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ABSTRACT Electroporation of single NG108-15 cells with carbon-fiber microelectrodes was characterized by patch-clamp
recordings and fluorescence microscopy. To minimize adverse capacitive charging effects, the patch-clamp pipette was
sealed on the cell at a 90o angle with respect to the microelectrodes where the applied potential reaches a minimum. From
transmembrane current responses, we determined the electric field strengths necessary for ion-permeable pore formation
and investigated the kinetics of pore opening and closing as well as pore open times. From both patch-clamp and
fluorescence microscopy experiments, the threshold transmembrane potentials for dielectric breakdown of NG108-15 cells,
using 1-ms rectangular waveform pulses, was �250 mV. The electroporation pulse preceded pore formation, and analyte
entry into the cells was dictated by concentration, and membrane resting potential driving forces. By stepwise moving a cell
out of the focused field while measuring the transmembrane current response during a supramaximal pulse, we show that
cells at a distance of �30 �m from the focused field were not permeabilized.

INTRODUCTION

During the last two decades, there has been a tremendous
growth in the number of experimental methods available for
the biochemical and biophysical investigations of single
cells. Such methods include 1) patch-clamp techniques for
measuring transmembrane currents through a single ion
channel (Hamill et al., 1981), 2) scanning confocal and
multiphoton microscopy for imaging and localizing bioac-
tive components in single cells and single organelles (Maiti
et al., 1997), 3) near-field optical probes for measuring pH
in the cell interior (Song et al., 1997), 4) ultramicroelec-
trodes for monitoring the release of single catechol- and
indol-amine-containing vesicles (Chow et al., 1992, Wight-
man et al., 1991), and 5) optical trapping and capillary
electrophoresis separations for analyzing the chemical com-
position of individual secretory vesicles (Chiu et al., 1998).

Although numerous high-resolution techniques exist to
detect, image, and analyze the contents of single cells and
subcellular organelles, few methods exist to control and
manipulate the biochemical nature of these compartments.
Most compounds of biological and medical interest are
polar and therefore unable to cross cell membranes. Exam-
ples of such compounds are dyes, drugs, DNA, RNA, pro-
teins, peptides, and amino acids. At present, it is extremely

difficult, for example, to label an individual cell in a cell
culture with a dye, or transfect it with a gene without
labeling or transfecting its adjacent neighbor.

Electroporation is a frequently applied technique for in-
troduction of charged or polar molecules into intracellular
domains of a plurality of cells. The application of an exter-
nal electric field across artificial or biological phospholipid
bilayer membranes results in increased permeability and
conductance of the membrane (Zimmermann, 1982, Zim-
mermann et al., 1974).

The membrane voltage, Vm, at different locations of a
spherical cell membrane in a homogeneous electric field for
duration t, can be calculated from

Vm � 1.5rcE cos ��1 � exp��t/�m��, (1)

where E is the electric field strength, rc is the radius of the cell, � is the
angle in relation to the direction of the electric field, and

�m � rcCm��Rint � Rext�/2� (2)

is the membrane relaxation time. Cm is the membrane capacitance, and Rint

and Rext are the specific resistivities of the intracellular and extracellular
media. When electroporation is performed by using inhomogeneous elec-
tric fields as in the present study, the electric field gradient has to be taken
into account for estimates of Vm.

The applied electric field will generate large depolarizing and hyper-
polarizing transmembrane potentials at the cathode- and anode-facing
poles of the cell, respectively. When the membrane potential reaches a
critical value, typically 0.2–1.5 V for mammalian cells, dielectric mem-
brane breakdown will occur, which results in pore formation. Pore density
will follow the Vm-gradient, and is highest at the polarized (electrode-
facing) ends of a cell. During the effective pore-open time, cell-imper-
meant solutes added to the extracellular medium can enter the cell interior
(Weaver, 1993).

The conductance caused by dielectric breakdown of membranes is
proportional to the amplitude and duration of the electric field (Neumann
et al., 1998). Kinosita and Tsong, (1977a,b) reported an effective pore
diameter of 1 nm for human erythrocyte membranes and concluded that the
size of the pores was determined by field strength, pulse duration, pH, and
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ionic strength of the suspending medium. Chang and Reese, (1990) ob-
served pores with diameters between 6 and 240 nm in human erythrocyte
membranes by rapid-freeze fracture electron microscopy. In charge-pulse
studies on irreversible breakdown of planar lipid bilayers, pores with
diameters up to 400 �m were observed (Wilhelm et al., 1993).

The duration, strength, and wave function of the applied electric pulse
also determines whether the electropermeabilization of the membrane will
be reversible or irreversible or of a punch-through type (Weaver, 1993).
Reversible dielectric breakdown occurs when high-voltage, short-duration
pulses are applied, wherein the pores are formed and resealed within
fractions of a second (Benz and Zimmermann, 1980; Weaver, 1993).
Resealing of the membrane is a two-step process. Within a few millisec-
onds after the pulse, the membrane conductance is significantly decreased
although the number of pores remain constant, indicating that the radii of
the pores has decreased. The decrease in the number of pores is a much
slower process because of an energy barrier that prevents closure. The
disappearance of pores takes seconds (Glaser et al., 1988). Also, formation
of metastable pores after reversible dielectric breakdown with resealing
times from seconds to hours has been observed (Kinosita and Tsong,
1977a; Chernomordik et al., 1987; Lopez et al., 1988).

In addition to bulk electroporation methods, instrumentation has been
developed that can be used for electroporation of a small number of cells
in suspension (Chang, 1989; Kinosita and Tsong, 1979; Marszalek et al.,
1997) and for a small number of adherent cells grown on a substratum
(Teruel and Meyer, 1997; Zheng and Chang, 1991). These electroporation
devices create homogeneous electric fields across fixed distances of 0.1–5
mm, several times larger than the size of a single mammalian cell.

We recently reported on a highly spatially resolved electroporation
technique, miniaturized to perform experiments at the single-cell and
subcellular level (Lundqvist et al., 1998). The electrodes are of smaller
dimension than a single cell and are controlled individually with high-
graduation micropositioners, which enables precise electrode alignment in
all three directions. This capability makes possible the electroporation or
electrofusion of a single selected cell in a confluent cell culture (Lundqvist
et al., 1998; Strömberg et al., 2000). In addition to the high spatial
resolution achieved by using ultramicroelectrodes, this experimental ar-
rangement avoids the use of high-voltage pulse generators and complicated
microchamber mounts. In contrast to microinjection techniques for single
cells and single nuclei (Capecchi, 1980), the present technique can be
applied to biological containers of sub-femtoliter (10�15 l) volumes, that
are less than a few micrometers in diameter. Electroporation has other
advantages over microinjection techniques in that it can be extremely fast,
and well-timed (Kinosita et al., 1988; Hibino et al., 1991), which is of
importance in studying fast reaction phenomena.

This paper describes our studies on the mechanisms of microelectrode
electroporation using patch-clamp and fluorescence microscopy. Because
most characterization of electroporation has been performed in batch mode
with homogeneous electric fields, no in-depth characterization is available
for single-cell electroporation using inhomogeneous electric fields. This
characterization is necessary for finding optimal protocols for the loading
of single cells. In addition, a patch-clamp electroporation method that
enables probing of membrane properties during and after exposure of a
single cell to a DC electric field is a valuable tool for studying membrane
dynamics. Patch-clamp recordings have previously been demonstrated as a
powerful method to monitor dielectric membrane breakdown in biological
and synthetic membranes under the influence of a homogeneous electric
field (O’Neill and Tung, 1991; Owen and Piotrowski, 1987; Sharma et al.,
1996). NG108-15 cells were patch clamped in the whole-cell configuration
as described elsewhere (Hamill et al., 1981), and the electroporation
electrodes were positioned on opposite sides of the cell. The spatial
distribution of the electric field was characterized by stepwise moving the
cell out of the focused field. The potential needed for membrane break-
down was determined by applying 1-ms rectangular waveform pulse se-
quences of increasing voltages. The potential drop due to the solution
resistance was determined in separate experiments to estimate the effective

electric field strength. Furthermore, from the patch-clamp recordings, pore
opening and resealing kinetics, and pore open times were determined.

MATERIALS AND METHODS

NG108-15 cells were grown in Dulbecco’s minimum essential medium
supplemented with 10% calf serum and 1% antibiotics at 37°C in a
humidified 5% CO2, 95% air atmosphere. For patch-clamp experiments,
the culture medium was replaced by a HEPES buffer (140 mM NaCl, 10
mM HEPES, 10 mM D-glucose, 5 mM KCl, 1 mM CaCl2, 1 mM MgCl2,
and pH was adjusted to 7.4 with NaOH). The cells were mechanically
removed from the petri dish in which they were cultured, and then sepa-
rated from each other in a Pasteur pipette by shear forces and plated onto
#1 circular coverslips just before experiments. The cell dishes were
mounted on an inverted microscope (Leica DM IRB, Wetzlar, Germany)
equipped with a Leica Fluotar 40	 objective. All experiments were per-
formed at room temperature.

Before experiments, cells were left to rest for 10–15 min. Recordings
were performed in the whole-cell configuration, and the inside of the cell
membrane was clamped at �50 mV with respect to the grounded bath.
Data were stored on videotape (digitized at 20 kHz) and were analyzed
later (sample frequency 2 kHz, filter frequency 1 kHz). The time delay
between the electroporation pulse and transmembrane current events, the
amplitude of the transmembrane current, and the time needed for complete
recovery were obtained from the traces. The high level of noise in the
traces was caused by laser flickering. The pipette solution contained 100
mM KCl, 2 mM MgCl2, 1 mM CaCl2, 11 mM EGTA, and 10 mM HEPES
(pH was adjusted to 7.2 with KOH).

For electroporation, we used 5-�m-outer-diameter carbon fiber micro-
electrodes (Pro CFE, Dagan Corporation, Minneapolis, MN) controlled by
high-graduation micromanipulators (Narishige MWH-3, Tokyo, Japan).
The carbon fibers were enclosed in a plastic tip filled with 3 M KCl that
was in contact with a silver wire connected to the voltage-pulse generator
(Digitimer Stimulator DS9A, Welwyn Garden City, U.K.). To study the
potential needed for dielectric membrane breakdown, the two electrode tips
were positioned 2–5 �m from the outer cell surface at an angle of 0–20°,
and 160–180° with respect to the object plane, and 90° with respect to the
patch pipette (Fig. 1). Cells were electropermeabilized by application of
monophasic 1-ms rectangular DC voltage pulses of increasing field
strengths from 1.1 to 8.1 kV/cm (not corrected for voltage drop due to
solution resistance). By studying the current responses from the cells, the
potential needed to cause pore formation in the plasma membrane could be

FIGURE 1 Photomicrograph showing a patch-clamped NG108-15 cell,
flanked by 5-�m-outer diameter carbon fiber ultramicroelectrodes. Scale-
bar 
 10 �m.
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determined. Figure 2 shows schematically how electroporation and patch
clamp were performed on a single cell. The spatial distribution of the
electric field was studied by stepwise withdrawal of a cell out of the
focused field in steps of 2, 5, 8, 10, 11, 12, and 27 �m, and measuring the
current response while applying a supramaximal pulse of 3.7 kV/cm.
Permeabilization of the membrane and closure of pores could also be
determined from the current responses during and after the pulse in the
patch clamp experiments.

For fluorescence experiments, cells were grown for 1–2 days, and the
culture medium was replaced with an intracellular buffer consisting of 135
mM KCl, 5 mM NaCl, 20 mM HEPES, 1.5 mM MgCl2, 10 mM glucose,
and 5 �M fluorescein, pH was adjusted to 7.4 with NaOH. The cells were
electroporated with ten pulses of 1-ms duration and electric field strengths
of 1.3–6.5 kV/cm (values not corrected for potential drop), washed several
times so no extracellular fluorescein remained in the buffer, and dye
trapped inside the cells was detected. For excitation of fluorescein, an
Ar�-laser (Spectra-Physics 2025–05, 488 nm), a 488 nm-line interference
filter, a spinning disk to break the coherence, an inverted microscope
(DMIRB, Leica) equipped with a 40	 objective to focus and collect the
laser light, and a fluorescein filter cube (I-3, Leica) were used. Images were
recorded with a 3-chip color CCD-camera (C6157, Hamamatsu, Kista,
Sweden) and stored at 25 Hz collection rate on a Super VHS (S-VHS
AG-5700, Panasonic, Stockholm, Sweden). Fluorescence intensity was
measured using an image processor (Hamamatsu). The CCD images were
digitized from tape and processed for presentation.

Solution resistance studies were performed using a waveform generator
(Model DS345, Stanford Research Systems, Sunnyvale, CA) to apply
pulses, and a digital oscilloscope (Model 9410, Lecroy, Chestnut Ridge,
NY) with GPIB connection for computerized data collection. The current
signal from the electrodes was amplified using a home-built current-to-
voltage converter before going into the oscilloscope. Applied pulses were
1-ms long, with a rest period of 1.63 s between pulses. All experiments
were performed in HEPES buffer solution (140 mM NaCl, 10 mM HEPES,
10 mM D-glucose, 5 mM KCl, 1 mM CaCl2, 1 mM MgCl2, and pH adjusted
to 7.4 using NaOH). Commercial microelectrodes (Dagan Corp., Minne-
apolis, MN) were positioned using micromanipulators (Narishige Co. Ltd.,
Tokyo, Japan), and viewed under a stereo microscope (Fisher Scientific,
Blawnox, PA).

Chemicals

HEPES (�99%), sodium chloride, potassium chloride, and sodium hydrox-
ide (all suprapur), calcium chloride, magnesium dichloride, D-glucose and
EGTA (Titriplex VI) (all pro analysis) were purchased from Merck (Darm-
stadt, Germany). Fluorescein (GC-grade) was obtained from Sigma (St.
Louis, MO). Deionized water from a Milli-Q system (Millipore, Bedford,
MA) was used.

RESULTS

Electrochemical reactions and spatial electric
field focusing

The strength of the electric field over the cell in our setup is
not equal to the applied electric field strength because of
initiation of electrode reactions and the formation of an
electric double layer at the surface of the electrodes. The
determination of the potential gradient experienced by the
cells has been investigated by Weaver and co-workers
(Bliss et al., 1988; Gift and Weaver, 1995; Pliquett and
Weaver, 1996; Pliquett et al., 1995; Pliquett et al., 1996;
Prausnitz et al., 1993; Weaver and Chizmadzhev, 1996). In
normal electroporation experiments, there are several con-
cerns, including the dynamics of the voltage distribution
and the fraction of the applied voltage that ends up across
the cell (Pliquett et al., 1996). In the current experimental
setup, we are also concerned with these issues. The problem
of the amount of the applied voltage appearing across the
solution is particularly important for these microelectrode

FIGURE 2 Schematic drawing of the experimental setup. (A) A patch-
clamped cell in buffer solution containing the solutes to be introduced into
the cell. The electrodes are positioned in a linear opposing fashion across
the cell, at a 90° angle with respect to the patch pipette. (B) A pulse is
applied, and solutes can diffuse into the cell after pores are formed. (C)
After the pulse, the extracellular medium is exchanged, and the solutes are
present only in the electroporated cell.
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systems because the voltage drop at the electrode–solution
interface is significant in comparison with the applied
voltage.

For small applied voltages (�2 V), the potential gradient
in solution is very small at long times (�100 �s). At short
times, the convolution of the instrumental rise time and the
electrode/electrolyte charging time gives rise to a peak-
shaped field-versus-time curve. The maximum magnitude
of the applied voltage in solution can be calculated by
convoluting exponential functions for the instrument rise
time and the charging time. For our particular case, with an
instrument rise time of 8 �s, and a charging time in the
range 20–40 �s, the maximum amplitude is 15–18% of the
applied pulse amplitude. This maximum occurs �10–15 �s
after application of the pulse. For example, a 1.0-V pulse
would result in a maximum of about a 150-mV potential
difference between the electrodes, occurring �10–15 �s
after application of the pulse. After �50–75 �s, the poten-
tial drop is effectively zero because all of the applied
voltage appears at the electrode–solution interfaces.

We hypothesize that, at high voltages, the interfacial
impedance becomes negligible, and the current that passes
between the microelectrodes is limited by the solution con-
ductance. To determine the potential drop across the solu-
tion, 1-ms pulses were applied across pairs of carbon fiber
microelectrodes separated by 5–50 �m in a HEPES buffer
solution. The solution resistance was calculated by plotting
the current at the end of the pulse as a function of applied
potential between 9 and 10 V. Resistance was determined
by linear regression (the inverse of the conductance, see Fig.
3). The fact that the current is linearly related to the applied
voltage supports the idea that the medium is resistive. This

process was repeated for each electrode separation distance.
The solution resistance was found to be 27  3 k� for
distances of 10 �m and greater. The constant value of the
calculated resistance reflects the nature of the field created
in solution. The field lines converge onto the electrodes, so
most of the potential drop occurs near the electrodes. Solu-
tion potential drops were calculated by multiplying the
current at 1 ms by the calculated resistance value. The
potential drop across the solution increases considerably
with increasing applied potential (see Fig. 4), but only
slightly with increasing electrode separation.

In general, solution-resistance (conductance) measure-
ments usually are not done at DC because of the dual
problems of electrolysis and double-layer potential drop.
With microelectrodes, however, AC measurements cannot
be used because of their small capacitance. If the frequency
used is high enough for the current to “see” a low imped-
ance in the double layer, then it is too high for commonly
used instrumentation. Also, we are not able to use a 4-probe
type measurement (Pliquett et al., 1996) in which a pair of
measuring electrodes was placed between the two potential
application electrodes, because of the small dimensions of
our system. Thus, we are forced to use the alternative
approach described above.

Membrane potentials reported in this article will be given
as calculated from Eq. 1 without voltage-drop correction for
electrode reactions and solution resistance. Because Eq. 1 is
written for homogeneous electric fields, this only gives an
estimate of the magnitude of the fields in our system. Field
strengths are reported as applied potential with respect to
electrode separation.

The spatial distribution of the electric field was studied
by stepwise withdrawal of patch-clamped cells out of the
center of the electrodes. By measuring transmembrane cur-
rents at each position, at a constant applied voltage pulse,
the effect of the field on the cell could be determined. Cells
were moved out of the field in steps of 2, 5, 8, 10, 11, 12,
and 27 �m, and, for each movement, a supramaximal pulse
of 3.7 kV/cm and 1-ms duration was applied. Figure 5
shows that, at a distance of 27 �m from the field focus, the
current response was only �25 pA, which is 16% of the
current response at the field focus. When patch-clamped
cells were positioned 40 and 67 �m from the field focus,
extremely high field strengths were needed to obtain a
transmembrane current response, 5.6 kV/cm and 6.7 kV/cm,
respectively.

Threshold membrane potential for dielectric
breakdown in NG108-15 cells

From patch-clamp measurements, the transmembrane
threshold potential for pore formation of NG108-15 cells
was determined to be �2.5 V. When corrected for the
voltage drop at the double layer, this corresponds to �250

FIGURE 3 A plot of current versus applied potential. Current values
were those at the end of a 1-ms pulse. Solution resistance was the inverse
of the slope, determined by taking a linear regression of current values
between 9 and 10 V. Applied potentials ranged from 0.5 to 5 V at 0.25-V
intervals, and from 5 to 10 V at 0.1-V intervals; electrode separation was
25 �m.
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mV, which is in good agreement with previous reports
(Teissié and Rols, 1993; Teissié and Tsong, 1981). Mem-
brane-potential values higher than �4 V resulted in irre-
versible membrane breakdown, and the cells did not re-
cover. Figure 6 shows transmembrane current responses
from a cell electroporated with increasing voltage. Dielec-
tric membrane breakdown was observed from �2.5 V,
resulting in currents in the range of �30 to �330 pA.
Results presented in Table 1 indicate that membrane ion-

permeability is lower for potentials near the threshold value
than for higher potentials. The high conductance state is also
more prolonged for higher voltages than for threshold po-
tentials. An increase of the field strength can also result in
morphological changes in the cells, such as chromatin con-
densation, swelling of organelles, and retraction of pro-
cesses to the cell body.

The results obtained in the fluorescence experiments us-
ing fluorescein (dianion, MW 376.3) as a marker are in
agreement with the patch clamp data. Figure 7 shows fluo-
rescence intensity as a function of applied voltage, and Fig.
8 shows fluorescence and brightfield micrographs of the
electroporated cells. The threshold membrane potential re-
quired for a detectable difference in fluorescence intensity,
obtained by comparing control and electroporated cells, was
3.0 V, and the fluorescence intensity increased with higher
electric field strengths. Figure 8 also shows that cells elec-
troporated at supramaximal field strengths had a swollen
and granulated appearance.

Kinetics of pore-expansion and resealing

During the 1-ms pulse, a peak response is typically seen due
to capacitive charging of the patch pipette, and the response
from the electroporated membrane appears as an increase in
the membrane conductance immediately or a few millisec-
onds after the pulse. The time for expansion/evolution of the

FIGURE 4 A plot of the solution potential drop calculated using the
estimated resistance and experimental currents (at the end of 1-ms pulses)
for electrode separations of 5 �m (diamonds), 25 �m (squares), and 50 �m
(triangles).

FIGURE 5 Dependence of maximum transmembrane current responses
(mean  S.D., N 
 16) on the distance from the field focus. As a cell is
moved out of the field, the influence of the field diminishes, and at
distances farther than �30 �m from the electric field focus, almost no
permeation of the cell occurs. Voltage pulses of the same amplitude were
applied as a clamped (�50 mV) NG108-15 cell was positioned at different
distances from the field focus.

FIGURE 6 Patch-clamp traces recorded from a NG108-15 cell (holding
potential, �50 mV) electroporated at (A) 2.7, (B) 3.2, (C) 3.8, and (D) 4.3
kV/cm. Maximum current responses were 0, �35, �190, �330 pA,
respectively, indicating an increased number of pores formed or a higher
degree of pore expansion at higher fields. The arrow indicates application
of the voltage pulse.

Single Cell Electroporation 1997

Biophysical Journal 79(4) 1993–2001



pores ranges between 0 and 50 ms (Table 1) at a rate of
3.1–7.3 pA/ms. The high-conductance state of the mem-
brane lasted for 6–104 ms. Recovery times from high-
conductance states ranged from 10 to 620 ms. Cells did
occasionally have recovery times of seconds to minutes.
These cells usually recovered from the high-conductance

state within 500 ms, but there seemed to be a low-conduc-
tance state stable for longer times. These long time scales
are in accordance with previous reports where pores were
shown to be stable over very long times, minutes to hours
(Chang and Reese, 1990; Chernomordik et al., 1987; Lopez
et al., 1988; Kinosita and Tsong, 1977a).

The rate of increase in transmembrane currents was esti-
mated to be �3.1 to �6.1 pA/ms using linear regression.

TABLE 1 Patch-clamp data of electroporated NG108-15 cells

Membrane
Potential

(V)

Transmembrane
Current

(pA)

Pore
Expansion/Evolution

Rate
(pA/ms)

Pore
Expansion/Evolution

Time
(ms)

Time at
Maximum

Current
(ms)

Recovery
Time
(ms)

2.5 �32 ND 3 6 10
�48 ND 0 10 20
�50 ND 6 9 17
�30 ND 1–2 9 46

Mean  S.D. �40.0  10.5 ND 2.6  2.6 8.5  1.7 23.4  15.5

3.0 �165 �3.60 33 51 329
�185 �4.50 37 51 505
�190 �6.10 27 31 449
�170 �7.27 19 27 558

Mean  S.D. �177.5  11.9 �5.37  1.64 29  7.8 40.0  12.8 460.3  98.2

3.7 �160 �3.08 40 65 620
�260 �4.14 50 51 368
�175 �3.96 22 65 385
�170 �5.71 23 82 380
�175 �6.09 29 104 551
�165 �5.48 29 64 500

Mean  S.D. �184.2  37.6 �4.74  1.19 32  10.8 71.8  18.6 467.3  105.5

ND 
 not determined.

FIGURE 7 A plot of fluorescence intensity (mean  S.D., N 
 69) of
electroporated cells as a function of applied potential. The electroporation
buffer contained 5 �M fluorescein. After electroporation, the extracellular
fluorescein was removed and the fluorescence intensity was measured. An
applied voltage of 4 and 5 V yielded a slightly higher fluorescence intensity
than for control cells. As the applied potentials were increased, the fluo-
rescence intensity increased because either more pores were formed or pore
radii expanded and more fluorescein was allowed to diffuse into the cells.

FIGURE 8 Brightfield and fluorescence photomicrographs of control
cells (left row) and electroporated cells (right row). Scalebar 
 20 �m. All
cells were incubated in buffer supplemented with 5 �M fluorescein. (A-F)
Control cells exhibit weak fluorescence from fluorescein interacting with
the outer boundary of the cell membrane. (G-L) Cells were electroporated
with increasing field strengths starting at the threshold value of (G, H)
�3.2 kV/cm, (I, J) �3.8 kV/cm, and (K, L) �4.3 kV/cm. A higher fluo-
rescence intensity from fluorescein internalized in the cytosol is observed
when comparing a statistical number of cells electroporated with higher
field strengths. In the brightfield images, one can see that the cells are more
swollen (I) and granulated (K) when exposed to higher electric fields.
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DISCUSSION

Electroporation of selected single cells and subcellular
structures in a culture requires ultrasmall electrodes, which
produces inhomogeneous electric fields. By stepwise with-
drawal of a patch-clamped cell out of the field focus, we
have shown that the electric field is tightly focused, leaving
adjacent cells almost unaffected. Cells were unperturbed at
a distance of �30 �m from the center of the field using
supramaximal stimulation. At longer distances from the
center of the focused field, 40 and 67 �m, extremely large
field strengths were required, 5.6 and 6.5 kV/cm, respec-
tively, for detecting a current response. Such field strengths
would cause immediate cell death if the applied electric
fields were homogeneous.

The critical field strength for producing a detectable
current response is approximately 3.2 kV/cm, which corre-
sponds to a transmembrane potential of �2.5 V. When the
cell membrane is permeabilized through electroporation,
transmembrane currents of �35 to �330 pA were observed.
Application of field strengths larger than the threshold value
caused transmembrane currents of increased magnitudes.
Possibly the number of pores increases with increasing
applied field strength. Alternatively, the same number of
pores are created but expand in size when a higher electric
field is applied. Wilhelm et al., (1993) argued that the
magnitude of the applied field does not affect the conduc-
tance resulting from pore formation. Rather, pore formation
is a chaotic event where the probable number of pores is
dependent upon applied voltage. What happens to the pores
formed is solely determined by the properties of the mem-
brane. In our study, we cannot determine what process
caused larger transmembrane currents, but it is evident that,
when potentials higher than the threshold value were ap-
plied, transmembrane currents increased in magnitude. Well
above the threshold potential, the magnitude of the current
did not change significantly with increased potential.

Upon repeated electroporation of one cell with the same
magnitude of the electric field, the resulting transmembrane
current diminished with each subsequent pulse. Cherno-
mordik et al., (1987) reported this effect for low-amplitude
pulses, and the opposite effect for high-amplitude and long-
duration pulses, that is, the breakdown current becomes
higher for each pulse, and the membrane loses its ability to
reseal.

In our fluorescence data, the trend is similar, as described
above. Below the threshold value, no dye enters the cell. At
�3.0 V, pores are formed, which allows for entry of the dye
into the cell; higher transmembrane potentials caused a
corresponding increase in fluorescence intensity. The simi-
larity of the curves in Fig. 4 and Fig. 7 shows that the
fluorescence response from cells electroporated with in-
creasing field strength in presence of fluorescein is propor-
tional to the voltage drop in the solution.

In the patch-clamp experiments, the cells were lifted up in
the electroporation media by the patch pipette, whereas, in
the fluorescence experiments, the cells were adherent to the
substratum during electroporation. This fact might have
contributed to the observed difference in breakdown poten-
tial in these two experiments. The threshold potential could
also be higher in the fluorescence experiments because they
were less sensitive than the patch-clamp recordings.

Typically, pore formation or expansion was observed
within a few milliseconds after pulse application. In some
experiments, however, a delay of up to 30 ms was observed.
This delay is probably caused by the time it takes for the
pores to expand to a size sufficient for ions to pass. This
time delay is consistent with previously reported data.
Chang and Reese (1990) could detect volcano-shaped pores
after 3 ms. In their report, pore expansion occurred within
40–120 ms, which is in good agreement with our observa-
tions: the conductance increased during the first 50 ms and
then reached its maximum state where it remained stable for
a few to 104 ms. A higher applied field seems to make this
state more extended in time. Teruel and Meyer (1997) also
have reported that small pores are formed initially, but only
a few pores expanded locally to create entry sites large
enough for macromolecules to pass. The latter stage oc-
curred over milliseconds. The rate of mass transport is
dependent on the concentration gradient and the electric-
field gradient across the cell membrane. Both of these
factors can be controlled by varying the applied voltage and
the concentration of the analyte outside the cell. The mem-
brane was clamped at �50 mV, and, when electroperme-
abilized inward currents were observed that were reversed
at �10 mV, indicating some sort of selection between ions.
Because of the delay between application of the electric
pulse and formation of pores, the applied field does not
affect directly the transport of ions over the membrane. This
explanation is consistent with the results presented by Neu-
mann et al. (1998).

Recovery of the membrane usually occurs within 0.5–1 s.
The recovery process was longer at higher voltages (Table
1). There seemed to be two time constants involved in
membrane recovery: a fast recovery process (milliseconds)
as mentioned above, which returns the conductance to the
approximate prepulse level, but with a noisier baseline, and
a slow process (seconds or longer), which returns this low-
conductance state into a state with closed pores. Neumann et
al., (1998) have reported dye uptake experiments that indi-
cate pore resealing in kinetically resolved steps for mouse B
cells, and Benz and Zimmermann (1981) for planar lipid
bilayers. The time scale for recovery is also in good agree-
ment with other studies (Chang and Reese, 1990; Glaser et
al., 1988; Teruel and Meyer, 1997). Some of the cells were
not fully recovered within 5 min, especially those cells that
had experienced higher fields, which indicates that some of
the pores have remained stable over minutes. This observa-
tion agrees with previous reports, in which pores were
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shown to be stable over minutes to hours (Chernomordik et
al., 1987; Kinosita and Tsong, 1977a; Lopez et al., 1988).

In the field of biophysical and bioanalytical sciences, a
tremendous development toward single-cell- and single-
organelle-based technologies has emerged. Our electropo-
ration technique describes the ability to load substances,
such as genes, dyes, and pharmaceuticals into single se-
lected cells in a confluent cell culture. This represents, to
our knowledge, the highest spatial resolution offered for
electroporation and provides, in combination with patch
clamp, the opportunity for detailed kinetic and mechanistic
studies. This microelectrode system can be developed fur-
ther for altering the biochemical state of subcellular struc-
tures such as organelles, for accessing sensing systems,
including receptors, ion channels, and enzymes in single-
cell biosensor applications, or for drug targeting a specific
group of cells in vivo. For these applications, further opti-
mization studies with regards to voltage pulse parameters
(e.g., pulse profile, voltage amplitude, pulse time), electrode
materials, and electrode design, including topographically
complex microelectrodes, are needed.
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