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Abstract

The lipid-loss process has been studied with in situ atomic force microscopy (AFM) at six different temperatures for
supported dipal mitoyl phosphatidylcholine (DPPC) hilayers. A typical structural characteristic is the creation and the growth
of bilayer defects as lipid molecules are lost from the bilayer. The rate of the lipid loss has an Arrhenius behavior, with an
activation energy of 37 kT, where kT is the thermal energy at room temperature. For the lipid-loss processes at temperatures
above 45°C, interdigitated membrane domains are induced and are mostly in contact with some bilayer defects. These
domains disappear at the increase of the area of bilayer defects. Possible mechanisms of these phenomena are discussed.
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1. Introduction

The lipid bilayer is basic structural framework of
biological membranes. It houses membrane proteins
such as channels and ion-pumping ATPases and
membrane receptors which regulate various cellular
and sub-cellular functions and activities [1-4]. In
order to understand the properties of biological mem-
branes, it is therefore of great importance to study the
basic structural framework, the lipid bilayer. For this
purpose, model phospholipid membranes have been
widely used [5,6]. The use of model membranes
made of single component has the advantage of
simplification. Thus complicated biological processes
in membranes of living organisms can be analyzed
stepwise. One prominent characteristic of lipid bilay-
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ers is the dynamic nature of lipids in the bilayers.
Thus far, extensive studies on the dynamic properties
of phospholipids have revealed much information
about the organization and the function of these lipids
in biological membranes [7,8]. Thermodynamically,
free monomeric lipid molecules coexist with lipid
bilayers in aqueous solution [9,10], although the pop-
ulation of the former is much less, as a result of the
hydrophobic interaction between lipid molecules
which drives the assembly of lipid bilayers [11].
Light scattering measurements and uses of fluores-
cent, radioactive, and spin labels have facilitated the
study of the lipid-exchange process and have shown
that it has a rather long thermal equilibrium time,
with a time constant of the order hours around 37°C
[12-19]. The lipid-exchange process involves the
transfer of monomeric lipid molecules from the bi-
layer to the solution and vice versa. The rate of the
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lipid exchange has an Arrhenius behavior, with a
barrier in the range of 30-50 kT, where KT is the
thermal energy at room temperature [15-18]. These
results are obtained from averages of large ensembles
and thus are insengitive to any information regarding
local inhomogeneities. Such inhomogeneities, how-
ever, may play an important role in the molecular
level lipid-exchange processes.

Most cells in living organisms are anchored to
some kind of matrices and thus are partialy sup-
ported [1,20,21]. Therefore, studies of supported
membranes are also of biological relevance [22].
Supported model bilayers have been used to study
cell—cell recognition processes [23,24], antibody—an-
tigen interactions [25,26], and enzymatic character-
istics of blood coagulation cascade [27,28]. Supported
membranes are also widely used as biosensors [22].
The advent of atomic force microscope (AFM), with
its capability of operating in solution [29], alows the
probing of local structural details of supported mem-
branes at high resolution [30—36]. With the AFM,
supported bilayers can also serve as substrates to
facilitate in situ structural determination of membrane
proteins at high resolution, and to study protein—
membrane interactions [35,37—43]. Therefore, it is
possible now to correlate functional studies to local
variations in supported membranes. Specificaly, the
dynamic process of the lipid-exchange process can be
studied by measuring the loss of lipids and monitor-
ing accompanying structural changes in bilayers.

Here, we report AFM studies of the lipid-loss
process in supported bilayers. The loss of lipids is
characterized by the increase of defect areas. Mea-
surements of defect areas from a large number of
AFM images provide better statistics in calculating
the lost amount of lipids in the bilayers. We have
found some interesting structural features associated
with the lipid-loss process. Interdigitated membrane
domains are induced in the lipid-loss process at tem-
peratures above 45°C and disappear at later times as
the area of bilayer defects increases. Most of these
domains are in contact with some bilayer defects. The
rate of the lipid loss is extremely slow and has an
Arrhenius behavior with an activation energy of 37
KT. We sometimes observe some circular structures
on the substrate as most lipid molecules leave the
bilayer. Possible mechanisms of these phenomena are
discussed.

2. Materials and methods
2.1. Materials and specimen preparation

Dipal mitoylphosphatidylcholine (DPPC) lipids in
the powder form were obtained from Sigma (St
Louis, MO) and used without further purification.
Small unilamellar vesicles were prepared by sonicat-
ing fresh lipid suspension until clear [44,45], using a
Fisher FS3 ultrasonic cleaner. The suspension, about
0.5 mg/ml of lipids in 20 mM NaCl, is in a glass
culture tube, which was sealed by several layers of
parafilms after purging the air with nitrogen gas. The
optically transparent suspension was then centrifuged
at 14000 rpm for about 30 min. The supernatant was
used. Specimens of supported unilamellar bilayers
were prepared by the vesicle-fusion method as previ-
ously reported [23,32]. Briefly, a drop of about 200
wl of the lipid suspension was applied to a piece of
freshly cleaved mica (= 3 X 5 mm?), alowing incu-
bation at 4°C overnight. The mica was attached to the
1.6-cm diameter metal disk supplied by Digital In-
struments (Santa Barbara, CA). A silicon rubber O-
ring was placed on the metal disk enclosing the piece
of mica. After the incubation, a drop of 20 mM NaCl
of about 100 wl was applied to the micato dilute the
concentration of the vesicles. The O-ring keeps the
droplet within its boundary. The surface tension pre-
vents any leaking of the solution from the bottom of
the O-ring. Sometimes, vacuum grease was applied to
the O-ring to strengthen the adhesion of the O-ring to
the metal disk. The substrate was heated for about 30
min at 50°C. Afterwards, about 20 exchanges with
200 wl of 20 mM NaCl solution were made to
remove excess vesicles from the droplet. The speci-
men was imaged by the AFM to check for the
membrane.

2.2. AFM imaging

A NanoScope E AFM and oxide-sharpened Si;N,
tips with a nominal spring constant of 0.06 N /m, all
from Digital Instruments (Santa Barbara, CA), were
used in this work. All images were obtained under a
probe force of about 0.5 NN in the contact mode, at a
pixel number of 512 X 512, and with a scanning line
speed of about 5 Hz. A home-made fluid cell was
used for imaging in solution. The piezo scanner we
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Fig. 1. A supported unilamellar bilayer of DPPC in surface plot to show the 3-D perspective of the planar structure. The bilayer wasin 20

mM NaCl at room temperature (about 23°C).

used has a scanning range of 10 um. Fig. 1 shows an
AFM image of a supported DPPC bilayer in the
surface plot to demonstrate the 3-D perspective of the
planar structure. The thickness of the bilayer is about
6 nm. The square defect was created by AFM tip at a
probe force of about 10 nN, a scanning line speed of
244 Hz, and a scanning window of 0.49 um? The
image is presented in a layered gray scale to show the
substrate in the defect area. In the layered gray scale,
as the height of imaged objects changes from high to
low, the brightness of the image varies from bright to
dark and then back to bright again. Thus, the sub-
strate can be adjusted visible. In a normal gray scale,
the brightness changes from bright to dark monotoni-
cally as the height of imaged objects changed from
high to low. A drawback with the normal gray scale
is that the substrate can be totally dark and thus
invisible when imaged objects are relatively high. It
appears that the layered gray scale provides a better
3-D perspective of the planar bilayer structure.

2.3. Characterization of the loss of lipids

In conventional methods, the study of the lipid-ex-
change process usually proceeds by introducing an

imbalance and recording how the system reaches the
equilibrium [15,17,18]. In therma equilibrium, we
have [9,10],

pw — k= —RTInx,, (1)

where u is the chemica potential of lipids in the
bilayer, w,, isthe chemical potential of lipids in the
solution, RT is the molar thermal energy, and X,
(< 1) is the concentration of lipids in solution. The
difference in the chemical potentials between lipids
in the two media stabilizes the lipid bilayer in solu-
tion. Thus, an Arrhenius behavior for the lipid-ex-
change process is expected, as demonstrated in exper-
iments on vesicular systems [15-18]. For a supported
bilayer, incubating it with alarge volume of lipid-free
solution should cause the loss of lipids as a result of
reaching thermal equilibrium of the bilayer with its
surrounding environment. Therefore, in supported bi-
layers, the lipid-loss process is equivalent to the
lipid-exchange process. With the AFM, the lipid-loss
process can be studied by measuring areal increase of
bilayer defects. The probe of loca structure, the
high-resolution of the AFM, and the imaging in
solution may allow direct observation of where in the
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bilayer the lipid loss occurs. In our experiments,
origina bilayers are examined with the AFM. For
any bilayer that has a low percentage of bilayer
defects, the specimen is taken out of the AFM cell
and is transferred to a small petri-dish filled with
lipid-free solution (about 9 ml 20 mM NaCl). The
petri-dish is then heated to a certain temperature for a
given time. Afterwards, the bilayer is cooled back to
room temperature and examined again by AFM to
detect the defect-areal increase. After taking the metal
disk out of the petri-dish, the supported bilayer that
was immersed in adrop of about 200 wl solution was
cooled back to room temperature under ambient con-
dition within several minutes.

Since al AFM experiments were performed at
room temperature, any lipid loss at room temperature
causes counting error in determining the lipid-loss
rate for those incubation temperatures above room
temperature. Fortunately, we found that the lipid-loss
rate at room temperature is much slower than those at
higher temperatures. Thus, the error is within our
experimental precision. For the same reason, we can-
not obtain the lipid-loss rate for temperatures lower
than room temperature.

2.4. Measurements of bilayer defects

AFM images store digitized data that greatly facili-
tate the measurement of bilayer defects. In each AFM
image, there are 512 scanning lines, with each line
containing 512 data points. In a bilayer image, the
bilayer is planar and defects are lower in the vertical
z-direction by a bilayer thickness. The defect area is
determined by counting those data points with lower
vertical z-values. For this purpose, it is preferable to
image an area as large as possible. However, the
piezo response is not quite linear at larger scanning
sizes. Some instrumental electronic noises or drifts
are also shown in larger area scans. All these con-
tribute to some variation in the detector signal which
results in a modulation in the z-value. An exampleis
shown in Fig. 2a in which the scanning line demon-
strates a bilayer with three defects. Here, 512 points
are rounded off to 256 points. Such a round off
reduces greatly the analysis time, and should not
affect any significantly the determination of the de-
fect coverage percentage. The slow modulation in
z-direction is not due to the structure of bilayer.
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Fig. 2. A scanning line profile to demonstrate the method of how
to determine the defect area coverage. Part a is the original
scanning line. Part b is obtained by raising those points in the
defects by a height of the thickness determined at the edge (5.3
nm in this case). The fitting curve in part b is a polynomial fit of
power 5. Part c is obtained by subtracting the fitting curve from
the original scanning line.

Rather, it is the result of some drifting in the electron
ics, as mentioned in the above. Moreover, thisis true
since we also observe similar modulation when imag-
ing atomic flat mica surfaces at large scanning sizes.
Such a drifting would not affect the determination of
the defect coverage if areal measurements were car-
ried out manualy, since the edges of the defects are
clearly defined. However, to count defect coverage
automatically, the simplest method of defining a
threshold value with points below the threshold be-
longing to defects may encounter difficulty. Yet, to
analyze a large number of AFM images in a timely
fashion, automatic determination of the defect cover-
age is essential. One remedy for this problem is to
raise those data points in defect areas by the thick-
ness determined from the edges, discarding a few
points at the edges. This gives a smooth curve in
which the slow modulation can be fitted to a polyno-
mial (of power 5 in our case), as shown in Fig. 2b.
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Subtracting the fitting curve from the scanning data,
we obtain a flattened curve (Fig. 2¢) in which the
defect area can be determined automatically by
counting those points below a threshold (—2 nm in
this example). We exercised this procedure in analyz-
ing al images in the present study. Note the bilayer
thickness in these small defectsis less than 6 nm. We
often found that the thickness tends to be smaller for
small defects. Two factors may contribute to this
phenomenon. One is that the defects are too small to
alow the tip to reach the substrate. The other is the
presence of some surface contamination in the valley.
We determine the bilayer thickness by the edges of
large defects which in most cases were created by the
scraping method, and the average of such determined
thickness is 6 nm.

2.5. Characterization of lipid degradation

Some of our experiments lasted long time and lipid
bilayers in some of our experiments were heated to
higher temperatures several times. A natural question
is whether lipids will degrade under our experimental
conditions. The substrates in our experiments are
small (= 3 x5 mm?). This makes it very difficult to
recover lipids from our specimens after the experi-
ments because of the loss of most lipids on the
substrates. However, it is reasonable to believe that
the quality of lipids under our experiments can be
characterized if we examine lipids from the same
source under conditions similar to our lipid loss
experiments. TLC was used for this purpose. For
lipids in vesicular suspension, we did not detect any
degradation when the suspension was allowed to stay
at room temperature for over two months, nor did we
detect any lipid degradation when the suspension was
subjected to repeated heating to about 75°C for eight
times. These results indicate that lipid degradation is
not likely in our experiments.

3. Results
3.1. Sructural features of the lipid-loss process
Fig. 3 summarizes our studies of the lipid-loss

process of supported DPPC bilayers under six incuba
tion temperatures. For each temperature, four repre-

sentative AFM images of the bilayer under different
incubating times are shown. The top four images are
examples at 75°C, in which many thinner domains
are seen in Fig. 3 part I.b. Yet, in parts I.c and I.d,
only bilayer defects are there. Thinner domains are
also seen in experiments carried out at 65°C, 55°C
and 45°C, as can be seen in Fig. 3 parts Il.c, Ill.b,
Ill.c, Il.d and 1V.c. In most cases, these domains
were not present in origina bilayers and disappeared
after a certain period of time. Most original supported
bilayers contain small natural defects, as can be seen
in Fig. 3 (l.a-Vl.a). Different defect coverages in
original bilayers do not have any effect on the lipid-
loss rate. These defects are too small to allow mea-
surements of the bilayer thickness. Thus, tip-scraped
defects are used to measure the bilayer thickness,
which is about 6 nm, consistent with other studies
[32]. Theloss of lipid molecules increases the number
and the area of bilayers defects. The shape of these
defects, though, remains irregular in most circum-
stances. Some white spots seen in some images are
debris scattered on the bilayer surface. The origin of
these debris is not clear.

A striking feature appears in the lipid-loss process.
We see many structural domains which are about 2
nm lower than the bilayer plane when the lipid-loss
processes took place at 45°C and higher temperatures.
Therefore, the thickness of these thinner domains is
about 4 nm. The darkest areas are bilayer defects.
The light gray regions are bilayers. The shaded re-
gions with a contrast between the two extremes are
the thinner domains. Most of these domains are in
contact with some bilayer detects when initially ap-
peared. These thinner domains fade away after in-
creasing incubation, accompanying by increases in
both the number and the area of bilayer defects. For
the lipid-loss processes at room temperature and at
28°C, we did not detect any thinner domain. Gener-
aly, the lipid loss results in an initia increase in the
number of bilayer defects. Gradualy, bilayer defects
become larger as the incubation time increases. For
the lipid-loss processes at the higher temperatures,
the thinner domains appear at earlier times. Later,
these thinner domains fade away, replaced by larger
bilayer defects. Usually, as more than 40% lipid
molecules are lost, many bilayer defects are filled
with small aggregates. Then, it becomes difficult to
measure the surface coverage of defects, since some
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VL. Ji8
Fig. 3. Representative AFM images of the supported unilamellar bilayers under six lipid-loss incubation temperatures at different times.
The leftmost images in al six groups are original bilayers. Other bilayers are: (1.b—d) incubating for 20 (b), 60 (c), and 110 (d) min
respectively at 75°C; (11.b—d) incubating for 30 (b), 120 (c), and 180 (d) min respectively at 65°C; (111.b—d) incubating for 120 (b), 240
(c), and 420 (d) min respectively at 55°C; (IV.b—d) incubating for 90 (b), 180 (c), and 510 (d) min respectively at 45°C; (V.b—d)

incubating for 1440 (b), 2880 (b), and 5400 (d) min respectively at 28°C; and (V1.b—d) incubating for 1440 (b), 5340 (c), and 10080 (d)
min respectively at room temperature (23°C).
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aggregates are not much lower than the level of the
planar bilayer. When this happens, we stop our statis-
tical analysis of the lipid-loss process.

3.2. The interdigitated domains

Fig. 4 shows two images in which the thinner
domains are present. Here, the domains are induced
during the lipid loss at 75°C. One intuitive explana-
tion for these domains would be that they may be
temporary monolayers as a result of the lipid-loss
process. Since for supported monolayers the acyl
chains are facing the solution, an adhesion force
should exist because of the hydrophobic interaction
between the hydrophobic AFM tip and the acyl chains
[46]. However, in our experiments, the imaging is
very stable on these domains without any adhesion
force. Thus to attribute the observed domains as
monolayers cannot reconcile with our experimental
observations. Another explanation is to attribute these
thinner domains as tilted bilayers. Whether this is
possible can be analyzed be examining our experi-
mental conditions. In our experiments, these domains
were detected at room temperature after cooling down
from high temperature. In al cases the bilayers stayed
at room temperature for over 10 min before examined
by the AFM, and that AFM imaging easily lasted for
several hours. The lipids are in the gel phase at room
temperature. Taking into account of a hydration layer
and that the gel phase DPPC is tilted by 32° [35], the
thickness of about 4 nm indicates that the tilting
angle of the lipids should be larger than 65° if the
thinner domains are of tilted bilayers. This would
mean that the thinner domains we observed here

Fig. 4. Two representative AFM images of the interdigitated
domains obtained at 75°C, where (a) was after incubating for 20
min and (b) was after incubating for 40 min.

might be due to a new bilayer structure. This is
unlikely the case, since bilayers of gel phase DPPC
with such a large tilting angle has not been observed
by any other method. A reasonable explanation is to
attribute them as interdigitated domains as reported
elsewhere in different studies [33], on the basis of the
thickness of these domains, the lack of any adhesion
force, and without any difficulty in stable imaging.

Our AFM images revea that the interdigitated
domains are mostly of small areas. These observa
tions are different from the case of acohol-induced
lipid interdigitation in supported bilayers, in which
extended areas of interdigitated domains were ob-
served [33]. In particular, when initially detected,
most interdigitated domains were in contact with
some even smaller bilayer defects, as shown in Fig.
4a. This structura characteristic of interdigitated do-
mains in our systems may provide essential clues
about the origin of how the interdigitated domains are
induced. Continuing the lipid-loss process results in
the decrease of average sizes of the interdigitated
domains, and some of the domains are no longer in
contact with bilayer defects, as shown in Fig. 4b. We
see the decrease in the area and the coverage of the
interdigitated domains at the increase in the area of
bilayer defects. The shape is also irregular for these
interdigitated domains.

3.3. Hatistics of the lipid-loss process

The lipid loss in our systems is characterized by
the areal increase of bilayer defects. All bilayer de-
fects are much smaller than the resolution limit with
optical microscopy. With AFM, these defects are
directly observed and their areas are measured. How-
ever, the nature of AFM imaging does not alow us to
obtain the structure of a supported bilayer over a
large area (limited by the scanning size and the
linearity of the scanning tube). We thus need to
characterize the lipid-loss process based on statistics
by random sampling at different locations on the
substrate. The areas of defects are measured to obtain
their percentage coverage. For each sample under a
certain incubation temperature, about ten AFM im-
ages were taken at different locations for each incu-
bation time. For each incubation time, several sam-
ples are used to obtain more significant statistics.

For the interdigitated domains, the unit surface
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area per lipid molecule is larger than that in a normal
bilayer membrane. Thus, the total number of lipids
for an interdigitated domain is smaller than that for a
bilayer of the same area. To account for this effect,
we used the method by Simon and Mclntosh to
calculate the loss of lipids due to the interdigitated
domains [47]. The results of these calculations are
added to the total loss of lipids to obtain an effective
relative defect-area percentage. Briefly, the end of an
interdigitated acyl chain is approximated as a half
sphere of about 30 A? according to Nagle and
Wilkinson [48], which gives a projection area about
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Fig. 5. Six plots of time vs. relative defect-area coverage are
shown here. Each datum point was obtained by counting the
relative defect-area coverage of about ten AFM images and
averaging the results. The error bars are standard deviations. The
lines are simple fits to the data.
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Fig. 6. Arrhenius plot of the rates of the lipid-loss process in
supported DPPC bhilayers. The line is a simple exponential fit,
from which an activation energy of 37 kT is obtained.

15 A2, The projection area is what we can measure
with AFM. For DPPC headgroup, the surface area
has been determined by X-ray diffraction [49-51].
Taking the headgroup area as 47 A? [50], two inter-
digitated acyl chains thus correspond to a surface
area of about 64% of the surface area of a PC lipid
headgroup in normal lipid bilayers.

We assume the lipid loss is a relaxational process,
so that the amount of the lipid loss depends exponen-
tially on the incubation time. Very slow rates of the
lipid loss result in very long time constants. In the
linear approximation, the slope in a plot of the rela-
tive defect-area percentage vs. incubation time is
proportional to the lipid-loss rate at earlier times. Fig.
5 shows our results at six different lipid-exchange
incubation temperatures. The linearity of these plots
indicates very slow rates at all temperatures. The rate
becomes slower at lower lipid-loss incubation tem-
peratures. We note that the fitted slopes miss the
origin. These fitting lines are the best fits, in which
both the dopes and the constants of the linear fits
also have standard deviations. Taking these devia
tions into account, we found that the missing of
origins in our fittings is within the errors.

Fig. 6 is an Arrhenius plot of these rates at differ-
ent temperatures. The error bars are standard devia-
tions of the slopesin Fig. 5. From this plot we obtain
an activation energy of 37 KT for the lipid-loss
process in supported DPPC hilayers. This vaue is
consistent with the activation energies of the lipid-ex-
change processes in vesicular systems [15-18].
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Fig. 7. Two AFM images are shown here to report an interesting
structure observed while the lipid-loss process was at 65°C with
the loss of most lipid molecules in the bilayer. Some circular
structures of typical diameters about 10 wm can be seen. Some
bilayer islands are seen at the edge of the circles.

3.4. Circular structures

Although our statistical analysis only proceeded to
a relative defect-area increase of about 40%, we
sometimes still followed the structural change of the
bilayer while most lipid molecules leave the bilayer.
Fig. 7 shows two examples. We see that some surface
aggregates arrange into circular structures. Between
these circular structures, there is a region containing
many bilayer islands. The radius of the circular struc-
ture observed here is similar to that of the circular
domains in monolayers at the air—water interface due
to the phase separation of liquid-expanded phase
from liquid-condensed phase [52,53]. Nagle has a-
ready pointed out that a bilayer is well characterized
by a back-to-back pack of two weakly coupled mono-
layers [54-56]. Thus, it is possible that the observed
circular structure here has a similar origin as that
observed in the monolayers. At present, though, we
do not have sufficient experimental evidence to sup-
port this conjecture. The phenomenon is still under
study.

4. Discussion

Sackmann has shown that the driving force for the
vesicle closure is very high, because of the large
surface tension of bilayer membranes [57]. It is ex-
pected that the surface tension for supported bilayers
should also be as large. Thus the appearance of
bilayer defects in supported bilayers indicates that

there is a strong interaction between the substrate and
the bilayer which stabilizes bilayer defects against the
defect-closing force. Yet, experiments of neutron
diffraction and deuterium-NMR suggest the existence
of a hydration layer between the lower leaflet of a
supported bilayer and the substrate [58,59]. AFM
measurements of the bilayer thickness are consistent
with the lamellar spacing in multilamellar bilayer
stacks, in which a hydration layer exists between
lipid bilayers [47], providing indirect evidence also in
support of the existence of a hydration layer. How-
ever, water molecules in the hydration layer may be
ordered, unlike those free water molecules in solution
[60]. It is likely that the ordering of water molecules
provides some kind of steric restriction on the move-
ment of lipid molecules so that bilayer defects can
exist in supported bilayers.

Although details of the interaction which stabilizes
a supported hilayer against defects are not revealed in
our studies, we can provide some features of this
interaction by examining the structure of supported
bilayers. It appears that most lipid molecules escape
the bilayer around defect edges, evidenced by the fact
that an increase of the defect area becomes more
dominant in later times in the lipid-loss process. This
phenomenon suggests that there may exist inhomo-
geneity in the bilayer so that the overall two-state
scheme, that lipids in solution have one chemical
potential and that lipids in the bilayer have another
chemical potential, may be an oversimplification. A
possible scenario is that the potential barrier for lipids
to escape the bilayer may have a spatial gradient in
the vicinity of defects, with a higher value farther
away from the defect edge. Thus more lipids exit the
bilayer around defect edges, resulting in an increase
of defect areas at later times in the lipid-loss process.

The acohol-induced interdigitated domains in sup-
ported PC bilayers are closely associated with the
alcohol-induced interdigitated states in vesicular PC
bilayers [33], so that the mechanism of the driving
force of the lipid interdigitation in the former is
mostly understood through extensive studies of the
latter [47,61-63]. However, in our case, the system
under study does not have any direct analogy with
situations of vesicular bilayers. Our experimental re-
sults may provide some clues for rational explana
tions of the observations in the present study. For
lipid bilayers, the boundary of any opening creates a
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line tension which drives the closure of the opening
[57]. This driving force should then apply an addi-
tional pressure to lipid molecules around defects, and
the additional pressure may be sufficient to cause the
bilayer interdigitation. For lipid bilayers, the surface
tension is about 65 mM /m [56,64], and the typical
bilayer thickness is about 4 nm [47]. These values
give a closure pressure of about 160 bar at the
boundary of bilayer defects. Some domains, athough
very rare, are not in contact with any apparent defect.
It is possible that an initial defect is so small that the
expansion of the induced interdigitated domain closes
the defect.

The disappearance of interdigitated domains indi-
cates that these domains are probably metastable
intermediate states. Furthermore, the lack of any
interdigitated domain at low temperatures indicates
that interdigitated domains may be induced only when
the lipid-loss rate is larger than a threshold value. The
actual lipid-loss rates, on the other hand, are ex-
tremely slow. For example, if assuming a simple
exponential decaying process, the percentage lipid
loss being till approximately linear for more than 10
days indicates an even longer time constant at room
temperature. At 75°C, the time constant is still of
order hours (see Fig. 5). Although the activation
energy determined from the Arrhenius plot is consis-
tent with those determined from vesicular bilayers,
the rates of the lipid loss, and thus of the lipid
exchange, are much slower. Therefore, the behavior
of supported bilayers is similar to that of vesicular
bilayers in some aspects, and is distinct in other
aspects.

In summary, our study shows that typical struc-
tural characteristics of the lipid-loss process are the
creation and growth of bilayer defects accompanying,
at high temperature in most cases, the induction of
small interdigitated domains. Our results also demon-
strate the power of in situ AFM in combining struc-
tural studies with thermodynamic characterizations in
the research of membrane biophysics.
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