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By the elucidation of high-resolution structures the view of the bioenergetic processes has become more
precise. But in the face of these fundamental advances, many problems are still unresolved. We have
examined a variety of aspects of energy-transducing membranes from large protein complexes down to the
level of protons and functional relevant picosecond protein dynamics. Based on the central role of the ATP
synthase for supplying the biological fuel ATP, one main emphasis was put on this protein complex from both
chloroplast and mitochondria. In particular the stoichiometry of protons required for the synthesis of one ATP
molecule and the supramolecular organisation of ATP synthases were examined. Since formation of
supercomplexes also concerns other complexes of the respiratory chain, our work was directed to unravel
this kind of organisation, e.g. of the OXPHOS supercomplex I1III2IV1, in terms of structure and function. Not
only the large protein complexes or supercomplexes work as key players for biological energy conversion, but
also small components as quinones which facilitate the transfer of electrons and protons. Therefore, their
location in the membrane profile was determined by neutron diffraction. Physico-chemical features of the
path of protons from the generators of the electrochemical gradient to the ATP synthase, as well as of their
interaction with the membrane surface, could be elucidated by time-resolved absorption spectroscopy in
combination with optical pH indicators. Diseases such as Alzheimer's dementia (AD) are triggered by
perturbation of membranes and bioenergetics as demonstrated by our neutron scattering studies.

© 2009 Elsevier B.V. All rights reserved.
1. Introduction

The discovery of ATP in the year 1929 [1,2] paved the way to
unravel the biochemical pathways that lead to the production of this
ubiquitous energy currency in all organisms. In the subsequent years,
all main components of respiration in mitochondria and of photo-
synthesis in plants were identified. But the essential link from electron
transport to the final stage of forming the terminal high-energy
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phosphoanhydride bond in ATP remained nebulous for a long time.
Mitchell's chemi-osmotic theory of energy coupling via an electro-
chemical proton gradient solved this issue in an artful way [3].
Another fundamental concept, discussed in the same context, implied
the significance of conformational changes. This approach of Boyer
explained the function of the ATP synthase by the binding-change
mechanism [4–6]. Recently, the view of the bioenergetic processes has
become more precise by the elucidation of many high-resolution
structures that replaced early schematic drawings, as exemplified in
Fig. 1 for the respiratory chain.

For major components of the mitochondrial respiratory chain, at
least partial structures or structures from prokaryotic homologues are
available. One of the biggest challenges remains the NADH:ubiqui-
none oxidoreductase (complex I), composed of more than 40 different
subunits [7–11]. As shown schematically in Fig. 1, the shape and size of
complex I is resolved by single particle analysis [12–15]. Additional
data arise from crystal structures of subcomplexes, e.g. the hydrophilic
domain [16]. However, merging structural data from different
organisms is still demanding [17]. The subsequent complexes of the
standard respiratory chain are resolved in more detail. For the
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Fig. 1. Schematic representation of the OXPHOS complexes in the inner mitochondrial membrane. Electrons are transferred from NADH or succinate to the terminal acceptor
molecular oxygen. Key components of this process are large transmembrane protein complexes (complexes I–IV) and the smaller mobile electron carriers ubiquinone and
cytochrome c. Complexes I, III and IV generate thereby an electrochemical proton gradient across the membrane (symbolised as gray arrows). The ATP synthase utilises this gradient
to produce the energy currency ATP. The representation of complex I bases on the shape from a single particle analysis of the Yarrowia lipolytica complex [12] intuitively combined
with the X-ray structure of the soluble domain from Thermus thermophilus [16]. The illustration of complex II includes the crystal structures from the porcine heart enzyme [19]. For
the complexes III [20] and IV [26] the homo-dimeric forms from bovine heart mitochondria are shown. In case of the ATP synthase, X-ray data from the F1 portion together with the c-
ring [29] and from the peripheral stalk [30] were fitted in the contour from single particle analysis of the complete bovine heart mitochondrial complex V [31].
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succinate:ubiquinone oxidoreductase, as direct link to the citric acid
cycle, a prokaryotic homologue (the fumarate-reductase [18]) but also
complex II from porcine heart [19] have been characterised by X-ray
crystallography. Upon solving the structure of the ubiquinol:cyto-
chrome c oxidoreductase (complex III or cytochrome bc1), a homo-
dimeric form was revealed for bovine heart [20,21] and other
mitochondria [22,23]. Likewise, the cytochrome c oxidase emerged
as a dimer in crystals from prokaryotic [24,25] or mammalian [26]
complex IV. Similar to the approach stated for complex I, pieces of a
puzzle have to be combined for the representation of the ATP
synthase. Therefore, X-ray structures of subcomplexes [27–30] were
integrated into low-resolution single particle maps of complete F1FO-
ATP synthases [31,32].

But in face of these fundamental advances, many problems are still
unresolved and even new questions arise since novel or improved
methods allow focusing on specific items. We have examined a variety
of aspects of energy-transducing membranes from large protein
complexes and supercomplexes down to the level of functional
relevant picosecond protein dynamics and vectorial proton transfer
applying diverse methods to reveal particulars of a sophisticated
ensemble. Based on the central role of the ATP synthase for supplying
the biological fuel ATP, one main emphasis was put on this protein
complex. In particular the stoichiometry of protons required for the
synthesis of one ATP molecule (Fig. 1; see Section 2.6) and the
supramolecular organisation of ATP synthases also in respect to its
modulation by the metabolism (see Section 2.7) were examined.
Formation of supercomplexes not only concerns the ATP synthase but
also other complexes of the respiratory chain (Fig. 1). Therefore,
another main focus of our work was directed to unravel this kind of
organisation, in terms of function (see Section 2.8) and structure (see
Section 2.9), e.g. of the OXPHOS supercomplex I1III2IV1. Moreover, the
influence and consequences of supramolecular assemblies in context
with ageing and mitochondrial diseases were studied (see Section
2.10). Perturbation of membranes, especially of mitochondrial mem-
branes, may cause diseases such as Alzheimer's dementia (AD) (see
Section 2.11). Not only the large protein complexes or supercomplexes
work as key players for biological energy conversion, but also small
mobile components as quinones which facilitate the transfer of
electrons and protons (Fig. 1; see Section 2.3). Even as the chemi-
osmotic theory explains important principals of biological energy
conversion, the path of protons from the generators of the gradient to
the ATP synthase is still highly debated (Fig. 1; see Section 2.1).

2. Deciphering structure–dynamics–function relationships

2.1. Electrochemical coupling of proton-transporting membrane proteins:
water molecules as vehicles for proton translocation and lubricant for
membrane dynamics

In mitochondria and chloroplasts, protein complexes generating
electrochemical proton gradients and the proton ATP synthases
powered by the gradient are spatially separated. Since the postulation
of the chemi-osmotic hypothesis in 1961 [3], there is the ongoing
debate to date on the pathway and kinetics of proton transfer between
source and sink. In the previous three decades, studies employing the
photon-driven proton pump bacteriorhodopsin (BR) had a great
impact to answer many questions concerning proton translocation
across membranes and along membrane surfaces, as summarised in
Ref. [33]. For example, the pioneering experiments by Racker and
Stoeckenius in 1974 demonstrating light-generated ATP formation in
reconstituted BR/ATP synthase liposomes [34] unambiguously proved
that Mitchell's chemosmotic hypothesis is fact (and paved the avenue
to his award of the Nobel Prize). BR, the prototype of an integral
membrane protein, especially of the family of seven membrane-
spanning α-helical proteins, is one of the best characterised active
ion-translocating proteins. Its vectorial transport mechanism is
unravelled nearly at atomic level. An advantage of BR is the possibility
to monitor the kinetics and stoichiometry of proton pumping by flash
absorption spectroscopy in combination with optical pH indicators
[35–37]. In this way, it was shown that only one proton per cycling BR
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is released during the first part of the photocycle [36]. By employing
optical pH indicators bound selectively to both membrane surfaces,
vectorial proton transfer steps across BR and along the membranes
surface were kinetically and spatially resolved and the possibility of
efficient long distance proton transfer between source and sink
demonstrated [37,38]. Upon light excitation, concomitant with the rise
of the key photocycle intermediate M (τmean=83 μs at 20 °C), a
proton is pumped from the interior of BR to the extracellular surface
(τ=90 μs). The pumped proton dwells for about 1 ms at the
membrane surface before it is released into the aqueous bulk phase
(τ=1100 μs). Under physiological conditions, the cytoplasmic surface
of BR has to pick up protons from the well-buffered, slightly alkaline
matrix. Attraction of protons from the medium and funnelling these
protons into the orifice of the cytoplasmic proton channel are
enhanced by a cluster of exposed carboxylates, acting as proton-
collecting antenna [39–41]. The late phases of the photocycle are
characterised by subsecond equilibration reactions where the protein
regains protons from the bulk phase. This slow protonation reaction is
attributed to a slow proton hole migration inside BR to the
cytoplasmic surface. The proton transfer from D96 to the deproto-
nated Schiff base generates the proton hole and when it reaches the
D38 domain, a proton from the bulk rapidly fills it [42]. Selective
replacement of charged residues in the inter-helical loops modulates
the rate of proton hole propagation, as well as the ionic strength of the
solution.

All protons vectorially pumped are diffusing laterally along the
membrane surface for long distances (several thousand Å) before
equilibrating into the aqueous bulk phase. Protons move more
slowly at the membrane–water interphase (diffusion coefficient
Dapp=1·10−6 cm2/s at 20 °C; about 240 nm in 150 μs [38]) than in
the aqueous bulk phase (D=9.3·10−5 cm2/s). However, due to the
surprisingly slow surface to bulk transfer rate (about 1 ms) protons
can laterally diffuse macroscopic distances along the membrane
surface. Since the translational diffusion of water molecules is 4.4
times faster [33,43] than the measured H+ transfer rate along the
surface, diffusing water molecules can act as vehicles. H+ transfer
along a membrane surface via water molecules could significantly
contribute to, or even dominate, chemi-osmotic energy coupling.

At high hydration, the lipid head group region of membrane
surfaces is more hydrated than the protein [44–46]. The hydration
water of membrane surfaces has peculiar properties. For example,
freezing of water occurs several degrees below the freezing point of
bulk water (supercooled membrane water) and the first surface layer
does not transform into the crystalline state, even below 240 K
(“nonfreezing water”) [33,43]. Water molecules at the membrane
surface show anisotropic (only parallel to the membrane plane) two-
dimensional long-range translational diffusion (Ds=4.4·10−6 cm2/s),
aboutfive times slower than in bulkwater [43]. Translational diffusion in
the direction perpendicular to the membrane surface is not observable
during the timewindowof picoseconds. This extraordinary behaviour of
the surfacehydrationwater in combinationwith thehigh buffer capacity
of surface exposed amino acids and lipid head groups [47] might be the
reason for the observation of efficient long distance lateral proton
diffusion along the membrane surface before equilibration into the
aqueous bulk phase.

Bacteriorhodopsin has contributed a lot to our understanding of
bioenergetics, especially of molecular mechanisms. It has elucidated
reaction pathways of proton transfer and the functional importance of
water in membranes. Presently, BR is the best understood protein in
respect to the hydration dependence of function and dynamics, as well
as to the properties of the hydrationwater. From all the data gathered,
the importance of water molecules for the function, structure, and
dynamics of membranes is established, as well as for other photo-
active proteins too [48]. Water molecules are key elements of the
proton transport mechanism by providing a proton pathway and
proton acceptor/donor groups. The proton-conducting pathway of BR
contains at least 9 internal watermolecules [44,46] that are thought to
be key players in the proton translocation mechanism. By a multi-
nuclear (1H, 2H, 17O) magnetic relaxation dispersion study the rate of
exchange of these internal water molecules with bulk water has been
determined. At least 5 water molecules in BR have residence times in
the range 0.1–0.5 μs at 277 K [49]. Most or all of the deeply buried
watermolecules in BR exchange on a time scale that is short compared
to the rate-limiting step in the photocycle. In addition, water
molecules “lubricate” the picosecond molecular motions and the
light-triggered micro- to millisecond tertiary structural changes of the
protein [33,43]. Furthermore, the hydration water at the membrane
surface with its peculiar properties participates in long-range proton
transfer, mediating bioenergetic coupling between the proton sources
and sinks, such as the H+-ATP synthase.

As the details of the molecular mechanisms of membrane proteins
come into focus, our ignorance of the role of lipids stands in stark
contrast. The role of specific lipid structures, such as cardiolipin (CL),
in biological membranes has been elusive. CL is unique among
phospholipids with its four chains and a pK2 above 8.0 that provides a
role as a headgroup proton trap for oxidative phosphorylation [50]. In
eukaryotes CL is synthesised in the mitochondrion, where it remains
throughout the life of the cell. During the isolation of proteins from the
mitochondrion, CL has been shown to co-isolate with each of the
proteins that participate in oxidative phosphorylation. Its headgroup
is a high capacity buffer that restricts the amount of pumped protons
in the bulk phase water. Thus, the important bioenergetic function of
trapping protons by CL may be to simply supply a high buffering
capacity to the membrane–water interface. In this way CL bridges the
gap between proton source and proton consumer with highly mobile
CL monomers or oligomers. Here mobile CLs would laterally shuttle
protons from oxidative phosphorylation complexes to the ATP
synthase [50]. These specific suggestions of the peculiar properties
of CL and its important role in energy conversion were recently
supported by experiments on BR in the purple membrane. The
glycocardiolipin content does not significantly affect the photocycle
(M-intermediate rise and decay) as well as proton pumping of BR.
However, interaction of the pumped proton with the membrane
surface and its equilibration with the aqueous bulk phase are altered.
At reduced GlyCL content the protons are retained at the membrane
surface for a shorter time as compared to the “normal” purple
membrane, i.e. they are released faster [51].

2.2. Light-induced modulation of protein dynamics during the working
cycle of a membrane protein

The proper functioning of a protein requires not only a well-
defined three-dimensional structure, but also certain flexibility on fast
time scales. Knowledge about the dynamical properties of a protein is
of essential importance for understanding the structure–dynamics–
function relationships at the atomic level. So far, however, the
correlation between internal protein dynamics and functionality has
only been studied indirectly in steady-state experiments by variation
of external parameters [43,52–56]. To gain access to possible
modulations in protein dynamics during its functioning we devised
a novel laser-neutron pump-probe experiment which combines in-
situ optical activation of the biological function in the membrane
protein BRwith a time-dependentmonitoring of the protein dynamics
using quasielastic neutron scattering (QENS) [57,58].

External parameters like temperature or hydration are influencing
or restricting the functionality of proteins, like proton translocation in
bacteriorhodopsin [33], ligand binding to myoglobin (see, e.g., [59]),
and photosynthetic electron transfer in plant photosystem II [60]. In
these cases, the temperature-dependent efficiencies of functional
processes are found to be correlated with the so-called “dynamical
transition” [61] of the respective proteins. This transition represents
the onset of localised diffusive protein motions on the picosecond



Fig. 2. An artist view of the lipid membrane with embedded ubiquinone derived from
the neutron scattering density profiles. The ubiquinone molecule (blue) is sandwiched
between the two lipid layers of the membrane. Its conformation is not necessarily
straight but its location is confined parallel to the membrane plane with only little
intrusions into the lipid acyl chains. Adapted from [72].

660 H. Seelert et al. / Biochimica et Biophysica Acta 1787 (2009) 657–671
time scale at temperatures above 200 K, i.e. the onset of internal
stochastic structural fluctuations such as diffusive reorientations of
methyl groups or other small molecular subgroups [62]. These
changes in protein dynamics can be directly investigated using
quasielastic neutron scattering (QENS) because of the high incoherent
scattering cross section of hydrogen atoms and their almost homo-
geneous distribution in biomolecules. In the case of BR, steady-state
QENS experiments in the dark have established that picosecond
diffusive protein motions are indeed suppressed below a temperature
of 230 K and at hydration levels lower than 70% r.h. (see e.g.
[43,63,64]). This means that protein flexibility may act as “lubricating
grease” for the large-scale structural changes in the M-intermediate of
BR.

To investigate, if the structural changes are paralleled or even
facilitated by modulations in the protein dynamics we performed
time-resolved QENS experiments on the light-driven proton pump
bacteriorhodopsin embedded the purple membrane (PM) of Halo-
bacterium salinarum [57]. BR is activated by absorption of a light
quantum, which initiates a photocycle of well-defined protein-
chromophore conformations (intermediates) characterised by specific
absorption maxima and decay times ranging from 500 fs to about
15 ms in aqueous solution [57,58]. The structural changes accompany-
ing the proton transport are most pronounced in the M-intermediate
[65,66]. It is widely accepted that these structural modifications are a
prerequisite for the vectorial character of the proton translocation.

QENS experiments were performed at the time-of-flight spectro-
meter NEAT (Helmholtz Zentrum Berlin, Germany) by synchronising
repetitive laser illumination of the sample with a pulsed QENS
measurement. In this approach, QENS spectra resulting from indivi-
dual neutron probe pulses reflect the protein dynamics of specific
intermediate states provided that suitable delays between laser
excitation and neutron probe pulses are chosen. The chosen spectro-
meter setup with neutron pulse width of 30 μs and energy resolution
of 95 μeV provides access to diffusive protein motions with relaxation
times shorter than 20 ps.

A light-induced QENS spectrum of PM was obtained selecting two
instants of the neutron pulses during the presence of the M-
intermediate of BR upon laser illumination. A comparison to the PM
spectrum measured in the dark shows a statistically significant
deviation in both, the quasi- and inelastic part, of the QENS spectrum.
An analysis of the quasielastic region of the measured QENS spectra in
the BR ground state and in the M-intermediate reveals, that the
ground state spectrum can be adequately fitted with a phenomen-
ological structure factor comprising of two components with correla-
tion times of 1 ps and 12 ps, respectively, the latter with the dominant
amplitude. The true M-intermediate QENS spectrum can be described
with only one structure factor with a correlation time of 1 ps. In the
experiment the effect of light excitation on protein dynamics is probed
for wild-type BR in real time at room temperature under almost
physiological conditions. This approach has led to the unambiguous
identification of an increase of fast diffusive protein motions and of a
significantly larger vibrational mean square displacement correlated
with the structural changes in the M-intermediate of BR. This means
that the excitation energy gained from the light quantum absorbed
locally at the chromophore has been converted into a general
softening of the BR protein. It is thus attractive to assume that light
excitation induces a softer environment as a prerequisite to overcome
potential barriers during the large-scale structural changes in the M-
intermediate of wild-type BR [57,58]. Once the temporary softening
decays, the structural transition becomes irreversible ensuring a
unidirectional proton transport. Functionally important modulations
of protein dynamics demonstrated for the first time for the membrane
protein BR may be of relevance for other proteins exhibiting
conformational transitions in the time course of functional operation.
The developed approach is applicable to all photoactive proteins and
all enzymatic systems activated by photolysis of caged compounds. In
any case, the transient alteration of protein dynamics is a direct proof
for the functional significance of protein conformational flexibility.

2.3. Localisation of coenzyme Q10 and squalane in the center of the
membrane

Redox-active quinones with long polyisoprenoid chains like
coenzyme Q are ubiquitous in eukaryotes. They fulfil two established
functions as electron/proton carriers in bioenergetic membranes and
supercomplexes as well as antioxidants. Since all of the organelle
membranes that contain them are exposed to H+ gradients, coenzyme
Q and other polyisoprenes may also serve as inhibitors of H+ leakage
[67]. Squalene, a polyisoprene that is best known as a critical
precursor for cholesterol, is present in the membranes of alkaliphiles
[68] which are especially sensitive to proton leaks. The localisation of
ubiquinone (CoQ10) within membranes has been the subject of many
studies [69,70], which have concluded with differing and often
conflicting interpretations. Seeking unambiguous evidence for the
localisation of squalene and ubiquinone in membranes or lipid
bilayers, we employed neutron diffraction [71,72].

Neutron diffraction is an ideal and the most direct tool for
localising molecular building blocks in lipid bilayers. Due to the
large difference in the coherent scattering length b of a proton (bH=
−3.74 fm) and a deuteron (bD=+6.67 fm), an ideally isomorphous
replacement can be achieved. We have exploited the contrast
variation in two ways: in one, the method is applied in which the
membrane constituent CoQ10 is protonated and the bilayer lipids are
deuterated [72]. In the second experiment we incorporated perdeut-
erated or protonated squalane, an isosteric analogue of squalene, into
stacked bilayers of protonated lipids [71].

Using this approach we found that CoQ10 is resident in the center
of perdeuterated dimyristoyl phosphatidyl choline (DMPC) bilayers
doped with 5 mol% dimyristoyl phosphatidyl serine (DMPS) contain-
ing perdeuterated chains (Fig. 2). By determining the difference
scattering lenght density betweenmembrane profiles of samples with
perdeuterated or protonated squalane in dioleoyl phosphatidyl
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choline (DOPC) doped with dioleoyl phosphatidyl glycerol (DOPG) to
simulate the negative charges found on natural membranes, we were
able to determine the position of squalane in the center of the lipid
membrane, quite similar to the polyisoprene chain of CoQ10 (Fig. 2).

Two features of straight-chain lipid bilayers seem to provoke the
isoprenes to reside in the bilayer center. First, the cooperative motions
of the chains in each monolayer are disrupted by intrusion of
branched hydrocarbons within that monolayer. Second, the two
monolayers are uncoupled so that the lateral cooperative motions of
the phospholipid acyl chains within one monolayer do not affect the
motions of the other.

CoQ is best known as a carrier of electrons and protons in
mitochondria during oxidative phosphorylation as is the ubiquinone
analogue plastoquinone in chloroplasts during photophosphorylation.
As part of the mitochondrial electron transport chain CoQ transfers
electrons from Complexes I and II to Complex III, all embedded in the
inner mitochondrial membrane. To facilitate electron transport, CoQ
should be freely diffusing in its membrane environment, according to
the “random-collision model” of energy conversion [73,74], to
encounter the binding pockets in the protein complexes involved
[69,75]; this is best if CoQ10 resides in the membrane midplane, as
shown by our investigation.

Our data prove that the polyisoprene domain of ubiquinone [72],
like that of squalane [71], lies in the lipid bilayer center parallel to the
membrane plane. Thus long polyisoprenes and polyisopranes can be
assumed to have such a residence. Long polyisoprenes include
tocopherol, dolichol, plastoquinone, carotenes, and lycopene. The
presence of these polyisoprenes in the bilayer center raises a question
as to the area occupied by them since they appear to be restricted to
the cleavage plane. Each CoQ10 occupies the area of about 8 lipid
molecules. Thus 6 mol% of CoQ10 is sufficient to provide a full surface
coverage of each monolayer for the total lipids of the bilayer. The
concentration of ubiquinone in biological membranes is largest in
mitochondria. Using published data with up to 7 nmol CoQ per mg
protein [76], the surface coverage in mitochondria membranes lies
between 10% and 30%. Such a calculation suggests that CoQ10 can
represent a serious barrier for, e.g., proton diffusion across the bilayer
of, say, the inner membrane of the mitochondrion. Taken this together
with our localisation of both squalane and ubiquinone in the bilayer
center, suggests, in accordance with the “water cluster” mechanism
for proton leakage [67], that these polyisoprenes may inhibit proton
leakage. Such inhibition would be another biological function for
them, in addition to their role in redox systems as electron/proton
carriers and as antioxidants.

2.4. Isolation of photosynthetic ATP synthases and their subcomplexes

In contrast to BR, many other energy-converting membrane
proteins consist of a number of protein subunits and are more
challenging in isolation. A comprehensive survey to identify the ideal
detergent for solubilisation and the appropriate method of purifica-
tion is necessary. In case of the ATP synthase, the method has to be
adapted to the requirements of the hydrophilic portion (called CF1 for
photosynthetic ATP synthases) and the membrane integral portion
(CFO). Our approaches to gain an ATP synthase sample for diverse
functional and structural studies included conventional techniques
(density gradient centrifugation and chromatography) but also aimed
in optimising alternative purification strategies (preparative
electrophoresis).

To separate efficiently Rubisco and other contaminants from the
spinach chloroplast ATP synthase, gel filtration or anion exchange
perfusion chromatography were applied in presence of the detergents
CHAPS and n-dodecyl β-D maltoside [77]. The screening focussed not
only on the purity but also on the intactness of the ATP synthase via
determination of the ATP synthesis activity driven by an artificial
electrochemical proton gradient. The highest purity and activity were
achieved by anion exchange chromatography for the detergent DDM
and by gel filtration for the detergent CHAPS. In contrast, the
detergent Triton X-100, which is frequently used to solubilise CF1FO,
was found to be inadequate to stabilise the ATP synthase during
chromatography [77]. An alternative chromatographic approach –

dye–ligand chromatography – can provide a very selective and cost-
efficient way of purification if only the ideal dye for a specific enzyme-
detergent mixture is identified. To obtain a highly pure and active
spinach chloroplast ATP synthase in the presence of n-dodecyl β-D
maltoside, a column with the dye Reactive red 120 turned out to be
optimal [78]. Alternatively, Reactive green 5 supplies a similar pure
ATP synthase sample in the presence of CHAPS.

Upon switching from spinach to the green algae Chlamydomonas
reinhardtii and even to the thermophilic cyanobacterium Thermosy-
nechococcus elongatus, the purification method for the ATP synthase
had to be adapted. The single chromatographic steps that yielded
highly pure spinach CF1FO only supplied a core ATP synthase sample
with many contaminants for the alga [79]. In face of the purity issues,
the intactness of the oligomer IIIx in this chloroplast ATP synthase was
assured as important basis for subsequent studies. To isolate the intact
ATP synthase holoenzyme of T. elongatus a combination of dye–ligand
and ion-exchange chromatography was needed [80].

To reveal the proton-to-ATP ratio via structural studies, not the
complete ATP synthase is required but only the proton-driven rotor cx
or IIIx has to be maintained as native oligomer. The high stability of
this oligomer in presence of strong detergents or other denaturants
was the prerequisite for a successful isolation. For the spinach
chloroplast ATP synthase, the oligomer of subunit III proved to be
stable in SDS [81,82] allowing its purification based on density
gradient centrifugation [83,84]. Other groups developed a strategy for
spinach IIIX using lauroyl sarcosine [85–87]. This detergent was
introduced to isolate the c11 oligomers from Ilyobacter tartaricus [88]
as requirement to solve its crystal structure [89] but proved to be a
unique tool for diverse organisms. By sodium thiocyanate treatment of
the spinach chloroplast ATP synthase the preparation of CFO,
containing the proton-driven rotor III14 and the membrane integral
parts of the stator (subunits I, II and IV), succeeded [90].

Our alternative purification strategy for the ATP synthase applied
preparative native electrophoresis [91–94]. The introduction of the so-
called blue-native electrophoresis or BN-PAGE [95] made the analysis
of protein complexes feasible for many applications. The binding of
the anionic dye Coomassie Brilliant Blue G-250 (CBBG-250) to protein
species confers a negative charge required for electrophoretic
separation and diminishes artificial aggregation as the main problem
for membrane proteins. BN-PAGE permits isolation of functional CF1FO
directly from solubilised spinach thylakoids in one step [94]. Using a
cathode buffer with low CBBG-250 concentration (0.002%), CF1FO
remains intact. An increase of the CBBG-250 concentration in the
cathode buffer up to 0.02% (as described in the original BN-PAGE
protocol [95]) disassembles the ATP synthase, allowing an isolation of
both parts, CFO and CF1, separately. The subsequent electro-elution of
the respective bands from the gel enables almost quantitative
recovery of CF1FO, CFO, and CF1. Although CBBG-250 neither abolishes
the catalytic activity of the isolated CF1FO and CF1 nor affects the
subunit composition and the high α-helical content of CFO [96], the
strong blue colour of samples from preparative BN-PAGE can disturb
biophysical investigations. In this case, it is recommended to remove
most of CBBG-250 using gel filtration and replace the dye by the
detergent CHAPS [96].

2.5. Properties of the chloroplast ATP synthase

Isolated subunits or their oligomers can provide useful pieces of
information by diverse biophysical techniques that have to be
assembled to reveal new insights into a sophisticated enzyme
complex (see also Section 2.6). By Fourier-transform infrared and
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circular dichroism spectroscopy, the predominantly α-helical second-
ary structure of subunit III was demonstrated [84]. For monomeric
subunit III, a conformational change was observed when diluting the
SDS-solubilised protein. Under the same conditions the conformation
of the oligomer IIIX did not change. MALDI mass spectrometry
provides additional information of native proteins, e.g. the determina-
tion of the mass for the monomeric subunit III (8003 Da) demon-
strated that no posttranslational modifications occurred [84].

During the catalytic function of the ATP synthase, tension
generated by the rotational torque is compensated by the stator
(e.g. [97]). For this task, a peripheral stalk flexibly fixes the hydrophilic
catalytic part F1 to the membrane integral proton-conducting part FO
of the ATP synthase [98].While in bacteria a homo-dimer of b subunits
forms the peripheral stalk, plant chloroplasts and cyanobacteria
possess a heterodimer of subunits I and II. To better understand the
functional and structural consequences of this unique feature of
photosynthetic ATP synthases, a procedure was developed to purify
subunit I from spinach chloroplasts [99]. The secondary structure of
subunit I, which is not homologous to bacterial b subunits, was
compared to heterologously expressed subunit II using CD and FTIR
spectroscopy. The content of α-helix was determined by CD spectro-
scopy to 67% for subunit I and 41% for subunit II. In addition,
bioinformatics was applied to predict the secondary structure of the
two subunits and the location of the putative coiled-coil dimerisation
regions. Three helical domains were predicted for subunit I and only
two non-interrupted domains for the shorter subunit II. The predicted
length of coiled-coil regions varied between different species and
between subunits I and II [99].

In spinach chloroplasts, the central stalk (subunits γ, ɛ) forms the
rotor with the cylinder of subunits III and transmits proton-motive
force from FO to F1, inducing conformational changes of the catalytic
centers in F1. The ɛ subunit is an important regulator affecting adjacent
subunits as well as the activity of the whole protein complex. Using a
combination of chemical cross-linking and mass spectrometry, we
monitored interactions of subunit ɛ in spinach chloroplast ATP
synthase with III and γ [100]. One cross-link defined the distance
between ɛ-Cys6 and III-Lys48 to be 9.4 Å at minimum. ɛ-Cys6 was
competitively cross-linkedwith subunit γ. Altered cross-linking yields
revealed the impact of nucleotides and Mg2+ on cross-linking of
subunit ɛ. The presence of nucleotides apparently induced a
displacement of the N-terminus of subunit ɛ, which separated ɛ-
Cys6 from both III-Lys48 and subunit γ, and thus decreased the yield
of the cross-linked subunits ɛ and γ as well as ɛ and III. This change
may contribute to the change at the ɛ C-terminus from a closed to an
open conformation leading to inhibition of ATP hydrolysis. However,
increasing concentrations of the cofactor Mg2+ favoured cross-linking
of ɛ-Cys6 with subunit γ instead of III-Lys48 indicating an approxima-
tion of subunits γ and ɛ and a separation from III-Lys48 [100]. The
influence of free magnesium on the yield of ɛ-III crosslinks is an
indication for a Mg2+ dependent control of proton conductance since
the N-terminus of ɛ seems to be responsible for the ability of subunit ɛ
to block proton conductance [101]. Additionally, for rat liver
mitochondria [102] and spinach chloroplast ATP synthase [103] the
presence of 1–2 mM free magnesium cations significantly inhibited
the ion conductance of the membrane integral part of the ATP
synthase.

2.6. The proton-to-ATP stoichiometry of chloroplast ATP synthases

The interaction of the subunit IV with the oligomer of subunit III
facilitates the transport of protons through the CFO part of the
chloroplast ATP synthase. In current models of ATP synthases, the
proton-to-ATP ratio and therefore the efficiency of energy conversion
is directly determined by the number of proton-transporting subunits
(or protomers: protein monomers) of the rotary oligomer IIIx.
Previously it was believed that the stoichiometry would be 9 or 12
resulting in an integer proton-to-ATP ratio, i.e. 3 or 4 protons per ATP.
To determine the stoichiometry of subunit III in spinach chloroplasts
we reconstituted the complete CF1FO or suitable subcomplexes (see
Section 2.4) into lipid bilayers for the subsequent structural analysis
by electron and atomic force microscopy.

Upon adsorbing CF1FO liposomes on amica surface for atomic force
microscopy, they spread and form planar lipid bilayers [104]. To reveal
the details of themembrane integral part, the CF1 part can be removed
either by application of a chemical denaturant or less efficiently by
using the AFM tip as a nanotool for mechanical stripping. In fact, the
latter procedure was one of first reported nano-manipulations of
biomolecules by the AFM. This approach allowed observation of ring-
like protein structures with a central dimple in the lipid bilayer which
possess an outer diameter of approx. 7 nm [104]. By utilising CFO
isolated via preparative BN-PAGE as starting material for reconstitu-
tion into lipid membranes, similar structures were monitored by
electron microscopy [96]. With a mean diameter of 6.7 nm not only
the shape but also the size was similar to that of earlier observations
[104], which confirms the importance of these rings as integral
building blocks of CFO.

These promising preliminary results build a base for a high-
resolution structure analysis. By SDS treatment of the ATP synthase
and density gradient centrifugation, the homo-oligomer III was
isolated. Imaging the topography of the densely packed subunit III
oligomers by contact-mode atomic force microscopy revealed alterna-
ting ring-like structures of two different diameters (panel A of Fig. 3)
[83]. The narrow and the wider rings of the subunit III oligomers have
outer diameters of 5.9±0.3 nm and 7.4±0.3 nm, respectively. Both
orifices have inner diameters of 3.5±0.3 nm. Directly from the
recorded images, 14 subunits per oligomer can be counted in most
cases (see Fig. 3). An analysis of angular power spectra from 320
individual images of well-preserved particles confirmed this result,
and yielded a distinct single peak at 14-fold symmetry [83].

Although the AFM topographies demonstrated clearly the III14
stoichiometry, utilisation of the harsh detergent SDS during isolation
raised the question if the observed association of subunits is really the
native oligomeric ring structure of the chloroplast ATP synthase [105–
107]. Therefore, three fundamentally different chloroplast ATP
synthase samples of increasing complexity were visualised by atomic
force microscopy [90]. The samples are distinguishable in respect to
the isolation technique, the detergent employed, and the final subunit
composition. The homo-oligomer III was isolated as described before
(Fig. 3A), the proton-turbine III+IV was obtained by blue-native
electrophoresis (Fig. 3B), and complete CFO was isolated by anion
exchange chromatography of NaSCN splitted ATP synthase (Fig. 3C). In
all three ATP synthase subcomplexes 14 and only 14 circularly
arranged subunits III composed the intact transmembrane rotor.
Interestingly, a correlation between the presence of subunit IV in the
imaged sample and the appearance of a central protrusion in the
narrower orifice of the oligomeric cylinder III14 has been observed. In
contrast to current predictions, in chloroplast FO the subunit IV can be
found inside the cylinder III14 and not at its periphery, at least in the
reconstituted 2D arrays imaged [90].

In addition to atomic force microscopy, 2D aggregates are also
appropriate for a high-resolution study by electron microscopy [108].
Based on screening various negatively stained specimens, the best
ones were selected for cryo-electron microscopy. These 2D crystals
were obtained by reconstitution of the proton-turbine III+IV from
BN-PAGE. Unfortunately, strong stacking of several layers occurred
which hampered the analysis of the electron micrographs (Fig. 3D).
Upon processing the images, an electron density map showing the α-
helices was created (Fig. 3E). Determination of the number of single
subunits III belonging to an oligomer required identification of
densities from one specific layer. By highlighting these densities and
including the fact, that each subunit III consists of two α-helices, the
III14 stoichiometry can be recognised easily. The hairpins of helices of a



Fig. 3. 2D-arrays showing the III14 stoichiometry of the spinach chloroplast ATP synthase. In panels A–C atomic force micrographs are depicted from samples with increasing
complexity imaged by contact-mode AFM (from [90]). (A) Homo-oligomer III14; (B) the proton-turbine III14IV; and (C), CFO; the right panel displays averaged and symmetrised
topographs of the wide and narrow oligomer ends. (D) Electron micrograph of negatively stained multilayer crystals with homo-oligomer III14 and subunit IV. (E) Electron density
map of approximately 8 Å resolution from cryo-electron micrographs (JEOL 3000 SFF) showing the α-helices of the III14–IV-crystals.
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subunit III monomer are arranged in such a way that a smaller inner
ring of 14 α-helices is surrounded by an outer ring of 14 α-helices
(blue or red coloured in Fig. 3E). The four to five densities inside the
ring could represent the predicted helices of subunit IV, however,
contribution by the density of a stacked second membrane layer
cannot be excluded. The stoichiometry of 14 observed by AFM is
confirmed by electron microscopy and moreover recently by another
group [86]. In spite of the clear demonstration that III14 is not a
biochemical artefact, there is still a lack of agreement with functional
data of proton translocation through the ATP synthase [109,110].

Accumulating structural data suggests that the number of
identical subunits (III or c) assembled into the cation-powered
rotor of ATP synthases depends on the biological origin (e.g.
[29,83,85,87,89,90,111–114]). The stoichiometries identified vary
from 10 in yeast mitochondria [29] or Escherichia coli and Bacillus
PS 3 [105,115], 11 in Na+-ATP synthases [88,89,111–113], 12 in a pro-
karyotic V-ATPase of Thermus thermophilus [114], 13 in thermo-
alkaliphilic Bacillus sp. strain TA2.A1 [116], up to the range of 13 to 15
in cyanobacteria [85,87]. This remarkable range raises the question of
the principle behind the different stoichiometries. According to the
chemi-osmotic theory the driving forces of the electrochemical
proton gradient, i.e. membrane potential Δψ and pH gradient ΔpH,
are equivalent [3]. For the chloroplast ATP synthase, ΔpH is the main
component [117], but Δψ has an important function for storage of
proton-motive force [118]. In contrast, Δψ predominates as driving
force for the mitochondrial ATP synthase. Therefore, an adaptation of
the stoichiometry to the specific component of the proton-motive
force is considerable. In this context, the equivalence of Δψ and ΔpH
is discussed controversially (e.g. [114,119]). The demonstration of Δψ
to be obligatorily required for ATP synthesis suggests that the
membrane potential is the main driving force for the rotation of the
oligomer [120]. Therefore, the components of the proton-motive
force are kinetically not equivalent [119] and different sizes of the
cation-powered rotors may be nature's solution to cope with the
challenges of diverse environments.

The problem “what dictates the size of a ring?” [121] still has to be
resolved unambiguously. In AFM images of the cylindrical transmem-
brane rotors from spinach chloroplasts and from I. tartaricus
occasionally individual rotors exhibit gaps of the size of one or more
subunits (Fig. 3A–C) [122]. Complete rotors and arch-shaped
fragments of incomplete rotors revealed the same diameter within
one ATP synthase species. These results suggest the rotor diameter
and stoichiometry to be determined by the shape of the subunits and
their nearest neighbour interactions [122]. An observed self-assembly
of subunits to an oligomer confirms that an intrinsic feature of subunit
c (or III) determines the stoichiometry [123]. Alternatively, a specific
cofactor like the UncI protein could play a chaperone-like role to assist
the oligomer assembly [124,125].

In context with parameters affecting the number of subunits in the
oligomer and therefore the diameter of the ring, it is controversial if
the stoichiometry is affected by the metabolic state of any organism.
For E. coli, data were published indicating that different carbon
sources during cultivation lead to different ratios (subunit c compared
to subunit b) assembled into the ATP synthase [126,127]. We
examined a possible alterability of the stoichiometry caused by the
metabolic state of C. reinhardtii [79]. To distinguish oligomers with
different stoichiometries, a gradient gel system was established.
Several growth parameters, i.e., light intensity, pH value, carbon
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source, and CO2 concentration, were varied to determine their effects
on the stoichiometry. Contrary to the previous suggestions, the
oligomer III of the chloroplast H+-ATP synthase always consists of a
constant number of monomers over a wide range of metabolic states.
Recently, a constant stoichiometry of the oligomer was confirmed for
Na+-ATP synthases [113,128]. Even for the H+-ATP synthase of E. coli
new data [129] affirm our previous finding of a constant number of
subunits [79].

2.7. Supramolecular architecture of chloroplast ATP synthases

In one and the same plant cell, two significantly distinct H+-ATP
synthases are housed in separate organelles. One major difference
between mitochondrial and chloroplast ATP synthases is the amino
acid sequence of comparable polypeptide chains. Moreover, the
subunit composition of plant mitochondrial ATP synthase resembles
more that of other mitochondrial homologues, even if additional (and
novel) subunits were present, as demonstrated e.g. for algae [130]. In
proteomic studies of the green algae C. reinhardtii employing BN-PAGE,
the organisation of ATP synthases appeared to be different. For the
mitochondrial ATP synthase, an extraordinarily stable dimeric
arrangement was observed [131] and confirmed by our own experi-
ments [132]. In fact, mitochondrial ATP synthase dimers and even
oligomers are found in essentially all eukaryotes investigated by this
approach so far (reviewed by [133–135]; see Section 2.8). In contrast,
the chloroplast CF1FO was previously assumed to exist solely as a
monomer and dimerisationwas proposed to be a unique feature of the
mitochondrion [133]. All single steps of an isolation procedure,
especially the treatment of cells, affect protein stability and have to
be considered. One important aspect is the sensitivity of membrane
protein complexes like CF1FO against mechanical stress in respect to
enzymatic activity and structural integrity [136]. Additionally, all
buffer components (e.g. detergents and salts) affect fragile protein–
protein interactions. Upon using the mild detergent digitonin and
reducing the pressure during disruption of cells, we were able to
identify dimers of the chloroplast ATP synthase in C. reinhardtii via BN-
PAGE [137]. These chloroplast ATP synthase dimers dissociate into
monomers upon incubation with vanadate or phosphate but not by
incubation with molybdate, while the mitochondrial dimer is not
affected by this treatment. Therefore, a distinct dimerisation mechan-
ism formitochondrial and chloroplast ATP synthase is suggested. Since
vanadate and phosphate bind to the active sites, contact sites
facilitating dimerisation are presumably located on the hydrophilic
CF1 part as compared to significance of the FO portion inmitochondrial
ATP synthase dimers.

The dissociation of chloroplast ATP synthase dimers at elevated
phosphate concentration suggests a regulation by cell physiological
processes. Particularly, different growth conditions affect the metabo-
lism. C. reinhardtii is able to utilise different sources of energy
generation. Besides photosynthesis (photoautotrophic growth) the
alga is able to metabolise organic substrates such as acetate for
heterotrophic nutrition, or both at the same time (photomixotrophic
growth). We applied two different growth conditions, photomixo-
trophic and photoautotrophic growth, and studied the influence on the
metabolic state of the cell by BN-PAGE combined with mass spectro-
metry [132]. Cells grow faster in the presence of acetate, they contain
more protein per cell, and the composition of photosynthetic super-
complexes change.

To establish a reliable quantitative method, stable isotope labelling
was applied to monitor changes in assembly and disintegration of
protein complexes and supercomplexes [138]. As experimental basis,
C. reinhardtii cells were cultivated at the two different growth
conditions and analysed on BN gels upon solubilisationwith digitonin.
On the one hand, cells from two separate cell culture conditions were
independently applied to gels and the monomer/dimer ratio of CF1FO
were quantified from Coomassie stained gel bands. On the other hand,
stable isotope labelling of living organisms was employed. Here, 14N
and 15N labelled algae from two culture conditions were combined
before harvesting and the amount of ATP synthase monomer and
dimer was quantified bymass spectrometry. Photoautotrophical algae
cultures were grown in the presence of 15N and photomixotrophical
cells at natural 14N abundance, respectively. As compared to photo-
autotrophic growth, an increased assembly of ATP synthase dimers at
the expense of pre-existing monomers during photomixotrophic
growth was observed, demonstrating a metabolic control of the
dimerisation process [138]. In contrast, although the abundance of
mitochondrial ATP synthase increased during photomixotrophic
growth, only its dimer is present. Such dimers of the mitochondrial
ATP synthase as well as supramolecular protein assemblies of
respiratory chain complexes were identified not only in algae but in
a wide range of organism.

2.8. Supramolecular organisation of mitochondrial respiratory chains

Using BN- and CN-PAGE after gentle solubilisation of isolated
mitochondria [92,93], it could be demonstrated that the respirasome
organisation of bovine heart respiratory complexes I, III, and IV as well
as F1FO-ATP synthase dimerisation (reviewed in [133–135]) are also
found in rats [139,140]. In corresponding studies, respirasome-like
supercomplexes were detected in various eukaryotes, particularly the
filamentous fungi Podospora anserina [141,142] and Neurospora crassa
[143] as well as in green, photosynthetically active tissues of higher
plants [144]. Strikingly, analysing mitochondria isolated from fresh or
short-term stored bovine heart tissue, significantly higher amounts of
respiratory supercomplexes I1III2IV1–4 and ATP synthase dimers than
reported before were recovered. Even supercomplexes IxIIIyIVz with
higher apparent masses than that of I1III2IV4 as well as higher
oligomers of ATP synthase were found [93,135,139,145]. The applica-
tion of CN-PAGE retained nearly all of the bovine heart complexes I, III,
and IV as supercomplexes and ∼80% of total ATP synthase as dimers
and higher oligomers [139]. These results support the hypothesis of
supramolecular networks of the respiratory chain and ATP synthases
(reviewed in [133–135]). Accordingly, the quality and the way of
processing of the starting material is of major importance to get
optimal yields of OXPHOS supercomplexes as outlined [93,135] like in
case of CF1FO dimers from C. reinhardtii [137] (see Section 2.7). This
shows that susceptible supramolecular assemblies of membrane
protein complexesmight easily escape detection applying biochemical
methods like detergent treatment and native gel electrophoresis.

Those studies comparing mitochondria from a variety of eukar-
yotes revealed apparent peculiarities of the supramolecular organisa-
tion of the respiratory chain (reviewed in [135]). Most importantly,
complex I dimers could be clearly shown so far only in filamentous
fungi, whether complexes III and IV are present or not [141,142] and
also in case of the three N. crassa mutants nuo21, nuo29.9, and nuo51
that assemble a “complete” complex I but missing each one subunit
[143]. It is conceivable that complex I dimers exist also in other
eukaryotes but sufficient evidence is still lacking [135]. As an
intriguing feature of the fungal respiratory chain, even the simulta-
neous loss of both complexes III and IV has no detrimental effects on
assembly/stability and activity of fungal complex I [142] in contrast to
the situation in mammals (see Section 2.9). The respective P. anserina
mutants Cyc1-1,Cox5::ble and Cyc1-1,Cox5::ble(Gpd-Aox) are the first
obligatorily aerobic eukaryotic strains with a functional complex I but
an artificial lack of both respiratory complexes III and IV [142]. Fungal-
specific features not found in mammals are discussed that must be
responsible for assembly/stabilisation of fungal complex I when
complexes III and IV are absent such as the presence of the alternative
oxidase (AOX), bypassing complexes III and IV, and complex I
dimerisation [142]. Nonetheless, whenever the conditions for assem-
bly of complexes III and IV are in place, they seem to be involved in
assembly/stabilisation of fungal complex I [142]. Particularly, wild-
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type-like amounts of I–III–IV supercomplexes could be found in the N.
crassa mutant nuo51 whose complex I is inactive due to lack of the
NADH-binding 51-kDa subunit. These supercomplexes are the first
example of respirasomes without overall NADH oxidase (I–III–IV)
activity (“inactive” respirasomes) in any organism only able to oxidize
ubiquinol by molecular oxygen (ubiquinol oxidase, III–IV) [143],
demonstrating that respiratory supercomplexes have also major
nonrespiratory significance and cannot be solely related to concei-
vable enzymatic advantages such as substrate channelling ([135]; see
Section 2.9).

In summary, there are important advances in our knowledge of
OXPHOS supercomplexes including the determination of single
particle structures (see Section 2.9). However, major research efforts
using various approaches are still needed over the next years. In
particular, it is mandatory to unravel the biogenesis of complex I as
well as the true supramolecular organisation of the respiratory chain
in the inner mitochondrial membrane and its precise functional
significance in a variety of model eukaryotes [142].

2.9. Supramolecular architecture of OXPHOS membrane protein
complexes

To structurally characterise the supercomplexes I1III2 (consisting of
one complex I and a dimer of complex III; 1500 kDa) and I1III2IV1 (with
one additional complex IV; 1700 kDa), bovine heart mitochondria
Fig. 4. Structural studies of supercomplexes. (A) Transmission electron microscopic image o
views by light gray circles. The sample was negatively stained with 1% uranyl acetate.
intermembrane space) of supercomplex (B) I1III2 and (C) I1III2IV1. Side views (as seen along t
map of supercomplex I1III2IV1 as seen along the membrane plane. The location of the memb
individual complexes as they would assemble to form supercomplex I1III2IV1. The electron
structure of complex III2 (PDB ID 2A06, [168]) is displayed in red, and the X-ray structure o
complex I and the interaction site in the complex III dimer aremarked in gray. The two cytoch
from its interaction site in complex I to its interaction site in the complex III dimer (black ar
Cytochrome c bound to complex III is coloured in black (from 1KYO PDB ID; [169]), and subu
scale bars represent in (A) 100 nm and (E) for (B–E) in 10 nm. Modified from [146,147].
were solubilised with digitonin, separated by BN-PAGE and electro-
eluted [146]. The composition of both isolated supercomplexes was
confirmed by peptide mass fingerprinting. The enzymatic activity of
each supercomplex component was tested to confirm their functional
integrity after isolation. In-gel activity staining showed NADH–

dehydrogenase activity of complex I in both supercomplexes and
cytochrome c oxidase activity of complex IV in supercomplex I1III2IV1

[146]. For the first time, the activity of two isolated respiratory
supercomplexes was quantitated and a pronounced enzymatic
advantage of the I1III2IV1 respirasome demonstrated. Spectrophoto-
metric activity assays using specific inhibitorswere employed to assess
NADH:ubiquinone reductase activity of complex I and cytochrome c
reductase activity of complex III in the electro-eluted samples. Under
the conditions used, complex I in supercomplex I1III2 displayed only
about half the activity of that in supercomplex I1III2IV1 (I1III2: 0.13±
0.04 mU/mg protein; I1III2IV1: 0.30±0.11 mU/mg protein). Complex
III was active in supercomplex I1III2IV1, but supercomplex I1III2 showed
onlyminor cytochrome c reductase activity (I1III2: 0.06±0.02mU/mg
protein; I1III2IV1: 0.99±0.28 mU/mg protein [146]). In conclusion,
both isolated supercomplexes displayed activity, but supercomplex
I1III2IV1 was significantly more active.

After purification and demonstration of enzymatic activity, their
structures in projection were determined by single particle image
analysis (Fig. 4A–E; [146]). Both supercomplexes had two preferred
orientations; a ‘top’ view as seen from the intermembrane space (Fig.
f the isolated supercomplex I1III2IV1. Top views are indicated by black circles and side
Averaged 2D projection maps of the supercomplexes. Top views (as seen from the
he membrane plane) of supercomplex (D) I1III2 and (E) I1III2IV1. (F) Side view of the 3D
rane in the side view is displayed in purple. IMS: intermembrane space. (G) The three
microscopic 3D map of complex I filtered to 5.0 nm [15] is shown in yellow, the X-ray
f complex IV (PDB ID 1OCC, [26]) is shown in green. The ubiquinone interaction site in
rome bL hemes of the complex III dimer are shown in light gray. The ubiquinone diffuses
rows). The cytochrome c interaction site in complexes III and IV is marked in light blue.
nit II, which is the cytochrome c binding site, from complex IV is displayed in blue. The
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4B–C) and a ‘side’ view as seen along themembrane plane (Fig. 4D–E).
A difference map between the supercomplexes I1III2 and I1III2IV1

closely fits the X-ray structure of monomeric complex IV and shows its
location in the assembly [146].

In addition, we presented the first 3D map of a respiratory chain
supercomplex (Fig. 4F [147]) which gives the first insight into the
positions and interactions of the individual respiratory chain
complexes when assembled into a supercomplex [147,148]. It was
determined by random conical tilt electron microscopy analysis of the
bovine supercomplex I1III2IV1. Within this 3D map the positions and
orientations of all the individual complexes in the supercomplex were
determined unambiguously (Fig. 4G). The ubiquinone and cyto-
chrome c binding sites of each complex in the supercomplex could be
located. One function of the assembly into a supercomplex is the
stabilisation of the individual complexes. The assembly and/or
stabilisation of mammalian complex I is dependent on supercomplex
formationwith complex III and/or IV as supported by strong evidence
(for references see [135]), whereas this is not essential in fungi ([142];
see Section 2.8). The 3D map of I1III2IV1 indeed shows extensive
interaction sites at membrane domains of both complexes III2 and IV
with complex I, which keeps it in a stable conformation. The mobile
electron carrier (ubiquinone or cytochrome c) binding site of one
complex is facing and is in proximity to the mobile electron carrier
binding site of the succeeding complex of the respiratory chain (Fig.
4G). This arrangement is significant as it results in short diffusion
distances for ubiquinone and cytochrome c, thus facilitating a more
efficient electron transfer from complex I via complex III to complex IV
and might reduce the detrimental generation of ROS, participating in
ageing as well as degenerative diseases like Alzheimer's and
Parkinson's (see Section 2.10). The structural evidence provided for
direct substrate channelling in the supercomplex assembly with short
diffusion distances for the mobile electron carriers is supported by our
enzyme activity determinations.

Detailed knowledge of the architecture of the active super-
complexes is a prerequisite for a deeper understanding of energy
conversion by mitochondria in mammals, e.g. do the OXPHOS
complexes operate according to the “solid-state”, the “random-
collision” or the “plasticity” model [73,149].

2.10. Quantitative assessment of membrane proteins and protein
complexes based on native gel electrophoresis

Changes in stability and/or activity of respiratory chain complexes,
involving the abundance changes in specific subunits is of critical
importance for mitochondrial function. We have followed three
independent quantitative approaches, post-electrophoretic staining
with fluorescent SYPRO® Ruby, pre-electrophoretic covalent labelling
of proteins with fluorescent CyDyes and isotope labelling (see Section
2.7), to assess the changes in abundance of OXPHOS complexes,
supercomplexes and the respective subunits. Coupling these quanti-
tative methods with BN/CN-SDS gel system facilitates the evaluation
of both soluble andmembrane proteins, as well as the protein–protein
interactions.

Among the range of post-electrophoretic stainingmethods, the use
of fluorescent stains belonging to SYPRO family (Molecular Probes
Inc./Invitrogen Inc.) offers the desired sensitivity and high dynamic
range of about 103.We used the SYPRO Ruby stained images of 2D-BN/
SDS PAGE-resolved mitochondrial proteome, to quantify the abun-
dance of individual OXPHOS complexes (I to IV) and of their
supercomplexes. The normalisationwas routinely done using external
standard molecular weight markers, but at times could also be done
internally using proteins, which do not change in expression. The
staining based quantification method was coupled with Delta2D
programme (Decodon), for image analysis and statistical tests. This
approach was very effective to monitor simultaneously the relative
changes in oligomeric status of OXPHOS complexes and stability of
their supercomplexes. Such quantitative evaluation of the dynamic
assembly of the OXPHOS machinery, in response to a physiological
stimulus could be correlated to changes in activity as visualised by in-
gel activity assays using 1D blue-native/colourless native gels
[146,150]. For rat cortex mitochondria, an age-dependent decline in
the amount of intact ATP synthases (1.2-fold) as well as in the
proportion of especially the OXPHOS supercomplexes I1III2 (2.4-fold)
and I1III2IV1 (1.4-fold) was detected by this approach [170]. The
proportion of ATP synthase oligomers and of non-attached F1 is
significantly larger in aged mitochondria [150]. These observations
elucidate the link between respiration and longevity. On the other
hand, in a rat model of early Parkinson's disease, the overall
abundances of individual OXPHOS complexes and supercomplexes is
not altered, but the activity of a specific supercomplex boosted [151].

There are often few critical subunits, responsible for activity/
assembly of the OXPHOS complexes. An insight was obtained for the
abundance changes of such critical individual subunits of complex I, IV
and V by differential quantitative analysis using the “Difference in Gel
Electrophoresis (DIGE)” approach. With this technique, samples
differentially labelled with spectrally resolvable fluorescent cyanine
dyes Cy2, Cy3 and Cy5 (GE Healthcare) are loaded onto the same gel.
Over a N10,000-fold protein concentration range DIGE can reliably
detect changes in abundance of a protein of 15% (fold-change
minimum of 1.15-fold) [152]. Use of common internal standard
(pool of all samples under comparison) for all gels ensures accurate
normalisation and allows convenient grouping of multivariate
samples, though resolved on different gels. Integrating the fluores-
cence DIGE technique with BN-PAGE offers a unique opportunity for
sensitive evaluation of abundance changes besides protein-protein
interactions [153]. Using the BN-DIGE approach we could identify
abundance changes in specific subunits of complex I (17.2 kDa and
40.8 kDa) and complex IV (subunits II, Va and VIb) in rat liver
mitochondria, indicating a lowered activity of the complexes with
calorie restriction, as a mechanism to minimise free radical leak and
ROS generation [154]. Structurally associated ATP synthase subunits,
the F1 complex beta subunit and the FO complex subunit b showed a
concomitant decrease in abundance with calorie restriction [154],
indicating less assembled monomeric ATP synthase and reduced ATP
production in rat liver mitochondria. Differential proteomic profiling
of three evolutionary far distant organisms reveals distinct patterns of
age-related oxidative changes and the ATP synthase as a major player
in ageing [155].

A comprehensive understanding of the structural diversity and
dynamic nature of chloroplast and mitochondrial sub-proteomes
could be developed by combining the above mentioned quantitative
approaches and validating the observations at a functional level. This
will lead the interpretation of the proteome beyond mere cataloguing
of abundance changes to more “meaningful” information.

2.11. Intercalation of the Alzheimer peptide Aβ and membrane
perturbation evidenced by neutron scattering

It has been established that alterations in membranes and
resulting changes in bioenergetics are the trigger of severe diseases,
such as Morbus Alzheimer and Parkinson, and vice versa. Recent
studies indicate that mitochondria are important targets of Amyloid-β
peptide (Aβ) [156]. There is increasing evidence that synaptic damage
and mitochondrial dysfunction have a significant role in AD develop-
ment [157]. Aβ is a short polypeptide of 39–43 amino acids considered
a trigger agent of Alzheimer's disease (AD). The so-called amyloid
hypothesis links the presence of insoluble fibril-like Aβ aggregates to
the pathogenesis of the disease [158]. For more than a decade the
amyloid hypothesis has been the driving idea in the attempt of
understanding the trigger of the neuritic damage leading to dementia.
Because of the controversial data collected, no consensus about this
theory has been reached to date [159]. Recently, new suppositions



Fig. 5. Schematic drawing of a POPC/POPS (92:8 mol/mol) lipid bilayer containing
cholesterol, in which intercalation of Aβ(25–35) is hindered (bottom). In the absence
of cholesterol Aβ (25–35) can reach the hydrophobic core of the membrane (top).
The atoms coloured in blue correspond to the deuterated amino acid (Leu34). The
scattering length density profiles (sld) of the lipid bilayers with protonated (dashed
profile) and deuterated (continuous line) peptide are drawn (upper top). The
difference between the sld profiles is marked with a blue dot at the position of the
Leu34 (from [164]).
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have been put forward and the attention focus now on non-fibrillar
soluble forms ofmonomeric or oligomeric Aβ [160]. Themechanism of
action of Aβ continues to remain a mystery. To understand its
unknown mechanism of action, also in relationship to a therapeutic
treatment of the disease, the interaction of Aβwith the cell membrane
has to be elucidated at the molecular level [161,162].

In our studies the interaction of monomeric forms of Aβ with
lipid membranes was analysed. It was ascertained by neutron
diffraction on stacked lipid multilayers that a toxic fragment of Aβ is
able to deeply penetrate and perturb the lipid bilayer [161]. The use
of a selectively deuterated amino acid (i.e., leucine-34, the
penultimate amino acid in the C-terminal region) has allowed us
to determine unambiguously the position of the neurotoxic
fragment Aβ(25–35) in the membrane. Two populations of the
peptide have been detected, one in the aqueous vicinity of the
membrane surface and the second inside the hydrophobic core of
the lipid membrane. The location of the C-terminus was studied for
two different lipid compositions (i.e., POPC and POPC/POPS 92:8
mol/mol) and it was found to be dependent on the surface charge
of the membrane. In the anionic POPC/POPS membrane that mimics
the composition and negative net charge state of neuritic cell
membranes, 54% of Aβ is located in the hydrophobic core, 5.9 Å
from the center of the membrane (Fig. 5). In POPC membranes, an
even larger amount of the peptide, i.e., 86% is found inside the
membrane. However, it does not intercalate as deeply, only to a
position corresponding to the polar head groups of the lipids, 14 Å
from the center of the membrane [161].

Furthermore, we were able for the first time to prove by neutron
diffraction the penetration of Aβ(25–35) and to determine the depth
of penetration of the C-terminus in the bilayer core when Aβ(25–35)
was externally administered [163]. Externally administered Aβ(25–
35) penetrates deeply into the lipid bilayers. This information could
provide the structural basis for the channel creating properties of Aβ.
By spontaneously penetrating themembrane, it may also interact with
integral membrane proteins such as receptors. Our data show in
addition that the membrane is severely perturbed by the intercalated
Aβ(25–35), as exemplified by the broadening of the scattering density
in the headgroup region and by the structural changes in the
hydrophobic core. This was the first direct structural prove for the
previously observed perturbation of the membrane permeability
induced by Aβ(25–35).

Applying the same technique, i.e., neutron diffraction in conjunc-
tion with selective deuteration, we demonstrated that cholesterol
alters at the molecular level the capability of Aβ(25–35) to penetrate
into the lipid bilayers [164]; in particular, a molar content of 20% of
cholesterol hinders completely the intercalation of monomeric
Aβ(25–35). Even at the low cholesterol content of only 5 mol% the
penetration of Aβ(25–35) is strongly suppressed. These results link a
structural property of a membrane to a physiological and functional
behaviour, and point to a therapeutical approach to prevent the AD by
modulation of membrane properties.

Finally, the influence of Aβ(1–42), the most abundant Aβ form in
senile plaques, on unilamellar vesicles of phospholipids was investi-
gated by small-angle neutron scattering [165]. We used the recently
proposed separated form factor method to fit the data and to obtain
information about the vesicle diameter and structure of the lipid
bilayer and its change upon peptide administration. The lipid
membrane parameters were fitted using different models of the
bilayer profile. As a result, an increase of the vesicle radii, indicating
vesicle fusion was obtained. This effect was particularly enhanced at
pH 7.0 and at a high peptide/lipid ratio. At the same time, a thinning of
the lipid bilayer occurred. The fusogenic activity of the peptide may
have very important consequences and contribute to cytotoxicity by
destabilising the cell andmitochondrial membranes. The perturbation
of the bilayer structure suggests a strong interaction and/or insertion
of the longer peptide into the membrane.
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Our results presented are in line with and do explain at the
molecular level, at least in part, that Aβ is known to localise to
mitochondrial membranes, block the transport of nuclear-encoded
mitochondrial proteins to mitochondria, interact with mitochondrial
proteins, disrupt the electron transport chain, increase reactive
oxygen species (ROS) production, cause mitochondrial damage and
prevent neurons from functioning normally [157]. Accumulation of
monomeric Aβ within rat brain und muscle mitochondria has been
demonstrated, concomitant with an increase in membrane viscosity,
decrease in ATP/O, respiratory chain complexes inhibition, potentia-
lization of ROS generation and cytochrome c release [166]. In mice
brain, mitochondrial dysfunction related to Aβ was associated with
higher levels of ROS and reduction in COX IV activity as well as ATP-
levels [167]. From all the results accumulated, it is quite obvious that
the bioenergetics of target cells and mitochondria are heavily
perturbed by action of Aβ and by ageing.
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