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SUMMARY

To study how microbes establish themselves in a
mammalian gut environment, we colonized germ-
free mice with microbial communities from human,
zebrafish, and termite guts, human skin and tongue,
soil, and estuarine microbial mats. Bacteria from
these foreign environments colonized and persisted
in the mouse gut; their capacity to metabolize dietary
and host carbohydrates and bile acids correlated
with colonization success. Cohousingmice harboring
these xenomicrobiota or a mouse cecal microbiota,
along with germ-free ‘‘bystanders,’’ revealed the
success of particular bacterial taxa in invading guts
with established communities and empty gut habi-
tats. Unanticipated patterns of ecological succession
were observed; for example, a soil-derived bacterium
dominatedeven in thepresenceofbacteria fromother
gut communities (zebrafish and termite), and human-
derived bacteria colonized germ-free bystander mice
before mouse-derived organisms. This approach can
be generalized to address a variety of mechanistic
questions about succession, including succession in
the context of microbiota-directed therapeutics.

INTRODUCTION

Understanding the factors that operate to allow microbes to

colonize the human gut should help us achieve better under-

standing of how contact with other humans—including family

members—animals, and other microbial reservoirs in our envi-

ronment impacts diversity in this body habitat at various stages
of life. This knowledge could also guide development of new

approaches for modulating the risk for ecological invasion by

various pathogens, deepen our understanding of how our micro-

bial exposures shape the development of our immune systems,

and help direct the design of more effective strategies for intro-

ducing members of well-defined species consortia, cultured

from the gut microbiota of healthy donors, into already estab-

lished microbial communities of recipient humans who are at

risk for or already have manifest disease.

Macroecologists differentiate the conditions under which an

organism can live (its fundamental niche) from the conditions in

which the organism actually does live (its realized niche) (Hutch-

inson, 1957). Studies of macroecosystems have emphasized

how a species’ realized niche is often more restricted than its

fundamental niche because negative interactions with other

organisms prevent the species’ successful colonization and

persistence in areas in which it could live in their absence, or

because historical, geographical, or physical processes have

prevented that species from reaching certain areas. Colonization

resistance, whereby established bacterial communities provide

their hosts with some degree of protection against ecological in-

vasion and overgrowth by pathogenic organisms, is a long

recognized example of this phenomenon (Bohnhoff et al., 1964).

Gnotobiotic mice provide a powerful system for distinguishing

the fundamental versus realized niches of microbes in the gut or

other body habitats. Animals reared germ-free (GF) can be colo-

nized at selected stages in their lives with control microbiota

from conventionally raised mice or with alien microbiota (xeno-

microbiota) harvested from the guts or other body habitats of

other mammalian species, other vertebrates or invertebrates,

or various highly divergent environmental habitats. A limited

16S rRNA-based analysis of reciprocal gut microbiota trans-

plants involving conventionally raised mouse donors and GF ze-

brafish recipients, and conventionally raised zebrafish donors
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and GF mouse recipients, demonstrated that bacterial taxa from

zebrafish that had not been described in the normal mouse intes-

tinal microbiota could persist in the mouse gut (Rawls et al.,

2006): i.e., the mouse gut is within the fundamental niches of

these microbes, but not in their realized niches. In this previous

study, the gene repertoires represented in the gut-selected

microbiomes were neither characterized nor were the relative

abilities of the transplanted alien communities to invade the

normal indigenous gut community of conventionally raised

mice assessed.

In the present study, we extend this line of inquiry by identi-

fying bacteria from a range of communities associated with

different gut environments, other human body habitats, and

aquatic and terrestrial environments, that successfully colonize

the guts of GF mice. Furthermore, we compare the ability of

these microbes to colonize empty gut habitats versus those

with established microbial communities. The approach used

should facilitate identification of successful gut colonizers that

have therapeutic utility and the mechanisms that allow them to

invade and persist.

RESULTS

Reproducibility of Xenomicrobiota Selection
We introduced microbiota from different habitats into separate

groups of adult GF wild-type C57Bl/6J mice (five animals/

cage; one gnotobiotic isolator/microbial community type; see

stage 1 experiments in Figure 1). These xenomicrobiota included

(1) gut-associated communities from a terrestrial vertebrate

(human) and an aquatic vertebrate (zebrafish [Danio rerio]),

plus an invertebrate (termite [Nasutitermes corniger]), (2) nongut

communities from the same human donor (tongue and skin) so

that the colonization success of taxa originating from human

body habitats endowed with properties distinct from the gut

could be ascertained, and (3) communities from the lower and

upper layers of an estuarine microbial mat community and

from a terrestrial (soil) community to assess the colonization po-

tential of components of microbiota that reside in nonanimal

habitats and contain many bacterial phyla not represented in

the mouse gut (Harris et al., 2013; Tringe et al., 2005). Control

‘‘conventionalized’’ (CONV-D) animals received a cecal micro-

biota harvested from two adult conventionally raised, specific

pathogen-free C57BL/6J mice that had been exposed to mi-

crobes in their vivarium since birth. Prior to and after transplan-

tation, gnotobiotic mice were maintained on an autoclaved

chow low in fat and high in plant polysaccharides (‘‘LF-HPP

diet’’). Fecal samples were collected from transplant recipients

over the course of the 28 days that followed gavage in order to

(1) characterize the process of colonization and selection within

and between the different groups of recipient animals, (2) deter-

mine whether a given community had achieved a stable compo-

sition during the period of surveillance, and (3) reference the re-

sults obtained from the xenomicrobiota recipients to the control

group of CONV-D mice. (See Tables S1A–S1G [available online]

for a list of samples characterized by multiplex pyrosequencing

of PCR amplicons generated from variable region 2 [V2] of their

bacterial 16S rRNA genes and Tables S1H–S1K for samples

subjected to shotgun pyrosequencing of community DNA.)
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Using the 16S rRNA data sets, we performed pairwise com-

parisons of communities employing UniFrac, a phylogenetic dis-

tance metric (Lozupone and Knight, 2005). Principal coordinates

analysis (PCoA) of UniFrac distances revealed that all of the

different types of transplanted communities assembled within

recipient gnotobiotic mice over the course of 3–7 days and

that the temporal pattern of assembly was very consistent within

groups ofmice that received the same inputmicrobiota. UniFrac,

as well as network analysis of shared operational taxonomic

units (OTUs; each defined based on grouping of 16S rRNA reads

with 97% nucleotide sequence identity [97%ID]), indicated that

fecal communities from gnotobiotic mice that received verte-

brate gut-derived microbiota generally were more similar to their

respective input communities than to those originating from

other sources (Figure 2; Figure S1).

To further test the reproducibility of community selection, we

transferred the cecal contents of mice from stage 1, sacrificed

28 days after they had received their xenomicrobiota trans-

plants, into a second group of age-matched GF male C57Bl/6J

animals (see stage 2 in Figure 1). UniFrac distances between

the original input communities and their corresponding stage 1

mouse-selected communities (day 14) were far greater than

the distances between the selected stage 1 communities and

the selected stage 2 communities (day 14) for all but the human

fecal and control mouse cecal communities (Figure 2A). We also

transplanted hindgut microbiota from two different colonies of

termites and compared the output communities from stages 1

and 2. UniFrac distances were similar between selected termite

communities across the two stages and between the two termite

communities within a stage (Figure 2A), providing evidence of the

reproducibility of the methods used for harvest (Potrikus and

Breznak, 1977; Chen et al., 2012) and transplantation, as well

as subsequent mouse gut selection of this notoriously fastidious

collection of microorganisms.

Differences in the Diversity of Gut-Selected
Xenomicrobiota
Bacterial communities selected from vertebrate and invertebrate

gut microbiota maintained a significantly greater proportion of

the taxonomic richness (97%ID OTUs), biodiversity (Shannon’s

diversity index), and evenness of relative abundance (Pielou’s

evenness index) relative to their input communities than did

communities from nongut environments (soil; the upper layer,

bottom layer, or mixed layers of the microbial mat; human

tongue) (Figure S1E). This finding indicates that the mouse gut

is within the fundamental niches of a greater proportion of bac-

terial taxa from other gut environments compared to taxa origi-

nating from other nongut habitats.

We identified a total of 1,908 97%IDOTUs in the input commu-

nities after rarefaction of the data (Extended Experimental Pro-

cedures). These OTUs spanned 76 different bacterial classes

from 35 phyla. Most input communities shared very few or no

OTUs with other input communities; Jaccard similarity values

between input microbiota were zero for most pairs of commu-

nities and were higher for bacterial communities from similar

sources (e.g., 0.57 for termite A and termite B; 0.31–0.41 for

the microbial mat layers) (Figure S1B). This limited sharing of

97%ID OTUs was recapitulated in the recipient gnotobiotic
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Figure 1. Design of Xenomicrobiota Transplant Experiments

(A and B) Summary of stages 1–5. See text for details. Abbreviations: m,mouse cecal microbiota; z, zebrafish gut microbiota; t, termite hindgut microbiota; s, soil.

Related to Table S1.
mouse gut-selected communities in which Jaccard similarities

ranged from 0 to 0.33 and in which no OTUs were detected

across all gut-selected communities.

Members of 15 bacterial classes from nine phyla established

themselves in the mouse gut. Firmicutes was the only phylum

represented in every selected community. This wide distribution

of Firmicutes is consistent with a survey of the fecal microbiota of
mammals representing ten phylogenetic orders, three different

gut physiologies (foregut fermenters, hindgut fermenters, and

those with simple guts), and three different diet classes (herbi-

vores, carnivores or omnivores; Ley et al., 2008; Muegge et al.,

2011). Among the Firmicutes, Bacilli, and Clostridia were the

most prominently represented classes (Figures 2B and S1A;

see Tables S2A–S2K for a complete list of differences in the
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Figure 2. Comparison between Input Xenomicrobiota and Gut-Selected Communities in Gnotobiotic Mice from Stages 1 and 2

(A) Pairwise unweighted UniFrac distances. Abbreviations: input, input community introduced into mice by gavage; output, fecal samples collected from mice

harboring transplanted microbiota. Mean values ± SD.

(B) Analysis of the fecal output communities collected frommice in the stage 1 transplant experiments shows that, despite the highly dissimilar input communities,

the output communities cluster together, systematically excluding clades that fare poorly in the mouse gut. The large, gray phylogenetic tree in the upper left

shows all of the 97%ID OTUs (collapsed into wedges at different taxonomical levels based on relative abundance) that are present in all samples collected from

input and output communities. The numbers in parentheses next to each wedge indicate the percentage of the 97%ID OTUs collapsed into that wedge that were

assigned to the specified taxonomy, i.e., 91% of the branches from the large clade at the top were assigned to the order Clostridiales, and 9%were assigned to

other taxonomic groups. The smaller trees surrounding the network represent the input source (indicated by a triangle) and output fecal communities of mice

(indicated by a square) at the end of stage 1 (28 days after gavage). All smaller phylogenetic trees are formatted identically to the schematic tree; therefore, each

branch corresponds to the taxon indicated in the schematic. Each wedge is colored if taxa from that clade were present in the corresponding community. The

(legend continued on next page)
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representation of bacterial genera detected in input compared to

gut-selected output communities in stage 1 and stage 2 trans-

plant experiments).

The Effects of the Adaptive Immune System, Diet, and
Gastric Parietal Cell Ablation on Microbiota Selection
To examine the contribution of the adaptive immune system to

selection of gut bacteria, adult GF male C57Bl/6J wild-type

and Rag1�/� mice (which lack mature B and T cells) were colo-

nized with the mouse cecal, zebrafish gut, and termite hindgut

microbiota (n = 5 animals/treatment group). We used indicator

species analysis to identify bacterial 97%ID OTUs that differed

in their occurrence or relative abundances in Rag1�/� versus

wild-typemice. Indicator species analysis uses indicator species

values tomeasure the strength of association between an organ-

ism and a habitat type as the product of the organism’s fidelity

(probability of occurrence in a habitat type) and specificity

(mean abundance in that type, normalized to the sum of its

mean abundances in all other habitat types observed; Dufrêne

and Legendre, 1997). A taxon is highly indicative of a particular

habitat type if it is significantly more likely to occur in that type

than in another or is muchmore abundant in that habitat. The sig-

nificance of these associations was determined by permutation

tests, followed by Benjamini-Hochberg corrections for multiple

tests.

Indicator species analysis of fecal samples obtained at sacri-

fice 28 days after gavage revealed 29 97%ID OTUs that were

differentially represented in Rag1�/� versus wild-type mice (p <

0.05; Table S3A). The most prominent effect of adaptive immune

deficiency was observed in recipients of the native mouse gut

(cecal) microbiota and was manifest by increased diversity of

the selected community (see Table S3B for Shannon’s diversity

indices and the number of observed species; n = 23 differentially

represented indicator OTUs, exemplified by OTU ID 230759

assigned to the genus Allobaculum whose relative abundance

was 21.3% ± 4.0% [mean ± SEM] in wild-type recipients versus

7.2% ± 1.4% in Rag1�/� animals). Of the 29 OTUs identified as

being differentially represented in immunodeficient compared

to wild-type recipients, only seven were detectable in one but

not in the other group (Table S3A). Together, these results sug-

gest that the effects of adaptive immune deficiency on the

diversity and representation of selected bacterial taxa originating

from the two xenomicrobiota are less conspicuous than those

observed with the autochthonous mouse gut microbiota

because the selective pressures exerted on the xenomicrobiota

upon transplantation into the ‘‘foreign’’ mouse gut environment

are greater than those exerted by the adaptive immune system

alone. (See the Extended Results; Tables S2L–S2R for a func-

tional genomics analysis of transcriptional responses to coloni-

zation in the proximal colon, including responses related to the

immune system.)
coloring for each tree is normalized to the relative abundance of OTUs for each sou

particular input or output community). Each phylogenetic tree is connected by a d

nodes represent genus-level OTUs and are connected by edges to either input c

squares) or to both. The network is constructed to minimize the spring forces ove

Each community’s nodes and edges in the network are uniquely colored to matc

See also Figures S1, S2, and S3 and Tables S2 and S3.
Weexamined the influence of diet by characterizing the effects

of increasing the cellulose content of the chow on selection of

97%ID OTUs from the termite hindgut and the autochthonous

mouse cecal microbiota (see the Extended Results; Tables

S3C–S3J).

We also evaluated the effects of gastric acid on selection by

colonizing GF Atbp4-tox176 transgenic mice with a genetically

engineered ablation of their parietal cells, and their nontransgenic

littermates, with a fecal microbiota obtained from a healthy

human donor. Compared to nontransgenic animals, Atbp4-

tox176 mice had no significant differences in Shannon diversity

indices and in the number of observed bacterial 97%ID OTUs

in their proximal small intestines, ceca, and colons or in their

feces (sampled between days 22 and 42 after gavage). Signifi-

cant differences in these indices were only observed in their

gastric mucosa-associated microbiota (p < 0.001; one-way

ANOVA, �Sidák test for multiple hypothesis; Figures S2A and

S2B). Comparisons of pairwise Hellinger distances revealed

modest albeit statistically significant differences in community

composition between the twogroupsofmice at all sites sampled,

except in the proximal small intestinal mucosa (Figure S2C).

These differences were attributable to just 16 OTUs, 15 of which

belonged to the Firmicutes (Figures S2D–S2I). The results led

us to conclude that gastric acid (and other parietal cell products)

do not present a significant barrier to colonization of the distal

mouse intestine by human gut taxa introduced via oral gavage.

Functional Properties of Selected Xenomicrobiota
We characterized the functional properties of the mouse gut-

selected xenomicrobiota bymeasuring their biomass (productiv-

ity), defining their gene repertoires, and by profiling levels of

various metabolites in cecal contents. The selected mouse cecal

and human fecal communities had the highest and equivalent

biomass (based on measurements of fecal DNA levels; Reyes

et al., 2013), followed in descending order by the gut-selected

soil, microbial mat, and termite hindgut communities. Selected

communities from human skin, tongue, and zebrafish gut

achieved the lowest biomass in recipient mice (Figure 3A).

Shotgun pyrosequencing reads generated from fecal com-

munity DNA were used to query the National Center for

Biotechnology Information (NCBI) nonredundant database for

taxonomic assignments (Tables S4A and S4B), the Kyoto Ency-

clopedia of Genes andGenomes for KEGGOrthology group (KO)

and Enzyme Commission (EC) number assignments (Tables S4C

and S4D), the Carbohydrate Active Enzymes (CAZy) database

for glycoside hydrolase, polysaccharide lyase, carbohydrate

esterase, and carbohydrate binding module family classifica-

tions, and the MEROPS database for peptidase families (Tables

S4E and S4F). Reads collected from all gut-selected micro-

biomes were assigned to a total of 4,706 KOs, 1,621 ECs,

267 CAZyme families, and 479 peptidase families; 404 KOs
rce (i.e., darker colors represent taxa that were in higher relative abundance in a

ashed line to the corresponding nodes within the network. In the network, the

ommunities (represented by triangles) or output communities (represented by

r all nodes and therefore to bring communities sharing more genera together.

h their corresponding phylogenetic tree.
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Figure 3. Correlations between Fecal

Microbial Community Biomass and the

Functional Properties of Selected Xenomi-

crobiota

(A) Fecal DNA concentrations (a proxy for micro-

bial biomass) from mice harboring different mi-

crobiota, defined at the end of stage 1. Mean

values ± SD are presented, with significant differ-

ences between bars denoted by different letters

(p < 0.05; ANOVA; Tukey’s correction for multiple

hypotheses).

(B) Heatmap showing the normalized abundance

(Z score) for CAZy-annotated glycoside hydro-

lases and polysaccharide lyases as determined by

shotgun sequencing of stage 1 output fecal mi-

crobiomes sampled 28 days after gavage.

(C) Targeted and nontargeted GC-MS of the

concentrations of SCFAs, carbohydrates, and

other metabolites in cecal contents obtained at

sacrifice from mice harboring the indicated

selected microbiota. Arrows at the end of each

row indicate if the CAZyme or metabolite is

significantly positively (green arrow) or negatively

(red arrow) correlated with fecal DNA concentra-

tion (Pearson’s correlation, adjusted with Benja-

mini-Hochberg correction, p < 0.05).

See also Figures S3 and S5 and Tables S4 and S5.
representing 314 ECs, 20 CAZyme family members, and 17

MEROPS peptidase family members were identified as being

shared (Tables S4G–S4V). The observed number of shared

CAZymes, ECs, KOs, and MEROPS families was significantly

less than expected by chance alone (based on a test of 10,000

randomizations, p < 10�4).

The CAZyme profile of the human microbiome varies between

different human body habitats (Cantarel et al., 2012), suggesting

that the local carbohydrate composition is a key driver for
258 Cell 159, 253–266, October 9, 2014 ª2014 Elsevier Inc.
community selection. CAZymes shared

across the gut-selected microbiomes

included eight glycoside hydrolase fam-

ilies, the most prominent being GH13 (in-

cludes a-amylases and pullulanases that

breakdown starch, a universal storage

polymer that is readily processed to

glucose by virtually all animals and their

associated microbiota, and three carbo-

hydrate esterase families but no polysac-

charide lyase families (see Figure 3B and

Table S4I for CAZyme family abundances

in different selected communities). The

prominence of GH13 is consistent with

the large amount of starch in the LF-

HPP diet. Shared MEROPS families

included aspartyl-, cysteinyl-, metallo-,

and serine-peptidases (Table S4J).

Hellinger distance-based PCoA plots

revealed a consistent pattern of simi-

larity/dissimilarity among mouse gut-

selected xenomicrobiomes. Termite and

skin were most dissimilar to all others
along the first principal coordinate (PC1). Among the others,

three clusters were evident along PC2: zebrafish and tongue,

soil and mat, and human and mouse gut microbiota.

Procrustes analysis disclosed that the goodness of fit between

16S rRNA data (97%ID OTUs summarized to the class level) and

the representation of KOs, ECs, CAZymes, and MEROPS pepti-

dases in the selected xenomicrobiomes was statistically signifi-

cant, emphasizing the congruence of functional and phyloge-

netic characteristics (Figures S3A–S3D). (See Tables S4K–S4R



for a summary of features that distinguish the selected

xenomicrobiomes.)

Gut selection provided a ‘‘tool’’ for identifying previously

unappreciated functional features present in the transplanted

microbial communities. For example, hierarchical clustering of

carbohydrate binding module (CBM) family members clearly

differentiated selected xenomicrobiomes according to their

host of origin in the LF-HPP diet context (Figure S4). Family

AA10 (formerly classified as CBM33) consists of lytic polysac-

charide mono-oxygenases (LPMOs; Hemsworth et al., 2013)

that are of interest to the biofuels industry because they are

able to open up the crystalline structure of recalcitrant polysac-

charides, such as cellulose. AA10 genes were identified in all

selected termite xenomicrobiomes (Figure S4; Table S4F); previ-

ous to this study, AA10 LPMOs had not been associated with the

digestive tract of any animal species, including termites.

Fermentation of dietary polysaccharides, and putrefaction of

proteins to amino acids with subsequent deamination and

decarboxylation, produce short chain fatty acids (SCFAs) and

gases (e.g., H2). Targeted gas chromatography mass spectrom-

etry (GC-MS) of cecal contents harvested from gnotobiotic

mice at their time of sacrifice revealed that levels of acetate,

propionate, and butyrate were highest in the selected mouse

cecal and human fecal communities (Figures 3C and S5). Levels

of these SCFAs were significantly correlated with microbial

biomass (Pearson’s correlation r > 0.8, p < 0.001). In contrast,

formate, lactate, and succinate did not show significant correla-

tions with fecal DNA levels. The relative abundances of genes

encoding glycoside hydrolases (GH) and polysaccharide lyases

(PL) were also significantly correlated with biomass (Pearson’s

r = 0.48, p < 0.05), the most highly correlated being members

of families GH97, GH28, and GH106 (Table S4S; see Table

S4T for correlations with MEROPS families). Measurements of

54 cecal metabolites by nontargeted GC-MS analysis revealed

11 (D-xylose, D-fructose, D-mannose, D-glucose, D-tagatose,

L-sorbose, cellobiose, ribitol, and pyruvate, as well as cadav-

erine and 2-aminomalonate) with significant negative correla-

tions with fecal DNA content (Pearson’s r <�0.5, p < 0.05 after

Benjamini-Hochberg correction; Table S5A; Figure 3C).

Together, these results suggest that carbohydrate and protein

degrading capacity are good predictors of community produc-

tivity/biomass in the gut. Moreover, Procrustes analysis dis-

closed that the goodness of fit between 16S rRNA data, the

representation of ECs and the metabolite profiles was statisti-

cally significant (Figure S3E), further illustrating the congruence

of functional and phylogenetic characteristics.

Conjugated bile acids produced by the host have microbicidal

activities. Bacteria in the gut have evolved mechanisms for miti-

gating and modulating these effects, including expression of bile

salt hydrolases (BSH) that catalyze deconjugation to primary bile

acids (Jones et al., 2008) and hydroxysteroid dehydrogenases

(HSDH) that transform primary to secondary bile acids. Postu-

lating that xenomicrobiota with high biomass (productivity) phe-

notypes contain taxa that express these enzymatic activities, we

used ultraperformance liquid chromatography-mass spectrom-

etry (UPLC-MS) to measure the concentration of 34 bile acid

species in fecal samples collected at the end of stage 2 from

mice colonized with communities that achieved a range of
biomasses (mouse cecal, soil, termite hindgut, and zebrafish

gut microbiota). The results revealed a significant positive corre-

lation between levels of deconjugated and secondary bile acid

species and microbial biomass (Pearson’s correlation, p <

0.05; n = 6–8 mice assayed/group; Figure 4A; Table S5B). The

fact that this correlation occurs across communities suggests

that increased deconjugation can lead to less microbicidal activ-

ity against selected allochthonous bacterial taxa, resulting in

increased community biomass/productivity.

Ecological Invasion Assays
In a follow-up set of experiments (stage 3 in Figure 1), we tested

the capacities of taxa comprising these different communities to

compete for colonization of the mouse gut. Groups of four mice

were cohoused: each tetrad consisted of one animal with a

selected soil microbiota, one with a selected termite hindgut

microbiota, another with selected zebrafish gut microbiota,

and a GF ‘‘bystander’’ with no gut microbes. The cohousing

setup was replicated in three separate cages, each placed in a

different gnotobiotic isolator. Mice were surveyed over a

21-day period. Microbial SourceTracker (Knights et al., 2011)

was used initially to analyze the effects of cohousing on the

flow of microbes between cagemates. Fecal samples obtained

from a given colonized mouse prior to cohousing were consid-

ered as ‘‘source communities.’’ Cohoused animals exchange

components of their gut microbiota via cophrophagy; therefore,

fecal samples obtained during this period were considered as

‘‘sink communities.’’ The experimental design allowed us to

determine which organisms from the three gut-selected commu-

nities successfully invaded other communities and whether the

assembly processes involved in shaping the communities in

the colonized mice were replicated in the GF bystander.

Microbial SourceTracker and PCoA of unweighted UniFrac

distances showed that cohousing led to rapid changes in the

composition of the fecal microbiota of mice harboring the

selected xenomicrobiota from stage 2 (Figures 5A and S6A).

The fecal communities of all cagemates in all isolators

converged to similar phylogenetic structures, dominated by

organisms from the selected soil and zebrafish gut commu-

nities. The reproducible nature of these changes suggests that

nonstochastic, selective processes played a role in shaping

these communities.

We used indicator species analysis to identify the 97%ID

OTUs that were most indicative of the selected stage 2 commu-

nities and tracked the success of these organisms during the

course of the stage 3 cohousing experiments. To minimize the

number of permutation tests performed in the indicator species

analysis, and to ensure that we identified highly indicative 97%ID

OTUs, we first removed those that did not occur in at least 75%

of the mice harboring a given gut-selected microbiota type.

Sharing of OTUs was rare between the different selected xeno-

microbiota (mean Jaccard similarities ranged from 0.002 to

0.021); thus, it was not surprising that all of the 97%ID OTUs

that met this conservative 75% threshold were subsequently

identified as significant indicator taxa (see Table S6A for a com-

plete list of these OTUs). We then tracked these indicator taxa

derived from the mouse gut-selected soil, termite hindgut, and

zebrafish gut as they colonized cohoused cagemates.
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Within 1 day after initiation of cohousing in stage 3, the fecal

communities of all cagemates (the GF bystander, plus mice orig-

inally colonized with the three different xenomicrobiota) were

predominately composed of indicator OTUs belonging to Firmi-

cutes derived from the mouse originally harboring the selected

soil community and OTUs belonging to Firmicutes, Fusobacte-

ria, and Proteobacteria from the cagemate originally colonized

with the zebrafish community (Figures 5A and 5B). This pattern

was consistent across all three gnotobiotic isolators. The highly

successful zebrafish-derived Fusobacteria included members of

the genus Cetobacterium. To date only two cultured species

belonging to this genus, Cetobacterium ceti and Cetobacterium

somerae, have been reported; the latter was recovered from the

intestines of five freshwater fish species (Tsuchiya et al., 2008)

and human feces (Finegold et al., 2003; Foster et al., 1995). This

ecological invasionbyCetobacteriumOTUswas followedby their

marked reduction over the ensuing 7 days (Figure 5B). Termite

hindgut-indicative 97%ID OTUs, including the dominant organ-

ism in the selected community (OTU ID 561718, assigned to

Enterobacter hormaechei, Figure 5B), were initially detected in

the guts of all cagemates, including the GF bystander, only to

be largelyextirpatedat theendof7daysofcohousing (TableS6A).

A single soil-indicative 97%ID OTU (OTU ID 169077; assigned

to the phylum Firmicutes, family Lachnospiraceae, and genus

Ruminococcus in the Greengenes reference 16S rRNA taxon-

omy [release 12_10]) achieved a relative level of abundance of

56.7% ± 4.0% (mean ± SEM) in all cagemates cohoused for

21 days in stage 3, a level comparable to that observed in

mice harboring the selected soil xenomicrobiota in stages 1

and 2 (Figure 5B). Assembly of shotgun sequencing reads,

generated from fecal or cecal samples that contained this very

successful invasive opportunist, yielded a draft 7.2 Mbp genome

(N50 contig length = 63,018 bp) containing 6,154 predicted pro-

tein-coding genes (Table S7A; Figures S7A and S7B). A single

16S rRNA gene sequence in the assembled contigs had 99.5%

identity over 1,508 bp with an isolate of Robinsoniella (NCBI

accession ID AF445283.2) and >99% identity to OTU ID

169077. The family Lachnospiraceae includes Robinsoniella, a

genus with one previously described member that was recov-

ered from swine and human feces (Robinsoniella peoriensis;

Cotta et al., 2009; Gomez et al., 2011). Based on di-, tri-, and tet-

ranucleotide frequencies in contigs >9.9 kb, this opportunist

clusteredwithmembers of Lachnospiraceae and Clostridiaceae.

Therefore, we designated the prominent soil xenomicrobiota-

derived opportunist that came to dominate the guts of all co-

housed cagemates in stage 3 experiments as R. peoriensis.

The KO, EC, and CAZyme content of our assembled

R. peoriensis genome was compared to that of 150 sequenced

human gut bacterial symbionts, representing a range of phylo-

types (Table S7). The results revealed a notable enrichment for
Figure 4. UPLC-MS of Bile Acids

(A) Analysis of cecal samples collected at the end of stage 2 from mice harboring

CONV-D mice. *p < 0.05 compared to CONV-D animals, as measured by two-w

(B and C) Ileal (B) and cecal (C) bile acids from samples collected at the end of st

harboring a selected composite human fecal xenomicrobiota or a composite m

CONV-D). Mean values ± SEM are presented. *p < 0.05 compared to CONV-D a

See also Tables S5C and S5D.
CAZymes in the R. peoriensis opportunist, including 25 GH fam-

ilies predicted to breakdown host and plant-derived glycans (Z

score > 2). The most enriched GH families (Z score > 8) included

enzymes targeting host glycans (GH38 [a-mannosidase], GH98

[blood group A- and B-cleaving endo-b-1,4-galactosidases],

GH111 [keratan sulfate hydrolase], GH123 [glycosphingolipid

b-N-acetylgalactosaminidase], and GH125 [exo-a-1,6-mannosi-

dase]) and one targeting plant carbohydrates (GH127; b-L-arabi-

nofuranosidase) (Tables S7B and S7C). Moderately enriched

families (Z score > 2 and < 8) included five other families involved

in host glycan degradation (GH29 [a-L-fucosidase], GH33 [siali-

dase], GH95 [a-L-fucosidase], GH101 [endo-a-N-acetylgalacto-

saminidase], and GH112 [lacto-N-biose phosphorylase]) and

several that process pectins (GH78 [a-L-rhamnosidase] and

GH51 [a-xylosidase; a-L-arabinofuranosidase]) (Tables S7B

and S7C). These results provide further support for the notion

that realizing a niche within the distal guts of mice fed a LF-

HPP diet is facilitated by a capacity to produce a broad range

of CAZymes that target not only dietary but also host glycans.

Compared to the other 150 sequenced human gut bacterial

strains, this opportunist is also enriched in (1) 15 MEROPS pro-

tease families, including a peptidase (M23.005) predicted to be

a bacteriocin (zoocin A) involved in the breakdown of peptido-

glycan, and S41.UNA (which could protect it from antibacterial

peptides such as nisin; Table S7D), (2) a variety of ABC trans-

porters, including those predicted to use maltose, Mg2+, and

heme as substrates (Table S7E), and (3) genes that support spor-

ulation (a feature that could promote its survival outside the in-

testinal tract in soil; Table S7F). The assembled genome also

contained two genes (RHS_0676 and RHS_1908) encoding

protein products with significant similarity to nine predicted

bile salt hydrolyases from the class Clostridia (which contains

the genus Robinsoniella), and five genes (RHS_0652,

RHS_1165, RHS_1257, RHS_2187, and RHS_4042) encoding

proteins with significant homology to 18 Clostridial hydroxyste-

roid dehydrogenases (BLASTx, E-value % 10�50) (Table S7G).

This finding is consistent with the increased levels of fecal

secondary bile acids documented in cohoused mice compared

to mice colonized with just the zebrafish or termite hindgut

communities.

In stage 4 experiments (Figure 1A), a formerly GF bystander

mouse that had been exposed to three mice bearing the gut-

selected soil, termite, and zebrafish communities from stage 3

(‘‘composite xenomicrobiota’’ animal) was placed in a cage

together with a CONV-D animal containing a transplantedmouse

cecal gut microbiota. This cohousing scheme was replicated in

three cages, each in its own gnotobiotic isolator. ApplyingMicro-

bial SourceTracker and PCoA of UniFrac distances, we deter-

mined that there was rapid ecological invasion of the composite

gut xenomicrobiota by members of the CONV-D mouse’s gut
selected xenomicrobiota from zebrafish gut, termite hindgut, or soil, and from

ay ANOVA with Holm-�Sidák correction for multiple hypotheses.

age 5B from cohoused animals and from control noncohoused stage 5A mice

icrobiota from conventionally raised C57BL/6J and FVB/N mice (abbreviated

nimals (two-way ANOVA with Holm-�Sidák correction for multiple hypotheses).
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Figure 5. Analysis of Ecological Invasion in Stages 3 and 4 Cohousing Experiments

In stage 3 experiments, the GF mouse was cohoused with three mice transferred from stage 2: one with selected zebrafish gut xenomicrobiota, another with a

selected termite hindgut xenomicrobiota, and a third with a selected soil community. During the stage 4 experiments, an ex-GF mouse from stage 3 that had

acquired a composite xenomicrobiota was cohoused with a CONV-D mouse.

(A) The proportions of the different xenomicrobiota sources represented in the microbiota of the GF bystander over time defined using Microbial SourceTracker.

Mean values ± SD are presented.

(B) Indicator species analysis identified bacterial 97%IDOTUs representative of the selected soil, termite hindgut, zebrafish hindgut, andmouse cecal microbiota

at the end of stage 2. The heatmap shows the mean relative abundances of these OTUs in the fecal microbiota of each group of mice at each sampling time for

(legend continued on next page)

262 Cell 159, 253–266, October 9, 2014 ª2014 Elsevier Inc.



community (Table S6A); 10 days after initiation of cohousing,

bacteria from the native mouse cecal community comprised

>90% of the fecal microbiota of both cagemates across all three

cages (Figures 5A and 5B; also see Figure S6A, which shows that

the resulting communities cluster with those present in control

noncohoused CONV-D mice).

We subsequently examined the behaviors of previously iden-

tified indicator OTUs throughout the stage 4 cohousing experi-

ment. In mice harboring the composite xenomicrobiota, the

soil- and zebrafish-indicative 97%ID OTUs that dominated com-

munities in stages 2 and 3 experiments were largely replaced

over the course of 4 days by mouse-associated OTUs (Fig-

ure 5B). The most abundant indicative 97%ID OTU in the fecal

microbiota of the CONV-D cagemate prior to cohousing (OTU

ID 230759 assigned to the genusAllobaculum) was the dominant

invader of the composite xenomicrobiota. The R. peoriensis

OTU, which dominated the composite xenomicrobiota in stage

3, remained detectable in these animals for up to 21 days after

initiation of cohousing in the stage 4 experiments, but with a

mean relative abundance of less than 0.1%. During the first

7 days of cohousing, 16 OTUs from the composite xenomicro-

biota were able to invade the microbiota present in CONV-D

animals. However, ecological invasion was short-lived; neither

theRobinsoniellaOTUnor any of the other 15 taxawere detected

after 7 days (Figures 5B and S7C).

In a final transplantation experiment, one group of mice

received human fecal microbiota samples from individuals rep-

resenting three healthy adult human populations with distinct

cultural traditions living on three continents (metropolitan areas

of the United States, rural villages in southern Malawi, and the

Amazonas state in Venezuela [Yatsunenko et al., 2012]; see

stage 5A in Figure 1B and Table S1M). These animals were all co-

housed to generate a composite human microbiota (n = 3–4

mice/donor microbiota placed in a single large cage in a single

gnotobiotic isolator). The other group was colonized with micro-

biota harvested from conventionally raised C57Bl/6J or FVB/N

mice (2–4 mice/microbiota; all recipient mice placed in a single

large cage; Figure 1B) (Table S6B presents a list of 97%ID

OTUs identified as human-indicative or mouse-indicative in

these gut-selected communities). Fourteen days after receiving

their microbiota transplants, a subset of the stage 5A animals

were advanced to stage 5B. Stage 5B involved cohousing

groups of three mice, one with a composite human gut micro-

biota, another with a composite mouse gut microbiota and a

GF bystander, for 14 days (n = 3 cages of trio-housed animals;

Figure 1B). Mice from stage 5A that were not cohoused were

retained as controls. Microbial SourceTracker and indicator spe-

cies analysis allowed us to follow the fates of human- and

mouse-derived 97%ID OTUs during the course of stage 5B.

In the first days of cohousing in stage 5B, the fecal microbiota

of GF bystanders were dominated by human-derived OTUs (Fig-

ure 6A); themost prominent belonged to the Peptostreptococca-

ceae and Erysipelotrichaceae, with members of the Bacteroida-
Stages 2–4. Note that a parenthesis is placed around stage 3 in the column label

stage 2without subsequent cohousing during stage 3 (although sampled at the sa

cohousing experiments (see Figure 1A).

See also Figures S6 and S7 and Tables S6A and S7.
ceae and Lachnospiraceae families also well represented. By

day 4, mouse-indicative taxa had begun to displace these hu-

man-indicative OTUs from the guts of the formerly GF bystander.

This pattern of succession was characterized by the initial

appearance of (1) members of two families in the Firmicutes

(Lactobacillaceae [OTU 567604] and Erysipelotrichaceae [OTU

230759, the same Allobaculum OTU that became highly abun-

dant in the guts of all cagemates in the stage 4 cohousing

experiment]) and (2) a family in the Bacteroidetes (OTU

274749, assigned to family S24-7). These and other mouse-

indicative taxa established themselves and became the domi-

nant organisms (Figures 6A and 6D). Nonetheless, some

human-indicative OTUs remained detectable at low abundances

in these formerly GF cagemates even after 2 weeks of cohousing

(e.g., two members of Bacteroides, OTU 311074 and 176794). In

aggregate, these retained human indicator taxa represented

0.2% of the community at the end of the 14 day cohousing

(see Table S6B for a complete list).

In cagemates that had originally harbored a selected human

gut microbiota, the decay in relative abundances of human-

derived taxa and the pattern of colonization by mouse-indicative

OTUs mirrored the pattern observed in the GF bystanders (e.g.,

see OTU 230759 [genus Allobaculum] and OTU 274749 [family

S24-7 in Figure 6D and Table S6B]). A small number of human-

indicative taxa were also detectable in fecal samples harvested

during and at the conclusion of the cohousing period from cage-

mates with the established composite mouse community (Table

S6B); they comprised on average 0.5%of the fecal community of

these mice and included OTU 311074 (assigned to the Bacter-

oides), which was also incorporated into the microbiota of the

formerly GF cagemate.

These experiments paint a complex and unanticipated picture

of ecological succession. Although OTUs originating from the

mouse cecal microbiota came to dominate all cagemate gut

communities after 2 weeks of cohousing (Figures 6 and S6B),

the GF bystander allowed us to operationally define a group of

human gut-derived taxa that exhibited a greater ability to colo-

nize an unoccupiedmouse gut than didmicrobes normally found

in this habitat.

In mice, the primary bile acids are b-muricholic acid and cholic

acid, whereas in humans they are chenodeoxycholic acid and

cholic acid. Prior to their secretion into the biliary system, bile

acids are conjugated in hepatocytes with either taurine (predom-

inant in mice) or glycine (predominant in humans) to decrease

their passive absorption by intestinal enterocytes (Hofmann

et al., 2010; Vessey, 1978; He et al., 2003). UPLC-MS analysis

of ileal and cecal contents revealed that mice colonized with the

human fecal microbiota had different bile acid profiles than ani-

mals harboring the mouse microbiota. (1) The concentrations of

deconjugatedmuricholic acids,mostnotablya- andU-muricholic

acids, were significantly higher in the distal small intestines and

cecaof animalswith themousemicrobiota; (2) tauro-b-muricholic

acid was significantly increased in the distal small intestine of
ed mouse microbiota to denote that this group of animals was advanced from

me times as cohoused stage 3mice) andwas subsequently used for the stage 4
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Figure 6. Analysis of Ecological Invasion in Stage 5B Cohousing Experiments Involving Mice with Selected Composite Human Fecal

Microbiota, a Composite Mouse Cecal Microbiota, and GF Bystanders

(A–C) Microbial SourceTracker was used to estimate the proportions of human-derived and mouse-derived bacteria (mean values ± SD) in (A) the GF bystander,

(B) the mouse harboring a composite human fecal microbiota, and (C) the mouse harboring a composite mouse cecal community throughout the stage 5B

cohousing experiment.

(D) The heatmap presents the mean percent relative abundances of mouse indicative and human indicative 97%ID OTUs in fecal samples collected from

cagemates at the time points shown.

See also Figures S6 and S7 and Table S6.
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mice colonized with the composite human fecal microbiota; and

(3) levels of two secondary bile acids, isolithocholic acid and lith-

ocholic acid, were significantly higher in the distal small intestines

of animals with a composite mouse microbiota (Figures 4B and

4C; Tables S5C and S5D). At the conclusion of the stage 5B ex-

periments, the microbiota of cagemates that had originally

harbored a selected composite human fecal community con-

tained levels of these bile acids that were now no longer signifi-

cantly different from the composite mouse microbiota controls.

(The originally GF bystander mice in the trio cohousing also had

bile acid profiles indistinguishable from these controls.)

For further details, please refer to the Extended Results.

DISCUSSION

Our results indicate that the mouse intestinal tract, while highly

selective, is within the fundamental niches of bacterial phylo-

types derived from a wide variety of environments. Nonetheless,

cohousing gnotobiotic mice with various selected xenomicro-

biota together with CONV-D animals revealed thatmost bacterial

phylotypes, including those selected from a human gut micro-

biota, are not capable of realizing a niche in a gut harboring an

autochthonous microbiota.

Cohousing coprophagic gnotobiotic mice harboring different

microbial communities together with GF bystanders provides a

way to operationally define opportunists that can establish them-

selves in an uninhabited gut. It also provides a means for deter-

mining whether they can invade and persist within communities

composed of microbes derived from any number of different

sources. The success of these organisms can be correlated

with functional features of the community and host; these corre-

lations in turn generate hypotheses about previously unappreci-

ated or unanticipated features of gut ecosystem properties.

Our experiments illustrate how the pattern of ecological suc-

cession in the gut cannot be solely predicted based on the

habitat associations of organisms colonizing it. For example,

trio cohousing experiments involving gnotobiotic animals

harboring a mouse gut microbiota, a human gut microbiota,

and GF bystanders, revealed human gut-derived taxa that

colonized the GF bystanders before mouse-derived microbes

did. Our correlational analyses yielded candidate functions that

contribute to a taxon’s ability to occupy the mouse gut (e.g.,

the ability to metabolize various carbohydrate substrates and

host bile acids), at least in the context of the specific diet tested,

and set the stage for future direct experimental tests of hypoth-

eses generated from these cohousing experiments and similar

experiments exploring a range of diets, stressor conditions,

and genetic backgrounds. These tests may require development

of tools for culturing and genetically manipulating identified

prominent invaders and for more accurate modeling of microbial

niches and resource utilization.

In the present study, we demonstrate the utility of this

approach by using communities from vastly different environ-

ments. The approach can be generalized to address a variety

of questions relevant to microbiota-directed therapeutics. Iden-

tifying beneficial and deleterious organisms, and the mecha-

nisms that permit their successful colonization of the gut, will

inform strategies for intentionally introducing or eradicating
them. For example, cohousing experiments involving copropha-

gic, gnotobiotic mice that have received transplants of intact hu-

man fecal microbiota or sequenced collections of fecal bacteria

from individuals representing healthy physiologic states and

diseases of interest, represent the foundations of a preclinical

pipeline for defining which components of different human mi-

crobiota can be exchanged and impact host biology (Ridaura

et al., 2013; Faith et al., 2014). Creating such a pipeline for iden-

tifying next-generation probiotics is timely given the recent rapid

expansion of efforts to treat humans with diseases ranging from

Clostridium difficile colitis (Gough et al., 2011; Khoruts and

Sadowsky, 2011; Hamilton et al., 2012) to metabolic syndrome

(Vrieze et al., 2012) using fecal transplants, where uncertainties

exist about formulating optimal criteria for donor and recipient

selection, preparation, characterization, and administration of

the donor sample, long-term effects, and safety.

EXPERIMENTAL PROCEDURES

Animal Husbandry

All experiments involving animals were performed using protocols approved

by the Animal Studies Committee of Washington University. All human bio-

specimens were collected in accordance with procedures approved by the

Washington University Human Research Protection Office.

MaleC57Bl/6Jwild-type andRag1�/�mice (JacksonLaboratory) andFVB/N

Atbp4-tox176 transgenic mice (Syder et al., 1999) and their nontransgenic lit-

termates were derived as GF and maintained in flexible plastic film isolators

under a strict 12 hr light cycle (lights on at 0600). Unless indicated otherwise,

animalswere fed an autoclaveddiet, low in fat and rich in plant polysaccharides

(LF-HPP; B&K Universal) ad libitum. Mice received microbiota transplants at

8–12 weeks of age. Bedding was replaced in all experiments every 7 days.

Preparation of Xenomicrobiota for Transplantation

All microbiota samples were resuspended in filter-sterilized PBS (pH 7), sup-

plemented with 2 mM dithiothreitol (DTT) in a Coy chamber containing an at-

mosphere of 75% N2, 20% CO2, and 5% H2. Suspensions were transferred

to a Balch tube that was then sealed. After transportation to the gnotobiotic

mouse facility, the surface of the sealed Balch tube was sterilized by exposure

to chlorine dioxide in the transfer sleave attached to the gnotobiotic isolator.

Once imported into the isolator, a 200 ml aliquot of the suspension was

removed from the tube and gavaged into GF recipient mice.

See the Extended Experimental Procedures for details about the sources of

xenomicrobiota plus methods used for (1) isolation of DNA from input commu-

nities and from fecal and cecal samples collected from transplant recipients,

(2) multiplex pyrosequencing of amplicons generated from the V2 region of

bacterial 16S rRNA genes and multiplex shotgun pyrosequencing of commu-

nity DNA plus analyses of the resulting data sets, (3) targeted and nontargeted

GC-MS and UPLC-MS analyses of intestinal contents, and (4) functional

genomic studies of host responses to the different xenomicrobiota.

ACCESSION NUMBERS

Bacterial 16S rRNA pyrosequencing data sets have been deposited in EMBL

European Bioinformatics Institute (EBI) under the accession numbers

ERP005633, ERP005634, ERP005636, and ERP005637. Shotgun pyrose-

quencing data sets of community DNA are available in EBI under the accession

number ERP005635. GeneChip data have been deposited in Gene Expression

Omnibus (GSE57589).
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Extended Results, seven figures, and seven tables and can be found with

this article online at http://dx.doi.org/10.1016/j.cell.2014.09.008.
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