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Abstract

During the past decade, the atomic force microscope (AFM) has become a key technique in biochemistry and biophysics to
characterize supported lipid films, as testified by the continuous growth in the number of papers published in the field. The
unique capabilities of AFM are: (i) capacity to probe, in real time and in aqueous environment, the surface structure of lipid
films; (ii) ability to directly measure physical properties at high spatial resolution; (iii) possibility to modify the film structure
and biophysical processes in a controlled way. Such experiments, published up to June 2000, are the focus of the present
review. First, we provide a general introduction on the preparation and characterization of supported lipid films as well as on
the principles of AFM. The section ‘Structural properties’ focuses on the various applications of AFM for characterizing the
structure of supported lipid films: visualization of molecular structure, formation of structural defects, effect of external
agents, formation of supported films, organization of phase-separated films (coexistence region, mixed films) and, finally, the
use of supported lipid bilayers for anchoring biomolecules such as DNA, enzymes and crystalline protein arrays. The section
‘Physical properties’ introduces the principles of force measurements by AFM, interpretation of these measurements and
their recent application to supported lipid films and related structures. Finally, we highlight the major achievements brought
by the technique and some of the current limitations. © 2000 Elsevier Science B.V. All rights reserved.
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1. Introduction

During the past decades, lipid monolayers and bi-
layers supported on solid substrata have attracted
considerable interest, both from the fundamental
and applied points of view. These model structures
have been widely used to study the structure and
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properties of native biological membranes and to in-
vestigate biological processes such as molecular rec-
ognition, enzymatic catalysis, cell adhesion and
membrane fusion [1-4]. On the other hand, a variety
of applications relying on supported lipid films have
been developed, including the design of biosensors
[5,6], the biofunctionalization of inorganic solids
[3], the crystallization of proteins [7-10] and the im-
mobilization of DNA [11].

The Langmuir-Blodgett (LB) technique [12,13] is a
well-established method to prepare supported mono-
layers and bilayers. By compressing a monolayer of

0005-2736/00/8$ — see front matter © 2000 Elsevier Science B.V. All rights reserved.

PII: S0005-2736(00)00346-1



Y.F. Dufréne, G.U Leel Biochimica et Biophysica Acta 1509 (2000) 14-41 15

lipid molecules spread on the air—water interface us-
ing a moving barrier, the phase of the lipid can be
controlled. This monolayer may be transferred from
the air—water interface onto solid substrates using
either the LB [14] or Schaefer [15] transfer methods.
Alternative methods for preparing supported lipid
bilayers have been developed in recent years, includ-
ing the design of bilayer membranes resting on ultra-
thin, soft polymer cushions [3] and the fusion of
vesicles to hydrophilic supports [2,16-18], to sup-
ported lipid monolayers [19], or to alkanethiol-
coated surfaces [20-23]. The later system, also called
‘hybrid bilayer membrane’ offers unique advantages
over more conventional planar model membranes
(for a recent review, see [24]): alkanethiols can
form a complete hydrophobic layer at metal surfaces
and provide the driving force for the formation of a
complete bilayer; the strong association with the sur-
face is insensitive to changes in buffer, pH, ionic
strength or lipid composition; fabrication is easy
since it only relies on self-assembly processes; due
to their high mechanical stability, hybrid membranes
can be kept intact and studied for months; finally,
the use of a metal support allows the use of tech-
niques that could not be applied otherwise, such as
electrochemical techniques and surface plasmon res-
onance (SPR).

A number of techniques are available to character-
ize the structure, composition and properties of lipid
films. The molecular organization and domain mor-
phology in lipid monolayers at the air—water inter-
face have been studied by fluorescence microscopy
[25-27] and Brewster angle microscopy [28-30]. In-
sight into the fine structure and molecular order of
lipid films has been gained by using X-ray reflection
[31,32] and diffraction [26] methods and neutron re-
flectivity [22,33,34]. The lateral diffusion and lateral
organization in lipid layers have been investigated
with the fluorescence recovery after photobleaching
technique [15,35-38].

Transferring lipid films onto solid substrata offers
the possibility of applying a range of surface analyt-
ical techniques that could not be used to study real
biological membranes. SPR, quartz crystal microba-
lance (QCM), surface enhanced Raman spectroscopy
and reflection-absorption infrared spectroscopy allow
monitoring of the formation of lipid films and the
binding of biomolecules [6,21,22,24,39]. Ellipsometry
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Fig. 1. Principle of AFM.

is a convenient method for measuring the thickness
of lipid films [22,40]. X-ray photoelectron spectrom-
etry (XPS) can provide information not only on the
chemical composition of supported lipid films but
also on their molecular organization [41-44]. Time-
of-flight secondary ion mass spectrometry (TOF-
SIMS) allows detailed chemical analysis of lipid sys-
tems and visualization of micrometric domains
[42,45].

Despite this great variety of methods, little was
known until recently about the structure and proper-
ties of lipid films at the nanometer level, due to a
lack of high resolution surface imaging technique.
The emergence of atomic force microscopy (AFM)
([46]; Fig. 1) has opened up exciting new possibilities
in supported lipid film research. The unique advan-
tages of AFM over other techniques can be summa-
rized as follows: capacity to study, in real time and
in aqueous environment, the surface nanostructure of
lipid films and the conformational changes of indi-
vidual molecules; ability to directly measure physical
properties at high spatial resolution; possibility to
perturb film structure and biophysical processes in
a controlled way. These capabilities justify the con-
tinuous growth of AFM applications in lipid film
research, as is evident from the continuous increase
in the number of publications in this field (e.g. while
only 10 papers were published in 1994, there has
been more than 50 publications during the last

year).



16 Y.F. Dufréne, G.U Leel Biochimica et Biophysica Acta 1509 (2000) 14-41

Different AFM imaging modes have been devel-
oped (for detailed information on the principles
and different imaging modes of AFM, see [47-52]).
In contact mode, sample topography can be mea-
sured in two ways, i.e. the °‘constant-deflection’
mode in which feedback is used to maintain a con-
stant cantilever deflection and the ‘constant-height’
mode in which the cantilever deflection is recorded
while the probe is scanned over the substrate with
the feedback control loop disengaged. In tapping
mode AFM (TMAFM) or intermittent contact
mode, the probe is excited externally and the ampli-
tude and phase of the cantilever are monitored near
the resonance frequency of the cantilever. As sample
and probe come into contact, a force is applied to
the probe that results in a shift in the resonance
frequency of the cantilever and in the amplitude of
vibration at any frequency near resonance. This pro-
duces a sensitive feedback scheme and is well-suited
for imaging soft materials since probe-sample lateral
forces are greatly reduced.

In contact mode, lateral forces (friction) produce a
torque on the cantilever, which can be detected by
measuring the differential signal from the horizontal
segments of the photodetector. Lateral force micros-
copy (LFM), which measures variations of probe-
sample friction while imaging surface topography
[53], is a valuable tool for revealing chemical hetero-
geneities at the sample surface [54-56].

Force—distance curves allow one to measure local
physical properties and interaction forces. Two-di-
mensional force mapping can be performed by re-
cording multiple force-distance curve arrays in the
(x, y) plane. Force measurements provide direct in-
sight into physical properties such as surface forces
[57-59], binding forces between complementary bio-
molecules [60], stretching of individual molecules
[61,62] and sample mechanical properties [63].

Finally, a few imaging modes introduced more re-
cently enable us to probe the nanomechanical prop-
erties of biological samples. Force modulation mea-
sures the amplitude and phase shift of the cantilever
while the sample or the probe is vibrated, thereby
allowing spatial variations of viscoelasticity to be
probed [64]. Phase imaging, a variant of TMAFM,
is based on detecting the phase lag of the cantilever
oscillation relative to the signal sent to the piezo
driver of the cantilever. This mode offers exciting

possibilities for the elucidation of variations in ma-
terial properties such as adhesion, friction and vis-
coelasticity [65,66].

While the application of AFM in biological scien-
ces has been the subject of several extensive reviews
(see for instance [67—69]), reviews dealing specifically
with the characterization of the structure and phys-
ical properties of supported lipid films were lacking.
These measurements, published up to June 2000, are
the focus of the present review.

2. Structural properties

This section focuses on the different applications
of AFM for characterizing the structure of supported
lipid films. We first describe studies dealing with ho-
mogeneous systems, i.e. films made of single compo-
nents and which do not form a phase-separation:
visualization of the molecular structure, both for lip-
id bilayers under water and mono-/multilayers in air
(Section 2.1.1); formation of structural defects (Sec-
tion 2.1.2); effect of external agents (solvents, ions,
enzymes and antibiotics) on the film structure (Sec-
tion 2.1.3) and formation of supported films (Section
2.1.4).

We then focus on the organization (domain shape,
molecular orientation) of phase-separated films: sin-
gle component films prepared in the coexistence re-
gion (Section 2.2.1); films composed of mixtures of
different lipids (Section 2.2.2) and of mixtures of lip-
ids with other biomolecules such as glycolipids, lipo-
peptides and proteins (Section 2.2.3).

Finally, the use of supported lipid bilayers as a
support for anchoring biomolecules, i.e. individual
molecules (DNA, enzymes) (Section 2.3.1) and crys-
talline protein arrays (Section 2.3.2), is reviewed.

2.1. Homogeneous lipid films

2.1.1. Molecular structure

For the first time, the high resolution of AFM has
enabled direct visualization of the lipid headgroups
of supported lipid bilayers in aqueous solution. High
resolution images of dimyristoylphosphatidylethanol-
amine (DMPE) and dimyristoylphosphatidylglycerol
(DMPG) phospholipid monolayers on octadecyltri-
chlorosilane-coated mica were obtained in buffer so-
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lution [70,71]. Parallel ridges of 0.9 nm in spacing
and unit cells occupying 0.5 nm?> were visualized
for DMPE and DMPG, respectively, and attributed
to lipid headgroups. These molecular arrangements,
substantially different from that of mica, agreed with
3D crystal data available for the molecules. Zasad-
zinski et al. [72] imaged, under water, DMPE LB
bilayers deposited on mica. The dominant features
of the images were long, uniformly spaced rows
about 0.8 nm in spacing and modulations along the
rows with rounded bright spots every 0.5 nm. It was
possible to push through the bilayer to image the
mica lattice underneath by increasing the applied
force. The observed spots were therefore attributed
to the individual headgroups of the DMPE mole-
cules, in agreement with X-ray and electron diffrac-
tion measurements. AFM images of polymerized
LB bilayers of diynoylphosphatidylcholine (DAPC)
under water revealed rows of headgroups 1.1 nm
apart from each other [73]. The surface of hydrated
dipalmitoylphosphatidylethanolamine (DPPE) LB
bilayers showed parallel ridges with a period of 0.5
nm corresponding to rows of aligned headgroups
consistent with known crystallographic structure [74].

The molecular structure of various supported lipid
mono/multi-layers in air has also been resolved. Mo-
lecularly resolved images displaying the organization
of hydrocarbon chains were reported for dimyristoyl-
phosphatidylcholine (DMPC) [75] and DPPE [44] LB
trilayers. In a study of the mode of assembly of the
phospholipid cardiolipin on mica, Muscatello et al.
[76] measured lattice parameters with a resolution of
about 0.2 nm, in agreement with transmission elec-
tron diffraction data. AFM images of supported di-
palmitoylphosphatidylcholine (DPPC) bilayers [77]
and liposomes [78] in air showed molecularly re-
solved features with a periodicity close to that of
the crystalline headgroups.

For LB monolayers, the surface pressure at which
the films are transferred is a key factor influencing
the film organization. Zhai and Kleijn [79] demon-
strated that DPPC monolayers transferred at a pres-
sure corresponding to the liquid-condensed (LC)
phase showed a very regular and densely packed
structure, individual methyl ends of the phospholipid
chains being resolved; in contrast, monolayers ob-
tained at a surface pressure corresponding to the
LCl/liquid-expanded (LE) coexistence phase showed

less ordered regions while no regular structure was
found in the LE phase.

Another important issue associated with molecular
images of supported monolayers concerns the effect
of the underlying substratum on the film organiza-
tion. Chunbo et al. [80] found that the lattice struc-
ture of mica influenced the molecular arrangement of
DMPC LB monolayers while increasing the number
of deposited layers apparently eliminated this effect.

Besides lipid films, it is worth noting that a variety
of fatty acid monolayers and multilayers have been
imaged down to molecular resolution [81-85]; how-
ever, these studies are beyond the scope of this re-
view.

2.1.2. Structural defects; lipid film stability

Several factors have been shown to induce the for-
mation of defects in supported lipid layers and to
affect their stability, desorption associated with the
LB transfer being one of these. Using TMAFM in
water, Bassereau and Pincet [86] visualized subnano-
metric holes in LB bilayers made of a first monolayer
of DMPE and of an upper monolayer of dioleoyl-
phosphatidylcholine (DOPC), which were attributed
to the desorption of lipids of the first monolayer
during the transfer of the second layer. The authors
concluded that supported asymmetric bilayers are
rarely homogeneous, i.e. bare mica may be exposed
to the solution in very localized areas while some
lipids from the inner layer may be present in the
outer layer, a finding which may have major impli-
cations as regards interpretation of data obtained by
techniques that lack lateral resolution, such as the
surface forces apparatus.

The transfer pressure is another key factor that
controls defect formation. For hydrated DPPC LB
bilayers in the solid state, very few defects were
found at 45 mN/m [87], while the defect coverage
increased significantly at 25 mN/m. Branched (triple
and quadruple chain) phospholipid monolayers
transferred by the LB technique on various supports
revealed pinholes on a submicrometer scale, the frac-
tion of which could be reduced by increasing the film
surface pressure [88].

The nature of the lipids can also play a role in
determining the defect characteristics. Rinia et al.
[89] found that the shape of the defects in asymmet-
ric LB bilayers was influenced by the nature of the
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first leaflet: polygonal line-shaped defects were ob-
served with phosphatidylcholine (PC), whereas
mainly round defects were seen with phosphatidyl-
ethanolamine (PE). In most of the PC-containing
systems, the defects were surrounded by elevations
referred to as bilayer blistering and attributed to
phospholipid exchange between the two leaflets
around the defects.

Fang and Yang [90] demonstrated the crucial in-
fluence of temperature on the lipid-loss process for
supported DPPC bilayers prepared by vesicle fusion.
The creation and growth of bilayer defects was
observed as lipid molecules were lost from the bi-
layer. The rate of the lipid loss was very slow and
had an Arrhenius behavior. At temperatures above
45°C, interdigitated membrane domains were in-
duced and were mostly in contact with some bilayer
defects.

Physical treatments such as the exposure to ultra-
sound or to the air-water interface have been shown
to induce defect formation or film reorganization.
The effect of ultrasound on DPPC lipid bilayer struc-
ture was investigated with the aim of a better under-
standing of the issues associated with transdermal
drug delivery [91]. Bilayer defects, with average di-
ameters of tens to hundreds of nanometers, were
generated within less than 0.5 min as detected by
AFM, the number of defects growing with time.
The defect growth rate at the 168 kHz frequency
was about 3.5 times that at the 707 kHz frequency.
Vikholm et al. [92] reported holes of various sizes in
DMPC layers in air obtained by spreading from
vesicle suspensions onto supported arachidate multi-
layers. Transferring supported DPPE bilayers into
the air was shown to reorganize the upper layer to
form bilayer domains superimposed on top of the
homogeneous lower layer [44].

The possibility to apply local forces in a controlled
way with the AFM has been exploited to modify
lipid films and to gain insight into their stability.
Bilayers made of upper monolayers of distearoyl-
phosphatidylcholine (DSPC) or DPPE were stable
to continued rastering by the AFM probe; in con-
trast, upper layers of dilinoleoylphosphatidylethanol-
amine (DLPE) were much less stable, the stability
depending on the pH of the aqueous environment
[74]. The tangential stress exerted by the probe on
the deformable DLPE monolayers eventually pro-

duced a ripple pattern, described as a periodic buck-
ling known as Shallamach waves. Similar structures
were observed for dipentadecanoyl-glycero-phospha-
tidylcholine bilayers [93]. Repeated scanning in con-
tact mode shifted the random topology of the surface
of PC bilayers to a striped pattern [93].

Damages were created with an AFM probe in
DPPC and DPPE bilayers prepared either by deter-
gent dialysis or by the adsorption of vesicles [94].
Hollow cylinders of diacetylenic phospholipid bi-
layers deposited on graphite were structurally modi-
fied using AFM [95]. The bilayer was imaged, cut or
annealed based on the magnitude of the applied
force. Cuts were repaired by scanning with a con-
trolled force and driving lipids back into the cut; a
slow self-annealing of cuts was also reported. The
different layers of DPPC/DPPE trilayer systems in
air were removed by varying the force applied by
the probe [96].

Finally, different treatments have been shown to
prevent defect formation or film reorganization,
among which the incorporation of certain molecules
or UV-irradiation. The addition of cholesterol was
found to prevent hole formation and to generate sur-
face bumps attributed to partially fused liposomes
for membrane-mimetic lipid films prepared by fusion
of lipid vesicles on alkylsilane-coated glass [97,98].
The stability of these systems was compromised
when operating above the phase transition temper-
ature of the lipids as well as in the presence of albu-
min. Viitala and Peltonen [99] found that optimum
orientation and packing density of the DLPE mole-
cules in monolayers were achieved by adding uranyl
acetate to the subphase; however, the long-term
stability of these films proved to be poor, clear reor-
ganization and loss of a true monolayer structure
being evidenced by the AFM images. This instability
was inhibited for UV-irradiated films, indicating that
the UV-irradiation gave rise to a cross-linked struc-
ture.

2.1.3. Effect of external agents

The effect of external agents such as solvents, ions,
enzymes or antibiotics on the structure of supported
lipid films is another area where significant break-
through has been made owing to the advent of the
AFM. Mou et al. [18] demonstrated that acyl chain
interdigitation can be induced reversibly by alcohol
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Fig. 2. AFM topographic image showing the induction of acyl
chain interdigitation by ethanol (2.5% v/v) in supported DPPC
bilayers (courtesy of Professor Z. Shao, University of Virginia,
Charlottesville, VA, USA).

in supported DPPC bilayers (Fig. 2); interdigitation
was demonstrated at alcohol concentrations far be-
low previously described threshold values.

Under certain conditions, PC bilayers exhibit reg-
ular, large scale spatial modulation referred to as the
ripple phase [78,100-102]. Using AFM, sodium and
phosphate were shown to be necessary for the for-
mation of the ripple structure in asymmetric bilayers
composed of DPPC and 1-palmitoyl-2-oleoylphos-
phatidyglycerol (POPG), demonstrating a depend-
ency for specific ions for this phase ([101]; Fig. 3).
Along the same line, long-range ordered stripe do-
mains were found in DPPC monolayers prepared on
the subphase of lanthanide ion solutions [100].

The addition of Ca’" to mixed bilayers made of
negatively charged and neutral lipids induced phase-
separation [69], in agreement with data obtained with
other techniques. As detailed below (Section 2.2.2),
the presence or absence of Ca®* in the subphase was
found to have a dramatic effect on the organization
of phase-separated supported phospholipid bilayers
containing mixtures of DPPC and dioleoyl phospha-
tidylserine (DOPS) or DOPC [103].

A better understanding of lipase enzyme activity

on lipid film structure has been achieved. Turner et
al. [104] explored the activity of free phospholipase C
on a chemisorbed DMPC lipid film using a combi-
nation of AFM, XPS and SIMS. Nearly complete
removal of the phosphate from the lipid layer was
observed, indicating enzymatic activity of the phos-
pholipase. Grandbois et al. [105] reported direct
imaging of the degradation of supported DPPC bi-
layers by phospholipase A, with a lateral resolution
of less than 10 nm. They demonstrated that the en-
zyme hydrolyzes the bilayer only in regions where
defects are present and that it exhibits a preference
for particular molecular orientations of the lipids.
Well-defined channels with width comparable to the
diameter of a single phospholipase were observed,
supporting the idea that they result from the action
of single enzymes. The kinetics of the phospholipase
A, hydrolysis of bilayers may exhibit so-called
‘lag-burst’ behavior where the rate of hydrolysis
suddenly changes from a low activity regime to a
regime of rapid hydrolysis. Using in situ AFM,
Nielsen et al. [106] showed growing nanoscale in-
dentations in DPPC bilayers during the lag phase,
attributed to domains of hydrolysis products; the

: —
Fig. 3. Formation of the ripple structure in asymmetric bilayers
of DPPC/POPG, as visualized by AFM at room temperature
(courtesy of Professor Z. Shao, University of Virginia, Charlot-
tesville, VA, USA).
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rate of the rapid hydrolysis following the burst was
found to be proportional to the length of the bilayer
edge.

Various antibiotics were found to affect the struc-
ture of supported lipid films. The effect of filipin, an
antibiotic with antifungal activity, on the integrity of
DPPE bilayers was investigated, in the presence and
absence of cholesterol [107]. Filipin-induced lesions
were only found in membranes with cholesterol. In
close agreement with electron microscopy results, cir-
cular and doughnut-shaped protrusions were de-
tected in the membrane and attributed to filipin—cho-
lesterol complexes. Through in situ AFM and QCM
experiments, Ha et al. [108] obtained detailed infor-
mation about the interaction of indolicidin, a tride-
capeptide amide with antimicrobial activity, with
dipalmitoylphosphatidic acid (DPPA) lipid mem-
branes. The interaction occurred very rapidly with
numerous holes (30-100 nm) being observed. With
time, the disappearance of holes was noted and at-
tributed to the incorporation of indolicidin mole-
cules.

2.1.4. Formation of supported films

In recent years, the AFM has made it possible to
monitor the formation of supported lipid films in
situ, thus in a more direct way than using conven-
tional surface analytical techniques such as infrared
spectroscopy, X-ray or fluorescence microscopy. The
dynamic topography change of PC and PE liposomes
from a vesicle form to a flat bilayer through their
direct adhesion on a mica surface was recorded by
in situ AFM [109]. The liposomes adhered immedi-
ately on the mica surface and the spherical shape of
the vesicles ruptured spontaneously and deformed to
a flat supported film on the mica. In the PC liposome
system, contrary to the PE system, the second bilayer
was hardly formed. The formation rate of the PC
bilayer depended on the salt and vesicle concentra-
tions in the medium and increased with increasing
content of these materials. On the other hand, in
the PE liposome system, a vertical growth of lipid
molecules was recognized. The different behaviors
of PC and PE systems was interpreted by the exis-
tence of a hydration layer around the PC surface.
Reviakine and Brisson [110] studied the early stages
of growth of supported zwitterionic phospholipid bi-
layers by vesicle fusion on mica. Unilamellar vesicles

of various sizes, prepared by sonication or extrusion,
were found to adsorb to mica. Unruptured vesicles
forming supported vesicular layers, as well as disks,
formed as a result of vesicle rupture, could be visu-
alized. The behavior of the supported vesicular layers
was found to depend on the vesicle size, the lipid
concentration and the presence or absence of Ca’*.
The effect of Ca?* on the formation of phospholipid
bilayers by vesicle fusion on mica was also studied by
Kolb et al. [111]: in the absence of Ca’*, vesicles
adsorbed but did not fuse, while addition of Cat
induced the fusion process.

Tang et al. [112] investigated the formation of a
model membrane bilayer structure consisting of a
DMPC monolayer on an inner layer of a self-as-
sembled monolayer (SAM) of octadecyltrichloroor-
ganosilane (OTS) on mica. LFM and AFM images
of OTS-coated mica immersed in DMPC solutions
for varying exposure times showed that before form-
ing a complete monolayer the molecules aggregated
into dense islands (about 2.4 nm high) on the sur-
face. The islands had a compact and rounded mor-
phology. The rate constant of DMPC growth was
calculated to be about 20 s~! M1,

Carlson et al. [113] demonstrated that the AFM
can be used to initiate bilayer fusion of high density
lipoproteins (HDLs), which are responsible for the
transport of cholesterol, in a controlled manner, al-
lowing the fabrication of stabilized, nanometer scale,
phospholipid bilayer domains. AFM imaging in fluid
of DPPC/cholesterol liposomes decorated with small
amounts of human IgG showed balloon-like struc-
tures with apparent diameters of 200-300 nm, in
agreement with the mean size of liposomes deduced
from previous dynamic light-scattering experiments
[114].

With the aim of investigating the specific adhesion
of unilamellar vesicles on functionalized surfaces
mediated by molecular recognition, AFM and
QCM were used to study adhesion of liposomes con-
sisting of 1,2-dipalmitoyl-sn-glycero-3-phosphocho-
line and varying concentrations of N-((6-biotinoyl)-
amino)hexanoyl)-1,2-dihexadecanoyl-sn-glycero-3-
phosphoethanolamine (biotin-X-DHPE) [115]. With
increasing biotin concentration, the height of the
liposomes decreased considerably up to the point
where vesicle rupture occurred. The firm attachment
of the spread bilayers was proposed to explain un-
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expected high frequency shifts of the quartz crystal
(>500 Hz).

2.2. Phase-separated films

Membrane constituents, phospholipids, glycolipids
and (glyco)proteins, are known to be organized in
lateral domains in biomembranes [116-120]. This
organization is thought to reflect the functional spe-
cialization of different regions of the membrane and
to play an important role in membrane interaction
processes. Hence, understanding the lateral interac-
tions of lipids and proteins within mono- and bi-
layers is a key issue in membrane biophysics. In ad-
dition, heterogeneous lipid films can be used to
design surfaces patterned with well-defined function-
alities, which has a great potential in nanotechnology
and biosensor technology. AFM has emerged as a
key technique to investigate the lateral organization
of phase-separated lipid films on the nanometer
scale, i.e. beyond the resolution limit typically
achieved at the air—water interface with fluorescence
and Brewster-angle microscopy. This important topic
is reviewed in the following paragraphs as follows:
single component films prepared in the coexistence
region (Section 2.2.1); films composed of mixtures
of different lipids (Section 2.2.2) and of mixtures of
lipids with other biomolecules such as glycolipids,
lipopeptides and proteins (Section 2.2.3).

2.2.1. Pure lipid monolayers in the phase coexistence
region

Several groups have observed the nanomorphol-
ogy of single component lipid monolayers prepared
in the region of coexisting phases. Yang et al. [121]
showed that the domain structure in supported
DPPC monolayers is influenced by the transfer pres-
sure: at low pressure, small circular domains (50 nm
in diameter) were observed while increasing the pres-
sure caused an increase of domain size. In the LE/LC
phase coexistence region, large (20 um in diameter)
domains with complex shapes were observed; high
rates produced complex domain patterns with bro-
ken edges. The same team found that, in the phase
coexistence region, DPPC monolayers can form two-
dimensional chiral morphologies, most with two-,
three-, four- or six-fold rotation symmetry; this
was directly related to the enantiomorphic configu-

ration of the lipids composing the monolayer coex-
istence region [122].

AFM topographic and friction images of thiolipid
monolayers deposited on gold (chemisorption) and
on mica (physisorption) in the region of coexisting
phases revealed solid domains surrounded by a fluid
phase [123]; differences in the structure and stability
of the films were attributed to the different substrate/
film interactions.

Masai et al. [124] used topographic and friction
imaging for visualizing phase-separated structures at-
tributed to the coexistence of LE and LC domains in
single component PE, PC and synthetic lipids films
adsorbed on carbon-coated silicon.

The influence of relative humidity (RH) on the
structure of phase-separated DPPC monolayers in
the region of coexisting phases was studied with
TMAFM [125]. As the RH was increased above
65%, the small LE and LC domains became mobile
on the surface and aggregated to form larger do-
mains of like phase.

Exciting prospects for investigating lipid domain
structures are now offered by near-field scanning op-
tical microscopy (NSOM), a recent scanning probe
microscopy combining the fluorescence contrast of
conventional optics with the spatial resolution of a
few tens of nanometers [5,126,127]. Horiuchi et al.
[128] demonstrated that the topographic, friction,
fluorescence and surface potential distributions of
phase-separated fluorescently labelled phospholipid
monolayers in the region of LE and LC coexisting
phases can be simultaneously observed using a com-
bined NSOM-AFM. Shiku and Dunn [129] pre-
sented high resolution NSOM fluorescence images
of DPPC LB monolayers doped with a fluorescent
dye showing distinct stripe patterns of coexisting
phases. Fluorescence images of DPPC monolayers
were also recorded at the air—sucrose solution inter-
face using tapping mode force feedback [130].

2.2.2. Films made of lipid mixtures

AFM has shown to be a powerful tool for reveal-
ing nanoscale phase-separation in supported films
made of lipid mixtures. A number of reports have
focused on phase-separated supported monolayers
in air. Phase-separation was revealed in LB mono-
layers made of mixtures of lipids found in the stra-
tum corneum, i.e. ceramides, cholesterol and free
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fatty acids [131]. LB monolayers of DPPE and dio-
leoylphosphatidylethanolamine (DOPE) mixed in
various proportions showed two coexisting phases
due to immiscibility of the two lipids [132]. Lateral
force images showed more friction on the liquid-like
DOPE than on the solid-like DPPE, which was re-
lated to differences in lipid molecular packing. Both
the molar fraction and the surface pressure played an
important role in determining the shape and size of
the domains.

Along the same line, AFM topographic and fric-
tion imaging of mixed monolayers made of distearo-
yl-phosphatidylethanolamine (DSPE) and DOPE
showed phase-separation in the form of circular
DSPE domains embedded in a DOPE matrix
([133]; Fig. 4). The step height measured between
the higher DSPE phase and the lower DOPE phase

o

Fig. 4. Topographic (A, C) and friction (B, D) images (15X 15 um) of monolayers in air (A, B) and bilayers under water (C, D)
made of a mixture of saturated DSPE and unsaturated DOPE.

(~1.3 nm) was larger than expected due to a differ-
ence in the film mechanical properties. This was di-
rectly supported by the observation of inverted topo-
graphic and friction contrasts.

DeWolf et al. [134] investigated mixed monolayers
of DSPC and phosphatidylinositol (PI), a component
of lipid membranes which plays a major role in cel-
lular functions. The films showed phase-separation as
revealed by Brewster angle microscopy and AFM.
DSPC formed a condensed monolayer with a cen-
tered rectangular structure and tilt towards nearest
neighbors while PI formed a fluid monolayer with no
lateral structure at all pressures investigated.

Phase-separation has also been demonstrated for
various types of mixed lipid bilayer systems under
water. In an early work, Weisenhorn et al. [135] re-
corded AFM images of hydrated bilayers made of a
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mixed (19:1) upper layer of DMPE and biotinylated
DPPE on DPPE-coated mica revealing the coexis-
tence of fluid and crystalline domains.

Dufréne et al. [133] observed phase-separation for
mixed DSPE/DOPE bilayers under water. Compared
to monolayers in air, the shape of the DSPE domains
was more complex (Fig. 4). Furthermore, interpreta-
tion of the topographic contrast was difficult due to
the influence of both mechanical properties and
short-range repulsive surface forces (see Section 3).

The presence or absence of Ca’* in the subphase
was found to have a dramatic effect on the organi-
zation of phase-separated supported phospholipid bi-
layers containing mixtures of phospholipids in gel
(DPPC) and fluid (DOPS or DOPC) states [103]. In
the absence of Ca’", large, well-defined DPPC do-
mains were found in both the DPPC/DOPC and
DPPC/DOPS mixtures, while in its presence small,
isolated DPPC domains were found in the DPPC/
DOPS mixture. Ca’>* had no effect on the organiza-
tion of DPPC in DPPC/DOPC mixtures, and its ef-
fect was abolished by adding DOPC to DPPC/DOPS
mixtures.

AFM was used in combination with coherent scat-
tering of evanescent neutrons to probe the geometry
of domains in phospholipid bilayers of binary mix-
tures of synthetic lecithins (DMPC, DPPC, DSPC
and DAPC) [136]. Grazing incidence diffraction of
neutrons provided gel domain sizes of less than 10
nm in both the gel and the coexistence phase of the
mixture, while no domains were detected for the fluid
phase. The gel phase observed by AFM showed a
rather irregular domain shape with an average size
of 10 nm, thus confirming the neutron results.

Valdre et al. [137] demonstrated the coexistence of
nanoscopic domains in membranes prepared from
liposomes made of a mixture of PLPC (1-palmito-
yl-2-linoleoyl-3-phosphatidylcholine) and different
amounts of cardiolipin (tetra-acyl-diphosphatidyl-
glycerol). They also found that the process of con-
trolled lipid peroxidation deletes the lateral phase-
separations. These results were taken as experimental
evidence for the hydrophobic mismatch theory of
lateral phase-separation phenomena occurring when
the two lipid species have acyl chains differing in
their length/number.

Hollars and Dunn [138] showed that bilayers of
fluorescently doped DPPC formed by a combination

of LB dipping and Langmuir-Schaefer monolayer
transfer exhibit complex surface topographies that
reflected a convolution of the phase structures
present in each of the individual monolayers.
Czajkowsky et al. [139] used TMAFM in the phase
shift mode to directly visualize phase-separated lipid
bilayers with different surface charge characteristics.
A clear correlation was obtained between the direc-
tion of the phase shift and the sign of the specimen
surface charge. A simple theory was presented, qual-
itatively consistent with experimental observations.

2.2.3. Films made of mixtures of lipids with other
biomolecules

Besides mixed lipid films, significant research effort
has been put into the study of films composed of
mixtures of lipids with other biomolecules such as
glycolipids, (lipo)peptides, proteins and cholesterol,
with the aim of gaining insight into the miscibility,
domain shape and molecular orientation of these
compounds. A few investigators have paid attention
to lipid/glycolipid mixtures. The distribution of the
charged glycolipid ganglioside Gy in phase-sepa-
rated DOPC/DPPC monolayers transferred on mica
was examined by AFM [140]. For concentrations
below 1 mol%, Gy distributed exclusively in the
LC DPPC phase where it formed nanometer scale
patches of round and filamentous shapes both at
the boundary and toward the middle of DPPC mac-
rodomains. Raising the concentration increased the
number of patches and created fence-like structures
at the DOPC/DPPC boundary, while Gy clusters
apparently emerged from the LE DOPC phase.
Phase-separation was also observed in hydrated bi-
layers made of a mixture of DOPE and digalactosyl-
diglyceride (DGDG), a common neutral glycolipid of
plant membranes [40].

Several groups have studied mixtures of small (li-
po)peptides and phospholipids in supported thin
films. Egger et al. [70] reported high resolution im-
ages of planar lipid-protein model membranes con-
taining synthetic hybrid molecules consisting of a
Fab’ fragment of a monoclonal antibody linked to
a phospholipid. LB monolayers composed of a mix-
ture of DPPC and peptide bond bridged phenylala-
nine—tetraphenylporphyrin were investigated under
different surface pressures [141,142]. Phase-separa-
tion was noted at pressures higher than 12 mN/m;
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Fig. 5. Topographic (A, C) and friction (B, D) images of mixed (25:75) surfactin/DPPC monolayers in air prepared on a water sub-

phase at pH 2 (A, B; 2X2 um) and pH 8 (C, D; 5X5 um).

however, a further increase of surface pressure lead
to the squeezing out of DPPC domains from the
monolayer.

Vikholm and Peltonen [143] observed mixed
DMPC/DMPE monolayers into which a lipid-tagged
genetically fragmented antibody was incorporated.
These were found to be segregated into protein-rich
domains with a mean diameter of about 12 nm.

Dori et al. [144] reported a new method of creating
supported bioactive bilayer membranes of either a
pure poly(ethylene glycol) (PEG) lipid or 50 mol%
binary mixtures of a PEG lipid and a novel collagen-
like peptide amphiphile on a hydrophobic surface.
The topography of the different systems was ana-
lyzed by AFM, most images showing defects with
approximately the same coverage. Cell adhesion
and spreading assays showed that selective masking

of a ligand on a surface is one method of controlling
the surface bioactivity.

The aggregation state of gramicidin A, a small
channel-forming peptide, in supported PC bilayers
was probed in aqueous solution [145]. Gramicidin
molecules were found to aggregate into domains
composed of small clusters with lipids. The domain
size increased with increasing gramicidin concentra-
tion. Under certain conditions, multiple lamellar
structures showing a ripple-like surface were formed.

To better understand the mechanism involved in
the membrane uptake of a vector peptide, the inter-
actions between DOPC and a primary amphipathic
peptide were studied with complementary methods
[146]. AFM observations of mixed monolayers in
air confirmed the existence of phase-separation and
further revealed that mixed lipid—peptide particles
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are formed, the size and shape of which depend on
the peptide molar fraction. Fourier transform infra-
red spectra obtained on transferred monolayers indi-
cated that the peptide adopts a B-like structure for
high peptide molar fractions. In a recent extension of
this work [147], where the nature of the phospholipid
polar headgroups and alkyl chains was varied, AFM
observations showed that the presence of small
amounts of peptide led to the appearance of bowl-
like particles and that an increase in the peptide
amounts generated the formation of filaments. In
the case of dioleoylphosphatidylglycerol (DOPG), fil-
aments were found at higher peptide molar fractions
than already observed for DOPC because of the
presence of negatively charged lipid headgroups.
Surfactin is a surface-active bacterial lipopeptide
which is known to have important biological proper-
ties, the latter depending on the interaction with lipid
membranes. To gain a molecular understanding of
this interaction, the nanoscale organization of mixed
monolayers of surfactin-C;5 and DPPC was investi-
gated by AFM and XPS ([41]; Fig. 5). Topographic
images of monolayers prepared on a water subphase
at pH 2 revealed phase-separation for surfactin mo-
lar ratios of 0.1, 0.25 and 0.5, in the form of com-
plex, elongated domains. The step height measured
between the surfactin and the DPPC domains was
surprisingly high (~ 1.2 nm) and a significant con-
trast in friction was observed. This was attributed to
a difference in molecular orientation: while DPPC
had a vertical orientation, the large peptide ring of
surfactin was lying on the mica surface. Monolayers
prepared at pH 8 showed well-defined, round-shaped
domains, which were in contrast with the complex
shapes observed at pH 2 (Fig. 5); furthermore, the
step height measured between the surfactin and the
DPPC domains was significantly lower (~0.8 nm)
which could be due to a difference in the molecular
orientation of the surfactin alkyl chains. Surface
analysis by XPS brought complementary, quantita-
tive information on the spatial organization of the
monolayers. Apparent N/C atom concentration ra-
tios were calculated, considering a simple geometric
model in which DPPC molecules assume a vertical
orientation with the polar head groups in contact
with mica while the surfactin peptide rings are lying
horizontally. Excellent agreement was found between
theoretical and experimental N/C values for various

surfactin molar ratios, which directly supported in-
terpretation of the AFM images.

Mixed lipid films containing proteins have also
received considerable interest. Mixed monolayers of
nicotinic acetylcholine receptor (nAChR) and lipids
transferred onto silicon substrates showed the pres-
ence of protein aggregates and regular structure in
the lipid layer, the sizes of the observed features
being consistent with the molecular dimensions of
the lipids and nAChR [148].

AFM was used to study the morphology of a pul-
monary surfactant model system made of DPPC,
dipalmitoylphosphatidylglycerol (DPPG) and re-
combinant surfactant-associated protein C (SP-C)
LB films [149,150]. Phase-separation was demon-
strated, in air, in agreement with earlier investiga-
tions by fluorescence light microscopy. Smooth po-
lygonal patches of mostly lipid were surrounded by a
corrugated rim rich in SP-C. When the films were
compressed beyond the equilibrium surface pressure,
the protein-rich phase mediated the formation of lay-
ered protrusions. The role of SP-C on the structure
and dilatational rheological properties of model
monolayers of pulmonary surfactant was investi-
gated by Panaiotov et al. [151], using a combination
of AFM and rheology measurements. The non-equi-
librium effects due to the reorganization of the clus-
ter lipid monolayers increased with increasing pro-
tein content. The results confirmed the idea that
the hydrophobic pulmonary proteins help to disrupt
the bilayers. In another investigation, the structure of
pulmonary surfactant films was shown to be hetero-
geneous, the addition of surfactant proteins inducing
web-like protrusions [152].

Kernen et al. [153] imaged monomolecular layers
of the largest light-harvesting pigment—protein com-
plex of photosystem II (LHC II), either pure or
mixed with lecithin, and revealed ring-like structures
suggesting that the protein has a strong tendency to
form aggregated structures.

Lin et al. [154] examined the activity of amyloid 3
protein  APP; 4 reconstituted in phospholipid
vesicles. A combined light fluorescence and atomic
force microscope was used to image the structure
of reconstituted vesicles and “Ca’" uptake was
used as an assay for calcium permeability across
the vesicular membrane. The results provided evi-
dence that ABP;_4 forms calcium-permeable chan-
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nels and thus may induce cellular toxicity in Alz-
heimer’s disease.

Finally, Ekelund et al. [155] recently studied lipid
mixtures containing cholesterol. Using AFM, they
found very small rectangular domains in binary
monolayers of synthetic ceramides and cholesterol.
When the cholesterol content increased, the domains
were bigger although the rectangular shape was re-
tained. The almost perfect shape of the domains in-
dicated two-dimensional single ceramide crystals.

2.3. Supported lipid bilayers as a support for
anchoring biomolecules

High resolution imaging of biomacromolecular
systems by AFM can only be achieved if they are
stably attached to a flat supporting surface [156].
Lipid bilayers supported on flat substrata have
proved to be a valuable preparation method in the
immobilization of biomolecules (Section 2.3.1) and in
the recrystallization of protein arrays (Section 2.3.2)
for AFM characterization, thereby providing new in-
sight into structure—function relationships for such
biomolecules.

2.3.1. Membrane-bound biomolecules

Weisenhorn et al. [71] reported the use of posi-
tively charged lipid bilayers as a substratum to an-
chor single stranded DNA for high resolution AFM
imaging. Using a similar approach, Mou et al. [11]
showed that the strong electrostatic interactions be-
tween DNA and cationic lipid bilayers resulted in a
very stable specimen, enabling direct visualization of
the pitch and the right-handed double helix.

Fang and Yang [157] observed that the fluidity of
supported cationic lipid membranes promotes the
close packing of condensed DNA molecules, inde-
pendent of the length and shape of the DNA mole-
cule. The 2D condensation required the presence of
free DNA molecules in the solution for a period of
about 12 h, in which the ratio of adsorbed DNA to
the free DNA is about 5% or less. For condensed
DNA, the interhelical distance increased with in-
creasing Na™ concentration. Malghani and Yang
[158] found that the height of membrane-bound
DNA was the same as the diameter of DNA, indicat-
ing no compression by the tip at a probe force of
about 0.1 nN; they calculated that the binding

strength of DNA molecules to DPPC lipid bilayers
should be larger than 2 kT per helical turn.

Polymerized monolayers of diacetylene lipids car-
rying a metal-chelating headgroup were shown to be
a powerful method for the reversible binding of his-
tidine-tagged heat shock factor protein/DNA com-
plexes, as demonstrated by AFM [159].

Clausen-Schaumann and Gaub [160] investigated
DNA adsorption to laterally structured charged lipid
bilayer patches prepared from vesicle suspensions.
DNA adsorption was found to depend on the surface
charge density and on the size of the cationic lipid
bilayers areas. While on purely cationic lipid bilayers
larger than 20 nm a densely packed layer of DNA
could be observed, as expected, no DNA could be
detected on molecular co-crystals of cationic and
anionic lipids where the diameter of the cationic lipid
headgroups is only about 0.7 nm. On a 1:1 binary
mixture of cationic and neutral lipids, on the other
hand, the spacing between adjacent DNA strands
was found to double, compared to the purely cation-
ic lipid membranes.

Enzymes embedded in lipid layers have been im-
aged by AFM, providing valuable information both
for technical applications (e.g. the design of biosen-
sors) and for fundamental biomembrane studies. Ka-
sas et al. [161] characterized, under aqueous condi-
tions, the size, form and stability of the plasma
membrane Ca’>t ATPase, an ATP-driven Ca’" spe-
cific pump, reconstituted in asolectin phospholipid
liposomes. Using TMAFM in air, Takeyasu et al.
[162] analyzed the structure of individual Escherichia
coli FoF{-ATPase and its Fy sector reconstituted in
lipid membranes after staining with uranyl acetate.
Singh et al. [163] reported images showing that the
native E. coli ATP synthase Fy complex is made of a
ring structure surrounding a central dimple. Chloro-
plast CFoF; ATP synthases reconstituted into lipo-
somes were adsorbed onto mica and imaged in con-
tact mode under physiological conditions [164]. The
upper CF; part of the enzymes could be removed
either by application of a chemical denaturant or
by mechanical stripping with the AFM tip. Ring-
like structures were observed after mechanical strip-
ping and tentatively attributed to the intrinsic mem-
brane domain CF, or the oligomer of its subunit III.

TMAFM images of cytochrome ¢ oxidase, the ter-
minal enzyme in oxidative phosphorylation, immobi-
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lized within an electrode-supported lipid bilayer
membrane revealed that the oxidase is present as
monomers and small aggregates within the supported
membrane and that the enzyme constitutes 20% of
the lipid bilayer membrane [165]. The structural
properties of cytochrome ¢ LB films were studied
on graphite electrode with TMAFM in air [166]. Cy-
tochrome ¢ formed ordered monolayers in which the
individual proteins packed into a quasi-hexagonal
structure. Cytochrome ¢ adsorbed spontaneously on
cardiolipin monolayers, the adsorbed protein pre-
serving the electron-transfer reaction as probed by
cyclic voltammetry. In contrast, no adsorption was
observed on PC monolayers. TMAFM in air was
applied to study the molecular organization and ag-
gregation states of the hemeprotein cytochrome
P450scc, either in pure cytochrome films or in mixed
cytochrome/PC films [167]. The topology of the pro-
teins was drastically dependent on surface pressure.
The protein appeared to play a role as self-organiza-
tion centers by adsorbing and orienting the lipid mol-
ecules.

Nanobilayers consisting of approximately 10 nm-
diameter circular phospholipid domains stabilized by
apolipoprotein Al were used to trap hepatic micro-
somal NADPH-cytochrome P450 reductase for sub-
sequent AFM imaging [168]. The P450-reductase in
the oriented monolayer retained its catalytic activity
and isolated single-membrane proteins could be sta-
bly imaged over time.

Lipid monolayers deposited onto silicon wafers
were fused with liposomes containing acetylcholines-
terase and imaged by AFM [39]. The activity of the
protein on the solid substrate was verified up to 28
days with a half-life of about 7 days while AFM
imaging showed that the topography of the surface
did not change significantly during this period.

The structure and function of 20 S proteasome, a
macromolecular protease complex, was studied by
AFM and SPR [169]. Immobilization to chelator lip-
id membranes was achieved thanks to engineered
histidine tags introduced at defined positions. The
overall structure of the proteasome and the organi-
zation of individual subunits was resolved under na-
tive conditions without fixation or crosslinking. In
addition, the substrate—proteasome interaction was
monitored in real-time by SPR: the association and
dissociation kinetics of the substrate—proteasome

complex were analyzed during proteolysis of the
polypeptide chain.

Finally, the specific binding of single viruses or
proteins to supported lipid bilayers has been re-
ported. Towards the goal of developing biosensors
for the detection of viruses, phospholipid bilayers
were constructed with 10 mol% of the ganglioside
Gpi. in the outer monolayer [5]. Specific binding of
influenza viruses to Gpy, receptors was monitored by
AFM and total internal reflection fluorescence. Kolb
and Schauer [111] observed, in situ, the binding of
anti-TexasRed rabbit IgG antibodies onto mixed lip-
id bilayers made of phospholipids and TexasRed-
sulfonyl-dihexadecanoyl-glycero-phosphoethanol-
amine.

2.3.2. Crystalline protein arrays

A number of proteins have the ability to form 2D
crystalline arrays at lipid surfaces. Electron crystal-
lography has shown to be a powerful approach for
determining the structure of these proteins at a near-
atomic resolution [8]. The AFM provides comple-
mentary information on the molecular structure of
protein 2D crystals and makes it possible to monitor
conformational changes in real time.

Bacterial cell surface layers (S-layers) are 2D crys-
talline arrays of (glyco)proteins which can exhibit
oblique, square or hexagonal lattice symmetry with
spacings of the morphological units in the range 3-30
nm (for reviews, see [170,171]). Isolated S-layer sub-
units have been reassembled at the surface of phos-
pholipid films [9,172], in an orientation which mimics
the surface of the living organisms. S-layers of Ba-
cillus coagulans E38-66 and Bacillus sphaericus
CCM2177 recrystallized on supported DPPE,
DMPC and DPPC films have been imaged by
AFM in buffer solution [36,172]; they showed obli-
que and square lattices, respectively, with lattice pa-
rameters in agreement with transmission electron mi-
croscopy data.

Several proteins crystallize on planar lipid layers
through specific interactions, including streptavidin,
cholera toxin and annexin V, which bind to nega-
tively charged lipids, biotinylated lipids and ganglio-
sides, respectively (for a recent review, see [8]). Using
AFM in real time, the binding of streptavidin pro-
teins to biotinylated lipid bilayers made of mixed
DMPE/biotinylated DPPE (19:1) on DPPE-coated
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mica was visualized and it was found that streptav-
idin bound almost exclusively to the biotin in the
fluid domains [135,173]. Molecular resolution images
of 2D streptavidin crystals transferred on DPPE-
coated mica were also reported. Streptavidin crystals
grown on biotinylated lipid monolayers at an air/
water interface and transferred onto highly oriented
pyrolytic graphite could be imaged in buffer solution
to a resolution below 1 nm [174].

Yang et al. [73] immobilized crystals of cholera
toxin onto cross-linked phospholipid bilayers con-
taining 20 mol% of the glycolipid ganglioside Gy;.
This procedure allowed the protein to be imaged in
aqueous solution at a resolution of 1-2 nm. Later,
the same resolution was achieved using a similar ap-
proach but without the need for chemical cross-link-
ing [87].

Annexin V specifically binds to negatively charged
lipids such as phosphatidylserine (PS) in a Ca>*-de-
pendent manner. The formation of 2D crystals of
annexin V onto lipid bilayers was followed in real
time by AFM in aqueous environment ([175]; Fig.
6). When the protein was added to PS-containing
phospholipid bilayers, circular crystalline domains
of micrometer size were formed within 10 min. The
submolecular organization of the crystals was char-
acterized at a resolution of ~2 nm. Annexin V
trimers were arranged with p6 symmetry, while a
seventh trimer was located in a noncrystallographic
manner at the six-fold symmetry center. In addition,

Fig. 6. AFM investigation of the formation of 2D crystals of
annexin V onto a PS-containing phospholipid bilayer in aque-
ous environment. Area size: 200X 118 nm. The white box sur-

rounds six trimers (labeled with dots) located at the vertices of
a hexagon (courtesy of Professor A. Brisson, University of Gro-
ningen, Groningen, The Netherlands).

several types of defects, hitherto not observed in pro-
tein crystals, were resolved.

VacA, a unique protein toxin secreted by the hu-
man pathogen Helicobacter pylori, was shown to
form 2D crystals on planar phospholipid bilayers;
hexameric anion selective channels were evidenced
using electrophysiological and AFM measurements
[176,177].

Fang et al. [178] used AFM to probe the oligo-
meric state of a genetically engineered mutant of
staphylococcal a-hemolysin (oo HL-HS5) on supported
egg-PC (EPC) bilayers. The images showed a hepta-
meric structure for individual oligomers, supporting
earlier biochemical determinations. Czajkowsky et al.
[179] studied the structure of the o HL oligomer
formed in supported phospholipid bilayers. In con-
trast to X-ray crystallographic data reported for the
oligomer in deoxycholate micelles, high resolution
AFM images unequivocally revealed a hexamer in
these phospholipid bilayers. Independent support of
this hexameric stoichiometry was obtained from the
measurements of the lattice constant in the AFM
images and from gel electrophoresis. AFM has also
been used to study self-assembled structures of two
a-hemolysin mutants [180]. For the mutant oo HL-H5
that was locked into the prepore state on fluid phase
EPC membranes, the authors visualized, for the first
time, heptameric prepores and showed that the sev-
en-fold axis in the prepore lies perpendicular to the
membrane surface. For another mutant (TCM) with
the transmembrane domain, the self-assembled olig-
omer that assumes the conformation of the fully as-
sembled pore was also a heptamer.

Zuber and Barklis [181] visualized, by electron mi-
croscopy and AFM, ordered arrays of histidine-
tagged Moloney capsid protein (his-MoCA) on mem-
brane bilayers composed of PC and the nickel-che-
lating lipid 1,2-di-O-hexadecyl-sn-glycero-3-(1'-2"-R-
hydroxy-3’N-(5-amino-1-carboxypentyl)iminodiace-
tic acid)propyl ether. AFM images, showing topolog-
ical features viewed near the membrane proximal
domain of the his-MoCA protein, revealed a cage
network of symmetrical hexamers spaced at 7.9 nm
distances.

Another class of well-ordered crystals consists of
protein arrays reconstituted in the presence of lipids,
rather than by binding onto lipid bilayers. 2D crys-
tals of porin OmpF, a channel-forming protein of the
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Fig. 7. AFM topographs of the periplasmic (A) and extracellu-
lar (B) surface of 2D crystals of the channel forming protein
porin OmpF reconstituted in the presence of lipids. Insets:
averages calculated from 25 translationally aligned subframes.
Scale bar: 10 nm (courtesy of Professor A. Engel, Universitit
Basel, Basel, Switzerland).

outer membrane of E. coli, reconstituted in the pres-
ence of lipids, were probed in solution by AFM to a
lateral resolution of 1 nm and a vertical resolution of
1A ([182]; Fig. 7). Protein—protein interactions were
demonstrated on the basis of the AFM results and
earlier crystallographic findings. Voltage and pH-de-
pendent conformational changes of the extracellular
loops were measured, demonstrating the potential of
AFM to monitor conformational changes with high
resolution [183].

A second example is aquaporin-1 (AQP1), a mem-
brane channel involved in osmoregulation. Surface
AFM topographs confirmed the 3D map of nega-
tively stained AQPI1 crystals, which exhibited tet-
ramers with four major protrusions on one side
and a large central cavity on the other side of the
membrane [184]. Scheuring et al. [185] used AFM to
image the surface of aquaporin Z, the water channel
of E. coli. 2D crystals with p42(1)2 and p4 symmetry
were observed. Imaging both crystal types before and
after cleavage of the N-termini allowed the cytoplas-
mic surface to be identified; a drastic change of the
cytoplasmic surface accompanied proteolytic cleav-
age, while the extracellular surface morphology did
not change. Flexibility mapping and volume calcula-
tions identified the longest loop at the extracellular
surface. This loop exhibited a reversible force-in-
duced conformational change.

3. Physical properties

The ability to measure surface forces with nano-
meter lateral resolution is a unique feature of the
AFM. Of primary importance to biomembrane stud-
ies, force measurements can be used to characterize
the physical, and chemical, properties of lipid layers
and their constituents. As we shall see, force mea-
surements also provide a means of understanding
the nature of probe-sample interactions, and thus
topographic image contrast mechanisms. The follow-
ing sections introduce the principles of AFM force
measurement (Section 3.1), interpretation of these
measurements (Section 3.2), and their recent applica-
tion to supported lipid (Section 3.3) and protein/lipid
(Section 3.4) films. Comprehensive reviews of the
physical aspects of AFM force measurements have
been presented by Butt et al. [186], Burnham et al.
[187], Carpick and Salmeron [188], and Cappella and
Dietler [189].

3.1. Force measurements by AFM

Interaction forces are measured by monitoring the
force applied to the probe as a function of the
probe-surface separation. These so-called force
curves are typically acquired by monitoring the canti-
lever displacement (d) as a function of a preselected
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Fig. 8. Detector signal versus sample piezo voltage (A) and normalized force (F/R) versus probe-sample displacement x (B) force
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V serve as a calibration regime in which the probe remains at the same depth in the sample.

range of piezo displacement (z, Fig. 8A). This raw
data is converted to force (F) versus distance (D)
data (Fig. 8B) using Hooke’s law F=—kAd, where
k is the measured spring constant of the cantilever,
and the simple geometric relationship AD = Az—Ad is
used to calculate probe-sample separation. This mea-
surement assumes the probe and surface form a non-
deformable contact in the high loading region of the
force curve, and lateral motion of the probe across
the surface under high loads is negligible. As we shall
see, quantitative interpretation of force curves re-
quires careful consideration of each of these assump-
tions.

Each portion of the force—distance curve produces
information about the physical and chemical proper-
ties of the sample. The approach portion of the curve
can be used to characterize surface properties, such
as van der Waals and electrostatic forces [58,59,190],
solvation [191,192] and hydration [58,193], and ster-
ic/bridging forces associated with polymer-covered
surfaces [57]. Once the cantilever is in contact, the
shape of the approach curves may provide direct in-
formation on the mechanical properties of the sam-
ples [194,195]. The retraction force curves often show
a hysteresis referred to as the adhesion ‘pull-off’

force, which can be used to estimate the surface en-
ergy of solids [54,194,196].

The force measurement technique described above
is widely used to characterize surface forces because
of its simplicity and compatibility with commercial
AFM imaging instruments. Several other force tech-
niques have been developed to measure force more
quantitatively. Among the most exciting develop-
ments has been magnetic force feedback [197]. In a
recent demonstration [198], this technique was used
to measure the interatomic potential between a sili-
con probe-substrate, demonstrating that the additiv-
ity of interatomic potentials is not valid at this scale.
This technique has also been applied to the study of
the molecular nature of fluid—surface interactions
[199] and the mechanical properties of single biopoly-
mers [200]. Force can also be measured by monitor-
ing the resonance frequency of the cantilever as a
function of probe-surface separation [201]. Reso-
nance force sensing has primarily been used for char-
acterizing the mechanical properties of soft materials
such as polymer blends [202-204], although it can
also be used to sense surface forces [139,205]. Finally,
probe-surface interaction forces are indirectly sensed
in the lateral force imaging mode [53], and can be
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qualitatively interpreted if the probe chemistry is de-
fined [54].

3.2. Interpretation of force measurements

A probe-sample interaction is dependent on the
geometry and chemistry of the probe and substrate,
and on the nature of the intervening medium. Many
AFM studies have qualitatively characterized the
properties of a surface at the nanometer scale using
force. However, if the probe and environmental
properties are defined, force may be used to deter-
mine the surface charge density, Hamaker constant
and elastic modulus of the surface. Here, we describe
how the geometry and chemistry of the probe can be
determined, and develop a theoretical framework in
which a force curve can be interpreted.

Most contact imaging is done with silicon oxyni-
tride microfabricated probes that have a nominal
radius of curvature of 25 nm [206]. These probes
have a surface morphology that cannot be controlled
at the nanometer scale. However, the development of
nanofaceted crystals has made it possible to charac-
terize probe geometries with nanometer resolution in
minutes [207]. The silicon oxynitride surface is com-
posed of ionizable silanol and silylamine groups that
vary in density with pH, which is further complicated
by the fact that microfabrication results in contami-
nation by gold and other materials [208,209]. To
overcome this limitation, different approaches have
been developed to create probes of well-defined
chemistry. The first approach was to attach a mi-
cron-size particle such as a silica microsphere to the
cantilever [57,59]. These spheres were subsequently
coated with silanes [210] and biopolymers [60,61].
Although this approach provides well-defined surface
chemistries, it cannot be used for imaging with high
lateral resolution. Functionalizing sharp AFM
probes with SAMs of organic alkanethiols combines
the advantage of strong chemical sensitivity with
high spatial resolution [54]. This procedure involves
coating microfabricated cantilevers with a thin adhe-
sive layer (Cr or Ti), followed by a 15-100 nm thick
Au layer and immersing the coated cantilevers in
dilute (0.1-1 mM) ethanol solutions of the selected
alkanethiol. This approach produces modified probes
that are chemically stable and mechanically robust;
furthermore, thiols with a variety of terminal func-

tionalities can be used, allowing different types of
surface forces or physicochemical properties to be
investigated. Recently, covalent modification of
nanotube probes has been used to measure molecular
interactions at biological interfaces with unprece-
dented lateral resolution [211,212].

Force as measured with the AFM is a dependent
variable. This means that a measurement made with
an AFM probe cannot be directly related to other
force or thermodynamic measurements. If interatom-
ic potential additivity is assumed, an analytical ex-
pression can be developed to convert the force be-
tween a sphere and flat F; to energy per unit area
between parallel planes Ej:

F(D)/R = 2nEy(D) (1)

where D is the distance between the surfaces and R is
the radius of curvature of the probe [213]. Derja-
guin’s approximation applies only to measurements
in which the range of the interaction and D are much
smaller than R. This approximation has been re-
cently applied to the measurement of short-range
repulsive hydration/steric and van der Waals forces
between uncharged lipid bilayers and thiol-func-
tionalized probes of defined geometry [214]. Fs(D)/
R was found to be independent of radii for 25
nm < R <100 nm.

For long-range forces (e.g. electrostatic and steric
interactions), the validity of Derjaguin’s approxima-
tion and the conical shape of the AFM probe may
become an issue. Electrostatic force between probes
and surfaces of varying charge has been measured in
solutions of defined ionic strength [58,215,216].
Although the radius of curvature of the probe was
not directly measured, the surface potential was com-
puted using an expression for electrostatic force de-
rived from the Poisson-Boltzmann equation and
Derjaguin’s approximation. The surface potential of
several inorganic materials was consistent with the
expected values. Application of this approximation
to electrostatic forces appears to be valid if
R> k! where k! is the Debye length [217,218].

Mechanical properties dominate the measured
AFM forces once a probe makes contact with a sur-
face. The nanometer scale mechanical properties of
supported lipid films have been studied in air and
water. In air, liquid crystalline DSPE, MGDG and
DGDG monolayers behaved elastically and the form
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of load—displacement curves appeared to be consis-
tent with Hertzian contact mechanics [133]. Hertz’s
model relates the ¢ deformation of a film to load P
for a probe radius R:

8 = (9P*/16RE™)/3 (2)

where E*Z[(l—v%)/Eﬁ(l—v%)/Ez] and E;, v, and
E,, v, are Young’s modulus and Poisson’s ratio of
the probe and sample, respectively [219]. Liquid ex-
panded DOPE monolayers were highly inelastic and
non-Hertzian.

In water, the mechanical properties of the two
layers of the supported bilayer were found to vary
significantly. Hertzian analysis of the initial load—de-
formation behavior of the layer facing the aqueous
phase produced a Young’s modulus consistent with
the isothermal thickness compression modulus of the
monolayers measured during LB deposition [40].
Larger indents resulted in an abrupt rupture of the
outer monolayer. The monolayer facing the support-
ing surface appeared to interact with the mica sub-
strate and the mechanical properties were dominated
by the underlying mica substrate.

Adhesion is a parameter related to the chemical
properties of the interface, which is highly relevant
to many biological processes. Nanometer scale adhe-
sion of monolayer films on hard surfaces in air has
been studied due to its relevance to boundary layer
lubrication [220]. Recently, AFM surface force mea-
surements were made on DSPE, DGDG and
MGDG lipid films with functionalized probes of de-
fined radius, and a strong adhesive force was ob-
served on all monolayers under high loading condi-
tions [221]. Using macroscopic contact mechanics,
the pull-off force (F/R)y is related to the work of
adhesion (W) between the probe and sample:

" nla), <3>

where y is either 3 or 4 for JKR or DMT mechanics,
respectively [219]. The JKR theory extends Hertz’s
theory to account for the creation of additional con-
tact area due to adhesive forces, and the DMT
theory extends JKR theory to explicitly account for
the finite range of surface forces at the edge of the
contact region. Surface force measurements on all
lipid films with hexadecanethiol functionalized
probes and analyzed with DMT theory produced a

work of adhesion ranging between 60 and 90 mJ/m?,
which agrees well with the work of adhesion calcu-
lated for alkyl chains in water. Smaller work of ad-
hesion was measured between 16-hydroxyhexadeca-
nethiol functionalized probes and the monolayers,
which is consistent with a decrease in the surface
energy of the system.

This section has reviewed the analysis of probe—
lipid surface interactions based on a continuum ap-
proach. As more quantitative force measurements
become available for complex systems, we anticipate
that the molecular nature of the probe—surface inter-
action will need to be considered and a more sophis-
ticated treatment of force will be required. Specifi-
cally, molecular dynamics simulations will play an
import role in future studies.

3.3. Application to supported lipid films

Surface forces associated with lipid films have at-
tracted much attention because of their key role in
determining cellular phenomena such as molecular
recognition, cell adhesion, cell fusion and intercellu-
lar communication. Although the forces between lip-
id membranes have been widely studied using the
osmotic stress method [222], the surface force appa-
ratus [223] and the micropipet technique [224], direct
information at high lateral resolution was inaccessi-
ble. AFM offers the unique opportunity to probe
local physical properties and interaction forces of
lipid bilayers with nanoscale lateral resolution, there-
by providing new insight into the molecular mecha-
nisms of cell adhesion and membrane fusion.

Force—distance curves have been used to charac-
terize the surface properties of heterogeneous lipid
monolayers in air. Adhesion maps were recorded
for DMPE monolayers exhibiting coexisting LE/LC
phases [225]. The observed adhesion contrast was
attributed to differences in the surface energies of
the two phases. Knapp et al. [96] used hydrophobic
probes prepared by glow discharge in a hexafluoro-
propene atmosphere to record force—distance curves
over the different layers of DPPC/DPPE multilayer
systems in air; this allowed the hydrophilic/hydro-
phobic character of each layer to be identified.
Force—distance curves recorded over phase-separated
DSPE/DOPE monolayers in air showed adhesive
forces ([133]; Fig. 9B) that were clearly larger over
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Fig. 9. Adhesion force mapping (15X 15 um areas) of mixed DSPE/DOPE monolayers in air (A, B) and bilayers under water (C, D),

using silicon nitride AFM probes.

the liquid-like DOPE domains (10 nN) than over the
solid-like DSPE domains (6 nN). As a result, adhe-
sion maps generated by recording multiple force—dis-
tance curves showed a high contrast (Fig. 9A). The
difference in adhesion was directly correlated to the
friction contrast (Fig. 4) and attributed to the me-
chanical responses of the two lipid phases.

The film mechanical properties were investigated
further by measuring the thicknesses of DSPE and
DOPE monolayers as a function of applied load
after scraping the monolayer away with the AFM
probe in a defined area [133]. The two lipid films
exhibited very different behaviors: while the DSPE
layer was gradually compressed with increasing
loads, in agreement with an elastic model, the appar-
ent thickness of the DOPE layer was small and did

not change significantly with the applied load, sug-
gesting the film was inelastically deformed as a result
of low intermolecular cohesive forces. This difference
in the film mechanical properties significantly in-
creased the step height measured at the DSPE/
DOPE phase boundary (Fig. 4).

The forces acting at the surface of various lipid
bilayers were characterized under aqueous condi-
tions. Ducker and Clarke [226] measured the normal
and lateral (friction) forces between silicon nitride
surfaces in water, in the presence and absence of
the diheptanoic-sn-glycero-3-phosphocholine. Ad-
sorption of lipid bilayers caused a large reduction
of attractive forces and lateral forces, and produced
a short-range repulsion attributed to hydration/steric
forces. Furthermore, a cantilever instability occurred
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at high loads (>2 nN), which was suggested to re-
sult from the squeezing out of the adsorbed lipid
bilayer. Rotsch and Radmacher [227] measured elec-
trostatic interactions between a silicon nitride probe
and a chemically heterogeneous surface made of pos-
itively charged amphiphilic bilayer patches adsorbed
onto negatively charged mica. They demonstrated
how a force map can be processed to display, with
a lateral resolution of 25 nm, the adhesion force as
well as the apparent strength and decay length of the
electrostatic interaction. Although significant adhe-
sion was detected on the bilayer, there was virtually
no adhesion on mica. The electrostatic interaction
was attractive on the bilayer patch and repulsive on
mica and was affected by the nature and concentra-
tion of electrolytes. Force—distance curves and LFM
were used to characterize supported planar lipid bi-
layers prepared by microcontact printed lipophilic
SAMs [228]. When lipid vesicles interacted with pat-
terned SAM surfaces, an inversion of friction and
adhesion contrast was observed under water, which
was related to a difference in the film mechanical
properties. The magnitude of the adhesion force
measured over the lipid surface with octadecanethiol
modified probes was smaller compared to that found
with silicon nitride probes.

Force—distance curves recorded over phase-sepa-
rated DSPE/DOPE bilayers in water depended
strongly on the molecular packing of the two phos-
pholipids (Fig. 9): upon retraction, the liquid-like
DOPE phase showed a strong adhesive pull-off force
(~5 nN), while there was no adhesion on the solid-
like DSPE domains (Fig. 9D), yielding a highly con-
trasted adhesion image (Fig. 9C) [133]. This provided
direct evidence for the influence of the structure of
lipid bilayers on their interaction forces, an effect
that may be of prime importance in the control of
cellular interactions.

In addition, repulsive forces were observed at the
surface of DSPE on approach. The nature of these
forces was investigated further using AFM probes
functionalized with alkanethiol SAMs terminated
with hydroxyl groups [40]. The repulsion force mea-
sured over the DSPE domains was well-fitted with
models that combined both hydration/steric forces
and mechanical deformation, highlighting the impor-
tant role that mechanics may play in biomolecular
interactions. As the load was increased (> 10 nN),

mechanical deformation played an increasingly im-
portant role, until a breakthrough event was ob-
served indicating penetration of the probe through
the bilayer. Similar results were obtained when
DSPE was replaced by the glycolipid, DGDG.

Recently, the effect of imaging load on the topo-
graphic and friction image contrasts of phase-sepa-
rated lipid bilayers in water was investigated, to clar-
ify the image contrast mechanisms ([214]; Fig. 10).
Topographic images of mixed DSPE/DOPE mono-
layers on DSPE-coated mica showed high contrast at
imaging loads below F/R =105 mN/m, while the con-
trast was completely removed above F/R =220 mN/
m. The imaging contrast was recovered when reap-
plying forces below F/R=105 mN/m, little damage
to the films being caused by the high load imaging.
Strikingly, the frictional contrast observed at low
loads was inverted and magnified at high loads,
even when the topographic contrast vanished. Com-
parison of force curves and topography across do-
mains shows that the source of contrast is a selective
breakthrough of one domain between the break-
through force of each phase (Fig. 10E). It was there-
fore recommended that force—distance curve analysis
be performed prior to imaging any new multicompo-
nent lipid film to determine the load appropriate for
the desired imaging contrast.

Charged phospholipids were used to functionalize
AFM probes and measure forces on various samples
under aqueous conditions [229]. The adhesion force
between the charged probes and oppositely charged
specimens was much larger than when uncoated
probes were used; this was attributed to salt bridge
formation. The colloidal probe method has been
used to measure forces between LB films of metal-
chelating lipids in water [230]. The electrostatic inter-
actions were measured between monolayers of lipids
functionalized by the iminodiacetic acid group trans-
ferred on hydrophobic glass substrates. The double
layer repulsion between the films changed with pH,
reflecting the different protonation states of the imi-
nodiacetic acid groups. Cu’* complexation was also
monitored by measuring the force profiles at various
Cu’* ion concentrations.

It is worth noting that besides force-distance curve
measurements, new imaging modes are being used to
probe the mechanical properties of lipid films. Hol-
lars and Dunn [126] used tapping-mode NSOM
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Fig. 10. Effect of imaging load on the topographic (A, C) and friction (B, D) image contrasts of mixed DSPE/DOPE monolayers on
DSPE-coated mica: imaging loads smaller (A, B) and larger (C, D) than the breakthrough force (F/R=105 mN/m); normalized
force—distance curves recorded over the DSPE and DOPE domains (E).
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(TM-NSOM) to probe the compliance properties of
phase-separated DPPC lipid monolayers doped with
fluorescent dye and deposited in the solid condensed/
liquid condensed coexistence region. By monitoring
the phase of the TM-NSOM tip resonance, the au-
thors showed that the two lipid phases exhibited dis-
tinctly different mechanical properties, the liquid
phase domains being more compliant than the sur-
rounding solid phase.

Heinz and Hoh [231], have developed an imaging
mode called D minus D (D—D) that uses a change in
ionic strength to separate surface charge from mor-
phology in images. Although surface charge is not
quantitatively measured, this technique has the ad-
vantage of being independent of tip—sample contact
point, cantilever spring constant, tip radius and tip
surface charge density. D—D images of stacked
DPPS bilayers show no charge contrast; images of
DPPC bilayers on mica demonstrate contrast due to
charge density differences; and images of bacteria
rhodopsin membranes on mica show the membranes
have a higher surface charge density than mica.

The interaction of DMPC-coated silicon surfaces
prepared from vesicle suspensions was investigated
with an AFM in an electrolyte solution [232]. A
long-range interaction was observed, even when the
surfaces were covered with nominally neutral lipid
layers. The interaction was attributed to Coulomb
interactions of charges located at the lipid surface.
The experimental force curves were compared with
solutions for the linearized as well as with exact so-
lutions of the Poisson-Boltzmann equation. The
comparison suggested that, in 0.5 mM KCI electro-
lyte, the DMPC lipids carried about one unit of
charge per 100 lipid molecules. The presence of this
surface charge made it impossible to observe an ef-
fective charge density recently predicted for dipole
layers near a dielectric when immersed in an electro-
lyte. A discrepancy between the theoretical results
and the data at short separations was interpreted in
terms of a decrease in the surface charge with sepa-
ration distance.

3.4. Application to proteinllipid films
Measurements of physical properties have not

been restricted to pure lipid films but are being
more and more extended to protein-lipid systems.

Force—distance curves were recorded, at different
pH values, on purple membranes adsorbed to alumi-
na using silicon nitride probes [233]. At high pH (8-
10), the approach curves showed long-range repul-
sion due to electrostatic repulsive forces between neg-
atively charged surfaces. When the pH was lowered,
the repulsion range decreased. By comparing the
forces measured on both purple membranes and
bare alumina, the surface charge density of the for-
mer was estimated to be —0.05 C/m?. The surface
potential of the crystal surface could be determined,
and the isoelectric point was found to be about 4.

Muiller et al. [234] recorded force—distance curves,
at different electrolyte concentrations, between sili-
con nitride probes and the surface of purple mem-
branes and OmpF porins. In the presence of 20 mM
KCl, long-range repulsion forces were measured, re-
flecting the electrostatic double-layer repulsion. The
authors estimated the pH and electrolyte concentra-
tion required to adjust the double-layer repulsion so
that both vertical and lateral forces are minimized,
thereby improving the spatial resolution.

Force—distance curves were recorded between the
S-layers of B. sphaericus CCM2177 and of B. coag-
ulans E38-66 and methyl-terminated probes [235].
The curves always showed repulsive forces on ap-
proach and no adhesion on retraction. The repulsive
forces decayed exponentially with distance, with
characteristic ranges of ~50 nm for B. sphaericus
CCM2177 and ~10 nm for B. coagulans E38-66.
Similar results were obtained with hydroxyl-termi-
nated probes. The observed non-adhesive properties
may play an important role in determining the bio-
logical function of S-layers.

Mueller et al. [236] recently took advantage of the
AFM to gain insight into the physicochemical basis
of the myelination process in which two opposed
membranes adhere in the presence of myelin basic
protein (MBP). To this end, probe-sample interac-
tion of mica and mixed DOPS (20%)/EPC (80%)
lipid bilayer surfaces were measured in the absence
and presence of bovine MBP. While on mica or
DOPS/EPC bilayers, a short-range repulsive force
(decay length of 1.0-1.3 nm) was observed during
the approach, the presence of MBP always led to
an attractive force between probe and sample, con-
sistent with the MBP ascribed role of compacting
apposed membranes in myelin. MBP molecules at-
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tached to the mica surface exhibited elastic stretching
behavior that agreed with the worm-like chain mod-
el. However, MBP attached to a lipid bilayer did not
show elastic stretching, suggesting that the protein
adopts a different conformation when in contact
with lipids.

4. Conclusions

The first AFM images revealing the molecular
structure of supported phospholipid films were re-
ported in 1990 [70]. Since then, a broad spectrum
of AFM applications have emerged in model mem-
brane biophysics, allowing the study of the structure
and function of biomembranes and of biological pro-
cesses such as molecular recognition, enzymatic ac-
tivity, cell adhesion processes. More specifically, the
instrument has been widely used to characterize the
molecular structure of a variety of supported lipid
films, the formation of structural defects, the effect
of external agents on film structure, the organization
of phase-separated films (coexistence region, mixed
films), and biomolecules such as DNA, enzymes
and crystalline protein arrays anchored to supported
lipid bilayers. While considerable progress has been
made in AFM instrumentation and preparation tech-
niques, providing now routine images with subnano-
meter resolution, it must be kept in mind that image
interpretation often remains challenging due to the
many factors that influence their formation (surface
morphology, physical properties, imaging parameters
and probe characteristics). We have emphasized the
importance of considering force and mechanics while
imaging lipid films in order to understand the image
contrast mechanisms.

Force—distance curves have provided new insight
into the physical properties of lipid films: surface
forces (hydration/steric, van der Waals, electrostatic
forces), nanomechanics and adhesion. Quantitative
interpretation of force measurements requires sepa-
ration of the relative contributions of the different
effects that contribute to the measured forces. This
can be achieved by controlling the geometry and
chemistry of the probe and applying appropriate the-
oretical treatments. So far, the analysis of probe—
sample interactions in lipid film systems has been
described on the basis of a continuum approach.

As quantitative force measurements will become
available for complex systems and the scale of mea-
surement will drop below 10 nm, we may anticipate
that the molecular nature of the interaction will have
to be considered and that more sophisticated treat-
ment of forces will be required. In particular, we
believe that molecular dynamics simulations will
play an important role in future lipid film studies,
as is already the case in the emerging field of ‘sin-
gle-molecule force spectroscopy’ [237].
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