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Abstract

Nanoplasmonic structures designed for trace analyte detection by surface enhanced Raman spectroscopy
typically require sophisticated nanofabrication techniques. An alternative to fabricating such arrays is to
rely on self-assembly of nanoparticles at liquid-liquid or liquid-air interfaces into close-packed arrays.
The density of the arrays can be fine tuned by modifying the nanoparticle functionality, pH of the
solution, and salt concentration. Importantly, these arrays are robust, “self-healing”, reproducible, and
extremely easy to handle. Herein, we report on the use of such platforms made of Au nanoparticles for
detection of (multi)analytes from the aqueous, organic, or air phases. The total interfacial area of the Au
array, at the liquid-liquid interface, is approximately 25 mm’, making this platform ideal for small

volume samples, low concentrations, and trace analytes. Importantly, the ease of assembly and rapid



detection makes this platform ideal for in-field sample testing of toxins such as explosives, drugs, or

other hazardous chemicals.



Introduction

Various analytical techniques exist that can be used for molecular detection of pollutants'?,
explosives™, narcotics®’, and pesticides®. Often “real-samples” contain a complex mixture of
compounds, which need to be quantified. Furthermore, they frequently also contain analytes dissolved
in various phases (e.g air, organic, and aqueous). This makes identifying chemical species dissolved in
multiple phases a real challenge. This problem becomes further amplified when trace analyte detection

is required, as the signal from background molecules can swamp the signal from the analyte.

One technique that holds great promise in this regard is surface enhance Raman spectroscopy, an
extremely sensitive technique that can be tailored to provide the detection of specific analytes through
their unique vibrational fingerprints. The narrow linewidth of SERS spectra allows for multiple analyte

detection within complex mixtures, including trace detection down to the single molecule level®''.
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SERS is already an established technique to detect explosives ,narcotics'*"” and pesticides'®.

The enhancement of the Raman signal comes as a result of exciting localized surface plasmons
within metallic nanostructures'’. Increasing the signal strength further can be achieved by tailoring the
metallic substrate, thereby lowering the limits of detection. Of particular note, are two-dimensional
arrays of closely packed metallic nanoparticles (NPs) on a substrate'® or metallic nanocavities'>'. These
benefit from multiple hot spots being generated in a uniform fashion over a larger substrate area
generating high signal enhancement™ throughout the entire substrate. Various methods exist to fabricate

182324 and chemical approaches'. Metallic structures can also be

such structures including lithographic
fabricated from self assembled non-metallic scaffolds”. However minimizing the gap between particles
or cavities and the complexity of substrate preparation, while maximizing uniformity is crucial to

maximizing the electromagnetic field enhancement®®”’. Precise nanofabrication techniques capable of

achieving these goals can be costly, time consuming and not scalable. Furthermore, most SERS



substrates are difficult to clean after use which is impractical for in-the-field applications. In this

context, a disposable, self-assembled is highly advantageous for practical applications.

Among the self-assembly techniques which are available, templated-assembly is one of the most
convenient methods to generate a 2-dimensional NP array**. To avoid assembly at the solid interface,
which generally requires chemical treatment prior to assembly®, NP films formed at the interface
between two immiscible phases, such as a liquid-liquid interface (LLI) or liquid-air interface (LAI), can
be used™”'. The interfacial tension between such phases is reduced by the adsorption of NPs*> which

ultimately stabilizes the assembly™**.

Herein, we show a SERS sensor assembled at the LLI capable of trace dual phase-dual-analyte
detection. We demonstrate the benefits of liquid-liquid systems to allow for either hydrophilic,
hydrophobic, and/or amphiphilic molecules to be captured and detected either individually or
simultaneously. The LLI self-assembles the NPs into an array of closely packed spheres creating a
multitude of hotspots uniformly distributed within the detection volume and ensuring all captured
analyte molecules are at the point of detection™. Finally a method for the detection of airborne analytes

is also presented which is based on the conversion of a LLI to a LAI.

Self-assembly of the NPs at the LLI. The method used throughout this work is aimed towards a
practical, in-the-field usable device. With this in mind, the SERS ‘sensor’ was made using cost-effective
and simple methods that require no specialized equipment or qualified personnel. Self-assembly of a
thin film of NPs at the LLI was achieved by vigorously shaking a 2 mL polypropylene tube for
approximately 10 seconds consisting of 0.5 mL of 1,2-dichloroethane (DCE) and a 0.5 mL aqueous
solution. The aqueous solution consisted of 20 mM NaCl and Au NPs with a diameter of 43 + 4 nm. The
aspect ratio of the NPs was 1.35 + 0.22 at a concentration of 4.35 + 0.02 X 10" particles per mL. Initially

16 nm particles were used; however the larger particles provided greater SERS intensities for the same



number of analytes dissolved in either the aqueous or organic phase (ESI). The physical steps towards

generating a NP film at the LLI is shown in

Figure 1A(i-v) and Figure 1B (i-v). After shaking, the resulting emulsion quickly separated into two
distinct phases with the formation of a thin layer of self-assembled NPs between the two phases. A
golden reflection was observed at the DCE/water interface suggesting NP localization. While there are a
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number of alternative methods for NP assembly at the LLI, such as (m)ethanol addition and

electrochemistry™™

, emulsification was used throughout this work due to its simplicity and cost
effectiveness. Assembly of the NPs relies on the spontaneous diffusion-limited NP localization to the
LLI as well as an increased efficiency of assembly with increasing ionic strength of the aqueous phase.
The emulsification process played two key roles, the first being a reduction in the average distance
between the NPs and the LLI, thereby speeding up the diffusion limited localization to the interface;

while the second was a reduction of the average distance of the analytes to the LLI and hence the NPs,

allowing efficient analyte capture.

The exact structure of the layers of NPs at the LLI is extremely difficult to assess; however, the
2D nature of the dried assembly is evident from SEM images (ESI). After thin-film formation, all but 50
uL of the aqueous phase was removed (Figure 1A(iv)). This step increases the particle density at the
LLI resulting in an aqueous droplet being formed consisting of NPs at the perimeter. The total number
of NPs in the sample was determined to be 1.74 + 0.05 X 10". The actual number of NPs assembled at
the LLI was confirmed to be in the range of 1.39 X 10" to 1.71 X 10" as calculated by UV-Vis
spectroscopy. To perform SERS measurements the sample was transferred onto a 130-160 um thick
coverslip (Figure 1A (v)) which resulted in the NPs forming a thin film (in this case the aqueous phase
was below the NPs and the organic phase above). The diameter of the LLI interface once placed on the
coverslip was approximately 5 mm. Importantly all measurements were recorded as single spectra with

an acquisition time of 100 ms.



Analyte loading on the NPs. As a feasibility study, the reporter fluorophore malachite green
isothiocyanate (MGITC) was used as the target analyte. This dye was chosen due the resonance
enhancement that can be achieved since MGITC absorbs light near the 632.8 nm wavelength of
excitation source used in the experiments which increases the intensity of the Raman signal.
Furthermore, at low concentrations MGITC is soluble in both the aqueous and organic phases
respectively. Therefore, MGITC was used to test the performance and assess whether the platform was
capable of detecting analytes in either phase. The method of LLI formation in this case is identical to
what is described above with the exception of analyte incorporation. This was simply performed by
initially dissolving MGITC in the organic phase (prior to shaking) at varying initial concentrations
ranging from 115 + 14 pmole to 1.15 = 0.37 fmole in 10-fold increments (Figure 1A (i-v)). At the
highest MGITC concentration, there were approximately 4.03 + 0.48 X 10’ dye molecules bound to 1
NP assuming all MGITC dissolved in solution was homogenously distributed across all NPs in solution.
At the lowest concentration, there were on average 25 + 12 NPs containing one MGITC molecule.
Examples of the surface enhanced resonant Raman scattering (SERRS) spectra for these samples at the
LLI are shown in Figure 1A (vi). As expected a decrease in analyte concentration resulted in a decrease
in the total count intensity rate. For example, comparing the intensities of the 1170 cm™ vibrational band
for the 1.15 £ 0.23 pmole and 11.5 + 3.2 fmole samples, the peak intensity decreased by 99%. Although
even lower limits of detection (LODs) were achieved, the spectra there were not reproducible, the
variance in the detected signals affected, presumably, by random fluctuations in the morphology of the
NP arrays or/and by defects in the NP-analyte conjugation. For practical purposes =10 fmole LOD was
reached for reproducible SERS signals of MGITC dissolved in DCE. Similarly, a further experiment
was performed with MGITC dissolved in the aqueous phase (Figure 1B (i-vi)). This showed a 10-fold
improvement, with an LOD of 1.15 + 0.30 fmole, when compared to the previous case. This is likely

due to MGITC in the aqueous phase having a direct route in order to bind to the NPs.



To test the versatility and the sensitivity of the system, non-resonant analytes were also used.
The first example was a water soluble analyte, mercapto-5-nitrobenzimidazole (MNBI), Figure 2A.
Concentrations down to 8.20 + 1.81 pmole could be detected which equates to approximately 347 + 63
MNBI molecules bound per NP. Compared to MGITC the LOD using MNBI was higher as a result of
no resonance enhancement. We expect the binding efficiency to be similar between MGITC and MNBI,
as both form strong bonds with the gold NPs. Finally, a DCE soluble analyte, 4-methoxy-a-toluenethiol
(MATT) was used to quantify the detection limits of a non-resonant analyte dissolved in the organic
phase. The spectra can be seen in Figure 2B. It is interesting to note that unlike analytes dissolved in the
aqueous phase, the LOD was much higher, 323 + 91 pmole. This is likely due to the different binding
chemistry taking place across the phase boundary. For example, MNBI is able to bind to the NP’s
surface prior to the NP adsorbing to the LLI, whereas the majority of MATT will only bind once the

NPs are assembled at the LLI.

In addition to MATT and MNBI, other analytes which either did not contain a thiol group or a
phenyl group were detected as shown in Figure 3 for 2 4-Dinitrotoluene (DNT) and aniline dissolved in
the organic phase, as well as cysteine and adenosine-5'-triphosphate (ATP) dissolved in the aqueous
phase. The presence of an amine, phosphate, nitro or thiol moiety on the analyte leads to an affinity with
the gold’s surface. Furthermore, the high Raman cross-section of phenyl groups gives a more resolvable
signal — for example despite the very high gold affinity of the thiol on cysteine, the absence of a phenyl
produces a lower signal-to-noise spectrum when compared to the unthiolated ATP, DNT and aniline.
This nicely demonstrates the versatility of the sensor with respect to detecting either weaker binders or
analytes with weaker Raman cross sections. Additionally, these spectra show that the LLI does not
adversely affect the sensor, as comparisons with literature***. In all cases the signal-to-noise ratio and
sensitivity is as good (if not better) for these analytes at the LLI. A multitude of other analytes with
differing functionalities were also detected, further highlighting the versatility of the sensor; the SERS

spectra of these are shown in the ESI.



Simultaneous multi-phase analyte detection at the LLI. Successfully independently detecting
analytes dissolved in either the water or organic phase using the same sensor design presented the
opportunity for simultaneous dual-phase-dual-analyte (DPDA) detection. From a sensor perspective,
the unique ability to dress the NPs with analytes with different solubilities across multiple phases
simultaneously offers a unique prospect in getting one step closer to building a universal sensor.
Furthermore, from more of a chemical perspective, this multi-phase system can also be used to decorate
a NP surface with both aqueous- and organic-phase soluble analytes simultaneously. This allows for
direct control of not only the analyte type but the relative concentrations of different analytes on the NP
surface. This is a significant advantage when compared to a solid-state substrate. Whilst solid-state
substrates can potentially conjugate analytes from either phase, to detect both analytes, the conjugation
processes would have to be separated. As such, there is little control over the relative analyte
concentration on the NPs. Furthermore, the NPs on a solid-state surface are irreversibly bound, whereas

a solution based system allows for the surface to be regenerated.

To characterize the LOD of simultaneous binding of analytes from both the organic and aqueous
phases, the mole ratio of MNBI and MATT dissolved in each phase was precisely defined.
MATT:MNBI was varied between 8.20 nmole:82 pmole (100:1) to 82.0 pmole:410 pmole (1:5). As an
example, the effect of the mole ratio on the SERS intensity of the two analytes can be seen in Figure
4A-C, for mole ratios of 20:1, 2:1 and 1:5. In all spectra it is clear that the vibrational bands of both
analytes could be seen and detected. For example, the 651, 1169, 1224, and 1604 cm™ bands of MATT
could easily be distinguished from the 1064, 1285, and 1333 c¢cm bands of NMBI. Furthermore, the
relative intensities correlated nicely with the analyte concentration. While fluctuations in intensity did
occur during the acquisition, the vibrational bands from both analytes resulted in equal enhancement
which suggests their equal distribution across all NPs. The intensity of the MATT and MNBI
vibrational bands were proportional to the concentration of each analyte dissolved in each phase. This

was verified by comparing the average intensity ratio between the 1604 cm™ vibrational band of MATT



and the 1333 cm™ of MNBI (Figure 4D). Notably the mole ratio has been varied by over 3 orders of

magnitude. Tri-analyte detection was also achieved and is described in the ESI.

Self-assembly of the NPs and analyte loading and detection at the LAI. A significant advantage
of the system described in this manuscript relates to the possibility in converting the NPs embedded at a
LLI to a LAI. This exciting prospect opens the door of using such a platform to also detect volatile or
gaseous compounds. The LAI is simply produced by allowing the DCE phase at the LLI to evaporate.
This process effectively removes the organic phase from the system whilst keeping the NPs at the
aqueous-air interface. To test the capabilities of this platform, a 5 uL. drop of pure MATT and aniline
were placed inside an enclosed container together with the self-assembled NP film at the LAI. The
separation between the LAI and analyte was 15 mm. A continuous, single-spot acquisition was
performed on the interface, while adjusting the focal point to account for evaporation of the aqueous
phase, using a 100 ms exposure time. The spectra of both analytes at 10, 25, 35, 83 and 180 seconds are
shown in Figure 5. It is clear from the spectra that analyte capture can be achieved even for unthiolated
analytes at the LAI. A time trace monitoring the intensity of the 1175cm™ peak for MATT is shown in
the ESI. The intensity shows a sharp increase within the first 60 s followed by a plateau indicating

saturation of the analyte on the NP.

In conclusion, we have shown an alternative, highly sensitive analytical system based on a thin
film NP array self-assembled at the LLI and LAI for trace analyte detection in various phases. The
advantages of the sensor are numerous. An efficient capture mechanism is established by conjugating
the NPs whilst they are still in bulk single particle dispersity. The conjugated NPs are quickly and
effortlessly brought to the point of detection where they form into a thin film of closely packed
nanospheres. Such a metallic film is perfect for SERS based detection as the space between closely
packed spheres experience ultra-high electromagnetic field enhancement, increasing the SERS intensity

and lowering the LOD.



A remarkable feature of the NP sensor at the LLI is the ability to detect multiple analytes
dissolved in dual phases, which we have successfully demonstrated by detecting water-soluble and
organic-phase-soluble molecules. Other thiolated and unthiolated molecules dissolved in either the
water or organic phase were also detected with similar success. This versality in analyte detection
eliminates the need for multiple devices, reducing analysis time and offering multiplexing capabilities.
In addition to single phase analyte detection, the sensor has also shown the abilily to detect analytes
dissolved both in the organic and aqueous phase simultaneously. The technique directly compares the
SERS intensity of multiple analytes. We have shown that the mole ratios of both analytes play an
important role in the SERS intensity of individual vibrational bands. Such a dependency allows direct
comparison of mole ratios, using known and unknown analyte quantities. An additional advantage of

the sensor is the ability to use it at the LAI to detect both thiolated and unthiolated airborne analytes.

It is probable that the LOD of the sensor could be reduced even further by adjusting the NP size,
shape, tuning spacing, or changing the organic phase. We believe that this novel system opens vast
possibilities for the in-field applications in various environmental, crime —prevention, anti-terror, and

defense activities.

Methods

All analytes were purchase from Sigma-Aldrich and used without further purification. Chemicals used:
1,2-Dichloroethane (=299.0%, ACS reagent); Methoxy-a-toluenethiol (90%, technical grade); 2-
Mercapto-5-nitrobenzimidazole (97.0%); Sodium chloride (=99.5%, puriss. p.a.); HAuCl,.=3H,0 (f.w.
339.79 (anhydrous), 99.999% trace metal basis); Trisodium citrate dihydrate (=99%); 2 ,4-Dinitrotoluene
(97%); L-cysteine (97%); Aniline (=99.5%, ACS reagent); Adenosine 5’-triphosphate disodium salt

hydrate (=99%, Grade I). Ultra-pure water with a resistivity of 18.2 M2 was used in all cases.

Nanoparticle Synthesis. Citrate stabilized Au NPs were synthesized using the Turkevich-Frens

d44 45

metho . The particles used in this work had an average hydrodynamic diameter of 64.7 + 30.5 nm
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with a polydispersity index (PDI) of 0.268 as measured using DLS. An extinction coefficient, €_,,, at
532 nm of 1.31X10"M"'cm™*® was used for 43 nm diameter NPs (from SEM). This value was used for
all NP concentration evaluations using UV-Vis (ESI Figure 2). The concentration of the particles was
adjusted using DI water for dilutions and centrifugation for concentration to a final working
concentration of approximately 31.9 pM or 4.35x10'° NPs/mL. After the nanoparticles were assembled
at the interface, the concentration of the aqueous bulk was measured. The difference between the initial
nanoparticle concentration and the aqueous bulk was used to determine the number of particles located

at the interface. Further details are included in the ESI.

Optical Configuration. SERS measurements were performed on a homebuilt Raman microscope’.
Briefly, a 632.8 nm HeNe laser (HRP170, Thorlabs, 17 mW) excitation source was guided through two
cleanup filters (LLO1-633-12.5, Semrock) into an optical inverted microscope (IX71, Olympus). A
linear polarizer (PRM1/M, Thorlabs) controlled the light polarization direction on the sample. The laser
light was reflected into a 40x air objective (LUCPLANFLN, Olympus, NA 0.6, 4 mm WD) using a
dichroic mirror (D1, LPDO1-633RU-25x36x2.0, Semrock) mounted at a 45° angle of incidence. A long
working distance objective was required to reach the NP assembly. The laser intensity at the sample
was measured to be 8.5 mW using a digital power meter (PM100, Thorlabs). Backscattered light was
collected through the same objective and transmitted through the same dichroic mirror. A long pass
filter (LP1, LP02-633RU-25, Semrock) was used to reject the anti-Stokes scattered light and Rayleigh
laser line. A @1” lens (LA1805-B, f = 30 mm, Thorlabs) focused the transmitted light onto the 50 ym
entrance slit of the spectrograph (303 mm focal length, Shamrock SR-3031, Andor). The polychromatic
light was then dispersed by a 600 1I/mm grating (SR3-GRT-0600-0500, Andor) where it was imaged
using an Electron Multiplying Charge Coupled Device (EMCCD, Newton DU970BV, Andor). All
spectra were acquired using a 100 ms exposure time. The measurement was performed on the droplet
and evaporation altered the optical pathway. Over the course of the acquisition, the stage position and

focuse was manually adjusted to probe different areas of the substrate. At higher concentrations, signal

11



was emitted from all areas within the substrate. At lower dilutions, the uniformity in the signal intensity

diminished, as the coverage of analyte with the probe volume was not uniform.
Analyte preparation

MGITC. 3 pL of 0.388 mM MGITC was dissolved in either 1000 pL of fresh DCE or water. 100 pL of
this solution was added with 400 pL of the solvent (either water of DCE) providing 0.116 (x11.1-
11.6%) nmole for detection (at the highest concentration). This was followed by 10-fold serial dilutions
using 100 pL of the previous solution and diluting with 900 pL of the solvent. Again 100 pL were
added to 400 pL of either the organic or aqueous phase for the subsequent sample. This dilution

methodology was performed for all samples.

MATT. 5 pL of the organic soluble molecule, MATT, was initially diluted with 995 uL of DCE. 100 pL
of this solution was added with 400 pL of fresh DCE providing 3.23 pmoles for detection. 10-fold

serial dilutions followed using 100 pL of the previous dilutions sample and diluting with 900 pL of

fresh DCE.

The solubility of MATT in water is calculated to be 0.74 g/L. The solubility of MATT in DCE or log
Ppcpnwa 18 DOt available, however the log P, 1s calculated to be 2.474 + 0.238 (at 25 °C) and the polar
surface area is 48.0 A’* This means that the majority of the MATT will be dissolved in the

hydrophobic (DCE) phase.

MNBI. Serial dilutions were performed using the stock analyte concentration and diluting with water.
0.16 mg 2-Mercapto-5-nitrobenzimidazole (MNBI, Sigma) was initially diluted with 10 mL of water.
Subsequently, 100 pL of this was mixed with 400 pL of NPs. 10-fold serial dilutions followed using
100 pL of the previous sample and diluting with 900 pL of water. 100 pL of that was added to 400 pL

of NPs.
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The solubility of MNBI in water is calculated to be 0.43 g/L. The solubility of MNBI in DCE or log
Ppcpnwa 18 DOt available, however the log P, 1s calculated to be 1.404 + 0.738 (at 25°C), while the
polar surface area is 102 A?.* This means that MNBI is likely to have a greater mole fraction in water

than MATT.

*Note: solubility, log P and polar surface area values for MATT and MNBI obtained through SciFinder
— calculated by Advanced Chemical Development (ACD/Labs) Software V11.02 (© 1994-2012

ACD/Labs)).
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Figure 1 | Schematic of NP assembly at the LLI and MGITC detection.
(A i-v) Schematic of LLI formation incorporating NPs and MGITC. (A 1) The analyte is loaded into the
organic phase and NPs in the aqueous phase.
emulsion. (A iii) The small emulsion droplets rearrange to form a LLI consisting of NPs and MGITC.
(A iv) Water is removed from the droplet bringing the NPs close together. (A v) The droplet is
transferred on to a coverslip. (A vi) Surface enhanced Raman spectra showing a dilution series of
MGITC adsorbed to the NPs at the LLI. (B i-vi) Identical to A with the exception of MGITC initially
being dissolved in the aqueous phase.

(A 1i) Gentle agitation causes the formation of an
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dilution series of MATT adsorbed to the NPs at the LLI. MATT was initially dissolved in the organic
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Thiolated analytes with a phenyl ring have a high affinity and Raman cross section and are
therefore ideal test analytes. To demonstrate the versatility of the sensor analytes containing
Amine, nitro, and phosphate groups can also be used to promote adsorption to Au. This is
demonstrated for aniline, DNT and ATP for a total of 1 umoles (blue) and 10 nmoles (red)
analyte molecules. Furthermore, cysteine — a non phenylated analyte — which has a low Raman

cross-section is also shown. Additional examples are shown in the ESI.
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SERS spectra showing dual analyte detection (bottom) at the LLI for a mole ratio (MNBI:MATT) of
(A) 20:1 (B) 2:1 and (C) 1:5. As a reference SERS spectra of pure MNBI (top) and MATT (middle) are
also shown. (D) The ratio of the MATT 1604 cm™ vibrational band vs the MNBI 1333 cm™ vibrational
band is compared for mole ratios spanning between 100:1 to 1:5 showing the dependence of mole ratio
on the SERS intensity.
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Figure 5 | Airborne detection of MATT and Aniline at a liquid-air interface.
The same sensor capable of detecting analytes dissolved in the aqueous or organic phase can be used for
airborne detection as well. After the sensor is assembled using the same method shown in Figure 1A (i-
v) the DCE evaporates exposing the NPs to the air. Thiolated MATT (A) and unthiolated aniline (B)
were placed 15 mm away from the interface. Full spectra snapshots at 10 s (red), 25 s (green), 35 s
(blue), 83 s (purple) and 180 s (gold) over a single point on the interface show the increasing SERS
intensity over time as a result of loading more analyte onto the nanopoarticles.
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