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Abstract

This thesis describes efforts to introduce new redox reactivity into two classes of dioxygen-
activating enzymes. First, | investigated modified cytochrome c peroxidase (CcP). Here,
a series of Trp residues were introduced between the heme active site and the surface of
the enzyme to serve as a hole transfer wire. The addition of two mutations (A193W and
Y229W) introduced new oxidation chemistry to CcP, as evaluated using aromatic
substrate oxidation assays. This enzyme is a functional model for lignin peroxidase
enzymes and provides a strong foundation for the development of new protein-based
oxidation catalysts. Second, we investigated cyanobacterial aldehyde deformylating
oxygenase (CAdo) enzymes. Here, we characterized and investigated three Ru-cAdo
models. To provide the four electrons required for catalysis, we introduced a Ru-
tris(diimine) photosensitizer to solvent exposed cysteine residues. Through NMR and GC-
MS, we gained an insight into the catalytic activity of Ru-cAdo. This work highlights the
nature of protein based electron transfer and points toward other underlying factors that

dictate catalytic efficiency.

Keywords: Redox enzymes, oxygen activation, electron transfer, enzyme design,
biofuels, oxygen activation, ruthenium-modified enzymes, cyanobacterial

aldehyde deformylating oxygenases, cytochrome ¢ peroxidase
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Chapter 1.

Dioxygen activation in nature

1.1. Oxygen in the environment

The Earth’s history spans 4.5 billon years and about 2.4 billion years ago, the
planet's landscape was forever changed by the ‘great oxidation event’ [1]. During this
event, the primitive reducing atmosphere was transformed to an oxidizing atmosphere,
rich in dioxygen (O>). Since then, dioxygen has become incredibly important for sustaining
life on Earth. The four-electron interconversion of O, and H»O is frequently seen in nature
(e.g., photosynthesis and aerobic respiration). Activation of dioxygen can be
thermodynamically favourable, but a kinetic barrier often prohibits its spontaneous
reaction with organic substrates. The molecular orbital energy diagram for O, (Figure 1-
1) shows that the ground state holds a triplet electronic configuration. In contrast, most
organic substrates contain paired electrons and therefore are described as singlet
species. This difference in ground state electronic configuration means that the
spontaneous reaction of singlet organic substrates and triplet dioxygen is formally spin
forbidden and therefore not spontaneous. The question then remains: how is nature

capable of catalyzing desirable oxidative chemistry using O,?

Nature’s incorporation of environmentally abundant transition metals (TMs) into
biological systems has resulted in evolution of a great many enzymes to drive myriad
natural processes that make use of O» [2]. The terrestrial abundance of first row transition
metals, such as manganese, iron, and copper, likely prompted their evolutionary
incorporation into biological systems during, and perhaps before, the great oxidation event
[3].TMs are ideal candidates for the activation of dioxygen. The notable features of TMs
that make them desirable for dioxygen activation include: (1) access to oxidation states
with unpaired electrons that can react with O,, and (2) the potential to access excited

states that also can react with O» [4].
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Figure 1-1. Molecular orbital diagrams of dioxygen species. From left to
right ® Z, (triplet),' Ag (singlet) and ' £, + (singlet)

1.1.1. Metalloenzymes using dioxygen species

Evolutionary selection has done an exquisite job of screening for enzymes that
incorporate TMs to carry out desirable chemical transformations. By varying the amino
acids (AA) that ligate metals and the surrounding (secondary) environment,
metalloenzymes are able to fine-tune active sites to carry out a range of chemical
transformations. Several general examples are set out in Table 1-1. A considerable
research effort has gone in to understanding how enzymes activate O, to carry out
oxidative chemistry [5]. Advances in our understanding of O, activation in biological
systems can be attributed, in part, to the availability, growth, and refinement of biophysical
techniques. A few examples of biophysical techniques include X-ray crystallography [6],
time-resolved resonance raman spectroscopy [7], Mossbauer spectroscopy [8], magnetic
resonance [9] and stopped flow experiments [10]. Beyond developing a detailed
understanding of how O, activating enzymes function and malfunction, we can also begin
to envision this knowledge as a foundation for building biological catalysts that carry out
oxidative chemistry. Desirable applications could include environmental remediation, fine

chemical syntheses, and fuel production.



The work described in this thesis is focused on iron-containing enzymes. The
geosphere is abundant with iron and it is incorporated into many enzymes that bind and
activate O,. Attractive features that underlie nature’s use of iron also include the ability to
easily access multiple oxidation states required for catalysis, the ability to be ligated by
several AAs and biological ligands (e.g., His, Tyr, Asp/Glu, Cys, Met, and porphyrins), and
kinetically facile redox chemistry. Many dioxygen-utilizing enzymes, (Table 1-1), exploit
iron as the metal centre. My research focuses on dioxygen activation by iron at heme
centres (Section 1-2 and Chapter 2) and non-heme oxygenases (Section 1-3 and
Chapter 3).

Table 1-1. Summary of metalloenzymatic reactions with dioxygen species (O,
Oz and H;05»)
Class Function
Transport M+ 02 = M(O;) or M(0),
Oxidase O, +4e + 4H* — 2H,0
Superoxide dismutase (SOD) 2027+ 2H* > H,02+ 02
Peroxidase H,0; + 2e+ 2H*— R(OH) + R'(OH)
Catalase 2H,0; — 02 +2H,0
Monooxygenase 0, +RH +2e" + 2H* — R(OH) + H.0
Dioxygenase
(a)Intramolecular 0, +RH — R(OH),/R(OOH)
(b)Intermolecular 02 +RH + R'H— R(OH) +R'(OH)

Adapted from reaction mechanism of mononuclear non-heme iron oxygenases [11]

1.2. Dioxygen activation at heme-iron centres

The heme porphyrin ring, protoheme IX (also known as iron protoporphyrin IX and
heme B), is a ubiquitous cofactor [12]. Heme enzymes catalyze a range of chemical
transformations and play essential roles in O, transport (i.e., in hemoglobin and
myoglobin). Variations in the amino acids that make up the heme environment have
significant effects on reactivity supported by a given enzyme. A considerable amount of
research with respect to O, activation at heme centres is associated with cytochromes
P450 (CYPs) [13]. CYPs have long fascinated chemists due to their ability to catalyze a
wide range of transformations that incorporate an O atom from O into a substrate, often

into an unactivated C-H bond [14]. The active sites of CYP enzymes contain a heme

3



cofactor that is ligated by a Cys residue in the proximal pocket. The activation of O, occurs
after the reduction of the ferric resting state to the ferrous state, which readily binds O..
Delivery of an additional electron and two protons yields water and the active oxidizing
intermediate, called Compound | (Cmpd I) [8,9,15,16]. Cmpd | is typically formulated as
(P")FeV=0, where P* is a porphyrin radical cation. Two-electron oxidation of a substrate
(e.g., hydroxylation of C-H) regenerates the ferric resting state of the enzyme. The
activation of the resting state with hydrogen peroxide results in direct formation of Cmpd |
from ferric enzyme (the so-called ‘peroxide shunt’), in analogy to reactions of peroxidase

enzymes, described in the following paragraph.

Another class of enzymes that are often compared to CYPs are heme peroxidases.
Peroxidases utilize peroxides (e.g., hydrogen peroxide) as co-substrates to carry out
oxidative chemistry on their substrates in many different organisms. Much like CYPs,
peroxidases encompass a large enzyme family that carries out different net reactions
using similar catalytic intermediates. Perhaps the most notable difference between CYPs
and peroxidases is the identity of the proximal ligand; while heme in CYPs have Cys
thiolate in the proximal position, peroxidases have His (often hydrogen bonded to Asp,
Figure 1-2).

Discrete differences in heme peroxidases in relation to CYPs are revealed in
analyses of the active oxidants. In heme peroxidases, Cmpd | is a strong oxidant and
substrates are usually activated via initial electron transfer (ET). In contrast, Cmpd | in
CYP enzymes is both oxidizing and basic; this distinguishing feature is a consequence of
the ‘thiolate push’ afforded by an anionic axial ligand [10]. The basicity of Cmpd | in CYP
enzymes means that substrates are typically activated by hydrogen atom (H* + e7)
abstraction [2,10].



Figure 1-2.  Push-pull mechanism employed by heme peroxidases. PyMOL
rendering shows the active site of Saccharomyces cerevisiae
cytochrome c peroxidases (PDB: 2CYP)

1.2.1. Heme peroxidases

Heme peroxidases are found in diverse biological systems. These enzymes
typically catalyze the reactions outlined in (Table 1-1), using hydrogen peroxide (H20>)
as the oxidant. A generic peroxidase catalytic cycle is illustrated in Figure 1-3. Catalysis
is initiated upon binding of H>O> to the ferric high spin metal centre (labeled ‘resting state’).
The AAs in the heme’s secondary coordination sphere play an important role in the
formation of Cmpd I. A ‘push-pull mechanism is commonly described for heme
peroxidases (Figure 1-2) [17]. In this mechanism, the proximally ligated His175 exhibits
enhanced electron-donating properties due to the strong hydrogen bond with a nearby
Asp residue. His175 provides a ‘push’ of electron density toward the ligated peroxide,
while the distal pocket provides the ‘pull’. The distal pocket contains a conserved His
(His52) that acts as a general acid-base catalyst as proposed by Poulos and Kraut [18].
In their mechanism, His52 initially deprotonates the peroxide to form Cmpd 0 and His52-
H* (Figure 1-3). His52-H* then serves as an acid, to release water and produce Cmpd |.

The oxidizing equivalents are delocalized onto the heme cofactor, and substrates in close



proximity to the heme edge can be oxidized. Following a one-electron reduction, the
enzyme forms Cmpd I, and a subsequent one-electron reduction returns the enzyme to
the resting state. Following this general catalytic cycle, peroxidases are capable of
carrying out a wide array of oxidative chemistry, from oxidation of cytochrome c (by
cytochrome ¢ peroxidase) to oxidation of ClI~- (by myeloperoxidase) [19].

N N
» »
N H,0, A
Hi::0-H
Fell ;L» Fell
| |
N N
N N
Resting state Compound 0
[Substrate]™*
Substrate H,0
o ) N
\n » ? AA
N g i
FelV | r';? v —_— f:o' v
e —-— e
| ¢ | 1[
I\\HN [Substrate]*  Substrate N= N-
\; 5 N ~ N
Compound lI Compound |

Figure 1-3. Generalized heme peroxidase catalytic cycle. The general reaction

catalyzed by peroxidases is H,O> + RH - R(OH) + H>O (Note: Box
representative of protoporphyrin IX- Heme B).

1.3. Non-heme iron oxygenases

Non-heme oxygenases comprise of a large family of enzymes that are capable of
binding and activating dioxygen without using a heme cofactor. These enzymes can be
divided into two broad categories: active sites containing one iron centre or active sites
containing two iron centres. Although mono-iron oxygenases are plentiful in nature
[20,21], diiron oxygenases are arguably more intriguing due to the many reactions carried
out at the diiron core. Table 1-2 outlines the diversity of diiron heme oxygenases in nature

[22]. The family of non-heme diiron oxygenases exhibits similar active-site structures
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where the iron centres are typically coordinated to two glutamates (sometimes bridging),
and one histidine. These active sites are usually contained in an antiparallel 4-helix bundle
[20], but the entire protein can contain several other subunits. Methane monooxygenase
(MMO) is a non-heme diiron oxygenase that has received much attention because it
catalyzes the kinetically difficult conversion of methane to methanol in methanotropic
bacteria [23]. During the catalytic cycle, the diiron core first binds O; as a bridged peroxo-
bound diferric state (intermediate P, Figure 1-4). The following oxidized intermediates are
difficult to detect and work is ongoing in the field. In recent years, research has focused
on understanding the catalytic cycle and these key intermediates, where the most
compelling proposed intermediate is intermediate Q (Figure 1-4) [24]. Though much
progress has been made in understanding the catalytic cycle [7] there remain many
guestions. Notably, many diiron oxygenases enter their catalytic cycles through an initial
bridged Fe(O).Fe intermediate. As for CYPs and peroxidases, it is remarkable that these

structurally related enzymes can carry out diverse chemistry from similar intermediates.

Table 1-2. Examples of non heme diiron metalloproteins [22]
Enzyme Function
Hemerythrin Dioxygen carrier
Ribonucleotide reductase Tyrosyl radical generator
Methane monooxygenase Methane to methanol oxidation
Ferritin Iron storage
Toluene monooxygenases Toluene to cresol oxidation
Rubrerythrin Putative peroxidase
DMQ monooxygenase Quinone generation

Adapted from: Synthetic models for non-heme carboxylate-bridged diiron metalloproteins: strategies and
tactics [22]
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Figure 1-4. Generalized catalytic cycle for methane monooxygenase illustrating
the conversion of methane to methanol [25].

1.3.1. Cyanobacterial aldehyde deformylating oxygenases

In 2010, a small biotechnology company, LS9 Inc. (San Francisco, USA), identified
a microbial pathway for the production of alkanes in cyanobacteria. [26] One of the key
enzymes isolated and identified was a non-heme diiron oxygenase. This enzyme was
classified as cyanobacterial aldehyde deformylating oxygenase (cAdo). The primary
coordination sphere and the tertiary structure closely resemble other diiron enzymes, but
cAdo carries out distinct chemistry. The enzyme pocket accommodates long hydrophobic
aliphatic (C,) aldehydes (n = 15 to 17) and orients the aldehyde-oxygen near the iron site,
which catalyzes the overall transformation of C, aldehydes to the corresponding Cn1
alkane and formate. Notably, this redox neutral reaction is coupled to the 4H*/4e-
reduction of O, to H2O [32]. Though the biological function of these enzymes in

cyanobacteria are not known, the net function of related enzymes in plants and insects



are known to be involved in the production of waterproof barriers and biosynthesis of
pheromones [32]. The discovery of this microbial pathway sparked much interest in the
scientific community due to the prospect of generating alkane fuels (gasoline or diesel)
from bacteria. Since the initial discovery, several biotech companies have filed patents for

microbial fuel-generating technologies [27,28].

A significant amount of effort has gone into understanding the details of the cAdo
catalytic cycle. Early research reported that cAdo was an anaerobic enzyme, implying the
chemical transformation of aldehyde to alkane was catalyzed independent of O, [29]. This
observation is consistent with the redox-neutral hydration of an aldehyde to formate and
an alkane. Soon thereafter, Bollinger and co-workers demonstrated that cAdo does
require O for function and that aldehyde deformylation is actually coupled to reduction of
O, to H20 [30]. Further refinements to the O,-dependent model suggest that microaerobic
conditions are best for in vitro studies [31]. Figure 1-5 outlines the most recently proposed
mechanism catalyzed by cAdo [32]. Binding of O; to the diferrous state of the protein
(species | — Il) initiates catalysis and produces a peroxide-bound diferric state, similar to
intermediate P observed in MMO [33]. The nucleophilic addition of this species to the
bound aldehyde produces peroxy-hemiacetal intermediate (intermediate Ill). The injection
of an electron promotes the scission of the O—O bond and forms a transient formyl radical.
Subsequent fragmentation of this radical produces an alkyl radical and formate
(intermediate V). Finally, a proposed proton-coupled electron transfer step produces the
alkane product and the diferric enzyme [34]. Native substrates for cAdo are long chain
aldehydes, but these substrates have limited water solubility, making catalytic studies
difficult. Consequently, Marsh and co-workers demonstrated that short chain aldehydes,
with higher water solubility, are also compatible substrates [29]. However, closer
investigation of reactions with short chain aldehydes reveal the formation of additional
products such as n—1 aldehydes and alcohols [35]. Further discussion on cyanobacterial

aldehyde deformylating oxygenases is provided in Chapter 3.
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Figure 1-5. The generalized catalytic mechanism of S. elongatus cyanobacterial
aldehyde deformylating oxygenase. [20]

1.4. Potential applications of biological models

The biotechnology industry has seen extraordinary growth over the past 30 years,
which is strongly coupled to the growth and development of modern biochemical
techniques (e.g., DNA sequencing and synthesis). As a result, a great many enzymes
have been discovered, isolated, and studied in detail. Many enzymes have evolved to
carry out difficult chemical transformations needed in natural biosynthetic and metabolic
pathways. As a consequence, there is increased interest in exploiting and manipulating

these biological systems for practical industrial applications.

Biologically-based systems are advantageous to synthetic small-molecule
catalysts due to their inherently good regio-,and stereoselectivity, activity under ambient
reaction conditions, and their use of abundant first row TMs [36]. However, there also are
some critical drawbacks to using biomolecules as catalysts. First, many enzymes are
sensitive to the external environment, such as changes in temperature and/or pH.
Targeting robust enzymes or incorporating beneficial mutations (e.g., via directed
evolution) to the protein can circumvent these issues [37]. Second, enzymes are evolved

to function in water, so integrating these enzymes into industrial systems, where organic
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solvents are more prevalent, can be problematic. Mixed solvents, and two-phase solvent
systems have proved to be effective methods to avoiding protein denaturation [38], but

more work is needed.

In recent years, several examples have been reported where companies have
successfully incorporated enzymes into their existing processes. For example, Merck and
Codexis, described an enzyme-catalyzed synthesis that improved efficiency of the
diabetes drug, Januvia™ (sitagliptin) [39]. Enzyme stability was enhanced using several
rounds of directed evolution, allowing it be catalytically active in a mixed solvent system
[39]. It is evident that industry has real interest in developing biological systems for
industrial processes, especially fine chemical syntheses and biofuel production [27,28].
The primary focus of the research in this thesis was on exploiting two different dioxygen

activating metalloenzymes to generate biofuels.

1.4.1. Biofuels

Over the years, there has been increased pressure to search for alternatives to
petroleum reservoirs. As energy consumption continues to grow, petroleum reservoirs are
continuing to be depleted at a similar rate [40]. The dependence on petroleum fuel sources
has resulted in a significant increase in major air pollutants (e.g., CO2, SOz, and NOx).
Many argue that an attractive alternative to fossil fuels could include biofuels, which are
liquid and/or gaseous fuels derived from biomass. These fuels are attractive as they can
readily be integrated into the existing infrastructure, specifically the transportation sector.
There are several inherent properties that make biofuels attractive as fuel sources. First,
biofuels are derived from renewable resources. Second, there is no net release of carbon
dioxide (as biofuels are derived from renewable resources), and sulphur content remains
low (somewhat mitigating air pollution) [41]. Finally, biofuels show significant economic
potential since petroleum fuel costs are anticipated to rise in coming years. A thorough
comparison revealed that energy sources derived from biomass are notably cheaper than
some commonly used petroleum sources [42]. It is important to note that though biofuels
present an attractive alternative, other fuel sources (e.g., hydrogen gas) should be

explored which have little, or no release of air pollutants.
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A great deal of research in the past decade has focused on discovering, and/or
improving methods for biofuel production [43]. Biopolymers (cellulose and lignin) remain
a focus in biofuel production due to the high abundance and low cost. As discussed above,
enzymatic pathways for biofuel production are attractive due to the ambient reaction
conditions. Recently, there has been increased interest in exploiting cellulases to allow for
the enzymatic hydrolyzing of the rigid cellulosic biopolymer [44]. However, improvements
to catalytic activity and thermostability need to explored before we begin to see
widespread industrial use. In addition, lignocellulose, the more recalcitrant biopolymer in
biomass, can be synergistically hydrolyzed by three classes of enzymes which include (1)
endo-B-1,4-glucanases, (2) B —glucosidases, and (3) hemicellulases and ligninases.
However, the high cost of these enzymatic pathways along with large quantities required

allow large room for improvement [45].

1.4.2. Lignin: a potential source of biofuels

Though much focus has been given to biofuel production from cellulosic biomass,
lignin biopolymers have emerged as attractive complementary (or alternative) starting
materials for production of biofuels [46]. Lignin is an aromatic biopolymer with a highly
variable structure and is the source of the rigidity of plant matter [47]. Lignin is primarily
composed of different phenolic subunits named monolignols. Three common monolignol
subunits found in lignin are p-hydroxphenyl-, guaiacyl-, and syringyl-monolignols (Figure
1-6) [48]. The key challenge in using lignin in the production of biofuels is finding enzymes

that break down the highly heterogeneous lignin structures into a defined product set.

12



OH

Ry
OH
OH
OH op o) HN 0
= = o] = 0
R, R, MeO OMe MeO OMe OMe
OH OH OH OH
a) b) c) d)

Figure 1-6. Common monologinols (a) p-hydroxycinnamyl alcohols (b) sinapyl
p-hydroxybenzoate (c) sinapyl p-coumarate d) hydroxycinnamic acid
amides [48]

In 2004, the genome of the lignin-degrading white rot fungus Phanerochaete
chrysosporium was sequenced [49]. The sequencing of P. chrysosporium identified
secreted oxidases, peroxidases, and hydrolytic enzymes involved in lignin degradation.
This stimulated research in using these enzymatic pathways in lignin depolymerization.
Lignin peroxidase (LiP) was among one of the fungal enzymes that gathered much interest
in the research community [50]. The function and mechanism of this enzyme puzzled
researchers: how was LiP capable of oxidizing high reduction potential substrates such
as lignin using an embedded heme cofactor? Subsequent experimental work revealed the
importance of Trpl71 on the surface of the protein [51]. The catalytic Trpl71 is involved
with depolymerization of lignin by forming an tryptophanyl radical (We+) (Figure 1-7). The
Trpl71 microenvironment, which is rich in carboxylate-containing residues, is believed to
stabilize the Trp radical and aid in the oxidation veratryl alcohol, which act as diffusible
mediators. The oxidized veratryl alcohol is thought to carry oxidizing equivalents towards
the bulky lignin biopolymer for depolymerization. These enzymes are industrially attractive
due to the ease of breaking down recalcitrant biomaterials, but widespread use of LiP is
not yet practical due to very low expression yields in heterologous systems (~ 1 mg per
liter of culture) [52]. Recent work has focused on mimicking the surface exposed Trp
radical in related enzymes. The successful incorporation of the Trp radical analogous to
LiP was carried out in Corprinus cinereus peroxidase, with several mutations [53]. We
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adopted a similar strategy to introduce LiP reactivity into a more robust scaffold, which will

be discussed further in Chapter 2.

Glu263 Q
Glu250

Figure 1-7.  Pymol rendering illustrating the negative microenvironment of
catalytic active Trp171 residue of Phanerochaete chrysosporium
lignin peroxidase (PDB: 1QPA)

1.4.3. Converting fatty acid pools to alkanes

A great deal of research exploring routes for production of biofuels has focused on
pathways that produce ethanol and/or butanol [54,55,56]. These are still attractive goals,
but a recent shift in research has been to explore other products (e.g., alkanes) that are
more facile ‘drop in’ replacements for fossil fuels. To that end, the recent discovery of a
cyanobacterial alkane biosynthetic pathway stimulated interest in producing alkanes using
microorganisms [57]. This novel pathway has two key enzymes that are involved in the
conversion of fatty acids to alkanes, as outlined in Figure 1.8. The two-gene pathway
includes two distinct enzymes, acyl-ACP reductase, and aldehyde deformylating
oxygenase [58]. The conversion of fatty acid pools in Escherichia coli (E. coli) was
demonstrated in organisms bearing plasmids for both the acyl-ACP reductase and the

fatty aldehyde decarbonylase. The yields from wild-type organisms are modest, analogous
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to that seen in mechanistic and catalytic studies. In later work, a metabolic pathway was
engineered for alkane biosynthesis of propane [57]. This new approach integrated
catalase into the microbial pathways. The catalase scavenges hydrogen peroxide
produced during the alkane formation. An increase in alkane production was observed,
but yields were still modest compared to the scale needed for full industrial use. Much
work still remains on optimizing reaction conditions for the terminal conversion of aldehyde
to alkanes. A major issue that still needs to be addressed is the potential inefficiency of
ET reactions that are required in the catalytic cycle. My work focuses on exploring the
efficiency of ET in the catalytic cycle of cAdo, which could then increase the efficiency of

alkane production. This work is discussed further in Chapter.3.
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Figure 1-8.  Microbial biosynthetic pathway for the production of long chain
alkanes in cyanobacteria

1.5. Electron transfer in biological systems

Nature has fine-tuned biological systems to carry out many important ET reactions.
Though ET in biological systems is often complex, each discrete step in a large system

can be related back to fundamentals of ET. In 1956, Marcus published a paper describing
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the relation of the rates of ET reaction between a single donor (A) and acceptor (B) to the
thermodynamics of that system [59]. Typically, the expression shown in (Eqn. 1) can be
used to describe the rate of single step ET between a donor and acceptor, where AG° is
the driving force, H,p is electronic coupling between the donor and acceptor, 4 is
reorganization energy, k; is Boltzmann’s constant, and h is Planck’s constant. The driving
force (—AG®) of the reaction is described through Gibbs free energy shown in (Eqn. 2).
The A for biological systems contains two components (1) the energy associated with
changes in the inner sphere which include the primary coordination sphere at the redox
centre, and (2) the energy associated with changes to outer coordination sphere which
include the environment surrounding the redox centre. Finally, Hyz is the electronic
coupling matrix element that describes interactions between two redox partners. It is a
function of distance and exponentially decreases as the distance between the donor and
acceptor increases. Electronic coupling between a donor and acceptor is described with
(Egn. 3), where g is the decay constant for tunneling, r is the distance between the D and
A and ry is the limit of close contact [60]. As shown (Egn. 1), the three factors that greatly
control ET are AG®, A, and H,; and therefore changes to any one of these variables can

greatly influence rates of ET.
(4m3) —(AG°+1)?
kgr = (hZAT;ch) Hip exp( 4hkpT ) (Eqn. 1)
AG® = —RTIn(K,,) = —nFE" (Eqn. 2)

Hyp = Hyp(1p) * exp(—O.Sﬂ(r - 7’0)) (Egn. 3)

The expression described in Eqgn. 1 is for single step ET between a donor and
acceptor. However, in most biological systems, we see electron ‘hopping’ where electrons
(or holes) are transferred between distant cofactors via several intermediate steps.
Breaking down ET into such small steps can often make ET transfer occur at a faster rate
due to the exponential distance dependence of ET reactions (Egn. 3). However, multi-
step ET further complicates the ET rate expression shown in (Eqn. 1). An extensive
discussion of the theoretical and functional consequences of electron hopping within
proteins is reviewed in Ref. [61]. In this thesis, | will investigate ET in two different dioxygen

activating enzymes. In Chapter 2, we will investigate ET hopping through several Trp
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residues. In Chapter 3, | will investigate single step ET to the active site through the
addition of an Ru-photosensitizer. The unifying theme of these projects is to introduce new
ET pathways that are designed to increase rates of ET, and therefore support new catalytic

activity, by modifying driving forces (—AG®) and electronic coupling (Hag)

1.6. Research Goals

Dioxygen activating enzymes have fascinated biochemists for decades. As our
understanding of these enzymes has developed, we can shift our focus toward exploiting
them for useful applications. In this thesis, | will present two approaches to exploiting
dioxygen-activating enzymes to produce biofuels. First, | will focus on how to harness
highly oxidizing intermediates and manipulate them for the degradation of large stable
biopolymers. Second, | will describe methods to improve electron transfer within non-
heme oxygenases to produce alkanes. This thesis concludes with a chapter describing
the broader impacts of these approaches and my thoughts on future directions for both of

the projects.
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Chapter 2.

Mobilizing electrons in Cytochrome c peroxidase:
designing and testing an electron transfer wire

2.1. Cytochrome c peroxidase (CcP)

Originally isolated from baker’'s yeast, CcP is a part of the heme peroxidase
superfamily [1]. In nature, CcP catalyzes the oxidation of ferrocytochrome c to
ferricytochrome c¢ with the accompanying reduction of hydrogen peroxide to water [2];
Figure 2-1 illustrates the overall catalytic reaction of CcP. Following the publication of the
X-ray structure of CcP, many questions concerning the nature of electron transfer (ET)
during the catalytic cycle emerged [3]. Specifically, researchers asked how CcP can

oxidize another macromolecule, like cytochrome c¢ (cyt c¢), using an embedded heme

active site?
Fe(lll)-Cyt ¢ Fe(lll)
Trp H,0,
Fe(l)-Cyt ¢ H,0
Fe(IV)=0 +H™ Fe(lll)-OH Fe(lV)=0
Trp0 -H* Trp+. e 'I('rpz-.
Compound I Compound |

Fe(lll)-Cyt ¢ Fe(ll)-Cyt ¢

Figure 2-1. Schematic of the catalytic cycle of CcP. The amino acid (AA) radical
(Trpl191) is highlighted; Trp191 is involved with ET with the natural
cofactor, Cyt c.
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We now know that protein embedded radicals are involved in many ET roles in
biological systems [4,8] the most common examples are for the aromatic amino acids Trp
and Tyr [5]. CcP was among the first proteins where an embedded amino acid radical was
identified as part of the enzyme’s function. In CcP, the key residue involved with ET
between cyt ¢ was found to be a tryptophanyl radical (W++191) located in the proximal
heme pocket [6]. The radical has a remarkably long half-life (t12 ~ 6.6 hr) [7]. The formal
reduction potential for Trp in solution (E° (Trp**°) ranges from 1.05-1.15 V [8], but factors
such as local environment can greatly modulate E°", making AA radicals accessible under
biological conditions. The local environment of the Trp radical is crucial to stabilizing the
radical. As such, numerous studies have been conducted investigating the local
environment of Trp191 in CcP [9,10,11,12].

Other heme peroxidases also contain transient tryptophanyl radicals. Perhaps the
most notable example is Phanerochaete chrysosporium lignin peroxidase (LiP). LiP
produces a radical centered on Trpl71, which is located on the surface of the protein
[13].The Trp171 radical is crucial to carrying out oxidative chemistry of organic compounds
at the surface of the enzyme, rather than direct oxidation at the buried heme site. Much
interest has been given to artificial proteins that harness this distinct feature of LiP as a
means to degrade lignin [14].The work presented in this chapter uses CcP as a scaffold
to introduce new amino acid radical chemistry that is reminiscent of LiP. CcP is an optimal
scaffold as it provides high expression yields and already contains an AA radical in the
proximal pocket. In this chapter, | will discuss two distinct strategies for the introduction of

surface AA radicals.

2.1.1.  Strategy 1: Introduction of lignin peroxidase activity in CcP

As mentioned above, our goal is to imitate LiP lignin oxidation reactivity in CcP.
This approach involves integrating key structural and functional features of LiP into the
protein backbone of CcP. The most important feature of LiP that we tried to emulate is the
surface exposed Trp radical. The microenvironment surrounding the radical is also
important to consider as we refine designs [15]. Related attempts at bioengineering
surface-exposed AAs have proven successful. For example, a surface exposed AA radical

was installed into Corprinus cinereus peroxidase by incorporating three mutations
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(Asp179Trp + Arg258Glu + Arg272Asp) [16]. The goal in this thesis was to do the same
in CcP by introducing: (1) modifications to the heme pocket; (2) a redox-active surface-
exposed Trp; (3) a negatively charged surface patch around Trp; and (4) a cation binding

loop near the heme.

The heme pocket contains Trp residues in both the distal and proximal pocket, as
shown in Figure 2-2. Though Trpl191 is the catalytically active residue CcP, it has been
experimentally confirmed that Trp51 can also form a radical in the absence of its natural
redox partner, cyt ¢ [17]. Thus, by replacing Trp51 and Trp191 in CcP with Phe, we can
prevent the formation of those radicals at the active site [18]. Next, introduction of a
surface Trp within electron tunnelling distance from the heme active site is required for
catalysis. This residue will be introduced by mutating Alal70 to Trp. Analysis of the crystal
structures of LiP and CcP shows that CcP-Alal70 is in a position analogous to redox-
active LiP-Trpl171. Further examination of the CcP-Alal70 environment shows two nearby
Tyr, which also can be redox active. These two residues are mutated to Phe to minimize
the possibility for redox side reactions. In wild type LiP, the surface exposed AA radical is
surrounded by five negatively charged residues (Figure 1-7). This charged patch plays a
role in catalytic activity, as demonstrated by site directed mutagenesis studies [19]. In
these studies, it was found that three specific residues are crucial for the rate of catalysis:
Glul68, Glu250, and Asp264. This negatively charged surface patch can be incorporated
into CcP by mutating a positively charged Arg to Leu (CcP-Argl66Leu). A negatively
charged residue (CcP-Asp261) exists on the scaffold, and an additional negative residue

can be added (CcP-1le247Glu) to the microenvironment of the surface Trp.

Additional refinements to the CcP heme pocket include swapping the proximally
located Met172 to Leu. We propose that the introduction of this mutation will remove the
distortion at the heme plane. It is believed that the distorted heme plane is a direct result
of the increased electron density and large van der Waals radius of the sulphur atom on
the methionine residue. By mutating this residue to Leu, we predict this distortion will be
diminished and consequently change the heme reduction potential.
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Figure 2-2.  Heme pocket of CcP illustrating the Trp residues in the heme pocket
and Alal70. Alal70 is the proposed site of the introduced surface
exposed AA radical.

Cation binding loops can be found in all peroxidases. However, CcP is unique
because it binds monovalent K* as opposed to divalent Ca?*, which is found in other
peroxidases [1].Electrostatic arguments suggest that the presence of Ca?* disfavors the
formation of a cation radical at Trp191 (the site of catalysis in CcP) [20]. Native LiP has
two Ca?" binding loops located on both proximal and distal sides of the heme. The
presence of such Ca?* binding loops play important roles in maintaining the integrity of
heme active sites [21,22]. By introducing several conservative mutations, a Ca?*-binding
loop can be integrated into CcP, analogous to the binding loop in native LiP [20]. |
hypothesize that the introduction of this modified binding loop will promote formation of

the surface Trp radical required for catalysis.

The desired mutations were introduced to our scaffold by designing and obtaining

synthetic genes from commercial sources (see experimental section). Two synthetic
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genes were obtained: one contained all the desired mutations (called CcP-Full) and the
second contained a more conservative group of mutations, including only the imperative
Trp to Phe and catalytic Trp mutations (called CcP-Basic). Work on these two scaffolds is

discussed in further detail below.

2.1.2.  Strategy 2: Designing a tryptophan wire in CcP

Redox active AAs, such as Tyr and Trp, are vital in biological redox reactions and
energy transduction. Electron hopping through proteins requires redox-active cofactors to
shuttle electrons from one part of the biomolecule to another, and Tyr/Trp are often able
to maintain the free energy of holes above 1 V because of their intrinsically high reduction
potentials. Recently, Winkler and Gray used a systematic search of the Protein Data Bank
(PDB) to propose that chains of Trp and/or Tyr amino acids in enzymes can act as a
protective measure for maintaining the longevity of redox enzymes, especially
oxidoreductases like CYPs [23]. The Tyr/Trp chains serve as a protective mechanism
against oxidative damage from cofactors that are activated in the absence of substrate
(e.g., high valent heme in CYPSs) [24,25]. The precise location of these Trp/Tyr chains are
crucial, because the proposed protective mechanism must not overtake the enzyme's
natural biological function. Though these Tyr/Trp chains appear to have been evolved to
protect the enzyme against oxidative damage, our goal is to use artificial chains as a
strategy to transfer energetic holes from activated cofactors to enzyme surfaces to carry

out oxidative chemistry.

Electron hopping for Tyr is more complex than other redox-active AAs because
oxidation of phenols requires loss of both an electron and a proton. Recent investigations
have revealed that ET is favoured when there is hydrogen bonding to the phenolic proton
[4]. ET is more likely for Tyr when the phenolic proton is proximal to AAs such as Glu, Asp,
and His. Examples include the redox active Tyr in photosystem Il and ribonucleotide
reductase. [26]. Conversely, the protonated Trp radical (Trpe+) is more stable (less acidic
than the Tyr radical) and can participate in pure ET reactions. Note that it also can be
found near proton acceptors (e.g., Glu, Asp), as highlighted above for LiP. Therefore,

designing artificial electron wires with Trp residues are an ideal starting point.
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As outlined above, Ccp-Trp191 forms a stable AA radical in the proximal heme
pocket. Though Trp191 is not directly on the surface of the protein, it is involved with long-
range ET with CcP’s redox partner, cyt c. In my modified CcP proteins, Trp191 will shuttle
holes between surface residues and the heme. Introduction of two Trp residues
(Ala193Trp and Tyr229Trp, Figure 2-3) will complete the designed Trp chain between the
heme and the CcP surface. The corresponding single mutants (Figure 2-4) will also be
evaluated. The ability of this Trp chain to deliver holes to the surface of the CcP, where
oxidation of organic substrates can occur, is described below. This mode of reactivity is

analogous to LiP function.

Figure 2-3.  Tertiary structure of CcP illustrated. Insert shows the proposed Trp
chain to the surface of CcP abbreviated as, CcP-WW.
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(A)

(B)

Figure 2-4.  PyMol rendering of the CcP active site illustrating two single
mutants of interest (A) displays the Tyr229Trp mutant abbreviated
as CcP-W1 (B) displays the Alal93Trp mutant abbreviated as CcP-

w2.
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2.2. Materials and Methods

Site directed mutagenesis

Plasmids encoding the Saccharomyces cerevisiae CcP gene were provided by
Alexander N. Volkov from Universiteit Brussel [33]. The gene was cloned into pET24a(+)
Ndel and Hindlll restriction sites to introduce a C-terminal Hisg tag. The plasmid also
included the addition of three N-terminal residues, MKT, which is known to increase CcP
expression yields [27]. All CcP mutants were prepared by PCR using primers purchased
from Eurofins Operon (primers used are outlined in Appendix A). Standard protocols were
followed for PCR reactions. Site directed mutant plasmids were obtained with the
Quikchange protocol (Agilent Technology). DNA polymerase (Q5) and Dpnl were obtained
from New England Biolabs. PCR reaction mixtures were transformed into chemically
competent DH5a E. coli plated on kanamycin-supplemented agar plates, and incubated
overnight (37°C). Single colonies were grown overnight and plasmid DNA was purified
using a Qiagen plasmid spin MiniPrep kit. Plasmid DNA was sequenced by Eurofins

Operon Simple Sequence read service to verify mutations

Protein expression

Standard transformation protocols were followed using E. coli BL21(DE3) on
kanamycin-supplemented plates (50 pg/mL). A single colony was incubated for five hours
(37 °C, 180 rpm shaking) in 25 mL luria broth (LB) with 50 pg/mL kanamycin. Large-scale
expression was initiated by inoculating 1 L of terrific broth (TB) containing 50 ug/mL
kanamycin with 1 mL of the starter culture. Cultures were grown to an ODeggo Of
approximately 0.6-0.8 at which time IPTG was added to a final concentration of 1 mM.
Cultures were grown overnight (32°C, 180 rpm shaking) after which bacteria were pelleted

via centrifugation.

Purification

Cell pellets were resuspended into 50 mM TriseHCI,100 mM NaCl, 5 mM imidazole,
and 1mM PMSF (pH 8). The resulting suspension was lysed by sonication on ice for 15
minutes and the supernatant was collected by centrifugation (30 minutes at 14000 rpm,

4°C). The pH of the supernatant was adjusted to 8 and then loaded directly onto a Ni-NTA
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affinity column. The column was washed with at least 10 column volumes of buffer
containing 20 mM TriseHCI, 5 mM imidazole, and 500 mM NacCl (pH 8). Increasing the
concentration of imidazole to 250 mM eluted the protein of interest. The buffer was
exchanged to 100 mM sodium phosphate (pH 7.5). A hemin solution was then prepared
in 20 mM sodium phosphate buffer (pH 6), containing approximately 1.2 equivalents of
hemin chloride and then added to the protein solution. The protein solution containing
hemin was dialyzed with SnakeSkin™ Dialysis tubing (molecular weight cutoff 3.5 kDa)
against 20 mM sodium phosphate buffer (pH 6) at 4°C overnight. The protein was then
concentrated using a 10 kDa centrifugal filter. The buffer was then exchanged into 5 mM
sodium phosphate (pH 6) using a PD10 desalting column and loaded directly onto an
FPLC DEAE column. The protein was purified by increasing salt concentration (buffer b:
5mM sodium phosphate+ 500 mM NacCl, pH 6). Fractions containing labeled protein were
pooled and concentrated and stored at 4°C. Protein that was not intended for immediate

use was flash-frozen in liquid nitrogen with 20% glycerol and stored at -80°C.

Optical spectroscopy

The optical (UV-Visible) spectra were obtained by either a Photon Control SPM-
002-EH CCD with a SPLC 1DH deuterium/tungsten light source or a Cary 100-Bio UV-
visible spectrometer. The optical spectra for WT CcP and mutants were collected in 20
mM sodium phosphate buffer (pH 6). The extinction coefficient of the Soret was found by
using the pyridine hemochrome assay [28]. After collecting the resting state spectra,
Cmpd | was generated by addition of approximately one equivalent of hydrogen peroxide,
and spectra were collected immediately. To generate CN~ bound CcP, approximately one
equivalent of CN- was added to ferric CcP solutions and spectra were collected

immediately.

Circular dichroism spectroscopy

Circular dichroism (CD) spectra were collected using a Chirascan qCD
spectrometer scanning from 200 nm to 240 nm. A total of five scans were taken and
averaged with a step size of 1 nm and 0.5 seconds per point. Raw data was converted
using the following formula [8] = 6M,./(nCl) where 6, M,., n, C, and [ represent ellipticity

in millidegrees, molecular weight (Da), number of residues, concentration in mg/ml and
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the cuvette path length respectively. Values are reported as (deg?cmemol?) against

wavelength (nm). All scans were collected in 20 mM sodium phosphate buffer (pH 6).

Mass spectrometry

Electrospray ionisation (ESI) and matrix-assisted laser desorption/ionization
(MALDI) were routinely used to confirm identity and purity of WT CcP and all mutants
(CcP-WW, CcP-W1, CcP-W2). ESI data were collected on an Agilent 6210 TOF ESI-MS
instrument and MALDI data were collected using a Bruker microFLEX MALDI-TOF
instrument with a 48 well ground steel target. Sinapinic acid was used as a MALDI matrix
and mixed in equal amounts with desalted protein solution using the dried droplet method.
Theoretical molecular weights were obtained from the protein sequence (sequenced via

Eurofin Operon) using the ExPasy Compute Pi/MW tool [29].

Compound | stability

Cmpd | stability measurements were performed using a Cary 100-Bio-UV-visible
spectrometer. To assess stability of Cmpd I, the absorbance at 424 nm was monitored
over 20 minutes. The reaction mixture contained 6.5 pM of ferric CcP protein and 1
equivalent of H»O,. Data collection was initiated immediately upon addition of hydrogen
peroxide. All protein samples were run in 20 mM sodium phosphate buffer at pH values of
6 or 8.

Oxidation assays

All oxidation assays were conducted on a Cary 100-Bio-UV-visible spectrometer.
For the veratryl alcohol (VA) activity assay, the oxidation of VA to veratryl aldehyde was
followed by monitoring the absorbance at 310 nm, following published protocols [30].
Enzyme assays contained 2 mM VA, 400 pM H>O, and 10 pM protein. VA oxidation was
investigated at pH 4, 6, and 8 in 20 mM sodium phosphate buffer. Decolourization of 4-p-
nitrophenylazoresorcinol was investigated at pH 8 by monitoring the absorbance feature
at 466 nm. Reactions contained 41.8 uM 4-p-nitrophenylazoresorcinol, 400 uM H,O-, and
10 uM protein in 20 mM sodium phosphate buffer.
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2.3. Results

2.3.1. Introduction of LiP activity in CcP scaffold

Protein expression

In these experiments, | focused on mimicking the key features of LiP through
several rational designs denoted CcP-Full and CcP-Basic. Synthetic genes for CcP-Full
and CcP-Basic were obtained from Eurofins Operon and were subcloned into pET 20b(+)
and pET 22b(+) expression vectors. Several methods to promote overexpression of the
highly modified CcP enzymes were investigated. However, all attempts to isolate
solubilized fractions were unsuccessful. Analysis of protein pellets using sodium dodecyl
sulfate (SDS) gel electrophoresis demonstrated the proteins were expressed as inclusion
bodies. (Figure 2-5). Several other strategies were explored to solubilize and refold the
proteins (e.g., on-column refolding) [31], but again all methods proved unsuccessful.
Perhaps a more tractable approach to introducing LiP reactivity would involve a step-by-
step introduction of mutations. This would allow us to investigate the effect of each
mutation, and determine which mutation, or mutations, result in a loss of structural

integrity.

Figure 2-5. Coomassie stained SDS gel of MG expression of base variant. Lane:
(1) ladder, (2) wild type CcP with lysis buffer, (3) wild type CcP with
lysis buffer and 4.1 M urea, (4) CcP-Basic with lysis buffer + 4.1 M
urea, (5) purified wild type CcP control
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2.3.2. Designing atryptophan wire in CcP

The series of artificial proteins designed to include Trp wires were all expressed
as soluble protein and isolated according to literature protocols (see above). The following
sections describe my work to characterize the structure/fold and identity of each protein,
to characterize the ferric states of each variant, and to evaluate each proteins’ ability to

support high oxidation state intermediates.

Optical spectroscopy

The heme environment is highly sensitive to perturbations to the surrounding
protein environment. Changes in oxidation state, spin state, or heme environment can
affect the cofactor’s electronic structure and this is often reflected in the electronic
absorption spectra [32]. Three different coordination states of CcP and its mutants were
investigated: the resting state, Cmpd I, and the ferric-CN complex. The resting state of WT
CcP has absorbance features consistent with a five coordinate heme species, (Figure 2-
6 black trace), in agreement with literature reports [33]. All of the new CcP mutants (CcP-
WW, CcP-W1, CcP-W2) have similar spectra with some slight changes in the R/Z
(Asoret/A2g0) ratio. These variations in the R/Z ratio are due to the mutations to the aromatic
residues (i.e., addition of Trp) which directly affect the protein-based absorbance at 280
nm [34].

32



—CcP-WW

—
e 0 O
o O O

40
20

Extinction coefficient (mM-'cm-1)

260 460 660
Wavlength (nm)

Figure 2-6.  UV-visible spectra of WT CcP and mutants resting state in 20 mM
sodium phosphate pH 6 buffer. WT CcP (black trace), CcP-W2 (blue
trace), CcP-W1 (green trace), and CcP-WW (red trace)

The notable stability of Cmpd | in CcP at room temperature offers a means to probe
the relative reactivity of WT CcP and mutants described here (CcP-WW, CcP-W1, CcP-
W2). Cmpd | was generated by adding 1 equiv. of hydrogen peroxide. WT CcP forms the
characteristic Cmpd |, as indicated by a distinct red shift of the Soret peak and changes in
the Q bands (Figure 2-7, black trace). A Soret band centered at 419 nm is indicative of
the (P™*)Fe"=0 species [35]. This result was obtained for all our mutants (CcP-WW, CcP-
W1, CcP-W2).

Alternatively, changes to the heme spin state can be elicited by coordinating
ligands such as fluoride (to produce high spin heme) or cyanide (to produce low spin
heme) [36]. Here, sodium cyanide was added to ferric CcP solutions to generate the
spectra set out in Figure 2-8. A characteristic red shift in the Soret peak was observed for
WT and all CcP mutants (CcP-WW, CcP-W1, CcP-W2). Taken together, these results
confirm the integrity of the heme site for the surface Trp mutants and the ability of these

proteins to support the production of high-valent intermediates.
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UV-visible spectra of WT CcP and mutants Cmpd | in 20 mM sodium
phosphate (pH 6) buffer. WT CcP (black trace), CcP-W2 (blue trace),
CcP-W1 (green trace), and CcP-WW (red trace)
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UV-visible spectra of WT CcP and mutants coordinated to CN"in 20
mM phosphate (pH 6) buffer. WT CcP (black trace), CcP-W2 (blue
trace), CcP-W1 (green trace), and CcP-WW (red trace)
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Circular dichroism spectroscopy

CD spectroscopy is a useful technique for confirming that the integrity of secondary
structure is conserved when a protein is subject to mutations. The structure of CcP is
dominated by alpha helices (Figure 2-3) and such proteins exhibits CD bands at 222 and
208 nm [37]. The far-UV CD spectra of holo WT CcP, CcP-WW, CcP-W1, and CcP-W2
were obtained (Figure 2-9). In all cases the CD spectra are similar to those reported in
the literature [38]. As there are no significant perturbations in the CD spectra (Figure 2-
9), we conclude that our mutants (CcP-WW, CcP-W1, CcP-W2) hold analogous CcP

secondary structures.
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e
E- -
= 30000 {
(]
Q
= 0
B )
o
c -30000 -
©
s )
= 60000 -
-90000 -
-120000
200 210 220 230 240 250

Wavelength (nm)

Figure 2-9. Far UV CD spectrain 20 mM phosphate (pH 6) CD spectra purified
WT CcP and Mutants. WT CcP (black trace), CcP-W2 (blue trace),
CcP-W1 (green trace) and CcP-WW (red trace).

Mass spectrometry

Mass spectrometry (MS) was used to confirm the identity of our modified CcP
proteins. Table 2-1 contains the theoretical and experimental masses (ESI and MALDI)
for WT CcP, CcP-WW, CcP-W1, and CcP-W2. MALDI was often preferred as a rapid
method to evaluating expression with the notable drawback of increased uncertainty as

the molecular weight of the protein increased. This is exemplified for CcP-W2, where the
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mass fluctuates around 60 Da. The fluctuations in the observed mass can be attributed to
the peak width of the protein mass manifold. Consequently, ESI-MS was also used to
characterize all CcP proteins (Table 2-1). The observed and calculated masses are in

good agreement.

For both CcP-WW and CcP-W2, the theoretical and observed masses indicate a
mass difference of approximately 14-16 da. This suggests that perhaps the surface
Trpl93 has been modified. This mass difference could be due to addition of an oxygen
atom to the protein. Both CcP-WW and CcP-W2 display this mass difference, which is
consistent with modification of Trp193. Further investigations should include performing a
trypsin digestion (methods described in Chapter 3), which can confirm the modification of
the Trp193 residue. The addition of a hydroxyl group to Trp residues is known in LiP,
where the surface Trpl71 undergoes the autocatalytic formation of a hydroxyl group at
the CB of the Trp residue [39]. A model of such a modified Trp residue, N-acetyl-
a, B —didehydrotrptophanamide, displays distinct UV bands where the absorbance band
is red-shifted to 333 nm. A HPLC coupled to UV-vis detection can be used on digested
proteins to further confirm this modification [40]. Likewise, protein crystals can be obtained
in which the presence of significant electron density differences around Trp193 would
confirm Trp hydroxylation [39]. Overall, the mass change in our CcP-WW and CcP-W2
mutants raises some intriguing question regarding the origins, and requires further

investigation.

Table 2-1. ESI-MS and MALDI results of WT CcP and mutants

Name Theoretical (Da) Experimental (Da) Experimental (Da)
(ESI) (MALDI)
WT CcP (C-terminus His Tag) 34416 34419 34425
CCP-WW (A193W+ Y229W) 34554 34571 34542
CCP-W1 (Y229W) 34439 34442 34431
CCP-W2 (A193W) 34531 34546 34593

Compound | stability

We hypothesize that Cmpd | generated for the mutants will display decreased
stability with respect to WT Cmpd | due to the addition of alternative ET pathways (via the
new Trp residues). Note that the stability of Cmpd | is pH dependent, decaying more
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rapidly at pH > 8 [41]. In addition, the reduction potentials of aromatic residues, such as
Tyr and Trp, also are pH dependent (Table 2-2). The formal reduction potentials decrease
as pH increases, in accord with predictions from the Nernst equation. To evaluate the
stability of Cmpd I in CcP-WW, CcP-W1, and CcP-W2 UV-visible spectroscopy was used
to monitor changes in absorbance to the Soret band at 424 nm. Experiments were carried
out using 6.5 UM of ferric CcP protein and 1 molar equivalent of H,O2 in 20 mM sodium
phosphate buffer at pH 6 (Figure 2-10) and 8 (Figure 2-11).

At pH 6, Cmpd | in WT CcP decays by about 10% over 20 minutes. This is similar
to the amount of decay observed for CcP-W1. For both CcP-W2 and CcP-WW, we have
Trpl93, decay by closer to 15%. Interestingly, all four proteins show only minimal decay
in the first 5-7 minutes, after which time the rates of decay become more variable. At pH
8, WT CcP has an initial decay rate that is slower than the other three mutants, and the
Soret peak loses ca. 15% intensity over the course of the experiment. CcP-W1 loses about
15% intensity and as observed at pH 6, CcP-W2 and CcP-WW behave similarly, losing
about 20% Soret intensity. The ending optical spectra for all four proteins display a similar
trend. The Soret peak shift to a lower wavelength, reminiscent of the five coordinate resting
state enzyme. These qualitative observations demonstrate the addition of surface Trp

residues to CcP affects the stability of Cmpd I, consistent with the introduction of a hew

ET pathway.
Table 2-2. Reduction potentials of tryptophan and tyrosine amino acids[42].
Amino acids Reduction potential in agueous solutions
E®’, Vvs NHE
pH 2 pH 7 pH 13
Tryptophan 1.15 1.02 0.65
Tyrosine 1.22 0.93 0.72
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Figure 2-10. Monitoring the loss of the Soret peak at 424 nm upon addition of 1
equivalent of H,O2 in 20 mM phosphate (pH 6) buffer. WT CcP (black
trace), CcP-W2 (blue trace), CcP-W1 (green trace), and CcP-WW (red
trace)
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Figure 2-11. Monitoring the loss of the Soret peak at 424 nm upon addition of 1
equivalent of H,O2 in 20 mM phosphate (pH 8) buffer. WT CcP (black
trace), CcP-W2 (blue trace), CcP-W1 (green trace), and CcP-WW (red
trace).
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Oxidation assays

Enzyme activity for WT CcP and all three mutants was assayed using a canonical
activity assay used for LiP, where | monitored oxidation of VA to veratryl aldehyde (Figure
2-12) [15]. VA is proposed to be a secondary metabolite that is involved with the
degradation of lignin. Figure 2-13 shows two potential pathways for hole flow to the
surface of CcP-WW where VA oxidation can occur. We propose that electrons flow via the
red pathway, as opposed to the pathway which hops directly from A193W mutant (green
pathway Figure 2-13). Each reaction mixture contained 2 mM VA, 400 uM H»O, and 10
MM ferric protein. At a pH of 4 and 6 (Figure 2-14 top and bottom, respectively) the
oxidation reaction, monitored using the appearance of the veratryl aldehyde peak at 310
nm, is negligible for all proteins assayed. In contrast, at pH 8 (Figure 2-15), a substantial
increase in VA oxidation yield is observed for all enzymes. Consistent with studies of
Cmpd | stability in the absence of substrate, the WT enzyme was the least reactive. CcP-
WW oxidized almost twice as much VA as the other two mutants and three times as much
as WT CcP over the course of 3 minutes (Table 2-3). These results suggest that the
additional Y229W mutation provides an alternative pathway for holes to flow from heme

to substrate.

CH,OH CH,OH CHOH CHO
_e'
-e _H+ _H+
OCHj OCHg OCHg OCHg
OCHg OCH,4 OCHg OCHj
| I 0l VI

Figure 2-12. Two electron oxidation of VA to corresponding aldehyde. In nature,
it is postulated that the radical cation produced in Step Il can then
go on to oxidize large organic compounds, such as lignin. Adapted
from [43].
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Figure 2-13. PyMol rendering of the CcP-WW active site illustrating two proposed
pathways for electron hopping. (1) The red arrows illustrate two
electron hopping steps to W191 (2) The green arrows illustrate the
alternative one electron hopping step.
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Figure 2-14. Oxidation assay of veratryl alcohol to veratryl aldehyde by
monitoring the absorption at 310 nm. WT CcP (black trace), CcP-W2
(blue trace), CcP-W1 (green trace), and CcP-WW (red trace) Reaction
mixture contains 400 uM H202, 10 uM protein and 2 mM veratryl
alcohol in 20 mM sodium phosphate (pH 4-top pH 6 bottom) buffer,
control carried out in the absence of enzyme.
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Figure 2-15. Oxidation assay of veratryl alcohol to veratryl aldehyde by
monitoring the absorption at 310 nm. WT CcP (black trace), CcP-W2
(blue trace), CcP-W1 (green trace), and CcP-WW (red trace) Reaction
mixture contains 400 uM H20O2, 10 uM protein and 2 mM veratryl
alcohol in 20 mM sodium phosphate (pH 8) buffer, control carried
out in the absence of enzyme.

In addition to VA oxidation, decolourization of the azo dye 4-p-
nitrophenylazoresorcinol was explored. Peroxidase-catalyzed dye decolourization is
known for other enzymes, including LiP [44, 45], but is less common for CcP. Figure 2-
16 shows the decolorization 4-p-nitrophenylazoresorcinol by the 4 CcP variants, and a
trend similar to that described for VA oxidation is observed. CcP-WW (red trace) has the
highest initial slope, followed by CcP-W2, CcP-W1 and then WT CcP. Interestingly, the
initial reactivity of CcP-W2 is higher than CcP-W1, followed by a shift in relative oxidation
rates after approximately one minute. This behaviour was observed for both the dye and
VA oxidation assays. One possible explanation is a loss of reactivity of the surface Trp. It
should be noted that our CcP mutants lack the negative microenvironment, that is thought

to stabilize the radical cation species formed (Figure 2-12, Step II).
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Figure 2-16. Dye decolorization of 4-p-nitrophenylazoresorcinol by monitoring
the absorption at 466 nm. WT CcP (black trace), CcP-W2 (blue trace),
CcP-W1 (green trace), and CcP-WW (red trace). Reaction mixtures
contained 400 uM H20>, 10 pM protein, and 41.8 puM 4-p-
nitrophenylazoresorcinol at pH 8.

To test for covalent modification of Trp193 and/or Trp229, a reaction mixture of
CcP-WW was concentrated using 3 kDa molecular weight cutoff filter and MALDI spectra
were collected. The MALDI (Appendix A: Figure A.2) shows a shift in the MW
(approximately 1065 Da) of CcP-WW after the oxidation assays, suggesting covalent
modification of the protein, possible via attachment of a reactive oxidized intermediate.
The large peak width in the MALDI spectrum of reaction mixtures containing CcP-WW
might contains several proteins modified at different levels. The mass change of 1065 Da,
corresponds to modification by an average of six oxidized VA intermediates. However, the
precise identity of the modified proteins still needs to be confirmed this experimentally.
The deactivation of the surface Trp193, then prompts oxidation to occur from other Trp
residues (Trpl191). For example, for CcP-W2, initially electrons can transfer from Trp191

to Trp193 in a single step ET event. Following the deactivation of the surface Trp193,
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subsequent ET originates from the embedded Trp191 residue, which appreciably slows

down oxidation.

Evaluation of Michaelis-Menten kinetics parameters for oxidation of VA by the
three CcP mutants were attempted at pH 8. However, when varying concentrations of VA
we observed little change in the initial velocity of the CcP mutant. The initial rates changed
by less than 5% between 50 pM and 10 mM added VA. To check for association of VA
with the CcP active site, UV-Visible spectra were collected at 2 mM VA concentrations. In
all cases the spectra of the CcP mutants did not exhibit measurable changes in the heme
Soret peak after this incubation, suggesting that VA is not binding near, or inside, the
pocket. Future work to probe oxidation reaction dynamics should include other known
substrates used for LiP. For example, 2,2’-azino-bis(3-ethylbenzothiazoline-6-sulphonic

acid) oxidation, which is often used as an assay for peroxidase reactivity [46].

2.4. Discussion

Designing a tryptophan electron hopping chain in CcP

The approach used to move holes away from the active site of CcP included the
introduction of strategically placed Trp residues near the protein surface, and within 15 A
of redox active Trp191. As discussed in this chapter, | designed three mutants (CcP-WW,
CcP-W1, CcP-W2) to test reactivity. | found that our CcP mutants did demonstrate
different reactivity distinct from WT CcP in oxidation assays for two different substrates.
As discussed above, the reduction potentials of Trp residues are pH dependent (Table 2-
2). For electron hopping in any system to occur, the difference in the reduction potentials
of all cofactors should be no more than 200 meV [47]. Therefore, as the reduction potential

decreases as pH increase, hopping becomes more likely.

The reported activity of LiP varies greatly and depends on the method of protein
isolation. Activity ranges anywhere from 2.2 to 31 U mg~to produce 1 pmol veratryl
aldehyde min=[48,49,50,51]. Comparing our CcP mutants (CcP-W1, CcP-W2, CcP-WW)
to the low end of LiP activity, CcCPWW is about 50 times slower than LiP. While the newly
installed surface Trp residues enhances oxidation reactions with two organic substrates,

they do not afford a highly efficient enzyme.
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Table 2-3. Data obtained from the VA assay at a pH 8 with all CcP variants

Name Initial slope rate (M/s) Veratryl aldehyde formed in 1 min per
mg of enzyme
CcPWT 1.5E-7 0.0174 pmol
CcP-WW 5.5E-7 0.0560 pmol
CcP-W1 2.4E-7 0.0291 pmol
CcP-W2 3.5e-7 0.0360 umol

CcP-WW has the highest reactivity towards oxidizing aromatic organic molecules
at the surface of the protein. Figure 2-13 shows the PyMOL rendering of CcP-WW
showing two potential ET pathways. Following the formation of a radical at Trp191, the
electron can transfer directly from the A193W to the radical (green arrow), or the electron
can be transferred between two individually shorter distances (red arrows). ET over long
distances can occur much faster when multiple shorter steps are involved, so called
‘hopping.” Workers have used semiclassical (Marcus) theory to construct hopping maps

that graphically demonstrate the ‘hopping advantage’ for multistep processes [47].

The VA and azo dye oxidation assays suggest that multi-step ET (substrate ->
surface Trp = Trpl91 [ heme])) is preferred, as opposed to the single step ET (substrate
- Trpl91). Based on initial rates, CcP-WW mutant oxidizes substrates faster than
CcPW2. CcPW2 lacks one redox site, Trp229, and therefore reactions are limited to single
step ET between Trpl191 and Trp193. The consequence of this limitation is that ET occurs
on a slower timescale. In contrast to the modest reactivity for my CcP mutants, LiP is very
efficient at oxidizing large organic compounds via a surface radical at Trp171. As noted
above, the negatively charged microenvironment of Trpl171 is thought to stabilize the Trp
radical and oxidized substrate products, such as VA. Figure 2-13 shows the proposed
two-electron oxidation process of VA. The lack of the negative surface patch can result in
loss of stability of the intermediate labeled Il (Figure 2-11). Recent work on Coprinus
cinereus peroxidase illustrated the importance of the negative surface patch [16]. To
create LiP catalytic reactivity, the negative environment was imperative, and was achieved
by producing a triple mutant, D179W + R258E + R272D, which increased substrate
oxidation reactivity. The protein microenvironment of CcP around the site of our mutations

(Figure 2-17) shows a distinct lack of negative residues (compared to Figure 1-7). It is
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likely that this is a key contributor to the modest oxidation activity of our CcP mutants.
Future work could include generating mutants that have a negative microenvironment, like
that found in LiP.

_
b
&

%
L

Figure 2-17. PyMOL rendering of the protein microenvironment of the CcP-WW
mutant. Grey AAs represent the mutated residues. Surface Trp not
surrounded by a negative surface environment such as LiP.

2.5. Conclusions

The work presented in this chapter describes two approaches for introducing Trp
radicals at the surface of peroxidase enzymes. First, | described attempts to introduce Trp
radicals by directly mimicking LiP structures, as outlined in Sec 2.1.1. This approach
proved to be unsuccessful due to the formation of inclusion bodies during protein
expression. These inclusion bodies could not be refolded to yield active proteins and this
strategy was abandoned. Second, | designed a Trp redox chain in CcP with two simple
mutations; this work conceptually mimicked LiP activity by providing an ET route from the

heme cofactor to the enzyme surface. | evaluated our Trp chain by characterizing, and
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investigating the reactivity of three CcP mutants: CcP-WW, CcP-W1, and CcP-W2. The
reactivity of the designed Trp chains is pH dependent, with notable differences in catalytic
oxidation activity toward organic substrates. In all cases, catalytic oxidations were only
observed at pH 8. Based on initial rates, the order of increasing catalytic reactivity for CcP
mutants was, CcP-WW > CcP-W2 > CcP-W1 > WT CcP. | postulate that oxidations
initiated by H,O» in the CcP-WW are following a multistep ET pathway, as opposed to the
other mutants which react more sluggishly, suggesting a different ET pathway. Compared
to native LiP, the reactivity of CcP-WW is still 50-fold lower, so many improvements can

still be made.
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Chapter 3.

Photocatalytic production of alkanes using Ru-
modified cyanobacterial aldehyde deformylating
oxygenases

First reported in 2010 [1], cyanobacterial aldehyde deformylating
oxygenase (cAdo) enzymes (Figure 3-1) are a new addition to the non-heme diiron 4-
helix bundle protein superfamily. These cAdo enzymes attracted a great deal of
attention due their potential use in the production of biofuels. The biological
function of cAdo are still unknown, although the function of related enzymes in
plants (to produce waterproof barriers) [2] and in insects (in the biosynthesis of
pheromones) [3] are known. Because of the comparative ease of expression of
bacterial cAdo proteins, with respect to related plant and insect enzymes, research
into the mechanism of aldehyde decarbonylation by cAdo has proceeded rapidly. Here,
| describe work done to better understand electron flow in cAdo.

The production of alkanes in cyanobacteria requires two enzymes. First fatty-
acyl-CoA esters are converted to fatty aldehydes by an acyl-ACP reductase [4],
followed by the conversion of the C, aldehyde to the corresponding C,.1 alkane by
cAdo (Eqn.l). Though formally redox neutral, the overall decarbonylation reaction is
coupled to the 4H*/4e- reduction of O, to H.O [5]. Remarkably, cAdo can be
integrated into synthetic metabolic pathways to produce alkanes of various chain
lengths [6,7]. However, these enzymatic systems are limited due to their slow turnover
(~ 1 min™) [8], as assayed using either chemical [9] or protein [10] reducing systems.
Slow turnover has typically been attributed to poor electronic coupling between the
diiron active site and the reductant. Though the natural reductase for cAdo
remains unknown, a recent report of a cyanobacterial [2Fe-2S] ferredoxin
has demonstrated rapid reduction of the di-ferric active site [11]. These research efforts
highlight ongoing interest in mechanistic investigation and optimization of electron transfer

(ET) to the diiron active site of cAdo.
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Figure 3-1. Cyanobacterial aldehyde deformylating oxygenase. Insert: diiron
active site with ligated amino acids and aldehyde substrate outlining
the substrate-binding pocket (pink). Image created in PyMOL. PDB
ID: 4RC5)

RCH,CHO + O, + 4H* + 4" — RCH3 + HCOOH + H,0 (Egn. 1)

To better couple ET between a reductant and the embedded cAdo diiron site, |
integrated a Ru-photosensitizer to the surface of cAdo. Ruthenium photosensitizers have
routinely been used to study ET in many enzymes [12,13,14]. Attachment of a
photosensitizer requires the presence of a solvent exposed cysteine or histidine residue.
Here, Cys is preferred due to the low number of exposed Cys residues in cAdo. To label
the protein, a Cys-reactive Ru(tris-diimine) complex was used (4-bromomethyl-4’-methyl-
2,2 -bipyridyl)(2,2-bipyridyl)Ru'(PFs)2, as shown in Figure 3-3 [15]. Analysis of the X-
ray structure reveals one surface cysteine (Cys70) adjacent to E115 in the active site, as
illustrated in Figure 3-2 (A). Further, two mutations, R62C and C70S, produce a mutant
with one solvent exposed Cys residue (Figure 3-2 (B)). Finally, a mutation to R62C
introduces an additional Cys along the same peptide segment as Fe-coordinating H63,
giving a total of two solvent exposed Cys residues (Figure 3-2 (C)). Overall, | designed
three different Ru-cAdo models and investigated their catalytic reactivity for aliphatic

aldehyde deformylation.
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A)

B)

C)

Figure 3-2.

PDB: 4RC5

1

WT cAdo

PDB: 4RC5

cAdo R62C + C70S

PDB: 4RC5

cAdo R62C

Labeling and active site orientations in Ru-cAdo photochemical
systems: (A) WT-cAdo has cysteine residue (C70) (red) near the
active site; (B) introduction of two mutations R62C and C70S, results
in one cysteine residue (red) adjacent to H63 in active site and (C)
introduction of a single mutant at R62C produces two solvent
exposed Cys (red). The magenta compound in all figures is
crystallographically defined bound substrate.
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CH
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Figure 3-3.  Cys-reactive brominated Ru(tris-diimine) complex used (4-
bromomethyl-4"-methyl-2,2"-bipyridyl)(2,2 -bipyridyl).Ru"(PFe)2

| used the photochemical flash-quench system outlined in Figure 3-4 to reduce
cAdo. A visible light source (e.g., a halogen lamp) is required to excite the Ru(ll) to a long-
lived electronically excited state, *Ru(ll). In the presence of a quencher, *Ru(ll) can be
reduced to (formally) Ru(l) [16]. In this process, sodium diethyldithiocarbamate (DTC) was
used to quench Ru(ll)*. The high water solubility and low cost of DTC make it an ideal
sacrificial reductant for our photochemical systems [17]. The flash-quench generated Ru(l)
is a strong reductant, with E° =—-1.26 V vs. NHE [18]. This potential is much more reducing
than that of any chemical or biochemical-reducing systems commonly used with cAdo,
providing a valuable test of whether or not low driving force ET is limiting the rate of cAdo
catalysis. This also makes it an effective method to shuttle electrons to the active site. A
total of four cycles from Ru(l) to Ru(ll) are required to complete one cAdo cycle. In this
chapter, | describe the characterization and implementation of photochemical Ru-cAdo

systems.
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Visible 172 DTC,
light
Ru(ll) < Ru(l)
cAdo - cAdo

Figure 3-4. Proposed photochemical system for shuttling electrons to the active
site of cAdo. Upon irradiation from a visible light source,
electronically excited *Ru(ll) is produced; in the presence of an
excess amount of sacrificial reductant, DTC, we can reduce *Ru(ll) to
Ru(l), which in turn shuttle electrons to the diiron active site

3.1. Materials and Methods

3.1.1.  Protein expression and purification
Site directed mutagenesis

Plasmids encoding the Synechococcus elongatus cyanobacterial aldehyde
deformylating oxygenase gene were a gift from Prof. David Baker (University of
Washington). The gene was cloned into pET29(b+) between Ndel and Xho1l restriction
sites, which included a polyhistidine (Hise) tag at the C-terminus. All cAdo (R62C, C116S
+ C70S) mutants were prepared by PCR using primers purchased from Eurofins Operon
(Appendix B). Site directed mutant plasmids were obtained with the Quickchange
protocol (Agilent Technology). DNA polymerase (Q5) and Dpnl were obtained from New
England Biolabs. PCR mixtures were transformed with chemically competent DH5a E. coli
and plated on kanamycin-supplemented Luria broth agar plates. Single colonies were
grown overnight. Plasmid DNA was isolated from overnight cultures according to a Qiagen
Spin MiniPrep kit and sequenced by Eurofins Operon simple sequence read service to

verify mutations.
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Protein expression

Standard transformation protocols were followed using E. coli BL21(DE3) on
kanamycin-supplemented agar plates (50ug/mL). A single colony was incubated overnight
(37°C, 180 rpm shaking) in 25 mL Luria broth (LB) supplemented with 50 pg/mL
kanamycin. Large-scale expression was initiated by inoculating 1 L of terrific broth (TB)
containing 50pg/mL kanamycin with 1 mL of the starter culture. Cultures were grown to
an ODego Of approximately 0.6-08. IPTG was then added to a final concentration of 500
uM and grown for an additional 5 hours. Cells were harvested by centrifugation for 30

minutes at 5000 rpm.

Purification and labeling procedure

Cell pellets were resuspended in 50 mM sodium phosphate, 500 mM NaCl, 5 mM
imidazole, and 1 mM PMSF buffer (pH 8). The resulting suspension was lysed by
sonication on ice for 15 minutes and the supernatant was collected by centrifugation for
30 minutes at 14000 rpm (4°C). The pH of the supernatant was adjusted to pH 8 and then
loaded directly onto a Ni-NTA affinity column. The column was washed with at least 10
column volumes of buffer containing 20 mM sodium phosphate, 5 mM imidazole, and 500
mM NacCl buffer (pH 8). Increasing the concentration of imidazole to 250 mM eluted the
protein of interest. The buffer was exchanged to 20 mM TriseHCI buffer (pH 8) containing
20 mM DTT and incubated at room temperature for at least 45 minutes. DTT was removed

by desalting on a PD-10 desalting column.

To prepare labeled cAdo, varying concentrations of the Ru-photosensitizer ((4-
bromomethyl-4"-methyl-2,2"-bipyridyl)(2,2"-bipyridyl).Ru'"(PFs).) were added to protein
mixtures ranging from 1.2-2.4 equivalents. The Ru-photosensitizer is added to 60 uM
protein solution in 20 mM Tris (pH 8) buffer and stirred for at least 4 hours in the dark at
4°C; the longest reactions times were overnight (12 hours). Protein solutions were then
exchanged into 5 mM HEPES buffer (pH 7.6) and loaded onto a FPLC DEAE Hi-Prep
column and purified by increasing salt concentration (Buffer B: 5mM HEPES + 500 mM
NaCl pH 7.6). Fractions containing labeled protein were pooled and exchanged into a 50
mM sodium phosphate buffer solution with 200 mM NaCl (pH 7.5). Protein samples were

stored in the dark at 4°C until needed.
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3.1.2. Characterization of Ru-cAdo Models

Optical spectroscopy

The UV-Visible spectra of the proteins were obtained with either a Photon Control
SPM-002-EH CCD with a SPLC 1DH deuterium/tungsten light source, or a Cary 100-Bio
UV-visible spectrometer. The optical spectra for all proteins, including Ru-modified

proteins, were collected in 50 mM sodium phosphate, 100 mM NacCl buffer (pH 7.5).

Mass spectrometry: MALDI Characterization

MALDI was routinely used to confirm the identity and purity of Apo protein and Ru-
labeled proteins. A Bruker microFLEX MALDI-TOF instrument with a 48 well ground steel
target was used for all MS experiments. The dried droplet method was used with sinapinic
acid as the matrix for all samples. Spectra are provided in the Appendix B. Theoretical
molecular weights are obtained from the protein sequence using ExPasy: Compete Pi/MW
tool [19].

Circular Dichroism

Circular dichroism spectra were collected using a Chirascan qCD spectrometer
scanning from 200 nm to 250 nm. A total of five scans were taken and averaged with a
step size of 1 nm and 0.5 seconds per point. Raw data was converted using the following
formula [6] = 6M,./(nCl) where 6,M,, n, C, and [ represent ellipticity in millidegrees,
molecular weight (Da), number of residues, concentration in mg/ml and the cuvette path
length respectively. Values are reported as (deg? cmemol?) against wavelength (nm). All

scans were collected in 50 mM sodium phosphate buffer, 100 mM NacCl, pH 7.5.

Steady state fluorescence

All  fluorescence spectra were collected on Jobin-Yvon FluoroLog
Spectrofluorometer. Samples were deoxygenated with several pump-purge cycles with
argon. Deoxygenated samples were excited at 455 nm and scanned from 480 to 800 nm.
Each sample contained 10 uM of Ru-modified protein in 50 mM sodium phosphate, 100
mM NacCl buffer (pH 7.5). The buffer composition was identical for scans containing 10

mM DTC quencher.
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Trypsin digestion

A trypsin digestion carried out for Ru-R62C-cAdo and Ru-WT-cAdo along with the
unlabeled proteins as controls. The enzyme was desalted into 100 mM ammonium
bicarbonate buffer (pH 8) using a PD10 desalting column. Trypsin from bovine pancreas
was dissolved in 1 mM HCI to a concentration of 1 mg/mL. The trypsin was then added
directly to the protein solution to give a final trypsin: substrate ratio of 1:20. The digestion
was incubated for 36 hours at 37°C. The solution was then directly spotted onto a 48 well
MALDI stainless steel target using the dried droplet method, with 2,5-dihydroxybenzoic
acid as the matrix. To calculate the cleavage fragments from the trypsin digest an online

calculator, Peptidecutter [20].

Photochemical reaction conditions

To determine ideal reaction conditions, the concentration of the quencher, Ru-
cAdo concentration, time, and temperature were evaluated. Optimal conditions were found
to be 10 uM of cAdo, 10 mM DTC in 50 mM sodium phosphate, 100 mM NacCl buffer (pH
7.5). For all reactions, half of a master reaction mixture was placed in the dark as a control.
The other half of the reaction mixture was exposed to visible light from a KODAK extra
bright lamp projector source, stirring in a water bath at room temperature. The reactivity
of a range of long-chain aldehydes were assessed under saturating conditions of

substrate.

Proton NMR

All NMR experiments were run on the Bruker AVANCE Il 500 MHz running
IconNMR under TopSpin 2.1. The Simpson water suppression pulse program was used
to analyze the products of all photochemical reactions. In addition to reaction conditions
described above, NMR samples were run with 10% added D,O. For NMR samples, the
reaction solution was centrifuged for 5 minutes at 16000 g to remove insoluble oxidized
DTC. The solution was then transferred to NMR tubes (5 mm diameter) and NMR spectra

were collected.
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Alkane detection using GC-MS

Alkane formation was quantified through GC-MS (Agilent 6890 series with 5973
Network Mass Selective Detector). A capillary DB-5 column (0.25mm x 30m x 0.25 um)
was used to separate hydrocarbons. Polypropylene Eppendorf microcentrifuge tubes
were used to extract decane from the reaction mixture. Photochemical reactions (1000
uL) were extracted with ethyl acetate (500 uL). The mixture was vortexed for 2 minutes
and centrifuged for 30 minutes at 16000 g. A 150 uL aliquot of the organic fraction was

extracted and dodecane was added as an internal standard (5 uM).

For GC-MS experiments, 1 uL was injected using a 2:1 split ratio with a flow rate
of 3 mL min~%. Hydrogen gas was used as the carrier gas with a flow rate of 1.5 mL
min~1. Upon injection, the oven temperature was set to 70°C and the inlet temperature was
set at 280°C. The oven temperature was held at 70°C for 3 minutes, and then ramped to
145°C at 20°C min1, ending with a ramp to 280 °C at 30 °C min. To detect decane peaks,
we used SIM mode; selected ions include 43,57,85,142 m/z. A single point calibration

(100 uM decane and 5 uM dodecane) was used to determine decane concentrations.

Control reactions

The activity of heterogeneously expressed protein was confirmed by performing a
standard activity assay with minor modifications [21]. A 500 uL solution containing 250 uM
of oxidized cAdo protein in 50 mM sodium phosphate, 100 mM NaCl buffer (pH 7.5) with
10% D.O was added to equal volume of 250 uM phenazine methosulfate (PMS) and
sodium dithionite prepared in 50 mM sodium phosphate, 100 mM NacCl, buffer (pH 7.5)
with 10% D,0O. Reaction mixtures were kept under argon atmosphere and monitored using
IH NMR, as described above.

A number of controls were run in order to confirm the efficacy of the photochemical
reactions. Controls with non-covalently attached tris(2, 2 -bipyridine)ruthenium(ll) chloride
(Ru(bpy)s?*) were investigated. Reaction mixtures contained 10 uM Ru(bpy)s?*, 10 uM
WT-cAdo, with 10 mM DTC in 50 mM sodium phosphate, 100 mM NacCl, buffer (pH 7.5).
Additionally, controls without DTC were investigated. These reaction mixtures contained
10 uM Ru-labeled cAdo in 50 mM sodium phosphate, 100 mM NacCl, buffer (pH 7.5). For

all controls, half of the reaction mixture was placed in the dark as a control. The other half
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of the reaction mixture was irradiated with visible light from a KODAK extra bright lamp
projector while stirring in a water bath held at 22°C. Reactions were monitored using *H
NMR as described above. All controls used octanal as the aldehyde substrate under

saturating conditions of substrate.

3.2. Results

UV-visible spectroscopy

The UV-visible spectrum of the iron-loaded cAdo protein exhibits a weak shoulder
at 350 nm indicative of ferric iron coordination in the active site (Figure 3-5, black trace).
The Ru photosensitizer in sodium phosphate buffer (Figure 3-5, purple trace) has distinct
absorption bands in the 400-500 nm region that are attributed to the metal-to-ligand
charge transfer MLCT transition of Ru-bipryidyl complexes. Exposure to the Cys-reactive
brominated Ru-photosensitizer results in Ru-modified WT-cAdo (Ru-Cys70) and related
mutants (Ru-R62C/C116S/C70 cAdo and Ru-R62C-cAdo). FPLC purification removes
unlabelled protein and provides purified Ru-labeled proteins. Distinct Ru MLCT transitions
are observed for all three Ru-cAdo models. At a given concentration, the absorption bands
in the visible region are more intense for Ru-R62C-cAdo, consistent with the attachment
of two Ru photosensitizers to the protein. The absorption bands for Ru-WT-cAdo and Ru-
R62C/C116S/C70S-cAdo in the visible region are similar due to the coordination of a

single Ru-label on the surface (Figure 3-5, blue and red trace).
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Figure 3-5.  UV-visible spectra of Apo cAdo and labeled Ru-cAdo. WT-cAdo
(black trace), Ru photosensitizer- ((4-bromomethyl-4"-methyl-2,2"-
bipyridyl) (2,2°-bipyridyl),Ru'"(PFs). (purple trace), Ru-WT-cAdo (red
trace), Ru-R62C/C116S/C70 cAdo (blue trace).

Mass spectroscopy: MALDI characterization

MALDI was used to confirm the identity WT-cAdo and mutants. Table 3-1 shows
the theoretical and experimentally obtained masses of purified mutants. MALDI was also
used to confirm the attachment of the Ru-photosensitizer to the surface of the protein. The
Ru-photosensitizer has a mass of 677 Da; upon coordination to the solvent exposed Cys
residue the mass is reduced to 597 Da due to loss of the bromide leaving group. Therefore,
a mass difference of approximately 597 Da is expected for each Ru-label attached to the
protein. Figure 3-6 shows the difference between unlabelled and labeled protein Ru-
R62C-cAdo. The clear shift in the peaks indicates that two Ru-labels are attached to the

protein.
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Table 3-1.

Theoretical and experimentally obtained mass of WT-cAdo and
mutants with unlabeled and labeled protein.

Name Theoretical Experimental Labeled: Labeled:
(Da) (Da) theoretical (Da) experimental
theoretical (Da)
WT 28558 28558 29155 29160
R62C 28505 28504 29699 29709
R62C/C116S/C70S 28473 28482 29070 29036
) 28504
3004 '
207 | cAdo
100
TR st e
= 0
B .
c ) 29708
o 0 _
o .
= ] cAdo
2001 .y
: +2 Ru Photosensitizer
100 \

|
20000 25000 30000 35000 40000 45000 50000 55000
m/z

Figure 3-6. Stacked MS of R62C-cAdo unlabeled (top) and Ru-R62C-cAdo

(bottom) collected from MALDI. The mass shift of approximately
1200 Dais indicative of two Ru-labels attached to the surface of the
protein.

Circular dichroism

The far-UV CD spectra is useful for evaluating whether the secondary structure is
conserved upon modification (mutations and/or labelling protein). The X-ray structure of

cAdo (PDB: 4RC5) shows that the protein adopts an antiparallel four helix bundle
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structure. Figure 3-7 shows that WT-cAdo (black trace) has a CD spectrum indicative of
an alpha helix secondary structure [22], in agreement with the reported structure. Far-UvV
CD spectra of R62C-cAdo (green trace), and R62C/C116S/C70S-cAdo (blue trace) show
modest changes, and suggest that secondary structure is conserved. Additionally, the CD
spectra of the Ru-labeled proteins were collected. Figure 3-8, shows that upon addition
of the Ru-photosensitizer the protein exhibits similar CD spectra. This demonstrates that

addition of the Ru-photosensitizer does not significantly perturb the protein’s secondary

structure.
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Figure 3-7. Far UV CD spectrain 50 mM phosphate and 100 mM NaCl (pH 7.5).
CD spectra of unlabeled cAdo protein. WT-cAdo (black trace), R62C-
cAdo (green trace) and R62C C116S C70S-cAdo (blue trace).

63



1000000 1 —Ru cAdo R62C
—Ru WT cAdo
—WT cAdo
600000 - —Ru cAdo R62C C116S C70S
2
‘S 200000 -
=
o
D
S -200000 -
wn
4
£
& -600000 A
=
1000000 A
200 210 220 230 240 250

Wavelength (nm)

Figure 3-8. Far UV CD spectrain 50 mM phosphate and 100 mM NaCl (pH 7.5).
CD spectra of labelled cAdo protein WT-cAdo (Black trace), Ru- WT-
cAdo (red trace) Ru-R62C-cAdo (green trace) and Ru-R62C C116S
C70S-cAdo (blue trace).

Steady-state fluorescence

Ruthenium-labeled proteins are known to exhibit a characteristic emission peak
centered at approximately 600 nm [23]. Upon excitation of all Ru-cAdo proteins at 455
nm, a distinct emission peak is observed. Figure 3-9 shows the normalized emission
spectra observed for each Ru-modified mutant. As expected, the emission peak for Ru-
R62C-cAdo (red trace) is about twice as strong as for the other Ru-labeled proteins due
to the presence of two Ru-photosensitizers. Likewise, the emission spectra for Ru-WT-
cAdo (green trace) and Ru-R62C/C116S/C70S-cAdo (blue trace) are less intense due to
the coordination of only one Ru-label.

In addition, the emission spectra of the Ru-modified protein in the presence of DTC
guencher (Figure 3-10) were collected. The emission of the Ru-labeled protein is reduced

by more than 50% in the presence of quencher, indicating that DTC is capable of
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quenching the excited *Ru" species and confirming that it is a suitable quencher for our

photochemical reactions.

—Ru-WT cAdo
i —Ru-R62C-cAdo
- —Ru-R62CC70SC116S cAdo

Figure 3-9. Steady-state fluorescence spectra were generated with an
excitation wavelength of 455 nm. The Ru-cAdo models were
deoxygenated in 50 mM sodium phosphate and 100 mM NaCl buffer
(pH 7.5). Ru-WT-cAdo (green trace), Ru-R62C-cAdo (red trace), and
Ru-R62C C70S-C116S cAdo (blue trace).
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Figure 3-10. Steady state emission spectra of Ru-cAdo models in deoxygenated
50 mM sodium phosphate and 100 mM NaCl, pH 7.5 (black traces).
Subsequent emission recorded under identical conditions in the
presence of 10 mM DTC guencher (red traces).
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Trypsin digestion

In order to confirm Ru-labelling at the desired Cys residues, proteins were digested
using trypsin and the peptide fragments were analysed using mass spectrometry.
Attachment of Ru-photosensitizers can be probed by comparing the peptide fragments of
unlabeled cAdo against the labeled WT protein. The structure of the protein (PDB ID
4RC5) shows two solvent exposed Cys residues, C116 and C70, which are potential sites
capable of reacting with the brominated Ru-label. The digested WT-cAdo, and Ru-WT-
cAdo clearly identify the labeled residue as Cys70, due to the presence of a distinct peak
at 1309 Da. Table 3-2 shows that the peptide fragment containing Cys70 (713 Da) and
the Ru-photosensitizer (597 Da) give rise to a peak at 1310 Da, confirming that Cys70 is
the labeled residue. The same approach can be used to confirm that for C62 and C70 are
the labeled residues for Ru-R62C-cAdo.

Table 3-2. Selected fragments of digested proteins from the Trypsin solution
digestion
Name Fragment Peptide Ru-label | Theoretical Actual mass (Da)
position fragment (Da) (Da) mass (Da)

Ru-WT- 65-71 713 597 1310 1309
cAdo GFMACGK

‘ 65-71 713 597 1310 1308
Ru-R62C- GFMACGK

cAdo 58-64 907 597 1504 1501
MEQCHMK

3.2.1. Photochemical reactions

Proton NMR

Proton NMR was used to evaluate the deformylation activity of our Ru-cAdo
models. Figure 3-11 sets out typical NMR spectra observed for the time course of the
photochemical reactions. A peak at 8.3 ppm grows over the course of 40 minutes,
corresponding to the production of formate. The assignment was confirmed by spiking
with authentic sample. Additionally, the peaks at 1.1 and 3.9 ppm decrease over time. The
loss of these signals is consistent with quenching of DTC and production of the sparingly

soluble oxidized DTC dimer.
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The absolute integral value of the DTC methyl or ethyl resonances provides a
measure of DTC consumption. Comparison of light and dark samples suggests that ca. 6
mM DTC remains after 60 minutes of illumination. Comparison with the integral value for
formate produced suggests that 50 £ 10 uM formate is produced during the reactions.
Thus, much more DTC is consumed then is needed to satisfy the 4e~ stoichiometry

required by cAdo.

In many cases, a side product with a resonance at 9.04 ppm is also observed.
Such downfield shifts are most commonly observed for aldehyde CHO and for peroxide
protons. Production of aliphatic peroxide side products are known for cAdo [24]. To test
for this possibility, reaction mixtures were extracted with 2 mM triphenylphosphine (PPh3)
in CDCl3 and analyzed using 3!P NMR. Dark samples showed a single resonance at -5.31
ppm, which is assigned to PPhs. In the light samples, a second resonance is observed at
29.4 ppm, consistent with production of triphenylphosphine oxide (OPPh3). The proton
NMR of the aqueous layer was taken after extraction with 2 mM PPh3z in CDCls. The peak
at approximately 9.04 ppm disappeared indicating that it had been extracted with CDCls.
This result strongly suggests that the production of peroxide (H2O. or ROOH) side
products can at least partially account for the discrepancy between DTC consumption and

formate production.
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Figure 3-11. H NMR light reaction with undecanal using Ru-WT-cAdo over 40
minute’'s exposure. Left insert: the growing peak at 8.3 ppm shows
the formation of formate over time. Right: insert: the decreasing
peak at approximately 3.9 ppm and 1.1 ppm indicates quenching of
DTC over time.
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GC-MS analyses

The low water solubility of alkane deformylation products makes them difficult to
detect using *H NMR. Consequently, GC-MS was used to identify the alkane produced
from photocatalytic reactions. Initially, short chain alkanes produced from Cs-C»
aldehydes were explored. However, developing a reliable headspace analysis method for
short chain alkanes proved challenging and only qualitative analyses were possible under
the best circumstances. Detection of hydrocarbon production for longer chain alkanes was
more straightforward and undecanal was chosen as the aldehyde substrate. Hydrocarbon
products (decane) were extracted with ethyl acetate, as described above. Using this
method, decane was reproducibly detected, but comparison to yields of formate suggest
that the extraction method could be improved. Several controls were also run in parallel
and suggest ~ 15% recovery of decane. A possible explanation for this can be due to
polypropylene microcentrifuge tubes. One potential strategy to minimize the loss could

involve using glass centrifuge tubes.

Despite the low overall recovery of decane, the reproducibility of the extraction
method allowed for comparison of the relative catalytic activity of our Ru-cAdo models.
Accounting for this low extraction efficiency, and comparing the resulting GC-MS vyields
with the above NMR integrations, suggests that ca. 70 uM decane is produced. This value
is consistent with the NMR integrations (~50 pM formate) and the expected 1:1
stoichiometry between formate and decane.

The activity of our Ru-R62C/C116S/C70S-cAdo model is significantly lower than
our other Ru-cAdo models. Recently, Bollinger and colleagues implicated a radical on C70
as a potential radical species that could participate in the unproductive free-radical
mechanism (Figure 3-13, red trace) when cAdo is exposed to non-native aldehyde
substrates. By introducing a mutation at C70A they observed a 73% reduction in activity,
which is similar to the approximately 70% reduction of decane production that was
observed in comparison to Ru-R62C-cAdo and Ru-WT-cAdo models [24]. It also is notable
that the addition of Ru at C70 does not affect catalysis. This result suggests that Ru-C70
can play a role analogous to C70 in WT-cAdo.
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Control reactions

To assess the efficacy of the photochemical reactions several control reactions
were carried out. Activity of heterogeneously expressed protein was confirmed using a
standard activity assay (see Experimental section). The *H NMR spectra were collected
shortly after indicating deformylation of octanal. The NMR data confirmed enzymatic
activity of WT and mutant proteins with chemical reductants. Moreover, in the literature

there have been several examples of photoreduction via non-covalently bound Ru(bpy)s2*
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[25]. To confirm that covalent attachment is necessary for our Ru-cAdo systems to
undergo photocatalytic turnover, control experiments using Ru(bpy)s:?* as the
photosensitizer were carried out. After exposure to visible light, DTC consumption was
observed, but formate was not detected by *H NMR. This result strongly suggests that the
bimolecular approach to active site reduction is not effective, even with the powerful
Ru(bpy)s* reducing agent. Hence, through our controls were able to demonstrate the need

for DTC, and Ru-labeled cAdo for photocatalytic deformylation of aliphatic aldehydes.

3.3. Discussion

The work described in this chapter included the design and photocatalytic activity
of several Ru-modified cAdo proteins. Three different Ru-cAdo models were prepared and
fully characterized using several techniques that confirm the attachment of a Ru-
photosensitizer to the surface of the protein. Following characterization of these labeled
proteins, a photocatalytic system was developed that was used to decarbonylate aliphatic
aldehydes to the corresponding alkanes. *H NMR and GC-MS measurements were used

to show the production of formate and alkane products, respectively.

The native substrates for cAdo are Cy-aldehydes (n = 13 to 17). However,
investigating catalysis with these native substrates is problematic due to their very low
water solubility. Therefore, the work described in this chapter employed non-native Cn-
aldehydes (n = 5 to 11) aldehyde substrates, which have significantly higher water
solubility. It is important to note that this may provide misleading information about natural
ET of cAdo. However, these data are still quite useful in the context of chemical synthesis
or biofuel production. The modest increase in catalytic activity suggest that ET to the active
site is not the limiting factor for cAdo catalysis. This is fully supported by production of
peroxide side products, which likely arise from quenching of the alkyl radical intermediate
by O», or by production and disproportionation of superoxide by Ru. These data suggest
that other factors may be limiting the activity of the enzyme. A possible explanation for low
catalytic activity may be attributed to slow release of the hydrocarbon product. The highly
hydrophobic binding pocket may inhibit the release of products, therefore preventing other
substrates from binding in the pocket. Future work should include exploring strategies to

promote faster product release, including the use of mixed solvent systems where
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aldehydes/alkanes have better solubility. Use of an appropriate hydrophobic co-
solvent could promote faster product release, and result in a higher turnover. One
potential solvent to start with is ethyl acetate for the extraction of alkanes. Alternatively,
miscible solvents, such as DMSO, could play a similar role, and it is known that cAdo

can tolerate low levels of DMSO in buffered media.

Finally, though dioxygen is an essential substrate for cAdo, it has also
been reported to inhibit catalysis [26,27]. The molecular basis for this inefficiency
was only recently recognized (Figure 3-12) [24] by detection of a peroxyl radical that
forms from the reaction a proposed alkyl radical intermediate with O, (Step E’). It was
found that the formation of the peroxyl radical was positively correlated to O
concentrations, and negatively correlated to the alkane production. Though we did
not attempt a thorough investigation of microaerobic conditions (low oxygen
conditions), it would be interesting to investigate our Ru-cAdo models under these

conditions, as reported in the literature [24,26,28].

3.4. Conclusion

Three different Ru-cAdo models were characterized, and evaluated for
catalytic activity. The order of increasing catalytic reactivity for our labeled proteins are
as follows: Ru-R62C-cAdo > Ru-WT-cAdo > Ru-R62C/C116S/C70S-cAdo.
The Ru-R62C/C116S/C70S-cAdo model has significantly (~70%) lower yields of
alkane in comparison to the other two Ru-cAdo models. This is in agreement with
literature reports which also report that the C70A mutation decreases the activity by
more than 70% compared to WT activity. Our results reinforce the conclusion that
C70 is an important residue involved in the catalytic cycle. For the remaining two Ru-
cAdo models we see similar levels of activity, with slightly greater activity for Ru-R62C-
cAdo. This difference in activity is attributed to the presence of two photosensitizers on
the surface. These two redox-active groups likely enable more efficient delivery of the
four electrons required to complete one turnover. Our work suggests that ET could still
be optimized in engineered cAdo systems, but it is not the limiting factor. There likely are
other underlying factors that are limiting cAdo activity, such as partitioning of aliphatic
substrates and products between aqueous media and the enzyme active site. As
such, controlling and optimizing the interplay between ET and substrate/product

partitioning to the active site is an important goal.
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Chapter 4.

Summary, Conclusions, and Future Directions

Electron transfer (ET) in biological systems has attracted much interest from
chemists, biochemists, and biologists. The work described in this thesis focused on
application of a great body of fundamental work that already existed in the literature. We
describe how we can use this knowledge to introduce new redox functionality into
metalloproteins by the addition of artificial electron wires. | used two different dioxygen-
activating metalloproteins as models to produce artificial electron wires. First, |
demonstrated a novel approach for creating amino acid ET ‘wires’ from the heme to the
protein surface of yeast cytochrome c peroxidase (CcP) (Chapter 2). Incorporation of two
mutations, Y229W and A193W, results in a properly folded CcP protein that supports
formation of high-valent heme intermediates. Addition of H,O» to these proteins promoted
oxidation of stable organic compounds slightly faster than WT CcP. Second, | designed
several Ru-modified cAdo systems where flash-quench generated Ru(l) shuttled electrons
to the embedded diiron active site (Chapter 3). The Ru-modified cAdo systems were

shown to catalyze the deformylation of aldehydes and produce formate and alkanes.

Chapter 2: Mobilizing electrons in cytochrome ¢ peroxidase: designing and
testing an electron transfer wire

An electron transfer wire was introduced into CcP by introducing two AAs in close
proximity to Trp191, the well-known radical in the proximal pocket of CcP [1]. The ET wire
is most efficient under alkaline pH conditions. This implies that under more acidic
conditions the net driving force for ET from the heme to the surface is above 200 meV for
at least one ET step. It is known that this makes electron hopping unfavourable [2]. It
would be desirable to engineer a mutant that performed under more acidic conditions, as
the stability of CcP Cmpd I significantly drops above pH 8 [3]. Although | showed that the
ET behaviour can be modulated by varying the pH, one can also modify the protein
environment to influence changes in reduction potential. For example, the remarkable

stability of Cmpd | can be attributed to the protein environment of Trp191. Early work on
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CcP revealed a large area of negative electrostatic potential contained in the proximal
pocket of the active site [4]. Future work can look at constructing similar environments for

our newly introduced AAs to generate wires at lower pH values.

Crystallographic information for the double mutant (CcP-WW) would provide
additional insight into the nature of ET. With crystallographic data one can generate
hopping maps, which use semiclassical ET theory to display of heat map for multi-step ET
systems [5]. Furthermore, one can investigate how the orientation of the AA residues
affects catalysis. Aromatic residues typically orient themselves in either parallel-displaced
(PD) or T-shapes orientation. PD orientations are known to favour ET due to the increased
overlap of the molecular orbitals [6]. As such, the orientation of the aromatic residues
could be analyzed by inspecting crystal structures for our CcP-WW mutant. This would
allow us to gain a better understanding on the nature of ET in our mutant and guide us in

the developing second-generation electron wires.

An alternative approach could include using existing Trp/Tyr chains in biological
systems. Potential candidates could include dioxygen-activating enzymes such as,
cytochromes P450 (CYPs). P450 monooxygenases have Tyr/Trp chains to relieve
oxidative stress [7]. Targeting mutations that modulate current reactivity, and make
electron hoping through the wire a more favourable pathway would be ideal. In addition to
introducing such chains, recent work demonstrates that redox reactivity at the heme site
can be modified with only a few mutations [8]. Generation of a strong oxidant, as
implicated in peroxidases, is critical for the activation of P450 wires.

Chapter 3: Photocatalytic production of alkanes using Ru-modified
cyanobacterial aldehyde deformylating oxygenase (cAdo)

Since the early 1980s, ruthenium photosensitizers have been used to investigate
ET and catalysis in biological systems [9,10]. The recent interest in cAdo prompted us to
incorporate a Ru-photosensitizer to the surface of the protein as a strategy to increase the
rate of ET to the active site. | designed and characterized three different Ru-modified cAdo
models and demonstrated that electrons could be shuttled into the diiron site to carry out
catalytic aldehyde deformylation. | showed that our Ru-cAdo models could successfully

deformylate a range of short chain aldehydes (Cs-C11), confirming the functional activity
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of our Ru-cAdo models. | observed the corresponding Cn.1 alkane through GC-MS, and

also observed formate production through proton NMR.

The Ru-cAdo models described in Chapter 3 can be used to investigate the
mechanistic underpinnings of cAdo. Figure 3-12 displays the putative catalytic cycle of
cAdo, but there has not yet been a report of the direct detection of an alkyl radical that
supports Step E. Nonetheless, this radical pathway has been favoured by many [11]. The
most recent evidence supporting the radical mechanism came from the detection of the
substrate derived peroxyl radical that accumulates with non-native short-chain aldehydes
[12]. The peroxyl radical is consistent with radical mechanism, as opposed to the recently
proposed heterolytic bond cleavage step [13,14]. With our modified Ru-cAdo models one
can investigate alkyl radical formation with native aldehyde substrates (i.e., Ci5-Ci9).
Flash-quench techniques and electron paramagnetic resonance (EPR) spectroscopy can
be used to investigate the presence of a short-lived alkyl radical, which would provide

conclusive evidence for the free radical mechanism.

In addition to the above mechanistic work, industrial applications could be tailored
on the basis of our mechanistic work. Many industrial applications require the use of short
chain aldehydes for biofuel production and the formation of additional oxidative products
is not desired. Therefore, there is incentive to bioengineer cAdo to avoid additional by-
products. Mutations to the substrate-binding pocket can help modify the substrate bias to
allow for short chain aldehydes. Efforts at modifying the long hydrophobic substrate-
binding pocket have been reported [15]. An example includes changing Alal34 to Phe
residue. This specific mutation has been known to have a substrate bias towards short
chain aldehydes. Future work can include introducing mutations to our Ru-cAdo models

as a strategy to producing higher yields of short chain alkanes.

Finally, dioxygen is an essential substrate for cAdo, but the unproductive
guenching of the alkyl radical in the substrate-binding pocket in the presence of excess
dioxygen, makes dioxygen an inhibitor as well. This unproductive reaction pathway is
outlined in Figure 3-12 and shows how excess O, can produce the substrate-derived
peroxyl radical. Figure 3-12 (Step E) shows the hydrogen atom originates from the
coordinated water ligand [16]. For the unproductive pathway the quenching of the

dioxygen occurs faster than the abstraction of the hydrogen. Future work could include
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exploring ways to engineer the active site such that one can avoid the formation of the

peroxyl radical under ambient dioxygen concentrations.
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Appendix A.

Supporting Information for Chapter 2

Table Al: Primers used for CcP mutants purchased from Eurofins Operon

Mutation Sequence (523)

Forward primer:
Ala193Trp GGTCCGTGGGGCTGGGCAAACAATCTGTTTACG

Reverse primer:
CGTAAACAGATTGTTTGCCCAGCCCCACGGACC

Reverse primer:
Tyr229Trp GGACAGTAAATCCGGTTGGATGATGCTGCCGACC

Reverse primer:
GGTCGGCAGCATCATCCAACCGGATTTACTGTCC
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Figure A.2.  Overlay of MALDI spectra for CcP-WW mutant. Red trace: CcP-WW
before VA oxidation at pH 8. Green trace: CcP-WW after VA oxidation at
pH 8.
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Appendix B.

Supporting Information for Chapter 3

Table B1:

Primers used for cAdo mutants purchased from Eurofin Operon

Mutation

Sequence (523)

Arg62Cys

Forward primer:
GCCAAAATGGAACAATGCCACATGAAAGGCTTTATGG

Reverse primer:
CCATAAAGCCTTTCATGTGGCATTGTTCCATTTTGGC

Cys116Ser

Forward primer:
GCCTGATTATCGAAAGTTTTGCG

Reverse primer:
CGCAAAACTTTCGATAATCAGGC

Cys70Ser

Forward primer:
GGCTTTATGGCAAGCGG

Reverse primer:
CCGCTTGCCATAAAGCC
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Figure B.1.
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'H NMR of light reaction with undecanal using Ru-R62C-C70S-C116S
cAdo. Top: 60 minutes of light exposure Bottom: no light exposure. Left
insert: the decreasing peak at approximately 3.9 ppm and 1.1 ppm
indicates quenching of DTC over time. Right: the growing peak at 8.3 ppm
shows the formation of formate over time; the small peak at approximately
9 ppm indicates the formation of a peroxide side product.
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Figure B.2.
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'H NMR of light reaction with undecanal using Ru-R62C-cAdo. Top: 60
minutes of light exposure Bottom: no light exposure. Left insert: the
decreasing peak at approximately 3.9 ppm and 1.1 ppm indicates
guenching of DTC over time. Right: the growing peak at 8.3 ppm shows the
formation of formate over time; the small peak at approximately 9 ppm
indicates the formation of a peroxide side product.
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Figure B.3.
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!H NMR of light reaction with heptanal using Ru-WT-cAdo; Top: 30 min
light exposure Bottom: no light exposure. Left inset: the decreasing peak
at approximately 3.9 ppm and 1.1 ppm indicates quenching of DTC over
time. Right: the growing peak at 8.3 ppm indicates the formation of formate
over time; the small peak at approximately 9 ppm indicates the formation
of a peroxide side product.
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Figure B.4.
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H NMR of light reaction with heptanal using Ru-R62C-C116S-C70S-cAdo;
Top: 90 min light exposure Bottom: no light exposure. Right insert: the
decreasing peak at approximately 3.9 ppm and 1.1 ppm indicates
guenching of DTC over time. Left insert: the growing peak at 8.3 ppm
indicates the formation of formate over time; the small peak at
approximately 9 ppm indicates the formation of a peroxide side product.
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Figure B.5.
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H NMR of light reaction with heptanal using Ru-R62C-cAdo; Top: 60 min
light exposure Bottom: no light exposure. Left insert: the decreasing peak
at approximately 3.9 ppm and 1.1 ppm indicates quenching of DTC over
time. Right insert: the growing peak at 8.3 ppm indicates the formation of
formate over time; the small peak at approximately 9 ppm indicates the
formation of a peroxide side product.
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Figure B.6. 'H NMR of WT-cAdo control with non-covalently attached Tris(2,2'-
bipyridine)ruthenium (II) chloride. Bottom trace: no light exposure. Top
trace: 180 minutes of light exposure. The decreasing peak at approximately
3.9 ppm and 1.1 ppm indicates quenching of DTC over time.
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Figure B.7. 'H NMR of R62C-cAdo control with reductant, Phenazine methosulfate
(PMS). Addition of the reductant results in the growth of a peak at 8.3 ppm
indicating the formation of formate.
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Figure B.8. H NMR of WT-cAdo control with DTC. Bottom trace: no light exposure Top
trace: 180 minutes of light exposure. No change in peaks indicating that no
reaction occurs without Ru-labeled protein.
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Figure B.9.  Stacked MS of R62C/C116S/C70S-cAdo unlabeled (top) and Ru-R62-
C116S-C70S-cAdo (bottom) collected from MALDI. The mass shift of
approximately 597 Da is indicative of one Ru-label attached to the surface
of the protein.
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Figure B.10. 3P NMR of light reaction extracted with 2 mM triphenylphosphine (PPhs)
in CDCls. Ru-R62C-cAdo. Peak at -5.3 ppm corresponds to PPhs peak;
peak at 29.4 ppm consistent with production of triphenylphosphine oxide
(OPPh3).
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Figure B.11.
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H NMR of Ru-R62C-cAdo light reaction with undecanal after 120 minutes
of exposure. Top trace: 'H NMR before extraction with 2 mM
triphenylphosphine (PPhz) in CDCIs. Bottom trace: aqueous layer after
extraction with 2 mM PPh3z in CDCls. Loss of peak at approximately 9 ppm
indicates the extraction of our byproduct upon addition of PPh3 solution.
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Figure B.12.
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H NMR of Ru-R62C-cAdo reaction with octanal. Top trace: 90 minutes of
light exposure; Bottom trace: no light exposure. Peak at approximately 9.5
ppm corresponds to the aldehyde peak. After 90 minutes of light exposure
two peaks grow in. Peak at 8.35 ppm is indicative of formate and peak at
approximately 9.1 ppm indicates the formation of a peroxide side product
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Figure B.13. GC-MS chromatograph of Ru-R62C-C116S-C70S-cAdo (top) and Ru-
R62C- cAdo (bottom) after 60 minutes of light exposure with undecanal.
Trace shows the production of the n-1 hydrocarbon (decane). All light
reactions were extracted with ethyl acetate. Retention time: 3.9 min
(decane), 5.8 min (undecanal), and 6.1 min (dodecane)
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Figure B.14. GC-MS chromatograph of Ru-WT-cAdo after 60 minutes of light exposure
with undecanal. Trace shows the production of the n-1 hydrocarbon
(decane). All light reactions were extracted with ethyl acetate. Retention
time: 3.9 min (decane), 5.8 min (undecanal), and 6.1 min (dodecane)

Table B2: GC-MS data for Ru-cAdo models.

Name Area of decane peak | Area of dodecane peak | Decane produced (mg/L)

Ru-WT-cAdo 47185 21814 1.9mi6
118469 103352 1.026

167670 74468 2.016

Ru-R62-cAdo 64961 26912 2.161
179201 71088 2.257

47598 34130 1.249

Ru-R62C-C70S- 18236 24972 0.654
C116S-cAdo 135325 190364 0.637
55755 92496 0.540
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