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ABSTRACT 

Nitronate monooxygenase (NMO) catalyzes the flavin-dependent oxidation of propionate 

3-nitronate (P3N) via the formation of an anionic flavosemiquinone. The oxidation of substrate 

includes the formation of a peroxy-nitro acid intermediate. P3N is activated to its radical form 

via a single electron transfer onto the FMN cofactor forming the anionic flavosemiquinone. 

Reoxidation of FMN cofactor from the anionic semiquinone has been proposed to go through 

two routes dependent upon which radical species oxygen reacts with first, radical P3N or the 

semiquinone. The recent crystallographic determination of NMO from Cyberlindnera saturnus 

and steady-state kinetics revealed an allosteric activation effect on the enzyme by PEG 3350 with 

respect to P3N.  



Choline oxidase (CHO) catalyzes the two-step oxidation of choline to glycine betaine via 

an enzyme-bound FAD cofactor. In the first redox reaction, choline is activated to it alkoxide 

form by means of an enzyme-derived catalytic base, H466. This histidine residue has been 

shown to not only act as a general base but an electrostatic catalyst stabilizing the negative 

charge accumulated on the reduced flavin species as shown by replacing the residue with 

alanine, aspartate, and glutamine using site-directed mutagenesis. CHO was also observed to 

catalyze excited state reactions as facilitated by H466. Evidence for the ESR comes from the 

observation of a pL-dependence on the fluorescence emission of CHO in H2O and D2O. Using 

fluorescence spectroscopy and pH effects, a hydroxy-C4a flavin intermediate was detected in the 

wild-type and S101A variant with and without oxygen indicating the adduct formation was with 

an active site hydroxide ion. The mechanism of formation has been elucidated.  
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1 Introduction  

1.1 Riboflavin 

Bacteria and plants produce riboflavin, or vitamin B2, which is enzymatically converted 

to flavin mononucleotide (FMN) or flavin adenine dinucleotide (FAD) (Figure 1.1).1-5 FMN and 

FAD are the two most common active flavins used as cofactors in enzymatic catalysis.6 The 

versatility of the flavin in chemical reactions is due to the redox active isoalloxazine ring which 

allows the molecule to accept one and two electrons, protons, or form a covalent bond via flavin 

adduct (Scheme 1.1). Reduction by one or two electrons or formation of a covalent adduct at the 

N(5) or C4a atoms of the flavin (Figure 1.1, Scheme 1.1) can be observed spectrophotometrically 

due to the conjugation of the bonds of the isoalloxazine. Three redox states (oxidized, one-

electron reduced, and two-electron reduced) cause distinct absorbance changes in the UV and 

visible spectral region and have been observed in several flavin-dependent enzymes as observed 

in glucose oxidase for example (Figure 1.2). Spectral changes of the flavin cofactor provide 

evidence for the detection of the flavin redox states allowing for the spectral detection of 

chemical reactions in flavin-dependent proteins. 

 

Figure 1.1 Flavin Structure modified from (2).  

Chemical structure of the isoalloxazine moiety drawn as using IUPAC numbering. 
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Scheme  1.1 Various redox states of the flavin. Modified from Gibson et al.7 

 

 

Figure 1.2 UV-visible absorption changes due to the change in redox state of glucose oxidase. Taken from 

Wohlfart et al.8 

 

 



3 

1.2 Modulating Flavin Chemistry 

The environment surrounding the flavin can cause a shift in the UV-visible absorption, 

fluorescence and circlular dichroism spectra from, but not limited to, hydrophobicity, hydrogen 

bonding or electrostatics.9-11 The influence from the environment, i.e. amino acid residues, 

solvent components, and substrates or products from the enzymatic reaction can directly affect 

the UV-visible absorption spectra of flavin cofactors. The redox of the flavin and enzymatic 

catalysis, in turn, are modulated dependent upon the surrounding environment. For example, 

choline oxidase from Arthrobacter globiformis (CHO) contains an active site comprised of 

hydrophilic amino acids, such as H466, E312, and H351, which accommodate the hydrophilic 

substrate, choline and observed to modulate flavin redox.12 In contrast, nitronate monooxygenase 

from Cyberlindnera saturnus (CsNMO) contains an active site of mostly hydrophobic residues, 

such as A24, F79, and Y321, and two histidine amino acids (H147 and H197) suitable for alkyl 

nitronate compounds with a charged nitro group and aliphatic chain. Enzymes have evolved to 

contain conserved active sites in order to hone flavin reactivity designed for a specific chemical 

reaction. Monitoring spectral changes of enzyme-bound flavin cofactors using techniques such as 

UV-visible absorbance, circular dichroic, and fluorescence spectroscopy can yield additional 

knowledge regarding the flavin environment and reactivity.  

1.2.1 Histidine Residues and Select Flavin-dependent Enzymes 

Only a select few amino acid residues within 4 Å, typically, of the isoalloxazine ring 

have been shown to modulate the redox potentials of the enzymes (i.e. flavin cofactor and 

protein), flavinylation, and facilitating catalysis between organic compounds and enzyme.13-17 

The presence of a histidine residue in the active site of choline oxidase was shown to be directly 

involved the flavinylation of the cofactor forming a covalent bond between the protein construct 
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and the flavin at the C8 position of the isoalloxazine.16 Tyrosine residues have been shown to 

modulate redox potentials of flavin cofactors in flavodoxins and enzymes catalyzing excited state 

reactions.18 While examples for all ionizable amino acid side chains catalytically involved in the 

active sites of enzymes are known, this dissertation will focus solely on the roles of histidine 

residues in enzymatic catalysis. Histidine residues have been observed in a wide-array of 

physiological functions including, but not limited to, coordinating heme in hemopexin19, general 

base catalyst in chymotrypsin,20 and flavinylation of human liver glycolate oxidase.17   

The versatility of histidine residues observed in a wide array of enzymatic reactions 

derives from the biophysical properties of imidazole side chain to ionize at physiological pH and 

have polar and hydrophilic properties. The nitrogen atoms of the imidazole ring have the ability 

to hydrogen bond with the OH and NH groups found on the protein, substrate and products. The 

versatility of this amino acid leads to the residue being utilized as an electrostatic catalyst, 

general acid, or a general base. A number of flavoproteins catalyze reactions using histidine 

residues, such as glucose oxidase, pyranose-2-oxidase and choline oxidase.8, 21-24 All three of 

these enzymes contain a conserved histidine residue that initiates catalysis through the use of an 

active site base that abstracts a hydroxyl proton from the substrate followed by a hydride transfer 

onto the N(5) atom of the flavin. In glucose oxidase, Klinman and colleagues proposed that the 

placement of charged amino acids provide an optimum cavity for oxygen reactivity.25  The 

positive charge on H516 was shown to increase the kcat/KO2 at low pH.  Further studies of the 

alanine variant show that H516 is responsible for reducing the activation energy barrier for 

catalysis by enhancing the driving force of the reaction.25  Monomeric sarcosine oxidase contains 

a histidine in the active site that does not behave as a catalytic base but rather is involved in 

substrate orientation.  The alanine, asparagine, and glutamine variants exhibited a loss of more 
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than two orders of magnitude of activity and were structurally the same.26, 27  Therefore, H269 is 

shown to be important in orienting the substrate and facilitating the reduction of the flavin 

cofactor during catalysis. 

1.3 Mechanistic and Structural Studies on Choline Oxidase from Arthrobacter globiformis 

The majority of residues in the active site choline oxidase from A. globiformis (CHO) 

have been mutated and biochemically characterized making CHO a good model system for the 

Glucose-Methanol-Choline oxidoreductase superfamily in identifying the catalytic base.13-16, 21, 

28, 29 CHO catalyzes the oxidation of choline to glycine betaine through a two-step hydride 

transfer (Scheme 1.2).  The steady-state kinetic parameters for choline oxidation, kcat/Km and kcat, 

increase with increasing pH, both parameters reach limiting values at high pH. This was 

consistent with the requirement of an unprotonated group with a pKa value of ~7.5 for catalysis 

and substrate binding.28 Ionizable groups in the active site that could behave as a catalytic bases 

are H99, E312, H351, and H466. H99 is important for flavinylation and covalently-linked 

through an 8α-N(3)-histidyl linkage.16 An asparagine variant of H99 revealed the importance for 

optimal positioning of the flavin cofactor for hydride tunneling and steady-state kinetics similar 

to the wild-type enzyme.16 E312 is located too far from the hydroxyl group on the choline 

substrate on the opposite side of the catalytic cavity, better positioned for interacting with the 

positive head group of the substrate.12, 15 Evidence for this conclusion comes from the distances 

measured between the side chain of E312 and the glycine betaine product observed in the crystal 

structure from Salvi et al (Figure 1.3).30 E312 was shown to be important in binding and 

positioning of the choline substrate utilizing mutations with glutamine and aspartate residues.15, 

31 Hydride transfer in the active site of the E312D variant of CHO was decreased by 260-fold but 

still active consistent with the glutamate residue not being the catalytic base.32 Two ionizable 
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side chains exist in the active site that are plausible as a catalytic base, H351 and H466 (Figure 

1.3). H351 was shown to be involved in substrate binding and as a hydrogen bond donor to 

stabilize and position the hydroxyl head group of choline.14  Steady-state kinetics, anaerobic 

substrate reduction, and competitive inhibition studies with H351A variant are consistent with 

H351 not being the catalytic base.14, 21 H351 was important but not essential in enzyme catalysis 

by providing hydrogen bonding interactions with the histidine side chain and the substrate for 

optimum positioning for catalysis.14 Initial studies of H466 with alanine and aspartic acid 

variants revealed the importance of this residue in stabilizing the transition state due to the 

protonation state of the histidine.13, 14, 16 

 

 

Scheme 1.2 Oxidation of choline as catalyzed by choline oxidase. Taken from (53). 

 

 

Figure 1.3 Interactions of E312, H466 and H351 with FAD and glycine betaine. Modified from (53). 
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1.4 CHO as the Model Flavin-dependent Enzyme to Investigate the Multiple Roles of 

Histidine Residues 

H466 residue in CHO is has been previously mutated to alanine and aspartate to 

understand the roles of the residue in catalysis and substrate binding.13, 33 Steady-state and rapid 

kinetics, UV-Visible absorbance and fluorescence spectroscopy, pH and kinetic isotope effects, 

and redox potentials were measured and compared between H466 variants and the wild-type 

enzyme. With the alanine mutation, the enzymatic turnover of the variant with choline substrate 

was more than 60-fold lower than turnover with the wild-type.13 The effect on activity was 

attributed to a loss in electrophilic contributions due to the imidazole ring on the protein-bound 

flavin cofactor. The aspartate mutation was used to probe the role of a negative charge near the 

N(1)-C(2) locus of the flavin and the influence of the charge on enzyme catalysis. With the 

presence of the negative charge, an inactive enzyme was produced incapable of turning over with 

substrate and contained 75% non-covalently bound flavin whereas the wild-type contained 

covalently-bound flavin.33 The variant also altered the redox potential from +73 mV to -89 mV 

in the variant.33   

H466 has been previously postulated as the catalytic base in choline activation by site-

directed mutagenesis, biochemical and kinetic studies.13, 33 The imidazole ring of H466 was 

replaced with an alanine residue and apparent steady-state kinetics of the variant enzyme with 

choline as substrate was measured from pH 7 to 11 with and without the addition of imidazole.13 

The imidazole recovery assay revealed an increase in kcat with decreasing pH consistent with the 

requirement of a protonated imidazole moiety important for catalysis.13 In the wild-type enzyme, 

OH bond cleavage occurs faster than the rate-limiting CH bond cleavage as observed using 

solvent, substrate, and multiple kinetic isotope effects.28  Solvent kinetic isotope effects 
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measured on the H466A variant were shown to have increased from 1 to 2 revealing a hindered 

OH bond cleavage.13 A cavity is likely formed by the removal of the imidazole ring in the 

H466A variant that may have allowed a water molecule to be positioned in its place. This active 

site water molecule could serve as a surrogate base activating the choline substrate. The 

mechanistic studies published in this dissertation have shown that H466 is indeed the catalytic 

base in choline oxidase. 

1.5 Excited State Reactions in Choline Oxidase from Arthrobacter globiformis 

Fluorescence studies have shown that flavin-dependent enzymes and flavin analogs in 

solution can catalyze chemical reactions from their singlet and triplet states.34-40 Reactions 

occurring in the ground state (i.e. electron/proton transfers, adduct formation) have also been 

observed to occur once the flavin has been excited to either the singlet or triplet states. Proton 

transfers have been observed to occur from the N(1) to N(10) atoms of lumichrome and onto the 

N(5) atoms in flavin analogs once excited to the singlet state.36, 40 Song et al. described an 

intramolecular phototautomerization occurring in the alloxazine form of lumichrome as 

facilitated by a pyridine and acetic acid molecule  (Scheme 1.3).40 This was observed by 

following spectral changes of the flavin fluorescence emissions with increasing percentages of 

pyridine in the system (Figure 1.4), in which the decrease in fluorescence emission at 440 nm 

was accompanied by a simultaneous increase at 540 nm.40 Excited state proton transfers (ESPT) 

have also been observed from the N(1) to the N(5) atoms of flavin analogs when the N10 is 

bound to a methyl group (see numbering in Figure 1.1).36 The biophysical properties, i.e. dipole 

moments and ionization constants at the N1, N3 and N5 atoms of the isoalloxazine ring (Figure 

1.1) have been calculated to change in the singlet and triplet states which lead to the excited state 

reactions occurring.34, 36, 40 Although ESPT are the most common, adduct formation has also 
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been observed at the C4a position in flavin-dependent light receptors via a thiolate group of an 

active site cysteine.38, 41 

 

 

Scheme 1.3 Mechanism of action of intramolecular excited state proton transfer of alloxazine as facilitated by 

pyridine. Adapted from Song et al.42 

 

 

Figure 1.4 Mechanism of action of intramolecular excited state proton transfer of alloxazine as facilitated by 

pyridine. Adapted from Song et al.42 

 



10 

Larger flavin-containing biological systems that have been observed to carry out excited 

state reactions as their physiological roles are phototropins, light-oxygen-voltage (LOV) 

domains, cryptochromes, and blue-light sensing using FAD (BLUF) receptors. These flavin-

dependent proteins and protein domains are specialized photoreceptors that utilize a flavin 

cofactor to detect and respond to changes in light intensity, direction and duration.43 Flavins 

behave as the photoreceptor to harvest light and then utilize the absorbed energy to facilitate 

protein conformational changes.38, 44 Conformational changes in the protein trigger downstream 

cell signaling dependent upon the chromophore, type of cell, and location of the protein.45 

Flavin-dependent proteins that catalyze excited state reactions have been shown to be involved in 

regulating circadian rhythms of animals and plants, cellular cross-talk, photosynthesis, and stress 

responses.44, 46 A brief review over the published literature will be discussed here. 

Phototropins are serine-threonine kinases activated by light to undergo 

autophosphorylation.43, 47 These proteins contain two LOV domains, one of which non-

covalently binds an FMN as the chromophore.41 These intra-cellular membrane proteins assist in 

relocating chloroplasts based on light exposure.48 Depending on the intensity of light, these 

proteins are responsible for accumulating or removing the chloroplasts to avoid too much light.38 

LOV domains of photoreceptors carry out reactions through the formation of a covalent bond at 

the C4a position of FMN and a protein-derived sulfur atom of a conserved cysteine residue.49, 50 

This FMN adduct species produces a distinct spectral signature (Figure 1.5) and is the active 

state of the photoreceptor.50  
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Figure 1.5 Mechanistic characteristics of LOV proteins.  

A) Characteristic UV-visible absorption spectra of LOV proteins. B) Mechanism of photocycle carried out by 

LOV and formation of C4a adduct. Taken from 51 who adapted it from 50. 

 

Cryptochromes were the first blue-light receptors characterized and found to contain 

(LOV) domains.52 The first gene encoding a cryptochrome was isolated in 1993 from 

Arabidopsis but the physiological role was not identified until 2001.52, 53 Cryptochromes have 

been shown to carry out the same mechanism of a thiolate-flavin adduct using FAD, FMN or 8-

hydroxy-5-deazaflavin cofactor.54 The flavin cofactor is non-covalently bound and buried within 

the protein. A second cofactor, 5,10-methenyltetrahydrofolate, harvests and transfers the light to 

the flavin which behaves as a light sensor triggering the enzymatic reaction.55 The enzymatic 

reaction has been proposed to trigger protein conformational changes that activate downstream 

signaling pathways in cell and is completely reversible in the dark.43  Another LOV domain-

containing protein is a BLUF receptor and is primarily involved in regulating circadian 

rhythms.46 Structurally, LOV and BLUF receptors contain very similar αβ-like folds and retain 

small and compact domains due to the peptide sequences typically containing less than 150 

amino acids.38 Cryptochromes are much larger because they are constructed of two chromophore 

proteins, each containing a flavin molecule. A comprehensive review summarizing the 

mechanisms of action, structural differences, and biophysical relevance of these proteins can be 
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found in 38 (Figure 1.6). These flavin-dependent proteins that utilize light to activate an 

enzymatic reaction have been shown to initiate stomatal opening and leaf expansions.38, 56 

Cryptochromes in animals have even been shown to facilitate changes in neurons and firing 

rates.56 

 

 

Figure 1.6 Proposed mechanisms of action of A) LOV, B) BLUF, C) plant cryptochromes and photolyases, 

and D) cryptochrome proteins insects. Taken from Losi et al.38 

 

This biophysical process of excited state proton transfers has been observed in model 

systems and small proteins, such as malonaldehyde, green fluorescent protein, and flavin-

dependent photoreceptors by using NMR, isotopic replacement, or fluorescence. The consistent 
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synopsis for this phenomenon to occur was the presence of an ionizable fluorophore and a proton 

donor/acceptor. Although not classified as a flavin-dependent photoreceptor, CHO was used to 

investigate excited state reactions of the flavin cofactor in the absence of active site ligands or 

substrates. 

1.6 Mechanistic and Structural Studies of Nitronate Monooxygenase 

Nitronate monooxygenase from Cyberlindnera saturnus (CsNMO) has been 

biochemically characterized using various alkyl nitronate compounds as substrates to better 

understand the mechanism for enzymatic catalysis.57, 58  The enzyme from C. saturnus 

(previously Hansenula mrakii and then Williopsis saturnus) was observed to catalyze the 

oxidation of nitronates as evidence of oxygen consumption and anaerobic reduction with alkyl 

nitronates from 2-6 carbon chain lengths.57  The physiological substrate of NMO enzymes was 

recently shown to be propionate 3-nitronate (P3N) in the study conducted by Francis et al.59 P3N 

is a highly toxic nitro aliphatic compound that has been shown to poison livestock and humans 

and in extreme cases even cause death.59, 60  The conjugate base of 3-nitropropionate, P3N, is 

formed through a slow deprotonation at the alpha carbon position which has a pKa of ~9.1 

(Scheme 1.4).61 NMOs have been observed to oxidize P3N to product using a single electron 

transfer mechanism with kcat and kcat/Km values of >1000 s-1 and ≥ 106 M-1s-1, respectively, at 

atmospheric oxygen.58, 59, 62 Evidence of a single electron transfer mechanism comes from the 

formation of the red anionic semiquinone when the enzyme is mixed with P3N in the absence of 

oxygen (Figure 1.7).58, 62 Research published in this dissertation has advanced the working 

knowledge of NMOs as a family of enzymes, the understanding of enzymatic catalysis using 

single-electron transfers, and the oxidation of the toxin, P3N. 
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Scheme 1.1 A) Ionization of 3-NPA (left) to yield P3N (right); B) Ionization of nitroethane (left) to yield EN 

(right). Taken from Francis et al.60 

 

 

Figure 1.7 Comparison of the UV-vis absorbance spectra of the oxidized enzyme (thin curve) and the 

semiquinone state (thick curve) of CsNMO after complete depletion of oxygen due to enzyme turnover. Taken 

from Smitherman and Gadda.58 

 

Over 4000 genes are currently annotated as NMOs using amino acid sequence alignments 

while less than 1% are annotated as NMOs based on biochemical experimental evidence.62, 63 

The rate of genome sequencing being exponentially faster than biochemical characterizations has 

led to a large discrepancy between the amount of sequences analyzed and the corresponding 

biochemical studies for each gene product. Computational techniques (Clustal Omega, BlastP) 

have advanced the processing of sequence analyses turning the process into a high through-put 

screening process. Developing high through-put assays for the biochemical characterizations of 
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gene products have not evolved at the same rate.  However, identifying conserved consensus 

motifs in proteins of known structure and biochemical function would expedite the classification 

of annotating gene products. A study in 2014 has been published using a combined technique of 

identifying a minimal number of amino acid sequence similarities alongside biochemical 

characterization and identified 4 consensus sequences (Motifs I-IV) that categorized a new class 

of NMO enzymes (Figure 1.8).62 The structural-functional approach of using the recently 

crystallized enzyme of known biological function, NMO from Pseudomonas aeruginosa 

(PaNMO), has created a better prediction of function based on the conserved sequences.62 From 

the study published by Salvi et al, 475 of the more than 4000 originally annotated NMO gene 

products have been identified as containing these conserved sequences and have been grouped 

into the new Class I NMO family.62 NMO enzymes that have been biochemically characterized 

in Class I oxidize P3N through the formation of the anionic flavin semiquinone.62 The majority 

of the amino acid sequences annotated as Class I are from bacterial and fungal sources, which 

may suggest a conserved physiological role in detoxification of P3N or another conserved, yet 

unknown, function.  
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Figure 1.8 Multiple sequence alignment of protein sequences annotated as NMO enzymes including the 

enzyme of focus in this dissertation, CsNMO. Taken from Salvi et al.62 

 

A second class of NMO enzymes (i.e. Class II) was determined from the study in 2014 by 

Salvi et al. consisting of NMO from Neurospora crassa (NcNMO) and nine other fungal genes 

annotated as NMOs.62 These gene products contained only two of the four conserved sequences 

(Motifs I and III). Only one NMO enzyme has been biochemically characterized in Class II, 

NcNMO, which can oxidize both nitroalkanes and alkyl nitronate compounds.64, 65  NcNMO has 

a catalytic base in the active site capable of deprotonating the α-carbon of nitroalkane 

Motif I 

Motif II 

Motif III 

Motif IV 
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substrates.66 Catalysis continues with a single electron transfer from the enzymatically formed 

alkyl nitronate.65, 67 NcNMO has also been shown to carry out single-electron transfers with alkyl 

nitronate compounds as suggested by of steady-state kinetics and anaerobic substrate reduction.66 

Site-directed mutagenesis has been carried out on NcNMO in which H196 has been mutated to 

asparagine; it was concluded that the histidine residue was likely the catalytic base involved in 

proton abstraction of the nitroalkane substrates.66  This histidine residue is shown to be fully 

conserved among all genes annotated as NMOs, Class I and Class II inclusive.62 However, the 

histidine residue has been eliminated as a catalytic base in the CsNMO and PaNMO enzymes 

because of the lack of activity of either enzyme with nitroalkanes.57, 58, 62 Nonetheless, the 

histidine residue is proposed to be involved in other aspects of catalysis in Class I enzymes (i.e. 

electrostatic catalysis).58 

1.7 Specific Goals 

The dissertation aims to investigate the roles of histidine residues in select flavoprotein 

oxidases and the kinetic mechanism of NMOs in the detoxification of P3N to gain insight into 

single-electron transfers of monooxygenases. Two flavin-dependent enzymes are chosen as 

model systems to investigate the two-fold study, nitronate monooxygenase from Cyberlindnera 

saturnus (CsNMO) and choline oxidase from Arthobacter globiformis (CHO). CHO contains an 

active site with two histidine residues that exhibit multiple roles throughout catalysis and 

substrate binding.13, 14, 21, 33 The oxidation of choline to glycine betaine is catalyzed by CHO 

through two redox reactions in which an active site base has been shown to be required for both 

reactions.28 Most of the active site residues of CHO have been identified and thoroughly 

characterized except for the identification of a catalytic base resolved later in the dissertation. 

The active site base is responsible for activating the substrate through proton removal at the 



18 

hydroxyl group which triggers a hydride transfer from the alpha carbon to the N(5) atom of the 

flavin. Betaine aldehyde, product of the first redox reaction with choline and CHO, is further 

oxidized to glycine betaine through general base catalysis too.68  The enzymatic production of 

glycine betaine by CHO is of great interest to agricultural and biotechnology fields due to the 

effects of glycine betaine on controlling the osmotic pressure in the cell.  

The second specific aim charges to understand the radical mechanism that nitronate 

monooxygenase (NMO) employs on detoxifying the cells in protection against propionate 3-

nitronate (P3N). P3N has been observed to irreversibly inhibit succinate dehydrogenase, an 

enzyme of the Krebs cycle and oxidative phosphorylation, through the formation of an 

irreversible covalent adduct.(73-74) Toxicity of P3N has affected livestock and humans across the 

United States, Australia, and China.(74) At low levels of P3N poisoning side effects have been 

shown to include, but not limited to, the same or similar effects of Parkinson’s disease and 

degradation of the organisms’ neurological system.(74) Identifying the products of P3N oxidation 

by NMO enzymes and the mechanism by which the enzyme employs would provide useful 

insight into single-electron transfer mechanisms of monooxygenases and by alleviating the toxic 

effects of this compound in poisoned animals and humans. The single-electron transfer 

mechanism of a flavin-dependent monooxygenase will provide insight into the flavin chemistry 

field that has otherwise observed covalent adduct formation as a means of catalysis in 

monooxygenase enzymes.   
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2     Evidence for a Transient Peroxynitro Acid in the Reaction Catalyzed by 

Nitronate Monooxygenase with Propionate 3-Nitronate 

(This chapter has been published verbatim in Smitherman, C. and Gadda, G. (2013), 

Biochemistry 52(15): 2694-704.) 

2.1 Abstract 

Nitronate monooxygenase is a flavin-dependent enzyme that catalyzes the denitrification 

of propionate 3-nitronate (P3N) and other alkyl nitronates. The enzyme was previously known as 

2-nitropropane dioxygenase, until its reclassification in 2010 by the IUBMB. Physiologically, the 

monooxygenase from fungi protects the organism from the environmental occurrence of P3N, 

which shuts down the Krebs cycle by inactivating succinate dehydrogenase and fumarase. The 

inhibition of these enzymes yields severe neurological disorders or death. Here, we have used for 

the first time steady-state and rapid kinetics, viscosity and pH effects, and time-resolved 

absorbance spectroscopy of the enzyme in turnover with P3N and the substrate analogue ethyl 

nitronate (EN) to elucidate the mechanism of the reaction. A transient increase in absorbance at 

∼300 nm, never reported before, was seen during steady-state turnover of the enzyme with P3N 

and oxygen, with no concomitant changes between 400 and 600 nm. The transient species was 

not detected when oxygen was absent. Anaerobic reduction of the enzyme with P3N yielded 

anionic flavosemiquinone and was fast (e.g., ≥1900 s–1). Steady-state kinetics demonstrated that 

oxygen reacts before the release of the product of P3N oxidation from the enzyme. No pH effects 

were seen with P3N on kcat/Km, kcat/Koxygen, and kcat; in contrast, with EN, 

the kcat/Km and kcat decreased with increasing pH defining two plateaus and a pKa ∼ 8.0. Solvent 

viscosity at the pH optima suggested product release as being partially controlling the overall 
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rate of turnover with the physiological substrate and its analogue. A mechanism that satisfies the 

kinetic results is proposed. 

2.2 Introduction 

Nitronate monooxygenase (NMO, E.C. 1.13.12.16) is an FMN-dependent enzyme that 

catalyzes the oxidative denitrification of alkyl nitronates and the nitro acid propionate 3-nitronate 

(P3N) through the formation of an anionic flavosemiquinone.(1, 2) The enzyme was known as 2-

nitropropane dioxygenase until 2010 when the IUBMB reclassified it. NMO has been 

characterized biochemically and kinetically in fungi, mostly Neurospora crassa and, to a lesser 

extent, Williopsis saturnus var. Mrakii.(1-7) The three-dimensional structure of the enzyme from 

Pseudomonas aeruginosa is available to a resolution of 2.3 Å.(8) However, the bacterial and 

fungal enzymes share less than 5% sequence identity,(1) precluding structural–functional studies 

beyond the identification of a fully conserved histidine residue in the active site of the enzyme. 

In the enzyme from N. crassa, replacement of the conserved histidine with asparagine abolishes 

the ability in catalysis to utilize nitroalkanes, i.e., the conjugated acid forms of nitronates.(5) The 

role of the conserved histidine in the active site of the W. saturnus NMO is not obvious, since the 

enzyme can only utilize nitronates as substrates, but not nitroalkanes.(2) 

The physiological role of NMO had remained elusive for decades until recent in vivo 

studies with a knockout mutant of N. crassa and a recombinant strain of Escherichia coli 

containing the gene encoding NMO demonstrated that the enzyme exerts a protective action 

from the environmental occurrence of the metabolic toxin P3N.(7) The toxicity of P3N, which is 

the conjugate base of 3-nitropropionic acid, arises from its ability to form an irreversible 

covalent adduct with succinate dehydrogenase, rendering the enzyme and the Krebs cycle 

completely inactive.(9-11) P3N is also a transition state analogue of fumarase.(12) The inhibition of 
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these essential metabolic enzymes by P3N results in severe neurological disorders(13-15) and even 

death,(16, 17) with several cases of P3N poisoning reported in livestock and hundreds of deaths in 

humans.(18-20) In small quantities (e.g., 20 mg/kg), P3N is routinely used to induce symptoms that 

mimic Huntington’s disease in animal models to develop and test treatments for the disease.(21-23) 

The oxidation of alkyl nitronates by NMO has been previously studied using the 

recombinant enzyme from N. crassa expressed in E. coli and ethyl nitronate (EN) as substrate.(3, 

5, 6, 24) Enzymatic turnover begins with the transfer of a single electron from the nitronate to the 

enzyme-bound FMN, yielding an anionic flavosemiquinone, as indicated by anaerobic rapid 

reaction data in a stopped-flow spectrophotometer.(4) The subsequent oxidation of the 

flavosemiquinone restores the oxidized flavin and generates a highly reactive superoxide anion, 

with a second-order rate constant kcat/Koxygen of 6 × 106 M–1 s–1 (pH 6.0 and 30 °C).(4) The EN 

radical and superoxide anion have been proposed to collapse in the active site of the enzyme to 

form α-peroxynitroethane.(3, 4) This would then decay through the effect of a nucleophile to form 

nitrite and acetaldehyde either on the enzyme or in solution. Evidence for the proposed radical 

recombination comes from the observation of an inverse α-secondary kinetic isotope effect of 

0.76 on the kcat/Km with [1-2H]-EN at atmospheric oxygen, which is consistent with a change in 

hybridization of the α-carbon atom of the EN radical from sp2 to sp3.(3) However, direct 

experimental evidence for the transient formation of α-peroxynitroethane has yet to become 

available. With nitroethane as substrate, enzymatic catalysis requires an extra deprotonation step 

catalyzed by His196 (N. crassa numbering), which activates the organic molecule for the 

subsequent one electron reaction with the flavin.(3-5) In the N. crassa NMO, steady-state kinetics 

is complicated by the partition of the EN–enzyme complex between oxidative and non-oxidative 

turnover due to the partial release of the EN from the enzyme active site as indicated by kinetic 
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isotope effects, mutagenesis, and colorimetric studies.(6) Presumably the oxidation of alkyl 

nitronates by the W. saturnus NMO occurs through a similar one electron chemistry involving 

the organic substrate and the flavin, since the anionic flavosemiquinone is stabilized upon mixing 

anaerobically the enzyme with various alkyl nitronates.(2) However, no detailed mechanistic 

studies have been performed on the latter enzyme. With both enzymes, hydrogen peroxide is not 

detected during turnover with various nitronates, consistent with NMO being a monooxygenase 

rather than an oxidase.(1) Neither of the fungal enzymes has been characterized with the 

physiological substrate P3N yet. In this regard, the W. saturnus NMO offers itself as the best 

candidate for such a study because it does not catalyze the reversible conversion of the nitronate 

to and from the nitroalkane, being active solely with the former but not the latter.(2) 

In this study, we have used steady-state kinetics, solvent viscosity, pH effects, rapid-

reaction kinetics, and time-resolved absorbance spectroscopy to investigate the mechanism of 

NMO from W. saturnus with its physiological substrate P3N. The substrate analogue EN, which 

lacks a carboxylate group, has also been used in this study. 

2.3 Materials and methods 

Materials. 3-Nitropropionic acid and nitroethane were from Sigma-Aldrich (St. Louis, 

MO). Recombinant NMO from W. saturnus was obtained through expression and purification 

methods previously described.(2) Similar to primary and secondary nitroalkanes the α-carbon of 

3-nitropropionic acid has a pKa of ∼9.1, allowing for a slow deprotonation with a strong base 

(Scheme 1).(25) P3N, the conjugate base of 3-nitropropionic acid, was therefore prepared in water 

by incubating the nitro compound with a 2.2 molar excess of KOH for 24 h at 4 °C. Addition of 

KOH was slow to avoid sample boiling and possible decomposition of P3N,(26) which was stable 

up to a week. EN was prepared in 100% ethanol as previously described(2) by incubating 

javascript:void(0);
http://pubs.acs.org/doi/full/10.1021/bi400030d#sch1
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nitroethane with a 1.2 molar excess of KOH for 24 h at room temperature. The final 

concentration of ethanol in each assay mixture was kept constant at 1% to minimize possible 

effects on enzymatic activity. All other reagents were of the highest purity commercially 

available. 

Methods. Enzymatic activity of NMO was measured by monitoring the initial rate of 

oxygen consumption with a computer-interfaced Oxy-32 oxygen-monitoring system (Hansatech 

Instruments, Inc., Norfolk, England) at 30 or 7 °C. Initial rates of reaction were calculated based 

on the flavin bound to the enzyme, as established spectrophotometrically. The steady-state 

kinetic parameters were determined by varying the concentration of oxygen and P3N (or EN), 

with the enzyme being gel-filtered into 10% glycerol and 50 mM potassium phosphate, pH 7.4, 

using a PD-10 column immediately prior to the experiment. Assay reaction mixtures were 

equilibrated at the desired oxygen concentrations by bubbling with an O2/N2 gas mixture for at 

least 5 min before the reaction was started with the addition of the enzyme and the substrate. 

When atmospheric oxygen was used with EN, the assay reaction mixtures were equilibrated with 

air before the reaction was started. Since the second-order rate constants for protonation of the 

nitronates are in the range 15–75 M–1 s–1,(27) enzymatic activity assays were initiated with the 

addition of the nitronate to the reaction mixture to ensure that a negligible amount of the neutral 

species of the nitronate was present during the time required to acquire initial rates of reaction 

(typically ∼30 s). 

The pH dependences of the steady-state kinetic parameters of the enzyme were 

determined as described above in the pH range between 5.5 and 11.0 in 50 mM sodium 

pyrophosphate at 30 °C, with the exception of pH 7.4 and 8.0 where 50 mM potassium 

phosphate was used. The effect of solvent viscosity on the steady-state kinetic parameters of the 

javascript:void(0);
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enzyme was determined with glycerol as viscosigen and ≥91% oxygen saturation by bubbling 

with an O2/N2 gas mixture for at least 5 min (when necessary) at pH 6.5 with P3N as substrate 

and pH 5.5 or pH 11.0 with EN. The relative viscosities at 30 °C were calculated from the values 

at 20 °C reported by Lide.(28) 

Time-resolved absorbance spectroscopy of NMO in turnover was determined with a Hi-

Tech SF-61 stopped-flow spectrophotometer (TgK Scientific, United Kingdom) at 30 °C, using 

either a xenon lamp and a photodiode array detector or a deuterium lamp and a photomultiplier 

detector. NMO (10 μM final) was mixed with 1 mM P3N and 0.23 mM oxygen in 50 mM 

potassium phosphate, pH 7.4, and allowed to turn over while acquiring 300 absorbance spectra 

over 1.48 s in the range from 320 to 700 nm. To identify the λmax and the time course for 

formation and decay of the transient species observed during turnover, the experiment was 

repeated using the same conditions. A deuterium lamp source was used to monitor absorbance 

changes in the UV region and a photomultiplier detector, which allowed for acquisition of 

several data points in the first few milliseconds of the reaction. Single wavelength traces were 

acquired at 5 nm intervals from 260 to 380 nm with 8192 data points over 5 s. Using the Kinetic 

Studio software package of the stopped-flow instrument, the time-resolved absorbance spectra 

were compiled from the data points. The control experiment in the absence of oxygen was 

carried out in the same fashion, except the tonometer containing the enzyme was subjected to 

several cycles of flushing with oxygen-free argon and gas removal through applied vacuum. The 

syringe containing the substrate was flushed with oxygen-free argon for 20 min. Both the 

enzyme and substrate solutions contained a mixture of glucose (5 mM) and glucose oxidase (1 

μM) as oxygen scavenger to ensure removal of trace amounts of lingering oxygen. 

javascript:void(0);
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The reductive half-reaction of NMO with P3N was monitored using a Hi-Tech SF-61 

stopped-flow spectrophotometer thermostated at 7 °C. Using a xenon lamp and photomultiplier 

mode, flavin reduction was established in the presence of 10% glycerol and 50 mM sodium 

pyrophosphate, pH 6.0, by monitoring the decrease in absorbance at 445 nm that results from the 

anaerobic mixing of the enzyme and substrate. An NMO solution was loaded into a tonometer 

and made anaerobic by a 20-cycle treatment of flushing with oxygen-free argon and gas removal 

by applying vacuum. The tonometer containing the anaerobic enzyme solution was mounted 

onto the stopped-flow instrument, which had been pretreated with an oxygen-scrubbing system 

composed of 5 mM glucose and 1 μM of glucose oxidase, which was also present in the 

tonometer. P3N was prepared in water and made anaerobic by flushing with oxygen-free argon 

for at least 20 min before mounting onto the stopped-flow spectrophotometer. Glucose/glucose 

oxidase was present in the substrate solution. After mixing in the stopped-flow 

spectrophotometer, the enzyme was ∼10 μM and the substrate was 100 μM, ensuring pseudo-

first-order kinetics. The reductive half-reaction of NMO was also examined with EN as substrate 

at pH 6.0 and 7 °C. The substrate was prepared in water, with a 1:1 mol equivalents of KOH to 

avoid lingering of excess base in the solution. After mixing, the enzyme was 10 μM and the 

substrate between 0.8 and 42 mM. For each concentration of substrate, traces were recorded in 

triplicate, and the average value is reported (typically with variations ≤5%). 

Data Analysis. Steady-state kinetic data were fit with KaleidaGraph (Synergy Software, 

Reading, PA) or Enzfitter (Biosoft, Cambridge, U.K.) software. Kinetic parameters determined 

with EN at atmospheric oxygen were obtained by fitting the data to the Michaelis–Menten 

equation for one substrate. In all cases, substrate concentrations were between 0.2 and 5 

times Km, ensuring accurate determinations of kcat and kcat/Km values. When initial rates of 
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reaction were determined at varying concentrations of P3N and oxygen, the kinetic data were fit 

to eq 1, which describes a steady-state kinetic mechanism in which the second substrate (oxygen) 

reacts before the release of the organic product of the reaction from the enzyme. kcat is the first-

order rate constant for the reaction in the presence of saturating concentrations of P3N and 

oxygen, Ka and Kb are the Michaelis constants for P3N (A) and oxygen (B), Kia is a kinetic 

constant that accounts for the intersecting line pattern in the double reciprocal plot, and e is the 

concentration of enzyme. 

 

         (1) 

 

The values of eq 2 determined the corresponding pH dependencies with EN. Here, YH and YLare 

the limiting values at high and low pH of the parameter of interest, and Ka is the dissociation 

constant for relevant ionizable group(s). 

 

          (2) 

 

The viscosity effects on the steady-state kinetic parameters of the enzyme with P3N or EN at pH 

5.5 and 6.5 were fit with eq 3 and those with EN at pH 11.0 with eq 4. The kinetic parameters 

measured in the absence and presence of viscosigen are k0 and kη, respectively, S is the degree of 

viscosity dependence, ηrel is the relative viscosity of the buffered solution, and A and Bare 

parameters required to describe the hyperbolic behavior of the observed effect. 

http://pubs.acs.org/doi/full/10.1021/bi400030d#eq1
http://pubs.acs.org/doi/full/10.1021/bi400030d#eq2
http://pubs.acs.org/doi/full/10.1021/bi400030d#eq3
http://pubs.acs.org/doi/full/10.1021/bi400030d#eq4
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           (3) 

 

           (4) 

 

Stopped-flow traces for the reductive half-reaction were fit with eq 5, which describes a 

double-exponential process. The observed first-order rate constants associated with absorbance 

changes of the flavin are denoted by λ1 and λ2, the absorbance at 445 nm at any given time is 

represented by A, the amplitudes of the absorbance changes associated with the two phases are 

denoted B and C, the absorbance at infinite time is defined as D, and time is t. The phase 

exhibiting the most prominent amplitude values (≥85%) is indicated as λ1 and was plotted as a 

function of substrate concentration using eq 6, where kred is the limiting first-order rate constant 

for flavin reduction at saturating substrate concentrations, Kd is the apparent dissociation 

constant for substrate binding, and S is the concentration of the substrate. 

 

         (5) 

 

            (6) 

http://pubs.acs.org/doi/full/10.1021/bi400030d#eq5
http://pubs.acs.org/doi/full/10.1021/bi400030d#eq6
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2.4 Results 

Time-Resolved Absorbance Spectroscopy of NMO in Turnover. As a first step toward 

the characterization of the W. saturnus NMO reaction with its physiological substrate P3N, time-

resolved UV–vis absorbance spectra of the enzyme in turnover were monitored between 320 and 

700 nm. The enzyme (10 μM) was allowed to turn over with 1 mM P3N and 0.23 mM oxygen. 

Data were acquired in a stopped-flow spectrophotometer equipped with a photodiode array 

detector at pH 7.4 and 30 °C. After an immediate decrease in absorbance at 445 nm from 0.137 

to 0.040, occurring in the mixing time of the instrument (i.e., 2.2 ms), the enzyme was primarily 

present as an anionic flavosemiquinone during the first 8 ms in which the steady-state persisted 

(Figure 1A, B). A progressive decrease of absorbance at 445 nm occurred over longer times 

(Figure 1A–C), yielding a final absorbance spectrum with maxima at 365 and 483 nm (Figure 

1D). Thus, the enzyme-bound flavin was reduced to the anionic flavosemiquinone upon 

complete depletion of oxygen from the reaction mixture. Based on the molar absorption of the 

oxidized flavin in the resting state,(2) the extinction coefficient of the anionic flavosemiquinone 

was calculated to be 17 300 M–1 cm–1 at 365 nm (Figure 1D). Interestingly, a transient increase in 

absorbance at 321 nm occurred within the first few milliseconds of reaction, while the enzyme 

was turning over with the flavin in steady state, before decreasing at longer times (Figure 1A). 

This suggested the formation and decay of a reaction intermediate not involving the flavin 

cofactor. 
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Figure 2.1 Time-resolved absorbance spectra of NMO (10 μM) in turnover with 1 mM P3N and 0.23 mM 

oxygen, in 50 mM potassium phosphate, pH 7.4 and 30 °C.  

The enzyme was mixed aerobically with the substrate in a stopped-flow spectrophotometer equipped with 

with photomultiplier detector and a xenon lamp, and 300 absorbance spectra were acquired over a time of 

1.48 s. All times indicated are after the end of flow, i.e., ∼2.2 ms after mixing. Panel A: time course of the 

spectral changes at 321 nm (thick curve) and 445 nm (thin curve) associated with the absorbance spectra in 

panels B and C; note the log time for the x-axis; prior to mixing with substrates, the flavin absorbance at 445 

nm was 0.137, as determined by mixing the resting oxidized enzyme with the reaction buffer in a 1:1 ratio. 

Time-resolved absorbance spectra are shown in panels B and C, where the arrows illustrate the direction of 

the spectral changes observed in the UV region. Panel D: comparison of the UV–vis absorbance spectra of the 

resting enzyme in the oxidized state (thin curve) and the semiquinone state (thick curve) obtained at 1.48 s, 

after complete depletion of oxygen due to enzyme turnover; note the y-axis in units of extinction coefficient 

rather than absorbance. 
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To determine the absorbance maximum of the transient species observed during turnover 

of NMO with P3N, the experiment was repeated using a monochromator and a photomultiplier 

detector. Single wavelength traces were acquired every 5 nm intervals from 260 to 380 nm. The 

time-resolved absorbance spectra were then compiled from these data points. The analysis of the 

absorbance spectra acquired within the first 8 ms of reaction was conducted after subtraction of 

the first UV–vis absorbance spectrum acquired in the stopped-flow spectrophotometer, i.e., 

before any transient increase in absorbance was observed. Spectral evidence showed that the 

reaction intermediate had maximal absorbance at ∼300 nm (Figure 2A). The time course at 300 

nm confirmed the preliminary data obtained at 321 nm, with transient accumulation of the 

reaction intermediate within the first ∼8 ms of reaction and its disappearance within 0.1 s 

(Figure 2B). A control experiment in which the enzyme was allowed to react with P3N under the 

same conditions, but in the absence of oxygen, showed lack of transient changes in the trace at 

300 nm (Figure 2B), and other wavelength between 260 and 360 nm (data not shown), consistent 

with oxygen being required for the transient accumulation of the reaction intermediate. 

http://pubs.acs.org/doi/full/10.1021/bi400030d#fig2
http://pubs.acs.org/doi/full/10.1021/bi400030d#fig2
http://pubs.acs.org/doi/full/10.1021/bi400030d#fig2
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Figure 2.2 Time-resolved absorbance spectroscopy of NMO (10 μM) reacting with 1 mM P3N and presence 

and absence of 0.23 mM oxygen, in 50 mM potassium phosphate, pH 7.4 and 30 °C.  

The enzyme was mixed aerobically with the substrate in a stopped-flow spectrophotometer equipped with the 

photomultiplier detector and deuterium lamp. Traces were recorded at 5 nm intervals from 260 to 360 nm 

and used to compile the time-resolved absorbance spectra. All times indicated are after the end of a flow, i.e., 

∼2.2 ms after mixing. Panel A: spectra compiled at 2, 3, 4, 6, and 8 ms from 260 to 365 nm are shown after 

subtraction of the initial absorbance spectrum at 0.02 ms, yielding the difference in absorbance spectra after 

the initial scan is observed. Panel B: time courses of the spectral changes at 300 nm in presence and absence 

of oxygen; note the log time scale. 

 

Reductive Half-Reaction. The reductive half-reaction of NMO was investigated in a 

stopped-flow spectrophotometer at pH 6.0 and 7 °C by monitoring the loss of absorbance of the 

oxidized flavin at 445 nm upon mixing anaerobically the enzyme with P3N. Reactions with 100 

μM P3N were completed within the mixing time of the instrument (i.e., 2.2 ms). The absorbance 

spectrum of the anionic flavosemiquinone was obtained at the end of the reduction (data not 

shown). With EN as reducing substrate, the traces at 445 nm displayed a biphasic pattern 

(Figure 3A), with the fast phase (λ1) accounting for the majority of the ΔA445 nm (85%). The 

absorbance spectrum of the anionic flavosemiquinone was obtained at the end of the reduction 

(Figure 3A). A plot of λ1 as a function of EN concentration yielded a hyperbola with zero y-

http://pubs.acs.org/doi/full/10.1021/bi400030d#fig3
http://pubs.acs.org/doi/full/10.1021/bi400030d#fig3
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intercept, consistent with a negligible reverse reaction of flavin reduction (Figure 3B). The first-

order rate constant for flavin reduction at saturating EN (kred) was calculated to be 300 ± 20 s–1, 

whereas the apparent Kd was 8 ± 2 mM. λ2 had an average value of 27 ± 7 s–1, which was 

independent of EN concentration (data not shown). This was possibly due to not fully functional 

enzyme resulting from the preparation of the anaerobic sample or release of the organic radical 

product of the reaction from the enzyme active site. Since the average value of λ2 was lower 

than kcat (see below), the slow phase seen in the stopped-flow spectrophotometer was not 

associated with a kinetic step that occurred in the normal catalytic pathway of the enzyme was 

not investigated further. 

 

Figure 2.3 Anaerobic reduction of NMO with EN as substrate in 50 mM sodium pyrophosphate, pH 6.0, 7 °C, 

in the presence of 10% glycerol.  

Panel A: selected traces of flavin reduction with 50 mM (blue), 25 mM (black), 15 mM (green), 10 mM 

(purple), and 5 mM (pink) EN. All traces were fit with eq 5. Time indicated is after the end of flow, i.e., ∼2.2 

ms after mixing. Note the log time scale. Inset: absorbances of the enzyme prior to (blue) and after reacting 

for 1 s with 15 mM EN. Panel B: observed rate constants for flavin reduction as a function of substrate 

concentration. Data fit with eq 6. 

 

http://pubs.acs.org/doi/full/10.1021/bi400030d#fig3
http://pubs.acs.org/doi/full/10.1021/bi400030d#eq5
http://pubs.acs.org/doi/full/10.1021/bi400030d#eq6
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Steady-State Kinetic Mechanism. The steady-state kinetic mechanism of NMO was 

determined by measuring initial rates of oxygen consumption at varying concentrations of P3N 

and oxygen at pH 5.5 and 30 °C. As shown in Figure 4A, intersecting lines were obtained in a 

double reciprocal plot of the initial rate of reaction and the substrate concentration, consistent 

with the second substrate reacting before release of the first product of the reaction from the 

enzyme active site.(29) Accordingly, the data were fit best with eq 1, yielding the steady-state 

kinetic parameters listed in Table 1. 

 

Figure 2.4 Steady-state kinetics of NMO with P3N or EN.  

Panel A: double reciprocal plot of the initial rates of reaction versus [P3N] at pH 5.5 and 30 °C with fixed 

oxygen concentrations of 44 μM (□), 73 μM (○), 115 μM (■), and 145 μM (●). Panel B: plot of the initial rates 

of reaction versus [EN] at pH 5.5 and 30 °C with fixed oxygen concentrations of 11 μM (○), 40 μM (■), and 90 

μM (●). Panel C: double reciprocal plot of the initial rates of reaction versus [EN] at pH 6.0 and 7 °C with 

fixed oxygen concentrations of 9 μM (□), 28 μM (○), 56 μM (■), and 230 μM (●), in the presence of 50 units of 

SOD. The lines in panels A and C represent the fit of the data with eq 1; the overlapping curves in panel B 

represent the fits of the data at each concentration of oxygen with the Michaelis–Menten equation for one 

substrate. 

http://pubs.acs.org/doi/full/10.1021/bi400030d#fig4
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http://pubs.acs.org/doi/full/10.1021/bi400030d#eq1
http://pubs.acs.org/doi/full/10.1021/bi400030d#tbl1
http://pubs.acs.org/doi/full/10.1021/bi400030d#eq1


43 

 

Table 2.1 Steady-state kinetic parameters of NMO from W. saturnus. 

 

When EN was used as substrate for the enzyme at pH 5.5 and 30 °C, no differences in the 

apparent steady-state kinetic parameters were observed when oxygen was kept fixed between 11 

and 90 μM (Figure 4B). This is consistent with the enzyme being fully saturated at 

concentrations of oxygen significantly lower than atmospheric conditions (i.e., 0.23 mM at 30 

°C). Similar results were obtained with EN at pH 8.0 and 11.0 (data not shown). The overlapping 

saturation curves seen at different concentrations of oxygen are consistent with Koxygen values not 

larger than 1 μM, i.e., at least 10 times smaller than the lowest concentration of oxygen used, 

irrespective of the pH between 5.5 and 11.0. When the steady-state kinetics with EN was 

determined at 7 °C, a kinetic pattern in the double reciprocal plot similar to that seen with P3N at 

30 °C was obtained (Figure 4C). Unusually fast initial rates were observed at the lower 

temperature (data not shown). To minimize any potential radical side reaction occurring 

nonenzymatically(30) that might originate from EN reacting with superoxide if the latter was 

produced and released during turnover of the enzyme, 50 units of superoxide dismutase (SOD) 

were added to the reaction mixture.(30) With SOD present the initial rates were significantly 

lower, establishing that at low temperature superoxide was produced and released by NMO in 

turnover with EN. In this regard, previous studies demonstrated that SOD was not required at 30 

°C with both P3N and EN.(2, 7) The kinetic parameters determined with EN at low temperature 

are summarized in Table 1. 

http://pubs.acs.org/doi/full/10.1021/bi400030d#fig4
http://pubs.acs.org/doi/full/10.1021/bi400030d#fig4
javascript:void(0);
javascript:void(0);
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pH Profiles. With P3N, the effects of pH on the steady-state kinetic parameters were 

determined by measuring initial rates of reaction at varying concentrations of organic substrate 

and oxygen at 30 °C. As shown in Figure 5, there were no pH effects on the steady-state kinetic 

parameters between pH 5.5 and 10.5, with average values of 800 ± 100 s–1 for kcat, (10 ± 1) × 

106 M–1 s–1for kcat/Km, and (15 ± 5) × 106 M–1 s–1 for kcat/Koxygen. 

 

Figure 2.5 Effect of pH on the steady-state kinetic parameters of NMO with P3N or EN as substrate.  

With P3N, initial rates of reaction were determined at varying concentrations of substrate and oxygen. 

Kinetic parameters were determined by using eq 1. With EN, initial rates of reaction were determined at 

atmospheric oxygen, yielding apparent kcatand kcat/Km values that approximate well the true values due to 

low Koxygen values (see text). All determinations were carried out at 30 °C. Panel A: kcat (●) and kcat/Km (■) with 

P3N; kcat (○) and kcat/Km (□) with EN. Data for kcat and kcat/Km with EN were fit with eq 2. Panel B: pH profile 

of kcat/Koxygen with P3N. 

 

Because of the Koxygen value being less than 1 μM (see above), pH effects with EN could 

only be determined at atmospheric oxygen for the kcat and kcat/Km values. The kcat decreased with 

increasing pH from an upper limiting value of 4000 ± 400 s–1 to a lower limiting value of 44 ± 5 

s–1 (Figure 5). Similarly, the kcat/Km value decreased from (3.4 ± 0.7) × 105 M–1 s–1 at low pH to 

(9 ± 2) × 103 M–1 s–1 at high pH (Figure 5). The pH profiles with EN defined apparent pKa values 

of 7.8 ± 0.1 for kcat and 7.9 ± 0.2 for kcat/Km. 

http://pubs.acs.org/doi/full/10.1021/bi400030d#fig5
http://pubs.acs.org/doi/full/10.1021/bi400030d#eq2
http://pubs.acs.org/doi/full/10.1021/bi400030d#fig5
http://pubs.acs.org/doi/full/10.1021/bi400030d#fig5
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Solvent Viscosity Effects. The effects of solvent viscosity on kcat and kcat/Km with either 

P3N or EN were studied using glycerol as viscosigen to establish whether diffusion-controlled 

events of substrate binding and product release contributed to catalysis. These determinations 

were carried out at pH 6.5 with P3N and at pH 5.5 and 11.0 with EN, which correspond to the 

pH-independent regions identified in the pH studies (Figure 5). With P3N, the 

normalized kcat and kcat/Km values determined at increasing relative viscosity of the solvent 

yielded lines with slopes of 0.34 ± 0.01 and 0.38 ± 0.03 (Figure 6). Lines with slopes of 0.48 ± 

0.02 and 0.42 ± 0.04 were obtained for the kcat andkcat/Km values with EN at low pH (Figure 6). 

Thus, similar effects were seen in kcat and kcat/Km at those pH values where these kinetic 

parameters have maximal values. In contrast, with EN at high pH an inverse hyperbolic pattern 

of the normalized kinetic parameters as a function of increasing viscosity was observed 

(Figure 6). 

 

Figure 2.6 Effect of solvent viscosity on the steady-state kinetic parameters with P3N or EN.  

Initial rates were measured at 30 °C in either 50 mM sodium pyrophosphate (pH 6.5, 5.5) or sodium 

phosphate (pH 11.0) at varying relative viscosity of the reaction mixture. Normalized kcat and kcat/Km values 

are shown as a function of the relative solvent viscosity. The dashed lines with a slope of +1 indicate the 

results expected for a fully diffusion-limited reaction. The dashed lines with a slope of 0 indicate results 

expected for lack of solvent viscosity effects. The values of the relative viscosities of the solvent were taken 

http://pubs.acs.org/doi/full/10.1021/bi400030d#fig5
http://pubs.acs.org/doi/full/10.1021/bi400030d#fig6
http://pubs.acs.org/doi/full/10.1021/bi400030d#fig6
http://pubs.acs.org/doi/full/10.1021/bi400030d#fig6
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from Lide(28) and adjusted for 30 °C. Solvent viscosity data at pH 5.5 and 6.5 were fit with eq 3, and data at 

pH 11.0 were fit with eq 4. 

2.5 Discussion 

The mechanistic study presented here provides evidence that a highly reactive 

peroxynitro acid is formed enzymatically during turnover of NMO with its physiological 

substrate, P3N. Through a single-electron transfer, P3N and NMO react to form a P3N radical 

species and an anionic flavosemiquinone (step B in Scheme 2). A subsequent electron transfer 

from the flavosemiquinone to molecular oxygen results in the oxidation of the flavin and 

formation of superoxide anion (step C). The two highly reactive radical species, P3N radical and 

superoxide, then react in the active site of the enzyme to yield 3-peroxy-3-nitro-propanoate (step 

D), which subsequently decays to products. Alternatively,1 the P3N radical could react with 

oxygen to give a 3-peroxy-3-nitropropanoate radical (step E), which would subsequently receive 

an electron from the flavosemiquinone forming 3-peroxy-3-nitropropanoate (step F). Irrespective 

of the path, a transient 3-peroxy-3-nitropropanoate intermediate is formed in the chemical 

mechanism of Scheme 2, for which evidence is presented below. 

 

                                                 
1 The production and release of superoxide by the enzyme in turnover with P3N at 15 oC is consistent with 

superoxide being a reaction intermediate that is formed in catalysis (steps C and D in Scheme2). However, and as 

pointed out by one of the reviewers, the fact that superoxide leaks out of the enzyme active site during turnover 

under some conditions does not necessarily demonstrate that superoxide is an obligatory reaction intermediate. 

Thus, an alternative reaction path that leads to the formation of 3-peroxy-3-nitropropanoate through reaction of the 

organic radical and oxygen, followed by electron transfer from the flavosemiquinone to form the 3-peroxy-3-

nitropropanoate intermediate (steps E and F in Scheme 2), cannot be ruled out. Both catalytic paths allow formation 

of the two species for which evidence is available in this study, i.e. the flavosemiquinone and 3-peroxy-3-

nitropropanoate. 

javascript:void(0);
http://pubs.acs.org/doi/full/10.1021/bi400030d#eq3
http://pubs.acs.org/doi/full/10.1021/bi400030d#eq4
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Figure 2.7 Minimal Chemical Mechanism of NMO with P3N and Oxygen as Substrates.  

(a) Michaelis Complex Formation; (b) One-Electron Flavin Reduction; (c) Oxygen Activation; (d) Formation 

of 3-Peroxy-3-nitropropanoate; (e) Formation of Radical 3-Peroxy-3-nitropropanoate; (f) One-Electron 

Transfer from the Flavosemiquinone; (g) Release of Products. 

 

After formation of a Michaelis complex in the active site of the enzyme, NMO and P3N 

react through a single-electron transfer to form a P3N radical species and an anionic 

flavosemiquinone (step B in Scheme 2). Evidence supporting this conclusion comes from the 

anaerobic mixing of oxidized NMO and P3N, or its analogue EN, in a stopped-flow 

spectrophotometer. This experiment showed the rapid formation of a flavin species with λmax at 

365 nm, a shoulder at around 400 nm, and a less intense peak at 483 nm, which are typical of 

anionic flavosemiquinones.(31) The ε value of 17 300 M–1 cm–1 at 365 nm for the 

flavosemiquinone in NMO is comparable to those of other flavin-dependent enzymes, including 

ᴅ-amino acid oxidase,(31) NMO from N. crassa,(3) choline oxidase,(32) glycine oxidase,(33) and 

cholesterol oxidase,(34) to name a few. With the physiological substrate P3N, the single-electron 

transfer reaction in NMO is too fast to be measured with a stopped-flow spectrophotometer, even 

http://pubs.acs.org/doi/full/10.1021/bi400030d#sch2
javascript:void(0);
javascript:void(0);
javascript:void(0);
javascript:void(0);
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when the temperature is lowered to 7 °C. On the basis of the mixing time of the instrument (i.e., 

2.2 ms), one can estimate a rate constant for flavin reduction ≥1900 s–1 with P3N at 7 °C and pH 

6.0. With EN, instead, the reduction of the flavin could be measured at low temperature, showing 

a limiting rate constant of 300 s–1 at pH 6.0 and 7 °C. This value is 7 times larger than the 

turnover number of the enzyme at saturating concentrations of EN and oxygen (e.g., 40 s–1), 

indicating that the transfer of the single-electron from the substrate to the flavin contributes 

minimally to the overall turnover of the enzyme at the pH optimum. Upon lowering the 

temperature from 30 to 7 °C, there is 100-fold decrease in the kcat value with EN from 4100 s–

1 (pH 5.5) to 40 s–1 (pH 6.0). It is conceivable that with P3N the kcat similarly decreases from its 

value of 860 s–1 at 30 °C to ∼10 s–1 at 7 °C. Thus, the single-electron transfer with P3N at 7 °C, 

with an estimated value of ≥1900 s–1, does not contribute to the overall turnover of the enzyme 

with the physiological substrate. 

Molecular oxygen is activated to superoxide through the transfer of an electron from the 

anionic flavosemiquinone, yielding oxidized FMN (step C in Scheme 2). The intersecting lines 

observed in double reciprocal plots of the initial rates of reaction as a function of P3N (or EN) 

concentration are consistent with oxygen reacting with the enzyme in complex with the organic 

product of the first electron transfer reaction, i.e., before the P3N radical is released from the 

enzyme active site. Further evidence in support of oxygen reacting with the flavosemiquinone 

comes from time-resolved absorbance spectroscopy of the enzyme turning over with P3N and 

oxygen and steady-state kinetics. The former experiment showed that the enzyme in turnover is 

primarily present as anionic flavosemiquinone, which then fully accumulates when oxygen is 

completely depleted from the enzyme reaction mixture. This establishes the flavosemiquinone as 

the species that reacts with oxygen in turnover and therefore the species that accumulates once 

http://pubs.acs.org/doi/full/10.1021/bi400030d#sch2
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oxygen is depleted. The effect of SOD on the steady-state kinetics with EN at low temperature 

showed that superoxide is produced and released from the enzyme active site during turnover. 

While a similar effect of SOD was not observed at 30 °C with EN or P3N irrespective of the 

temperature,(2, 7) these results establish superoxide as a reaction intermediate that can escape 

from the active site at low temperature when the enzyme turns over with the substrate analogue, 

EN. We can speculate that the escape of superoxide from the enzyme active site may be due to 

an increased rigidity of the enzyme at 7 °C as compared to 30 °C.(35-37) Alternatively, if 

superoxide is not an obligatory intermediate, one can envision oxygen reacting directly with the 

P3N radical (step E in Scheme 2), followed by an electron transfer from the flavosemiquinone to 

form a 3-peroxy-3-nitropropanoate (step F). In this alternate mechanism the flavin would act as 

an electron sink that activates P3N for reaction with oxygen, instead of activating oxygen for 

reaction with P3N radical. 

Irrespective of the flavin activating oxygen or reacting with the 3-peroxy-3-

nitropropanoate radical, a 3-peroxy-3-nitropropanoate species is formed in catalysis. Evidence 

for the formation of 3-peroxy-3-nitropropanoate comes from the transient increase in absorbance 

at ∼300 nm observed when the enzyme is turning over with P3N and oxygen. Lack of changes in 

the absorbance at 445 nm, while that at ∼300 nm increases, establishes that the flavin is in steady 

state and is not involved in the reaction. The requirement of oxygen for the formation of 3-

peroxy-3-nitropropanoate is established by the lack of spectral changes in the 260–360 nm 

region of the absorbance spectrum when the oxidized enzyme is mixed anaerobically with P3N. 

The UV absorbance spectrum of P3N in aqueous solution exhibits two maxima at 225 and 300 

nm (data not shown). The increase in absorbance at ∼300 nm observed in this study is consistent 

with previous results in other systems demonstrating that superoxide acts as an auxochrome after 

javascript:void(0);
javascript:void(0);
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reacting with other radicals, causing increases in absorbance intensity.(38-41) Alternatively, the 

auxochromic effect may be explained if the pKa for the peroxy/hydroperoxy equilibrium in 3-

(hydro)peroxy-3-nitropropanoate is lower than that defining the ionization of the α-carbon of 

P3N, yielding a reaction intermediate that is more highly ionized than the substrate. 

The capture of P3N in the active site of NMO to yield a Michaelis complex competent to 

catalysis is very effective, as suggested by the kcat/Km value of 107 M–1 s–1. High values 

of kcat/Km are typically seen in detoxifying enzymes involved in the elimination of reactive 

oxygen species, such as carbonic anhydrase, catalase, and SOD.(42-44) Besides these, only a 

limited number of enzymes active on organic molecules have been described to date 

with kcat/Km values comparable to that of NMO with P3N, namely acetyl cholinesterase, 

crotonase, fumarase, triose phosphate isomerase, β-lactamase, and chymotrypsin.(45-50) All of 

these enzymes catalyze reactions relevant to the organism as either source of energy, 

neurotransmitter signaling, or detoxification. In this context, the kcat/Km of 107 M–1 s–1 agrees 

well with the physiological role of NMO as an enzyme that protects fungi from the 

environmental occurrence of P3N, as recently established with in vivo studies using N. 

crassa and E. coli.(7) 

As oftentimes observed for enzymes with kcat/Km values of 107–108 M–1 s–1,(42-51) the 

second-order rate constant for capture of P3N by NMO is partially controlled by the diffusion of 

the substrate into the active site of the enzyme. Evidence for this conclusion comes from the 

linear dependence of the normalized kcat/Km values on the relative viscosity of the solvent 

exhibiting a positive slope of 0.4. As expected for an enzyme displaying a kcat with a high value 

of 800 s–1, turnover with P3N is controlled to a significant extent by the rate of release of the 

product of the reaction from the active site of the enzyme. This conclusion is supported by the 

javascript:void(0);
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linear dependence with a positive slope of 0.4 of the normalized kcat values as a function of the 

relative viscosity of the solvent. Substitution of the physiological substrate with EN, a substrate 

analogue lacking the carboxylate moiety, results in a 4-fold increase in kcat and only a 1.3-fold 

increase in the solvent viscosity effect on the normalized kcat values, e.g., from 0.4 with P3N to 

0.5 with EN upon comparing data obtained at low pH. These data are consistent with the 

carboxylate group of P3N playing a major role in retaining the product in the active site of the 

enzyme. The carboxylate is also important for substrate binding, as demonstrated by 

the kcat/Km value observed at low pH with P3N being 3 orders of magnitude larger than with EN. 

An energetic contribution of ∼17 kJ/mol can be estimated for the interaction of the carboxylate 

moiety of P3N toward the substrate capture by NMO. This value agrees well with that of ∼15 

kJ/mol previously established with the use of substrate analogues for the enzyme carboxylate in 

the active site of choline oxidase.(52) In that case, site-directed mutagenesis established the 

presence of an ionic bond between the substrate and the enzyme.(53) 

The effects of pH and solvent viscosity on the kcat/Km and kcat values with either P3N or 

EN as substrate provide the basis to explain why NMO is very proficient in capturing the organic 

substrate for catalysis, activating oxygen for the reaction with P3N, and a very effective catalyst 

in the overall turnover with P3N. The pH effects with EN demonstrate that the enzyme is 2 

orders of magnitude more proficient and faster at acidic pH values than alkaline values, 

establishing protonation of an ionizable group as an important feature in this context. No relevant 

ionizations are seen in the pH profiles of kcat and kcat/Km with P3N. However, the comparison of 

the patterns of solvent viscosity effects with EN and P3N suggests that the same enzyme species 

is present during turnover with the physiological substrate or EN at low pH, i.e., with a similar 

pattern of ionization for groups that are relevant to catalysis. Without considering the substrate 

javascript:void(0);
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carboxylate, which is likely neutralized upon substrate binding in the active site of the enzyme 

and does not undergo rearrangements in catalysis, all the enzyme complexes occurring in 

catalysis are anionic. The charge is initially on the substrate α-carbon, then on the anionic 

flavosemiquinone, subsequently on the superoxide, and finally on the 3-peroxy-3-nitro acid 

(Scheme 2). Consequently, the kinetic steps of substrate capture and oxygen activation in the 

mechanism of NMO, as well as the overall turnover of the enzyme, are likely enhanced by the 

presence of either a positive charge or a protonated group acting as a hydrogen bond donor in the 

active site. Studies are ongoing to determine the three-dimensional structure of the enzyme by 

using X-ray crystallography, which will provide a framework for future identification of the 

group acting as catalyst in the reaction catalyzed by fungal NMO through site-directed 

mutagenesis. 

In conclusion, time-resolved absorbance spectroscopy of NMO in turnover with its 

physiological substrate P3N has allowed for the first-time detection of a proposed reaction 

intermediate, 3-peroxy-3-nitropropanoate. This transient intermediate is formed in the enzyme-

catalyzed reaction of P3N radical and either oxygen or superoxide produced enzymatically from 

the reaction of oxygen with the flavosemiquinone. The flavin is instrumental for the formation of 

the organic radical species participating in the reaction, which is formed through a single-

electron transfer from the P3N to the flavin. The study presented herein also represents the first 

biochemical and mechanistic characterization of NMO, which was first isolated from fungi 6 

decades ago,(54) with its physiological substrate. In the GenBank, there are currently over 3000 

genes annotated as NMO, or as 2-nitropropane dioxygenase as the enzyme was officially 

classified until 2010. Most of the products of these genes, with the exception of those from the 

fungi N. crassa and W. saturnus, have not been characterized biochemically. A similar 

http://pubs.acs.org/doi/full/10.1021/bi400030d#sch2
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physiological role in the oxidation of P3N has been established only for a single bacterial P3N 

monooxygenase,(55) for which limited biochemical data are available. Interestingly, bacterial and 

fungal NMOs appear to be only distantly related, with 20–25% amino acid similarity. This study 

provides therefore the groundwork for future studies that will be aimed at the characterization of 

other enzymes annotated as NMO with their physiological substrate, P3N. 
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3     PEG Binding Site in Nitronate Monooxygenase from Cyberlindnera saturnus  

3.1 Abstract 

Nitronate monooxygenases are flavin-dependent enzymes that oxidize the toxin, 

propionate 3-nitronate (P3N), using molecular oxygen as the final electron acceptor. NMO from 

C. saturnus was crystallized in this study to 1.65 Å resolution, showing a single FMN cofactor 

bound to the protein. An unusual binding of a polyethylene glycol (PEG) molecule was found on 

the surface of the enzyme. In the presence of PEG 3350, the kcat and Km values for CsNMO with 

P3N as substrate were 7 times higher and 125 times lower, respectively. Conversely, kinetic 

parameters of NMO from P. aeruginosa were not significantly altered in the presence of PEG, 

indicative of an activation effect specific for the fungal enzyme. The overall structure of CsNMO 

was highly conserved in comparison to the bacterial NMO enzyme previously reported. The 

results presented provide new insights for non-essential activation providing new scopes on the 

structural-functional investigations on NMOs. 

3.2 Introduction 

Nitronate monooxygenases (NMO, E.C. 1.13.12.16) catalyze the oxidation of propionate 

3-nitronate (P3N) and alkyl nitronates of 2-6 carbon atoms in length.(1-4) P3N is a highly toxic 

nitro acid compound that is prevalent in legumes and fungi and is an irreversible inhibitor of 

mitochondrial succinate dehydrogenase.(5-9) Poisoning by P3N leads to a variety of neurological 

disorders and even death at sufficiently high concentrations.(5) NMO from Cyberlindnera 

saturnus (CsNMO) utilizes a single-electron transfer mechanism of catalysis, in which the 

protein-bound FMN cofactor oxidizes P3N forming an anionic flavosemiquinone in the enzyme-

substrate complex.(4) The radical P3N molecule further reacts with molecular oxygen (or 
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superoxide) to form a spectrophotometrically-detectable peroxynitro acid intermediate 

concomitantly reoxidizing the flavin.(4)  The peroxynitro acid collapses to the final products, 

likely malonic semialdehyde, nitrate, and nitrate as determined in NMO from P. aeruginosa 

JS189.(10) Mechanistic characterizations with the physiological substrate, P3N, have been carried 

out solely with CsNMO using pH effects, UV-visible and time-resolved absorbance 

spectroscopy, and steady-state kinetics.(4) On the other hand, the only crystal structure available 

thus far of NMO was from Pseudomonas aeruginosa (PaNMO) and was recently resolved to a 

1.44 Å resolution.(5)  

A recent bioinformatics, biochemical, and structural study on PaNMO has established 

two new classes within the NMO family of enzymes. CsNMO is a member of the Class I NMO 

enzyme family(3), along with PaNMO and more than 450 NMO gene products, including mostly 

fungi and bacteria and two animals.(3) This family of enzymes has been shown to rapidly oxidize 

P3N at atmospheric oxygen with app(kcat/Km) values ≥ 106 M-1s-1. The flavin becomes reduced to a 

flavin anionic semiquinone, and the final electron accepter is oxygen. Within the four motifs 

identified in Class I NMOs, a number of amino acid residues are conserved in the active site of 

the enzyme including (PaNMO numbering): M20, N69, F71, Y109, H133, H183, Y299, Y303, 

and K329. H133 is located ~4 Å from the N1 atom of the isoalloxazine and is proposed to 

stabilize the negative charge on the anionic flavosemiquinone.(3) T109, Y299, Y303 and F71 

have been proposed to form a substrate binding pocket and K307 may function to attract the 

negatively-charged substrate into the active site. Aside from CsNMO and PaNMO, only one 

other known enzyme is currently characterized as an NMO from Neurospora crassa.(2, 3) This 

enzyme does not contain all four conserved motifs of Class I and is active on both nitronates and 
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nitroalkanes(11), rather than on nitronates. Therefore it was separated into a much smaller Class II 

NMO enzymes, which includes only ten other hypothetical NMOs enzymes from fungi.(3)  

In this study, structural and kinetics approaches were used to investigate a eukaryotic 

NMO enzyme in the Class I NMO family. The crystal structure of CsNMO was solved to a 1.65 

Å resolution revealing a binding site for a PEG molecule. Steady-state kinetics experiments on 

both the fungal and bacterial enzymes revealed the effects of PEG on the kinetic parameters. 

Differences occurring between amino acid sequences of the fungal and bacterial enzymes were 

used to identify distinct structural inconsistencies in these catalytically similar enzymes. 

3.3 Materials and Methods 

3.3.1 Materials 

3-Nitropropionic acid (3-NPA) and PEG 3350 were from Sigma-Aldrich (St. Louis, MO). 

Recombinant NMO from C. saturnus and P. aeruginosa were obtained through expression and 

purification methods previously described.(3, 32) Propionate 3-nitronate (P3N) was prepared as 

previously described using excess KOH for 24 h.(4) Similar to primary and secondary 

nitroalkanes, the α-carbon of 3-NPA has a pKa  of ~9.1 at allowing for a slow deprotonation with 

a strong base producing the conjugate base, P3N.(33) All crystallography trays, cover slips, and 

supplies were purchased from Hampton Research (Aliso Viejo, CA). All other reagents were of 

the highest purity commercially available. 

3.3.2 Crystallization and Data Collection 

Crystals of CsNMO were grown in hanging drops at room temperature with 21% PEG 

3350, 70 mM sodium citrate, pH 4.0, and 100 mM ammonium acetate. The crystals were cryo-

cooled in the mother liquor and the diffraction data at 100 K were collected on beamline X4A of 
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the National Synchrotron Light Source at Brookhaven National Laboratory. The X-ray data were 

integrated and scaled with HKL2000.(34) 

3.3.3 Structure Determination 

The structure of CsNMO was solved by molecular replacement employing PHASER.(35, 

36) With 34% sequence identity of CsNMO, PaNMO (PDB code 4Q4K) was used as the initial 

model of the main chain atoms by pruning the N-terminal six residues and the C-terminal five 

residues of PaNMO and using serine instead of the dissimilar amino acids in the PaNMO 

sequence.(3) The CsNMO structure model was constructed from the molecular replacement 

phases using the Arp/wArp(37, 38) program, which docked 90% of the sequence into the electron 

density. The model was subjected to several rounds of refinement in REFMAC(39) and the 

remaining protein structure was manually built with COOT.(40) Solvent molecules were inserted 

at stereochemically reasonable positions using 2Fo-Fc and Fo-Fc maps at 1 and 3 sigma (σ) 

levels, respectively. 

3.3.4 Steady-state Kinetics of CsNMO and PaNMO with P3N 

Enzymatic assays were carried out using a computer-interfaced Oxy-32 oxygen-

monitoring system (Hansatech Instruments, Inc., Norfolk, England) by monitoring the initial rate 

of oxygen consumption. Steady-state kinetic parameters of CsNMO or PaNMO with P3N as 

substrate were measured at varying concentrations of PEG 3350 (12.5-50 mM for CsNMO, 2-25 

mM for PaNMO) in 50 mM NaPPi, pH 6.0, 30 oC, at atmospheric oxygen. Solutions of PEG 

3350 were prepared in water. Initial rates of the reactions were calculated based on enzyme-

bound flavin using experimentally determined extinction coefficients ɛ442nm = 11,400 M-1s-1 for 

CsNMO and ɛ443nm = 12,500 M-1s-1 for PaNMO as measured spectrophotometrically using an 

Agilent Technologies diode-array model HP 8453 spectrophotometer.(3, 32) The enzyme was 
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allowed to incubate in the reaction vessel with PEG 3350 for 30 s prior to addition of the P3N 

substrate to initiate the reaction. Enzymatic assays were initiated by the addition of P3N to the 

reaction mixture to ensure that negligible amounts of 3-NPA were present during the time 

required to acquire initial rates of the reaction since the second order rate constants for 

protonation of nitronates are in the range of 15-75 M-1s-1.(4, 41) 

3.3.5 Data Analysis 

Steady-state kinetic data were fit with KaleidaGraph (Synergy Software, Reading, PA) or 

Enzfitter (Biosoft, Campbridge, UK) software. Kinetic parameters determined with P3N at 

atmospheric oxygen were obtained by fitting the data to the Michaelis-Menten equation for one 

substrate. In all cases, substrate concentrations were between 0.3 and 10 times Km, ensuring 

accurate determinations of the kcat/Km and kcat, and Km values. When initial rates of reaction were 

determined at varying concentrations of P3N and PEG 3350, the kinetic data were fit with eq 1, 

which describes a mechanism for non-essential activation in which a reaction can occur in the 

absence of the activator.(42) appkcat is the first-order rate constant for the reaction in the presence of 

saturating P3N at atmospheric oxygen, KP3N is the Michaelis constant for P3N, KA is the 

dissociation constant for the equilibrium between PEG 3350 and the enzyme, α is a factor by 

which KP3N changes when the activator, A, occupies the enzyme, αKA is the dissociation constant 

for the activator when P3N occupies the enzyme, β is a factor by which appkcat changes when the 

activator, A, occupies the enzyme. 

 

               (1) 
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3.4 Results 

3.4.1 Overall Structure of CsNMO 

CsNMO was crystallized in the monoclinic space group P21 with one molecule per 

asymmetric unit by using PaNMO (PDB code 4Q4K) as a template.(3) The structure was refined 

to 1.65 Å with an R-factor of 15.3% and Rfree of 20.4%. The data collection and refinement 

statistics are reported in Table 1. The overall structure of CsNMO contained an FMN binding 

domain (residues 1-79, 122-271 and 356-374) and substrate binding domain (residues 80-121 

and 272-355) as shown in Figure 1. The FMN binding domain adopted a TIM barrel-fold, while 

the substrate binding domain had 3 helices connected by loops (Figure 1). One FMN molecule 

was observed to be bound at the FMN binding domain of CsNMO (Figure 1). The active site of 

CsNMO was located at the cleft formed by the FMN binding domain and the substrate binding 

domain. Residues A24, N77, F79, Y119, H147, H197, Y321, Y325, and L348 lined the active 

site surrounding the isoalloxazine ring of FMN, corresponding to residues L21, N69, F71, Y109, 

H133, H183, Y299, Y303, and W325 in PaNMO.(3) 
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Table 3.1 Crystallographic data collection and refinement statistics. 
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Figure 3.1 Crystal structure of CsNMO (cyan) is shown in cartoon with a surface transparency of 60%. FMN 

(yellow, center) and PEG (yellow, surface) are shown as spheres. 

 

3.4.2 FMN Binding Interactions 

The phosphate group of FMN was buried deep within the FMN binding domain and 

formed hydrogen-bonding interactions with the main chain amide groups of G240, G261 and 

T262. The ribityl group was held in place by hydrogen bonds between the Nɛ2 atom of Q190 and 

O3 atom of FMN and Nɛ2 atom of Q259 and O2 atom of FMN. The si face of the isoalloxazine 

ring was exposed to the substrate binding site, whereas the re face formed a van der Waals 

contact with the C atom of M23 (Figure 2).  The isoalloxazine ring exhibited a butterfly bend 

of 169o along the C7-N5-C4 atoms, compared to 185o for the corresponding angle in PaNMO. 

The N5 and O4 atoms of FMN in CsNMO had van der Waals interactions with the main chain 

amide group of A24 (Figure 2). H147 was located 4 Å from the N1 atom of the cofactor (Figure 
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2). The O2 and N3 atoms of FMN formed hydrogen-bonding interactions with the side chain of 

N77. The O4 atom was likely hydrogen-bonded to the main chain amide of A24 (Figure 2). L265 

(4.3 Å) and H276 (5.6 Å) made the closest contacts with the C7 and C8 atoms of the 

isoalloxazine ring (Figure 2). Most of the interactions between the cofactor and CsNMO were 

also present in PaNMO, except Y254 and W325 were H276 and L348, respectively, in CsNMO 

(Figure 2). 

 

 

Figure 3.2 Active site residues of CsNMO (cyan, listed first) and PaNMO (green, listed second). FMN 

cofactors both shown in yellow. 

 

3.4.3 PEG-binding Site 

A PEG molecule from the crystallization solution was bound to one loop (residues 67-73) 

in the FMN binding domain. The closest distance between PEG and FMN was at the O1 atom of 

PEG and N5 atom of the flavin measuring a distance of 21.4 Å (Figure 3A-B). The conformation 

of the loop was anchored by an ion pair of R72 and D64, hydrogen bonds between the 

guanidinium group of R72 and the carbonyl O atom of L139 (Figure 3A-B). A polymer 
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composed of 12 ethylene units was clearly discernible in the crystal structure. Six monomers of 

the PEG molecule formed a helical turn around a central water molecule that was hydrogen-

bonded with D69. The PEG molecule also formed five additional water-mediated interactions 

with the main chain atoms of T34, R37, and D69.  In addition, the PEG molecule had a number 

of van der Waals contacts with E13, T34, R37, L38, V67, and D69. The extensive interactions of 

PEG with the protein suggested that PEG-binding was unlikely to arise from crystal lattice 

contacts and suggested the presence of a putative binding site for an unknown molecule. 

 

 

Figure 3.3 Unusual binding of PEG 3350.  

Panel A: FMN and PEG are located 21.4 Å apart when measured at the closest contacts, N5 of the flavin to 

the O1 atom of PEG; Panel B: PEG binds directly to a loop formed by residues 67-74. R72 forms a salt bridge 

with D64 and the backbone O atom L139. Residues E13, D69, V67, R37, T34, and L38 form van der Waals 

interactions with PEG. 

 

3.4.4 Effect of PEG 3350 on Steady-state Kinetics 

In order to ascertain if PEG had an effect on the function of the enzyme, the steady-state 

kinetic parameters of CsNMO with P3N were determined in the presence and absence of PEG 

3350 in 50 mM NaPPi, pH 6.0, 30 oC (Figure 4A-B). As shown in Figure 4B, intersecting lines 

were obtained in a double reciprocal plot of the initial rates of reactions and substrate 
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concentration. As PEG concentration increased, the slopes in the Figure 4B decreased and the 

intercept was in quadrant IV consistent with the activator affecting kcat, Km, and kcat/Km values. A 

global fitting of the kinetic data ± PEG to Eq 1 returned the parameters shown in Table 2, with a 

significantly large effect on Km (α << 1) and kcat (β >> 1). These results are consistent with PEG 

behaving as a non-essential “V-” and “K-type” activator of CsNMO with respect to P3N 

(Scheme 1)a.(12) A kinetic model for non-essential activation was proposed for CsNMO and PEG 

as the activator with respect to P3N at atmospheric oxygen (Scheme 1). 

When the effect of PEG 3350 was assessed on PaNMO, for which no PEG was identified 

in the 3D structure resolved to 1.44 Å3, the initial rates of reaction did not change significantly. 

Consistent with these results, a global fit of the data yielded α and β values not significantly 

different than one (Table 2), indicating that the bacterial enzyme is not regulated by PEG 3350. 

 

 

Figure 3.4 Steady-state kinetics of CsNMO with P3N as substrate in the presence of increasing concentrations 

of PEG 3350.  

Initial rates of reaction were determined at atmospheric oxygen in 50 mM NaPPi, pH. 6.0. Kinetic data in 

Panel A was fit using the Michaelis-M enten equation for an enzyme with one substrate. Panel A: plot of 

initial rates of reaction versus [P3N] with fixed concentrations of 0 mM (●), 12.5 mM (○), 25 mM (■), 37.5 

mM (□), and 50 mM (▲) PEG 3350; Panel B: double reciprocal plot of the initial rates of reaction versus 

[P3N] with fixed concentrations of 0 mM (●), 12.5 mM (○), 25 mM (■), 37.5 mM (□), and 50 mM (▲) PEG 

3350. 
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Scheme 3.1 Minimal kinetic mechanism of non-essential activation of CsNMO (E) with PEG 3350 as activator 

(A) with respect to P3N (S) as substrate, as originally proposed by Irwin H. Segel.(42) 

ES, EA, and ESA are the enzyme complexes with the substrate, activator and both; P is the product of the 

reaction. The definition of kcat and βkcat used here is an oversimplification. However, the approach used to 

establish Scheme 1 does not allow the authors to dissect the kinetic steps that may contribute to kcat. 

 

Table 3.2 Effect of PEG 3350 on the steady-state kinetic parameters of CsNMO and PaNMO.a 

 

3.5 Discussion 

The crystallographic and biochemical study presented here provides evidence for an 

allosteric binding site for a non-essential activator of CsNMO with respect to P3N. The overall 

structures of CsNMO and PaNMO were highly conserved except for two loops (Figure 5) and 

two active site residues (Figure 2). The structure of CsNMO was resolved with a PEG molecule 

binding to a surface loop wrapping around a single water molecule forming hydrophobic and 

hydrogen-bonding interactions with multiple surface residues. This same loop in PaNMO 

contains a proline and lysine residue and is truncated not allowing for a PEG molecule to bind to 

the enzyme (Figure 6). PEG-binding in CsNMO indicated an allosteric binding site that was 
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catalytically relevant only in the fungal enzyme. Kinetic and structural evidences for the non-

essential activation of CsNMO in the presence of PEG 3350 are presented below.  

 

 

Figure 3.5 Crystal structures of CsNMO (cyan) and PaNMO (green) enzymes aligned on equivalent Cα 

atoms.  

Two loops in CsNMO (red) have been identified as being 4 and 5 residues longer at each position. Inset: 

Amino acid sequences shown with loops of different conformations highlighted. 

 

PEG is a non-essential allosteric activator of CsNMO, as indicated by the steady-state 

kinetic parameters with and without PEG 3350. The results with PEG revealed an increase in the 

steady-state kinetic parameters kcat and kcat/Km and a decrease in Km. Other enzymes, 

mechanistically unrelated, such as 1-deoxy-ᴅ-xylulose-5-phosphate reductoisomerase, 

triosephosphate isomerase and glycerol-3-phosphate dehydrogenase, have also shown non-

essential allosteric activation by smaller molecules with dianion phosphate behaving as the 

activator with respect to the substrate.(13-15) Non-essential activation by dianion phosphate altered 
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the conformational changes on the enzyme-substrate or enzyme-product complexes.(13, 16) The 

effects on the kinetic parameters observed in CsNMO may indicate significant repercussions 

similar to these enzymes. The binding cleft observed in the fungal enzyme could be indicative of 

a protein-interacting site responsible for modulating increased reactivity with P3N. Alternatively, 

the binding site could act as a regulator of CsNMO in the cell turning the enzyme on or off as the 

needs of the cell change or toxicity levels of P3N due to its production.(5) 

Irrespective of natural occurrence, catalytic effects and structural binding of PEG 

molecules have been reported in other enzymes. PEG molecules can be located in more than 

1500 crystal structures found in the protein database (PDB), of which, more than a dozen have 

been shown to bind PEG molecules on the surface or in the active site cavity. Most enzymes 

were inhibited in regards to the natural substrate giving indications to the physiological substrate 

and mechanistic implications of each enzyme.(17-19) Acetylcholinesterase from Torpedo 

californica has been shown to bind a PEG molecule in the active site as the first strong example 

of a neutral molecule inhibiting and binding to a cation-binding site in this family of enzymes.(17) 

A histone methyltransferase (SMYD2) was observed to bind PEG in a distinct ω-turn 

conformation indicative of a potential substrate binding cleft or protein-interacting site important 

for regulation.(20)  As a polyol that increases viscosity of a solution, PEG behaving as a non-

essential activator of CsNMO may be indicative of its activity enhancement in the cell. Found in 

high salt/low water potentials ecosystems(21, 22), C. saturnus serves as the source of the enzyme in 

this study and has been shown to produce polyols (i.e. glycerol, mannitol, and xylitol) to 

maintain hydration levels in the cell.(22) Changes in viscosity and hydration levels, consequently, 

would affect regulation of the enzyme by osmotic pressure or during times of oxidative stress. 
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A salt bridge on the surface of CsNMO provided an allosteric binding site for PEG 3350. 

The formation and stability of the PEG-binding site originates from a salt bridge formed by K72 

with D64 and the backbone O atom of L139 (Figure 3B) as evidence of the crystal structure. 

Previous studies have shown that surface salt bridges composed of side chain to main chain 

interactions similar to CsNMO have provided increased structural stability over two side chain 

interactions.(23-26) This same loop in PaNMO is truncated by 4 amino acids with K64 and P64 

blocking the allosteric binding site indicative of a lack of salt bridge interactions (Figure 6). The 

formation of the allosteric site using a salt bridge anchor may have evolutionary implications for 

polyol binding that have developed in C. saturnus to thrive in the high salt/low water potential 

environment.  

 

Figure 3.6 PEG-binding site in CsNMO (cyan) and the corresponding loop in PaNMO (green) illustrated as 

cartoon. 

 

PEG 3350 acts as a K-type and V-type allosteric activator of CsNMO with respect to 

P3N. Evidence for this effect was observed in the decreasing of Km values while simultaneously 

increasing kcat values leading to a change in rate-limiting steps. A K-type activator affects the 
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binding of substrate whereas V-type affects kcat, the kinetic rate constant representative of the 

rate-limiting step in turnover. Substrate binding and product release were previously shown to be 

rate limiting in P3N oxidation as evidence of linear dependences of normalized kcat and kcat/Km 

values with respect to the relative viscosity of buffered glycerol solutions.(4) Both substrate 

binding and product release become less rate-limiting in the presence of PEG due to the 

activation (both V- and K-type) effect on the enzyme-substrate and enzyme-product complexes. 

The formation of the PEG-enzyme complex therefore promotes a change in rate limiting steps. 

Beyond conformational changes, it would be insufficient to use V- and K-type allosteric effects 

to explain microscopic kinetic rate constants on macroscopic mechanistic events.(27, 28) Therefore, 

identifying the general allosteric effects of PEG on CsNMO provides explanations on the 

mechanism of P3N oxidation. 

In contrast, PaNMO does not exhibit any effect on its steady-state parameters or structure 

in the presence of PEG. The kinetic parameters of PaNMO were unaffected in the presence of 

PEG 3350 consistent with the lack of an allosteric binding site in the crystal structure. Evidence 

comes from the X-ray crystal structure and steady-state kinetic studies with and without PEG 

3350. The overall structure, however, was highly conserved between the fungal and bacterial 

enzymes in spite of an extra surface loop occupied by PEG and two different active site residues. 

The two structures are superimposed with an RMSD of 1.6 Å on equivalent Cα atoms by 

secondary structure matching in CCP4i.(29, 30, 31) Amino acid residues near the xylene moiety of 

the flavin reflected the only active site differences between the two enzymes. H276 in CsNMO 

corresponded to Y254 in PaNMO which had no contact with the C7 atom of FMN with the 

closest approach of 5.6 Å (Figure 2). Leu348, the second C7-interacting residue, was W325 in 

PaNMO (Figure 2).    



76 

In conclusion, the first crystal structure of a eukaryotic NMO enzyme has been resolved 

to a resolution of 1.65 Å. An allosteric binding site was identified on the surface of the structure 

occupied with a PEG molecule from the crystallization solution. With respect to P3N, the polyol, 

PEG 3350, was a non-essential allosteric activator of CsNMO. Although highly conserved, the 

minute differences in surface loops and active sites residues may lead to larger biological and 

physiological implications between the fungal and bacterial enzymes in Class I NMOs. Future 

studies are needed to crystallize more Class I NMO enzymes to determine if the allosteric 

binding site was specific to CsNMO. If the allosteric binding site was unique to CsNMO, an in 

vivo approach to understanding the events in the cell that cause a polyol binding event of this 

nature would be intriguing. 
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4     Conserved Hydration Sites in Pin1 Reveal a Distinctive Water Recognition Motif 

in Proteins  

(This chapter has been submitted verbatim to Journal of Chemical Information and Modeling co-

authers Arghya Barman, Michael Souffrant, Giovanni Gadda, and Donald Hamelberg. The 

author’s contribution to this chapter involved the collection and interpretation of circular 

dichroism spectroscopy experiments and editing of the manuscript.) 

4.1 Summary 

Structural studies of Pin1 revealed two highly conserved water molecules in the catalytic 

domain. Here, we investigate the significance of these structurally conserved water molecules 

using computational simulations, analysis of X-ray crystal structures, and CD experiments. Free 

energy calculations suggest that the tighter binding water molecule is functionally important in 

stabilizing a critical hydrogen-bonding network in the active site. The weaker-binding water 

molecule is exchangeable with bulk solvent and is found in a distinctive helix-turn-coil motif. 

Structural bioinformatics analysis reveals that this motif is present in several other proteins and 

can trap water, akin to the calcium EF hand. CD studies suggest that this motif by itself is in a PII 

conformation and needs the protein environment to fully fold into the helix-turn-coil motif. This 

study provides valuable insights into the role of hydration in the structural integrity of Pin1 that 

can be exploited in protein engineering and drug design. 

4.2 Highlights 

 Tightly bound conserved water in Pin1 maintains critical hydrogen-bond network. 

 Weaker bound exchangeable water is present in a distinctive helix-turn-coil motif. 

 The unique helix-turn-coil motif is found in other proteins with localized water. 
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 CD spectra confirm the requirement of protein environment to stabilize the motif. 

4.3 Introduction 

Water molecules play a significant role in chemical biology and have direct involvement 

with biomolecules, especially when they are localized in well-defined pockets. They are crucial 

for biomolecular stability, flexibility and function (Nagendra et al., 1998). The presence of water 

at an internal cavity stabilizes protein structures by hydrating the polar atoms, and the loss of 

these localized internal water molecules can induce structural unfolding of protein structures 

(Robinson and Cho, 1999). Conserved water molecules have been suggested to play important 

roles in stabilization of loop structure for protein-protein interactions, such as the Ω loop in the 

class A β-lactamase (Bös and Pleiss, 2008). Structurally, conserved water molecules have been 

found to be an integral part of several classes of proteins, including ribonuclease T1 (Loris et al., 

1999), serine proteases (Sreenivasan and Axelsen, 1992), Rossmann fold dinucleotide binding 

proteins (Bottoms et al., 2002), MHC class 1 proteins (Ogata and Wodak, 2002), aspartic 

proteinases (Prasad and Suguna, 2002), and protein kinases (Knight et al., 2009). Individual 

water molecules can be crucial in organic reactions and enzyme function (Kahne and Still, 1988). 

Water molecules actively participate in hydrolysis and esterification reactions and play a major 

role in chemical catalysis by taking part in transition state stabilization (Kahne and Still, 

1988;Romero and de Meis, 1989). Moreover, studies indicate that water molecules can be crucial 

for protein-ligand recognition by bridging the interactions (Hamelberg and McCammon, 

2004;Sahai and Biggin, 2011). Bridging the interactions of water with ligands can be exploited to 

enhance the affinity of ligands in drug discovery processes (Michel et al., 2009;Gianti et al., 

2015). Another important role of water includes regulating the dynamics of proteins (Hamelberg 

et al., 2006;Johnson et al., 2010). Conserved water molecules at a site distal from the active site 
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have been identified in several families of proteins to play significant roles in maintaining the 

structural integrity of the active site (Barycki et al., 2001). Water molecules can also act as 

allosteric modulators that can alter the dynamics and function of biomolecules (Prakash et al., 

2012). Usually, these structural waters are conserved within a protein family, that is, they occupy 

nearly identical three-dimensional locations with reference to their associated structures to 

perform the same function. Recent computational and experimental studies show that mutating 

the critical water-interacting residue can disrupt the interaction network and alter enzyme activity 

(Szep et al., 2009;Park and Saven, 2005). These studies therefore indicate that structural water 

molecules located within the protein core can play an important role, modulating protein 

structure, flexibility, ligand binding and function.  

Peptidyl proline isomerases (PPIases) are a family of enzymes that catalyzes cis/trans 

isomerizations of peptide bonds preceding a proline residue (Lang et al., 1987;Yaffe et al., 

1997). Pin1 belongs to the Parvulin family of PPIases and catalyzes cis/trans isomerizations of 

the prolyl ω bond when the preceding residue is a phosphorylated Ser (pSer) or Thr (pThr) 

(Bayer et al., 2003;Yaffe et al., 1997;Schutkowski et al., 1998;Ranganathan et al., 1997). Pin1 

controls the regulatory action of a pool of cis/trans pSer/pThr motifs in a multitude of cellular 

signaling pathways, including DNA repair, cell growth and division, apoptosis and transcription 

(Lu and Zhou, 2007). The synergy between posttranslational phosphorylation and catalysis of 

cis/trans isomerizations by Pin1 has implications for the proper function of many sub-cellular 

processes in order to prevent diseases, involving cancers (Theuerkorn et al., 2011;Lu and Zhou, 

2007) and Alzheimer’s (Bulbarelli et al., 2009;Lu et al., 1999;Pastorino et al., 2006). Pin1 is 

therefore a potential therapeutic target for the treatment of many life-threatening diseases. 

Structurally, Pin1 contains two conserved water molecules, henceforth referred to as Wat1 and 
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Wat2, near the active site (Figure 1A). Wat1 forms a hydrogen-bonding network with residues 

His59, Ser111 and Ser115 (Figure 1B). His59 and Ser115 interact with a critical active site 

Cys113 residue, which is important for the function and regulation of Pin1 (Ranganathan et al., 

1997;Barman and Hamelberg, 2014;Xu et al., 2014;Wang et al., 2015). Wat2 is located near the 

substrate binding site and is within the crevice of a helix-turn-coil structural motif, which is akin 

to a well-known EF-hand localization motif for calcium ions (Nakayama and Kretsinger, 1994). 

Wat2 forms a hydrogen-bonding network with Gln129, Met130 and Glu135 (Figure 1C).  

 

 

Figure 4.1 Conserved water binding in Pin1. 

A) Location of the two conserved water molecules Wat1 and Wat2 in the Pin1 crystal structure (PDB id: 

2Q5A). B) Interaction of Wat1 with neighboring active site residues. C) Interaction of Wat2 with the 

surrounding residues. The helix-turn-coil motif is shown in yellow cartoon. D) The crystallographic B-factors 

of Wat1 (black) and Wat2 (red) in the corresponding X-ray structure. 

 

Studies are currently being carried out to investigate the atomistic detail of the catalytic 

mechanism of Pin1 through a number of experimental and theoretical studies (Greenwood et al., 
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2011;Velazquez and Hamelberg, 2011;Velazquez and Hamelberg, 2013;Vöhringer-Martinez et 

al., 2012;Schutkowski et al., 1998;Barman and Hamelberg, 2014;Ranganathan et al., 

1997;Mercedes-Camacho et al., 2013;Namanja et al., 2011;Di Martino et al., 2014). However, 

the significance of these conserved water molecules has never been addressed to the best of our 

knowledge. In this study, detailed free energy calculations and MD simulations have been 

utilized to address structural and functional roles of these two water molecules. Furthermore, CD 

spectroscopic studies were performed on the isolated helix-turn-coil motif consisting of 20 amino 

acid residues to investigate its stability and isolated conformational ensemble. A structural 

bioinformatics study was also undertaken to investigate the prevalence of similar structural 

motifs in a non-redundant protein database. Additional atomistic details of Pin1 and its localized 

hydration may provide necessary information on fully understanding the mechanism of Pin1. A 

unique structural motif in proteins that can trap water molecules has also been revealed. The 

motif can serve as an elementary unit in protein engineering and enzyme design. 

4.4 Results and Discussion 

4.4.1 Crystal Structure Analysis 

Forty-seven X-ray crystal structures of the human Pin1 were obtained from the PDB and 

analyzed. Structural superposition of Pin1 catalytic domain of all structures revealed two sites 

with conserved waters. Site1 consisted of interactions from the side chains of His59, Ser111 and 

Ser115, located near the crucial active site residue Cys113. Site2 (Wat2) was located 

approximately 15 Å away from site1 and was defined by interactions involving the side chains of 

Gln129, Met130 and Glu135 within a helix-turn-coil motif. Wat1 was absent in the crystal 

structures with PDB IDs 2XP8 (2.1 Å) and 2ZR6 (3.2 Å), and Wat2 was not resolved in 

structures with PDB IDs 2XP8 (2.1 Å), 3KAB (2.2 Å) and 3TC5 (1.4 Å). The crystallographic 
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B-factors for these two water molecules were compiled from their corresponding PDB files and 

shown in Figure 1D. The plot of B-factors of these two water molecules suggests that Wat1 was, 

in general, less mobile than Wat2. 

4.4.2 Molecular Dynamics Simulations and Free Energy Calculations 

MD simulations of Pin1 were carried out in order to further study the dynamics of Wat1 

and Wat2. The distances between the backbone carbonyl ‘O’ of His59, side chain oxygen ‘OG’ 

of Ser111 and Ser115, and the oxygen ‘O’ of Wat1 are shown in Figure 2. The distributions of 

these distances indicated that these three amino acids strongly interacted with Wat1, with heavy 

atom-heavy atom distance of ~2.7Å. The distances between the backbone nitrogen ‘N’ of 

Gln129, Met130 and side chain oxygen ‘OE1’ of Glu135, and the oxygen ‘O’ of Wat2 varied 

from ~2.7Å to ~3.5Å, suggesting weaker interactions between Wat2 and these residues. Wat1 

and Wat2 had a root-mean-square-fluctuation (rmsf) of 0.46Å and 0.62Å respectively, which 

were consistent with the B-factors of the X-ray crystallographic structural data.  

 

Figure 4.2 Probability distribution of distances of water molecules from interacting neighboring residues.  

A) The distance between His59(O)-Wat1(O) (black), Ser111(OG)-Wat1(O) (red) and Ser115(OG)-Wat1(O) 

(green). B) The distance between Gln129(N)-Wat2(O) (black), Met130(N)-Wat2(O) (red), Glu135(N)-Wat2(O) 

(green). 
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A more quantitative characterization of these water molecules was explored by 

calculating their binding free energies. Indeed, a binding free energy of -2.8 ± 0.3 kcal/mol 

indicated the interaction of Wat1 was highly favorable at site1. Wat1 interacts with the His59, 

Ser111 and Ser115 residues that are critically important for maintaining a hydrogen-bonding 

network within the active site of the enzyme. Two MD simulations were performed in presence 

and absence of Wat1 at site1 to determine the structural role of Wat1 in catalysis. Wat1 was 

observed to be completely buried and had strong interactions with the polar residues at this site, 

restricting any exchange with the bulk water during a simulation run for 1 µs. In the presence of 

Wat1, the distributions of the distances between Cys113 (SG) and Ser115 (OG1) (d1), His59 

(Nε) and Cys113 (SG) (d2), Ser115 (OG1) and His59 (Nε) (d3), His59 (Nε) and His157 (Nδ) (d4), 

and His157 (Nε) and Thr152 (OG1) (d5) clearly indicated the existence of a strong hydrogen 

bond network at the active site. However, the absence of Wat1 from its localized site 

significantly disrupted the hydrogen-bonding network involving the active site residues in d1, d2, 

and d3, as shown in Figure 3. Furthermore, two additional MD simulations were performed in 

the presence of the substrate (Ace-FFpSPR-Nme), with and without Wat1 in site1. In the 

presence of Wat1 and the substrate, the distributions of distances (d1-d5) did not change 

significantly. However, the hydrogen-bonding network was found to be perturbed in the absence 

of Wat1 and in the presence of the substrate (Figure S1). The results clearly suggested that Wat1 

played a crucial role in the dynamics of the active site of Pin1 in the presence and absence of the 

substrate, maintaining the integrity of a strong and extended hydrogen-bonding network 

involving the active site residues.  
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Figure 4.3 Probability distributions of hetero atomic distances among active site residues in the presence and 

absence of Wat1.  

Black and red correspond to the system in the presence and absence of Wat1 respectively; d1 and d2 

correspond to the distances between the OG of Ser115 and Nε of His59 with SG of Cys113, respectively; d3 

represents the distance between Nε of His59 and OG of Ser115; d4 denotes the distance between Nδ of His59 

and Nδ of His157; d5 corresponds to  the distance between OG1 of Thr152 and Nε of His59.   

 

Wat2, conversely, exhibited a lower binding free energy (-0.7 ± 0.2 kcal/mol) and was 

partially exposed to the solvent. The weaker binding free energy of Wat2 was highly correlated 

with the solvent exchangeability with bulk solvent as observed in a 1μs simulation (Figure S2). 

A similar Wat2 binding motif was observed in FK506 binding protein (FKBP), another class of 

PPIases (Park and Saven, 2005;Szep et al., 2009). MD simulations and X-ray crystallographic 

studies suggested that Wat2 in FKBP played a critical role in structural organization of an active 

site Trp residue of the enzyme. Structural studies revealed that a single point mutation of a Glu to 

a Gln residue in the FKBP motif displaced the water molecule, perturbing the Trp residue to 

adopt an alternative conformation and altering the enzymatic activity (Park and Saven, 

2005;Szep et al., 2009). These findings suggested a sequence requirement for the motif to bind a 
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water molecule. Structural superposition of Pin1 and FKBP shows that the Trp in FKBP is in 

place of active site Phe136 in Pin1 (Figure S3A). The structural motif and corresponding 

glutamate residue in Pin1 (Glu135) was highly conserved across different species (Figure S4). 

The hypothesis of a preferred sequence to trap a water molecule in Pin1 was tested by mutating 

(in silico) Glu135 to Gln and further MD simulations of the variant in the presence of water 

molecule, Wat2. Wat2 was shown to move to the bulk solvent in less than 50 ns of simulation 

time of the Pin1-Glu135Gln variant (Figure 4A), with the side chain of Gln partially occupying 

site2 and leaving no available space for a water molecule to re-enter. The side chain oxygen 

‘OE1’ of Gln of the Pin1-Glu135Gln variant occupied site2 and directly interacted with the 

backbone ‘NH’ of residue Gln129 and Met130. The dihedral angle distributions of chi1 and chi2 

of the side chain of Phe136 showed no significant impact upon mutating Glu to Gln (Figure S5). 

The presence of Arg127 and Lys132 in the Wat2 motif seemed to create a highly electropositive 

environment attracting Glu135 away from the pocket, which resulted in a void that could occupy 

a water molecule (Figure S3B). However, this particular interaction was lost in the presence of 

neutral Gln during the Pin1-Glu135Gln simulation. 

 

 

Figure 4.4 MD simulations of Wat2 movements in WT versus hPar14 double mutant. 

A) The water molecule (Wat2) of Pin1 moves to the bulk solvent after 13 ns when the Glu135 of Pin1 is 

mutated to Gln. B) The double mutation (Gly92Lys and Gln95Glu) in hPar14 enable the motif to capture the 

water molecule. The water is observed to excha nge with the bulk solvent. 
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4.4.3 Comparison of Pin1 and hPar14 

Pin1 is highly homologous to the Parvulin family of cis/trans isomerases (Figure S6A). 

Pin1 has therefore been considered as a special case of the Parvulin family of enzymes with a 

WW-domain and a phosphate-binding pocket. The catalytic domain of human Pin1 is 

structurally similar to hPar14, with 36% sequence identity and 44% sequence similarity. Muller 

et al. have resolved a high resolution X-ray crystal structure of hPar14 that revealed some of the 

differences to Pin1 (Mueller et al., 2011). Notably, hPar14 only had one distinct water 

recognition motif, which lacked the conserved water molecule observed in Pin1. Wat2 structural 

motif of Pin1 is present in hPar14, but Gly92 and Gln95 replace the highly conserved Lys132 

and Glu135 residues, respectively, in Pin1 (Figure S6A). The differences from the two residues 

rendered hPar14 devoid of a localized water molecule. MD simulations of hPar14 were carried 

out further to study the hydration density as shown in Figure S6B. The structural motif in hPar14 

is shown not to localize a water molecule, which agreed with the X-ray crystallographic data. 

These results are consistent with the structural motif of Wat2 in hPar14 as being necessary but 

not sufficient to trap a water molecule, in which case, a consensus sequence is also required. This 

hypothesis was tested by carrying out an MD simulation of hPar14 with a doubly mutated (in 

silico) structural motif (Gly92Lys and Gln95Glu). As hypothesized, the structural motif of the 

hPar14 variant was shown to accommodate a water molecule that exchanged with bulk solvent, 

as shown in Figure 4B.   

4.4.4 Stability of Isolated Motif 

The necessity of both the structural motif and consensus sequence within Pin1 to act as a 

water-binding site was determined by the use of computations and spectral determinations. The 
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studies were to determine if the isolated water recognition motif was stable in the absence of the 

protein construct. The answers to such a question yield importance in structural biology and 

protein engineering and provide a deeper understanding of protein stability. CD experiments and 

MD simulations were used to study the 20-amino acid structural motif of the Wat2 binding site 

in Pin1. Secondary structure analysis of a 100 ns MD simulation trajectory of the isolated 

structural motif revealed the conformation to be random coil in solution (Figure 5). CD 

experiments revealed the peptide possessed a polyproline II (PII) conformation at 20 oC (Figure 

6A) (Makowska et al., 2006). The PII secondary structure exhibited a CD spectrum depicted by a 

weak positive band ~217 nm and a negative band around 200 nm (Drake et al., 1988). The 

secondary structure did not change with temperature from 4 to 60 oC in aqueous buffer (data not 

shown) and remaining experiments were conducted at 20 oC. Sodium chloride was titrated into 

the peptide solution up to 1 mM final concentration in order to induce or stabilize a secondary 

structure different from PII, but the addition of NaCl did not alter the secondary structure (data 

not shown). The CD spectral data were consistent with the simulation results, providing 

additional validation of the predictability of the force field parameters. 

 

Figure 4.5 Evolution of secondary structure of the isolated Wat2-binding 20mer peptide motif during 100 ns 

of simulation. 
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Figure 4.6 CD Spectra of the 20mer peptide in 100 mM KPi, 10 mM NaCl, pH 7.0, at 20 oC.  

A) Peptide in buffered solution prior to titration with TFE. B) Spectral changes due to increasing percentages 

of TFE (v/v) in the peptide solution. Each spectrum was acquired by the average of 5 scans measured at 50 

nm/min and smoothed by the Means-Movement method using Jasco Spectra Analysis Software. See also 

Figure S7. 

 

TFE was titrated into the peptide solution from 0 to 50 % v/v and the mean residue 

ellipticity (MRE) is shown in Figure 6B. TFE has been utilized as a cosolvent in solutions 

containing peptides to alter the hydrophobicity and hydrogen-bonding interactions in the solvent 

in order to mimic the protein environment (Povey et al., 2007). Upon TFE titration, the 

pronounced peaks at 204 and 228 nm were altered. Negative peaks at 207 and 224 nm became 

dominant in the CD spectrum indicating the peptide was developing an α-helical secondary 

structure (Figure 6B). One isodichroic point was observed at 200 nm indicative of an equilibrium 

between two dominant secondary structures, likely PII and α-helix. It was not a simple unfolding 

to folding transition but rather a conversion of PII helix to α-helix upon titrating TFE into the 

solution. This equilibrium was evident when the negative MRE value was plotted as a function 

of TFE percent graphically revealing the tendency for Pin1 peptide to adopt an α-helix secondary 

structure (Figure S7). TFE acted as a mimic of the protein environment that assisted with 
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inducing the helicity of the peptide, suggesting that the α-helix motif of the peptide was only 

stable in the protein environment and developed a PII motif without the protein scaffold.  

4.4.5 Identification of a Similar Structural Motif in Other Proteins 

The functionality of the structural motif binding water in Pin1 prompted further search in 

other proteins. A search of a non-redundant set of protein structures in the PDB for a similar 

Wat2 structural motif was carried out using MaDCaT program (Zhang and Grigoryan, 2013) and 

a 13 amino acid residue probe from Pin1. It was observed that the structural feature of the motif 

was present in about 1200 non-redundant protein structures in the PDB. Of the approximately 

1200 structures, more than 880 structures had resolutions of higher than 2.5 Å. In general, motifs 

with a water molecule have a Glu at the position equivalent to Glu135 in Pin1 (Figure 7A). Of 

the 16 structures with Glu, 43% (7 structures) trap a single water molecule in the helix-turn-coil 

motif (Figure 7B). The remaining 9 structures have a resolved water molecule either close to the 

helix-turn-coil motif, but not buried, or not at all. (Figure 7A). Alternatively, 95 structures 

contain a Gln residue in lieu of Glu and only one structure was shown to contain a localized 

water molecule (Figure 7C). Interestingly, the remaining structures are devoid of a buried water 

molecule. The presence of Glu in the position of Glu135 in Pin1 from the crystal structure 

increased the propensity to localize a water molecule at site2 consistent with the MD simulations 

carried out in this study. In general, the positively charged environment that was observed in the 

helix–turn-coil motif of Pin1 near the Glu residue stabilized the negative charge likely present on 

the oxygen atom of the Glu side chain that would create a conducive pocket for the water 

molecule (Figure S8A-D). When a Gln residue was observed in the motif, the water molecule 

was only observed in the absence of electropositive residues (Figure S8E). The positively-
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charged environment of the motifs containing Gln favored the side chain to occupy the pocket 

instead of a water molecule (Figure S8D), consistent with the simulation results in this study.  

 

 

Figure 4.7 Conserved water-binding motifs present in other proteins. 

A) The structural motifs having Glu with and without water found in the PDB database using a 13mer 

peptide probe (RGQMQKPFEDASF) (PDB IDs: 3NXL, 2O70, 2RCH, 3TYI, 1XMI, 1Y89, 2WY7, 3UEN, 

4BYZ, 36IC, 1WY5, 2OZT, 3M1I, 1G5B, 3EHM, 2Z67). B) Structural wat er molecules at the crevice formed 

within the motif having Glu (PDB IDs: 36IC, 1YW5, 2OZT, 3M1I, 1G5B, 3EHM, 2Z67). C) Structure with 

Gln and water at the cleft (PDB ID: 2W7Y). 

 

4.5 Conclusions 

In this study, the roles of two conserved water molecules in the vicinity of the active site 

of Pin1 were identified and investigated using MD simulations and CD spectroscopic studies. 

The results are consistent with a water molecule (Wat1) being completely buried and providing 

stability to the protein. Wat1 is important in maintaining the integrity of the active site involving 

the side chains of Ser111 and Ser115. Furthermore, it plays a role in an extended hydrogen-

bonding network with active site residues such as Cys113, which is involved in modulating the 

hydrogen-bonding network based on its protonation state. In the absence of this water molecule, 

the hydrogen-bonding network is disrupted and the active site residues are not properly aligned. 

The free energy of binding conserved water, Wat2, suggested a weaker binding. MD 

simulations revealed this water molecule exchanged with the bulk solvent unlike Wat1. This 
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study revealed Wat2 is localized in a unique helix-turn-coil structural motif that is present in 

other protein structures beside Pin1. The structural conformation and amino acid sequence of the 

motif were both necessary to localize the water molecule. Both MD simulations and CD 

spectroscopic data were consistent with the isolated water-binding motif as being in a distorted 

conformation at room temperature, which suggested that the protein environment is necessary for 

stabilizing the structural motif of the Pin1 sequence. The agreement between the CD experiments 

and MD simulations further serves as a validation of the molecular mechanics force field 

parameters. A search of the PDB suggested the Pin1 motif was present in other protein structures 

and alluded to its function as a conserved water-binding motif. The discovery of this water-

binding motif would have implications for protein design and engineering. The sequence of a 

similar motif could be modified to trap a water molecule in order to enhance the thermodynamic 

stability of the protein or alter its function.  

4.6 Materials and Methods 

Structural analysis was performed after downloading all the crystal structures of the 

human Pin1 from the PDB. PDB files with multiple copies of Pin1 were separated into individual 

copies to obtain a total of 47 crystal structures (See Table S1 for complete list of PDB structures) 

and superposed based on the root mean square deviation of the protein backbone atoms. The 

Debye–Waller factors (B-factors) of the two conserved water molecules in the PDB structures, 

Wat1 and Wat2, were recorded in order to get a sense of their relative localization. The initial 

coordinates of Pin1 for all the simulations were taken from a high resolution (1.5 Å) crystal 

structure with PDB ID 2Q5A (Zhang et al., 2007). Two conserved water molecules, Wat1 and 

Wat2, correspond to HOH301 and HOH319 in the PDB file, respectively. Only the C-terminal 

PPIase catalytic domain (residues 50 – 163) was considered in this study. The initial model for 
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human Parvulin (hPar14) was obtained from the recently resolved high resolution (0.8 Å) crystal 

structure with PDB ID 3UI4 (Mueller et al., 2011). The isolated 20mer peptide motif, containing 

consecutive residues from Leu122 to Leu141, was obtained from the Pin1 crystal structure (PDB 

ID 2Q5A). The 20mer peptide utilized for CD spectral studies consisted of an amino acid 

sequence of LGAFSRGQMQKPFEDASFAL as synthesized by Sigma Aldrich (St. Louis, MO) 

with an acetylated N-terminal and an amide on the C-terminal. Sodium chloride and potassium 

phosphate were purchased from Fisher Scientific (Pittsburgh, PA) and 2,2,2-trifluoroethanol 

(TFE) was from Sigma Aldrich (St. Louis, MO). 

4.7 Experimental Procedure 

4.7.1 MD Simulations 

All simulations were performed using the AMBER10 (Case et al., 2005) program with 

the modified version of the Cornell et al. ff99SB (Hornak et al., 2006) force field. The xleap 

module in AmberTools was used to solvate the system in TIP3P (Jorgensen, 1982) cubic 

periodic box. All of the bonds involving hydrogen were constrained using SHAKE algorithm 

(Ryckaert et al., 1977). The systems were equilibrated at 300K and a Langevin thermostat with a 

collision frequency of 1 ps-1  to maintain the temperature (Izaguirre et al., 2001). Particle mesh 

Ewald summation method (Essmann et al., 1995) was used to calculate the electrostatic 

interactions  with a cut off of 9Å  for the non-bonded interactions. All simulations were carried 

out using the NPT ensemble at a constant pressure of 1 bar with a time step of 2 fs to integrate 

the equation of motion. After a series of minimizations and MD simulations with constraints on 

each protein, 1 ns of unrestrained MD simulation was performed before the production runs. 

VMD (Humphrey et al., 1996) and pymol (DeLano, 2002) visualization programs were used for 

graphical representations. 
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4.7.2 Free Energy Calculations 

The binding free energies of the water molecules were calculated using the double 

decoupling free energy simulation method, previously described by Hamelberg and McCammon 

(Hamelberg and McCammon, 2004). This free energy method involves gradually turning off the 

electrostatic and van der Waals interactions of the bound water molecule from the remainder of 

the system. In the first of two sets of simulations, the water molecule was transferred from the 

bulk water to gas phase (ΔGo
1). In second set, the water molecule in the binding pocket of the 

protein complex was transferred to the gas phase (ΔGo
2). During the decoupling of the 

interactions between water molecule and the active site of the protein, the translational degrees 

of freedom were harmonically constrained to occupy the binding site as defined by the 

coordinate system of the complex. During the phase change, H2Osol to H2Ogas, the potential 

energy term U(sol) was progressively mapped to U(gas) along a chosen path. The map path was 

chosen by a coupling parameter, λ, which was varied from 0 to 1. Thermodynamic integration 

(TI) method was used to calculate the free energy difference between the two states. Along the 

path, 9-point Gaussian quadrature at discrete points of λi (0.01592, 0.08198, 0.19331, 0.33787, 

0.5, 0.66213, 0.80669, 0.91802, and 0.98408) was used for the integration. The simulation at 

each λ value was initially equilibrated for 200 ps, following a production run of 200 ps for data 

collection. All of the free energy calculations were conducted using the same parameters as 

described earlier for the MD simulations. Each free energy calculation was run in triplicate and 

the final free energy was estimated by averaging over the calculated free energies from the three 

independent simulations. The standard error was calculated using the standard deviation of the 

free energies. 
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4.7.3 PDB Database Search for Motifs 

A non-redundant set of X-ray crystallographic structures from the PDB was searched for 

the helix-turn-coil structural motif using the MaDCaT program (Zhang and Grigoryan, 2013). 

MaDCaT uses a distance-map representation of the query structure to search the database against 

pre-calculated maps of the entire PDB. Here, the central 13-residue (RGQMQKPFEDASF) 

stretch of sequence from the structural motif (Arg127 to Phe139) from Pin1 was used as a probe 

to search the PDB. Among the 8 pre-computed databases in MaDCaT, only the minimum 

redundancy (based on the sequence clusters with 30% redundancy) bc-30.list database was used 

for the search. The top 2000 results were saved. After removing duplicates (different chains of 

the same proteins), a set of 1115 structures was saved within the motif dataset. These structures 

from the motif dataset were further individually analyzed through visual inspection in search of 

the water containing structural motif. 

4.7.4 CD Spectroscopy 

CD spectra were acquired in 100 mM KPi, 10 mM NaCl, pH 7.0, at 20 oC from 185 to 

260 nm. Far UV CD spectra were collected on a thermostated Jasco J-710 circular dichroism 

spectrophotometer (Easton, MD) using a 1 mm path length quartz cuvette. Five scans were taken 

at a rate of 50 nm/min and corrected with their corresponding blanks to remove background 

interference from the buffer and TFE, and the resulting average was considered. Spectra were 

smoothed using the Means-Movement method in the Jasco Spectra Analysis software (Easton, 

MD). 
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4.10 Supplemental Information 

4.10.1 Supplemental Figures 

 

Figure 4.8 S1. related to Figure 3.  

Probability distributions of hetero atomic distances (hydrogen bond distance) among the active site residues 

in the presence of substrate (Ace-FFpSPR-Nme).  d1 and d2 correspond to the distances between the OG of 

Ser115 and Nε of His59 with SG of Cys113, respectively. Distance d3 measures between Nε of His59 and OG 

of Ser115. The distance between Nδ of His59 and Nδ of His157 is denoted by d4. Distance d5 measures 

between OG1 of Thr152 and Nε of His59. The black line represents the system in presence of Wat1 and the 

red line is in the absence of Wat1. See Figure 3 for the definitions of d1-d5. 

 

 

Figure 4.9 S2, related to Figure 4.  

The solvent exchangeability of Wat2 during the 1μs simulation of Pin1. Individual snapshot indicates the 

water is present at the site during most of the simulation and absent at 700ns and 1μs time frame. The 
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different color code represents different water molecule during the time course of the simulation. White color 

represents ‘0’ water molecule at that site. 

 

 

Figure 4.10 S3, related to Figure 4.  

A) Structural superposition of the Pin1 (green) and FKBP (cyan) structures. The Trp in FKBP and Phe in 

Pin1 occupy the same position. B) Highly electropositive environment (marked by the arrow) created by 

Arg127 and Lys132 in vicinity of Glu135. 

 

 

Figure 4.11 S4, related to Figure 4.  

Amino acid sequence alignment of Pin1 from different species. The green line represents the structural motif 

and arrow indicates the conserved Glu residue interacting with water. 
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Figure 4.12 S5, related to Figure 4.  

The Chi1 (A) and Chi2 (B) dihedral distribution of Phe136 in Pin1 WT (black) and Glu135Gln variant (red). 

 

 

Figure 4.13 S6, related to Figure 4.  

A) Superposition of Pin1 (yellow, PDB id 2Q5A) and hPar14 (cyan, PDB id 3UI4) crystal structures. The 

amino acid sequence alignment of the residues of structural motif in Pin1 and hPar14 is shown in the inset. 

Two arrows indicate the important residues near the Wat2 binding site. Lys132 in Pin1 is replaced by Gly 

and Glu135 is replaced by Gln. B) Water occupancy map from the MD simulations of hPar14. The Wat2 

binding site is observed to be unoccupied. 
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Figure 4.14 S7, related to Figure 6.  

Helix induction curve of 20mer Pin1 peptide in 100 mM KPi, 10 mM NaCl, pH 7.0, 20 oC as a function of 

increasing percent of TFE (v/v). The magnitudes of the MRE values of Pin1 at 207 nm (●) and 222 nm (○) 

were plotted. These wavelengths are consistent with the two characteristic peaks observed in CD spectra of 

peptides and proteins with α-helices as secondary structure. An equilibrium was observed in which two 

populations exist at low and high percentages of TFE consistent with a shift in secondary structure from PII to 

α-helix. 

 

 

Figure 4.15 S8, related to Figure 7.  

A-D) The presence of positive electrostatic potential within the motif or from other portions of the protein can 

attract the Glu residue and form the water pocket (PDB IDs: A)3I6C, B)1YW5, C)2Z67 and D) 3M1I). E) 

The pocket can be formed in presence of Gln and absence of the electropositive charged environment (PDB 

ID: 2W7Y). F) In presence of the electropositive environment the neutral Gln can be moved inwards 

removing the water from the pocket (PDB ID: 3UI4). 
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4.10.2 Supplemental Tables 

Table 4.1. S1. PDB files of Pin1 used in the study. 

1F18, 1PIN, 1ZCN, 2F21, 2ITK, 2Q5A, 2XP3, 2XP4, 2XP5, 2XP6, 2XP7, 2XP8, 2XP9, 2XPA, 

2XPB, 2ZQS, 2ZQT, 2ZQU, 2ZQV, 2ZR4, 2ZR5, 2ZR6, 3I6C_A, 3I6C_B, 3IK8_A, 3IK8_B, 

3IKD_A, 3IKD_B, 3IKG_A, 3IKG_B, 3JYJ_A, 3JYJ_B, 3KAB, 3KAC_A, 3KAC_B, 3KAD , 

3KAF, 3KAG, 3KAH, 3KAI, 3KCE, 3NTP, 3ODK, 3OOB, 3TC5, 3TCZ, 3TDB   

 

Table 4.2. S2. PDB files containing structural water molecules at the crevice having Glu within the motif. 

PDB ID (Å) Description 

3I6C (1.3) Structure-based design of novel human Pin1 inhibitors (II).(Dong et al., 2010) 

1YW5 (1.6) The structure of the candida albicans Ess1 prolyl isomerase reveals a well-ordered 

linked that restrict domain mobility. (Li et al., 2005) 

2Z67 (2.5) Structural insight into RNA dependent eukaryal and archael selenocysteine 

formation.(Araiso et al., 2008) 

3M1I (2.0) An allosteric mechanism to displace nuclear export cargo from CRM1 and RAnGTP 

by RanBP1. (Koyama and Matsuura, 2010) 

1G5B (2.1) Bacteriophage labda Ser/Thr Protein phosphatase. (Voegtli et al., 2000) 

2OZT (1.4) Crystal structure of O-succinylbenzoate synthase from Thermosynechococcu 

elongates BP-1. (Odokonyero et al., 2014) 

3EHM (2.0) Structure of BT1043. (Koropatkin et al., 2009) 
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5 Identification of the Catalytic Base for Alcohol Activation in Choline Oxidase   

(This chapter has been published verbatim in Smitherman, C., Rungsrisuriyachai, K., Germann, 

M.W., and Gadda, G., (2015), Biochemistry 54(2), 413-21.) 

5.1 Abstract 

Choline oxidase catalyzes the oxidation of choline to glycine betaine through a two-step, 

four-electron reaction with betaine aldehyde as an intermediate. Oxygen is the final electron 

acceptor. Alcohol oxidation is initiated by the removal of the substrate hydroxyl proton by an 

unknown active site residue with a pKa value of ∼7.5. In the crystal structure of the enzyme in 

complex with glycine betaine, H466 is ≤3.1 Å from the carboxylate oxygen of the reaction 

product, suggesting a possible role in the proton abstraction reaction catalyzed by the enzyme. 

H466, along with another potential candidate, H351, was previously mutated to alanine, but this 

failed to establish if either residue was involved in activation of the substrate. In this study, 

single variants of choline oxidase with H466 and H351 substituted with glutamine were 

prepared, purified, and characterized. The kcat and kcat/Km values of the H351Q enzyme in 

atmospheric oxygen were 45- and 5000-fold lower than those of the wild-type enzyme, 

respectively, whereas the H466Q enzyme was inactive when assayed polarographically with 

choline. In the H466Q enzyme, the rate constant for anaerobic flavin reduction (kred) with choline 

was 1 million-fold lower than in the wild-type enzyme. A comparison of the fluorescence, 

circular dichroism, and 1H nuclear magnetic resonance spectroscopic properties of the H466Q 

enzyme and the wild-type enzyme is consistent with the mutation not affecting the topology of 

the active site or the overall fold of the protein. Thus, the change in the kred value and the lack of 

oxygen consumption upon mutation of histidine to glutamine are not due to misfolded protein 
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but rather to the variant enzyme being unable to catalyze substrate oxidation. On the basis of the 

kinetic and spectroscopic results presented here and the recent structural information, we propose 

that H466 is the residue that activates choline to the alkoxide for the subsequent hydride transfer 

reaction to the enzyme-bound flavin. 

5.2 Introduction 

Choline oxidase (EC 1.1.3.17) is a dimeric, FAD-dependent enzyme that catalyzes the 

oxidation of choline to glycine betaine through two consecutive, flavin-mediated redox reactions 

(Scheme 1). Molecular oxygen oxidizes the reduced enzyme, forming hydrogen peroxide.(1-

3) The enzyme from Arthrobacter globiformis has been characterized through site-directed 

mutagenesis, steady-state and rapid reaction kinetics, X-ray crystallography, and computational 

methods,(1, 3-7) allowing for a description of the mechanism of alcohol oxidation at the molecular 

level. Briefly, choline enters the active site using a gated mechanism controlled by a cluster of 

hydrophobic residues (M62, L65, V355, F357, and M359) located on the solvent accessible 

surface of the enzyme.(4) The side chain of E312 establishes an electrostatic interaction with the 

trimethylammonium group of the substrate, contributing to optimal positioning of the substrate 

for catalysis.(8) Oxidation of the substrate in the enzyme–substrate complex proceeds through an 

initial deprotonation of the hydroxyl group that yields an alkoxide from which a rate-limiting 

hydride transfer to the flavin N(5) atom occurs.(1) The hydride ion tunnels from the alkoxide 

Cα atom to the flavin N(5) atom, within a highly preorganized enzyme–alkoxide 

complex.(9) Electrostatic interactions between the protein side chains of residues E312 and H466 

and the substrate trimethylamine and O atom of the alkoxide, along with the covalent linkage of 

the flavin to H99, contribute to the preorganization of the substrate and the flavin.(5, 8-11) Several 

other protein side chains contribute to catalysis or substrate positioning, including 

http://pubs.acs.org/doi/full/10.1021/bi500982y#sch1
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S101,(12) H351,(13) and N510.(14) Although the involvement of a catalytic base with a pKa of 7.5 

has been demonstrated using steady-state and rapid reaction kinetics in wild-type(1, 2) and several 

variant enzymes,(8, 13, 15) its identity has not yet been established. 

 

 

Scheme 5.1 Oxidation of Choline Catalyzed by Choline Oxidase. 

 

Previous studies that aimed to identify the base in choline oxidase initially focused on 

H466, primarily because it is fully conserved in the glucose–methanol–choline oxidoreductase 

enzyme superfamily,(16-20) is 4.4 Å from the flavin N(5) atom, and is equivalent to H502 of aryl-

alcohol oxidase(16, 21) and H548 of pyranose 2-oxidase,(17, 19) which were recently shown to act as 

catalytic bases through mechanistic, structural, and computational studies. When H466 of 

choline oxidase was mutated to alanine, there was a 60-fold decrease in the kcat value, while the 

pH profile of the kcat/Km value indicated that a base was still present in the variant enzyme.(15) 

Similar results were obtained upon replacing H351 with alanine in the active site of the 

enzyme.(13) The decreased catalytic activity observed in the H466A variant was due to a decrease 

in the electrophilicity of the enzyme-bound FAD and the inability of the enzyme to stabilize the 

negatively charged alkoxide species formed in catalysis after substrate activation.(15) The latter 

conclusion was based on partial rescuing of the kcat value with choline in the H466A enzyme by 

exogenous imidazolium, rather than imidazole, consistent with the side chain of H466 being 

protonated in the rate-limiting step for overall enzyme turnover, i.e., during the transfer of the 

hydride from the alkoxide to the flavin.(15) On the basis of these results, the conclusion that 

javascript:void(0);
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neither H351 nor H466 is likely to be the base that deprotonates choline for subsequent hydride 

transfer in the active site of the enzyme was reached.(13, 15, 22) The positive charge on H466 was 

reversed by engineering an H466D variant of the enzyme, which produced an inactive enzyme 

unable to stabilize the negative charge on the reduced flavin.(22) The presence of the negatively 

charged aspartate altered the midpoint redox potential of the flavin from 73 mV in the wild type 

to −89 mV in the variant and resulted in partial incorporation of the flavin (i.e., ∼0.3 mol of 

FAD/mol of enzyme) with the majority (i.e., ∼75%) being noncovalently bound.(22) 

Our recent determination of the crystal structure of choline oxidase in a complex with 

glycine betaine to a resolution of 1.95 Å shows that the Nε2 atom of the H466 side chain is ≤3.1 

Å from one of the O atoms of the ligand carboxylate (Figure 1).(6) In contrast, the side chain of 

H351 is ≤3.2 Å from the Cα atom of glycine betaine, which corresponds to the Cβ atom of 

choline before its oxidation by the enzyme (Figure 1). The structural data are consistent with 

mechanistic data showing that H351 is important for substrate binding and positioning, and it 

contributes to the stabilization of the transition state for the hydride transfer reaction.(6, 

13) However, on the basis of the structural information, Salvi et al. suggest that H466 may be the 

base required for alkoxide formation in the catalytic mechanism of choline oxidase. 

Reexamination of the mechanistic data for the H466A variant would support such a hypothesis. 

A possible explanation that reconciles the structural and mechanistic data is that hydroxide ion 

occupying the space vacated by the missing side chain in the H466A enzyme may act as a poor 

surrogate base in catalysis. On the basis of structural considerations alone, space for hydroxide 

ion is available in the alanine variant that replaces the histidine at position 466. The positive 

charge on the trimethylammonium headgroup of the substrate bound in the active site of the 

enzyme would be a primary effecter for lowering the basicity of water, thereby increasing the 

javascript:void(0);
javascript:void(0);
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concentration of hydroxide ion in the active site of the mutant enzyme, as previously established 

in model systems.(23-25) 

 

 

Figure 5.1 Interactions of the histidine residues at positions 466 and 351 of wild-type choline oxidase in 

complex with the reaction product, glycine betaine (green) (Protein Data Bank entry 4MJW).(6) 

 

In this study, we have replaced H351 and H466 with glutamine to further address the 

question of which residue acts as a base in the oxidation reaction catalyzed by choline oxidase. 

We reasoned that in the tight and highly preorganized active site of the enzyme in complex with 

the substrate a histidine to glutamine replacement would not leave sufficient space for water to 

intervene in catalysis. While the H351Q enzyme was able to oxidize choline in a standard 

polarographic assay, although with kcat and kcat/Km values significantly lower than those of the 

wild-type enzyme, the H466Q enzyme was completely devoid of enzymatic activity. The results 

of the mechanistic and spectroscopic studies presented herein allowed us to identify H466 as the 

residue that acts as the catalytic base in the active site of choline oxidase, thereby providing new 

insights into the chemical mechanism of the enzyme. 

javascript:void(0);
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5.3 Experimental Procedures 

5.3.1 Materials 

Escherichia coli strain Rosetta(DE3)pLysS was from Novagen (Madison, WI). DNase 

was purchased from Roche (Indianapolis, IN). The QuikChange site-directed mutagenesis kit 

was from Stratagene (La Jolla, CA). The QIAprep Spin Miniprep kit was from Qiagen (Valencia, 

CA). Oligonucleotides were synthesized by Sigma Genosys (The Woodlands, TX). Choline, 

glucose, bovine serum albumin, chloramphenicol, ampicillin, dimethyl sulfoxide, isopropyl β-d-

thiogalactopyranoside, phenylmethanesulfonyl fluoride, Luria-Bertani agar and broth, and 

lysozyme were from Sigma-Aldrich (St. Louis, MO). EDTA and glycerol were from Fisher 

(Pittsburgh, PA). Deuterium oxide was obtained from Cambridge Isotope Co. (Andover, MA). 

All other reagents were of the highest purity commercially available. 

5.3.2 Methods 

5.3.2.1 Site-directed Mutagenesis 

A QuikChange kit was used to prepare the H351Q and H466Q enzyme variants. 

Mutagenesis was performed by following the manufacturer’s instructions in the presence of 2% 

DMSO to overcome the high GC content in the gene by using the pET20b(+) plasmid harboring 

the wild-type gene (CodA) as a template. The presence of the mutation was confirmed by 

sequencing at the DNA core facility of Georgia State University using an Applied Biosystems 

Big Dye Kit on an Applied Biosystems model ABI 377 DNA sequencer. Finally, E. coli strain 

Rosetta(DE3)pLysS competent cells were transformed with the plasmids containing the mutated 

genes, e.g., pET20b(+)/codA-H466Q, and permanent stocks of the cells were prepared and stored 

at −80 °C. 
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5.3.2.2 Enzyme Purification 

The H466Q and H351Q enzymes were expressed and purified to high levels using 

methods previously described for the wild-type enzyme with the addition of 10% (v/v) glycerol 

to all the buffers used for purification to increase enzyme stability and minimize potential loss of 

flavin.(26-28) The H99N variant enzyme was expressed and purified to high levels as previously 

described by Quaye et al.(5) Fully oxidized variant enzymes were prepared as described by 

Gadda et al.(26) 

5.3.2.3 Spectroscopic Studies 

To determine if the flavin cofactor was covalently linked to the protein in the H466Q 

variant, the enzyme at a concentration of 25 μM was denatured with 50% acetonitrile in 20 mM 

sodium phosphate (pH 7.0). After centrifugation for 15 min at 14000g to remove denatured 

protein, the UV–visible absorption spectrum of the supernatant was determined. The extinction 

coefficient of the flavin bound to the H466Q enzyme was determined in 20 mM sodium 

phosphate (pH 7.0) after denaturation of the enzyme with 4 M urea at 40 °C for 1.5 h, based 

upon the ε450 value of 11.3 mM–1 cm–1 for free FAD and the previously published method by 

Whitby et al.(29) For spectroscopic studies, the enzymes were prepared fresh just prior to being 

used by gel filtration through PD-10 desalting columns (General Electric, Fairfield, CT). UV–

visible absorption spectra were recorded in 20 mM Tris-HCl (pH 8.0) at 25 °C, using an Agilent 

Technologies diode-array model HP 8453 spectrophotometer. Fluorescence emission spectra 

were recorded in 20 mM sodium phosphate (pH 7.0) at 15 °C, with a Shimadzu model RF-5301 

PC spectrofluorometer using a 1 cm path length quartz cuvette. Protein and flavin excitation 

wavelengths were initially determined through excitation scanning at 3 nm/min upon setting the 

emission wavelength to 340 and 520 nm, respectively. All fluorescence spectra were corrected 
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with the corresponding blanks for any absorption of the buffer and Rayleigh and Raman 

scatterings. For protein fluorescence, the sample at a concentration of 0.8 μM was excited at 286 

nm and the emission scan was determined from 310 to 400 nm; for flavin fluorescence, the 

sample at an FAD concentration of 3.5 μM was excited at 469 nm (454 nm for the wild-type 

enzyme) and the emission scan was determined from 475 to 600 nm. Circular dichroic spectra 

were acquired in 20 mM sodium phosphate (pH 7.0) at 25 °C, at concentrations of protein of 0.1 

and 21 μM for the far- and near-UV regions, respectively, and a concentration of flavin of 23 μM 

for the visible region. Using a 1 cm path length quartz cuvette, five scans were taken at a rate of 

50 nm/min and corrected with their corresponding blanks to remove background interference 

from the buffer, and the resulting average was considered. Nuclear magnetic resonance (NMR) 

spectra were recorded on a Bruker Avance I 600 NMR spectrometer equipped with a 5 mm QXI 

probe head. The protein samples were prepared in 20 mM sodium phosphate and 10% D2O (pH 

7.0) at 25 °C, with a final protein concentration of 0.1 mM. A gradient Watergate W5 pulse 

sequence with a 75 µs delay was used to record 1024 scans for each protein at 25 °C.(30) 

5.3.2.4 Enzyme Assays 

Enzymatic activities of the H466Q and H351Q enzymes were measured in 50 mM 

potassium phosphate (pH 7.0) by monitoring the initial rates of oxygen consumption with a 

computer-interfaced Oxy-32 oxygen-monitoring system (Hansatech Instruments, Inc., Norfolk, 

England) at 25 °C. The apparent steady-state kinetic parameters of the H351Q enzyme were 

determined by varying the concentration of choline between 20 and 120 mM and keeping the 

oxygen concentration constant as atmospheric (i.e., 0.25 mM). Kinetic parameters are expressed 

for enzyme-bound flavin, using the extinction coefficient of 11400 M–1 s–1 previously 

determined for the wild-type enzyme.(26)

javascript:void(0);
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a   The Michaelis–Menten equation for one-substrate kinetics was used. 

Anaerobic flavin reduction of the H466Q enzyme was monitored in 20 mM sodium 

pyrophosphate (pH 8.0–10.0) at 25 °C, using a photodiode array UV–visible spectrophotometer 

and an anaerobic cuvette equipped with two side arms. The anaerobic cuvette contained the 

H466Q (20–25 μM in flavin content) and glucose oxidase (final concentration of 0.5 μM) 

enzymes in the belly of the anaerobic cuvette, whereas 75 (or 60) mM choline was contained in 

one side arm and 7.5 mM glucose in the other. The cuvette apparatus was made anaerobic by a 

20-cycle treatment of flushing with oxygen-free argon and gas removal by applying vacuum. 

Once the cycles had been completed, the enzymes were mixed with glucose for 30 min to ensure 

complete scavenging of oxygen traces prior to initiating the reaction by mixing with choline. The 

initial rates thus determined with 60 and 75 mM choline were similar, consistent with being a 

good approximation of the rate constants of flavin reduction at a saturating choline 

concentration. 

                                                 
aAn inaccuracy of up to 25% may have resulted in the determination of the apparent 

steady-state kinetic parameters of the H351Q enzyme by using the extinction coefficient of the 

flavin bound to the wild-type enzyme. This does not alter the main conclusion that is drawn in 

this study that the mutation results in an enzyme that retains the ability to oxidize choline. 

Because the H351Q enzyme was not investigated further and the kinetic parameters determined 

at an atmospheric oxygen level cannot be used to draw mechanistic conclusions, we did not 

attempt a more accurate determination of the concentration of enzyme-bound flavin based on the 

extinction coefficient of the mutant enzyme. 
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5.4 Results 

5.4.1 Purification of the H351Q and H466Q Enzymes 

The H351Q and H466Q enzymes were expressed in recombinant form and purified to 

high levels as judged by sodium dodecyl sulfate–polyacrylamide gel electrophoresis with the 

protocol used for the wild-type enzyme.(26, 31) The enzyme-bound flavins in both variants were 

present throughout the purification procedure as a mixture of oxidized and air-stable anionic 

flavosemiquinone, requiring dialysis at pH 6.0 to obtain fully oxidized enzymes, as previously 

reported for wild-type choline oxidase.(31) The absorption maxima in the visible region of the 

oxidized enzyme variants were centered at 376 and 455 nm for the H351Q enzyme and 361 and 

453 nm for the H466Q enzyme.(31) For comparison, wild-type choline oxidase has maxima at 373 

and 454 nm. In the H466Q enzyme, the flavin was noncovalently attached to the protein, as it 

could be extracted upon treatment with acetonitrile and centrifugation to remove denatured 

protein. The pelleted protein did not contain any flavin, with 100% of the released flavin 

recovered in the supernatant based on spectral observations (data not shown). This agrees well 

with previous data showing that replacement of H466 with aspartate or alanine results in ≥75% 

of the flavin being noncovalently associated with the protein.(15, 22) In contrast, the flavin in wild-

type choline oxidase and several other variants characterized thus far is covalently attached to 

H99.(5, 8, 12-14, 32, 33) Furthermore, the extinction coefficient of the H466Q variant was determined 

to be 10.4 mM–1 cm–1 with a λmax of 453 nm. This value was lower than the wild-type value of 

11.4 mM–1 cm–1, which is consistent with an altered flavin microenvironment.(26) 

The apparent steady-state kinetic parameters for the enzyme variants in which H351 or 

H466 was replaced with glutamine were determined in atmospheric oxygen (i.e., 0.25 mM) with 

choline as the substrate at pH 7.0 and 25 °C by measuring initial rates of oxygen consumption. 
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With the H351Q enzyme, the appkcat was 0.33 ± 0.02 s–1, the appKm was 67 ± 9 mM, and the 

app(kcat/Km) was 4.9 ± 0.8 M–1 s–1. No oxygen consumption could be detected with the H466Q 

enzyme with concentrations of choline as high as 100 mM and 10 μM enzyme in the assay 

reaction mixture. For comparison, wild-type choline oxidase is routinely assayed at an FAD-

bound concentration of 0.1 μM, yielding an appkcat of 15 ± 1 s–1, an appKm of 0.6 ± 0.1 mM, and 

an app(kcat/Km) of 25000 ± 6500 M–1 s–1.(31) Thus, H466 is clearly an essential residue in the active 

site of the enzyme, and the H466Q variant was therefore investigated further. Spectroscopic 

studies were then conducted with the H466Q variant and wild type for comparison to determine 

if the effect on enzyme activity was due to a lack of structural integrity in the variant enzyme. 

5.4.2 Spectroscopic Analysis of the H466Q Enzyme 

Our attempts to crystallize the H466Q enzyme and use X-ray crystallography to establish 

if the mutation affects the overall folding of the enzyme and the topology of the active site were 

not successful. Consequently, spectroscopic techniques, including circular dichroism of the 

protein and the flavin, protein and flavin fluorescence, and 1H NMR, were used to compare and 

contrast the biophysical properties of the H466Q and wild-type enzymes. The use of these 

techniques allowed for a thorough comparison of the secondary and tertiary structures to 

establish if the variant enzyme exhibited the same overall fold as the wild-type enzyme. 

Figure 2A shows that the far-UV circular dichroic spectra of the H466Q and wild-type 

enzymes determined at pH 7.0 and 25 °C were practically indistinguishable from one another, 

indicating that the two enzymes have a similar amount of secondary structure elements. The 

near-UV circular dichroic spectrum of the H466Q enzyme was also very similar to that of wild-

type choline oxidase (Figure 2B), demonstrating that the replacement of H466 with glutamine is 

not affecting the overall fold or tertiary structure. However, an inversion of polarity in the long 

javascript:void(0);
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wavelength dichroic band of the flavin around 450 nm was observed in the H466Q enzyme 

compared to that of the wild-type enzyme (Figure 2C). In principle, the negative dichroic band 

could be attributed to the change in the microenvironment surrounding the flavin arising from the 

glutamine replacement of H466 or the absence of a covalent linkage between the flavin C(8) 

methyl and H99. The visible circular dichroic spectrum of the flavin bound to the H99N variant 

of choline oxidase, in which the histidyl linkage at the C(8) position is absent,(5) was 

consequently determined, showing a positive dichroic signal in the long wavelength region with 

same polarity with respect to that of the wild-type enzyme and a weak positive dichroic band that 

is slightly blue-shifted with respect to that of the wild type (Figure 2C). Thus, inversion of 

polarity in the visible circular dichroic spectrum of H466Q likely arises from a change in the 

microenvironment surrounding the flavin ensuing from the replacement of histidine with 

glutamine.(34) The far- and near-UV circular dichroic spectra revealed that both enzymes are 

folded with the same secondary and tertiary structure. Consistent with these results, the visible 

circular dichroic spectra also demonstrate that the flavin is contained within the folded enzyme 

because the induced dichroic signal at long wavelengths in the visible region of the 

electromagnetic spectrum reports on the protein microenvironment surrounding the isoalloxazine 

ring of the bound flavin and not free flavin, which lacks chiral centers in the oxidized state and 

yields a very weak signal.(35-37) 

http://pubs.acs.org/doi/full/10.1021/bi500982y#fig2
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Figure 5.2 Circular dichroic spectra of H466Q (orange), H99N (gray, panel C only), and wild-type (black) 

enzymes, determined in 20 mM sodium phosphate (pH 7.0) at 25 °C.  

(A) Far-UV CD spectra were measured from 200 to 250 nm with protein concentrations of 0.1 μM. (B) Near-

UV CD spectra were measured from 250 to 300 nm with protein concentrations of 21 μM. (C) Visible CD 

spectra were measured from 300 to 600 nm with concentrations of enzyme-bound FAD of 23 μM. Spectra 

were obtained by averaging five scans at 50 nm/min and were smoothed by the Means-Movement method 

using Jasco Spectra Analysis software. 
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The protein fluorescence emission band at 342 nm was 2-fold more intense in the H466Q 

enzyme than in wild-type choline oxidase (Figure 3A). Similarly, the mutation resulted in a 5-

fold increase in flavin fluorescence emission in comparison to that of the wild-type enzyme, with 

a hypsochromic shift of the band from 528 nm in the wild-type enzyme to 520 nm in the H466Q 

enzyme (Figure 3B). The flavin fluorescence of the wild-type and H466Q variant enzymes was 

quenched by >80 and 50%, respectively, in comparison to that of free FAD under the same 

conditions (data not shown). This agrees well with the visible circular dichroic spectra of both 

enzymes, in which the flavin was located within the confines of the protein. 

 

 

Figure 5.3 Protein and flavin fluorescence emission spectra of H466Q (orange) and wild-type (black) choline 

oxidase.  

Spectra were recorded in 20 mM sodium phosphate (pH 7.0) at 15 °C. (A) Proteins at concentrations of 0.8 

μM were excited at 286 nm. (B) Enzyme-boud flavins at concentrations of 3.5 μM were excited at 454 nm 

(wild type) and 469 nm (H466Q). 
t 

http://pubs.acs.org/doi/full/10.1021/bi500982y#fig3
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The structural integrity of choline oxidase upon replacement of H466 with glutamine was 

probed also through NMR, by comparing the one-dimensional 1H NMR spectra of the H466Q 

and wild-type enzymes acquired at pH 7.0 and 25 °C in 90% H2O. The NMR spectra of the two 

enzymes are clearly highly similar. Both wild-type and mutated enzymes exhibited good 

chemical dispersion, consistent with the proteins being folded (Figure 4). A closer comparison of 

the NMR spectra showed analogous peak patterns, line widths, and intensities in the backbone 

NH and aromatic regions (10.5–6 ppm) and in the aliphatic region. The resonances near 0 ppm 

originate from methyl groups that are shifted because of ring current effects.(38) Such signals are 

expected for a folded protein; a comparison shows that both enzymes have an identical 

fingerprint in this region. The NMR data signify similar overall folds and structure of the wild-

type and variant enzymes (Figure 4). 

 

 

Figure 5.4 1H NMR spectra of (A) H466Q and (B) wild-type choline oxidase in 20 mM sodium phosphate (pH 

7.0) and 10% D2O at 25 °C. Both enzymes had protein concentrations of 0.1 mM. 

http://pubs.acs.org/doi/full/10.1021/bi500982y#fig4
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5.4.3 Anaerobic Flavin Reduction of the H466Q Enzyme 

To establish whether the enzyme-bound flavin in the H466Q enzyme could be reduced by 

the substrate, we incubated anaerobically the enzyme (∼25 μM) with 60 mM choline and 

monitored the changes in absorbance at 453 nm over time. The experiment was initially 

conducted at pH 10.0 and 25 °C because previous steady-state and rapid reaction kinetics 

demonstrated that under these conditions the rate of flavin reduction is pH-independent for wild-

type choline oxidase and several of its variants.(1, 2, 8, 9, 13, 15, 26, 39) As shown in Figure 5, an ∼20% 

decrease in absorbance at 453 nm was observed over an incubation time of 60 min, indicative of 

a slow reduction of the enzyme. Full reduction of the flavin could not be observed because of 

concerns about enzyme stability or photobleaching of the flavin over the extended reaction 

condition that would be required because of the impaired activity, incubation, and irradiation at 

25 °C. This prevented the use of the more common exponential equations employed in rapid 

kinetic analysis. Instead, the method of the initial rates was used by fitting only the initial portion 

of the trace at 453 nm. After subtraction of the corresponding value obtained in the absence of 

choline (Figure 5 inset), the molar concentration of oxidized FAD reduced per unit of time was 

calculated and used to determine the observed rate constant for flavin reduction (kobs). With 60 

mM choline, the observed rate constant for flavin reduction (kobs) thus calculated was (4.6 ± 0.1) 

× 10–5 s–1. When the reduction of the H466Q enzyme was conducted with 75 mM choline, a kobs 

value of (4.7 ± 0.1) × 10–5 s–1 was determined. This demonstrates that the enzyme is saturated at 

these concentrations of choline. Consequently, ∼5 × 10–5 s–1 is a good representation of the 

limiting rate constant for flavin reduction (kred) at a saturating choline concentration for the 

H466Q enzyme. For comparison, the kred value at pH 10.0 and 25 °C of wild-type choline 

oxidase is 93 s–1.(1) When the anaerobic reduction of the H466Q enzyme was conducted at pH 

javascript:void(0);
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8.0 and 9.0, the kred values at saturating concentrations of choline were 1.3 × 10–7 and 1.9 × 10–

6 s–1, respectively. The decrease in the kred values of 2 orders of magnitude at pH 8.0 as compared 

to those at pH 10.0, i.e., 10–7 s–1 versus 10–5 s–1, is consistent with the hydride transfer reaction 

catalyzed by the H466Q enzyme being initiated by specific base catalysis through the hydroxide 

ion present in solution.(23, 40) 

 

 

Figure 5.5 Anaerobic flavin reduction of the H466Q enzyme with 60 mM choline in 20 mM sodium 

pyrophosphate (pH 10.0) at 25 °C. UV–visible absorption spectra were recorded every 60 s from 350 to 750 

nm.  

The absorbance of the flavin between 400 and 500 nm decreased over the measured time, indicating flavin 

reduction due to reaction with choline. In the inset, the black trace is the time course of absorbance changes 

at the λmax of the flavin cofactor, 453 nm, for the H466Q enzyme while the blue trace is that of a control assay 

in the absence of choline to account for the slow rate of photobleaching of the enzyme-bound flavin caused by 

intermittent light exposure over the 2 h required to acquire the data. 

5.5 Discussion 

In the active site of choline oxidase, two histidine residues have the potential to act as a 

base to deprotonate choline to the alkoxide species, H351 and H466 (Figure 1). This reaction 

activates the alcohol substrate for the subsequent oxidation through the transfer of a hydride ion 

to the enzyme-bound flavin.(1, 9) In previous studies, both residues were mutated to alanine, 

javascript:void(0);
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allowing us to establish mechanistic roles for H351 and H466 in substrate binding and catalysis 

but failing to demonstrate whether either residue is the essential base required for catalysis.(13, 

15) In the investigation presented here, we mutated H351 and H466 to glutamine, purified the 

enzyme variants, and characterized them for their ability to oxidize choline. The results 

demonstrated that H466 is essential in the active site of the enzyme, while replacement of H351 

with glutamine impaired catalysis without completely abolishing the activity of the enzyme. This 

is in agreement with previous results obtained upon substitution of H351 with alanine.(13) On the 

basis of these findings and previous mechanistic and structural information, we conclude that 

H466 is the base that initiates choline oxidation in the reaction catalyzed by choline oxidase, as 

discussed below. 

In the active site of choline oxidase, H466 is essential for catalysis. Evidence that 

supports this conclusion comes from both steady-state kinetics and anaerobic reduction of the 

H466Q enzyme with choline as the substrate. No consumption of oxygen was detected in a 

Clark-type oxygen electrode when the H466Q enzyme was assayed at enzyme concentrations 

100-fold greater than the concentration routinely used with wild-type choline oxidase. These 

kinetic assays were performed with 100 mM choline, which is 160- and 1.5-fold larger than 

the appKm values for choline determined at atmospheric oxygen with the wild-type and H351Q 

enzymes, respectively. Thus, the H466Q enzyme has an undetectable rate of turnover with 

choline using the standard kinetic assay routinely employed for choline oxidase. The lack of 

enzymatic activity of the H466Q enzyme was not due to the misfolded enzyme that may arise 

from mutating H466 to glutamine, as suggested by anaerobic flavin reduction and spectroscopic 

data for the H466Q enzyme. The enzyme-bound flavin was indeed reduced upon anaerobic 

incubation of the H466Q enzyme with choline, although with a rate constant for flavin reduction 

javascript:void(0);
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(kred) that was 6 orders of magnitude lower than the corresponding kred value of the wild-type 

enzyme, i.e., ∼5 × 10–5 s–1 compared to 93 s–1 at pH 10.0 and 25 °C. Under these conditions, 

flavin reduction is independent of pH in wild-type choline oxidase and several of its variants.(5, 8, 

13, 15) The low kred value determined with the H466Q enzyme agrees well with the lack of oxygen 

consumption observed when the enzyme is assayed using an oxygen electrode using choline as 

the substrate. The residual kred determined for the H466Q enzyme using the modified method 

developed in this study is clearly outside typical ranges seen for enzymatic catalysis, because it 

would require approximately 1 day for a single catalytic turnover to approach completionb at pH 

10.0. Hydroxide ion with unusual basicity due to its proximity to the trimethylammonium 

headgroup of choline is the probable catalyst that activates choline to the alkoxide species in the 

active site of the H466Q enzyme, as suggested by the effect of pH on the kred value of the H466Q 

enzyme. 

Independent evidence of the H466Q enzyme being folded like the wild-type enzyme 

comes from the circular dichroism and 1H NMR data, showing that the H466Q and wild-type 

enzymes had near-UV circular dichroic spectra that lacked significant differences between one 

another and 1H NMR spectra that did not show significant differences between the two enzymes. 

Furthermore, the two enzymes had far-UV dichroic spectra that were practically 

indistinguishable from one another. Taken together, these data are consistent with the 

                                                 
bA first-order process of flavin reduction with an apparent rate constant of 10–5 s–1 has a 

half-life of 13860 s, equivalent to 3.85 h. Thus, 98.5% completion, which is achieved in six half-

lives, would require 23.1 h. In comparison, assuming no loss of activity, the wild-type enzyme 

would have completed 7.7 million turnovers in the same time span of 23 h as H466Q would only 

have completed a single turnover. 
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replacement of H466 with glutamine not inducing significant protein conformational changes in 

the secondary structure content or overall tertiary structure of the enzyme. In this context, 

previous studies have shown that the active site of choline oxidase accommodates mutations very 

well, with enzyme variants showing structures that are identical to that of the wild type, as 

established by X-ray crystallography for the S101A(12) and V464A(33) enzymes, or with similar 

spectroscopic, biophysical or kinetic properties as in the case of the H99N,(5) E312D,(8, 10, 

41) H351A,(13) V464A/T,(33) H466D/A,(15, 22) and N510A/H/L(14) enzymes. 

Mutation of H466 to glutamine affected the spectroscopic properties of the flavin in 

choline oxidase, as expected because the side chain of H466 is 3.9 Å from the flavin N(1) atom 

with proper orientation to participate in a H-bond with the N(1) atom of the flavin (Figure 1). 

Evidence supporting this conclusion comes from the comparison of the fluorescence and circular 

dichroic spectra of the H466Q enzyme with those of wild-type choline oxidase. The magnitude 

of the protein fluorescence emission band at 340 nm increased by 2-fold, while that of the flavin 

at 530 nm increased by 5-fold upon substitution of H466 with glutamine, consistent with a 

decrease in hydrophobicity around the aromatic residues responsible for protein fluorescence and 

flavin fluorescence in the active site of the enzyme. Consistent with the observed changes in the 

absorbance and extinction coefficient of the H466Q enzyme with respect to wild-type choline 

oxidase, an effect on the hydrophobicity of the surrounding flavin environment is also suggested 

by the hypsochromic shift of the emission band from 528 to 520 nm in the H466Q enzyme 

compared to that of the wild type.(42-44) The active site of choline oxidase contains aromatic 

residues, including W61, F357, Y465, and W331,(6) whose fluorescence emission is likely 

sensitive to the nature of the side chain at position 466 because of proximity effects. The increase 

in flavin fluorescence observed in the H466Q enzyme compared to that of the wild type can thus 
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be ascribed to a diminished quenching of flavin fluorescence exerted by the side chain at position 

466 of the protein with glutamine rather than histidine. The positive dichroic peak in the near-

UV–visible region (350–400 nm) is comparable to that in the measured CD spectra of other 

flavoprotein oxidases, such d-amino acid oxidase, l-amino acid oxidase, and glucose 

oxidase.(45) The hypochromism and blue-shift in the near UV–visible circular dichroic spectra of 

the H466Q variant are consistent with the fluorescence and absorbance spectral shifts being 

affected by the altered active site polarity and nearby aromatic residues.(45) 

Replacement of H466 with glutamine prevents flavinylation of the protein through the 

formation of a covalent linkage with H99, which is otherwise observed in wild-type choline 

oxidase and several of its variants.(5, 8, 12-15, 26, 32, 33) Evidence of this conclusion comes from the 

analysis of the supernatant obtained through treatment of the H466Q enzyme with acetonitrile 

followed by centrifugation to remove denatured protein, showing that 100% of the flavin could 

be extracted from the enzyme. This agrees well with previous results for the H466D variant of 

choline oxidase, in which ∼75% of FAD was not covalently linked to the protein.(22) Curiously, 

when H466 was replaced with alanine, there was no effect on enzyme flavinylation,(15) although 

the reason is unclear and further studies are required. All the other residues previously targeted 

for mutagenesis in the active site of the enzyme, including 

S101,(12) E312,(8) H351,(13) V464,(33) and N510A/H/L,(14) retained the cofactor covalently linked 

to the protein. Thus, the current results obtained with the H466Q enzyme, taken together with the 

results previously obtained with other variants of choline oxidase, reinforce the importance in the 

flavinylation process of H466, whose side chain is close to the flavin N(1) and C(2) atoms 

(Figure 1). In trimethylamine dehydrogenase and monomeric sarcosine oxidase, the presence of a 
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protein positive charge close to the flavin N(1) and C(2) atoms has been shown to be important 

in the flavinylation process.(46, 47) 

The results of the mutagenesis investigation of H466 presented here and in a previous 

study in which the residue was mutated to alanine, in conjunction with mechanistic and structural 

studies using X-ray crystallography of the enzyme in complex with the product of reaction 

glycine betaine,(6, 15) establish H466 as a key residue playing multiple roles in the catalytic 

mechanism of choline oxidase. After formation of the enzyme–substrate complex, H466 removes 

the hydroxyl proton of choline with formation of an alkoxide species (Scheme 2). Previous pH 

and deuterium kinetic isotope effect studies using steady-state and rapid reaction kinetics are 

consistent with an intrinsic pKa value of 7.5 for the catalytic base in the active site of the enzyme, 

which is now assigned to the side chain of H466.(1, 9, 26, 39, 48) Alcohol deprotonation triggers the 

subsequent hydride transfer reaction from the Cα atom of the alkoxide to the flavin N(5) atom, 

which is fully rate-limiting for the overall enzyme turnover and the reductive half-reaction in the 

wild-type enzyme.(1) Hydride transfer occurs in concerted but asynchronous fashion with the 

proton already residing on the side chain of H466 in the transition state, as established previously 

by a lack of solvent and large substrate kinetic isotope effects on the kred value for the wild-type 

enzyme and the partial rescuing of the kcat value in the H466A enzyme by imidazolium.(1, 15) In 

contrast, previous solvent kinetic isotope effects on the H466A variant revealed a more rate-

limiting O–H bond cleavage with a D(kcat/Km) value of 2.2 compared to the value of 1 observed in 

the wild-type enzyme.(15) Consequently, mutation of H466 to alanine altered the mechanism from 

stepwise to concerted,(15) whereas mutation to glutamine completely abolished catalysis (this 

study). Thus, H466 fills in catalysis a dual role as the base activating the substrate for catalysis 

and as an electrostatic catalyst stabilizing the partial charge developing on the Cα atom of the 
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alkoxide during substrate oxidation. Mutagenesis, kinetic, and computational studies have 

recently established that the residue equivalent to H466 in the active site of two other members 

of the glucose–methanol–choline oxidoreductase enzyme superfamily, namely, H502 in aryl-

alcohol oxidase(21) and H548 in pyranose 2-oxidase,(17) also acts as a base in catalysis. 

 

 

Scheme 5.2 Action of H466 as the Initiator of Alcohol Oxidation and the Stabilizer of the Alkoxide Species 

and the Anionic Reduced Flavin. 

 

In summary, we have used mutagenesis, along with kinetic and spectroscopic approaches, 

to establish the identity of the catalytic base in the active site of choline oxidase. The results 

presented herein on a variant of choline oxidase with H466 substituted with glutamine are 

consistent with this residue being the base that deprotonates choline to the alkoxide species in the 

catalytic mechanism of the enzyme. This agrees well with the recent crystallographic structure of 

the enzyme in complex with glycine betaine, showing that the side chain of H466 is 3.1 Å from 

one of the carboxylate O atoms of the ligand (Figure 1).(6) The apparent discrepancy in the 
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results obtained with the H466Q enzyme in this study and the H466A enzyme in a previous 

study is reconciled with the hydroxide ion likely occupying the space vacated by the imidazole 

side chain in the latter enzyme and acting as a (poor) catalyst to activate choline to alkoxide for 

subsequent flavin reduction through hydride transfer. In this respect, previous mechanistic 

studies have established that a water molecule in the active site of the enzyme is necessary for 

the hydration of betaine aldehyde prior to the second oxidation reaction yielding glycine 

betaine.(1) Therefore, the histidine residue at position 466 holds multiple functions in the 

reductive half-reaction of choline oxidase. It exists as an electrostatic catalyst stabilizing the 

negative charges present on the reduced flavin and alkoxide intermediate and acts as the catalytic 

base that activates choline. Multiple amino acid substitutions had to be evaluated to elucidate the 

roles of this important residue in the mechanism of choline oxidase. 
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6     Excited State Proton Transfers in Choline Oxidase   

6.1 Abstract 

Excited state proton transfers (ESPT) occur during the excitation of a fluorophore acting 

as an acid donating a proton to a nearby molecule. Alternatively, an acid molecule can donate a 

proton to a nearby fluorophore acting as a base. This phenomenon can be revealed through the 

observation of a pH-dependence on the fluorescence emission. A redistribution of a fluorophore 

electrons occurs once the species is excited, altering the ionization state, leading to an ESPT. 

This biophysical process has been observed in model systems and small proteins, such as 

malonaldehyde and green fluorescent protein by using NMR, isotopic replacement, or 

fluorescence. In this study, choline oxidase (CHO) was used to investigate ESPT in the absence 

of active site ligands or substrates. To this aim, the ground state, fluorescence excited state and 

emission spectra were measured and the emission spectra were shown to be pH-dependent. 

Isotopic and mutagenic studies were utilized to further investigate ESPT occurring between the 

flavin cofactor bound to CHO and protein proton acceptors present in the active site and the 

formation of a C4a flavin adduct in the excited state. Notably, no ESPT were observed with free 

FAD in the presence or absence of imidazole or in the H466Q variant of CHO, likely reflecting 

lack of suitable protein construct and proper positioning of a proton acceptor. The results 

presented reveal, for the first time, ESPT processes can occur in a flavoprotein oxidase and can 

be easily detected using fluorescence spectroscopy. 

6.2 Introduction 

Flavin mononucleotide (FMN) or flavin adenine dinucleotide (FAD) are utilized by a 

wide array of enzymes to catalyze many biological processes including but not limited to 
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detoxification, oxidation, biosynthesis, and DNA damage repair.1 FAD and FMN are produced 

enzymatically from vitamin B2, or riboflavin, and exhibit strong absorbance in the UV and 

visible regions of the electromagnetic spectrum.2-6 The hydrophobic contribution of the xylene 

moiety and the hydrophilic pyridine moiety provide riboflavin, FAD, FMN, and flavin analogs 

with the adaptability to catalyze various redox reactions. The redox state of the flavin during 

catalysis can be followed by monitoring the spectral changes of the UV-Visible absorption and 

fluorescence spectra of the conjugated isoalloxazine ring as the oxidation and reduced states of 

the flavin exhibit different UV-Visible absorbance and fluorescence spectral signatures. The 

three different redox states include oxidized, neutral and anionic semiquinones, and neutral and 

anionic hydroquinones and are characterized by different number of electrons and protons. The 

absorption and fluorescence spectra of the isoalloxazine moiety are sensitive to environmental 

changes (i.e. changes in pH, temperature, solvent, etc) not solely due to catalytic processes.7-10 

An example of environmental perturbations has been observed with blue shifts in UV-Visible 

absorption spectra of flavins in hydrophobic environments as observed by Smitherman et al. and 

others.7, 8, 11, 12 

 

Figure 6.1 Chemical structure of the isoalloxazine moiety drawn as using IUPAC numbering.  

The R group denotes either the ribityl group of flavin mononucleotide or the additional adenosine 

monophosphate moiety of flavin adenine dinucleotide. 
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Flavin-dependent enzymes are capable of carrying out a wide array of chemical reactions 

due to the versatility of the isoalloxazine ring (Figure 6.1) by catalyzing single and double 

electron transfers and nucleophilic and electrophilic reactions.13-15 Flavin-dependent enzymes 

utilize the protein construct to maximize the desired chemical reaction and minimize 

unproductive side reactions.16 The protein environment surrounding the flavin is fine-tuned to 

specific catalytic functionality with specific substrates by active site amino acid residues altering 

the polarity and redox potential of the cofactor. Choline oxidase from Arthrobactor globiformis 

(CHO) exhibited a decrease in ~160 mV in the redox potential when a neutral histidine residue 

located near the N(1)-C(2) locus of the isoalloxazine ring was mutated to a negatively charged 

aspartate residue.17 Covalent bonds that anchor the flavin to the protein modulate the chemistry 

of hydride transfers or nucleophilic attacks in the enzymatic reactions.14, 18-21 The flavin cofactor 

in CHO is covalently-linked to the protein by an 8α-N(3)-histidyl linkage to H99.20 H99 is 

mutated to an asparagine and subsequently the linkage is broken resulting in a change in flavin 

reduction by more than 45 times.20 These enzymatic reactions are mostly monitored in the 

ground state by following flavin absorbance changes. Light processes, such as DNA repair, have 

been shown to be catalyzed by the flavin cofactor in the excited state as evidence of changes in 

fluorescence spectra during catalysis.22 Light-triggered flavin-dependent enzymes have 

progressed to carry out all biological processes as excited state reactions once the flavin 

cofactors have been excited by photons.22-24  

Enzymes have evolved to catalyze reactions through different mechanisms by triggering a 

transition of the enzyme complex to a different electronic energy state from what is reached 

during transition states in the ground state.25 Flavin-containing proteins that catalyze reactions in 

the excited state can be classified into four families of photoreceptors: phototropins26, 
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cryptochromes27, light-oxygen-voltage (LOV) domains28, and BLUF proteins.29 These 

photoreceptors assist in catalyzing essential biological processes by first activating a flavin 

fluorophore to the singlet or triplet state prior to catalysis.27, 30, 31 Transfers of electrons, protons, 

hydrogen atoms, and nucleophilic reactions have been shown to occur in the excited state as 

observed through fluorescence spectral changes which trigger conformational changes in the 

protein.22, 23 Both FAD and FMN are chromophores in blue-light photo-sensors and can be 

widely-used as diagnostic tools within the cell to monitor hydrogen peroxide detection using 

their intrinsic fluorescence properties.32, 33 In LOV domains, the FMN cofactor is reduced in the 

ground state and then excited to the singlet state which triggers a conformational change in the 

protein.22 Increase in the cofactor’s energy state triggers the formation of a covalent bond 

between the C4a atom of the flavin and a thiol group of a cysteine side chain.24 Several groups 

have postulated mechanisms of adduct formation in these proteins which can be further read at 22, 

34-36. Lanzl et al. proposed radical mechanism in which the thiol group acquired an electron in the 

triplet state followed by a proton abstraction from the cysteine group to the N(5) atom of the 

flavin.37 A second mechanism of action proposed by Conrad et al. begins with the deprotonation 

of the cysteine thiolate group and simultaneous protonation at the N(5) atom of the flavin 

producing a carbocation on the C4a and a reactive thiol.38  

Excited state reactions, specifically proton transfers, have been observed in numerous 

biological processes due to a culmination of effects that include a photolabile fluorophore 

contained within a protein active site with a nearby proton donor or acceptor. Ground state 

proton transfer reactions involve a substrate being converted to product through a transition state 

while the enzyme system remains in the electronic ground state. Conversely, excited state proton 

transfer reactions occur at a higher energy state due to electronic transitions in the chemical 



147 

bonds involved in the chemical reaction being at a higher energy state due to absorption of 

photons. The electronic distribution of the flavin moiety is altered as the fluorophore absorbs 

photons.39 This causes a redistribution of charges on the isoalloxazine ring, in turn, altering the 

polarity and ionization states in the singlet and triplet states of the flavin.39 The ionization 

constants of the N(3) and N(5) atoms of the flavin change in that the N(3) becomes more acidic 

due to a decrease in pKa and N(5) atom becomes more basic due to an increase in pKa values.40-43 

A classic example of this phenomenon was observed as a tautomerization occurring from 

alloxazine to isoalloxazine in the lumichrome excited state via an excited state proton transfer 

(ESPT).44 Once lumichrome was excited by light, the proton located on the N(1) atom of 

alloxazine was transferred to the N(10) atom forming the isoalloxazine phototautomer as 

facilitated by acetic acid or pyridine.44 The ESPT was monitored by following fluorescence 

spectral changes of the photolabile flavin fluorophore in the presence of a proton acceptor.44 

ESPT have been observed in other flavin analogs in solution and in light-triggered flavin-

dependent photoreceptors when excited by light.22, 29, 41, 42, 44, 45 Therefore it is likely that, if 

excited, other flavin-dependent enzymes catalyze ESPT with a nearby proton acceptor available 

in the active site.  

Choline oxidase from Arthrobacter globiformis (CHO) is an FAD-dependent enzyme that 

utilizes general base catalysis to oxidize its substrate.11, 14  CHO has been thoroughly 

characterized both structurally and biochemically in which most of the active site residues have 

been mutated and characterized.11, 14, 20, 46-51 A member of the Glucose-Methanol-Choline (GMC) 

oxidoreductase superfamily, CHO catalyzes the oxidation of choline to glycine betaine through 

two reduction-oxidation reactions using an FAD cofactor and oxygen as the final electron 

acceptor.14 With CHO serving as a model enzyme, fluorescence studies comparing the ground 



148 

and excited states and emission of the enzyme were carried out as a function of pH. The 

hypothesis of ESPT occurring in the active site of enzymes containing flavins as cofactors with 

an active site base will be tested using CHO as a model.  

Experimental Procedures  

6.2.1 Materials 

Recombinant choline oxidase and choline oxidase variant enzymes, H466Q and S101A, 

were obtained through expression and purification methods previously described.11, 19, 21, 52 

Flavin adenine dinucleotide, glucose oxidase, and glucose were purchased from Sigma Aldrich 

(St. Louis, MO). Glycerol was purchased from Fisher (Pittsburgh, PA). Deuterium oxide was 

obtained from Cambridge Isotope Co. (Andover, MA). All other reagents were of the highest 

purity commercially available. 

6.2.2 UV-Visible Absorption and Fluorescence Studies 

All enzymes were prepared fresh just prior to UV-Visible absorption and fluorescence 

spectroscopic measurements by gel-filtration through PD-10 desalting columns (General 

Electric, Fairfield, CT) into 20 mM sodium pyrophosphate, pH 6.0, 9.0-10.0 or 20 mM sodium 

phosphate, pH 7.0-8.0. UV-visible absorption spectra were recorded at 15 oC, using an Agilent 

Technologies diode-array model HP 8453 spectrophotometer (Agilent Technologies, Santa 

Clara, CA). Fluorescence excitation and emission spectra were recorded at 15 oC with a 

thermostatted Shimadzu Spectrofluorometer Model RF-5301 PC. Wavelength accuracy of the 

spectrofluorometer was ± 1.5 nm with a response time of 20 ms and a sampling interval of 1 nm. 

Flavin excitation and emission scans were measured at a scanning speed of 3 nm/s. Gel-filtered 

enzymes, CHO-wt and CHO variants, were diluted to a final FAD concentration of 3.5 μM using 
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the extinction coefficients experimentally determined previously.11, 18, 19, 53 Each enzyme was 

excited at 450 nm and the emission scan was measured from 475 to 650 nm. The λmax value of 

the initial emission scan was then used to measure the excitation scan from 300 to 500 nm. The 

λmax value of the excitation scan (the single peak with the largest measured intensity) was used to 

acquire the emission scan from 475 to 650 nm to determine the λem value. The λem value was 

used to acquire the excitation scan to measure the λex value (the single peak with the largest 

measured intensity). Enzyme samples that were prepared in deuterated buffers underwent the 

same gel-filtration procedure used for protiated buffers with an adjusted pD value for the isotope 

effect observed from the pH electrode.54  The pD values were determined by addition of 0.4 to 

the pH electrode readings.55 The contribution of solvent viscosity in fluorescence spectra due to 

the presence of heavy isotopes was measured in the presence of 10% glycerol (v/v) as the 

viscosigen with relative viscosity equivalent to that of D2O.56 

Anaerobic fluorescence spectra were measured in 20 mM sodium pyrophosphate, pH 6.0 

and 10.0, at 15 oC using an anaerobic fluorescence cell with glass pouch cuvette (FireflySci, 

Brooklyn, NY). The anaerobic cuvette contained 7 mM glucose in buffer whereas CHO variant 

S101A (5 μM in flavin content) and glucose oxidase (1µM final concentration) enzymes were 

housed in the side arm. The fluorescence cuvette cell was made anaerobic by a 15 min treatment 

of flushing with oxygen-free argon. Once the oxygen was removed, the enzymes were mixed 

with glucose to ensure complete scavenging of oxygen traces prior to measuring the fluorescence 

excitation and emission spectra for an additional 15 min. 
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6.2.3 Data Analysis 

The λem values determined as a function of pL were fit to Eq. 1. Here λlim1 and λlim2 are the 

limiting values at low and high pL of the fluorescence emission, and Ka is the dissociation 

constant for relevant ionizable group(s).   

               (1) 

6.3 Results 

6.3.1 pH-Dependence on the Fluorometry of CHO-wt 

The ground and excited states and the emission spectra of CHO-wt were measured as a 

function of pH from pH 6.0 to 10.1. At pH 6.0, the enzyme exhibited similar λmax values in 

ground (absorbance) and excited states spectra with λex value of 465 nm and λGS value of 458 nm, 

a 7 nm red shift from the ground state to the excited state (Figure 6.2, Panel A). The enzyme was 

excited at the experimentally determined λmax value of 465 nm and the emission scan was 

acquired from 495 to 650 nm (Figure 6.2, Panel A). The emisison maximum (λem) was 523 nm.  

Fluorescence excitation and emission spectra were also measured from pH 7.0 to pH 10.1 

(Table 6.1) with only pH 6.0 and 10.1 shown in Figure 6.2. All data are shown in Table 6.1. At 

pH 10.1, the UV-visible absorption spectrum of CHO exhibited two peaks with λmax values at 

351 and 449 nm (Figure 6.2, Panel B). The excitation spectrum revealed a single peak with a λmax 

at 401 nm and a shoulder at 324 nm. The flavin-bound cofactor was excited at 401 nm and the 

emission spectrum was scanned from 450 to 650 nm revealing a maximum at 528 nm (Figure 

6.2, Panel B). Thus, at pH 10.1, the λex value of the flavin bound to wild-type CHO exhibited a 

blue shift of 48 nm from the ground state maximum value, i.e., from 449 nm to 401 nm. Such a 
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large shift in the excitation spectrum and the presence of a single peak at ~400 nm was consistent 

with the formation of a flavin C4a adduct formed in the excited state. The measured λem values 

were plotted as a function of pH and fit with Eq. 1 (Figure 6.3, Panel A). The wavelength of the 

emission peaks increased with increasing pH from a limiting value of 521 ± 2 nm at low pH 

(λlim1) to 534 ± 4 nm at high pH (λlim2) with a pKa of 7.9 ± 0.5 (Figure 6.3). 

 

Table 6.1. UV-Visible absorption and fluorescence spectra maxima of CHO wild-type enzyme obtained at 15 
oC.a 

pH λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 458 465 523 58 

7.0 456 441 521 60 

7.5 457 443 522 79 

8.0 452 401 530 129 

9.0 449 401 532 131 

10.1 449 401 528 127 
aReaction conditions are 20 mM NaPPi, pH 6.0, 9.0-10.1 and 20 mM NaPi, pH 7.0-8.0 and all spectral 

measured in a 10 mm quartz cuvette.  
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Figure 6.2 Fluorescence and absorption spectroscopy of choline oxidase.  

Spectra are for absorbance (black), fluorescence excitation (blue), and fluorescence emission (red) at 15 oC, in 

20 mM sodium pyrophosphate and the pH or pD indicated. Wild-type enzyme at pH 6.0 (A); wild-type 

enzyme at pH 10.1 (B); wild-type enzyme at pD 6.0 (C); wild-type enzyme at pD 10.1 (D) 

 

 

Figure 6.3 pL-Dependence on the maximal emissive peak. 

Panel A: wild-type enzyme at 15 oC in 20 mM sodium pyrophosphate (pL 6.0, 8.0-10.0) or 20 mM sodium 

phosphate (pL 7.0, 7.5) buffers prepared in H2O (●) or  D2O (○); Panel B: H466Q variant enzyme in the same 

buffers prepared in H2O (□); FAD dissolved in the same buffers p repared in H2O (■). pL represents the 

negative logarithm of the concentration of protium or deuterium ions. Data for wild-type enzyme were fit 

with Eq 1. 

 

A B 
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6.3.2 pD-Dependence on the Fluorometry of CHO-wt in Deuterium Oxide (D2O) 

Fluorescence spectra of CHO-wt were recorded in deuterated buffers from pD 6.0 to 10.1 

(Table 6.2). Isotopic substitution of all solvent exchangeable protons was used to probe whether 

the pH-dependence on fluorescence emission was due to a proton transfer in the excited state. 

The most likely candidate for the proton donor would be the N(3) atom of the flavin because the 

pKa of the hydrogen bond has been measured to drop from ~10 in the ground state to ~7 in the 

excited state.45, 57-59 Data reported in Table 6.2 of the wild-type in D2O reveal a similar trend as 

observed of wild-type enzyme in H2O. The λex and λGS decreased with increasing pD 

concomitantly as λem was increasing. As shown in Figure 6.3, Panel A, the λem values were 

plotted as a function of pD and were observed to increase with increasing pD measuring a pKa of 

8.4 ± 0.2 with two offsets at low and high pD with limiting values of λlim1 = 525 ± 1 nm and λlim2 

= 531 ± 1 nm, respectively. The limiting values calculated in the pD profile of CHO-wt emission 

in D2O were similar to the enzyme observed in H2O experiments with the pKa shifted upward by 

~0.4 units. A pD-dependence on the fluorescence emission was attributed to a proton being 

transferred during the excited state consistent with an ESPT (Figure 6.2, Panels C-D). A change 

in the shape of both excitation and emission spectra in the presence of a heavy isotope, D2O, was 

also consistent with an ESPT (Figure 6.2, Panel B, Panel D).60-62  
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Table 6.2. UV-Visible absorption and fluorescence spectra maxima of CHO wild-type enzyme obtained at 15 
oC in deuterated buffer.a 

 

 

 

 

 

 

 

 

 

 

 

 

aReaction conditions are 20 mM NaPPi, pD 6.0, 9.0-10.1 and 20 mM NaPi, pD 7.0-8.0 in deuterated water 

with spectra measured in a 10 mm quartz cuvette.  

 

Fluorescence spectra of CHO-wt were recorded in buffers containing 10 % (v/v) glycerol 

as a control for the D2O experiments. Data are shown in Table 6.3. The λmax values of ground and 

excited state and emission in glycerol-added buffers did not differ more than 5% from λmax 

values observed in protiated buffers without glycerol. Therefore, the changes in the fluorescence 

spectra of the wild-type enzyme in deuterated buffer were consistent with an effect due to 

isotopically-labeled solvent and not a change in the viscosity of the solvent. 

 

Table 6.3. UV-Visible absorption and fluorescence spectra maxima of CHO wild-type enzyme obtained at 15 
oC in buffers containing 10 % glycerol (v/v).a 

 

 

 

 

 

 

aReaction conditions are 20 mM NaPPi, pH 6.0, 9.0-10.1, 10% glycerol (v/v) and 20 mM NaPi, pH 7.0-8.0, 

10% glycerol (v/v) with spectra measured in a 10 mm quartz cuvette.  

pD λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 455 465 525 60 

7.0 455 442 526 84 

7.5 454 422 525 103 

8.0 454 400 527 127 

9.0 451 401 530 129 

10.0 450 399 531 132 

pH λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 458 469 522 53 

7.0 456 469 522 53 

7.5 454 443 523 80 

8.0 455 419 523 104 

9.0 451 400 529 129 

10.0 448 400 530 130 
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6.3.3 pL-Dependence on the Fluorometry of CHO variant, H466Q 

UV-Visible absorbance and fluorescence spectral studies were carried out with the 

H466Q variant enzyme to probe the role of histidine as a catalyst in the ESPT in the active site of 

CHO. The histidine residue at the 466 position is located on the si face of the flavin cofactor near 

the N(1)-C(2) locus of the isoalloxazine ring approximately 4.6 Å from the N(3) atom (Figure 

6.4). UV-visible absorption, excitation and emission spectra were measured from pH 6.0 to 10.1 

at 15 oC with only the spectra at pH 10.1 shown in Figure 6.5. Excited state spectra exhibited red 

shifts in the ground state from 450 nm to 469 nm from pH 6.0 to 10.1. All spectral peaks (i.e. 

λGS, λex, λem) at each pH value tested are reported in Table 6.4. The average values for λGS, λex, λem 

are 453, 468.6, and 520 nm, respectively. Fluorescence spectra of H466Q were also measured in 

deuterated buffers as prepared for the wild-type enzyme. In deuterated buffer, λmax values of the 

ground and excited states and emission were 453, 464, and 521 nm, respectively (Table 6.5). The 

λex and λem values were, thus, independent of pH and pD. Lack of pL effects on λex and λem values 

were consistent with the absence of ESPT in the H466Q variant. If an ESPT was occurring in the 

variant enzyme, any amount of C4a flavin intermediate have formed in the excited state and 

decayed on a time scale faster than that observed in the wild-type enzyme.41 The time scale for 

the decay of the C4a flavin intermediate would have to be slower for any flavin adduct 

intermediate to accumulate and therefore be detected. 
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Figure 6.3 Active site of CHO (4MJW) highlighting H466 and S101 residues. 

 

Table 6.4. UV-Visible absorption and fluorescence spectra maxima of CHO variant enzyme, H466Q, obtained 

at 15 oC.a 

 

 

 

 
 

 

aReaction conditions are 20 mM NaPPi, pH 6.0, 9.0-10.1 and 20 mM NaPi, pH 7.0-8.0 with spectra measured 

in a 10 mm quartz cuvette. 

 

 

Table 6.5. UV-Visible absorption and fluorescence spectra maxima of CHO variant enzyme, H466Q, obtained 

in deuterated buffer at 15 oC.a 

 

 

 

 

 

 

 

 
 

aReaction conditions are 20 mM NaPPi, pD 6.0, 9.0-10.1 and 20 mM NaPi, pD 7.0-8.0 with spectra measured 

in a 10 mm quartz cuvette. 
 

 

pH λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 455 469 521 52 

7.0 451 471 519 48 

8.0 453 469 519 50 

9.0 455 466 521 55 

10.1 451 468 521 53 

pD λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 453 464 522 58 

7.0 453 463 520 57 

8.0 454 464 521 57 

9.0 453 464 521 57 

10.1 453 465 521 56 
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Figure 6.4 Fluorescence and absorption spectroscopy of H466Q variant enzyme in 20 mM sodium 

pyrophosphate, pH 10.1.  

Spectra are for absorbance (black), fluorescence excitation (blue), and fluorescence emission (red) at 15 oC, in 

20 mM sodium pyrophosphate, pH 10.1. 

 

6.3.4 Fluorometry of CHO variant, S101A, in H2O 

The formation of the excited state intermediate detected spectrophotometrically in CHO-

wt enzyme at basic pH was consistent with the spectrum of a flavin C4a adduct due to the single 

peak observed at ~400 nm.22 The most likely candidates available to form a covalent bond with 

the C4a atom of the flavin is a serine residue at the 101 position (Figure 6.4), oxygen, or 

hydroxide ions. The pKa of the S101 residue is likely lowered in the active site of CHO allowing 

for the deprotonation of the hydroxyl group at high pH which, in turn, attacks the C4a of the 

flavin. The role of S101 residue in the formation of the C4a flavin adduct was probed using 

S101A variant of CHO. The S101A variant was gel-filtered into 20 mM NaPPi, pH 10.0, using a 

PD-10 column and diluted to a final FAD concentration of 6 µM using the experimentally 

determined extinction coefficient.21 The excitation and emission spectra are shown in Figure 6.6. 

The excited state spectrum was similar to the observed spectrum of CHO-wt at pH 10.1 in that a 

single peak was observed with maximal fluorescence at 396 nm with the variant also producing a 
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shoulder at 417 nm. The flavin was excited at 396 nm and fluorescence emission was measured 

from 475 to 650 nm. Maximum fluorescence emission was observed at 526 nm and, again, 

excited at 417 nm with emission maximum at 528 nm. 

 

 

Figure 6.5 Fluorescence and absorption spectroscopy of S101A variant enzyme in 20 mM sodium 

pyrophosphate, pH 10.0. 

Spectra are for fluorescence excitation (blue) and fluorescence emission (red) at 15 oC, in 20 mM sodium 

pyrophosphate, pH 10.0. 

 

 

Fluorescence spectra of the S101A variant were measured in 20 mM NaPPi, pH 6.0, 15 

oC and observed to have similar shape to the wild-type enzyme at pH 6.0 with two peaks 

detected. The excitation scan revealed two peaks present at acidic pH, unlike a single peak at 

~400 nm like observed in the excitation spectrum at pH 10.0 (Figure 6.2). The excitation scan of 

H466Q variant at pH 6.0 was very similar in shape to CHO-wt at acidic pH in which two peaks 

and a pronounced shoulder were observed spectrally with the minor peak at 365 nm, major at 

461 nm, and a shoulder at 486 nm (Figure 6.7). The flavin was excited at 461 nm and the 

emission was measured from 480 to 650 nm producing two unresolved peaks. The major 
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emission peak was observed at 522 nm with a pronounced shoulder at 546 nm. These results are 

consistent with the absence of ESPT in S101A variant of CHO at pH 6.0. 

 

 

Figure 6.6 Fluorescence and absorption spectroscopy of S101A variant enzyme in 20 mM sodium 

pyrophosphate, pH 6.0. 

Spectra are for fluorescence excitation (blue) and fluorescence emission (black dash) at 15 oC, in 20 mM 

sodium pyrophosphate, pH 6.0. 

 

6.3.5 Anaerobic Fluorescence Spectroscopy of S101A Variant 

The light-induced flavin species, if not formed with S101, would likely be formed either 

by a covalent bond with oxygen or hydroxide ions present in the active site. Fluorescence spectra 

of S101A variant of CHO were measured with oxygen removed from the enzyme-buffer solution 

using oxygen-free argon flushing and glucose/glucose oxidase oxygen scavenging system. The 

excitation scan of the S101A variant of CHO shown in Figure 6.8 at pH 10.0 showed a single 

broad spectrum with a major and minor peak at 395 and 420 nm, respectively. The fluorescence 

emission yielded a λmax of 529 nm with excitation wavelength set to 395 nm. The maxima 

spectral peaks in an anaerobic environment were not different from the peaks measured in the 

presence of oxygen. These results are consistent with the origin of the flavin C4a adduct not 

originating from either oxygen or the S101 residue in the active site of CHO. 
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Figure 6.7 Anaerobic fluorescence and absorption spectroscopy of S101A variant enzyme in 20 mM sodium 

pyrophosphate, pH 10.0.  

Spectra are for absorbance (black), fluorescence excitation (blue), and fluorescence emission (red) at 15 oC, in 

20 mM sodium pyrophosphate, pH 10.0. 

 

6.3.6 pH-Dependence on the Fluorometry of Flavin Adenine Dinucleotide (FAD) in H2O or 

1,4-dioxane  

The role of the surrounding protein environment provided within the active site of the 

enzyme that contains the FAD cofactor in ESPT of CHO was probed by measuring fluorescence 

spectra of FAD in the same conditions as CHO-wt in the presence and absence of imidazole or 

1,4-dioxane ± imidazole. The maxima values of the absorbance, excitation, and emission spectra 

did not differ by more than 2 nm in the pH range from 6.0 to 10.0 (Table 6.5, λem shown in 

Figure 6.3, Panel B) with the average maxima of λGS, λex, and λem as measured in buffer were 

450, 454, and 527 nm respectively (Table 6.8). Fluorescence spectra were measured upon the 

addition of 100 mM and 300 mM imidazole in the buffered flavin solution. Exogenous imidazole 

was added to the FAD solution to probe the role of H466 in recovering ESPT by adding a proton 

acceptor to the solution. The maximal absorbance and fluorescence peak values from pH 6.0 to 
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10.0 are reported in Tables 6.6-6.7 with average values reported in Table 6.8. λmax in buffers 

containing imidazole did not vary from those observed in the absence of imidazole. 

 

Table 6.5. UV-Visible absorption and fluorescence spectra maxima of FAD obtained at 15 oC.a 

 

 

 

 

 

 

 

 
aReaction conditions are 20 mM NaPPi, pH 6.0, 9.0-10.1 and 20 mM NaPi, pH 7.0-8.0 with spectra measured 

in a 10 mm quartz cuvette.  

 

Table 6.6. UV-Visible absorption and fluorescence spectra maxima of FAD obtained in the presence of 100 

mM imidazole at 15 oC.a 

 

 

 

 

 

 
 

 

aReaction conditions are 20 mM NaPPi, pH 6.0, 9.0-10.1 and 20 mM NaPi, pH 7.0-8.0 with spectra measured 

in a 10 mm quartz cuvette. 

 

Table 6.7. UV-Visible absorption and fluorescence spectra maxima of FAD obtained in the presence of 300 

mM imidazole at 15 oC.a 

 

 

 

 

 

 

 

 
aReaction conditions are 20 mM NaPPi, pH 6.0, 9.0-10.1 and 20 mM NaPi, pH 7.0-8.0 with spectra measured 

in a 10 mm quartz cuvette. 

 

pH λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 450 455 526 71 

7.0 449 454 526 72 

8.0 451 455 527 72 

9.0 450 454 528 74 

10.0 451 453 527 74 

pH λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 450 454 527 73 

7.0 450 454 526 72 

8.0 449 454 528 74 

9.0 449 453 527 74 

10.0 449 453 526 73 

pH λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 450 454 527 73 

7.0 450 454 526 72 

8.0 449 454 528 74 

9.0 449 453 527 74 

10.0 449 453 526 73 
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Table 6.8 λmax values of free FAD in varying solvents ± varying amounts of imidazole; concentrations listed in 

the table represent imidazole in the buffered solution or 1,4-dioxane solvent. Spectra maxima did not differ 

by more than 2 nm and therefore only the average values were presented. Buffers used were 20 mM NaPPi, 

pH 6.0, 8.0-10.0, or 20 mM NaPi, 7.0 plus imidazole at the concentration listed. Buffer was replaced as the 

solvent with 1,4-dioxane ± imidazole. 

 

Fluorescence measurements were repeated with 1,4-dioxane as solvent to observe 

changes, if any, due to an increase in the hydrophobicity of the surrounding flavin environment 

in comparison to the active site of the protein. The absorbance spectrum of the cofactor was 

quenched in the 1,4-dioxane solution as evidence by the presence of two peaks at 274 and 471 

nm in the UV-visible spectrum, not different from the observed maximal peak of the λex; values 

reported in Table 6.5. No changes in the λGS, λex, λem, and Stokes shift values were observed with 

or without the addition of exogenous imidazole. These data were consistent with free FAD not 

catalyzing ESPT in buffers ranging in pH from 6.0 to 10.0 and in 1,4-dioxane establishing the 

importance of a protein construct for modulating flavin reactivity in catalyzing ESPT from the 

N(3) to the N(5) atoms of the flavin. 

6.4 Discussion 

In this study evidence has been presented in support of the observation of an ESPT in 

CHO from the N(3) atom of the oxidized flavin cofactor onto the N(5) atom of the flavin via an 

active site base. The hydrogen bond at the N(3) atom of the isoalloxazine is delocalized due to a 

decrease in pKa in the excited state and transferred onto the N(5) atom of the flavin (Scheme 1, 

Step B).45, 57, 59 Based on previously published computational studies on the excitation of π 

orbitals in lumiflavin, protonation is favored at the N(5) atom of the isoalloxazine ring due to 

electron density accumulating at N(5) atom in both the singlet and triplet states.57 The pKa of 
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N(3) atom in the excited state was calculated to be lowered from ~10 to ~7 in flavin analogs 

studied29, 63-65 as attributed to a lack of conjugation between the π-electron system and its p 

orbitals in the alloxazine structure.58, 59, 66 The pL-dependence observed on the fluorescence 

emission of CHO wild-type enzyme revealed a change in ionization consistent with a proton 

transfer in the excited state of the enzyme. The pL profile of fluorescence emission plateaus at 

low and high pL values with a single inflection point. Although not defined, the two limbs 

observed in the pL profile for emission at basic and acid pH values are indicative of two different 

flavin species stabilized prior to the flavin fluorescing. As pL increased, the equilibrium shifted 

towards ESPT event as evidence of a large red shift in emission λmax.
67, 68 Thus an increase in pL 

likely shifted the equilibrium between the ionized (species formed after Step B in Scheme 6.1) 

and un-ionized (species formed after Step A in Scheme 6.1) species formed prior to fluorescence 

emission.67, 68 

 

Scheme 6.1 Schematic representation of excited state reaction in CHO-wt.  

The oxidized flavin cofactor of CHO was excited to the singlet state by photons using light (A). At basic pH, 

the active site histidine facilitated a proton abstraction of the proton from the N(3) atom of the flavin to the 

N(5) atom yielding a charged, oxidized flavin (B). The positive charge likely developed at the C4a position 

becomes a highly reactive electrophile forming a covalent bond with a nearby nucleophile, X (C). 

Fluorescence emission returned the charged, oxidized flavin to the ground state. The charged flavin is not a 

stable species because the pKa values of the N(5) and N(3) atoms returned to ground state values 61 (D) and 

the proton on the N(5) atom was transferred back to the N(3) via H466 (E). At acidic pH, the active site 

histidine was protonated and unable to accept a proton from the N(3) atom leading to the reversible (A) step. 
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H466 is essential for ESPT in CHO for transferring a proton from the N(3) atom to the 

N(5) atom of the flavin in the excited state as evidence from the fluorescence data with H466Q 

variant enzyme. Previous studies carried out on a glutamine variant have shown that H466 is the 

catalytic base that activates the alcohol substrate for catalysis through the abstraction of a 

hydroxyl proton.11 The H466 residue was the likely candidate that abstracts the proton on the 

N(3) atom of the flavin and then transfer the proton to the N(5) atom. Fluorescence experiments 

with H466Q variant yielded pH-independent emission spectra consistent with an absence of 

proton transfers in the excited state. Previous fluorescence studies of lumichrome revealed a 

secondary molecule important in facilitating ESPT from the N(1) to the N(10) atoms 

(lumichrome nomenclature) via pyridine or acetic acid molecules.44 As the concentration of 

pyridine increased, the equilibrium of the dominant flavin species shifted from lumichrome to 

7,8-dimethylisoalloxazine as monitored by a red-shift in the λmax of fluorescence emission.44 In 

the case of CHO-wt, a pKa of ~8.0 was observed in the λem pH profile (Figure 6.3, Panel A). If 

the pKa is assigned to the active site base, approximately 99.9 % of the base would be 

deprotonated at pH 10.1, consistent with an active site base in a deprotonated ionization state 

capable of accepting and transferring a proton. At pH 6.0, the base is approximately 99.9 % 

protonated and incapable of accepting and transferring a proton. Hence the active site base, 

H466, is needed to facilitate a proton transfer in the excited state of CHO-wt.  

A C4a flavin adduct was formed in the active site of CHO in its excited state and 

spectroscopically-detected as evidence by the formation of a single excitation peak at ~400 nm. 

The electrons on the N(5) atom of the flavin acquire the proton from the N(3) atom via H466 

during ESPT thus creating a positive charge on the C4a atom (Scheme 6.1). This yields an 
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ionized but neutral flavin (Scheme 6.1). The carbocation produced on the C4a atom of the flavin 

after ESPT is a highly reactive electrophile readily forming a covalent adduct with hydroxide 

ions in the active site of CHO. The current study revealed the formation of a C4a flavin adduct 

did not originate with oxygen or an active site serine residue but likely hydroxide ions consistent 

with the presence of the a single excitation peak at ~400 nm in the absence of oxygen and in the 

S101A variant of CHO (Figures 6.6-6.8). The likely candidate for a negatively charged group 

reacting with the C4a atom of the flavin was hydroxide ions present in the active site. As pH 

increased, the effective concentration of hydroxide ions increased prompting the formation of 

covalent bonds with the C4a atom of the flavin in the excited state yielding a C4a-hydroxy 

adduct.69, 70 Flavin-dependent photoreceptors that catalyze biological reactions in the excited 

state have shown to form a covalent bond with the C4a atom of the flavin with an active site 

cysteine residue.22, 24 Evidence for the flavin C4a-cysteinyl adduct formed between the two 

charged species, flavin C4a adduct and cysteine thiol group, were shown by spectral changes of 

the flavin and the formation of a single spectral peak at ~400 nm. In the absence of light, LOV 

domains have two characteristic flavin peaks at 375 and 447 nm which become shifted to form a 

single peak with λmax of approximately 400 nm once activated by light.24, 38 

The imidazole moiety and protein scaffold are essential in providing an environment 

conducive to ESPT in CHO. The pH-dependence on the fluorescence emission observed in the 

wild-type enzyme is no longer present in the H466Q variant and free FAD in solution consistent 

with a disruption in ESPT in the two latter cases. Addition of imidazole was proposed to mimic 

H466 as a catalytic base and restoring ESPT with the free FAD alone. However, fluorescence 

emission of FAD in the presence of a histidine analog did not restore ESPT as indicative by a 

pH-independent emission spectra in the presence and absence of imidazole. Fluorescence 
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experiments conducted on FAD in 1,4-dioxane revealed an influence of solvent polarity on the 

fluorescence spectra. Thus, the lack of ESPT with free FAD in the pH range tested was 

consistent with the flavin cofactor being in close proximity to the proton acceptor, H466, and 

constrained within the protein active site.68 In the lumichrome fluorescence studies and the 

current study, hydrogen-bonding interactions must be established in the ground state between the 

proton donor and acceptor, or flavin and H466/imidazole, prior to a proton transfer occurring in 

the excited state.66 Evidence for the hydrogen-bonding interaction comes from previously 

published spectral data conducted by Smitherman et al.11 and this study (Figure 6.2, Figure 6.5). 

Hydrogen-bonding interactions in the ground state were clearly disrupted when the histidine 

residue was mutated to a glutamine as observed in the near UV to visible absorbance region 

between 300-400 nm (Figure 6.5). Evidence for disruption in hydrogen-bonding interactions 

comes from the red shift in the excited state of H466Q from 450 nm to 469 nm. Hydrogen-

bonding interactions were also disrupted between the flavin and imidazole in 1,4-dioxane and the 

hydrophobicity of the flavin environment was altered. The red shift of the major peak observed 

in the excited state of FAD in 1,4-dioxane was indicative to an increase in hydrophobicity but 

not an ESPT.71  

In conclusion, ESPT were observed in CHO, a flavoprotein oxidase not classified as a 

photoreceptor, along with the formation of a C4a flavin adduct detected in the excited state. The 

flavin cofactor bound to CHO and H466 residue are both essential in excited state reactions 

occurring in CHO.  The flavin cofactor and nearby histidine were optimally positioned for both 

species to participate in acid-base catalysis in the excited state of the enzyme as evidence of the 

experiments conducted with free FAD in the presence of exogenous imidazole. The results 

presented in this study were consistent with three conditions required for ESPT to occur in a 
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flavin-dependent enzyme. This event was driven by the ability of a photolabile, flavin species to 

acquire the energy from photons (1) while being buried within the constructs of a protein active 

site (2). Finally, the proton acceptor must be a histidine residue positioned near the N(3) and 

N(5) atoms of the flavin (3).  Further investigations using fluorescence spectroscopy will be 

carried out in order to identify this phenomenon in other flavin-dependent enzymes. 
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6.7 Appendix 

Fluorescence spectroscopy experiments on additional flavin-dependent enzymes were 

carried out as a function of pL using the same protocol found in the text. The enzymes in the 

study include an additional CHO variant, H99N, glucose oxidase, glycolate oxidase, ᴅ-arginine 

dehydrogenase (DADH), H48F variant of DADH, and nitronate monooxygenase from 

Cyberlindnera saturnus. 

 

 

Table 6.6 UV-Visible absorption and fluorescence spectra maxima values of CHO variant enzyme, H99N, 

obtained at 15 oC. 

 

 

 

 

 

 

 

aReaction conditions are 20 mM NaPPi, pH 5.5-6.0, 9.0-10.5 and 20 mM NaPi, pH 7.0-8.0 with spectra 

measured in a 10 mm quartz cuvette. 

 

Table 6.7 UV-Visible absorption and fluorescence spectra maxima values of GO obtained at 15 oC. 

 

 

 

 

 

 

 

aReaction conditions are 20 mM NaPPi, pH 4.0-6.5, 9.0 and 20 mM NaPi, pH 7.0-8.0 with spectra measured in 

a 10 mm quartz cuvette. 

 

pH λGS, nm λex, nm λem, nm Stokes Shift, nm 

5.5 449 454 525 71 

6.0 451 452 522 70 

7.0 451 453 524 71 

8.0 451 453 524 71 

9.0 449 453 524 71 

10.0 447 454 528 74 

10.5 450 454 527 73 

pH λGS, nm λex, nm λem, nm  Stokes Shift, nm 

4.0 452 465 529 64 

5.5 452 466 527 61 

6.0 452 465 528 63 

6.5 452 464 533 69 

7.0 451 465 533 68 

8.0 455 456 536 80 

9.0 453 456 536 80 
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Table 6.8 UV-Visible absorption and fluorescence spectra maxima values of glucose oxidase, GO, obtained at 

15 oC in deuterated buffer. 

 

 

 

 

 

 

aReaction conditions are 20 mM NaPPi, pH 5.0-6.0, 9.0 and 20 mM NaPi, pH 7.0-8.0 with spectra measured in 

a 10 mm quartz cuvette. 

 

Table 6.9 UV-Visible absorption and fluorescence spectra maxima values of glycolate oxidase, GOX, obtained 

at 15 oC. 

 

 

 

 

aReaction conditions are 20 mM NaPPi, pH 5.0 and 9.5-10.1 with spectra measured in a 10 mm quartz 

cuvette. 

 

Table 6.10 UV-Visible absorption and fluorescence spectra maxima values of ᴅ-arginine dehydrogenase, 

DADH, obtained at 15 oC. 

 

 

 

 

 

 

aReaction conditions are 20 mM NaPPi, pH 6.0, 8.5-10.1 and 20 mM NaPi, pH 7.0-8.0 with spectra measured 

in a 10 mm quartz cuvette. 

 

 

 

 

 

 

 

pD λGS, nm λex, nm λem, nm Stokes Shift, nm 

5.0 451 455 517 62 

6.0 454 452 521 69 

7.0 454 451 527 76 

7.5 453 445 524 79 

8.0 455 451 527 76 

9.0 453 445 529 84 

pH λGS, nm λex, nm λem, nm Stokes Shift, nm 

5.0 451 454 526 72 

9.5 451 455 539 84 

pH λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 447 452 513 61 

7.0 448 453 510 57 

8.0 446 451 508 57 

8.5 446 452 508 56 

9.0 447 452 511 59 

10.1 447 452 511 59 
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Table 6.11 UV-Visible absorption and fluorescence spectra maxima values of ᴅ-arginine dehydrogenase, 

DADH, obtained at 15 oC in deuterated buffers. 

 

 

 
 

 

 

 

 

aReaction conditions are 20 mM NaPPi, pH 6.0, 9.0-10.0 and 20 mM NaPi, pH 7.0-8.0 with spectra measured 

in a 10 mm quartz cuvette. 

 

 

 

Table 6.12 UV-Visible absorption and fluorescence spectra maxima values of ᴅ-arginine dehydrogenase, 

DADH, variant, H48F, obtained at 15 oC. 

 

 

 

 

 

 

aReaction conditions are 20 mM NaPPi, pH 6.0, 9.0-10.0 and 20 mM NaPi, pH 7.0-8.0 with spectra measured 

in a 10 mm quartz cuvette. 

 

Table 6.13 UV-Visible absorption and fluorescence spectra maxima values of nitronate monooxygenase from 

Cyberlindnera saturnus, CsNMO, obtained at 15 oC. 

 

 

 

 

 

 

 

 

aReaction conditions are 20 mM NaPPi, pH 6.0, 9.0-10.0 and 20 mM NaPi, pH 7.0-8.0 with spectra measured 

in a 10 mm quartz cuvette. 

 

 

pD λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 447 454 513 59 

7.0 446 454 511 57 

8.0 446 454 511 59 

9.0 446 454 510 58 

10.0 447 452 511 59 

pH λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 445 453 512 59 

7.0 445 452 511 59 

8.0 446 453 511 58 

9.0 447 452 512 60 

10.0 447 454 515 61 

pH λGS, nm λex, nm λem, nm Stokes Shift, nm 

6.0 446 454 517 63 

7.0 446 458 517 59 

8.0 446 457 518 61 

9.0 445 457 518 61 

10.0 446 458 517 60 
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7 General Discussion and Conclusions 

This dissertation is focused on the biochemical and structural investigations of nitronate 

monooxygenases (NMO) and the roles of histidine residues in select flavoprotein oxidases. 

Mechanistic investigations of NMO have been carried out using pH, X-ray crystallography, rapid 

and steady-state kinetics, and UV-visible and time-resolved absorbance spectroscopy.1-3 These 

studies have allowed the mechanism for the oxidation of propionate 3-nitronate (P3N) by NMO 

to be proposed and further studied. Through choline oxidase (CHO) and its variants, histidine 

residues have been observed to hold multiple roles in enzyme turnover. The various roles of this 

amino acid have been investigated using site-directed mutagenesis, steady-state kinetics, pH and 

kinetic isotope effects, UV-visible absorbance, fluorescence, and circular dichroic spectroscopy, 

X-ray crystallography, and NMR.4-9 In addition, fluorescence spectroscopic studies were carried 

out on other select flavin-dependent enzymes, choline oxidase (CHO) and variants of CHO, in 

order to observe the influence of an active site histidine in the excited state. The findings from 

this dissertation provide insight on advances in the flavin field mechanistically and 

spectroscopically.    

NMO catalyzes the oxidation of P3N to products through a single electron transfer 

mechanism.(2) Formation of the Michaelis complex triggers a single electron transfer from the 

P3N substrate to the flavin cofactor forming the anionic flavosemiquinone.2 Once oxygen enters 

the system, two paths of reoxidation of the anionic flavosemiquinone have been proposed 

depending upon what species oxygen reacts with first.10 Oxygen in the triplet state can reoxidize 

the flavin first forming superoxide.2, 11, 12 Radical coupling between the superoxide and P3N 

radicals can produce the peroxy-nitro acid intermediate. Alternatively, oxygen could react with 

the P3N radical forming a superoxy-nitro acid. The anionic flavosemiquinone would be 
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reoxidized by donating the electron to the radical superoxy-nitro acid species forming the 

peroxy-nitro acid intermediate. Heavy isotope labeling and rapid quench analyses to trap these 

radical and peroxy intermediates would shed light on the oxygen reactivity path utilized by NMO 

to reoxidize the anionic flavosemiquinone.    

The crystal structure of the first eukaryotic NMO from Cyberlindnera saturnus (CsNMO) 

has been resolved to 1.65 Å. Solving the three-dimensional structure of CsNMO will allow for 

future site-directed mutagenesis of amino acid residues to elucidate their structural and kinetic 

roles during enzymatic turnover.(3) Resolving the structure revealed an allosteric binding site for 

a mixed activator, PEG. A random coil/loop was on the surface of CsNMO was identified in the 

newly resolved crystal structure occupied by a bound PEG molecule, a first for NMO enzymes. 

The study in Chapter III identified a pocket on the surface of the enzyme created by a surface 

loop held in position by lysine residue-derived salt bridge creating a binding site for a PEG 

molecule. Steady-state kinetics revealed PEG 3350 was a mixed activator of CsNMO with 

respect to P3N. Steady-state kinetics were measured with a second NMO enzyme, NMO from 

Pseudomonas aeruginosa (PaNMO), with P3N as substrate and yielded no effects on the kinetics 

in the presence of PEG 3350 in the reaction mixture. The discovery of a mixed activator of 

CsNMO may have implications on enzyme regulation in the cell. The source of the enzyme, 

Cyberlindnera saturnus, has been shown to produce polyols similar to ethylene glycol monomers 

of PEG to alter osmotic pressure within the cell.13 The presence of PEG bound to the surface 

loop on the CsNMO enzyme, albeit unknown to be a natural compound, may shed light on the 

physiological mechanism of the enzyme and future drug design or regulatory models. 

With a newly resolved crystal structure, residues in the active site of CsNMO have been 

proposed: A24, N77, F79, H147, Y321, Y325, and L348. Residues surrounding the isoalloxazine 
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ring of the flavin specifically include M23 A24, N77, H147, H276, and L348. Amino acid 

residues located near the xylene moiety of flavin isoalloxazine rings are typically hydrophobic in 

flavin-dependent enzymes.10, 14, 15  The hydrophobic C7 and C8 atoms are prone to being 

stabilized when surrounded by a hydrophobic environment (i.e. leucine, tryptophan, valine, 

phenylalanine amino acids).10 In structurally-resolved NMOs, a histidine-leucine pair (CsNMO) 

or tyrosine-tryptophan pair (PaNMO) were found in proximity to the C7 and C8 methyl groups 

of the flavin (Figure 7.1). The presence of leucine and histidine residues in CsNMO in lieu of a 

tryptophan and tyrosine in PaNMO may lead to larger differences in the mechanisms between 

these enzymes. Both members of the same class of enzymes, Y254 and W325 in PaNMO were 

fully conserved in all of the Class I NMO enzymes except CsNMO. Tyrosine residues located 

near the xylene moiety of the flavin cofactor have been shown to modulate flavin reactivity in 

numerous enzymes.16-19 Blue light receptors using FAD (BLUF) and photosystem II are two 

examples of proteins that contain tyrosine residues near the C7-C8 atoms of the flavin 

cofactors.17, 20, 21 These proteins catalyze single electron transfers in the excited state.17, 20-22 

Mutations of the tyrosine residue to phenylalanine, tryptophan and fluorinated tyrosine 

uncovered the importance of the amino acid in photoactivation of the flavin and the lifetime of 

the flavin excited state.17, 23, 24 The replacement of a tyrosine residue in the fungal CsNMO 

enzyme with a histidine residue may shed light on how the flavin redox is modulated in CsNMO 

and how the histidine residue might vary biological output, function, or product formation in 

comparison to the other NMO enzymes found in this class of enzymes.17 
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Figure 7.1. Active site residues of CsNMO (cyan, listed first) and PaNMO (green, listed second). FMN 

cofactors both shown in yellow. Taken from Chapter 3 of this dissertation. 

  

Another histidine residue that has been shown to modulate flavin redox potential is H466 

in choline oxidase from Arthrobacter globiformis (CHO). CHO is a model enzyme that 

demonstrates the multiple roles histidine residues can hold throughout catalysis such as 

electrostatic and general base catalysts and hydrogen-bonding interactions. Evidence for these 

three roles of histidine residues in CHO are derived from the pH effects, primary and solvent 

kinetic isotope effects, site-directed mutagenesis, UV-visible absorbance and fluorescence 

spectroscopy, NMR, and rapid and steady-state kinetics studies.4, 6-9 CHO catalyzes the oxidation 

of choline to glycine betaine through a two-step hydride transfer by activating the alcohol 

substrate to initiate catalysis.8 The findings in this dissertation are consistent with H466 

activating the choline substrate by abstracting the hydroxyl proton via general base catalysis.4 

Upon proton abstraction, H466 acquires a positive charged which, in turn, is used to stabilize the 

negative charge accumulated on the N(1)-C(2) locus of the flavin hydroquinone formed via 

hydride transfer from the alpha carbon of choline onto the N(5) atom of the flavin.9 Both solvent 

and substrate kinetic isotope effects, site-directed mutagenesis and steady-state kinetics from this 
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and previous studies are consistent with H466 being essential for both proton abstraction and 

stabilization of the transition state.8, 9 H466 may have a role in the oxidative half-reaction of 

CHO. The histidine residue would need to return to a neutral ionization state to participate in the 

next reductive half-reaction. Thus, H466 likely acts as a general acid donating the proton either 

to the solvent or oxygen to form hydrogen peroxide completing the enzymatic redox cycle.  

Histidine residues participate in catalysis in ground state reactions such as the case with 

CHO and choline as well as in the excited state. Studies from this dissertation have 

demonstrated, for the first time, the observation of excited state reactions (ESR) in CHO which a 

proton is transferred from the N(3) atom to the N(5) atom of the flavin via H466. Fluorescence 

spectroscopy monitored using a thermostatted spectrofluorometer has provided a simpler 

approach to study ESR in flavin-dependent enzymes by following the changes in flavin 

fluorescence emission as a function of pH. Photons from the Xenon lamp of the 

spectrofluorometer provided the energy to excite the flavin to a higher energy state. The pKa of 

the N(3) atom has been shown to decrease concomitantly with the pKa of the N(5) atom 

increasing. The ionization constants and dipole moments of the isoalloxazine ring have shown to 

be altered in the singlet and triplet states leading to ESR.25-30 This allows for a proton to be 

removed from the N(3) atom of the flavin and placed on the N(5) atom producing a positive 

charge on the C4a atom of the flavin.31-33 At basic pH (pH > 7), a single spectroscopic peak was 

observed in the excited state with λmax value of ~400 nm consistent with a C4a flavin adduct.34-37 

The increased concentration of hydroxide ions was due to increasing pH likely led to the 

formation of a C4a-hydroxy flavin adduct in which the negatively charged OH reacted with the 

positive-charged C4a atom on the flavin. The transfer of a proton in the excited state and 

stabilization of the charges accumulated on the ionized flavin formed after Step B in Scheme 7.1 
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are both facilitated by H466 in CHO as evident from fluorescent experiments with CHO variant, 

H466Q, as shown in Chapter VI. Consequently, the increase in effective concentration of OH- 

and the catalytic base, H466, due to basic pH shifted the equilibrium of the excited state flavin 

species to its ionized form that was susceptible to nucleophilic attack (Species formed after Step 

B in Scheme 7.1).38 Other flavin-dependent oxidase, such as glucose oxidase (GO), have an 

active site histidine residue similar in function and position to H466 in CHO.39 H516 in GO 

behaves as a catalytic base likely capable of facilitating ESPT in the active site of the enzyme. 

Future investigations on the pH-dependence of the fluorescence signals including computational 

studies on the ionization constants and dipole moments of the protein-bound flavin in the excited 

states of these flavin-dependent oxidases would shed light on ground state and excited state 

reactions within the same enzyme active site.   

 

 

Scheme 7.1 Schematic representation of excited state reaction in CHO-wt as taken from Chapter 6. 
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Chapter IV elaborates on a study that uses collaborative efforts of both computational and 

spectroscopy experimentations to provide evidence for a single water molecule being responsible 

for the integrity of the protein configuration. The identification of conserved water recognition 

binding motifs in Pin1-type proteins have shed light on the importance of water molecules in 

retaining structural components of proteins. The water molecule was not observed in the catalytic 

pocket of the Pin1 enzyme but located near the surface of the protein away from the active site. 

The amino acid sequence of Pin1 protein that was observed to be in close contacts with the water 

molecule was identified as having a secondary structure of a helix-turn-coil motif. In this study, 

the helix-turn-coil motif has been identified in more than 800 X-ray crystal structures. The 

prevalence of the motif in so many structures indicated the significance of a motif likely 

analogous to the calcium EF hand. The motif observed in the Pin1 protein was then isolated from 

the protein and synthesized in vitro and the secondary structure was studied. The secondary 

structure of the peptide was investigated without the remaining protein construct using circular 

dichroism spectroscopy. However, the helix-turn-motif secondary structure identified in the Pin1 

protein was not observed when the peptide was measured in solution without the remaining 

protein construct. It was not until the use of an additional stabilizer, trifluoroethanol, was the 

Pin1 peptide stabilized in the helix-turn-coil motif.  

In conclusion, this dissertation has provided insights into the mechanisms of Class I 

NMOs and CHO from A. globiformis and revealed for the first time excited state reactions in the 

active site of CHO. The importance of a histidine residue in having multiple roles to assist in 

enzyme catalysis has been established using the mechanistic investigations of CHO by means of 

steady-state and rapid kinetics and fluorescence studies. The recently resolved crystal structure 

of CsNMO provided mechanistic insights on a newly identified mixed activation mechanism 
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with P3N as substrate in the presence of PEG 3350. Fluorescence spectroscopic investigations of 

CHO and its variants (H466Q and S101A) offered new understandings in flavin reactivity in the 

excited state. The mechanistic and spectroscopic studies in this dissertation have laid the 

groundwork for future investigations on excited state reactions in flavin-dependent oxidases and 

allosteric studies on Class I NMO enzymes. 
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