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Abstract

Microplastics are of major concerns for society and is currently in the focus of legislators and administrations. A small

number of measures to reduce or remove primary sources of microplastics to the environment are currently coming into

effect. At the moment, they have not yet tackled important topics such as food safety. However, recent developments such

as the 2018 bill in California are requesting the analysis of microplastics in drinking water by standardized operational

protocols. Administrations and analytical labs are facing an emerging field of methods for sampling, extraction, and analysis

of microplastics, which complicate the establishment of standardized operational protocols. In this review, the state of the

currently applied identification and quantification tools for microplastics are evaluated providing a harmonized guideline for

future standardized operational protocols to cover these types of bills. The main focus is on the naked eye detection,

general optical microscopy, the application of dye staining, flow cytometry, Fourier transform infrared spectroscopy (FT-Ir)

and microscopy, Raman spectroscopy and microscopy, thermal degradation by pyrolysis–gas chromatography–mass spec-

trometry (py-GC-MS) as well as thermo-extraction and desorption gas chromatography–mass spectrometry (TED-GC-

MS). Additional techniques are highlighted as well as the combined application of the analytical techniques suggested. An

outlook is given on the emerging aspect of nanoplastic analysis. In all cases, the methods were screened for limitations, field

work abilities and, if possible, estimated costs and summarized into a recommendation for a workflow covering the

demands of society, legislation, and administration in cost efficient but still detailed manner.
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Introduction

The ubiquitous pollution of the environment with small plas-

tic particles (<5 mm) called microplastics (MP)1–4 has raised

concerns within societies and government. In the near

future, detection and quantification need to be addressed,

for example in drinking water in California, in the United

States of America5,6 until 1 July 2021. Such bills require

fast and reliable count and polymer type assessments with

short processing times. Currently, the analytical procedures

available are still being developed and refined (see Lusher

et al.7 and Brander et al.,8 in this special issue).

In the scope of these efforts, analytical identification

methods are examined regarding their potential to fulfill

the demands for legislation and analytical labs in a harmo-

nized manner. This review critically assesses optical identi-

fication methods (naked eye identification, visual

microscopy, fluorescence microscopy, and flow cytometry)

and chemical identification/quantification methods (Fourier

transform Infrared (FT-IR) and Raman spectroscopy, as well

as pyrolysis–gas chromatography–mass spectrometry (py-

GC-MS) and thermo-extraction and desorption gas chro-

matography–mass spectrometry (TED-GC-MS)) together

with selected chosen further techniques. A guideline to

provide the necessary harmonization in the given time

frame is determined. This includes methods ranging from

low cost towards higher analytical demands to measure MP

in an effective way by field laboratories and governmental

institutions while maximizing information for risk

assessment.

In the following sections, each technique is shortly

described and screened by experts of the field with focus

on the following questions: limit of detection (LOD; par-

ticle size or mass), approximate costs, expenditure of time,

and fieldwork capability.

Optical Identification Methods

Naked Eye

Naked eye identification for MP is one of the easiest and

cheapest techniques to collect data on plastic pollution.

Here, samples are collected from an environmental

system and may be sieved or separated by density first.

Then plastics are manually selected from the sample by

eye and quantified. However, naked eye identification may

not be appropriate for all scientific questions.

Important considerations for sample collection include

the following: (i) Samples from the environment need to be

gathered in a way that maximizes the amount of visible

plastic in them (Fig. 1b). (ii) Large particles are in low abun-

dance, so samples should be highly aggregated (in streams

on the order of multiple cubic meters of water (Fig. 1a). (iii)

The range of particle sizes that can be accurately quantified

using this technique is determined by the size range

between the aperture and mesh size (Fig. 1c).

To apply the naked eye sorting technique, the sample

needs to be preprocessed, sorted, and quantified. The

sample does not necessarily need an extraction step by

matrix digestion or density separation, though in the case

of very large samples they are recommended.9,10 A team

can usually sort any visible plastics from the matrix by hand

and it is advised to use forceps to remove the smallest sizes

of plastics.10 To sort the sample, three containers are

needed: one container for the field sample, another con-

tainer for the nonplastic materials that have been thor-

oughly inspected, and the third container for the found

plastic materials.

Removing the nonplastic materials from the field samples

eases the sorting and helps to reduce the size of the com-

bined matrix. Sediment samples can be shaken to rise plas-

tics to the surface. After the particles are extracted, they

can be weighed,11 photographed,10 measured for their

dimensions, and assessed for their shape, color, and texture

characteristics (covered in depth in Cowger et al.,12 within

this special issue). The naked eye sorting technique can also

be easily deployed in the field, using a field scale and/or

photogrammetry. Yet the accuracy of field scales often

does not allow precise measurement for small MP, which

can weigh fractions of grams or less. Harmoniously, an

image of the particles can be taken in presence of a mea-

suring scale and the particle dimensions can be measured

using an image processing software to quantify the particle

projected surface area.13 In total, the necessary equipment

for field sampling and lab sorting costs around US$200 for

buckets, camera, and sieves while a scale (�US $500) will

be the most expensive part.

Limits of Detection. The minimum particle size observed

in the presented preliminary study was 1 mm. However, the

study can only accurately determine particles larger than

the mesh size of the net (5 mm). This is apparent in the

decrease in particle counts observed below 5 mm (Fig. 1c).

A 1 mm threshold for naked eye was proposed by Zhang

et al.14 and we agree with this limit as long as the mesh size

is less than or equal to 1 mm. Similarly, the maximum par-

ticle size captured by the Gray Lab was constrained by the

net aperture (500 mm) (Fig. 1c). Whenever a mesh and

aperture are applied to sort or collect a sample, it should

be made clear that only particles larger than the mesh size

and smaller than the aperture are targeted (Figs. 1a and 1c).

Limitations. For assessing risk of larger plastics, which

have been found to harm sea turtles and whales,15 this

method may be better than traditional microplastic

survey methods. However, for application in laboratories

or risk assessment like food safety, this technique reaches

its limits quite quickly as it only can determine particles to a

minimum of 1 mm. The naked eye method should not be

used without chemical identification for the smallest size

class (1–2 mm) because there are large error rates for

visual identification of particles smaller than �2 mm in

size but lower error rates above �2 mm.16

Primpke et al. 1013



General Light Microscopy

The use of light microscopy to visually examine plastic par-

ticles is one of the most commonly used identification

methods in MP studies. It has been utilized in almost

every type of environmental sample studied in the literature

including water,17–22 sediment,23,24 soil,25,26 marine and

freshwater organisms including fish,27–29 commonly

ingested food items such as table salt,30 atmospheric depos-

ition including street dust,31,32 and wastewater treatment

plant influent, effluent, or sludge.25,33 These techniques

have been employed in studies completed across the

globe and adapted for numerous laboratories.

Light microscopes (optical microscopes, binocular

microscopes)22,23,29,31,33 and dissecting microscopes

(stereo microscopes) are commonly used for this tech-

nique.17–21,24,26,28,30,32,34 Optimal visualization of plastic

particles uses a microscope with an external light source

(see Fig. 2) in order to retain the 3D shape and color of

suspected plastic particles to aid in visual identification.

Light microscopy is often paired with an extraction

protocol in order to isolate plastic particles and eliminate

false positives. For larger particles (�500 mm), studies35

suggest separating the sample into fractions in which the

larger particles are directly visually identified, while the

fraction containing the smaller sizes (<500 mm) undergoes

further sample extraction. Additionally, almost all studies

that rely on, or apply, light microscopy outline a basic set

of guidelines for visual MP identification. Visual guidelines

include bright and unnaturally colored particles that are

homogeneously colored, fragments with sharp geometrical

shapes, shiny surfaces, and featureless fibers with a consist-

ent width. Physical and tactile guidelines include the particle

holding its shape or stretched when poked, melting at high

temperatures, and resistance to easy breakage. Here, the

so-called poke test or hot needle test is used to confirm

potential plastic particles; however, this is limited to large

microplastics, likely above 100 mm or 500 mm.36–38 Many

studies either outline the guidelines used for particle selec-

tion within their methods or cite a previous study whose

guidelines they were followed.17–19,21–25,30,31 It is impera-

tive that all future studies utilizing light microscopy have

reported guidelines for the visual identification of MP par-

ticles (Cowger et al.39). Once the MP particles have been

identified, most studies categorize the suspected particles

by size classes, MP shape, and/or particle color. Most stu-

dies categorize MP particles into six common types, includ-

ing fragments, pellets, fibers and line, films, foams, and

beads. The used size classes vary widely between studies

due to the detection limit of the study and the different

sieves used to size fractionate the samples.

The benefit of light microscopy in MP detection studies

is that it is relatively cheap, since most laboratories are

equipped with an appropriate microscope. These micro-

scopes cost �US $500–2000 and can be combined with a

microscope camera (�US$200–1000) to assess the par-

ticles manually or with the help of different types of soft-

ware such as Histolab20,32 or ImageJ,25,30 some of which

may add additional costs but can help reduce the expend-

iture of time for particle counting. Further, glass fiber (GF)

or polycarbonate (PC) filters can be used which cost

around US$1–2 per filter. This is cost effective compared

to other methods requiring costly filter types like aluminum

oxide or metal-coated PC filters. All other necessary

devices like glass Petri dishes (�US$10 per dish) for stor-

age, filtration units, wash bottles, and forceps (�US$150 in

total) are low cost as well. Individual filters can be pro-

cessed within an hour working time depending on the

Figure 1. (a) This sample was collected using a 5 mm mesh with a 500 mm aperture net lowered from a bridge in Southern California.

(b) Given the abundance of visible plastic, this sample is a good candidate for naked eye identification. (c) Violin plot (kernel density

function) with centered boxplot of particle size observed by the Gray Lab during the full sampling season using this technique. Particle

size is a normalized length computed using the square root of the particle’s projected surface area.
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filter size, sample type, size class of interest, and density of

MP and other nonplastic materials. This is a relatively quick

method compared to commonly used chemical analytical

techniques, where polymer type identification of one par-

ticle alone can range from a few seconds to nearly an

hour.40,41 Because of the efficiency of this method, it can

be used as a fast pre-screening tool for chemical analytical

techniques. Moreover, this method has good fieldwork cap-

ability as boats and larger research vessels can accommo-

date microscopes on board and field microscopes are

available to directly screen samples on site.

Limit of Detection. Current limits range from

�5002 mm,28
�250mm,19

�100 mm,20 and �50 mm.26,32

Recently, MP particles were visually identified down to

7 mm42 and 3 mm22 with a strict exclusion protocol to

avoid false positives22 or validation by spectroscopic analy-

sis.42 However, most studies have a lower detection limit of

>100mm and reach the upper size limit of MP at 5 mm in

size.17,18,20,28,30 The lower detection limit of light

microscopy is connected to sampling and processing con-

straints (see Dye Staining section below), to the difficulty in

following commonly used visual guidelines for small par-

ticles (<100 mm), and to the magnification of the used

microscope. As such, with decreasing size, especially

below 20 mm, the appearance or debris features (organic

structures or shiny surface) are harder to determine from

other items present in environmental debris (personal

observation).

Limitations. In many cases, light microscopy can be used

without complex extraction methods, and researchers can

be quickly and easily trained to visually identify MP.

However, the number of MP in a sample is commonly

biased due to the difficulty of identifying non-obvious plastic

particles from similar looking organic particles. This par-

ticularly applies to black, white, brown, and clear particles,

which are encouraged to be eliminated because they do not

represent bright or synthetically colored debris as outlined

in selection criteria above thus leading to

Figure 2. Visual examination of microplastics using a compound microscope. (a) Light microscope with external light source and

camera attachment. (b–d) Microplastic fragments and fibers between 63 and 500 mm in size as visualized at 40� total magnification.

Microplastic from the urbanized waterways in Long Beach, California, as seen in Wiggin and Holland.22
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uncertainty.17–19,21–25,30,31 Additionally, light microscopy

cannot identify the polymer type in order to validate sus-

pected MP. Currently, this can only be reliably achieved

through chemical analytical techniques, such as FT-IR and

Raman spectroscopy.17–19,23,29,33,43–49 Although this valid-

ation step allows for more confidence in the identified

MP particles, many past studies that manually presort par-

ticles using light microscopy fail to eliminate the researcher

bias towards large and brightly colored MP. However,

recent studies are adopting particle mapping software in

order to further reduce this bias (see the respective sec-

tions below).

Dye Staining

Commonly employed MP detection techniques such as

spectroscopic analysis (e.g., FT-IR or Raman, discussed

later in this review) can often require researchers to manu-

ally preselect particles for analysis due to the technical limi-

tations of available instruments. This makes the process

costly in terms of working time and the results are poten-

tially affected by researcher bias. These issues are pro-

nounced in the detection of smaller sized MP (<100 mm)

that may not be distinguished with a light microscope and

are hard to manually select for further analysis.41 Several

solutions are currently available to aid with these limita-

tions like particle finder mechanisms40,48,49 or imaging sys-

tems,50–53 but increase the cost for the spectroscopic

instruments. As an alternative, the use of MP dyes or

stains act as a cost and time effective method that has

the potential to reduce researcher bias and include smaller

MP54 in count data.

The hydrophobic fluorescent dye Nile red (NR, CAS-

7285-67-3) is the most used stain in MP studies. It was

originally used as a lipid stain for animal cells,55 microorgan-

isms, algae, chitin, wood lignin, and natural and semi-syn-

thetic fibers (e.g., cotton and rayon).22,56 Therefore, it is

essential that NR in environmental MP studies follows vali-

dated digestion protocols for organic materials. NR staining

was first suggested for use in MP detection by Andrady57

and was subsequently validated for its ability to stain vari-

ous MP polymer types. It now has been used in the detec-

tion of MPs extracted from environmental water,22,56,58

atmospheric deposition samples,54 beach sand,56,58 drinking

water,59 aquatic sediment,60,61 and marine species

tissue.62,63

Using the NR procedure, polymers of interest or MPs

extracted from environmental samples are filtered onto a

membrane, incubated with a NR solution, the solution

removed through filtration, followed by washing steps, or

by evaporation. It should be noted that it is currently

unclear whether letting solvents evaporate during the NR

staining process (rather than filtration with filter washes)

leads to unforeseen background noise due to NR residues

on a chosen filter or residue on nonplastic particles.

Regardless, once stained the filter is visualized through

fluorescent or other imaging techniques and finally analyzed

through manual counting or automated particle recognition

of stained particles. Filters can be assessed in a short period

of time as they can be photographed and counted either

manually (0.5–1 h per filter) or by automated systems

(>10 min per filter).

Application in the field is limited compared to simple

light microscopy, due to the need for extra equipment

and hazardous chemicals. In addition, the staining method

(�US$9 per filter) increases the costs over general light

microscopy due the purchase of the dye and additional

solvents in combination with instrument costs depending

on the microscope and type of illumination used. Costs of

illumination equipment range from under US$2k for a single

wavelength device (e.g., Crime-Lite FosterþFreeman or

Orion Lite, Evident; wavelengths between 450 and

510 nm) up to �US$50k–150k if using a scientific fluores-

cent microscope that is not already available at a facility.

Limit of Detection. With this technique, detection limits

from �300 mm,60,63,64
�20 mm,56

�6.5mm59 and �3 mm22

have been reported. have been reported. Detection limits

are rather caused by differences in sampling, processing, or

detection protocols than by limits of NR. For example,

Mason et al.59 assessed MP in bottled water using NR

and assessed MP numbers using an automated counting

method able to detect particles down to 6.5mm. Fischer

et al.60 sampled lake water using a manta net with a 300 mm

mesh size, and Wiggin and Holland22 collected whole ocea-

nic and estuarine water samples and filtered onto 3 mm PC

filters before staining. Overall, as MP size of interest is

decreased, the time needed and the cost associated with

one sample due to the clogging of filters and potential

occlusion of smaller MP are increased. Thus, samples may

need to be separated on to several filters. In addition, there

appears to be an increase in potential contamination

sources for MP in the smaller size classes, which will

depend on a given processing facility,22 thus increasing pro-

cessing time. As the field of MP detection and MP regula-

tory frameworks grow, size classes detected will need to be

standardized, especially as concerns over the smaller MP

(<100 mm) increase due to their dominance in environmen-

tal samples.65

Limitations. Considerable research has been done to val-

idate methods used before staining, for staining with NR

and post staining visualization protocols. Before staining,

validated digestion protocols are mandatory to reduce

the detection of false positives (e.g., cotton). Digestion

protocols use 15% to 35% hydrogen peroxide (H2O2) for

various incubation periods (7–24 h),24,56,58 sodium hypo-

chlorite (6–14%; used at 0.15:1 v/v ratio),54 iron(II) sulfate

(FeSO4) with 30% H2O2,
61 or Corolase7089 enzyme62 or

potassium hydroxide (�168 g/L working solution) with

sodium hypochlorite (6–14%)63 or for tissue digestion. To

avoid degradation, H2O2 concentrations may need to be
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limited to 15%22 and temperatures should not exceed

70 �C when using FeSO4 and H2O2. Additionally, nitric

acid should be avoided for biogenic degradation as it may

affect pH-sensitive MPs such as polystyrene (PS).56

Digestion protocols may not completely degrade some

types of organic material. For example, chitin is common in

environmental samples and may not be fully degraded

during H2O2 digestion, can be stained with NR, and fluor-

esces under red excitation emission wavelengths (ex.

565 nm/em. 630 nm). However, chitin exposed to H2O2

digestion protocols does not fluoresce under green excita-

tion emission wavelengths (ex. 460 nm/em. 525 nm).56 Also,

NR-stained particles fluoresce under multiple excitation

wavelengths, where for example Wiggin and Holland22

showed that synthetic fibers stained with NR partially fluor-

esce under fluorescein isothiocyanate (FITC) or fully fluor-

esce under both tetramethyl rhodamine iso-thiocyanate

(TRITC) and 4’,6-diamidino-2-phenylindole (DAPI) chan-

nels. However, nonsynthetic and semisynthetic materials

also fluoresce under the DAPI and TRITC channels but

not the FITC channels (Fig. 3). Thus, to eliminate potential

false positives, this and other research56,58 support the use

of green wavelengths, such as FITC, for visualization of NR-

stained MP. Since FITC may limit the detection of MP

fibers,22,56,58,59,66 additional studies have used the Crime-

Lite (450–510 nm; Foster Freeman), or similar sources, to

aid in detection.59,66

For staining, filter choice can be important to reduce

background noise while maintaining solvent compatibility.

The PC filters have been used by numerous researchers

and worked best with a NR stock prepared in acetone

and diluted to a working solution of 5–10 mg ml�1 in n-

hexane with an incubation time of 30 minutes,22,58 after

which the fluorescent intensity plateaued. Other studies,

using cellulose-based filters, have suggested that NR dis-

solved in chloroform (1 mg ml�1) provides increased recov-

ery rates compared to a n-hexane NR working solution;

however, this work demonstrated that the chloroform par-

tially degrades PS.64 Additional studies have been done with

PC or cellulose nitrate filters and NR dissolved in metha-

nol56,62 but Shim et al.58 demonstrated that methanol might

not be compatible with PC filters.

With the outlined methods, NR has been shown to

effectively stain polyethylene (PE), polypropylene (PP), PC,

high-density polyethylene (HDPE), low-density polyethyl-

ene (LDPE), polyurethane (PUR), expanded PS (EPS), poly-

ethylene-vinyl acetate (PEVA), and nylon 6. Conflicting

results exist for poly(ethylene terephthalate) (PET) and

poly(vinyl chloride) (PVC), and NR does not stain tire

rubber.56,58,64 Polymer-type staining may be dependent on

MP size and NR solvent.58,64 However, a major drawback of

NR is that it does not identify polymer type. Different poly-

mers stain with varying intensity, suggesting that NR may be

useful for defining basic polymer categories (i.e., polymer

polarity).58,66 As such, numerous studies have validated the

detection of MP with NR showing that the use of the stain

leads to strong recovery rates of known polymer types

spiked into environmental matrices,22,66 especially for par-

ticles above 100 mm. The use of NR has been found to

lower the detection rate of false positives, compared with

Figure 3. Natural, semisynthetic, and synthetic material stained with Nile Red and visualized using a DAPI (excitation 325–375nm,

emission 435–485), FITC (excitation 460–500, emission 535LP), or TRITC (excitation 540–580, emission 600–660) filter cube on a

fluorescent microscope. Materials stained and visualized using the protocol outlined in Wiggin and Holland22 and viewed at a total

40�magnification.
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the light microscope alone, when suspected plastic items

are assessed using FT-IR or Raman spectroscopy subse-

quent to detection.21,66

Other dyes have been considered for use in MP detec-

tion. However, NR is superior due to its ability to adsorb to

plastics and its elevated fluorescent intensity relative to MP

staining with Oil Red EGN, Eosin B, Rose Bengal, and

Hostasol Yellow 3G.66 Research has suggested that Rose

Bengal displays a marked advantage over NR, because it

may allow the color of MP still to be assessed, which may

be lost when using the fluorescent dye NR. However, these

findings are inconsistent in the literature, where some work

shows that Rose Bengal can alter the color of PS

and PVC.67

Flow Cytometry

Flow cytometry was originally utilized for counting and

sizing cells to monitor growth, degradation, or aggregation

processes. The sample is diluted by a sheath fluid and trans-

ported into a flow cell. Here, the cells or particles scatter

light from a laser beam and are counted based on changes

in the optical signal in a forward or side scattering angle. A

variety of lasers and detectors may be combined in one

instrument to analyze selectively stained samples. It is pos-

sible to differentiate sample components or regions in cells

with specific dyes. This way, their size, quantity, and distri-

bution are accessible, especially when combined with a

strong camera for imaging. Typical size ranges of analyzed

objects are between 0.5 and 40 mm, with 104 counts per

milliliter.

Only a few studies have analyzed environmental samples

containing MP using this technique. One study examined

the effect of PS MP beads with defined sizes on algae photo-

synthesis and growth by monitoring cell growth and PS

concentrations with flow cytometry.68 In a different appli-

cation, size and fluorescence intensity of aggregates formed

through the interaction of PS beads and exopolymeric sub-

stances were investigated.69

Another study reported the identification of a small clus-

ter of particles in a flow cytometry plot of stream biofilms

from Rhine waters.70 An advanced flow cytometer with

separation function (MoFlo) then collected the particle

fraction containing the cluster particles. Scanning electron

microscopy coupled with energy dispersive X-ray spectros-

copy (SEM-EDS) was applied for imaging the collected par-

ticles and determining the elemental composition of the

material, giving further indication, but not proof, of polymer

identity.

Staining of MP with NR before flow cytometry has been

proposed but not developed into a commonly applied

method.56–58,66 Basic flow cytometers range from

�US$50k upwards, depending on the choice of optical

components. Measuring times depend on sample concen-

tration, with single runs for particle counting approximately

lasting between 2 and 30 minutes. However, the method

works best with few defined size populations and is not

validated for analyzing polydisperse particle samples.

Another approach for analyzing particles and cells in the

range of 2 mm to 1 mm in flowing solution is flow imaging.

Here the diluted sample is monitored by a camera system

combined with a microscope unit and every passing particle

is photographed (Fig. 4). With the help of image analysis

software, size parameters are available together with count

numbers. Numbers of plastic particles released from

household water kettles during boiling were counted this

way.75

Flow imaging is more expensive than flow cytometry

with prices starting at US$130k. However, its big advan-

tages are that (i) it visualizes and counts single particles

with options of later validation and correction of counts

in cases where bubbles were detected, and (ii) there are

mobile versions that can be moved into the field.

Association with other particles or coiling of long fibers

may hamper size determination of the single particle in

both techniques, so that pre-filtration and purification

may be necessary prior to analysis.

Combining flow cytometry and imaging with spectro-

scopic identification provides several benefits. The first

two provide information on particle sizes, possible aggre-

gation, and particle content of liquid samples.75 In the case

of imaging, even shapes are visible (Fig. 4). With particle

Figure 4. Flow imaging of a sample for particle size determin-

ation and counting to calculate filter coverages for spectroscopic

analysis.71–74
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areas determined from the images, sample preparation can

be optimized for later spectroscopic identification on fil-

ters. They are the basis for calculating the necessary

volume of sample to obtain a monolayer of particles with

an interparticle distance sufficient for spectroscopic

analysis.71–74

Chemical Analysis Methods

The chemical identification of the basic polymers of MP is

crucial for many types of studies like ecotoxicological risk

assessments, since in addition to the effect of plastic par-

ticles interacting with biota, the chemical nature of the

plastic particle may also be a threat. For this purpose, sev-

eral analytical techniques are available. In general, two types

of chemical analysis methods are applied for the identifica-

tion of MP. (i) In spectroscopy, the sample is targeted with a

beam of specialized light like infrared (IR) sources for FT-IR

or lasers for Raman resulting in spectra which are fur-

ther analyzed. (ii) For thermal degradation, the sample is

heated at defined conditions giving characteristic decom-

position products. These are usually further analyzed

using GC-MS.

FT-IR Spectroscopy for Microplastic Analysis

The investigation of material and chemicals using FT-IR has

been commonly applied in chemistry and material sciences

for several decades and is a routine measurement for qual-

ity control in these fields. By IR light, the chemical bonds

between the atoms within a molecule are excited causing a

reduced transmission of light specific to the needed energy

for this process. As every chemical contains different bonds

and has a different chemical constitution, these spectra rep-

resent a fingerprint of the substance. Using a library search

or other chemometric analyses, an unknown substance can

be identified (Fig. 5). A detailed discussion on these data

analysis methods was reviewed within this special issue.12

The spectra can be measured via two general principles,

transmission and reflectance FT-IR. In short, transmission

FT-IR analyzes the interaction of the IR beam after full pene-

tration of the sample. This has the advantages that the full

material spectrum is collected but is prone to total absorp-

tion, which either yields the loss of spectral details or

blocks the complete beam. In reflectance, the IR beam

hits the sample, is reflected, and collected again. This type

of measurements mainly investigates the surface of the

sample and cannot be hampered by total absorption, but

the surface needs to be able to reflect the beam. If applied

on reflective surface such as a gold-coated mirror or filter, a

measurement in reflectance–absorbance can be performed

which yields spectra similar to transmission.

Both types of measurement are available in most instru-

ments, either as a component in the measurement chamber

for single measurements or combined with microscopes

allowing measurements of single particles and surfaces

(mFT-IR). Microscopes can be combined with focal plane

array (FPA) detectors79 which allow the measurement of

several thousand spectra within one measurement.

On surfaces, attenuated total reflection (ATR) can be

applied. Here, a crystal is pressed onto the surface of the

material and target by the IR beam. At the interface of the

crystal, the beam is mainly reflected, but a small part is

interacting with the tested material resulting in an IR spec-

trum. This technique is either available as handhelds,80 for

single particles or introduced into microscopes.

The current application of FT-IR in MP research was

determined by a literature review conducted via Web of

Science, completed on 1 May 2019, with the search terms

‘‘microplastic FT-IR, microplastics FT-IR, microplastic infra-

red, microplastics infrared, microplastic analysis review,

microplastics analysis review’’ and additional terms for

environmental sciences journals ‘‘microfiber FT-IR, micro-

fiber infrared, microfiber review’’ resulted in 258 articles, of

which 211 were research articles, 41 reviews, and six of

other types. After careful investigation of the reported

Materials and Methods and consideration of the focus of

this review (environmental samples), 161 articles were

chosen for further calculations on use of FT-IR for the ana-

lysis of MP. Further technical advancements published later

to this date were also included into the text but excluded

for the mentioned calculations to exclude a bias.

In the reviewed studies, FT-IR was performed either by

measuring single particles,16,54,59,81–150 via handheld FT-

IR,137,151 by a fiber optic,152 by using mFT-

IR,18,29,35,42,51,78,100,153–212 by applying both techniques on

separate instruments,40,50,53,66,73,78,213–224 or referenced to

other publications.225 Larger single particles were ground

with potassium bromide (KBr) for transmission measure-

ments, targeted via diffuse reflection, or by ATR measure-

ments. For mFT-IR, the particles were sorted onto IR

transparent slides/windows, placed into compression cells,

concentrated onto membrane filters, or placed onto

reflective slides to measure either each single particle or

perform a chemical mapping of the surface.

In the recent years, the number of studies using visual

identification followed by chemical analysis has increased

and it has been recently recommended by the Joint

Group of Experts on the Scientific Aspects of Marine

Environmental Protection (GESAMP)226 to chemically iden-

tify any particles smaller 1 mm. For the investigated studies,

a chemical identification was performed by 47% for all

investigated/visually identified particles. Further 41% of

these studies identified the polymer type for at least a frac-

tion of the sample while 12% did not provide enough infor-

mation. In addition, 7% combined their studies with method

evaluation and validation.

Single Selected Particles. Visual presorting was mainly used

for particles with sizes larger than 200–300mm. Here,

single particles were commonly preselected for chemical
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evaluation. Depending on the study, a general separation

between MP into a larger and lower size fraction is per-

formed to reduce the expenditure of time for sample pro-

cessing of the smaller size fraction.35 Typically, such a size

fractionation was performed at 500mm.35,40,71–74,161,203,213

Attenuated total reflection FT-

IR16,29,54,59,83–85,87,88,91–93,95,99–149,154,157,158,162–165,215,219,220

was used by 58% of the overall studies, especially for larger

particles, as it is most cost efficient, since no sample prep-

aration (e.g., transmission) or difficult mathematical correc-

tions (e.g., pure or diffuse reflection196) are required. Other

than the initial cost of the ATR unit, only a cleaning solution

for the crystal is necessary, while for transmission and reflec-

tion more consumables may be required.

Only reflection is fully nondestructive,196 while ATR may

harm or destroy particles due to the pressure applied and

for common (KBr window)150 transmission FT-IR, the par-

ticle needs to be destroyed to prepare suitable samples.

Still, the working time per particle is high, as each particle

has to be measured individually (approx. 2 to 3 minutes per

particle). Measurements can be performed on bench top

instruments available starting at US$25k from several

manufacturers. These come along with options to measure

MP using ATR, transmission, or reflection FT-IR mode.

Spectral analysis normally follows by library searches227

via spectral correlation or other approaches.228,229 (See

also Cowger et al.,12 in this special issue for more details.)

Handheld FT-IR spectrometers151,230 allow a direct meas-

urement of plastics in the field, but are more expensive than

the benchtop FT-IR systems. These techniques require the

particles handled by the operator and are commonly lim-

ited to particle sizes of 300–500mm.

mFT-IR Measurements of Selected Particles and

Imaging Techniques. Using a microscopic

coupled ATR,29,154,157,158,162–165,215,219,220 reflec-

tion53,167,188,196,199,200,205,224,231 and transmission

FT-IR51,155,172,178,180,182,186,190,191,197 can be applied on par-

ticles sorted onto slides,29,187 compression

cells,29,173,181,198,215 windows,209 meshes,232 or various

filter membranes (see below). By visual selection of the

particles, a measurement can be performed with relative

ease. Still, some limitation needs to be considered:

Microscopy-based single-particle ATR has high measure-

ment times and poses the risk of sample contamination

Figure 5. (a) FT-IR spectra of an identified particle using FT-IR imaging by use of the free software siMPle52,76,77 found on the sample

RefEnv2.78 (b) False color image of the filter area of filter RefEnv278 after automated analysis and image analysis.52 Reproduced from

Primpke et al.78 (CC BY 4.0).
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or loss. Transmission-based microscopy may shows total

absorption for large or thick particles. Reflection-based

microcopy needs good reflection properties and is less suit-

able for small or dark-colored particles.

Particles< 500 mm are often concentrated onto mem-

brane filters, slides, and windows made of IR transparent

or reflective materials. Filter materials were tested for the

applicability.51 It was found that aluminum oxide filters were

the only ones suitable for transmission measurement with a

broad range available for FT-IR measurements (for details

see Löder et al.51). In recent studies, aluminum oxide fil-

ters35,51,52,71,73,74,78,161,192,193,213,233,234 were widely used

but also metal covered PC filters40 (also suitable for

Raman) and silicon membranes159,185 were reported.

Other studies work with slides,53 or windows made of IR

transparent materials.76,203,235

Independent of the filter materials, the particles need to

be identified. Three options are available: preselecting the

particles by chemical imaging of the entire filter surface,51,53

pre-counting via (automated) particle finder mechan-

isms,163 or visual identification on the filter surface.177,199

For visual identification and particle finding algorithms, the

particles need to be well separated, which is often challen-

ging for environmental samples. Typically, just a small frac-

tion of the extracted sample can be placed onto the filter/

slide.40 Otherwise groups of small particles may be misi-

dentified as larger particles or particles are missed due to

researcher bias. As mentioned above, the combination with

staining techniques may enhance the identification rate and

reduce researcher bias.

Using chemical imaging (FT-IR imaging), all particles can

be addressed independently if they are in close proximity to

each other but the number of spectra that need to be

measured is significantly higher. Using mercury cadmium

telluride (MCT) detectors is possible, but time-consuming

for large filter areas.50,167 FPA detectors were utilized for

analysis of these large areas51,53 and have been used in

several high detailed studies of MP present in different eco-

systems and waste management systems (e.g., Lorenz

et al.,72 Liu et al.,76 and Vianello et al.235). Furthermore,

automated analysis of the large data sets generated by

FPA devices is available,52,76,77,234 and freeware tools

were recently released reducing the working time and

costs for analysis.77

The time needed to scan an area of 14� 14 mm by FT-IR

imaging is currently 4 h with a pixel resolution of �5.5mm

(128� 128 FPA)76 or �11 mm (64� 64 FPA).236 Data ana-

lysis time by spectral correlation for 1.8 million spectra

depends on the used software and ranges from 48 h

(Bruker OPUS) down to 4 h (siMPle)233,77 on the same

computer. Subsequently, the resulting data can be further

analyzed for particle and fiber numbers using automated

analysis tools.52,76–78,234 These tools are using extended

data analysis together with image analysis based on either

the resulting combined hit quality for a polymer type52,78 or

based on the calculation of a weighted hit quality and recon-

struction using threshold.76 For the first variant, the image

analysis was extended for the differentiation between par-

ticles and fibers.234 Alternatively to spectral correlation, an

approach was recently published using classifiers237 instead

of spectral correlation, but is currently limited to six poly-

mers. One set of these tools52,78 was already used in a

harmonized manner on a large variety of different environ-

mental matrices.40,71–74,77,213,233,236

The costs for particle finder systems start at approxi-

mately US$100k–125k for a system with a typical LOD of

20–25mm while FPA-based systems start at around US$200–

250k per system with a typical LOD of �10mm. Depending

on the type of detector used for analysis, liquid nitrogen

supply may be necessary. For FPA systems, it is mandatory

and increases the cost per measurement. The overall time

demand for one sample depends on the system and

method used, the targeted resolution (e.g., by using binning

on high-resolution lenses)51 and the data analysis. Of

the filters available on the market, aluminum oxide

filters were the cheapest option (�US$5–20 per

filter),35,51,52,71,73,74,78,161,192,193,213,233,234 and metal-coated

and silicon filters40,159,185 are more expensive (�US$20–50

per filter) while the price for FT-IR transparent win-

dows76,203,235 is driven by the chosen diameter (�US$50–

100 per window). The drawback of using aluminum oxide is

the wavenumber limitation towards 3600–1250 cm�1 com-

pared to other filter materials (3600–900 cm�1 for FPA, even

lower for MCT) which yields more spectral information in

the fingerprint region.51 Still, it was found that a minimum of

32 polymer types can be spectral separated using aluminum

oxide filters with relative ease.78

Limitations. Using FT-IR is a good compromise between

time demand and level of detail needed to address MP con-

centrations in different sample types. Due to the

often mandatory sample preparation for all spectroscopic

tools to identify small MP, it is the most cost-efficient

way to gain information about particle numbers, polymer

types, and sizes simultaneously.52,76,234 In addition, since

FT-IR is a nondestructive method in most operation

modes, it can be combined or followed up by the choice

of the filter material with Raman analysis or other tech-

niques,40,158,185 if necessary. Due to the diffraction

limit,238 the LOD of FT-IR is currently discussed between

20 and 10 mm, while the determined size distribution was

confirmed by comparison with Raman40 down to 10 mm.

Particles< 10 mm are challenging to measure40,185 with

FT-IR and need to be identified by additional or combined

techniques. Further, measurements cannot be performed in

presence of water as its spectrum will overlay the target

spectra.
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Raman Microspectroscopy for MP analysis

Raman spectroscopy is typically a nondestructive method,

where a laser beam is focused on a particle surface and

induces an inelastic scattering of photons (excite molecules

to higher energy levels), which is known as Raman effect.239

By library search of the resulting vibrational fingerprint,

chemical identification of the unknown particle is possible.

To increase spatial resolution, a Raman spectrometer can

be coupled to a microscope, so-called Raman microspec-

troscopy (RM) and renders information on polymer type,

particle number, size distribution, and morphology.

The applicability of RM for MP analysis in different envir-

onmental matrices has been shown in numerous scientific

studies.43–47,240,241 For the reliable analysis of MP particles

in the environment, a method with clear particle identifica-

tion (chemical information) and characterization (morpho-

logical parameters) on a single-particle level over the entire

particle size range (from 1 mm up to 5 mm) is desired. RM

fulfills these requirements and offers the possibility for the

development of such a method.40,242 Therefore, RM has

been highly recommended, particularly for the analysis of

particles <10 lm.179,243 Furthermore, using handheld spec-

trometers Raman measurements can performed in the

field.80

The high number of organic (e.g., humic substances) and

inorganic (e.g., clay minerals) contaminants in environmen-

tal samples can hamper the detection of single MPs.

Fluorescence from dyes or other additives within the par-

ticle can interfere with Raman spectroscopy and prevent

reliable identification of spectra. Additionally, MPs can be

agglomerated or overlapped by natural particles, leading to

over- or underestimation of particle size or number.

Therefore, rigorous sample purification is strongly recom-

mended (see Lusher et al.7 within this special issue), but the

extent or best practice is still a matter of debate.242

Analysis of MP can be performed via three approaches:

(i) manual measurement of single particles, (ii) automated

particle identification with ‘‘Particle Finding’’ algorithm, or

(iii) point-by-point mapping with ‘‘Imaging Mode.’’

Identification of MP as Single Particles. When using Raman

spectroscopy on a manual particle by particle basis, sample

preparation is important for accurate identification. For

larger particles (>300 mm), it is advised to adhere particles

to a flat base material such as double-sided tape on trans-

parency paper,244 or an aluminum sheet to minimize back-

ground fluorescence.245 Particles should be clearly

characterized (e.g., circled and numbered) to aid particle

identification using the Raman microscope. For smaller par-

ticles (<300 mm) that cannot be manually picked, particles

should be analyzed directly from a filter to avoid contam-

ination or particle loss. Measurement time per particle is

dependent on the parameters chosen, the sample, the

desired spectral quality (signal to noise ratio), and the

Raman spectrometer (starting at US$50k) used. On

average, the time taken to obtain spectra for a singular

particle ranges from a few seconds246 to several minutes.247

Measurement time should be optimized to get a signal to

noise ratio >3. Parameters that influence this are the spec-

tral range (commonly 200–3200 cm�1), excitation wave-

length (acquisition time: 785 nm> 632 nm> 532 nm), type

of objective (magnification and aperture), spectral grating

(resolution), and number of accumulations. Analysis of all

particles in a given sample can be timely; therefore, a more

reasonable method is the use of automated analysis.40,48

Automated Particle Identification with ‘‘Particle Finding’’

Algorithm. The detection of MP particles< 20 mm with RM

requires particle isolation by filtration onto a membrane.

Filter substrate characteristics are of critical importance for

successful MP analysis. For high-quality results, the filter

material should offer good filtration characteristics, be

chemically nonreactive, have a flat and homogeneous sur-

face, and minimal spectral interferences or fluorescence in

the range of the polymer bands.159,245

For RM information on filter material is still scarce. The

favored filter materials are metal covered PC membranes

(�US$20–50), e.g., gold coated40,49,242 or aluminum

coated.245 Käppler et al.159,185 suggested a specially fabri-

cated silicon membrane (�US$10–30) as a possible filter

material for FPA-FT-IR and RM analysis, which was limited

in pore size to 10mm. In previous studies, aluminum oxide

(e.g., Anodisc) membranes (�US$5–20) or GF filters were

recommended (for particles> 100mm). Consequently, for a

reliable and reproducible RM analysis, an appropriate filter

material fulfilling the requirements of the measurement

method (e.g., pore size, light, or black background) must

be found.

A promising approach is the automated particle identi-

fication (‘‘Particle Finding’’) (ii) using image analysis software

as displayed in Figs. 6a to 6c.

First, in a selected filter area, all particles are detected

using an image analyzing step based on particle finding with

image processing criteria (e.g., black/white contrast).

Subsequently, the detected (or manually selected) particles

are automatically measured using RM.40,48,49,242,248 Image

processing can be done with different illumination modes

(bright field or darkfield) to enhance the contrast between

particles and filter, and with advanced features (e.g., mon-

taged mosaic image with/without AutoFocus) particle

detection can be improved. A great advantage is that par-

ticle number, size distribution, and morphological param-

eters (e.g., shape) will be documented for each particle.

Schymanski et al.49 automatically identified a maximum of

5000 particles larger than 5 mm performed at a rate of

56 min/mm2.242 Cabernard et al.40 analyzed 5243 particles

of 10–500 mm diameter with a total time of 44 h on

23.5 mm2 and 10 550 particles of 1–10 mm in 29 h on

3.8 mm2. Total time consumption for the entire automated

measurement, spectral analysis, and data evaluation
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procedure was on average 43� 4 h per 18 mm2 (for MPs of

10–500 mm).40 This approach is very time-consuming (sev-

eral days to weeks) for large particle numbers >1000,

expected for the toxicologically relevant MP

<10 mm.40,49,247–250 Therefore, often small sub-areas of

the filter membrane (0.1–30%) are analyzed depending on

the total particle number.40,49,248 The improvement of a

fully automated RM analysis coupled to an automated data-

base search is urgently needed and is currently being devel-

oped within the framework of different research projects.

Point-by-Point Mapping with ‘‘Imaging Mode.’’ Using point-

by-point mapping (‘‘Raman Imaging’’) (iii), the laser is

focused to a spot and Raman spectra are acquired step-

by-step in a defined step size at various measuring points

along a grid,185,242 as exemplarily shown for just one par-

ticle in Figs. 6a to 6f. An electron-multiplying charge-

coupled device detector (EM-CCD) can be used to require

less acquisition time and to enhance the signal readout

(signal-to-noise, or S/N ratio).185,242 Käppler et al.185,242

used point-by-point mapping on a Si filter membrane

(10 mm pore size) with a step size of 10 mm taking an enor-

mous measurement time of 38 h per 1 mm2. A more time-

consuming investigation of particles sized <10 lm by

Raman imaging is also possible. New techniques are con-

tinuously developed to decrease the measurement time like

the approach of Zada et al.251 by stimulated Raman

scattering (SRS). SRS microscopy is based on the coherent

interaction of two different laser beams to simultaneously

absorb both pump and Stokes photons, which causes spe-

cific transitions in the molecules of the sample. The signal

intensity of SRS is several orders of magnitude higher as of

spontaneous Raman scattering and enables much faster

detection and identification of microplastics, yet this is lim-

ited to particles in 12 lm resolution. Further approaches,

which optimized the integration times down to 1 ms are

also available. The analysis of macro areas (centimeter

range) is still too time-consuming to analyze the entire

filter (diameter of 25 mm or 10–12 mm), with measurement

times of several days for only a small part of the filter (1–

2%).

For automated RM (ii and iii) analysis, expensive instru-

mentation is required, starting at basic systems (Raman

spectrometerþmicroscopeþCCD detector) of around

US$100k–200k up to US$400k equipped with an EM-

CCD detector for fast imaging, different excitation wave-

lengths and illumination modes for particle finding.

Limits in Particle Size. The minimum lateral resolution for

a diffraction-limited microscope in RM analysis is defined by

diffraction limit238 and can be calculated from the laser

wavelength used and the numerical aperture of the micro-

scope objective.252 The resulting detection limit is

300–500 nm using standard objectives for single-particle

Figure 6. Analysis of MPs using Raman microspectroscopy. Application of automatic particle detection (a–c): Microscopic image of

standard MPs on the filter surface in darkfield (a) and as a grayscale image analyzed with Particle Finder module (Horiba NanoGPS OxyO

Scale) (b) along with the corresponding Raman spectra (c). Raman mapping on the surface of a PET particle whose Raman spectrum was

interfered by a dye (d–f): Microscopic image of the particle with the raster used for mapping (d), result of the Raman mapping over

the particle surface using the Raman spectrum of PET (red) and Pigment Blue 15 (blue) as references (e) with the corresponding

Raman spectra (f). Adapted from the Ossmann et al.245 with permission from Springer Nature and Ossmann et al.248 with permission

from Elsevier.
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detection, enabling chemical and morphological character-

ization.252 There are some techniques (‘‘super-resolution

microscopy’’) that achieve a higher resolution than possible

by use of diffraction-limited optics.242,253,254 However,

these techniques generally lead to increasing costs and

complexity.

From a theoretical point of view (see above), the lower

size limit of 1 mm discussed for MP4 seems attainable using

RM and leaving room for improvement. Ossmann et al.248

analyzed mineral waters for MPs down to 1 mm, but in all

other studies analyzed particles were >5 mm in diam-

eter.40,49,185,247,248 The theoretical limit of detection

(300 nm) has not yet been reached in recent studies using

RM.45,48,56,185,247,249,255–259 In practical application, the ana-

lysis of such particles is complex and partly limited for real

samples due to filter type (e.g., an uneven surface or limits

in pore size), sample complexity (e.g., natural matrix), and

measurement parameters. These can hamper the lateral or

depth resolution of particle focusing. These small MP par-

ticles are high in numbers but not in mass and potentially

exhibit the largest environmental threat.243,250,260

Other Method Limitations. When using RM, it is easy to

cause photodamage to particles with the laser while obtain-

ing spectra, particularly for particles with a thin, delicate

structure. If this occurs, the affected section of the particle

is no longer acceptable for analysis, as its chemical struc-

ture will be altered. It is therefore best practice to initially

use conservative laser intensities for delicate particles to

avoid burning and preserve particle components. Laser

intensity can be increased gradually until the spectra

obtained are of acceptable quality (S/N).

Spectral quality can be limited by interference from the

sample material itself, adhering material (fluids and bio-

logical films), or the atmosphere. Especially, signals from

dyes and additives can often interfere with (cf. Figs. 6d to

6f) or overlay the polymer spectrum, hiding their charac-

teristic peaks.44,247 This limits particle identification from a

specific polymer type to a more general categorization such

as ‘‘anthropogenic’’ or ‘‘synthetic’’.

Raman microspectroscopy is an unambiguous and typic-

ally nondestructive method, with a spatial resolution down

to 1 mm and enables a simultaneous determination of par-

ticle number, size distribution, and morphological param-

eters. Compared to FT-IR, analysis it shows a wider spectral

coverage, higher sensitivity to nonpolar functional groups,

lower water interference and narrower spectral bands.242

Commonly, drawbacks of RM can usually be handled by

pre-cleaning protocols and software optimization.

However, sample analysis is extremely time-consuming

(several days), thus often only a fraction of the sample is

analyzed (0.1–30%). There is an urgent need for automation

routines that enable faster and more reliable detecting

especially of small MPs. Consequently, the speed of analysis

continues to increase through sophisticated approaches

and analysis tools developed recently using automatic

routines for image stitching and focus stacking, algorithms

for particle fragmentation, and classification in combination

with a direct identification of the chemical composition per

database search.252,261,262 Another approach is the use of

statistical models to calculate the minimum number of par-

ticles required for a statistically meaningful analysis.252

These advances are expected to enable a higher sample

throughput (one to two samples per day) and simultan-

eously provide high analytical accuracy for particle charac-

terization. For particles> 10 mm, this is not recommended

due to the increased amount of time needed to invest a

smaller filter area compared to FT-IR imaging.40 The use of

both methods should be considered as complementary.185

The relocation and accurate recognition in micrometer

range of the same area and MP particles in RM and FT-IR or

in general in different instruments can be problematic.

Special attention must be given to the individual handling

and usability of different filter types and in general the par-

ticle fixation on the filter surface. However, new high-pre-

cision repositioning technologies that can be also applied to

MP analysis independent of the instruments’ manufacturer

are already available (e.g., Horiba NanoGPS OxyO Scale).

Thermal Degradation Methods with Subsequent
GC-MS Detection Analysis

The use of thermal degradation products for the determin-

ation of MP in environmental samples is emerging in recent

years. It relies on pyrolysis products generated at defined

temperatures under the exclusion of oxygen. After gas

chromatographic (GC) separation, the so-called pyrograms

act as fingerprint of the respective polymer. Coupled with

MS, these pyrolysis products can be identified on molecular

level. Based on specific pyrolysis products, polymer mass

quantification is possible and enables simultaneous identifi-

cation and quantification of different MP in complex envir-

onmental samples. These mass-related data have to be

considered as bulk values of a given plastic type, e.g., PS,

disregarding if it is a pure polymer or a share of a copoly-

mer,263 and are independent from any kind of particle

appearance such as shape, size, density, texture, surface

aberrations, color, brightness, opacity, or weathering.

Further, pyrolytic methods allow the simultaneous charac-

terization of (MP) polymers and additives. As reviewed by

Tsuge et al.,264 pyrolysis of polymers has a wide use in

polymer characterization and led to broad applications in

the analysis of polymeric materials.265–269

Already applied in a few early plastic-related environ-

mental studies,270–273 it became recently more popular

for isolated MP particles13,274–276 and regarding simultan-

eous identification of different polymers in complex

mixtures.263,277,278

Here, two principles can be applied: (i) on-line py-GC-

MS263,279 and (ii) TED (thermo-extraction and desorption)

GC-MS.278,280–282 Both allow the general polymer
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identification and quantification, but have different perform-

ances regarding requirements for quantification, explained

later in the text.

Microplastic Analysis Using Pyrolysis–GC-MS

Polymer Identification of Isolated Particles. For polymer iden-

tification with py-GC-MS, a selected (plastic-) particle or a

representative particle fraction of a few micrograms in total

is transferred into a pyrolyzer target. Several types of pyr-

olyzers and respective targets are available, relevant, and

restrictive for sample capacity. Filament pyrolyzers use

open or semi-closed quartz tubes (system-dependent vari-

able dimensions approximately Ø 0.2–1.3 cm and different

length, e.g., Dekiff et al.,274 Fries et al.,275 Nuelle et al.276),

placed in a platinum coil; Curie point (CP) pyrolyzers use

semi-closed ferromagnetic targets (typical dimensions Ø

2 mm, 8 mm height, e.g., Fischer and Scholz-Böttcher263);

whereas micro furnace (MF) pyrolyzers use stainless steel

cups (typical dimensions approximately Ø 4 mm, 8 mm

height, e.g., Käppler et al.,158 and Fischer and Scholz-

Böttcher279). In each case, the sample is heated to a defined

temperature in an inert atmosphere, usually helium, which

is also used as carrier gas for gas chromatographic

separation.

Thermal decomposition kinetics and mechan-

isms,263,283,284 the complexity of pyrolysis products, and

the respective pyrograms differ highly among different poly-

mer types. Here the range spans from highly complex (e.g.,

PE, PP, PET) over moderate (e.g., PS) to simple (e.g.,

PMMA).263,264 In almost all cases, monomers and oligomers

of the respective polymers are present, accompanied by

pyrolytic reaction products determined by the chemical

reactivity of the polymer. Dependent on pyrolysis tempera-

ture, thermal degradation results in unique and reprodu-

cible signature pattern characteristic for a given polymer.

The use of pyrogram data bases and associated mass spec-

tra from reference polymers or literature reference data

bases (that include more than 165 common polymers264) as

well as comprehensive data interpretation enable a reliable

identification. Thermo-volatile, organic additives that are

incorporated in the polymer matrix can be identified as

well.275,285–291 This can be done in a single run with the

polymeric matrix or separately in a thermodesorption run

at lower temperatures prior to pyrolysis (‘‘double shot’’).

Additive identification requires extensive compound know-

ledge (inclusively their thermal behavior) as well as the

availability of mass spectrometric chemical libraries (e.g.,

NIST library, currently >267 350 individual mass spectra).

In principle, even the detection of adhered compounds like

pollutants, if sufficiently concentrated, might be possible but

was not reported so far.

For polymer identification of isolated particles, common

thermal GC-MS methods are typically by far more time-

consuming than FT-IR or Raman methods. Usually, well-

resolved GC-MS runs for polymers take half an hour or

even more. Alternatively temperature-ramped evolved gas

(EGA)-MS, using very short deactivated silica capillary tubes

(2.5 m, 0.15 mm i.d.) might be used for precise additive and

polymer identification via totally combined mass spectra

within half an hour or less.264 Reference polymer databases

are commercially available for this purpose like the library

F-Search (Frontier Laboratories Ltd.), that is broadened

continuously.

Single MP particles of sufficient mass (�1 mg), isolated

from natural samples, can be reliably identified with pyro-

lysis-GC-MS.158 The power of thermal degradation GC-MS

methods regarding MP analysis is in the simultaneous iden-

tification and quantification of different polymers in com-

plex samples.

Simultaneous Polymer Identification and Quantification in

Complex Samples Identification. Since polymers differ in

their respective pyrograms, single polymers can be identi-

fied in complex mixtures by characteristic and selective

pyrolysis products of individual indicator compounds.

These indicator compounds enable a systematic and

sequential identification of each polymer of interest in a

given pyrogram. The relative intensity indicator compounds

vary polymer dependent, and therefore, directly affect the

detection sensitivity of the respective polymer. Ion chro-

matograms enhance the detection sensitivity and are often

necessary to detect polymers in complex samples (Fig. 7).

They represent the ion current over time extracted for a

selected fragment ion of an indicator compound from mass

spectrometric data.

Indicator ion selection is dependent of its intensity and

polymer specificity, whereof polymer specificity is decisive.

An example is the styrene monomer, which is the most

prominent peak in the pyrogram of PS. Since styrene is

generated by several anthropogenic polymers as well as

from natural compounds (e.g., chitin) during pyrolysis, it is

very unspecific. In contrast, the styrene trimer is less prom-

inent in the pyrogram but has an exceedingly high specificity

for PS and thus is much more suitable for a reliable identi-

fication (and subsequent quantification). For further details

particularly regarding the quality criteria of choice for

indicator compounds, see literature and associated

supplements, e.g., Fischer and Scholz-Böttcher,263 Tsuge

et al,264 Dumichen et al.,278 and Fischer and Scholz-

Böttcher.279 Table I lists the typical indicator compounds

and respective ions that are used for nine common poly-

mers in thermal polymer analysis from complex mixtures

according to published data.263,278–281 These compounds

represent more than 80% of the global plastic demand.292

Relative intensities of individual peaks can vary from instru-

ment to instrument and are directly related to pyrolysis

temperature.13

Quantification. For MP quantification by thermal degrad-

ation, an appropriate removal of accompanying inorganic

and organic matter is obligate to improve sensitivity

Primpke et al. 1025



and to avoid direct interferences of any other nonplastic--

derived pyrolysis products. Additionally, pyrolysis

products of residual organic matter can induce surface

interactions inside the pyrolysis system that need enhanced

attention.279

Figure 7 gives an example for the simultaneous identifi-

cation and quantification of PP, PET, and PS in a complex sea

water sample (North Sea, German bight). Here 137 L were

treated according to Fischer and Scholz-Böttcher279 and

measured with microfurnace py-GC-MS at 590 �C (condi-

tions are stated in Fischer and Scholz-Böttcher279).

Figure 7a shows the section of interest from the result-

ing total ion chromatogram (pyrogram) and represents the

complexity of an environmental sample. It is clearly indi-

cated that diverse organic pyrolysis products are present.

Characteristic pyrolysis products for PP are the 2,4-

dimethyl-hept-1-ene and three isomers of 2,4,6,8-tetra-

methyl-1-undecene (Table I). 2,4-Dimethyl-hept-1-ene can

be identified via its mass spectrum (Fig. 7c), and the select-

ively extracted as ion chromatogram of its indicator ion m/z

70. Integration of the respective signal results in an area of

237 150 units (Fig. 7b). This equals 0.8mg PP, determined via

external calibration (Fig. 7d). For PET and PS, quantification

was performed the same way using dimethylterephthalate

(indicator ion m/z 163) and styrene trimer (5-hexene-1,3,5-

triyltribenzene, indicator ion m/z 91), respectively.

The limits of quantifications (LOQ) for thermal methods

are highly polymer dependent and reach lower mg levels,

and even below; limits of detection (LOD) are even

lower.263,278,279,281 Of general relevance for detection sen-

sitivity are the relative intensities of indicator products.

Solubility or non-solubility (accordingly the sensitivity of

the balance) of the polymers has a direct impact of the

individual polymer calibration range. Finally, the quality of

organic matrix removal determines the polymer quantifica-

tion in terms of general background and possible interfer-

ences. To get an impression of the pyrolysis-GC-MS

method potential, alternatively, the S/N for the lowest cali-

bration points can be taken into consideration. For defined,

polymer specific indicator ions the S/N varies between 478

(PP 0.3mg) and 30 (PA6 0.5mg). In case of PS that is easily

solvable, 0.01mg shows a S/N of 8. For further details, see

Fischer and Scholz-Böttcher.279

The reduction of possible interfering matrix distin-

guishes between the online py-GC-MS and the TED-GC-

MS quantification approach:

Figure 7. Example for the quantification procedure of three polymers (PP, PET, and PS) in a sea water filtrate (Fischer and Scholz-

Böttcher, unpublished results).
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Online py-GC-MS. Curie point (CP) or microfurnace pyr-

olyzers guarantee a high pyrolysis temperature precision

and are therefore preferred towards filament pyrolyzers

for quantification purposes. Online py-GC-MS requires an

adequate, sample-adapted removal of accompanying natural

inorganic and organic matter. This ‘‘matrix’’ removal is simi-

lar to spectroscopic methods and includes filtration cas-

cades, density separation as well as enzymatic or chemical

oxidation processes, and their optional combinations.

Subsequently, preconcentrated samples are transferred

into a pyrolysis target and ready to be measured with py-

GC-MS under defined, reproducible conditions. Residual

organic matrix can be tolerated to a certain extent.

Online pyrolysis has the advantage to enable on-line pyro-

lytic derivatization as an additional tool. Thermochemolysis,

e.g., by addition of tetramethyl ammonium hydroxide

(TMAH) solution, is such a reaction that induces ester-

and ether-cleavage followed by methylation.293 The direct

pyrolytic products of PET show high diversity and different

polarity. This leads to limited sensitivity and poor chroma-

tography. Thermochemolysis of PET results in almost one

single pyrolysis product with remarkably enhanced detec-

tion sensitivity. Same holds true for PC.263 The new indi-

cator products generated by thermochemolysis for affected

polymers are given in Table I. So far, quantification of PE, PP,

PS, PET, PVC, PMMA, PC, PA-6, and methylene-diphenyl-

diisocyanate (MDI)–PUR was successfully performed.263,279

In MP quantification with py-GC-MS, pre-concentration

steps determine the final sample volume and initial sample

volume can be adapted to the expected content of MP and

respective calibration range.

TED-GC-MS. In TED-GC-MS, pyrolysis is conducted with

a thermogravimetric analyzer (TGA). This analyzer enables

the pyrolysis of a sample under controlled and tempera-

ture-ramped conditions. The TGA is coupled to a thermo

adsorption–desorption unit, containing a solid phase adsor-

ber. The temperature range of the trapped gases can be

selected in advance, e.g., 25–650 �C, representative for all

volatile pyrolysis products, or 350–600 �C to cut out a large

share of pyrolysis product generated by more thermo-labile

organic matrix compounds, since most common polymers

have degradation temperatures above 350 �C. The unit is

mounted to a GC-MS system where the pyrolysis products

are measured after quantitative thermo-desorption. TED-

GC-MS was successfully established for PE, PP, and PS quan-

tification278,280,281 as well as for identification of tire wear

and natural rubber particles.282 The special assembly of

TED-GC-MS with a sample capacity up to 100 mg enables

a direct measurement of selected MP polymers in a given

environmental sample, provided their respective concen-

tration exceeds 0.5–1 wt%. However, sample-dependent

organic matrix still can severely hamper quantification and

an adsorption cut out below 350 �C leads to losses of more

thermolabile polymers like PVC. Here, like in online pyr-

olysis, MP pre-concentration per filtration and other

sample pretreatment steps enhance detection and quantifi-

cation sensitivity.

Benefits of Using Pyrolysis GC-MS. Currently, mass spec-

trometry is one of the most applied techniques in analytical

chemistry for most (in)organic contaminants and can be

considered a gold standard for many applications.

Therefore, many laboratories already have and routinely

use the various specialized GC-MS systems and can cost

efficiently add the pyrolysis component to the existing GC-

MS systems. However, a pyrolysis unit is not only another

injection system, but provides its own well thought out

running and maintenance procedures. Complex environ-

mental samples accompanied with (residual) organic

matrix might introduce interferences that need a prudent

principle of operation. Therefore, a separated system is

preferred for py-GC-MS applications. Depending on the

targeted sample (single particles versus complex sample

matrix), py-GC-MS requires practically no sample prepar-

ation except for the cutting of a tiny piece of sample for

analysis for single plastics identification. However, if studies

are restricted on this type of analysis, FT-IR, Raman, or

EGA-MS systems are preferred regarding time efficiency

and budget unless there is no further interest in additives

and other chemicals.

If spatial and temporal MP analysis of more complex, or

even several types of environmental samples is in the focus

of interest, thermal decomposition GC-MS methods are

those of choice. The generated data can further be used

for mass balances and modelling. If the expected load

exceeds 0.1% w/w of single plastic types, respectively,

TED-GC-MS might be an appropriate method; at these

concentrations, a reliable detection of selected polymers

is possible from sample amounts down to 20 mg without

any further sample treatment or with a thermal pre-treat-

ment to reduce the organic matrix ‘‘noise’’. Nevertheless,

for (much) lower (micro-) plastic concentrations as

expected for most environmental samples, e.g., biota, sedi-

ments, river-, coastal-, and wastewater, an adequate and

often comprehensive MP pre-concentration and/or pre-

treatment is required. For drinking water and open sea

waters, filtration might be sufficient for MP analysis with

any thermal decomposition method. However, pyrolysis

generates often unpredictable pyrolysis products. Any resi-

dual organic matrix compounds cause partly nonvolatile

compounds that might interfere with those of interest.

These aspects and viable solutions are discussed in other

studies.263,279

Although py-GC-MS and TED-GC-MS are destructive

analytical methods that hampers any re-measurements,

the resulting pyrograms can be re-analyzed retrospectively

for further indicator ions of new polymers. When internal

standards are used,279 even semi-quantitative data of these

new polymers might be calculated.

Autosamplers are common equipment for py-GC-MS/

TED-GC-MS systems and enable analysis of samples

1028 Applied Spectroscopy 74(9)



sequences that should include an appropriate number of

calibration standards, samples, and procedural blanks.

Occasional blank cups should be run to be aware of pos-

sible memory effects. Strict pyrolyzer and GC-MS mainten-

ance intervals are obligatory and avoid obscured results.

Even though, mass spectrometry offers selected ion moni-

toring (SIM) mode processing to enhance the detection

sensitivity (that provides potential regarding LOQs and

LODs), its application should be regarded with caution in

py-GC-MS practice. Working in MS-full scan mode com-

bined with chromatographic retention time assures com-

pound identification; additionally, the presence of further

polymer specific degeneration products ensures polymer

identification. All these details hamper an efficient cost ana-

lysis. While systems start at similar costs as high developed

Raman and FT-IR systems (approximately US$200k–300k),

the individual costs per measurement are difficult to calcu-

late as they depend on the quality assurance and quality

control (QA/QC) procedures and system used in the

laboratories.

Since thermal degradation methods provide quantitative

masses of single polymer types, independent of any particle

appearance, they are not competitive but complementary

techniques to FT-IR and Raman methods that result quan-

titative particle size related counts. Ideally, both techniques

are conducted consecutive (nondestructive before destruc-

tive) to receive as much comprehensive information and

data quality as possible.

Additional Techniques

The techniques described above are currently recom-

mended for monitoring by GESAMP.226 Still, there are fur-

ther techniques suitable for the analysis of MP, which are

already in use or have been tested in literature. These tech-

niques will be described in appropriate detail in this section

discussing their application and potential for MP analysis.

Hyperspectral Imaging. Remote sensing from airplanes

and satellites utilizing hyperspectral imaging (HSI) allows

for fast and, relatively speaking, inexpensive analysis of

large areas to monitor the environment.294,295 This tech-

nology has been transferred to other applications including

microscopy and spectroscopy. When applied to micros-

copy, it could help in identifying MP296–300 or nanoplastics

(NP). When applied to spectroscopy, it could help in iden-

tifying chemistry and structure of, e.g., organic compounds,

biological materials, minerals, semiconductor and photovol-

taic materials, polymers, and plastics.301–304

An HSI system records a hypercube (e.g., Fig. 2 in Lyon

et al.301), which combines spatial and spectral information

in one data set. The spectral information is then analyzed to

extract chemical information (or other material character-

istics such as crystal phases, alloy compositions, and elem-

ental compositions) or enhance spatial contrast. In the case

of MP, hyperspectral imaging microscopy can be used to

distinguish plastics in a variety of environments including

in tissue,305 on filter membranes,296 and in soil.298

In a mode of hyperspectral microscopic imaging, the

sample is illuminated using a broadband light source. The

resulting light (in transmission or reflection) is collected and

imaged on the slit of a spectrograph. An automated stage is

used to sweep the sample along one axis, while spectral

data are collected along the perpendicular axis (commonly

termed ‘‘push broom’’ scanning). The resulting hypercube

can be used to discriminate plastics from other types of

particulate, and multivariate analysis can help in further

analyzing the spectral signatures.

An HSI system (spectrograph and detector) can be

exceedingly small, so it may be easily added to other micro-

spectroscopy systems (e.g., Raman), creating multimodal

spectroscopy systems without compromising the perform-

ance of either technique. This allows application of co-loca-

lized microspectroscopy and data fusion. Frequently, HSI is

used to rapidly screen and discriminate for micro- or nano-

particles followed by a more definite chemical identification

using, for example, Raman spectroscopy. HSI systems typ-

ically cost around US$40k to US$120k, while the LOD

needs still to be investigated.

Scanning Electron Microscopy. The application of scanning

electron microscopy (SEM) is known since the 1930s. It

allows the investigation of size, shape, crystallography, and

other physical and chemical parameters of surfaces and

particles down to a few hundred nanometers in size.306

Via a focused electron beam directed onto the target sur-

face, the formation of backscattered electrons (BSE) and

secondary electrons (SE) is caused, which are collected

by special detectors. The resulting count will be repre-

sented in a grayscale image of the electron signal.306 The

instrument normally operates in high vacuum (<10�4 Pa)

with insolating samples coated by a metal or carbon to

provide electric discharge. Untreated samples can be inves-

tigated using variable pressure SEM (VPSEM), which have a

chamber pressure of 1 Pa to 2000 Pa and use atmospheric

gas or water vapor.29,306

Both types are currently used in MP research, either for

surface studies, particle investiga-

tion,101,103,110,174,189,206,208,219,223 weathering,142 as well as

the influence of artificial weathering or biodegrad-

ation169,307 and material identifica-

tion29,93,98,143,154,167,205,308 with the help of an energy

dispersive X-ray spectrometer (EDS). EDS is an extra

module connected to the setup and considered a combined

technique, which measures the X-ray radiation emitted

from the surface during beam–surface interaction.306 This

X-ray beam contains the emission characteristics of the

targeted elements, which yield a fingerprint spectrum.

Subsequently, this spectrum is compared against a database.

Relative quantification is possible when the instrument is

calibrated for the specific elements. Light elements such as

H, C, N, and O are more difficult to determine accurately
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than metals, and for nanosized particles, adsorbed humidity

or surface oxidation may additionally affect the elemental

ratios. During scanning, amorphous carbon may be depos-

ited onto the sample from residual organic contamination in

the chamber or within the sample, which causes charging

and may hamper analysis.

The cost of such instruments ranges from US$120k for

benchtop models up to US$175k to 800$k for better sys-

tems depending on the desired application. To allow the

identification using EDS, additional instrumental cost ran-

ging from US$40k to US$80k is necessary. While SEM can

measure down to the nanometer range, this is often

accompanied with increasing measurement times and an

appropriate sample preparation while the identification

using EDS may be hampered.

Size Exclusion Chromatography. For polymer science, one

of the most applied techniques to determine the molecular

weight distribution is size exclusion chromatography.309 It is

based on high-performance liquid chromatography (HPLC)

and uses a porous column material for separation. These

materials consist in most cases of crosslinked polymers and

different pore sizes, which can be combined to a larger

setup consisting of a series of columns. In principal, the

dissolved polymer chains can diffuse in and out of the

pores. Depending on their size, the number of available

pores gets limited as large chains can only enter large

pores, but short chains enter nearly every available pore.

The set of columns defines the upper and lower exclusion

limit, as depending on the largest available pore size and the

smallest molecule separable. Only sizes between these bor-

ders can be successfully characterized. Moreover, each

polymer has its own separation behavior due to its hydro-

dynamic volume in the solvent, and therefore, a calibration

of the system with narrowly distributed polymers is man-

datory. The separation is followed by a set of detectors,

which is in general a refractive index (RI) detector to deter-

mine the concentration of the chains. For further analysis,

IR, ultraviolet–visible (UV–Vis), and fluorescence detectors

can be added to monitor functional groups. To obtain direct

information on molar mass, multi-angle laser light-scatter-

ing (MALLS)-detectors and online viscometers are available

but the price of the instrument is also increased. High-

temperature SEC, which is used for polyolefins, uses

often online viscometers accompanied by an IR detector

instead of a RI detector.

For MP, this technique is often used in addition to screen

the polymers for the presence of short polymer chains

from weathering,114,115,142 to understand the mechanisms

behind particle fragmentation. Biver et al.310 tested SEC for

the application to identify PS and PE using fluorescence

detection while Elert et al.179 used it for quantification of

dissolved polymers against a calibration.

The cost shows a high variety of cost depending on the

applied eluent, temperature, and detector systems and can

range from US$50k to US$300k or even higher with a

permanent demand of high-quality eluent for analysis. The

LODs for MP are currently limited and dependent on the

calibration (0.02 mg/ml for PS, 0.54 mg/mL for PE;310 0.5 mg/

mL for PS, 1.0 mg/mL for PET179) and used detector sys-

tems. Second, SEC measures mainly the polymer chain

length distribution rather than perform a chemical identifi-

cation, which may hamper the analysis of complex samples.

This might be overcome by the use of 2D separation tech-

niques or coupling with MS,311 which are even more

expensive.

Nuclear Magnetic Resonance. The nuclear magnetic res-

onance (NMR) is currently one of the standard analytical

tools in chemistry.312 This technique uses the nuclear spin I

of an atom which can take values of 0, ½, 1, 3/2, etc. Within

an external magnetic field, which is commonly generated by

a superconductive magnet, this spin can yield 2Iþ 1 energy

levels compared to the absence of a magnetic field.

Depending on the investigated nucleus, these energy

levels can be exited using radio waves. The performance

of NMR-spectrometers is stated by the Lamor frequency of

the hydrogen atom, the simplest and most measured

nucleus for NMR. This frequency is depending on the

strength of the magnetic field (e.g., 4.7 T for 200 MHz). By

Fourier Transformation methods, a range of frequencies is

measured and the relative shift to an internal standard

determined in parts per million (ppm). For hydrogen,

ranges from –1 to 12 ppm are possible and the experiments

need careful planning due to the complexity of this

method.312 This method is currently available in many

chemical analytical labs and can also be used for the inves-

tigation of polymers.313

There are only few publications using 1H-NMR within

their study on or for effects by MP.115,135,314 Only Peez

et al.314 reported on the application for the identification

and quantification of MP via this method with a LOD of

30 mg/mL for PE, PET, and PS. While these instruments are

available in most chemical labs, they have quite high cost

ranging from simple benchtop systems (�US$100k), which

have a rather low resolution over US$200k up to

US$1000k for high-performance instruments. Additionally,

deuterated solvents are necessary to allow a measurement

with these techniques. High-performance machines further

need a supply by liquid nitrogen and helium to achieve the

high magnetic field strengths.

Inductively Coupled Plasma MS. The inductively coupled

plasma (ICP) combined with mass spectrometry is a spe-

cialized case for the analysis of MP as its main focus is the

analysis of trace metals. Within the formed plasma, the

sample is ionized and broken down to atomic level allowing

the measurement of elements with a higher sensitivity com-

pared to atomic emission spectrometry.

For MP, this technique is mainly used to investigate heavy

metal contaminations on MP from the environment due to

their potential role as transport vector for this and all kind

of contaminants.93,205,247,315–317
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Application of Combined Techniques for
MP Analysis

The use of combined and correlative methods has been

proven to be essential for the accurate identification

of MP in different matrices as exemplary shown in

Fig. 8.29,228,308,318

Commonly employed techniques cover millimeter down

to nanometer sizes and include optical microscopy with

stereo zoom, SEM–BSEM with EDS, py-GC-MS as well as

FT-IR, and RM. Being a simple and fast method, optical

microscopy was used for coarse evaluation of the extrac-

tion procedure and prescreening of plastics to decrease

work effort. Despite its relatively low magnification, optical

microscopy was employed to distinguish between fibers,

plastic, and nonplastic particles based on their color,

shape, and surface texture as well as to study their sizes,

fragmentation, and adhered species.29,165,308 However,

some nonplastic particles or biological species can optically

resemble the morphology and size of plastic materials

resulting in possible misidentification, requiring more accur-

ate MP identification methods.29,308,318–320 For example,

microbeads, manufactured fibers, or PE particles in

marine samples were correctly labeled as diatoms, broken

spines, or shell fragments using high-resolution surface

Figure 8. Example of combined techniques used to distinguish between non-plastic and plastic particles. (a) Stereozoom optical image

of a myctophid gut with a broken shell fragment resembling a polyethylene particle. (b) Scanning electron microscopy (SEM) image

showing parallel striations characteristic to calcium-based structures. (c) Energy dispersive X-ray spectroscopy (EDS) spectrum indicates

the presence of Ca and the negligible signal of C. (d) FT-IR spectra confirm unambiguously aragonite and calcite. These measurements

were conducted on different particles of the same type. Adapted from Wagner et al.29 with permission from The Royal Society of

Chemistry and Wang et al.309 with permission from Elsevier.
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morphology by SEM combined with elemental analysis by

EDS based on their Si, Sr and S, and Ca signals,

respectively.29,308

Techniques such as SEM, BSEM, EDS were also employed

to examine the surface of MPs for cracks, geometrical

regularity, adhered pigment particles, biofilms, and micro-

organisms, regardless of high costs for the instrument and

time-consuming investigations.29,223,308 The presence and

density of cracks indicate plastic degradation that can

occur through polymer aging as well as mechanical and

oxidative weathering depending on the environmental

local conditions.142,174 Particles and fibers with irregular

edges are mostly considered degradation fragments result-

ing from the mechanical breakage of larger plastics.154,321

Composite pigment–plastic particles are likely manufac-

tured materials. The adhered surface species can

mainly be separated based on brighter BSEM contrasts

and distinct EDS spectra.29,308 Similar to optical micros-

copy, false positives are possible, since only the PVC and

polytetrafluoroethylene (PTFE) particles were confirmed

from the chlorine and fluorine elements, respectively, by

EDS, while other MP types show carbon-dominant EDS

spectra.154,308,318

Thermodegradation methods like py-GC-MS can be

used to simultaneously identify the type of polymer and

organic additives, without a signal overlap from inorganic

contaminations. However, this mainly works when distinct

polymers exhibit separately different pyrolysis products and

the sample mass to overcome the detection limit for a

particular polymer type.158,275 Therefore, FT-IR and

Raman microspectroscopic techniques have to be applied

to unambiguously detect the plastics, supporting or dis-

proving the results by optical and electron microscopy, as

well as py-GC-MS.

Moreover, the number of MPs found by Raman in iden-

tical samples is higher (up to two times) as compared to FT-

IR, since the particle concentration increases substantially

with decreasing MP size, e.g., through environmental frag-

mentation. On the other hand, FT-IR imaging needs less

time in total (up to four times) than Raman for the same

scanned filter area due to the large number of particles

present.40 However, the reduction of non-MP particles

prior to analysis by means of efficient pre-treatments,

Raman might be faster than FT-IR imaging for a small

number of particles. Despite these differences, FT-IR and

Raman are currently the most accurate and reliable meth-

ods for MP identification, being supported by extended

spectral libraries and automated particle localization, des-

pite expensive instruments and laborious work.40,242 In this

context, it is worth considering of hyphenated SEM-EDS-

Raman systems that have already been applied to other

environmental pollutants. Such instruments will enable suc-

cessive visual and spectroscopic measurements of the same

plastic objects, while excluding any changes due to electron

beam and laser exposures.322,323

Nanoplastics Outlook

Numerous studies report trends in MP abundances

towards particle sizes in the small micron

regime.22,40,52,72,73,233 There are first indications of NP

(1–999 nm4) formation from MP through digestion by

krill,324 as well as a multitude of studies suggesting adverse

effects of NP on diverse organisms from marine species325

to humans.326 Thus, the question of reliable identification

and quantification of NP becomes more urgent every day.

While a range of techniques is available and in use for

characterizing and identifying inorganic nanomaterials from

environmental samples,327 there are less options when it

comes to plastics due to low or no crystallinity of the

materials and the limited elements incorporated, which

are light in molar mass and ubiquitous in the surroundings

(C, H, N, O).

The following sections summarize methods with

reported application in the characterization of nanoscale

polymers and especially environmental samples.

Detection Using Single Methods. The least expensive

(<US$120k) and fastest (<5 min/sample) techniques to

detect nanoparticles in solution use laser scattering to

determine size and concentration of the particles in solu-

tion. Dynamic light scattering (DLS) examines the change in

laser intensity as particles move past the beam by diffusion.

Due to differences in scattering behavior between particles

of different sizes, larger particles mask small ones in poly-

disperse samples, so that no accurate size distribution is

obtained. Static light scattering (SLS) returns the molecular

weight and concentration-dependent intensity of scattering

at fixed angles. Results from both methods can be enhanced

for polydisperse samples by measuring at multiple angles

(MA(D)LS), as the scattering angle from a particle is related

to its size. The first article reporting NP in surface water

from the North Atlantic Subtropical Gyre took DLS results

as an indication of nanoparticles in the filtered and concen-

trated sample.277 The authors point out that the particles

were polydisperse and that the low concentration pre-

vented an average size analysis. A typical lower detection

limit for DLS is 108 particles/mL.

Another laser-based method is nanoparticle tracking

analysis (NTA). In a flow cell, the Brownian motion of

single particles passing a laser beam is filmed through a

microscope unit and converted into particle size by image

analysis algorithms. NTA recorded NP formation from plas-

tic products in aqueous solution under UV-irradia-

tion.328,329 Costs are approximately US$60k upwards

depending on chosen lasers and accessories. NTA provides

concentrations and size distributions even for polydisperse

samples in the range of 10–2000 nm at concentrations of at

least 107–108 particles/mL. In context with engineered

nanoparticles, there has been some debate and suggestions

for strict protocols to guarantee the reproducibility of

results, as more parameters have to be optimized than in

the case of DLS.330–333
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New developments in flow imaging promise a lower

detection limit of 300 nm with single-particle detection.

The equipment has a prize of >US$125k and so far, there

is no report on its application for small MP and NP.

Single-Particle Spectroscopy

Several new promising technologies making single NP spec-

troscopy accessible have yet to prove their full potential in

the analysis of unknown environmental nanofractions.

Recently, Raman tweezers were applied to capture and

spectroscopically identify single particles in the range of 50–

20 000 nm directly in distilled and seawater.334 Here, light

traps the particles and Raman spectroscopy is possible with

two irradiation wavelengths (633 and 785 nm). Apart from

polymer reference materials, the authors tested PE par-

ticles synthesized in the presence of a ‘‘biosurfactant’’ and

were still able to identify the material. Quantification is

envisaged but will require the storage and analysis of vast

amounts of collected images and data to be representative.

Scanning electron microscopy–Raman (see also com-

bined methods) has a resolution of approximately 200–

300 nm and is capable of sizing and identification of single

particles. With this combination of methods, flame retard-

ants and a larger PE fragment were identified in environ-

mental samples.323 The most severe difficulties that may

occur when combining these methods in NP analysis are

carbon deposition on the sample during SEM, challenges in

relocating the same particle when switching, and a need for

vacuum conditions in the SEM chamber.322,335 The latter

two depend on the specific equipment and set-up.

Scanning Probe Microscopy Coupled to Spectroscopy. AFM-

IR or (photothermal induced resonance), nano-FT-IR, and

AFM-TERS are techniques that couple atomic force micros-

copy (AFM) with spectroscopy to break the diffraction

limit.336 All three methods find application in the character-

ization of polymer thin films and composites.337 In the first

case, an IR beam is focused onto the sample, either from

above in reflection or from below, to cause rapid local

heating and expansion at wavenumbers that excite molecu-

lar vibrations in the polymer. The probe is in contact with

the sample surface and registers the local expansion during

tuning of the wavelength of the laser irradiation.338 The

expansion is correlated with the absorption coefficient at

the respective wavenumber and plotted as an IR spectrum.

Polymer wires of 100 nm in diameter on a flat and IR-trans-

parent ZnSe substrate,339 as well as polymer particles of

170 nm inside cells were detected by point spectroscopy

and monochromatic imaging.340

Nano-FT-IR is based on scattering type near-field optical

microscopy (s-SNOM). Here, the IR-beam is focused on the

tip and a local antenna effect creates a nanoscaled focus

with the dimension of the tip. The tip taps along the surface

while scanning, leading to periodic changes in near field

interactions occurring between tip and sample. When

combined with a broadband laser source and an asymmet-

ric Michelson interferometer, these changes can be

detected and mathematically converted into IR spectra.

Polymers are analyzed with a local resolution of 20 nm,

allowing for spectroscopy on single polymer particles with

dimensions <50 nm.341,342 Successful polymer identification

was demonstrated in conjunction with commercial or

siMPle analysis software.343

Atomic force microscopy–tip-enhanced Raman spec-

troscopy (TERS) is a Raman pendant to nano-FT-IR when

conducted in reflection mode on an opaque sample sub-

strate.344 Bottom and top illumination configurations are

available as well. The resolution is also dominated by the

tip radius, reaching � 20 nm in transmission through a poly-

mer blend film.345 Currently, there is no report on small

polymer particles detected this way.

The aforementioned single-particle techniques come

with certain requirements for sample preparation.

Particles have to be deposited on appropriate filter sub-

strates that do not hamper spectroscopic identification

with their own signal, are flat, but at the same time allow

proper sample fixation. In some SEM-Raman, set-ups par-

ticles must be relocated when moving from one technique

to the other, which becomes more difficult with smaller

particle sizes. Sample purity is another critical

factor.322,335 Additionally, carbon deposition during the

SEM analysis may similarly hamper identification due to

fluorescence. In probe-based techniques, contamination of

the tip by residues and mechanical wear are critical, which

may present a significant factor regarding measurement

time and costs, depending on the characteristics of the

samples. TERS probes are even more delicate.344

With prizes well in the six-digit region, these techniques

are comparatively expensive, and measurements can be

time-consuming, but offer information of not only identity

but also the possibility to examine associated components

and local distributions of polymers.

Values for environmental concentrations of NP are cur-

rently not available. In order to obtain valid results, a com-

bination of pre-concentration and several detection

methods will most likely be the best solution.

In a study be Ter Halle et al.277 on aqueous samples from

the North Atlantic Subtropical Gyre, even a hundredfold up

concentration by ultrafiltration did not yield a concentra-

tion high enough for unambiguous detection by DLS.

Several approaches to concentrate and separate the nano-

fraction from environmental samples were tested with a

focus on inorganic or other colloidal and recently NP com-

ponents, as reviewed in Tiede et al.,346 Lespes and

Gigault,347 and Schwaferts et al.259 Here, we mention

three recent examples for different strategies: (i)

Fractionated filtration with membrane and syringe filters

was applied to size-separate polymer particles in facial

scrubs. The fractions were examined in bulk by analytical

methods including dynamic light scattering (DLS), SEM, X-
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ray photoelectron spectroscopy (XPS), and FT-IR.88 (ii) A

first study on extraction efficiencies of fluorescent PS beads

from soil and biosolids by flotation with ZnCl2 solution

indicates a reduction in efficiency with smaller particle

size and a further decrease by matrix digestion with

H2O2.
348 Ultraviolet–visible spectroscopy was applied to

determine the concentration. This method is comparatively

cheap (<US$120k), but its accuracy relies on the colloidal

stability of the examined particles in solution and it does

not provide information on the size distribution. (iii) To

analyze polymer particles in drinking water, a sequence of

concentration by crossflow filtration, asymmetrical flow

field-flow fractionation (AF4) with UV-spectroscopic and

MALLS detection was proposed.192 AF4 with MALLS was

combined with a prior enzymatic digestion to recover and

detect standard PS particles mixed with homogenized

fish.349 With commercial PE beads utilized under similar

conditions, the difficulty in finding universal procedures

and appropriate reference materials became apparent.

The particles had to be stabilized in solution with a deter-

gent, which caused a significant background in the light scat-

tering signal of eluate from the separated sample.

A special challenge for quantitative assessment of small

MP and NP is quality assurance of extraction processes and

analytical techniques. Commercially available reference

materials such as PS beads that are frequently applied in

ecotoxicological studies are far away from what is expected

in environmental samples in terms of size, shape, and sur-

face functionalization. First approaches to produce mater-

ials with rougher shapes and oxidized or bio-functionalized

surfaces rely on top-down laser ablation, UV light degrad-

ation, or milling of larger plastic fragments such as MP from

environmental samples350–352 or bottom-up chemical syn-

thesis by emulsion polymerization or re-precipitation from

aqueous suspension.353–355 Labeling such particles with

metals such as Pd and Ir354 or rare earth elements356

allows their detection by further methods such as two-

photon excitation, time-resolved (TPE-TR) optical imaging,

and single-particle ICP-MS.

For advancing towards detection and monitoring of nano-

plastics, there are several important points to address. First

comes contamination prevention. While many MP contam-

inations are easily identified visually or in the analysis, moni-

toring and preventing NP contamination is an even more

time and cost-intensive task. On top of this, particle emission

from filter membranes and the equipment require careful

selection and testing before application: even ultrapure

water produced in the lab may contain concentrations of

nanoparticles close to environmental conditions, depending

on the age of the filter with its 220 nm pores. Glass syringes

and bottles can lose significant numbers of particles (own

experiments). Costs of non-emitting filter materials such as

Si membranes with 1mm pore size currently range at

approximately US$30–50 per filter. Flow filtration systems

have to be designed with a minimum or no content of

plastics that could contaminate the sample, which addition-

ally increase material costs and design efforts.

Another aspect concerns the development of strategies

to generate statistically meaningful data. Measurement

times are long especially for single-particle methods (up

to minutes per particles) so that only subsamples can be

analyzed. Additionally, large amounts of generated data and

their management will be similar issues as in MP analysis

and may therefore profit from developments in this field.

Conclusion

The analysis of MP is challenging. Guidelines226,357–359 and

citations herein, as well as reviews 243,318,360–364 describing

sampling and sample extraction are available from other

expert groups. Most of these focus on detection limits

and sample extraction efficiencies together with related

problems but, if at all, only partly on potential costs. For

MP analysis, these costs combine sampling (instruments,

personnel, and vessel costs), sample extraction and identi-

fication (each: instruments, consumables, personnel, and

infrastructure). Here, besides all other important informa-

tion, we attempted to include estimated costs for instru-

mentation and consumables among different identification

methods to get a more complete picture. All costs given

were rough estimates only, conducted by the authors and

may differ strongly depending on country and manufacturer.

Further, we included the working time in minutes (see

Table II), as these costs are linked to a high variety of par-

ameters (e.g., country, infrastructure, sample complexity).

Each method shows advantages and disadvantages, as

illustrated comprehensively. In the end, overall costs

might be a crucial factor to be considered. Using the

naked eye, a cheap method is suitable for characterization

of large particles (>1 mm) and applicable in the field. Light

microscopy, on the other hand, can be used for smaller

particles but does not provide chemical identification,

even if supported by staining with fluorescent dyes. In add-

ition, to analyze a full sample many hours of microscopy and

extraction need to be conducted and several filters may

have to be investigated. This increases the working time

rapidly and limits the applicability especially for commercial

laboratories compared to other techniques. Due to its low

initial costs, it is optimal for monitoring and routine

measurements.

Conversely, flow cytometry and flow imaging provide

both a fast measurement of particle or aggregates numbers

and sizes and lesser working time compared to optical

imaging. Liquid samples can be measured directly, without

additional extraction steps.

However, reliable polymer identification requires higher

up-front costs for instruments and can lead to longer meas-

urement times. The available chemical analysis tools com-

plement each other, but none is a golden standard for

analyzing all particle types and matrices. Raman methods

1036 Applied Spectroscopy 74(9)



have the highest measurement times combined with high

working times (lab dependent) and yield increased costs,

since instruments are in use for a long time per sample. Still,

Raman is the optimal method for microplastics <10 mm.

For particles> 10 mm, FT-IR spectroscopy has lower meas-

urement times per sample in total, allowing several meas-

urements per day. While the analysis of single particles is

rather time intensive, particle finder routines allow an

accelerated measurement. By applying imaging techniques

combined with an automated analysis approach, low work

times can be achieved. Our contrasting juxtaposition illus-

trates that thermal degradation methods have similar work-

ing times compared to FT-IR, but several analyses have to

be performed, if all size class ranges should be covered

enhancing costs and working time. Second, these types of

sample cannot be re-measured in the case of any instru-

mental/sample issue in contrast to the spectroscopic meth-

ods. In a long-term perspective, FT-IR and thermal

degradation methods with high investment costs become

cheaper relative to optical, working time-intensive meth-

ods. Thus, they both are suitable for monitoring, routine

risk assessment, routine, and research applications.

Additional techniques such as NMR, HIS, or SEC can

also be used for the investigation of microplastics, but at

current state of knowledge only very inaccurate cost

assumptions for NMR and HIS were possible. For SEC,

the potential is unclear, as research so far is limited, but

coupling with MS might be promising. From the cost per-

spective, SEM is an attractive alternative, but metal coating

of the samples and limitations regarding light atoms are

current drawbacks. Nevertheless, it is superior to the ana-

lysis of particle surfaces and therefore extremely valuable

for research if applied with a second method for identifica-

tion, e.g., Raman.

Currently, first legislations like the California senate

bills5,6 demand a standard operational protocol to be devel-

oped within a short time frame (less than two years).

Thus, method development needs a precise focus on the

relevant leading questions with the goal of a regulation.

This leads to a focus on combined or harmonized use of

available methods in a sensible way for the determination

of threshold values to protect humans and the environment.

In Fig. 9, a flowchart is presented, which addresses this point.

Analysis of MP is ideally addressed via a hierarchical

structure, as the techniques are complementary and can

be conducted from nondestructive to destructive methods.

Here it is important that samples are measured down to

the smallest defined size class, independent of the method,

since smaller particles are considered more hazardous. In

the scope of the above-mentioned regulations, one

should start with visual identification using microscopes,

staining, or flowcytometry to screen samples for particles

suspected to be plastics. If their numbers within this routine

screening exceeds a threshold value, detailed measure-

ments via chemical analysis methods become necessary.

This threshold needs to be set by risk assessment for envir-

onmental or human health status, depending on the tar-

geted regulation or monitoring program. Whatever the

threshold, some validation of visual and NR observations

to ensure plastic identity via, e.g., spectroscopic techniques

will be obligatory.

Optical identification can be followed by FT-IR or Raman

spectroscopy analysis when samples pass the threshold

value. Both are typically nondestructive or harmful to the

sample depending on the measurement type, while giving

information on particle size, composition, and particle

count. MP count is important for risk assessment and

should be quantified at these steps. MP mass related data,

surface properties or data from other destructive methods

can be determined in the final step if needed.
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