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ABSTRACT 

Guanosine-5'-triphosphate (GTP) is an essential molecule for cell survival and 
function. Although free GTP plays a crucial role in several cellular processes, most 
studies focus solely on the protein bound GTP and its association with cancer. 
Efficient methods for determining cellular GTP concentration are currently lacking. 
Chromatography or capillary electrophoresis (CE) are commonly utilized for 
separation and mass spectrometry (MS) for quantification of GTP in biological 
samples. For monitoring GTPases and their interactions with ligands, differential 
scanning fluorimetry, differential scanning calorimetry, or differential static light 
scattering are typically utilized. However, these methods either lack sensitivity or 
throughput.  

In this PhD project, the Protein-Probe method, based on a Eu3+-chelate peptide 
probe that interacts with the hydrophobic core of the protein, has been developed and 
applied for studying different factors that affect the thermal stability of small 
GTPases, such as inhibitors, buffer ions and nucleotides. Furthermore, the method 
was explored for a better understanding of the binding specificity of the recent Food 
and Drug Administration approved KRASG12C covalent inhibitors to RAS GTPases.  

Additionally, a novel dual-labeled Förster Resonance Energy Transfer (FRET)-
based peptide probe was introduced and compared to the Protein-Probe method in 
the thermal stability assay. The FRET-Probe technique was also applied to determine 
the chemical stability of proteins with different chemical denaturants.  

For measuring cellular GTP level, a homogenous high throughput assay was 
developed to measure the amount of GTP in cells utilizing a highly GTP-specific 
antibody. The assay yielded comparable results to those obtained with CE/MS, 
demonstrating a similar level of accuracy, while also exhibiting a substantial 
enhancement in throughput. 

In conclusion, this thesis work aimed at developing novel and robust methods to 
address the current limitations in monitoring cellular GTP concentration and to study 
small GTPases. The focus of the study was free GTP, recognizing its essential role 
in various cellular processes. 

KEYWORDS: Guanosine triphosphate, GTPases, thermal stability, chemical 
denaturation, lanthanide chemistry, time-resolved luminescence  



 5 

TURUN YLIOPISTO 
Matemaattis-luonnontieteellinen Tiedekunta 
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RANDA MAHRAN: Solun guanosiinitrifosfaatin (GTP) ja GTP-proteiinien 
monitorointi.  
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Eksaktien tieteiden tohtoriohjelma  
Maaliskuu 2024 

TIIVISTELMÄ 

Guanosiini-5'-trifosfaatti (GTP) on välttämätön molekyyli solujen selviytymiselle ja 
toiminnalle. Vaikka vapaalla GTP:llä on ratkaiseva rooli useissa soluprosesseissa, 
suurin osa tutkimuksista keskittyy vain GTPaaseihin sitoutuneeseen GTP:hen ja sen 
linkittymisessä syövän kehittymiseen. Tällä hetkellä solun GTP-konsentraation mää-
rittämiseksi ei ole tehokkaita menetelmiä. Käyttämällä kromatografiaa tai kapillaari-
elektroforeesia (CE) erotukseen ja massaspektrometriaa (MS) kvantifiointiin 
voidaan biologisten näytteiden GTP-pitoisuutta seurata, mutta se on melko työlästä. 
GTPaasien ja niiden vuorovaikutusten seurantaan käytetään tyypillisesti differen-
tiaalista pyyhkäisyfluorimetriaa, differentiaalista pyyhkäisykalorimetriaa tai diffe-
rentiaalista staattista valonsirontaa. Kaikilta näistä menetelmistä puuttuu kuitenkin 
herkkyys tai suorituskyky. Tästä syystä tämän opinnäytetyön tavoitteena oli kehittää 
uusia herkkiä ja toimintavarmoja menetelmiä GTP-pitoisuuden seurantaan ja 
GTPaasien tutkimiseksi uudesta näkökulmasta. 

Solujen GTP-tasojen mittaamiseksi kehitettiin homogeeninen tehoseulontaan 
yhteensopiva määritys käyttämällä GTP-spesifistä vasta-ainetta. Määritys tuotti 
samanlaisia tuloksia kuin vertailumenetelmänä käytetty CE/MS, mutta huomatta-
vasti nopeammin ja helpommin. Tässä väitöskirjatyössä esiteltiin myös uusi kaksois-
leimattu FRET-pohjainen peptidikoetin, jota käytettiin yhdessä aiemmin kehitetyn 
”Protein-Probe” menetelmän kanssa. FRET-Probe tarjoaa saman korkean herkkyy-
den kuin Protein-Probe tekniikka, mutta se mahdollistaa proteiinin stabiilisuuden 
mittaamisen neutraalissa pH:ssa ja yhdessä vaiheessa. Protein-Probe menetelmää 
käytettiin pienten GTPaasien ja niiden lämpöstabiilisuuteen vaikuttavien tekijöiden 
tutkimiseen. Lisäksi kehitettyjä menetelmiä käytettiin FDA:n äskettäin hyväksymien 
kovalenttisten KRAS(G12C) inhibiittorien sitoutumisspesifisyyden, toiminnan ja 
resistenttiyden muodostumismekanismien tutkimiseen. FRET-Probe-tekniikkaa ei 
sovellettu ainoastaan proteiinien lämpöstabiilisuuden seurantaan, vaan sen osoi-
tettiin soveltuvan myös proteiinien isotermaalisen kemiallisen stabiilisuuden seu-
rantaan. 

AVAINSANAT: Guanosiinitrifosfaatti, GTPaasit, lämpöstabiilisuus, kemiallinen 
denaturaatio, lantanidikemia, aikaresoluutioinen luminesenssi 
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Abbreviations 

ADP Adenosine-5´-diphosphate 
AELC Anion exchange liquid chromatography 
ATP Adenosine-5´-triphosphate 
AuNPs Gold nanoparticles 
BH4 Tetrahydrobiopterin 
BL Bioluminescence 
BRET Bioluminescence resonance energy transfer 
CD  Circular Dichroism  
CE Capillary electrophoresis 
CL Chemiluminescence 
cpYFP  Circular permutated yellow fluorescent protein 
CTP Cytidine-5'-triphosphate 
dATP 2-deoxy adenosine triphosphate 
dCTP 2-deoxy cytidine triphosphate 
DETA Diethylenetriamine 
dGTP 2-deoxy guanosine triphosphate 
DNA Deoxyribonucleic acid 
dNTP 2-deoxy nucleoside triphosphate 
DSC  Differential Scanning Calorimetry 
DSF  Differential Scanning Fluorimetry 
dUTP 2-deoxy uridine triphosphate 
EC50 Half maximal effective concentration 
ECL Electrochemiluminescence 
ERK  Extracellular signal-regulated kinase 
ESI Electron spray ionization 
FADH2 Flavin adenine dinucleotide 
FDA Food and Drug Administration 
GAP GTPases activating protein 
GC Gas chromatography 
GDP Guanosine-5´-diphosphate 
GEF Guanine nucleotide exchange factor 
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GMP Guanosine-5´-monophosphate 
GTP Guanosine-5´-triphosphate 
GTPase Guanosine-tri-phosphatase 
GTPγS Guanosine-5’-(γ-thio)-triphosphate 
HIDC  Hexamethylindodicarbocyanine 
HILIC Hydrophilic interaction liquid chromatography 
HPRT Hypoxanthine-guanine phosphoribosyl transferase 
HPTS 8-hydroxy-1,3,6-pyrene trisulfonate 
HRP Horse radish peroxidase 
IC Internal conversion 
IC50 Half maximal Inhibitory concentration 
ICS Intersystem crossing 
IMP Inosine-5´-monophosphate 
IPLC Ion-pairing liquid chromatography 
IP-RPLC Ion-pairing reversed-phase liquid chromatography 
IQGAP1 RAS GTPase-activating-like protein 1 
LC Liquid chromatography 
MALDI Matrix-assisted laser desorption ionization 
MAPK  Mitogen-activated protein kinase  
MAPK Mitogen-activated protein kinase 
MEK  Mitogen activated protein kinase 
MPA Mycophenolic acid 
mTOR  Mammalian target of rapamycin 
NTP  Ribonucleoside triphosphate 
PBA  Phenylboronic acid group 
PI3K  Phosphatidylinositol 3-kinase  
RNA  Ribonucleic acid 
SWNT  Single-walled carbon nanotube 
TLC  Thin layer chromatography 
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1 Introduction 

Nucleotides, also known as ribonucleoside triphosphates (NTPs), are essential 
molecules that exist in all mammalian cells. NTPs are composed of a pentose sugar, 
various nitrogenous bases, and triphosphate. Beside serving as precursor molecules 
for nucleic acids, NTPs play critical role in cellular functions. Purine nucleotides, 
namely adenosine-5´-triphosphate (ATP) and guanosine-5´-triphosphate (GTP), are 
extensively studied, and their roles as energy substrates and regulators of numerous 
cellular metabolic activities are well characterized.  

Cellular concentrations of ATP and GTP are interdependent and strictly 
controlled within the cell. Impairment of GTP level in different body organs has been 
associated with multiple diseases such as blindness, gout arthritis, renal ischemia, 
muscle injury, and neurological diseases. The key players in regulating GTP levels 
are small guanosine triphosphatases (GTPases), which are monomeric, small 
guanine nucleotide-binding proteins (G-proteins) capable of catalyzing the 
hydrolysis of GTP into guanosine-5´-diphosphate (GDP) and inorganic phosphate 
(Pi). Small GTPases regulate downstream signaling pathways essential for cell 
proliferation and a multitude of other cellular processes. They act as key regulators 
in processes such as cell motility and membrane trafficking. 

Additionally, it is crucial to recognize that GTPase activity is not limited to small 
GTPases alone. Another GTPase family includes the tubulin-GTPase, a critical 
protein for forming microtubules. It also binds guanine nucleotides and plays a 
fundamental role in cell proliferation, cell motility and intracellular transport. 

Given the crucial role of GTP and its connection to various diseases, the accurate 
understanding of the functions and importance of GTP is essential. Existing methods 
for monitoring nucleotides fall in two categories: luminescence-based and 
separation-based methods. Separation-based methods operate with common 
principle for all nucleotides and detect nucleotides as a group. They separate 
nucleotides and nucleotide derivatives based on their chemical characteristics such 
as mass, charge, and polarity. Luminescence-based methods are typically designed 
specifically for individual target nucleotide and utilize the light emitted in enzymatic 
reactions or interactions withs fluorophores for detection. However, there is greater 
availability of techniques for measuring ATP compared to other nucleotides. 
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In separation-based techniques, also referred to as non-luminescent based 
methods, several approaches have been proposed for high-performance liquid 
chromatography (HPLC) separation of various nucleotides and their phosphate 
analogues (NMPs & NDPs). Ion-pairing and anion exchange LC are common HPLC 
methods for nucleotide separation, relying on varying polarity to separate different 
phosphate analogues. These methods require accurate optimization of the mobile 
phase buffer pH to provide optimal ionization of the target analytes. Mass 
spectrometry (MS) is a superior alternative to ultraviolet- visible detection for 
detection of the separated nucleotides due to its high sensitivity and ability to provide 
extensive information about nucleotide structure. Capillary electrophoresis (CE) is 
another valuable method for nucleotide monitoring, utilizing an electric current for 
separation based on charge and size. CE can be coupled with MS and offers several 
advantages over HPLC, including small sample volume and short run times. Despite 
the benefits, non-luminescent based methods for nucleotide detection often require 
trained personnel and specific equipment, with limited throughput capabilities. In 
contrast, luminescent based methods, such as chemiluminescent and fluorescent 
based sensors, offer higher throughput, but are predominantly developed for ATP 
detection, with relatively few methods specially designed for GTP analysis.  

In conclusion, this thesis explores the monitoring of cellular GTP and conducts 
in-depth studying of small GTPases. The significance of this work lies in bridging 
the gap in methodologies for accurate and high throughput GTP detection. By 
enhancing our ability to monitor GTP levels, this research contributes to the 
advancement of diagnostics and therapeutic interventions, ultimately fostering a 
deeper comprehension of cellular processes and their impact on human health.  
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2 Literature Review 

In the subsequent section of this thesis, I will give a versatile analysis of GTP 
regarding structural attributes, synthesis pathways, clinical relevance, and detection 
strategies. There are countless methods for nucleotides detection, yet not all of these 
are applicable in the complicated structure and composition of cells. Consequently, 
not all exhibit the sufficient level of sensitivity and selectivity. The most prevalent 
luminescence and non-luminescence-based detection methods that have 
demonstrated efficiency in nucleotides detection will be reviewed. A particular 
emphasis will be devoted to techniques that are designed for accurate detection and 
quantification of total GTP and are compatible with cell-based assays. Nevertheless, 
a brief reference to methods for GTPases bound GTP, will be presented in the 
relevant context. 

2.1 Nucleotides 
Given the context and objectives of this study, in the next review I will go through 
purine biosynthesis in brief and the physiological significance of nucleotides and 
related diseases. ATP and GTP have a more critical role in all cell types and have 
therefore been more extensively studied. Therefore, in the next chapter, their roles 
in cellular processes will be explored, with a particular focus on GTP, as it is the 
topic of this thesis. Additionally, I will discuss GTP in context of GTPases with only 
the RAS family as it is the main GTPase family studied in my PhD project. 

2.1.1 Nucleotides’ structure and intracellular synthesis 
pathways 

Nucleotides are the primary building units for the biosynthesis of nucleic acids. They 
are formed of nitrogenous bases, a sugar molecule and phosphate (Pi) group. The 
nitrogenous bases are linked to the first carbon atom (C-1') of the sugar moiety via a 
glycosidic bond. In ribonucleic acid (RNA), the sugar molecule is a d-ribose, while 
in deoxyribonucleic acid (DNA), it is a 2-deoxy-d-ribose. In addition, nucleotides 
have one to three Pi groups bound at the (C-5') position. The base together with the 
sugar moiety are called ‘nucleoside’ (Figure 1), further linkage of α, β, and γ Pi 
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groups forms nucleosides mono, di- and tri- phosphates respectively. There are two 
types of nucleobases: pyrimidines and purines. Pyrimidines are a class of aromatic 
compounds that consist of a six-membered ring composed of four carbon and two 
nitrogen atoms at positions 1 and 3. There are three forms of pyrimidine bases: uracil 
(U), cytosine (C) and thymine (T). Purines on the other hand, are double ringed 
compounds, formed of a six-membered pyrimidine ring bound to a five-membered 
imidazole ring. Purine bases include guanine (G) and adenine (A), (Figure 1).1,2 
DNA is made of four nucleotides: A, G, C, and T, jointly known as 2-deoxy 
nucleoside triphosphates (dNTPs). In contrast, RNA is formed of the same 
nucleotides, except that thymine (T) is replaced by (U), and nucleotides are termed 
NTPs.3 

 
Figure 1.  Nucleotide structures. Nucleosides are formed of a pentose sugar, a nitrogenous base 

which is either purine (double ring) or pyrimidine (single ring). Purines include adenine 
and guanine, and pyrimidines include uracil, cytosine and thymine. A nucleotide consists 
of nucleoside and one, two or three phosphate groups to form nucleoside 
monophosphate (NMP), nucleoside diphosphate (NDP), and NTP respectively. 

There are two main ways for purine synthesis in mammalian cells: the salvage 
and the de novo pathways.4 ATP is produced inside the mitochondria and during the 
process of glycolysis. The energy required for synthesis of adenosine-5´-diphosphate 
(ADP) and ATP is provided by other metabolic pathways, mainly oxidative 
phosphorylation, in which nicotinamide adenine dinucleotide (NADH) and flavin 
adenine dinucleotide (FADH2) act as energy precursors for the reduction of oxygen 
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leading to the formation of ADP and ATP. ATP synthase catalyzes the production 
of ATP from ADP and inorganic Pi.5 In the salvage pathway, intermediates produced 
during degradation of nucleotides are reused for synthesis of new nucleotides. This 
pathway utilizes enzymes such as adenine phosphoribosyl transferase to recycle 
adenine into adenosine-5´-monophosphate (AMP), and the Mg2+ dependent 
hypoxanthine-guanine phosphoribosyl transferase (HPRT) to recycle guanine and 
hypoxanthine bases to form guanosine-5´-monophosphate (GMP) and inosine-5´-
monophosphate (IMP), respectively (Figure 2).6,7 

 
Figure 2.  Purine nucleotides biosynthesis. Purines are either synthesized from free nucleotides 

by salvage pathway, or de novo from sugars. In the salvage pathway, adenine or 
guanine and hypoxanthine are turned into AMP or GMP and IMP by the action of 
adenine phosphoribosyl and hypoxanthine-guanine posphoribosyl transferase 
respectively. On the other hand, de novo synthesis utilizes 
phosphoribosylpyrophosphate and glucose to make IMP, which acts as a precursor 
compound to AMP and GMP. Lastly, AMP and GMP are phosphorylated into ATP and 
GTP respectively. 

While the salvage pathway satisfies most of cellular demand for purines, the de 
novo pathway also plays a crucial role in the synthesis of purines. The de novo 
pathway relies on the production of nucleotides from simple sugars through utilizing 
six enzymes for the conversion of phosphoribosylpyrophosphate (PRPP) into IMP, 
or a ten-step pathway for metabolizing glucose into IMP. IMP is the key compound 
that is transformed in two steps pathway to either AMP or GMP.8,9 IMP undergoes 
catabolic reactions where oxidation of C-2 of the purine ring of IMP into xanthosine-
5´-monophosphate (XMP) by IMP dehydrogenase (IMPDH) occurs, this is then 
followed by adding an amide group to the new carbonyl group at C-2 of XMP. This 
reaction is catalyzed by GMP synthetase and the product is GMP. Finally, GMP is 
phosphorylated into GDP or GTP (Figure 2).10 
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The purine synthesis pathways, particularly the de novo pathway, are strictly 
regulated due to their high energy demand. Furthermore, the conversion of IMP into 
either GTP or ATP, and the requirement of GTP for ATP synthesis and ATP for GTP 
synthesis, highlights the mutual dependence of intracellular ATP and GTP levels.11,12 

Under physiological conditions, nucleotides are primarily present inside cells, 
and their concentrations can vary among different cell types.13 ATP stands out as the 
most abundant nucleotide in cells, with concentrations in healthy cells typically 
ranging from 2 to 8 millimolar (mM) under physiological conditions. Notably, 
cardiac muscle cells exhibit the highest levels of ATP, while brain cells have the 
lowest. Following ATP, GTP and uridine-5'-triphosphate (UTP) are the next most 
abundant nucleotides, with average intracellular concentrations of 0.2 to 0.5 mM, 
respectively.14,15 Cytidine-5'-triphosphate (CTP) is present at comparatively low 
concentrations, typically ranging from 0.08 to 0.13 mM. In contrast, 2-deoxy 
adenosine triphosphate (dATP), 2-deoxy guanosine triphosphate (dGTP), 2-deoxy 
cytidine triphosphate (dCTP), and 2-deoxy uridine triphosphate (dUTP) are found in 
even lower concentrations, in the range of 0.001 to 0.005 mM. NDP analogues, such 
as ADP and GDP, are present in concentration of 0.1 and 0.03 mM, respectively, 
while cytidine-5'-diphosphate (CDP) and uridine-5'-diphosphate (UDP) exist in 
lower micromolar range.16  

 Cancer cells have significantly higher concentrations of NTPs and dNTPs 
compared to normal cells. The concentrations of NTPs and dNTPs in tumor cells are 
several folds higher than those found in normal cells, with CTP showing the most 
significant increase among all NTPs.17 Among dNTPs, dATP, dCTP, and dUTP 
show an equal increase, while dGTP shows the least prominent increase. These 
observed changes are consequences of the altered metabolism during tumorigenesis, 
playing a crucial role in cancer cell proliferation and survival.16,18 Moreover, ATP 
plays a key role in antitumor activity by enhancing the immune response through 
activation of the inflammatory pathways and inhibition of extracellular adenosine 
accumulation.19  

2.1.2 Clinical relevance of nucleotides 

2.1.2.1 Physiological significance of nucleotides in mammalian cells 

Both NTPs and dNTPs are the building blocks of nucleic acids. They control cellular 
processes by carrying the genetic information required for encoding protein structure 
and function. Additionally, the balance in nucleotides pools is essential for accurate 
DNA replication and cell survival.20,21 Beyond their primary role as constituents of 
nucleic acids, NTPs and their phosphate-containing analogues (NMPs & NDPs) play 
essential roles in various cellular functions. For instance, pyrimidine nucleotides like 
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UTP and UDP are required for glycosylation, while CDP is involved in synthesizing 
components of the plasma membrane.22 Similarly, thymidine acts as a substrate in 
enzymatic reactions essential for DNA synthesis and cell replication.23  

ATP plays multiple vital roles in diverse cellular activities, such as the 
contraction of muscles, vesicles transport, ions transport and intracellular 
communication between nucleus and cytoplasm.24–27 Furthermore, ATP is essential 
for neuronal activity, serving as a neurotransmitter in the pre- and post-junctional 
sites of purinoceptors found nearly in all mammalian cell membranes.28,29 Enzymes 
such as helicases, kinases and polymerases heavily rely on ATP for their activity. 
ATP kinases, for example, catalyze phosphorylation of lipids and proteins by 
transferring Pi from ATP. Additionally, during DNA replication, polymerases and 
helicases utilize ATP as an energy source.30–32 

GTP plays a major role within the cell. Similar to ATP, GTP acts as an energy 
substrate through GTP hydrolysis, thus providing necessary energy for various 
cellular processes. For example, motor proteins utilize the energy produced from 
GTP hydrolysis for changing the shape of the cell and cell movement.33 The energy 
of GTP is also consumed in the building and depolymerization of microtubules.34,35 
Additionally, the energy from GTP is required during the process of protein 
translation for the initiation and elongation steps of protein synthesis.36 

 Furthermore, GTP exerts a considerable impact on neuromodulation and 
neuroprotection in the brain and spinal cord, as supported by numerous findings.37,38 
Besides its direct functions within cells, the main role of GTP lies in the regulation 
of G-proteins.39G-proteins encompass both small GTPases and heterotrimeric G-
proteins. Heteromeric G-proteins are formed of three subunits α, β, and γ with the 
Gα subunit possessing regulatory GTPases activity. Small GTPases are monomeric 
enzymes, typically single-chain 20-40 kDa proteins.40 Large GTPases, such as the 
dynamin superfamily of proteins, constitute another distinct group of GTPases with 
a size of 100 kDa. They are characterized by their larger GTPase domain and the 
oligomerization dependent activity of GTPases. The oligomerization domain 
functions as GTPases activating proteins (GAP).41–43 

Numerous small GTPases act as ON/OFF molecular switches for vital cellular 
activities, including vesicle transfer across the cell membrane for intercellular 
communication, cell survival, as well as cell division and migration.44,445 They 
possess a unique characteristic of binding and hydrolysis of GTP.46 The small 
GTPase superfamily is composed of more than 150 strains divided into five 
subfamilies, which are rat sarcoma virus (RAS), RAS related in brain (RAB), RAS 
homologous (Rho), RAS related nuclear protein (RAN), and ADP ribosylation factor 
(Arf), with variation in the degree of structural similarities.47 RAS, the first small 
GTPase to be discovered, was identified as a protein product of the retrovirus 
oncogene. The Rho family plays a crucial role in regulating the actin cytoskeleton, 



Randa Mahran 

18 

while RAN is essential for protein transport from the nucleus, and the RAB family 
is responsible for regulating vesicle trafficking within cells.47  

RAS proteins, in this context, refer to members of the RAS subfamily, are formed 
of G-domain, which consists of six β-sheets and five-α-helices, forming the 
nucleotide binding pocket surrounded by five regions (phosphate-loop, two base 
binding loops, switch I and switch II regions).48 GTP and GDP interact with the G-
domain at the switch regions, with RAS and guanine nucleotide exchange factor 
(GEF) having equal affinity for both GTP and GDP, typically in the picomolar range. 
Therefore, the binding preference for the 10-fold more abundant cellular GTP is 
concentration- driven.49 RAS proteins vary in the rate of nucleotide exchange, but 
generally, they all have a relatively low rate of intrinsic nucleotide exchange. Hence, 
GEFs such as SOS are required to amplify the exchange rate. The nucleotide 
exchange and, consequently, the activation of RAS signaling are regulated by the 
balance between the GEF induced nucleotide exchange and GAP mediated GTP 
hydrolysis.50  

RAS proteins are in a state of a dynamic switch between the GDP and the GTP 
bound form. Upon binding of GTP to the nucleotide binding site, conformational 
changes occur due to the formation of hydrogen bonds between the γ phosphate and 
threonine 35 and glycine 60 of switch I and switch II regions, respectively.51 GTP- 
bound RAS represents the active RAS form because effector proteins have higher 
affinity for the GTP-bound RAS than for the GDP-bound RAS. Upstream activation 
of RAS is regulated by various external stimuli, such as growth factors which bind 
to receptor tyrosine kinases (RTKs) on the cell membrane surface. This is followed 
by transmembrane signal transmission, causing dimerization of RTK and activation 
of RAS.47  

RAS proteins play a vital role in the cell by activating various downstream 
signaling pathways (Figure 3), including RAF– mitogen activated protein kinase 
(MEK)– extracellular signal-regulated kinase (ERK)/ mitogen-activated protein 
kinase (MAPK). Additional downstream pathways involve phosphatidylinositol 3-
kinase (PI3K)–AKT– mammalian target of rapamycin (mTOR) and RALGDS–
RAL. These pathways collectively regulate vital cell processes such as the cell cycle, 
apoptosis, cell division and differentiation, and cell survival.52 

KRAS, HRAS and NRAS genes encodes for the three major RAS isoforms: 
KRAS, HRAS and NRAS, respectively. The amino acid sequence 1-165 at the N-
terminus of these three isoforms is approximately 92–98% conserved. Within this 
region, residues 1-86, representing the G-domain, is 100% identical. As a result, 
these three RAS isoforms share similar GTP binding and hydrolysis function.53 

RAS mutations typically involve single base mutations, predominantly occurring 
at three positions: codons 12, 13 in the P-loop and codon 61 in switch II.48,54 The 
replacement of the glycine amino acid at positions 12 (G12) and 13 (G13), or the 
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glutamine residue at position 61 (Q61), with other amino acids, except proline, 
interfere with the binding of GAP to the GTPase site of RAS, preventing the 
conversion of RAS from the GTP to the GDP-bound form.55  

The most frequently mutated RAS isoform is KRAS, with codon G12 being the 
most affected. G12C, G12D and G12V mutations account for 90% of all KRAS 
mutations. In pancreatic ductal adenocarcinoma, 40% of cases have showed G12D, 
while G12C and G12V have been reported in 30-50% and 25% of cases in colorectal 
cancer and non-small cell lung cancer, respectively.56,57 HRAS mutations are more 
prevalent in bladder carcinoma and squamous cell carcinoma especially G12V. 
While NRAS mutations are more have been linked to melanoma in the form of Q61R 
and Q61K, and to acute myeloid leukemia in the form of G13D and G12D.58 

For more than a decade, RAS has been described as “undruggable” due to the 
lack of binding pocket that allow covalent binding of small molecule inhibitors to 
the RAS surface, except for the nucleotide binding pocket, which has a picomolar 
affinity for GTP/GDP. Recent studies have revealed a high mobility in switch II, 
particularly in KRASG12C when in the GDP state.59 Consequently, there has been 
extensive investigation of the Switch-II pocket (SII-P) for the development of 
KRASG12C covalent inhibitors. Several generations of inhibitors have been 
developed, with the most notable among them being ARS853, ARS6120, AMG510, 
and MRTX849. ARS853 was the first KRASG12C covalent inhibitor exhibiting high 
potency in in vitro studies. However, when evaluated in vivo, the drug did not 
replicate the same in vitro efficacy in mouse tumor models. It encountered challenges 
such as poor bioavailability and a short plasma half-life, ultimately leading to its 
discontinuation from pre-clinical experiments.60 Later, ARS1620, another inhibitor 
targeting the Switch II pocket, was developed. ARS1620 has been the first inhibitor 
to demonstrate success in vivo.61  

Similar to ARS1620, AMG510 was designed to target the cysteine residue in the 
Switch II pocket. Moreover, it exhibits the capability to occupy a cryptic pocket 
formed by the side chains of histidine 95 (H95), tyrosine 96 (Y96), and glutamine 
99 (Q99), resulting in a 10 folds increase in potency.62 Another inhibitor, related to 
ARS1620 and AMG510, has been developed and refined to yield MRTX849. This 
compound demonstrated exceptional results in clinical trials, which ultimately led to 
the approval of MRTX849 (adagrasib) and AMG510 (sotorasib) by the Food and 
Drug Administration (FDA). Ongoing research continue to explore combination 
therapies and investigate potential resistance mechanisms to further enhance the 
therapeutic efficacy of these inhibitors.49,63-66 
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Figure 3.  RAS proteins regulation by guanine nucleotide exchange. RAS proteins are activated 

by exchange of GDP with GTP by the action of GEF, then activated form induces the 
downstream effectors. Negative feedback occurs through GAP, which stimulates the 
GTPases mediated hydrolysis of GTP into GDP and Pi, thus restoring the inactive form 
of the protein. 

2.1.2.2 Diseases related to GTP 

The clinical effects of GTP are either related to abnormalities in GTP cellular level 
or dysfunction of GTP processing enzymes. Alteration of GTP level is associated 
with multiple congenital disorders affecting different body organs. Kelley-
Seegmiller and Lesch-Nyhan syndromes are hereditary disorders characterized by 
an abnormal purine metabolism resulting from the partial or complete loss of HPRT1 
function. This leads to the accumulation of uric acid in the blood, causing tissue 
damage.67–70 Additionally, mutations in IMPDH were recently reported to cause 
autosomal dominant blindness and peripheral neuropathy, respectively.71 The 
genetic autosomal dominant disease of GTP cyclohydrolase 1 (GCH1) deficiency is 
another inborn disease characterized by dystonia in early childhood and high risk of 
parkinsonism.72 GCH1 is an enzyme that catalyzes the formation of 7,8-
dihydroneopterin triphosphate from GTP, which is then converted into 
tetrahydrobiopterin (BH4). BH4 plays a key role in biosynthesis of neurotransmitters 
and nitric oxide.73  

Furthermore, GTP depletion has beeen recognized as a triggering factor for cell 
death, which is the main pathogenesis and etiological factor for ischemic renal 
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injury.74 This effect was reversed as early as 1 hour after supplementation of GTP.75 
Recent work has demonstrated that the imbalance of guanine nucleotide stimulates 
activation of replication stress signaling and leads to impaired cell division by 
prolongation of S phase of cell growth cycle.76  

While free GTP has an essential role within the cell, GTP bound to RAS proteins 
also plays a critical role in regulation of cell functions. Harvey RAS (HRAS), 
Neuroblastoma RAS (NRAS), and KRAS isoforms of Ras family, are mutated in 
30% of malignant tumors in humans, particularly at the codons of Gly12, Gly13 and 
Gln61.77 These point mutations cause RAS to be locked in the GTP active form, 
resulting in uncontrolled cell division.78 Consequently, RAS oncogenes generate 
uncontrolled cell division due to the persistent induction of RAS signaling 
pathways.40,58,79,80 Especially in colorectal cancer, non-small cell lung cancer and 
pancreatic ductal carcinoma, KRAS mutations are predominant, whereas NRAS and 
HRAS are associated with malignant melanoma and bladder cancer, respectively.81  

In addition to cancer, GTP-driven dysregulation of RAS signaling has been 
reported to cause various abnormalities.82 Among these are several 
neurodegenerative diseases, such as diabetic neuropathy due to the downregulation 
of the RAS GTPase-activating-like protein 1 (IQGAP1), an effector of ERK 
pathways.83 Neurofibromatosis is another condition resulting from RAS/ mitogen-
activated protein kinase (MAPK) pathway dysregulation, along with Alzheimer’s 
and schizophrenia.84–86Additionally, Noonan’s syndrome, a developmental disease, 
is caused by exaggerated RAS/ ERK pathway due to hyper activation of the mutated 
GEF (SOS1).87 

2.2 Methods for nucleotide monitoring 
Before providing a comprehensive summary of methods for nucleotide detection, a 
concise overview of methods used for measuring protein stability will be introduced. 
This is particularly relevant due to the known interaction of GTP with small GTPases 
and inhibitors with RAS mutants, and the significant relevance of this ligand binding 
to the thermal stability of GTPases. This section will focus on common methods 
applied for measuring the thermal stability of small GTPases: Differential Scanning 
Calorimetry (DSC), Circular Dichroism (CD) spectroscopy, and Differential 
Scanning Fluorimetry (DSF). 

DSC is widely recognized as the gold standard for measuring thermal shifts in 
proteins. It is considered an accurate tool for monitoring protein unfolding, providing 
direct data on thermodynamic parameters.88 On the other hand, CD spectroscopy is 
another established method for monitoring thermal stability. It detects the thermal 
stability of proteins by measuring the temperature-dependent change in CD spectra. 
CD is highly valued for studying protein secondary structure and protein-ligand 



Randa Mahran 

22 

interactions. However, both techniques are limited by their low sensitivity and low 
throughput.89,90Although CD instrument is more readily available and less 
complicated than DSC. 91 

On the contrary, DSF, a fluorescence-based method that employs a fluorescence 
dye, became highly adopted for determining protein thermal stability. 92 The binding 
mechanism of the DSF dye to target proteins is not yet fully understood, but it is 
hypothesized that SYPRO Orange, the most commonly used dye in DSF, interacts 
with the hydrophobic part of the protein exposed during protein unfolding. DSF is 
an affordable and high-throughput technique for measuring the melting temperature 
(Tm) of proteins, utilizing simple instrumentation and eliminating the need for 
labeling target proteins. 93 However, DSF does have certain limitations, including the 
use of environmentally sensitive dyes to monitor protein unfolding and being highly 
influenced by the assay buffer components, which may impact the accuracy and 
reliability of the method.94 Another significant drawback of DSF is its low 
sensitivity, with a detection limit within the micromolar range.95 

The binding of ligands can significantly influence protein stability. 96 In the case 
of RAS proteins, binding of covalent inhibitors with specific RAS mutants leads to 
an increase in the Tm values of these mutant proteins due to structural stability.97 
Similarly, guanine nucleotides play a stabilizing role, as it maintains the structural 
integrity of RAS proteins.98 Additionally, RAS mutants have different intrinsic 
nucleotide exchange, consequently affecting their stability. Mutants with fast 
nucleotide exchange e.g., G13D are less thermally stable, whereas, mutants with 
slow exchange e.g., Q61R is more stable compared to the wild-type. 99 
NTPs exist mainly within the cells, alongside their phosphate analogues which are 
fairly similar in structure, therefore a highly sensitive and specific method is required 
for their analysis.100 Most of the available methods require sample pre-treatment for 
nucleotide extraction and only few methods can be used for direct cell imaging. My 
review will primarily focus on the most commonly utilized methods for qualitative 
and quantitative analysis of free intracellular nucleotides, with special emphasis on 
purine NTPs especially GTP. The methods for nucleotide detection will be broadly 
divided into two categories: non-luminescent based methods and luminescent-based 
methods, although it can be argued that other methods are available for nucleotides 
detection. The non-luminescent based methods include colorimetry, 
chromatography, and CE, whereas the luminescent-based methods include 
chemiluminescence (CL), and fluorescence. Each of these methods has its own 
advantages and limitations, and the selection of method depends on the specific 
application and the needed sensitivity and specificity. 
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2.2.1 Non-luminescent based methods for nucleotide 
monitoring 

2.2.1.1 Colorimetric assays 

Colorimetric detection is a simple, rapid and inexpensive method that can be used 
for studying biological samples. The principle of colorimetry is based on 
measurement of light absorbance at specific wavelengths due to change in color, so 
that the quantity of light absorbed is directly proportional to the concentration of the 
target analyte.101 Currently, the majority of available colorimetric assays are 
designed for ATP detection, while comparatively few assays have been developed 
for GTP detection. Most of the colorimetric assays have been designed for ATP and 
utilize gold nanoparticles (AuNPs). However, other methods, such as those utilizing 
supramolecule-based and hemin-G-quadruplex aptamers, have also been developed 
to improve the assay sensitivity.102 

AuNPs are popular tools in ATP colorimetric sensors due to their unique optical 
and physical characteristics, such as high extinction coefficient and distance 
dependent color change.103,104 AuNPs can also be coated with aptamers to form 
AuNPs aptasensors with high specificity and sensitivity to the target NTP.105 Labeled 
aptamers might offer better assay sensitivity and specificity, but are more complex 
and expensive than non-labeled aptamers.106 Additionally, DNA aptamers are more 
preferred than RNA aptamers because DNA aptamers are more stable.107 The 
introduction of complex structures in the aptamer configuration such as stem-loop 
and bulge-loop structures, resulted in higher affinity, but it is not necessarily 
associated with higher specificity.108,109 This emphasizes that the structure of the 
aptamer has a significant impact on both affinity and selectivity to GTP.  

 Typically, AuNPs remains separate and maintains the red color in absence of 
target ATP, however, in presence of ATP, binding to the aptamer results in salt-
induced aggregation of nanoparticles manifested as a visible blue-shift change in 
color (Figure 4). The aptamer structure is designed to have a binding preference to 
ATP. The sequence is optimized to form a tertiary structure specifically with ATP, 
leading to formation of a stable folded complex upon binding.110 The current AuNPs 
aptasensors can also be modified to amplify the signal. However, preparation of 
modified nanoparticles is a tedious and time-consuming process.110,111 Initially, 
aptamer-modified AuNPs demonstrated a detection limit of 100 nM for the 
detection.112 Subsequently, an enhanced sensitivity in the picomolar range was 
achieved by employing aptamer-based sensors that combine AuNPs with 
nanostructures, enabling an ultrahigh sensitivity.113 A similar principle can be 
applied for GTP detection, although it is not yet available. 
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Figure 4.  Basic principle of colorimetric detection of NTPs by AuNPs aptasensors. AuNPs with 

immobilized aptamers, designed to have a binding preference for the target NTP, are 
present in a stable form in absence of the target NTP, therefore a visible red color is 
shown. Upon dissociation of the aptamers from the AuNPs and their hybridization with 
the target nucleotides, AuNPs become unstable leading to an aggregation-induced 
change into blue color. 

Another modification for improving AuNPs aptasensors sensitivity is based on 
enzymatic signal amplification. This approach relies on recognition of the specific 
DNA sequence within the DNA probe introduced to the reaction by the endonuclease 
enzyme. In absence of the target NTP, the DNA probe binds to the AuNPs aptamers 
resulting in aggregation induced blue color. In contrast, presence of target nucleotide 
allows the formation of AuNPs-target complex which triggers the endonuclease 
induced cleavage of the DNA probe into short fragments incapable of hybridizing to 
the AuNPs aptamers.114 Several other colorimetric assays utilize DNAzymes, which 
typically consist of a high guanine content (G-quadruplex) aptamer of hemin. Hemin 
acts as a cofactor in numerous enzymatic reactions, resulting in formation of a 
colored product.113,115 

Other colorimetric assays have been developed for the detection of GTP 
associated with GTPase activity. One strategy is measuring GTPase activity by 
monitoring Pi production associated with GTP hydrolysis. Another approach for Pi 
detection as an indicator of GTPase activity is an enzyme-linked spectrophotometric 
assay. The method relies on using 2-amino-6-mercapto-7-methylpurine 
ribonucleoside as a substrate for purine-nucleoside phosphorylase and measuring the 
change in absorbance at 360 nm.116 
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Colorimetric methods for nucleotide monitoring have multiple restrictions, 
including low sensitivity with a limited quantification range, liability to interference 
and challenging detection in complex biological matrices. These drawbacks can 
significantly limit the reliability and applicability of colorimetric assays.117–119 

2.2.1.2 Chromatography 

Chromatography is widely used for nucleotide detection. These methods provide 
efficient separation and simultaneous detection of nucleoside mono-, di- and tri- 
phosphate analogues as well as other smaller molecules such as nitrogen bases, 
xanthine, hypoxanthine moieties and nicotinamide adenine dinucleotide (NAD).120 

Liquid chromatography (LC) 

Here, some of the most promising LC methods for the separation of nucleotides will 
be discussed in detail. The following chromatographic techniques: anion exchange 
liquid chromatography (AELC), ion-pairing liquid chromatography (IPLC), and 
hydrophilic interaction liquid chromatography (HILIC) will be covered, to gain a 
deeper understanding of the strengths and shortcomings of each technique for the 
separation and analysis of nucleotides. 

In liquid chromatography (LC), separation depends on the interaction of sample 
analytes present in a liquid mobile phase with the solid stationary phase. Typically, 
compounds bound to the stationary phase are eluted by changing solvents.121 
Recently, LC has become the most dominant method for separation of nucleotides. 
Nucleotides and their analogues vary in polarity based on the number of Pi groups 
with nucleosides di- and triphosphate being the most hydrophilic and are therefore 
commonly separated by AELC or IPLC.122,123 However, nucleosides and nucleoside 
monophosphates, being less hydrophilic, require a combination of IPLC with 
reverse-phase liquid chromatography (RPLC) to achieve optimal separation.124,125 
Although AELC and IPLC techniques are widely used, they have some limitations 
which can affect the quality of the separation such as pH and buffer dependence, 
column instability, and ion suppression. To overcome these limitations, HILIC was 
proposed as a promising alternative. HILIC provides several advantages over AELC 
and IPLC, including more efficient separation, lower ion suppression, and 
compatibility with mass spectrometry (MS) detection.126,127 

Beyond the selection of separation column, sensitivity and separation efficiency 
are profoundly influenced by sample preparation, column length and the detector 
used.128 HPLC employs high pressure which makes it superior to low pressure liquid 
chromatography, as high pressure enhances separation efficiency, resolution, 
reproducibility, and the sensitivity of detection (Figure 5).129 



Randa Mahran 

26 

 
Figure 5.  HPLC system. Eluent is pumped through high pressure tubes together with the sample, 

then travel through the column, where analytes interact with the stationary phase and 
then eluted and identified by the detector. The detector is connected to a computer for 
display of chromatogram which shows peaks of different analytes. Distinct retention 
times and intensity of the peaks are used to identify and quantify the products. 

IPLC is performed using an ion pairing column and ion pairing reagents. To 
separate negatively charged nucleotides, pairing is achieved with cationic reagents, 
commonly alkylamines and tetrabutyl ammonium salt (Figure 6).130 The pH of the 
mobile phase and the selection of ion pairing reagents are critical for optimization of 
nucleotide separation by IPLC, as they influence the solubility and stability of 
nucleotides.131 The non-volatile mobile phase utilized in IPLC is incompatible with 
ESI/MS. Therefore, IPLC has typically been coupled with UV-vis or fluorescence 
detection after derivatization of nucleotides to increase its absorbance or confer 
fluorescent-like characteristics. This can be achieved by addition of a chromophore 
or a fluorophore, respectively.132,133 Ion-pairing reversed-phase liquid 
chromatography (IP-RPLC) is a modified approach, developed to overcome this 
limitation.134 IP-RPLC combines both IPLC and RPLP techniques. The method 
involves stationary and mobile phases similar to those used in RPLC. In addition, 
cationic pairing reagents e.g., alkyl amines, are introduced to the water/acetonitrile 
mobile phase. For separation of nucleotides, positively charged ion pairing 
molecules, retained on the stationary phase by their nonpolar ends, interact with the 
negatively charged nucleotides (Figure 6).135 In RPLC, the order of compound 
elution depends on their hydrophobicity. Polar compounds elute first, followed by 
less polar analytes, such as nucleoside monophosphates, as the mobile phase polarity 
gradually decreases (Figure 7).136,137 
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Figure 6.  Principle of AELC, IP-RPLC and HILIC for nucleotide separation. In AELC, positively 

charged particles or resin is applied to attract the negatively charged nucleotides, mobile 
phase is supplied by potassium benzoate or potassium hydrogen phthalate to control 
pH and favour separation of highly charged anions. IP-RPLC method combines both 
IPLC and RPLP techniques. The method entails an aqueous buffer containing 
acetonitrile and ion pairing reagents which are anchored to the nonpolar stationary 
phase through their hydrophobic ends. Separation occurs when negatively charged 
nucleotides bind to the positively charged ion pairing molecules retained on the 
stationary phase. HILIC employs a polar stationary phase and an organic mobile phase, 
which allows the formation of a water rich layer through which the more hydrophilic 
analytes migrate towards the solid phase. 

 
Figure 7.  Reverse phase liquid chromatography. In RPLC, mobile phase is formed of polar 

solvents, typically a mixture of water and organic solvent e.g., acetonitrile. The more 
hydrophobic nucleotide species (NMP and nucleobases) bound to C8 or C18 column 
are eluted by decreasing polarity of mobile phase, which is achieved by increasing 
acetonitrile to water ratio.  
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Similar to IPLC, AELC is based on ion exchange by immobilizing negatively 
charged nucleotides on positively charged resin or particles under acidic pH conditions 
(Figure 6). However, AELC suffers from a reproducibility problem due to its high 
dependence on pH of the mobile phase, which might change retention times.138 Other 
disadvantages of AELC are the high salt content of the solvent, which is not compatible 
with MS detection, and the poor selectivity of the method due to possible co-elution 
of closely related nucleotide species along with the target nucleotide.139,140 

HILIC, on the other hand, is considered more compatible with MS, and is 
currently the second common LC mode coupled with MS after RPLC.141 HILIC/MS 
has been utilized for nucleotide and nucleosides detection in various sample matrices 
such as meat products, yeast extracts, infant formula, and biological samples.142–148 

HILIC, occasionally referred to as aqueous normal phase chromatography, combines 
the polarity of the stationary phase from normal phase chromatography, the mobile 
phase composition of reverse phase chromatography, and the analyte selectivity seen 
in ion exchange chromatography.149 In HILIC, the stationary phase is typically made 
of bare silica or silica modified with highly hydrophilic functional groups e.g., amide 
or imide groups to bind the ionic polar nucleotides. The mobile phase containing 
high organic solvent e.g., acetonitrile/low water mixture, allows better solubility of 
nucleotides and maximize retention of polar analytes on the column ((Figure 6, Table 
1).149 The separation of analyte occurs by partitioning between the mobile phase rich 
in organic solvent and the hydrophilic layer on the stationary phase.149,150 However, 
HILIC requires optimization of mobile phase composition as well as proper column 
selection to obtain optimal separation and MS sensitivity.151  

Table 1.  Differences between IPLC, IP-RPLC and HILIC. 

 IPLC IP-RPLC HILIC 
Stationary 
phase 

Ion-pairing column Non-polar column e.g., 
C8 & C18 

Polar e.g., silica or 
modified silica 

Mobile phase Ion pairing reagents Polar solvent mixture 
(high water to acetonitrile 
ratio) with added ion 
pairing reagents  

Polar organic solvent 
e.g., acetonitrile with low 
water content 

Application Separation of highly polar 
compounds e.g., NDP, 
dNDP, NTP & dNTP 

Separation of less polar 
compounds e.g., NMP, 
dNMP & nucleobases 

Separation of highly polar 
compounds e.g., NTPs, 
dNTPs, NDP & Dndp 

LC/MS 

UV-vis detection has been widely used in combination with chromatography. 
Nucleotides strongly absorb UV light at wavelength range 260–270 nanometers (nm) 
due to presence of conjugated double bonds in their structure.152 However, UV 
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detection is limited by its low sensitivity and specificity.153 In the context of 
nucleotide analysis in cells, the low detection limit of UV-vis detection is 
challenging as it necessitates a substantial amount of starting cellular material.154,155 

MS is nowadays the most widely accepted alternative of UV-vis for nucleotide 
detection following chromatography. MS is considered 100–1000 folds more 
sensitive than UV-vis detection. It identifies nucleotides through the analysis of their 
mass-to-charge ratios (m/z) and identification of their molecular weights.156 MS is a 
versatile analytical technique that can be combined with various separation methods 
including LC, thin layer chromatography (TLC), gas chromatography (GC) as well 
as non-chromatographic methods such as CE.100 MS identifies and quantifies 
different molecules in a complex sample by ionization of molecules and 
identification of ions based on their mass-to-charge (m/z) ratio. Electron spray 
ionization (ESI) and matrix-assisted laser desorption ionization (MALDI) are two of 
the most prevalent ionization methods for nucleotide detection with MS.157 ESI is a 
soft ionization method which relies on using unpaired electrons for protonation and 
deprotonation of the fragment ions. For nucleotide analysis, ESI negative ionization 
mode is often used, as it leads to deprotonation of the Pi group, and improves the 
signal level. It also provides better fragmentation and more information about 
nucleotide structure.158–161 MALDI is another soft ionization technique widely 
utilized for nucleotide analysis with MS, it involves sample mixing with a specific 
matrix and ionization by laser beam.157  

A common approach to improve the performance of LC/MS is precolumn 
derivatization, in which nucleotides are modified to improve their detection. Several 
derivatization methods have been proposed for LC/MS analysis of nucleotides in 
biological samples, including benzoyl acid anhydride and hexamethyleneimine.162 
Binding of these derivates to nucleotides increases their hydrophobicity which 
consequently improves retention on the nonpolar stationary phase in RPLC, even 
without using of ionic pairing reagents.163,164 

After separation by LC, quantification of nucleotides is done by MS. Both direct 
and indirect methods have been developed for quantification. The direct 
quantification is the most widely used and is compatible with IP-LC or HILIC for 
separation of mono-, di- and trinucleotides into separate fractions followed by 
quantification of different nucleotide species by MS.124 However, other LC methods 
such as IP-RPLC may not retain different phosphate analogues of nucleotides in 
separate fractions due to poor interaction with the column. In such cases, an indirect 
quantification is usually used. An indirect method involves dephosphorylation of 
nucleotides by acid or alkaline phosphatase. Nucleosides are then retained much 
better on the RP column compared to their triphosphates precursors and quantified 
by MS as surrogates to the parent compounds.165  
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To obtain higher sensitivity, more precise quantification and improved knowledge 
of nucleotide structure, liquid chromatography-tandem mass spectrometry (LC-
MS/MS) has been applied for nucleotide analysis. It is nowadays considered as the 
gold standard method for the detection and quantification of nucleotides. The principle 
of tandem mass spectrometry (MS/MS) is based on using two mass analyzers. A 
specific product ion is selected from the mixture of ions generated by the first analyzer 
and directed towards the collision cell for further fragmentation. The product ions are 
then separated by the second mass analyzer based on m/z ratio.166 Triple-quadrupole 
and ESI are commonly combined, for nucleotide analysis by MS/MS. These two 
techniques together offer high sensitivity and selectivity which enables accurate 
identification and quantification of each nucleotide variant. ESI provides soft 
ionization of large biomolecules without excessive fragmentation of intact nucleotides. 
Triple-quadrupole, on the other hand, provides information on the nucleotides 
structure by selection and further analysis of the specific precursor ion of each 
nucleotide which is crucial for differentiation of nucleotides.124,167–170 

While HPLC/MS is a powerful technique, it comes with several limitations. One 
of the primary obstacles is the high cost of instrumentation and maintenance 
expenses, which can limit access in some laboratories. Additionally, the complexity 
of the technique requires well-trained personnel for development, optimization, and 
interpretation of data.171,172 Another limitation is its low throughput as HPLC/MS 
tends to be time-consuming and less suitable for analyzing a large number of 
samples.173 Moreover, nucleotide analysis using HPLC/MS requires large sample 
volume and extensive sample preparation including nucleotides extraction and 
derivatization.174 

Gas chromatography 

In comparison to LC, GC is a less useful technique for nucleotide analysis. The 
principle of GC is applied for separation of volatile and thermally stable compounds. 
Compounds are vaporized and carried by an inert gas mobile phase to interact with 
a solid or liquid stationary phase.175 Efficient nucleotide analysis using GC faces two 
primary challenges: the thermal instability of nucleotides and their high polarity, 
which results in strong interactions with the stationary phase, leading to poor 
separation.176–178 Consequently, this method necessitates the derivatization of 
nucleotides before analysis to enhance their volatility.179 

2.2.1.3 Capillary electrophoresis 

LC is a laborious and time-consuming process, where the sensitivity and quality of 
separation depends on a combination of multiple factors.180 In addition to 
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chromatography, CE can be employed for nucleotide separation and coupled with 
MS for detection. However, it requires a specific interface method because most of 
CE buffers are not suitable for direct connection with MS.181 The CE separation 
principle is based on migration of charged molecules under the effect of an electric 
field (Figure 8). CE/MS is a powerful tool with high-resolution for analysis of highly 
ionic molecules and has been extensively investigated for nucleotide analysis.182–186 
This method offers comparable sensitivity to HPLC but also provides additional 
benefits, including smaller sample volume and significantly shorter analysis 
time.187,188 However, sample preparation must be optimized to reduce analysis time 
and improve recovery.189,190 Additionally, CE/MS for anions has been associated by 
corona discharge formation, which interferes with reliability and reproducibility of 
the detection.191 Other possible alternatives to MS, which have been coupled with 
CE for detection of nucleotides or nucleotides associated molecules, include UV-vis, 
CL, and fluorescence. However, these typically require modification of nucleotides 
for detection. MS, on the other hand, offers a higher sensitivity and provides more 
information about the matrix and other molecules present in the sample, therefore it 
is more widely applied in combination with CE.189,192–194 

 
Figure 8.  CE coupled with UV-vis detector. The principle of CE for separation of nucleotides relies 

on migration of negatively charged nucleotides in capillary tube, when an electric field 
is applied to the sample buffer. Speed of travel in the capillary depends on number of 
charges and size, so that smaller and more oppositely charged molecules migrate 
faster. The overall direction of migration is towards the cathode, nucleotides with more 
negative charges migrate slower than nucleotide analogues with less negative charges. 
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2.2.2 Luminescent-based methods for nucleotide monitoring 
Luminescence is the release of energy from the excited state of a luminophore due 
to electron transfer from the ground state (S0) to a higher energy level status. It can 
be classified according to excitation mechanism into photon and non-photon 
luminescence. Non-photon luminescence methods include CL and 
electrochemiluminescence (ECL), do not require an external light source for 
excitation. Conversely, photon luminescence methods, also known as 
photoluminescence, involves the excitation of a molecule by photons, so that an 
electron transfers from the ground state to the higher energy level state, subsequently 
relaxing to the ground state and emitting photons. Several forms of 
photoluminescence include fluorescence, delayed fluorescence, time-resolved 
luminescence (TRL) and phosphorescence.195  

Jablonski diagram illustrates the energy transitions in fluorescence, 
phosphorescence and TRL, all of which share a common photon absorption phase 
followed by different relaxation mechanisms. In fluorescence, the relaxation of the 
excited electron from the first singlet state (S1) to S0 results in the emission of energy, 
typically occurring in a few nanoseconds. Occasionally, instead of the S1 to S0 
transition, intersystem crossing (ICS) occurs, leading to electron transition from the 
S1 state to the first triplet state (T1). The S1 to T1 transition can result in various types 
of luminescence. Phosphorescence is formed by ICS and relaxation from T1 to S0, 
with photon emission. In phosphorescence, the process of electrons relaxation from 
T1 to S0, is forbidden due to different spin of the two electronic states. Therefore, 
phosphorescence has a prolonged emission time of 0.001-100 seconds.195,197 In other 
cases, E-type delayed fluorescence arise from reversed ICS from T1 to S1 if the 
energy difference between S1 and T1 is small. Alternatively, P-type delayed 
fluorescence occurs due to transition from S1 to S0, as two excited T1 electrons 
collide, producing energy that excites one electron back to S1.198 

On the other hand, in TRL, after the electron crosses to the T1 state, 
intramolecular energy transfer from the excited ligand to the central ion occurs 
through relaxation from T1 to 5D. The lanthanide ion, after accepting energy from 
the excited chelate, undergoes an energy transition from 5D to 7F (Figure 9).3 This 
emission typically occurs on a millisecond scale, therefore lanthanide chelates are 
characterized by having a long emission lifetime (Figure 9).199  

Förster resonance energy transfer, also known as fluorescence resonance energy 
transfer (FRET), is a form of fluorescence in which two chromophores, one acting as 
a donor and the other as an acceptor, interact by exchanging energy.200,201 The 
magnitude of FRET depends on multiple factors, with the most crucial being the 
donor-acceptor distance and their fluorescence spectra. FRET requires an overlap 
between donor emission and acceptor excitation, as well as a short intermolecular 
distance of approximately 10 nm between the donor and the acceptor.201,202 In FRET, 
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the donor is fluorescent, while the acceptor can be either fluorescent or non-
fluorescent. Excitation of the donor and the subsequent energy transfer to the acceptor 
is not accompanied by emission of donor fluorescence in case of non-fluorescent 
quencher.203 Depending on the type of acceptor, FRET is detected by either an increase 
in the acceptor signal or a decrease in the donor fluorescence signal, or both.204  

Bioluminescence resonance energy transfer (BRET) is a type of FRET that does 
not require an external light source to excite the donor fluorophore and stimulate the 
energy transfer. BRET is most often used for cellular protein studies with luciferase 
as a donor and a fluorescent protein or dye as an acceptor (Figure 9).205 

 
Figure 9.  Jablonski diagram. Electron transfer from the ground state S0 to the higher energy states 

S1 or S2. In fluorescence, after vibrational relaxations and internal conversions, the 
electron returns to S0. If an acceptor molecule is within 10 nm from a donor molecule, 
energy is transferred to the acceptor without photon emission. In case of ICS, energy 
transition to T1 takes place before returning to the ground state resulting in 
phosphorescence. Alternatively, in TRL, relaxation to 5D state facilitates the energy 
transfer from the chelate to the central ion ultimately ending with relaxation to 7F and 
subsequent photon emission. 

In the forthcoming section, luminescent methods for the detection of nucleotides 
will be discussed. An efficient GTP sensor should recognize both the guanosine and 
the triphosphate to achieve high sensitivity and specificity. There are numerous 
methods designed for ATP detection and only a few are available for GTP detection, 
therefore, I will provide a general review of the methods used for NTPs with 
particular emphasis on GTP. These methods include chemiluminescent and 
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fluorescent based sensors. Not all luminescent techniques are applicable in real-time 
imaging of nucleotides, thus, a separate section will be dedicated for exploring 
probes specifically designed for live imaging. 

2.2.2.1 Chemiluminescent based sensors 

CL is a process in which a chemiluminescent enzyme reacts with a 
chemiluminescent substrate, producing light emission. Unlike other luminescence 
forms, CL does not require an external light source, making it advantageous in 
various fields such as biotechnology, molecular biology, and biochemistry.196 This 
method can also be applied in biological settings, including biological fluids, cells 
and tissues.206 Despite the high sensitivity of CL, the main drawback of this method 
is the weak signal level and substrate dependence.207 One of the most common 
examples of chemiluminescent reactions is the oxidation of luminol- and acridan-
based reagents catalyzed by horse radish peroxidase (HRP) in the presence of 
hydrogen peroxidase, resulting in 3-aminophthalate.This compound decays to 
ground state and emits photons to obtain stability.195,208  

The most established chemiluminescent sensors have been developed for the 
detection of ATP. The chemical sensor’s detection relies on the recognition of 
different structural components of ATP, including the negatively charged phosphate, 
the sugar moiety, and the adenine ring.29 A typical example for an ATP 
chemiluminescent sensor consists of three structures: rhodamine, a xanthene 
derivative dye that binds to the adenine ring; a phenylboronic acid group (PBA) that 
binds to the pentose sugar and lastly a diethylenetriamine (DETA), which interacts 
with the phosphate. In the presence of ATP, these three interactions occur, leading 
to light emission from the rhodamine. The sensor exhibited a significant fluorescence 
enhancement upon addition of 0.1 mM ATP and has subsequently been successfully 
employed for the detection of intracellular ATP at a similar concentration. 
Nevertheless, the sensor demonstrated a high degree of selectivity for ATP, 
effectively distinguishing it from UTP, GTP, CTP, GMP, and AMP, although it 
lacked similar selectivity for ATP when ADP was present.154,210  

In addition to CL sensors, several ECL techniques have been developed with 
picomolar sensitivity to ATP. ECL differs from CL in that it involves 
electrochemical reactions to provide the energy required for the excitation of 
luminophore in the vicinity of an electrode surface.211 Due to its high sensitivity, this 
technique is widely used for detection of nucleotides.212–214 One example of 
amplified ECL sensors involves the use of DNA sensors immobilized on a gold 
electrode. In the presence of ATP, the DNA complex is protected from digestion by 
exonucleases, because ATP binds to the DNA and stabilizes it, allowing the ECL 
reaction to occur at multiple positions, resulting in a significantly high signal.215,216  
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Bioluminescence (BL) is a biological phenomenon that takes place inside living 
organisms, involving a chemical reaction wherein luciferin is oxidized into a light- 
emitting form by the enzyme luciferase. This process results in the emission of 
visible light and is considered a form of CL. Importantly, this reaction consumes 
ATP as a source of energy, making the intensity of light emitted directly proportional 
to the concentration of ATP.217 The most well-known luciferase is derived from 
fireflies, but luciferases from various sources such as jellyfish, bacteria, beetles, and 
several marine organisms also exhibit BL activity.218 BL assays are characterized by 
their high sensitivity and low background.219 It is also worth mentioning that the 
sensitivity of BL assays is dependent on sensitivity of the detection platform used. 
Advances in detection technology over the last decades, have contributed 
significantly to marked improvement in sensitivity level.220  

 
Figure 10.  Bioluminescence for GTP detection. GTP remaining after GTPase nucleotide exchange 

is converted to ATP which is measured by BL. In a BL assay, ATP acts as an energy 
substrate for the luciferase catalyzed oxidation of luciferin resulting in the emission of 
photons. 

Unlike ATP, which utilizes luciferase for detection, GTP lacks a comparable 
enzyme. Consequently, GTP detection by BL requires a combination of enzymes in 
a multi-enzyme system to convert GTP of nucleotide exchange into ATP and then 
measure ATP by BL (Figure 10), which makes BL a demanding and costly approach 
for GTP detection compared to methods targeting other nucleotides like ATP.221,222 
The BL-based assay is primarily developed for detection of GTP associated with 
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GTPase activity. This is because measuring free cellular GTP poses challenges in 
terms of control and accurate estimation. The challenge arises due to the conversion 
of GTP into ATP in cellular processes, making it difficult to distinguish between the 
two nucleotides in free form.  

Several fluorescence-based approaches have been developed to detect anion 
compounds in neutral pH and in biological samples.223 These sensors are commonly 
used for the accurate identification of NTPs. More than one approach is often 
combined to improve the affinity and selectivity of the method. In the context of 
GTP detection, many fluorescent sensors primarily rely on the recognition of 
triphosphate, achieved by hydrogen bond formation with pyridinium and 
imidazolium receptors. Additionally, recognition of guanosine occurs through 
electrostatic interactions with aromatic structures, resulting in quenching of 
fluorescence.224 

Fluorescent aptamers have been widely investigated for nucleotide detection. 
Aptamers are not naturally fluorescent molecules; however, they can be conjugated 
with a fluorescent label to form a labeled fluorescent aptasensor. An alternative 
approach for utilizing fluorescent aptamers in NTPs detection is using unlabeled 
aptamers. In this method, a mechanism is developed to induce fluorescence emission 
based on the aptamer’s inherent ability to recognize specific nucleotides. This 
strategy is markedly dependent on the aptamer’s affinity to nucleotides, which 
manifests as a signal amplification, resulting in observable fluorescence. 

Recently a promising label-free, fluorescent-based sensor for intracellular GTP 
detection was developed. This method involves using a DNAzyme, which is capable 
of self-phosphorylation at the 5’ end by hydrolysis of GTP into GDP and Pi. The 
phosphorylation of the DNAzyme causes a conformational change which allows 
binding of the phosphorylated DNAzyme to the complementary DNA strand. The 
double stranded DNA will then be degraded by a specific A Lambda exonuclease, 
resulting in low signal upon binding of SYBR Green I fluorescent dye (Figure 11).225 
However, it is important to note that the specificity of this method is significantly 
dependent on the DNAzyme selectivity for GTP. For example, DK2 is highly 
specific for GTP,226 while other DNAzymes can also dephosphorylate ATP, thus, 
cross reactivity with ATP is most likely to occur.107  

 Additionally, Ruthenium (II) intercalating dye is widely studied for 
development of label-free aptamers for ATP detection. Ru(phen)2(dppz)]2+ is 
typically non-fluorescent in aqueous solution; however, it emits fluorescence when 
it binds with nucleotides. PicoGreen is another intercalating dye, utilized for 
development of ATP aptasensor, with metal-enhanced fluorescence (MEF) to 
amplify the signal and enhance the photostability of PicoGreen.102,227 
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Figure 11.  DNAzyme for detection of GTP. The DNAzyme used in this method recognizes only 

GTP as a substrate for DNAzyme phosphorylation at the 5’end. The phosphorylation 
causes a conformational change in the DNAzyme which allows the phosphorylated 
DNAzyme to hybridize with a complementary strand. The formed a double stranded 
DNA is then degraded by a specific A Lambda exonuclease. SYBR Green I fluorescent 
dye binds insufficiently to the digested DNA complex resulting in weak fluorescence. 
Figure is modified from the original.225 

Other non-aptamer based fluorescent sensors for GTP detection in neutral pH 
include Metal-based Zn(II)-Dipicolylamine (Zn (II)-DPA) probe and imidazolium 
derivatives probes. Zn (II)-DPA is a metal ion that targets the ammonium-based 
anion receptors and interacts with guanine and the two phosphates (β and γ) bound 
to the nucleoside (Figure 12).228,229 This metal ion recognition is combined with 
fluorescent reporter. Imidazolium derivatives probes have also been proven to bind 
to anion receptors and produce fluorescence quenching upon binding to GTP.230–233 
Conversely, BAB-PDI and Copper based fluorescent probes showed high potential 
in detecting GTP by exhibiting unique quenching patterns with minor interference 
from other NTPs and guanosine phosphate analogues.234,235 

 
Figure 12. Zn (II)-DPA metal ion interaction with anions. Zn2+ has a high affinity to anions, 

especially with phosphate groups. Zn (II)-DPA is formed of a tridentate DPA bound to 
Zn2+ at two nitrogen atoms.  
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Among other strategies for GTP fluorescence-based detection, pyrene-based 
probes have been proposed. Examples of this probe include a fluorescent compound, 
8-hydroxy-1,3,6-pyrene trisulfonate (HPTS) (Figure 13), and pyrene-modified 
ribonucleopeptide (RNP) probe.  

The HPTS method for GTP detection is based on an indicator displacement 
strategy, in which HPTS fluorescence is quenched upon binding to a specific 
receptor and released in the presence of GTP due to HPTS displacement by the 
higher affinity nucleotide. The distinctive affinity of different nucleotides for that 
specific receptor, grants the differentiation of GTP from other nucleotides.236  

On the other hand, the pyrene-modified RNP probe operates by synthesizing a 
RNP sensor derived from a GTP specific RNA library. This is followed by the 
modification of the peptide subunit to form a fluorescent labeled peptide that binds 
covalently to the RNA subunit. The intrinsic fluorescence of the RNP sensor is 
released from quenching upon binding to GTP. The approach combines the 
functionality of a fluorescent labeled peptide with the high sensitivity of aptamers. 
Both the HPTS and pyrene-based probes offer the additional benefit of being 
compatible with biological sample.237,238 

 
Figure 13.  Fluorescent RNP probe for GTP detection. A pyrene-labeled peptide is modified with a 

linker that can bind covalently to the RNA aptamer forming a covalently bound 
fluorescent RNP probe to increase sensitivity and allow simultaneous detection of 
multiple targets. In absence of GTP, the probe fluorescence signal is quenched, 
however, binding of the target nucleotide stimulates emission of the intrinsic 
fluorescence. Figure is modified from the original.237 
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2.2.2.2 Live cell imaging 

There are numerous well-established methods for measuring NTPs in cells, but only 
a few have the capability of real-time imaging of NTPs in living cells. The existing 
techniques are mostly developed for ATP detection.122 In contrast, the techniques 
designed for measuring GTP primarily aim at measuring GTP bound to G-
proteins.239–241 Designing an optimal GTP probe is challenging, as it should have 
high temporal and spatial resolution. 

Ratiometric probes have proven successful for live imaging of nucleotides. 
Ratiometric detection is based on measuring the ratio of two signals at two 
different wavelengths, one for the analyte of interest and the other for a reference 
compound with unchanging signal. The presence of the analyte induces a 
detectable change in the ratio of this dual excitation/emission system. Through 
signal comparison, the concentration of the analyte can be estimated.242 Several 
ratiometric probes have been designed for ATP detection such as QUEEN and 
PercevalHR. In these probes, ATP binding, induces a change in the excitation 
wavelength of a circularly rearranged green and yellow fluorescent protein (YFP), 
respectively. Another ratiometric probe for real-time ATP visualization is 
ATeams, which measures the FRET signal between a donor cyan fluorescent 
protein (CFP) and an acceptor YFP.243–245 A genetically encoded ratiometric probe 
has recently been developed for GTP detection by inserting a circular permutated 
YFP (cpYFP) into the bacterial FeoB. FeoB, is a transmembrane G-protein that 
binds to GTP, resulting in a ratiometric change in the fluorescence signal of cpYFP 
in presence of GTP.246 On the other hand, fluorescent aptasensors offer a promising 
alternative for live imaging and direct quantification of nucleotides. Nano-flares 
aptasensors are formed of aptamers immobilized on AuNPs with fluorescent 
reporters. These aptasensors can be applied for imaging ATP in living cells after 
the cellular uptake of the nano-flares aptamer-modified nanoparticles. In the 
presence of the target molecules, aptamers bind to the analyte, leading to the 
release of the fluorescent reporters (Figure 14).247 
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Figure 14.  Nanoflare aptamer for ATP detection. A monolayer of aptamers is assembled on AuNP. 

The fluorescence signal of fluorescent reporters bound to aptamers is released when 
aptamers bind to the target nucleotides. Figure is modified from the original.247 

Another aptamer with similar principle is ROX-aptamer, which undergoes active 
endocytosis after being incubated with the cells. This property makes it suitable for 
in vivo measurement of ATP. ATP specific ROX-tagged aptamers are assembled to 
titanium carbide nanosheets, which have a significant quenching efficiency for ROX. 
Upon binding of ATP, the ROX fluorescence is released (Figure 15).248 The same 
principle can be adapted for GTP detection by utilizing GTP-specific aptamers.  

Similarly, single-walled carbon nanotube (SWNT), which emits near-infrared 
fluorescence has been combined with the luciferase assay for live imaging of 
intracellular ATP. This method is based on BL recognition of ATP by luciferase, 
followed by the production of the light-emitting luciferin, which quenches the 
fluorescence of SWNT.249 

 
Figure 15.  ROX-aptamer for NTP detection. A fluorescent aptamers signal is quenched by titanium 

nanosheets, however, when the aptamer is bound to NTP, the fluorescence signal is 
released. Figure is modified from the original.248 
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2.2.2.3 Indirect methods 

In addition to direct measurement of intracellular GTP, the concentration can be 
estimated by measuring cellular GTP/GDP ratio. Various enzymes regulate the 
interconversion of GDP and GTP during glycolysis and oxidative phosphorylation. 
Change in GTP/GDP ratio indicates increased GTP hydrolysis due to high 
mitochondrial energy consumption. High Response of GTP/GDP Ratio Sensor 
(GRISerHR) is a genetically coded fluorescent sensor that was recently developed 
for monitoring GTP/GDP ratio in living cells.250 

Table 2.  Review of different methods for detection of nucleotides in cell-based assays. 

Method Principle Through- 
put 

Typical 
detection 
sensitivity 

for GTP Ref. 

Colorimetry Measures absorption 
and rely on change in 
color due to interaction 
of the target NTP with 
a specific reaction 
component 

High nM- µM No 
not available 
for free GTP, 
measures 
only GTPase 
activity 

104, 110, 114, 
117, 251 

HPLC + 
detection 

Separates NTPs 
based on their 
interaction with the 
mobile and stationary 
phases 

Low µM -mM for UV 
nM-µM for MS 

Yes 122, 123, 131, 
137, 138, 140, 
149, 150, 153, 
169, 173, 
252–260 

CE + 
detection 

Separates NTPs 
based on their size 
and charge in an 
electric field 

Medium µM -mM for UV 
nM-µM for MS 

Yes 183, 184, 186, 
187, 189–191, 
261–266 

CL Measures light 
emission produced 
from a chemical 
reaction 

High pM-nM Yes 194, 206, 212 

ECL Measures light 
emission produced 
from Electrochemical 
reaction 

High pM-nM Yes 211, 213–216, 
227, 267–273 

BL Measures light 
emission produced 
from Biological 
chemical reaction 
that uses ATP as an 
energy source, GTP 
is detected after 
conversion into ATP  

High pM-nM No 
not available for 
cellular GTP, 
measures only 
GTP remaining 
from nucleotide 
exchange in 
RAS proteins 

195, 205, 217, 
218, 220, 221, 
274 

Fluorescence Measures light 
emission of fluorophore 
labeled aptamers or 
Ruthenium based label 
free aptamers  

High nM-µM Yes 102, 209, 224, 
237–239, 242, 
248, 275–279 
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2.3 Summary 
There are a vast number of methods for measuring GTP and studying GTP-
associated proteins. Methods for monitoring GTP associated with GTPases are more 
focused on evaluating the role of nucleotide exchange in cell biology context for 
understanding the dynamics of GTPases activity and its impact on cellular processes. 
This research aims to identify potential drug candidates for medical conditions with 
dysregulated GTPases activity. In addition to GTP associated with GTPases, GTP is 
involved in multiple cellular activities such as protein synthesis, energy currency and 
cell fate. Therefore, the estimation of free GTP concentration in cells is essential, as 
it reflects the metabolic activity and energy status of the cell. However, 
quantification of free GTP, whether by live imaging or by nucleotide extraction, is 
considered challenging. The cellular coexistence of other NTPs, especially ATP, and 
guanosine phosphate analogues (GDP and GMP), increases the risk of cross 
reactivity. Therefore, the selectivity and sensitivity of the detection method is crucial 
for accurate quantification. 

Each of the luminescent and non-luminescent based methods for GTP 
quantification has its the strengths and weaknesses. The currently most established 
method for nucleotide detection is chromatographic separation followed by mass 
spectrometry for quantification. LC for GTP detection has many advantages, such as 
efficient separation of nucleotides and other metabolites simultaneously, high 
sensitivity, and compatibility with biological samples. Additionally, MS provides a 
vast amount of information about the nucleotide structural details. Despite all the 
benefits, this method is considered laborious and low throughput. In addition to the 
costly equipment, LC demands a high level of expertise. Furthermore, the selectivity 
and reproducibility of LC purification are drastically dependent on the column type 
and mobile phase components. Luminescent methods, on the other hand, maintain 
the sensitivity and have better throughput compared to LC. Moreover, some of the 
luminescent approaches can be adapted for live imaging for spatial detection of GTP. 
However, most of the currently available probes are developed for ATP detection. 
Therefore, development of novel probes for GTP determination is desperately 
needed. 

The current methods for NTP detection are primarily designed for ATP 
detection, given its critical role for energy transfer and its abundance in cells. 
Methods exclusively dedicated to identifying and quantifying intracellular NTP 
levels typically begin with the laborious and time-consuming process of nucleotide 
extraction from cells. Efficient separation of various nucleotides and distinguishing 
the target NTP from NMP or NDP demands high selectivity to both the nitrogenous 
base and the triphosphate. Moreover, achieving a high sensitivity level is crucial for 
detecting trace amounts while minimizing the use of large sample volumes.  
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In contrast, real-time imaging within living cells bypasses the laborious 
nucleotide extraction process. However, it necessitates the creation of a probe with 
the ability to cross the cell membrane and exhibit high selectivity to GTP. This 
selectivity is crucial due to the simultaneous presence of other structurally related 
NTPs, such as ATP, which is found intracellularly at a higher concentration than 
GTP. 

Luminescent biosensors currently rely predominantly on aptamer recognition, 
employing diverse detection techniques. Among these methods, colorimetric 
detection stands out for its cost-effectiveness and simplicity, while CL offers high 
sensitivity and minimal background interference. However, these approaches are 
typically tailored to identify a specific NTP through a corresponding aptamer, and 
their applicability is confined to specific matrices. 

The introduction of a method capable of concurrently detecting both GTP and 
ATP would represent a significant advancement. Such a technique holds significant 
value for comprehending and investigating the ATP/GTP ratio, offering insights into 
how this ratio is influenced by various metabolic processes. 
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3 Aims of the Study 

The main objective of this PhD was to develop innovative tools for monitoring free 
cellular GTP and GTP-associated proteins. The study aimed at developing a cell-
based high throughput assay for combined GTP/ATP detection. Additionally, it 
aimed at investigating possible external luminescent probes to study GTPases and 
their interactions with potential inhibitors. 
 
The specific objectives of the original publications were: 

I To develop a novel homogenous high throughput assay for measuring 
GTP/ATP level in cells. 

II To employ the Protein-Probe method for evaluating thermal shift assay as a 
tool for studying small GTPases stability. 

III To Assess the new FRET-Probe method and its functionality in thermal and 
chemical stability monitoring of proteins. 

IV  To identify the chemical basis and binding specificity of KRASG12C covalent 
binders, AMG510 and MRTX849, and possible mechanisms of resistance.  
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4 Material and Methods 

This chapter presents a collective description of all materials and methods used in 
the doctoral thesis. Separate and more detailed information is displayed in the related 
publications and their supplementary documents. 

4.1 Luminescent Probes 

Labeled reporter conjugates 

The Eu3+-Probe (pub II-III), Eu3+_GTP and Eu3+_GDP (pub I, II & III) were 
prepared by conjugating the target analyte to the 9-dentate chelate, {2,2',2",2'"-
{[4'-(4'"-isothiocyanatophenyl)-2,2',6',2"-terpyridine-6,6"-diyl]bis(methylene-
nitrilo)}tetrakisacetate)} europium(III). Additionally, Eu3+_streptavidin (SA) was 
labeled by conjugating streptavidin to Heptadentate isothiocyanate (ITC)-TEKES-
Eu(III)-chelate (pub II). For the Eu3+-Probe, ITC Eu3+_chelate is bound to peptide 
sequence (NH2-EYEEEEEVEEEVEEE) at the N terminus. Labeling procedure was 
described in previous work.99,280,281 Then, the labeled compound was purified by 
reverse phase liquid chromatography. The product concentration was estimated 
based on the comparison of the TRL-signal of the Eu3+_chelate conjugates to that of 
its appropriate commercial Eu3+ standard, according to Dissociation-Enhanced 
Lanthanide Fluorescent Immunoassay (DELFIA) principle, in which addition of 
DELFIA solution causes dissociation of Eu3+, consequently the free Eu3+ emits much 
higher TRL-signal compared to the chelated Eu3+. 

FRET-Probe (pub III) is a short peptide sequence (H2N‐
EYEEEEEVEEEVEEEVEEEVEEEK-Cy5), conjugated at the C-terminus to 
cyanine5 (Cy5) by the manufacturer, and at the N-terminus to 9-dentate  
chelate, {2,2',2",2'"-{[4'-(4'"-dichlorotriazine)-2,2',6',2"-terpyridine-6,6"-diyl] 
bis(methylene-nitrilo)}tetrakisacetate)} europium(III). Conjugation of Eu3+_ chelate 
was performed in the same way as described earlier for the single labeled conjugates. 

AF647_GTP (pub II) was prepared by conjugating Alexa Fluor dye (AFDye) 
647 Tetrafluorophenyl (TFP) to GTP according to the manufacturer’s instructions. 
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The product concentration was estimated based on comparing the fluorescence of 
the AF647 conjugated GTP to that of a commercial standard. 

4.2 Instrumentation and measurement parameters 
TRL-signal was monitored with Tecan Spark 20M (Tecan, Switzerland). Eu3+-
Probe, Eu3+_GTP, Eu3+_GDP, Eu3+_SA and AF647_GTP were purified by reverse-
phase liquid chromatography, using Dionex Ultimate 3000 LC -system (Dionex, 
USA) and Ascentis RP-amide C18 column (Sigma-Aldrich, Supelco Analytical). 
Heating of protein samples for all thermal stability assays (TSA) (pub II-IV), was 
performed with PTC-100 Programmable Thermal cycler (MJ Research, 
Watertown, MA).  

Black Framestar 96-well plate from (4titude) was used for all Protein-Probe 
TSA, SYPRO Orange, and ANS assays (pub II–IV). Black 384-well plates PCR 
(4titude) and black 384-well low volume plate (Corning) were used for FRET-
Probe TSA and isochemical denaturation (ICD) assays, respectively (pub III). 
GTP-antibody and nucleotide exchange assays were performed in white 384-well 
low volume plate (Corning) (pub I–IV). In (pub I), 96-well Costar tissue culture 
treated plate was used for cell culturing (Corning) and 384-well cell black 
Optiplate (PerkinElmer, Netherlands) was utilized for sample preparation. 

In all measurements, the plate-reader parameters were adjusted according to 
the specific method requirements. The delay time signifies the duration during 
which the measurement gate to the detector remains closed after excitation. 
Conversely, the decay time represents the duration during which the gate is 
reopened to monitor the emission of the fluorophore. In Protein-Probe, Eu3+ 
lanthanide chelate, exhibits a time-resolved luminescence with an emission decay 
that lasts for milliseconds.282 To avoid autofluorescence and nonspecific signal, a 
delay of at least 400 µs is employed followed by the opening of the gate for an 
additional 400 µs to measure the emission decay. In our assays, a decay of 800 µs 
provides a better signal-to-background (S/B) ratio when the probe binds to the 
denatured protein, due to the lower background noise resulting from the interaction 
of the1',3,3,3',3'-Hexamethylindodicarbocyanine (HIDC) quencher with the probe. 
For the FRET-Probe, the Eu3+ acts as a donor transferring energy to the acceptor 
(Cy5). The energy transfer is observed as an accelerated emission decay of the Eu3+ 
when the Eu3+ and Cy5 are in close proximity.  
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Table 3.  The Tecan plate reader measurement parameters. 

Luminescent 
conjugates 

Excitation 
wavelength 
(nM) 

Emission 
wavelength 
(nM) 

Delay 
(µs) 

Decay 
(µs) 

Publication 

Eu3+-Probe 
Eu3+_GTP 
Eu3+_GDP 

340 620 800 400 I-IV 

Eu3+_SA 
/AF647_GTP 

340 665 50 200 II 

FRET-Probe 340 665 50 200 III 
SYPRO Orange 485 590 0 40 II–IV 

4.3 Assay reagents preparation 
The detection solution and reagent dilutions for different methods were performed 
in different buffers. The buffer components in different assays are listed in Table 4. 

Table 4. The buffer composition in different assays 

Buffer Application Buffer components Publication 
1 QRET nucleotide 

exchange assay buffer 
20mM HEPES (pH 7.5), 1 mM MgCl2, 
10 mM NaCl, 0.01% Triton-X 100, 
0.005% γ-globulins 

II–IV 

2 QRET GTP-antibody 
buffer 

25 mM HEPES, pH 7.5, 1 mM MgCl2, 
0.01% Triton X-100 

I 

3 FRET-Probe ICD sample 
buffer 

10 mM Hepes pH 7.5, 10 mM NaCl, 
0.01% Brij 30 

III 

4 FRET-Probe TSA 10 mM HEPES (pH 7.5), 0.001% Triton 
X-100 

III 

5 FRET-Probe pH 5 ICD Citrate phosphate buffer (10.3 mM 
Na2HPO4, 4.85 mM citric acid pH 5, 
0.01% (v/v) Brij 30)  

III 

6 FRET-Probe urea ICD 10 mM Hepes pH 7.5, 1 M urea, 10 mM 
NaCl, 0.01% Brij 30 

III 

7 FRET-Probe propanol ICD 10 mM Hepes pH 7.5, 10-50% propanol, 
10 mM NaCl, 0.01% Brij 30 

III 

8 SYPRO and ANS buffer 10 mM HEPES (pH 7.5), 0.001% Triton 
X-100 and 20 mM NaCl 

II–IV 

9 Protein-Probe sample 
buffer 

10 mM HEPES (pH 7.5), 0.001% Triton 
X-100, 20 mM NaCl with 0-10 mM MgCl2, 
or 0-1 mM CaCl2, or 0-1 mM EDTA 

II–IV 

10 Protein-Probe detection 
buffer 

Citrate-phosphate buffer (7.7 mM Na2HPO4, 
6.1 mM citric acid, pH 4) supplemented 
with 0.01% (v/v) Triton X-100, 3.5 µM 
HIDC, and 1 nM Eu3+-Probe 

II–IV 
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Cell culture and sample preparation for GTP antibody assay 

In this study, cell lines Cell lines (A549, HEK293T, U87MG, QGP1, MDA-MB-
468, HTC116, BT-474, and HeLa) were cultured and treated with either MPA and 
guanosine. U87MG, HTC116, A549, HeLa, MDA-MB-468 and HEK293T cells 
were cultured in DMEM, and QGP1 and BT-474 cells in RPMI 1640 media. All 
media were supplemented with 10% FBS, 1% penicillin/streptomycin, and 2mM L-
glutamine. U87MG and HEK293T (10 000 cells) were cultivated in 96-well plate, 
followed by treatment and nucleotide extraction with 80% MeOH. For GTP and ATP 
detection in cell lysates, (~500 cells/well) in 384-well plate were performed in 
triplicates. 

4.4 Assay proteins and ligands 
NRASWT, HRASWT and KRASWT (pub II & IV), KRASG12C, KRASG13D, KRASQ61L 
and KRASG12D (pub II-IV), Ac-KRAS, iMet-KRAS, Gαi, RhoA, KRASY96D, 
KRASH95L, G12CH95L and G12CY96D (pub IV), KRASG12V (pub III & IV), SOScat, 
Malate dehydrogenase (MDH) and trastuzumab (pub III) were tested. 

The KRAS inhibitors utilized as ligands were GTP for KRASG12V, BI-2853, 
BAY-293, and BI-2852 for KRASWT, KRASG12C and KRASG12D. DARPins K13 and 
K19 for KRASWT and KRASG12C and K27 for KRASWT, KRASG12D, KRASG12C, 
KRASQ61R and KRASQ61L. AMG510, MRTX849, ARS1620 and ARS853 for 
KRASG12C, and NADH for MDH (pub III & IV).  

4.5 Assays principles 

4.5.1 QRET assays 
A single-label GTP QRET technique is based on using a Eu3+chelate labeled GTP. 
The binding of Eu3+_GTP to its target protein protects the chelate from quenching by 
the soluble quencher (MT2) and is associated with high TRL-signal monitored at 
620 nm. In this doctoral work, the QRET approach was applied for measuring GTP 
nucleotide exchange associated with small GTPases as well as cellular GTP level, 
using a unique GTP antibody, which is a Fragment antigen-binding (Fab) selected 
by phage display from a synthetic antibody fragment library (scFvM). This Fab 
fragment demonstrated exceptional specificity for GTP compared to GDP, ATP and 
CTP. 283,284 In the RAS nucleotide exchange reaction catalyzed by SOS, a high TRL-
signal is monitored when Eu3+_GTP is bound to RAS, indicating less GTP bound to 
RAS and high GTPase activity (Figure 16A). On the other hand, in the GTP antibody 
assay, a high signal is monitored when Eu3+_GTP binds to the GTP specific antibody, 
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indicating a low level of free cellular GTP (Figure 16B). In the presence of GTP, the 
competition with Eu3+_GTP for RAS or GTP antibody will result in a low TRL-signal 
due to the quenching of Eu3+_GTP signal by MT2 (Figure 16). 

 
Figure 16.  QRET assay principle for nucleotide exchange and GTP detection. QRET is based on 

competitive inhibition. In QRET assay, target GTP binds to (A) RAS protein or (B) GTP 
antibody, thus, TRL-signal of the free Eu3+_labeled GTP is quenched by the soluble MT2 
quencher molecule in solution. In absence of target GTP, Eu3+_labeled GTP can bind 
efficiently to RAS or GTP antibody and high TRL-signal is monitored. 

Nucleotide exchange QRET assay protocol: All QRET assays were 
implemented utilizing an endpoint protocol by monitoring the TRL-signal multiple 
times during 60 min incubation. KRASWT (15-100 nM) (pub II & IV), KRASG12C 
(50 nM) (pub III), HRAS, NRAS, KRASQ61L, KRASG12D, KRASG12V, KRASG13D, 
KRASY96D, KRASH95L, G12CH95L and G12CY96D (100 nM) (pub IV), were diluted in 
buffer 1 (Table 4). Eu3+_GTP (10 nM) (pub II) or Eu3+_GDP (10 or 50 nM) (pub III 
& IV), MT2 quencher (2.5–4.5 μM) and SOScat (5-10 nM) were added in the 
detection solution. Different KRAS inhibitors, AMG510, MRTX849 (pub II–IV), 
ARS853, ARS1620 (pub II & III), and BI-2852, BI-2853, BAY-293, and Designed 
Ankyrin Repeat Proteins (DARPins), K13, K19, and K27 (pub II), or nucleotides 
(ATP, GMP, guanosine-5’-(βγ)-imido] triphosphate (GMPPNP), guanosine-5’-
[(βγ)-methyleno] triphosphate (GMPPCP), guanosine-5’-(γ-thio)-triphosphate 
(GTPγS), GDP, GTP) in buffer 1 (Table 4) were titrated after (5–30) min 
preincubation with the target protein. In a real-time TR-FRET assay conducted in a 
10 μL assay volume, the ligands K13, K19, and K27 were incubated with the 
biotinylated Avi-KRAS (50 nM) for 10 minutes within a 6 μL solution. 
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Subsequently, 2 μL SOScat (0-10 nM) was introduced, followed by adding detection 
solution (2 μL) containing 50 nM AF647-GTP and 5 nM Eu3+_SA. The kinetics of 
nucleotide exchange both in the presence and absence of SOScat, were monitored 
over a period of 90 minutes. 

GTP antibody QRET assay protocol: All assays were performed in buffer 1 
(Table 4), both GTP and ATP were detected simultaneously in final volumes of 
10 µL detection solution for GTP and 20 µL for ATP assay. In addition to GTP and 
ATP, several other nucleotides (GMP, GDP, GTP, CTP, UTP, and ATP) were 
titrated (0–500 µM). All nucleotides were added in 5 µL, then mixed with 5 µL 
detection solution, Eu3+_GTP (10 nM), GTP antibody 2A4GTP (20 nM), and MT2 
(2.7 µM). TRL signal was measured, then 10 µL of the ReadiUse™ Rapid 
Luminometric ATP detection kit was added to the 10 µL nucleotide samples, and 
luminescence signal for ATP was monitored for 5–60 min at several time points after 
15 min incubation time. MeOH (2-28%) was added to GTP and ATP buffers to 
simulate MeOH level in cell lysates. 

4.5.2 Stability assays 
Protein-Probe is made of a short peptide labeled at its N-terminus with Eu3+_chelate. 
The peptide binds to different proteins in the denatured form and interacts much less 
with the native protein form. Therefore, it is suggested that the binding mechanism 
of the probe depends mainly on interaction with the hydrophobic core of the protein 
which is accessible to the probe when the protein is thermally unfolded. Ligand 
binding increases protein stability and causes a shift in the Tm value. (Figure 17). 

The Protein-Probe peptide is negatively charged at neutral pH. At lower pH, the 
binding efficiency to denatured proteins is markedly enhanced due to partial 
protonation. Protein-Probe detection solution is supplemented by HIDC quencher. 
The Eu3+_chelate excitation/emission wavelengths (Table 2) and HIDC absorption 
(636 nm) is in the same emission range of Eu3+_chelate. In absence of target protein, 
the signal of the free probe is quenched and thus background noise is significantly 
eliminated. On the other hand, when the probe binds to the denatured protein, it is 
protected from the quenching effect and high TRL-signal is monitored. 
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Figure 17.  Protein-Probe principle for monitoring protein thermal stability. Protein-Probe is an 

Eu3+_labeled peptide that interacts with the hydrophobic core of different proteins. The 
inner core is efficiently exposed to the probe when the protein is thermally denatured. 
This leads to sufficient binding and release from the quenching effect of the soluble 
modulator molecule in the reaction. TRL-signal monitored at different temperatures are 
indicative of the protein thermal curve and is used to calculate Tm value. Ligand induced 
stabilization of protein interferes with protein unfolding, therefore, results in weak binding 
with the probe and causes a Tm shift (ΔTm). 

The FRET-Probe is formed of a short peptide which is linked to Eu3+_chelate at 
its N-terminus and to Cy5 dye at the C-terminus as donor and acceptor molecules, 
respectively. The probe detection mechanism is based on measuring the time-
resolved FRET (TR-FRET) signal between the two fluorophores, which requires 
spectral overlap and close distance of the two molecules. In the FRET-Probe, 
Eu3+_chelate is excited at a wavelength 340 nm and emits light at 620 nm, which 
overlaps with Cy5 excitation (635 nm) resulting in energy transfer and microsecond 
light emission at 665 nm.285 In the absence of target protein, the distance between the 
two label molecules does not provide high energy transfer and low TR-FRET signal 
is monitored. In contrast, the two labels are in close proximity upon binding of the 
FRET-Probe to a target protein, resulting in a high TR-FRET signal. Similar to the 
Protein-Probe (pub II), the FRET-Probe is suggested to interact with the protein at 
its hydrophobic core, thus binding with denatured protein rather than the native form 
(Figure 18). In this thesis project, the FRET-Probe was applied to monitor protein 
thermal stability by measuring the Tm value in TSA (Figure 18A), and protein 
chemical stability by monitoring real-time kinetics of protein unfolding in the ICD 
assay (Figure 18B). 
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Figure 18.  FRET-Probe principle for monitoring protein thermal and chemical stability. (A) Principle 

of FRET-Probe for thermal stability monitoring. FRET-Probe is a dual labeled peptide 
with Eu3+chelate and Cy5 at the opposite ends. FRET-Probe binds to the hydrophobic 
core of the protein, which is exposed to the probe when the protein unfolds by heating. 
The binding reduces the distance between the donor (Eu3+) and acceptor (Cy5) 
fluorescent molecules, resulting in energy transfer, which is monitored as high TR-FRET 
signal. In presence of ligand, the protein is more stable, and requires higher temperature 
to unfold, monitored as a Tm shift (Δ Tm). (B) Principle of FRET-Probe for chemical 
stability monitoring is based on monitoring real-time kinetics of protein stability over time. 

Protein-Probe assay protocol: The Protein-Probe was conducted in a two-step 
protocol. KRASWT and mutants (in 8 µL) at variable concentrations, were added in 
the sample buffer 9 (Table 4). Protein samples were heated for 3 min at each 
temperature, and 65 µL of the detection solution performed in buffer 10 was added 
(Table 4). Finally, TRL-signal was monitored. 

FRET-Probe TSA protocol: TR-FRET signal TSA was measured in a 25 µL 
volume assay. 20 µL of FRET-Probe (0.5 nM) in buffer 4 was mixed with KRASWT, 
KRASG13D and KRASQ61R (150 µM), KRASG12V and KRASG12C (50 µM), trastuzumab 
(20 nM), MDH (25 nM), and SOScat (10 nM). NADH (5-50 µM), MRTX849 (250 
nM) were incubated with proteins for 30 min before adding the detection solution. 
Next, the assay reaction was heated every 5 °C for 2 minutes before measuring the 
TR-FRET signal.  

FRET-Probe ICD protocol: All FRET-Probe ICD experiments were 
implemented at room temperature in a 25 μL final volume. In all assays, proteins and 
ligands were prepared in buffer 3. KRAS ligands GTP (0-2 µM), AMG510 and 
MRTX849 (0-10 µM) or ARS853 and ARS1620 (0-50 µM), and MDH ligand 
NADH (0-50 µM) were preincubated for 30 min in a 5 µL volume with KRAS. 
Immediately after the addition of 0.5 nM FRET-Probe (20 µL) diluted in chemical 
denaturation buffers (5-7), real-time FRET signal is monitored.  
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SYPRO Orange and ANS TSA protocols: SYPRO Orange and ANS assays were 
carried out with 8 µL RAS (10 µM) and 12 µL inhibitors (20 µM) in buffer 8. After 
30 min incubation, SYPRO Orange or ANS were added to achieve a final 
concentration of (5×) or (10 µM), respectively. The samples were then heated for 3 
min at each temperature, and the fluorescence signal was measured. 
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5 Results and Discussion 

The results and discussion section of this thesis offers a comprehensive overview of 
the findings. Detailed information is presented in the associated publications and 
their supplementary materials, where readers can have a more extensive insight into 
data and analytical discourse. 

5.1 Cellular GTP studies 
To continue with GTP studying, we aimed at single well detection of GTP in cell 
lysate (pub I). For that purpose, a QRET based assay using 2A4GTP GTP antibody 
was utilized. The QRET assay was previously applied for studying RAS GTPase 
activity.283,284 In this thesis project, the QRET method was employed for measuring 
the concentration of GTP extracted from cells with a short cell lysis protocol 
reducing preparation time and boosting overall throughput. Cellular GTP exists with 
other nucleotides and phosphate analogues, with high similarity in structure 
especially ATP which is 10-fold higher in concentration.16 Therefore, it is essential 
for the GTP antibody to avoid cross reactivity with nucleotides. Methanol (MeOH) 
utilized for the extraction of nucleotides from cells, was first tested for its 
compatibility with the QRET method. Nucleotides’ concentrations in both U87MG 
and A549 were measured before and after MeOH evaporation. GTP (Figure 19A) 
and ATP (Figure 19B) concentrations monitored directly from MeOH or after 
evaporation and reconstitution in Milli-Q water were the same, showing suitability 
of the QRET method for protocols that involve the use of MeOH. 
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Figure 19.  The effect of MeOH on the QRET method for monitoring GTP and ATP concentrations. 
GTP (A) and ATP (B) concentrations in U87MG (black) and A549 (red) were measured 
directly from samples in MeOH (solid) and after MeOH evaporation and samples 
reconstitution in Milli-Q water (dashed), data showed a similar linear response with both 
protocol suggesting that MeOH has no impact on the QRET method. Data represents 
mean ± SD (n=3). 

Thereafter, the selectivity of the method was evaluated by titration of different 
nucleotides with the 2A4GTP and measuring the separation among different 
nucleotides. Our data showed clear high selectivity for GTP compared to other 
nucleotides, with separation of ˃ 1300 folds for GMP, 300 for ATP, 90 for UTP and 
CTP and 33 for GDP. These results show that the antibody is specific to both 
guanosine and triphosphate. For further method validation, the test was performed 
in different cell lines and results were compared to CE/MS technique (Figure 20). 

First, GTP level in different cell lines was measured by the 2A4GTP and CE/MS 
in parallel. Among the eight different cell lines tested, GTP concentrations measured 
by QRET and CE/MS were relatively similar. QGP1 (pancreatic cancer cell line) had 
the highest GTP level, whereas A549 (lung cancer cell line) had the lowest GTP 
concentration with 3-fold difference compared to QGP1 (Figure 20A). Next, GTP 
level was measured after treating U87MG (glioblastoma cell line) with different 
treatments that affect GTP concentration. Mycophenolic acid (MPA) was used to 
inhibit the function of IMPDH, an enzyme required for the de novo synthesis of GTP 
in cells under physiological conditions. On the other hand, cells treated with a 
combination of MPA and guanosine, were expected to have higher GTP due to 
biosynthesis of GTP by the alternative salvage pathway. U87MG was treated with 
DMSO as a negative control, MPA (10 µM) and MPA and guanosine (both 100 µM). 
GTP level was measured hourly for 8h, a clear change in the GTP level was observed 
overtime with both QRET and CE/MS with maximum decrease in concentration 
recorded at 4h. GTP concentrations with different treatments in both methods are in 
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line with each other, showing the correct functionality of the QRET assay (Figure 
20B). 

Similarly, simultaneous detection of ATP concentration was measured from 
single wells by measuring luminescence signal using a commercial ATP kit. The 
results were compared to that of CE/MS as a control. After validation of the 
combined ATP and anti-GTP 2A4GTP QRET assay for measuring single well ATP/ 
GTP, the test was applied in 384-well plate format for high throughput compatibility. 
For all the cell lines investigated, ATP concentrations with CE-MS and the combined 
GTP/ATP QRET assay, were 5.3–7.4 and 4.4–9.4 times higher than that of GTP. 

 
Figure 20.  The luminescent GTP assay compared to reference method (CE/MS). (A) GTP level 

measured by QRET in multiple cell lines are relatively equal to that measured by CE/MS. 
(B) GTP concentration monitored overtime in U87MG cell line treated with MPA with 
and without added guanosine, indicated that QRET can detect GTP with the same 
accuracy as CE/MS. Data represent mean ± SD (n=3). 

In conclusion, a QRET-based assay employing the 2A4 GTP antibody has been 
developed for single-well GTP detection in cell lysates. The assay demonstrated 
compatibility with MeOH and was optimized for measuring GTP concentrations 
with a brief cell lysis protocol, reducing preparation time and enhancing overall 
throughput. Selectivity tests revealed a clear preference for GTP over other 
nucleotides, with substantial separation among them. Comparative analysis with 
CE/MS validated the accuracy of the QRET assay in various cell lines and under 
different treatments affecting GTP levels. The assay, extended to simultaneously 
measure ATP concentrations, offering a valuable tool for high-throughput studies in 
diverse cellular contexts. Next, GTP is explored from the perspective of measuring 
GTPases. Novel bioanalytical methods have been developed to investigate small 
GTPases, focusing on aspects such as protein stability and ligand interactions.  
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5.2 Small GTPase stability studies 
In this doctoral thesis, several aspects related to small GTPases were studied. 
Thermal and chemical stability of small GTPases were investigated and different 
parameters that affect thermal stability of small GTPases were evaluated (II–IV). In 
addition, the interaction of various inhibitors with different RAS proteins was 
assessed in detail with special emphasis on the two recently FDA approved 
KRASG12C covalent inhibitors, AMG510 and MRTX849. The main aim of this part 
was to study GTP in the context of GTPase. TSA has been widely used to study 
GTPases, based on observing the change in Tm under different conditions e.g., protein 
ligand interactions (PLIs). In this PhD project, TSA was performed by two methods, 
Protein-Probe and FRET-Probe. Protein-Probe has already been introduced and 
validated for several applications.95,286-288 FRET-Probe, on the other hand, is a novel 
technique that is introduced for the first time. 

In this part of the thesis work, three luminescence-based methods were employed 
for studying GTPases. TRL-based Protein-Probe was applied for studying thermal 
stability, while the TR-FRET-based FRET-Probe was utilized for monitoring both 
thermal and chemical stability. These novel techniques bridge a notable gap in 
current approaches by enabling the detection of protein concentrations at the 
nanomolar level, a significant advancement beyond the micromolar sensitivity 
limitations of existing methods. 

5.2.1 Evaluation of TSA for monitoring small GTPase 
stability 

In pub II, Protein-Probe was applied in studying the suitability of TSA for 
measuring small GTPases thermal stability. To compare the thermal stability of 
KRASWT to KRAS mutants, Protein-Probe Tm measurements were performed for 
KRASWT, KRASG13D and KRASQ61R, these three mutants were deliberately chosen 
due to variation in their intrinsic nucleotide exchange rate.289 Clear difference in Tm 
values were recorded, 57.2 ± 0.2, 49.9 ± 0.2 and 64.1 ± 0.2 °C respectively. This is 
related to different intrinsic nucleotide exchange, which plays a major role in 
stability, as the loss of nucleotide destabilizes KRAS. Among the three studied 
KRAS proteins, KRASG13D has the fastest nucleotide exchange and KRASQ61R has 
the slowest nucleotide exchange, which explains that KRASG13D being the least 
stable and KRASQ61R being the most stable.50,290 

To study different buffer factors and inhibitory molecules that affect thermal 
shift of small GTPases, we first applied Protein-Probe for measuring Tm in presence 
of different buffer conditions. Mg2+ is known to stabilize the nucleotide loaded 
KRAS, thus increasing thermal stability. In contrast, EDTA is expected to destabilize 
nucleotide loaded KRAS due to its Mg2+ chelating effect. In the assays, KRASWT 
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was significantly stabilized with Mg2+. Tm with 1 and 10 mM MgCl2 were 60.1 ± 
0.3 °C and 64.7 ± 0.5 °C respectively. On the other hand, addition of 1mM EDTA 
had a clear destabilizing effect, equivalent to that observed in absence of MgCl2, Tm 

for KRASWT with 1mM EDTA and without MgCl2 were 48.9 ± 0.4 °C and 49.2 ± 
0.4 °C respectively. The same effect was tested for KRAS mutants, KRASG13D and 
KRASQ61R. The amount of stabilization or destabilization by Mg2+ and EDTA 
respectively, was found to be primarily dependent on the intrinsic nucleotide 
exchange activity. KRASG13D having the fastest intrinsic nucleotide exchange 
showed similar destabilizing effect without Mg2+ and with adding 1mM EDTA, Tm 

were 43.4 ± 0.6 °C and 43.6 ± 0.8 °C respectively. However, for KRASQ61R, 1mM 
EDTA was not enough to achieve full unloading of nucleotide, Tm without Mg2+ and 
with addition of 1mM EDTA were 59.2 ± 0.7 °C and 50.6 ± 1.0 °C respectively. 

Next, I moved to investigating the effect of different nucleotides on stabilization 
of KRAS and how it is linked to Mg2+, and whether it is equally manifested in 
different KRAS mutants. Small GTPases have very high affinity to GDP, which 
allow GTPases to constantly remain in the nucleotide loaded form. Therefore, excess 
GDP is typically added in storage buffer of GTPases to maintain its stability. 

To test this effect, Protein-Probe was applied for measuring thermal stability of 
KRASWT and mutants. KRASG13D, KRASQ61R and KRASG12D of different intrinsic 
nucleotide exchange rate, with and without GDP (10 µM). As expected, the GDP 
stabilizing effect on KRAS was mutant dependent, KRASG13D had the largest thermal 
shift with and without GDP, (Δ Tm ~10 °C). On the contrary, KRASQ61R did not show 
any shift in Tm. However, the GDP-induced stabilization was not Mg2+ or Ca2+ 
dependent, KRASWT was efficiently stabilized with GDP in presence of 1mM 
EDTA, ΔTm was 11.3 °C. In presence of MgCl2 (1mM), KRASWT was less stabilized 
with GDP, ΔTm was 7.6 °C. On the other hand, CaCl2 (1mM) did not have any 
additional stabilizing effect to that of GTP (Figure 21A). This outcome was 
anticipated, as introduction of 0.1 and 1mM CaCl2 to assay buffer of KRASWT had a 
negligible effect on stabilization, ΔTm was 1.2 and 3.7 °C respectively. The same 
effect was observed with RhoA, with a more stabilizing effect for GTP than GDP. 
ATP on the other hand, had no notable effect on GTPases thermal stability. 

The KRAS affinity to other nucleotides than GDP was also investigated by 
comparing KRASWT thermal stability with Protein-Probe method in presence of GTP 
to that in presence of other non-hydrolysable analogues with lower affinity, GTPγS, 
in addition to GMP and GMP analogues GMP-PNP, and GMP-PCP. GTP and 
GTPγS at 10 µM concentration were the most stabilizing nucleotides. GMP-PNP 
showed similar stabilization only at 300 µM, whereas GMP and GMP-PCP had 
negligible effect even at very high concentrations, 300-1000 µM. This data shows 
that the nucleotide induced stabilization is affinity driven (Figure 21B). 
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Figure 21. Nucleotides and cations stabilizing effect on KRAS. (A) Protein-Probe thermal stability 

assay for KRASWT with (dashed) and without (solid) 10 µM GDP in presence of 0.1 (red) 
and 1mM (black) CaCl2, 1 mM EDTA (blue) and 1 mM MgCl2 (magenta), data showed 
that Mg2+ caused more stabilization than Ca2+ and GDP had an additional stabilizing 
effect in all cases. (B) Protein-Probe TSA for KRASWT (solid black) in presence of 10 µM 
GTP (dashed), 10 µM GTPγS (red) showed equal effect, this effect is dose dependent 
as it increased with 300 µM GTPγS (blue), GMP-PNP (magenta) required much higher 
concentration, other nucleotides with lesser affinity GMP-PCP (green) and GMP (navy), 
did not show similar effect even at concentration of 300 and 1000 µM respectively. Data 
represents mean ± SD (n=3). 

After that, binding specificity of the KRASG12C binders was investigated further 
by Protein-Probe (pub II and IV). ARS853 and ARS1620 exhibited encouraging 
results in pre-clinical trials, however MRTX849 and AMG510 showed exceptionally 
notable results and were recently granted the FDA approval as inhibitors targeting 
KRASG12C.To confirm that ARS853 and ARS1620 binds specifically to KRASG12C, 
PLI was monitored by Protein-Probe in parallel with SYPRO Orange and ANS as 
reference methods. With Protein-Probe method, ARS853 and ARS1620 produced a 
thermal shift for KRASG12C of 16 and 18 °C respectively, and with SYPRO Orange 
and ANS TSA, 20 µM ARS853 and ARS1620 produced double transitions with 
maximum shift of 13 °C for 10 µM KRASG12C. Due to the nanomolar sensitivity of 
Protein-Probe, 5 µM of inhibitors was already enough to provide saturation of the 
thermal stabilization for 50 nM KRASG12C. 

Thereafter, MRTX849 and AMG510 were studied. Our data showed a 
significant ligand induced stabilization with Protein-Probe for MRTX849 and 
AMG510 for KRASG12C, ΔTm was 15.6 and 24.8 °C respectively, even though Half 
maximal Inhibitory concentration (IC50) calculated from the nucleotide exchange 
inhibition refers to higher binding with MRTX849 than AMG510. It was challenging 
to visualize the thermal shift for AMG510 with SYPRO Orange and ANS, because 
of signal quenching due to the micromolar sensitivity of this method which requires 
a high protein concentration. The quenching effect was not observed with KRASWT, 
which suggests that the quenching is indicative of binding. Similar quenching of 
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signal with KRASG12C was observed with the Protein-Probe method when AMG510 
concentration was elevated to 20 µM, however, this challenge can be addressed due 
to the exceptional sensitivity of the method, eliminating the need to reach such high 
concentrations. 

 To confirm the MRTX849 and AMG510 binding to KRASG12C, a competitive 
TSA protocol was performed with Protein-Probe.  KRAS specific DARPins are 
hypothesized to prevent inhibitors binding to the switch II pocket by either 
competition or changing the structure of KRAS. DARPin K13 has been tested for its 
effect on KRAS stability. In presence of K13, the inhibitors stabilizing effect on 
KRASG12C was lost or reduced, especially with AMG510 (Figure 22). The thermal 
shift of AMG510 on KRASG12C was detected only at AMG510 concentration > 
100 nM with notable double transition in the thermal curve indicating competitive 
binding (Figure 22A). On the other hand, 900 nM MTRX849 in presence of K13, 
showed a smaller thermal shift (ΔTm 3–7.4 °C) than that obtained by AMG510 at 
similar concentration (ΔTm ~10 °C), which may indicate difference in binding 
(Figure 22B). 

 
Figure 22.  AMG510 and MRTX849 stabilizing effect on KRASG12C in a competitive TSA. The 

stabilizing effect of 100 nM (green), 300 nM (red) and 900 nM (blue) AMG510 (A) and 
(B) on KRASG12C (black) was monitored by Protein-Probe in presence (dashed) and 
absence of (solid) K13. The competition of K13 with the two covalent binders AMG510 
and MRTX489 for binding with KRASG12C was visualized in the form of total or partial 
loss of the stabilizing effect. Data represent mean ± SD (n=3). 

5.2.2 Small GTPases thermal and chemical stability 
monitoring by FRET-Probe 

In pub III, FRET-Probe is introduced and applied for monitoring small GTPases in 
TSA and ICD format. For FRET-Probe proof of concept, melting curves of the same 
three KRAS proteins (KRASWT, KRASG13D, KRASQ61R) were measured and 
compared to that of Protein-Probe. We identified approximately 5 degrees down-
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shifted Tm values with the FRET-Probe. Tm values of 53.6 ± 0.4, 44.7 ± 0.1 and 59.2 
± 0.3 °C were calculated for KRASWT, KRASG13D, KRASQ61R, respectively (Figure 
23A). The difference in Tm values was anticipated due to the distinct assay conditions 
employed. Protein-Probe detection solution (65 µL) was performed in buffer 10 and 
was added to 8 µL of small GTPases in sample buffer 9 without additions of ions, 
on the other hand, FRET-Probe is carried out in buffer 4 supplemented with 1 mM 
MgCl2 (Table 4). Moreover, the given protein concentration in the Protein-Probe 
method was calculated in 8µL volume, whereas in FRET-Probe technique, it is 
calculated in the total reaction volume (25 µL). Although there was minor difference 
in melting curves obtained by both methods, the rank order of the tested proteins was 
the same. The thermal shift of KRAS mutants compared to KRASWT remained the 
same with both techniques, which shows that Protein-Probe and FRET-Probe are 
measuring the same properties of the studied protein. Similar ΔTm were recorded by 
both methods, ΔTm of KRASG13D and KRASQ61R compared to KRASWT in the 
Protein-Probe (pub II) was 7.3 and 6.9 °C respectively. While ΔTm of KRASG13D 
and KRASQ61R compared to KRASWT in the FRET-Probe was 8.9 and 5.6 °C 
respectively (Figure 23A).  

Next, FRET-Probe was applied to study the Mg2+ induced stabilization of 
KRASG12C mutant in presence of KRASG12C specific inhibitor MRTX849, with 
KRASG12V as a control. MRTX849 binds to the GDP-loaded form of KRASG12C, 
thus, it was anticipated that the PLI will be lost in absence of Mg2+. Data clearly 
showed that Mg2+ had a stabilizing effect on both mutants. Despite the absence of 
thermal shift by MRTX849 with KRASG12V, KRASG12C was markedly stabilized with 
MRTX849, it was also noted that the thermal shift in absence of Mg2+ (Δ Tm 14.7°C) 
was more profound than that in presence (Δ Tm 8.7°C) of Mg2+. This indicates that 
1.25 µM Mg2+ in the protein storage buffer is sufficient to keep KRASG12C in the 
GDP-loading state. On the other hand, KRASG12V and KRASG12C exhibited equal 
stabilization when treated with MgCl2 (200 µM). Both mutants showed an 
approximate 15°C increase in Tm with Mg2+. Without Mg2+, Tm values for KRASG12V 
and KRASG12C were 38.3 ± 0.2 and 38.5 ± 0.4 °C respectively, and in presence of 
Mg2+, Tm for KRASG12V and KRASG12C were 53.2 ± 0.4 and 53.5 ± 0.4 °C 
respectively. Based on these results small GTPases are proven to be very sensitive 
to assay conditions. 

Following the validation of FRET-Probe in the TSA, FRET-Probe has been 
applied for monitoring ICD of proteins. This application involved studying three 
distinct chemical denaturants with different denaturation mechanisms and 
employing KRASG12C as a model protein. 

Initially, FRET-Probe was utilized for exploring GTP stabilization of KRAS in 
the ICD assay. A dose-dependent stabilization of KRASG12V was evidenced by the 
decrease of TR-FRET signal during the propanol and pH 5 ICD assays. Half 
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maximal effective concentration (EC50) values calculated at 90 min were 5.2 ± 1.2 
and 3.5 ± 0.1 nM, respectively, indicating a high affinity to GTP (Figure 23B). 

 
Figure 23.  Effect of different cations and nucleotides on KRAS stability. (A) The thermal stability of 

three KRAS proteins with different intrinsic nucleotide exchange activity were compared 
with Protein-Probe (dashed) and FRET-Probe (solid) in parallel. The rank order of 
KRASWT (black), KRASG13D (red), and KRASQ61R (blue) is similar in both methods. 
Additionally, ΔTm values calculated with both techniques for KRASG13D and 
KRASQ61R compared to KRASWT is the same. (B) Nucleotide titration with FRET-
Probe from GTP titration (0-2 µM) with KRASG12V using pH5 (black) and propanol 
(red), E50 values show nanomolar affinity of KRASG12V to GTP and are equally 
measured in both denaturants. Data represents mean ± SD (n=3).  

Next, FRET-Probe is utilized in studying PLIs of KRASG12C with selected 
covalent and non-covalent inhibitors in ICD formats. The IC50 values reported for 
those inhibitors are mostly based on in vitro studies, therefore, we first confirmed 
the IC50 by nucleotide exchange assay using QRET technique. IC50 determined after 
30 min incubation for ARS853 and ARS1620 were 1104 ± 126 and 289 ± 55 nM, 
and for MRTX849 and AMG510 were 18.9 ± 0.7 and 35 ± 7.1 nM, respectively 
(Figure 24). This data agrees well with the reported IC50 values and shows that the 
novel binders have much higher affinity compared to the previous generations.49,60,291 

To test functionality of FRET-Probe in ICD assay, inhibition of ARS853 and 
ARS1620 was measured in urea, pH 5 and propanol ICD assays, IC50 of ARS853 
and ARS1620 in pH 5 were 1017 ± 383 and 123 ± 35 nM, and in urea were 353 ± 
50 and 240 ± 36 nM respectively (Figure 24A). In propanol, IC50 varied significantly 
according to alcohol concentration. IC50 values with 15, 20, and 25% propanol, for 
ARS1620 were 40.1 ± 1.3, 54.0 ± 2.7, and 414 ± 8 nM, and for ARS853 were 312 ± 
23, 197 ± 62 and 1279 ± 98 nM respectively. Based on the combined results of the 
three denaturants, urea was found to be the most suitable denaturant for KRAS 
chemical denaturation due to fast kinetics and high S/B ratio. Similar conclusions 
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were observed with MRTX849 and AMG510 when tested in ICD assays with the 
same three chemical denaturants (Figure 24B), which indicates that selection of 
optimum denaturant is crucial for ICD assay. 

 
Figure 24.  KRASG12C chemical stability with different covalent inhibitors. FRET-Probe was used 

to measure the binding induced stability by (A) ARS853 (black) and ARS1620 (red) and 
(B) MRTX849 (black) and AMG510 (red) for KRASG12C in urea (dashed), and 
nucleotide exchange (solid) as a control. In urea, the IC50 values obtained in the ICD 
assay was relatively similar to that estimated by nucleotide exchange. Data represents 
mean ± SD (n=3). 

5.2.3 Investigation of the binding specificity and resistance 
mechanisms of the KRASG12C inhibitors, AMG510 
and MRTX849 

In pub IV, the interaction of AMG510 and MRTX849 to RAS proteins was 
investigated. To rule out binding of AMG510 and MRTX849 to the wild-type (WT), 
the affinity to KRASWT, HRASWT and NRASWT proteins was investigated. For that 
purpose, concentration dependent inhibition of the SOScat catalyzed nucleotide 
exchange was measured by QRET for KRASWT, HRASWT and NRASWT. With all 
three RAS, both inhibitors showed low binding affinity. MRTX849 showed much 
lower binding to HRASWT and NRASWT (IC50 >15 µM) compared to KRASWT (IC50 
200 ± 20 nM).292 On the other hand, AMG510 had lower affinity to KRASWT (IC50 
3.5 ± 0.8 µM) compared to HRASWT and NRASWT (1.3 ± 0.2 µM and 1.2 ± 0.2 µM 
respectively).293 The low binding was similarly determined by Protein-Probe in TSA, 
in which 10 µM AMG510 and MRTX849 had nearly negligible effect on the thermal 
stability of 1µM KRAS, NRAS and HRAS. 

At inhibitor concentration of 100 µM, Δ Tm with and without AMG510 for 
KRASWT, NRASWT and HRASWT, was 10.4, 10.2 and 4.4 °C respectively. On the 
other hand, MRTX849 (100 µM) showed a shift with KRASWT (Δ Tm 6.6 °C) and did 
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not have any measurable stabilizing effect on NRASWT and HRASWT (Figure 25). 
These results match the data determined earlier by QRET nucleotide exchange assay 
about MRTX849 higher affinity for KRAS compared to HRAS and NRAS. 

         

 
Figure 25. KRAS, NRAS and HRAS thermal stability with AMG510 and MRTX849. Protein - Probe 

technique applied for monitoring thermal stability of 1 µM (A) KRAS, (B) NRAS and (C) 
HRAS (black) with 10 µM (solid) and 100 µM (dashed) of AMG510 (red) and MRTX849 
(blue), AMG510 showed a dose dependent stabilizing effect with KRAS and NRAS and 
a minor stabilization for HRAS. MRTX849 showed a dose dependent stabilizing effect 
only with KRAS, and no effect was observed with NRAS and HRAS, (mean ± SD, n = 
3). 

After confirmation that MRTX849 and AMG510 bind to KRASG12C and not to 
WT, AMG510 and MRTX849 interaction with other KRAS mutants was next 
studied. Protein-Probe was applied to monitor PLI of the covalent binders with 
mutants (KRASG13D, KRASQ61L, KRASG12V, KRASG12D) in TSA. Interestingly, 
AMG510 showed micromolar affinity with all mutants. MRTX849 had also low 
affinity to all mutants, but it varied with different mutations, showing highest affinity 
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for KRASG13D (IC50 = 401 ± 89 nM) and KRASQ61L (IC50 = 432 ± 52 nM) and lowest 
for KRASG12V and KRASG12D (IC50 ~ 4µM). 

Next, more in depth studying and comparative of AMG510 and MRTX849 
binding mechanism was performed. The difference in the switch II pocket among 
these three RAS isoforms, KRAS, HRAS and NRAS lies only at position 95. To 
investigate the reason for MRTX849 higher affinity to KRASWT and KRAS mutants, 
the binding affinity at position 95 was examined. The residues 95 in KRAS, HRAS 
and NRAS are His-95, Gln-95 and Leu-95 respectively. Y96D mutation was 
frequently reported in drug resistance studies, therefore, binding to position Y96 was 
also evaluated.294 Based on computational simulations performed in the present study 
by co-authors, these two positions were selected to identify various interactions of 
the inhibitors at those positions. The data collected showed that MRTX849 had a 
remarkably high interaction with His-95 of KRAS compared to NRAS and HRAS. 
However, this same preference to His-95 was not seen with AMG510.  

For further studying of the critical role of His-95 and Y96, these mutations were 
created in the KRASWT and KRASG12C constructs at position 95 and 96 to change 
histidine to leucine and tyrosine to aspartic acid. Both KRASH95L and KRASY96D were 
stabilized with AMG510, Δ Tm 11.8 °C and 9.6 °C respectively. However, 
MRTX849 did not maintain the stabilizing effect that was previously monitored with 
KRASWT at similar inhibitor concentration (100 µM) (Figure 26A). Similar results 
were obtained with double mutants (G12CH95L and G12CY96D), except that 
MRTX849 showed a small shift with G12CH95L (Δ Tm 4.1 °C), (Figure 26B), which 
indicates that AMG510 has weak interaction at these two residues. On the contrary, 
MRTX849 inhibition seems to be His-95 and Y96 dependent. 

 
Figure 26.  Role of His-95 and Y96 in AMG510 and MRTX849 binding specificity. Protein-Probe 

thermal stability of (A) KRASH95L (solid) and KRASY96D (dashed) or (B) G12CH95L 
(solid) and G12CY96D (dashed), in presence of AMG510 (red) and MRTX849 (blue) 
shows ligand induced stabilization with AMG510 and clear loss of the stabilizing effect 
with MRTX849, (mean ± SD, n = 3). 
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To examine these data further, the binding affinity of inhibitors to KRASWT, 
KRASH95L, KRASY96D, G12CH95L and G12CY96D was identified by QRET nucleotide 
exchange and compared to that with KRASG12C. AMG510 had weak binding to 
KRASWT, KRASH95L and KRASY96D. Interestingly, MRTX849 had better binding 
than AMG510 to KRASWT, but this effect was lost with H95L and Y96D mutations 
(Figure 27A). This data agrees with the previous observations with Protein-Probe in 
TSA and with the computational simulations. 

As for nucleotide exchange data for the double mutants G12CH95L and G12CY96D, 
AMG510 inhibition of nucleotide exchange was markedly impaired in presence of 
H95L and Y96D, IC50 was 0.17 ± 0.04 and 1.6 ± 0.1 µM, respectively. Surprisingly, 
MRTX849 binding to G12CY96D was lost, but this effect was partially rescued when 
H95L was introduced, IC50 with G12CH95L was 0.94 ± 0.07 µM (Figure 27B).  

To achieve a definitive conclusion, the real-time kinetics of inhibitors nucleotide 
exchange with WT and double mutants was monitored by the QRET SOScat activated 
assay. G12CH95L nucleotide exchange was only inhibited with AMG510. On the 
other hand, only MRTX849 was able to initially block KRASWT followed by an 
increase in signal due to the lack of covalent bond, as His-95 is KRAS specific and 
Y96 is conservative in all RAS isoforms. These combined results indicate that 
MRTX849 is intolerant to His-95 mutation, whereas AMG510 tolerates both His-95 
and Y96 mutations, which indicates that MRTX849 is more KRAS specific than 
AMG510. 

 
Figure 27. Interaction of AMG510 and MRTX849 to His-95 and Y96. SOScat activated QRET 

nucleotide exchange for (A) KRASWT (blue), KRASH95L (black) and KRASY96D (red), and 
(B) KRASG12C (blue), G12CH95L (black) and G12CY96D (red) in presence of AMG510 
(solid) and MRTX849 (dashed), shows that MRTX849 affinity was compromised with 
KRASH95LKRASY96D and G12CY96D. On the other hand, AMG510 weak affinity to KRASWT 
as well as its high affinity to KRASG12C were not affected in presence of His-95 or Y96, 
(mean ± SD, n = 3). 
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6 Summary and Conclusions 

GTP is an essential nucleotide that plays a critical role in building nucleic acids, 
regulating protein synthesis, and determining cell fate. One of its main functions is 
the regulation of downstream cell signaling pathways through the activation of small 
GTPases. Changes in cellular GTP concentration are linked to many diseases. 
Methods are needed to study small GTPases and GTP changes in different conditions 
and to develop novel therapeutic candidates for GTP-related diseases. However, 
current methods either lack sensitivity or throughput. 

In this PhD project, robust, high throughput and label free techniques were 
developed to monitor GTP and small GTPases. A homogenous GTP antibody-based 
method was used for quantification of GTP from cell extracts. This technique is 
based on a competition between cellular GTP and Eu3+_labeled GTP for the binding 
to GTP specific antibody. Moreover, two luminescent probes (Protein-Probe and 
FRET-Probe) were utilized to study small GTPases. Protein-Probe and FRET-Probe 
are designed as short peptide sequences that monitor TRL and TR-FRET signals, 
respectively. Protein-Probe is a Eu3+_chelate labeled peptide probe that works in a 
two-step protocol and a low pH format. The FRET-Probe method, on the other hand, 
is labeled with Eu3+ and Cy5 at opposite ends. The probe is designed for single step 
protocol and works at a neutral pH. The principle of both luminescent probes is based 
on the increase in signal upon binding of the probe to the unfolded form of the protein 
due to interaction with the nonpolar protein core. 

In publication I, QRET method was applied to detect GTP and ATP 
simultaneously from cell lysate. The method efficiently measured GTP and ATP 
concentrations in multiple cell lines, the results were validated by comparison to 
CE/MS as a control method. The detection of both GTP and ATP from the same well 
has great potential for diverse applications in many scientific fields. For example, in 
drug discovery, researchers can screen for compounds that affect cellular processes 
regulated by GTP and ATP. Additionally, in cancer research, the method can be 
employed to study the metabolic differences between normal and cancer cells, 
exploring the roles of GTP and ATP in cancer cell survival and proliferation. 

GTP interacts with GTPases and affect their functions in cells, therefore, in the 
present study, the ligand interaction and thermal stability of small GTPases were 
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studied. In publications II, melting curves of different small GTPases were 
performed by Protein-Probe method in comparison with other commercial thermal 
stability methods. Additionally, different parameters that affect TSA were studied. 
The study showed that thermal stability is significantly affected by buffer ions as 
well as protein concentration. Therefore, Tm values are unlikely to be similar when 
performed with different methods or even with the same method if different assay 
conditions are applied. It was also determined that KRAS thermal stability by 
different nucleotides and nucleotides analogues is affinity and concentration 
dependent. PLI of KRASG12C with different covalent inhibitors was monitored at low 
protein and inhibitor concentrations to avoid signal quenching which often occurs at 
high inhibitor concentrations.  

In publication III, FRET-Probe was introduced and applied for measuring ICD. 
The study aimed at overcoming the limitations of TSA, such as irreversible 
denaturation, loss of protein activity and unpredictable protein stability at normal 
temperatures. The method was first compared to Protein-Probe in TSA and it was 
examined with KRAS mutants and their covalent inhibitors, with three common 
chemical denaturation systems (acid, alcohol, and urea). In TSA, FRET-Probe for 
KRASG13D, KRASQ61R and KRASWT showed the same stability order as obtained 
with Protein-Probe, which indicates that FRET-Probe can efficiently monitor 
thermal shifts at nanomolar concentration same as Protein-Probe. As for the real time 
signal monitoring in ICD assays, the method was successfully used to study the three 
denaturants in comparison with nucleotide exchange assay as a control. Among the 
three denaturants pH 5 was the slowest and had low S/B. As for propanol, it had 
dramatically variable effect when different alcohol concentrations were used. In 
contrast, urea was the most optimum denaturant for small GTPases, as it showed 
high S/B and fast kinetics. Moreover, PLI of covalent inhibitors and KRASG12C 
studied with urea, showed very comparable IC50

 to that obtained by nucleotide 
exchange assay.  

In publication IV, Protein-Probe along with molecular dynamic simulations, 
were employed to thoroughly examine the binding specificity of the two FDA-
approved drugs, AMG510 and MRTX849. The study concluded that while these two 
inhibitors bind to the same switch II pocket of the GDP-loaded KRASG12C, they 
interact in distinct ways. Among the three main RAS isoforms HRAS, NRAS and 
KRAS, MRTX849 showed significantly higher specificity to KRAS through His-95. 
However, binding to KRASG12C is more affected by interaction with the Y96 residue, 
which might explain the frequent coexistence of the Y96 mutation with MRTX849 
drug resistance.  

In conclusion, in the current PhD thesis, novel methods were studied for GTP 
detection. A homogenous high throughput QRET based method was developed for 
monitoring GTP concentration in cells with the same sensitivity as in CE/MS and 
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with a shorter cell preparation protocol. On the other hand, the assay has room for 
improvement if the GTP-antibody was labeled to simplify the detection process and 
increase the sensitivity. In this scenario, the signal will be directly related to the GTP 
concentration, in contrast to the current competitive assay format. Nevertheless, the 
labeling of the GTP-specific Fab without impairing its efficacy, poses challenges. 
The binding site of the label may potentially disrupt GTP binding, thereby impacting 
GTP-Fab’s affinity and specificity for GTP. The work with this project is ongoing 
and has provided promising preliminary results. 

The Protein-Probe method addresses the need for a sensitive, label-free approach 
in protein stability and PLI studies. With nanomolar sensitivity, it surpasses several 
existing solution-based methods requiring higher concentrations. The method is 
versatile, easily applicable to various proteins and interactions with minimal assay 
modifications. The assay set up allows for significant sample dilution, reducing 
interference from protein storage buffer components.  

However, the method has limitations. Protein-Probe works in a two-step protocol 
because the probe modulation solution is unstable at high temperatures. The need for 
a two-step protocol complicates the assay, demanding extra work and increasing 
sample requirements. Moreover, the probe function requires partial protonation of 
carboxylic groups at lowered pH, which may affect sensitive proteins, potentially 
denaturing them. Furthermore, the restriction of the probe's interaction with the 
hydrophobic core of the protein, predominantly exposed during heating, limits its 
application for detection of non-unfolded, native protein in room temperature assays. 
Currently, the main applications of Protein-Probe are monitoring protein thermal 
stability, ligand interactions and aggregation.  

The FRET-Probe is dual-labeled with Eu3+ at the N-terminus and Cy5 at the C-
terminus of the same peptide, unlike the Protein-Probe assay, that involves a separate   
Eu3+-labeled peptide and a Cy5-containing quencher. Consequently, the FRET-
Probe assay is performed in one step, using a qPCR instrument. It also has an 
additional advantage of working at neutral pH, which does not affect the protein 
structure. FRET-Probe has demonstrated efficiency not only in TSA but also in ICD 
assays. This eliminates the need for heating at high temperatures and allows real-
time monitoring of protein unfolding kinetics, providing direct information about 
protein stability. Additionally, the FRET-Probe maintains the nanomolar sensitivity 
of the Protein-Probe. 

The Protein-Probe and FRET-Probe have great potential for being utilized in a 
high throughput assay setup, due to the homogenous assay format and the 
simultaneous testing of numerous samples in a 384-well plate. In the present study, 
these methods have demonstrated significant applicability in the examination of 
small GTPases and their binding interactions with nucleotides and inhibitors. The 
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nanomolar sensitivity of these probes has enabled the exploration of novel aspects 
of RAS proteins. 

However, it is important to note that Protein-Probe and FRET-Probe are not 
universal probes and are not applicable for all proteins. The probes must be tested 
first with the target protein to determine its interaction with the probes and the assay 
detection limit. Selecting the proper probe for a target protein is primarily dependent 
on the studied protein in terms of charge and structure. Protein-Probe and FRET-
Probe work at different pH, which has a marked effect on the charge of the studied 
protein, consequently influencing its interaction and visualization with the probe. 
For these reasons, the same protein might exhibit a significantly different detection 
limit when tested with both probes.  

The same applies to the FRET-Probe in ICD assays; each protein shows different 
tolerance to different chemical denaturants. Thus, each protein should be 
individually tested with several denaturants to select the optimum denaturant. 
Afterwards, the assay conditions should be further optimized in terms of denaturant 
concentration and buffer conditions to identify the best conditions that yield the 
fastest kinetics and the highest S/B ratio. 
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Abstract
Guanosine triphosphate (GTP) and adenosine triphosphate (ATP) are essential nucleic acid building blocks and serve as 
energy molecules for a wide range of cellular reactions. Cellular GTP concentration fluctuates independently of ATP and 
is significantly elevated in numerous cancers, contributing to malignancy. Quantitative measurement of ATP and GTP has 
become increasingly important to elucidate how concentration changes regulate cell function. Liquid chromatography–cou-
pled mass spectrometry (LC–MS) and capillary electrophoresis-coupled MS (CE–MS) are powerful methods widely used 
for the identification and quantification of biological metabolites. However, these methods have limitations related to special-
ized instrumentation and expertise, low throughput, and high costs. Here, we introduce a novel quantitative method for GTP 
concentration monitoring (GTP-quenching resonance energy transfer (QRET)) in homogenous cellular extracts. CE–MS 
analysis along with pharmacological control of cellular GTP levels shows that GTP-QRET possesses high dynamic range 
and accuracy. Furthermore, we combined GTP-QRET with luciferase-based ATP detection, leading to a new technology, 
termed QT-LucGTP&ATP, enabling high-throughput compatible dual monitoring of cellular GTP and ATP in a homogenous 
fashion. Collectively, GTP-QRET and QT-LucGTP&ATP offer a unique, high-throughput opportunity to explore cellular energy 
metabolism, serving as a powerful platform for the development of novel therapeutics and extending its usability across a 
range of disciplines.

Keywords Adenosine triphosphate (ATP) · Capillary electrophoresis (CE) · Guanosine triphosphate (GTP) · 
Immunoassay · Mass spectrometry (MS) · Time-resolved luminescence (TRL)

Introduction

Nucleotides are organic molecules composed of pentose 
sugar, phosphate ester, and varying nitrogenous base moie-
ties (see Electronic Supplementary Material Fig. S1). Apart 
from serving as building blocks for RNA synthesis, the 
triphosphate forms of adenine and guanine nucleotides, ATP 
and GTP, function as energy molecules that drive a multi-
tude of cellular processes. However, their roles exhibit a 
clear distinction [1, 2]. ATP is involved in nearly all cellular 
metabolic reactions and is necessary also for GTP synthesis 
[3, 4]. In mammalian cells, cellular ATP concentrations are 
consistently high, typically maintained at levels of 1–5 mM 
[5]. In contrast, GTP primarily drives protein synthesis and 
regulation, cytoskeleton organization, membrane transport, 
and signal transduction. The cellular GTP concentrations are 
more variable than those for ATP, fluctuating between 0.1 
and 1 mM. GTP levels are regulated differently depending 
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on tissue and cell type, and the GTP-to-ATP ratio varies 
significantly [5, 6]. GTP concentration is generally increased 
in cells undergoing proliferation, as documented by a wide 
range of organisms [6, 7].

Dysregulation of GTP synthesis has been linked to sev-
eral inherited diseases. The range of phenotypes highlights 
the importance of GTP metabolism regulation in vivo for 
brain function, vision, and the immune system. For instance, 
deletion mutations in HPRT1 (hypoxanthine-phosphori-
bosyltransferase-1) can cause hyperuricemia, resulting in 
severe gout and acute renal failure (Kelley–Seegmiller syn-
drome) [8–10]. Also, a substantial loss of HPRT1 activity 
contributes to self-injurious behaviors and motor and cog-
nitive dysfunction (Lesch–Nyhan syndrome) [11–13]. The 
retina has particularly high GTP concentrations [5, 14], and 
it relies on photoreceptor cells in converting GTP to cGMP 
upon light stimulation, triggering input signals to the optic 
nerve. Loss-of-function mutations in IMPDH1 (inosine 
monophosphate dehydrogenase 1), the rate-limiting enzyme 
for de novo GTP synthesis [15], cause retinitis pigmentosa. 
IMPDH1 dysfunction results in retinal degeneration, accel-
erated visual aging, and blindness [16–18]. IMPDH inhibi-
tors, including mycophenolic acid (MPA), exhibit immuno-
suppressive effects and are employed to suppress rejection 
in organ transplantation and treat autoimmune diseases like 
systemic lupus erythematosus (SLE). This indicates GTP’s 
vital role in immune system operation [15, 19]. GTP meta-
bolic reprogramming occurs in cancer cells, where high GTP 
concentrations promote cellular anabolism, potentially mak-
ing the GTP metabolic system a target for cancer therapy. 
However, despite considerable research, our understanding 
of the comprehensive and precise roles of nucleotides under 
physiological and pathological conditions remains limited. 
Furthermore, the implications of alterations in nucleotide 
levels in relation to various diseases have yet to be fully 
elucidated. While the mechanism translating changes in GTP 
concentrations into cellular and biological functions remains 
elusive, evidently, it is crucial to monitor cellular GTP levels 
and define its ratio against ATP. This would give us a better 
understanding on the role of cellular energy metabolism and 
might enable development of novel therapeutics for diseases 
associated with dysregulated GTP metabolism [20].

The biological relevance of nucleotides and their involve-
ment in various diseases underscores the necessity for a 
straightforward and precise intracellular-nucleotide-level 
monitoring tool. Numerous methods have been developed 
to specifically measure adenosine- and guanosine-related 
nucleotides using high-performance liquid chromatography 
(HPLC) coupled with ultraviolet–visible light detection 
[21–23]. More recent approaches employ mass spectrometry 
(MS) as a highly selective and sensitive detection method. In 
these techniques, quantification has been performed across 
various matrices and for multiple nucleotides [24–28]. 

However, most of these methods rely on direct analysis, in 
which phosphate fractions are separated on an HPLC col-
umn using ion-pairing-based mobile phases. This separation 
approach may induce ion suppression from the mobile phase 
and may consequently impact the measurement of other mol-
ecules using HPLC. To address these limitations, a capillary 
electrophoresis–MS (CE-MS) method has been developed 
[29–31]. CE is first used to separate metabolites based on 
their charge and size, followed by selective detection through 
MS. The major advantages of CE–MS include its high res-
olution and the capability to analyze nearly any charged 
species, encompassing both cationic and anionic analytes 
[32–34]. These methods possess significant advantages 
in terms of accuracy, specificity, sensitivity, and dynamic 
range. However, all separation-based techniques require 
expertise and specialized equipment, such as HPLC and MS 
apparatus. As a result, only a limited number of researchers 
can perform these assays. Furthermore, these methods gen-
erally require relatively large amounts of biological samples, 
typically over 10,000 cells for each run, which limits the 
use of multi-well plate cultures and increases costs. Conse-
quently, it has been challenging to perform high-throughput 
analysis for GTP and ATP concentrations, which hampers 
our understanding of their precise roles in cellular functions, 
disease progression, and drug screenings. Currently, there 
are high-throughput screening methods available enabling 
luminescence-based ATP detection, but the same is not 
true for GTP [35–37]. In addition to luminescence, there 
have been several attempts to develop fluorescent probes 
for live cell monitoring of ATP and GTP, but none of these 
methods for GTP has reached higher popularity, because 
of the complexity, low sensitivity and selectivity, and the 
need for specialized expertise and equipment [38]. However, 
especially aptamer-based detection strategies have already 
shown promises for also intracellular nucleotide monitoring 
[39–41].

In our previous work, we identified GTP-specific single-
chain variable fragments (scFv) from the synthetic antibody 
fragment library by phage display screening, and converted 
that to the first GTP-specific antigen-binding fragment (Fab) 
[42, 43]. The anti-GTP Fab clone 2A4 (hereafter  2A4GTP Fab) 
has shown superior specificity to GTP over GDP and ATP 
in vitro, which we have utilized to measure the rate of GTP 
hydrolysis activity by  2A4GTP Fab and  Eu3+-GTP in a homog-
enous assay format. The principle underlying the monitoring 
of GTP consumption is based on the  2A4GTP Fab competi-
tion between GTP and  Eu3+-GTP, which is detected using 
the single-label quenching resonance energy transfer (QRET) 
principle and time-resolved luminescence (TRL) readout [42]. 
While the  2A4GTP Fab-based GTP detection with QRET ena-
bles nanomolar sensitivity using pure solutions and proteins, 
it has remained untested whether it can still selectively react 
with GTP in the presence of cellular extracts that contain 
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thousands of metabolites and proteins. Cellular extracts have 
a high ATP concentration, typically five- to tenfold higher 
than that of GTP [5]. Likewise, cellular concentrations of the 
other nucleotides (e.g., UTP, CTP) and nucleotide derivatives 
(e.g., nicotinamide adenine dinucleotide,  NAD+, and S-aden-
osyl methionine, SAM) have comparable ranges to GTP [44, 
45]. Thus,  2A4GTP Fab may cross-react with many of these 
metabolites in the presence of homogenous cellular extract 
or possess a polyvalent feature binding some other cellular 
components [46]. To answer these concerns, here, we stud-
ied a series of key parameters of the GTP-QRET system and 
conducted a rigorous validation using CE-MS as a reference 
method. We were able to verify the functionality of  2A4GTP 
Fab under homogenous conditions. Moreover, we successfully 
developed a QT-LucGTP&ATP platform to monitor both GTP 
and ATP from the same sample in the same well by combin-
ing the GTP-QRET platform with direct luminescence–based 
ATP monitoring. This technique, termed QT-LucGTP&ATP, can 
be applied to 6- to 384-well-plate formats, and results can be 
obtained in less than an hour with as few as 100 cells/well. 
Given the current extensive applicability of ATP detection, 
the simultaneous detection of GTP and ATP in a multi-well 
plate format presents significant potential for establishing a 
new QT-LucGTP&ATP cost-effective technological platform 
with broad application across numerous fields, encompass-
ing medicine, pharmacology, agriculture, and life, food, and 
analytical sciences.

Experimental section

Materials and apparatus

N o n a d e n t a t e  e u r o p i u m - c h e l a t e - 9 d , 
{2,2′,2″,2′″-{[4′-(4′″-isothiocyanatophenyl)-2,2′,6′,2″-
t e r p y r i d i n e - 6 , 6 ″ - d i y l ] b i s ( m e t hy l e n e - n i t r i l o ) }
tetrakis(acetate)}europium(III), used for  Eu3+-GTP conju-
gation, and the soluble quencher molecule, named MT2, 
were obtained from QRET Technologies (Turku, Finland). 
Labels were used according to the manufacturer’s instruc-
tions, and purification and concentration determination was 
performed as previously described [47–49]. A ReadiUse™ 
Rapid Luminometric ATP Assay Kit was obtained from 
AAT Bioquest. White Corning 384-well low-volume assay 
plates were used in all GTP-QRET and QT-LucGTP&ATP 
assays for the detection of GTP and ATP. The 96-well 
Costar tissue culture plates (Corning, NY, USA) and black 
384-well Optiplates (PerkinElmer, Netherlands) were used 
in cell sample preparation. Cell lines (U87MG, HEK293T, 
A549, MDA-MB-468, QGP1, BT-474, HeLa, and HTC116) 
were obtained from the American Type Culture Collec-
tion (ATCC, Manassas, VA, USA), and all larger cultures 
were performed in a 6-well plate or a T75 culture flask 

(Corning). Dulbecco’s modified Eagle medium (DMEM), 
Roswell Park Memorial Institute (RPMI) 1640 medium, 
fetal bovine serum, trypsin/EDTA, l-glutamine, and peni-
cillin/streptomycin were purchased from (Gibco, Thermo 
Fisher Scientific, Waltham, MA, USA). Phosphate-buffered 
saline (PBS) without calcium and magnesium was from 
Lonza (Walkersville, USA). Normocin was from InvivoGen 
(USA). All nucleotide phosphates, GTP, ATP, guanosine-5′-
diphosphate (GDP), guanosine-5′-monophosphate (GMP), 
cytidine-5′-triphosphate (CTP), and uridine-5′-triphosphate 
(UTP) were from Jena Bioscience (Jena, Germany) and 
Sigma-Aldrich (St. Louis, MO, USA). All other reagents, 
including analytical-grade solvents, buffer components, 
guanosine, mannitol, methionine sulfone, ethane sulfonic 
acid, d-camphor-10-sulfonic acid, chloroform, 1,3,5-ben-
zene tricarboxylic acid, 3-aminopyrrolidine, and MPA were 
from Sigma-Aldrich.

A reverse-phase liquid chromatography Dionex ulti-
mate 3000 LC system (Dionex Corporation, Sunnyvale, 
CA, USA) and an Ascentis RP-amide C18 column (Sigma-
Aldrich, Supelco Analytical) were used for  Eu3+-GTP puri-
fication [47–49]. All measurements were performed using a 
Spark 20 M from Tecan Life Sciences (Männedorf, Switzer-
land). Time-resolved luminescence (TRL) measurements for 
GTP were performed at 620 nm, using a 340-nm excitation 
wavelength (800 µs delay and 400 µs decay). Total lumines-
cence for ATP measurement was monitored using 1000 ms 
of integration time. CE-MS analysis was performed using 
an Agilent G7100 CE system (Santa Clara, CA, USA), with 
an Agilent 6210 time-of-flight mass spectrometer (TOFMS), 
Agilent1200 series isocratic HPLC pump, and Agilent 
G1607A CE-ESI–MS sprayer kit. For ATP and GTP analy-
sis, the original Agilent SST316Ti stainless steel ESI needle 
was replaced with platinum [50].

Cell culturing and sample preparation

The cell lines used were all cultured in a humidified atmos-
phere of 5%  CO2 at 37 °C. Culturing of U87MG, HEK293T, 
A549, MDA-MB-468, HeLa, and HTC116 was performed in 
DMEM and QGP1 and BT-474 in RPMI 1640 media supple-
mented with 10% fetal bovine serum (FBS), 1% penicillin/
streptomycin, and 2 mM l-glutamine.

For comparison of QT-LucGTP&ATP and CE-MS, subcon-
fluent cells in a 6-well plate were washed with 5% (w/v) 
mannitol and dissolved in 2  mL of methanol (MeOH) 
containing internal standards for CE-MS (25 μM each of 
methionine sulfone, ethane sulfonic acid, and d-camphor-
10-sulfonic acid). This solution was directly used for QT-
LucGTP&ATP or dried and used after reconstitution. For 
CE-MS, 400 μL of this homogenate, 200 μL of Milli-Q 
water, and 400 μL of chloroform were mixed. After cen-
trifugation (12,000 g for 15 min at 4 °C), the separated 
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upper aqueous layer was filtered through a Millipore 5-kDa 
cutoff filter (Millipore, Bedford, MA, USA) to exclude pro-
teins. The filtrate was freeze-dried and resolved in 25 µL of 
Milli-Q water containing internal standards (200 µM each 
of 1,3,5-benzene tricarboxylic acid and 3-aminopyrrolidine) 
prior to the analysis using CE-MS.

For the 96-well plate test, 10,000 cells (U87MG and 
HEK293T) were transferred to each well in a 96-well plate 
and cultured to 60–80% confluence. For MPA (1–100 µM) 
and guanosine (100 µM) testing, cells were further treated 
for 4 h by adding these compounds in a fresh media. There-
after, the medium was aspirated, and cells were washed 
with PBS before 80% MeOH was added (100 µL). Plates 
were centrifuged at 1600 g for 10 min at room temperature 
(RT), and 2 µL of MeOH solution containing the nucleotide 
extracts was directly used for GTP-QRET or QT-LucGTP&ATP 
in a 384-well plate (100–1000 cells/well).

Luminescence‑based GTP and ATP monitoring

GTP-QRET assay optimization was performed using pure 
GTP and ATP samples (0–10 µM) and detection components 
in varying concentrations,  Eu3+-GTP (2–20 nM), anti-GTP 
 2A4GTP Fab (5–50 nM), and MT2 modulator (1.5–5 µM). 
Tests were performed in a preselected GTP buffer (25 mM 
HEPES, pH 7.5, 1 mM  MgCl2, 0.01% Triton X-100). All 
assays were performed in 10 µL final volume in a white 
384-well plate. ATP assay was separately optimized in the 
same plate using 10–25 µL final volumes. Nucleotides were 
in all cases added in 5 µL and ATP detection in 5–20 µL 
volume. In both assays, TRL- and luminescence signals were 
monitored at multiple time points between 5 and 60 min. 
Optimized conditions for each assay were used for speci-
ficity analysis and assayed separately. Titrated (0–500 µM) 
nucleotides (GTP, GDP, GMP, ATP, UTP, and CTP) were 
added in 5 µL and pre-made and optimized detection solu-
tion,  Eu3+-GTP (10 nM), anti-GTP  2A4GTP Fab (20 nM), 
and MT2 quencher (2.7 µM), in 5 µL. Concentrations are 
reported in final 10 µL volume. Nucleotides were similarly 
titrated with the ReadiUse™ Rapid Luminometric ATP 
Assay Kit using 10-µL nucleotide samples and 10 µL of the 
ATP detection reagent in a total of 20-µL final volumes. In 
both assays, signals were monitored after 15 min of incuba-
tion at RT.

Two individual assays were combined by testing nucleo-
tide (GTP, ATP, and ATP + GTP) addition in Milli-Q water, 
GTP buffer, and GTP buffer supplemented with MeOH 
(2–28%). In all assays, the nucleotide sample was added in 
5 µL followed by GTP detection solution addition (5 µL), 
and TRL-signal detection (15 min). ATP detection solution 
was added in 10 µL on top of GTP assay components, and 
the luminescence signal was monitored (15 min). Nucleo-
tides extracted from the cells were measured using the same 

protocol, with the exception that standard buffer’s MeOH 
concentration was adjusted to match with the cell samples. 
Typically, MeOH concentration was below 8%. Cells cul-
tured in a 96-well plate were monitored similarly to other 
samples except that nucleotides were added in 2 µL and GTP 
detection in 8 µL. GTP detection solution concentrations in 
the final 10-µL volume were the same in all assays.

Quantifications of ATP and GTP using CE‑TOFMS

Cellular ATP and GTP were detected and quantified using 
time-of-flight CE–TOFMS (Agilent Technologies) as previ-
ously reported [31, 51, 52]. The raw data were processed 
with MasterHands [53]. ATP and GTP were identified by 
matching their m/z values and migration times to standard 
compounds. A series of other metabolites were analyzed in 
a similar manner.

Data analysis

In all assays, the signal-to-background ratio (S/B) was cal-
culated as µmax/µmin either by using the true minimum and 
maximum or from the linear range of the assay. The coef-
ficient of variation (CV%) was calculated as (σ/µ)*100. In 
both formulas, µ is the mean value and σ is the standard 
deviation (SD). Data were analyzed using Origin 8 software 
(OriginLab, Northampton, MA) and basic linear and sigmoi-
dal fitting functions. The half-maximal effective concentra-
tion  (EC50) values were obtained from sigmoidal fitting, and 
ATP and GTP concentrations were determined based on the 
linear part of the appropriate standards.

Results and discussion

2A4GTP Fab preferentially binds GTP over GDP, GMP, 
ATP, CTP, and UTP

In the previous study, we monitored GTP consump-
tion in vitro with the  2A4GTP, using purified recombinant 
GTPases [42, 43]. While  2A4GTP Fab displayed remarkable 
sensitivity and specificity toward GTP over GDP in vitro, 
whether  2A4GTP Fab can discriminate GTP from cellular 
extracts remains untested. Given that a cell contains thou-
sands of metabolites and proteins, it is possible that these 
cellular components may interfere with the reactivity of 
 2A4GTP Fab toward GTP. Nucleotide structures are highly 
similar, and thus, for the  2A4GTP Fab, it is important to rec-
ognize not only the triphosphate ester, but also the varying 
nucleotide base (see Electronic Supplementary Material 
Fig. S1).

Thus, we set out to test  2A4GTP Fab for its guanine base 
recognition by comparing the reactivity to three other major 
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ribonucleotides, ATP, UTP, and CTP. On the other hand, we 
compared the detectability of GTP over GDP and GMP to 
estimate phosphate recognition. Based on the initial tests, 
10 nM  Eu3+-GTP and 20 nM  2A4GTP Fab were selected for 
these titrations to enable better tolerability of the cellular 
extracts without significantly sacrificing the sensitivity and 
selectivity. Under these conditions,  2A4GTP Fab detects 
GTP 86-, 90-, and over 300-fold better than CTP, UTP, and 
ATP, respectively (see Electronic Supplementary Material 
Fig. S2). Similarly, GTP was detected at a 33-fold lower 
concentration than GDP and the difference was over 1300-
fold with GMP (see Electronic Supplementary Material 
Fig. S2). Even though cellular ATP levels are typically 5- to 
10-folds higher than GTP, the results suggest that  2A4GTP 
Fab is highly likely to distinguish GTP signal from ATP 
in a cellular extract. Likewise, since GTP levels are typi-
cally comparable or even higher than those of CTP and 
UTP, and significantly higher in comparison to that of GDP 
(10- to 50-fold) and GMP,  2A4GTP Fab is expected to detect 
GTP specifically in cellular extracts [5]. As the ultimate 
goal of the present study is to develop  2A4GTP Fab-based 
GTP detection using cellular extract, we also tested the 
effect of MeOH used in nucleotide extract preparation. This 
method is widely used for metabolomics analysis, includ-
ing CE-MS for assessing polar metabolites [53–56]. While 
MeOH extraction for metabolomics is typically followed 
by evaporation and reconstitution with water or solvent, to 
increase simplicity and throughput, we omitted this step, and 
instead, used diluted cellular extract. As shown in Fig. S3 
(see Electronic Supplementary Material),  2A4GTP Fab can 
detect GTP up to 14% MeOH without a major difference in 
dynamic range.

GTP‑QRET by  2A4GTP Fab detects exogenously added 
GTP in the presence of cellular extracts

Cellular extracts contain thousands of metabolites, which 
may interfere with the  2A4GTP Fab recognition of GTP. To 
test this possibility, we measured exogenously added GTP in 
the presence and absence of serially diluted cellular extracts 
to evaluate the effect of these extracts on GTP concentra-
tion measurements. Throughout the study, we employed 
both 96-well and 384-well microplates for our experiments. 
To clearly delineate the cell number in a well of these two 
plates, we will henceforth utilize the notations “well96” and 
“well384” to represent a single well within the respective 
96-well and 384-well microplates. We performed the assay 
using typical cell numbers in 96-well plates, simultane-
ously studying the high-throughput compatibility of our 
assay. Widely used glioblastoma U87MG cells were stud-
ied to design an experiment under culture conditions in a 
96-well plate. U87MG cells proliferate in 96-well plates to 
a density of approximately 10,000 to 50,000 cells/well96, and 

metabolites can be extracted from the 96-well plates using 
100 µL of 80% MeOH. A threefold dilution was performed 
to simplify the pipetting, and 2 µL of this diluted sample was 
subsequently analyzed in a 384-well plate using the opti-
mized GTP-QRET. The amount of metabolite in the assay 
solution was estimated to be around 1.2% of the total, equat-
ing to extracts of approximately 100 cells in a  well384. The 
results demonstrated that the accuracy of the GTP-QRET 
assay was well preserved for cell contents ranging from 100 
to 500 cells/well384, corresponding to typical cell numbers 
from 12,000 to 60,000 cells/well96 (Fig. 1). In contrast, 
when cellular extracts reached 1000 cells/well384 (roughly 
120,000 cells/well96), which are uncommon densities used 
for the biological assay, the GTP concentration measured by 
GTP-QRET appeared higher than expected. Our data sug-
gest that, using this protocol, the GTP–QRET assay exhibits 
high accuracy within the standard cell count range typically 
employed in conventional experiments. However, as the cell 
size and content composition can vary between cell types, 
it is crucial to optimize the cell number and dilution factor 
for each cell line.

Development of QT‑LucGTP&ATP detecting cellular 
GTP and ATP down to 100 cells

The dual-detection method of GTP and ATP in a multi-well 
plate format has a high potential to provide a new techno-
logical platform applicable for many fields including, life, 
analytical, and food science as well as agriculture. Having 
validated the GTP-QRET applicability for cellular GTP 
detection, we set out to explore if GTP-QRET can equip 
additional functions to measure both GTP and ATP from the 
same sample. Towards this end, we adapted a commercial 
luminescence-based ATP assay from ATT Bioquest, since 
this ATP assay performed with only a single component 
addition is expected to work in a similar cell number (up 
to ~ 5000 cells/well384) to GTP-QRET. While GTP-QRET 
and ATP assay use luminescence-based detection, the read-
out is very different. GTP-QRET is monitored utilizing a 
TRL-signal readout using 620-nm and 340-nm excitation 
wavelengths (800 µs delay and 400 µs decay). On the other 
hand, in ATP assay, the total luminescence is monitored, and 
thus, no interference was expected when GTP detection was 
performed prior to the ATP measurement. We individually 
optimized the use of the ATP assay to enable simultane-
ous detection with GTP. For this, the added amount of ATP 
detection reagent was lowered from 25 to 10 µL, without 
any effect on the ATP detection in the concentration area of 
interest (data not shown). Under this condition, ATP detec-
tion also had a good MeOH tolerability and had no cross-
reactivity to other nucleotides than ATP (see Electronic Sup-
plementary Material Fig. S2 and S3).
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As GTP-QRET and ATP detection methods showed the 
expected functionality individually, next, we combined the 
assays by detecting GTP and ATP from the same well. We 
selected a three-step protocol for the detection: addition of 
(1) nucleotide sample, (2) detection solution and TRL-sig-
nal monitoring, and (3) ATP detection solution and lumi-
nescence readout (see Electronic Supplementary Material 
Fig. S4). The first dual-readout tests were performed by 
adding GTP and ATP individually or together in Milli-Q 
water or GTP assay buffer. Based on these results, no change 
in GTP and ATP detection was seen in either case, when 
different addition were compared to each other (see Elec-
tronic Supplementary Material Fig. S5). For the GTP-QRET 
detection, the linear range in the presence of GTP with or 
without ATP was from 10 to 1000 nM, as ATP alone was 
not detected at these concentrations. Also, in the luciferase-
based ATP assay, linear range was up to 1000 nM ATP with-
out any GTP-related interferences (see Electronic Supple-
mentary Material Fig. S5). The optimization showed good 
functionality using the dual-parametric single-well assay 
platform, and the obtained sensitivity is expected to be suf-
ficient for GTP and ATP detection from cells. We named this 
new dual GTP and ATP detection system as QT-LucGTP&ATP. 
The assay functionality was deemed satisfactory when using 
pure GTP and ATP solutions, as well as during the initial 
tests conducted with GTP-QRET alone. Good assay perfor-
mance was observed when the cell number exceeded 100 
cells per well in a 384-well plate, depending on the specific 

cell line and its nucleotide concentration (Fig. 1 and S5 see 
Electronic Supplementary Material).

For metabolomic analysis, MeOH-based extraction is 
a widely used method. However, protocol often requires 
MeOH evaporation and sample reconstitution in water 
before metabolomic analysis. Technically and ideally, the 
direct use of MeOH simplifies the protocol and will be the 
preferred option especially when multi-well plate cultures 
are used. To determine if QT-LucGTP&ATP is applicable for 
samples prepared by MeOH extraction, we used U87MG 
and A549 cell lines and two sample preparations, (1) direct 
dilution and detection from the 80% MeOH or (2) samples 
in Milli-Q water after MeOH evaporation. The cell titra-
tion analysis suggested that sample preparation by MeOH 
or reconstitution with water after MeOH extraction did not 
impact GTP or ATP detection (Fig. 2). In addition, both 
cell lines gave a linear response for GTP and ATP, with 
U87MG being detectable at lower cell numbers than A549. 
This is likely due to the higher nucleotide concentration in 
U87MG. Based on these results, the optimal cell number for 
the upcoming assays for U87MG is 200–2000 cells/well384 
and 500–5000 cells/well384 in the case of A549. When these 
results were used to estimate the ratio between GTP and 
ATP, ATP concentration was shown to be five- to tenfold 
higher in comparison to GTP, A549 cells having the higher 
ratio. These results are in accordance with the ones reported 
previously [5]. Importantly, no similar interference with 
the extracts from higher cell number was detected as with 

Fig. 1  The effect of the cellular extract on the measurement of GTP 
concentration. a GTP concentration was measured in the presence or 
absence of diluted cellular extracts, and in the presence or absence 
of 100 nM GTP used as a standard. The cellular extract of U87MG 

cells was prepared in 80% MeOH and diluted to GTP buffer to obtain 
cell contents ranging from 100 to 1000 cells/well384. Data represent 
mean ± SD (n = 3). b The perturbation effect of cellular extracts on 
GTP-QRET is shown as a margin of error based on the result of a 
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GTP-QRET with 96-well cultures. Together, these results 
show that QT-LucGTP&ATP retains high assay functionality 
with samples prepared with the MeOH extraction.

QT‑LucGTP&ATP detects dynamic changes in cellular 
GTP concentrations

To assess the detection fidelity of QT-LucGTP&ATP, we used 
pharmacological perturbation of cellular GTP levels using 
MPA, an inhibitor of the GTP-biosynthetic enzyme IMPDH 
[15–19]. Previous studies have shown that treatment of MPA 
decreases cellular GTP levels within 4 h, while ATP levels 
are transiently increased due to the reflux towards the ATP 
synthesis pathway. A previous study also showed significant 
growth suppression of U87MG cells by 10 µM MPA while 
the effect was moderate at 1 µM MPA [54]. U87MG cells 
(2000 cell/well384) were first treated with or without MPA 
for 8 h and subjected to QT-LucGTP&ATP assay. Consistent 
with the previous data detected by CE-MS by others [15], the 
QT-LucGTP&ATP assay shows that GTP concentrations were 
decreased approx. 50% and 30% to that of control (no MPA) 
by 1 µM and 10 µM MPA treatment, respectively (Fig. 3a). 
To further verify the functionality of QT-LucGTP&ATP 
assay, we next tested if the assay can detect the cellular 

GTP elevation induced by guanosine supplement, which 
increases cellular GTP concentration via HPRT1 in a time-
dependent manner. For this, we also included A549 cells in 
addition to U87MG. Consistent with the Fig. 3a result, QT-
LucGTP&ATP assay detected MPA-induced decrease in cellu-
lar GTP concentrations also in A549 cells, and importantly, 
QT-LucGTP&ATP assay detected the increase in cellular GTP 
concentration treatment with 100 µM guanosine (Fig. 3b). 
This is consistent with the previous CE–MS-based quantifi-
cation [57]. Furthermore, we spiked a cell sample after lysis 
as a second control, and confirmed that a theoretically cor-
rect approximately twofold increase in GTP concentration 
was detected (data not shown).

Detection fidelity of QT‑LucGTP&ATP is comparable 
to CE‑MS

To further verify the accuracy of the QT-LucGTP&ATP 
method, we employed CE–MS-based quantification 
technology as a reference method [31, 58–61], First, we 
assayed the U87MG cells cultured in 6-well plates and 
modulated with MPA (10 µM) or guanosine (100 µM) 
(Fig. 4a). Cells designated for both assays were cultured 
and treated at the same time and manner before division 

Fig. 2  Linearity of the GTP and 
ATP concentration measure-
ment from the cellular extract. 
Cell (U87MG, black, and A549, 
red) extract titration for GTP (a) 
and ATP (b) using MeOH solu-
tion samples (solid) and sam-
ples after MeOH evaporation 
and reconstitution in Milli-Q 
water (dashed). Data represents 
mean ± SD (n = 3)

Fig. 3  MPA and guanosine 
effect on GTP and ATP con-
centration in cellular extracts. 
a Concentration-dependent 
(0–10 µM) effect of MPA for 
GTP and ATP concentrations 
derived from U87MG cells, 
2000 cells/well.384. b Single 
time-point and concentration 
effect of MPA (10 µM) with or 
without guanosine (100 µM) 
detected from U87MG and 
A549 cellular extract. Data 
represent mean ± SD (n = 3)
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for either assay (see Electronic Supplementary Material 
Fig. S6). In the presence of MPA, a near-maximal decrease 
in GTP concentration was achieved after 4 h of the treat-
ment, while guanosine continued to elevate GTP levels 
even after 8 h. These trends were consistently observed 
with both GTP–QRET and CE–MS methods (Fig. 4a). As 
expected, ATP measurements displayed a less profound 
effect (Fig. 4b). We also determined CTP and UTP concen-
trations with CE-MS to estimate potential interferences for 
the GTP detection (see Electronic Supplementary Material 
Fig. S7a). In the case of untreated cells, GTP concentra-
tion was approximately 1800 amol/cell, whereas CTP and 
UTP concentrations were 1100 and 2200 amol/cell when 
monitored with CE-MS, respectively. Together, these data 
suggest that the QT-LucGTP&ATP method can detect cellular 
GTP concentration with accuracy comparable to CE-MS 
in U87MG cells, and without interferences occurring from 
nucleotide triphosphates or other cellular components.

To widen our analysis, we employed a diverse panel of 
cell lines, including SV40-transformed human embryonic 
kidney HEK293T, human lung adenocarcinoma A549, 
human breast adenocarcinoma MDA-MB-468, human pan-
creatic neuroendocrine cancer QGP1, human cervical ade-
nocarcinoma HeLa, and human colorectal adenocarcinoma 
HTC116 cells. Across all cell lines examined, ATP concen-
trations were 5.3–7.4 (CE-MS) or 4.4–9.4 (QT-LucGTP&ATP) 
times higher than to GTP. Despite the similar nucleotide 
ratios, greater variation was observed in their concentrations 
(Fig. 4). Notably, QGP1 cells had significantly higher GTP 
and ATP level compared to all other cell lines, with ATP 
and GTP concentrations approximately threefold higher than 
those in HCT116 for ATP and A549 for GTP, having the 
lowest concentrations.

From these cell lines, we also analyzed the CTP and UTP 
content using CE–MS (see Electronic Supplementary Mate-
rial Fig. S7b). In all cell lines, CTP concentration (550–1400 

Fig. 4  Comparison of the QT-LucGTP&ATP assay to the CE–MS refer-
ence method. Time-dependent effect of MPA (10 µM) with or with-
out guanosine (100 µM) for GTP (a) and ATP (b) levels in U87MG 

cells detected using either QT-LucGTP&ATP or CE-MS. GTP (c) and 
ATP (d) levels in multiple different cell lines detected with QT-
Luc.GTP&ATP or CE-MS. Data represent mean ± SD (n = 3)
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amol/cell) was similar or lower in comparison to the GTP 
(830–2400 amol/cell) concentration. On the other hand, UTP 
concentrations (1500–4100 amol/cell) were slightly higher 
than those of GTP in all cell lines, which is typical for com-
mon cell lines [5]. In all cases, even the highest UTP con-
centrations are not anticipated to impact on GTP detection, 
as the  2A4GTP Fab specificity against GTP is nearly 100-fold 
greater than for UTP (see Electronic Supplementary Mate-
rial Fig. S2a). In addition, GDP interference is not expected, 
as its concentration was generally approx. 10 times lower 
in comparison to GTP, and in all cases, GDP was not even 
detected with CE-MS, falling below the detection limit (data 
not shown). Based on the CE–MS data, not only were the 
nucleotide triphosphate concentrations of interest changed 
from cell to cell and condition to condition, but also some 
other metabolites like  NAD+ and UDP-glucose showed sig-
nificant change in their concentration, indicating changes in 
the whole-cell metabolism (see Electronic Supplementary 
Material Fig. S8).

QT‑LucGTP&ATP increases the throughput of GTP 
and ATP detection

The commonly used nucleotide extraction protocol consists 
of multiple steps such as (1) cell washing and collection, 
(2) MeOH extraction, (3) centrifugation, (4) drying, and 
(5) dissolution to selected buffer [62]. We showed already 
with GTP-QRET that GTP is detectable from cellular extract 
from the 96-well plates, and that QT-LucGTP&ATP assay is not 
MeOH sensitive (Fig. 1 and S3 see Electronic Supplemen-
tary Material). However, as the dynamic range of the GTP-
QRET and QT-LucGTP&ATP did not match when the nucleo-
tide extraction was performed either in 96-well plates or 
higher-volume cultures, we decided to study QT-LucGTP&ATP 
further. U87MG and HEK293T cells were assayed, using 
96-well plate cultures and 500 cells/well384 in the detection. 
Under these conditions, no interferences were detected, and 
calculated ATP and GTP concentrations correlated to those 
detected earlier from the cellular extracts (Fig. 4 and S9 
see Electronic Supplementary Material). Five hundred cells/
well384 were previously found optimal for GTP-QRET, and 
the observed interferences at higher cell number indicate that 
the protocol using extracts directly from the 96-well plate 
prefers a low cell number in the detection. This might be due 
to the high MeOH concentration, over the assay detection 
capacity (Fig. 2), caused by limited maximum cell capacity 
in the 96-well plates. Alternatively, centrifugation and sam-
pling from the 96-well plate might be more prone to error. 
This needs to be considered if the nucleotide concentration 
of 500 cells/well384 is not sufficient, and it is expected to be 
fixed using alternative protocol in a 48-well plate. Overall, 
these results demonstrate the high-throughput potential of 
the QT-LucGTP&ATP method.

Conclusions

The intrinsic roles of ATP and GTP in fueling cellular pro-
cesses make them crucial in understanding disease mecha-
nisms and discovering new therapeutic approaches. While 
existing technologies like HPLC and MS-based analysis 
have facilitated insightful investigations into cellular energy 
metabolism, their limitations in throughput, cost, and acces-
sibility highlight the pressing need for alternative, high-
throughput solutions. Recognizing this, we have developed 
and validated the novel GTP-QRET and QT-LucGTP&ATP 
technologies. By simultaneous monitoring of ATP and GTP 
levels in standard multi-well formats, we achieved results in 
a time- and cost-effective manner with a minimal number of 
cells. By surpassing the barriers presented by current meth-
ods, our GTP-QRET and QT-LucGTP&ATP platforms hold the 
potential to greatly enhance our understanding of the roles 
of nucleotides in cellular function and disease progression. 
Moreover, these methods are highly suited for drug screen-
ing, opening new avenues for therapeutic development, par-
ticularly for diseases linked with dysregulated GTP metabo-
lism. However, despite our advancements, we recognize that 
the cell number, especially in the case of high-throughput 
96-well plate cultures, is of high importance and in the cur-
rent format, maximal cell number in high-throughput for-
mat is limited to approx. 500 cells/well384. Nonetheless, 
with the technological strides made in this study, we are 
one step closer to unraveling the complexities of cellular 
energy metabolism. We anticipate that our platforms will 
serve as the cornerstone for future studies in various fields, 
from medicine to food science, catalyzing the discovery of 
novel findings and advancements. While the full understand-
ing of nucleotide functions remains a complex endeavor, our 
novel tools provide a significant stride forward, simplifying 
and expediting the journey toward this goal.

Supplementary Information The online version contains supplemen-
tary material available at https:// doi. org/ 10. 1007/ s00216- 023- 04944-9.
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Abstract: Thermal unfolding methods are commonly used as a predictive technique by tracking the
protein’s physical properties. Inherent protein thermal stability and unfolding profiles of biothera-
peutics can help to screen or study potential drugs and to find stabilizing or destabilizing conditions.
Differential scanning calorimetry (DSC) is a ‘Gold Standard’ for thermal stability assays (TSA), but
there are also a multitude of other methodologies, such as differential scanning fluorimetry (DSF). The
use of an external probe increases the assay throughput, making it more suitable for screening studies,
but the current methodologies suffer from relatively low sensitivity. While DSF is an effective tool
for screening, interpretation and comparison of the results is often complicated. To overcome these
challenges, we compared three thermal stability probes in small GTPase stability studies: SYPRO
Orange, 8-anilino-1-naphthalenesulfonic acid (ANS), and the Protein-Probe. We studied mainly
KRAS, as a proof of principle to obtain biochemical knowledge through TSA profiles. We showed
that the Protein-Probe can work at lower concentration than the other dyes, and its sensitivity enables
effective studies with non-covalent and covalent drugs at the nanomolar level. Using examples, we
describe the parameters, which must be taken into account when characterizing the effect of drug
candidates, of both small molecules and Designed Ankyrin Repeat Proteins.

Keywords: differential scanning fluorimetry (DSF); thermal stability assay (TSA); GTPase; KRAS;
Protein-Probe; SYPRO Orange

1. Introduction

In recent years, thermal shift assays (TSAs) have become a popular tool, especially for
early drug screening and development, but also for determining optimal buffer composi-
tions [1–3]. Differential scanning calorimetry (DSC), the TSA ‘Gold Standard’, has limited
potential for these higher throughput purposes, and thus other biophysical techniques, such
as differential scanning fluorimetry (DSF), have become increasingly practical and popular
options [3–5]. DSF offers a cost-effective alternative, as it can be performed in parallel; DSC
experiments are typically run sequentially. DSC is considered to be the most precise method
for protein unfolding measurements and can in some cases lead to the direct measurement
of thermodynamic parameters (∆H, T∆S, ∆G) in addition to melting temperature (Tm).
These factors are outweighed by the benefit afforded by a higher throughput method such
as DSF [4,6,7]. Another consideration is that Tm values may vary between approaches [3,4].
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Within the DSF technique, scan rate and dye selection affect the accuracy and values
gathered. There is limited knowledge regarding the exact mechanisms of how each dye
interacts with the target protein, and thus the suitability of each DSF dye also varies from
case to case [2,4,8–10]. There are several types of external fluorescent DSF dyes that function
through different mechanisms, and they are often used for different types of applications.
Rotational dyes sense the viscosity changes in their vicinity and produce higher signals
when the environment becomes more viscous. [2,11]. Thus, these dyes, e.g., Proteostat®

and thioflavin T, are most often used to monitor aggregation but also surfactant and other
buffer composition-related aspects [2,11,12]. On the other hand, environmental polarity
sensing dyes, e.g., SYPRO Orange and 8-anilino-1-naphthalenesulfonic acid (ANS), are
useful for protein thermal stability and interaction monitoring. These dyes are quenched
in an aqueous environment, but upon protein denaturation, where the inner hydrophobic
amino acids are exposed, the non-polar binding environment intensifies the fluorescence of
these dyes [2,4,12]. Unlike rotational dyes, which are used for fibrillation and aggregation
monitoring, polarity-sensing dyes have broader applicability [2,4,13]. These dyes can detect
aggregation but are mainly used for protein thermal stability monitoring. SYPRO Orange,
in particular, has gained popularity, as it is directly compatible with most common qPCR
equipment [1,2,4].

While the robustness of DSF enables broad applicability in drug discovery, there are
some limitations related to this technique. One comes from the non-specific nature of the
extrinsic DSF dyes, which mainly utilize weak non-covalent interactions for binding to their
target [1–4,8]. However, by monitoring the intrinsic tryptophan fluorescence at 330 nm
and 350 nm, the use of extrinsic dyes can be overcome. This technique enables not only
the detection of protein unfolding, but also the refolding, which is not usually measurable
using conventional DSF [2,14,15]. In addition, denaturation monitoring from red-shifted
tryptophan fluorescence is more compatible with detergents compared to extrinsic dyes
like SYPRO Orange [2,16,17]. However, tryptophan is a relatively rare amino acid and
can vary in number and position from protein to protein. In addition, fluorescence at
low wavelengths (250–350 nm), as with tryptophan or ANS, is subject to background
fluorescence noise related to assay materials or experimental compounds [18]. Thus, the
dye selection and knowledge about assayed materials has become even more important.
Careful attention to these details might alleviate problems related to the thermal profile
and reduce the occurrence of incorrect conclusions by lowering background fluorescence.

We previously developed a novel DSF-like method called the Protein-Probe [19–22].
The method is based on a Eu3+-labeled peptide probe, where a negatively charged peptide
has minimal interaction with a folded protein, and the time-resolved luminescence (TRL)
signal is low in the modulation solution containing a cyanine dye as quencher. The TRL
signal increases upon unfolding of the protein because of an increased interaction of the
hydrophobic core with the peptide and greater distance of the Eu3+-label from the quencher.
This technique can avoid many of the problems related to conventional DSF dyes. The
Protein-Probe enables similar stability, interaction, and buffer solution composition studies
as conventional external thermal dyes, but with significantly improved sensitivity [19–22].
In addition, we have extensively studied KRAS and other GTPase proteins to enable
monitoring of their functional properties [23–26]. KRAS has gained high interest as a drug
target, and multiple inhibitors applicable as tool compounds have been developed. Due
to the enzymatic nature of KRAS, it is a structurally flexible protein [27–29]. Activating
mutations in all RAS proteins are clustered around the nucleotide binding pocket, at amino
acids 12, 13, 61, 117, and 146. The hotspot mutation positions of G12 and G13 are located on
the P-loop, have a nucleotide-stabilizing role, and in the case of G13, a significant effect on
RAS activity [25,30]. On the other hand, Q61, located at the switch II region, participates in
the conformational changes crucial for RAS inactivation, having the lowest hydrolysis rates
among all KRAS alleles [25,30]. Lately, KRAS G12C has been in the spotlight and KRAS
G12C-targeted molecules have been developed as potential cancer treatments [31–33].
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Thus we selected the KRAS of other GTPase proteins as our models to address how
point mutations, protein and nucleotide concentration, buffer components, and inhibitors
affect target protein stability. Here, we show that the improved sensitivity of the Protein-
Probe method allows more differentiating studies of KRAS mutants, in comparison to
existing TSA dyes. We also highlight the potential problems and shortcomings of DSF
approaches, which emphasize the need for careful assay optimization and the significance
of small details in data collection, interpretation, and comparison.

2. Results and Discussion
2.1. Thermal Stability Is Buffer and Target GTPase Concentration Dependent

DSF is a widely used technique due to its simplicity. However, results obtained in
various studies are rarely comparable, even when the assays use the same DSF probe,
usually SYPRO Orange. Previously, we demonstrated a new and highly sensitive method
for TSA, the Protein-Probe technique. The Protein-Probe senses the protein stability and
factors affecting its stability, but with significantly improved sensitivity compared to
dyes like SYPRO Orange [19,20]. Partly due to improved sensitivity, we found it nearly
impossible to evaluate and compare it with previously published results. Nevertheless, by
using KRAS and other GTPases as model systems, we were able to address critical factors
that were not clearly addressed in previous publications. Mutation positions of the studied
KRAS constructs are marked in Figure S1.

It is widely known that buffer composition drastically affects protein stability. This is
especially true with proteins like KRAS, in which Mg2+ maintains the protein in its stable
nucleotide-bound form. Thus, we first studied the KRAS WT thermal stability in the pres-
ence or absence of MgCl2 and the effect of EDTA as a chelating agent (Figure 1A, Table S1).
With 1 mM Mg2+, KRAS WT showed the expected stability (Tm = 60.1 ± 0.3 ◦C) within the
broad range of previously reported values (53.3–74.4 ◦C) [34–37]. Next, we repeated the as-
say with 10 mM MgCl2 and observed a further KRAS-stabilizing effect (Tm = 64.7 ± 0.5 ◦C).
EDTA addition resulted in no change to observed Tm values with KRAS WT in comparison
to the assay performed without MgCl2. In both cases, Tm values of 48.9 ± 0.4 ◦C and
49.2 ± 0.4 ◦C were significantly lower in comparison to those detected with MgCl2 (Figure 1A).

Next, we tested if the same was true for the KRAS mutants G13D and Q61R and if
assays could be performed with or without 1 mM MgCl2, referring to nucleotide-loaded
and nucleotide-free KRAS, respectively (Figure 1B, Table S1). These mutants were se-
lected, as G13D is known to have an exceptionally fast intrinsic nucleotide exchange rate,
while the intrinsic exchange of Q61R is very low [25,27,30,38]. The observed thermal
stability inversely correlated with the rate of intrinsic nucleotide exchange, as the fast
exchange G13D (Tm = 47.7 ± 0.4 ◦C) showed lower stability, and the slow exchange Q61R
(Tm = 66.5 ± 0.5 ◦C) displayed higher stability compared to the KRAS WT in the same con-
ditions (Figure 1B). While we observed similar Tm for G13D without Mg2+ and with EDTA
(Tm = 43.4 ± 0.6 ◦C and 43.6 ± 0.8 ◦C), we observed a pronounced difference between
Mg2+ and EDTA for Q61R (Tm = 59.2 ± 0.7 ◦C and 50.6 ± 1.0 ◦C). Clearly, Q61R needed an
additional 1 mM EDTA to reach the partially nucleotide-free state. These results indicate a
clear link between KRAS thermal stability and the intrinsic nucleotide exchange related
to Mg2+ binding.

We tested this hypothesis with other KRAS hotspot mutants, G12D, G12C, and Q61L,
in the presence of 1 mM MgCl2 (Figure S1). All of these displayed similar thermal stability
as KRAS WT and thus were between the stability of G13D and Q61R (Figure 1C, Table S1).
These mutants are reported to have a similar rate of intrinsic nucleotide exchange activity
as KRAS WT; this suggests that the intrinsic nucleotide exchange activity linked to Mg2+

coordination might be the main factor determining thermal stability [27]. Thus, the Mg2+

concentration, even when present in great excess, used in each assay might cause significant
variations in Tm values reported.
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Figure 1. Buffer, mutational status, and concentration effects on KRAS thermal stability. (A) KRAS
WT (100 nM) showed clear MgCl2-dependent thermal stabilization when assayed using the Protein-
Probe. The presence of 1 (red) or 10 mM (blue) MgCl2 increased KRAS WT thermal stability by
approximately 10 ◦C over that without MgCl2 (black) and with additional 1 mM EDTA (magenta).
(B) KRAS (100 nM) mutational status affects the MgCl2 dependence. KRAS G13D (solid line) and
Q61R (dashed line) responded differently in the absence of MgCl2 (blue) or presence of 1 mM MgCl2
(black) or 1 mM EDTA (red). While KRAS G13D is thermally unstable in all conditions, Q61R showed
significantly compromised stability in the presence of 1 mM EDTA. (C) KRAS (50 nM) thermal
stability is dependent on its mutational status. From the hotspot KRAS mutants tested, G13D (red)
and Q61R (blue) significantly differ from the other tested KRAS proteins: WT (black), G12D (magenta),
G12C (green), and Q61L (orange). (D) Increase in KRAS G12C concentration decreased its stability
in Protein-Probe (dashed line) and SYPRO Orange (solid line) assays. Using the Protein-Probe, a
significant decrease in KRAS G12C thermal stability was obtained when protein concentration was
increased from 50 nM (black) to 250 nM (red) or 1250 nM (blue). Using the SYPRO Orange, the
decrease in KRAS G12C Tm was less pronounced at the assayed concentrations of 3 µM (magenta),
10 µM (green) or 30 µM (violet). Data represent mean ± SD (n = 3).

The assays of KRAS mutants were performed at a lower protein concentration than
that used in the MgCl2 assays (Figure 1A), and we saw a slight shift in Tm values when these
two assays were compared. When the results obtained with the Protein-Probe were further
compared to those with SYPRO Orange, we saw consistently slightly higher Tm values
using the Protein-Probe. As in these assays, the KRAS concentration was the main deter-
minant for these changes; we titrated KRAS G12C using the Protein-Probe (0.01–1.25 µM)
and SYPRO Orange (1–30 µM). The concentration-related shift in Tm was observed with
SYPRO Orange (55.7–60.3 ◦C) but especially with the Protein-Probe (Figures 1D and S2A).
When the KRAS G12C concentration was increased 25-fold, from 50 to 1250 nM, Tm values
shifted from 61.8 ± 0.5 ◦C to 53.4 ± 0.6 ◦C, respectively. We confirmed this result using the
Protein-Probe with the Q61R and Q61L mutants, and in these cases the thermal stability
decreased by 11.3 ◦C and 11.8 ◦C upon KRAS concentration increase from 50 to 1250 nM,
respectively (data not shown). These results indicate that care should be taken when
comparing Tm values from different studies.
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When testing various RAS constructs, we found that the sensitivity of the Protein-
Probe is related to the exact type of KRAS construct. Even though KRAS is a small protein,
it is often studied using only the so-called G-domain, a truncated form that does not
contain the C-terminal hypervariable region of residues 170–188. Two G-domain constructs
were assessed here using Ac-KRAS and iMet-KRAS [39]. In Ac-KRAS, the N-terminal
initiator methionine (iMet) was cleaved off, and threonine was N-acetylated. On the other
hand, iMet-KRAS contained an additional non-native glycine as the second amino acid
in its N-terminus. With the Protein-Probe, 50-fold (Ac-KRAS) and 10-fold (iMet-KRAS)
higher concentrations were needed for comparable signal strength to full-length KRAS
(Figure S2B). However, not only the length but also N-terminal processing affected the
detectability, as there is a clear difference between Ac-KRAS and iMet-KRAS (Figure S2B).
This indicates the increase in flexibility of iMet-KRAS in comparison to Ac-KRAS, even
though there is no clear difference in Tm values, suggesting no changes in nucleotide and
Mg2+ coordination [39]. In addition, the assays performed with the full-length HRAS
and NRAS indicate that the size of the construct is not the main determinant of protein
detectability using the Protein-Probe, as both of these constructs were less visible compared
to full-length KRAS. Interestingly, the Tm values were all higher in comparison to KRAS
(54.4 ± 0.6 ◦C) when assayed at the same conditions using 1 µM KRAS concentration.
Detected values for iMet-KRAS, Ac-KRAS, HRAS, and NRAS were 66.9 ± 0.2, 66.0 ± 1.0,
59.0 ± 0.3, and 64.0 ± 0.1 ◦C, respectively (Table S1).

In conclusion, not only the length of the RAS construct but also mutations and flexi-
bility might affect protein detectability, especially at nM concentrations. SYPRO Orange
could not be used at nM KRAS concentrations, but its optimal signal-to-background (S/B)
ratio was found at the very high KRAS concentration of 10 µM (data not shown). In addi-
tion, the second dye tested, 8-anilinonaphthalene-1-sulfonic acid (ANS), requires KRAS
concentration levels of 2–10 µM. With µM KRAS used in SYPRO Orange and ANS assays,
the relatively high concentration seems to equalize differences, which were visible using
the Protein-Probe assays at nM concentrations.

2.2. Increased Nucleotide Concentration Increases GTPase Stability

Many of the commercially available GTPases are stored in buffers with an excess of
GDP to increase their stability. In addition, an excess of GMP (guanosine-5’-monophosphate)
is often used to thermally and enzymatically stabilize the nucleotide-free form of RAS,
as its effect on biochemical RAS activity assays can be considered negligible due to the
low binding affinity of GMP [40]. Results obtained with or without Mg2+ indicate that
the stabilizing effect is mediated through intrinsic nucleotide exchange or through Mg2+-
independent nucleotide binding, occurring with lowered affinity [41–43]. These processes
have been reported to be linked but to occur with different rates, as Mg2+ is in very rapid
equilibrium with the solvent. Processes are also found to vary between different GTPases
and their mutants, and the degree to which stabilization occurs should vary as well [41–43].

To test this, we first performed a GDP (guanosine-5’-diphosphate) titration (0–0.9 mM)
using KRAS G13D, a highly unstable mutant due to A59 placement in the Mg2+ binding
site (Figure 2A) [27,44]. As anticipated, a significant increase in KRAS G13D stability was
observed with the Protein-Probe as a response to increased GDP concentration, saturating
at approximately 300 µM GDP. We confirmed this stability increase with SYPRO Orange
using the minimally possible KRAS concentration for this assay (3 µM), but the saturation
could not be reached with the used concentrations (Figure S3). The control (1 mM ATP)
showed no KRAS G13D stabilization. As the stability increase was saturated in the Protein-
Probe assay, the intrinsic nucleotide exchange or another factor affecting nucleotide binding
was most likely responsible. The high nucleotide concentration in solution and the high
nucleotide binding affinity of KRAS together change the equilibrium and drive RAS to
stay constantly in a nucleotide-loaded and thus stable form. As the stabilization is RAS
concentration-dependent, with the used nucleotide concentrations, it was detected only
with the Protein-Probe, using 50 nM KRAS.
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Figure 2. KRAS and other small GTPases were stabilized by GDP/GTP in the Protein-Probe assay.
(A) KRAS G13D (50 nM) stability was determined in the presence of free GDP (0–900 µM). KRAS
G13D (black) was significantly thermally stabilized with 1 µM GDP (red). GDP-induced stabilization
of KRAS G13D further increased with 10 (blue) and 100 µM (magenta) GDP and was saturated
at approximately 300 µM (green) concentration, without further change with 900 µM GDP (navy).
(B) KRAS (50 nM) thermal stabilization in the absence (solid line) or presence (dashed line) of
additional GDP (10 µM) was dependent on its mutational status. KRAS G13D (red) was more
responsive to GDP addition in comparison to KRAS WT (black) or G12D (blue). KRAS Q61R (magenta)
was not stabilized by the addition of GDP. (C) GDP-induced KRAS WT (50 nM) stabilization was not
dependent on divalent cations. Both 0.1 (red) and 1 mM (black) Ca2+ stabilized KRAS, but to a lesser
extent than 1 mM Mg2+ (magenta), when compared to KRAS with 1 mM EDTA (blue). In all buffers,
10 µM GDP (dashed line) addition stabilized KRAS in comparison to buffer without additional
nucleotide (solid line). (D) RhoA WT (2 µM) nucleotide-specific stabilization was more significant in
the presence of 0.2 mM EDTA (solid) than with 1 mM Mg2+ (dashed). RhoA (black) stability increased
significantly more with 100 µM GTP (blue) than GDP (red). Difference in GTP preferred stability
increase was more significant in the absence of Mg2+. Data represent mean ± SD (n = 3).

To further test nucleotide-induced KRAS stabilization, we next performed single
or dual (10 or 100 µM) concentration stability assays using GDP, GTP (guanosine-5’-
triphosphate), and ATP (adenosine-5’-triphosphate). Assays were performed not only
with the G13D mutant but also several other KRAS mutants. With KRAS G13D, the addi-
tion of 10 µM GDP shifted the observed Tm value by over 10 ◦C, which was more than with
KRAS WT or G12D (Figure 2B, Table S1). More significantly, no change in Tm was observed
with Q61R. These stabilizing concentrations of GDP are several-fold higher compared to the
reported affinity to KRAS, which indicates stabilization potentially in a Mg2+-independent
fashion. Indeed, GDP stabilized KRAS WT both in the presence and absence of Mg2+, and
the effect was more pronounced in the presence of 1 mM EDTA, resulting in a ∆Tm of
11.3 ◦C compared with a ∆Tm of only 7.6 ◦C in 1 mM MgCl2 (Figure 2C, Table S1) [40,43,45].
Another divalent cation, Ca2+, stabilized KRAS WT both with and without GDP [45,46].
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When KRAS WT assayed with 1 mM EDTA (Tm 50.8 ± 0.6) was compared to the samples
with 0.1 or 1 mM CaCl2 or 1 mM MgCl2, the stability increase was 1.2, 3.7, and 9.1 ◦C,
respectively. On the other hand, GDP addition brought the Tm with both 0.1 and 1 mM
Ca2+ to the same value, 61.2 ± 0.9 and 61.8 ± 0.6, respectively (Figure 2C). This indicates
that Ca2+ cannot be used as a replacement for Mg2+ but that stability increase is most
probably due to an additional weak affinity binding pocket for Ca2+ [46,47]. However, the
Ca2+ binding affinity to this pocket is expected to be biochemically too weak to play a role,
especially considering the low Ca2+ concentrations in the cytoplasm.

In addition to KRAS, we tested the additional small GTPases NRAS, HRAS, and RhoA,
as well as Gαi, an α-subunit from the heterotrimeric G protein, to see if similar behavior
in the presence or absence of Mg2+ and GDP/GTP occurred. Again, ATP showed no
stabilization at any tested condition or protein (data not shown). On the other hand, all
the tested small GTPases were stabilized by GDP and GTP both with and without Mg2+,
as shown with RhoA and the Protein-Probe technique (Figures 2D and S4). RhoA was
significantly more stabilized with GTP than GDP, and the preference further increased in
the absence of Mg2+, as also confirmed with SYPRO Orange and ANS dyes (Figure S4) [48].
In the presence of EDTA, NRAS and potentially also HRAS showed preference for GTP
over GDP, indicating higher binding affinity of GTP in the absence of Mg2+, but the effect
was less pronounced than with RhoA (Figure S4) [40,43,48].

To further confirm that KRAS stability is linked to its intrinsic enzymatic activities
and affinity for the nucleotide, we performed an assay with KRAS V14I located in a
P-loop [49]. In addition to increased binding to SOS, it also had increased intrinsic nu-
cleotide dissociation properties. As expected, KRAS V14I had a relatively low thermal
stability (Tm ~48 ◦C), and it was stabilized with both nucleotides but showed a clear prefer-
ence for GTP over GDP (Figure S5A). On the other hand, Gαi showed no clear stabilization
with Mg2+ (max ∆Tm = 1.0 ◦C) or without Mg2+ (max ∆Tm = 3.3 ◦C) when 100 µM GDP or
GTP was tested (Figure S5B). In addition, the effect of Mg2+ with Gαi was lower (~4.2 ◦C)
compared to, e.g., KRAS assayed in the same conditions.

In biochemical and enzymatic studies with KRAS, non-hydrolysable GTP analogs
are often used, as GTP-loaded RAS has a limited shelf-life. These analogs, however,
have a lower affinity compared to the natural GTP ligand, and they also affect RAS con-
formation. We hypothesized that the use of different GTP analogs change the KRAS
stability differently, which needs to be considered when these results are interpreted.
Initially, we performed a nucleotide titration using a SOScat catalyzed nucleotide ex-
change assay with KRAS (Figure 3A). The assay was performed with 15 nM KRAS,
which limits us in monitoring the binding affinity of the highest affinity nucleotides,
GDP (EC50 = 11.9 ± 0.7 nM), GTP (EC50 = 7.9 ± 0.6 nM), and GTPγS (guanosine-5’-(γ-
thio)-triphosphate) (EC50 = 11.7 ± 0.8 nM) (Table S2). In contrast, GMP-PNP (guanosine-5’-
[(β,γ)-imido]triphosphate), GMP-PCP (guanosine-5’-[(β,γ)-methyleno]triphosphate), and
especially GMP had significantly lower affinity for KRAS, with EC50 values of 71.2 ± 9.3 nM,
542 ± 38 nM, and 101 ± 8 µM, respectively (Figure 3A, Table S2). Protein-Probe analysis
with the same analogs and KRAS WT showed a similar pattern as nucleotide exchange
(Figure 3B). The high affinity nucleotides GDP, GTP, and GTPγS stabilized KRAS already
at 10 µM concentration, while for GMP-PNP, 300 µM concentration was needed for stabi-
lization. The 300 µM GMP-PCP showed minor effects, but GMP, often used to stabilize the
nucleotide-free form of RAS, had no KRAS stabilizing effect even at 1 mM concentration.
Because we clearly observed stability increasing effects with GTP analogs in solution, we
next loaded KRAS with GMP-PNP, the most widely used GTP analog due to its resistance to
hydrolysis. As shown previously, a significantly reduced Tm value, 53.2± 0.3, was detected
with GMPPNP-loaded KRAS in comparison to GDP-KRAS, 60.4 ± 0.2 (Figure 3C) [20].
Thus, we can conclude that not only assay conditions, but also mutations, activation state,
and nucleotides/analogs affect the observed Tm and must be considered when comparing
the results obtained using any TSA method.
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Figure 3. KRAS stabilization by additional nucleotides is affinity dependent. (A) The binding affinity
order for nucleotide binding to KRAS (15 nM) was determined by QRET nucleotide exchange assay in
a SOScat (10 nM) induced reaction. KRAS binding for GTP (black), GDP (red), and GTPγS (magenta)
was <15 nM, while GMP-PNP (green) and GMP-PCP (navy) bound at micromolar and GMP (blue)
only at millimolar levels. (B) KRAS (50 nM) nucleotide-dependent thermal stabilization was affinity-
and concentration-dependent as assayed with the Protein-Probe. KRAS WT (solid black) was similarly
stabilized by 10 µM GTP (dashed black) and 10 µM GTPγS (red). At 300 µM concentration, GTPγS
(blue) showed the highest stabilization, followed by GMP-PNP (magenta) and GMP-PCP (green).
GMP (navy) showed no KRAS stabilization. (C) Thermal stability using preloaded KRAS (50 nM)
was in agreement with solution-based binding using an excess of nucleotides. KRAS-GDP WT
(red) was thermally significantly more stable than KRAS-GMP-PNP WT (black). Data represent
mean ± SD (n = 3).

2.3. Small Molecular Covalent Inhibitors Are Overrepresented in TSA over Non-Covalent Inhibitors

TSA is not only used as a tool for protein stability but also for protein–ligand in-
teraction (PLI) studies utilizing the thermal shift that occurs upon binding. KRAS is a
high-priority drug target, but the modulation of its functionality has been difficult [50,51].
This is due to the lack of an obvious targetable binding pocket, except for the nucleotide
binding one. However, drugging KRAS G12C has shown promise, as this mutant enables
covalent intervention by small molecular inhibitors [50,51]. As multiple parameters re-
lated to assay conditions might affect RAS stability, we next studied KRAS with multiple
known covalent or non-covalent inhibitors to address their function side by side under the
same conditions.

Selected inhibitors were first assayed with a conventional nucleotide exchange assay
utilizing KRAS WT and its G12C mutant [23,25]. This was done to ensure the correct
functionality and concentration range for the inhibitors. Two selected covalent binders,
ARS-853 and ARS-1620, were used with KRAS G12C, and a non-covalent inhibitor, BI-2852,
with KRAS WT. As a control for both assays, we used the KRAS/SOS interaction inhibitor
BAY-293 and the non-binding control BI-2853. All inhibitors were tested in a nucleotide
exchange assay using 100 nM KRAS (WT or G12C) and 10 nM SOScat. Importantly, the
individual inhibitors were preincubated with KRAS for 20 min before assay initiation by ad-
dition of SOScat. In the selected conditions, BAY-293 showed KRAS mutation-independent
inhibition, with observed IC50 values of 11.5 ± 2.2 and 17.5 ± 3.0 nM for WT and G12C,
respectively (Figure S6, Table S2). BI-2852, but not BI-2853, inhibited KRAS WT nucleotide
exchange with the observed IC50 value of 2.8 ± 0.7 µM. ARS-853 and ARS-1620 inhibited
KRAS G12C nucleotide exchange, giving IC50 values of 1.1 ± 0.1 and 0.21 ± 0.04 µM,
respectively (Figure S6, Table S2). Based on these results, all inhibitors showed the expected
function at the expected concentration range.

Next, thermal stabilization of KRAS G12C by covalent binders was investigated. As
expected, both ARS-853 and ARS-1620 showed a significant concentration-dependent
thermal stability increase over KRAS G12C alone (Figure 4A). With 50 nM KRAS G12C,
saturated stabilization was observed at 5 µM ARS-853 and ARS-1620. At a concentration of
1.25 µM per compound, two thermal transitions could be observed, corresponding to free
and covalently compound occupied KRAS G12C (Figures 4A and S6). We could further
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confirm the specificity of ARS-853 and ARS-1620 towards KRAS G12C over WT when using
SYPRO Orange (Figure S7). As expected, the SOS binding BAY-293 and the non-binding
BI-2853 gave no response, but also with BI-2852 and KRAS G12C, G12D or WT the thermal
stability effect was negligible (Figures S6 and S8). ARS-853 and ARS-1620 demonstrated
the power of using the more sensitive Protein-Probe technique in comparison to SYPRO
Orange, as it enables the estimation of inhibitor binding affinity. Due to the 200-fold lower
KRAS G12C concentration in the Protein-Probe assay, 5 µM ARS-853 and ARS-1620 fully
saturated the thermal stability increase, giving a ∆Tm of 16 to 18 ◦C, respectively, while
with SYPRO Orange and 10 µM KRAS G12C, 20 µM ARS-853 and ARS-1620 still provided
double transitions (Figures 4A and S6).

Figure 4. Covalent KRAS G12C inhibitors in the KRAS thermal stability assay. (A) 50 nM KRAS
G12C (black) was stabilized in a concentration-dependent manner by both ARS-1620 (red) and ARS-
853 (blue) inhibitors (313–5000 nM) in the Protein-Probe assay. (B) 50 nM KRAS G12C (black) was
stabilized in a concentration-dependent manner by AMG-510 (red) and MRTX849 (blue) inhibitors in
the Protein-Probe assay. (C) 6 µM KRAS G12C (black) was concentration-dependently stabilized by
AMG-510 (red scale) and MRTX849 (blue scale) inhibitors in the SYPRO Orange (solid line) and ANS
(dashed line) assays. No thermal shift was detected with 5 µM AMG-510, but the second transition
was visible with the same concentration of MRTX849. An increase in AMG-510 concentration
induced a significant signal quenching of both SYPRO Orange and ANS dyes. Data represent
mean ± SD (n = 3).

We further continued the study by using two clinical stage KRAS G12C inhibitors,
AMG-510 and MRTX849 [50]. In a nucleotide exchange assay with 15 nM KRAS G12C, both
AMG-510 and MRTX849 showed very potent binding, giving IC50 values of 20.7 ± 1.2 and
6.9 ± 0.8 nM already after ~10 min incubation (Figure S9, Table S2). Next, we continued by
studying KRAS G12C stability with the Protein-Probe (Figure 4B) and with SYPRO Orange
and ANS (Figure 4C). With AMG-510, we observed significant signal quenching with
ANS or SYPRO Orange, which also was quenched with MRTX849 (Figure 4B). However,
this AMG-510-induced signal quenching was non-visible at nM concentrations already
producing a maximal thermal stability increase in the Protein-Probe assay (Figure 4C).
Even though the affinity for KRAS G12C was higher for MRTX849 than for AMG-510, the
thermal stability increase in the Protein-Probe assay with AMG-510 was more pronounced
than with MRTX849, giving ∆Tm values of 24.8 vs. 15.6 ◦C, respectively. The confirmed
trend was the same with other dyes, and this is likely due to differences in the binding
modes of these molecules, as both target the same KRAS pocket [50,51]. The effect on signal
quenching seems to be indicative for binding, as the SYPRO Orange fluorescence was nearly
preserved with the KRAS WT (Figure S8B). As the signal quenching does not occur directly
through SYPRO Orange and AMG510, we cannot rule out the possibility that instead of
quenching, AMG-510 shifts the thermal curve out from the measurement range. In our
hands, the reliable measurement range ends at approximately 90 ◦C, and AMG-510 had a
tendency to increase the signal at the high-end temperatures. In all cases, the improved
sensitivity of the Protein-Probe avoids the complications faced with AMG-510 (Figure 4).
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2.4. Protein Based Inhibitors Can Induce Covalent-Like Thermal Stability Increase

Biologics, typically proteins, are interesting alternatives, especially when the target
does not allow the use of small molecule drugs. RAS has been a notoriously difficult target
for small molecule drugs due to a lack of defined binding pockets, supporting the use
of biologics that provide different modes of action. Thus, we decided to test Designed
Ankyrin Repeat Proteins (DARPins). They are highly stable binding molecules selected
from diverse synthetic libraries to bind specifically and with high affinity to the target of
interest [52]. As they contain no cysteine and can fold in the cytoplasm, they have potential
as intracellular inhibitors. For the study, three different DARPins, K27, K13, and K19, were
tested to define their protein–protein interaction (PPI) effect on KRAS stability [53,54].

For DARPins K27, K13, and K19, IC50 values of 30.6 ± 4.2, 140 ± 23, and 125 ± 16 nM
were observed, respectively, in a nucleotide exchange assay (Figure S10, Table S2). Next
we utilized this information to monitor the DARPin-induced increase in thermal stability,
which we previously reported with K27 and the Protein-Probe method [20]. To our surprise,
K13 and K19 had no effect on KRAS thermal stability in any of the tested concentrations,
while K27 showed the expected increase in KRAS thermal stability (Figure 5) [20]. K13 and
K19 bind to the same position on KRAS, the allosteric lobe at the interface between helix
α3/loop 7/helix α4 [54]. This area is distant from the area where K27 binds, namely
the switch I area overlapping the SOS binding site [53]. Due to these differences, we
continued to monitor the effect on SOScat-induced and intrinsic nucleotide exchange with
these DARPins. All these DARPins blocked the SOScat-induced reaction (Figure S10), but
only K27 also blocked the intrinsic nucleotide exchange activity of KRAS (Figure S11).
This indicates that K27 potentially has a more significant effect on the KRAS structure
in comparison to K13 and K19, acting mainly by blocking the KRAS interaction with
SOScat [53,54]. By using KRAS WT and K27 as a control, we further tested if K27 would
stabilize the G12D, G13D, Q61L, and Q61R mutants. Of these mutants, only KRAS Q61R
was not stabilized by K27, further supporting a link between intrinsic KRAS nucleotide
exchange activity and thermal stability (Figures 5B and S12).

Figure 5. KRAS thermal stabilization by DARPins in the Protein-Probe assay. (A) Neither DARPin
K13 nor K19 stabilized KRAS WT or G12C (50 nM). K19 (red) did not stabilize KRAS WT (black) at
200 (red dashed) or 500 nM (red dotted). Similarly 200 nM K13 had no effect on KRAS WT (black
compared to blue solid lines) or KRAS G12C (gray solid line compared to magenta dashed line).
(B) DARPin K27 (100 nM) showed a similar degree of stabilization with 50 nM KRAS WT (red), G12D
(blue), and G13D (black). DARPin K27 (magenta) was responsible for the signal in the Protein-Probe
assay at low temperatures. (C) DARPin K27 (100 nM)-induced thermal stabilization of KRAS WT
(50 nM) was Mg2+-dependent. In addition, 1 mM MgCl2 stabilized KRAS (black compared to blue)
and was also necessary for K27-induced stabilization (red compared to magenta). Data represent
mean ± SD (n = 3).

Q61 is part of the Switch II region, which plays an essential role in effector interactions,
GAP-mediated and intrinsic GTP hydrolysis, as well as nucleotide binding [38]. Thus,
we next tested if the removal of Mg2+ has an effect on K27-induced KRAS stabilization.
K27 is reported as a GDP-KRAS binder, and without Mg2+, we detected no thermal stability
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increase with K27 and KRAS WT (Figure 5C). Additionally, ARS-1620 also required Mg2+

to stabilize KRAS G12C (Figure S13). These results indicate that TSA results with KRAS
might be biased toward those binders that cover the Switch I and II and/or that have an
effect on nucleotide loading state. This is in line with the structural data showing no effect
on these areas when KRAS is bound to K19 [54]. Unfortunately, this statement could not be
confirmed by other TSA dyes, due to their lack of sensitivity and concentration restrictions.
It is unlikely, however, that this finding would be only related to the Protein-Probe assay,
but it needs to be considered prior to assay design, as assays run with or without Mg2+ are
expected to produce differences in results.

2.5. Non-Observable Thermal Shifts Can Be Visualized Using a Competition Thermal
Stability Protocol

Thermal stability changes cannot be used to visualize all KRAS binding inhibitors, as
found, e.g., for DARPins K13 and K19. The binding area for K13 and K19 is known and their
binding can be expected to affect, in turn, the binding of KRAS G12C to covalent inhibitors
targeting the switch-II pocket. Therefore, MRTX849, AMG-510, ARS853, and ARS1620 were
selected to investigate a competition-based protocol. We hypothesized that upon K13 or
K19 binding, the large thermal stability increase induced by these covalent binders will
be reduced or disappear, as the DARPin can block the binding of the covalent inhibitor
either competitively or by changing the KRAS structure. We first tested this hypothesis
by using 1:1 complex of KRAS (50 nM) and K13 (50 nM), and we found this to be true
especially with AMG-510 and to lesser extent with MRTX849 (Figure 6). In the presence
of K13, 100 nM AMG-510 had no effect on KRAS stability, but it was detected at higher
AMG-510 concentrations (Figure 6A). Change from a single thermal transition curve with
900 nM AMG-510 to double transition curves in the presence of K13 is also a clear indication
for competitive binding. On the other hand, the ∆Tm was only 3–7.4 ◦C with MRTX849, in
comparison to ∆Tm values over 10 ◦C monitored with AMG-510 using the same protocol.
These changes observed with either AMG-510 or MRTX849 may indicate slight differences
in binding and conformational compatibility with the K19 DARPin-bound KRAS. With
ARS853 and ARS1620, we also found the affinity-driven effect, and both inhibitors showed
competitive behavior (Figure S14). In summary, by using a competitive protocol, one
could potentially help to find compounds that target specific pockets on the target protein.
However, affinity restrictions set by the TSA method used and chosen binders must be
carefully considered.

Figure 6. Competitive thermal shift assay for visualizing inhibitors having no direct effect on KRAS
thermal stability. (A) In the absence of K13 (solid), 50 nM KRAS G12C (black) was significantly
stabilized by 100 (green), 300 (red), or 900 nM (blue) AMG-510. In the presence of K13 (dashed),
KRAS G12C was not affected, but the stabilizing effect of AMG-510 could be totally or partially
reversed. (B) In the absence of K13 (solid), 50 nM KRAS G12C (black) was significantly stabilized by
33 (magenta), 100 (red), or 900 nM (blue) MRTX849. In the presence of K13 (dashed), KRAS G12C
was not affected, but the stabilizing effect of MRTX849 could be partially reversed. Data represent
mean ± SD (n = 3).
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3. Materials and Methods
3.1. Protein-Probe Thermal Stability Assays

Detailed lists of materials and instrumentation as well as the production/purification
of KRAS and related proteins are presented in the Supplementary Materials. In addition,
detailed protocols for RAS nucleotide exchange assays and data analysis are presented
there. All presented assays were performed in triplicate unless otherwise indicated.

All Protein-Probe assays were performed using a sample volume of 8 µL and a two-
step assay protocol. Detection was performed at room temperature (RT) by adding 65 µL
Protein-Probe solution: 4 µM HIDC (1,1,3,3,3′,3′-hexamethylindodicarbocyanine iodide)
and 1–1.5 nM Eu3+-labeled peptide probe (NH2-EYEEEEEVEEEVEEE) [19]. Assays were
performed in a sample buffer containing 10 mM HEPES (pH 7.5), 0.001% Triton X-100 and
20 mM NaCl and the buffer was supplemented with 0–10 mM MgCl2, 0–1 mM CaCl2, or
0–1 mM EDTA, depending on the assay. In all thermal stability assays, samples were prein-
cubated at RT for 10 min (nucleotides) or 30 min (inhibitors) prior to thermal measurements.
Depending on the studied protein, thermal ramping was performed up to 95 ◦C, using 5 ◦C
intervals. At each temperature, samples were incubated for 3 min before the Protein-Probe
solution was added, and the TRL-signals at 620 nm were monitored at RT.

3.2. Concentration and Buffer Composition–Related Effects on GTPase Stability

Melting curves of KRAS WT (50–1250 nM), GMPPNP-KRAS (50 nM), and mutants
G13D (50–150 nM) and Q61R (50–1250 nM) were monitored in sample buffer with or
without 1 mM MgCl2 or 1 mM EDTA. In addition, KRAS WT was monitored in a sam-
ple buffer supplemented with 0–10 mM MgCl2 or 0–1 mM CaCl2. The melting curves
for HRAS (1000–2000 nM), NRAS (500–2000 nM), Ac-KRAS (100–2000 nM), iMet-KRAS
(100–1000 nM), RhoA (2 µM), Gαi (50 nM), and KRAS mutants Q61L (50–1250 nM), G12D
(50–150 nM), G12C (10–1250 nM), and Q61R (50–150 nM) were monitored in the presence
of 1 mM MgCl2.

3.3. Nucleotide Concentration–Induced GTPase Stabilization

KRAS G13D (50 nM) was monitored in the presence of 0–900 nM GDP, and KRAS WT,
G13D, G12D, and Q61R (50 nM) were monitored with 10 and/or 100 µM GDP, GTP, and
ATP in buffer supplemented with 1 mM MgCl2. KRAS WT (50 nM) was also monitored with
10 µM GDP in a buffer without MgCl2 or supplemented with 0–1 mM CaCl2 or 1 mM EDTA.
HRAS (2 µM), NRAS (2 µM), RhoA (2 µM), and Gαi (50 nM) were monitored with 100 µM
GDP, GTP, or ATP in buffers with or without 1 mM MgCl2 and 1 mM EDTA. In addition,
melting curves for KRAS WT (50 nM) were measured with GTP analogs GTPγS, GMPPNP,
and GMPPCP (0–300 µM), and GMP (0–1000 µM) in the presence of 1 mM MgCl2.

3.4. KRAS Thermal Stabilization Using Small Molecular Inhibitors

All inhibitor assays were performed with a buffer containing 1 mM MgCl2. Thermal
curves for KRAS G12C and WT (50 nM) were measured in the presence of ARS-853
(0–5000 nM), ARS-1620 (0–5000 nM), AMG-510 (0–900 nM), and MRTX849 (0–900 nM).
KRAS WT, G12C, and G12D (50 nM) were also monitored with 10 µM BI-2852, BI-2853, and
BAY-293. In addition, KRAS G12C (50 nM) was studied with ARS-1620 (1 µM) in a buffer
without MgCl2 and with 1 mM EDTA.

3.5. KRAS Thermal Stabilization Using Protein-Based Binders

Assays were performed using three DARPins alone or in combination with small
molecular inhibitors. DARPins K13 (200 nM) and K19 (200 or 500 nM) were assayed with
KRAS WT and G12C (50 nM) and DARPin K27 (100 nM) KRAS WT, G13D, G12D, Q61R,
and Q61L (50 nM) in a buffer supplemented with 1 mM MgCl2. KRAS WT (50 nM) was
also assayed with DARPin K27 (50 nM) with 0–1 mM EDTA. Competitive thermal stability
assays were performed by first combining KRAS G12C (50 nM) with DARPin K13 (50 nM)
and after 10 min incubation by additionally adding AMG-510 (0–900 nM), MRTX849
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(0–900 nM), ARS-853 (0–20 µM), or ARS-1620 (0–20 µM). The thermal curves were moni-
tored after an additional 30 min incubation at RT.

3.6. SYPRO Orange and ANS Thermal Ramping Assays

SYPRO Orange and ANS assays were performed using a one-step protocol, where
the samples (8 µL) and SYPRO Orange/ANS solution (12 µL) were combined prior to the
first heating step. The samples were incubated for 3 min at each temperature, followed by
fluorescence signal measurement. SYPRO Orange was used at 5× (stock 5000×) and ANS
at 10 µM final concentration.

Thermal stability curves for KRAS WT, G12C, G13D, and Q61R (0–30 µM) were moni-
tored both with SYPRO Orange and ANS in an assay buffer with or without 1 mM MgCl2.
In addition, HRAS, NRAS, KRAS V14I, RhoA, and Gαi were studied at 10 µM concentration.
KRAS G13D (3 µM) was assayed with SYPRO Orange in thermal ramping in combination
with 0–1000 µM GDP, 1000 µM GTP, and 1000 µM ATP in a buffer supplemented with
1 mM MgCl2. Additionally, 10 µM HRAS, NRAS, KRAS V14I, Ac-KRAS iMet-KRAS, RhoA,
and Gαi were studied without additional nucleotides or with 10 or 100 µM GDP/GTP in
an assay buffer supplemented with 1 mM MgCl2 or 1 mM EDTA.

KRAS WT, G12D, and G12C (3 µM) were monitored with 20 µM BI-2852, BI-2853, and
BAY-293, and 10 µM KRAS WT and G12C were also measured in combination with 20 µM
ARS-853 and ARS-1620. In addition, KRAS G12C (10 µM) was assayed with 0–20 µM
AMG-510 and MRTX849 using both SYPRO Orange and ANS.

4. Conclusions

In this study, we investigated KRAS and additional small GTPases in terms of thermal
stability to critically evaluate TSA suitability for inhibitor screening and validation. TSA
is a widely used tool for protein stability monitoring, but some critical factors influence
the assay. Based on our findings, in addition to buffer composition, the variables of
free nucleotide, protein concentration, and inhibitor binding mode/area all affect the
TSA data. Direct comparison with traditional nucleotide exchange assays showed that
inhibitors blocking either intrinsic nucleotide exchange or binding covalently to the target
GTPase showed significant thermal shifts. However, other inhibitors that are functional in
a nucleotide exchange assay with SOScat showed only small or negligible thermal shifts.
Nevertheless, we showed that some of these binders can be validated through a competitive
TSA protocol, by using the Protein-Probe technique. This further proves that molecules
can bind without evident target stabilization. TSA can be a valuable tool both for inhibitor
screening and validation, but one must appreciate that not all interactions can be detected.
In addition, the results might be biased for inhibitors functioning in a certain way, as we
showed with KRAS in a buffer with or without MgCl2. It is clear that data obtained with
minor changes in buffer composition might be affected. Moreover, this should be taken
into account especially in the case of studies using high protein concentrations, in which
the carried storage buffer can also affect the results. These factors must all be considered
carefully when designing a TSA screen so that their effect can be considered during data
interpretation.
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Isothermal chemical denaturation 
assay for monitoring protein 
stability and inhibitor interactions
Randa Mahran *, Niklas Vello , Anita Komulainen , Morteza Malakoutikhah , 
Harri Härmä  & Kari Kopra 

Thermal shift assay (TSA) with altered temperature has been the most widely used method for 
monitoring protein stability for drug research. However, there is a pressing need for isothermal 
techniques as alternatives. This urgent demand arises from the limitations of TSA, which can 
sometimes provide misleading ranking of protein stability and fail to accurately reflect protein 
stability under physiological conditions. Although differential scanning fluorimetry has significantly 
improved throughput in comparison to differential scanning calorimetry and differential static light 
scattering throughput, all these methods exhibit moderate sensitivity. In contrast, current isothermal 
chemical denaturation (ICD) techniques may not offer the same throughput capabilities as TSA, but 
it provides more precise information about protein stability and interactions. Unfortunately, ICD also 
suffers from limited sensitivity, typically in micromolar range. We have developed a novel method 
to overcome these challenges, namely throughput and sensitivity. The novel Förster Resonance 
Energy Transfer (FRET)-Probe as an external probe is highly applicable to isothermal protein stability 
monitoring but also to conventional TSA. We have investigated ICD for multiple proteins with focus 
on  KRASG12C with covalent inhibitors and three chemical denaturants performed at nanomolar protein 
concentration. Data showed corresponding inhibitor-induced stabilization of  KRASG12C to those 
reported by nucleotide exchange assay.

Protein stability is critical to their correct function in cell, but also biologics and many in vitro assays utilizing 
the native protein structure and function. Protein stability is also fundamental for determination of optimum 
conditions for protein expression, purification, and  storage1.Therefore, it is important to understand how various 
conditions such as solvent components and temperature affects the stability of different proteins.

Nowadays, thermal shift assays (TSAs) are the most used methods to assess protein  stability2. This is due to 
simple TSA protocols, good throughput, and easy automation. These assays monitor protein stability during the 
temperature increase and can be used also in the presence of potential binding partners. Typically, all TSAs are 
based on fluorescence readout, in which the denaturation is seen as an increase in observed signal. On the other 
hand, protein–ligand interaction can be visualized as an increase in protein stability. In drug discovery, the shift 
in protein melting temperature (Δ Tm) has become a popular parameter to identify potential protein binding 
ligands. However, the change in Tm values does not directly reflect the binding affinities or rank order of the 
ligands, as molecule binding to distinct parts of the target may have different effects on stability. In addition, an 
increase in temperature may cause differences not occurring at physiological temperature, therefore, Δ Tm may 
not accurately predict the efficacy of drug candidate under physiological conditions.

Fluorescence, differential scanning calorimetry (DSC) and circular dichroism (CD) spectroscopy are often 
used tools for monitoring thermal  stability3–8. DSC is the recognized gold standard technique for measuring 
protein thermal stability, but it cannot give similar information about the exact structural changes in the studied 
protein as CD. Even valuable tools to study proteins, unfortunately, both methods share common limitations such 
low sensitivity and limited  throughput9,10. This makes these methods material and time consuming especially 
when larger ligand panels are studied. To overcome these limitations, differential scanning fluorimetry (DSF) has 
become an increasingly practical and popular alternative to study protein thermal stability. DSF utilizes external 
dyes and thus it needs no target protein labeling, and assays can be executed employing relatively simple instru-
mentation. In DSF, many different external protein stability sensing dyes have been used and developed, but only 
few have gained wider  popularity11. SYPRO Orange, which enables the direct use of qPCR equipment, is cur-
rently the most popular DSF dye. Independently of the exact probe structure and mechanism, all external probes 
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target hydrophobic parts of the target proteins exposed during the protein unfolding, resulting in an increase 
in the fluorescence. However, as these probes sense their environment, dye structure and assay buffer selection 
may affect the assay functionality. In addition, properties of some assay buffer components itself, e.g., tris and 
histidine, are altered by  heating12. These factors need to be considered to obtain reliable data using  DSF13,14. To 
overcome these limitations, labelling of target proteins with fluorophore tags was recently introduced to DSF 
for better understanding of proteins unfolding in complex physiological  systems15–17. While being a valuable 
technique, it cannot be universally applied since it needs to be customized for each specific protein being studied.

In addition to the use of external dyes, NanoDSF (nDSF) enables sensitive and precise method that determines 
protein unfolding by monitoring changes in the intrinsic fluorescence of the protein or by using fluorescently 
labeled  protein18. In case of intrinsic protein fluorescence, denaturation of the protein causes change in the envi-
ronmental surroundings of tyrosine and tryptophan amino acids leading to a shift in their fluorescence spectra 
and intensity, enabling also direct protein chemical stability  monitoring19. In addition to nDSF, intrinsic Förster 
resonance energy transfer (iFRET), which is based on energy transfer from the tryptophan intrinsic fluorescence 
to a fluorescent labeled probe, can be  used20. This technique, however, has been found problematic due to the 
high sensitivity of the tyrosine and tryptophan to the surrounding microenvironment, which might cause signal 
quenching or a spectral shift. Especially for chemical denaturation, addition of the chemical denaturant by itself 
might cause a shift in the fluorescence spectra, which is not actually related to the protein  unfolding18.

Even TSA is often used, monitoring protein stability at physiological temperature may give better view about 
ligand binding and its effect on protein  stability21,22. In TSA, heating causes proteins to acquire more kinetic 
energy, which breaks down weak hydrogen bonds and disrupts protein tertiary structure, leading to structural 
unfolding of protein. In case of chemical denaturation, the mechanism of protein unfolding differs depending 
on the denaturing  agent23. Alcohols are often used for protein precipitation and denaturation, and they function 
by disrupting the protein tertiary structure by making hydrogen bonds with the protein side  chains24. Urea, on 
the other hand, causes protein unfolding either directly through interaction with protein hydrophobic parts and 
water molecules, or indirectly through alteration of the solvent composition.25–27. In addition, low and high pH 
can cause protein denaturation, by causing protonation or deprotonation depending on isoelectric point (PI) 
of the protein and used  pH28.

In case of isothermal chemical denaturation (ICD), mostly run in the presence of urea and guanidium chlo-
ride as denaturants, binding affinities can be simply obtained, which is not the case with  TSA21,29. The downside 
in ICD is that these denaturants often require long incubation time to reach equilibrium in a denaturant titra-
tion, and high concentration of denaturant may also affect the affinity of the studied inhibitor. To overcome the 
limited throughput of ICD and relatively low sensitivity of both TSA and ICD, we have developed new member 
for the Protein-Probe family of techniques. The original Protein-Probe assay was based on protein stability 
sensing using a  Eu3+-chelate peptide-probe, a highly polar glutamic-acid-rich peptide. This negatively charged 
probe has low interaction with the native protein compared to the denatured form, as it is believed that the main 
interaction of  Eu3+-probe occurs through the protein hydrophobic core. However, the Protein-Probe method 
functionality rely on acidic pH, due to partial protonation of the peptide, and thus the assay must be performed 
in two steps, heating of the protein then addition of the detection solution, prior the monitoring of the time-
resolved luminescence (TRL) signal. Even the method is highly sensitive, significantly improved sensitivity over 
the commercial reference methods, the need for low pH limits its use in single-step assay, typical for TSA and 
 ICD30–34. Thus, we started to modify the system to enable protein thermal profiling at single-step and neutral 
pH, by changing the signal modulator to a more positive peptidic structure. However, by modifying only the 
modulator structure, we still end up two component system relying on electrostatic interactions, which might 
be more sensitive for unwanted responses in ICD. Thus, we developed here presented the single-peptide-probe 
for proteins stability studies, named as the FRET-Probe. In the FRET-Probe system, developed peptide-probe 
is labeled at both ends using  Eu3+-chelate and Cy5 fluorophore. In the assays, the structure of the dual-labeled 
FRET-Probe changes upon binding to denatured protein, reducing the distance between labels. This provides 
an increase in time-resolved Förster resonance energy transfer (TR-FRET) signal with denatured protein, as low 
TR-FRET is monitored with the native or ligand stabilized protein. With the used model proteins, the FRET-
Probe was found suitable for both TSA and ICD principles, enabling sensitive monitoring of protein–ligand 
interactions (PLIs) at nanomolar protein concentrations.

Results and discussion
Overview of the FRET-Probe structure and functionality
Stability of native proteins is strictly attributed to a narrow range of conditions of the solvent components and 
thermodynamic  parameters26. Protein unfolding can occur due to many external stimuli, either physical like heat 
and radiation, or chemical like pH and organic compounds. Current methodologies to study protein unfolding 
under these varying denaturation conditions are unfortunately restricted by their limited sensitivity. Previously, 
we have introduced the Protein-Probe method, working under specific modulation conditions as an endpoint 
TSA. The Protein-Probe technique was developed to overcome the sensitivity limitation of the existing TSA 
methods, and we obtained approx. 100-fold improved sensitivity using nanomolar protein concentration levels. 
However, the endpoint assay protocol makes the assay inconvenient for TSA, and thus this technique was found 
to be more useful for the detection of protein aggregates and protease activity of native unmodified  proteins30,32. 
Thus, we designed a modified Protein-Probe family member called the FRET-Probe to overcome limitations 
related to the use of two detection components and low pH modulation condition, enabling real-time stability 
monitoring at neutral pH.

The FRET-Probe consists of N-terminal  Eu3+chelate donor and C-terminal Cy5-fluorophore as an acceptor 
conjugated to a peptide containing 24 amino acids (Fig. 1a). The peptide sequence of the FRET-Probe comprises 



3

Vol.:(0123456789)

Scientific Reports |        (2023) 13:20066  | https://doi.org/10.1038/s41598-023-46720-w

www.nature.com/scientificreports/

four repeating units formed of three glutamic acids and one valine, with an additional three glutamic acids and 
one tyrosine at the N-terminus and three glutamic acids and one lysine at the C-terminus. By using two peptide 
conjugated labels, the system enables the use of a single detection component, unlike in other Protein-Probe-
type assay platforms that have separate  Eu3+-probe and Cy5-containing modulator. This additionally leads to 
monitoring of TR-FRET signal, unlike in other Protein-Probe-type assays, in which the  Eu3+-chelate TRL-signal 
is monitored. Even the exact binding mechanism of the FRET-Probe, as also previously reported  Eu3+-probe 
is still partly unknown, the interaction with the denatured protein increases the observed TR-FRET signal, as 
the signal with native protein is negligible. Both in the case of heat or chemically induced denaturation, bind-
ing of the FRET-Probe leads to a decrease in the donor and acceptor dye distance and increase in TR-FRET 
signal (Fig. 1). Interaction between the FRET-Probe and unfolded protein also protects the labels from their 
surroundings indicating that not only the probe sequence, but also fluorescent labels play a role in the detection 
of the denaturation event. As the FRET-Probe works independently of the denaturation method, we studied its 
functionality for PLIs in the ICD assay, previously not possible with the other Protein-Probe techniques (Fig. 
S1). As there is no TR-FRET applicable qPCR device, we systematically studied the FRET-Probe with a single 
denaturant concentration in a time-dependent manner, in a way enabling single concentration ligand library 
screening (Fig. 1c).

FRET-Probe as a tool for protein thermal stability monitoring
As the FRET-Probe is functionally and structurally distinct from our previous  Eu3+-probe-based systems, we first 
validated it in a TSA format. Assays were performed utilizing three proteins, Son of Sevenless catalytic domain 
 (SOScat, 10 nM), trastuzumab (25 nM), and malate dehydrogenase (MDH, 20 nM) (Fig. 2a, Table S1). The assay 
was performed in a single step fashion, and data clearly showed the functionality of the FRET-Probe assay. Tm 
values measured for  SOScat, MDH and trastuzumab were 42.3 ± 1.6, 46.2 ± 0.4, and 75.4 ± 0.1 °C, respectively 
(Fig. 2a). These values were similar to the reported values, 45, 50 and 75 °C measured using Protein-Probe, 
fluorescence spectroscopy, and DSF,  respectively32,35,36. All proteins gave high signal-to-background ratio and 
due to the atypical stepwise heating with 5 °C interval, a sharp transition curve was observed.

Next, we compared the FRET-Probe performance alongside the two-component and two-step Protein-Probe 
assay as both methods work in the same protein concentration range. The comparison was carried out using 
 KRASWT and two mutants  (KRASG13D and  KRASQ61R) as target proteins (Fig. 2b, Table S1). These mutants were 
selected due to their different intrinsic nucleotide exchange activity leading to different stability  profiles34. Tm 
values of 57.2 ± 0.2, 49.9 ± 0.2 and 64.1 ± 0.2 °C were measured with the Protein-Probe assay, respectively. Tm 
values with the FRET-Probe assay, 53.6 ± 0.4, 44.7 ± 0.1 and 59.2 ± 0.3 °C, were downshifted, but the rank order 
of the Tm values was the same in both assays (Fig. 2b).  KRASG13D was the least stable protein with ΔTm 7.3 for 
Protein-Probe and 8.9 °C for FRET-Probe compared to  KRASWT, while  KRASQ61R was the most stable with ΔTm 
6.9 for Protein-Probe and 5.6 °C for FRET-Probe (Fig. 2b). These small differences in the observed Tm values can 
be attributed to the varying assay conditions, as the assays are performed in different buffers and with different 
protocols. In Protein-Probe, KRAS is heated in 8 µL volume in which the concentration was 150 nM, but the 
detection is performed by adding 65 µL of detection, thus diluting the sample for the detection. On the other 
hand, the FRET-Probe method was performed in a 25 µL final volume using a single step protocol.

From these KRAS proteins we selected  KRASQ61R, as it was less protein and  Mg2+ concentration dependent 
and tested it with two commercial DSF methods: GloMelt and SYPRO Orange (Fig. S2). This selection was 
made as it is known that Tm is affected by protein concentration. In addition, KRAS is affected by  Mg2+ concen-
tration, thus, protein Tm values cannot be easily compared with different techniques that were run at varying 

Figure 1.  Structure and principle of the FRET-Probe. (a) The FRET-Probe is a peptide conjugated to  Eu3+-
chelate at the N-terminus and Cy5 at the C-terminus of a highly polar glutamic-acid-rich peptide sequence. 
Binding with the unfolded protein decreases the distance between the labels, allowing energy transfer to occur 
and thus increasing the TR-FRET signal monitored with heating in the TSA (b) or with longer incubation of 
the protein with the chemical denaturant in the ICD assay (c). In ICD assays,  IC50 values are calculated at RT 
from the sigmoidal curve formed of the TR-FRET signal obtained in presence of a titration of the inhibitor 
concentration during the chemical denaturation of proteins at a specific time point.

www.nature.com/scientificreports/
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assay setup.34,37. With the commercial dye, 5 µM  KRASQ61R was used, as the FRET-Probe assay was performed 
using 0.15 µM, still significantly higher than the lowest usable concentration for KRAS with the FRET-Probe. 
All methods efficiently measured the thermal stability of  KRASQ61R, having highly similar Tm values 59.5 ± 0.2, 
61.2 ± 0.4 and 61.8 ± 0.3 °C using FRET-Probe, GloMelt, and SYPRO Orange, respectively (Fig. S2). Similar Tm 
values indicate that the FRET-Probe monitors the protein denaturation equally to GloMelt, and SYPRO Orange, 
but with increased sensitivity.

To further study the FRET-Probe, model PLI assays were next conducted for MDH with reduced nicotinamide 
adenine dinucleotide (NADH), and  KRASG12C with its covalent inhibitor  adagrasib39,40. To ensure that the results 
are solely attributable to the effect of the ligands, the FRET-Probe method was performed initially by incubat-
ing the protein and the ligand in plate, to enable interaction, before the FRET-Probe addition and the heating 
cycle. Additionally, each assay included a positive (protein only) and a negative (buffer only) control. It is known 
that many ligands stabilize native protein structure when bound, due to change of the unfolding-dissociation 
 equilibrium38,39. As a first model, we chose MDH/NADH due to its low affinity interaction  (KD = 3.8 µM)40. Using 
5 µM NADH concentration, MDH was only partially loaded with the ligand and thermal shift was moderate 
Δ Tm = 1.2 °C (Fig. 2c). By increasing the MDH loading to 50 µM NADH, MDH thermal shift was more pro-
nounced Δ Tm = 5.0 °C. Thereafter, we studied high affinity interaction with  KRASG12C and adagrasib. Adagrasib 
is known to interact with GDP-bound form of  KRASG12C with nanomolar affinity, forming a covalent bond with 
the cysteine. Assay was performed in a buffer without and with 200 µM  Mg2+, as  Mg2+ is needed to preserve 
GDP loading, and using  KRASG12V as a negative  control41. For 25 nM KRAS, a typical  Mg2+ induced effect on 
 KRASG12V and  KRASG12C stability was observed (Fig. 2d and S1). In the absence of  Mg2+, Tm values of 38.3 ± 0.2 
and 38.5 ± 0.4 °C were monitored, respectively. In the presence of  Mg2+,  KRASG12V and  KRASG12C were both 

Figure 2.  Protein thermal stability and protein ligand interaction (PLI) monitoring. (a) Thermal stability of 
 SOScat (10 nM, black), MDH (25 nM, red), and trastuzumab (20 nM, blue) using the single-step FRET-Probe 
assay, Tm values were, 42.3 ± 1.6, 46.2 ± 0.4, and 75.4 ± 0.1 °C respectively. (b) Comparison of the FRET-Probe 
(solid) and Protein-Probe (dashed) assays for 150 nM  KRASWT (black),  KRASG13D (red), and  KRASQ61R (blue), 
FRET-Probe Tm values were 53.6 ± 0.4, 44.7 ± 0.1 and 59.2 ± 0.3 °C, whereas Protein-Probe Tm values were, 
57.2 ± 0.2, 49.9 ± 0.2 and 64.1 ± 0.19 °C respectively. (c) Thermal stability of 25 nM MDH (solid) with 5 (dashed) 
and 50 µM (dotted) NADH, Tm values were 46.7 ± 0.9, 47.9 ± 0.6 and 51.7 ± 0.2 °C respectively. (d) Thermal 
stability of 25 nM  KRASG12C with (red) and without (black) 30 min preincubated adagrasib (250 nM), in the 
absence of  Mg2+ (solid), Tm values were 38.5 ± 0.4 and 53.2 ± 1.2 °C respectively, whereas in presence (dashed) of 
 Mg2+ (200 µM), Tm values were 53.5 ± 0.4 and 62.2 ± 0.9 °C respectively. Data represents mean ± SD (n = 3).

www.nature.com/scientificreports/
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stabilized, and the Tm values of 53.2 ± 0.4 and 53.5 ± 0.4 °C were measured, respectively. As expected, 250 nM 
adagrasib did not have any ligand-induced stabilization for  KRASG12V in presence or absence of  Mg2+ (Fig. S3). 
However, significant  KRASG12C stabilization was found with adagrasib, both in the absence (Δ Tm 14.7 °C) and 
presence (Δ Tm 8.7 °C) of  Mg2+. Obtained data indicates that as low as 1.25 µM  Mg2+, originated from KRAS 
storage buffer, is sufficient to preserve  KRASG12C GDP-loading, and to induce stabilization of  KRASG12C with 
adagrasib (Fig. 2d).

Denaturation through protonation at low pH
As the FRET-Probe showed promising functionality in the TSA, we continued to study FRET-Probe in the ICD 
context. TSA requires heating and subsequent rapid or continuous reading during the heating cycle. As no real-
time TR-FRET reader with temperature ramping exists, the interest for isothermal detection became obvious. 
Typically, ICD assays involve subjecting the target protein to a prolonged incubation with an increasing con-
centration of the chemical denaturant until equilibrium is achieved. This process can be accelerated by a mild 
isothermal heating, still preserving physiological or near physiological  conditions42,43. Although ICD provides a 
distinct advantage over TSA, as it measures stability at ambient temperature, assay format with long incubation 
and multiple denaturant concentrations for each sample makes ICD somewhat impractical especially for PLI 
assays due to the lowered throughput compared to  TSA44,45. Thus, we hypothesized that by combination of the 
nanomolar FRET-Probe sensitivity, high throughput properties of TSA, and positive aspects related to ICD, such 
as preserved protein structure and  function29,42,46, reliable data can be obtained especially for PLIs. To this end, 
we developed a novel approach for ICD monitoring at room temperature (RT) by selecting a single denaturant 
condition and monitoring the denaturation over time (Fig. 1c and S1). The most crucial step was to select an 
appropriate denaturant with correct concentration, and thus, several known mild denaturants were scanned to 
study the real-time protein stability and interactions utilizing the FRET-Probe. In all of the ICD assays, we tracked 
the time-dependent TR-FRET signal at multiple intervals over a 150-min incubation period.

Buffer pH is known to have a significant effect on protein stability, which needs to be additionally considered 
in all assay designs. In the original Protein-Probe platform, low pH was one of the key elements to modulate 
the assay function. Thus, low pH was first studied to evaluate the FRET-Probe ICD  functionality47. For the TSA, 
neutral or slightly alkaline pH was used for our two main model proteins, MDH (25 nM) and KRAS (50 nM)48,49, 
as for the ICD assay, several acidic conditions were screened. Based on the preliminary testing, pH 5 was the 
mildest condition inducing denaturation of these model proteins in reasonable time window. At pH 5, MDH 
denaturates slowly with a 30-min lag-phase before the onset of the measurable denaturation process (Fig. 3a). 
When tested in PLI, using 5 and 50 µM NADH, a clear ligand-induced stabilization was observed showing also 
that lowered pH is compatible for the PLI monitoring. These results are comparable to those observed in TSA, 
indicating correct FRET-Probe function in the pH driven ICD setting (Fig. 3a). We further titrated MDH with 
several NADH concentrations and measured the signals multiple times at different time points. Based on the 
results obtained after 90 min incubation, we obtained an  EC50 value of 4.7 ± 0.8 µM, which is well in line with 
that reported previously (Fig. 3b)40.

KRAS (50 nM) was shown to be more sensitive to acidic pH in comparison to MDH, as there was no lag phase 
when assayed at pH 5 (Fig. 3c). To test another PLI assay,  KRASG12V was tested with guanosine-5’-triphosphate 
(GTP) as a ligand. GTP is essential for  KRASG12V stabilization as it keeps  KRASG12V in the nucleotide loaded 
state, and its affinity is very high even though the interaction in non-covalent. Addition of excess of GTP clearly 
stabilizes  KRASG12V, by preventing apo-KRAS formation. Surprisingly, our results showed that  KRASG12V was 
stabilized already at nanomolar GTP concentration, much lower than previously measured with TSA (Fig. 3c)34. 
To confirm that the reduction in signal is related to GTP binding induced stabilization, a similar test was per-
formed with ATP. As expected, TR-FRET signal level for the protein alone was in the same range as with ATP, 
even up to 10 µM concentration, confirming that GTP binding was the stabilizing factor (Fig. 3c and S4). To 
further study the PLI with GTP, TR-FRET signals for GTP titration were monitored at multiple time points. 
Longer incubation time increased the observed S/B ratio from 2.7 to 5.9, but no major change in the  EC50 values 
of 4.5 ± 1.9, 2.6 ± 0.7, 3.5 ± 0.1 and 4.6 ± 0.3 nM, was observed at the four studied time points 30, 60, 90, and 
120 min, respectively (Fig. 3d).

MDH and  KRASG12V exhibit different molecular weights and clearly also their stability differs (Fig. 2a and 
Fig. 3)50,51. However, these both proteins are quite unstable and thus pH 5 was already destabilizing the structure 
enough to enable assays with the FRET-Probe. This is not the case with all proteins, some highly stable in acidic 
conditions, and thus pH as a denaturant is not expected to be suitable for all proteins. In addition, pH might 
also affect the negatively charged FRET-Probe or its labels, even  Eu3+-chelate and Cy5 are rather stable. Thus, the 
method is expected to function only in rather mildly acidic conditions, which are unable to unfold stable proteins.

Denaturation by altering protein tertiary structure using alcohols
Alcohols such as ethanol, methanol, propanol, and butanol have been proposed for chemical denaturation of 
proteins due to their high content of hydrocarbon and water miscibility, facilitating the unfolding of native 
structure at a relatively low  dose24,52. We selected ethanol and 1-propanol for FRET-Probe based protein dena-
turation testing at RT. In case of  KRASG12V (50 nM), a relatively high alcohol concentration was required for full 
denaturation, 1-propanol being more efficient than ethanol. Interestingly, 1-propanol also gave an improved con-
centration dependency in comparison to ethanol for  KRASG12V denaturation when 20, 25 and 30% alcohol were 
compared (Fig. 4a, Fig. S5a). Data for 1-propanol is shown at optimal 40 min time point as it demonstrates the 
best separation among the different alcohol concentrations tested. In 20% and 25% 1-propanol, maximal signal 
was reached after 40 min incubation, whereas in the 30% 1-propanol, maximal signal was monitored at 60 min 
(Fig. 4a). EDTA is expected to destabilize KRAS by chelating the  Mg2+ required to preserve nucleotide loading, 
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therefore, the assay was conducted in the presence of EDTA (0.2 mM) to examine its impact on denaturation 
rate (Fig. S5, Fig. S6a). With both alcohols, EDTA accelerated the denaturation rate and increased the overall 
TR-FRET signal compared to assays without EDTA. However, EDTA had basically no effect on optimal ethanol 
concentration (30%) (Fig. S5), but there was a significant effect on the optimal 1-propanol concentration, 20% in 
the absence and 4% in the presence of EDTA (Fig. S6a). When EDTA was tested with adagrasib and  KRASG12C, 
 IC50 values obtained after 60 min incubation were similar with 30% ethanol, 4% 1-propanol + EDTA, and 20% 
propanol after 60 min incubation, 18.1 ± 0.1, 26.6 ± 2.3, and 19.2 ± 1.8 nM, respectively (Fig. S6b). To test the 
EDTA effect on a non-covalent KRAS binder, GTP titration was conducted in the presence of 20% 1-propanol 
(Fig. 4b). Similar to the pH denaturation assay, we titrated GTP and measured TR-FRET signals at different time 
points from 30 to 120 min. We observed that the monitoring duration during alcohol denaturation had no effect 
on the  EC50 values of GTP (3.5–5.2 nM), and only moderate effect on the S/B ratio.

MDH was more tolerant to pH than  KRASG12V, and therefore, the alcohol denaturation experiments were 
tested with a wider range of alcohol concentrations. In a preliminary test, ~ 50% ethanol was sufficient for MDH 
denaturation. We demonstrated with  KRASG12V that ethanol is a milder denaturant than 1-propanol, and thus, we 
proceeded to test 1-propanol concentrations below 40%. MDH did not show any response at 20%, but denatura-
tion was seen at 40% concentration (Fig. 4c). Based on this data we further tested 1-propanol at concentrations 
between 30 and 50% in a PLI assay with NADH. Interestingly, MDH was denatured at 30% 1-propanol with 
higher S/B than that obtained at 40% and 50% concentration of 1-propanol. This decrease in the S/B ratio might 
be attributed to protein aggregation or interference with the FRET-Probe binding at high alcohol concentration 
(Fig. 4d)53. Moreover, NADH stabilizing effect remained consistent across all tested alcohol concentrations with 
 EC50 values at 60 min incubation of 29–38 µM (Fig. 4d). These results indicate that the high 1-propanol concen-
tration does not affect the FRET-Probe binding, at least by affecting the  EC50 values monitored.

Both tested alcohols are FRET-Probe compatible, but as in case of pH, target protein stability affects the 
needed optimal concentration. Based on the results, stable proteins cannot be efficiently used as over 50% alcohol 

Figure 3.  pH driven denaturation of  KRASG12V and MDH. (a) Time-dependent pH 5 induced denaturation 
of 25 nM MDH (solid) with 5 (dashed) and 50 µM (dotted) NADH monitored at RT using the FRET-Probe. 
(b) NADH titration in the presence of constant MDH (25 nM) concentration in pH 5 denaturation buffer, 
 EC50 value was 4.7 ± 0.8 µM. (c) pH 5 induced denaturation of 50 nM  KRASG12V (solid) with 15 (dashed) and 
2000 nM GTP (dotted) in a real-time FRET-Probe denaturation assay. (d) GTP titration in pH 5 denaturation 
buffer with constant  KRASG12V (50 nM) concentration monitored at 30 (black), 60 (red), 90 (blue) and 120 
(magenta) min time points,  EC50 values were 4.5 ± 1.9, 2.6 ± 0.7, 3.5 ± 0.1, 4.6 ± 0.3 respectively. Data represents 
mean ± SD (n = 3).
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concentrations are not easily usable, even no interference to FRET-Probe functionality was seen. In addition, 
evaporation starts to play a role when high alcohol concentration and long incubation times are used. Mild 
heating could induce alcohol effects, but this would increase the evaporation related variation. Interestingly, 
alcohol as a denaturant seems to increase the observed TR-FRET signal those observed in TSA, as lowered pH 
had opposite effect.

Denaturation by altering protein hydration using urea
Urea is one of the most used chemical denaturants, and it was selected as a third chemical denaturant to study 
the FRET-Probe54. Again, MDH and  KRASG12V were first investigated to assess the optimum urea concentration 
(0–5 M). Based on the preliminary tests, MDH denaturation was not measurable, as urea concentrations above 
3 M had a negative effect on the FRET-Probe function (data not shown). Based on previous reports, MDH is 
relatively stable in urea, and denatures at 5–6 M urea  concentration55,56. Therefore, we focused on  KRASG12V 
showing a clear response at low 1–3 M urea concentration (data not shown). When the urea concentration was 
studied further, incubation time was found to have an influence on the optimal urea concentration (Fig. 5a). 
This can be highlighted in an assay with 50 nM  KRASG12V monitored in the absence and presence of GTP (1 µM) 
and using 1, 1.5, and 2 M urea. The rank order of different urea concentrations was changed over time, as in the 
highest urea concentration (2 M) the observed TR-FRET signal saturated after 30 min, much faster than with the 
other two lower concentrations (Fig. 5b). No saturation was reached with either 1 or 1.5 M urea during the 60 min 
incubation. As in the previous tests with other denaturants,  KRASG12V stability also increased in the urea assay 
in the presence of GTP (Fig. 5b). When  KRASG12V denaturation reactions with and without GTP were compared 
at optimal 60 min time point, high S/B ratios of 15.1 and 20.3 were monitored with 1.5 and 2 M urea, respec-
tively (Fig. 5b). Urea is typically used at high 5 to 8 M solutions and it is known that some proteins can tolerate 
these even these conditions for several  hour26,55–57. However, we selected not to study protein denaturation with 

Figure 4.  1-propanol induced denaturation of  KRASG12V and MDH monitored with the FRET-Probe at RT. (a) 
Destabilization of  KRASG12V (50 nM) was observed with 20 (red), 25 (blue) and 30% (black) 1-propanol at RT. 
(b) GTP titration in 20% 1-propanol monitored at 30 (black), 60 (red), 90 (blue) and 120 (magenta) min,  EC50 
values were 3.6 ± 0.5, 3.8 ± 0.4, 5.2 ± 1.2 and 5.2 ± 0.7 respectively. (c) MDH 25 nM (black) denaturation with 
20% (green) and 40% (magenta) 1-propanol. (d) Propanol denaturation of 25 nM MDH (solid) with 30 (blue), 
40 (magenta) and 50% (green) in presence of NADH 50 µM (dashed), higher S/B was obtained at lower alcohol 
concentration. Data represents mean ± SD (n = 3).
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extended period of time, but rather keep the assay time short. Urea denaturation can also be combined with heat-
ing, lowering the concentration demand, but to keep assay simple, we performed all assays at room temperature.

Comparison of denaturants using covalent  KRASG12C inhibitors
Due to the different functionalities of the different denaturants with different proteins, it is important to opti-
mize the assay for the selected target. Our results consistently demonstrated that alcohol denaturation occurs 
in concentration dependent manner and is dependent on the used alcohol. Also with mildly acidic pH, chosen 
model proteins were efficiently denatured in few hours. On the other hand, urea denaturation with KRAS showed 
consistent results and high S/B ratio with low variation, but on the other hand, MDH could not be denatured. As 
 KRASG12V denaturation was visible with all denaturants, we next compared the conditions with several  KRASG12C 
covalent inhibitors.

For the inhibitor testing, two early generation  KRASG12C inhibitors (ARS1620 and ARS853) having high 
nM to low µM binding affinity were  selected58,59, together with two recently FDA approved nanomolar binders 
AMG510 (sotorasib) and MRTX849 (adagrasib)60. These covalent inhibitors bind to the GDP-loaded  KRASG12C 
at the switch II pocket, interfering SOS binding and nucleotide exchange keeping RAS in its inactive  form61. 
We analyzed these four inhibitors first by using  SOScat catalyzed nucleotide exchange assay, which is based on 
quenching resonance energy transfer (QRET). In the assay,  Eu3+-GTP binds to  KRASG12C giving high TRL-signal 
in the absence of inhibitor, whereas TRL-signal is low in the presence of nucleotide exchange  inhibitor34,62,63, 
All inhibitors showed expected stabilizing effect on  KRASG12C structure and blocking of  KRASG12C nucleo-
tide exchange in the control experiments (Fig. 6, Fig. S7). The  IC50 values with QRET nucleotide exchange for 
ARS853 and ARS1620 were 353 ± 50 nM, and 240 ± 36, respectively (Fig. 6a), and for adagrasib and sotorasib 
were 18.9 ± 0.7 nM, and 35.0 ± 7.1 nM, respectively (Fig. 6b).

Thereafter, we tested ARS853 and ARS1620 using pH 5 buffer for denaturation.  IC50 values were calculated 
after 60 min incubation at RT and those were 1017 ± 383 and 123 ± 35 nM for ARS853 and ARS1620, respectively 
(Fig. S7a). Sotorasib and adagrasib were also tested under the same conditions, and  IC50 values of 25.0 ± 3.3 and 
25.0 ± 4.6 nM were observed, respectively (data not shown).  IC50 values are protein concentration dependent in 
nature, and thus, inhibitors with binding affinity below half of the protein concentration will not yield accurate 
 IC50 value, but rather monitors protein concentration. In these experiments,  KRASG12C concentration was 50 nM, 
and thus,  IC50 values observed might not be completely accurate. However, these values are highly similar to those 
reported  earlier60, but this highlights the importance of maintaining a low protein concentration in the assay, a 
distinctive aspect of our FRET-Probe methodology. Next, ARS1620 and ARS853 titration was conducted using 
15–25% 1-propanol. We observed that the selected 1-propanol concentration influenced the monitored  IC50 
value calculated after 60 min incubation at RT (Fig. S7b).  IC50 values for ARS853 and ARS1620 were 312 ± 23, 
197 ± 62 and 1279 ± 98 nM and 40.1 ± 1.3, 54.0 ± 2.7, and 414 ± 8 nM in 15, 20, and 25% 1-propanol, respectively. 
The data clearly shows that the change in protein structure upon exposure to alcohol, is primarily dependent on 
the concentration of alcohol, but also that the used condition must be carefully selected, and values obtained in 
varying conditions might not be directly  comparable52.

Next, urea-induced denaturation was tested for  KRASG12C with ARS853 or ARS1620 using the same 60 min 
incubation time as with other denaturants. The  IC50 values with urea for ARS853 and ARS1620 were 1104 ± 126 
and 289 ± 55, respectively (Fig. 6a). The data with urea is in line with those observed with pH 5 ICD and QRET 
nucleotide exchange, and interestingly, data obtained with 25% 1-propanol is also comparable. However, lower 
isopropanol concentration had a tendency to lower the obtained  IC50 values obtained. When adagrasib and 

Figure 5.  Urea induced denaturation of  KRASG12V. (a) 0–2.5 M urea was titrated with 50 nM  KRASG12V and 
monitored after 20 (black) and 40 min (red) of incubation at RT to examine the impact of incubation time on 
the optimal urea concentration. (b) The time dependence of  KRASG12V 50 nM (solid) and stabilizing effect of 
1 µM GTP (dashed) was observed with 1 (black), 1.5 (red) and 2 M (blue) urea, when  KRASG12V denaturation 
was monitored with and without GTP after 60 min incubation in 1 and 1.5 M urea, S/B ratios of 15.1 and 20.3 
were recorded, respectively. Data represents mean ± SD (n = 3).
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sotorasib were monitored with urea, similar highly comparable results were measured with the FRET-Probe 
in urea and pH 5 ICD assays, and in the nucleotide exchange,  IC50 with urea were 14.5 ± 1.1 and 15.4 ± 1.2 for 
adagrasib and sotorasib, respectively (Fig. 6b).

In this study, we introduce the FRET-Probe method enabling denaturation studies both using heating and 
chemical denaturants. We selected two distinct model proteins, KRAS and MDH exhibiting contrasting charac-
teristics with regards to size and structure, and used these proteins to analyze functionality of different denatura-
tion conditions. Following a comprehensive study of the model proteins with three chemical denaturants, each 
having a unique mechanism of action, our data showed that MDH, was more tolerant to all three denaturants 
than KRAS, even both proteins are relatively unstable. MDH cannot be denatured in used urea concentrations in 
a used incubation time at RT. In contrast, KRAS was measurable with all denaturants and its stability can be easily 
further adjusted by using varying  Mg2+ concentrations or EDTA. As an opposite of MDH, urea denaturation was 
preferred over alcohols and pH with KRAS, in terms of S/B, reproducibility, and kinetics. As the FRET-Probe 
method using single denaturant concentration at RT is mainly targeted to PLI analysis, ligand binding studies 
were performed to compare the functionality. Importantly,  IC50 values obtained using varying ICD conditions 
were comparable and also in line with values in literature and reference methods. As an exception, low alcohol 
concentrations had a tendency to provide lower  IC50 values with  KRASG12C inhibitors than other methods. 
Therefore, it is clear that method selection is dependent on the studied protein.  KRASG12C inhibitor studies also 
showed the importance of assay sensitivity, as the FRET-Probe could monitor  IC50 values also for nanomolar 
binders. This is not possible with other label-free stability assays, as their limited sensitivity forces the use of 
micromolar level target protein concentrations.

Methods
The detailed list of materials and instrumentation, synthesis, and purification of proteins and  Eu3+ conjugates 
are presented in the (supplementary data).

Thermal shift assays
All FRET-Probe TSA were conducted in triplicates using a single-step protocol, by adding the sample protein in 
5 µL and FRET-Probe (0.5 nM) in 20 µL volumes. All concentrations are reported in a 25 µL final volume. Assays 
were performed in an assay buffer containing 10 mM HEPES (pH 7.5) supplemented with 0.001% (v/v) Triton 
X-100. Trastuzumab (20 nM),  SOScat (10 nM), MDH (25 nM), and KRAS (25–150 nM) were all assayed between 
35–90 °C using 5 °C steps and heating the sample 2 min at each step prior TR-FRET measurement. Additionally, 
MDH was assayed in the presence of NADH (0–50 µM) and  KRASG12C with adagrasib (0–0.25 µM) in a buffer 
with or without additional  MgCl2 (0.2 mM).

TSA control assays were performed using the Protein-Probe. Assay in conducted using two step protocol, in 
which protein concentration was calculated in 8 µL volume used for sample heating. Samples were heated 3 min 
at each temperature followed by addition of 65 µL of Protein-Probe detection solution and TRL-signal monitor-
ing.  KRASWT,  KRASG13D and  KRASQ61R (150 nM) were added in sample buffer (10 mM HEPES, (v/v) 0.001% 
Triton X-100) and Protein-Probe detection solution containing citrate–phosphate buffer (7.7 mM  Na2HPO4 and 
6.1 mM citric acid, pH 4) supplemented with 0.01% (v/v) Triton X-100, 3.5 µM HIDC, and 1 nM  Eu3+-probe.

Figure 6.  Urea denaturation monitoring with different  KRASG12C covalent inhibitors using the FRET-
Probe. (a) ARS853 (black) and ARS1620 (red) inhibitor titration for 50 nM  KRASG12C with urea (dashed) in 
comparison to QRET nucleotide exchange assay data (solid). The  IC50 values after 60 min with urea and QRET 
nucleotide exchange for ARS853 were 1104 ± 126 and 353 ± 50 nM, and for ARS1620 were 289 ± 55 and 240 ± 36 
respectively. (b) Adagrasib (black) and sotorasib (red) inhibition of 50 nM  KRASG12C with urea (dashed) 
in comparison to nucleotide exchange (solid).  IC50 with urea and nucleotide exchange assay for adagrasib 
were 14.5 ± 1.1 and 18.9 ± 0.7 nM, and for sotorasib, 15.4 ± 1.2 and 35 ± 7.1 nM, respectively. Data represents 
mean ± SD (n = 3).
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SYPRO Orange and GloMelt assays were performed by a one-step protocol using 5 µM  KRASQ61R in buffer 
(20 mM HEPES (pH 7.5), 100 mM NaCl, 5% glycerol). Samples (16 µL) and SYPRO Orange/GloMelt solution (4 
µL) were combined prior to the first heating step in a white 96-well plate (BioRad). The samples were incubated 
for 1.5 min at each temperature, followed by fluorescence signal measurement every 2 °C. SYPRO Orange was 
used at 5 × (stock 5000 ×) and GloMelt at 1 × final concentration (stock 200x). Signals were monitored using 460 
and 485 nm excitation and 510 and 590 nm emission wavelengths for SYPRO Orange and GloMelt, respectively.

FRET-Probe isothermal chemical denaturation assays
All isothermal chemical denaturation (ICD) assays were conducted in triplicates at RT using a single-step pro-
tocol with 25 µL final volume. Sample protein and ligand were added in 5 µL in a buffer (10 mM HEPES (pH 
7.5), 10 mM NaCl, (v/v) 0.01% Brij 30) without denaturant. FRET-Probe (0.5 nM) was added to the assay buffer 
supplemented with chemical denaturant, urea (0–5 M), ethanol (0–30%) or 1-propanol (0–50%). Additionally, 
0.2 mM EDTA was used in combination with alcohols. Acid denaturation was performed in citrate phosphate 
buffer (10.3 mM  Na2HPO4 and 4.85 mM citric acid, pH 5) supplemented with 0.01% (v/v) Brij 30.

In all ICD protein assays, time-resolved Förster resonance energy transfer (TR-FRET) signal was monitored 
kinetically at multiple time points during 150 min incubation. In all assays with protein binding ligands, 30 min 
preincubation prior denaturant addition was performed. In acid induced denaturation assay, GTP (0–2 µM) and 
NADH (0–50 µM) were titrated with  KRASG12V and MDH, respectively. 1-propanol (30–50%) ICD assays were 
also performed for MDH in the presence of NADH (0–50 µM) and (20%) for  KRASG12V using GTP (0–10 µM). 
Ethanol (30%) and 1-propanol (4 & 20%) were tested with  KRASG12C using adagrasib (2 µM) single concentration 
or in a titration (0–10 µM). ARS1620 and ARS853 (0–50 µM) or adagrasib and sotorasib (0–2 µM) titrations 
were performed with  KRASG12C using pH 5, 1-propanol (15–25%) and urea (1 M) as a denaturant. Additionally, 
urea was tested with 1 µM GTP with  KRASG12V.

Nucleotide exchange assay
The nucleotide exchange was performed by incubating  KRASG12C (50 nM) with the covalent inhibitor, sotorasib 
and adagrasib (0–1 µM) or ARS1620 and ARS853 (0–50 µM) for 30 min in 10 µL volume. Thereafter, 5 µL of 
detection solution (3 µM Q14, 10 nM  Eu3+-GTP) was added and reaction was initiated with 10 nM  SOScat. TRL-
signals were monitored multiple times during 60 min incubation. Assays were performed in a buffer contain-
ing 20 mM HEPES (pH 7.5) 1 mM  MgCl2, 10 mM NaCl, 0.01% Triton X-100. The assay was performed using 
triplicate reactions.

Data analysis
In all assays, the signal-to-background ratio (S/B) was calculated as µmax/µmin and coefficient of variation (CV%) 
(σ/µ) *100, where µ is the mean value and σ is the standard deviation. Tm values,  EC50, and  IC50 values were 
obtained using standard sigmoidal fitting functions with fitting equation, y = A2 + (A1-A2)/(1 + (x/ × 0)^p). Data 
were analyzed using Origin 2016 software (Origin Lab, Northampton, MA).

Conclusion
Protein denaturation by heating (TSA) is the most often used method to study protein stability and especially 
PLIs. Although ICD is often proposed to provide biologically more relevant and accurate information, fluores-
cence-based TSA assays are simpler and faster to perform especially with a panel of  ligands21,22. This study dem-
onstrates that the novel FRET-Probe assay design is high throughput compatible, and both heat and temperature 
can be equally used for protein denaturation. The FRET-Probe assay allows assays with nanomolar sensitivity 
independently of the denaturation condition, and also PLI studies using single-step protocol. This is a remarkable 
improvement to our previously developed Protein-Probe family of assays and compared to current commercial 
methods typically working at micromolar protein concentrations. Assay sensitivity not only saves materials, but 
also enables accurate binding studies also for nanomolar binders. This makes the FRET-Probe assay design a 
powerful tool especially for high throughput ligand screening without a need for special instrument but using a 
standard plate reader under isothermal condition. However, the exact binding mechanism of the FRET-Probe 
is unknown, and the universality of the method for different types of proteins is yet to be unraveled. It is likely 
that not all proteins can be studied at low nanomolar concentrations and that mild denaturation conditions 
used in the study are not equally suitable for all proteins. However, as ICD can be easily combined with mild 
heating, some of the more stable proteins might also be studied with the ICD method. It also remains unknown 
if harsher denaturation conditions could be used with an increased FRET-Probe concentration or with vary-
ing buffer composition. For this, more research to understand the FRET-Probe binding mechanism is needed.

Data availability
Data for this article will be made available from the corresponding author upon reasonable request.
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Mutated KRAS proteins are frequently expressed in some of the most lethal cancers, and it has 

been a target of active drug discovery efforts for decades. Lately, KRAS(G12C) switch-II 

pocket targeting covalent small molecule inhibitors have finally reached clinical practice. 

Sotorasib (AMG-510), was the first FDA approved covalent inhibitor to treat KRAS(G12C) 

positive non–small cell lung cancer (NSCLC), followed soon by adagrasib (MRTX849). Both 

drugs target the GDP-bound KRAS(G12C), exploiting the strong nucleophilicity of the 

acquired cysteine. Here we evaluate the similarities and differences between sotorasib and 

adagrasib in their RAS switch-II pocket binding by applying both biochemical, cellular, and 

computational methods. The exact knowledge on switch-II pocket binding enables targeting of 

this site by other non-covalent inhibitors for KRAS mutants beyond G12C. We show that 

adagrasib is strictly KRAS, but not KRAS(G12C) specific, due to the strong and unreplaceable 

H95 interaction. Unlike adagrasib, sotorasib is not that dependent on H95 for its binding, while 

its RAS isoform agnostic interactions to Y96 are more profound. Our results emphasize that 

the switch-II pocket is accessible beyond oncogenic G12C and aid in understanding of the 

molecular mechanism behind the clinically observed drug resistance related to the secondary 

mutations on KRAS H95 and Y96.  

 

Keywords: GTPases, RAS, adagrasib, sotorasib, thermal stability, molecular dynamics 

simulations 

 

 



 
 

Significance 

When KRAS(G12C) covalent inhibitors adagrasib and sotorasib reached the clinics, it created 

new hope to target also other mutated KRAS oncogenes beyond G12C. For this targeting the 

switch-II pocket, which is also targeted by both adagrasib and sotorasib, has been the most 

promising approach. Non-covalent mechanisms behind these successful KRAS(G12C) 

inhibitors have already provided valuable information to covalently target also other KRAS 

mutants. Our biochemical assays revealed that sotorasib have weak binding to all RAS 

isoforms, while adagrasib interacts only with KRAS. Molecular dynamics simulations and 

mutation analysis suggest that the KRAS specificity of adagrasib is created through His-95, as 

sotorasib is dependent on Tyr-96, conserved in all RAS isoforms. This rationalizes the clinical 

finding revealing adagrasib tolerance of an acquired secondary mutation at Tyr-96. 

Additionally, these findings can be used to support ongoing development of KRAS or pan-RAS 

drugs also for oncogenic RAS lacking a cysteine residue. 
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Introduction 

KRAS is frequently mutated in cancer, and RAS oncogenes have been reported in almost 30% 

of all malignant tumors.1 Most commonly mutated RAS oncogenes are found in solid tumors, 

including pancreatic adenocarcinomas, colorectal cancers, and melanoma, creating RAS a 

potential target for a novel anti-cancer drug.2–5 Mutations promote RAS to occur mainly in the 

GTP-bound active state, due to their diminished intrinsic GTPase activity, insensitivity to 

GTPase activating protein (GAPs) or elevated nucleotide exchange.6,7 These changes are 

associated to tumorigenesis as a result of the constantly active RAS pathways and RAS 

effectors, promoting uncontrolled cell division and epithelial invasion. More than 85% of 

HRAS and 95% of both KRAS and NRAS mutations occur at the so called ‘’hotspot’’ codons, 

G12, G13 and Q61.8 In case of KRAS, G12 mutations are the most frequent, and for example 

in case of non–small cell lung cancer (NSCLC), this mutation is found in 40% of all cases.9 

RAS was found to be a difficult drug target, and before success with the covalent G12C 

inhibitors, it was even considered as an ‘’undruggable’’ target.1,10–13 
 

Covalent inhibitors have the advantage of prolonged target engagement and they have already 

proved their capabilities in clinical trials, also in the context of KRAS(G12C).14–16 Two 

covalent KRAS(G12C) inhibitors engaging the cryptic switch-II pocket,17,18 sotorasib (AMG-

510; Lumakras) and adagrasib (MRTX849; Krazati), have been recently approved by FDA for 

the treatment of non-small cell lung cancer (NSCLC). Both inhibitors target namely the GDP-

bound state of KRAS(G12C) trapping the protein into this inactive state, thus, inhibiting the 

overactive KRAS downstream signaling. Successful targeting of KRAS(G12C) rely not only 

on the unique cysteine, which enables the covalent bond formation, but also on the intrinsic 

GTPase activity of KRAS(G12C).19–21 This feature enables targeting of GDP-bound state of 

KRAS(G12C), which is considered unviable for some other oncogenic KRAS alleles (e.g. 

G12R and Q61R) that are mainly found at GTP-bound active state.22,23 

 

Switch-II pocket (SII-P) has been under heavy investigation, and due to its dynamic nature, 

many of the designed peptides and small molecule ligands exploit this cryptic pocket for their 

binding to RAS.24–30 The same pocket was also targeted with the early covalent inhibitors such 

as ARS-1620, which binding properties, however, are significantly compromised in 

comparison to the clinically approved sotorasib and adagrasib.31,32 These two inhibitors have 

demonstrated efficacy in clinical trials as a monotherapy and they are tested in combination 

with other treatment modalities. Recently, resistance and reactivation of RAS pathways after 

inhibitor treatment was reported occurring mainly through acquired secondary mutation in 

KRAS(G12C) SII-P.32–40 The detailed information about the binding specificities and 

interactions of these compounds towards RAS mutants is unfortunately still incomplete. 

 

Recently, SII-P engagement was studied for the first time in a systematic fashion by using 

especially sotorasib, but also adagrasib as model compounds.18 Shokat et al. highlighted that 

the SII-P is accessible also for noncovalent ligands in case of other KRAS mutants beyond 

G12C. In this study, we determine the detailed binding mechanism of sotorasib and adagrasib 

and reasoned how tolerance through mutation at H95 and Y96 occurs. Using ultra-sensitive 



 
 

thermal stability assay (TSA)41–43 and nucleotide exchange assays44–47 with HRAS, NRAS and 

multiple KRAS mutants including H95L and Y96D, we demonstrate specificity profiles for 

sotorasib and adagrasib. These biochemical results are supported by cell-based assays, and 

molecular dynamics (MD) simulations, providing mechanistic atomic level insights in their 

non-covalent binding specificities and suggest an undisclosed resistance mechanism of Y96D. 

Both biochemical and computational data reveals the unreplaceable nature of H95 and Y96 for 

sotorasib and adagrasib, but also how direct target engagement of non-G12C oncogenic KRAS 

mutants might occur through the switch-II pocket, and how KRAS specificity over NRAS and 

HRAS through H95 can be exploited. Together, data also revealed that as adagrasib is KRAS 

specific, sotorasib can equally target not only KRAS(G12C), but also NRAS and 

HRAS(G12C), potentially bringing new possibilities for cancer treatment. 

 

Results  

Adagrasib interacts specifically with KRAS as sotorasib equally targets all RAS(G12C) forms 

Sotorasib and adagrasib are clinically validated KRAS(G12C) inhibitors occupying the same 

SII-P and rely on covalent binding to Cys-12 in an inactive GDP-bound KRAS (Figure 

1A).20,48,49 To understand similarities and dissimilarities between these binders, we started by 

determining the biochemical binding of sotorasib and adagrasib for RAS beyond 

KRAS(G12C).46,50–52 In a nucleotide exchange assay with KRAS(G12C), IC50 values of 

sotorasib and adagrasib were 20.2 ± 1.9 and 4.3 ± 0.6 nM, respectively (Figure S1A). These 

values are in expected range, as both inhibitors are known to have low nanomolar 

KRAS(G12C) binding affinity.41,50,53 In TSA, performed by two external probes for differential 

scanning fluorimetry (DSF), Protein-Probe (PP) and 8-anilinonaphthalene-1-sulfonic acid 

(ANS), the binding is equally monitored (Figure S1B). With both techniques, sotorasib induced 

slightly higher increase in KRAS(G12C) thermal stability (ΔTm PP; 26.4 °C, ANS; 25.8 °C) 

over adagrasib (ΔTm PP; 17.4 °C, ANS; 19.9 °C). 

When the same binding analyses were performed with KRAS(WT), especially adagrasib 

showed an effect (Figure 1B, S2A, and S3). In a QRET nucleotide exchange assay with Eu3+-

GTP for KRAS(WT), IC50 value of 200 ± 20 nM for adagrasib was monitored (Figure 1B), and 

the result was confirmed (IC50 = 303 ± 51 nM) with a TR-FRET assay using AF647-GTP 

(Figure S3). For sotorasib, observed effect was clearly diminished with KRAS(WT), as IC50 of 

3.5 ± 0.8 µM and >10 µM were monitored using QRET or TR-FRET, respectively (Figure 1B 

and S3). In TSA, both adagrasib (ΔTm = 6.6 °C) and sotorasib (ΔTm = 10.4 °C) stabilize 

KRAS(WT) at high concentration. As in these assays sotorasib showed a clear luminescence 

quenching already at low micromolar concentrations, we further confirmed these results using 

surface plasmon resonance (SPR) (Figure 1C and S4). SPR showed a concentration-dependent 

adagrasib response with KRAS(WT), as no measurable response was monitored with sotorasib. 

The Kd observed for adagrasib with KRAS(WT) was 0.78 ± 0.05 µM, in line with those 

observed using nucleotide exchange assays. To verify the in vitro results in a cellular system, 

we measured RAS-GTP levels of the KRAS(WT) and KRAS(G12C), and performed cell 

viability assays with wild-type KRAS, HRAS, and NRAS (Figure 1D, and S5). RAS-GTP 

levels were measured in starvation and in the presence of adagrasib and sotorasib, followed by 



 
 

mitogenic stimulation. Condition was selected to mimic the performed nucleotide exchange 

assays in cellulo. Clear inhibition of KRAS(G12C) activation was monitored with both 

adagrasib (IC50 = 145 ± 12 nM) and sotorasib (IC50 = 137 ± 68 nM), which are in line with the 

reported values.49,50,53 Next, we confirmed the cross reactivity of adagrasib on KRAS(WT), 

and response was monitored at concentrations > 1 µM, while sotorasib did not show any effect 

at the tested concentrations (Figure 1D). However, as adagrasib started to show KRAS 

independent toxicity already at low micromolar concentrations in these conditions, we next 

performed cell viability assay with adagrasib and sotorasib to further confirm these results. 

Assay was performed using stable Ba/F3 cells expressing human KRAS(G12C) as a control, 

and with wild-type KRAS, NRAS, and HRAS expressing cells to study non-covalent binding 

of these inhibitors (Figure S5). With KRAS(G12C) expressing cells, adagrasib and sotorasib 

both lowered the cell viability already at low nanomolar concentrations having IC50 values of 

7.6 ± 0.6 and 55.7 ± 5.3 nM, respectively. In the case of K/N/HRAS(WT) expressing cells, 

RAS independent toxicity (IC50 values 0.76 – 1.49 µM) was detected with adagrasib. With 

sotorasib, only minor effect in cell viability was monitored, enabling IC50 value determination 

(3.5 ± 1.8 µM) only with NRAS(WT) (Figure S5). 

 

As effect of sotorasib on WT-proteins is much weaker than that for adagrasib, we next tested 

if KRAS mutations in positions G12, G13, and Q61, the most common hotspot mutations in 

cancer, will alter the accessibility of these sotorasib or adagrasib (Figure S6). In a nucleotide 

exchange assay, KRAS mutations G13D (IC50 = 401 ± 89 nM) and Q61L (IC50 = 432 ± 52 nM) 

had no significant effect on adagrasib function over KRAS(WT), as G12D and G12V mutations 

increased the IC50 value approximately 10-fold in comparison to KRAS(WT). This was 

confirmed by the thermal stability assay, in which adagrasib stabilization was more pronounced 

with KRAS(G13D) and KRAS(Q61L) (ΔTm = 6.6 and 4.7 °C), as for the KRAS(G12V) (ΔTm 

= 1.9 °C) (Figure S7). The weak effect on hindering the nucleotide exchange observed using 

sotorasib and KRAS(WT) was preserved in case of all four tested KRAS mutants (IC50 4.3-8.2 

µM), indicating low affinity against all non-G12C KRAS proteins (Figure S6). However, at 

high sotorasib concentration (100 µM) clear stabilization for KRAS(G12V), KRAS(Q61L), 

and KRAS(G13D), providing ΔTm values of 13.2, 10.2, and 3.9 °C, was monitored,  

respectively (Figure S7). 

 

 



 
 

 
Fig. 1. Adagrasib is KRAS specific while sotorasib binds equally to NRAS and HRAS. (A) Structures 

of sotorasib and adagrasib and their binding modes in KRAS switch-II pocket (SII-P). Superimposed 

KRAS(G12C) co-crystal structures are shown in the middle (PDB IDs: 6OIM, 6UT0 49,50). A key-

difference in their binding mode appears on KRAS-specific 3-helix residue H95, which is in out-

conformation with adagrasib and in-conformation with adagrasib (zoom-in illustrations). Sotorasib is 

shown in green ball and sticks model, with protein highlighted with blue cartoon; adagrasib is shown 

in yellow ball and sticks model, with protein highlighted with purple cartoon. GDP is illustrated in ball 

and stick model with teal carbons. Mg2+-ion is shown as green sphere; C-atoms of C12, M67, and H95 

as orange, yellow, and blue spheres, respectively. (B) Concentration-dependent inhibition of SOScat-

mediated guanine nucleotide exchange of 100 nM RAS after 30 min preincubation with sotorasib and 

adagrasib at RT (mean ± SD, n = 3). (C) Adagrasib surface plasmon resonance sensogram showing 

concentration-dependent binding to KRAS(WT) (mean ± SD, n = 3). (D) G-LISA Ras activation assay 

using starved cell incubated with adagrasib and sotorasib followed by mitogenic stimulation and 

monitoring of RAS-GTP levels of the KRAS(WT) and KRAS(G12C) (mean ± SD, n = 3). 

 

 

Adagrasib showed no measurable binding with HRAS(WT) or NRAS(WT) in QRET 

nucleotide exchange assays (IC50 >15 µM) (Figure 1B). Sotorasib, on the contrary, displayed 

IC50 values of 1.3 ± 0.2 µM and 1.2 ± 0.2 µM for HRAS(WT) and NRAS(WT), respectively 

(Figure 1B). Also, TR-FRET nucleotide exchange assay and cell viability assay indicate that 

sotorasib interaction might be improved with NRAS(WT) in comparison to KRAS(WT) 



 
 

(Figure S3 and S5). Thermal stability analysis with NRAS(WT) also indicates interaction with 

sotorasib but not with KRAS specific adagrasib (Figure 2A and S2). Together these data 

suggest that sotorasib might be equally useful with NRAS(G12C) and HRAS(G12C) mutants 

as with KRAS(G12C). To assess the potential relevance of targeting NRAS(G12C) and/or 

HRAS(G12C) mutant harboring cancers we explored the Catalogue of Somatic Mutations in 

Cancer (COSMIC v98).54 In case of KRAS, the number of G12C mutation is 11.6%. From all 

NRAS and HRAS missense mutations in the database, 2.8% and 1.7% are G12C mutations. 

Nearly half of all NRAS(G12C) mutations are found from haematopoietic and lymphoid tissue, 

as the top 2 for HRAS(G12C) are skin and urinary track. Even the number is small, these 

searches confirmed the existence of patients carry non-KRAS(G12C) mutations. These patients 

might benefit from treatment with sotorasib, whether these mutations can be considered disease 

relevant drivers. 

 

 
Fig. 2. Sotorasib binds covalently to G12C mutants of KRAS, NRAS, and HRAS. (A) Concentration-

dependent thermal stabilization of 1 µM NRAS after 30 min preincubation with sotorasib and adagrasib 

at RT (mean ± SD, n = 3). (B) G-LISA Ras activation assay using starved cell incubated with adagrasib 

and sotorasib followed by mitogenic stimulation and monitoring of RAS-GTP levels of the NRAS(WT) 

and NRAS(G12C) (mean ± SD, n = 3). (C) Cell viability assay with adagrasib and sotorasib using stable 

Ba/F3 cells expressing human NRAS and HRAS(G12C) (mean ± SD, n = 3). (D) Mass spectrometric 

analysis of sotorasib binding to NRAS(G12C) and (E) HRAS(G12C). (F) Structural differences 

between NRAS and KRAS. The only discrepancy in SII-P residues is observed at position 95. 

 

To further prove the non RAS isoform discriminating behavior of sotorasib, we performed a 

panel of assays also to explore the mechanism enabling binding. Cellular RAS-GTP assay 

confirmed that NRAS(G12C) (IC50 =58.0 ± 6.7 nM) is similarly targeted by sotorasib as the 

KRAS(G12C) (IC50 = 137 ± 68 nM), but that adagrasib inhibition is more KRAS-specific 



 
 

(Figure 1D and 2B). Cell viability assays confirmed these results, as IC50 values of 17.4 ± 1.9 

and 53.0 ± 6.4 nM for sotorasib with stable Ba/F3 cells expressing human NRAS and 

HRAS(G12C) were monitored, respectively (Figure 2C). We confirmed the covalent 

attachment of sotorasib to NRAS(G12C) and HRAS(G12C) by liquid chromatography–mass 

spectrometry (LC–MS) approach (Figure S8). The highest peak (12.2 min) from the separation, 

was analyzed by MS (Figure S9), and in case of both NRAS(G12C) (Figure 2E) and 

HRAS(G12C) (Figure 2F), 560.5 g/mol increase in molecular weight (MW) was observed in 

the presence of sotorasib (C30H30F2N6O). This increase is equal to expected MW for sotorasib 

(560.59 g/mol), proving the covalent attachment to both NRAS and HRAS(G12C) (Figure 2E, 

2F, and S9). The only residue that differs between the isoforms within the SII-P is found in 

position 95, which is His, Leu or Gln in case of KRAS, NRAS, and HRAS, respectively (Figure 

2F and S10). 

 

KRAS specificity of adagrasib occurs through His-95 

To rationalize our findings related to the WT isoform binding and specificity of the two 

inhibitors, we conducted molecular dynamics (MD) simulations with non-covalently bound 

adagrasib and sotorasib in SII-P with KRAS(WT), NRAS(WT), and HRAS(WT). These 

simulations, which describe a stable binding of the inhibitors in the WT SII-Ps, suggest that 

with sotorasib the observed key-interactions appear mainly isoform-agnostic while with 

adagrasib this is not the case (Figure S11). A huge discrepancy between the inhibitors exists 

with observed position 95 interactions in MD simulations (Figure 3A-E and S11). With 

adagrasib, its various interactions to KRAS H95 (total of 156% interaction frequency) are 

dramatically diminished with NRAS L95 (8%) (Figure 3A). In contrast, L95 introduces 

hydrophobic contacts with sotorasib, resulting in slightly increased interaction frequency of the 

inhibitor to the residue in this position with NRAS. These observed KRAS H95 interactions of 

both inhibitors are consistent throughout the conducted simulations (Figure 3B). Moreover, 

adagrasib, which exhibits tighter contact to H95 than sotorasib, displays clear instability in this 

location when in complex with NRAS, as demonstrated by the increased distance to this residue 

(Figure 3C–E). With sotorasib this distance to the position 95 remains unaltered regardless of 

the RAS isoform (Figure 3C, 3E). Also, in simulations the root-mean-square deviation (RMSD) 

of adagrasib is elevated when in complex with NRAS, indicating instability (Figure S12). 

Overall, these simulation results suggests that the interactions to H95 with adagrasib are 

deterministic for its KRAS(WT) binding and selectivity over other RAS(WT) isoforms, while 

H95 interactions are not in the key-role with sotorasib, offering higher tolerance for amino acid 

variation in this position. 

  

 



 
 

 
Fig. 3. Adagrasib RAS isoform specificity is determined by His-95 of KRAS. (A) Adagrasib displays 

strong interactions with His-95 (KRAS) with high frequency but not with Leu-95 (NRAS) in MD 

simulations. For sotorasib the interactions to His-95 are not in the key-role and the interaction frequency 

appears slightly elevated with Leu-95. (B) KRAS His-95 interactions in the MD simulations with 

sotorasib and adagrasib are consistent throughout the simulations, as demonstrated by the observed 

interactions in time-specific plot of the concatenated trajectories (five individual 5 s simulations). (C) 

Isoform specific mininum distance of sotorasib to position 95 shown with violinplot. (D) Isoform 

specific minimum distance of adagrasib to position 95 shown with violinplot. (E) Data of C and D is 

shown here with boxplots, with their median values. The black horizontal line in the box represents the 

median, the box displays the quartiles of the dataset (25–75%) and whiskers the rest of the data with 

maximum 1.5 IQR. Outliers are indicated with black diamonds. Data shown in A–E of each system 

(25 s) was analyzed by each ns. (F) Concentration-dependent inhibition of SOScat-mediated guanine 

nucleotide exchange of 100 nM KRAS(WT), KRAS(H95L), and KRAS (Y96D) after 30 min 

preincubation with sotorasib and adagrasib at RT (mean ± SD, n = 3). (G) Concentration-dependent 

thermal stabilization of 1 µM KRAS(WT), KRAS(H95L), and KRAS (Y96D) after 30 min 

preincubation with sotorasib and adagrasib at RT (mean ± SD, n = 3). 

 

MD simulations suggested the irreplaceable role of H95 with adagrasib, and both inhibitors 

display interactions to Y96 with high frequency (Figure S13). To further validate the 

importance of KRAS H95 and Y96, a second mutation clinically reported to cause 

resistance,17,31,34 we performed a set of assays with sotorasib and adagrasib with various KRAS 

mutants. We created two single mutant constructs, KRAS(H95L) reflecting the native switch-

II pocket present in NRAS(WT), and KRAS(Y96D) linked to the formation of resistance with 



 
 

G12C targeting inhibitors.34 During the characterization of these mutants, we found 

KRAS(Y96D) to have negative impact on SOScat induced nucleotide exchange, but more 

importantly KRAS(Y96D) thermal stability (Tm = 42.6 ± 0.6 °C) appeared significantly 

reduced in comparison to KRAS(G12C) (Tm = 53.4 ± 0.3 °C) used as a control (Figure S14). 

SYPRO Orange (SO) TSA data confirmed the lowered KRAS(Y96D) stability (48.9 ± 0.2 °C), 

as with KRAS(H95L), more typical KRAS stability (PP; 51.9 ± 0.9 °C, SO; 59.8 ± 0.2 °C) was 

observed (Figure S14B and S15). In the nucleotide exchange assay, we observed comparable 

weak inhibition with sotorasib using both KRAS(H95L) and KRAS(Y96D) as with KRAS 

(WT) (Figure 2F). In case of adagrasib, however, both mutants were resistant to nucleotide 

exchange inhibition, indicating non-existing binding at the used concentrations. Observations 

from the PP thermal stability assay are in line with these findings, as 100 µM sotorasib 

displayed ΔTm of 11.8 °C and 9.6 °C with KRAS(H95L) and KRAS(Y96D), respectively 

(Figure 2G). These are equal to the ones monitored with the KRAS(WT) (Figure S2). On the 

other hand, adagrasib (at 100 µM concentration) exhibited negligible stabilization. Thus, the 

results from biochemical assays are in line with the MD simulation data. 

 

KRAS(G12C) secondary mutations on His-95 and Tyr-96 disrupts sotorasib and adagrasib 

binding 

In order to obtain more biologically relevant data, we created two new double mutants, 

KRAS(G12C/H95L) and KRAS(G12C/Y96D). When characterized, KRAS(G12C/H95L) 

showed kinetically slightly faster SOScat induced nucleotide exchange than KRAS(G12C), and 

also KRAS(G12C/Y96D) nucleotide exchange activity was rescued in comparison to 

KRAS(Y96D) (Figure S14A). Y96D effect is potentially due to KRAS R68 interaction with 

SOS E1002 in its “active” conformation, and thus D96–R68 may reduce the KRAS–SOS 

interaction.55 KRAS(G12C/H95L) (PP; 56.2 ± 0.2 °C, SO; 63.0 ± 0.2 °C) and 

KRAS(G12C/Y96D) (PP; 48.8 ± 0.8 °C, SO; 52.7 ± 0.2 °C) also showed increased stability 

over their single mutant forms, even  KRAS(G12C/Y96D) stability was still reduced in 

comparison to KRAS(G12C) (PP; 52.0 ± 1.0 °C, SO; 61.7 ± 0.2 °C) (Figure S14B and S15). 

The effect of these mutations was also evident in a nucleotide exchange assay with sotorasib 

and adagrasib. The IC50 values with sotorasib for KRAS(G12C/H95L) and 

KRAS(G12C/Y96D) in the used conditions were 0.17 ± 0.04 and 1.6 ± 0.1 µM, respectively 

(Figure 4A). These values are higher in comparison to the ones with KRAS(G12C), reflecting 

significantly compromised inhibition. Adagrasib showed negligible inhibition with 

KRAS(G12C/Y96D), but surprisingly with KRAS(G12C/H95L) the inhibition (IC50 value of 

0.94 ± 0.07 µM) was observed (Figure 4A). Using the mutant KRAS(G12C/H95L), also the 

observed thermal stability increased with both 10 µM and 100 µM sotorasib (ΔTm = 5.4 °C and 

14.4 °C), as adagrasib only modestly increased the stability of this mutant (ΔTm = 1.5 °C and 

4.1 °C) (Figure 4B). With KRAS(G12C/Y96D), only 100 µM sotorasib gave measurable 

increase in thermal stability (ΔTm = 7.7 °C) (Figure S16). As the nucleotide exchange and 

thermal stability results differ especially with KRAS(G12C/H95L), we studied the nucleotide 

exchange kinetics of this mutant in more details. The control experiment with KRAS(G12C) 



 
 

showed that adagrasib blocks the nucleotide exchange slightly faster than sotorasib, but in both 

cases, KRAS(G12C) is locked to its GDP-loaded state (Figure S17). This indicates that 

adagrasib and sotorasib will bind covalently to KRAS(G12C) immediately when it has reached 

the GDP-loaded state. Response with KRAS(WT) occurs only with adagrasib, but without the 

covalent bond, KRAS(WT) is not locked to its GDP-loaded state permanently. Sotorasib, on 

the other hand, blocks KRAS(G12C/H95L) nucleotide exchange similar to KRAS(G12C), as 

adagrasib is nearly unresponsive (Figure S17). Together this data indicates that sotarasib binds 

covalently to KRAS(G12C/H95L), but that the slightly weakened binding due to the H95L 

mutation is causing a multiplying effect in the thermal assay. 

By monitoring active KRAS(G12C/H95L) population, we could confirm that indeed sotorasib 

function is not compromised by additional H95 mutation (IC50 = 122 ± 23 nM) in comparison 

to KRAS(G12C) (IC50 = 137 ± 68 nM), as on the other hand, adagrasib function is nearly 

abolished (Figure 1D and 4C). Cell viability assay results in stable Ba/F3 cells expressing 

human KRAS(G12C/H95Q) and KRAS(G12C/Y96D) are equally in line with the previous 

findings (Figure 4D). The observed sotorasib IC50 values for KRAS(G12C/H95Q), double 

mutant used in this experiment, and KRAS(G12C) were similar (73.3 ± 6.9 nM vs. 55.7 ± 5.3 

nM), as the effect on KRAS(G12C/Y96D) was negligible. On the other hand, adagrasib results 

follows the non-RAS driven decrease in cell viability, and no specific response to either 

KRAS(G12C/H95Q) or KRAS(G12C/Y96D) were monitored (Figure 4D and S5B). 

 



 
 

 

Fig. 4. Adagrasib RAS isoform specificity is determined by His-95 of KRAS. (A) Concentration-

dependent inhibition of SOScat-mediated guanine nucleotide exchange of 100 nM KRAS(G12C), 

KRAS(G12C/H95L), and KRAS(G12C/Y96D) after 30 min preincubation with sotorasib and adagrasib 

at RT (mean ± SD, n = 3). (B) Concentration-dependent thermal stabilization of 1 µM 

KRAS(G12C/H95L) after 30 min preincubation with sotorasib and adagrasib at RT (mean ± SD, n = 

3). (C) G-LISA Ras activation assay using starved cell incubated with adagrasib and sotorasib followed 

by mitogenic stimulation and monitoring of RAS-GTP levels of the KRAS(G12C/H95L) (mean ± SD, 

n = 3). (D) Cell viability assay with adagrasib and sotorasib using stable Ba/F3 cells expressing human 

KRAS(G12C/H95Q) and (G12C/Y96D) (mean ± SD, n = 3). (E) Observed Y96 and Y96D interactions 

of non-covalently bound sotorasib in MD simulations of KRAS(G12C) and KRAS(G12C/Y96D) 

systems. (F) Observed SII-P availability and volume in (GDP-bound) apo simulations of KRAS(G12C) 

and KRAS(G12C/Y96D), and with KRAS(G12C) with non-covalently bound sotorasib. Pocket 

availability and size for the 20 s simulation data of each system was analyzed for each 50 ns with 

SiteMap. Boxplots consist of 239, 109 and 395 (of 401) data points for KRAS(G12C) apo, 

KRAS(G12C/Y96D) apo, and KRAS(G12C) + sotorasib simulations, respectively. (G) Interaction 

profile of the position 96 residues in the simulations without SII-P ligand. Interactions with >10% 

frequency are shown. Total of 20 s data for both systems. 

 

To provide more insights into the role of the secondary mutation Y96D and its negative impact 

on sotorasib binding, we conducted MD simulations of G12C and G12C/Y96D with non-

covalently bound sotorasib in the SII-P. These simulations provide insight into the stability of 



 
 

the inhibitor in the binding site before the covalent reaction takes place with the C12. As was 

observed with the KRAS(WT), also with KRAS(G12C) Tyr-96 forms highly frequent 

interactions to sotorasib, including – and hydrophobic interactions (Figure 4E and S18). 

These key-interactions are abolished by Y96D mutation, which leads to the instability of 

sotorasib in the binding site. In fact, in one of our simulation replicas we observed a total 

dissociation of sotorasib from the switch-II pocket at 2000 ns of the simulation (Figure S19). 

Furthermore, we conducted additional simulations of both G12C and G12C/Y96D without the 

SII-P binding ligand, to observe if the mutation itself has any impact on the binding pocket 

conformational behavior (Figure S20). Indeed, the resistant secondary mutation Y96D appears 

to constrict the SII-P compared to KRAS(G12C) (Figure 4F). The SII-P with G12C/Y96D is 

less available (SiteMap site available only in 27.1% of the analyzed frames) and when the 

pocket is present it is associated with smaller volume (median of 64.1Å3) when compared to 

G12C (found in 59.6%; median volume of 96.0Å3). With sotorasib in the SII-P, the pocket 

volume median is 211.6Å3. While the native Y96 displays no interactions to R68 (for which 

sotorasib displays interactions with high frequency in G12C), the mutated Y96D promotes a 

salt-bridge interaction between these two residues (Figure 4G). This secondary mutation 

introduces a possibility for a novel intraprotein interaction, influencing the size and 

accessibility of the SII-P, putatively hindering the inhibitor binding, suggesting an additional 

mechanism on the inhibitor resistance via this clinically observed secondary mutation. In 

addition to secondary mutation R68, Q99 mutation has been also found clinically 

relevant.33,36,40  We could confirm the importance of R68 for sotorasib, when tested with 

KRAS(G12C/R68M) expressing Ba/F3 cells (Figure S21). In a cell viability assay, IC50 values 

for sotorasib and adagrasib were 1073 ± 22 and 94.2 ± 29.9 nM, respectively. On the other 

hand, IC50 values for sotorasib and adagrasib with KRAS(G12C/Q99L) expressing cells were 

75.8 ± 1.0 and 175.1 ± 13.3 nM, respectively. Thus, the secondary Q99 mutation seems to have 

no effect on sotorasib and clear effect on adagrasib in comparison to viability assays using 

KRAS(G12C) expressing cells with sotorasib (55.7 ± 5.3 nM) and adagrasib (7.5 ± 0.8 nM), 

respectively (Figure S21 and S5). Together, results are in line with clinical observations that 

R68M, and Y96D/S mutations are highly resistant to sotorasib, whereas Y96D/S and Q99L 

conferred strong resistance to adagrasib.40 MD simulations gave no clear reason how Q99L 

affects to adagrasib binding, but it indicates that it is through H95 position rather than directly 

(Figure S22). 

Conclusions  

Sotorasib and adagrasib are the first FDA approved drugs for RAS.39,40,56 Both inhibitors 

occupy the same SII-P, but due to interaction differences, their specificity profile varies. Thus, 

unsurprisingly, reported secondary mutations inducing resistance for these inhibitors also vary. 

KRAS(Y96D) was one of the first of these secondary mutations reported for adagrasib 

resistance, and the same mutation was found to confer resistance to multiple KRAS(G12C) 

inhibitors currently in clinical trials.34 Later, KRAS alterations outside the ‘’hotspot’’ area, 

have been reported especially in R68, H95, and Y96.33 H95 has been counted as adagrasib-

specific resistance mutation, as sotorasib tolerates H95 mutations, but either of these inhibitors 

tolerates R68 or Y96 mutations in cell viability assays.33 We have now studied both sotorasib 

and adagrasib binding and relation to these clinically reported secondary mutations causing 



 
 

resistance. Our data obtained both from biochemical and cell-based assays clearly indicate that 

adagrasib specificity is created through His-95, as sotorasib is dependent on Tyr-96, conserved 

in all RAS isoforms. MD simulations further underpin this observation, which also indicates 

that sotorasib could be potentially useful for patients having HRAS(G12C) and NRAS(G12C) 

mutation. Together, presented results can support ongoing development of KRAS or pan-RAS 

drugs also for RAS lacking a cysteine covalently targeted cysteine. Results also highlight how 

a panel of different methods can unravel functionalities and support each other, when inhibitors 

are studied in vitro.  

 

 

Data Availability Statement: Data generated during the study is available upon request. The 

original MD simulation Desmond raw trajectories, generated and analyzed in the study have 

been deposited in the Zenodo repository and are freely available at: 

https://doi.org/10.5281/zenodo.XXXXXXX; https://doi.org/10.5281/zenodo.XXXXXXX 
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Methods 

Protein Expression and Purification. Detailed list of materials and instrumentation are 

provided in SI Appendix. Details for SOScat (564-1048), RAS(WT) proteins (HRAS (1-189), 

KRAS(2-188), and NRAS(1-189)), and for full length KRAS mutants (G12C, G12D, G12V, 

G13D, and Q61L) has been described previously.41–43,45–47,57 Avi-KRAS (1-188) production 

and purification has been also described elsewhere, and Avi-HRAS and Avi-NRAS were 

created accordingly.41 Protein expression and purification of KRAS(H95L), KRAS(Y96D), 

KRAS(G12C/H95L), and KRAS(G12C/Y96D) are provided in SI Appendix. 

 

Nucleotide Exchange Assay. All concentrations are given in final volume. Endpoint assays 

using QRET and TR-FRET, were performed in 15 µL and 10 µL final volume in an assay 

buffer (20 mM HEPES (pH 7.5), 1 mM MgCl2, 10 mM NaCl, 0.01% Triton X-100, and 0.005% 

γ-globulins), respectively.45–47,58 In QRET, 3 µL of sotorasib (0-100 µM) and adagrasib (0-100 

µM) were mixed in 384-well with equal volume of RAS (10-100 nM), and incubated for 15 

min. After the incubation, 6 μL of the detection solution (10 nM Eu3+-GTP and 2.5 µM MT2) 

was added and TRL-signal was monitored using Tecan Spark 20M with excitation and 

emission wavelengths of 340 and 620 nm. Reaction was initiated with 3 µL of SOScat (5-10 

nM) and TRL-signal was monitored at several time points during 60 min incubation. TR-FRET 

assays were performed using similar protocol, as an exception that detection (50 nM AF647-

GTP and 5 nM SA-Eu3+) and SOScat were both added in 2 µL volume. TR-FRET signal was 

monitored at several time points using excitation and emission wavelengths of 340 and 665 

nm. Kinetic assays were all performed with Eu3+-GDP. Assays without inhibitors were 

performed using 100 nM of RAS and detection solution with 10 nM Eu3+-GDP and 3 µM of 

MT2, added in 9 and 10 µL volume, respectively. Reaction was initiated with 10 nM SOScat (1 

µL) and TRL-signal was monitored for 30 min at 30-s intervals. KRAS(WT), KRAS(G12C), 

and KRAS(G12C/H95L) were further assayed with GDP (5 µM), sotorasib (5 µM), and 

adagrasib (5 µM). These assays were performed also with 100 nM KRAS (8 µL), modified 

detection (50 nM Eu3+-GDP and 4.5 µM MT2). Reaction was initiated with 20 nM SOScat (1 

µL) and TRL-signal was monitored for 15 min at 60-s intervals, before blockers (GDP, 

sotorasib, and adagrasib) were added in 1 µL, and TRL-signal monitoring was continued for 

60 min at 60-s intervals. 

 

Thermal Stability Assays. All RAS thermal stability assays were performed in 96-well plate 

mainly by using two-step Protein-Probe assay with 50-1000 nM RAS concentration (8 µL).43,59 



 
 

Two DSF dyes (ANS and SYPRO Orange), used as a control, were performed with one-step 

protocol and 10 µM RAS (20 µL) concentration.41,43,52 In the Protein-Probe, RAS (4 µL) and 

inhibitor (4 µL) were added in assay buffer (10 mM HEPES (pH 7.5), 0.001% Triton X-100 

and 20 mM NaCl) and incubated for 30 min before heating for 3 min at each temperature (25-

95 °C) using 5 °C interval. Sotorasib and adagrasib were mainly used at 10 or 100 µM 

concentration (at 8 µL), except assays with KRAS(G12C), KRAS(G12C/H95L), and 

KRASG12C(Y96D), which were also assayed using 0-1 µM inhibitor concentration. After 

heating RAS at each temperature, detection solution (citrate-phosphate buffer (pH 4), 0.01% 

Triton X-100, 3.5 µM 1,1,3,3,3′,3′-hexamethylindodicarbocyanine iodide, and 1 nM Eu3+-

probe) was added in 65 µL, before TRL-signal monitoring at RT. With ANS and SYPRO 

Orange, RAS (10 µM) and inhibitors (20 µM) were added in assay buffer (10 mM HEPES (pH 

7.5), 0.001% Triton X-100 and 20 mM NaCl) and incubated for 30 min in 8 µL volume, prior 

the addition of the DSF dye (10 µM ANS and 5 x SYPRO Orange, final) at 12 µL. Samples 

were incubated for 3 min at each temperature, followed by fluorescence signal measurement 

(ANS; 350/490 nm and SYPRO Orange; 485/590 nm). 

 

Ras-GTP assays. HEK293T cells were maintained at 37 °C with 5% CO2. Cells were grown 

in DMEM supplemented with 10% fetal calf serum (FCS) and 1% penicillin/streptomycin. 

HEK293T cells were seeded at 5 x 105 cells / well in 6-well plates and incubated for 24 h. Cells 

were transfected with 1.25 µg plasmid DNA and by using 3.75 µL TransIT-293 (Mirus, MIR 

2700) per well. Medium was exchanged to DMEM containing 0.5% FCS 48 h post-

transfection, and the indicated concentration of either adagrasib, sotorasib or DMSO were 

added. 64 h post-transfection the cells were stimulated by adding 10% FCS, 4 min prior 

transferred on ice. Cells were washed twice with ice-cold 1 x PBS (phosphate buffered saline) 

and lysed subsequently. 

 

Quantification of RAS-GTP was performed using the absorbance-based G-LISA Ras 

Activation Kit (Cytoskeleton, BK131). After cell lysis with the supplied buffer, the samples 

protein content was determined by the supplied protein assay. Depending on the transfected 

construct, 6 to 22 µg of whole-cell lysate was used in duplicates for the RAS-GTP assay. To 

ensure that only the transfected RAS isoform or mutant is detected, we replaced the supplied 

primary and secondary detections with a mouse anti-HA antibody (Sigma, H9658) and a goat 

anti-mouse HRP antibody (Pierce, 31438). 

 



 
 

Cell viability assays. Assays were performed using mouse Ba/F3 cell lines stably expressing 

exogenous KRAS(WT) or KRAS bearing amino acid mutation studied (G12C, G12C/H95Q, 

G12C/Y96D, and G12C/Q99L) (Kyinno biotechnology, Peking, China). Additionally, Ba/F3 

cell lines expressing exogenous HRAS(WT) and HRAS(G12C) or NRAS(WT) and 

NRAS(G12C) were used. Cell culture and assays using sotorasib and adagrasib (10 µM) were 

performed according to manufacturer’s instructions. Shortly, cells were cultured in 10% FBS 

supplemented RPMI-1640 medium and seeded in 96-well plate (3000 cells/well). Cells were 

cultured overnight prior sotorasib (0-10 µM) and adagrasib (0-10 µM) addition, and plates were 

further incubated for 72 h. Cell viability was measured using CellTiter-Glo assay according to 

manufactures instruction by measuring the luminescence using PerkinElmer Envision 

(PerkinElmer, Waltham, MA).  

 

LC-MS binding studies. Recombinant NRAS (G12C, 1-169) and HRAS (G12C, 1-169) 

were incubated with either 0.1 % DMSO or 10 µM sotorasib for 1h at RT and subsequently 

submitted to the LC-MS service at the Functional Genomics Center Zurich (FGCZ). Full 

protocol is provided in SI Appendix. 

 

Molecular modeling. Molecular modeling was conducted with Maestro (Schrödinger release 

2020-2, Schrödinger LLC, New York, NY) using OPLS3e force field 60,61 

Molecular dynamics simulations 

PDB ID: 6OIM 50 

Reverse mutated the engineered residues back to native: S51 to C51 and L80 to C80 

Initiator methionine was deleted and T2 was acetylated. 

Missing residues added.  

PDB ID: 6UT0 49 

Reverse mutated the engineered residues back to native: S118 to C118 

We removed the covalent linkage from the inhibitor to C12, which  

Protein Preparation Wizard 62 

 

To acquire a comparable WT NRAS system with a similar starting configuration for the 

simulations, we mutated the KRAS residues to the native NRAS ones (T87S; E91A; H94N; 

H95L; E107D; S122T; Q131H; D132E; R135K; D153E; K165Q; H166Y; K167R; E168M), 

which was prepared, and energy minimized with the Protein Preparation Wizard as above. 



 
 

 

Simulations were conducted with Desmond D engine.63 Systems were then solvated in a 15 Å 

cubic box with TIP3P water with 150 mM K+ and Cl− salt (adjusted to a neutral net charge).64 

The final systems comprised ~35–38k atoms. Prior to the production simulations, the default 

Desmond relaxation was applied for both systems. The production simulations were run in 

NpT ensemble (p  =  1.01325 bar; T  =  310 K) with settings as in previous report.65 

 

Simulations of the mutant KRAS(G12C) and KRAS(G12C/Y96D) systems with and without 

non-covalently bound sotorasib were generated from the above KRAS(WT)-sotorasib system, 

by mutating G12 to C12 and Y96 to D96 (for the G12C/Y96D), and in the case of the apo 

systems sotorasib was deleted. Simulation settings were as above. Five replicas for each 

system were simulated for 4 s, except for one replica of the KRAS(G12C/Y96D)-sotorasib 

systems the simulation was terminated already at 3 s while the ligand dissociated at 2000 ns.  

 

Computational analysis of binding sites. Analysis of switch-II pocket volume was 

conducted with trajectory_binding_site_volumes.py script (Schrödinger LLC). Trajectories 

were analyzed for every 50th frame (50 ns intervals).  

 

ACKNOWLEDGMENTS. 

This work was supported by Academy of Finland (323433/K.K., 329012/K.K., and 

353324/K.K). The authors would like to thank Matt Drew, Peter Frank, Randy Gapud, José 

Sánchez Hernández, Jennifer Mehalko, Shelley Perkins, Nitya Ramakrishnan, Mukul Sherekar, 

Simon Messing, Troy Taylor, Vanessa Wall, and Tim Waybright for cloning, expression, 

purification, and QC of the used small GTPase proteins. The authors wish to acknowledge 

CSC—IT Center for Science, Finland, for computational resources. 

 

 

 

 

 

 

 

 



 
 

References: 

1. Moore, A. R., Rosenberg, S. C., McCormick, F. & Malek, S. RAS-targeted therapies: is the 

undruggable drugged? Nat Rev Drug Discov 19, 533–552 (2020). 

2. Raphael, B. J. et al. Integrated Genomic Characterization of Pancreatic Ductal 

Adenocarcinoma. Cancer Cell 32, 185-203.e13 (2017). 

3. Muzny, D. M. et al. Comprehensive molecular characterization of human colon and rectal 

cancer. Nature 487, 330 (2012). 

4. Akbani, R. et al. Genomic Classification of Cutaneous Melanoma. Cell 161, 1681–1696 (2015). 

5. Cancer Genome Atlas Research Network, T. ARTICLE Comprehensive molecular profiling of 

lung adenocarcinoma. Nature (2014) doi:10.1038/nature13385. 

6. Lu, S., Jang, H., Nussinov, R. & Zhang, J. The Structural Basis of Oncogenic Mutations G12, G13 

and Q61 in Small GTPase K-Ras4B. Scientific Reports 2016 6:1 6, 1–15 (2016). 

7. Kim, D., Xue, J. Y. & Lito, P. Targeting KRAS(G12C): From Inhibitory Mechanism to Modulation 

of Antitumor Effects in Patients. Cell 183, 850–859 (2020). 

8. Murugan, A. K., Grieco, M. & Tsuchida, N. RAS mutations in human cancers: Roles in precision 

medicine. Semin Cancer Biol 59, 23–35 (2019). 

9. Dogan, S. et al. Molecular Epidemiology of EGFR and KRAS Mutations in 3026 Lung 

Adenocarcinomas: Higher Susceptibility of Women to Smoking-related KRAS-mutant Cancers. 

Clin Cancer Res 18, 6169 (2012). 

10. Cox, A. D., Fesik, S. W., Kimmelman, A. C., Luo, J. & Der, C. J. Drugging the undruggable RAS: 

Mission Possible? Nat Rev Drug Discov 13, 828–851 (2014). 

11. Khan, I., Rhett, J. M. & O’Bryan, J. P. Therapeutic targeting of RAS: New hope for drugging the 

“undruggable”. Biochimica et Biophysica Acta (BBA) - Molecular Cell Research 1867, 118570 

(2020). 

12. Uprety, D. & Adjei, A. A. KRAS: From undruggable to a druggable Cancer Target. Cancer Treat 

Rev 89, 102070 (2020). 

13. Molina-Arcas, M., Samani, A. & Downward, J. Drugging the Undruggable: Advances on RAS 

Targeting in Cancer. Genes (Basel) 12, (2021). 

14. McCormick, F. Sticking it to KRAS: Covalent Inhibitors Enter the Clinic. Cancer Cell 37, 3–4 

(2020). 

15. Li, H., Qi, W., Wang, Y. & Meng, L. Covalent inhibitor targets KRasG12C: a new paradigm for 

drugging the undruggable and challenges ahead. Genes Dis (2021) 

doi:10.1016/J.GENDIS.2021.08.011. 



 
 

16. Boike, L., Henning, N. J. & Nomura, D. K. Advances in covalent drug discovery. 

doi:10.1038/s41573-022-00542-z. 

17. Pantsar, T. KRAS(G12C)–AMG 510 interaction dynamics revealed by all-atom molecular 

dynamics simulations. Sci Rep 10, (2020). 

18. Vasta, J. D. et al. KRAS is vulnerable to reversible switch-II pocket engagement in cells. bioRxiv 

2021.10.15.464544 (2021) doi:10.1101/2021.10.15.464544. 

19. Nagasaka, M. et al. KRAS G12C Game of Thrones, which direct KRAS inhibitor will claim the 

iron throne? Cancer Treat Rev 84, 101974 (2020). 

20. Ostrem, J. M., Peters, U., Sos, M. L., Wells, J. A. & Shokat, K. M. K-Ras(G12C) inhibitors 

allosterically control GTP affinity and effector interactions. Nature 503, 548–551 (2013). 

21. Lito, P., Solomon, M., Li, L. S., Hansen, R. & Rosen, N. Allele-specific inhibitors inactivate 

mutant KRAS G12C by a trapping mechanism. Science 351, 604–608 (2016). 

22. Zhang, Z., Morstein, J., Ecker, A. K., Guiley, K. Z. & Shokat, K. M. Chemoselective Covalent 

Modification of K-Ras(G12R) with a Small Molecule Electrophile. (2022) 

doi:10.1021/jacs.2c05377. 

23. Burd, C. E. et al. Mutation-Specific RAS Oncogenicity Explains NRAS Codon 61 Selection in 

Melanoma. Cancer Discov 4, 1418–1447 (2014). 

24. Ostrem, J. M. L. & Shokat, K. M. Direct small-molecule inhibitors of KRAS: from structural 

insights to mechanism-based design. Nat Rev Drug Discov 15, 771–785 (2016). 

25. Patricelli, M. P. et al. Selective Inhibition of Oncogenic KRAS Output with Small Molecules 

Targeting the Inactive State. Cancer Discov 6, 316–329 (2016). 

26. Janes, M. R. et al. Targeting KRAS Mutant Cancers with a Covalent G12C-Specific Inhibitor. 

Cell 172, 578-589.e17 (2018). 

27. Zhang, Z. et al. GTP-State-Selective Cyclic Peptide Ligands of K-Ras(G12D) Block Its Interaction 

with Raf. Cite This: ACS Cent. Sci 2020, 1753–1761 (2020). 

28. Sogabe, S. et al. Crystal Structure of a Human K-Ras G12D Mutant in Complex with GDP and 

the Cyclic Inhibitory Peptide KRpep-2d. (2017) doi:10.1021/acsmedchemlett.7b00128. 

29. Sakamoto, K., Masutani, T. & Hirokawa, T. Generation of KS-58 as the first K-Ras(G12D)-

inhibitory peptide presenting anti-cancer activity in vivo. Scientific Reports 2020 10:1 10, 1–16 

(2020). 

30. Drosten, M. & Barbacid, M. KRAS inhibitors: going noncovalent. Mol Oncol 16, 3911–3915 

(2022). 

31. Kwan, A. K., Piazza, G. A., Keeton, A. B. & Leite, C. A. The path to the clinic: a comprehensive 

review on direct KRAS G12C inhibitors. Journal of Experimental & Clinical Cancer Research 41, 

27 (2021). 



 
 

32. Ning, W., Yang, Z., Kocher, G. J., Dorn, P. & Peng, R. W. A Breakthrough Brought about by 

Targeting KRAS G12C: Nonconformity Is Punished. Cancers (Basel) 14, (2022). 

33. Awad, M. M. et al. Acquired Resistance to KRAS G12C Inhibition in Cancer . New England 

Journal of Medicine 384, 2382–2393 (2021). 

34. Tanaka, N. et al. Clinical Acquired Resistance to KRASG12C Inhibition through a Novel KRAS 

Switch-II Pocket Mutation and Polyclonal Alterations Converging on RAS–MAPK Reactivation. 

Cancer Discov 11, 1913–1922 (2021). 

35. Ryan, M. B. et al. KRAS G12C-independent feedback activation of wild-type RAS constrains 

KRAS G12C inhibitor efficacy. doi:10.1016/j.celrep.2022.110993. 

36. Feng, S. et al. A saturation mutagenesis screen uncovers resistant and sensitizing secondary 

KRAS mutations to clinical KRASG12C inhibitors. Proc Natl Acad Sci U S A 119, (2022). 

37. Jiao, D. & Yang, S. Overcoming Resistance to Drugs Targeting KRASG12C Mutation. The 

Innovation 1, 100035 (2020). 

38. Addeo, A., Banna, G. L. & Friedlaender, A. KRAS G12C Mutations in NSCLC: From Target to 

Resistance. Cancers (Basel) 13, (2021). 

39. Liu, J., Kang, R. & Tang, D. The KRAS-G12C inhibitor: activity and resistance. Cancer Gene 

Therapy 2021 1–4 (2021) doi:10.1038/s41417-021-00383-9. 

40. Koga, T. et al. KRAS Secondary Mutations That Confer Acquired Resistance to KRAS G12C 

Inhibitors, Sotorasib and Adagrasib, and Overcoming Strategies: Insights From In Vitro 

Experiments. Journal of Thoracic Oncology 16, 1321–1332 (2021). 

41. Kopra, K. et al. Thermal Shift Assay for Small GTPase Stability Screening: Evaluation and 

Suitability. Int J Mol Sci 23, 7095 (2022). 

42. E, V. et al. Sensitive Label-Free Thermal Stability Assay for Protein Denaturation and Protein-

Ligand Interaction Studies. Anal Chem 92, 3512–3516 (2020). 

43. Valtonen, S. et al. Nanomolar Protein–Protein Interaction Monitoring with a Label-Free 

Protein-Probe Technique. Anal Chem 92, 15781–15788 (2020). 

44. Kopra, K. et al. Homogeneous Dual-Parametric-Coupled Assay for Simultaneous Nucleotide 

Exchange and KRAS/RAF-RBD Interaction Monitoring. Cite This: Anal. Chem 92, 4971–4979 

(2020). 

45. Kopra, K. et al. A homogeneous quenching resonance energy transfer assay for the kinetic 

analysis of the GTPase nucleotide exchange reaction. Anal Bioanal Chem 406, 4147–4156 

(2014). 

46. Kopra, K. et al. High-Throughput Dual Screening Method for Ras Activities and Inhibitors. Anal 

Chem 89, 4508–4516 (2017). 



 
 

47. Kopra, K. & Härmä, H. Methods to Monitor Ras Activation State. Methods in Molecular 

Biology 2262, 137–167 (2021). 

48. Lanman, B. A. et al. Discovery of a Covalent Inhibitor of KRASG12C (AMG 510) for the 

Treatment of Solid Tumors. J Med Chem 63, 52–65 (2019). 

49. Fell, J. B. et al. Identification of the Clinical Development Candidate MRTX849, a Covalent 

KRAS G12C Inhibitor for the Treatment of Cancer. Cite This: J. Med. Chem 63, 6679–6693 

(2020). 

50. Canon, J. et al. The clinical KRAS(G12C) inhibitor AMG 510 drives anti-tumour immunity. 

Nature 2019 575:7781 575, 217–223 (2019). 

51. Mortison, J. D. et al. Rapid Evaluation of Small Molecule Cellular Target Engagement with a 

Luminescent Thermal Shift Assay. Cite This: ACS Med. Chem. Lett. 2021 12, 1288–1294 (2021). 

52. Valtonen, S. et al. Sensitive, homogeneous, and label-free protein-probe assay for antibody 

aggregation and thermal stability studies. MAbs 13, (2021). 

53. Hallin, J. et al. The KRASG12C inhibitor MRTX849 provides insight toward therapeutic 

susceptibility of KRAS-mutant cancers in mouse models and patients. Cancer Discov 10, 54–71 

(2020). 

54. Tate, J. G. et al. COSMIC: the Catalogue Of Somatic Mutations In Cancer. Nucleic Acids Res 47, 

D941–D947 (2019). 

55. Ann Boriack-Sjodin, P., Margarit, S. M., Bar-Sagi, D. & Kuriyan, J. The structural basis of the 

activation of Ras by Sos. NATURE vol. 394 (1998). 

56. Blaquier, J. B., Cardona, A. F. & Recondo, G. Resistance to KRASG12C Inhibitors in Non-Small 

Cell Lung Cancer. Front Oncol 11, 5551 (2021). 

57. Kopra, K. et al. Homogeneous Dual-Parametric-Coupled Assay for Simultaneous Nucleotide 

Exchange and KRAS/RAF-RBD Interaction Monitoring. Anal Chem 92, 4971 (2020). 

58. Syrjänpää, M. et al. QTR-FRET: Efficient background reduction technology in time-resolved 

förster resonance energy transfer assays. Anal Chim Acta 1092, 93–101 (2019). 

59. Vuorinen, E. et al. Protease substrate‐independent universal assay for monitoring digestion of 

native unmodified proteins. Int J Mol Sci 22, (2021). 

60. Harder, E. et al. OPLS3: A Force Field Providing Broad Coverage of Drug-like Small Molecules 

and Proteins. (2015) doi:10.1021/acs.jctc.5b00864. 

61. Roos, K. et al. OPLS3e: Extending Force Field Coverage for Drug-Like Small Molecules. (2019) 

doi:10.1021/acs.jctc.8b01026. 

62. Madhavi Sastry, G., Adzhigirey, M., Day, T., Annabhimoju, R. & Sherman, W. Protein and 

ligand preparation: parameters, protocols, and influence on virtual screening enrichments. 

doi:10.1007/s10822-013-9644-8. 



 
 

63. Bowers, K. J. et al. Scalable algorithms for molecular dynamics simulations on commodity 

clusters. Proceedings of the 2006 ACM/IEEE Conference on Supercomputing, SC’06 (2006) 

doi:10.1145/1188455.1188544. 

64. Jorgensen, W. L., Chandrasekhar, J., Madura, J. D., Impey, R. W. & Klein, M. L. Comparison of 

simple potential functions for simulating liquid water. J Chem Phys 79, 926 (1998). 

65. Pantsar, T. et al. Decisive role of water and protein dynamics in residence time of p38α MAP 

kinase inhibitors. doi:10.1038/s41467-022-28164-4. 

  

 

 



Randa M
ahran

A
I 707

A
N

N
A

LES U
N

IV
ERSITATIS TU

RK
U

EN
SIS

ISBN 978-951-29-9614-8 (PRINT)
ISBN 978-951-29-9615-5 (PDF)
ISSN 0082-7002 (Print)
ISSN 2343-3175 (Online)

Pa
in

os
al

am
a 

O
y, 

Tu
rk

u,
 F

in
la

nd
 2

02
3


	ABSTRACT
	TIIVISTELMÄ
	Table of Contents
	Abbreviations
	List of Original Publications
	1 Introduction
	2 Literature Review
	2.1 Nucleotides
	2.1.1 Nucleotides’ structure and intracellular synthesis pathways
	2.1.2 Clinical relevance of nucleotides
	2.1.2.1 Physiological significance of nucleotides in mammalian cells
	2.1.2.2 Diseases related to GTP


	2.2 Methods for nucleotide monitoring
	2.2.1 Non-luminescent based methods for nucleotide monitoring
	2.2.1.1 Colorimetric assays
	2.2.1.2 Chromatography
	Liquid chromatography (LC)
	LC/MS
	Gas chromatography

	2.2.1.3 Capillary electrophoresis

	2.2.2 Luminescent-based methods for nucleotide monitoring
	2.2.2.1 Chemiluminescent based sensors
	2.2.2.2 Live cell imaging
	2.2.2.3 Indirect methods


	2.3 Summary

	3 Aims of the Study
	4 Material and Methods
	4.1 Luminescent Probes
	Labeled reporter conjugates

	4.2 Instrumentation and measurement parameters
	4.3 Assay reagents preparation
	Cell culture and sample preparation for GTP antibody assay

	4.4 Assay proteins and ligands
	4.5 Assays principles
	4.5.1 QRET assays
	4.5.2 Stability assays


	5 Results and Discussion
	5.1 Cellular GTP studies
	5.2 Small GTPase stability studies
	5.2.1 Evaluation of TSA for monitoring small GTPase stability
	5.2.2 Small GTPases thermal and chemical stability monitoring by FRET-Probe
	5.2.3 Investigation of the binding specificity and resistance mechanisms of the KRASG12C inhibitors, AMG510 and MRTX849


	6 Summary and Conclusions
	Acknowledgements
	List of References
	Original Publications
	I  Homogeneous luminescent quantitation of cellular guanosine and adenosine triphosphates (GTP and ATP) using QT‑LucGTP&ATP assay
	II  Thermal Shift Assay for Small GTPase Stability Screening: Evaluation and Suitability
	III  Isothermal chemical denaturation assay for monitoring protein stability and inhibitor interactions
	IV  Beyond KRAS(G12C): biochemical and computational characterization of sotorasib and adagrasib binding specificity and the critical role of H95 and Y96



 
 
    
   HistoryItem_V1
   TrimAndShift
        
     Range: all pages
     Trim: fix size 7.087 x 10.000 inches / 180.0 x 254.0 mm
     Shift: none
     Normalise (advanced option): 'original'
     Keep bleed margin: no
      

        
     D:20240131125811
      

        
     Shift
     32
            
       D:20240129154834
       720.0000
       Blank
       510.2362
          

     Tall
     1
     0
     No
     1785
     784
     None
     Right
     8.5039
     0.0000
            
                
         Both
         19
         AllDoc
         325
              

       CurrentAVDoc
          

     Uniform
     0.0000
     Top
      

        
     QITE_QuiteImposingPlus5
     Quite Imposing Plus 5.3k
     Quite Imposing Plus 5
     1
      

        
     90
     159
     158
     159
      

   1
  

    
   HistoryItem_V1
   TrimAndShift
        
     Range: all pages
     Trim: fix size 7.087 x 10.000 inches / 180.0 x 254.0 mm
     Shift: none
     Normalise (advanced option): 'original'
     Keep bleed margin: no
      

        
     D:20240201114732
      

        
     Shift
     32
            
       D:20240129154834
       720.0000
       Blank
       510.2362
          

     Tall
     1
     0
     No
     1785
     784
     None
     Up
     7.0866
     0.0000
            
                
         Both
         19
         AllDoc
         325
              

       CurrentAVDoc
          

     Uniform
     0.0000
     Top
      

        
     QITE_QuiteImposingPlus5
     Quite Imposing Plus 5.3k
     Quite Imposing Plus 5
     1
      

        
     0
     159
     158
     159
      

   1
  

    
   HistoryItem_V1
   InsertBlanks
        
     Where: before current page
     Number of pages: 2
     Page size: same as current
      

        
     D:20240201120843
      

        
     Blanks
     Always
     2
     1
            
       D:20231005115041
       765.3543
       Blank
       37.4173
          

     1
     Tall
     1561
     636
     0
     1
     qi3alphabase[QI 3.0/QHI 3.0 alpha]
     1
            
       CurrentAVDoc
          

     SameAsCur
     BeforeCur
      

        
     QITE_QuiteImposingPlus5
     Quite Imposing Plus 5.3k
     Quite Imposing Plus 5
     1
      

        
     0
     2
      

   1
  

    
   HistoryItem_V1
   InsertBlanks
        
     Where: after current page
     Number of pages: 1
     Page size: same as current
      

        
     D:20240201120900
      

        
     Blanks
     Always
     1
     1
            
       D:20231005115041
       765.3543
       Blank
       37.4173
          

     1
     Tall
     1561
     636
     0
     1
     qi3alphabase[QI 3.0/QHI 3.0 alpha]
     1
            
       CurrentAVDoc
          

     SameAsCur
     AfterCur
      

        
     QITE_QuiteImposingPlus5
     Quite Imposing Plus 5.3k
     Quite Imposing Plus 5
     1
      

        
     161
     1
      

   1
  

    
   HistoryItem_V1
   TrimAndShift
        
     Range: all pages
     Trim: fix size 6.929 x 9.843 inches / 176.0 x 250.0 mm
     Shift: none
     Normalise (advanced option): 'original'
     Keep bleed margin: no
      

        
     D:20240201120926
      

        
     Shift
     32
            
       D:20231003151711
       708.6614
       B5
       Blank
       498.8976
          

     Tall
     1
     0
     No
     1785
     784
    
     None
     Up
     7.0866
     0.0000
            
                
         Both
         19
         AllDoc
         325
              

       CurrentAVDoc
          

     Uniform
     0.0000
     Top
      

        
     QITE_QuiteImposingPlus5
     Quite Imposing Plus 5.3k
     Quite Imposing Plus 5
     1
      

        
     5
     162
     161
     162
      

   1
  

 HistoryList_V1
 qi2base





