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ABSTRACT 

James Sullivan Weltz (Department of Chemical and Biological Engineering) 

“Single-Molecule Protein Dynamics at the Solid-Liquid Interface” 

Thesis directed by Professors Joel L. Kaar and Daniel K. Schwartz 

 

The objective of this work was to increase understanding of protein dynamics at solid-

liquid interfaces using single-molecule methods to improve immobilized enzyme technologies. 

First, we identified a unique, dynamic mechanism of protein unfolding at solid-liquid interfaces 

where folded protein efficiently explored the surface before encountering sparsely distributed, 

nanoscale surface features, upon which the enzyme rapidly unfolded. Notably, passivation of the 

intensity and frequency of these surface features by site blocking did not significantly hinder 

protein unfolding due to the efficiency of this interfacial search process. With this molecular 

understanding of protein unfolding, we sought the design of an enzyme immobilization strategy 

which both reduced surface heterogeneity and inhibited searching of the surface, which involved 

covalent attachment of enzymes to polymer brushes. Notably, significant activity retention was 

observed for an industrially important lipase upon immobilization, suggesting little to no surface 

induced unfolding occurred. Interestingly, we observed a significant difference in stability of this 

lipase at elevated temperatures immobilized on two commonly employed polymers in biologically 

interfacing materials. Single-molecule observations of folding dynamics explained the difference 

in elevated-temperature stability as a change in both the temperature dependence of folding and 

unfolding rate constants. Notably, this difference in stability between polymer supports was not 

observed with other similar lipases, indicating this behavior was enzyme specific. Lastly, we 

exerted control over the dynamics of immobilized lipase by increased the number of sites of 
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attachment per enzyme. This reduced both folding dynamics and thermally driven fluctuations of 

the enzyme, which resulted in a tradeoff between immobilized enzyme stability and activity.   
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Chapter 1 Introduction 
1.1 Interfacial Dynamics of Proteins 

Proteins and enzymes are biological polymers composed of amino acids that often fold into 

precise three-dimensional structures1. These macromolecules mediate many of the diverse 

chemical and physical processes involved in biology and, therefore, are attractive for numerous 

technological applications2–5. For example, the ability of enzymes to catalyze reactions under mild 

conditions with exquisite selectivity make them exceptional catalysts6–10. This selectivity, coupled 

with high affinity, enables detection and quantification of small analyte concentrations in complex 

sample matrices11–14. The specificity of protein-protein interactions enables nanoscale self-

assembly15–17. In these technologies, interaction of proteins with solid-liquid interfaces is often 

desired, as with the immobilization of enzymes to facilitate catalyst recycling18–20, to make protein 

recognition compatible with a sensing modality21–23, and to direct self-assembly in two 

dimensions24–26. Additionally, proteins interact with solid-liquid interfaces during purification and 

storage27–29. Therefore, the ubiquity of protein-surface interactions has motived decades of study30–

32. 

Protein-surface interactions are typically studied with measurements of interfacial dynamics, 

including adsorption and desorption33–35, diffusion36–38, and changes in conformation39–41. 

Understanding adsorption and desorption is critical for creating stable immobilized enzyme 

catalysts with high loading and minimal leaching42–44. Diffusion is critical for effective 

chromatographic purification and efficient protein-directed self-assemblies45–47. Most importantly, 

preserving the native conformations of proteins at interfaces is required to preserve function48–50. 

Macroscopic measurements of interfacial dynamics have provided valuable, comparative 

information about the effects of, for example, surface chemistry51–53, solution conditions54–56, and 
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protein type57–59 on adsorption and unfolding. However, the particular dynamic mechanisms of 

protein adsorption, diffusion, and unfolding cannot be directly determined from these ensemble-

averaged measurements60. In the Schwartz and Kaar labs, we are interested in the development 

and application of single-molecule techniques to directly observe interfacial diffusion61, 

aggregation62, and unfolding63 in order to provide engineering guidance for the technological 

applications of proteins at interfaces.    

1.1.1 Adsorption and Desorption 

 Typically, ensemble measurements of protein adsorption monitor the quantity of adsorbed 

protein over time after contact with a protein containing solution64–66. Desorption kinetics are 

similarly measured by monitoring the loss of protein over time after exchange to a protein-free 

solution67–69. The amount of adsorbed protein is typically measured with techniques such as quartz 

crystal microbalance70, sum frequency generation71, surface plasmon resonance72, and total 

internal reflection fluorescence73, with high sensitivity enabling measurement of quantities 

significantly less than that of a monolayer. Notably, comparative studies of surfaces functionalized 

with self-assembled monolayers and polymers identified interfaces which significantly reduce the 

quantity of adsorbed protein74–76 and are used as biomaterial surface coatings77–79. Additionally, 

low adsorption coatings functionalized with selective capture moieties are employed as sensors of 

specific proteins in whole blood80,81.   

Changes in the surface coverage of proteins are typically observed over minutes to hours 

with ensemble techniques65,82. However, increasingly complex observations led to considerable 

speculation regarding the molecular behaviors of adsorption and desorption that lead to these 

changes. For example, the well-documented Vroman effect, where an adsorbed protein layer is 

exchanged with a different soluble protein with higher surface affinity, suggest a contact-time 
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dependence on desorption rate83–85. Additionally, desorption of protein is often, to some degree, 

irreversible, with some amount of protein remaining on the surface over timescales longer than the 

experiment, typically hours to days65,86,87. Studies employing techniques sensitive to the 

conformation of surface bound protein suggested this long-lived species contained unfolded 

protein50,67. Alternatively, investigations of chromatographic stationary phases implicated lateral 

surface heterogeneity on long lived adsorbed species, which can be reduced through chemical 

passivation29,88,89. 

 Dynamic single-molecule (SM) fluorescence methods enable simultaneous quantification 

of protein adsorption and desorption at interfaces without ensemble averaging90–93. Notably, these 

measurements observe a majority of proteins reside on the surface for hundreds of milliseconds94, 

indicating exchange between the bulk and interface is highly dynamic. Additionally, the 

distributions of residence times suggest heterogeneous barriers to desorption38,94, and SM methods 

have implicated surface heterogeneity95,96, aggregation state96,97, and protein conformation63 on 

long-residing protein. Together, SM experiments have been invaluable for the unambiguous 

determination of adsorption and desorption dynamics of proteins at interfaces. 

1.1.2 Diffusion 

 Interfacial diffusion of proteins, as well as small molecules, polymers, and surfactants, is 

essential for understanding fundamental technologies such as tribology98, self-assembly99, and 

chromatography100. As with adsorption and desorption, diffusion has traditionally been studied 

using ensemble-averaged, macroscopic techniques, including fluorescence recovery after 

photobleaching36,101,102. More recent work by the Schwartz group and others employing widefield 

SM particle tracking demonstrated proteins, polymers, and fluorophores undergo bulk-mediated 

diffusion at bare and functionalized silica-water interfaces38,61,103. This involves desorption, 
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subsequent three-dimensional random walk in the adjacent solution, followed by readsorption, as 

the primary mode of transport at solid-liquid interfaces104. Notably, bulk-mediated diffusion 

enables efficient searching of the surface compared to two-dimensional random walk confined to 

the interface105, which is important for the efficiency of interfacial self-assembly, heterogeneous 

catalysis, and sensing.   

 Bulk-mediated diffusion at the solid-liquid interface can be described as a continuous time 

random walk were adsorbates exhibit variable waiting times and step sizes106. Notably, single-

molecule tracking enables direct measurements of the distributions of both waiting times and step 

sizes, the latter being a distribution of “flights” in the adjacent bulk solution107. Flight-length 

distributions represent the number of collisions between the protein and the surface and the 

probability of readsorption with each collision (i.e. sticking coefficient)38. Since readsorption 

represents a competition between adsorbate and solvent, flight-length distributions of small 

molecules can be controlled by tuning the composition of the solvent, as with reverse phase 

chromatography45, although this method of control is not compatible with many protein systems. 

Alternatively, flight-length distributions may be controlled with nanoscale topography of the 

surface, creating physical barriers to long flights108. Waiting-times represent a measurement of the 

energy barriers of desorption, and power-law distributed waiting times have been observed in a 

variety of contexts, indicating significant heterogeneity in the energy barriers to desorption38,61,103.   

1.1.3 Conformation 

The first reports of the loss of enzyme function at interfaces were made nearly one-hundred 

years ago109 and were soon after attributed to changes in enzyme conformation110. Since these 

early reports, surface-induced protein denaturation has been implicated in many technological 

challenges, including the loss of immobilized enzyme activity111, sensor sensitivity112, and the 
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safety of protein-based therapeutics27. Therefore, understanding the mechanisms of protein 

denaturation at interfaces, as well as the particular physical and chemical properties of surfaces 

that lead to protein denaturation are of significant interest. 

The precise, three dimensional conformation of proteins have been determined in atomistic 

detail using x-ray crystallography113, cryo-electron microscopy114, and nuclear magnetic 

resonance115, although these methods are generally incompatible with proteins at solid-liquid 

interfaces. Other biophysical methods, such as fluorescence116 and circular dichroism117, can be 

used to monitor protein structure loss in micro- and nanoparticle suspensions, although 

interpretation is complicated by the protein remaining in solution and significant light scattering. 

Therefore, methods sensitive to protein only at an interface, such as Fourier transform infrared 

attenuated total reflection spectroscopy118, total internal reflection fluorescence119, and surface 

plasmon resonance120 have been invaluable in measuring the kinetics of protein structure loss at 

interfaces and identifying surfaces that limit protein unfolding.  

Studies of the kinetics of protein structure loss at interfaces generally observe transitions from 

mostly folded to mostly unfolded protein over minutes to hours, which has been attributed to 

relaxation of adsorbed protein layers over these timescales39,82,121. While this is reasonable and 

represents the simplest explanation of the observation, alternative interpretations are possible. For 

example, rapid exchange of protein between the surface and solution and a higher affinity between 

unfolded protein and the surface could result in the surface acting as a collector of unfolded protein 

from solution94. While this interpretation is more complex and speculative, it is consistent with a 

more dynamic picture of proteins at interfaces as suggested by observations of the Vroman effect84. 

Lastly, these measurements are insensitive to surface heterogeneity, which has been indirectly 

implicated protein unfolding at chromatographic interfaces88,89,122. 
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Recent developments in single-molecule methods enable the direct observation of protein 

structure at interfaces without ensemble averaging. Notably, single-molecule studies of 

organophosphorous hydrolase on fused silica observed a majority of unfolding events occurring 

within one second of adsorption. Additionally, a majority of unfolded protein readily desorbed, 

suggesting surfaces may be a source of unfolded protein in solution63. Single-molecule 

measurements of peptide conformation on functionalized fused silica surfaces demonstrated a 

dependence of conformation on underlying surface chemistry and further implicated surface 

heterogeneity in surface-induced protein unfolding95.  

1.2 Approaches of Enzyme Immobilization 

Enzyme immobilization facilitates recycling of the otherwise soluble catalyst59, makes enzyme 

catalysis compatible with various sensing modalities12, and, in some cases, imparts additional 

enzyme stability123. Given the diverse applications of immobilized enzymes, equally diverse 

approaches for enzyme immobilization have been developed. For example, in amperometric 

sensing of glucose, glucose oxidase is immobilized on the surface of an electrode, enabling facile 

quantification of glucose in whole blood14,124. In the preparation of lipases, an important industrial 

catalyst, immobilization and crude purification are combined to simplify production and reduce 

costs125. In biomaterials, protein signals are desired at low concentration to direct wound healing 

and, importantly, misfolded protein at low concentrations may cause a deleterious host 

responses126.  

While these examples highlight the different engineering and design requirements for 

applications of immobilized enzymes, in all cases high stability is desired6. High operational 

stability of industrial biocatalysts enables long operational lifetimes2 and enables operation at 

elevated temperatures, resulting in higher catalytic rates, increased substrate solubility127, reduced 
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probability of microbial contamination128, and reduced feed viscosity5. In biosensing, the response 

of the sensor must be consistent and robust against chemical denaturation due to the wide variety 

of sample matrices in which detection is desired13. In cell culture and tissue engineering, cellular 

responses may occur over days, and protein signals must remain active over these timescales129.  

1.2.1 Adsorption 

 Perhaps the most common approach for immobilization of lipases, an industrially 

important class of enzymes which catalyze the hydrolysis of fatty acid esters, is adsorption130. 

Several industrially employed examples of immobilized lipase employ microporous, hydrophobic 

plastic supports to which lipases spontaneously adsorb125. The high affinity of lipases to the 

hydrophobic supports enable direct immobilization from industrial fermentations, combining 

somewhat crude purification with immobilization, as done with Candida antarctica lipase B131. 

Fortuitously, increases in thermostability, as measured indirectly as an increase in activity 

retention over time at elevated temperatures or in non-aqueous solvents, have been observed for 

Bacillus thermocatenulatus, porcine pancreas, and Pseudomonas fluorescens lipases adsorbed to 

hydrophobic supports125,130,132. Additionally, the activity per enzyme has increased upon 

immobilization to hydrophobic supports for several lipases, including Rhizomucor miehei and 

Candida rugosa lipases, upon adsorption132–134. This so called “interfacial activation” is typically 

ascribed to the stabilization of an “open” conformation, where an aliphatic domain near the active 

site no longer hinders substrate binding135–137.  

Despite the advantages of immobilization by adsorption, the reversibility of 

immobilization results in leaching of enzyme from the support and subsequent loss of activity43,138. 

In drug delivery, desorption is desired and, therefore, proteins are often immobilized by adsorption 

to porous carriers, including mesoporous silica, for controlled release139,140. Notably, significant 
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increases in thermostability has been reported for proteins within mesoporous silicas and other 

supports with a confining dimension on the order of the size of an individual protein141,142. This 

thermodynamic stabilization can be well modeled as a reduction in unfolded-state entropy, the 

primary thermodynamic penalty of protein folding143–145. In applications were desorption is 

undesired, as with lipase biocatalysts, co-deposition of enzymes with polysiloxanes146 and 

polyethylenimine147 reduced enzyme leaching, thereby improving catalyst longevity.  

1.2.2 Entrapment 

Entrapment typically involves polymerization of a gel around an enzyme. Notably, as with 

confinement of protein within mesoporous solids, entrapment can result in significant enzyme 

stabilization with minimal leaching. Stabilization by entrapment within silica sol-gels has been 

achieved with numerous enzymes, including model systems with catalase, peroxidase, and trypsin, 

as well as systems of applied biocatalysis and biosensing using lipases and glucose oxidase148–150. 

In addition to gelation, DNA nanoassemblies151, polyurethane foams152, and agarose153 have been 

employed for entrapment and stabilization of several enzymes. Presumably, stabilization is due to 

confinement, as with adsorption within mesoporous silicas. However, significant differences in 

enzyme stability with modification of sol-gel chemistry have been observed, indicating other 

interactions between the protein and support also significantly influence stability154–156. Although 

significant stabilization of immobilized enzymes has been observed, a major disadvantage of 

entrapment is hindered substrate and product transport43,157. Additionally, even in examples where 

enzyme stabilization occurs, typically less than 10% of the enzyme remains active after 

immobilization, indicating significant protein unfolding during the immobilization process152,158. 

Therefore, entrapment is typically employed where high stability, rather than overall activity, is 

desired.  
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1.2.3 Carrier-Free Approaches 

 Carrier-free approaches to enzyme immobilization most often consist of crosslinked 

enzyme crystals and aggregates (CLECs and CLEAs, respectively)146,159,160. These involve 

crystallization or aggregation of an enzyme while preserving activity, followed by crosslinking, 

although several protocols have combined both steps59,161. Notably, exceptional stability against 

chemical denaturants, solvents, surfactants, and elevated temperatures have been reported with 

carrier-free immobilization of lipases7,162. Additionally, carrier-free approaches sometimes 

combine immobilization and purification through a crude, selective precipitation of the target 

enzyme from cell culture media, which often simplifies preparation146. While CLECs and CLEAs 

have been employed successfully in industry for several enzymes, including Rhizomucor miehei 

lipase, identification of conditions to aggregate or crystalize protein while retaining activity 

requires empirical screening and have not identified for many enzymes59. Additionally, as with 

entrapment, reduced activities due to diffusional limitations and poor activity retention is observed 

and, therefore, carrier-free immobilization approaches are also employed when high stability, 

rather than activity, is desired163.  

1.2.4 Covalent Conjugation 

 Covalent immobilization of enzymes prevents leaching and can reduce mass transport 

limitations associated with immobilization by adsorption, entrapment, and carrier-free approaches. 

Typically, reactive groups are introduced on the support surface, such as epoxides or aldehydes, 

which randomly react with enzyme surface groups, resulting in a monolayer of immobilized 

enzyme21,123,164. While there are numerous reports of immobilization using this approach, 

immobilization with significant activity retention and stability requires an empirical, trial-and-

error to identify support surfaces, chemistries of attachment, and solution conditions for successful 
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immobilization59,165,166. Therefore, numerous support chemistries, including hydrophilic agarose 

gels167,168, hydrophobic cross-linked polymers123,169, and polyelectrolytes170,171, have been 

investigated.  

Additionally, the means of covalent attachment can affect the stability of an immobilized 

enzyme.123,168,172 In cases where attachment to native sites on the surface on the enzyme causes 

inactivation, control of the location of the attachment has been achieved through genetic methods, 

including incorporation of a unique thiol-containing cysteine22,52,173, target peptide sequence for 

enzyme-mediated post-translational modification174–176, or biorthogonal non-natural amino 

acids177–179. Additionally, attachment to a reactive group on the enzyme near the active site can 

prevent substrate access and, therefore, bulky substrates and substrate analogs have been added to 

immobilization reactions to sterically inhibit covalent attachment at locations close to the active 

site180. Changes in solution pH and temperature can also be used to favor attachment to particular 

reactive groups. This has been employed to preferentially immobilize enzymes via the N-terminus, 

which often exhibits a different 𝑝𝐾𝑎 than primary amines found on lysine residues181,182.   

1.3 Single-Molecule Fluorescence at Solid-Liquid Interfaces 

  Fluorescence methods rely on the adsorption of light by fluorophores, typically conjugated 

aromatic molecules, which emit red shifted light with a high efficiency183. The difference in 

wavelength between excitation and emitted light (i.e., Stokes shift), combined with the high 

brightness (the product of adsorption coefficient and the quantum yield) enable detection of these 

molecules at low concentration184. This low detection limit, combined with many strategies for the 

conjugation of fluorophores to biomolecules, has made fluorescence methods widespread in the 

life sciences.  
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1.2.1 Total Internal Reflection Fluorescence Microscopy 

In fluorescence microscopy, fluorophores are excited with a high intensity and images are 

generated by wavelength dependent filtering of red shifted emission collected by the objective of 

a microscope. There are numerous illumination geometries available depending on the 

application185. The goal of many illumination strategies is to limit excitation to a small volume 

within the focal plane of the objective, reducing emission of fluorophores that do not contribute to 

the focused image, therefore, reducing the background186.  

On approach to limit background and only excite fluorophores near a solid-liquid interface 

is total internal reflection fluorescence microscopy (TIRFM). In this geometry, excitation light, in 

the form of a focused laser, is incident on the interface at an angle greater than the critical angle, 

as shown in Figure 1-1 for prism-based TIRFM. Excitation light does not propagate into the 

adjacent liquid, but forms an exponentially decaying evanescent wave with intensity at a given 

distance normal to the interface, 𝑧, given by: 

𝐼(𝑧) = 𝐼0𝑒−𝑧/𝑑 

The characteristic distance, 𝑑, depends on the index of refraction of the solid and liquid, 𝑛𝑠 and 

𝑛𝑙, respectively,  the wavelength of incident light, 𝜆, and the angle of incident light relative to the 

surface normal,  𝜃, and is approximately 83 nm for 491 nm light incident at the fused silica-water 

interface at 75º from the surface normal187.  

𝑑 =
𝜆

4𝜋√𝑛𝑠
2 sin2(𝜃) − 𝑛𝑙

2
 

Notably, this significantly reduces the background from fluorophores in solution, enabling 

localization and tracking of single-molecules at the interface.  
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Figure 1-1: Prism-Based TIRFM. Laser excitation is incident on the sample at an angle greater than the 

critical angle and, therefore, does not propagate into the solution. Excitation occurs by an evanescent wave 

within approximately 100 nm of the surface. 

  

1.2.2 Förster Resonance Energy Transfer 

 Förster resonance energy transfer (FRET) is the non-radiative energy transfer from a donor 

fluorophore to an acceptor fluorophore, where the emission spectrum of the donor and adsorption 

spectrum of acceptor overlap188. The energy transfer occurs over distances between 1 and 10 nm 

and the efficiency of energy transfer from donor to acceptor, 𝐸, given a donor-acceptor separation, 

𝑟, is: 

𝐸 =
𝐼𝐴

𝐼𝐷 + 𝐼𝐴
=

1

(1 + (
𝑟

𝑅0
)

6

)
 

Where 𝐼𝐴 and 𝐼𝐷 are the intensity of acceptor and donor emission, respectively, and the constant, 

𝑅0, depends on the emission spectrum of donor, excitation spectra of acceptor, the index of 
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refraction of the medium between fluorophores, and the orientation between fluorophores189. The 

rotation of donor and acceptor fluorophores are often assumed to be rapid enough such that 

random, isotropic averaging is achieved over the fluorescence lifetime of the donor190.  

The utility of FRET in many biophysical applications comes from the strong distance 

dependence of energy transfer. Accurate distance measurements of, for example, conformational 

changes in peptides, proteins, and DNA have been achieved with FRET191. While the parameter 𝐸 

is often reported in biophysical methods, there are several parameterization of FRET data in the 

published literature. A useful approach is the relative distance parameter, 𝑑, which is defined as: 

𝑑 = (
𝐼𝐷

𝐼𝐴
)

1
6
 

The parameter 𝑑 is proportional to the absolute distance between fluorophores by  𝑅0 and is 

therefore useful when comparing relative changes in fluorophore-fluorophore distance. 

One design strategy for conformationally sensitive, FRET-active proteins is to covalently 

attach donor and acceptor fluorophores at proximal sites on the solvent-accessible surface of the 

folded state and far apart in the primary sequence192. Therefore, the folded state is observed with 

high energy transfer (low 𝑑) while unfolded states have a greater average fluorophore-fluorophore 

distance and, therefore, significantly decreased energy transfer (high 𝑑). Importantly, 

determination of protein conformation with FRET requires the site-specific labeling of donor and 

acceptor fluorophores at known locations on the surface of the protein, enabling interpretation in 

changes in fluorophore-fluorophore distance as changes in protein structure193. Fortunately, there 

have been significant development of bioconjugation strategies for fluorophore labeling of 

proteins.  
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1.2.3 Site-Specific Bioconjugation of Fluorophores for FRET 

Site-specific conjugation of donor and acceptor fluorophores has been achieved through 

numerous methods, including genetic fusion with fluorescent proteins189, enzyme-directed post-

translational modification176, and non-natural amino acids (NNAAs)194. Fusion with fluorescent 

proteins has been invaluable when FRET-labeling intracellular proteins in living cells, however, 

challenges arise from the large size of fluorescent proteins and the relatively low photostability 

compared to modern chemical fluorophores189. Enzyme-directed post-translational modifications, 

including sortase and lipoic acid ligase mediated approaches, require incorporation of enzyme 

recognition sequences, typically 5-12 amino acids, within the protein without significantly altering 

stability, structure, or function174,176.  

NNAAs are increasingly employed due the large number of biorthogonal chemistries 

available and the requirement of only one amino acid insertion compared with fluorescent protein 

or enzyme-mediated approaches194. NNAA incorporation into recombinantly expressed protein in 

bacteria is achieved by additional expression of an engineered tRNA and tRNA synthetase pair195. 

The mutant tRNA synthetase specifically charges mutant tRNA with a NNAA supplemented into 

the cell culture medium. Typically, the mutant, aminoacyl-tRNA is complementary to the amber 

stop codon and outcompetes binding of the native release factor during protein synthesis in the 

ribosome196. This stop codon suppression effectively recodes the amber stop codon from peptide 

termination into the codon for a new, non-natural amino acid. Notably, mutant tRNA synthetases 

have been engineered to incorporate over three-hundred unique, non-natural amino acids, 

including biorthogonal “click-chemistries” and entire small-molecule fluorophores. However, 

non-natural amino acids have limited efficiency of incorporation due to premature peptide 

termination from native release factors. Therefore, significant improvements, including genome 
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engineering of expression organisms to remove the native release factor, were required to 

incorporate multiple non-natural amino acids into one protein197. 

1.4 Objectives 

The objective of this work was to investigate protein dynamics at solid-liquid interfaces 

using single-molecule methods to better understand the technological challenges involving 

enzymes at interfaces and improve methods for enzyme immobilization. To that end, three specific 

aims were addressed in this work.  

1. Identify a dynamic molecular mechanism of protein unfolding at silica-water interfaces 

2. Engineer strategies for enzyme immobilization that preserve the folded, active 

conformation 

3. Control the conformational dynamics of immobilized enzymes to improve stability 

1.4.1 Identify a dynamic molecular mechanism of protein unfolding at silica-water 

interfaces 

 

In the first specific aim, single-molecule particle tracking combined with FRET was used 

to identify a dynamic mechanism of protein unfolding at a solid-liquid interface.  These single-

molecule methods enabled the observation that folded enzymes rapidly explored the surface via 

bulk-mediated surface diffusion before encountering sparsely distributed, nanoscale surface 

features, upon which the enzyme rapidly unfolded. Notably, passivation of the intensity and 

frequency of these surface features by site blocking did not significantly hinder protein unfolding 

due to the efficiency of this interfacial search process.  

1.4.2 Engineer strategies for enzyme immobilization that preserve the folded, active 

conformation 
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 With this molecular understanding of protein unfolding, we sought the design of an enzyme 

immobilization strategy which both reduced surface heterogeneity and inhibited searching of the 

surface. To that end, we employed dense polymer brush surfaces as the immobilization support to 

inhibit interaction between enzymes and the underlying solid. To both facilitate immobilization 

and prevent searching, reactive moieties were incorporated into the brush matrix to rapidly and 

irreversibly tether the enzyme. Notably, significant activity retention was observed for lipase A 

from Bacillus subtilis (lipA), an important enzyme for industrial catalysis, suggesting that little to 

no surface induced unfolding occurred. Interestingly, we observed a significant increase in the 

elevated temperature stability of immobilized lipA on polymer brushes composed of zwitterionic 

poly(sulfobetaine methacrylate) relative to the same enzyme on poly(poly(ethylene glycol) 

methacrylate), two common polymers employed on biologically interfacing materials. Single-

molecule observations of lipA dynamics demonstrated that this difference in stability was due to 

reduction in the temperature dependence of folding and unfolding rate constants of on the 

stabilizing support. Interestingly, this difference in stability between supports, where the 

zwitterionic polymer appeared stabilizing, was also observed for the lipase from Rhizomucor 

miehei, but not for Candida antarctica lipase B or Candida rugosa lipase, and therefore, 

stabilization by zwitterionic supports was not universal. Future work will attempt to relate 

structural properties of an enzyme and chemical properties of these polymer brush supports to gain 

predictive capability to enzyme stabilization by immobilization. 

1.4.3 Control the conformational dynamics of immobilized enzymes to improve stability 

 

 Due to the stabilizing interactions between the zwitterionic polymer brush support and 

immobilized lipA, we hypothesized that multipoint covalent immobilization (MPCI), attachment 

of the enzyme to the support at multiple locations on the enzyme surface, would further stabilize 
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the enzyme. Increased numbers of attachments per enzyme increased both the activity retention of 

immobilized lipA at elevated temperatures and the temperature optimum of activity, both 

suggestive of enzyme stabilization. Single-molecule measurements of immobilized lipA showed a 

dramatic decrease of the rate of unfolding, demonstrating that increasing the number of 

attachments per enzyme increased the free energy barrier(s) to unfolding. Additionally, increasing 

number of attachments per enzyme reduced the thermally driven fluctuations of unfolded enzyme, 

and therefore, the conformational entropy of the unfolded state, a major thermodynamic penalty 

for protein folding, was identified as a potential source of thermodynamic stabilization by MPCI. 

Lastly, increasing number of covalent attachments significantly decreased thermally driven 

fluctuations in the folded state, which corresponded to decreases in the specific activity of 

immobilized enzyme. Therefore, stabilization of enzymes by MPCI represented a tradeoff between 

high temperature stability and activity by restricting structural dynamics required for catalysis.   
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2.1 Abstract 

Surface-induced protein denaturation has important implications for the development of 

materials that are resistant and/or innocuous to biomolecules. Here, we studied the mechanism of 

lysozyme (T4L) unfolding on fused silica (FS) using single-molecule methods that provided direct 

insight into the cause of denaturation. Unfolding of T4L was monitored by Förster resonance 

energy transfer while simultaneously tracking the adsorption, diffusion, and desorption of 

individual molecules at the solid−solution interface. Results of high-throughput single-molecule 

analysis suggested that the unfolding of T4L on FS was mediated by surface diffusion and occurred 

on isolated nanoscale sites, which were relatively rare and distinct from the majority of the surface. 

These observations suggest that surface-mediated protein unfolding is a search process that is 

based on the exploration for denaturing sites by the protein. Ultimately, these findings have 

important implications for the design of protein-compatible surfaces. 

Keywords: Single-molecule tracking, Förster resonance energy transfer, Total internal reflection 

fluorescent microscopy, Particle Adsorption, Protein-surface interactions, Interfacial protein 

diffusion, Surface heterogeneity 

2.2 Introduction 

Many biotechnology applications require that bio- molecules retain biological function in 

the presence of a surface or within a high surface area material.1 However, proteins are often 

observed to adopt non-native conformations and reduced activity in these environments.2 While 
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such observations are ubiquitous, the causal mechanisms, and certainly the specific dynamic 

mechanisms that lead to changes in conformation and activity, remain elusive and a matter of 

speculation.3 This issue is of direct relevance, for example, to the efficacy and safety of protein-

based vaccines, sensitivity and specificity of biosensors, catalytic efficiency of immobilized 

enzymes, and biological response of implantable scaffolds, which may all be significantly 

impacted by protein or enzyme unfolding upon contact with natural or synthetic materials.4−6 From 

a practical perspective, there is a particular interest in identifying and understanding the salient 

physicochemical features of a surface that induce protein unfolding.  

The mechanistic understanding of protein unfolding on surfaces has been limited by the 

availability of methods to resolve protein structure at the solution−solid interface. Traditional 

biophysical techniques (e.g., circular dichroism, fluorescence, FTIR, NMR, crystallography) are 

sometimes challenging to apply to interfacial systems (e.g., due to poor signal/background ratios)7 

and, when used, often lead to data that are difficult to interpret because they provide ensemble- 

averaged information about highly heterogeneous systems.8 As a result, conventional approaches 

to monitor changes in protein structure on surfaces have often entailed the use of indirect 

measurements from which structure must be inferred using ad hoc parametric theoretical models. 

For example, structural changes are often inferred from measurements of protein adsorption, 

including the total amount of adsorbed protein, as well as surface elutability.9,10 From these 

measurements, the average conformation of the adsorbed protein is reported to “relax” over 

minutes to hours, presumably due to the presence of irreversibly bound protein molecules.11,12 In 

general, the (sometimes unarticulated) models and assumptions used to interpret these 

measurements ignore or minimize the potential for various types of spatial, dynamic, and/or 

population heterogeneity in the system being studied.3,8 While this is understandable in the absence 
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of direct knowledge about the types of heterogeneity (and represents a way to minimize the number 

of undetermined parameters), this “top-down” approach has the unfortunate potential to be vastly 

over- simplified or even completely incorrect. For example, such approaches generally neglect the 

potential for dynamic exchange of unfolded as well as folded protein molecules between the 

surface and bulk solution, leading to a situation where the apparent relaxation may, in fact, be the 

result of differences in surface residence times of the folded and unfolded species.13 Moreover, in 

cases where conventional ensemble-averaging methods for monitoring structure are used (i.e., to 

measure protein structure on the surface of nanoparticles),14 the exact mechanism of unfolding 

cannot be determined from the average measurement of conformation alone. Additionally, 

traditional ensemble-averaging methods are completely insensitive to spatial heterogeneity, and, 

therefore, the analysis of these measurements generally assumes that the surface is 

homogeneous.15,16  

We previously reported an approach to monitor protein unfolding in near-surface 

environments using single-molecule intramolecular Förster resonance energy transfer (smFRET), 

which involves high-throughput smFRET imaging of individual protein molecules using total 

internal reflection fluorescence microscopy (TIRFM).17 A key aspect of this approach is site- 

specific attachment of donor and acceptor fluorophores, which allows one to directly relate 

fluctuations in smFRET efficiency to changes in protein structure. Notably, using this approach, 

changes in conformation can be directly correlated with other dynamic phenomena - such as 

adsorption, diffusion, and desorption - by tracking 104−106 molecules and performing large-scale 

multivariate computational analyses. Using related methods to study helical peptides, we showed 

that, in addition to making connections with adsorption and desorption, molecular conformation 

can also be correlated with spatial heterogeneity (e.g., of surface chemistry).18  
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Herein, smFRET−TIRFM was used to investigate the molecular mechanism of protein 

unfolding at the solution-solid interface using lysozyme as a model protein. Specifically, the 

unfolding of T4 bacteriophage lysozyme (T4L) on fused silica (FS) was studied with the goal of 

identifying relevant factors, such as spatial heterogeneity, that lead to unfolding on surfaces. 

Notably, silica is widely used as a material for the storage of therapeutic proteins,19 

chromatography resin for protein purification,20 protein immobilization,21 and implantable 

biomaterials,22 underscoring the importance of understanding protein adsorption and denaturation 

on FS. To enable smFRET, T4L, a well-established model protein for studying protein-surface 

interactions,23−25 was site-specifically labeled via engineering a unique cysteine and incorporation 

of the unnatural amino acid p-azidophenylalanine (AzF). Our results suggest a novel paradigm for 

the mechanism of protein unfolding on surfaces and provide new insights into strategies for 

preventing surface-induced protein unfolding. 

2.3 Results 

2.3.1 smFRET Signatures of Folded and Unfolded Adsorbed T4L   

 

For smFRET analysis, the cysteine-free, pseudo-wild-type construct T4L C54T/C97A 

(T4L WT*) was used, which is similar in structure and stability to native T4L26 and, like native 

T4L, lacks disulfide bonds. The T4L WT* construct was labeled with donor (dibenzocyclooctyne− 

Alexa Fluor 555) and acceptor (maleimide−Alexa Fluor 647) fluorophores via mutation of Tyr at 

position 139 and Asp at position 61 to AzF and Cys, respectively. To replace Tyr at position 139 

with AzF, the amber stop codon (TAG) was introduced at this site in T4L WT*, which was 

subsequently coexpressed with orthogonal tyrosyl−tRNA/tRNA synthetase from Methanococcus 

jannaschii.27 These residues were carefully chosen based on solvent exposure and lack of side 
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chain interactions with neighboring residues, which may perturb conformation and stability if 

disrupted. As anticipated, differences in the structure of T4L WT* D61C/Y139AzF (referred to as 

T4LFRET) were minimal as determined by circular dichroism (Figure C-3). Moreover, as 

confirmation that the FRET signature of the labeled construct was sensitive to changes in 

conformation, changes in FRET were monitored in solution upon addition of denaturant (Figure 

C-4). 

Labeled T4LFRET was diluted to a concentration suitable for single-molecule detection (1.0 

× 10−10 M) and subsequently exposed to a clean FS surface in a flow cell at room temperature. 

Molecules at the solution-solid interface were illuminated using 532 nm light via total internal 

reflection and subsequently imaged in spatially aligned, but spectrally distinct, channels to capture 

donor and acceptor emission intensities. The conformation of labeled T4LFRET was parametrized 

using the relative fluorophore-to-fluorophore distance 𝑑 = (
𝐹𝐷

𝐹𝐴
)

1/6

, where 𝐹𝐷 and 𝐹𝐴 are the 

emission intensities of the donor and acceptor, respectively. Changes in d, which is approximately 

proportional to the absolute distance between labels, provide direct information about changes in 

the folding state (i.e., tertiary structure). Notably, only molecules that yielded fluorescence 

emission in both the donor and acceptor channel at some point during the trajectory were included 

in the FRET analysis. This criterion allowed us to exclude molecules lacking a functional acceptor 

label. While this filtering could potentially remove properly labeled protein molecules in 

sufficiently extended conformations, it is unlikely that molecules would adopt this conformation 

over the entire trajectory. As evidence of this, the denatured state of the protein was modeled using 

a two- and three-dimensional random walk model,28 which predicted that the fraction of molecules 

with unmeasurable acceptor intensity (with greater than ∼9 nm end-to-end distance between 

labeling sites) would be 13% and 2%, respectively. Furthermore, the elimination of properly 
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labeled molecules that lacked acceptor emission over the entire trajectory would not alter the 

analysis of unfolding. 

To classify individual molecules based on folding state, the distribution of the time-average 

d value for all molecules upon adsorption was analyzed (Figure C-5). From this analysis, we found 

that surface-adsorbed molecules existed predominately in two distinct states, which were labeled 

as folded (low-d) or unfolded (high-d). This was evident by the presence of two primary 

populations that had midpoint values of d = 0.85 and d = 1.27, which corresponded to values of 

FRET efficiencies of 0.73 and 0.19, respectively. The low-d and high-d states could be attributed 

to folded and unfolded states based on solution FRET measurements of the native and denatured 

states of the protein. In solution, the d value for the native and denatured states closely matched 

the midpoint values for the low-d and high-d states, respectively, for surface-adsorbed molecules 

(Figure C-4 and Figure C-5). Based on this, a critical threshold for d (≤1.05), corresponding to the 

minimum probability between the observed populations, was assigned as a cutoff for 

distinguishing folded from unfolded molecules as well as, importantly, identifying conformational 

transitions upon surface adsorption of protein molecules. 

2.3.2 Connecting molecular trajectories and conformation 

 

The dynamics of T4LFRET unfolding on FS was directly connected to the diffusive motion 

of individual protein molecules using molecular tracking. Specifically, surface trajectories for all 

individual molecules on FS were examined, and each trajectory step was assigned a conformation 

using the criteria described above to distinguish folded from unfolded states. This analysis 

indicated that the diffusive motion of T4LFRET on FS was qualitatively consistent with the 

intermittent diffusion observed previously for other molecules, including proteins, nucleic acids, 
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surfactants, and small-molecule dyes.29 Specifically, T4LFRET trajectories exhibited periods of 

immobilization/confinement interspersed with flights (Figure 2-1A), some of which were quite 

long. Our previous work showed that these flights were consistent with the theoretically predicted 

desorption-mediated diffusion process, in which a molecule desorbs into the near-surface 

environment, executes a rapid three-dimensional random walk (“hop”) in the aqueous phase, re-

encounters the surface where it may readsorb, potentially repeating this process until readsorbing 

at the end of a “flight” (which may consist of multiple “hops”). This type of motion incorporates 

long surface displacements, allowing a molecule to efficiently “search” large surface regions to 

identify sparse target sites. This type of transport has been described mathematically using a 

continuous time random walk formalism, which incorporates “waiting- time” and “flight-length” 

distributions as generalizations of a simple random walk, which involves constant step sizes and 

constant waiting times.29 The distribution of waiting times is representative of the energy barrier(s) 

for desorption, and the step-size distribution is mainly determined by the readsorption probability 

(i.e., the sticking coefficient).29 

By segmenting the surface trajectories by folding state, the connection between this 

intermittent surface diffusion and conformation for T4LFRET on FS was directly observed. 

Interestingly, we found that, for >95% of unfolding events, the protein unfolded within the first 

frame after readsorption, coinciding with the start of a waiting time (Figure C-6). Since protein 

unfolding is rapid, it was expected that the molecules would unfold within the acquisition time of 

the camera; however, it is remarkable that unfolding almost universally correlated with 

readsorption after a flight. While the ensemble unfolding of lysozyme in solution has been shown 

to be much slower than the time scale measured here (i.e., on the order of minutes), these unfolding 

times are representative of the rate of change of the relative fraction of folded and unfolded 
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molecules, rather than the transition of an individual molecule from folded-to-unfolded state. The 

unfolding time scale for the lysozyme in our studies is consistent with that shown for other proteins 

in single-molecule unfolding experiments.30 

One hypothetical explanation for this observation is that unfolding occurred randomly upon 

readsorption, regardless of the nature of the adsorption site. Although this cannot be ruled out a 

priori, it is difficult to reconcile this hypothesis with the observation that proteins almost never 

unfolded during waiting periods. An alternative hypothesis is that protein molecules unfolded upon 

encountering unique surface sites, distinct from the majority of the surface, which favored 

interactions with the denatured state of the protein. This hypothesis essentially posits the existence 

of anomalous denaturing sites and mathematically equates surface-mediated unfolding to a search 

process in which an adsorbed protein explores the surface to “find” a denaturing site (Figure 2-1B). 

In the case of FS, anomalous sites have been previously observed8 and may be due to a variety of 

nanoscale chemical and/or physical factors, including heterogeneous surface density of silanol and 

siloxane groups,31 varied orientations of surface moieties,32 or topographical variations (i.e., 

roughness).33 Given the inherent spatial heterogeneity associated with virtually all surfaces, we 

felt that the latter “denaturing site” hypothesis was intuitively reasonable and, therefore, tested this 

hypothesis via systematic passivation of the hypothetical denaturing sites. 
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Figure 2-1. Molecular surface trajectories for T4LFRET on FS as a function of conformation. (A) Thirty-six 

randomly selected surface trajectories of labeled T4LFRET that undergo unfolding in the presence of 7.0x10-

8 M unlabeled T4L WT*. Black and red segments of the trajectories represent folded and unfolded portions 

of each trajectory, respectively. The scale bar represents 5 μm. (B) Proposed model of surface-induced 

unfolding of T4LFRET on anomalous denaturing sites on FS. 

2.3.3 Protein coverage influences surface heterogeneity 

 

To test the hypothesis that spatial heterogeneity was a source of surface-mediated protein 

unfolding, the heterogeneity of FS was controlled by varying protein surface coverage. 

Specifically, we hypothesized that increased protein surface coverage would passivate putative 

denaturing sites, resulting in decreased surface heterogeneity. Systematically increasing 

concentrations of unlabeled T4L WT* were added to labeled T4LFRET, the concentration of which 

was held fixed to facilitate single-molecule localization and tracking. Surface coverages were 

estimated from the ratio of labeled-to-unlabeled protein, the approximate footprint of T4L WT*, 

and the number of surface- adsorbed molecules. For estimating the footprint of T4L WT*, a “side-
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on” orientation and rectangular projection with a width (3 nm) and length (4 nm) using the 

maximum dimensions measured in the crystal structure (PDB 1L63)34 was used. The lowest 

concentration (1.0 × 10−10 M labeled T4LFRET with 0 M unlabeled T4L WT*) corresponded to a 

fractional surface coverage of 2 × 10−6, while increased concentration conditions (5.0 × 10−10 M 

labeled T4LFRET with 1.0 × 10−9, 5.0 × 10−9, and 7.0 × 10−8 M unlabeled T4L WT*) corresponded 

to surface coverages of 5 × 10−6, 2 × 10−5, and 2 × 10−4, respectively (Figure C-7). When low surface 

coverages were employed, sparse heterogeneous sites were passivated without significantly 

obstructing the bulk surface. 

To characterize the degree of surface heterogeneity in the presence of unlabeled T4L WT*, 

the density of strong adsorption sites was determined by spatial mapping using the motion blur 

point accumulation for imaging in nanoscale topography (mbPAINT) method35−37 as a function of 

protein concentration. As seen in Figure 2-2, the regions on the surface with anomalously high 

adsorption decreased in frequency with increasing amounts of unlabeled T4L WT* for the same 

number of randomly selected trajectories (∼47,000) at each concentration condition. To quantify 

this observation, strong adsorption sites were defined as regions upon which more than one protein 

molecule adsorbed over the course of an experiment. Given the low surface coverage, the 

probability of observing more than one adsorption event in the same 100 nm region of the surface 

was extremely low if adsorption was random.8 Using this definition, we found that the number of 

adsorption events per strong site decreased with increasing protein surface coverage (Figure C-8). 

Taken together, these results confirmed that, as protein surface coverage increased, even within 

the range of very low overall coverage, the apparent homogeneity of the surface also increased, 

which likely resulted in passivation of the denaturing sites. Notably, all data were collected within 
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the first 10 min of protein contacting the surface to minimize the effect of surface aging on protein 

adsorption behavior. 

 

Figure 2-2. Super-resolution mapping of surface adsorption of labeled T4LFRET on FS using mbPAINT for 

total protein concentrations (fractional surface coverages) of (A) 1.0x10-10 M (2x10-6), (B) 1.5x10-9 M 

(5x10-6), (C) 5.5x10-9 M (2x10-5), and (D) 7.1x10-8 M (2x10-4). Scale bars represent 10 µm. 

2.3.4 Surface heterogeneity influences surface-mediated diffusion and unfolding 
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The diffusion of T4LFRET on FS in the folded state was significantly altered by the 

passivation of strong adsorption sites. To quantify this change, we analyzed the distributions of 

waiting times and of step sizes as a function of increasing protein surface concentration/coverage 

(Figure 2-3). As protein surface coverage increased, the apparent number of long waiting times 

between hops decreased, suggesting that molecules underwent more frequent hopping motion. 

Specifically, the distribution of waiting times decayed more rapidly, as shown in Figure 2-3A. 

Over the range of measurable time intervals, each waiting-time distribution was well-described by 

a power-law function, consistent with the presence of a continuum of binding energies.38 The 

power-law exponent could therefore be used as a convenient parameter to describe the decay of 

this distribution. As shown in Figure 2-3A, the waiting-time distribution was broader at low protein 

coverage, corresponding to a power-law exponent of −2.1, and narrowed systematically with 

increasing surface coverage to an exponent of −2.9. Similarly, the probability of long flights 

increased significantly with protein surface coverage, as indicted by the systematic broadening of 

the step-size distribution (see Figure 2-3B). This indicated a lower probability of readsorption, 

consistent with the blocking of strong adsorption sites (and decreased surface heterogeneity),8 

resulting in flights comprising more hops. While consistent with the blocking of strong adsorption 

sites, the apparent decrease in waiting times and increase in step size led to enhanced surface-

mediated diffusion. 
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Figure 2-3. Distributions of (A) waiting times between hops and (B) step sizes between waiting 

times for folded T4LFRET on FS for total protein concentrations (fractional surface coverages) of 

1.0x10-10 M (2x10-6), 1.5x10-9 M (5x10-6), 5.5x10-9 M (2x10-5), and 7.1x10-8 M (2x10-4). Waiting 

times are offset by a factor of 1/10, 1/100, and 1/1000 for the 1.5x10-9 M, 5.5x10-9 M, and 7.1x10-

8 M concentrations, respectively. Slopes from power-law fits are shown in (a) for the highest and 

lowest concentrations. 

Given the enhancement in surface-mediated diffusion with the blocking of strong surface 

sites, one would expect increasing protein surface coverage to facilitate increased exploration of 

the surface prior to protein unfolding. This was investigated by comparing surface trajectories of 

folded molecules before unfolding as a function of protein surface coverage. Figure 2-4 shows 

randomly selected trajectories for molecules that adsorbed in the folded state and were folded for 

10 frames (1.0 s) before unfolding for the lowest and highest concentrations of added unlabeled 
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T4L WT*. As expected, the size of the surface trajectories increased qualitatively with increasing 

protein surface coverage, suggesting that denaturing sites were indeed passivated at the highest 

surface coverage. 

Given the enhancement in surface-mediated diffusion with the blocking of strong surface 

sites, one would expect increasing protein surface coverage to facilitate increased exploration of 

the surface prior to protein unfolding. This was investigated by comparing surface trajectories of 

folded proteins before unfolding as a function of protein surface coverage. Figure 2-4 shows 

randomly selected trajectories for molecules that adsorbed in the folded state and were folded for 

10 frames (1.0 s) before unfolding, for the lowest and highest concentrations of unlabeled T4L 

WT* that was added. As expected, the size of the surface trajectories increased qualitatively with 

increasing protein surface coverage, suggesting that denaturing sites were indeed passivated at the 

highest surface coverage.  
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Figure 2-4. Molecular surface trajectories for T4LFRET on FS prior to unfolding for (A) 1.0x10-10 M and (B) 

7.1x10-8 M total protein. Scale bars represent 500 nm. 

 

The increase in trajectory size was further quantified by constructing distributions of the 

Euclidean distance between the initial adsorption location and the eventual unfolding site (Figure 

2-5). Consistent with the qualitative trend indicated in Figure 2-4, these distributions broadened 

systematically and significantly with increasing protein surface coverage. Specifically, at the 
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lowest surface coverage, the distribution was characterized by a distinct peak centered at about 

200 nm, suggesting that the vast majority of proteins unfolded within ∼400 nm of their adsorption 

location. With increasing protein surface concentration, as denaturing sites were systematically 

blocked, the magnitude of this short-distance peak decreased dramatically, and the distributions 

developed broad tails extending out to at least 2 μm. These observations suggested a correlation 

between the blocking of strong adsorption sites and of denaturing sites, perhaps due to the fact that 

these sites actually coincided (Figure C-5). In any case, it is likely that the anomalous adsorption 

sites favor interaction with the unfolded protein. These findings ultimately support the hypothesis 

that protein unfolding is the result of a search process, which is mediated by intermittent diffusion 

and density of denaturing sites. 

 

Figure 2-5. Distribution of the length of surface trajectories prior to unfolding for T4LFRET on FS for total 

protein concentrations (fractional surface coverages) of (A) 1.0x10-10 M (2x10-6), (B) 1.5x10-9 M (5x10-6), 

(C) 5.5x10-9 M (2x10-5), and (D) 7.1x10-8 M (2x10-4). 
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2.4 Discussion  

Our results show that surface-induced protein denaturation and the dynamic interfacial 

behavior of proteins upon surface adsorption are tightly connected. This connection was elucidated 

using single-molecule methods, which uniquely permitted the direct observation of protein 

unfolding and interfacial dynamics at the solution-solid interface. Specifically, we found that 

protein unfolding on surfaces is analogous to a search process, which involves exploration of a 

surface that contains localized denaturing sites. Through exploring the surface via intermittent 

diffusion, the protein molecules probe local changes in chemical and physical properties of the 

surface that result from spatial heterogeneity, some of which stabilize the unfolded state of the 

protein. It should be noted that, in many areas, nanoscale heterogeneities are often intentionally 

introduced into materials, including, for example, the inclusion of nanoparticles and nanotubes 

within biomaterials for drug delivery, making the development of methods to characterize the 

interaction of proteins with such heterogeneities of critical importance.39−41 

In the case of FS, it is difficult to determine the exact nature or size of the heterogeneities 

that favor interactions with the unfolded state of T4LFRET upon readsorption. However, it is widely 

acknowledged that even carefully prepared FS substrates, such as those used herein, exhibit 

inherent chemical and topographical heterogeneities.8,31,32 Such surfaces, in particular, may consist 

of spatial differences in the density of hydrophobic siloxane and hydrophilic silanol moieties, 

resulting in regions with varying hydrophobicity. Based on this, we speculate that regions of 

increased siloxane density, and, therefore, increased local hydrophobicity, may represent sites that 

promote protein unfolding. These regions would presumably preferentially retain unfolded protein 

due to favorable hydrophobic interactions between the hydrophobic core of the protein and surface, 
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resulting in long residence times of the unfolded protein. Moreover, these sites would exhibit 

anomalously high adsorption due to weakly bound vicinal water, which reduces the barrier to 

adsorption.42 Alternatively, some denaturing sites may result from nanoscale surface defects, 

including topographical features (e.g., edge sites arising from surface roughness) to which protein 

binding is entropically stabilized.43 It is also plausible that the denaturing sites may have a different 

charge density then the rest of the surface. Additional negative charge at these sites could lead to 

enhanced adsorption of T4L, which is positively charged at the buffer conditions (pH 6.8) used in 

our experiments (the pI of T4L and FS is 9.8 and 3, respectively). Notably, it has previously been 

shown that FS surfaces may exhibit electrostatic heterogeneity, which supports this hypothesis.44 

Although the precise nature of the denaturing sites cannot be determined using the methods 

applied here, our findings have important implications for reducing protein denaturation on 

surfaces. While most strategies for preventing surface protein unfolding have focused on altering 

the overall hydrophobicity of a surface via a uniform coating process,45,46 the results presented 

here highlight the importance of reducing spatial heterogeneity. One approach to eliminate surface 

heterogeneity, and thus the frequency of denaturing sites on the surface, is to use blocking agents 

(e.g., protein or surfactant) as was used via the addition of unlabeled T4L WT*. This approach is 

akin to the use of bovine serum albumin in enzyme-linked immunosorbent assays to prevent 

nonspecific binding of proteins or biomolecules to unoccupied surface sites. While increasing 

homogeneity with increasing surface coverage (i.e., blocking) has been demonstrated in numerous 

applications, it is possible that, in actuality, increasing surface coverage decreases surface 

homogeneity. However, our results explicitly show the opposite is true for our experimental 

system, and that the surface becomes more homogeneous as a function of protein surface coverage. 



49 

 

Since the addition of soluble factors is not always appropriate, it may be desirable to 

chemically passivate strong sites with covalently bound blocking agents that display protein-

resistant moieties such as polyethylene glycol or other hydrophilic polymers (e.g., zwitterionic 

polymers such as polysulfobetaine).47 Additionally, the effects of residual surface heterogeneity 

on protein unfolding can be minimized by reducing/confining protein surface mobility. Interfacial 

protein mobility may be confined or reduced by the presence of nanoscale features that block 

protein hopping, which, in turn, limit the exploration of the surface by the protein. As a 

demonstration of this approach, Wang and co-workers recently showed that surface patterning 

with nanoscale pillars resulted in reduced polymer diffusion on surfaces.43 Notably, the extent by 

which molecular diffusion was reduced was dependent on pillar height, which directly impacted 

the waiting-time and step-size distribution of the polymer. 

In conclusion, we present a new model for protein denaturation at the solid-liquid interface 

where folded protein molecules undergo a search process, resulting in unfolding on distinct surface 

sites. These findings were enabled by the use of novel single-molecule methods that combined 

FRET and high-throughput particle tracking, permitting the simultaneous observation of diffusive 

behavior and changes in protein conformation. Importantly, these heterogeneities would be 

invisible by the use of conventional ensemble-averaging methods for investigating the structure of 

proteins at interfaces. Furthermore, because interfacial dynamics and conformation cannot be 

directly observed using ensemble methods, the role of diffusion on unfolding would be 

inaccessible using such methods. Ultimately, our results address a fundamental question about the 

mechanism of protein unfolding on surfaces and also suggest a somewhat different approach to 

rationally tailor surfaces for improved biocompatibility. Finally, although our findings underscore 

the role of surface heterogeneity in protein denaturation, these results do not rule out the 
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contribution of other mechanisms of protein unfolding on surfaces. Additional studies that 

investigate the role of other sources of heterogeneity such as interfacial protein aggregation are 

critical to fully elucidate the sources of surface-induced protein unfolding. 

2.5 Materials and Methods 

2.5.1 Cloning, Expression, and Purification of T4L 

 

Plasmid DNA encoding the gene for T4L WT* was obtained from Addgene (plasmid 

number 18111). Residues 139 and 61 were mutated to the TAG stop codon and cysteine, 

respectively, using the Quikchange mutagenesis kit (Agilent). The primers used for the D61C and 

Y138AzF mutations, which were confirmed by sequence, were 5′-GGCGTAAT- 

ACTAATGGTGTAATTACAAAATGTGAAGCTGAAAAACT- CTTTAATCAAG-3′ and 5′-

CTTAGCTAAAAGTAGATG- GTAGAATCAAACAACTAATCGCGC-3′, respectively. 

T4L WT* and T4LFRET were cotransformed in BL21 (DE3) Escherichia coli with the 

pDule2 pCNF RS plasmid (courtesy of Ryan Mehl, Oregon State). Transformed cells were plated 

on agar containing spectinomycin (50 μg/mL) and ampicillin (50 μg/mL) and subsequently 

expressed and purified as described previously.48 For purification, an additional size-exclusion 

step was included using a Bio- Rad SEC 70 10 × 300 mm column (Figure C-1). Exposure of the 

protein to ultraviolet light was minimized during purification to prevent photodegradation of the 

azide group in the T4LFRET double mutant. 

2.5.2 Site-specific Dual Labeling of T4LFRET 

 

Following purification, T4LFRET was dialyzed against 50 mM sodium phosphate buffer (pH 

6.80) at 4 °C and concentrated by centrifugation to 2 mg/mL for labeling. To the concentrated 
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protein was added dibenzocyclooctyne-activated Alexa Fluor 555 (Life Technologies) at a 5:1 

molar ratio of fluorophore-to-protein for 18 h in the dark. Next, tris(2-carboxyethyl)- phosphine 

hydrochloride (TCEP, Fischer Scientific) was added to reduce the lone cysteine prior to labeling 

at a 5:1 molar ratio of TCEP-to-protein for 30 min at 4 °C. Finally, maleimide-activated Alexa 

Fluor 647 (Life Technologies) was added in a 5:1 molar ratio of fluorophore-to-protein for an 

additional 18 h conjugation in the dark at 4 °C. 

After both reactions, separation of the dual-labeled protein from residual free dye in 

solution was performed using size-exclusion chromatography using a Bio-Rad SEC 70 10 × 300 

mm column (Figure C-2). Labeling efficiency was determined using the molar extinction 

coefficient for each dye (155 000 M−1 cm−1 for Alexa Fluor 555 at 565 nm and 270 000 M−1 cm−1 

for Alexa Fluor 647 at 668 nm)49 and the estimated adsorption coefficient of T4L WT* at 280 nm 

(25 440 M−1 cm−1).50 Correcting for absorbance of the dyes at 280 nm, we found the labeling 

efficiency to be between 65% and 80% for each dye. 

2.5.3 Surface Preparation 

 

Fused silica wafers were cleaned with a 2% micro-90 solution (International Product Corp.) 

and thoroughly rinsed with ultrapure 18 MΩ·cm water. The wafers were then submersed in warm 

piranha solution (70% hydrochloric acid, 30% hydrogen peroxide solution) for 1 h. Following 

piranha treatment, the wafers were subsequently rinsed with ultrapure water, dried under ultrapure 

nitrogen, and treated with UV-ozone also for 1 h. Before use, the wafers were again rinsed in 

ultrapure water and dried under nitrogen and characterized by contact angle goniometry to ensure 

complete wetting (contact angle ∼0°). 
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2.5.4 Single-molecule TIRF Imaging 

  

Details of the experimental setup have been described previously.51 Briefly, samples were 

imaged on a custom prism TIRF microscope using a Nikon Eclipse TE-2000 platform, a 60× water 

immersion objective, and 1.5× post-objective magnification. Total internal reflection excitation 

was achieved using a 532 nm 50 mW diode-pumped solid-state laser (Samba, Cobolt) with a 

custom prism illumination system. Fluorescence emission from donor and acceptor fluorophores 

was separated using an Optosplit III beam splitter (Cairn Research) containing a dichroic mirror 

with a separation wavelength of 610 nm (model T610LPXR, Chroma). Donor and acceptor 

channels were filtered with FF01-585/40-25 band-pass filter (Semrock) centered at 585 nm with a 

90% transmission width of 40 nm and a LP02-647RU-25 band-pass filter (Semrock), respectively. 

The channels were projected onto different regions of a Cascade-II: 512 EMCCD camera 

(Photometrics) maintained at −80 °C. Images were collected with an acquisition time of 100 ms 

(i.e., a frame rate of 10 s−1). 

2.5.5 Image Processing and Molecule Tracking 

 

The methodology for object identification, tracking, and FRET quantification has been 

described in detail elsewhere.52 Briefly, diffraction-limited objects in the donor channel were 

identified by convolution with a disk matrix and thresholding. Diffraction-limited spots were 

localized according to their centroid and their intensity quantified after subtracting the local 

background intensity. The same object identification procedure was used for the acceptor channel, 

and objects that coincided spatially in both channels for a given frame were used to quantify FRET. 

To measure diffusive behavior, diffraction-limited objects were connected as a molecular 

trajectory if they were localized in consecutive frames within a threshold distance of 2.2 μm. To 
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minimize erroneous tracking of different molecules into the same molecular trajectory (false 

connections), the surface coverage of labeled molecules was limited to fewer than 100 objects per 

frame by choosing an appropriate bulk concentration of labeled protein. Objects that were already 

adsorbed in the first frame or remained adsorbed after the final frame were excluded from analysis 

to ensure the accurate calculation of waiting times. Additionally, objects that did not have 

measurable intensity in either the donor or acceptor channel, which likely represented mislabeled 

protein molecules or contaminants, were excluded from analysis. 

 The Alexa Fluor 555 and 647 dyes were spectrally well separated, and given the properties 

of the optics used, we would not expect any measurable fluorescence from donor in the acceptor 

channel and vice versa. Indeed, previous work utilizing the same optical path, filters, dichroic, 

fluorophores, and similar excitation intensity demonstrated no crosstalk between channels.17 

Photobleaching, the irreversible destruction of a fluorophore, can cause significant changes in the 

apparent FRET. However, in this work, observations were ignored if they did not exhibit 

measurable intensity in either channel during the molecular trajectory. Therefore, photobleaching 

of either donor or acceptor fluorophore was not appreciably responsible for the apparent protein 

unfolding behavior. Previous smFRET experiments utilizing this donor and acceptor fluorophore 

also demonstrated that photoblinking did not cause significant changes in apparent FRET.17 

2.5.6 Surface Adsorption Mapping (mbPAINT) 

 

To characterize surface heterogeneity, adsorption events were spatially mapped on the 

surface. These maps identified anomalous sites with adsorption rates that would not be expected 

given random adsorption to a homogeneous surface, which can be described by Poisson statistics.8 

Briefly, these surface adsorption maps were generated by binning adsorption events onto a 
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pseudoimage with 15 nm pixels. A Gaussian blur was applied to this pseudoimage with a radius 

of 100 nm to account for positional uncertainty. Anomalous sites were identified as simply 

connected regions after thresholding the image with a threshold of one adsorption event per pixel. 

A distribution of the number of adsorption events per identified site was fit to a three-component 

Poisson mixture model (Figure C-8). 

2.5.7 Step Size and Waiting Time Distributions 

 

The step-size distribution for folded proteins was constructed by calculating the two-

dimensional Euclidean distance between the same object in sequential frames for steps where the 

molecule appeared in the folded state. Steps were ignored if the molecule appeared in the unfolded 

state in either frame of a step. Waiting-time distributions were calculated by determining the time 

intervals during which a folded molecule appeared within a distance threshold of 0.2 μm in 

consecutive frames. If a molecule moved more than this distance between frames, the motion was 

considered significant, ending the waiting period. The trends observed in the waiting-time 

distribution as a function of T4L concentration was insensitive to changes in this threshold 

distance. 
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Chapter 3 Dramatic Increase in Catalytic Performance of 

Immobilized Lipases by their Stabilization on Polymer 

Brush Supports 

Previously published as: Weltz, J. S., Kienle, D. F., Schwartz, D. K. & Kaar, J. L. Dramatic 

Increase in Catalytic Performance of Immobilized Lipases by Their Stabilization on Polymer 

Brush Supports. ACS Catal. 4992–5001 (2019). doi:10.1021/acscatal.9b01176 

3.1 Abstract 

Despite their widespread use in biocatalysis, the marginal stability of lipases can significantly limit 

their catalytic performance in industrial biotransformations. Here, we demonstrate that this 

limitation can be overcome by immobilization on poly(sulfobetaine methacrylate) (PSBMA) 

polymer brushes. Specifically, the immobilization of Bacillus subtilis lipase A (lipA) on PSBMA 

brushes resulted in a 100-fold enhancement in turnover frequency relative to ambient conditions 

at the temperature optimum of the immobilized enzyme, which was also improved by 

immobilization. This significant enhancement in catalytic performance was due to the structural 

stabilization of lipA as well as changes in lipA conformational dynamics as measured using single-

molecule Förster Resonance Energy Transfer. Interestingly, the enhancement in catalytic 

performance of lipases depended strongly on the chemistry of the brush. These findings 

demonstrate that tuning the brush chemistry can lead to marked improvements in the catalytic 

efficiency of immobilized lipases, which may have major ramifications in industrial biocatalysis.  

 

Keywords: Biocatalysis, Enzyme immobilization, Enzyme stability, Lipase, Polymer brushes,  

Single-molecule FRET 
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3.2 Introduction 

Microbial lipases are broadly used as biocatalysts in industrial chemical transformations, 

with a global market exceeding $500 million and growing1–5. Specifically, these enzymes are 

widely employed to catalyze the hydrolysis of ester molecules as well as alcoholysis reactions 

(e.g., esterifications, transesterifications, polyesterifications) in anhydrous media6. The major uses 

of microbial lipases for industrial biocatalysis include the production of pharmaceuticals (e.g., 

ibuprofen)7–10, renewable fuels (e.g., biodiesels)11,12, foodstuffs (e.g., flavor enhancers, butter, 

cheese)13,14, and personal care products (e.g., soaps)15,16. However, microbial lipases, like most 

enzymes, are only marginally stable and are thus active only over a narrow range of environmental 

operating conditions, including temperature17. Unfortunately, the requirement of low-temperature 

operation limits the accessible catalytic rates of industrial processes, which are dictated by the laws 

of chemical kinetics. In principle, small improvements in the stabilization of lipases could lead to 

dramatic improvements in catalytic performance by enabling their use at elevated temperatures18–

20. 

In light of the desirability of elevated-temperature operation, the development of practical 

methods for the stabilization of lipases has been pursued for decades. A popular approach for 

stabilizing lipases, which has been adopted industrially and has numerous advantages, including 

enabling enzyme recycling, improving activity, altering specificity, and facilitating purification, 

involves immobilization21–27. Perhaps the most widely used example of an immobilized lipase is 

Novozym 435, which consists of Candida antarctica lipase, type B (CALB) adsorbed onto a 

macroporous acrylic support28. Studies have shown that Novozym 435 has a longer half-life than 

soluble CALB in aqueous reaction media; however, the improvement in catalytic performance 
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with increasing temperature is only modest29. For example, the optimal temperature for Novozym 

435 and soluble CALB are the same, and the relative increase in activity with temperature is 

improved only two-fold compared to the soluble enzyme10,30. In addition to improving stability, 

there are many examples where immobilization can increase lipase activity upon immobilization 

via interfacial activation. Such activation has been shown to be the result of the opening of an 

amphiphilic lid that covers the active site of many lipases through interactions with the surface31–

34.  

 Recently, polymer brushes have received considerable attention as enzyme immobilization 

supports for biocatalysis and sensing applications due to several of their characteristic properties35. 

This interest has been motivated in part by the non-fouling and biocompatible nature of polymer 

brushes towards proteins and cells in biological settings, including upon implantation in vivo36. It 

is widely presumed that polymer brushes prevent protein unfolding and thus provide a stabilizing 

environment for enzymes compared to other surfaces37. A particularly intriguing aspect of polymer 

brushes is tunability. Notably, by adjusting the polymer chemistry, molecular weight, and grafting 

density, the physical and chemical properties of the brush may be rationally controlled38. This, in 

turn, provides an opportunity to modify the molecular details of the brush, which may influence 

enzyme structure and dynamics at the brush-solution interface.  

Here, we report a dramatic increase in the stability and activity of the industrially important 

lipase A from Bacillus subtilis lipase A (lipA) at elevated temperatures via its covalent 

immobilization on zwitterionic poly(sulfobetaine methacrylate) (PSBMA) brushes. PSBMA 

brushes are commonly employed in biomaterial applications, where the non-fouling and 

biocompatible nature is typically ascribed to reduced unfolding of proteins at these interfaces39–41. 

When immobilized to PSBMA brushes, lipA exhibited a >100-fold activity enhancement at the 
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optimum temperature relative to ambient conditions (i.e., 20C). The magnitude of this 

enhancement is markedly greater than that observed by immobilization of lipases on other 

surfaces, or by other methods of stabilization, including protein engineering21,37,42–46. Notably, the 

optimum temperature of the enzyme also increased by 20C upon immobilization, suggesting an 

enhancement in conformational stability. To understand the mechanistic basis for this stabilization, 

the conformational dynamics of lipA immobilized on PSBMA and on poly(poly(ethylene glycol) 

methacrylate) (PEGMA) brushes was studied using single-molecule (SM) methods. Additionally, 

the influence of the chemical details of the brush layer on the catalytic performance of other 

lipases, including Rhizomucor miehei lipase (RML), Candida rugosa lipase (CRL), and Candida 

antarctica lipase B (CALB), was also investigated. We observed increases in the catalytic 

performance of the immobilized lipases and provide new insights regarding the role of brush 

chemistry on immobilized lipase stabilization. These findings open the door to significant 

improvements for lipase-based industrial biotransformations, and also have broad implications for 

improving the utility of other enzymes for biocatalysis, biosensing, and other applications.  

3.3 Results and Discussion 

3.2.1 Catalytic Performance of lipA Immobilized on PEGMA and PSBMA Brushes 

 

To investigate the impact of polymer brush immobilization on lipA activity, we 

immobilized lipA on both PSBMA and PEGMA brushes. Polymer brushes composed of PEGMA 

or PSBMA were generated using surface-initiated atom transfer radical polymerization on 1 m 

diameter silica particles functionalized with the initiator chloromethylphenyl trichlorosilane. For 

lipA immobilization, methacrylic acid N-hydroxysuccinimide (NHS) ester was added to the 

polymerization reactions at a molar ratio of 1:100 NHS-to-PEGMA or PSBMA. Inclusion of NHS 
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groups within the brush enabled covalent attachment of enzyme via primary amines on the 

enzyme’s surface. The most likely sites for immobilization on the enzyme were, in addition to the 

N-terminus, Lys44, Lys61, Lys69, Lys88, Lys112, and Lys122, which have a solvent accessibility 

of 50%47. Additionally, because these sites were randomly distributed within lipA, the location 

of immobilization between individual lipA molecules was likely heterogeneous. Although 

statistically unlikely given the low density of NHS groups within the brush, it is also possible that 

some enzyme molecules were immobilized to the brush through more than one site. In addition to 

the site of covalent attachment, the enzyme may non-covalently interact with the brush through 

additional sites on the enzyme surface as a result of being entrapped by the brush. Because of the 

dynamic nature of these supports, the enzyme also presumably does not have a defined orientation 

of the enzyme relative to the underlying solid support. Additionally, based on a mass balance, the 

extent of enzyme loading was found to be 8 mg per g of PEGMA and PSBMA support, which 

represented a loading yield of 80%. Furthermore, after immobilization, the apparent specific 

activity of lipA on PSBMA (22.5 +/- 2.5 mole mole-1 s-1) and PEGMA (26.7 +/- 12.3 mole mole-1 

s-1) was similar to that for soluble lipA (28.7 +/- 2.2 mole mole-1 s-1) at 20°C. The specific activity 

of the immobilized lipA was measured by monitoring the initial rate of the  hydrolysis of resorufin 

butyrate. 

Upon immobilization of lipA on the brush-modified particles, the temperature-dependent 

activity profile (i.e., specific activity versus temperature) of the immobilized enzyme was 

measured. Remarkably, immobilization of lipA on PSBMA-modified particles resulted in a 

dramatic 20˚C increase in the temperature optimum of the enzyme relative to that of soluble lipA 

(Figure 3-1). The specific activity of lipA at this optimal temperature (50C) was more than 100-

fold higher at this optimum relative to ambient temperature (i.e., 20C). For comparison, the 
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enhancement in specific activity for soluble lipA at its temperature optimum (30C) relative to 

20C was only two-fold. While lipA immobilized on PEGMA-modified particles also exhibited 

improved catalytic performance relative to soluble lipA, the improvements were not as dramatic. 

Specifically, immobilized on PEGMA-modified particles resulted in a 15C increase in 

temperature optimum and only a 5-fold rate enhancement at this temperature relative to at 20C. 

The performance enhancement due to immobilization on polymer brush-modified particles was 

presumably due to the stabilization of lipA at elevated temperatures.  

An alternative hypothesis for the increase in activity at elevated temperatures is that mass 

transport of the substrate was differentially affected by temperature. This could potentially lead to 

changes in the local concentration of the substrate in the vicinity of the enzyme, thereby leading 

to changes in activity. To rule out this hypothesis, adsorption isotherms of the fluorescent product 

resorufin were measured on PEGMA and PSBMA brushes at 20°C and 50°C (Figure D-1). Notably, 

resorufin is chemically similar to the substrate resorufin butyrate and is fluorescent, enabling 

measurements of adsorbed quantity at an interface using attenuated total reflectance fluorescence. 

The amount of adsorbed resorufin was reduced for the PSBMA surface relative to PEGMA and, 

more importantly, the adsorption of resorufin decreased with increasing temperature on both 

surfaces. This indicated that neither the improved activity on PSBMA vs. PEGMA, nor the 

dramatic increase in activity with temperature on the PSBMA support, was related to changes in 

substrate concentration in the brush layer. Additionally, analysis of the Michaelis-Menten kinetics 

found that the apparent KM for both soluble and immobilized enzymes were similar and less than 

the concentration of substrate used (Figure D-2). This demonstrated that the enzymes were near 

saturation for the activity measurements. Together, these experiments demonstrate that mass 

transport effects could not account for the differences in activity at elevated temperatures for lipA 
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immobilized on PEGMA and PSBMA, and that the dramatic increase in activity of lipA on 

PSBMA with increasing temperature is not the result of changes in mass transport with increasing 

temperature. 

 The activity enhancement of lipA immobilized on PSMBA-modified particles represents a 

large improvement in catalytic performance compared previous observations. While Rao and co-

workers45 obtained a 20C increase in the temperature optimum of lipA using directed evolution, 

this improvement resulted in only a 5-fold increase in activity at this optimum relative to 25C. A 

similar increase in activity was observed when CRL was covalently immobilized on poly(2-

hydroxyethylmethacrylate-co-methacrylamido-phenylalanine) membranes as reported by Arica 

and co-workers44. However, in this case, only a 10C increase in the temperature optimum was 

observed. Additionally, although ancestral sequence reconstruction has been used to generate 

stable enzyme variants, even with this approach, enhancements of activity of only 30-fold have 

been reported46. 

To develop insights into the mechanisms of activity enhancement, the kinetic stability (i.e., 

retention of activity as a function of time) of lipA immobilized on PSBMA and PEGMA-modified 

particles was measured at elevated temperature (i.e., 40C). As shown in Figure 3-1b, although lipA 

immobilized on PEGMA-modified particles retained activity longer than soluble lipA, the 

improvement was only modest, with activity retention for approximately 1 h. However, lipA 

immobilized on PSBMA-modified particles retained 100% of its initial activity over 24 h, 

highlighting the remarkable stabilizing properties of the PSBMA brush. While both the PEGMA 

and PSBMA brushes were stabilizing, our findings underscore the impact of brush chemistry on 

the catalytic performance of lipA in nominally denaturing conditions. 
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Figure 3-1: Temperature-dependent activity profiles of soluble and immobilized lipA . (a) Specific activity 

of lipA, expressed as the moles of product formed per second per mole of enzyme, for soluble lipA (black 

triangles), lipA immobilized on PEGMA-coated microparticles (blue squares), and lipA immobilized on 

PSBMA-coated microparticles (orange circles). The specific activity of the various forms of lipA was 

measured immediately at each temperature over the range from 20-65C. (b) Relative activity retention of 

lipA immobilized on PEGMA (blue squares) and PSBMA (orange circles) functionalized microparticles 

upon incubation at 40 °C. The relative activity of immobilized enzyme was determined by normalizing the 

activity after incubation to the activity at time zero. The error bars represent a 95% confidence interval 

based on the standard error of three replicate experiments. 

 

3.2.2 Conformational Stability of LipA Immobilized on PEGMA and PSBMA Brushes  

 

Given the difference in stability of lipA immobilized on PEGMA and PSBMA brushes, we 

investigated the basis for the impact of brush chemistry on the stability of immobilized lipA using 

dynamic SM methods. SM-Förster resonance energy transfer (SM-FRET) imaging is particularly 

useful for measuring changes in enzyme structure as well as kinetics associated with unfolding 

and re-folding in situ in near-surface environments. In a recent example using SM-FRET imaging, 
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we previously demonstrated that mixed lipid bilayers stabilized nitroreductase through a 

chaperone-like mechanism48.  

Immobilized, FRET-labeled lipA molecules (between 153-4,702 for each experiment) 

were imaged via total internal flection fluorescent microscopy (TIRFM) using alternating laser 

excitation49. For SM-FRET experiments, lipA was site-specifically labeled through the 

incorporation of a unique cysteine (position 175) and p-azidophenylalanine (position 4) as 

described previously (Figure 3-2a)50. Donor and acceptor intensities were compiled into two-

dimensional donor-acceptor intensity histograms (referred to as SM-FRET maps; see Figure 3-3 

and Figure D-3) for all conditions51. These histograms exhibited two distinct populations, with 

either high acceptor and low donor intensity (high FRET) or vice versa (low FRET), and were 

attributed to folded and unfolded conformations, respectively. These populations were segmented 

in each histogram by identifying a dividing line between the two peaks that minimized the 

integrated probability under the line using a direct search algorithm52. Based on this dividing line, 

the temporal trajectories of individual lipA molecules were segmented into folded and unfolded 

time intervals as shown in Figure 3-2b.  
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Figure 3-2: Determination of lipA conformation in SM-FRET experiments. (a) Crystal structure of lipA 

(PDB accession code: 1ISP) with primary amines highlighted in green, catalytic triad in orange, and donor 

and acceptor labeling sites in yellow and red, respectively. (b) Representative raw trajectory from SM-

FRET imaging experiments showing changes in the donor (ID; blue squares) and acceptor (IA; red squares) 

intensities over time. The background shading indicates temporal intervals when the lipA molecule was 

folded (white) and unfolded (gray), respectively, as determined using quantitative criteria from the 

cumulative analysis of SM trajectories. 

 

The results of SM-FRET experiments between 20-45C showed that the retention of the 

folded conformation was significantly greater at elevated temperatures for lipA immobilized on 

PSBMA relative to PEGMA brushes. This can be seen qualitatively by comparing the SM-FRET 

maps as a function of temperature for the two different brush surfaces, which are shown in Figure 

3-3. For lipA immobilized on PEGMA brushes, the enzyme remained mostly folded until 40C at 

which temperature a significant decrease in the fraction of high FRET state observations was 

observed. Conversely, for lipA immobilized on PSBMA brushes, the fraction of observations in 

the folded state remained virtually unchanged over the entire temperature range, consistent with 

the retention of the native state of lipA. Differences in the fraction of observations in the high 
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FRET state on each surface for each temperature, which were quantified and expressed as folded 

fraction, are summarized in Figure 3-3m. Notably, at 45C, the folded fractions on the PSBMA and 

PEGMA brush were 0.7 and 0.2, respectively, highlighting the difference in structural stability of 

lipA on the two brush surfaces. To determine if this difference in the structural stability of 

immobilized lipA extended beyond thermal denaturation, we also measured the stability of 

immobilized lipA to chemical denaturation by SM-FRET. Analysis of the FRET maps for 

immobilized lipA as a function of urea concentration also showed a greater stabilizing effect by 

PSBMA relative to PEGMA (Figure D-3). Amazingly, lipA immobilized on PSBMA was stable 

even in 8 M urea, and appeared to unfold in 8 M only after heating to 45°C. In contrast, the folded 

fraction of lipA immobilized on PEGMA decreased significantly at urea concentrations above 4M.  

These findings suggested that the improved catalytic performance of immobilized lipA on 

PSBMA relative to PEGMA was the result of enhanced structural stability at elevated 

temperatures. To rule out the possibility that this effect was specific to the FRET mutant, we 

performed thermal denaturation studies using immobilized wild-type lipA, and saw very similar 

effects. Specifically, consistent with the results of SM-FRET experiments, the apparent melting 

temperature of wild-type lipA immobilized on PSBMA-modified particles was several degrees 

greater than that for wild-type lipA immobilized on PEGMA-modified particles (Figure D-4). 

Details of the impact of brush chemistry on enzyme dynamics, which provided insight into this 

differential stability, are discussed in the following section.  
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Figure 3-3: Thermal stability of immobilized lipA from SM-FRET experiments. (a-l) SM-FRET maps for 

lipA as a function of temperature and support chemistry with dashed white lines indicating the threshold 

used to distinguish folded from unfolded observations. The left column panels (a-f) represent lipA 

immobilized on PSBMA at (a) 20°C (2,930 trajectories), (b) 25°C (4,702 trajectories), (c) 30°C (3,055 

trajectories), (d) 35°C (3,192 trajectories), (e) 40°C (1,633 trajectories), (f) 45°C (2,099 trajectories). The 

right column panels (g-l) represent lipA immobilized on PEGMA at (g) 20°C (1,280 trajectories), (h) 25°C 

(413 trajectories), (i) 30°C (866 trajectories), (j) 35°C (793 trajectories), (k) 40°C (153 trajectories), (l) 

45°C (411 trajectories). (m) Folded fraction of lipA immobilized on PEGMA (blue squares) and PSBMA 

(orange circles) as determined from quantitative analysis of the SM-FRET maps in panels a-l. Error bars 
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represent the standard error of folded fraction, which was estimated using jackknife resampling with 

replacement of trajectories for each condition. 

  

3.2.3 Conformational Dynamics of LipA Immobilized on PEGMA and PSBMA Brushes  

 

To further elucidate the basis for the impact of brush chemistry on the stability of lipA on 

the brushes, we analyzed the dynamics of lipA immobilized on PEGMA and PSBMA brushes. 

From the SM-FRET trajectories, the apparent rate constants associated with unfolding (ku) and re-

folding (kf) of immobilized lipA on PEGMA and PSBMA brushes were quantified from the 

analysis the distributions of the folded and unfolded state dwell times. Notably, the state dwell 

times represent the time spent in a given conformation before undergoing a conformational 

transition. Changes in FRET state were considered structural transitions if the donor-intensity pair 

crossed the threshold on the FRET map by a value greater than the uncertainty in the quantified 

donor and acceptor intensities. When state transitions are rare (e.g., in strongly denaturing 

conditions where most of the observations are unfolded), a large fraction of the molecules may 

photobleach prior to changing states. Therefore, we employed a maximum-likelihood approach to 

determine ku and kf, which incorporated a probability of changing state and a probability of 

bleaching that accounted for all SM observations, including trajectories that did not exhibit a 

transition. Transition probabilities were fit to a beta distribution to account for continuous 

heterogeneity of the probabilities of a transition in the case that ku and kf could not be modeled by 

a single first-order process or a superposition thereof, as described in detail by Kienle et al.51  

Figure 3-4 shows the values of ku and kf as a function of temperature for immobilized lipA 

on PSBMA and PEGMA brushes, respectively. These plots are analogous to Chevron plots for 

ensemble protein folding and unfolding experiments, where the folding and unfolding rate 
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constants as a function of denaturant are plotted together on semilogarithmic axes53. Interestingly, 

while ku and kf were relatively constant with temperature for immobilized lipA on PSBMA, the 

rate constants changed systematically with temperature for lipA immobilized on PEGMA (except 

at the lowest temperatures). Specifically, for lipA immobilized on PEGMA, ku systematically 

increased with temperature (except at the lowest temperatures) while kf decreased significantly 

with increasing temperature. These observations correlated with the difference in structural 

stability for immobilized lipA on PSBMA and PEGMA brushes described above. Specifically, 

they suggest that the retention of folded lipA immobilized on PSBMA relative to PEGMA at 

elevated temperatures was due both to a reduction in unfolding (i.e., stabilization of the folded 

state) and the facilitation of re-folding of denatured lipA molecules by PSBMA brushes.   
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Figure 3-4: Equilibrium rate constants for folding (closed symbols) and unfolding (open symbols) of lipA 

immobilized on (a) PSBMA and (b) PEGMA as a function of temperature from SM observations. Folding 

(kf) and unfolding (ku) rate constants represent maximum likelihood estimates, which account for the 

probabilities associated with conformational state changes as well as photophysical effects (i.e., bleaching). 

Error bars represent the standard error of the rate constant, which were estimated using jackknife resampling 

with replacement of trajectories for each condition. 

 

In light of the findings, it is interesting to speculate on the physical origin of the differential 

stability of lipA immobilized to PSBMA and PEGMA supports. One hypothesis is related to 

differences in spatial heterogeneity between the different types of brushes. Specifically, using 

super-resolution fluorescence mapping of PEG brushes using a solvatochromic fluorophore, we 

have previously shown that PEG brushes may exhibit spatially heterogeneous hydrophobicity, 

including highly hydrophobic local regions within the brush layer54. The emergence of such 

heterogeneity in local hydrophobicity is presumed to result from an increase in local interactions 

between PEG chains, which leads to the exclusion of water55.  Because unfolded lipA may interact 
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strongly with these niches, their presence may promote unfolding and inhibit the re-folding of 

denatured immobilized lipA molecules. PSBMA brushes are believed to be more hydrophilic, due 

to the uniformly hydrophilic nature of sulfobetaine (unlike ethylene glycol, which has significant 

hydrophobic character). Further supporting this hypothesis, we previously reported a correlation 

between the presence of such niches and increased unfolding of fibronectin on PEG brushes56. 

This hypothesis is also supported by Eyring analysis of the temperature dependence of ku. 

Interestingly, the larger temperature dependence of ku on PEGMA relative to PSBMA suggests the 

free energy barrier for unfolding had a larger entropic component on PSBMA. While somewhat 

speculative, the lower hydration of PEGMA may reduce the entropic penalty associated with 

exposing the hydrophobic core of lipA upon unfolding since less water is present (i.e., smaller 

hydrophobic effect). Conversely, due to the strong hydration of PSBMA brushes, the increase in 

water may increase this entropic penalty.  

3.2.4 Catalytic Performance of Immobilized RML, CRL, and CALB 

 

Our results show that the catalytic performance of lipA immobilized on PSBMA and PEGMA 

brushes was strongly dependent on the underlying chemical details of the brush surface. To 

determine if this dependence is general or enzyme specific, the impact of brush chemistry on the 

catalytic performance of immobilized RML, CRL, and CALB was also determined. Notably, 

RML, CRL, and CALB are all applied in industrial biocatalysis for food modification57, fine 

chemical synthesis58, and biofuel production59, among other applications60. For these studies, 

RML, CRL, and CALB were immobilized on PSBMA and PEGMA-modified particles using the 

same immobilization chemistry as for lipA. Enzyme loading was found to be 1.5 mg/g of particles 

for RML and 0.1 mg/g particles for CRL and CALB, representing immobilization yields of 90% 

for all three enzymes. Analysis of the temperature-dependent activity profiles for the three 
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immobilized lipases (and their soluble counterparts) indicated that the dependence of catalytic 

performance on brush chemistry was strongly enzyme specific. For RML, the specific activity at 

all temperatures between 20-70C was significantly greater when immobilized on PSBMA 

compared to on PEGMA-immobilized RML or soluble RML (Figure 3-5a). The increase in specific 

activity at upon immobilization, commonly referred to as interfacial activation, is often attributed 

to stabilization of an open conformation of the active site and a neighboring amphiphilic loop, 

commonly referred to as a lid31–33. Similar to the case of lipA, there was a significant (10C) 

increase in the temperature optimum for RML immobilized on PSBMA compared to soluble RML. 

For CRL, the temperature optimum when immobilized on PSBMA was similar as that for soluble 

CRL; however, like RML, the specific activity at all temperatures was increased compared to 

soluble CRL (Figure 3-5b). Like RML, CRL also exhibits an amphiphilic lid domain and an 

increase in activity upon immobilization is typically ascribed to stabilization of the open, more 

active form of the enzyme23,61,62. Notably, CRL immobilized on PEGMA had a lower temperature 

optimum than either PSMBA-immobilized or soluble CRL, suggesting that PEGMA destabilized 

CRL. Conversely, in the case of CALB, the apparent temperature optimum of PEGMA-

immobilized CALB was significantly greater than PSBMA-immobilized or soluble CALB (Figure 

3-5c). Moreover, even though the specific activity of immobilized CALB on PEGMA and PSBMA 

was lower than that of soluble CALB below 50C, the highest specific activity over the 

temperature range studies was observed for CALB immobilized on PEGMA at 80 C. It is also 

interesting that at 80 C (the highest temperature employed due to instrument limitations), the 

specific activity for CALB immobilized on PEGMA appeared to still be increasing. To evaluate 

any potential impact of mass transport, Michaelis-Menten kinetics were measured for soluble 

RML, CRL, and CALB (Figure D-5). In the case of RML and CRL, the substrate concentration 
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employed (10 µM) was greater than the measured KM, indicating that mass transport effects could, 

at most, account for a two-fold change in activity. However, for CALB, we cannot rule out mass 

transport effects for the large increase in activity with increasing temperature on the PEGMA 

support since its apparent KM was greater than the substrate concentration. 

 

 

Figure 3-5: Temperature-dependent activity profiles of soluble and immobilized forms of lipases from (a) 

Rhizomucor miehei lipase (RML), (b) Candida rugosa lipase (CRL), and (c) Candida antarctica lipase B 

(CALB). The temperature-dependent activity profiles for the soluble forms of each enzyme are shown as 
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black triangles while the temperature-dependent activity profiles for each enzyme immobilized on PEGMA 

and PSBMA are shown as blue squares and orange circles, respectively. The error bars represent a 95% 

confidence interval from the standard error of three replicate experiments. 

 

These results demonstrate that the performance of immobilized enzymes is specific to both 

the enzyme and the support chemistry. While both lipA and RML were more stable on PSBMA 

than in solution, both CRL and CALB were not stabilized by PSBMA. Conversely, CALB 

apparently stabilized upon immobilization to the more hydrophobic PEGMA support, which could 

be due to the fact that CALB has a relatively hydrophobic surface; a large fraction of solvent 

accessible surface area is occupied by hydrophobic residues as calculated by the VADAR 

(Volume, Area, Dihedral Angle Reporter) web-based structural analysis program63. Notably, the 

specific activity of both lidded lipases used (RML and CRL) increased significantly upon 

immobilization, indicative of interfacial activation typically ascribed to stabilization of the open, 

more active conformation of these enzymes62,31. Additionally, because the stability and activity of 

monomeric and multimeric lipases may differ, it is possible that some of the differences observed 

on the two supports may be due to the formation of multimeric species during immobilization (i.e., 

dimers, trimers, etc.) 64. Conversely, CALB lost significant activity upon immobilization, which 

may be due to the three lysine residues within 15 Å the active site (K136, K208, and K308), which, 

if involved in covalent immobilization to the brush, could limit substrate accessibility, thereby 

reducing specific activity65. 

 

3.4 Conclusions 

We observed a large enhancement in the catalytic performance of the industrially relevant 

enzyme lipA through its immobilization on PSBMA brushes. This enhancement is an order of 

magnitude greater than previously observed for lipase immobilized on any surface, and, to our 
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knowledge, represents the largest enhancement ever reported for any enzyme by immobilization 

to a solid support material. Using SM methods, we demonstrated that the dependence of this 

enhancement on brush chemistry arose from differences in conformational dynamics of the 

immobilized lipA. These insights were enabled by the unique advantages of SM methods, which 

permitted the structure and dynamics of immobilized lipA to be characterized independently in 

situ. The dependence on brush chemistry was strongly enzyme specific, highlighting the 

importance of surface chemistry in mediating the protein-brush interface. Future studies will be 

necessary to elucidate the molecular details of the connection between brush chemistry and 

enzyme activation, which may also be influenced by the location of enzyme attachment to the 

brush. The enormous improvement in lipase activation reported here may enable transformational 

advances in the use of lipases for industrial biotransformations. Moreover, the mechanisms of 

stabilization and activation reported here have important implications extending to novel materials 

and interfaces for the immobilization of enzymes for diverse biocatalysis and biosensing 

applications.  

 

3.5 Methods 

3.5.1 Surface Preparation, Functionalization, and Characterization 

Silica particles (1 m diameter) for ensemble activity and stability measurements were 

purchased from NanoCym and cleaned by UV-ozone for 1 h before functionalization. Two-inch 

fused silica wafers (Mark Optics) for SM imaging and two-inch silicon wafers with native oxide 

coating (Wafer Pro) were cleaned in warm piranha solution (30% v/v hydrogen peroxide, 70% 

sulfuric acid) for 1 h, rinsed with water, dried under nitrogen, and subsequently cleaned for 1 h 

with UV-ozone prior to use. Particles and wafers were functionalized with initiator 

chloromethylphenyl trichlorosilane (Gelest) by submersion in a solution of 0.01% (v/v) of CMPS 
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in toluene for 45 min, serially rinsed with toluene, isopropanol, and water, and dried in a vacuum 

desiccator.  

Surface-initiated atom transfer radical polymerization (siATRP) was used to grow polymer 

brushes from fused silica and silicon wafers using the protocol from Guo et. al66. Poly(ethylene 

glycol) methyl ether methacrylate (EGMA, Mn=300), [2-(methacryloyloxy)ethyl]dimethyl-(3-

sulfopropyl)ammonium hydroxide (SBMA), methacrylic acid N-hydroxysuccinimide ester (MA-

NHS), 2,2’-bipyridine (bpy), copper (I) chloride, copper (II) chloride, anhydrous 

dimethylformamide (DMF) and anhydrous methanol were purchased from Sigma-Aldrich and 

used as received. A 100:1:5:2:0.2 molar ratio of monomer (EGMA or SBMA), MA-NHS, bpy, 

copper (I) chloride, and copper (II) chloride was used for surface-initiated atom transfer radical 

polymerization with either anhydrous DMF (for EGMA) or anhydrous methanol (for SBMA) as 

the solvent. Polymerizations were performed in a 3-inch-wide mouth jar sealed with a septum. 

Monomer solutions with CMPS functionalized wafers or particles were degassed by bubbling 

nitrogen for 3 h before adding copper (I) chloride under nitrogen. Polymerizations proceeded at 

room temperature for 24 h under positive nitrogen pressure to prevent oxygen ingress and 

subsequently rinsed with warm, anhydrous solvent and dried in a vacuum desiccator.  

Flat surfaces were characterized by water contact angle goniometry and variable angle 

ellipsometry to confirm functionalization with the silane initiator and subsequent polymerization. 

Static water contact angles were measured on a custom-built goniometer, and thicknesses were 

measured using variable-angle spectroscopic ellipsometer (VASE-VB-250). Silica functionalized 

with CMPS had a contact angle of 67° +/- 3° and a thickness of 0.8 +/- 0.4 nm, consistent with 

monolayer formation. Surfaces functionalized with PEGMA had a contact angle of 58° +/- 3° and 
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a dry thickness of 17.1 +/- 0.7 nm while those functionalized with PSBMA had a contact angle 

less than 5° and a dry thickness 17.5 +/- 3.4 nm. 

3.5.2 Cloning, Expression, and Purification of lipA 

 

The pet21b vector containing the gene lipA from Bacillus subtilis with a C-terminal 

polyhistidine tag was mutated at amino acid positions 4 and 175 for FRET-labeling. These residues 

were specifically mutated to an amber stop codon (position 4) and cysteine (position 175) using 

the quikchange mutagenesis kit (Agilent). The primers for the N175C and N4AzF mutations were 

5’- 

GTCAACAGCCTGATTAAAGAAGGGCTGTGCGGCGGGGGCCAGAATACGAATCACCA

CC -3’ and 5’- 

GAAGGAGATATACATATGGCTGAACACTAGCCAGTCGTTATGGTTCACGGTATTGGA

GG-3’, respectively, and both mutations were confirmed via sequencing (Integrated DNA 

Technologies). Wild-type and mutant lipA were co-transformed in BL21 (DE3) Escherichia coli 

with the pDule2 pCNF RS plasmid. Transformed cells were plated on agar containing 

spectinomycin (50 μg/mL) and ampicillin (50 μg/mL) and subsequently expressed and purified 

using the protocol developed for this non-natural amino acid system67.  

After expression, cells were harvested by centrifugation at 4,000 x g for 15 min, re-

suspended in 50 mM sodium phosphate, pH 7.5, 100 mM NaCl, 5 mM imidazole, and 8 M urea, 

and lysed via sonication. The cell lysate was loaded on a nickel column (Biorad) and eluted in 50 

mM sodium phosphate, pH 7.5, 100 mM NaCl, and 8 M urea with 250 mM imidazole. Purified 

lipA was refolded by rapid dilution (20-fold by volume) into 50 mM sodium phosphate, pH 7.50, 

before de-salting with a Zeba spin column with a 7K MWCO (Thermo Fisher) with 50 mM sodium 
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phosphate, pH 7.5. To prevent degradation of the aryl-azide substituent, the lipA containing the 

N4AzF was not exposed to UV light during or after purification.  

3.5.3 Site-Specific Labeling of lipA 

 

Following purification, mutant lipA was site-specifically labeled with fluorophores in 50 

mM sodium phosphate, pH 7.5, with 8 M urea. Donor labeling with Alexa Fluor 555 DBCO (Life 

Technologies) was performed with a 5-fold molar excess of fluorophore-to-enzyme for 4 h at room 

temperature. Subsequently, a 5-fold molar excess of TCEP was used to reduce any intermolecular 

disulfide bonds for 30 min, followed by the addition of a 5-fold molar excess of acceptor, Alexa 

Fluor 647-maleimide (Life Technologies). Labeled lipA was refolded by rapid dilution (20-fold 

by volume) in 50 mM sodium phosphate, pH 7.5, and excess dye was removed by repetitive 

purification (i.e., 3 serial washes) using a Zeba spin column with a 7K MWCO (Thermo Fisher). 

Ensemble solution FRET as well as tryptophan fluorescence experiments confirmed that the 

intrinsic stability of lipA was unaffected by labeling, and that the denaturation of lipA resulted in 

a decrease in FRET (Figure D-6). Additionally, activity assays further indicated that mutagenesis 

did not perturb the activity of the lipA construct used for SM-FRET studies (Figure D-6).  

3.5.4 Enzyme Immobilization 

 

LipA was immobilized on functionalized microparticles by reconstituting 100 mg dry 

particles in 1 mL of a solution containing 5x10-5 M wild-type lipA in 50 mM sodium phosphate, 

pH 7.5, for 24 h at room temperature with gentle mixing to prevent particle sedimentation. After 

immobilization, particles were sedimented at 1000 x g for 2 min. The residual activity of the 

supernatant was used to estimate the concentration of unreacted enzyme (i.e., enzyme remaining 

in solution), and, from a mass balance, the concentration of the enzyme immobilized on particles 
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was estimated. This loading was consistent with monolayer coverage based on the two-

dimensional projected area of lipA from its crystal structure68. Supports were serially washed by 

re-suspension in buffer and sedimented five additional times after which no residual activity was 

detected. For SM experiments, FRET-labeled lipA was added at a concentration of 1.0x10-10 M in 

the presence of the same concentration of wild-type lipA for immobilization and thoroughly rinsed 

with buffer before imaging to remove any unreacted enzyme. Surfaces and particles were 

maintained in contact with buffer after immobilization to prevent any effects of de-wetting on the 

immobilized enzyme. 

For the immobilization of RML, CRL, and CALB, which were purchased from Sigma-

Aldrich, the enzymes were dissolved and dialyzed against 50 mM sodium phosphate, pH 7.5 for 

24 h at 4°C and passed through a 0.22  m filter before immobilization. The concentration of RML, 

CRL, and CALB after dialysis was estimated by densitometry on SDS-PAGE gels using a purified 

recombinant GFP sample of known concentration as a standard (Figure D-7). Enzyme loading after 

immobilization was determined as described for wild-type lipA and was 1.5 mg/g of particles for 

RML and 0.1 mg/g particles for CRL and CALB. 

3.5.5 Enzyme Activity 

Activity measurements for all lipases were measured with 10 µM of the fluorogenic 

substrate resorufin butyrate in 50 mM sodium phosphate, pH 7.5 in a temperature-controlled 

cuvette with mixing. Specific activity was determined from the initial rate of the hydrolysis 

reaction and expressed on a mole product per mole enzyme per second basis (i.e. turnover 

frequency). The background hydrolysis was subtracted using identical reaction conditions in the 

absence of enzyme. Standard curves of purified resorufin were used to determine product 

concentration from fluorescence intensity. 
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3.5.6 SM-FRET Imaging and Analysis 

 

Functionalized wafers were installed in a custom-built flow cell and imaged on a 

homebuilt, prism-based TIRF microscope based on the Nikon TE-2000 platform with a 60x water 

immersion objective. Emission from donor and acceptor fluorophores was separated using an 

optosplit III (Cairn Research) and a dichroic mirror with a nominal separation wavelength of 610 

nm (model T610LPXR, Chroma). The donor signal was further cleaned with a 585 nm bandpass 

filter with a spectral width of 29 nm (Semrock) and the acceptor was cleaned with a 685 nm 

bandpass filter with a spectral width of 40 nm (Semrock). Both channels were projected onto 

different regions of a Cascade II: 1024 EMCCD camera (Photometrics) with an acquisition time 

of 200 ms per exposure. 

Surfaces were imaged using alternating laser excitation with both a 50 mW 532 nm laser 

(Cobolt, Samba) and a 50 mW 640 nm laser (Crystalaser). Details of the imaging processing and 

analysis are described in detail by Marruecos and co-workers54. Alternating frames comprised 

images of either donor excited or acceptor excited frames, molecules were excluded from the 

analysis if they lacked a functional acceptor. Furthermore, SM trajectories were truncated at the 

moment of acceptor photobleaching as measured by the excitation with the 640 nm laser. 

 

3.5.7 Estimation of Folding and Unfolding Rate 

 

The folding and unfolding rates were estimated using a previously described statistical 

model, which account for heterogeneity in the rates between enzymes. This model accounted for 

populations where the folding and unfolding rates were broadly and continuously distributed and 

could not be adequately modeled as a homogeneous population or as multiple discrete populations. 

Briefly, the enzyme trajectories were modeled as a Markov Chain, in which the enzyme could take 
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on a folded state, an unfolded state, or a photobleached state, and the probability of transitions 

from folded to unfolded and vice-versa varied between enzyme molecules according to a beta-

distribution. Maximum-likelihood fitting was used to estimate the parameters describing the beta-

distributed folding (𝑎𝑓 and 𝑏𝑓) and unfolding (𝑎𝑢 and 𝑏𝑢) probabilities with the likelihood function,  

𝐿𝐹(𝑁|𝑎𝑓 , 𝑏𝑓 , 𝑎𝑢, 𝑏𝑢) = ∏ [
Β(𝑎𝑓+𝑁𝑢𝑓,𝑘,𝑏𝑓+𝑁𝑢𝑢,𝑘)Β(𝑎𝑢+𝑁𝑓𝑢,𝑘,𝑏𝑢+𝑁𝑓𝑓,𝑘)

Β(𝑎𝑓,𝑏𝑓)Β(𝑎𝑢,𝑏𝑢)
𝑝

𝑏

𝑁𝑏,𝑘(1 − 𝑝𝑏)𝑁𝑢𝑢,𝑘+𝑁𝑢𝑓,𝑘+𝑁𝑓𝑓,𝑘+𝑁𝑓𝑢,𝑘]𝑘   

where B is the beta function, 𝑁𝑢𝑓, 𝑁𝑢𝑢, 𝑁𝑓𝑢, 𝑁𝑓𝑓, and 𝑁𝑏 are the total number of times an object 

folds, remains unfolded, unfolds, or remains folded between frames, respectively, 𝑝𝑏 is the 

probability of photobleaching at any given frame (which is determined independently using the 

trajectory durations) and the subscript k indicates the trajectory index. From these parameters, the 

average folding and unfolding rate constants could be estimated as 𝑘𝑓 = − (𝜓(𝑏𝑓) −

𝜓(𝑎𝑓 + 𝑏𝑓)) /𝜏 and 𝑘𝑢 = −(𝜓(𝑏𝑢) − 𝜓(𝑎𝑢 + 𝑏𝑢))/, respectively, where 𝜏 is the frame 

acquisition time and 𝜓 is the digamma function. 
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Chapter 4 Reduced Enzyme Dynamics upon Multipoint 

Covalent Immobilization Leads to Stability-Activity 

Tradeoff 

4.1 Abstract 

The successful incorporation of enzymes into materials through multipoint covalent 

immobilization (MPCI) has served as the foundation for numerous advances in diverse fields, 

including biocatalysis, biosensing, and chemical weapons defense. Despite this success, a 

mechanistic understanding of the impact of this approach on enzyme stability has remained 

elusive, which is critical for realizing the full potential of MPCI. Here, we showed that the 

stabilization of lipase upon MPCI to polymer brush surfaces resulted from the rigidification of the 

enzyme with an increase in the number of enzyme-brush attachments. This was evident by a 10-

fold decrease in the rates of enzyme unfolding and re-folding as well as a reduction of the intrinsic 

fluctuations of the folded and unfolded states, which was measured by single-molecule (SM) 

Förster Resonance Energy Transfer imaging. Moreover, our results illuminated an important 

tradeoff between stability and activity as a function of this decrease in structural dynamics of the 

immobilized lipase. Notably, as the thermal stability of lipase increased, as indicated by the 

temperature optimum for activity of the enzyme, the specific activity of lipase decreased. This 

decrease in activity was attributed to a reduction in the essential motions of the folded state that 

are required for catalytic turnover of substrate. These results provide direct evidence of this effect, 

which has long been a matter of speculation. Furthermore, our findings suggest that the retention 

of activity and stabilization of an enzyme may be balanced by tuning the extent of enzyme 

attachment. 

 

4.2 Introduction 
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Beginning with the pioneering work by Klibanov, Halling, Russell, and others on the 

preparation and use of immobilized enzymes, there has been considerable interest in combining 

enzymes with materials1–5. Of specific interest has been incorporating proteins into or on materials 

to impart materials with biological activity as well as to enhance enzyme properties (e.g., stability, 

activity, and even substrate specificity)6–9. Examples include the creation of protein and enzyme-

containing films and coatings that capture antigens10–12, resist contamination and fouling13–15, 

detoxify organophosphorus nerve agents16–18, and catalyze industrial chemical transformations19–

21. Chemical modification and immobilization have also proven useful for the “ruggedization” of 

enzymes in extreme environments, including non-aqueous media22–24. However, despite such 

efforts, we lack the mechanistic understanding of how various conjugation approaches impact 

enzyme structure and function25–27. This lack of understanding, in turn, prohibits the rational 

design of enzyme-containing supramolecular structures and assemblies. 

One approach for the conjugation of enzymes to materials that has met with practical 

success involves multipoint covalent immobilization (MPCI)28–30. This approach generally entails 

the covalent coupling of multiple reactive groups on the surface of the enzyme with functional 

groups either in or on the immobilization support. Notably, the formation of multiple linkages 

between the enzyme and immobilization support ensures retention of the enzyme (i.e., prevents 

leaching)31–33 and has been shown to lead to exceptional enhancements in stability against 

denaturation by organic solvents34, elevated temperatures35, surfactants36, and other environmental 

pressures37. It has been proposed that this enhancement in stability is due to a restriction in the 

mobility of the enzyme, which, in turn, suppresses unfolding38–40. However, in the absence of 

biophysical methods to characterize the impact of MPCI on enzyme dynamics, the mechanistic 

understanding for this stabilizing effect remains elusive. Specifically, to understand this 
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mechanism, it is necessary to determine how varying the number of attachments impacts enzyme 

structure and dynamics. Moreover, given that changes in enzyme dynamics may adversely impact 

enzyme activity41–43, it is plausible that there is an inherent balance between increased stability and 

decreasing activity that is dependent on the number of covalent attachments. 

In recent work, we demonstrated the potential of single-molecule (SM) methods based 

on intramolecular Förster resonance energy transfer (FRET) to directly characterize the structural 

dynamics of enzymes immobilized to polymer brushes as well as lipid bilayers44,45. These methods, 

which involve measuring dynamic changes in FRET, molecule-by-molecule, via wide-field total 

internal reflection fluorescence (TIRF) imaging, enable the observation of unfolding and re-

folding of individual enzymes. From these conformational transitions, the rates associated with 

unfolding and re-folding may be quantified for 103-105 molecules per experiment46. In addition to 

quantifying the rates associated with conformational transitions, structural fluctuations within a 

given conformational state may be resolved. For example, dynamic fluctuations of the folded and 

unfolded states are, in principle, determined by analyzing the variability of the FRET signature for 

each state47–49. Importantly, while these methods lack the temporal resolution to observe ultrafast 

dynamics, including side-chain rotation, loop motions, and tumbling, analysis of variability in 

FRET can provide information about large collective motions (e.g., domain motions)41. As such, 

such methods offer tremendous potential for elucidating the impact of immobilization within 

materials on enzyme dynamics as well as on structural stability. 

In this work, we investigated the stabilization of the Bacillus subtilis lipase A (lipA), an 

industrially important enzyme50,51, by MPCI to polymer brushes composed of poly(sulfobetaine 

methacrylate) (PSBMA). While varying the number of covalent tethers between lipA and the brush 

layer, the impact of attachment number on the temperature dependence of the activity and stability 
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of lipA was determined. Additionally, SM-FRET analysis was used to paint a comprehensive 

picture of the collective structural dynamics of lipA (i.e., the unfolding and re-folding rates as well 

as the structural dynamics of the folded and unfolded states) as a function of number of covalent 

interactions. By providing information about the correlation of dynamics and crosslinking, these 

findings provided unique insights into the mechanism of enzyme stabilization via MPCI. 

Furthermore, these results demonstrate an intrinsic trade-off between stabilization and the loss of 

activity due to a decrease in enzyme flexibility. Such findings suggest there may be an optimum 

number of attachments that enhance stability while minimizing the loss of activity, which is crucial 

for improving enzyme utility.  

4.3 Results 

4.3.1 Immobilization of LipA to PSBMA Brush-Modified Particles 

 

To investigate the impact of the number of attachments on the stability of the immobilized 

enzyme, PSBMA brushes containing methacrylic acid N-hydroxysuccinimide ester (NHS) were 

synthesized on 1 µm silica particles. Using surface-initiated atom transfer radical polymerization, 

the brushes were grown with a 1%, 5%, or 10% molar ratio of NHS-to-sulfobetaine methacrylate 

in the reaction feed. LipA was subsequently immobilized within the brush layer via reaction 

between primary amines on the enzyme surface and the NHS groups within the brush layer. With 

up to 12 primary amines on the surface of lipA that may react, a single enzyme molecule may be 

immobilized at multiple sites on the enzyme’s surface (Figure 4-1a)52. The amount of lipA 

immobilized on the brush surfaces was consistent with monolayer coverage (8 mg enzyme per g 

silica support, Figure E-1) and was independent of the molar ratio of NHS-to-sulfobetaine 

methacrylate within the brush. 
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By varying the molar ratio of NHS-to-sulfobetaine methacrylate within the brush, the 

extent of MPCI of lipA to the brush layer was controlled. This was confirmed via titrating the 

number of residual amines on the enzyme surface that did not react with NHS groups within the 

brush layer with fluorescamine. As expected, the average number of covalent attachments per 

enzyme molecule (�̅�), which was determined from the difference in the number of free amines for 

the soluble and immobilized enzyme, increased with increasing NHS concentration in the brush 

(Figure 4-1b). Specifically, the value of �̅� for supports synthesized with 1%, 5%, and 10% NHS 

was 1.1, 2.1, and 4.8, respectively. Given the non-site-specific nature of the immobilization 

reaction and the random distribution of amine groups on the surface of lipA, it is expected that the 

immobilization was heterogeneous with respect to the number and location of cross-linking sites. 

As such, the orientation of lipA relative to the brush surface likely varied between enzyme 

molecules even within the same brush surface. The orientation of individual immobilized lipA 

molecules may also be influenced by the dynamic nature of the brush layer, which stems from the 

mobility of the polymer chains when hydrated. Notably, although randomly distributed over the 

surface of lipA, none of the primary amines that may participate in the immobilization reaction are 

within 1.5 nm of the active site of the enzyme.  
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Figure 4-1: Extent of MPCI of lipA on silica particles functionalized with PSBMA brushes. (a) Structure 

of lipA (PDB ID: 1ISP) showing the possible sites of immobilization as well as the active site. The -amine 

of lysines and the N-terminal amine, which represent potential sites for covalent attachment, are colored 

green. Additionally, the catalytic triad in the active site is colored orange. (b) The number of primary amines 

per enzyme for soluble and immobilized lipA determined by titration with fluorescamine. The difference 

between the number of amines in the soluble enzyme and the remaining amines after immobilization to the 

brush surfaces with varying concentration of NHS groups indicated the number of covalent attachments per 

enzyme. The dashed line represents the number of theoretical primary amines per enzyme molecule (12) 

based on the sequence of lipA. Error bars represent the standard deviation from three independent 

measurements.  

4.3.2 Immobilized LipA Stability on PSBMA Brush-Modified Particles 

 

The stability of immobilized lipA as a function of the number of attachment sites was 

characterized by measuring the temperature-dependence of immobilized lipA activity. The 

hydrolytic activity of immobilized lipA as well as soluble lipA was assayed over a broad 

temperature range using resorufin butyrate as the substrate. As shown in Figure 4-2a, a systematic 

increase in the temperature optimum for immobilized lipA was observed with increasing �̅�, 
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suggesting increased stability. Notably, the temperature optimum increased from 50°C to 55°C to 

70°C as �̅� increased from 1.1 to 2.1 to 4.8. For comparison, the temperature optimum for soluble 

lipA was only 30°C. Additionally, at the optimum temperature, the specific activity of immobilized 

lipA was 20-fold higher than for soluble lipA for all three values of �̅�. This increase was consistent 

with results from our previous studies in which lipA was immobilized to PSBMA as well as 

poly(poly(ethylene glycol) methacrylate) brushes without controlling �̅�.44 As a further measure of 

stability, the retention of immobilized and soluble activity as a function of time when incubated at 

50ºC was also measured. As with the temperature optimum, the retention of activity increased 

systematically with �̅� (Figure 4-2b). Specifically, as �̅� increased, the activity of immobilized lipA 

was retained for longer times, which also indicated enhanced stability. Remarkably, for the brush 

surface with �̅� = 4.8, the enzyme retained approximately 90% of its initial activity after 24 h. This 

was especially impressive given that soluble lipA was inactivated immediately (i.e., within the 

first minute) at this temperature. To the best of our knowledge, this represents the first time that 

the stability of an immobilized enzyme has been directly measured as a function of the number of 

attachment sites. 

 In addition to showing the impact of number of attachment sites on stability, our results 

reveal an interesting tradeoff between stability and activity for immobilized lipA. Specifically, as 

the stability of immobilized lipA increased with increasing �̅�, the specific activity of immobilized 

lipA decreased. This was particularly evident by comparing the specific activity of lipA 

immobilized on the different brush surfaces in Figure 4-2a between 40°C and 50°C. As can be seen 

within this range, the specific activity of immobilized lipA was greatest for the brush surface on 

which the lipA had the lowest temperature optimum. Conversely, the specific activity of 

immobilized lipA was the lowest for the brush surface on which lipA had the highest temperature 
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optimum. Such a tradeoff between stability and activity with increasing �̅� may be attributed to a 

decrease in conformational dynamics of the immobilized enzyme. For example, a decrease in 

conformational dynamics may make the enzyme more resistant to unfolding yet prevent the full 

range and scope of motions required for catalytic turnover of the substrate. A similar explanation 

is often used to explain how mutations that improve stability are often detrimental to activity in 

enzymes that are naturally evolved or engineered53–55. Although the reduced activity could also be 

associated with increased unfolding of lipA, the average folded fraction of immobilized lipA was 

the same for all values of �̅� as discussed below. Moreover, we confirmed that differences in mass 

transport effects over the range of �̅� employed was negligible by measuring the apparent Michaelis 

constant (i.e., KM) for lipA immobilized each support (Figure E-2). 
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Figure 4-2: Impact of the number of attachments per enzyme molecule on (a) the temperature dependence 

of lipA activity and (b) the retention of lipA activity at 50°C. The temperature dependence and retention of 

lipA activity were measured for �̅� = 1.1 (yellow squares), �̅� = 2.1 (blue circles), and �̅� = 4.8 (green 

triangles), where �̅� represents the average number of attachment sites per enzyme. For temperature 

dependence measurements, activity is expressed as moles of product formed per second per mole of 

enzyme. Additionally, relative activity was determined by normalizing the activity after incubation to the 

activity at time zero. Error bars represent the standard deviation of the mean from three independent 

measurements.   
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4.3.3 Immobilized LipA Unfolding and Re-folding Kinetics 

 

To elucidate the basis for the apparent stabilization as well as loss of activity of 

immobilized lipA with increasing �̅�, the in situ dynamics of immobilized lipA was measured by 

SM-FRET imaging. As a technique for studying the dynamics of proteins, including enzymes, on 

surfaces, SM-FRET imaging is extremely powerful as recently demonstrated in numerous 

reports47–49. We have previously showed that SM-FRET imaging can be used to quantify the 

kinetics of unfolding and re-folding of enzymes immobilized to various types of surfaces44–46. 

Notably, the quantification of unfolding and re-folding rates has been instrumental in uncovering 

the mechanisms by which immobilization to various types of surfaces impacts enzyme stability. 

Through quantifying these rates, we recently demonstrated how the stability of immobilized lipA 

on polymer brushes can be affected by the underlying brush chemistry44. 

 For SM-FRET analysis of the dynamics of immobilized lipA, a lipA construct that was 

previously engineered to permit site-specific donor and acceptor labeling was used. In addition to 

the sensitivity of the FRET signal of this construct to lipA structure, this construct has similar 

activity and stability to wild-type lipA44. Polymer brushes were prepared for SM imaging on fused 

silica wafers using the same immobilization chemistry for the FRET-labeled construct as described 

above for the immobilization of lipA on silica particles. Monolayer coverage of the enzyme was 

maintained by immobilizing 10-10 M FRET-labeled lipA with 5.0x10-10 M wild-type lipA. Upon 

immobilization of FRET-labeled lipA, enzyme molecules on the brush surface were illuminated 

by alternative laser excitation, enabling unambiguous identification of properly labeled molecules 

and of acceptor photobleaching events56. Temporal trajectories of the donor and acceptor 

intensities for each molecule were collected and segmented based on folding state (i.e., folded or 

unfolded). The folding state of each molecule at any given time was determined from quantitative 
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analysis of the distribution of donor and acceptor intensities for every observation in every 

trajectory. Figure E-3 shows the distributions of donor and acceptor intensities for each 

immobilization condition (i.e., �̅� = 1.1, 2.1, and 4.8) at 20ºC and 45ºC in which two distinct states 

are observed; a high-FRET state with high acceptor and low donor emission, which corresponds 

to a compact, folded state, and a low-FRET state with low acceptor and high donor emission, 

which corresponds to an unfolded state. The Table E-1 shows the number of trajectories collected 

for each immobilization condition, which ranged between 1645 and 2930. 

 As expected, the magnitude of the conformational dynamics of immobilized lipA 

decreased significantly with increasing �̅�, which is consistent with an increase in the rigidification 

of the immobilized enzyme. This was evident by a reduction in the fraction of immobilized lipA 

molecules that underwent an unfolding or re-folding transition prior to photobleaching as �̅� 

increased (Figure 4-3a). As �̅� increased from 1.1 to 4.8, the fraction of immobilized lipA molecules 

that underwent a conformation transition decreased from 16.3% to 6.0%, respectively. Moreover, 

similar trends with �̅� were observed in the analysis of the unfolding (𝑘𝑢) and re-folding (𝑘𝑓) rate 

constants for immobilized lipA (Figure 4-3b). The values of 𝑘𝑢 and 𝑘𝑓 were estimated from a 

Markov chain model of every observation in each trajectory collected, which accounted for 

changes in folding state as well as heterogeneity between molecules, as described previously46. 

Specifically, 𝑘𝑢 decreased from 0.19 s-1 to 0.03 s-1 while 𝑘𝑓decreased from 1.4 s-1 to 0.05 s-1 over 

the range of �̅� characterized. Such a decrease in 𝑘𝑢 with �̅� indicates the apparent stabilization of 

lipA was at least in part due to an increase in the kinetic barrier associated with unfolding (i.e., 

folded molecules are kinetically trapped in their native state). Although the decrease in 𝑘𝑓 with �̅� 

indicates that unfolded molecules also re-folded more slowly, this effect was presumably offset by 

the reduction in 𝑘𝑢. Notably, the adverse impact of �̅� on 𝑘𝑓 has potentially important implications 
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in attempting to re-nature an immobilized enzyme after unfolding. Furthermore, it was interesting 

that the greatest difference in 𝑘𝑢 and 𝑘𝑓 occurred between �̅� values of 1.1 and 2.1. This suggests 

that the addition of a second covalent linkage had a much greater impact on conformational 

dynamics relative to the addition of subsequent linkages.  

 

Figure 4-3: SM dynamics of lipA unfolding and re-folding at 20ºC. (a) Fraction of immobilized lipA 

molecules that underwent an unfolding or re-folding transition before photobleaching as a function of �̅�. 

(b) Rate constants for unfolding (𝑘𝑢, open circles) and re-folding (𝑘𝑓, solid squares) of immobilized lipA 

based on maximum likelihood estimation of conformational dynamics from SM trajectories. Y-axis error 

bars represent the standard error, which were estimated using jackknife re-sampling with replacement of 

trajectories for each condition. X-axis error bars represent standard deviation from propagated errors of the 

data in Figure 4-1. 
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4.3.4 Structural Fluctuations of Immobilized LipA 

 

The impact of �̅� on the dynamics of immobilized lipA was further examined by quantifying 

the structural fluctuations of the folded and unfolded states from SM-FRET trajectories. Such 

fluctuations differ from large scale conformational transitions (e.g., unfolding or re-folding) in that 

they represent microscopic motions within a given conformational state. Motions within the folded 

state may be particularly critical for an enzyme given their frequent role in substrate binding as 

well as the catalytic mechanism of many enzymes41–43. Additionally, the loss of entropy of the 

folded state due to the restriction of such motions can negatively impact enzyme stability if greater 

than the entropy loss of the unfolded state57. These intrinsic motions were quantified by 

characterizing deviations in the relative fluorophore-to-fluorophore distance, 𝑑 = (
𝐼𝐷

𝐼𝐴
)

1

6
, for SM-

FRET trajectories of molecules that were always folded or always unfolded, where 𝐼𝐷 and 𝐼𝐴 

represent the instantaneous intensity in the donor and acceptor channels, respectively. A 

dimensionless parameter, 𝑑 is proportional to the distance between fluorophores by the Förster 

radius, 𝑅0, which is 5.1 nm for the donor (Alexa Fluor 555) and acceptor (Alexa Fluor 647) pair 

with unhindered rotation in water. The dynamics of fluorophore rotation were assumed to be 

isotropic and sufficiently averaged over the acquisition time of each observation, in accordance 

with recent SM measurements of fluorophore anisotropy in similar polymer brush environments58. 

Additionally, given the acquisition time of our measurements, we were unable to measure 

fluctuations in 𝑑 on timescales of less than 200 ms. However, the sampling of dynamics at the 

timescale measured here provided a relative measure of the effect of �̅� on the magnitude of 

structural fluctuations. As an example of the type of dynamics measured here, the fluctuations in 
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𝐼𝐷 and 𝐼𝐴 for a molecule of immobilized lipA that is always folded is shown in Figure 4-4a. The 

fluctuations in instantaneous 𝐼𝐷 and 𝐼𝐴 were used to generate the distribution of 𝑑-values for each 

trajectory from which the root-mean-square deviation (RMSD) of 𝑑 was determined (Figure 4-4b 

and c).  
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Figure 4-4: Analysis of the structural fluctuations of immobilized lipA by SM-FRET. (a) Two-dimensional 

donor-acceptor intensity histogram of all SM-FRET observations of immobilized lipA for a given 

condition. Representative time series of donor and acceptor intensities for a folded, immobilized lipA 

molecule. (b) Corresponding 𝑑-value timeseries for the same trajectory. (c) The distribution of 𝑑-values for 

this representative trajectory. From this distribution, the RMSD in 𝑑 were calculated for this trajectory.  
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To determine the impact of �̅� on the folded and unfolded state dynamics of immobilized 

lipA, the distributions of RMSD of 𝑑 for always folded and unfolded trajectories were analyzed. 

Figure E-4 shows the distribution of the RMSD of 𝑑 for each state for different values of �̅� at 20ºC 

and 45ºC for 117 – 706 trajectories (see Table E-2 for details of the number of trajectories analyzed 

for each surface and temperature). Importantly, as apparent in the distribution of the compiled 

trajectories, the values of the observed RMSD of 𝑑 were generally greater than that expected based 

on the uncertainties in 𝐼𝐷 and 𝐼𝐴 (Figure E-4). Analysis of the distributions clearly showed that, as 

�̅� increased, the intrinsic microscopic dynamics of the folded and unfolded states decreased at both 

temperatures. This was evident by comparing the median of the distributions of the RMSD of 𝑑 of 

both states as a function of �̅� (Figure 4-5a and b). For the folded state, the median RMSD of 𝑑 

decreased from 0.124 to 0.073 at 45 ºC and from 0.088 to 0.058 at 20 ºC as �̅� increased from 1.1 

to 4.8. For the unfolded state, the median RMSD of 𝑑 decreased from 0.190 to 0.129 at 45 ºC and 

from 0.199 to 0.103 at 20 ºC, over the same range of �̅�. The decrease in median RMSD of 𝑑 for 

both states with �̅� was consistent with the rigidification of lipA based on the impact of �̅� on 𝑘𝑢 

and 𝑘𝑓. Additionally, as for 𝑘𝑢 and 𝑘𝑓, the change in the median RMSD of 𝑑 for both states (at 

both temperatures) was the greatest as �̅� increased from 1.1 to 2.1. This finding further underscores 

the impact of a second covalent linkage on enzyme dynamics relative to subsequent linkages.  

While the dynamics discussed in the previous section explain the change in lipA stability 

with �̅�, the dynamics discussed here explain the change in lipA activity with �̅�. Specifically, the 

reduction in the intrinsic dynamics of the folded as a function of �̅� explain how increasing �̅� can 

lead to a loss of activity as observed previously (Figure 4-1). This represents, as far as the authors 

are aware, the first direct observation of immobilized enzyme dynamics and the effects of 

dynamics on activity, which was made possible through SM methods.  
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To confirm that the loss of apparent activity as a function of �̅� was not due to changes in 

structural stability, the steady-state fraction of folded lipA molecules for all values of �̅� between 

20 ºC and 45 ºC was analyzed (Figure E-5). Notably, the steady-state fraction of folded lipA over 

this temperature range was constant, suggesting the extent of unfolding of lipA for all conditions 

was virtually the same. Moreover, although the magnitude of the decrease in RMSD of 𝑑 with 

increasing �̅� was similar for both the folded and unfolded state, the decrease in conformational 

entropy of the unfolded state was presumably greater than that for the folded state. Therefore, the 

apparent reduction in intrinsic dynamics likely also contributed to an increase in the 

thermodynamic stability of the immobilized enzyme. Although not explored here, the extent of the 

thermodynamic stabilization of lipA as a result of this effect may be determined using molecular 

dynamics simulations.  
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Figure 4-5: Thermal fluctuations of the (a) folded and (b) unfolded states of immobilized lipA as a function 

of �̅� at 20ºC (blue squares) and 45ºC (red circles). The thermal fluctuations of each trajectory were 

determined from the root-mean-square deviation (RMSD) of the dimensionless distance parameter, 𝑑, 

which represents the relative fluorophore-to-fluorophore separation. The median RMSD of 𝑑 was 

calculated from the distributions of RMSDs for a given condition. Y-axis error bars represent the standard 

deviation of the median RMSD obtained from 1000 bootstrap samples of the RMSD of 𝑑 distributions. X-

axis error bars represent the propagated error of �̅� from the data in Figure 4-1b. 

 

To complement the analysis of the RMSD of 𝑑, the Hookean spring constant distributions 

were calculated for each folded and unfolded trajectory of immobilized lipA (Figure E-6). This 

analysis was intended to provide a more physical interpretation of the impact of �̅� on the dynamics 

of the folded and unfolded states by quantifying rigidity of the enzyme. Spring constants were 
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calculated at 20 ºC based on equipartition assuming a quadratic potential energy well, 

1

2
𝑘𝑠𝑝𝑟𝑖𝑛𝑔〈𝑥2〉 =

1

2
𝑘𝐵𝑇, where 𝑘𝑠𝑝𝑟𝑖𝑛𝑔 is the spring constant, 〈𝑥2〉 is the second moment of distance 

fluctuations obtained by multiplying 𝑑 values by 𝑅0 (5.1 nm), 𝑘𝐵 is the Boltzmann constant, and 

𝑇 is the temperature. This calculation was analogous to the determination of the stiffness of an 

optical trap or an atomic force microscope cantilever, except that the dynamics of proteins at these 

temperatures were likely not purely harmonic and, therefore, this represents an approximation of 

apparent stiffness59–61. As expected from rigidification, the median spring constant of the 

calculated distributions increased from 27 to 55 mN/m for the folded state and from 10 to 17 mN/m 

for the unfolded state with increasing �̅� (Figure 6). Interestingly, the folded state stiffness appeared 

linear with increasing �̅� while the unfolded state stiffness was nonlinear, with no significant 

increase between �̅� = 1.1 and �̅� = 2.1. Notably, the spring constants measured here were lower 

than those obtained from neutron scattering of hydrated protein powders (0.1 N/m)60 as well as 

crystallographic experiments (1 N/m)62. This is perhaps not surprising given the difference in 

local environment of the protein when immobilized in a brush compared to in a powder or crystal.  
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Figure 4-6: Estimated Hookean spring constants for folded (black squares) and unfolded (open circles) lipA 

from SM structural dynamics as a function of �̅� at 20ºC. The Hookean spring constants for the folded and 

unfolded states are expressed as millinewtons per meter. Y-axis error bars represent the standard error from 

1000 bootstrap samples of the underlying distribution of spring constants for each condition. X-axis error 

bars represent the propagated error of �̅� from the data in Figure 4-1. 

 

4.4 Conclusions 

By combining stability assays with SM measurements of immobilized enzyme dynamics, 

we uncovered the mechanistic basis for the stabilization of lipA by MPCI. Our results showed that, 

as the number of enzyme-brush attachments increased, the stability of lipA increased, which 

directly correlated with the rigidification of the enzyme. The direct measurement of enzyme 

rigidification was enabled using dynamic SM-FRET methods, which permitted the in situ 

measurement of immobilized enzyme dynamics. Through SM-FRET imaging, we showed that the 

rates of enzyme unfolding and re-folding as well as the intrinsic fluctuations of the folded and 

unfolded states decreased as the number of enzyme-brush attachments increased. While 

elucidating this effect, our results shed light on the tradeoff between activity and stability of 

immobilized lipA, which has important practical implications. Notably, as stability increased, the 
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specific activity of the enzyme decreased, which could be attributed to the loss of intrinsic 

dynamics of the folded state. This suggests there is an optimum number of attachments for both 

the preservation of activity and the enhancement of stability, which may be enzyme-dependent. 

Importantly, although polymer brush surfaces were used in this study as the immobilization 

support, these findings may presumably be extended to other types of immobilization supports, 

including polymer coatings, foams, and hydrogels, where the enzyme may be directly reacted into 

the polymer network via MPCI (e.g., by including the enzyme as a monomer in the polymerization 

reaction). Such understanding may ultimately impact a myriad of fields where the marriage of 

enzymes and materials is beneficial, including biocatalysis, drug delivery, biosensing, and in 

medical devices.  

  

 

4.6 Methods 

4.6.1 Preparation and Immobilization of LipA on PSBMA Brushes 

Polymer brush supports for lipA immobilization were prepared via surface-initiated atom 

transfer radical polymerization as described previously. Briefly, either silica particles (1 m 

diameter, Nanocym) or fused silica wafers (2 in) were initially cleaned and functionalized with a 

monolayer of chloromethylphenyltrichlorosilane. For the polymerization reaction, a 100-

𝑥:𝑥:5:2:0.2 molar ratio of [2-(methacryloyloxy)ethyl]dimethyl-(3-sulfopropyl)-ammonium 

hydroxide (sulfobetaine methacrylate), methacrylic acid N-hydroxysuccinimide ester (NHS), 2,2′-

bipyridine, copper (I) chloride, and copper (II) chloride was used, where 𝑥 was 1, 5, or 10 for the 

1% NHS, 5% NHS, and 10% NHS conditions, respectively, and trifluoroethanol was used as the 

solvent. For ellipsometry measurements to determine brush thickness, silicon wafers with native 
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oxide coatings were used. Modification of flat surfaces was further confirmed via sessile drop 

contact angle goniometry. All surfaces exhibited a water contact angle less than 10º and a dry 

thickness between 16 and 22 nm (Figure E-7) as measured using ellipsometry. For the particle 

system, the average number of covalent attachments per enzyme was determined with 

fluorescamine. A calibration curve (Figure E-8) correlating the concentration of amines with 

measured fluorescence was generated using purified lysine standards (Research Products 

International, Inc.) and measured with a plate reader with fluorescence (Infinite M Plex, Tecan) 

by measuring fluorescence emission at 470 nm with excitation at 365 nm. 

For ensemble activity measurements and quantification of enzyme loading, lipA was 

immobilized to the brush surfaces via incubating wild-type lipA (5x10-5 M) with 100 mg of dry, 

functionalized particles in 1 mL of 50 mM sodium phosphate buffer (pH 7.5) for 24 h at room 

temperature. Particles were sedimented via centrifugation at 1000 x g for 5 min after which the 

amount of enzyme immobilized on the particles was determined via a mass balance from assaying 

the activity of enzyme in the supernatant. For SM-FRET imaging, FRET-labeled lipA (1.0x10-10 

M) was immobilized on the brush-modified silica surfaces along with wild-type lipA (5.0x10-5 M) 

to yield approximately monolayer coverage of the enzyme. After loading, the wafers were rinsed 

thoroughly with buffer before imaging to remove any enzyme that was non-covalently 

immobilized on the brush surface. 

4.6.2 Characterization of Immobilized LipA Activity and Stability 

 

The activity of lipA immobilized on particles was assayed with the substrate resorufin 

butyrate (10 µM) in 50 mM sodium phosphate (pH 7.5) in a Fluoromax-4 (Horiba) fluorimeter 

between 20-80 ºC with mixing in the cuvette holder. Activity was determined from the slope of 

the initial rate of the hydrolysis of resorufin butyrate by continuously monitoring emission at 593 



111 

 

nm with excitation at 570 nm and expressed on a mole product per second per mole enzyme basis. 

Moles of product was determined by measuring the fluorescence of purified resorufin standards 

under the same fluorometer conditions. Background hydrolysis in the absence of enzyme was 

subtracted for each temperature. To determine the temperature dependence of activity for lipA, the 

substrate and buffer were initially equilibrated to the desired temperature after which the enzyme 

(either immobilized or free) was added to the assay solution. Additionally, thermoinactivation of 

lipA was followed by periodically assaying the activity of free or immobilized lipA, which was 

incubated in 50 mM sodium phosphate (pH 7.5) at 50 ºC. 

4.6.3 SM-FRET Imaging and Analysis 

 

Briefly, SM-FRET trajectories were collected via alternating laser excitation with a 200 

ms imaging acquisition time using a custom-built prism-based TIRF microscope with a 50 mW 

532 nm DPSS laser (Cobolt, Samba) and a 50 mW 640 nm DPSS laser (Crystalaser). Emission 

from FRET-labeled lipA was separated using a dichroic mirror with a nominal separation 

wavelength of 610 nm (model T610LPXR, Chroma). Donor and acceptor emissions were further 

cleaned with a 585 nm bandpass filter with a bandwidth of 29 nm (Semrock) and a 685 nm 

bandpass filter with bandwidth of 40 nm (Semrock), respectively, and projected onto different 

regions of an Andor iXon3 888 EMCCD camera. Channel registration, object identification, and 

intensity quantification were performed with custom MATLAB software. Notably, trajectories 

were truncated at the moment of donor or acceptor photobleaching, and a two-state conformational 

model was used to assign each SM observation to either a folded or unfolded state (Figure E-3). 

Calculations of unfolding and re-folding rate constants are described elsewhere and account for 

static heterogeneity among molecules46. Root-mean-square deviations of folded and unfolded 

states was determined via analysis of timeseries of 𝑑 values for trajectories that did not undergo a 
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structural transition. RMSDs were calculated on a per trajectory basis, and the distributions of 

RMSDs for each condition can be found in Figure E-4. 
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Appendix C : Supporting Information for Chapter 2 

 

Figure C-1: Coomassie-stained SDS-PAGE of T4LFRET after purification. The gel contains a single band of 

approximately 18 kDa that corresponds to the expected molecular weight of T4LFRET.  
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Figure C-2: In-gel fluorescence imaging of labeled T4LFRET  with direct excitation of (A) Alexa 488 (for 

the protein ladder), (B) Alexa 555, (C) Alexa 647, and (D) the composite (i.e., overlay) image confirmed 

covalent attachment of donor and acceptor dye molecules. 
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Figure C-3: Circular dichroism spectra (Chirascan Plus, Applied Photophysics) for unlabeled T4L WT* 

and T4LFRET was measured in 50 mM sodium phosphate, pH 6.80 at 1 mg/mL protein concentration. The 

spectra represent the average of five successive scans from 190-260 nm in 0.5 nm increments with an 

integration time of 0.5 s per increment. 
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Figure C-4: Ensemble denaturation of labeled T4LFRET in solution , showing a monotonic increase in 𝑑-

value and corresponding decrease in FRET efficiency with increasing denaturant. Solutions containing 5 

μg/mL of labeled T4LFRET were incubated at room temperature in 50 mM sodium phosphate buffer, pH 

6.80, containing 0-6 M guanidine hydrochloride (Gdn) for 1 h. FRET was measured by exciting the protein 

solution at 555 nm and measuring fluorescence emission of the donor and acceptor at 580 and 665 nm, 

respectively, using a Fluoromax-4 (Horiba) fluorimeter. Error bars represent the standard deviation of 𝑑-

values obtained from three independent replicates. 
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Figure C-5: Distribution of 𝑑–values for T4LFRET  for approximately 106 observations on FS, which was 

used to identify molecular signatures of folded and unfolded states. Each observation was segmented based 

on the location as either on the homogeneous surface or regions with anomalously high numbers of 

adsorption events. Histograms of 𝑑-values for the homogeneous surface showed two well-separated 

populations centered at 𝑑=0.85 and d=1.27, corresponding to folded and unfolded states, respectively. 

Compared to on the homogenous surface, a greater fraction of protein molecules adsorbed to anomalous 

sites were unfolded, suggesting that the anomalous sites were denaturing. 
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Figure C-6: The distribution of the number of frames in which a folded protein molecule appears immobile 

before unfolding. Motion was considered significant if the protein exhibited an apparent displacement ˃50 

nm between frames. 
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Figure C-7: Fractional surface coverage of unlabeled T4L WT* as a function of the concentration of T4L 

WT* in the bulk solution exposed to FS. Surface coverages were estimated from the ratio of labeled-to-

unlabeled protein used for each condition, the number of labeled molecules adsorbed, and the estimated 

footprint of T4L WT* from the crystal structure (PDB 1L63). 
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Figure C-8: (A) Sites that demonstrated anomalously high numbers of adsorption events were identified 

and the number of adsorption events to each continuous site was quantified. The adsorption site histogram 

was fit to a three-component Poisson mixture model. (B) The average number of adsorption events per site 

calculated from the fitted Poisson mixture model. 

  



145 

 

Appendix D : Supporting Information for Chapter 3 

 

Figure D-1: Adsorption isotherms of resorufin on PSBMA and PEGMA brushes. Adsorbed quantity of the 

fluorescent product resorufin as measured by total internal reflection fluorescence and displayed as a 

fluorescence intensity in counts per second. The quantity of adsorbed resorufin in greater on the PEGMA 

surface compared to PSBMA and decrease on both surfaces with increasing temperature. 
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Figure D-2: Michaelis-Menten kinetics of soluble and immobilized lipA. (a) Activity of soluble lipA (black 

triangles), PEGMA immobilized lipA (blue squares) and PSBMA immobilized lipA (orange circles) as a 

function of substrate concentration. Each measurement was performed in triplicate and error bars represent 

the standard deviation of the experimental replicates. Two-parameter, non-linear Michaelis-Menten fits of 

𝑉𝑚𝑎𝑥 and 𝐾𝑀 are shown as dotted lines of the corresponding color for each condition. (b) Values for the 

fitted parameter 𝐾𝑀 for each lipase, with error bars representing the standard error of the fit. 
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Figure D-3: SM chemical denaturation of immobilized lipA. (a-f) SM-FRET maps of the chemical 

denaturation of lipA immobilized on PSBMA in 50 mM sodium phosphate at 20°C with (a) 0 M (2,930 

trajectories), (b) 2 M (8,935 trajectories), (c) 4 M (3,447 trajectories), (d) 6 M (979 trajectories), (e) 8 M 

urea (1,560 trajectories) and (f) 8 M urea at 45°C (9,157 trajectories). (g-l) SM-FRET maps of the chemical 

denaturation of lipA immobilized on PEGMA in 50 mM sodium phosphate at 20°C with (g) 0 M (1,280 

trajectories), (h) 1 M (1,751 trajectories), (i) 2 M (1,276 trajectories), (j) 3 M (714 trajectories), (k) 5 M 

(566 trajectories), and (l) 8 M urea (1,855 trajectories). (m) Folded fraction of lipA immobilized on PEGMA 
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(blue squares) and PSBMA (orange circles) as determined from quantitative analysis of the SM-FRET maps 

in panels a-l. Error bars represent the standard error of folded fraction, which was estimated using jackknife 

resampling with replacement of trajectories for each condition. All samples were incubated under the given 

conditions for 1 h before imaging to ensure measurements were performed at equilibrium. Notably, a 

significant peak for the unfolded state of lipA on PSBMA is only obtained in 8 M urea and 45°C. The 

retention of a significant folded population above 5 M urea on PSBMA supports demonstrated that lipA 

was more stable on this support than on PEGMA at elevated concentrations of urea. Additionally, lipA was 

more stable on both the PEGMA and PSBMA supports than in solution, as demonstrated by the solution 

chemical denaturation of lipA shown in Supporting Figure S6.  
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Figure D-4: Ensemble thermal denaturation of immobilized wild-type lipA. Native tryptophan fluorescence 

of lipA immobilized on PSBMA and PEGMA supports was measured as a 5 mg/mL suspension in 50 mM 

sodium phosphate at pH 7.5. Samples were continuously stirred to prevent sedimentation in a temperature-

controlled quartz cuvette with excitation at 295 nm. Samples were equilibrated for 30 min before acquiring 

spectra. Tryptophan emission spectra were fitted to a third-order polynomial to determine the emission 

maxima and error bars are expressed as the standard error of the maximum of fit by jackknife sampling of 

the emission spectra. Fits of denaturation curves was based on a two-state unfolding model and the linear 

folded and unfolded baselines are displayed as dashed lines. The melting temperature for lipA was 47.7°C 

 0.8°C and 40.7°C  0.4°C for PSBMA and PEGMA supports, respectively.  
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Figure D-5: Michaelis-Menten kinetics for (a) RML, (b) CRL, and (c) CALB. Measurements were 

performed in triplicate and error bars represent the standard deviation of the experimental replicates. Two-

parameter, non-linear Michaelis-Menten fits of 𝑉𝑚𝑎𝑥 and 𝐾𝑀 are shown as dotted lines. (d) Values for the 

fitted parameter 𝐾𝑀 for each lipase, with error bars representing the standard error of the fit. 
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Figure D-6: Characterization of labeled lipA. (a) Chemical denaturation of wild-type lipA (black squares) 

and labeled lipA (black triangles) monitored by the peak emission of the native tryptophan fluorescence 

excited with 295 nm light and displayed on the left y-axis in black. Error bars represent the standard 

deviation of three replicates. Emission of exogeneous fluorophore labels excited with 532 nm light and 

displayed as a FRET efficiency on the right y-axis in red for labeled lipA (circles). (b) Relative activity of 

the wild type and mutant lipA using the fluorogenic substrate resorufin butyrate, normalized to the activity 

of the wild-type enzyme. 
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Figure D-7: Quantification of RML, CRL, and CALB by SDS-PAGE densitometry. (a) SDS-PAGE of 

RML, CRL, and CALB after reconstitution and extensive dialysis against 50 mM sodium phosphate, pH 

7.5. Samples were run on a 4-12% acrylamide gradient gels (Biorad mini PROTEAN TGX 4-20% 

acrylamide gel) and stained with Coomassie. Lanes labeled with sfGFP were loaded with purified 

superfolder green fluorescent protein (sfGFP), which was used to generate a standard curve for optical 

density (from intensity of Coomassie staining) versus mass of enzyme. (b) Standard curve of the mass of 

sfGFP versus the optical density of the band within a given lane as quantified by the imageJ gel analyzer. 
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Appendix E : Supporting Information for Chapter 4 

 

 

 

Figure E-1: Quantification of enzyme loading on 1 μm silica particles. After immobilization reactions, 

particles were sedimented and the concentration of unreacted enzyme remaining in the supernatant was 

quantified by the activity of this solution. The loading of enzyme on the particles, expressed as mg lipA per 

g of particles, was calculated from the mass balance between concentration of enzyme in the initial 

immobilization reaction and remaining enzyme in the supernatant after the 24-hour immobilization. 

Supernatant was aspirated and discarded, and particles were resuspended in fresh buffer containing 50 mM 

sodium phosphate at pH 7.5. Subsequently, particles were re-sedimented, and this rinsing procedure was 

repeated two additional times, with no residual activity due to enzyme leaching was observed in any rinse. 

The dotted line represents the maximum theoretical monolayer coverage of the enzyme assuming a 3 nm 

by 3 nm rectangular two-dimensional projected area of the immobilized enzyme. Error bars represent the 

standard deviation from three replicate activity measurements for each condition.  
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Figure E-2: Michaelis-Menten kinetics of immobilized lipA. (a) Substrate concentration dependence of 

relative activity of immobilized lipA with non-linear Michaelis-Menten fits. Error bars represent the 

standard deviation from three experimental replicates. (b) Michaelis constant (𝐾𝑀) for immobilized lipA 

on the three supports. Error bars represent the standard error of the non-linear fit.  
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Figure E-3:  Donor-acceptor intensity histograms. Two-dimensional histograms of donor-acceptor 

intensity pairs for each SM observation of lipA immobilized on polymer brushes synthesized with 

(a) 1% NHS (n ̅ = 1.1), (b) 5% NHS (n ̅ = 2.1), and (c) 10% NHS (n ̅ = 4.8) at 20°C and (d) 1% 

NHS (n ̅ = 1.1), (e) 5% NHS (n ̅ = 2.1), and (f) 10% NHS (n ̅ = 4.8) at 45°C. Dashed lines represent 

the threshold for state determination obtained from a pattern search that minimized the integrated 

number of observations underneath the threshold line. Observations below the threshold exhibited 

low donor and high acceptor emissions and were assigned as folded. Observations above the 

threshold exhibited high donor and low acceptor emission and were assigned as unfolded, 

consistent with both the site-specific labeling design and previous SM observations of this FRET-

labeled construct.   



156 

 

 

 

Figure E-4: Experimental and simulated RMSDs of d for immobilized lipA. Distributions of the RMSD of 

d at 20ºC (blue lines) and 45ºC (red lines) and simulations based on the measured uncertainties of donor 

and acceptor intensity (black dashed lines) for trajectories that remained folded for (a) n  ̅= 1.1, (b) n ̅ = 2.1, 

(c) n  ̅= 4.8 and for trajectories that remained unfolded for (d) n  ̅= 1.1, (e) n ̅ = 2.1, (f) n  ̅= 4.8. Simulations 

were performed for the same number of trajectories of the same duration for each condition. The time-

averaged d value was varied randomly in these simulated trajectories based on the measured uncertainty in 

intensity measurements for each observation. The RMSD of d was calculated for each simulated trajectory 

in a given condition and plotted as a probability density function. Notably, these simulated RMSDs of d 

were significantly less than the observed distributions of RMSDs of d, indicating that the observed 

fluctuations in intensity were not due to camera noise.   
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Figure E-5: LipA folded fractions from SM observations. Folded fraction versus temperature for lipA 

immobilized on polymer brush supports for lipA immobilized on 1% NHS supports (n ̅ = 1.1, gold squares), 

5% NHS supports (n ̅ = 2.1, blue squares) and 10% NHS (n  ̅= 4.8, green squares). Folded fractions were 

obtained from thresholded, two-dimensional donor-acceptor histograms for all SM observations of 

immobilized lipA. Error bars represent estimates of the standard deviation obtained from jackknife 

sampling of trajectories for each condition.   
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Figure E-6: Distribution of spring constants of immobilized lipA. Probability density functions of enzyme 

stiffnesses measured from observed SM d value fluctuations. Distributions of spring constants, expressed 

as Millinewtons per meter, for (a) folded lipA and (b) unfolded lipA immobilized on brushes synthesized 

with 1% NHS (n ̅ = 1.1, yellow lines), 5% NHS (n ̅ = 2.1, blue lines), and 10% NHS (n ̅ = 4.8, green lines).   
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Figure E-7: Thickness of polymer brush supports. Dry thicknesses were measured on polymer 

brushes synthesized from 2” silicon wafers and measured with a variable-angle spectroscopic 

ellipsometer. The thickness of the native oxide layer, monolayer of initiator, and brush were 

measured independently on different samples to provide an accurate measurement of the dry brush. 

Error bars represent the standard deviation of three experimental replicates. 
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Figure E-8: Calibration curve of fluorescamine. Fluorescamine fluorescence versus molar 

concentration of lysine used as the standard for determining primary amine concentration in 50mM 

sodium phosphate, pH 7.50. Fluorescamine fluorescence was measured in an Infinite M Plex 

(Tecan) plate reader by measuring fluorescence emission at 470 nm with excitation at 365 nm. 
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Table E-1: Number of single-molecule trajectories for each condition. 

 Folded 

 

 

Unfolded 

 

 

Table E-2: Number of single-molecule trajectories for RMSD of 𝑑 analysis for folded and 

unfolded lipA. 

 

 

�̅� 1.1 2.1 4.8 

20ºC 2,930 2,254 1,725 

45ºC 2,099 2,110 1,645 

�̅� 1.1 2.1 4.8 

20ºC 375 204 608 

45ºC 313 706 295 

�̅� 1.1 2.1 4.8 

20ºC 291 144 142 

45ºC 239 171 117 


