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Natural Flavins: Occurrence, Role, and Noncanonical
Chemistry
Jeroen Drenth and Marco W. Fraaije

University of Groningen, Molecular Enzymology Group, Nijenborgh 4, Groningen 9747AG, The Netherlands

2.1 Introduction

Flavin-dependent enzymes are versatile biocatalysts involved in numerous cellular
oxidation and reduction reactions over a wide range of substrates, many of which
are of key importance to primary and secondary metabolism. Since their discov-
ery about a century ago [1], these flavin mononucleotide (FMN) and flavin adenine
dinucleotide (FAD) utilizing oxidoreductases have been well studied, and currently
much is known about flavin chemistry. Some examples of the wide range of reac-
tions catalyzed by flavins include: reduction of activated C=C double bonds [2],
oxidation of alcohols [3, 4], oxidations and reductions of aldehydes [5, 6] and lac-
tols [7, 8], as well as (cyclic) alkane hydroxylation [9], aromatic hydroxylation [10,
11], Baeyer–Villiger oxidation [12, 13], epoxidation, sulfoxidation, phosphite ester,
selenide, organoboron, and amine oxidations [14], dehalogenation, halogenation
[15], decarboxylation [16, 17], and even light production [18]. Part of the chemical
versatility is derived from the ability to undergo both one- and two-electron reduc-
tion/oxidation reactions, to form several thermodynamically and kinetically acces-
sible stable redox states [19]. The mode of flavin reactivity and substrate specificity
is dictated by the protein part of the enzyme, as it finetunes the flavin redox poten-
tial, directs specific substrates to the cofactor, and stabilizes certain redox states and
covalent adducts [19–21]. Most enzymes do this through noncovalent interactions,
but there are cases where the flavin cofactor is actually covalently bound to the pro-
tein scaffold, enabling more drastic changes in flavin reactivity and substrate accep-
tance. Sometimes, enzymes may even stabilize superoxidized flavin states, as in the
case of the recently discovered flavin-N5-oxide (FlN5[O]) [22]. Modified flavins can
greatly enhance the “canonical” activity of flavoenzymes. Canonical flavin chem-
istry is hydride transfer to and from the N5 locus and molecular oxygen activation
at C4a, and is responsible for almost all the reported activities. But modified flavins
can also harbor new activities. A recently discovered means of steering the flavin
reactivity is prenylation of the isoalloxazine catalytic core structure [23]. This highly
modified cofactor is of key importance in reversible decarboxylations. In addition
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Figure 2.1 Flavin structure. The catalytic core structure of all flavins is the
7,8-dimethylisoalloxazine ring system, which comprises an electron-rich xylene ring, an
electron-deficient pyrimidine ring, and a bridging electrophilic pyrazine ring. The
catalytically important locus N5–C4a–C10a–N1 is highlighted in gray shading. Riboflavin,
FMN, and FAD also have a ribityl unit fused to the 7,8-dimethylisoalloxazine moiety at N10.
The ribityl tail of flavin mononucleotide (FMN) is decorated with a 5′-phosphoryl group and
flavin adenine dinucleotide (FAD) is further lengthened with adenosine monophosphate.

to the riboflavin-derived cofactors also the 5-deazaflavin F420 exists in nature. This
flavin analogue is synthesized mainly by archaea and Actinobacteria from an inter-
mediate in riboflavin biosynthesis. This underexplored cofactor, with its extraordi-
narily low redox potential, could be a very valuable tool in biocatalysis and medicinal
chemistry [24, 25]. This chapter will deal with F420 and the “exotic” cases of flavin
chemistry found in nature, where the cofactor is covalently modified or performs
noncanonical flavin chemistry, further expanding the toolbox of flavin biocatalysis
(Figure 2.1).

2.2 Flavin Biosynthesis

Riboflavin, the precursor of FMN and FAD, also known as vitamin B2, is essen-
tial to all known organisms, but not all organisms – including humans – can
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2.3 Covalently Bound Flavin Cofactors 31

actually synthesize this important cofactor (Figure 2.1). Plants and many fungi
and bacteria, however, can produce this cofactor from one equivalent of guano-
sine triphosphate (GTP) and two equivalents of ribulose-5-phosphate (R5P),
both common metabolites in primary metabolism [26, 27]. The first steps in
biosynthesis are the hydrolytic removal of C8 from the guanine ring from GTP
as formate and the hydrolytic release of pyrophosphate (PPi), both catalyzed
by GTP cyclohydrolase II [26]. In bacteria, the product of these reactions,
2,5-diamino-6-(5-phospho-D-ribosylamino)pyrimidin-4(3H)-one ((2) in Figure 2.2),
then undergoes deamination at C2 of the ring, and subsequent NAD(P)H-dependent
reduction of the phosphoribosyl sidechain (reactions B and D in Figure 2.2, respec-
tively) to form 5-amino-6-(1-D-ribitylamino)uracil. In bacteria, both reactions are
catalyzed by a bifunctional enzyme [28]. Fungi, however, first reduce the phosphori-
bosyl side chain of 2,5-diamino-6-(5-phospho-D-ribosylamino)pyrimidin-4(3H)-one
and then deaminate the reduced product. Both reactions, depicted by arrows C and
E in Figure 2.2, are catalyzed by separate enzymes [29]. The 5′-phosphoryl group is
then removed by a phosphatase [30] and the product, 5-amino-6-(1-D-ribitylamino)
uracil, is then condensed with L-3,4-dihydroxybutan-2-one 4-phosphate to form
6,7-dimethyl-8-(D-ribityl)lumazine by 6,7-dimethyl-8-ribityllumazine synthase
[31–33] (arrow G in Figure 2.2). L-3,4-dihydroxybutan-2-one 4-phosphate is
formed from R5P in a peculiar reaction, involving several tautomerizations
and a sigmatropic rearrangement, catalyzed by L-3,4-dihydroxybutan-2-one
4-phosphate synthase [33–35]. The last step in the biosynthesis pathway is cat-
alyzed by riboflavin synthase, which catalyzes the unusual dismutation of two
6,7-dimethyl-8-(D-ribityl)lumazine equivalents to form one equivalent of riboflavin
and one equivalent of its precursor, 5-amino-6-(1-D-ribitylamino)uracil [36]. In
the case of FMN, the 5′-carbon is decorated with a phosphoryl group, and in the
case of FAD this is further elongated by an adenosine-5′-monophosphate (AMP)
moiety. Both steps are either done by bifunctional FAD synthases in bacteria or by
riboflavin kinase and FAD synthase in fungi and plants, respectively [37].

2.3 Covalently Bound Flavin Cofactors

Cofactors can be transiently or permanently bound to enzymes. Coenzymes or
cosubstrates are only temporarily bound to the enzyme during a catalytic cycle, as
is normally the case for coenzyme A, coenzyme Q, and nicotinamides. On the other
hand, prosthetic groups are tightly and permanently bound to the enzyme, and
may only dissociate upon enzyme denaturation. Examples are metal ions, heme
groups, iron–sulfur clusters, thiamine pyrophosphate (TPP), pyridoxal phosphate
(PLP), and biotin. In some cases, the nicotinamide cofactors can also serve as a
prosthetic group [38]. Most of these cofactors are tightly but not covalently bound
to the enzyme. Some prosthetic groups, however, are actually covalently linked to
the polypeptide, as is the case for lysine bound biotin and lipoic acid, which enables
these cofactors to swing in between different active sites of an enzyme complex [39].
Other covalently bound cofactors are formed in situ out of amino acid side chains,
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Figure 2.2 Riboflavin biosynthesis pathway. Riboflavin (8) is synthesized out of one
equivalent of GTP (1) and two equivalents of ribulose-5-phosphate (R5P (9)). A: The C8 and
two phosphate groups of GTP are hydrolyzed by GTP cyclohydrolase II, forming
pyrophosphate, formate, and 2,5-diamino-6-(5-phospho-D-ribosylamino)pyrimidin-4(3H)-
one (2). B: In bacteria (2) is diaminated at the C2 position by diaminohydroxy-
phosphoribosylaminopyrimidine deaminase, forming 5-amino-6-(5′-
phosphoribosylamino)uracil (3) and ammonia. C: In fungi (2) is first reduced to form
2,5-diamino-6-(5-phospho-D-ribitylamino)pyrimidin-4(3H)-one (4), which is catalyzed by
2,5-diamino-6-(ribosylamino)-4(3H)-pyrimidinone 5′-phosphate reductase. D:
5-amino-6-(5-phosphoribosylamino)uracil reductase then catalyzes the NADPH-dependent
reduction of the ribose moiety of (3), forming 5-amino-6-(5′-phospho-D-
ribitylamino)uracil (5). E: 2,5-diamino-6-(5-phospho-D-ribitylamino)-pyrimidin-4(3H)-one
deaminase then catalyzes the deamination of (4), creating (5). F: (5) Is dephosphorylated to
form amino-6-(1-D-ribitylamino)uracil (6), catalyzed by 5-amino-6-(5-phospho-D-
ribitylamino)uracil phosphatase. G: Condensation of (6) and L-3,4-dihydroxybutan-2-one
4-phosphate (10) by 6,7-dimethyl-8-ribityllumazine synthase, forms 6,7-dimethyl-
8-(D-ribityl)lumazine (7). H: two equivalents of (7) are condensed to form one equivalent of
riboflavin (8) and one equivalent of (6). I: 3,4-dihydroxy 2-butanone 4-phosphate synthase
catalyzes the formation of (10) out of R5P (9).
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2.3 Covalently Bound Flavin Cofactors 33

like topaquinone and analogous cofactors [40–42]. FMN and FAD are special in the
sense that these cofactors can serve both as coenzyme and prosthetic group, and
as a prosthetic group they can be either covalently or noncovalently attached to
the enzyme. In fact, hemes and flavins are the only cofactors, which can be found
as both covalently and noncovalently bound prosthetic groups. It is estimated that
about 10% of the flavoproteins contain a covalently bound flavin [43].

2.3.1 Types and Occurrence of Covalent Protein–Flavin Bonds

The first covalent flavoprotein, succinate dehydrogenase, was identified in 1955
and later experimental work revealed that it contained 8α-N3-histidyl-FAD
[44, 45]. Thus far, seven additional covalent flavin–enzyme linkages have
been identified after this discovery. Covalent bonds can be formed between
histidine, cysteine, tyrosine, aspartate, and the C8a and C6 positions of
the isoalloxazine ring system or between the 5′-phosphoryl group of FMN
and a threonine residue, and the resulting linkages found in nature are
8α-N1-histidyl-FAD/FMN, 8α-N3-histidyl-FAD/FMN, 8α-S-cysteinyl-FAD/FMN,
8α-O-tyrosyl-FAD, 8α-O-aspartyl-FAD, 6-S-cysteinyl-FMN, and phosphoester-
threonyl-FMN, respectively (see Figure 2.3) [43, 46, 47]. In some cases, FAD is linked
to the protein via two covalent bonds. The bicovalent 8α-N1-histidyl-6-S-cysteinyl-
FAD is found in several enzymes, among which are gluco-oligosaccharide oxidase
(GOOX), aclacinomycin oxidoreductase, berberine bridge enzyme (BBE), cannabid-
iolic acid synthase, hexose oxidase, chito-oligosaccharide oxidase (ChitO) [48–53].
The 8α-N-histidyl-FAD linkage is the most abundant form, found in a large array
of proteins. This type of linkage is especially prevalent in enzymes that belong to
the vanillyl alcohol oxidase (VAO) family. In fact, studies on the VOA family in
the genome database predict that one in four proteins contains a covalent FAD,
due to the presence of a conserved active-site histidine [54, 55]. Apart from the
8α-N1-histidyl-FAD and 8α-N3-histidyl-FAD linkages, some VOA members also

Figure 2.3 Identified covalent
flavin–protein linkages.
8α-N1-histidyl-FAD/FMN,
8α-N3-histidyl-FAD/FMN,
8α-S-cysteinyl-FAD/FMN, 8α-O-tyrosyl-FAD,
8α-O-aspartyl-FAD, 6-S-cysteinyl-FMN,
8α-N1-histidyl-6-S-cysteinyl-FAD, and
phosphoester-threonyl-FMN.
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34 2 Natural Flavins: Occurrence, Role, and Noncanonical Chemistry

contain 8α-N1-histidyl-6-S-cysteinyl-FAD and 8α-O-tyrosyl-FAD. Another large
protein family, the glucose oxidase/methanol oxidase/cholesterol oxidase (GMC)
family, contains far less members with a covalently bound flavin cofactor. This
suggests that the fold type of the enzyme might be important for promoting covalent
flavin–protein bonds. Strikingly, the residues in the VAO family that form the cova-
lent bond between the polypeptide and C8a of FAD are not fully conserved. The his-
tidine residue, which is responsible for 8α-N1-histidyl-FAD bond, is found near the
N-terminus, which is part of the FAD-binding domain, whereas the histidine respon-
sible for the 8α-N3-histidyl-FAD is found in different positions on the cap domain;
the same holds for the tyrosine that forms 8α-O-tyrosyl-FAD. No consensus sequence
for covalent flavin incorporation has been identified. In fact, most binding motifs
in covalent flavoproteins are similar to their noncovalent counterparts [43, 46].

The 8α- and 6-S-cysteinyl bound flavins are less widespread than the 8α-N-histidyl
bound flavins; moreover, the 8α-O-tyrosyl-FAD, 8α-O-aspartyl-FAD and phospho-
ester threonyl FMN are thus far only identified in isolated cases. Histidyl-FAD/FMN
and 8α-S-cysteinyl-FAD are found in all domains of life, whereas all the other bond
types have only been identified in bacterial proteins. Extensively studied proteins
containing 8α-S-cysteinyl-FAD are monoamine oxidase (MAO) and bacterial
monomeric sarcosine oxidase (MSOX) [56, 57], and a well-studied example of a
6-S-cysteinyl-FMN-containing enzyme is trimethylamine dehydrogenase (TMADH)
[58, 59]. 8α-O-tyrosyl-FAD, 8α-O-aspartyl-FAD, and phosphoester threonyl FMN
are found in p-cresol methyl hydroxylase (PCMH) [60, 61], chloramphenicol
halogenase [62], and the NprB/C subunits of a Na+-translocating NADH:quinone
reductase [63, 64], respectively.

2.3.2 The Mechanisms of Protein–Flavin Bond Formation

A wealth of structural and biochemical data on covalently bound flavins has led to a
consensus on the general mechanisms of covalent flavinylation at the isoalloxazine
ring system. The formation of a covalent bond between the protein and the C8a and
C6 positions was long believed to be a fully autocatalytic post-translational process,
but recent studies have shown that covalent tethering at the 8-methyl group might
be assisted by a small helper protein in some cases.

2.3.2.1 Formation of the Protein–Flavin Bond at the C8a Position
The proposed general mechanism for the autocatalytic formation of a covalent
bond between the C8a of the isoalloxazine ring system and the nucleophilic side
chain of tyrosine, cysteine, aspartate, and histidine is shown in Figure 2.4, as
was first proposed by Walsh [65]. The first step in this mechanism is the depro-
tonation of the 8a-methyl group by an active-site base, forming an iminoquinone
methide intermediate. This intermediate was first discovered by Bullock and
Jardetzkey in high-temperature deuterium exchange nuclear magnetic resonance
spectroscopy (NMR) experiments [66], and was later also found in biomimetic
8α-functionalization studies of 2′,3′,4′,5′-tetraisobutyrylriboflavin with morpholine
and imidazole, using base catalysis [67]. The nucleophilic amino acid residue then

 10.1002/9783527830138.ch2, D
ow

nloaded from
 https://onlinelibrary.w

iley.com
/doi/10.1002/9783527830138.ch2 by U

niversiteitsbibliotheek, W
iley O

nline L
ibrary on [18/09/2023]. See the T

erm
s and C

onditions (https://onlinelibrary.w
iley.com

/term
s-and-conditions) on W

iley O
nline L

ibrary for rules of use; O
A

 articles are governed by the applicable C
reative C

om
m

ons L
icense



2.3 Covalently Bound Flavin Cofactors 35

 

N

N

N

NH

H2C

O

O
RH

L

B1
HB2

N

N

N

NH

H2C

O

O
R

L

B1H
HB2

HB3

N

N

N

NH

H2
C

O

O
R

L

B1H HB2

N

N
H

N

NH

H2
C

O

O
R

L

B1H HB2

B3

2e–

H+

HB3

B3

Figure 2.4 Proposed mechanism for the formation of a covalent flavin–enzyme bond at
the C8a position of the isoalloxazine ring system. B1, B2, and B3 are active-site bases and
L− is the nucleophilic side chain of tyrosine, histidine, cysteine, or aspartate. B3 might be an
amino acyl side chain or an acidic water molecule. The formed product can be 8α-N1-
histidinyl-flavin, 8α-N3-histidinyl-flavin, 8α-S-cysteinyl-flavin, 8α-O-tyrosyl-flavin, or
8α-O-aspartyl-flavin. Source: Adapted from Heuts et al. [43].

performs a nucleophilic attack on the C8a-position, accompanied by a concerted
protonation of N5, creating a covalent adduct between the protein and reduced
flavin hydroquinone. Oxidation of the hydroquinone results in the oxidized
8α-peptidyl–flavin resting state. The formation of the reduced flavin intermediate
was observed when the apo-form of bacterial monomeric sarcosine oxidase (MSOX),
expressed and purified from a riboflavin auxotrophic Escherichia coli strain, was
reconstituted with FAD in vitro. This aerobic reconstitution process, forming
8α-S-cysteinyl-FAD, produced a stoichiometric amount of hydrogen peroxide with
apparent second-order kinetics, which suggests an autocatalytic process [57]. The
same experiments were conducted for VAO, showing the same results [68]. The
formation of reduced and quinone methide intermediates and the production
of stoichiometric amounts of hydrogen peroxide in vitro show that this is an
autocatalytic process. Autocatalytic 8-S-cysteinyl–flavin formation was also seen
for the A394C mutant of putrescine oxidase from Rhodococcus erythropolis NCIMB
11540. This enzyme normally binds FAD noncovalently as a prosthetic group, but
the introduced cysteine, which faces the C8a position of FAD, can actually form a
covalent bond [69].

Replacement of FAD by 1-deaza and 5-deaza analogues does not lead to covalent
bond formation in MSOX, as well as in p-cresol methyl hydroxylase (PCMH) and
6-hydroxy-D-nicotine oxidase (6-HDNO) [70], as can be explained by the lower
redox potentials and lower electrophilicity, making the 8a-protons less acidic. Some
flavin analogues with redox potentials higher than 5-deaza FAD were shown to
covalently bind PCMH [71].
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36 2 Natural Flavins: Occurrence, Role, and Noncanonical Chemistry

In some cases, covalent flavinylation might need some stabilizing factors, like
helper proteins. PCMH is a α2β2 tetramer, containing two flavoprotein α-subunits
(PchF) and two c-type cytochrome β-subunits (PchC), and can only form a cova-
lent 8α-O-tyrosyl-FAD bond when the full complex is formed. Apo-PchF can be
noncovalently reconstituted with FAD, but the cofactor and the enzyme are only
covalently linked in the presence of PchC. Binding of PchC to holo PchF causes
a conformational change that leads to the covalent bond formation. The reduced
flavin that is formed in this process, in turn, reduces the cytochrome, which also
happens in its normal catalytic scheme [72, 73]. The autocatalytic formation of the
histidyl-N1-FAD bond in purified 6-HDNO needs the presence of additives like
glycerol-3-phosphate in vitro [70, 74]. For PCMH, one could still argue that covalent
bond formation is fully autocatalytic, as the whole tetramer that is needed for the
8α-O-tyrosyl-FAD bond formation is also necessary to form a normal catalytically
active unit. And for 6-HDNO one could say the same, as these small molecules
naturally occur in living cells and do not directly contribute to the catalytic process.
Studies on human succinate dehydrogenase, however, have suggested that a small
∼10 kDa protein, SdhAF2, is needed as an assembly factor for the formation of
the covalent flavin–protein bond [75]. This factor has homologues in all kingdoms
of life, like Sdh5 in yeast and SdhE in bacteria [76]. Structural, biochemical, and
mutagenesis experiments on SdhE and Sdh5 have shown that this protein has
a conserved motive for binding succinate dehydrogenase and quinol:fumarate
reductase (RGXXE) and does not bind FAD itself [77–79]. Moreover, circular
dichroism studies show that these flavoproteins are already completely folded and
contain FAD before treatment with SdhE. Therefore, it is believed to stabilize the
protein in a locked active-site conformation, promoting autocatalysis [80, 81]. The
lack of SdhE homologues in some extreme thermophiles, containing succinate
dehydrogenases that share high homology with their mesophilic counterparts,
agrees with this hypothesis [82].

2.3.2.2 Formation of the 6-S-Cysteinyl–Flavin Bond
The formation of the 6-S-cysteinyl–FMN bond in trimethyl amine dehydrogenase
(TMADH) is believed to happen autocatalytically by nucleophilic attack of the
Cys30-thiolate anion on the C6 position. Tautomeric rearomatization creates a
reduced 6-S-cysteinyl–FMN intermediate. This hydroquinone then donates elec-
trons to a nearby [4Fe–4S] cluster by two consecutive 1-electron-transfer reactions,
forming the oxidized 6-S-cysteinyl–flavin ground state [58] (Figure 2.5).

2.3.2.3 Formation of the Phosphoester Threonyl–FMN Bond
Unlike covalent bond formation at the isoalloxazine ring system, phosphoester
threonyl–FMN bond formation is nonautocatalytic and needs assistance from
an FMN transferase that incorporates FMN into the polypeptide. When the
Na+-translocating NADH:quinone oxidoreductase (Na+-NQR) from Vibrio cholera
was heterologously expressed in E. coli, no flavin incorporation was seen [83].
This led to the discovery of a “chaperone” protein, ApbE, through bioinformatic
analysis of the genomes of all nqr operon-containing bacteria. AphE was later

 10.1002/9783527830138.ch2, D
ow

nloaded from
 https://onlinelibrary.w

iley.com
/doi/10.1002/9783527830138.ch2 by U

niversiteitsbibliotheek, W
iley O

nline L
ibrary on [18/09/2023]. See the T

erm
s and C

onditions (https://onlinelibrary.w
iley.com

/term
s-and-conditions) on W

iley O
nline L

ibrary for rules of use; O
A

 articles are governed by the applicable C
reative C

om
m

ons L
icense



2.3 Covalently Bound Flavin Cofactors 37

N

N

N

NH

O

O
R

N

N

H
N

NH

O

O
R

S

NH2

H2N

NH

H2N

S H

N

N

N

NH

O

O
R

N

N
H

H
N

NH

O

O
R

NH2

H2N

NH

H2N

S

2[4Fe-4S]ox

2[4Fe-4S]red
S

–2H+

Figure 2.5 Proposed mechanism for the formation of 6-S-cysteinyl-FMN. The cysteinyl
thiolate anion attacks C6 of the isoalloxazine ring system. The positively charged arginine
(blue) assists by stabilizing the negative charge on N1. Source: Adapted from Scrutton
et al. [58].

renamed as Ftp (flavin-trafficking protein). Coexpression of the Vibrio harveyi NqrC
(a subunit of Na+-NQR) and ApbE (Ftp) genes in E. coli resulted in the production
of a covalently flavinylated NqrC, and also in vitro covalent flavinylation was seen
when incubating FAD, ApbE, and NqrC in one pot [84]. A homologue of ApbE
(Ftp) from Treponema pallidum (Ftp_Tp) was shown to have metal-dependent
FAD pyrophosphatase activity, hydrolyzing FAD into AMP and FMN, as well as
flavin-transferase activity. Mutating the active-site residue asparagine-55 to tyrosine
changed its activity to a FAD-binding protein. And mutating the metal-binding
aspartate-284 to an alanine abolished catalytic activity [85]. The same loss of
activity was seen for ApbE when it was incubated with ethylenediaminetetraacetate
(EDTA) [84]. Crystal structures of Salmonella enterica and T. pallidum ApbE indeed
showed that these enzymes can bind FAD [85, 86]. This led to the conclusion that
Ftps are not just chaperones, but are enzymes that catalyze the formation of the
phosphoester threonyl–FMN bond. A consensus sequence for the covalent targeting
was identified as: DgxtsAT/S, in which T/S is the residue that is covalently modified
[87]. A conserved histidine, which is in close proximity to the FAD pyrophosphate
in Ftp proteins, is believed to activate threonine or serine as a nucleophile for flavin
transfer, or acts as a general acid to activate AMP as a leaving group. Mutagenesis
studies indeed showed that this histidine is essential for catalysis [85]. Furthermore,
it is also believed that a lysine (Lys-211) in Na+-NQR is involved in activating the
threonine or serine as nucleophile by polarization. A possible mechanism is shown
in Figure 2.6.
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Figure 2.6 Phosphoester
threonyl–FMN bond formation.
Residues in red are from AphE/Ftp and
residues in blue are from Na+-NQR.

2.3.3 The Function of Covalent Flavinylation

Covalent flavinylation can serve different purposes in enzymes. Studies on enzymes
with covalently bound flavins suggest a number of roles, namely increasing the redox
potential, structural integrity, holoenzyme lifetime, flavin and substrate orientation,
and flavin reactivity.

2.3.3.1 Redox Potential
The protein environment can alter the redox potential (midpoint potential, Eh or Em)
of flavins by noncovalent interactions [88, 89], but not as drastically as compared to
covalent modifications. Substitutions at positions 7 and 8 of the isoalloxazine system
(meta and para to N5) with electron-withdrawing and -donating substituents have
a dramatic effect on the redox potential, and the correlation follows a linear Ham-
met relationship [90]. Mutagenesis studies on several enzymes with flavins tethered
to the polypeptide chain through C8a showed that these enzymes have a higher
redox potential than their noncovalent counterparts. The same is observed at the
C6 position. The high redox potential of covalent flavoenzymes, which is in many
cases above 0, results in a very limited array of electron acceptors. Therefore, most
of these enzymes are indeed oxidases, using dioxygen as electron acceptor. A dras-
tic drop in redox potential from +55 mV to −65 mV and an accompanying 10-fold
decrease in catalytic activity were seen for VAO when the His-422, responsible for
the covalent FAD linkage, was replaced by an alanine. The structure and protein
stability, however, seem not to be affected by this mutation, suggesting that covalent
flavinylation is purely influencing the redox potential in these enzymes [91, 92]. A
similar trend was seen for PCMH when the covalent-anchoring point Tyr-384 was
mutated to a phenylalanine. This mutation prevented covalent binding and resulted
in a drop in redox potential (from +84–93 mV to +34–48 mV) and an astonishing
drop in kcat (from 121 to 3.8 s−1), whereas the Km remained virtually unchanged
[71, 93]. The same effects were also seen in studies on cholesterol oxidase type II
(CholO), where drastic drops in turnover numbers and redox potential were seen
and there were no deviations in crystal structures [94, 95]. Changes in turnover
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2.4 Naturally Occurring Riboflavin Analogues and Modified Flavins – Roles and Occurrence 39

number can be correlated to a decrease in the flavin reduction rate when the redox
potential is lowered.

Bicovalent attachment at both C8a and C6 results in an even higher redox poten-
tial, as is seen in E. coli reticuline oxidase, GOOX, and ChitO [96, 97]. Breaking either
covalent attachment results in a decrease in reduction rate and decrease in redox
potential. So, both covalent-anchoring events contribute to the elevation in redox
potential.

2.3.3.2 Structural Integrity and Holoenzyme Lifetime
Covalent flavinylation increases the redox potential and therefore also influences the
reduction rate and the electron-acceptor scope, but it can also effect the stability and
substrate scope in some cases. A clear effect on the substrate scope and holoenzyme
lifetime is seen in enzymes with a bicovalently anchored flavin, which have a very
open active site that allows the conversion of bulky substrates and polymers, without
loss of the cofactor [50, 97]. Removal of the C6-cysteinyl bond in ChitO influences
the redox potential, as was discussed in Section 2.3.3.1, but also influences the Km
of the substrate, indicating that this bond is also important for the correct position-
ing of FAD in the active site for Michaelis complex formation with the substrate. A
similar effect is seen for MSOX [98]. ChitO mutants with only one covalent attach-
ment tend to be less stable and aggregate over time; moreover, mutants with none of
the covalent linkages hardly express at all, which shows the stabilizing effects these
attachments have on the protein [97]. Lower stability is also seen for CholO and
6-HDNO [70, 99].

2.4 Naturally Occurring Riboflavin Analogues
and Modified Flavins – Roles and Occurrence

Several flavin analogues have been identified over the last couple of decades. These
analogues are made by variations in biosynthesis or by enzyme-mediated modifica-
tions of FMN or FAD. Some are modified in such a way that they are better catalysts
for the job than the standard riboflavin derivatives FMN and FAD, but others are
believed to be artifacts of faulty catalysis.

2.4.1 6-Hydroxy and 7-Methyl-8-Hydroxyflavins

6-Hydroxyflavin mononucleotide (6-hydroxyFMN; Figure 2.7a) is one of these cases
where a flaw in the catalytic mechanism results in an inactive flavin derivative. It was
discovered in two mutants of trimethylamine dehydrogenase from Methylophilus
methylotrophus (sp. W3A1). Active-site mutants W355L and C30A – which is nor-
mally responsible for a C6-cysteinyl flavin–protein bond – showed substrate-induced
and substrate-independent formation of this compound, respectively, which severely
reduced the oxidative demethylation activity [46]. Wild-type enzyme seemed to also
produce 6-hydroxyFMN, but in much lower quantities. This is yet another advantage
of covalent flavinylation: controlling the reactivity of the bound flavin.
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Figure 2.7 Structures of natural modified flavins. (a) 6-hydroxyFMN,
(b) 6-(3′-(R)-myristyl)FMN, (c) 7,8-dimethyl-l0-(2,3,4-trihydroxy-4-formylbutyl)isoalloxazine
(a chizoflavin), (d) 7,8-dimethyl-l0-(2,3,4-trihydroxy-4-carboxybutyl)isoalloxazine
(a chizoflavin), (e) Nekoflavin; 7α-hydroxymethyl riboflavin, (f) riboflavin-3′-sulfate,
(g) 10-hydroxymethyl-7,8-dimethylisoalloxazine (hydroxymethyl flavin), (h) 8-carboxy
lumichrome, (i) 8-formylFMN, (j) roseoflavin.

At first, it was thought to be conceived by hydration of the electrophilic imino-
quinone methide, which is the intermediate responsible for C8a and C6 covalent
flavin–protein bonds, but a later isotope labeling study found that the 6-hydroxyl
group was derived from molecular oxygen [100].

Also, 6-hydroxy modified FAD and FMN analogues were detected in an
electron-transferring flavoprotein (ETF) from Peptostreptococcus elsdenii and
glycolate oxidase from pig liver, respectively. This was a serendipitous discovery,
due to the peculiar green color of these compounds at pH 9 [101]. The reason for
the existence of these compounds and a possible function in these enzyme systems
was never found.

Not long after the discovery of 6-hydroxyFAD in P. elsdenii FTR, the orange
7-methyl-8-hydroxyFAD was isolated from the same organisms as a prosthetic
group of an NADH dehydrogenase [102]. The enzymes with this cofactor were
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2.4 Naturally Occurring Riboflavin Analogues and Modified Flavins – Roles and Occurrence 41

actually not active, and therefore it was thought that both newly identified cofactors
in P. elsdenii were artifacts that were somehow created in the purification process.

2.4.2 6-(3′-(R)-Myristyl)Flavin Mononucleotide

6-(3′-(R)-myristyl)flavin mononucleotide (MyrFMN or Myristylated FMN;
Figure 2.7b) is another covalently modified FMN, which is also believed to be
an artifact of a faulty enzyme-mediated chemical reaction. It was found in biolumi-
nescent bacteria in several genera, like Photobacteria, Aliivibrio, and Vibrio that use
the FMN-dependent bacterial luciferase [103, 104], and a direct correlation between
light production and MyrFMN production was seen. Bacterial luciferase catalyzes
the oxidation of long-chain aldehydes to long-chain fatty acids, like myristic acid
(tetradecanoic acid), through a chemically induced electron exchange luminescence
(CIEEL) mechanism, which produces a short-lived excited state of FMN [105].
It is thought that rearrangement of the alkoxy radical to a carbon radical results
in the covalent attachment of myristic acid to FMN [104]. Luciferase is strongly
inhibited by MyrFMN [106, 107], and a gene product from LuxF, a homologue to
the β-subunit of luciferase, is believed to be a scavenger for MyrFMN [104], and
coexpression greatly enhances light production.

2.4.3 Chizoflavins

Two riboflavin derivatives, termed chizoflavins, were isolated in the culture broth
of Schizophyllum commune, which had the 5′-hydroxyl group oxidized to an alde-
hyde or carboxylic acid functionality, yielding 7,8-dimethyl-l0-(2,3,4-trihydroxy-4-
formylbutyl)isoalloxazine and 7,8-dimethyl-l0-(2,3,4-trihydroxy-4-carboxybutyl)
isoalloxazine, respectively [108, 109], see Figure 2.7c,d. An nicotinamide adenine
dinucleotide 2′-phosphate (NADPH)-dependent enzyme was later identified as
the 5′-aldehyde-forming enzyme [110]. Thus far, no physiological role has been
assigned to these chizoflavins.

2.4.4 7-Hydroxymethyl and 8-Hydroxymethyl Riboflavin

Nekoflavin (Figure 2.7e) was discovered in cat choroids as a pigment molecule [111].
This compound was later identified as 7α-hydroxymethyl riboflavin [112]. Both
nekoflavin and 8α-hydroxymethyl riboflavin are found in human and rat urine, and
may be pigments necessary for vision. Both 7-carboxy and 8-carboxylumichrome,
also found in milk, are probably degradation products of these compounds
(Figure 2.7h). Hydroxymethyl flavin, shown in Figure 2.7g, is also found in urine
as a degradation product of riboflavin, which is probably produced by symbiotic
bacteria in the urinal tract [113].

2.4.5 Plant Root Iron Uptake Cofactors

Some plants excrete reduced riboflavin and riboflavin analogues that contain either
a 3′ or 5′-sulfate group from their roots upon iron starvation, as was seen for sugar
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42 2 Natural Flavins: Occurrence, Role, and Noncanonical Chemistry

beet [114]. It is hypothesized that reduced flavin is used to reduce iron(III) to iron(II)
and the riboflavin sulfates are then used for iron uptake. See Figure 2.7f.

2.4.6 Roseoflavin – An Antimicrobial Flavin Analogue

Roseoflavin, 8-dimethylamino-8-demethyl-D-riboflavin (RoF), was originally iso-
lated from Streptomyces davawensis in 1974 and was found to have antimicrobial
properties [115]. RoF is especially active against Gram-positive bacteria, and has
a minimal inhibitory concentration (MIC) of 1.56 μg ml−1 for Bacillus subtilis and
0.25–6.25 μg ml−1 for Staphylococcus aureus [115, 116].

Although the exact nature of the antimicrobial effect is not well understood, it is
postulated that roseoflavin inhibits FMN- and FAD-dependent enzymes as a com-
petitive inhibitor, after being converted to roseoflavin-5′-phosphate and roseoflavin
adenine dinucleotide [117–120]. Another possible mode of action is the binding
of roseoflavin in FMN-dependent riboswitches that control the expression of the
riboflavin biosynthesis machinery [121].

RoF is synthesized from FMN in several steps by three enzymes. The first
enzyme, RosB, oxygenates FMN on the 8α-position to form 8-formyl-FMN,
which is then further oxidized to 8-demethyl-8-carboxylFMN and then a
thiamine-dependent decarboxylation/glutamate-dependent amination results
in 8-demethyl-8-aminoriboflavin-5′-phosphate (AFP). RosB is a flavodoxin-like
enzyme, composed of four subunits, which has evolved from an electron- or
hydride-transferring flavoprotein to an “FMN 8-aminase” [122, 123]. AFP is sub-
sequently dephosphorylated to form 8-amino-8-demethyl-D-riboflavin (AF) [124].
And AF is then subjected to two S-adenosyl methionine-dependent N-methylations,
catalyzed by 8-amino-8-demethyl-D-riboflavin dimethyltransferase (RosA), to form
roseoflavin [125].

2.4.7 8-Formyl Flavins

Formyl flavin analogues were reported three times in the last twenty years. A muta-
genesis study on two strictly conserved active-site arginines in an FMN-dependent
lactate oxidase from Aerococcus viridans showed the slow formation of so-called
8-formylFMN (8-demethyl-8-formylFMN) [126]. In another study, 8-formylFAD
(8-fFAD) was found in wild-type formate oxidase from Aspergillus oryzae. This
enzyme seems to slowly and autocatalytically produce 8-fFAD after reconstitution
of the apoenzyme with FAD, which makes the enzyme 10-fold more active [127].
A rationale for the increasing activity would be the increase in redox potential
due to the electron-withdrawing group on the 8-position, as is also the case for
flavins covalently attached to the polypeptide. It is actually thought that the
8-formyl group is formed through the same mechanism as covalent protein–flavin
formation, involving the quinone–methide tautomer, which is hydrated to form the
8-fFAD product. Substitution of lysine-87, which is believed to act as a base in this
mechanism, with an alanine prohibited the formation of 8-fFAD, thus strengthens
this suggested mechanism [127].
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2.4 Naturally Occurring Riboflavin Analogues and Modified Flavins – Roles and Occurrence 43

8-fFAD was also discovered in the heterodimeric human electron-transferring
flavoprotein (hETF) [128]. This enzyme is responsible for the transfer of electrons
from at least 13 different flavin-dependent dehydrogenases to the mitochondrial
respiratory chain through a noncovalently bound FAD cofactor. This noncovalently
bound FAD cofactor undergoes the same time-dependent 8-formyl formation in
the active site as was shown for formate oxidase, and seems to be pH dependent.
Higher pH values promote 8-fFAD formation. The 8-fFAD cofactor in hETF seemed
to reside in the semiquinonic state for longer period than is seen for FAD, which
slightly lowered the observed rates. But, surprisingly, the 8-fFAD-containing hETF
had a fivefold enhanced affinity to human dimethylglycine dehydrogenase, which
shows that 8-fFAD must modulate the binding affinity somehow. Furthermore, it
was shown that two mutations that prohibit the formation of 8-fFAD are a cause of
glutaric aciduria type II, a rare genetic metabolic disease [128]. Thus, formation of
this 8-formylFAD compound results in better enzyme activities and its absence can
even result in a life-threatening chronic disease.

2.4.8 Prenyl-FMN

Another recent discovery of a highly modified flavin was done while investigating
a decarboxylase in the ubiquinone biosynthesis pathway of fungi and bacteria.
Biochemical and crystallographic studies on Aspergillus niger FdcI and the E. coli
homologue UbiD have detected a prenylated FMN in their active sites [129, 130].
The prenylated FMN, prenyl-FMN (prFMN), is provided by an FMN-prenyl
transferase, which is UbiX in E. coli and Pad1 in A. niger. The substrate for
the transferase is dimethylallyl-monophosphate and is initially linked to N5 by
nucleophilic attack of the nitrogen atom on C1′, releasing phosphate through
nucleophilic displacement. The active site then assists in a conformational change
of the olefin adduct through the formation of carbocation species, which then
promotes the formation of the C6–C3′ dimethylallyl bond [131], see Figure 2.8a.
After the formation of holo-UbiD/Fdc1 the reduced prenyl-FMN undergoes oxida-
tive maturation, most probably through proton-coupled electron transfer [129].
Oxidized prenyl-FMN has an azomethine ylide character, and two isomeric forms,
a secondary N5-ketamine and an N5-iminium adduct, have been observed in
the crystal structure of Fdc1, with a very different ring structure. The hexameric
holoenzyme catalyzes the reversible decarboxylation of cinnamic acid in vitro,
which is placed directly on top of the azomethine ylide. The substrate and cofactor
undergo a 1,3-dipolar cycloaddition – the first to be described in nature – and the
formed substrate–prFMNiminium pyrrolidine adduct is then decarboxylated through
a Grob-type fragmentation reaction. A second prFMNiminium pyrrolidine adduct is
then formed, upon protonation of C2′, which results in product (styrene) release
through a retro1,3-cycloaddition [130], see Figure 2.8b. The stabilized iminium
adduct of prFMN is the first discovered modification that facilitates noncanonical
flavin chemistry, as it enables covalent 1,3-cycloaddition catalysis – something not
seen before in nature.
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Figure 2.8 Prenyl-FMN formation and UbiD/Fdc1 decarboxylase activity. (a) the UbiX/Pad1
catalyzed formation of prenyl-FMN and oxidative maturation in UbiD/Fdc1.
(b) Catalytic cycle of UbiD/Fdc1 with cinnamic acid. a: formation of substrate–prFMNiminium

pyrrolidine adduct through a 1,3-dipolar cycloaddition, b: Grob-type fragmentative
decarboxylation, c: intermediate–prFMNiminium pyrrolidine adduct formation and
protonation, d: product release by retro 1,3-dipolar cycloaddition. Source: Adapted from
Marshall et al. [132] and Payne et al. [130].

2.4.9 Artificial Cofactors and Novel Catalytic Activity

Artificial flavin analogues have been used extensively as active-site probes for
the elucidation of flavoenzyme mechanisms and flavin chemistry [90, 133–136].
Artificial flavins have also been successfully introduced as a means to create or
change enzyme activity. The dehalogenase activity of iodotyrosine deiodinase could
be changed to nitroreductase activity by exchanging FMN with 5-deazaFMN, using
NaBH4 as the reductant [137]. Unlike most native nitroreductases, which convert
the substrate only to the hydroxylamine, this artificial enzyme could fully reduce its
substrate to the amine product.

Similarly, monooxygenase activity could be introduced to a riboflavin-binding
protein by exchanging riboflavin with several N-alkylated flavins. These
artificial flavoenzymes could perform H2O2-driven sulfoxidations, for which
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2.5 N5-substrate and N5-oxygen Adducts 45

the enantioselectivity could be switched by using different N-alkylated flavin
analogues [138].

Three F420-dependent reductases, MSMEG_2027, MSMEG_6848, and MSMEG_
3356, are capable of using both F420 and FMN as a cofactor to either reduce or oxidize
the aflatoxins AFG1 and AFG2 [139]. In other words, also natural systems can adopt
different activities by switching naturally occurring cofactors. Cofactor exchange
may continue to be an interesting method of creating novel activities in existing
flavoproteins.

2.5 N5-substrate and N5-oxygen Adducts

The canonical reactivity of flavin cofactors is redox chemistry through N5-hydride
transfer or oxygen activation at C4a. Most dehydrogenases, oxidases, and monooxy-
genases utilize these catalytic strategies. The previous section discussed prenyl-FMN
and its ability to do 1,3-dipolar cycloadditions. The stabilized N5-iminium ion in a
cyclic azomethine ylide functionality of this highly modified flavin is the cause of
this novel reactivity. Although the majority of enzymes containing unmodified FMN
or FAD cofactors perform the standard “canonical” redox chemistry, a few flavoen-
zymes have recently been shown to catalyze redox-neutral processes with covalent
flavin-N5-substrate intermediates. The best-studied enzyme in flavin-dependent
covalent catalysis is uridine 5′-diphosphate (UDP)-galactopyranose mutase (UGM),
which catalyzes the isomerization to UDP-galactopyranose to UDP-galactofuranose.

2.5.1 Redox-neutral Covalent Catalysis

A wealth of studies have resulted in the elucidation of the mechanism of UGM.
Crystal structures indicate that the substrate, UDP-galactopyranose, binds close to
reduced FAD, and that the O4 of FAD hydrogen bonds with the sugar moiety [140].
Positional isotope exchange then showed that the O-glycosidic bond is cleaved
before isomerization, which implies that a highly electrophilic oxocarbenium
cation is formed [141]. This can then react with the nucleophilic N5-position
of the isoalloxazine ring, creating a covalent intermediate between N5 and the
anomeric carbon. A covalent FAD-galactose intermediate was indeed seen in a
crystal structure [142]. The N5–anomeric carbon bond promotes sugar-ring opening
by iminium ion formation, which later acts as an electron sink for ring closure.
Nucleophilic attack by a phosphate oxygen of UDP forms UDP-galactofuranose and
the reduced flavin ground state, ending the catalytic cycle. See Figure 2.9.

A similar iminium-adduct intermediate is seen in alkyl-dihydroxyacetone phos-
phate synthase, which is involved in the biosynthesis of important ether lipids. In
this enzyme, a covalent N5–substrate adduct is formed by a nucleophilic attack from
C1 of the enolate form of the substrate, acyldihydroxyacetone phosphate, which is
stabilized by active-site histidine residues. Strikingly, the flavin needs to be in the oxi-
dized state for catalysis, contrary to UGM. The iminium adduct acts as an electron
sink for further catalysis and promotes ether formation with fatty alcohols [144].
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Source: Adapted from Sobrado [145].

Another fascinating observation is that the active-site architecture and the whole
structure are very similar to those of VAO enzymes. This shows that minor evolu-
tionary changes can greatly alter protein function. See Figure 2.10.

Two other bacterial enzymes, namely tRNA methyl-transferase (TrmFO)
[146] and flavin-dependent thymidylate synthase (FDTS) [147], catalyze the
methylenetetrahydrofolate-dependent methylation of uracil in tRNA or dUMP,
respectively. Both enzymes utilize the flavin cofactor as a covalent methyl-transfer
catalyst, again exploiting the flavin N5-imminium intermediate, but the two
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2.5 N5-substrate and N5-oxygen Adducts 47

structurally unrelated enzymes catalyze the reaction differently [148–150]. This
shows that covalent catalysis might be more abundant in nature and that highly
unrelated enzymes can exploit the same N5-iminium adduct in different ways.

2.5.2 N5-oxygen Adducts

The majority of flavin-dependent monooxygenases utilizes the C4a-(hydro)peroxy-
flavin intermediate as a form of activated oxygen [20]. A few flavoenzymes,
however, were found to utilize an N5-peroxy flavin intermediate. The first dis-
covered enzyme that was shown to harbor an N5-oxide (FlN5[O]) is EncM from
Streptomyces maritimus, which is involved in the enterocin biosynthesis pathway
[151]. UV/VIS spectroscopic and mass spectrum analysis showed that the cova-
lently bound FAD prosthetic group was present as an N5-oxide adduct [22, 152].
This FADN5[O] forms a covalent adduct with an enolic carbon of the substrate,
which then results in the oxygenated substrate and oxidized FAD. The formed
alcohol then reduces FAD and forms a ketone product, which subsequently
undergoes a Favorskii-type rearrangement, inside the enzyme. The reduced
flavin can then again form the N5-oxide by reacting with molecular oxygen. See
Figure 2.11.

The C4a-peroxyflavin is thought to be formed by a single-electron transfer
between the C4a carbon and oxygen upon “face-on” approach. Apolar or amphi-
pathic oxygen-binding pockets around this flavin locus facilitate this reaction.
O2-pressurized X-ray crystallography showed that EncM has such a binding pocket
on the re-face of FAD, facing the N5 in a reactive position [153]. The same was
seen for the crystal structure of another N5-oxide containing protein, RutA, where
O2 has a distance of 2.1 Å from N5 and a dihedral angle of 99∘ with respect to the
FMN plane, ideal for covalent bond formation [154]. The current opinion is that N5
reacts with oxygen in a similar fashion as C4a, in which the reduced hydroquinone
form and oxygen have a single-electron transfer, resulting in a negatively charged
semiquinone radical, in which the radical resides on the N5. Radical pairing
yields flavin N5-hydroperoxide, which can form N5-oxide by elimination of water
[22, 154]. See Figure 2.12.

Escherichia coli RutA is a group C monooxygenase, which catalyzes the first step in
the Rut pathway, which is the conversion of uracil to 3-ureindoacrylic acid [155, 156].
Reactions with isotopically labeled oxygen, oxygen-pressurized crystallography,
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and quantum mechanical modeling suggest that the N5-peroxyflavin is respon-
sible for substrate oxygenation through a peroxyacid intermediate, forming
the product and flavin N5-oxide, as is shown in Figure 2.13 [154, 156]. It was
shown that two other members from the same group C monooxygenase also
exploit the N5-peroxide/N5-oxide for catalysis. These enzymes are DszA from
R. erythropolis [157] and HcbA1 from Nocardioides sp. Strain PD653 [158]. Both
enzymes use the N5-peroxyflavin as a weak nucleophile, oxygenating diben-
zothiophene sulfone and hexachlorobenzene through nucleophilic aromatic
substitutions.

The identification of three monooxygenases from the same group as N5-
peroxyflavin utilizing enzymes in different bacterial species suggests that more
enzymes in this superfamily might exploit this type of catalysis. It could be that
the N5-oxide intermediate was overlooked in previously characterized monooxy-
genases from this and other superfamilies. The UV/VIS-spectrum of the N5-oxide
intermediate is in fact very similar to that of oxidized flavin. EncM is structurally
not related to the group C monooxygenases, but has a mechanism that also proceeds
through the N5-oxide intermediate. This indicates that this flavin chemistry is not
restricted to a specific class of flavoproteins.
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2.6 F420 – A Natural Deazaflavin 49

2.6 F420 – A Natural Deazaflavin

F420 is sometimes seen as a rare cofactor, but this naturally occurring deazaflavin
is actually widespread in nature, as it is found in methanogenic, halophilic, and
sulfate-reducing archaea as well as many Actinobacteria [159–161]. It was first
discovered in lysates of Methanobacterium bryantii in which it is responsible for
the characteristic blue-green fluorescence at 420 nm, hence the name [162]. The
extremely low redox potential and electrochemical and photochemical properties
make F420 an attractive cofactor for various other purposes [163].

2.6.1 Structure and Properties of F420

The structure of F420 was solved in the same decade as its discovery [164]. It has a
tricyclic 8-hydroxy-5-deazaisoalloxazine catalytic core structure, which is attached
to a ribityl moiety at N10. This 8-hydroxy-5-deazariboflavin compound, called FO
(or Fo), is further decorated with a polar 5′-phospho-L-lactyl-γ-L-glutamyl tail, see
Figure 2.14. The number of glutamyl residues varies depending on the organism and
ranges from 2 in methanogens to sometimes 9 in Mycobacteria [165]. The 5-deaza
and 8-hydroxy modifications have a large effect on the chemical properties of this
flavin analogues, as compared to FMN and FAD. The redox potential of free F420,
being −340 mV, is dramatically lower than that of FMN, FAD, and NAD(P)H, and
can be even −385 mV under some physiological conditions [166, 167]. Furthermore,
F420 is an obligate hydride transfer agent, as semiquinone radical states cannot be
stabilized in the absence of N5 [168]. This makes reduced F420 (F420H2) a relatively
stable compound under aerobic conditions. This deazaflavin cofactor has a distinc-
tive absorbance maximum at 420 nm, which shifts to lower wavelengths at lower
pH values, with an isobestic point at 400 nm (𝜀400 nm = 25.7 mM−1 cm−1). It has a
fluorescence emission maximum at 470 nm [164].

2.6.2 Physiological Functions of F420

F420 has several important roles in methanogens. Reduced F420 is of key importance
in the CO2-reducing pathway, and therefore these organisms exploit several means
of reducing F420, like molecular hydrogen, formate, and secondary alcohols, cat-
alyzed by Frh, Ftd, and Adf, respectively [169–173]. F420H2 is then used as a cofactor

Figure 2.14 Structure of F420.
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50 2 Natural Flavins: Occurrence, Role, and Noncanonical Chemistry

for Mer and Mtd that reduce methenyl-tetrahydromethanopterin [174, 175]. It can
also be used in the methanogenic electron transport chain, oxygen detoxification,
sulfur mobilization, and NADP+-reduction for biosynthesis [176–180]. Although
not much is known about most of these organisms, it is believed that F420 also
performs a crucial role in the central metabolism of sulfate-reducing archaea and
halobacteria [181].

F420 is also present in various Actinobacteria, in which it does not seem to have
a role in central metabolism. Knockouts in the F420-biosynthesis machinery did not
affect Mycobacteria under optimal growth conditions, but prohibited survival under
oxidative and nitrosative stress [182, 183]. Therefore, it is believed that this cofac-
tor plays an important role in stress relief. An F420-dependent glucose-6-phosphate
dehydrogenase seems to be the source of reduced cofactor for the protection against
stress [183–185]. Some enzymes in a subgroup of the flavin/deazaflavin oxidoreduc-
tases (FDORs; with a β-roll topology), the FDOR-As, can reduce menaquinone with
reduced F420, assuring that the respiratory chain stays in a reduced state [182]. A set
of prodrugs were found to be activated by these F420-dependent reductases, releasing
toxic nitrogenoxides into the cytosol [186]. Another Mycobacterial F420-dependent
enzyme, hydroxymycolic acid dehydrogenase, is directly involved in the biosynthesis
of virulence factors that make these cells less susceptible to antibiotics [187]. Several
F420-dependent reductases from the FDOR superfamily are involved in secondary
metabolism of Mycobacteria, and perform fatty-acid modifications and reduce degra-
dation products of heme, some of which may form potent antioxidants [188]. Mem-
bers of the same superfamily are involved in the biosynthesis of tetracycline and its
homologues, as well as lincosamide and pyrrolobenzodiazapine antibiotics in Strep-
tomyces species [189–191].

2.6.3 F420 Biosynthesis

F420 in synthesis utilizes 5-amino-6-ribitylamino-2,4[1H,3H]-pyrimidinedione
from the riboflavin biosynthesis pathway. But this compound is instead condensed
with tyrosine to form the 7,8-didemethyl-8-hydroxyriboflavin compound FO.
FO synthesis is catalyzed by either two separate enzymes in archaea, CofG, and
CofH, or by the bifunctional FbiC in Actinobacteria, which proceeds through
a radical mechanism that involves S-adenosyl methionine [192, 193]. FO is
decorated with a 5′-phosphoryl-L-lactyl tail or phosphoryl-enolpyruvyl tail from
enolpyruvyl-diphospho-5′-guanosine (EPPG) or L-lactyl-2-diphospho-5′-guanosine
(LPPG) by the action of CofD in archaea or FbiA in Actinobacteria. LPPG and
EPPG can be synthesized from phosphoenol pyruvate or lactate and GTP by CofC
or FbiD. Dehydro-F420–0, the product of FbiA, is reduced by the FMN-dependent
bifunctional enzyme FbiB to form F420–0. The same enzyme then finalizes the
synthesis by attaching several (2–9) glutamyl residues to F420, forming F420–n
[194]. See Figure 2.15 for an overview of the biosynthetic pathway. A peculiar F420
variant was found in the Gram-negative, endofungal bacterium Paraburkholderia
rhizoxinica. This bacterium produces 3PG-F420, which has a phosphoglyceryl tail,
instead of a phospholactyl tail [195].
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52 2 Natural Flavins: Occurrence, Role, and Noncanonical Chemistry

2.6.4 F420-dependent Enzymes in Biocatalysis

The very low redox potential and its stability under aerobic conditions make F420
a very attractive cofactor for biocatalytic purposes. The members of the FDOR
and luciferase-like hydride transferases (LLHT; having TIM barrel topology)
superfamily show a diverse range of compounds that can be converted, some of
which are recalcitrant to other enzymatic systems. F420-dependent ene reductases,
imine reductases, and secondary alcohol dehydrogenases in these superfamilies
could be valuable redox catalysts in the future, as well as many more enzymes that
have yet to be discovered. Glucose-6-phosphate dehydrogenases and F420:NADPH
oxidoreductases, as well as other enzymes, could be used as cofactor recycling
systems [25]. The special photochemical properties of deazaflavins could also be
exploited for light-driven reactions, omitting the necessity for cofactor recycling
systems or yielding completely new catalytic mechanisms.

2.7 Conclusion

The flavin cofactors FMN and FAD can convert a wealth of compounds through
their canonical N5-hydride transfer and C4a-(hydro)peroxide exploiting catalytic
strategies. Oxidases, monooxygenases, and reductases that exploit this chemistry are
capable of aromatic, aliphatic, and heteroatom oxygenations and oxidations, dehalo-
genation, halogenation, and even light production. Covalent flavin–protein adducts
and other modified flavins, like 8-formyl and prenylated flavins, can greatly enhance
the catalytic properties of FMN and FAD. The modifications that nature made to
flavins can serve as inspiration for man-made artificial cofactor systems that can
boost the field of biocatalysis. Cofactor replacement studies with artificial cofactors
have already shown novel activities in existing enzymes.

Noncanonical flavin chemistry exploits the catalytic power of the N5 locus on
the isoalloxazine ring, and expands the known flavin chemistry even further.
Redox-neutral covalent catalysis, through N5-imminum intermediates, opens up
a whole new field of flavin chemistry. This is even more expanded by covalent
modifications, like the highly modified prenyl-FMN cofactor, making it possible to
do reversible decarboxylations of aromatic compounds. N5-peroxy and N5-oxide
catalysis also shows that flavins utilize several pathways for oxygenation. The notion
that different types of flavin chemistry can exist in one family of enzymes, and
that at the same time one family of enzymes can have a mass of different catalytic
strategies, shows that flavins are far more versatile and – maybe – less predictable
than we thought. This makes one wonder what is still to be discovered in the field
of flavin catalysis.
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