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Abstract

Articular cartilage plays a vital role in facilitating pain-free movement and load distribution in
synovial joints, such as the knee. Owing to its complex structure-functional requirements and
limited regenerative capacity, articular cartilage is particularly vulnerable to deterioration triggered
by intrinsic and extrinsic insults. For instance, abnormal loading, trauma and aging can disrupt
cellular, anatomical, and functional homeostasis within the knee joint and/or articular cartilage
microenvironment, contributing to the pathogenesis of tissue degradation and degenerative joint
diseases, particularly osteoarthritis (OA). In this context, it is essential to understand how cartilage
and the joint microenvironment respond to differential levels of tissue homeostatic disruption and
the resulting implication on remodeling and repair outcomes. In this multifaceted study, I employed
several transgenic mouse models in conjunction with histological, imaging, and mechanical testing
modalities to deepen our understanding of structural and functional changes associated with

degeneration and regeneration of murine articular cartilage.

My initial investigation centered on understanding the role of chondrocyte death on cartilage
degeneration. Given that chondrocytes, the sole cells found in healthy cartilage, are critical in
synthesizing and maintaining the extracellular matrix, the loss of these cells often correlates with
tissue degeneration and disease. Yet, the cause-and-effect relationship between chondrocyte
loss/death and degeneration remains disputed. To address this controversy, I induced selective
depletion of chondrocytes using a genetic approach and demonstrated that a substantial reduction
in cellularity through chondrocyte apoptosis did not predispose mouse cartilage to degeneration nor
the development of an OA-like phenotype. Furthermore, focal areas devoid of chondrocytes did
not repopulate after genetically induced cell depletion, implying an adaptative response from

surviving cells.

My second study shifted focus to proteoglycan-4 (PRG4), also known as lubricin, a key player in

the structural and functional integrity of articular cartilage. PRG4 deficiency in humans and mice
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leads to premature and irreversible joint failure. Abnormalities in cartilage thickness and bone
morphology have been anecdotally reported; however, to date no study has employed a quantitative
approach to empirically determine the role of Prg4 in joint morphology (e.g., geometry). This
prompted me to examine and quantify the three-dimensional shape of distal femurs from wildtype
controls and Prg4 knockout mice. I also mapped spatial differences in their articular cartilage
microscale biomechanical properties to address limitations inherent to cross-sectional
morphological studies and gain further insight into genotype-phenotype differences. I have shown
that Prg4” femurs vary in size and shape compared to age-matched controls, with more dramatic
abnormalities observed within condyle and trochlea regions. These results suggest that Prg4

deficiency not only impacts tissue homeostasis but also joint morphology.

Finally, I investigated cartilage’s response to injury. Despite the identification of various progenitor
pools in articular cartilage and associated tissues, cartilage defects repair poorly (if at all), gradually
leading to degenerative changes and joint failure. Recent lineage tracing studies have uncovered a
new cohort of tissue-resident quiescent mesenchymal progenitors (MPs) in skeletal muscle, skin
and heart, marked by Hicl expression, capable of contributing to regenerative and pathological
processes in a tissue- and context-dependent manner. To investigate the role of these MPs in
cartilaginous tissues, I performed lineage-tracing experiments during normal aging and in response
to injury within auricular (ear) and articular (knee) cartilage. Moreover, I developed a new
transgenic model to dysregulate the cell cycle machinery within these cells and investigate outcome
results in endogenous cartilage regeneration post-injury. My findings show Hicl-progeny can
assume a fibro-like phenotype leading to scarring, and intriguingly that cell cycle dysregulation in
Hicl cells positively impacts wound closure and articular cartilage regeneration, albeit with

minimal (if any) direct contribution of Hicl-progeny to contribute to newly formed cartilage tissue.

In summary, this thesis highlights the complexity of articular cartilage response to different

stressors, leading to adaptative and maladaptive remodeling. Having employed various transgenic
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mouse models and advanced investigative techniques, | have significantly contributed to advancing
our understanding of cartilage biology and its intrinsic response to injury and other insults,
providing valuable insights that may pave the way for the development of novel therapeutic

strategies for cartilage diseases and regeneration.
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Preface

This thesis is presented in a manuscript-based format and is organized into seven chapters. Portions
of this thesis have resulted in peer-reviewed publications, and publications currently under review

or in preparation as follows:

Chapter 1 discusses critical variables that contribute to the gradient of articular cartilage

degenerative and regenerative competence seen in pre-clinical animal models, focusing on mice.

Masson AO, Krawetz RJ. (2020) Understanding cartilage protection in OA and injury: a spectrum
of possibilities. BMC Musculoskeletal Disorders, 21, 432.

*Final version is available online at: https://doi.org/10.1186/s12891-020-03363-6

Chapter 2 expands on key concepts relevant to this doctoral study that were not discussed in Chapter
1. It provides an overview of the structure, composition and function of the articular cartilage, the

health and disease perspective. It also outlines the aims.

Chapter 3 details the development and optimization of biomechanical testing, enabling the

assessment of murine articular cartilage, then employed in other chapters of this thesis.

Masson AO, Besler B, Edwards WB, Krawetz RJ. (2022). High spatial resolution analysis using
automated indentation mapping differentiates biomechanical properties of normal vs. degenerated
articular cartilage in mice. Elife 11:2021.10.26.465857.

*Final version is available online at: https://doi.org/10.7554/eLife.74664

Chapter 4 discusses the use of a genetic model to target and selectively deplete chondrocytes in
articular cartilage and explores the significance of chondrocyte death in the initiation of cartilage

degenerative cascade.



Masson A.OQ, Corpuz J.M., Corpuz K., Biernaskie J., Edwards W.B., Krawetz R.J. Induced
chondrocyte depletion disrupts articular cartilage homeostasis but is not a driver of degeneration.

* In preparation for submission.

Chapter 5 explores the implications of proteoglycan-4 (Prg4) loss of function on distal femur

morphology and articular cartilage mechanical properties in adulthood.

Masson A.O., Devine J., Das N., Coveney C.R., Hallgrimsson B., Capellini T.D., Biernaskie J.,
Edwards W.B., Krawetz R.J. Prg4 deficiency alters femur morphology.

*In preparation for submission.

Chapter 6 focuses on cartilage tissue repair/regeneration and explores the role of recently identified

Hicl" mesenchymal progenitors on homeostasis and in response to injury.

Masson AO, Corpuz J, Besler B, D., Krahn N., Underhill T.M., Biernaskie J, Edwards W.B.,
Krawetz R.J. The Hicl-lineage dictates the balance between cartilage repair and regeneration.

*In preparation for submission.

Chapter 7 aims to discuss and contextualize the main findings from the preceding chapters,

followed by limitations and potential areas for further research.
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1.1. Abstract

Background: Osteoarthritis (OA) is a prevalent musculoskeletal disease resulting in progressive
degeneration of the hyaline articular cartilage within synovial joints. Current repair treatments for
OA often result in poor quality tissue that is functionally ineffective compared to the hyaline
cartilage and demonstrates increased failure rates post-treatment. Complicating efforts to improve
clinical outcomes, animal models used in pre-clinical research show significant heterogeneity in
their regenerative and degenerative responses associated with their species, age, genetic/epigenetic
traits, and context of cartilage injury or disease. These can lead to variable outcomes when testing
and validating novel therapeutic approaches for OA. Furthermore, it remains unclear whether
protection against OA among different model systems is driven by inhibition of cartilage
degeneration, enhancement of cartilage regeneration, or any combination thereof. Main text:
Understanding the mechanistic basis underlying this context-dependent duality is essential for the
rational design of targeted cartilage repair and OA therapies. Here, we discuss some of the critical
variables related to the cross-species paradigm of degenerative and regenerative abilities found in
pre-clinical animal models, to highlight that a gradient of regenerative competence within cartilage
may exist across species and even in the greater human population, and likely influences clinical
outcomes. Conclusions: A more complete understanding of the endogenous regenerative potential
of cartilage in a species-specific context may facilitate the development of effective therapeutic

approaches for cartilage injury and/or OA.

Keywords: Chondroprotection, Regeneration, Cartilage, Animal models, Osteoarthritis



1.2. Background

As a leading cause of disability and morbidity worldwide, osteoarthritis (OA) is a degenerative
joint pathology associated with significant health and economic burden to patients and society
(Hunter et al., 2014; Sharif et al., 2016). The development of OA involves a series of structural
changes within the joints, and it is influenced by numerous risk factors, such as aging, genetics,
and injury/trauma. Despite extensive heterogeneity observed in the onset and pathogenesis of OA,
the progressive degradation of the articular cartilage appears as a unifying feature, and it remains a

central focus in regenerative medicine approaches to the treatment of OA.

The articular cartilage is an intricate and remarkable tissue that provides the biomechanical
properties and low friction surface necessary for the proper function of synovial joints (Sophia Fox
et al., 2009; Zhang et al., 2009). While articular cartilage grants pain-free mobility under
physiological conditions, once damaged, it presents poor innate healing capacity. Moreover,
common surgical interventions aiming to improve cartilage healing, such as microfracture and
autologous chondrocyte implantation (ACI), often result in a fibrocartilage patch (i.e., repair) as
opposed to restoring the native hyaline cartilage (i.e., regeneration). The differences in structure
and composition combined with a lack of integration with the native tissue render fibrocartilage
biomechanically incompatible with the articular cartilage. These shortcomings are thought to
accelerate the fibrocartilage breakdown leading to further articular cartilage injury/degeneration

over time (Rai et al., 2012; Shapiro et al., 1993).

Attempts have been made to circumvent this poor intrinsic regenerative ability of cartilage and
protect it from further degradation after damage or disease, by promoting an environment that is
chondroprotective (preventing cartilage breakdown) and/or chondro-inductive (restoring cartilage)
(Chevalier et al., 2013). These include inhibiting catabolic-related processes (Miller et al., 2013;
Wang et al., 2013), modulating inflammation (Robinson et al., 2016), favoring chondrogenesis

(Hochberg et al., 2016; M. H. Li et al., 2017), and recruiting or exogenously delivering cells of



various potencies (e.g., stem cells derived from various tissue sources to chondrocytes) (Leonard
et al., 2015; Mak et al., 2016; McGonagle et al., 2017; Richardson et al., 2016). Despite many
efforts, however, the development of effective disease-modifying therapies for injured cartilage

and OA has yet to be realized.

The therapeutic potential of cell-, drug- or surgical-based interventions focused on cartilage
injury and OA is commonly assessed using pre-clinical animal models. Notably, not only different
species but also strains at various ages and contexts of joint damage (direct cartilage injury, post-
traumatically induced or spontanecous OA) are employed. All these variables can influence the
regenerative and degenerative responses, create a spectrum of outcomes (Figure 1.1) and have
critical implications for validating new therapeutic strategies. For instance, spontaneous and
trauma-induced cartilage injuries appear to differ in terms of molecular signatures and responses to
interventions (Usmani et al., 2016), likely due to divergent mechanisms of disease pathogenesis.
Also, age and genetic/epigenetic traits may influence the regenerative competence of animals, thus
appearing as confounding factors in cartilage-related studies (Joutoku et al., 2019; Usmani et al.,

2016).
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Figure 1.1. Factors influencing the regeneration and degeneration processes in cartilage. The
roles of species, genetic and epigenetic traits, age, as well as the type and severity of the cartilage
damage need to be considered in how this modulates the gradient of regenerative competence,

homeostasis, and tissue degeneration.

Moreover, previous studies have reported that the rate of progression and severity of cartilage
degeneration and OA-related changes in the joint differ among commonly used trauma-induced
models (Glasson et al., 2007; Haase et al., 2019), such as destabilization of the medial meniscus
(DMM) and anterior cruciate ligament transection (ACLT). In that sense, one might question
whether the inability to protect against OA is driven by an overwhelmed endogenous repair
response or the complete lack of any regenerative potential in the tissue. Another important
consideration, often overlooked, is whether chondroprotective outcomes seen in OA pre-clinical
studies are driven by inhibiting cartilage degeneration or enhancing cartilage regeneration, and
if/how these factors may interrelate in the observed outcome. Despite the critical role that the
balance between cartilage regeneration and degeneration plays in tissue maintenance and

homeostasis, few studies (Deng et al., 2019; Jablonski et al., 2019) provide a comprehensive view



of how specific treatments contribute to the prevention of cartilage degeneration, in the context of

cartilage regeneration (or vice versa) within a given model system.

Therefore, in this review, we provide an overarching view of some of the key variables and
their impact on cartilage tissue regeneration and degeneration. Also, we discuss how understanding
the baseline of the endogenous regenerative capacity within pre-clinical models, and its modulation
within a conducive environment is essential and should be integrated into the assessment of

therapeutic approaches for cartilage injury and OA, in a context-specific manner.

1.3. Main text — factors influencing regeneration and degeneration of cartilage

1.3.1. Diversity of regenerative potential across animal models

While most tissues in mammals often fail to regenerate, as opposed to more primitive
organisms such as amphibians, a certain inherent capacity to respond to injury is present.
Regenerative competence after distal digit tip amputation, for instance, has been reported in mice
(Dolan et al., 2018; Miller et al., 2019) and similarly in the fingertip of humans (Illingworth, 1974),
and shown to persist to some degree into adult life (Vidal and Dickson, 1993). Yet, it remains
unclear if fingertip regeneration like digit tip regeneration is mediated by blastema formation
(Dolan et al., 2018), wherein mesenchymal precursors contribute to the multi-tissue regeneration.
Endogenous appendage regeneration involving cartilaginous tissues has also been identified after
through-and-through ear punches in different species (Clark et al., 1998; Gawriluk et al., 2016),
and interestingly in the antlers of deer, which are known to regenerate periodically and naturally,

as well as after injury or amputation (Price and Allen, 2004).

Various animal models have been employed in cartilage injury and OA-related studies,
including mice, rats, guinea pigs, rabbits, dogs, and larger animals such as goats and horses

(Chinzei et al., 2019; Chu et al., 2010; Frenkel et al., 2005; Guo et al., 2018; Matyas et al., 2004;



Teeple et al., 2013; Wayne Mcilwraith et al., 2011). Each animal model presents advantages and
limitations in terms of their cost-benefit, suitability to mechanistic and molecular studies, and
translational potential (i.e., relevance to human OA), all of which have been previously reviewed
(Kuyinu et al., 2016; Teeple et al., 2013). However, diversity in regenerative potentials across and

intra-species is also known to exist and can influence the outcome of cartilage-related studies.

Rabbits have been shown to possess robust intrinsic healing compared to humans, with
previously reported wound regeneration of ear biopsy punch (Gawriluk et al., 2016; Goss and
Grimes, 1972) and superior healing response to full-thickness cartilage lesions (Shapiro et al., 1993;
Wei et al., 1997). Caution has also been advised on the use of mice and rats given their persisting
open growth plates as adults (Chu et al., 2010), which possibly enhances the natural healing of
articular cartilage. However, contradictory to such belief, age-related decline in the regenerative
potential of cartilage has been demonstrated within rodents, including among different strains of
mice (Eltawil et al., 2009; Matsuoka et al., 2015). Larger animals such as dogs and horses, on the
other hand, seem to mimic the lack of intrinsic cartilage healing generally observed in humans, and
thus are often considered as more appropriate models to evaluate the translational potential of
clinical treatments for OA. Despite that, the genetic diversity within larger animals is regarded as
a source of variability in cartilage repair studies (Chu et al., 2010), which possibly has wide-
reaching implications on the outcomes. Therefore, unraveling the genetic/epigenetic differences
that drive heterogeneity may help us understand why specific individuals are protected from OA,

whereas others are more susceptible to its development.

While a comprehensive genome screening of the greater human population remains elusive,
mouse studies can provide some insights into how genetic variations might be associated with OA
resistance or vulnerability (Chinzei et al., 2019). Murine models are powerful tools in the
investigation of specific genes related to mammalian tissue regeneration and degeneration, owing

to the ease and sophistication of current genetic manipulations, abundant availability of



recombinant inbred lines, and a broad-spectrum of cartilage regenerative potential among strains,
from healers to non-healers (Rai and Sandell, 2014), to those displaying spontanecous cartilage
degeneration (Poulet et al., 2013). Gaining a better understanding of model systems which display
endogenous cartilage regeneration at the molecular/genetic level, for instance, can inform us why
these processes are ineffective in non-healing model systems, often leading to the development of

OA.

1.3.2. Effect of genetic makeup: spectrum from endogenous regeneration to spontaneous

degeneration

Overall, few mammalian model systems demonstrate robust cartilage regeneration in vivo. In
mice, it has been observed in the Murphy Roths Large (MRL/Mpl) strain, whose superior ability
to regenerate cartilaginous tissue was first demonstrated in the ear pinnae after through-and-through
punch wound (Clark et al., 1998) and later in the knee joint following a full-thickness cartilage
defect (FTCD) (Fitzgerald et al., 2008). The Sandell group has demonstrated a strong correlation
between auricular (ear) and articular (knee) cartilage regenerative abilities post-injury, as well as
protection from OA (Rai et al., 2012), such that the healing phenotype is associated with a heritable
component. The parental strain LG/J, which shares 75% of MRL/MpJ genome, and the LGXSM-6
intercross, which shares 76% of LG/J genome, have also been found to exhibit similar regenerative

abilities (Rai et al., 2012).

Subsequent studies showed that MRL/MplJ regenerative abilities extend to other tissues
(Chadwick et al., 2007; Ueno et al., 2005), and more in-depth investigations provided insightful
information regarding the mechanisms underlying its superior cartilage regeneration. Of note,
disturbance of the cell cycle machinery including increased DNA damage and decreased levels of
p21 protein, known as a critical cell cycle regulator, were identified in cells derived from MRL/MpJ

mice. Later, the enhanced healing potential of through-and-through ear injuries was observed in



p21 knockout (p21") mice, suggesting the lack of p2/ is at least partially responsible for the
enhanced regenerative phenotype seen in MRL/MpJ mice (Bedelbaeva et al., 2010). This has been
further corroborated by recent findings implicating p2/ deletion in articular cartilage regeneration
(Jablonski et al., 2021). However, the involvement of p21 in other intricate cellular processes, such
as apoptosis (Karimian et al., 2016) and inflammation (Mavers et al., 2012), in addition to its tight
regulation, hinders our ability to elucidate the exact mechanisms associated with the healing
phenotype seen after its deletion (Arthur and Heber-Katz, 2011). Overall, the molecular pathways
controlling tissue regeneration within the abovementioned models remains unclear and of great

interest in regenerative medicine.

More recently, multi-tissue regeneration has been identified in the African spiny mice
(Acomys), including scar-free healing of auricular cartilage after ear biopsy punch (Seifert et al.,
2012). Yet, no evidence of articular cartilage regeneration has been shown within this model to
date. Notably, however, cell cycle regulation in progenitor cells was pinpointed as one of the key
features separating regeneration after ear punches in Acomys from scarring in wild-type controls
(Gawriluk et al., 2016). The same study revealed that a gradient of regenerative potential exists not
only between species (healers and non-healers) but also within healer species, wherein ear pinna
regeneration varied in closure rate and was likely influenced by factors such as sex and genetic
variants (Gawriluk et al., 2016). While it is more natural to identify species that fall within the
opposite ends of the healing spectrum, from fibrotic to regenerative responses, comprehending the
differences that give rise to this healing continuum will greatly inform the design of targeted

cartilage and OA therapies for humans.

In this context, understanding the processes leading to spontaneous OA pathogenesis and
associated cartilage degeneration is just as important, since it is the most common form of OA in
humans, affecting mainly elderly populations. Spontaneous cartilage degeneration has been

reported in the Dunkin Hartley guinea pig (3 months old) (Jimenez et al., 1997), the commonly



employed C57BL/6 mice with advanced age (> 17 months old) (Wilhelmi and Faust, 1976), and in
the STR/Ort mouse (12 to 20 weeks of age) (Mason et al., 2001), which shares many similarities
to the severity and progressive rate of joint deterioration that occurs in humans (Poulet, 2017). Age-
dependent spontaneous degeneration has also been reported in larger species, such as dogs and
horses (Kuyinu et al., 2016; Teeple et al., 2013). Despite recapitulating many of the patterns of
disease progression described in human OA, spontaneous OA models present various challenges,
such as longer experimental times and variable incidence and progression of OA between animals,
likely owing to genetic variation. Moreover, aging brings about various changes in the molecular,
cellular, and functional levels both locally in the joint tissues and systemically in the body, all of
which can influence the dynamics of OA pathogenesis and may diminish the tissue’s regenerative

response.

1.3.3. Aging and the regenerative potential

The age of the animal is always an essential consideration, as it is generally agreed that younger
animals have increased intrinsic cartilage regenerative potential compared to adults. Pre-clinical
studies to date have demonstrated correlations between aging and regenerative decline within
mammals (Matsuoka et al., 2015; Wei et al., 1997). Yet, the biological and molecular mechanisms
responsible for enhanced regenerative competence at a younger age remains poorly understood.
Joutoku et al. (2019) have recently studied the involvement of chemokines, namely the
CCL21/CCR?7 axis, in regulating cartilage regeneration at a younger age. Interestingly, juvenile
mice deficient in CCR7 displayed significantly impaired cartilage healing post-injury (longitudinal
full-thickness cartilage injury in the trochlear groove) compared to wild-type controls, while adult
CCR7-deficient mice developed similar fibrocartilaginous tissue as controls in response to injury.
Moreover, exogenous delivery of CCL21 ligand, whose transient expression had been identified at

the injury site in juvenile mice, led to enhanced healing in adult rabbit after osteochondral defects
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(Joutoku et al., 2019). Collectively, these findings suggest that this signaling pathway could be a

promising target for the enhancement of adult tissue regeneration.

As for disease development, studies investigating correlations between spontaneous OA and
aging have pinpointed the increase in senescent chondrocytes with age as an essential contributing
factor to cartilage degeneration (Childs et al., 2015; Jeon et al., 2017; Zhou et al., 2004).
Additionally, diminished chondrocyte activity and consequently reduced turnover of ECM
components (Heinemeier et al., 2016; Rahmati et al., 2017), a diminished or dysfunctional pool of
stem cells (Barry and Murphy, 2013; McGonagle et al., 2017), oxidative stress, and differential
expression of pro-inflammatory cytokines and chemokines (Loeser, 2009) all seem to play a role
in age-related OA. Some of these molecular features have also been shown in post-traumatically
induced OA (PTOA) models (Coleman et al., 2018); however, there are few comprehensive studies

exploring the synergistic effects of age and trauma, and how it influences response to treatment.

When comparing age paradigms in different strains of mice, it has been shown that OA severity
in aged mice is greater than young mice following injury (Huang et al., 2017; Loeser et al., 2012;
Usmani et al., 2016). Huang et al. (2017) described age-dependent structural changes post-trauma
in the articular cartilage and subchondral bone of mice, with OA features appearing earlier and
being more pronounced in the aged groups. Furthermore, Loeser et al. (2012) have previously
reported that age also alters gene expressions in the whole joint, even in the absence of injury,
highlighting this likely affects the tissue response after a traumatic event. Not surprisingly, old
versus young animals have been shown to respond differently to intervention (Jeon et al., 2017;
Usmani et al., 2016). For instance, selective removal of senescent cells that arise in the knee joint
after traumatic-injury at 10-week old mice was shown to protect them from OA development,
decrease pain and promote a pro-chondrogenic environment. In contrast, the clearance of senescent
cells in aged mice (19-months old) was insufficient to overcome disease progression (Jeon et al.,

2017).
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Similarly, Usmani et al. (2016) explored the therapeutic potential of inhibiting TGFa, a growth
factor previously implicated in OA pathogenesis, within the context of spontaneous and post-
traumatic OA. The latter employed a DMM surgery model to induce cartilage injury in young (10-
week old), as well as aged (6-month old) mice. The authors found that TGF-a deficiency did not
protect mice from the development of spontaneous OA and that its effect in trauma-induced OA is
age-dependent, whereby only young mice were protected from OA progression (Usmani et al.,
2016). Ultimately, the etiology of human OA is highly complex, thus thoughtful consideration must
be given to the species, age, and disease model chosen, including if it is spontaneous or post-
traumatically induced, and how appropriate each one is for the exploration of specific human

clinical subtypes.

1.3.4. Models of OA and cartilage damage

Research focusing on cartilage degeneration typically employs animal models of spontaneous
or post-traumatic OA to elucidate the mechanisms of onset and progression of the disease (Table
1.1). As previously discussed, models of spontaneous cartilage degeneration primarily explore the
effects of genetic traits and aging on the susceptibility to OA, whereas PTOA models typically
induce cartilage degeneration by surgically producing joint instability and altering its regional
distribution of loads (e.g., ACLT, DMM, meniscectomy). Although such approaches have provided
valuable information on related risk factors, diagnostic biomarkers, and potential therapeutic
targets, different models can promote distinct yet intertwined pathways leading to cartilage
degeneration, thus influencing the study outcome. Haase ef al. (2019) have recently compared two
surgically induced PTOA models in C57BL/6 mice, specifically DMM and transection of the
medial collateral ligament (MCL-MM). Mice that underwent MCL-MM demonstrated rapid and
pronounced degradation of the collagen matrix component, with cartilage lesions being identified

as early as 6-weeks post-surgery. By contrast, no cartilage lesions were seen for the duration of the
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assessment (12 weeks post-surgery) in the DMM model, which displayed slow OA progression,
with proteoglycan loss over an extended period and identifiable collagen degradation by 8-weeks
post-surgery (Haase et al., 2019). It is worth noting, however, that other studies have reported
histological evidence of cartilage lesions after DMM surgery at earlier time-points (Fang et al.,
2018; Huang et al., 2017; Liao et al., 2017; Loeser et al., 2012) than the one observed in this study,
which might own to factors such as sex and age of the animals at the time of injury (Huang et al.,
2017). That aside, even though mechanical destabilization serves as the initiating factor in both
models, differences in the dynamics of molecular and structural changes, and associated
progressive cartilage degeneration were distinct, which speaks to differential regulation of

secondary mechanisms.

Of note, surgical models of PTOA are invasive, with the surgery itself inducing inflammation,
and possibly degenerative changes in the joint environment, thereby diminishing our ability to
understand the mechanisms underlying the disease phenotype. Therefore, non-invasive approaches
mimicking PTOA have been developed, which involve mechanical overloading of the joint to
induce cartilage lesions (Table 1.1). Some examples would be non-physiological cyclic
compression and closed intra-articular tibial fracture (IAF) (Christiansen et al., 2012; Furman et
al., 2007; Ko et al., 2013; Lockwood et al., 2014). Regardless of the initial trigger, divergences in
the mechanistic aspects of progression and severity of degenerative changes have been shown in
comparative studies involving surgical and non-surgical PTOA models across species and strains

(Bapat et al., 2018; Hayami et al., 2006; Kamekura et al., 2005; Ko et al., 2013).
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Table 1.1. Summary of most widely used osteoarthritis models and direct cartilage injury models with respect to their type/mode

of action and most commonly employed species (Cope et al., 2019; Fitzgerald et al., 2008; Matsuoka et al., 2015).

CARTILAGE Osteoarthritis models Commonly used species
DEGENERATION Spontaneous Aging Naturally occurring Guinea Pig, Mouse, Dog
Genetic Genetically modified Mouse
Induced Chemical Collagenase Mouse, Rat, Rabbit
Sodium Monoiodoacetate (MIA)
Diet-induced Obesity/Metabolic syndrome Mouse, rat
Post-traumatic (non-invasive) Cyclic tibial compression Mouse, Rabbit, Dog
Intra-articular tibial fracture
Post-traumatic (invasive/surgical) Anterior cruciate ligament
Rat, Rabbit, Dog
transection (ACLT)
Destabilization medial meniscus
Mouse, Rat
(DMM)
) Mouse, Rat, Rabbit,
Meniscectomy
Dog, Goat
CARTILAGE Cartilage Injury Models Commonly used species
REGENERATION Induced Longitudinal full-thickness cartilage Osteochondral/Chondral defect -

defect (Matsuoka et al., 2015)

trochlear groove

Mouse, Rabbit

Full-thickness cartilage defect (FTCD)
(Fitzgerald et al., 2008)

Focal osteochondral defect -

trochlear groove

Mouse, Rat, Rabbit,
Dog, Horse
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Other examples of induced OA models, yet non-traumatic in nature, include chemically and diet-
induced models (Table 1.1). Chemically induced models rely on the injection of compounds that promote
damage to cartilage components, compromising its function, whether by means of inflammation or toxicity
(Bapat et al., 2018; Cope et al., 2019). Sodium monoiodoacetate (MIA) is one of the most widely used
compounds as it promotes joint inflammation and chondrocyte death. While less invasive than surgically
induced models, the rapid progressing degeneration induced by these compounds bares little resemblance
to the pathophysiology of OA, thus they are more commonly employed for pain-related studies. Given the
relevance of obesity and metabolic syndrome associated risk in the development of OA (Courties et al.,
2015), efforts have been directed to understanding their effects on the incidence and pathogenesis of the
disease. Diet-induced OA models, most typically performed in rodents, expose the animals to high-fat or
high-fat/high-sucrose diet regimens. These models have been shown to successfully induce OA-like joint
degeneration (Collins et al., 2018, 2015; Griffin et al., 2010) mainly driven by low-grade inflammation
(Courties et al., 2015). In line with other studies, age has been shown as a contributing factor in diet-induced
OA severity (Collins et al., 2020). It is interesting, however, that individuals from the same species have
been reported to display distinct obesity phenotypes in response to diet-induced metabolic disturbance, and
that their susceptibility or resistance can be associated with severity of OA-like knee damage (Collins et
al., 2016; Griffin et al., 2010). However, the impact of obesity and low-grade inflammation displayed in

these models on cartilage regeneration has not yet been characterized.

While it is broadly assumed that articular cartilage has little to no intrinsic repair at a population level,
what if cartilage regeneration can outplace cartilage degeneration in some proportion of the population.
This hypothesis is supported by results from previous clinical studies, wherein only about 50% of human
patients that undergo cartilage or joint injury develop OA over time (Anderson et al., 2011; Lohmander et
al., 2007). In this context, one might reasonably question whether the protection against OA in these
individuals is driven by enhanced regenerative capability and/or muted degenerative response. Therefore,

genetic background and the individual’s baseline of endogenous regenerative capacity should be considered
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and controlled for when comparing outcomes post-injury. While this is inherently difficult to test in humans

directly, preclinical mouse studies support this hypothesis.

Despite their genetic predisposition to the development of spontaneous OA, STR/ort mice are less prone
to cartilage lesion formation after joint compressive overloading than CBA mice (Poulet et al., 2013),
suggesting that inherent genetic risk of developing OA is not directly associated with susceptibility to
trauma-induced cartilage damage. Interestingly, the “super-healer” MRL/MplJ mice are resistant to cartilage
damage and show reduced severity of PTOA when compared to C57BL/6 mice, whether following surgical
DMM (Deng et al., 2019) or non-surgical [AF (Ward et al., 2008). Similar results are seen in the LG/J strain
(Chinzei et al., 2019), whereas p21~~ mice seem to be vulnerable to cartilage damage following DMM
surgery (Hayashi et al., 2015), despite its superior regenerative potential after full-thickness cartilage injury

(Jablonski et al., 2021).

Direct cartilage injury is commonly used to study the tissue regenerative potential by producing a partial
or a FTCD, focally or longitudinally in the trochlear groove, that can reach into the subchondral bone (Table
1.1) (Fitzgerald et al., 2008; Joutoku et al., 2019; Roelofs et al., 2017). These models help examine the
effect of genetic manipulations and exogenously delivered treatments, such as cell therapy and tissue-
engineered constructs, on cartilage regeneration. Owing to the nature of their targeted site of injury,
cartilage defect models allow for a straightforward revaluation of progressive tissue healing, although the

relative size of injury in smaller species somewhat limits the comparison to the human condition.

As alluded to, models of direct cartilage injury and PTOA reflect the duality of cartilage regeneration
and degeneration (Figure 1.2). In the context of direct cartilage injury, such as FTCD, one can investigate
the mechanisms underlying the endogenous regenerative ability of a species/strain, as well as infer the
efficacy of treatment of interest in enhancing cartilage regeneration. Conversely, when using an OA model,
one can analyze whether the treatment of choice is capable of attenuating or preventing OA development

and cartilage degeneration when compared to untreated controls.
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Figure 1.2. Assumed outcomes based on three different possible scenarios using an osteoarthritic
model of PTOA or a FTCD cartilage injury model. In the context of indirect cartilage damage (OA
model), one can analyze whether the treatment of choice is capable of attenuating or preventing OA
development and cartilage degeneration (i.e., chondroprotection) when compared to untreated controls.
However, the endogenous regenerative potential of the strain or species might interfere with the assumed
outcome. Conversely, when using a direct cartilage injury model, one can investigate the mechanism
underlying the endogenous regenerative ability, as well as to infer the efficacy of treatment of interest in

enhancing cartilage regeneration.
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However, to elucidate the biological mechanisms promoting a protective phenotype in the latter, it is
necessary to understand whether the intervention inhibited degeneration and/or promoted regeneration of
the cartilage. In which case, the causative role associated with an intrinsic healing potential and the chosen
therapeutic intervention should also be investigated. Intra-articular injection of kartogenin, for instance, has
been shown to protect mice against the development of OA following surgically-induced trauma (Johnson
et al., 2012). Such outcome is likely due to a combinatory effect of enhanced regenerative response and
chondroprotection, resulting from the modulation of endogenous stem cells and expression of chondrogenic
factors, and the promotion of a conducive environment with decreased expression of catabolic enzymes,

respectively (Cai et al., 2019; Johnson et al., 2012).

Recent studies investigating the involvement of chemokines and correlated inflammatory component
in OA pathogenesis have linked the CCL2/CCR2 signaling axis, mainly known for its role in monocyte
recruitment, to trauma-induced and age-associated OA phenotypes in humans and rodents (Hulin-Curtis et
al., 2013; Kyostio-Moore et al., 2011; Li and Jiang, 2015). Interestingly, controversy remains regarding
CCL2/CCR2 contribution to cartilage degeneration. Using a murine DMM model, Miller et al. found that
while depletion of CCR2 improved pain associated outcomes, it did not protect CCR2 ™~ mice from cartilage
degeneration (Miller et al., 2012). Expanding on these findings, Zarebska et al. (2017) reported similar
outcomes due to ligand deficiency, with CCL2™" mice showing decreased pain and comparable
histopathological scores to CCR2” and wild-type controls after induced-PTOA. Yet, statistical
significance was reached by 20- weeks following DMM in CCL2"" mice, associated with less severe

cartilage degeneration compared to the other mouse groups (Miotla Zarebska et al., 2017).

Likewise, Raghu et al. (2017) demonstrated that CCL2 deficiency was protective of cartilage
degeneration, and promoted a significant decrease in macrophage infiltration, inflammation and expression
of matrix-degrading molecules (Raghu et al., 2017). However, contradictory to previous findings, lack of
CCR2 was also shown to mitigate mouse OA, whether through genetic inactivation of CCR2 or
pharmacologic blockage of this receptor by a CCL2 antagonist (Raghu et al., 2017). Given such conflicting
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results, Jablonski and colleagues (2019) explored the association between the CCR2/CCL2 signaling axis
and cartilage regeneration using the FTCD model of direct cartilage injury. Interestingly, the authors found
that CCR2™", but not CCL2” nor CCL2™~ CCR2™ mice display enhanced cartilage regeneration following
FTCD (Jablonski et al., 2019). Collectively, these results suggest that while depletion of CCL2 levels may
inhibit cartilage degeneration (chondroprotective) it does not promote cartilage regeneration, whereas
depletion of CCR2 is conducive of cartilage regeneration and likely associated with the controversial

outcomes regarding chondroprotection post-trauma.

Overall, studies providing a comprehensive view of how specific treatments contribute to the
prevention of cartilage degeneration, as well as to the enhancement of its regeneration are scarce; however,
the previous examples highlight the importance that a combined analysis has in informing the outcome of

targeted therapies for OA and cartilage injury (Figure 1.3).
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Figure 1.3. Comprehensive view of the effect of targeted treatments in inhibiting cartilage
degeneration and enhancing cartilage regeneration. The power of the combined analysis in informing
the outcome of targeted therapies for OA and cartilage injury is greater than the one provided by the models

isolation.

1.4. Conclusion

It is widely accepted that several risk factors can alter the progression of OA such as obesity, joint
trauma, improper mechanical loading, and aging. A recent review by Mimpen and Snelling (2019) has
suggested that heterogeneities in endotypes that predispose to OA onset and progression should be
considered in patient selection and outcome assessment in clinical trials (Mimpen and Snelling, 2019). We
suggest that the considerations highlighted in this review in terms of pre-clinical animal models may also
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apply to humans. There is a general belief that humans lack a regenerative response within the cartilage
tissue; however, it remains unknown whether there is a gradient of regenerative competence within cartilage
across the greater human population and how this might affect clinical outcomes. We are encouraged by
recent findings on the topic, suggesting that the regenerative capacity of cartilage is variable and depends
on where it resides in the human body, being more robust in the ankle joints (Hsueh et al., 2019). We believe
it is plausible that a level of variation in endogenous regenerative response exists across patients as well,
due to genetic traits or molecular mechanisms, and should also be considered in clinical studies and in the
future clinical trials. In essence, a predisposition to cartilage regeneration might be present among patients
that show a positive response to chondroprotective therapies. Hence, a thorough understanding of the role
of treatment interventions on the dynamics of endogenous regenerative and degenerative responses may
help us develop targeted and effective therapeutic approaches, wherein given a conducive environment, the
regenerative stimuli can prevail among tissues and/or organs otherwise known as non-regenerative as is the

case with OA.
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Chapter Two: Introduction
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2.1.Knee joint anatomy

A well-functioning knee joint is critical for supporting body weight and facilitating pain-free mobility
during common activities like walking, sitting, or using the stairs. The complex functional demands on this
organ system are reflected in its intricate design and fulfilled by the combined effort of various structural
components, including bone, cartilage, ligaments, muscles, and adjacent connective tissues (Norkin and
Levangie, 2011). From an anatomical point of view, the knee joint consists of two articulating surfaces: the
tibiofemoral and patellofemoral joints. The first is responsible for the articulation between the distal femoral
condyles and proximal tibial plateaus (medial and lateral compartments), while the latter specifies the
articulation between the patella and the femoral trochlear groove (Figure 2.1). The ends of these articulating
skeletal surfaces are protected by a smooth and resilient cartilage layer, which is responsible for friction

reduction and load bearing/distribution during joint motion (Buckwalter et al., 2005).
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Figure 2.1. Knee joint anatomy. An articular capsule encloses the knee joint, which consists of two
separate articulations: the patellofemoral (patella-femur) and the tibiofemoral (tibia-femur) joints. The inner
surface of the articular capsule, known as the synovial membrane, secretes synovial fluid, a lubricating
substance that helps reduce friction during joint movement. The medial and lateral compartments of femoral
condyles and tibial plateaus face the joint cavity, and they are protected by a thin layer of articular (hyaline)
cartilage, which provides a resilient, low-friction surface that plays a critical role in bearing and distributing

loads across the joint during a lifetime of motion.
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As a synovial joint, the knee is enclosed by an articular capsule composed of an outer fibrous layer
lined by a synovial membrane, also known as synovium. Both articular cartilage and synovium surfaces
face the joint cavity and are lubricated by a thin synovial fluid film, which also nourishes the avascular
cartilage tissue and provides waste product removal (Levick and McDonald, 1995; Norkin and Levangie,
2011). In addition, menisci (fibrocartilaginous wedges) located over the medial and lateral tibial plateau
surfaces help increase congruency with curved-shaped femoral condyles, thus improving joint stability and
load distribution (Fithian et al., 1990; Masouros et al., 2010). Aside from the articulating surfaces, intra-
joint and peri-joint ligaments, and other associated structures such as muscles and tendons, mainly

contribute to knee joint stability, resisting forces and preventing abnormal movements.

Unfortunately, the contradictory mobility and stability requirements of the knee joint, added to the
complex and interrelated nature of its structural components (Masouros et al., 2010), render it susceptible
to damage and dysfunction. For instance, one or more knee tissues can become faulty or fail due to injury,
improper mechanical loading, disease, and aging, having wide-ranging implications for overall joint health

and function.

2.2.Osteoarthritis — burden of disease

Osteoarthritis (OA) is a musculoskeletal disorder that leads to disability and significant direct and
indirect health care costs on a worldwide basis. In Canada alone, it affects over 4 million individuals aged
15 and older (Badley et al., 2021), which significantly impacts these individuals quality of life. The most
affected joints by this disease are the hips, hands and knees (Hunter and Bierma-Zeinstra, 2019), and an
estimated 86.7 million individuals (20 years and older) with incident knee OA worldwide in 2020 (Cui et
al., 2020). OA places a huge economic strain annually, with total expenditure expected to escalate to 1.4
billion dollars in Canada by 2040 (Bombardier et al., 2011). This prediction considers healthcare system
costs and indirect expenses, such as diminished productivity due to aging and associated comorbidities of

the disease. OA burden is increasing exponentially, mainly due to our aging community, as well as
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increasing rates of obesity and joint injury. Considering this, the improvement in prevention and care

strategies becomes even more relevant.

Despite the vast amount of research in OA, current treatments are unable to change the long-term
outcome of this disease, promoting temporary and/or incomplete improvements in pain, function, and
quality of life for patients. Important challenges in identifying solutions lie in the fact that various risk
factors and structural changes have been associated with OA. The former include increasing age, sex,
genetic factors, obesity, joint trauma, abnormal biomechanics, and systemic inflammation (Mahmoudian et
al., 2021; Martel-Pelletier et al., 2016). Pathological changes in OA affect all joint tissues and involve
structural alterations in articular cartilage, subchondral bone, and synovial membrane (Figure 2.2) (Hunter
and Bierma-Zeinstra, 2019). Cells within these tissues are affected by and contribute to the initiation and/or
progression of OA, but inevitably late stage OA results from progressive cartilage degeneration (Sandell

and Aigner, 2001).
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Figure 2.2. Comparative representation of a healthy and osteoarthritic knee joint. Structural changes
include articular cartilage (AC) degradation, osteophyte formation, subchondral bone sclerosis and synovial

inflammation, ultimately leading to joint failure.

25



Maintenance of a healthy articular cartilage is fundamental to pain-free mobility and skeletal function
(Kinner et al., 2005). As discussed in Chapter 1, despite considerable advances in the field, effective and
long-lasting therapeutic strategies to prevent or mitigate cartilage degeneration (chondroprotective) in
connection with OA and promote native articular cartilage regeneration (chondro-inductive) remain elusive
(Elhadad et al., 2022; Mimpen and Snelling, 2019; Muthu et al., 2023). These challenges relate, at least in
part, to cartilage's avascular nature, low cellularity, and the complexity of its structure and composition, all
of which contribute to its limited self-repair capacity. To develop novel therapeutic strategies for cartilage
diseases and regeneration of this tissue, it is crucial to gain a comprehensive understanding of cartilage

biology and its response to injury.

2.3. Articular Cartilage

2.3.1. Structure and Function

The structure and function of articular (hyaline) cartilage are intricately intertwined. Structurally, this
specialized connective tissue has a small cellular component of chondrocytes that are dispersed in an
abundant and unique ECM. The cartilage ECM has a high-water content (up to 80% of wet weight) owing
to an environment rich in negatively charged proteoglycans, predominantly aggrecan (ACAN). ACAN is
typically found as large aggregates non-covalently associated with a core filament of hyaluronan (HA) and
contains numerous chondroitin and keratan sulphate glycosaminoglycan (GAGs) chains (Hardingham and
Fosang, 1995). Fluid attraction by these negatively charged chains creates a swelling state that is restrained
by the abundant network of collagen fibrils (mainly type II collagen), conferring strength and shape to the
tissue and providing support and resistance to compressive, shear and tensile forces (Martel-Pelletier et al.,
2008; Sophia Fox et al., 2009). As expected, a compromised collagen network and reduced proteoglycan
content are two features that can alter cartilage’s ability to function and are associated with cartilage
degeneration and OA (Cohen et al., 1998). The surface of articular cartilage is also comprised of non-

collagenous proteins, such as proteoglycan-4 (PRG4, also known as lubricin), a mucin-like glycoprotein
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found within the synovial fluid and bound to articular cartilage surface (Schmidt et al., 2009). PRG4
expression in the joint is maintained by synoviocytes in the lining (intima) of the synovium and
chondrocytes within the superficial layer of cartilage, providing lubrication to articulating surfaces and near
frictionless joint motion (Coles et al., 2010; Jay et al., 2001). Despite the repetitive mechanical stress
experienced by knee articular cartilage, the joint undergoes minimal frictional forces in physiological
conditions, however, the absence of PRG4 results in an abnormal increase in frictional forces during joint
motion, which increase shear stress, leading to collagen fibrillations and chondrocyte apoptosis (Jay et al.,

2007; Waller et al., 2013) .

Over postnatal life, healthy articular cartilage acquires a characteristic depth-dependent zonal
organization comprising the superficial, intermediate, deep, and calcified zones (Figure 2.2), which display
histologic and phenotypic differences (Darling et al., 2004; Poole et al., 2001). The superficial zone is
designed to resist high shear stresses, tension and facilitate frictionless gliding between juxtaposed surfaces.
To facilitate this, chondrocytes in this zone produce biological lubricants HA and PRG4 (Decker et al.,
2017; Jay et al., 2001), take on a flat/elongated appearance; align parallel to the surface; and are interweaved
into a densely packed horizontal arrangement of collagen fibres. The intermediate zone is composed of
larger and more randomly oriented collagen fibres and a high concentration of proteoglycans, mostly
ACAN, which is distributed throughout the matrix and is an important mediator of cell-cell and cell-matrix
cross-talk (Kiani et al., 2002). With the highest proportion in volume of uncalcified cartilage (40-60% of
thickness), it provides load support, transfer and dissipation (Gahunia and Pritzker, 2020). Chondrocytes in
this zone are rounder in appearance and lack an organized/patterned distributed in the matrix. As we move
into the deep zone, chondrocytes become larger and organized into a columnar structure perpendicular to
the surface, as is the collagen fibre network found in this zone (Darling et al., 2004). The transition from
uncalcified to calcified zone is histologically delineated by a basophilic region, termed tidemark (Gahunia
and Pritzker, 2020); however, knowledge regarding its developmental origin and patterning is limited (Rux

et al., 2022). Lastly, the bottom calcified cartilage layer contains hypertrophic-like chondrocytes,
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constituting a transition area between uncalcified cartilage and underlying subchondral bone. Given the
heterogeneity of composition and properties, the articular cartilage can be considered from a mechanical
perspective, as a composite material (Mansour, 2013). Its molecular interaction and ultrastructural
organization confer unique properties to the tissue that otherwise could not be achieved by any of its

individual components.
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Figure 2.3. Zonal organization and variation within articular cartilage. (a) Articular cartilage is
primarily subjected to compressive and shear stresses and thereby presents with a unique and specialized
microarchitecture essential for proper tissue function in this mechanical environment. (b) Descriptively,
articular cartilage can be subdivided into four zones (superficial, intermediate, deep, and calcified) based
on cell and matrix constituents’ variations throughout the tissue thickness. Note the parallel surface
orientation of cells and collagen fibres in the superficial layer, contrasted with the vertical orientation and
columnar cell arrangement attained at the deep layer, which is separated from calcified cartilage by the
tidemark line. PRG4 - proteoglycan-4, SCB - subchondral bone, (c) Representative image of mouse
articular cartilage non-calcified and calcified cartilage zones, Scale bar, 100 pm. C — uncalcified cartilage,

CC - calcified cartilage, SCB - subchondral bone, T- tidemark.

While chondrocytes constitute a small percentage of tissue volume (humans about 2-5% and mice:
about 20%) and display little to no proliferation, they are metabolically active and play a fundamental role

in tissue maintenance and remodelling by directing the synthesis and upkeep of its matrix components
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(Archer and Francis-West, 2003). These cells interact closely with the surrounding ECM, which transduces
biomechanical signals to chondrocytes, consequently influencing their metabolic activity and survival
(Buckwalter et al., 2005; Vincent et al., 2022). This interplay is hypothesized to be vital for tissue
homeostasis; and multiple forms of insults, whether caused by intrinsic or extrinsic factors have been shown
to result in tissue degeneration. This topic will be further explored on Chapter 4.

At the tissue level, mechanical stimuli play a vital role in cartilage health. Regular, moderate
mechanical loading, as occurs with physical activity, enhances nutrient diffusion, and stimulates
chondrocyte metabolism and matrix synthesis (Roos and Arden, 2016). Meanwhile, a lack of compressive
forces acting upon the cartilage surface, due to immobilization or unloading, hinders fluid movement and
nourishment to cartilage, leading to atrophy (Vincent and Wann, 2019). Conversely, abnormal loading, due
to joint trauma or excessive use, can disrupt cartilage homeostasis, leading to increased matrix degradation
by expression of proteases (aggrecanases - ADAMTS and metalloproteinases — MMPs) (Glasson et al.,
2010; Haseeb and Haqqi, 2013; Lohmander et al., 2003; Miller et al., 2013; Morais et al., 2021), further
escalating damage and consequently cartilage breakdown (Arokoski et al., 2000). This disrupts the balance
of cartilage remodeling, tipping the scales towards extensive degradation of the cartilage (Sandell and
Aigner, 2001). As part of this destructive cascade, chondrocytes undergo apoptosis, further impacting the
production of matrix constituints and cartilage function (Sandell and Aigner, 2001; Thomas et al., 2007).
This process is also observed during OA progression (Goldring and Goldring, 2016). Furthermore, systemic
factors including genetics, age, and metabolism can also influence the health of articular cartilage. For
example, advanced age is associated with a decline in chondrocyte function and an increased risk of

cartilage degeneration (Loeser, 2009), as introduced in Chapter 1.

As previously mentioned, regeneration of articular cartilage is challenging due to the complex structural
organization and composite nature of this tissue. Autologous chondrocyte implantation (ACI),
osteochondral allograft transplantation (OAT), and microfracture (i.e., marrow-stimulating therapy)

represent typical surgical approaches that aim to repair focal and/or full-thickness lesions, albeit with
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relatively poor tissue quality (Brittberg et al., 1994; Brody, 2015; Muthu et al., 2023; Zhang et al., 2009).
Clinical translation of ACI and OAT approaches has proved challenging, mainly due to donor-site
comorbidity (tissue is harvested from a non-load bearing region) and limited availability of donor tissue,
respectively (Zhang et al., 2009). Microfracture, known as a marrow-stimulating technique, consists of the
creation of holes into the subchondral bone that allows for the influx of blood and marrow stem/progenitor
cells (Richardson et al., 2016). The rationale behind this approach derives from cartilage’s poor healing
ability being partially attributed to its avascularity, which impair the recruitment of stem/progenitor cells to
the injury site (Huey et al., 2012; Richardson et al., 2016). However, the resulting repair tissue is often
fibrocartilage, which does not possess the same load-bearing ability and therefore longevity. As result, in
cases of extensive joint damage, joint arthroplasty is typically the most viable option for long-term relief
and restoration of joint function, but is often considered a last resort because of the level of invasivness,
lengthy-recovery and rehabilitation times and limited longevity of the prosthetic joint (Elhadad et al., 2022;

Roos and Arden, 2016; Zhang et al., 2009).

Hence, despite functional benefits, current regenerative approaches are unable to restore the native
tissue or normal function. Stem cells are unique in their ability to self-renew and to differentiate into a
variety of cell/tissue types. Specifically, mesenchymal stem/progenitor cells (MPCs) can be expanded in
culture and retain the potential to differentiate into bone, cartilage, and fat cells, potentially aiding in tissue
regeneration. These characteristics have motivated the exploration of MPCs as an attractive alternative to

cartilage regeneration, extending beyond their recruitment in microfracture technique.

2.4. Joint-resident mesenchymal stem cells

Stem cells and the idea of regenerative medicine have permeated our society in many ways, but perhaps
more relevant to this thesis is the promise of disease treatment and tissue regeneration. Typically regarded
as undifferentiated or unspecified cells, stem cells possess the ability to self-renew through cell division or

give rise to daughter cells that can mature and differentiate into various cell types depending on the stem

30



cell type and tissue of origin (Weissman, 2000). The functional potential of stem cells lies in their ability
to generate various cell types (i.e., potency). At the highest level, known as totipotency, stem cells can give
rise to an entire embryo and the necessary extraembryonic components to form a multicellular organism.
However, as stem cells become more differentiated/specialized and/or lineage restricted, so do their cell
progeny and tissue types that they can differentiate into (Balistreri et al., 2020). Pluripotent embryonic stem
cells reside in the blastocyst (inner cell mass) and give rise to all three germ layers — ectoderm, mesoderm,
and endoderm — that make up the adult organism. In contrast, adult (or somatic) stem/progenitor cells are
generally multipotent, reside within many niches in adult tissues and typically present greater lineage
restriction. Identified virtually in all tissues within the body, adult stem cells are generally rare populations
and reside in a quiescence state. Upon an insult, for example, injury or stress signals, these cells can become
activated and respond through proliferation, differentiation, and immunomodulation (Galliot et al., 2017;
Wang et al., 2014; Weissman, 2000), frequently operating through transit amplifying/progenitor cells, to

influence and/or directly contribute to tissue remodelling and wound healing outcomes.

MPC-resident pools have been described in various joint-associated tissues, including the bone marrow,
synovial membrane and synovial fluid, and the infrapatellar fat pad (Koyama et al., 2008; Kozhemyakina
et al., 2015; McGonagle et al., 2017; Roelofs et al., 2017). Nonetheless, the reasons why these progenitor
populations seem to be ineffective in facilitating cartilage regeneration after an injury or in the case of OA
remain elusive. Approaches using exogenous transplantation of expanded MPCs (predominantly from bone
marrow), with or without scaffolds and/or growth factors, have shown promising results experimentally
and in preliminary clinical trials; however, outcomes remain variable among clinical studies in patients,
and evidence of long-term structural/functional restoration is limited (De Bari and Roelofs, 2018; Loebel
and Burdick, 2018). Regardless of their source, the role MPCs play in regeneration and their potential
benefits in cartilage healing, as well as the mechanisms involved in such processes, all remain unclear.
Interestingly, results to date suggest that MPCs’ contributions to cartilage repair, whether recruited or

transplanted to the injury site, might be related to bystander effects, such as the release of trophic factors or
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immunomodulation (Wu et al., 2011), rather than actively undergoing differentiation and engrafting into

the wounded tissue.

Lack of consensus within the field as to which surface antigens and/or lack thereof are necessary for
characterization of MPCs has hindered their identification and isolation. Moreover, surface antigen
expression varies with tissue source and can be influenced by culture conditions, thereby contributing to
therapeutic outcomes variability (Kfoury and Scadden, 2015; Zhao, 2013). The basic criteria for isolation
of human MPCs, as of now, encompasses plastic adherence under culture, multilineage differentiation into
chondrocytes, osteocytes and adipocytes, as well as the expression of a panel of cell surface markers (CD90,
CD105, CD73), while lacking expression of CD34 and lineage-specific markers, such as CD31 and CD45
(Dominici et al., 2006). In mice, MPCs are commonly marked using Sca-1 (surface cell antigen-1) and/or
PDGRF-o (platelet-derived growth factor-a)); but, other endogenous markers have been proposed over the
last few years, such as LepR (Leptin receptor) and PrxI (Paired related homeobox-1), with some
overlapping of markers observed in sub-sets of these populations (Farahani and Xaymardan, 2015; Holmes

and Stanford, 2007; Loder et al., 2023; Logan et al., 2002; Wilk et al., 2017; Zhou et al., 2014).

In 2019, quiescent-associated mesenchymal progenitors defined by the expression of Hypermethylated
in cancer 1 (Hicl) transcription factor, were first described (Scott et al., 2019). Since then, Hicl" tissue-
resident MPCs have been identified in other tissues, displaying a tissue- and context-dependent fate decision

and contribution to remodeling processes.

2.5. Hypermethylated in Cancer 1 (Hicl)

Hypermethylated in Cancer 1 (Hicl) is well-recognized as a tumor suppressor, found epigenetically
silenced (hypermethylated) in several human cancers (Fleuriel et al., 2009). Likewise, its genetic
inactivation has been shown to enhance malignant tumor formation in mice within different tissues (Chen
et al., 2004). Homozygous deletion is embryonically lethal and accompanied by developmental defects,

including craniofacial and appendicular structures, underscoring the importance of Hic/ during
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development (Carter et al., 2000). Its expression has been identified in mesenchyme of the sclerotomes
during mouse embryonic development and in proximity to pre-cartilaginous condensation regions (Grimm
et al., 1999), and it supports craniofacial and axial skeleton formation (Arostegui et al., 2023; Ray and
Chang, 2020). Additionally, Hicl-positive cells have been found in different tissues within adult mice
(Abbasi et al., 2020; Schreiner, 2010; Scott et al., 2019; Shah et al., 2022; Soliman et al., 2020). However,
their role in homeostasis and outcomes after conditional deletion or injury-induced activation can vary
significantly based on the tissue and environmental context, displaying both pathogenic (e.g., fibrotic
scarring) and regenerative potential. Interestingly, the target genes of Hicl-encoded transcriptional
repressors have been linked to differentiation, stress response and cell cycle regulation, including p21 and
E2F1 (Dehennaut et al., 2013; Jenal et al., 2009). A previous study has demonstrated that Hicl expression
overlaps with that of commonly used MSC markers (Sca-1, PDGFR-a, Prx-I) in different tissue
compartments, including bone marrow (Nguyen et al., 2020; Shah et al., 2022; Soliman et al., 2020).
Nonetheless, their role in cartilaginous tissue niches, and possible influence in maintenance/regeneration

processes remain obscure. This will be the topic of investigation in Chapter 6.

2.6. Transgenic mouse models

Many of the studies investigating the cellular and molecular mechanisms of cartilage development,
maintenance and disease employ murine models. As discussed in Chapter 1, this is partially due to the great
availability of genetically modified strains (Jaisser, 2000; Saunders, 2011). Transgenic models allow us to
interrogate tissue-specific cell populations, genes, and molecular pathways at different stages in life to
better understand their involvement in homeostasis and pathological conditions, but also their role in tissue

repair processes.

2.6.1. Cre/loxP system

The Cre/loxP system is a widely used technology for conditional gene deletion or expression in

transgenic mice. Furthermore, it can be directed to specific tissues and temporally regulated. Essentially,
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Cre recombinase is an enzyme that can recognize a specific site in DNA known as loxP (34-bp) and in the
presence of two loxP sites catalyzes their recombination, thereby deleting whichever DNA sequence is
present in-between these sites (Deng, 2012; Kos, 2004). Likewise, this system can also be used to turn on
a desired gene of interest. In this project, the construct contains a "STOP" sequence flanked by the /oxP
sites, which is placed upstream of the gene of interest (i.e., loxP-stop-loxP-gene of interest). Therefore, the
gene of interest is not expressed until the stop sequence is excised by Cre activity (Deng, 2012). A
cell/tissue-specific promoter can also be integrated into these constructs, meaning that the gene deletion or
expression will be conditional and happen only in cells carrying the promoter, as the expression of Cre will

be restricted to those specific populations (Saunders, 2011).

Temporal regulation can also be achieved in addition to tissue specificity. In this case, Cre is expressed
in association with a modified estrogen receptor (ER) domain and sequestered to the cytoplasm, remaining
inactive without a ligand. The enhanced ERT2 system allows for better control of Cre expression (Saunders,
2011). Upon the administration of an inducer (ER ligand), called tamoxifen (or its metabolite 4-
hydroxytamoxifen), Cre can translocate to the nucleus and promote recombination, granting a conditional
and inducible characteristic to the Cre/loxP system (Deng, 2012). Tamoxifen-inducible Cre recombination
is advantageous because it allows one to study the function of genes in different stages in life, without
adversely impacting the animal’s embryonic developmental stages (Deng, 2012; Kos, 2004). In my thesis,
I'have utilized a number of different designs of transgenic mouse models, which enabled me to conditionally
eliminate chondrocytes and globally disrupt Prg4 gene expression, as well as label Hicl" cells and follow
their lineage in vivo. Considering the existence of heterogeneous stem/progenitor cell populations within
tissues, genetic techniques such as fluorescent labelling of cells constitute powerful tools as they enable

lineage tracing of cells and the study of their behavior in vivo under diverse conditions.
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2.7. Scope of Research

This thesis focuses on investigating microscale changes in the structure and function of articular
cartilage in response to different insults to tissue homeostasis, which are considered to precede the initiation

of OA (Figure 2.4). The goals of the data chapters of this thesis were:

1. To develop a reproducible biomechanical assay of mouse articular cartilage

2. To determine whether depletion of chondrocytes broadly within the articular cartilage compromises

tissue mechanics and can initiate tissue degeneration;

Hypothesis: Genetically induced chondrocyte depletion by diphtheria-toxin expression will
compromise the structure and function of the articular cartilage and lead to the development of

osteoarthritis

3. To investigate the spatiotemporal changes in morphology and biomechanics in the distal femur of

adult Prg4 deficient mice;

Hypothesis: Prg4 deficiency leads to abnormalities in distal femur morphology contributing to

articular cartilage degeneration

4. To determine the role of HicI” mesenchymal progenitors and their progeny in the maintenance and
repair of auricular and articular cartilage tissues, and whether their behavior can be biased towards

a pro-regenerative outcome;

Hypothesis: Hicl cells reside in both ear (auricular) and knee joint (articular) environments,
contribute to scar-forming repair after injury, and E2F1 overexpression will enhance cartilage
repair, promoting neo-cartilage formation with structural and mechanical properties that are

comparable to the native cartilage
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Figure 2.4. Schematic overview of transgenic mice and assay modalities employed in Chapters 4-6.
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3.1. Abstract

Characterizing the biomechanical properties of articular cartilage is crucial to understanding processes of
tissue homeostasis vs. degeneration. In mouse models, however, limitations are imposed by their small joint
size and thin cartilage surfaces. Here we present a three-dimensional (3D) automated surface mapping
system and methodology that allows for mechanical characterization of mouse cartilage with high spatial
resolution. We performed repeated indentation mappings, followed by cartilage thickness measurement via
needle probing, at 31 predefined positions distributed over the medial and lateral femoral condyles of
healthy mice. High-resolution 3D x-ray microscopy (XRM) imaging was used to validate tissue thickness
measurements. The automated indentation mapping was reproducible, and needle probing yielded cartilage
thicknesses comparable to XRM imaging. When comparing healthy vs. degenerated -cartilage,
topographical variations in biomechanics were identified, with altered thickness and stiffness
(instantaneous modulus) across condyles and within anteroposterior sub-regions. This quantitative
technique comprehensively characterized cartilage function in mice femoral condyle cartilage. Hence, it
has the potential to improve our understanding of tissue structure-function interplay in mouse models of

repair and disease.
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3.2.Introduction

The articular cartilage in synovial joints has a specialized three-dimensional (3D) structure and
biochemical composition that provide low-friction, wear-resistance, and load-bearing properties to the
tissue. Mechanical loading is essential to tissue homeostasis and influences gene expression, chondrocyte
metabolism, extracellular matrix maintenance, and associated interstitial fluid permeability (Grodzinsky et
al., 2000; Vincent and Wann, 2019). Therefore, the biomechanical properties of cartilage are unique
indicators of tissue homeostasis versus degeneration. Indeed, research into cartilage-related changes during
the development of degenerative diseases such as osteoarthritis (OA) has demonstrated that early tissue
dysfunction involves loss of proteoglycans and increased water content, resulting in reduced compressive
strength and higher tissue permeability (Setton et al., 1994; Stolz et al., 2009). Disease progression leads to
further structural damage and altered mechanics (Kleeman et al., 2005), ultimately resulting in tissue

failure.

Mouse models are commonly used in pre-clinical studies focused on cartilage repair and
pathophysiology of OA (McCoy, 2015). Mice are advantageous because of the well-established
development of genetically modified strains (Helminen et al., 2002) and the availability of diverse model
systems mimicking mechanisms of spontancous and induced tissue degeneration and regeneration
(Bedelbaeva et al., 2010; Christiansen et al., 2015; Kyostio-Moore et al., 2011; Murphy et al., 2020). In this
regard, mouse models serve as powerful tools for the targeted assessment of cellular and molecular
processes, and the discovery of novel therapeutics related to cartilage regeneration and OA. Yet, while the
structural integrity and biochemical composition of murine cartilage are routinely assessed through
histological and molecular approaches, the evaluation of how these features translate into mechanical
function is limited. The main challenge in mechanical function assessment stems from the small joint size
and thin cartilage found in mice relative to other species (Malda et al., 2013). Prior efforts to overcome
these challenges include finite element modeling and optimization of small-scale indentation techniques

(Berteau et al., 2016; Cao et al., 2006; Das Neves Borges et al., 2014; Stolz et al., 2009).
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Mechanical indentation (including atomic force microscopy [AFM] techniques), performed using either
creep or stress-relaxation protocols, is widely employed for assessing the biomechanical behavior of
cartilage and OA-related changes in many species (Athanasiou et al., 1991; Hoch et al., 1983; Risch et al.,
2021) and considered the gold standard for small animal joints (Lakin et al., 2017). Unlike confined and
unconfined compression tests, no sectioning or subsampling of tissue (i.e. cylindrical explants) is required
(Mansour, 2013). Instead, the cartilage tissue and its subchondral bone interface is kept intact, providing
more physiologically relevant data. Indentation is also advantageous in that it is non-destructive and allows
for repeated measures in situ (Lu and Mow, 2008). However, the natural curvature of joint articular surfaces
poses a challenge to testing, as indentation must be conducted perpendicularly to the surface (Swann and

Seedhom, 1989).

Recently, a novel automated indentation technique has been developed for the mechanical assessment
of cartilage (Sim et al., 2017). This commercially available multi-axial apparatus (Mach-1, Biomomentum
Inc, Laval, QC) is capable of detecting specimen surface orientation at each position of measurement and
subsequently indent normal to the surface (Biomomentum, 2020; Sim et al., 2017). As such, it can map
entire cartilage surfaces using a single setup with high spatial density and has been previously shown to
discriminate between healthy and diseased human cartilage samples (Seidenstuecker et al., 2019; Sim et
al., 2017). This apparatus has been recently employed by Woods and colleagues (Woods et al., 2021) to
evaluate altered biomechanics in a mouse model of cartilage degeneration. However, the study was
conducted in the non-load-bearing region of the mouse knee joint. Considering that the knee range of
motion in mice is between 40 and 145° (i.e. unable to fully extend) (Jia et al., 2018), with normal gait range
between 90.5 and 120° (extension-flexion) (Hu et al., 2017), the contact regions in the distal femoral
condyles are located further posteriorly. Careful consideration of species-specific differences in knee joint

anatomy and kinematics is imperative for proper translation of pre-clinical models (Olah et al., 2021).

Woods and colleagues (2021) were also unable to account for site-specific cartilage thickness variations

in their measurements, instead of using the mean cartilage thickness obtained via histological analysis in
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their assessment (Woods et al., 2021). Other studies have employed mean cartilage thickness values
retrieved through histology or imaging techniques to characterize and model tissue mechanical parameters
in mice (Cao et al., 2006; Das Neves Borges et al., 2014). Implicit in this approach is the underlying
assumption that cartilage thickness is relatively uniform among medial and lateral compartments (e.g.
femoral condyles or tibial plateaus), and along their anteroposterior or mediolateral axis. Yet, regional
variations in thickness are recognized within these cartilage surfaces (Das Neves Borges et al., 2014; Li et
al., 2005; Malda et al., 2013) and known to impact small-scale indentation measurements (Hayes et al.,

1972; Swann and Seedhom, 1989).

Hence, the purpose of this study was to investigate the reliability of automated indentation mapping in
the assessment of healthy femoral articular cartilage in mice and characterize site-specific variations in
cartilage thickness. We also employed concurrent contrast-enhanced 3D x-ray microscopy (XRM) imaging
to validate the cartilage thickness measurements from our optimized needle probing (NP) protocol (Jurvelin
etal., 1995). Finally, this approach was used to investigate biomechanical differences in a clinically relevant
mouse model of cartilage degeneration (Rhee et al., 2005). Together, we show that automated indentation
is reliable and able to characterize topographic and mechanical variations across condyle cartilage locations
in intact cartilage. Moreover, this technique was able to identify regional changes in cartilage thickness and
stiffness in degenerated cartilage. A comprehensive and standardized biomechanical evaluation of cartilage
in repair and disease can greatly contribute to our understanding of tissue structure-function interplay,

thereby enhancing the clinical relevance of mouse models in this area.
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3.3. Materials and Methods

3.3.1. Animals

Male C57BL/6 mice were purchased from Jackson Laboratories (Bar Harbor, ME). Animals were
housed under a standard light cycle and had free access to feed (standard diet) and water. Ten mice were
euthanized at 16 weeks of age, and hindlimbs (n =10 right and n = 5 left) were harvested for biomechanical
testing and/or 3D XRM imaging. Age-matched PRG4 knockout mice (Prg4 ", n = 6) were generated and
maintained on a C57BL/6genetic background, as previously described (Abubacker et al., 2019). Limbs
were disarticulated at the hip, followed by transection of the ligaments and careful isolation of distal femurs
from tibiae and menisci with the help of a dissection microscope (Leica). Femurs were preserved gently
wrapped in Kimwipe soaked in phosphate-buffered saline (PBS, pH 7.4) until the time of assessment. All
samples were mechanically tested no longer than 3 hr after dissection to prevent tissue degradation.
Contralateral legs, not subjected to biomechanical testing were preserved in 10% neutral buffered formalin

(NBF) solution for 24 hr and stored in 70% ethanol for 24hr to 48 hr before imaging.

3.3.2. Automated indentation mapping

The shafts of isolated femurs were glued into a 0.1-10 uL pipette tip (VWR, USA) using cyanoacrylate
adhesive, fixed into a stainless-steel hex nut (Paulin, Model 848-216) and secured to the sample holder
(Figure 3.1, Figure S3.1). This customized setup allowed for simple and proper positioning of the sample,
exposing the load-bearing region of the condyles (Jia et al., 2018) for data acquisition, as well as non-
destructive retrieval of samples after testing, such that subsequent XRM imaging could be carried out. A
standardized mapping grid (z = 31 positions) was superimposed on an image of the cartilage surface,
consisting of 14 and 17 measurement sites at the lateral and medial condyles, respectively (Figure 3.1A).
The testing chamber was filled with PBS solution at room temperature, and the tissue was allowed to
equilibrate before testing. Automated indentation mapping under stress-relaxation was then performed

using the Mach-1 v500css (Biomomentum Inc, Laval, QC) device, equipped with a calibrated multiple-axis
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load cell (=17 N, 3.5-mN force resolution) and associated software. At each testing site (XY coordinates),
height and surface orientation were identified using four surrounding contact coordinates (front, back, left,
and right) in a 0.075-mm scanning grid. Then, by concurrently moving Mach-1 stages in all three-axis at
different speeds, indentation can be performed along a virtual axis normal to the surface. As per
manufacturer’s recommendation, contact regions for surface angles > 60° were considered unreliable and
thus discarded. In this study, a spherical indenter (0.3 mm in diameter) was driven into the cartilage to a
depth of 20 pm over 1 s followed by a 90-s hold-time. For C57BL/6, a total of three indentation mappings
were performed per sample, approximately 45 min apart. Data reported consist of peak force and
instantaneous modulus, as determined by fitting the Hayes et al., 1972 elastic model to the load-
displacement curves at 20% strain. Assessment of how well the model fit the resulting curve per test site
was done using RMSE. Since the analysis per position across specimens and genotypes reflects deviations
due to anatomical positioning, calculated parameters were compared between lateral (Lat) and medial
(Med) femoral condyles, as well as on four condylar sub-regions (Lateral/Anterior - Lat/Ant,
Lateral/Posterior — Lat/Post, Medial/Anterior - Med/Ant, and Medial/Posterior - Med/Post), each containing

at least five positions of measurement (Figure 3.1A).

3.3.3. Needle probing — thickness measurement

After indentation mapping, the spherical indenter was replaced by a 30Gx1.4” hypodermic needle (TSK
Laboratory, Japan) adapted to the 1-mm spherical indenter (Biomomentum Inc, Laval, Canada) (Figure
S3.2). Automated thickness mapping (Figure 3.2A) was performed on the same knee cartilage surface using
the NP technique (Jurvelin et al., 1995), thickness was measured on 31 sites located adjacent to those
previously identified for the indentation mapping, while keeping the relative distance between testing sites
(or overall distribution grid) the same. The needle was driven vertically into the cartilage surface at a
constant speed until a 0.5-N stop criteria was reached in the subchondral bone. The cartilage surface and

cartilage/subchondral bone interface positions were identified in the load-displacement curves (Figure
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3.2B) generated at each measurement site using the automatic mode of analysis (Biomomentum, 2020). A
0.25-N/s loading limit was defined to identify the interface position. Manual correction was employed when
the algorithm failed to identify the inflection point (Biomomentum, 2020). The cartilage thickness reported
corresponds to the vertical needle displacement from cartilage surface to subchondral bone multiplied by
the cosine of the surface orientation angle (Figure 3.2B) as determined during automated indentation for
each position. After testing, samples were preserved in 10% NBF solution for 24 hr and stored in 70%

ethanol for 24hr to 48 hr before imaging.

3.3.4. 3D XRM imaging

3D XRM imaging was used for non-destructive assessment of cartilage morphology. Fixed femurs were
incubated for 16-18 hr in 1% phosphotungstic acid (PTA) solution at room temperature for cartilage
contrast enhancement before imaging (Das Neves Borges et al., 2014). Samples were enclosed onto a
custom specimen chamber, with 1% PTA in 70% ethanol added to the chamber’s bottom to minimize tissue
dehydration. Zeiss Xradia 520 versa (Carl Zeiss X-Ray Microscopy, Pleasanton, CA) scans of each distal
femur were obtained following previously described protocol (Jablonski et al., 2021; Richard et al., 2020).
In brief, high-resolution scans of 2001 axial slices were acquired at a 4.39-um voxel size, with low-energy

(40 kVp voltage, 3 W power) x-rays.

3.3.5. Imaging processing

The contrast-enhanced cartilage surface was segmented by determining a threshold intensity, thereby
delineating the femur scan into cartilage and subchondral bone voxels. For contralateral distal femurs (n =
5) that did not undergo biomechanical testing, a connected components filter was used to separate the
medial and lateral condyles. The thickness transform was computed for each condyle, and the mean
thickness was taken as the statistic of the thickness distribution (Hildebrand and Riiegsegger, 1997). For

right hindlimbs, subjected to biomechanical testing, NP left a physical deformity in the articular cartilage
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of the right femurs visible on XRM imaging (Figure 3.2A), allowing for all 31 ROIs corresponding to NP
to be manually landmarked. Landmarks were placed manually using the two-dimensional axial, sagittal,
and coronal planes centered along the cartilage thickness and within each NP site. Cartilage segmentations
were corrected manually to ensure the cartilage mask encompassed resulting volume gaps at NP positions.
Then, the segmented cartilage was masked by a sphere of radius 75 pm placed on each landmark, leaving
a thin disk of cartilage. The thickness transform was computed for each disk (Hildebrand and Riiegsegger,
1997) and the mean thickness values, taken as a statistic of the thickness distribution, were used to minimize
variability due to morphological changes in the cartilage caused by the mechanical testing. Image
processing was performed in SimplelTK (Lowekamp et al., 2013; Insight Software Consortium, v1.2.4),
and morphometry was performed in Image Processing Language (IPL v5.42, SCANCO Medical AG,

Briittisellen, Switzerland).

3.3.6. Statistical analysis

Analyses were performed in GraphPad Prism software (version 9), a = 0.05 was considered statistically
significant. Continuous parameters are reported as mean values and corresponding standard deviations
(SDs). Normality was assessed by Shapiro-Wilk normality test. C57BL/6 peak load and thickness data were
analyzed by Student ¢ test or ANOVA, with Bonferroni post hoc comparisons. To assess differences in
biomechanical properties between genotypes non-parametric Mann-Whitney U test with Bonferroni-
Dunn’s correction was used. To test reliability and absolute agreement between repeated measurements,
SPSS 27 (IBM, Chicago, IL) was used to obtain single-measurement, two-way mixed effect intraclass
correlation coefficient estimates and respective 95% limits of agreement (Koo and Li, 2016; Miiller and
Biittner, 1994). When assessing cartilage thickness measurements between NP and XRM imaging
techniques, Pearson correlation coefficient (R) was used for method-comparison and Bland-Altman

analysis to assess bias between methods.
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3.4.Results

3.4.1. Automated indentation mapping reliability

While previous studies have employed indentation mapping on mouse cartilage, to our knowledge none
has reported on its precision and test-retest reliability. Therefore, we performed three repeated mappings of
31 predefined positions distributed over the femoral condyles of ten C57BL/6 mice (Figure 3.1A) to assess
the reliability of the automated surface indentation technique. The setup was developed and optimized
(Figure S3.1) to assess the load-bearing regions of the femoral condyles and achieve non-destructive
retrieval of specimen post-testing for subsequent 3D XRM imaging analysis. The imposed step deformation
(i.e. indentation depth) on the femoral cartilage yielded typical stress-relaxation behavior, characterized by
a sharp increase in force followed by gradual relaxation over time until equilibrium (Figure 3.1B).
Assessment of stress-relaxation and corresponding force-displacement curves (Figure 3.1B) demonstrated
consistency among repeated measurements for single positions and visible differences in peak reaction
forces between condyles. These observations were further evidenced by the spatial distribution of peak
force values across condylar testing sites (Figure 3.1C, Table 3.1). A total of 930 indentation measurements
were retrieved, out of which only 21 produced atypical curves (7 testing sites at specimen’s periphery with
higher angles yielded noisy signals, Figure 3.1C), representing a 2.26% error rate during data acquisition.
High reliability and absolute agreement between repeated measures for individual testing sites were
observed, with 4.7% intra-assay average coefficient of variation (Table 3.1) and intraclass correlation
coefficients — ICC (lower 95%, upper 95%) — ranging from 0.974 (0.966, 0.981) for the lateral condyle to
0.971 (0.963, 0.978) for the medial condyle. Mean peak force values illustrate site-specific variations within
and between condyles (Figure 3.1D). The lateral condyle values varied significantly per position
(p<0.0001), ranging from 0.07 to 0.15 N and showed a trend for higher values at outermost positions, with
a slight decrease in force posteriorly. The latter was also seen for the medial condyle, wherein
heterogeneities in peak force were apparent (p<0.0001) and had a wider range — from 0.15 to 0.294 N. Since

the analysis per testing site also reflects inherent deviations due to anatomical positioning across specimens,
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data was pooled for regional (between condyles) and sub-regional (between and within anteroposterior

locations) comparisons.
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Figure 3.1. Indentation mapping of murine articular cartilage. (A) Schematic overview of experimental
design employed for biomechanical testing of murine articular cartilage using Mach-1 v500css mechanical
tester. (B) Step displacement used for cartilage indentation (top), with typical force-relaxation response
curves obtained for three repeated measures on representative lateral and medial condyle positions (middle)
and corresponding force increase with indentation depth (bottom). (C) Normal peak force recorded for all

three repeated measures (A-C), considering each of the 31 testing sites, L1-L.14 at lateral condyle and M1-
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M17 at medial condyle, for each specimen (n=10), (S01-S10), demonstrates general agreement for intra-
specimen measurements on both condyles. (D) Mean peak force values varied within and between condyle

locations and higher within medial condyle testing sites. Data is presented as mean =+ SD.
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Table 3.1. Mean peak force (X: N) and coefficient of variation (CV: %) from triplicate measurements for each of the 31 positions (L1-M17)
of assessment over mice femoral condyles.
S01 S02 S03 S04 S05 S06 S07 S08 S09 S10
X cv X cvV X CcvV X cv X cv X cvV X cv X cvV X CcvV X CvV
L1 0.08 29 008 3.0 010 4.1 0.13 18 009 121 0.10 27 010 49 0.09 33 0.07 1.5 0.11 0.2
L2 0.11 1.3 009 25 010 23 014 6.1 012 82 0.11 45 0.13 49 0.11 6.1 0.07 13.7 0.11 5.7
L3 0.07 49 008 36 008 50 012 25 0.11 48 0.12 1.5 009 38 008 49 0.07 85 0.08 8.0
L4 0.10 72 0.07 28 0.10 1.3 0.11 1.6 0.08 3.6 0.11 47 013 22 009 30 006 48 009 55
L5 016 07 015 50 0.21 90 014 77 012 78 0.04 100 0.17 24 0.17 42 0.11 6.0 019 63
L6 006 93 007 74 008 134 0.12 41 009 57 008 29 006 90 006 69 008 60 0.07 58
L7 0.06 47 007 62 008 69 010 31 007 123 007 38 009 80 0.08 49 0.07 38 007 75

L8 0.16 22 0.09 159 0.19 32 014 49 011 79 - - 020 58 017 31 012 35 012 65
L9 0.05 103 007 54 008 24 009 15 003 202 007 03 005 64 007 29 009 09 008 25
L10 004 42 007 68 007 31 008 45 - - 008 33 007 39 007 55 007 11 008 32
rir o010 57 008 61 015 24 011 91 013 51 014 68 016 59 014 37 004 90 011 13
L12 005 09 008 46 007 94 007 3.6 - - 009 31 006 62 006 88 011 3.6 010 33
L13 005 30 007 36 007 64 007 58 - - 0.10 23 007 29 008 49 009 09 009 6.0

L4 008 50 008 57 013 49 0.10 49 004 190 014 11 014 37 016 1.7 009 120 0.12 14
M1 029 37 018 69 023 41 023 19 021 55 026 14 022 67 020 22 020 17 022 19
M2 - - 025 46 025 32 026 10 028 23 029 21 027 15 024 63 020 54 029 09
M3 023 31 017 38 024 07 024 14 024 28 024 18 023 32 019 27 022 6.7 025 34
M4 036 50 030 65 028 06 030 26 029 31 031 27 025 58 026 31 019 45 030 27
M5 - - 038 100 030 39 030 19 036 11 026 07 030 24 025 55 018 43 015 5.1
M6 019 17 017 63 025 34 023 38 019 56 026 23 021 07 011 109 0.16 39 020 151
M7 030 33 030 42 034 59 030 19 037 70 031 17 026 22 028 11 016 14 030 69
M8 037 33 036 62 033 20 028 51 035 56 023 20 023 60 017 3.6 013 17 014 42
M9 020 38 016 25 027 56 021 28 018 196 025 12 020 42 016 09 015 34 024 186
M10 026 28 030 20 033 71 028 12 039 22 025 24 019 25 025 20 016 24 024 27
Mi11 028 20 030 28 030 60 021 16 031 38 022 20 016 11 014 07 013 78 011 7.1
M12 016 16 019 59 025 16 018 06 017 23 018 64 015 69 018 57 0.09 7.7 - -

M13 022 43 026 46 029 3.0 020 23 032 40 020 26 015 12 021 36 014 01 020 29
M14 019 16 027 12 025 42 017 26 027 12 020 08 014 29 013 41 0.12 32 0.12 18
Mi15 016 37 016 05 018 16 014 16 018 07 013 19 013 17 014 11 014 16 021 92
Ml6 014 13 019 13 020 09 014 21 022 14 016 27 012 08 015 12 013 14 016 1.7
M17 014 22 021 1.1 017 34 015 26 019 31 015 55 013 21 012 30 013 14 013 22
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As Table 3.2 shows, the average peak force was significantly higher on the medial condyle and on both
its anterior and posterior sub-regions when compared to lateral counterparts (Lat/Ant vs. Med/Ant and
Lat/Post vs. Med/Post). Interestingly, no significant differences were observed between sub-regions of the
lateral condyle (Lat/Ant vs. Lat/Post). In contrast, the mean peak force yielded at the Med/Post sub-region
was 20% lower than on the Med/Ant (p<0.01). As cartilage thickness variations between and within condyle
locations could affect peak forces measured at same indentation depth (Michalak et al., 2019), with thinner
cartilage yielding higher force values, we sought to determine the cartilage thickness distribution within the

same surfaces and validate this approach using XRM imaging.

Table 3.2. Mean and standard deviation (SD) values for peak force (N) as determined by automated
indentation test performed for » = 10 distal femur samples of murine articular cartilage. Mean values
compared between condyles (Lateral/Medial; unpaired, Student’s t test, a=0.05) and within sub-regions of

condyles (Lat/Ant, Lat/Post, Med/Ant, Med/Post; one-way ANOVA, p<0.05).

Peak Force [N]

Condyle Mean (SD) Condyle Mean (SD) Lat - Med
Lateral 0.096 (0.011) Medial 0.219 (0.037) p <0.0001
Lat/Ant 0.107 (0.017) Med/Ant 0.250 (0.037) p <0.0001
Lat/Post 0.090 (0.011) Med/Post 0.199 (0.037) p <0.0001
Ant - Post ns Ant - Post p<0.01 -

ns, no significant difference; -, comparison not applicable

3.4.2. Cartilage thickness characterization: comparison between needle probing and XRM imaging

NP thickness mapping was performed on all 10 femoral condyles, which were subsequently scanned
using contrast enhanced XRM imaging (Figure S3.2). As shown in Figure 3.2A, reconstructed 3D datasets
of murine distal femurs allowed us to validate the spatial distribution of NP testing sites, whereby the
corresponding region of interest (ROI) coordinates for imaging processing could be determined.
Additionally, the two-dimensional slices confirmed that the needle probe pierced the full length of the

cartilage, reaching the subchondral bone (Figure 3.2A). The cartilage surface and cartilage-subchondral
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bone interface positions were identified using the load-displacement curves from NP (Figure 3.2B), and the
cartilage thickness for each position was then calculated considering the surface angle (see Methods section
for details). There was a 2.58% rate of needle probe failure (8 out of 310 measurements, testing sites near
the specimen’s edge) during data acquisition. NP and contrast enhanced XRM imaging yielded similar
cartilage thickness distributions on both condyles (Figure 3.2C), demonstrating a highly significant
correlation between paired values (R=0.842, n=302, p<0.0001) (Figure 3.2D). Further method-comparison
using a Bland-Altman plot (Figure 3.2E) illustrated XRM measurements were approximately 6.8 pum
thicker on average than NP, representing only a 1.55 voxels difference (4.39 pum resolution - XRM).
Moreover, no significant differences were found between pairwise mean thickness values (NP vs. XRM)
for individual positions within the lateral condyle (Figure 3.2F). Similar results were shown for the medial
condyle, wherein higher mean thickness values from XRM were only seen on M06 (A = 8.68 um, p =
0.028), M11 (A=9.89 um, p <0.01), and M13 (A =9.34 um, p = 0.012) testing sites. No obvious reason
for these localized differences was found, and dullness of needle was ruled out since subsequent testing

sites (M14 to M17) yielded comparable cartilage thickness values between techniques.
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Figure 3.2. Thickness mapping of murine articular cartilage. (A) Assessment of agreement between
needle probing (NP) and x-ray microscopy (XRM) imaging cartilage thickness per position of measurement
within right femoral condyles (n=10). (B) Representative normal force-displacement curve obtained during
NP test depicting articular cartilage (AC) surface (1) and subchondral bone interface (2) positions and
cartilage thickness calculated normal to the surface (red) using the surface angle orientation. (C) Mapping
distributions of cartilage thickness values per position as measured by NP and XRM. (D) Correlation graph
of cartilage thickness measured by NP vs. XRM, R=0.842, n=302, p<0.0001, and corresponding (E) Bland-
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Altman plot showing overall agreement between methods, with average difference of 6.8 um in thickness.
Dotted black lines show upper and lower 95% limit of agreement. (F) Pairwise assessment of mean cartilage
thickness NP vs. XRM per position for the lateral and medial condyles (* p<0.05, ** p<0.01, two-

way ANOVA). Symbols represent the means and error bars the standard deviation.

Unlike peak force distributions, spatial heterogeneities in cartilage thickness were apparent among
individual testing sites only on the lateral condyle (p < 0.0001), with averaged values ranging from 46 to
76 um; whereas thickness distributions within the medial condyle were more uniform (p = 0.06), ranging
from 36 to 45 pm. Nevertheless, no significant differences were observed within condyles when comparing
their anteroposterior sub-regions; whereas the medial condyle was significantly thinner than its lateral
counterpart, both in its anterior and posterior sub-regions (Tables 3.3 and 3.4). XRM segmentation of
contralateral femoral condyles (n = 5) not subjected to biomechanical testing (Figure S3.3) yielded mean
cartilage thicknesses of 40.63 + 3.14 um and 56.99 + 6.26 um for the medial and lateral condyles,
respectively. Comparison to the averaged values retrieved by site-specific NP and XRM following NP
suggests repeated indentations did not compromise cartilage before NP test, whereas compromise of
cartilage integrity by NP may have impacted subsequent XRM evaluation leading to overestimation of site-

specific cartilage thicknesses.

Table 3.3. Mean and standard deviation (SD) values for cartilage thickness as determined by needle
probing for distal femur samples of murine articular cartilage (n = 10). Mean values compared between
condyles (Lateral/Medial; unpaired, Student’s ¢ test) and within sub-regions of condyles (Lat/Ant, Lat/Post,
Med/Ant, Med/Post; one-way ANOV A, a=0.05).

Cartilage Thickness [pum]

Condyle Mean (SD) Condyle Mean (SD) Lat - Med
Lateral 60.3 (6.3) Medial 39.8 (2.9) p < 0.0001
Lat/Ant 57.0 (5.9) Med/Ant 37.5(3.8) p <0.0001
Lat/Post 62.3 (7.8) Med/Post 41.9 (3.0) p < 0.0001
Ant - Post ns Ant - Post ns -

ns, no significant difference; -, comparison not applicable

53



Table 3.4. Mean and standard deviation (SD) values for cartilage thickness as determined by x-ray
microscopy imaging for distal femur samples of murine articular cartilage (n = 10). Mean values
compared between condyles (Lateral/Medial; unpaired, Student’s ¢ test) and within sub-regions of condyles

(Lat/Ant, Lat/Post, Med/Ant, Med/Post; one-way ANOVA). p-value reported.

Cartilage Thickness [N]

Condyle Mean (SD) Condyle Mean (SD) Lat - Med
Lateral 64.4 (8.4) Medial 46.5 (4.4) p < 0.0001
Lat/Ant 59.0 (8.2) Med/Ant 42.9(5.1) p <0.0001
Lat/Post 67.4 (9.7) Med/Post 49.5 (4.3) p <0.0001
Ant - Post ns Ant - Post ns -

ns, no significant difference; -, comparison not applicable

As expected, pairwise comparisons for individual testing sites demonstrated a significant negative
correlation between peak force and thickness measurements within lateral (R =—0.554, n = 135, p <0.001,
Figure 3.3A) and medial (R = —0.463, n = 167, p < 0.001, Figure 3.3B) condyles. Knowledge of site-
specific thickness variations allowed the compressive stiffness to be determined for the same mechanical
strain at each testing site. Instantaneous modulus was calculated using Hayes et al. elastic model (Hayes et
al., 1972) at 20% strain, wherein linear elastic behavior can be assumed, and instantaneous response is
considered as flow-independent (Poisson’s ratio, v = 0.5 assumed; (Armstrong, 1986). Regardless of
femoral condyle, instantaneous stiffness demonstrated no significant correlation to thickness variations
(Figure 3.3C-D). Notably, compressive stiffness differed significantly between condyles (Lat vs. Med,
p<0.001), but no longer within a condyle (Lat/Ant vs Lat/Post: p>0.99; Med/Ant vs Med/Post: p=0.546),
like seen for peak reaction force on the medial side. Together, cartilage thickness appears as a contributing
factor but not the sole explanation to mechanical variations, which is also affected by differences in
composition and morphology. Next, we assessed the potential of this indentation testing in identifying

microscale biomechanical differences between healthy and degraded cartilage.
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Figure 3.3. Correlation graphs per testing site for the lateral (n = 135 positions) and medial (n = 167)
condyles; showing cartilage thickness (needle probing) is significantly correlated to peak indentation force
at 20 um (A-B), but not to instantaneous modulus values as determined by Hayes et al. (1972) elastic model

at 20% strain. Pearson correlation performed and p-values reported.

3.4.3. Altered biomechanical properties in degenerated murine articular cartilage

To assess the changes in mechanical response within the context of cartilage degeneration, we
employed the same testing protocol on age-matched Proteoglycan 4 (PRG4) knockout mice (n = 6) and
compared the outcomes to the C57BL/6 controls. PRG4 is a mucin-like glycoprotein highly conserved
across species (Askary et al., 2016; Ikegawa et al., 2000) and functionally relevant in joint homeostasis and
lubrication (Coles et al., 2010; Jay et al., 2007; Rhee et al., 2005). PRG4 loss of function, as seen in
knockout mice (Prg4 "), leads to degenerative joint changes recapitulating the phenotype of human
camptodactyly-arthropathy-coxavara-pericarditis syndrome (Marcelino et al., 1999; Rhee et al., 2005). As

a spontaneous model of cartilage degeneration, Prg4 " structural and morphological joint changes are
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expected to be more consistent across specimens and less susceptible to variability derived from models
that rely on injury/intervention. Histological alterations of articular cartilage have been comprehensively
described and include surface roughness, tissue thickening, and loss of collagen parallel orientation at the
superficial layer, progressing to irreversible tissue damage with age (Karamchedu et al., 2016; Rhee et al.,

2005).

Yet, the microscale assessment of site-specific mechanical variations, aside from friction, has not been
described so far for Prg4~~ knee cartilage surfaces. Mapping of biomechanical parameters allowed site-
specific differences in Prg4 '~ cartilage to be visualized, and outcomes were largely reproducible across
femoral specimens (Figure 3.4A-B). These findings were supported by the combined quantitative
assessment between genotypes for the different condyle regions and subregions (Figure 3.4C—F). Prg4 "~
mean cartilage thickness on both lateral (67.9 + 3.5 um, p = 0.032) and medial (56.3 = 3.7 um, p < 0.001)
sides of the knee was higher compared to controls (Figure 3.4C). Differences in cartilage thickness between
genotypes on anteroposterior sub-regions, however, were only detected on the medial condyle (Figure
3.4E). The site-specific thickness measurements enabled us to determine the instantaneous modulus at each
testing site for the same mechanical strain. The utilized Hayes et al. (1972) elastic model could fit the
response of mouse cartilage with great accuracy (root mean square error [RMSE] equal to 0.017 &+ 0.007
MPa for controls and 0.010 + 0.003 MPa for Prg4 /). Cartilage compressive stiffness was significantly
lower on the medial condyle of Prg4 "~ mice compared to controls (8.67 = 1.79 MPa vs. 19.52 + 2.44 MPa,
respectively, p < 0.001). Similar patterns were seen when considering the anteroposterior subregions of the
medial condyle (Figure 3.4F). No significant differences in lateral condyle cartilage stiffness were observed

(10.85 £ 1.73 MPa - control vs. 8.73 £ 2.39 MPa - Prg4 ", p = 0.187).
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Figure 3.4. Altered biomechanical properties in degenerated murine articular cartilage. (A-B) Heat
maps and corresponding boxplots comparing (C-D) regions - lateral and medial - and their (E-F) sub-
regions - Lat/Ant, Lat/Post, Med/Ant, Med/Post - highlight spatial differences in biomechanical parameters
on femoral cartilage surface between controls (C57B1/6, n=10) and PRG4 knockout mice (Prgd "~ n=6).
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Maps shown for six representative samples per genotype, as well as the corresponding averaged map of all
samples. Parameters illustrated are thickness measured by needle probing (A, C, E) and instantaneous
modulus as determined by Hayes et al., 1972 elastic model (B, D, F). Pairwise comparison between
genotypes for mean values on the lateral and medial condyles and anteroposterior sub-regions (Mann-

p<0.001).

EETS

Whitney U with Bonferroni-Dunn correction, ‘p<0.05, “p<0.01,

3.5.Discussion

Using a novel microscale instrumented apparatus, we were able to detect and quantify spatial variations
in biomechanical parameters across murine cartilage surfaces, both within healthy and degenerated femoral
condyles. Compared to recent mouse studies using this commercially available apparatus (Lavoie et al.,
2015; Woods et al.,, 2021), the optimization of sample mounting and NP protocols allowed for
unprecedented quantitative mapping of the mechanical behavior and associated cartilage thickness on load-

bearing regions of distal femurs with higher spatial density.

For healthy, 4-month-old C57BL/6 mice, test-retest micro-indentation measurements were
reproducible at any given testing site, also indicating that the instantaneous deformation and sustained
compression steps in the stress-relaxation protocol did not compromise the mechanical behavior of the
freshly harvested cartilage tissue. Heterogeneity in peak forces was identified across anatomical locations.
Notably, the medial condyle surface yielded approximately two times higher peak forces on average than
its lateral counterpart. Moreover, both condyles displayed a shift toward lower values at posterior regions.
Previous studies have shown significant variation in mechanical properties within different cartilage
surfaces in healthy joints (Froimson et al., 1997; Korhonen et al., 2002), or even over a single surface (Hoch
et al., 1983; Samosky et al., 2005). Considering the structural and material 3D complexities of articular
cartilage, it is intuitive that reaction forces in indentation response are influenced by depth of indentation
and applied strain rate (Bae et al., 2006). As thickness variations across the cartilage surfaces are unknown
prior to indentation test, the relative intra-tissue strain at each testing site varied due to the fixed indentation

depth imposed, thereby influencing the measured reaction forces. In general, higher peak reaction forces in
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intact cartilage were associated with lower thickness values. However, the effect of site-specific cartilage
geometry, such as thickness, when characterizing the mechanical properties of cartilage in indentation is

often overlooked ((Moshtagh et al., 2016; Sim et al., 2017).

Studies in mice commonly rely on mean thickness values from histology, requiring longer turnaround
and lacking spatial specificity. The optimized NP protocol used here was able to resolve spatial thickness
variations across condyle surfaces and closely localizes cartilage thickness measures to the footprint of
indentation on mouse distal femurs. Moreover, 3D visualization of the femoral cartilage surfaces after XRM
imaging validated the positioning and distribution of the testing grid used, allowing us to pinpoint individual
testing sites and compute their thicknesses. A highly significant correlation between pairwise cartilage
thickness values from NP and XRM, per measurement site, was observed. Variations seen between
averaged thickness values could be explained by differences in instrument resolution capabilities (Mach-1
z-axis: 0.5 um vs XRM: 4.39 um voxel size) and partial volume artifacts, which may affect the accuracy
of tissue detection on the XRM segmentation. It is worth noting, however, that previous research (Das
Neves Borges et al., 2014) on murine cartilage thickness has been performed using greater voxel sizes.
Compromise of cartilage integrity by NP likely contributes to observed differences as well, leading to
higher XRM measurements, possibly due to tissue swelling. Comparable mean cartilage thickness values
between NP and XRM segmentation from contralateral femurs not subjected to biomechanical testing
support this conclusion. Nevertheless, mean thickness values were in line with earlier reports for mouse
cartilage (Kotwal et al., 2012; Olah et al., 2021; Poulet et al., 2013), with marked greater cartilage

thicknesses measured on the lateral condyle compared to the medial counterpart (Malda et al., 2013).

Localized cartilage thickness measurements by NP enabled us to account for the effect of cartilage
geometry on indentation, with implementation of aspect ratio (indenter radius-to-cartilage-thickness)
corrections as per Hayes’s (Hayes et al., 1972) analytical formulation when calculating compressive
stiffness distributions at 20% strain (considered as physiological loading; (Simha et al., 2007). A common

area of concern in in situ indentation of thin materials, such as mouse articular cartilage, is the effect of
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substrates on the measured mechanical properties, wherein the indentation response of articular cartilage
could be somewhat influenced by the underlying rigid bone, especially on thinner areas (Julkunen et al.,
2008). While we recognize this limitation when employing microindentation, we argue that knowledge of
thickness variations improves the reliability of the indentation assessment and aids interpretation of results
following degradation and loss. According to the present results, there was no significant variation in mean
thickness of healthy cartilage over a condyle surface, therefore biomechanical parameters were compared

between matched regions and sub-regions when assessing degeneration.

Compared to C57BL/6 control, the loss of Prg4 function resulted in an increase in thickness and
decrease in stiffness of the knee cartilage in 16-week-old mice. This is consistent with previous observations
on hip articular cartilage of Prg4 /" mice (same age), using AFM indentation (Coles et al., 2010). Apparent
modulus values in our study were about an order of magnitude larger than those reported by Coles et al.,
2010 for Prg4” and healthy controls, a discrepancy we attribute to differences in compression rate (1 pm/s
vs 20 um/s) and indentation scale (micro- vs. nanoindentation depth), leading to differences in strain fields,
and the level of structure that is probed (Bae et al., 2006). It is worth noting that anatomical locations of
assessment also differed between studies. The cartilage thickness values determined by NP in our study are
in a similar range to those reported by Karamchedu et al., 2016. In their micro-CT imaging study, the
Prg4~" mice displayed cartilage thickness averaging 61.0 = 4.3 pm and 42.4 + 2.6 pm for the load-bearing
regions of the lateral and medial condyle, respectively. Furthermore, Prg4 " cartilage was also shown to
be significantly thicker than in control littermates (Karamchedu et al., 2016), even though mice were

younger (10 weeks old) than in our study.

Reduction in the instantaneous compressive modulus in our study was confined to the medial
compartment. We attribute that to differences in thickening in Prg4/~ femoral cartilage compared to
controls, 12.6 vs 41% on lateral and medial condyles, respectively, as well as Prg4 /" compromised
structural integrity (Drewniak et al., 2012; Jay et al., 2007; Rhee et al., 2005) having a bigger functional

impact on the medial compartment, recognized as the main load-bearing region in most mammalian joints.
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Microscale indentation characterizes the overall tissue resistance to deformation (Simha et al., 2007) and
disrupted architecture, and composition can impart tissue mechanical response. Due to the rapid
compression rate employed in the present protocol, normal cartilage tissue is expected to deform with
minimal change in volume (Armstrong, 1986), as its low permeability restrains fluid flow; thereby
localizing the strain near the surface as fluid pressure pushes against the collagen meshwork. Thus, under
instantaneous (rapid) loading the ability of cartilage to resist compression is known to be affected by the
collagen fibril meshwork (Julkunen et al., 2008; Laasanen et al., 2003), particularly tangentially oriented
collagen fibrils on the superficial tissue layer (Korhonen et al., 2002). In Prg4 "~ mice, the normal parallel
organization of collagen fibrils adjacent to the surface is known to be disrupted (Jay et al., 2007), likely

affecting fluid pressurization, helping explain the lower instantaneous modulus compared to controls.

Limitations of this study include evaluation of the anatomy of the distal murine femoral condyles and
not the opposing articulation (i.e. proximal tibia). Also, we focused on a single timepoint of analysis;
however, investigations related to aging and progressive degeneration are of interest as they are known to
affect the biochemical composition and structural integrity of cartilage (Julkunen et al., 2009; Rahmati et
al., 2017; Rhee et al., 2005), thereby influencing its mechanical properties. Finally, due to the
biphasic/poroviscoelastic nature of cartilage, future studies should consider the use of more complex
analytical models (Julkunen et al., 2009; Mow et al., 1980) that are able to capture the time-dependent

viscoelastic behavior of cartilage in mice.

In this study, we have gained insights into the patterns of varying surface geometry and mechanics
present within murine articular cartilage at the microscale. 3D indentation mapping was able to resolve site-
specific differences in thickness and mechanical properties across knee cartilage surfaces in healthy mice.
Moreover, it identified functional changes on the Prg4 /" mouse model. This technique could also prove
helpful for the study of other mouse models mimicking different mechanisms of, or therapies focused on,
repair and degeneration of articular cartilage, as microscale indentation with high spatial density can

provide a more comprehensive characterization of cartilage’s mechanical properties.
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3.8. Supplementary Information

L e peiepeleret

Figure S3.1. Specimen preparation and assemble to sample holder for automated indentation
mapping using custom setup, allowing for repositioning of the sample and non-destructive retrieval

for three-dimensional x-ray microscopy imaging (scale bars equal to 4 mm).
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Figure S3.2. Setup for needle probing thickness measurement, using a 30Gx1.4” hypodermic needle
(TSK Laboratory, Japan) adapted to the 1-mm spherical indenter (Biomomentum Inc, Laval, QC)

(scale bars equal to 4 mm).
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Figure S3.3. XRM imaging of femoral condyles.

(A) Three-dimensional phosphotungstic acid-x-ray microscopy (PTA-XRM) imaging and segmentation
protocol of contralateral femoral condyles (n = 5) that were not subjected to biomechanical testing. (B)
Cartilage thickness distribution maps as measured by PTA-XRM imaging for three representative samples.

AC: articular cartilage, VOIs: volumes of interest.
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4.1. Abstract

Chondrocytes define and maintain tissue architecture in articular cartilage and are critical in regulating the
microenvironment in health and disease. Their loss/dysfunction has been associated with aging, injury, and
osteoarthritis (OA), which is characterized by cartilage degradation. However, the role of chondrocyte death
in cartilage degeneration remains controversial. We employed a Cre-inducible diphtheria toxin mouse
model to deplete articular chondrocytes and evaluated the spatiotemporal effects on tissue structure and
functional integrity. Chondrocyte-depleted mice exhibit altered proteoglycan staining, mechanical
properties, and transient upregulation of proteases. Despite overt hypocellularity in aged mice, the
phenotype did not progress to cartilage degeneration, nor OA. Our results suggest that murine articular
cartilage has the ability, albeit limited, to compensate for the loss of chondrocytes and mitigate the
consequent degree of harm. We demonstrate that chondrocyte depletion in the absence of injury,

inflammation, or other insult is insufficient to initiate the OA disease cascade.
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4.2.Introduction

The articular cartilage is an intricate and remarkable tissue comprised of a heterogeneous three-
dimensional extracellular matrix (ECM) optimized to withstand high shear and compressive stresses over
a lifetime of use. The depth-dependent arrangement of collagen fibers and distribution of water-retaining
proteoglycans (mainly aggrecan) from the surface to deeper cartilage layers enables effective transfer and
absorption of loads and confers resilience to the tissue (Sophia Fox et al., 2009). Additionally, lubricating
molecules at its surface, such as Proteoglycan-4 (PRG4) (also known as lubricin), contribute to nearly

frictionless, pain-free joint motion (Coles et al., 2010; Jay et al., 2007; Rhee et al., 2005).

It has long been appreciated that chondrocytes, the only tissue-resident cells in articular cartilage, are
essential for homeostatic deposition and remodelling of its highly specialized ECM. Under normal
physiological conditions, chondrocytes rarely undergo cell division, while individual cells (housed in
lacunae) can survive for the lifespan of the organism in the avascular matrix (Mankin, 1968; Stockwell,
1967). The turnover rate of ECM proteins is collectively low in healthy cartilage, yet there can be a wide
range of individual protein turnover times ranging from days/weeks (aggrecan) to decades (collagen)
(Heinemeier et al., 2016; Hsueh et al., 2019; Maroudas et al., 1998). Moreover, protein synthesis and
degradation can be influenced by signals from the microenvironment and become dramatically modified
upon injury, aging, and disease (Bobacz et al., 2004; Hashimoto et al., 1998; Vincent and Wann, 2019), as
chondrocytes undergo direct damage and/or phenotypic changes affecting their survival, proliferation, and

metabolic activity.

Cell loss and matrix damage are frequently associated with cartilage injury and are observed in the
context of aging and osteoarthritis (OA) (Bobacz et al., 2004; Hashimoto et al., 1998; Hwang and Kim,
2015; Loeser, 2009; Natoli et al., 2008; Thomas et al., 2007). However, we still lack understanding
regarding the contribution of direct cellular death to cartilage damage and disease initiation and progression
(Hwang and Kim, 2015). Given chondrocytes' key role in cartilage maintenance, reduced cellularity should

result in impaired matrix turnover and, eventually, tissue failure. Surprisingly, previous work demonstrated
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the preservation of knee articular cartilage following targeted depletion of Prg4/lubricin-expressing
superficial chondrocytes in young mice (Zhang et al., 2016). Moreover, cell depletion prior to surgically
induced OA was negatively correlated to cartilage damage (Zhang et al., 2016). The findings of non-
damaged, albeit structurally altered, articular cartilage seems paradoxical to the chondrocyte's role in tissue
maintenance/function. However, they could have been impacted by the young age at which chondrocyte
depletion was induced when the articular cartilage is still undergoing growth and maturation (Decker et al.,
2017) and presents with the ability to undergo repair (Matsuoka et al., 2015). Another factor to consider is
the observation that superficial cells exhibit a progenitor-like phenotype compared to chondrocytes in the
other cartilage layers (Decker et al., 2017; Li et al., 2017). Hence, it remains controversial whether reduced

tissue cellularity reflects cause or outcome of the onset and progression of tissue demise.

Hence, in the current study, we examined the spatiotemporal effects of widespread chondrocyte
depletion on articular cartilage maintenance and degeneration in adult mice. To accomplish this, we adopted
a Cre-inducible diphtheria toxin A (DTA) model (Voehringer et al., 2008), generally used for cell depletion
(Englund et al., 2020; He et al., 2021; Wilk et al., 2017; Zhang et al., 2016). DTA inhibits protein synthesis
leading to subsequent cell death (Strauss and Hendee, 1959). By breeding Rosa-DTA mice with a cartilage-
specific Aggrecan-CreER mouse line (Henry et al., 2009), we generated heterozygous Cre-inducible DTA
mice under the control of the aggrecan (Acan) promoter. Aggrecan presents a more robust gene expression
than type II collagen, cartilage's principal fibrillar component, and Acan-CreER™ mice display articular
cartilage recombination postnatally within the whole depth of non-calcified cartilage (Henry et al., 2009;
Liao et al., 2017), even when recombination is induced in aged mice (1-year old) (Henry et al., 2009). We
found that DTA-induced chondrocyte depletion resulted in partially altered cartilage structure and function,
as well as transient upregulation of proteolytic enzymes, without predisposing aging mice to cartilage

degeneration nor the development of an OA-like phenotype.
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4.3. Methods

4.3.1. Animal models

All animal-related experiments were conducted in accordance with the guidelines of the Canadian
Council of Animal Care and received prior approval from the University of Calgary Animal Care
Committee (protocols AC16-0043 and AC20-0042). Mice were housed under standard light cycle
conditions and provided food and water ad libitum. All mice used in this study were purchased from The
Jackson Laboratory (Bar Harbor, Maine) and bred in-house at the University of Calgary. For recombination
efficiency studies, Cre-inducible tdTomato mice under the control of the aggrecan promoter (referred to as
Acan-CreER"%;tdT) were generated by breeding Acan-CreER™ mice (Henry et al., 2009) to R26R'Toma°
reporter (stock no. 019148 and 007914, respectively). For experiments involving conditional depletion of
chondrocytes, Acan-CreER™ mice were bred to R26R"™ mice (Voehringer et al., 2008) (stock no. 009669).
Both the Acan™/“"“**"2: DTA"" heterozygous offspring (referred to as Acan-CreER"™; DTA) and the Acan™*;
DTA"" littermates, which served as control, were used. To induce Cre recombination, 8~9-week-old mice
were injected intraperitoneally with 4-hydroxytamoxifen (4-OHT, Sigma H6278) diluted in 10% ethanol in
sunflower oil for five consecutive days (1 mg/day). Acan-CreER™; tdT mice (n = 4) were sacrificed 1-week
after 4-OHT injections (Figure 4.1A). To assess the spatiotemporal changes in articular cartilage after
targeted chondrocyte depletion, Acan-CreER™; DTA and control mice (n = 5/group) were euthanized at
various endpoints (1-, 5-, 9-, 12-, 16- weeks) after DTA-induction and hindlimbs were harvested for

analysis (Figure 4.1F).

4.3.2. Histology

Left hindlimbs were dissected free of skin, fixed in 10% phosphate-buffered formalin (VWR), and
decalcified in 10% EDTA solution (pH 7.4) at room temperature for up to 18 days on a shaker. Samples
were embedded in paraffin, and ten-micron thick coronal sections of flexed tibiofemoral joints were stained

with Safranin-O/fast-green. OARSI scoring (Glasson et al., 2010) was used to evaluate the degree of knee
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joint degeneration. The assessed area consisted of the articular cartilage in the mid-to-posterior load-bearing
regions of the knee, limited by anterior and posterior cruciate ligament insertion. Three sections at
approximately 180 pum intervals were scored for each animal, and the sum of histopathological scores

obtained per knee joint was reported.

4.3.3. Immunofluorescence

Serial sections were used for immunofluorescence staining. Slides were deparaffinized and rehydrated
in serial dilutions of ethanol to distilled water. Then, samples were incubated for 1 hour in 10mM sodium
citrate solution (pH 6) for antigen retrieval, followed by blocking in 5% bovine serum albumin (BSA;
Sigma) for 2 hours. Enhancement of tdTomato signalling was performed using anti-tdTomato (#AB8181-
200, Origene). Detection of apoptotic cells was performed using anti-cleaved caspase-3 (#PAS5-23921,
Thermo Fisher), while anti-MMP3 (#ab53015, Abcam) and anti-ADAMTSS (#E-AB-15506, Elabscience)
antibodies were used as catabolic markers. For ADAMTSS, an added step of antigen retrieval prior to serum
blocking was performed using 0.25% hyaluronidase/PBS (#H6254, Sigma) for 60 min at 37°C. Slides were
incubated overnight at 4°C with primary antibody, washed twice in PBST and once in PBS before being
incubated in secondary antibody NothernLights 557 (#NL001, R&D), Alexa Fluor 568 (#A11011, Thermo
Fisher) or Alexa Fluor 647 (#406414, BioLegend) for 1 hour at room temperature. After washing, slides
were mounted using EverBrite Hardset mounting medium containing DAPI (#23004, Biotium) and imaged

with AxioScan.Z1 (Zeiss) slide scanner.

4.3.4. Image quantification

Quantitative immunofluorescence staining analysis was performed using TissueQuest v.7
(TissueGnostics) software. On each section evaluated, regions of interest were manually delineated to
encapsulate the articular cartilage from medial and lateral femoral condyles and tibial plateaus (Figure

S4.1). Automatic segmentation via a threshold classifier was used to define and quantify DAPI nuclei-
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stained cells. The efficiency of recombination and percentage of chondrocyte death were determined,
respectively, according to colocalization of DAPI-positive cells to tdTomato-positive (r = 4 mice/group,
three sections per mouse) and cleaved capase3-positive (# = 5 mice/group, two to three sections per mouse)
staining, upon gating selection (Supplementary Fig.1). To determine chondrocyte cell density in control
and Acan-CreER™; DTA, the area and the total number of DAPI-positive cells were acquired for each of
the delineated tibiofemoral regions (n = 5 mice/group, three to six sections per mouse). The percent of
ADAMTS-s5-positive and MMP3-positive cells was calculated per hundred DAPI stained chondrocytes at

1-,5-,9-,12- and 16-weeks (n = 5 mice/group, two to three sections per mouse) post-4-OHT treatment.

4.3.5. Biomechanical assessment

At the time of sacrifice, right hindlimbs were dissected free of skin and muscle tissue, and femurs were
isolated for biomechanical testing, as previously described (Masson et al., 2022). In brief, the femur was
inserted into a 10uL pipette tip filled with cyanoacrylate glue and tightly mounted into a hex nut by the
shaft, with condyles facing up. Then, the nut was clamped on the sample holder and secured onto the testing
chamber of Mach-1 v500csst (Biomomentum Inc.) multiaxial mechanical tester. The chamber was filled
with PBS, and articular cartilage was allowed to equilibrate before automated indentation mapping. Testing
was performed at 31 predefined measuring sites across the medial and lateral femoral condyles (17 and 14
positions, respectively) using a 0.3 mm diameter spherical indenter and a 70N multiaxial load cell calibrated
before each use. Following automated indentation, the indenter was retrofitted by a 30G x 1/4" needle (TSK
Laboratory), and thickness mapping via needle probing was performed on the same femoral surfaces at
adjacent locations to indentation mapping sites while keeping the same distribution grid. Cartilage surface
and cartilage-subchondral bone interface positions could be identified through the load-displacement
curves. The cartilage thickness was calculated according to the surface angle for each position, as previously
described (Masson et al., 2022). The load—displacement curve, limited to the indentation depth of 0.02 mm,

was evaluated by applying the Hayes model (Hayes et al., 1972), with Poisson's ratio set to 0.5. Then, the
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instantaneous elastic modulus, limited to a nominal deformation of 20% strain, was determined by using

the calculated articular cartilage thickness.

4.3.6. Statistical analysis

Statistical analysis was performed using GraphPad Prism v.8 (GraphPad Software). Values are
expressed as mean + standard deviation (SD). Differences between groups (4can-CreER"™; tdT lateral vs.
medial; control vs. Acan-CreER™; DTA) were assessed by unpaired Student's t-tests when data were
distributed normally. Statistical significance between OARSI scorings was determined by Mann-Whitney

U non-parametric test. p-values < 0.05 were considered statistically significant.
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4.4.Results

4.4.1. Depletion of articular cartilage chondrocytes post DTA-induction

To evaluate the recombination efficiency in articular cartilage, 2-month-old Acan-CreER™; tdTomato
(tdT) mice were treated with 4-OHT intraperitoneally for five consecutive days, and tdT fluorescence was
analyzed after 1-week (Figure 4.1A). As illustrated on Figure 4.1B, successful recombination was achieved
in the knee joint. Closer examination of magnified images revealed a similar pattern of tdT expression
throughout the non-calcified articular cartilage in the medial (Figure 4.1C) and lateral (Figure 4.1D)
tibiofemoral regions, representing 70.6 + 0.73% vs. 73.2 = 2.21% of all chondrocytes (DAPI labelled nuclei
within the articular cartilage region) (Figure 4.1E, Figure S4.1). tdT-positive cells were also observed in
the patellofemoral cartilage, growth plate, and meniscus, and to a lesser degree in ligaments (Figure 4.1B).
Previous studies using Acan-CreER™ reported similar joint-tissue specificity (Henry et al., 2009; Liao et
al., 2017). For chondrocyte depletion experiments, the offspring of heterozygous Acan-CreER™ and Rosa-
DTA mice were treated with the same 4-OHT regiment to activate diphtheria toxin expression in aggrecan-
expressing cells (Figure 4.1F). Mice lacking the Cre allele in the offspring, and thus unable to drive Cre
recombination, served as littermate controls. Whole joints were evaluated since distinct responses between
medial and lateral compartments have been previously reported in other models (Dumond et al., 2004;
Mason et al., 2001). One week after the last 4-OHT injection, immunodetection of apoptotic cells (cleaved
caspase-3 positive) was identified within the middle to upper cartilage zones of the femoral condyles and
tibial plateau in DTA mice (Figure 4.1G), representing a 5-fold increase in cell death across the lateral and
medial compartments compared to controls (Figure 4.1H, Figure S4.1). In DTA mice, cell loss appeared to
be diffuse throughout the cartilage at earlier time points, markedly increasing in the central areas of articular
cartilage over time (Figure 4.11). Reduced cellularity was observed irrespective of knee compartment
(Figure 4.1J-K). At 1-week post-induction, chondrocyte density decreased by approximately 16% (lateral)
and 19% (medial). In subsequent time points, chondrocyte numbers progressively reduced compared to

age-matched controls, nearing an overall 50% reduction in cellularity 16 weeks post-DTA-induced
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chondrocyte depletion relative to control knee joints (Figure 4.1L). Together, these data show that DTA-
induced recombination leads to overt chondrocyte depletion in mouse articular cartilage, with increasing

cell loss observed after the 4-OHT has been cleared.
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Figure 4.1. DTA-induction leads to chondrocyte depletion in mouse articular cartilage. (A) Scheme

demonstrating time of 4-OHT treatment and knee harvest for Acan-CreER™; tdTomato (tdT) reporter mice

(B) Immunofluorescence of knee sections (frontal) 1-week post-induction displayed abundant tdT-positive

cells in the articular cartilage, growth plate (GP) and meniscus. Tibiofemoral cartilage displayed similar
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tdT expression across the (C) medial and (D) lateral compartments, (E) totalling over 70% of cells (DAPI
positive) (n = 4 mice, 3 sections/mouse). (F) Strategy to achieve diphtheria toxin (DTA) mediated
chondrocyte depletion in 8-9w old Acan-CreER™; DTA mice and endpoints of assessment. One week after
4-OHT treatment, articular cartilage was probed with (G) anti-cleaved caspase 3 antibody, demonstrating
increased staining in DTA mice compared to controls (white arrows indicate stained c-caspase-3 cells). (H)
Corresponding counts showed that the number of c-caspase-3 immunoreactive cells was significantly
increased in both the medial and lateral cartilage regions (» = 5 mice/group, 3 sections/mouse). (I)
Representative images of the medial tibiofemoral compartment from control and DTA mice show
chondrocyte depletion and hypocellularity over time (1- to 16-weeks post-4-OHT). (J-K) Cell density (cell
number/mm?2) in tibiofemoral cartilage (n = 5 mice/group, 3-6 sections/mouse) differed significantly
between groups by 1-week post-4-OHT in both the medial and lateral compartments of cartilage. (L) Acan-
CreER™; DTA knee joint averaged cell numbers progressively decreased relative to the 1-week controls.
Average cell counts £ SD from each genotype/treatment group are shown. Statistical significance was
determined by Student's t-test (o = 0.05), p-value reported. The dashed blue line demarcates the

osteochondral junction. Scale bars represent 100 pum.

4.4.2. Preservation of cartilage structure post-chondrocyte depletion

Histological analysis was undertaken to determine if chondrocyte depletion negatively impacted
homeostasis and led to cartilage degeneration. Compared with age-matched controls, there were noticeable
histological differences in the articular cartilage of DTA mice beyond cell loss; however, spontaneous
cartilage degeneration was not observed (Figure 4.2A-B). By 5-weeks post DTA-induction, diminished
safranin-O staining suggestive of proteoglycan loss was observed within areas of hypocellularity, explicitly
at mid-portions of femoral condyles and tibial plateau, extending from the superficial cartilage to the
tidemark. Yet, the remaining chondrocytes often displayed intense pericellular safranin-O staining. This
proteoglycan phenotype was partially recovered at subsequent time points, although heterogeneity in the
proteoglycan staining throughout the articular cartilage was noticeable at all time points examined.
However, despite alternations in proteoglycan staining, the cartilage surface retained a smooth appearance

with minor evidence of fibrillation, suggesting limited to no damage to the collagenous portion of the ECM.
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This was confirmed by the maintenance of joint tissue morphology at 7-months post-DTA-induction
(Figure 4.2C). At closer inspection, morphological differences observed within the articular cartilage at
earlier time points in the DTA mice were still visible, including reduced cellularity (empty lacunae) and
heterogeneous safranin-O staining (Figures 4.2C, S4.3A). Yet, further decrease in cell density was not
observed (Figure S4.3B) It is also important to note that although aggrecan (and by extension Acan-
CreER™) s expressed in other joint tissues such as the synovium, no abnormal phenotypes were observed
in aged DTA mice (Figure 4.2C), and there was no evidence of synovitis (Figure S4.2). OARSI histological
scoring in DTA mice was significant (p = 0.047) compared to controls at 5 and 9 weeks after DT A-induction
(Figure 4.2D), mainly driven by reduced safranin-O-stained matrix. However, no significant difference,
rather a tendency of joint preservation, was observed in DTA mice with aging. Taken together, these data
show that chondrocyte death alone is insufficient to induce cartilage degeneration and highlight an

underlying ability of mouse articular cartilage to retain its integrity despite chondrocyte loss.
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Figure 4.2. Histopathological comparison of articular cartilage in control and Acan-CreER"?; DTA
mice. Representative safranin-O stained sections of (A) medial and (B) lateral tibiofemoral compartments
up to 16-weeks post-4-OHT treatment demonstrate structural changes in articular cartilage after DTA-
induced chondrocyte depletion, but no progression of cartilage damage was observed. Of note are focal
areas where hypocellularity is associated with diminished proteoglycan (lighter pink) staining and nearby
chondrocytes where intense pericellular proteoglycan (deep red) staining is observed. (C) No apparent
deleterious effects were observed on knee joint surfaces, even 7-months following DTA-induced
chondrocyte depletion. (D) Pathological changes quantified by OARSI scoring did not demonstrate
progression to an OA-like phenotype. Data represent means + SD (rn = 5 mice/group, sum of compartment
scores). Mann-Whitney U non-parametric test control vs. DTA mice for individual endpoints (a < 0.05). p-

value reported. Scale bars represent 100 pm.
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4.4.3. DTA mice display transient upregulation of ADAMTSS in articular cartilage

Upregulation of catabolic enzymes has been widely implicated in the degeneration of the cartilage ECM
(Glasson et al., 2005). Therefore, the cartilage of controls and Acan-CreER™; DTA mice were evaluated
for expression of ADAMTSS and MMP3. Interestingly, ADAMTSS expression was increased in the central
load-bearing regions of DTA mice articular cartilage by 9-weeks post-induction (Figure 4.3A, C-D),
particularly in the medial compartment. However, by 12-weeks, expression was diminished and comparable
to controls. MMP3 expression in DTA mice was more varied, peaking at 9-weeks, but still comparable to
controls at all time points (Figure 4.3B, E-F). These findings suggest that while an increase in protease
expression is induced post-depletion, the articular cartilage has an intrinsic regulatory capacity that halts
catabolic activity before it can proceed to a chronic phenotype, contrasting with what is observed in

surgically induced models of OA.
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Figure 4.3. Transient upregulation of ADAMTSS following DTA-induced chondrocyte depletion.
Immunofluorescence analysis and corresponding quantification showed weak expression of (A, C-D)
ADAMTSS5 and (B, E-F) MMP3 in Acan-CreER™; DTA mice articular cartilage up to 5-weeks after DTA-
induced chondrocyte depletion, which was comparable to controls. However, expression of ADAMTSS
was increased by 9-weeks, particularly in the tibial plateau, and extended further from the surface of central
cartilage regions. MMP3 immunostaining was variable and increased by 9-weeks, although still comparable
to controls. Average cell counts + SD (n = 5 mice/group, 3 sections/mouse) are shown. Student's ¢-fest of

control vs. DTA mice for individual endpoints (a < 0.05). p-value reported. Scale bars represent 100 um.

4.4.4. Effect of chondrocyte depletion on stiffness and thickness of articular cartilage

While the articular cartilage maintained its morphology post-depletion, we investigated if and how
chondrocyte depletion impacted the tissue biomechanically. Alterations to the structure and composition of
the ECM can influence the mechanical behaviour of articular cartilage and precede histological evidence
of disease (Doyran et al., 2017). Recently, we validated a testing protocol for microscale mechanical
characterization of mouse femoral cartilage in situ, wherein indentation mapping captured spatial
differences in the mechanical properties of healthy vs. degenerated articular cartilage (Masson et al., 2022).
Therefore, we performed indentation test at 31 predefined positions distributed across the lateral and medial
femoral condyles of fresh murine cartilage samples, followed by needle probing thickness measurements
in adjacent locations (Figure 4.4A). We analyzed five samples per genotype per timepoint and compared
the spatial distribution of thickness and instantaneous modulus from DTA mice to age-matched controls.
Macroscopically, no gross visible lesions or areas of cartilage erosion were observed in mouse femoral
condyles post-depletion (Figure 4.4B). Mappings of the thickness (Figure 4.4C) and instantaneous modulus
(Figure 4.4D) for the femoral condyles allowed us to visually discern variations in the spatial distribution
of these parameters across timepoints, within and between genotypes. Overall, we did not observe any overt
differences in the DTA cartilage thickness patterns compared to controls (Figure 4.4C, E-F), except for a

slight increase in tissue thickness at 5S-weeks - albeit non-significant (Figure 4.4E-F) it also correlated with
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a low stiffness region in the medial condyle (Figure 4.4D). DTA mouse cartilage displayed a stiffening
trend at the mid-to-peripheral regions on the medial and lateral condyles with aging, up to 12-weeks (Figure
4.4D), which was also reflected numerically (Figure 4.4G-H). Effects of aging on mechanical properties
cannot be ruled out, as a similar pattern of compressive instantaneous modulus was seen in age-matched
controls (Figure 4.4D). Many biochemical and architectural features influence cartilage’s mechanical
behavior (Mansour, 2013), and site-specific differences are reported within and between articular cartilage
surfaces. At a high physiological strain rate, used in the current study, the instantaneous stiffness response
is mainly influenced by the high fluid pressurization and collagen fibril network of the articular cartilage
matrix (Julkunen et al., 2008). Therefore, an increase in cartilage thickness despite diminished proteoglycan
staining at 5-weeks, coupled with increased stiffness at later stages, suggests that variations in water content
and/or collagen fibril network, secondary to proteoglycan loss, may have occurred. Nevertheless, consistent
with microscopic assessment and histological findings, little to no differences in cartilage function were

observed between controls vs. chondrocyte-depleted mice.
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Figure 4.4. Functional analysis of articular cartilage. (A) Schematic overview of experimental design

ITM

employed for biomechanical testing of murine articular cartilage using the Mach-1"" v500css mechanical

tester (B) No visible macroscopic changes were present in the articular cartilage of femoral condyles by 16-
weeks post DTA-induction. Colour maps of averaged values and corresponding site-specific distributions
comparing lateral and medial condyle cartilage thickness (C, E-F) and instantaneous modulus (D, G-H), as
determined by Hayes et al. (1972) elastic model at 20% strain. Data highlights slight differences between
cartilage thickness distributions across time points between genotypes, albeit with no significant differences
in averaged thickness for either condyle observed. Similarly, the instantaneous modulus mapping points to
areas of cartilage matrix stiffening at 9- and 12-weeks, which happen to a lesser extent in the control
samples, mainly within the mid-to-peripheral regions of the condyles, returning to comparable values by
16-weeks. This trend was also shown quantitatively, albeit with borderline significance only displayed at
the lateral condyle at 12-weeks. Averaged thickness or instantaneous modulus + SEM (r = 5 mice/group,
average of 27-31 positions/mouse) are shown. Student's t-test control vs. DTA mice for individual endpoints

(0. < 0.05). p-values reported.

4.5.Discussion

This study investigated the impact of in vivo targeted chondrocyte depletion on articular cartilage
homeostasis in adult mice and whether the resulting tissue response post-depletion was biased towards
cartilage degeneration and phenotypic changes associated with OA. In mature cartilage, chondrocytes rarely
proliferate, and through a balance between anabolism and catabolism, these cells continuously affect tissue
properties by modulating ECM composition. While chondrocyte-mediated matrix remodelling is
considered essential in homeostasis and disease, our findings demonstrate that DT A-induced chondrocyte
death is insufficient to drive phenotypic changes associated with OA, nor cartilage failure. Our results are
consistent with Zhang et al. (Zhang et al., 2016), who conditionally depleted the surface layer chondrocytes
using a Prg4-CreER™; DTA approach in young mice. A recent follow-up study by the same group reported
similar findings after targeted chondrocyte depletion at the temporomandibular joint (He et al., 2021). Both
studies also reported that genetic-depleted chondrocyte areas were not repopulated over time, and we

observed the same effect over seven months in the current study. As we were able to independently
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phenocopy the main findings of Zhang et al. (Zhang et al., 2016), this shows that murine articular cartilage
is able to tolerate a significant loss of chondrocytes and compensate for the perturbed micro-environment
in the absence of chondrocyte replenishment. Furthermore, regardless of the mechanism(s) involved in the
depletion of chondrocytes (e.g., Prg4 ™ vs. Acan™* cells), progression to a degenerative phenotype is not

observed.

While achieving effective 4-OHT recombination in mature articular cartilage can be challenging
because of the avascular nature of the tissue, when using the tdT reporter mouse, we demonstrated Cre-
recombination in >65% of DAPI-labelled articular chondrocytes. Yet, cell depletion in Acan-CreER™;
DTA mice 1-week post-4-OHT treatment was lower than anticipated (<20% chondrocyte depletion). This
variability may be explained by differences in the design of the two transgene constructs and the promoter
driving expression for the tdT reporter vs. DTA strain. Notably, the tdT reporter mice contain a strong
exogenous promoter (CAG). CAG-driven transgene expression has been previously shown to yield 8-10-
fold higher expression levels than the endogenous ROSA26 promoter (Chen et al., 2011; Tchorz et al.,
2012). Also, the lag between DTA induction and cell death (Brockschnieder et al., 2004); and the time
required for the DNA to no longer be DAPI reactive also need to be considered. The marked increase in
apoptotic cells 1-week post-4-OHT injections suggests that the effect of Cre-recombination on chondrocyte
viability was higher than captured initially by nuclei count, and the further decline in cell density by 5-

weeks likely resulted from that initial DT A-induced death.

Overall, we have demonstrated that cartilage structural heterogeneity arises post-DTA mediated
chondrocyte depletion. Yet, the subsequent tissue response leads to an adaptive rather than a pathological
remodelling outcome, contrasting with what is routinely observed after surgical or chemical insults that
lead to chondrocyte death (Figure 4.5). Marked alterations in cartilage proteoglycan staining by 5-weeks in
both the medial and lateral compartments are consistent with the relatively rapid turnover of aggrecan
(Heinemeier et al., 2016; Maroudas et al., 1998). Furthermore, DTA inhibition of chondrocyte protein

synthesis and a subsequent net loss of cellular density at early stages clearly impacted the degree of matrix
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deposition in the cartilage. The restoration of proteoglycan staining by 9-weeks and maintenance thereon,
coupled with the observation of enriched safranin-O staining at surrounding areas of surviving chondrocytes
(starting at 5-weeks), provide evidence of enhanced proteoglycan synthesis in the remaining cells and
potential compensatory anabolic responses. Similar outcomes have been observed in animal studies of joint
unloading followed by remobilization (Sddmaénen et al., 1990; Setton et al., 1994; Vanwanseele et al., 2002),
whereby the implementation of physiological loading is able to ameliorate catabolic phenotypes and revert
proteoglycan synthesis and content, all of which were negatively impacted by the absence of mechanical
stimuli. Our findings support the view that acute proteoglycan loss alone is not a determinant of pathological

progression of cartilage degeneration (Bay-Jensen et al., 2010; Little et al., 2009).

Chondrocyte depletion induced in 2-month old Acan-CreER™; DTA mice did not lead to progressive
articular cartilage loss or apparent surface damage up to 7-months later. Simon et al. (Simon and Green,
1971) showed similar results for rabbit cartilage after localized freezing, whereby cryoprobe-driven
chondrocyte depletion resulted in focal reduction in proteoglycan staining, yet the tissue maintained
structural appearance six months post-insult. Another approach used to explore the relationship between
chondrocyte death and cartilage degeneration in vivo utilizes intra-articular injections of monosodium
iodoacetate (MIA), an inhibitor of cellular glycolysis which leads to cell death. When used in rodents, the
severity of joint degeneration is dose-dependent (Guingamp et al., 1997; Udo et al., 2016), with MIA-
injected joints typically showing rapid progression of pathology, including cartilage fibrillation and erosion,
loss of proteoglycan staining, synovial inflammation, subchondral bone sclerosis and pain (Guingamp et
al., 1997; Guzman et al., 2003; Mohan et al., 2011; Udo et al., 2016). The divergence in outcomes between
MIA and DTA cell depletion models might be due to the induction of inflammation in the MIA model,
which is absent following DTA expression in our study, as well as in Zhang ef al. (2016). Collectively,
these results suggest that chondrocyte depletion in isolation is not a critical injury to the cartilage since it

does not result in a degenerative joint phenotype (Figure 4.5). Yet, it would be of interest to induce
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joint/synovial inflammation in the DTA-induced model to determine how this affects the phenotypic

outcome.

One aspect that merits discussion is the ongoing loss of chondrocytes from weeks 1-16 post-DTA
induction. Our experimental procedure was not developed to address the mechanisms resulting in DTA-
independent cell loss at later time points. Still, it is reasonable to speculate that several factors acted in
concert. Having said that, we did notice that post-DTA population decline was preferentially localized at
central load-bearing regions of femoral condyles and tibial plateaus over time. This might suggest an
excessive biomechanical burden on the residual population, thus predisposing cells in areas of higher

mechanical demand to phenotypic instability and/or direct injury.

There is a general consensus that chondrocytes can alter their metabolic phenotype in response to
mechanical and biochemical stresses (Vincent and Wann, 2019; Zheng et al., 2021), consequently
influencing matrix adaptation. Yet, the threshold for irreversible tissue disruption and shift into a
pathological phenotype remains unclear. Studies involving deficiency or suppression of proteolytic
enzymes in mice (Clements et al., 2003; Glasson et al., 2005; Hoshi et al., 2017; Little et al., 2009) highlight
the critical role alterations in metabolic homeostasis play in cartilage ECM breakdown and OA onset and
progression. For example, in ADAMTSS5 knockout mice, the absence of this aggrecanase protects the
articular cartilage from degeneration after surgically induced OA (Glasson et al., 2005). Furthermore, mice
deficient in MMP13 collagenase activity are also protected against cartilage erosion in a surgical OA model
but not aggrecan depletion (Little et al., 2009), demonstrating the importance of collagen degradation in the
progression of OA. In contrast, MMP3-knockout mice display accelerated cartilage degeneration when
subjected to surgically induced OA (Clements et al., 2003), pointing to a potential beneficial role of MMP3
during tissue injury response. Here, we observed upregulation of ADAMTSS and MMP3 with a peak at 9-
weeks post-DTA induction; however, the expression of these proteases returned to baseline levels three
weeks later. Furthermore, the transient upregulation was not associated with structural damage to the

articular cartilage. This suggests that even when catabolic responses are activated in the cartilage,
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depending on the insult, they can be endogenously resolved without initiating a cascade of degenerative

processes leading to OA.

Regarding the differences observed in the biomechanical properties of the cartilage post-DTA cell
depletion, Stolz et al. (Stolz et al., 2009) previously reported an age-dependent increase in nanostiffness,
but not microstiffness in healthy mouse articular cartilage. It is important to note that focal indentation
induces both tensile and compressive stresses, and collagen architecture affects tensile behaviour.
Therefore, it is reasonable to assume that regional variations in collagen architecture would result in
corresponding differences in measured mechanical stiffness. Furthermore, short-term exposure of cartilage
constructs to chondroitinase ABC promotes transient proteoglycan depletion with a concomitant increase
in dynamic compression modulus (Bian et al., 2009). A recent study by Merrild ef al., (2022) reported that
enzymatic proteoglycan depletion improved endogenous repair of articular cartilage defects in the absence
of chondrocytes through intrinsic collagen fibril formation. Together, these results, including our own,
suggest that the transient loss of proteoglycan may actually be beneficial to the collagen-based ECM,
whereby stiffening may protect cartilage from excessive strain. Yet, the critical threshold between
maintenance vs. degeneration is potentially temporal in nature. An experimental design focused on
temporally controlling aggrecan expression in the cartilage may address this hypothesis. Additional metrics

of tissue biochemistry may also help explain site-specific differences in stiffness.

As mentioned earlier, it would be interesting to assess how the cartilage response changes in these cell
depletion models within the context of an altered microenvironment induced by surgical or traumatic injury,
and whether chondrocyte depletion reduces susceptibility to cartilage degeneration, as shown by Zhang et
al.(Zhang et al., 2016). Given the role of mechanical stimulus on chondrocyte metabolism/gene expression
and ECM remodelling (Gilbert et al., 2021; Vincent and Wann, 2019), further exploration on the effects of
exercise and joint unloading following cell depletion would also be of interest. Furthermore,

characterization of cellular/molecular level changes following DTA-induced cell depletion and assessment
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of cartilage relaxation properties (i.e., equilibrium modulus) over time would help us gain key insights into

the spatial heterogeneity in cell death and the mechanisms involved in cartilage preservation.

In summary, we have shown that Acan-CreER™; DTA model can induce a significant level of

hypocellularity in the mature articular cartilage, but even with this level of insult, cartilage can maintain

structural and functional competency. Many have suggested a chicken vs. egg scenario in chondrocyte death

vs. cartilage degeneration, and we can clearly say that chondrocyte death is not analogous to the chicken in

this scenario... or wait, is it the egg?

Week 1 0
|_4onT |

1

9
| |

12

Cell depletion

4OHT induced GEIGETRR"

4-OHT-ndependent cell depletiony]

— )

PG staining | EEG—_—
Catabolism
> Synovitis
Surface Integrity
Cell density

Healthy AC

* Cell death/dysfunction

* Inflammation

E, PG staining
Z Catabolism

—

D . W

Fibrillation
AC Surface erosion

Adaptive remodelling

Maladaptive remodelling
Osteoarthritis

Figure 4.5. Summary schematic reflecting the difference in tissue response after chondrocyte

depletion compared to commonly used models of post-traumatic or chemically induced mouse

articular cartilage injury. Cartilage-specific chondrocyte depletion after 4-OHT-induced DTA expression

leads to adaptive but non-pathological tissue remodelling in the articular cartilage. In contrast, a progressive

pathophysiological phenotype is typically displayed after chemical or trauma-induced tissue disruption.

AC: articular cartilage, PG: proteoglycan.
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Figure S4.1. Immunofluorescence imaging analysis and quantification. Representative images of
tibiofemoral cartilage showing contouring of regions of interest and corresponding gating strategy, wherein
detected DAPI-positive nuclei are outlined in green and cells co-expressing fluorescence marker of interest
are outlined in light pink for (A-B) tdtomato expression in Acan-CreER";tdT mice and cleaved caspase-3

expression in (C-D) control mice and (E-F) Acan-CreER™;DTA mice 1-week after 4-OHT treatment.
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Figure S4.2. Safranin-O-stained frontal knee sections from control and Acan-CreER"™; DTA mice 1-

week and 1- to 16-weeks, respectively, post 4-OHT treatment. Tibia (t), meniscus (m) and synovium
(arrowheads) are indicated. Note synovium does not appear to differ significantly between control and DTA

mice, with a slight thickening of lining by 9-weeks post DTA-induced chondrocyte depletion. Scale bars

represent 100 um.
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Figure S4.3. Articular cartilage 7-months post-4-OHT treatment demonstrate chondrocyte-depleted
areas are maintained. (A) Representative images of knee joint and close ups of medial and lateral
tibiofemoral compartment from control and DTA mice show chondrocyte depletion and hypocellularity are
maintained with aging (7-months post-4-OHT). The dashed blue line delineates the osteochondral junction.
Scale bars represent 100 um. (B) Cell density (cell number/mm?) in tibiofemoral cartilage (n = 4-5
mice/group, 3-6 sections/mouse) differed significantly between groups for all timepoints of assessment.
Average cell counts £+ SD from each genotype/treatment group are shown, and light-colored horizontal lines
represent cell density range at 1-week post-4-OHT for control (light grey) and DTA mice (light red).

Statistical significance was determined by Student's t-test (o = 0.05), p-value reported.
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Chapter Five: Prg4 deficiency alters femur morphology
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5.1. Abstract

Many studies have reported on the role of Proteoglycan-4 (PRG4, aka lubricin) in the reduction of friction
between cartilage surfaces with a specific focus on chondroprotection within the joint. Disruption of the
Prg4 gene in humans and mice leads to premature joint failure, hallmarked by synovial hyperplasia and
premature articular cartilage fibrillation. Our lab has published extensively using Prg4 knockout mice
(Prg4”") and have consistently noticed variable distal femoral morphology in these animals when compared
to Prg4""" wild-types (WT). This prompted me to undertake a quantitative study examining joint element
size and shape to elucidate if this phenotype was consistent in a larger sample size. High-resolution X-ray
microscopy (XRM) imaging was obtained from WT and Prg4” mice between 8- and 36-weeks of age. We
then employed geometric morphometrics to characterize mouse femora shape changes, which were
correlated to cross-sectional histological findings. We have shown that Prg4” femora vary in size and shape
compared to WT controls. Distal femurs in Prg4” mice are enlarged, extended (anteroposterior) and
narrower (mediolateral), with the largest regional deviations being traced to trochlear groove, epicondyles,
and medial condyle. Additionally, quantifiable changes in condylar articular cartilage thickness were
associated with abnormal compressive biomechanical properties. Collectively, this data suggests the

consequence of PRG4 loss extends beyond joint homeostasis and critically impacts joint morphology.
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5.2. Introduction

The knee joint is an inherently complex anatomical structure. Its geometry to the varied properties and
structural requirements of its constituent tissues are of critical importance for locomotion and daily
activities. The distal femur comprises two distinct articulating surfaces, namely patellofemoral (PF) and
tibiofemoral (TF) articulations, and their morphological features greatly impact the biomechanical
properties and stability of the knee joint (Masouros et al., 2010). Knee joint formation initiates during
embryonic development and relies on a series of coordinated cellular and molecular events coupled with
mechanical signals for proper patterning and specification of individual joint structures. However, the
mature morphological features of each knee joint element (e.g., compartments) are determined postnatally.
Likewise, the articular cartilage acquires its specialized internal structure and mature shape through
postnatal remodelling (Decker et al., 2017; P. Julkunen et al., 2009). Yet, the precise regulatory mechanisms
driving morphogenesis of the knee joint and articular cartilage, as well as postnatal growth and maturation,

remain elusive.

Mutations in genes responsible for synthesizing, assembling, and modifying cartilage extracellular
matrix components have been implicated throughout the gradient of known skeletal abnormalities.
Disruptions in these developmental and remodelling processes can lead to structural and functional issues
in multiple tissues within synovial joints, from bones to cartilage, ligaments, and menisci, resulting in non-
physiological loading of the knee joint, increasing the risk of injury and degenerative conditions like
osteoarthritis (OA). One gene of interest is PRG4 (Proteoglycan-4), a mucin-like glycoprotein mostly
known as a lubricating and chondroprotective molecule in synovial joints. /n situ hybridization and genetic
lineage tracing studies have established that Prg4-expression is upregulated during the later stages of mouse
embryogenesis (~E17.5) and is enriched within the newly forming synovial membrane and articular
cartilage (Decker et al., 2017; Koyama et al., 2008; Rhee et al., 2005). Its expression is retained in the
synovium and articular cartilage surfaces of adult joints, and Prg4 protein products are found at high levels

in the synovial fluid and bound to the surface of the articular cartilage and synovium where it is believed
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to be essential for joint tissue homeostasis and functionality (Flannery et al., 1999; Rhee et al., 2005;
Schmidt et al., 2007). Not surprisingly, it has been demonstrated that loss-of-function mutations in this gene

have been implicated in joint pathology in mice and humans.

In humans, PRG4 mutations have been linked to camptodactyly-arthropathy-coxa vara-pericarditis
(CACP) syndrome (Bahabri et al., 1998; Marcelino et al., 1999), a rare genetic condition with various joint-
related clinical features. Disease manifestation includes congenital or early childhood-onset flexion
deformity of phalangeal joints (camptodactyly) and arthropathy of larger joints, such as the knee, associated
with swelling, restricted range of motion, non-inflammatory synovial hyperplasia and articular cartilage
degeneration (Mannurita et al., 2014; Marcelino et al., 1999). Moreover, decreased levels of PRG4 have
been observed in the synovial fluid in patients with OA or rheumatoid arthritis (RA) degenerative joint
diseases (Kosinska et al., 2015). In mice, Prg4-null (Prg4”") mutations recapitulate many of the phenotypic
changes identified in CACP patients, including synovial hyperplasia, abnormal cartilage surface, restricted

range of motion and joint failure (Rhee et al., 2005).

Given the onset expression of Prg4 during embryonic development, it is surprising that knee joints have
been reported to look phenotypically normal at birth (Abubacker et al., 2019; Rhee et al., 2005). Yet,
previous investigations during early post-natal development have demonstrated microstructural changes in
subchondral bone and articular cartilage, including increased bone porosity, disrupted collagen structure
and arrangement in articular cartilage, which is also thickened (Abubacker et al., 2019; Coles et al., 2010;
Jay et al., 2007; Maenohara et al., 2021). Prg4 expression has also been proposed to regulate bone
skeletogenesis in mice (Novince et al., 2013, 2012). However, to date, no study has employed a quantitative

approach to empirically determine the impact of Prg4 in overall femoral morphology.

Building upon anecdotal evidence gained from multiple investigations on Prg4” mice, we employed
histological cross-sectional evaluation and landmark-based geometric morphometrics to identify, quantify
and characterize variations in the distal femoral morphology of Prg4”~ mice in adulthood compared to age-

matched controls. Since the geometry and anatomy of articular surfaces relate to their function, we also
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examined regional differences in condyle cartilage thickness and indentation biomechanics. Although the
published literature recognizes that loss of Prg4 does not impede developmental knee joint formation, its
role in tissue patterning and joint structure/geometry/anatomy remains obscure and could have implications

on proper maintenance and function of these elements.
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5.3. Materials and Methods
5.3.1. Animals

All animal procedures were performed in accordance with the Canadian Council of Animal Care
guidelines and approved by the University of Calgary Animal Care Committee (protocols AC16-0043 and
AC20-0042). Prg4”" mice (Prg4™™M®! stock # 025737), whose generation has been described previously
(Rhee et al., 2005), and wild-type (WT) mice (C57BL/6J, stock #000664) were obtained from The Jackson
Laboratory and maintained in-house at the University of Calgary. Prg4” mice were backcrossed to
C57BL/6J for ten generations and genotyping from ear biopsies was carried out to confirm homozygous
Prg4”" status. Age-matched C57BL/6J (backcrossing colony littermates, referred to as WT) mice were used
as controls. All animals were housed under a standard light cycle and had access to food and water ad
libitum. Mice were euthanized at postnatal weeks 8, 12, 16, 20, 25, and 36. Hindlimb specimens from at
least four animals per group were used to ensure reproducibility in histological, morphometrical and

biomechanical analyses.

5.3.2. Histology

Hindlimbs were fixed in 10% neutral formalin buffer (NBF) solution (Fisher Scientific), decalcified
using 10 w/v EDTA (pH 7.4) for 2.5 weeks with solution changes every other day. During paraffin
embedding, specimens were oriented such that the typical knee joint flexion was preserved, and the tibia
was kept parallel to the sectioning surface. Serial sections (10 um) were mounted onto Superfrost Plus glass
slides (Fisher Scientific) for further analysis. To examine the gross joint morphology and degree of cartilage
degeneration, slides were stained in Safranin-O/Fast-green and scored using the Osteoarthritis Research
Society International (OARSI) mouse histopathological scoring system (Glasson et al., 2010). Articular
cartilage in the mid-to-posterior load-bearing regions of the knee, identified by the presence of cruciate
ligaments were scored in each animal, and the sum of the maximum histopathological score of two

independent scorers (one blinded), per knee joint femoral compartment was reported.
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5.3.3. 3D X-ray microscopy (XRM) imaging

To obtain a three-dimensional representation of the complex femoral shape and determine the effect of
Prg4 loss-of-function on morphology and associated age-related changes, right murine distal femurs (n =
4-5 per genotype) were scanned at a 4.4 um isotropic voxel resolution using X-ray microscopy (XRM)
imaging system (Versa 520, Carl Zeiss X-ray Microscopy, USA). Specimens were fixed in 10% NBF for
24 hours and preserved in 70% ethanol until the day before scanning (no more than three days), when they
were incubated in 1% phosphotungstic acid (PTA) solution for 18-24h prior to scanning for optimal contrast
enhancement (Das Neves Borges et al., 2014; Masson et al., 2022). Specimens were enclosed in a Kapton
straw chamber (5 mm diameter, GoodFellow Cambridge) vertically (Figure 5.1a) with PTA solution on the
bottom of the chamber to minimize specimen desiccation. Scan parameters were: 40kVp voltage, 3W

power, 2001 projections. Image projections were reconstructed with the ZEISS XMReconstructor software.

5.3.4. Morphology data acquisition

To quantify phenotypic changes related to Prg4 loss-of-function, we adapted a registration-based
approach (Devine et al., 2020; Percival et al., 2019) to the femur to collect anatomical landmarks and
segmentations for morphometric analysis. Since the femora were stained and thus susceptible to differential
staining artifacts, we corrected for intensity non-uniformity using the N4 algorithm (Tustison et al., 2010)
and normalized the intensities. Then, a subsample (n = 25) of the femur scans was funneled through a
computer-automated workflow to generate a study-specific atlas or anatomical average. The atlas was
labelled with 43 anatomical landmarks that provided sparse yet comprehensive coverage of distal femoral
shape (Figure 5.2a). Also, atlas segmentation of cartilage, bone (including marrow space), and growth plate
were carried out for volume measurements (Figure S5.2). Next, each specimen was non-linearly registered
to the atlas. While the affine alignment was computed with a multi-resolution framework (Lerch et al.,
2011), the subsequent non-linear alignment was performed with the SyN (Symmetric Normalization)
algorithm (Avants et al., 2011). Afterwards, the affine and non-linear transformations were concatenated

and inverted to propagate the atlas labels to each individual image. All image processing was performed on
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the ARC compute cluster at the University of Calgary using the open-source MINC (Medical Imaging

NetCDF) software (https://github.com/BIC-MNI/minc-toolkit-v2).

5.3.5. Size and shape comparisons

To understand how genotype and age influence size variation across the femur, centroid size of each
landmark configuration and volume of each segmented compartment were computed, to understand how
genotype and age influence size variation across the femur. Centroid size was calculated as the square root
of the sum of squared distances of all landmarks from their centroid (Rohlf and Slice, 1990). For shape
comparisons, all landmark configurations were superimposed into a common shape space via Generalized
Procrustes Analysis (GPA) (Gower, 1975; Rohlf and Slice, 1990). A series of geometric morphometric
(GM) tests were then undertaken on the Procrustes shape data to examine the effects of genotype and age
on femoral morphology. To account for confounders, femoral shape was regressed on sex to acquire sex-
adjusted Procrustes shape variables. Group differences were evaluated using Procrustes analysis of variance
(ANOVA) (Collyer and Adams, 2019) and further visualized using principal component analysis (PCA)
and distance heatmaps. While the PCA visualizations involved deforming the mesh of the mean shape to
the extremes od each PC via thin-plate spline, the heatmap visualizations involved deforming the mesh of
the WT mean to the Prg4” via thin-plate spline (Bookstein, 1989). Then, the magnitude and direction of
shape deviations at each point in the deformation were quantified. Comparison between WT and Prg4”
mean femoral shape was carried out for each age (Figure 5.2d) and comparisons within each genotype
across timepoints was carried out relative to their respective baseline 8-week-old (Figure S5.2e,f).
Geometric morphometric analyses were performed in R with the geomorph (Adams et al., 2016), RRRP
(Collyer and Adams, 2019, 2018) and Morpho packages (Schlager, 2017). Additional morphometric
analyses (linear distance/angle) were carried out between WT and Prg4” regarding specific traits of interest:
trochlear groove depth (TD) and sulcus angle (SA), anteroposterior distance (length) of medial (Map) and
lateral (Lap) compartments, bicondylar width (BCW), intercondylar notch width (IN), condylar width

(medial - MCW, lateral - LCW).
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5.3.6. Condylar and trochlea cartilage RNA-seq data collection and analysis

The articular cartilage from the trochlea and condyles of C57BL6 mice was dissected under a light
microscope in PBS on ice and collected in 2mL tubes containing 200 pl of TRIzol and a 5 mm stainless
steel bead. Samples were obtained at postnatal stages PO, P30 and 1 year age (n = 4/group). Right and left
sides of each specimen were pooled and sample processing was carried out as previously described (Young
et al., 2022). In brief, each sample underwent a homogenization process at 50 Hz frequency for 2 min. After
a brief cooling period (1 min), samples were subjected to a final homogenization at the same frequency for
an additional 2 min. Samples were stored at -80°C until RNA extraction. A phenol-chloroform reaction was
initially employed for RNA extraction; thus, each sample was transferred into a new microcentrifuge
Eppendorf tube with 200 pl of chloroform for every 1 ml of TRIzol present in the sample. After being
thoroughly vortexed and incubated at room temperature for 2 min before being centrifuged at 4°C, 12,000g
force for 5 minutes. Post centrifugation, the aqueous layer was carefully separated and moved into a new
Eppendorf tube. Final RNA extraction was performed using the Zymo Direct-zol RNA MicroPrep kit
according to the manufacturer’s instructions, and the final RNA sample was eluted in 15 ul of nuclease-
free water. The resultant RNA was quantified using a Qubit per the manufacturer’s protocols. Samples were
also nano-dropped to determine 260/230 and 260/280 values and stored at —80°C. Aliquots were also run
on a TapeStation to determine their RNA integrity number (RIN) value, and only samples with RIN scores
of 7 or higher were used for subsequent steps. Samples were normalized to a single concentration for cDNA
library generation and sequencing, and libraries were prepared using KAPA mRNA Directional Library
Preparation methods following the manufacturer’s protocols. Twenty libraries were then run as quality
control on a TapeStation. Then, a quantitative polymerase chain reaction (PCR) was performed on the
library pool before sequencing the library on NextSeq High 2 x 38. The library was sequenced repeatedly
using paired-end sequencing on three lanes to obtain a minimum of 10 million reads for each sample, with

some samples requiring only one or two lanes. Computational analysis of RNA-seq data began with running
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Fast QC on each Fastq file to determine the per-base sequence quality, GC content, etc., to ensure that all
files met our standards. Because the samples had each been run on three lanes to achieve the desired number
of reads, the reads for each sample were concatenated into a single file for R1 and a second file for R2.
STAR version 2.6.0 was then used to map reads to the mouse genome, GRCm39. DESeq2 was then used

to quantify differential Prg4 expression and downstream comparisons.

5.3.7. Biomechanical assessment

Femurs (n = 5/group) were isolated under a dissection microscope (Leica). With condyles facing up,
the femur bone shaft was placed into a pipette tip filled with cyanoacrylate glue. The construct was secured
to a customized sample holder and affixed to the Mach-1 (v500csst Biomomentum) mechanical tester
within a plexiglass chamber that contained PBS. Thirty-one measurements were performed across the
medial and lateral femoral condyles by fast (0.02 mm/s) indentation of articular cartilage with a 0.3 mm
diameter indenter probe to a displacement of 0.02 mm (Masson et al., 2022). Indentation tests were
performed under stress-relaxation, after which a 30G needle replaced the indenter probe, and thickness was
determined at immediately adjacent locations by needle probing technique, as previously described
(Masson et al., 2022; Shepherd and Seedhom, 1999). Measurement points were performed in the same
chronological order for all samples. Load-displacement curves were recorded for indentation and needle
probing assessments and used for instantaneous modulus and cartilage thickness determination. Analysis
was performed on Automated Indentation and Thickness Batch Analysis software (v.2.0.2 Biomomentum)
to obtain cartilage thickness and instantaneous moduli (Poisson’s ratio v = 0.5), which was determined by
fitting the Hayes model (Hayes et al., 1972) to the force/displacement curves. Heatmaps for data display

were generated using Analysis-MAP software (v 1.0.0.2).
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5.3.8. Statistical analysis

Statistical analyses aside from geometric morphometrics were performed using GraphPad Prism v.8.
Unless stated otherwise, results are presented as mean + standard error of the mean (SEM). For multiple
comparisons, Holm-Siddk or Bonferroni correction was applied after performing Mann-Whitney non-
parametric test or ANOVA. Statistical tests are noted in figure legend. A p-value less than 0.05 was regarded

as statistically significant.
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5.4. Results

5.4.1 Phenotypic abnormalities in Prg4”" distal femur

Gross morphological differences in distal femurs were obvious at 8 weeks of age in Prg4”™ mice
(Figures 5.1a, S5.1). At the macroscopic level, clear differences were observed including misshaped
trochlear grooves with a deepened center sulcus (anterior view) and outward projection of its medial and
lateral facets (medial side view and distal views). An enlarged general appearance was also visible
compared to age-matched wild-type (WT) femurs (distal view). The posterior view demonstrated no
noticeable morphological differences in femoral condyle shape (Figure 5.1a). With aging, some of the
described morphological traits appeared to change. For instance, posterior extension of medial condyle
(medial side view) and flattening of trochlear groove proximal center sulcus (anterior and distal views)
were qualitatively observed in aged (36-week-old) femurs. To further characterize these spatiotemporal
phenotypic changes, we isolated femurs at various postnatal ages and carried out histopathological and X-
ray microscopy (XRM) imaging (Figure 5.1b). Femurs were stained with the contrast agent phosphotungstic
acid (PTA) before being imaged to differentiate murine soft tissues from bone structures (Das Neves Borges
et al., 2014; Masson et al., 2022). Tissue contrast was readily apparent in the sagittal plane, highlighting
visibly enlarged articular cartilage in the trochlear region and, to a lesser extent, on the condyles of Prg4”
mice (Figure 5.1c, arrowheads). Closer examination of comparative XRM and histological transverse cross-
sections confirmed an overall dysmorphic femur in Prg4” mice, with abnormalities in both soft and hard
tissues compared to WT controls across all time points. In line with previous reports, an osteopenic
phenotype was observed in Prg4” mice (Novince et al., 2012; Rhee et al., 2005), with visible reduction of
subchondral trabecular bone by 36w age (Figure 5.1c). Together, this data indicated that postnatal femoral

morphology is impacted in the Prg4 loss-of-function mice.
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Figure 5.1. Prg4” mice exhibit morphological changes in the distal femur and articular cartilage. (a)

““mice. Note the abnormal shape

General appearance of distal femora at 8w and 36w of age in WT and Prg4
of the trochlear groove at 8w, with protrusion of trochlear ridges and deepening of the trochlear groove,

still identifiable by 36w of age, wherein the medial condyle appeared to extend posteriorly. Scale bars, 500
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pm. (b) Schematic of sample collection timeline and further characterization through histology and 3D X-
ray microscopy (XRM) imaging. (c) Representative images showing sagittal and transverse cross-sections
of PTA-stained femurs and comparative knee joint safranin-O histology across ages for both genotypes,
highlighting notable morphological alterations in trochlear and condylar cartilage thickness (arrowheads)
in Prg4” mice, as well as epiphyseal osteopenia (asterisk) at 36w age. Scale bars = 1000 um (XRM); 400
pm (safranin-O). Ant - anterior, lat - lateral, med - medial, pos - posterior, pr - proximal, TG - trochlear

groove, GP - growth plate.

5.4.2  Distal femur size and shape are altered in Prg4”" mice

Next, morphometric analyses were employed to quantitatively assess the phenotypic femoral
abnormalities related to Prg4 loss-of-function. Landmark-based geometric morphometrics is commonly
employed in studying anatomical variation between natural populations or experimental groups due to its
ability to capture and quantify subtle and complex shape alterations (Percival et al., 2019; Zelditch et al.,
2012). Here, a study-specific atlas (reference average volume) was generated and labelled with a
standardized set of 43 anatomical landmarks to comprehensively represent the distal femur geometry
(Figure 5.2a). The morphological displacement of the landmark configuration of each specimen was
assessed to understand the effects of genotype and age on femoral size and shape. A landmark-based
centroid size comparison was carried out since Prg4”~ mouse femurs appeared visually larger. On average,
Prg4” femurs exhibited a 6.8% increase in centroid size compared to WT femurs (WT: 9.47 + 0.153 mm
vs. Prg4”:10.11 £ 0.162 mm; p < 0.001), holding sex and age constant. Of note, sex differences did not
significantly contribute to variations in femur size (p = 0.627). We also investigated differences in the size
of specific tissues between mouse strains and found that Prg4” mice displayed substantially more cartilage,
bone (with marrow space) and growth plate volume (Figure S5.2a-d), yielding, 20%, 13.4% and 22.1%

respective increases on average compared with the WT group.

To visualize the major sources of femoral shape variation among genotypes and ages, PCA was
performed on sex-adjusted shape variables (Figure 5.2.b). The first principal component (PC1) accounted

for 40% of the total variation in femoral shape. Moreover, distinct clusters between genotypes could be
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observed along PC1, with Prg4”" femurs scoring more positively and WT femurs scoring negatively. Shape
morphs along the extremes of PC1 (i.e., PC1 min: WT femur and PC1 max: Prg4” femur) (Figure 5.2.b)
helped visualize significant sources of shape variation between genotypes, including mediolateral
narrowing and proximodistal/anteroposterior elongation. Notably, many of these changes were
recapitulated in distance heatmaps comparing the WT and Prg4”~ femoral mean shapes (i.e., how far the
mean WT femur shape needs to be displaced to match the mean Prg4” femur shape) for each timepoint
(Figure 5.2¢). Regions of outward expansion (red) were mainly traced back to the medial condyle and
proximal region of the trochlear groove, and to a lesser extent, the lateral condyle and outer ridges of the
trochlear groove. Conversely, areas of inward contraction (blue) were of greater magnitude at the central

sulcus of the trochlear groove and lateral/medial epicondyles.
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Figure 5.2. Prg4” distal femur changes in size and shape. (a) Representation of distal femur global
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between genotypes for each time point and indicate how far inward (blue) or outward (red) the mean WT
femur shape needs to be displaced to match the mean Prg4” femur shape at each respective age of
assessment. (d) Scatter plot showing the relationship between fitted PC1 scores (i.e., shape scores predicted

by regression of shape on size) and centroid size (log) for each experimental group.

One essential aspect of shape variation that PC1 often captures is the allometric effect of size
(Klingenberg, 2016). Allometry refers to the correlation between size and shape, and despite being a
ubiquitous phenomenon in nature, its importance in biomedical studies of morphology is underappreciated
(Hallgrimsson et al., 2019; Klingenberg, 2016). To investigate how shape correlates with size, fitted PC1
scores (i.e., predicted shape score by regression of shape on size) were compared to centroid size (log-
transformed) for each experimental group (Figure 5.2.d). At any given centroid size, Prg4”" femurs scored
more positively in predicted shape and deviated from the allometric pattern expected based on WT femurs.
Collectively, these results demonstrate that Prg4 deficiency impacts both the size and shape of distal
femurs, leading to larger femurs on average, which are not simply geometrically scaled versions of WT

femurs, but also display distinct shapes (narrower, extended, etc), and these effects covary.

5.4.3 Changes in individual anatomical features

Next, individual anatomical features of interest and clinical relevance, such as the intercondylar notch
width (IN) and trochlear groove sulcus angle (SA) (Charles et al., 2013; Richard et al., 2020; Sonnery-
Cottet et al., 2011) were quantified (Figure 5.3.a-j). At 8-weeks of age, Prg4”" mouse femurs had a deeper
trochlear groove associated with lower values of sulcus angle, indicating a steeper and more pronounced
groove compared to the WT group. As the mice aged, Prg4” samples gradually approximated the trochlear
morphology of WT femurs (Figure 5.3b,c) by becoming shallower and flatter. This phenomenon was
associated with abnormal soft and hard tissue remodelling, as seen histologically (Figure 5.3j). In contrast,

the WT group demonstrated relatively stable trochlear features. In addition to the differences in trochlear
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groove, Prg4” mice displayed a distinct and consistently narrower bicondylar width (Figure 5.3.c).
Interestingly, as the WT mice aged, they showed an increase in intercondylar width while simultaneously
experiencing a decrease in both medial and lateral condyle widths, resulting in minimal changes in the
bicondylar width (Figure 5.3d-g). Linear distance measurements also demonstrated a anteroposterior
elongation in Prg4” mice compared to WT in both the medial and lateral compartments (Figure 5.3h,i),
being more prominent on the former. Histological examination suggests that this elongation may be
influenced by micro-environmental constraints (Figure 5.3k), and likely associated with synovial
hyperplasia and contracture phenotypes observed and previously described for Prg4” mice (Rhee et al.,

2005).

The obvert phenotype observed between trochlea and condyle cartilage prompted me to investigate the
transcript levels of Prg4 through RNAseq at different postnatal stages (PO, P30, P1 year). The analysis
revealed increased Prg4 expression in condyles over time, in contrast to higher expression levels at PO for
trochlear cartilage. These findings suggest that Prg4 loss-of-function may have compartment-specific
effects which are also age-dependent, impacting trochlear morphogenesis to a higher degree than condylar
cartilage, but important for maintenance of condylar cartilage with aging. In this regard, mean shape
deviations were visually apparent at the trochlear groove ridges and medial condyle and to a lesser extent
on lateral condyle for the Prg4” mice with aging (36w compared to 8w) (Figure 5.3n, Figure S5.2f). The
presence of areas of contraction in these specific regions could be associated with biomechanical stress and
imbalances in the joint, possibly contributing to the degradation of the articular cartilage over time in the
Prg4'/ “mice, which has been extensively described in the literature (Coles et al., 2010; Jay et al., 2007; Rhee

et al., 2005).
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Figure 5.3. Quantitative morphological analysis of individual anatomical features. (a) XRM

measurements of femoral anatomical features in WT and Prg4” mice (n = 4-5 mice/group) of interest
included (b) trochlear groove depth (TD) and (c) sulcus angle (SA), (d) bicondylar width (BCW), (e)
intercondylar notch width (IN) and the (f;h) width and height of the lateral condyle (LCW and Lap) and
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(g,1) medial condyle (MCW and Map). Data presented as mean = SEM (n = 4-5 mice/group). Analysis of
variance ANOVA control vs. Prg4” mice for individual endpoints with Bonferroni correction for pair-wise
comparison. p-values reported. (j,k) Representative histology demonstrating changes in trochlear groove
and anteroposterior extension of the femur in Prg4” vs WT mice. Transcript expression of Prg4 (by
RNAseq) varies with age in the (1) trochlea and (m) condyle articular cartilage in WT mice. (n) Heatmaps
represent the mean shape deviations for the Prg4” mice at 36w age relative to its respective 8w old femur.
Note the inward contraction regions at the trochlear groove ridges and medial condyle (dark blue), and to a

lesser extent on lateral condyle.

5.4.4 Prg4” morphological changes associate with condyle articular cartilage degeneration

Since articular cartilage in Prg4” mice has been previously characterized as being thicker and
mechanically inferior (Coles et al., 2010; Karamchedu et al., 2016; Masson et al., 2022), we wanted to test
the hypothesis that the localized shape changes with advanced aged seen at Prg4” condyle regions would
correlate with spatial changes in thickness and mechanical properties. We employed a previously validated
protocol for indentation and cartilage thickness mapping of murine articular cartilage (Masson et al., 2022).
The data demonstrated regional differences between genotypes, with consistently thicker articular cartilage
in Prg4” condyles, associated with lower modulus, irrespective of age (Figure 5.4a,b). However, with
aging, thinning of Prg4” cartilage was observed in the mid-outer portion of the condyles, particularly
prominent in the medial side, despite no corresponding apparent increase in instantaneous modulus (Figure
5.4a,b arrowhead). These findings were also observed histologically, wherein in where areas of cartilage
fibrillation and erosion primarily localized to the mid-to-outer portions of the medial condyle in Prg4”
mice (Figure 5.4c, arrowheads) and worsen with aging (Figure 5.4¢,h,1). Site-specific measurements in the
mid-outer regions of both lateral (Figure 5.4d,f) and medial condyles (Figure 5.4e,g) highlighted differences
in thickness and instantaneous modulus. These findings provide valuable insights into the biomechanical

alterations and histological changes associated with the absence of Prg4 in the femoral condyles.
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Figure 5.4. Abnormalities in articular cartilage structure and biomechanics of Prg4” mice with aging.

Colour maps of averaged values for lateral and medial condyle cartilage thickness (a) and instantaneous

modulus (b) as determined by Hayes et al. (1972) elastic model at 20% strain. Data highlights regional
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differences between genotypes for both parameters, with articular cartilage being consistently thicker in
Prg4” condyles, and of lower stiffness, irrespective of age. Note, however, thinning of Prg4” cartilage at
mid-outer portion of condyles with aging, being more prominent in the medial side (arrowhead) and
corresponding to an increase in stiffness. In contrast, condyle cartilage surfaces in WT mice demonstrated
little variation in thickness with aging, albeit matrix stiffening with peak at mid-age (16w and 20w). and
corresponding (c) Representative images of safranin-O/fast-green staining of articular cartilage of the
medial femoral condyles of WT (top) and Prg4” mice (bottom) from 8- to 36-weeks of age, highlight areas
of cartilage fibrillation and erosion (arrowhead) in Prg4” mice primarily on mid-to-outer portions of
condyles. Scale bars, 100 um. Site-specific measurements for mid-outer regions (schematic bottom corner)
wherein differences in thickness and instantaneous modulus were identified during mapping for medial
(d,f) lateral and (e,g) medial condyles. Thickness and instantaneous modulus presented as mean + SEM (n
= 5 mice/group, 8-10 positions/mouse) are shown. Student's t-test control vs. Prg4” mice for individual
endpoints with Holm-Sidak correction. p-values reported. OARSI histopathological scoring of (h) lateral
and (i) medial condyles cartilage damage. Data represented as mean £ SEM (n = 5 mice/group), Mann-
Whitney tests with Holm-Sidak correction. p-values reported. MFC- medial femoral condyle, LFC - lateral

femoral condyle
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5.5. Discussion

This study investigated phenotypic abnormalities in adult joint tissues associated with Prg4 loss-of-
function, specifically the impact on distal femur shape, size, and articular cartilage degeneration with aging.
The data presented here provide empirical evidence that the loss of Prg4 profoundly impacts distal femur
geometry and the anatomy of its structural components. At the tissue level, changes in size and shape within
Prg4” femurs are directly associated with corresponding changes in bone and cartilage tissues (bulk and
internal structure/composition), resulting in distal femur enlargement, increased anteroposterior extension

and reduced mediolateral width and misshaped trochlear groove when compared to WT controls.

Changes in condylar articular cartilage thickness associated with inferior compressive biomechanical
properties in young mice (up to 16w of age) are in keeping with previous reports (Coles et al., 2010; Masson
et al., 2022). Here, we add to the body of knowledge by demonstrating that with aging, the disruption in
cartilage biomechanical properties and joint lubrication due Prg4 loss is associated with cartilage thinning
predominantly in the medial condyle and in its mid-anterior aspect, which is noticeable at the histological
level as well. This suggests that mechanical and joint loading factors are at play within the progressive
degenerative phenotype that spontaneously occurs within these Prg4” mice. Of note, loss of Prg4 has been
shown to alter ankle range of motion and mice develop an abnormal hopping gait (Novince et al., 2012;
Rhee et al., 2005), strengthening the link between joint geometry and function within these mice. Notably,
this regional variation could also be captured in distance heatmaps generated via landmark-based geometric
morphometrics analysis, highlighting the ability of this technique in quantifying size and shape phenotypes

in even relatively small-scale investigations (Devine et al., 2020; Percival et al., 2019).

In vivo studies in Prg4”" mice have underscored the importance of this molecule as a boundary lubricant
and inhibitor of cell adhesion. These lubrication and chondroprotection properties are crucial for
maintaining tissue homeostasis within the adult joint and preventing spontaneous degenerative cartilage
changes (Drewniak et al., 2012; Waller et al., 2013). However, the implications of the absence of Prg4 on

joint formation and patterning, given the onset expression of Prg4 occurs during embryonic development
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(Rhee et al., 2005) are less understood. While Prg4 deficiency does not prevent knee joint formation, it
appears to influences the morphology and structural components of the joint during early postnatal

development (Abubacker et al., 2013; Karamchedu et al., 2016; Maenohara et al., 2021).

The early postnatal period is a crucial time for the growth and maturation of joint tissues, including
bone and cartilage, which attains its characteristic zonal structure (Decker et al., 2017, 2015). It is possible
that the lack of proper lubrication due to Prg4 deficiency can hinder smooth sliding and increase adhesion
and shear between opposing cartilage surfaces, thereby creating abnormal stresses and strains in both the
developing and maturing joint tissues — particularly in areas of cartilage-cartilage contact. This disruption
in normal movement and mechanical signaling during critical growth and maturation phases could result in
abnormal chondrocyte activity, matrix organization, and overall joint structure seen in Prg4” mice,
ultimately manifesting into the dysmorphology observed at 8 weeks of age. Further research during
developmental and early postnatal stages may provide further insights on underlying mechanisms and its

implications for joint morphology.

The complexity of joint development arises from the interplay of genetic factors, mechanical loading,
and biochemical signaling that influences growth and remodeling. Furthermore, beyond its well-known
lubricating function, over the past decade Prg4 has been implicated in various biological processes, such as
regulation of inflammation (Alquraini et al., 2015; Igbal et al., 2016), adhesion-dependent proliferation
(Rhee et al., 2005), fibrosis (Qadri et al., 2020), angiogenesis and wound healing (Krawetz et al., 2022),
and bone homeostasis (Abubacker et al., 2019; Novince et al., 2012). Many of these processes are involved
in limb development and could be simultaneously affected thus, dissecting out specific contributions,

particularly when using global deletion models is challenging, and will require further investigation.

A limitation of this study was the small number of specimens, although it should be noted that results
demonstrated predictable shape variation patterns despite limited sample size. The morphometric and
biomechanical analysis presented here was restricted to the distal femur; thus, in future studies, it would be

interesting to quantify these parameters within opposing patella and tibial plateau surfaces, to gain insight
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into the extent of dysmorphologies in Prg4” mouse and infer possible effects on joint kinematics and
contact mechanics. An inherent limitation of Prg4”~ mouse studies is that this mouse model has global gene
deletion of Prg4. Since Prg4 expression has been shown in other musculoskeletal tissues, like bone and
tendons (Ikegawa et al., 2000; Rees et al., 2002), as well as in other tissues like liver, possible local and

systemic confounding factors cannot be excluded.

In summary, this study provides new insights into the intricate role of Prg4 loss-of-function on overall
joint morphology and articular cartilage health and function in adulthood. Our findings shed light on the
intricate relationship between joint geometry and function, reinforcing the importance of Prg4 in
maintaining joint homeostasis, but also at potential implications of Prg4 deficiency during early postnatal

development, where disrupted lubrication may affect joint maturation and morphology.
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5.8. Supplementary information

WT Prg4*

8w

12w

16w

20w

25w

36w

Anterior view Distal view Posterior view Anterior view Distal view Posterior view

Figure S5.1. Comparison of WT and Prg4” mice distal femur morphology during aging.
Representative images from various angles of the distal femur (anterior femur, femoral notch and posterior

femur). Scale bars, 1000 pm.
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Figure S5.2 Additional parameter evaluated in size and shape geometric morphometric comparisons.
(a) Study-specific atlas was segmented into cartilage, bone (with marrow space), and growth plate.
Calculated volume per segmentation label (b) cartilage, (c) bone and (d) growth plate for WT and Prg4”
mice across age. Heatmaps represent the mean shape deviations within genotypes across timepoints, relative
to their respective 8w old femur shape, for (¢) WT and (f) Prg4” mice. Note the inward contraction regions
at the trochlear groove ridges and mid-outer medial condyle area (blue), consistent with area of cartilage

thinning in histological findings and needle probing mapping.
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Chapter Six: The Hicl-lineage dictates the balance between cartilage repair and regeneration
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6.1. Abstract

Emerging evidence suggests that Hypermethylated in cancer 1 (Hicl) is a marker for quiescent
mesenchymal progenitors (MPs). These cells are found within multiple tissues in adult mice and present
with varying lineage potential and regenerative capacities, depending on their tissue of residence,
environmental niche and injury/wound context. Little is known, however, about the functional significance
of these MPs, if any, regarding adult cartilaginous tissue. Therefore, this study was undertaken to investigate
the functional role of Hicl-expressing progenitors in the maintenance and repair of typically regenerative-
incompetent cartilaginous tissues present within the ear (auricular) pinnae and knee joint (articular)

microenvironments. we have shown that Hicl™®

cells reside within both tissue compartments in adult mice,
but do not contribute to the physiological turnover of cartilaginous tissues. Moreover, a minor perturbation
of the Hicl-lineage led to a measurable impact on the healing response phenotype and resulting tissue
morphology post-ear wound and osteochondral knee injury. Taken together, these results indicate that the
Hicl-lineage are able to modulate healing within both microenvironments, through indirect and/or direct

contributions to remodelled tissue. This raises the possibility of this cell lineage being exploited as a

therapeutic target.
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6.2. Introduction

Tissue regeneration is a fundamental biological process that allows organisms to repair and/or restore
function to damaged tissues. Adult mammalian tissues harbour resident-progenitor cells known to
contribute to tissue maintenance and repair (Pellettieri and Alvarado, 2007; Rennert et al., 2012). While the
existence of an endogenous progenitor pool in adult cartilage remains controversial; mesenchymal
stem/progenitor cells have been identified in several joint-associated niches, including synovium, synovial
fluid, and infrapatellar fat pad, as well as bone marrow (McGonagle et al., 2017). Regardless, cartilage
displays suboptimal intrinsic repair following injury indicating that tissue-resident and progenitor cell pools
within the joint are unable to mount an effective regenerative response, whereby the native mechanisms are
insufficient or likely overwhelmed (Rennert et al., 2012). In this context, the possibility of endogenously

guiding articular cartilage healing towards a regenerative phenotype is quite compelling.

Interestingly, recent findings suggest the transcription factor Hypermethylated in cancer 1 (Hicl)
identifies a unique cohort of quiescent mesenchymal progenitors (MPs) (Scott et al., 2019) that serve as
tissue-resident postnatal reservoirs and critically support homeostasis, regeneration and repair (i.e. scar
formation) processes in various tissues (Abbasi et al., 2020; Scott et al., 2019; Shah et al., 2022; Soliman
et al., 2020). As the name indicates, Hicl gene is frequently found deleted or silenced by promoter
hypermethylation in several human cancers (Chen et al., 2004; Fleuriel et al., 2009). Since previous efforts
have been mainly focused on understanding its tumour-suppressive function (Jenal et al., 2009; Zheng et
al., 2012), knowledge of the role of Hicl" MPs and their progeny in health and disease across cartilage-

related tissues remains limited.

Constitutive gene ablation of Hicl results in embryonic lethality with significant developmental
defects, including craniofacial and limb/digit deformities (Carter et al., 2000). Meanwhile, ubiquitous
deletion of Hicl in adult mice results in exit of MPs from quiescence and expansion of this cell pool (Scott
etal., 2019). Similarly, Hicl" MPs identified in skeletal muscle, heart and skin tissues (Abbasi et al., 2020;

Scott et al., 2019; Soliman et al., 2020) are shown to respond to acute injury. However, their behavior and
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regenerative potential appear to be tissue-specific and modulated by niche-associated factors (Abbasi et al.,

2020; Kim and Braun, 2020).

Here, we interrogated the role and fate of HicI™ MPs in two distinct injury models, ear biopsy punch
and knee full-thickness cartilage defect (FTCD), both involving typically regenerative-incompetent tissues
comprised of cartilage. The limited success in treating cartilage-related conditions is attributed, in part, to
the lack of a comprehensive understanding of why articular cartilage fails to naturally regenerate (Muthu
et al., 2023). Hence, new insights into cell types and molecular pathways influencing or driving normal
healing processes in cartilaginous tissues might help uncover potential therapeutic targets that could be

manipulated to enhance tissue repair in the future.
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6.3. Materials and Methods

6.3.1. Mouse strains

HiclFR2 R 6" Toma mice (Scott et al., 2019) were provided by Dr. T. Michael Underhill (University
of British Columbia, Canada). To generate a mouse that can conditionally overexpress E2f1, the complete
murine E2f1 open reading frame (ORF) was acquired from Origene (CAT#: MC208010) and it was
validated through sequencing. It was then subcloned into the ROSAIZEG vector (iZEG plasmid with
ROSA26 homology arms) to create the ROSAIZEG-E2f1 vector. Specifically, a loxP-geo-STOP-/loxP
cassette was placed between the CAG promoter and E2F1 ORF. Downstream of the E2F1 ORF, an IRES,
eGFP and poly A sequences were inserted, in that order. To target the ROSA26 locus, we employed a zinc
finger nuclease obtained from Sigma-Aldrich (CompoZrTM Custom Zinc Finger Nucleases target Rosa26).
Nucleofection (Lonza, Nucleofector II with the Mouse ES Cell Nucleofector® Kit) was used to transfect
10 ug of superhelical plasmid DNA expressing Rosa26 ZFN-pair and 10 ug of superhelical ROSAIZEG-
E2f1 plasmid DNA into C57BL/6 ES cells. Neo-resistant colonies were picked and expanded under
standard ES conditions, and PCR was performed on the 5’ and 3’ junctions to confirm location and direction
of the transgene. A total of 36 ES clones had the insert in the correct location and direction, and 6 out of
these had over 95% normal karyotype. One of these clones was used for micro-injection into 8-cell stage
B6(Cg)-Tyr c-2J /J (C57BL/6 albino) mice. Chimeric mice were obtained and bred to C57BL/6 albino mice
to determine which ES cell injections contributed to the germline. Mice that had germline contributions
from the injected ES cells were then crossed to C57BL/6J mice to obtain the R26““**!strain used in the
current study (Figure S6.1). Ear punch samples were taken from mice (3-8 weeks of age) for genotyping
by PCR to confirm homozygote (Figure S6.1b,c). Hicl“**2;R267m" were crossed to R26“AEF! to
generate Hicl“*FRT2:R26"Tomato . R 2651 mice. R26“A9FF mice was also bred to Col2a“", (Ovchinnikov et
al., 2000) (B6;SJL-Tg(Col2al-cre)1Bht/J, stock # 003554, The Jackson Laboratory) to generate
Col2a“;R26""'mice . Three to five animals per genotype/group were used for each experiment to ensure

reproducibility. Animal experiments were approved by the Animal Care Committee (protocols AC16-0043
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and AC20-0042) at the University of Calgary and followed the Canadian Council of Animal Care
guidelines. All animals were housed under a standard light cycle and had access to food and water ad

libitum.

6.3.2. Lentiviral RNA analysis and RT-qPCR

To induce and quantify E2f1 expression in vitro, cells derived from synovium and bone marrow of
Hic]CrER2 R " Tomato - fjc [ CreERT2 R ptdTomate . R 26E2FT and R26“A9F2F! mice were transduced at passage 2
with high-titre lentiviral Cre vector in the presence of polybrene, and incubated at 37°C in 5% CO, for 48
hours. RNA isolation from cultured cells was carried out using TRIzol reagent (Invitrogen) and cDNA with
the high capacity cDNA reverse transcriptase (Applied Biosciences) according to the manufacturer’s
instructions. Quantitative real-time PCR (RT-qPCR) was carried out using TagMan® Gene Expression
Master Mix (4324018, Applied Biosystems) with a mouse specific E2fl TagMan® probe

(Mm00432939 ml, Applied Biosystems).

6.3.3. Administration of tamoxifen

Eight-to-nine-week-old mice received intraperitoneal injections for 5-consecutive days (0.1 mL/day)
of 4-Hydroxytamoxifen (4OHT, H6278 Sigma) suspended in sunflower oil (10 pg/mL). In vivo, Cre-driven
tdTomato labelling and fate-mapping of HicI-lineage cells in the absence of injury were assessed at 1-, 16-
and 32 weeks post-4-OHT induction (Figure 6.1a). Injuries to ear or knee cartilage were performed one
week after 4OHT administration (week 0), and mice were euthanized at the endpoints of 1-, 2-, 4- and 8-
weeks post-injury (wpi) to evaluate Hicl-lineage response to injury and contribution to tissue remodelling
(Figures 6.2a, 6.3a). To avoid any confounding variables due to 4-OHT that could influence experimental

results, Col2a“"*;R26"*" mice were also injected with 4-OHT using the same dosing strategy above.
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6.3.4. Ear wound and size evaluation

A through-and-trough standardized hole (2-mm diameter) in the center of the ear pinna was created
using a sterile biopsy punch (33-31 Integra) (Figure 6.2a). To assess wound closure, ears were photographed
with a ruler in the image plane. Quantitative measurement of the ear wound area was performed using

ImagelJ software. Ear pinna regeneration was assessed histologically at 1-, 2-, 4- and 8-wpi.

6.3.5. Articular cartilage defect model

Full-thickness cartilage defect (FTCD) was inflicted in the trochlear groove of the right femur using a
26G needle, as previously described (Jablonski et al., 2021; Rai et al., 2012). Briefly, animals were placed
under isoflurane anesthesia, and a small incision was made on the medial parapatellar region aided by a
dissection microscope (Leica). The patella was then gently dislocated laterally, and a round defect reaching
the subchondral bone was created on the exposed trochlear groove. Knee extension/flexion was sufficient
to move the patella back into place, after which the skin incision was closed with staples. Contralateral
hindlimbs served as uninjured controls. To understand articular cartilage healing comprehensively, 2D
histological/immunofluorescence assessment and 3D imaging were carried out at all endpoints. Moreover,

functional evaluation of the newly formed tissue was carried out at 8-wpi by biomechanical testing.

6.3.6. Histology and immunofluorescence

Ear and hindlimb samples were fixed in 10% neutral formalin buffer (NBF) solution (Fisher) for 2 and
7 days, respectively. Ear tissue samples were then washed and prepared for paraffin embedding. Hindlimbs
underwent an extra decalcification step in 10 w/v EDTA solution (Ph 7.4) for 18 days before paraffin
embedding. All tissues were sectioned at 10 um thickness and mounted onto Superfrost Plus (Fisher) glass
slides for further analysis. Safranin-O/Fast green staining was used to evaluate healthy and injured tissues’

overall morphology and composition. Mid-injury sections were graded on a 14-point scale for articular
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cartilage healing, as previously described (Fitzgerald et al., 2008). Briefly, the parameters under evaluation
and their respective scoring range were cell morphology (0-4), matrix staining (0-3), surface regularity (0-
3), cartilage thickness (0-2) and integration with native cartilage (0-2). Thus, an overall score of 0 is
attributed to a newly created FTCD, whereas the maximum score of 14 characterizes uninjured healthy
cartilage.

For immunofluorescence analysis, slides were deparaffinized and antigen retrieval was performed.
Sections were blocked in 5%BSA in 0.1%Triton-X PBS for 1 hr at room temperature and then incubated
with primary antibodies overnight at 4°C in a humidified chamber. The primary antibodies used in this
study were: mouse monoclonal anti-alpha-Smooth muscle actin (614852 Biolegend), mouse monoclonal
anti-collagen II (II-1I6B3-c DSHB), monoclonal rat anti-Ki67-660 (50-5698-82 Invitrogen), polyclonal
goat tdTomato (AB8181-200 Cedarlane). Sections were washed in PBST and PBS buffers and incubated
with secondary antibody for 1 hr at room temperature before mounting and nuclear counterstaining with
EverBrite Hardset Mounting Medium containing DAPI (Biotium). The secondary antibodies used were
donkey anti-rat AlexaFluor647 (A48272 Invitrogen), donkey anti-mouse AlexaFluor647 (A31571
Invitrogen), anti-goat NL557 (NLOO1 Northern Lights). Slides were imaged with the Axio Scan Z1
microscope (Carl Zeiss). Image analysis and cell counting were performed using TissueQuest v.7
(TissueGnostics) software. For quantification, 3-4 biological replicates were used. For injured ears,
quantification was performed on the front edge of the excision plane from both sides of the ear,
encompassing epidermis and non-epidermis regions (Figure S6.2). For uninjured ears a standardized area
size was used. Quantification of synovium was restricted to areas juxtaposed to the trochlea, located
superiorly and inferiorly to the patella, while the bone marrow region quantified was limited to the
epiphyseal subchondral bone. For uninjured and injured knees, quantification was performed in similar

areas of synovium and within a standardized area size encompassing the defect site (Figure S6.3).
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6.3.7. Invivo EdU labeling

Click-IT™ EdU (A10044 Invitrogen) was injected in mice for 12 days, starting at the day of injury
(FTCD) (Roelofs et al., 2017). Mice were sacrificed at 8-wpi, and knee joints were harvested and prepared
for histological assessment as described above. To detect the incorporated EdU, we used the Click-It EAU

cell proliferation imaging kit, Alexa Fluor 647 (C10340 Invitrogen), as per the manufacturer’s instructions.

6.3.8. 3D X-ray microscopy (XRM) imaging

Hindlimbs were disarticulated at the hip, and distal femurs were carefully isolated from tibiae and
menisci under a dissection microscope (Leica). Specimens (n = 5 per group) were fixed in 10% NBF for 24
hours and preserved in 70% ethanol for a maximum of three days before scanning. For micron-level
visualization of cartilaginous soft tissue, samples were contrast-enhanced using 1% phosphotungstic acid
(PTA) solution for 18-24 hours prior to scans. Specimens were enclosed in a Kapton straw chamber (5 mm
diameter, GoodFellow Cambridge) containing a small amount of PTA solution on the bottom to prevent
dehydration, secured to the device holder, and scanned using ZEISS Xradia (Versa 520, Carl Zeiss X-ray
Microscopy, USA). Scans were performed at low-energy (40kVp voltage, 3W power) and high-resolution
(4.4 um nominal isotropic voxel), with imaging acquisition through 360°. Volume renderings and cross-
sections (Figure 6.5a) were created using 3D Slicer (v.5.0.3) (Kikinis et al., 2014). After reconstruction, a
landmark was placed in the center of the defect or corresponding location for uninjured legs, and a volume
of interest was cropped to a cube of edge length 1.0 mm. This reduced the image size and allowed it to be
processed on commercial hardware. The cartilage was segmented by thresholding with a per-scan user-
defined threshold, followed by manual correction by the same operator. Next, the cartilage segmentation
was cropped by a spherical filter of diameter 0.53 mm, focusing the analysis on the defect and
corresponding uninjured area in the contralateral legs (Jablonski et al., 2021). The mean cartilage thickness
(Hildebrand and Riiegsegger, 1997) Cg.Th [mm]; volume, Cg.V [mm®]; and surface area, Cg.S [mm?], were

computed for each specimen. The cartilage surface-to-volume ratio (Cg.S/Cg.V [mm™']) was derived from
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the previous outputs. Processing was performed in SimplelTK (Lowekamp et al., 2013) (v2.0.2, Insight
Software Consortium) and morphometry in Image Processing Language (IPL v5.42, SCANCO Medical,

Briittisellen, Switzerland).

6.3.9. Biomechanical testing

Eight-weeks after FTCD, bilateral mouse femurs (right-injured, left—uninjured control) were isolated
for biomechanical testing (n = 5 per group). Sample preparation was carried out as previously described
(Masson et al., 2022). In brief, femurs were inserted into a pipette tip containing cyanoacrylate glue, which
surrounded the long bone shaft, securing the specimen in place. With trochlea facing up, the construct was
mounted onto a modified sample holder (Masson et al., 2022) and attached to the Mach-1 (v500csst
Biomomentum) testing chamber. Specimens were maintained in a bath of PBS for the duration of testing.
Automated indentation was carried out normal to the surface at the area of injury (and equivalent uninjured
area in control femurs) across nine pre-defined positions, using a 0.3 mm diameter indenter tip and a 70-N
multiaxial load cell, calibrated before each use. Data analysis of mechanical parameters, including structural
stiffness (N/mm), relaxation time (s) and residual force after 120s of relaxation (equilibrium) was performed

using Mach-1 Automated Indentation and Thickness Batch Analysis software (v.2.0.2 Biomomentum).

6.3.10. Statistical analysis

Data statistical analysis and graphic representation were performed using GraphPad Prism software
(v8.0). Data is expressed as mean + standard deviation (SD) unless stated otherwise, and statistical tests are
noted in figure legends. For comparison between genotypes over time, ANOVA with a Bonferroni post-
hoc test was used for ear wound closure, and unpaired Student ¢ test for all other analysis. For comparisons
with more than two groups, one-way ANOVA with Bonferroni correction was used. A p-value less than

0.05 was considered statistically significant.
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6.4. Results
6.4.1. Cells of the Hicl lineage reside in the ear pinna and knee joint microenvironments but do not

undergo differentiation into auricular or articular cartilage tissues under homeostatic conditions

To investigate the presence and in vivo differentiation capacity of Hic/ lineage cells in adult mice under

homeostatic conditions, we administered 4OHT to eight-week-old HiclFRT?; R26'ITomato

mice carrying the
tdTomato (tdT) fluorescent reporter and examined the distribution of tdT-expressing cells in the ear pinnae
and knee joint after short (week 1) and long-term (weeks 16 and 32) follow up periods (Figure 6.1a). During
these experimental timeframes, Hicl-expressing cells and their progeny, collectively defined as Hicl-
lineage cells, were identified in various non-cartilaginous tissues but were absent in both auricular and
articular cartilage. One week after 4OHT administration, tdT expression was observed in multiple tissues
of the mouse ear pinna, with marked expression in the dermis and the membranes lining the auricular
cartilage, anatomically coinciding with the perichondrium (Figure 6.1b). However, cells of the HicI-lincage
were not observed in the auricular cartilage or the epidermis. Furthermore, the patterns of tdT expression
remained largely unchanged with aging, and there was minimal expansion in the percentage number of
tdT™° cells over time (Figure 6.1¢). In adult knee joints, Hicl-lineage traced cells were identified in the
synovium, fat pad, and entheses, as well as throughout the subchondral bone marrow (Figure 6.1d), most
of which have been previously identified as skeletal stem/progenitor cell niches (McGonagle et al., 2017).
However, no contribution to cartilaginous tissues was observed, as demonstrated by the absence of tdT™*
cells on the growth plate and articular cartilage in all follow-up periods (Figure 6.1¢). Positive tdT staining
in the synovium persisted at later time points (Figure 6.1e,f). Of note, while there was a slight percentage
increase in Hicl-lineage cells within the subchondral bone marrow by 8-months of age (week 32 post-
induction) (Figure 6.1g), this was due to age-associated cell density decrease and related adipose
accumulation in the bone marrow cavity rather than an increase in the number of tdT ™ cells (Figure 6.1d).

I+VC

Collectively, these findings suggest that HicI™° cells are localized to specific tissues in the ear pinna and
knee joint microenvironments, display low tissue turnover with aging, and under homeostatic conditions,

do not contribute to auricular or articular cartilage tissues found in these niches. However, since the Hicl-
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labelled cells were persistent in adult tissues and demonstrated mesenchymal lineage potential, in keeping
with previous studies (Arostegui et al., 2022; Scott et al.,, 2019; Soliman et al., 2020), we tested the

hypothesis that these cells might play a role in the wound healing process.
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Figure 6.1. Hicl-lineage contribution to physiological in vivo tissue turnover. (a) Schematic timeline
of 4OHT(Tam)-inducible Cre-recombination to label Hicl-expressing cells with tdTomato (tdT) (red)
reporter and subsequent fate-mapping assessments at short-term (w1) and long-term (w16 and w32) follow-
up times. (b) Hicl-lineage contributed to various tissues in the ear pinna, but no representation was observed
in the cartilage or epidermis. Scale bars, 100 um, and 50 pm on close-ups. (c¢) Corresponding quantification
of tdT™° cells per DAPI counted nuclei demonstrated with aging (n = 4/group, 2 sections/animal, p = 0.119).

+ve

(d, e) Similarly to lineage-tracing at the ear pinna, tdT " cells were absent from knee articular cartilage and

growth plate compartments but identified in joint-associated tissues, such as the synovium, fat pad and
subchondral bone marrow. Scale bars, 200 um. Quantification (n = 4/group, 2 sections/animal) of tdT"™*
DAPI nuclei in (f) synovium (p = 0.198) and (g) bone marrow tissues (p = 0.021; 1 vs 16 p = 0.865; 1 vs
32 p =0.024 and 16 vs 32 p = 0.055). Data are presented as mean = SD, and the statistical significance was
determined by ANOVA (a= 0.05) and multiple comparison with Bonferroni correction (* p < 0.05). Nuclei
counterstained with DAPI in all immunofluorescence images. Ac — articular cartilage, ¢ — cartilage, ep —
epidermis, fp — fat pad, gp — growth plate, hf — hair follicle, m — muscle, p — patella, scb — subchondral

bone, sg — sebaceous gland, syn — synovium, t — tendon.

6.4.2. Hicl-expressing cells contribute to wound healing/closure in the ear

We generated a through-and-through 2-mm biopsy punch at the centre of the mouse ear pinna to
investigate the responsiveness of Hicl-expressing MPs to acute injury and their contribution to ear wound
healing (Figure 6.2a). The ear pinna offers an interesting system for studying regeneration in mammals
because it involves the coordinated remodelling of tissues from different germ layers, including the
epidermis, dermis, nerves, skeletal muscle, blood vessels and cartilage (Maden and Varholick, 2020). While
the outer ear shares similarities with skin tissue, wherein the contribution of Hic/-expressing MPs to neo-
dermis and hair follicle formation has been characterized post-injury (Abbasi et al., 2020), the presence of
cartilage in the ear introduces an extra layer of complexity not found in skin. As expected, Hicl"**R?;
R26'Tm3° (Hic1) mice displayed limited repair following traumatic injury to the ear pinnae. The ear hole
reached maximal closure at 3-wpi, followed by a slight increase in hole area to 1.7 = 0.63 mm? by 8-wpi
(Figure 6.2b). Histological analysis revealed re-epithelization of wound edge by 1-wpi, but minimal

restoration of tissue architecture beyond the original excision plane at later time points, despite the habitual
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formation of small cartilage condensations beyond the native cartilage (Figure 6.2c). Hicl lineage-traced
progeny was visualized throughout the area of cell expansion (blastema-like area) ahead of the excision
plane but beneath the wound edge epidermis (Figures 6.2d,e; S6.4a). This pattern was shown to persist at

+tve

later time points and importantly, tdT ™ cells rarely contributed to cartilaginous elements (Figure 6.2f,g).
Proliferative cells (Ki67 ) were scarce and mainly restricted proximally to the wound epidermis at 1-wpi,
with no proliferating cells being observed beneath the epidermal layer at later stages (Figure 6.2d, S6.4c¢).
Conversely, widespread alpha-smooth muscle actin (aSMA) expression was identified towards the leading
edge of the wound encompassing dermal and epidermal tissues at early time points (Figure 6.2¢). This
phenotype evolved over time, and by 8-wpi, aSMA expression was notably increased in the epidermis

(Figures 6.2¢, S6.4d), indicative of fibrotic healing. These findings indicate that Hic/-lineage participate in

ear wound tissue repair and reinforce their regionalised expression in the ear pinna tissue.

6.4.3. Perturbation of cell cycle machinery in Hicl+ve cells alters ear wound healing outcomes

Since Hicl is a regulator of quiescent phenotype in adult mice (Scott et al., 2019), we hypothesized that
dysregulation of the cell cycle within these quiescent progenitors prior to injury could impact their response
and may predispose them to tissue regeneration vs. repair. Cell cycle regulators, such as cyclin D1 and
E2F1, are among previously identified HIC1 target genes, which demonstrate a mechanistic relationship
between these Hicl-lineage traced cells and cell cycle regulation (Rood and Leprince, 2013). To direct the

] +ve

expression of E2F1 to HiclI™ cells, we generated a transgenic mouse for conditional overexpression of
E2F1 (Figure S6.1) and bred it to Hicl“***™?; R26'Tm%° mijce. gPCR-based detection of the transgenic
allele and relative E2fl mRNA production in Hicl- and Hic1**!-derived cells post in vitro or in vivo
induced recombination are included in Figure S6.1. An approximate 1.49-fold increase in £2f1 expression
was observed after lentiviral Cre recombination, while synovium- and bone marrow-derived cells from
40HT induced Hicl®" mice demonstrated approximately 1.7- and 1.46-fold increases, respectively.

1E2F1

Injuries (2 mm) in Hic mice demonstrated a faster rate of healing compared to Hicl mice, and resulted

132



in a smaller residual wound area (Figure 6.2b,c). By 1-wpi, the mean wound area in Hic1"*!

ears was
comparable to the maximum wound closure observed in the Hicl group (Figure 6.2b). The mean wound
area was over two times smaller compared to the Hicl mice by 3-wpi and remained unchanged at later
stages. After re-epithelization in Hic1**"! mice, a thickening of the distal epidermis was noted that subsided
over time. Furthermore, the presence of blastema-like cell condensations and noticeable chondrogenesis

was observed at 4- and 8-wpi (Figure 6.2¢). Immunofluorescence imaging was used to locate Hicl-lineage

cells across time points and assess the contribution of proliferation and fibrosis to the enhanced ear wound

1E2F1 1E2F1

healing observed in Hic mice. Analogous to Hicl mice, tdT expression in Hic uninjured ears was

+ve

found underlying the epithelium and lining the auricular cartilage, and an accumulation of tdT*° cells was
observed in wounded ears at the front edge of the excision plane (Figures 6.2d,e, S6.4a). Interestingly, at
1-wpi widespread proliferation (Ki67°) was identified within and underlying the distal epithelium in
Hic1""! mice. Proliferation was reduced at later time-points, approximating patterns seen in uninjured ears

(Figures 6.2d, S6.4c). Moreover, amplification of aSMA expression observed in Hic1®*!

ear up to 2-wpi
notably reduced in subsequent time points (Figure 6.2e, S6.4d-¢). It is important to recognize that Hicl-
lineage demonstrated minimal contribution to newly formed cartilage tissue, whether in the typical healing

process showcased by Hicl mice (Figure 6.2.g) or in the context of accelerated and superior chondrogenic

regeneration seen in Hic1¥%! ear (Figure 6.2h).

133



a Hf‘Cl Cre£RT2: R DGt Tomato [} Hic1CreeRrT2; R 2t Tomata | Hic1¢reeR12; R 2GtTomato; R 2 GF2F1
Hic1Cresr1z; R 2 aromata - RDGET

Tam(5x) Injury Harvest
TyvYYy Y ‘ + + +
Age 8-9w
Time (wpi) 1 2 3 4 6 8
[ S
J L Measure
2nmm
4q
* x * - =

w
n

Ear wound area (mml)
i i

0 - - v r -
1 2 3 4 6 8
Time (wpi)
d Hic1CeeRT2; R 26 Tomsto tdTomato  Kis7 \ Hic1e=72, R26tmemate R 26677 [BEYEN tdTomato  Ki67 \

Uninjured

Jwpi
1100 03ewoLp)

4wpi
) T
2
7
&
O-Jes

Bwpi

[1ava]

Hic1e=eriz; p2gememae - [BENIY  tdTomato  aSMA Hiciereerre R2gummae g26527  [BENI)  tdTomato  aSMA

o

Uninjured
olewaLp

11 10D

1wpi

2wpi

[1ava]

dwpi

~
g
g
3
=
g

Bwpi
102

Figure 6.2. Hicl-expressing cells and their progeny participate in ear wound healing. (a) Experimental
timeline for tdT labelling of Hicl progenitors in adult mice and subsequent lineage-tracing and healing

assessment after 2-mm ear wound injury (b) Quantification of ear hole closure over time between
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Hicl*®2, R26"Tom (Hicl) and Hicl“***2;R26T°™*:R265*! (Hic1®*"") mice. Data represent mean +
SEM (n = 12 Hicl, n =14 Hic1**'), ANOVA with Bonferroni post hoc, *p < 0.01, **p < 0.001 (c) Images
of ears are from a single specimen representative of the average ear wound closure progression observed in
Hicl and Hicl®™"' mice, wherein dashed circle demarcates initial wound size (2-mm in diameter).
Histological examination of mid-injury section using Safranin-O/Fast-green staining demonstrate that
accelerated wound closure in Hic1®**! mice was also associated with improved tissue remodelling and neo-
cartilage formation. Scale bars, 200 um. Arrows indicate the excision planes. Representative image of
uninjured and unilateral mid-injury region for (d) Ki67 and I alpha-smooth muscle actin (aSMA).
Considering the area ahead of the excision plane (arrowheads), proliferating cells (Ki67™%) were
predominantly confined to the epidermis (region between solid lines) in both Hicl and Hic1**"! groups,
with apparent transient increase in the dermis of Hic1®**! at 1wpi. Conversely, aSMA expression was
identified in both epidermis and underlying blastema-like structure in all groups at early timepoints and
was shown to persist in the epidermis of Hicl mice by 8-wpi, indicative of scarring. Scale bars, 200 pm.
(d-e) Lineage-tracing at different healing stages demonstrate mobilization of Hicl" MPs to leading edge of
injury in both strains, however, overlap with chondrogenic marker (type II Collagen — Col II), which is
absent in (f) uninjured ear auricular cartilage, is rarely observed in (g-h) new cartilage condensations at 8-
wpi (yellow arrowheads). Scale bars 100 pm. Nuclei counterstained with DAPI in all immunofluorescence

panels.

6.4.4. Hicl™ progenitors are mobilized in response to acute articular cartilage injury

Enhanced regenerative abilities can extend to other tissues, as shown in genetically modified or
naturally occurring organisms (Chadwick et al., 2007; Fitzgerald, 2017; Maden and Varholick, 2020; Seifert
et al., 2012). Moreover, a strong genetic component has been observed between auricular and articular
cartilage regenerative phenotypes, or lack thereof (Rai et al., 2012). Given the enhanced auricular cartilage

15! mice, we speculated that their articular cartilage healing

regenerative capacity observed in Hic
response could also be impacted. To test this, a full-thickness cartilage defect (FTCD) was generated in the
trochlear groove of mice (Fitzgerald et al., 2008; Jablonski et al., 2021; Mak et al., 2016) 1-week after
40HT injection (week 0), and monitored the injury repair up to 8-wpi (Figure 6.3a). A significant difference

in cartilage healing score and remodelled tissue at the site of injury was observed between strains (Figure
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6.3b,c). Hicl mice demonstrated modest healing, illustrated by the formation of a thin layer of fibro-like
cartilage tissue at 8-wpi, with absence of proteoglycan (safranin-O) and type II collagen matrix staining at
defect site (Figure 6.3b,d). In contrast, injury repair qualitatively improved over time in Hicl1®*"! mice,
displaying increased proteoglycan staining also associated with ECM-appropriate type II collagen
expression (Figure 6.3b,e) resembling the pattern seen in adjacent intact tissue, as well as in uninjured
native articular cartilage, wherein uniform type II collagen staining was observed in both Hic1 and Hic1%*"!
mice (Figure 6.3d,e). Of note, the abnormal subchondral bone remodelling observed in Hic1**! was not
fibrotic in nature, displaying minimal aSMA™ cells (Figure 6.3f). Importantly, inducing E2F1

overexpression in chondrocytes does not replicate the enhanced regenerative outcome post-FTCD observed

in Hic1®*! mice (Figure S6.5). Taken together, these findings suggest a role for Hicl-lineage in shaping
different healing abilities in knee cartilage and further support the idea of a common genetic basis of ear

wound healing and articular cartilage regeneration.
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Figure 6.3. Articular cartilage healing after FTCD. (a) Experimental timeline of 4OHT administration,
full-thickness cartilage defect (FTCD) in the femoral trochlear groove 1-week after 4OHT (week 0) and
assessment of healing response at four different endpoints post-FTCD. (b) Safranin-O/fast-green staining
at defect site across time points demonstrating differences in quality of resulting repaired tissue between
strains. Area between brackets corresponding to section on images (d) and 1. Scale bars, 100 um. (c)
Enhanced regeneration in Hic1®%"! articular cartilage was also reflected on cartilage healing scores for 4-
wpi and 8-wpi. Data represented as mean + SD (n = 5/group), Student ¢ test with Bonferroni post hoc, *p <
0.05, ** p < 0.01. Articular cartilage ECM collagen type II staining in (d) Hicl and Hic1**"'mice was
homogeneous and comparable in uninjured trochlea; and co-localized with enhanced safranin-O staining
seen at 4-wpi and 8-wpi in Hic1®*! repaired tissue, while absent from fibro-like cartilage tissue formed at

+tve

Hicl mouse injury site, with tdT™° cells (yellow arrowheads), Scale bars, 100 um. (f) Subchondral bone

1E2F1

remodelling observed in Hic was not associated with aSMA ™ fibrotic expression. Scale bars,100 pm.

Nuclei counterstained with DAPI in all immunofluorescence images.

6.4.5. Hicl-lineage recruitment to defect site and contribution to repaired tissues

+tve

In both mouse strains, tdT ™ cells were observed within bone marrow cavity and synovium post-FTCD
and although their relative abundancy appear to change across timepoints, particularly in the synovium
(Figure S6.6a), the overall localization of the cells within the knee joint compartment does not (Figures
6.3a, 6.4a,c). Also, a similar distribution pattern post-FTCD was observed compared to uninjured knee
joints. Interestingly, by 8-wpi, a limited number of Hicl-lineage cells were present adjacent to or within
the fibrocartilage-like tissue formed at the trochlea defect in Hicl mice (Figures 6.3d, 6.4c, S6.6a),

furthermore, the progeny of this lineage was not observed in the cartilage-like tissue formed in Hicl*"!

mice (Figures 6.3e, 6.4¢). Activation and expansion of Hicl ™

MPs and other cells in general in response
to injury is a hallmark of healing processes, therefore we carried out immunofluorescence staining for Ki67
and EdU incorporation to assess the cell proliferation within and surrounding the defect site. At early time
points both mouse strains demonstrated little actively proliferating cells (Ki67 ") at or adjacent to the defect
site, with positive cells primarily observed within the bone marrow (Figure 6.4a). EAU™ cells were

1E2Fl

observed in both strains by 8-wpi and were found to be enriched in the synovium of Hic mice, which
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also contained label-retaining cells within the defect site (Figures 6.4b, S6.6b-c). At 1-wpi, there was no
discernible difference in aSMA expression between uninjured knee joints of Hicl or Hic1**! mice (Figure
S6.7), therefore this marker was not examined in further detail. Taken together, these results show that the
overexpression of E2F1 in the Hicl-lineage cells act on other (e.g., Hicl™ lineages) to influence repair,

and only appear to take on a fibro-like phenotype within the knee joint microenvironment.
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safranin-O and corresponding immunofluorescence for tdT and EdU (proliferation marker) in uninjured
and injured knee joints for Hicl (top panel) and Hic1*%"' (bottom panel) mice at 8-wpi. Scale bars, 100 pm
(n = 4/group). Arrowheads identify some of the EQU™ cells. Nuclei counterstained with DAPI in all

immunofluorescence images.

6.4.6. Cartilage biomechanical function is not restored despite improved structural morphology

To gain topographical information injured and uninjured (contralateral) femurs were scanned using 3D
X-ray microscopy (XRM) and structural properties were quantified at the injury site (or corresponding area
in uninjured trochlea) within a standardized region of interest (Figure 6.5a-c). Representative cartilage
thickness heat maps highlight the homogenous distribution of cartilage thickness within uninjured trochlea
(Figure 6.5a), with a low surface-area-to-volume-ratio on average (Figure 6.5.c) indicative of surface
regularity and comparable mean thickness between strains being observed (Figure 6.5b). As expected,
through the course of healing variations in the morphology of the soft tissue being formed at the defect site
contributed to further decrease on average thickness and a corresponding increase in tissue irregularity in
the region of interest for up to 4-wpi. However, by 8-wpi, the repaired tissue observed within the defect site

differed structurally between Hicl and Hicl®*!

mice. Thinner cartilage in Hicl mice conferred a larger
ratio of surface area-to-volume (Figure 6.5b,c). These results support our histological findings (Figure 6.3b)
suggesting enhanced articular cartilage repair in Hic1®*"' mice compared to controls. To determine to which
extent the superior structural/compositional repair translate into proper function, comparative

biomechanical assessment of the repaired tissue area in Hicl and Hic1"*!

mice was assayed via indentation
(Figure 6.5d). Mapping of biomechanical parameters allowed regional differences between mid-injury and
peripheral area to be visualized (Figure 6.5¢). At 8-wpi, the mid-injury area in Hicl mice repaired tissue
was stiffer (red), requiring longer times to relax and residual forces remained high at equilibrium compared
to uninjured trochlea and/or undamaged tissue surrounding the FTCD. In contrast, Hic1®*! displayed

reduced structural stiffness and load at equilibrium (shades of blue). Quantitatively, only mid-injury mean

structural stiffness significantly differed between Hicl and Hic1**' mice, being stiffer for the former;
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however, compared to uninjured trochlea cartilage, repaired tissue yielded inferior compressive stiffness in

both strains post-injury (Table 6.1).
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Figure 6.5. Evaluation of morphology and mechanical properties of repaired tissue. (a) Representative
XRM images of uninjured and injured trochlear grooves, including 3D volume renderings and respective
mid-injury cross-sections (2D), as well as corresponding representative cartilage thickness heat maps.
FTCD location within brackets (3D) or indicated by arrowhead (2D). Scale bars, 500 um; 100 pm.
Quantification of (b) cartilage thickness (Cg. Th) and (c¢) surface area to volume ratio (Cg.S/Cg.V), n =
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S/group, * p < 0.05 ,*** p <0.001. (d,e) Biomechanical function was measured by microscale indentation
at 20 um depth from nine positions in the trochlear groove. (d) Schematic shows testing chamber filled with
PBS where samples were affixed to a custom sample holder for testing, having the first position of
measurement centred at the defect site. Representative uninjured and injured trochlea at 8-wpi and
respective mapping obtained for structural stiffness (N/mm), relaxation time (s) and residual force at

equilibrium (N). Scale bars, 50 pm.

Table 6.1. Comparison between groups for mean values of structural stiffness (SS: N/mm), relaxation
time (Rt: s) and residual force after 120 s relaxation (Feq: N) for uninjured and injured hindlimb
trochlear groove (TG) (n = 5/group; ANOVA with Bonferroni correction,* p < 0.05). Pairwise
comparison between genotypes for trochlea groove region, and mid-injury and periphery sub-regions (n =

S/group; Student ¢ test with Bonferroni correction, ¢ p < 0.05).

Hicl Hic1E2F!
Region SS (N/mm) Rt (s) Feq (N) SS (N/mm) Rt (s) Feq (N)
TG Uninj. 84+1.50* 1.9+0.04 0.06 £0.021 87+1.1° 20+£0.12  0.07£0.02
TG Inj. 6.2+£0.98* 22+042 0.06 £0.019 6.1£0.60° 20+£027 0.05+0.011
Mid-injury  9.1+2.42¢ 4.1+£3.69 0.11 £0.060 443+£271¢ 28+221 0.04+0.041
Periphery 6.0+0.80 2.0+£0.16 0.05+£0.016 6.3 +£0.69 1.9+0.03 0.06+0.013
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6.5. Discussion

Tissue regeneration is a complex trait, and the inability of adult mammals to endogenously regenerate
cartilage presents considerable clinical challenges (Muthu et al., 2023). Leveraging off previous studies
(Abbasi et al., 2020; Arostegui et al., 2022; Scott et al., 2019; Soliman et al., 2020) demonstrating that Hicl
expression marks a unique cohort of progenitor cells in embryonic and adult tissues with mesenchymal
lineage potential, we explored the role of these cells in the maintenance and repair/healing processes of
cartilaginous tissues. I have demonstrated that even though HicI™ cells do not reside in auricular or
articular cartilage in adult mice, cells of the Hic/-lineage can influence healing outcomes following injury

of these typically regenerative-incompetent tissues.

Within the ear, Hicl™* lineage-traced cells were primarily observed within the dermis and lining the
auricular cartilage in the ear pinnae. The limited ear wound closure in Hicl mice aligns with previous
findings in non-regenerative strains, in which it has been suggested that a short-lived regenerative response
and tissue outgrowth leads to the formation of a few cartilage condensations distal to the injury site
(Gawriluk et al., 2016; Rajnoch et al., 2003). Despite changes in the relative abundancy of Hicl-lineage in
response to injury and accompanying the transient tissue outgrowth, these cells rarely contributed to
cartilage condensations formed in Hicl ear wound healing and this finding will be discussed in more detail

below.

Interestingly, E2F1 overexpression in the Hic! lineage resulted in accelerated closure rate and improved
ear wound healing. These results are in keeping with previous research involving dermal tissue (skin),
wherein wound-activated HicI ™™ MPs have the potential to enhance dermal regeneration (Abbasi et al.,
2020). Although Hicl®**! wound healing led to superior chondrogenic regeneration, Hicl-lineage
demonstrated minimal contribution to newly formed cartilage, as seen in Hicl mice. Yet, Hicl-progeny
was abundantly present at the leading edge of the ear wound, migrating under the new epithelium and
encircling cartilaginous condensations. Although intriguing, this phenomenon is reminiscent of Hicl-

lineage behaviour recently described in embryonic appendicular development (Arostegui et al., 2022).
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Lineage-tracing experiment utilizing the same Hicl-tdtomato reporter strain employed here denoted the

+tve

migratory ability of Hicl cells during limb bud outgrowth, showing tdT " cells localize to the mesenchyme
underlying the epithelium, delineating but not directly contributing to chondrogenic anlagen. Thus, Hicl-
lineage appears to create a conducive environment to promote cartilage induction and/or regeneration. This
does beg the question, however, of what cells are responsible for the newly regenerated cartilage tissue.

Unfortunately, there is no definitive evidence of any particular cell population being responsible for

endogenous cartilage regeneration.

The presence of blastema-like characteristics in the process of ear hole closure in healer mouse strains,
such as MRL/MpJ and Spiny mouse (Acomys) (Clark et al., 1998; Seifert et al., 2012), suggests that there
are common mechanisms and cellular processes at play in both limb regeneration in amphibians and tissue
repair in mammals (Zhang et al., 2015). During limb development, reciprocal interaction between apical
ectodermal ridge (AER) and underlying undifferentiated mesenchyme signaling centers is believed to
contribute to outgrowth and patterning of the limb (Globus et al., 1980). This phenomenon has been
proposed to create a conducive environment for maintenance of a blastem-like structure, a mass of
undifferentiated progenitor cells distal to the excision plane, which favours tissue regeneration (Rajnoch et
al., 2003; Seifert et al., 2012). Hic1¥%"! mice ear wound healing process mirrored that of healer strains, such
as MRL/MpJ, characterized by a rapid process of re-epithelialisation associated with increased proliferation

and thickening of epidermis (Clark et al., 1998; Rajnoch et al., 2003).

In the knee joint, under homeostatic conditions, Hicl™*

cells and their progeny were observed in the
synovium, fat pad and subchondral bone marrow. Following FTCD, apparent activation and expansion was
observed in the synovium in both Hicl and Hicl®"' mice, but notably a direct contribution was only
observed in the fibro-like cartilage formed in regenerative-incompetent Hicl mice. Experimental studies
and clinical practice suggest that fibro-like cartilage, formed in response to osteochondral injuries or

through microfracture (marrow-stimulating) surgical interventions, originates from bone-marrow derived

cells. However, to the best of my knowledge, the precise lineage of these fibro-cartilage producing cells
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remains unknown. My data would suggest that at least a sub-population of the cells contributing to fibro-
like cartilage are derived from the Hicl-lineage; however, any of the tissues harbouring Hicl ™ cells could
be providing the fibro-cartilage generating cells. For instance, migration from synovial cells to injury site
have been previously described (Hunziker and Rosenberg, 1996), and it is plausible that the release of
signaling factors made possible by penetrating the subchondral bone prompts migration and contribution
to the healing process. Without markers to identify tissue-specific MP subpopulations, it becomes

challenging to pinpoint the specific source of these cells.

Another point to consider is the enhanced repair of articular cartilage in Hic1®"', albeit with limited
functional restoration (biomechanical properties), likely correlated with the altered subchondral bone
formation observed. Given the absence of HicI-lineage cells on the neo-formed cartilage, it could be argued
that the most likely candidates are chondrocytes themselves; however, if this was the case then we would
have expected to see more cartilage regeneration when E2F1 was overexpressed in the Col2™ mice. One
hypothesis would be synovial crosstalk, whereby FTCD triggers a response from synovial progenitor cells
that in turn influence the repair process and fate decisions (Chau et al., 2022). Notably, synovial hyperplasia
is a hallmark of injury response (Roelofs et al., 2017) and the role of synovial cells in regulating the joint
microenvironment in injury and disease, or as a pool for mesenchymal progenitors has garnered significant

attention in recent years (Chau et al., 2022; Collins et al., 2023).

The intriguing regenerative effect of E2F1 expression in Hicl™®

cells raises the question about the
mechanism of this activity. Apart from its crucial involvement in cell cycle (G1/S transition), E2F1 has also
been implicated in apoptosis and differentiation processes (Chen et al., 2009; Ertosun et al., 2016; Shats et
al., 2017). In addition to the direct influence of E2F1 on expression and activation of HIC1 (Jenal et al.,
2009), there is a feedback regulatory loop with HIC1 (Van Rechem et al., 2010). Further research is required

to elucidate the molecular mechanism by which inducing E2F1 expression solely in Hicl cells is able to

drive a superior healing phenotype within these tissues and whether there are tissue-specific differences.
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Furthermore, our fundamental lack of understanding of what cells contribute to wound healing
processes in cartilaginous tissues (Muthu et al., 2023) emphasizes the importance of understanding the role
of Hicl-lineage cells in the intricate process of tissue repair and regeneration, and notably their contribution

to fibro-like phenotype in articular cartilage.
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6.8. Supplementary information
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Figure S6.1. Generation of E2F1 over-expressing transgenic mice. (a) Overview of the Rosa26“*%+2!
knock-in allele (b,c) Genotyping performed to confirm mice were homozygous for transgenic allele (d)
Relative E2f] mRNA levels in expanded bone marrow cells derived from Hicl“***"?:R26"™" (Hicl),
Hic*ER2. R gTomato. RD6E2FT (Hic1®* 1), and R26““SF2! (E2F1) mice after in vitro Cre lentiviral
transduction (n = 6/group). Statistical significance was determined by ANOVA with Bonferroni post-hoc,
*#%k% p <0.0001. Relative mRNA E2f] increase were also similar in cells derived from (e) bone marrow
(n = 4/group) and (f) synovium tissues (n = 3/group) after in vivo 4OHT-induced recombination.

Comparison between genotypes in (¢) and (f) was performed using Student's #-test, * p < 0.05.
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Figure S6.2. Ear tissue immunofluorescence imaging analysis and quantification. Representative

images of immunofluorescence imaging of injured ear 1-wpi (Hic1**") with contouring of front edge of
injury — epidermis (yellow) and non-epidermis (green) regions of interest - and corresponding gating
strategy, wherein detected DAPI-positive nuclei and cells co-expressing fluorescence markers of interest

were quantified for tdtomato (Dy555) and Ki67 (AF647).
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Figure S6.3. Knee joint immunofluorescence imaging analysis and quantification. Representative

images of immunofluorescence imaging of uninjured knee joint and injured trochlea groove at 8-wpi

(FTCD), with contouring of femur/defect site (yellow) and synovium (green) regions of interest - and their

corresponding gating strategy, wherein detected DAPI-positive nuclei and cells co-expressing fluorescence

markers of interest were quantified, as exemplified here for tdTomato (Dy555).
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Figure S6.4. Hicl-lineage recruitment and contribution to ear tissue outgrowth after injury. (a)
Immunofluorescence quantification in uninjured and injured ear pinnae demonstrate Hicl-lineage (tdT™°)
is enriched in non-epidermis in both Hicl and Hic1®' mice, with few to no Hicl-derived progeny
identified on epidermal tissue. Proliferative cells (Ki67™°) were confined to the (b) epidermis and (c) slight
increase seen in Hic1®*'outgrowing non-epidermal tissue within 1- to 2-wpi was not associated to an
expansion of the Hicl-lineage (tdT**). Interestingly, Hic1**"' mice displayed a transient increase in aSMA
expression in both (d) epidermal and (e) non-epidermal tissues, while Hicl mouse injured ears kept an

elevated aSMA expression in its epidermis. Average percentage (%) of DAPI™ -cells + SD (n = 3-6

mice/group, 2-3 sections/mouse).
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Figure S6.5. Col2aCre; R26%*F! are unable to regenerate articular cartilage after FTCD. Unlike Hicl-
lineage cells, E2F1 overexpression in Col2a-expressing cells (n = 5) did not improve healing outcomes, as
demonstrated by (a) Safranin-O/Fast-green staining and (b) cartilage healing scores (Fitzgerald et al., 2008)

obtained 4-weeks post-FTCD. Despite not being a tamoxifen-inducible transgenic, Col2a“"; R26%*"!

was
subjected to the same 4OHT protocol as Hicl and Hic1**! mice prior to injury to avoid any estrogen-related
effects that could cofound healing outcomes. Scale bars, 100 um. Comparison between genotypes in was

performed using one-way ANOVA, * p <0.05 ** p <0.01.
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Figure S6.6. Hicl-lineage recruitment and response to injury after FTCD. (a) Immunofluorescence
quantification demonstrate Hicl-lineage (tdT"°) is enriched in the synovium of both Hicl and Hic1®*"!
uninjured trochlea groove, with Hicl-derived progeny being sustained in Hicl synovium and decreasing in

Hic1®*"! by 8-wpi. (b-c) EdU-labelling showing retention of dye in injured Hic1®*'

synovium at 8-wpi,
particularly in the synovium region. Average percentage (%) of DAPI™ cells = SD (n = 3-6 mice/group,

2-3 sections/mouse).

Il  tdTomato  aSMA Hic1CreerT2: R 2GtTomato R DGEFT DIl tdTomato aSMA
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Figure S6.7. Characterization of aSMA expression after FTCD. Immunofluorescence staining with
oSMA on uninjured and 1-wpi knee joints for Hicl and Hicl1®*"' mice. FTCD area identified between

brackets, tdT™* cells (yellow arrowheads). Scale bars, 100 pum.
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Chapter Seven: Discussion and Future Directions
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7.1. Overview

The knee joint comprises living structural tissues which can, to a certain extent, adapt their form and
composition to meet functional demands. Failure to adapt or overuse, however, can lead to irreversible
injury/degeneration and, consequently, joint failure. Using various murine models, the work presented in
this dissertation explored how cartilage tissue homeostasis and function are maintained in health and
changed in response to different stressors, as well as the contribution of a recently preconized MP lineage
to tissue repair in cartilaginous tissues, providing new insights into adaptative and maladaptive

(pathological) remodelling.

In Chapter 4, we developed a novel mouse model of non-surgically induced chondrocyte depletion,
wherein mice expressing Cre recombinase under the aggrecan gene promoter (4canCre®*™?) drove inducible
expression of diphtheria toxin (DTA), to understand the role of chondrocyte death on cartilage maintenance
and degeneration. Despite the importance of chondrocytes in maintaining cartilage health, this work
demonstrated that acute chondrocyte death in adult cartilage disrupts tissue homeostasis, without visible
compromise of cartilage surface integrity or the development of OA-like symptoms. Moreover, focal areas
devoid of chondrocytes did not repopulate after genetically induced cell depletion, suggesting an adaptive

but non-regenerative response from surviving cells.

In Chapter 5, we focused on investigating the impact of Prg4 loss-of function on joint morphology and
cartilage health in the distal femur. While landmark-based geometric morphometrics is a well stablished
approach for the study of shape variation in evolutionary biology, its intersection with biomechanics in this
study, to describe and quantitatively capture structural deformations in a meaningful way, is unique. The
2D (histological) and 3D (XRM imaging) joint abnormalities and micro-environmental constraints
observed in Prg4” mice joint likely contribute to altered mechanical loading in addition to abnormal
biomechanical properties, contributing to degradation of articular cartilage over time. Overall, this study
provides new insights on the intricate relationship between Prg4 loss-of-function, joint morphology,

cartilage health and function.
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I cells, a new cohort

In Chapter 6, we utilized a lineage-tracing approach to investigate the role of Hic
of tissue-resident quiescent mesenchymal progenitors, in the maintenance and healing processes of two
distinct cartilaginous tissues (ear and knee) with similar regenerative limitations. The findings from this
study indicate Hicl-progeny can assume a fibro-like phenotype leading to scarring, and intriguingly that
the manipulation of E2F1 expression in Hicl cells and progeny positively impacts wound closure and
articular cartilage regeneration, albeit with minimal (if any) direct contribution of Hicl-progeny to neo-
chondrogenesis. Collectively, this suggests that Hicl-lineage cells might influence repair in other cell
populations (e.g., Hicl-lineages) to promote healing. On the other hand, these Hicl-lineage cells may play

arole in the failure of natural regeneration in cartilage. This study provided valuable insights and may hold

promising implications for advancing therapeutic targets to enhance cartilage tissue repair.

7.2. Significance

7.2.1. Cartilage degeneration vs. regeneration

The ECM serves as a crucial microenvironment that guides and influences tissue repair and
remodelling. Mechanotransduction, a process by which cells sense and respond to mechanical cues from
their surrounding ECM, has significant implications for chondrocyte phenotype and viability. Under normal
physiological conditions and in disease states, cellular responses influence ECM remodelling dynamics and
the ECM, in turn, drives changes in cell behaviour (reviewed in Gilbert et al., 2021). In cartilage, a delicate
balance exists between the synthesis and degradation of matrix proteins, such as ACAN and type II
collagen, and this is key to maintaining cartilage's mechanical properties and function. Interestingly, even
under physiological conditions, the turnover rate of ECM constituents is quite distinct. For example, ACAN
turnover rates (weeks/months) are orders of magnitude greater than type II collagen (years/decades)
(Heinemeier et al., 2016; Maroudas et al., 1998). Therefore, increased degradation or reduced synthesis of
ACAN can disrupt tissue balance and impair the load-bearing capabilities of this composite tissue, leading
to further compromise of the matrix. However, it also offers a higher likelihood of restoration of
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expression/function after damage through an anabolic response (Karsdal et al., 2008). In contrast, type 11
collagen turnover is limited in healthy cartilage and osteoarthritic joints (Heinemeier et al., 2016). While
the former likely contributes to the long-term stability of the tissue, it also implies that damaged or degraded
collagen is not easily replaced. Considering the mechanically demanding environment of synovial joints,

this phenomenon likely contributes to poor tissue regeneration.

In Chapter 4, the loss of chondrocytes due to induced expression of DTA triggers an adaptative
remodelling process that preserves collagen structure and does not lead to a degenerative phenotype. This
remodelling involved transient upregulation of catabolic enzymes, changes in biomechanical stiffness
distribution in femoral condyles, and reduced proteoglycan (safranin-O staining) at earlier stages, followed
by compensatory, albeit incomplete recovery at later time points. In this context, increased expression of
ADAMTSS (main proteoglycan protease) may not be associated with a degenerative phenotype, but rather,
it is part of the tissue response to non-homeostatic conditions which may lead to tissue damage in the case
of sustained expression (Li and Xu, 2015). Therefore, the dual role of ADAMTSS (remodelling vs.
degeneration) is context-dependent and likely influenced by the microenvironment through synovial
inflammation (Sanchez-Lopez et al., 2022). In Prg4” mice, cartilage structure and composition changes, as
highlighted in Chapter 5 and in published literature (Coles et al., 2010; Karamchedu et al., 2016). These
changes lead to a maladaptive remodelling predisposing the cartilage in these mice to pathological
degeneration. For example, chondrocyte apoptosis in Prg4” cartilage increases due to excessive
deformation and shear stress (Waller et al., 2013). It is plausible that the changes in anatomy and geometry
revealed in my thesis also impact load distribution in the knee joint, further impacting chondrocyte
metabolism and synthesis and ultimately contributing to tissue degeneration. Within the context of tissue
repair (Chapter 6), the differences in healing outcomes between strains in both the ear and knee joint could
have also been influenced by ECM deposition and remodelling. During ear wound healing, the deposition
of collagens and other ECM components differs between regenerating and non-regenerating (scar-forming)

species (Gawriluk et al., 2016). Additionally, ECM can act as a physical cue for cell migration, while its
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stiffness can alter cellular behaviour and fate, including MPCs differentiation and chondrogenic potential
(Van Helvert et al., 2018; Zhou et al., 2022). In the context of ear wound healing, HicI-lineage cells were
shown to play a role in promoting wound closure and cartilage regeneration despite limited direct
contribution to the formation of new cartilage tissue. Perhaps the Hic/-lineage plays an active role in ECM
deposition, influencing cell migration and tissue remodelling, and E2F1 could have prolonged activation of
Hicl cells, promoting tissue outgrowth and the structural foundation/microenvironment favouring
chondrogenesis vs. scar. In the context of the osteochondral injury, altered bone remodelling in Hic1*"!

mice underlying the FTCD might have also biased cell differentiation towards enhanced chondrogenesis

by providing a different basement matrix composition and stiffness.

As stated before, chondrocytes are the primary mediators of ECM deposition and remodelling in
articular cartilage. Despite the essential role of chondrocytes in tissue maintenance and homeostatic
remodelling, Chapter 4 demonstrates that a 50% depletion in their numbers within mouse articular cartilage
is not a driver of spontaneous tissue degeneration (e.g., in the absence of traumatic injury) within an
otherwise permissive environment. However, the generalisability of these results is also subject to species-
specific variations. Mature articular cartilage in humans and mice has a similar composition and overall
structural arrangement but differs significantly regarding thickness and cellularity. Human knee articular
cartilage is approximately 2 mm thick (Hunziker et al., 2002), making the characteristic zonal distribution
easily discernible. By contrast, mouse knee articular cartilage is thinner, ranging from 30-90 um on average,
depending on anatomical location (Malda et al., 2013; Olah et al., 2021). For instance, regional differences
between medial and lateral condyles are demonstrated in Chapter 3. Chondrocytes occupy about 20% of
the total tissue volume in murine articular cartilage, whereas human cartilage is sparsely populated (2-5%)
(Poole etal., 2001). It is therefore plausible that mouse articular cartilage possesses a certain level of cellular
redundancy that allows for greater tolerance to cell depletion compared to human articular cartilage.

Nonetheless, considering that some chondrocytes are inevitably lost during aging, we would speculate that
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all cartilage can withstand a certain degree of cell loss and that the levels of chondrocyte death typically

observed in post-traumatic joint injury or with aging is not the primary driver of OA.

Another aspect known to influence regenerative and degenerative response is the microenvironment.
Although this thesis primarily focuses on articular cartilage, as stated in the introductory Chapters 1 and 2,
OA is considered to be a whole-joint disease (Mimpen and Snelling, 2019) affecting structures other than
cartilage. Degeneration and injury to menisci has well known associations with knee OA (Englund et al.,
2012; Hunter et al., 2006). On Chapter 4, Acan-expressing cells could also be identified on menisci by
tdTomato expression 1-week after 4-OHT induced recombination. Although we did not conduct formal
quantification, it is probable that there was a reduction in the meniscal cell population, potentially resulting
in tissue-specific biochemical and functional alterations. Notably, the notable expression of ADAMTSS in
the menisci of DTA-mice at 9 weeks (as depicted in Figure 4.3) suggests a certain degree of tissue
disruption. However, similar to what was observed in the articular cartilage, this disturbance appeared to
be temporary. Another structure known to play a critical role in joint and articular cartilage health and
disease is the synovial membrane (Bartok and Firestein, 2010; Levick and McDonald, 1995; Sellam and
Berenbaum, 2010; Smith, 2011). It would be, perhaps, narrowminded to believe that the synovium did not
participate to some extent in phenotypes and remodelling outcomes observed in the studies presented in

Chapter 4-6.

7.2.2.  Synovial crosstalk in health and disease

As presented in Chapter 2, the synovial membrane (i.e., synovium) forms the inner surface of the knee
joint capsule, facing the joint space. The synovial membrane comprises two layers — lining/intima and sub-
lining/subintima (Smith, 2011). In the intima layer, fibroblast-like synoviocytes (type B) and macrophage-
like synoviocytes (type A) coexist and are mainly responsible for the synthesis of synovial fluid, including

HA and PRG4 lubricating molecules and removal of waste/debris from the joint cavity. In contrast, the sub-
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lining contains various cell types including immune cells and blood and lymphatic vessels that facilitate the

transport of nutrients/waste products in and out of the joint (Bartok and Firestein, 2010).

The synovium continuously replenishes the synovial fluid, which is essential for joint lubrication, but
also supports nourishment of the avascular articular cartilage, transporting nutrients to and from the tissue
(Norkin and Levangie, 2011; Smith, 2011). Hence, synovial hyperplasia, characterized by an abnormal
increase in the number of synoviocytes, can significantly impact the health and function of the synovial
joint, even in the absence of inflammation, as seen in Chapter 5. Prg4 loss of function has multi-faceted
repercussions in the knee joint environment, including non-inflammatory synovial membrane thickening
as previously described (Marcelino et al., 1999; Rhee et al., 2005). The proliferation of synoviocytes
disrupts the balance of synovial fluid production in CACP patients, contributing to joint swelling and
causing discomfort and impaired mobility. Within the context of joint morphology, synovial hyperplasia
also imposes physical constraints altering joint alignment and function, consequently influencing load
distribution and these clinical observations provide strong rationale that the altered shape observed in the

Prg4”" femurs may be in part dictated by changes in the size/shape/stiffness of the joint synovium/capsule.

Synoviocytes also secrete cytokines and growth factors that can influence chondrocyte behavior and
ECM metabolism. In pathological conditions such as OA, synoviocytes can undergo phenotypic changes
similar to a myo-fibroblast-like behaviour and produce pro-inflammatory mediators contributing to joint
inflammation and cartilage degradation (Chou et al., 2020; Sanchez-Lopez et al., 2022). Similarly, it has
been recently proposed that the synovial microenvironment can modulate superficial articular cartilage
phenotype and inhibit hypertrophic differentiation (Chau et al., 2022). The intricate interplay between
synoviocytes and chondrocytes within the articular microenvironment and its effect on joint homeostasis
and pathophysiology is an expanding field of research. This enrichment of Hicl-lineage cells in the
synovium, both in a homeostatic/quiescent state and in response to injury, suggests they are involved in

tissue repair and regeneration processes. Further investigation into the specific phenotypic profile of Hicl-
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lineage in these processes may provide valuable insights for understanding the diverging healing outcomes

seen in Chapter 6.

7.2.3. Structural vs. functional regeneration

The overarching goal within the field of regenerative medicine is to stimulate the body's natural healing
mechanisms and encourage tissue regeneration. However, there is often a disconnect between pre-clinical
and clinical results and even desired outcomes in regenerative medicine. Here, the concepts of structural
and functional regeneration might be relevant. In pre-clinical studies, researchers often focus on assessing
structural regeneration, which involves restoring the anatomical components and organization of the
damaged tissue. These studies may show promising outcomes in terms of tissue repair, cellular
proliferation, and matrix formation; however, achieving structural regeneration alone may not guarantee
functional restoration of the tissue. While structural regeneration is crucial for tissue integrity, functional
regeneration is equally important to ensure the tissue can fulfill its intended biological functions. The
significance of distinguishing between these was highlighted in Chapter 6, wherein improvement of
articular cartilage's physical structure did not ensure its normal mechanical properties and load-bearing
capacity. While structural regeneration alone may visually appear to heal a tissue, it does not guarantee that
the tissue will perform its intended functions optimally. Functional assessment, either directly
(biomechanical testing) or indirectly (gait, stance), becomes critical in such cases to ensure the regenerated

cartilage can withstand mechanical stresses and function properly.

However, the ability to measure improvements in the quality and function of cartilage tissue in pre-
clinical models, whether within the context of chondroprotection (pre-clinical models of OA) or
regeneration (following cartilage injury) (summarized in Chapter 1) can only be as successful as the tools
employed for evaluation. The optimized microscale biomechanical assessment devised in this thesis and its
capability of providing relevant information on cartilage degeneration and regeneration reinforces the

importance of functional assessment in future studies. Perhaps another consideration here is the scale and
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type of testing. Atomic force microscopy (AFM), which is becoming more commonly employed, offers
high spatial resolution at a smaller scale. It has been shown useful in detecting early degenerative tissue
changes, occurring even before visible histological abnormalities being observed (Stolz et al., 2009). Yet,
considering the structural regeneration of cartilage following injury in Hic1%%*!, it is possible AFM localized
level evaluation would suggest a better functional restoration than evidenced by the larger scale indentation
performed here. Given that osteochondral integration and integration with native cartilage are paramount
for structural and functional regeneration, microscale indentation remains vital for understanding tissue
behavior over loading conditions. As a field, we currently have a much better idea of what constitutes a
good structural cartilage regeneration and how to determine it than we do functional regeneration. Overall,
addressing both aspects of regeneration (structural and functional) enhances our understanding of tissue

healing outcomes in pre-clinical models and the potential for successful clinical translation.

Combining different assay modalities is also advantageous in this scenario. Two-dimensional
histopathological assessment is a staple of cartilage biology research and an invaluable tool because it
allows for the characterization of changes in tissue structure and composition. However, histopathological
assessment is limited by its cross-sectional and qualitative nature, unable to comprehensively capture the
extent of structural changes and functional outcome per se. Aside from biomechanical testing, quantitative
characterizations like 3D imaging employed throughout my work largely complement histology by
providing relevant spatial information. In Chapter 6, it enabled a better understanding of the extent of
cartilage regeneration regarding the volume and distribution of the newly formed cartilage. In Chapter 5,
3D imaging volume renderings played a crucial role in visualizing and quantifying morphological changes,
such as cartilage thickness, femur shape, and overall geometry. Moreover, the demonstrated correlation
between imaging and regions of biomechanical degeneration in Prg4” mice suggests volume renderings

can aid in the assessment of structural/functional regeneration.
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7.3. Future directions

Through the synthesis of this thesis a number of interesting questions have arisen. In regards to Chapter
4: (1) Is there a threshold of chondrocyte loss required to initiate an irreversible degenerative cascade? (2)
How would an immediate 50% acute cell depletion compare to the gradual decline in cell numbers to 50%
loss observed at later time points in our study? (3) Would repetitive insults (e.g., repeated tamoxifen
treatments) amplify catabolic responses? These questions could be addressed by modulating the dose or
frequency of tamoxifen injections to increase yield and control the timing of Cre-recombination.
Furthermore, the applicability of this model system to explore the interaction of dysfunctional cells and
environmental factors in degenerative processes and OA onset and progression is intriguing. If cartilage
demise and OA development are driven by cell dysfunction, is cell depletion sufficient to effectively halt
tissue degradation and disrupt the detrimental interplay between cell-mediated catabolism and
inflammatory processes? Investigating chondrocyte depletion pre- and post-intervention (surgically or non-
surgically induced OA) in murine models would significantly advance our comprehension of the underlying

mechanisms driving tissue dysfunction.

During my PhD studies we have established a valuable collaboration with Dr Terence D. Capellini
(Harvard University), an expert in the field of evolutionary biology. Preliminary RNA sequencing analysis
of the articular cartilage from the trochlea and condyles of C57BL6 mice obtained at postnatal stages PO,
P30 and 1 year age revealed regional and temporal changes in Prg4 expression, suggesting a potential role
in the observed differential phenotypic changes on trochlear groove vs. condyles. Further exploration during
early postnatal stages, focused on dissecting the progressive changes in the different knee joint structures

might help pinpoint the main drivers of abnormal joint morphology.

Aside from quantification of immunofluorescence and colocalization of phenotypic markers, a logical
next step in the project presented in Chapter 6 would be to gain a better understanding of molecular events

1E2F1

and population heterogeneities related to Hic wound healing and enhanced articular cartilage

regenerative competence compared to scar-forming, or fibrocartilage response in Hicl-lineage from
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regenerative incompetent Hicl mouse. Single- cell RNA sequencing of Hic/-lineage isolated from ear and
knee joint tissues (synovium, bone marrow) would help characterize the nature of their transcriptome at
different time points post-injury, but also compare profiles pre-injury. By analyzing the cellular responses
at the single-cell level, we can identify key molecular signatures associated with regenerative competence
and better understand how Hicl influences these processes. Furthermore, conditional deletion of Hicl as
employed in previous studies, might provide some insights on the impact of Hic/ MPs on ear and knee joint

homeostasis and regeneration.

7.4. Limitations

While it is true that every scientific study will have its limitations, it is essential to recognize these and
understand how these could impact the findings of the experiments and overall conclusions. First, wewould
like to recognize a few technical limitations in this study. In terms of FTCD size and depth, the
reproducibility of trochlea injury is difficult to quantify, and this in itself could introduce variation that
could have impacted the semi-quantitative healing scores. To offset some of this variability, all surgical
procedures were performed by the same operator and our lab has demonstrated good reproducibility when
the protocol is followed (Mak et al., 2015). Regarding grading systems, it is also important to note that
cumulative scores were reported for both OARSI histopathology (cartilage degeneration) and FTCD
healing (cartilage repair/regeneration). Although examining individual scores from each weighted category
could have provided a deeper understanding of the nuanced differences between mouse strains
regenerative/degenerative outcomes in our studies, the relatively small sample size hindered comparison of
individual factors reliably. Nonetheless, the sample size of n > 4 independent animals used for each data
point collected for the various studies and experimental procedures here meets the threshold of most
research studies and was selected based on feasibility and the three R’s of animal experimentation
(eBioMedicine, 2022). While these sample sizes are not optimal for pairwise comparisons during the

geometric morphometric evaluations, restricting me to multiple comparisons for single linear
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measurements, morphometric analyses were still able to capture significant variations in shape and size

between genotypes, highlighting differences in morphology.

Regarding transgenic mice, since the Prg4” mouse we employed presents with global deletion of the
gene and complete loss of the protein, we were unable to separate the independent effects of Prg4 loss-of-
function on individual cellular cohorts and their contributions to the morphological phenotype we observed.
Future studies employing conditional gene deletion in individual joint-associated tissues, would help shed
light on their functional significance to the overall phenotype and determine which populations are acting
in cell autonomous vs. non-cell autonomous fashions. Additionally, while the inducible Cre-LoxP system
enabled me to permanently label Hicl-expressing cells and follow their progeny throughout aging and post-
injury, or selectively target depletion of Acan-expressing cells, it is important to consider that the efficiency
of promoter driven Cre recombination is not 100%. This means we likely did not capture the whole Hicl
population and, as the data revealed in Chapter 4, we were unable to ablate 100% of Acan-expressing

chondrocytes.

Another limitation is that the analysis of articular cartilage mechanical properties is focused explicitly
on femoral surfaces, whether examining the mediolateral condyles (Chapters 3-5) or the trochlear groove
region (Chapter 6). In the case of the trochlear FTCD outcomes, assessment of a single surface (in and
around the injury site) is warranted. However, since synovial joints involve articulations, having
information about the biomechanics of the opposing tibial plateau cartilage surfaces and even the menisci
would help us better comprehend the dynamics of the entire joint following a disruption in homeostasis.
Chapter 4 demonstrates the presence of Acan-expressing cells in various joint-related compartments,
indicating other tissues susceptibility to DTA-mediated effects. Similarly, the loss of function in Prg4 and
resulting phenotype do not occur in isolation within the femur. Mapping the mechanical properties of
femoral cartilage is challenging due to its angled geometry — the reason why our efforts focused on
optimizing a protocol using the unique features of Mach-1 automated tester capabilities. This protocol now

serves as a foundation for future studies in our laboratory where we aim to adapt and expand it to analyze
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other articular cartilage surfaces and investigate species-specific differences and similarities. Lastly, while
indentation testing enabled me to comparatively evaluate changes in biomechanical patterns of articular
cartilage tissue relative to a baseline control (healthy wild-type — Chapters 3-5; contralateral uninjured
cartilage — Chapter 6), the single-phase constitutive modelling used assumes linear-elasticity, homogeneity,
and isotropy, thereby not capturing the time-dependent (viscoelastic) behavior of the tissue and limiting the
prediction or association to constituent-specific (i.e., proteoglycan, collagen fibrils) cartilage damage and
degeneration. Future studies could characterize the experimental indentation measurements obtained here,
using more advanced constitutive models, such as fibril-reinforced poroelastic (FRPE) model combined

with finite element methods, as recently published for rat knee joints (Orozco et al., 2022).

7.5. Concluding remarks

With a growing and aging population affected by cartilage-related disorders, such as OA, there is a
critical need to explore innovative strategies for successfully promoting tissue regeneration or preventing
its troublesome degeneration. To address these challenges, it is important to understand underlying factors
that shape and maintain cartilage structural and functional competence at the pre- and postnatal stages.
Collectively, the work presented here showcases that the response of articular cartilage to homeostasis
disruption and its potential for remodelling (adaptative and maladaptive/degenerative) depends on intrinsic
and local factors. Moreover, the multimodality nature of the work presented here, combining histological,
3D imaging, and biomechanical approaches, underscores the importance of a comprehensive investigation
to identify and respect the differences between structural and functional regeneration, or even quantify
morphological changes in ultrastructure. There are still considerable gaps in our understanding of cartilage

degeneration and regeneration, and we hope the work presented here may stimulate further explorations.
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