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Abstract 
 

The functional state of proteins is inherently flexible, which allows them to interact with 

other biomolecules, including other proteins, to carry out many of their cellular functions. 

Understanding the structural dynamics of proteins and their network of associations is 

key to understanding their role in biology. Proteomics, the collection of mass 

spectrometry (MS)-based techniques to study proteins, provides a broad view of the 

organization of protein structure, from an individual dynamic unit to large-scale 

multiprotein assemblies, enabled by the application of labelling chemistries. This 

dissertation presents novel analytical workflows and data analysis routines to overcome 

current challenges in proteomics methods for the identification of protein-protein 

interactions (PPIs) and the study of protein conformation and dynamics. Affinity 

purification followed by mass spectrometry (AP-MS) is a prominent approach in the 

study of PPIs. However, the conventional workflow suffers from low enrichment 

efficiencies. I present and evaluate a fluidic platform that captures and processes ultralow 

nanoliter quantities of magnetic particles, simultaneously increasing the efficiency of PPI 

detection and strongly suppressing non-specific binding. It enables the study of protein 

conformational analysis directly from cells as I demonstrate first by describing new 

concepts in data analysis for hydrogen/deuterium exchange mass spectrometry (HX-MS) 

and second by applying them to proteins isolated directly from cells.  
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1.1 General background 

Cells are composed of components with varying complexities. These components 

are inherently dynamic, constantly undergoing processes and interactions that contribute 

to their function and regulation. Over the last three decades, there have been significant 

advancements in the “omics” fields, which involves characterization of various cellular 

components, including genes (genomics), RNAs (transcriptomics), proteins (proteomics), 

metabolites (metabolomics), and others1. The overarching aim of the wider omics field is 

to generate a comprehensive catalog of cellular components and their interactions within 

diverse biological systems1. Incorporation of omics-based approaches in medical research 

has gradually led to greater understanding of the normal (and abnormal) state of cellular 

systems to help decipher the molecular mechanisms underlying complex diseases1–3.  

Several key developments in sequencing technologies brought about success in 

the field of genomics, with the Human Genome Project as the crown jewel1,4–6. 

Developments continue, with modern sequencing platforms providing the capacity to 

read-out the genetic code of living systems at high throughput and cost-effective 

manner7. Genes are transcribed into RNA, and unlike the static presentation of genes in 

cells, the presentation of RNA transcripts varies throughout the cell cycle1,8. However, 

the transcriptomics field has also benefitted from the advances in genomic sequencing 

technologies, creating the opportunity to generate extensive transcript read-outs, even 

down to the level of a single cell1,8,9. Messenger RNAs are translated into proteins, which 

are the primary functional entities in the cell. They play a central role in biochemical 

signalling and communication, provide structural support to the cell, control transport and 

storage, regulate the immune response, mediate movement and motor function, drive 
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metabolism and energy production, and implement gene expression and regulation10. The 

ubiquitous role of proteins in living systems have rendered them the target of choice for 

therapeutic interventions. In fact, most of the therapeutic drugs approved by the U.S. 

Food and Drug Administration (FDA) act by targeting proteins to affect their function11. 

While sequence amplification methods are available for DNA and RNA and drive much 

of our technological success in their corresponding omics, such a capacity does not exist 

for proteomics. Analytical technologies in this field must contend with endogenous levels 

of material. Mass spectrometry (MS) has emerged as the leading proteomics method, 

useful in the identification, quantification, and characterization of proteins. However, 

before we delve into the world of MS-based techniques that enable the analysis of 

proteins, it is necessary to review some fundamental chemical properties of proteins.  

 

1.2 Protein structural hierarchy 

The structure of a protein is critical to its function. Protein structural features are 

organized into four hierarchies of increasing complexity. At the most elementary level, 

the primary structure of the protein refers to the covalently connected amino acid residues 

that form a single linear polypeptide chain. An amino acid is composed of a carboxyl 

group and amino group which are covalently linked to an α-carbon atom. Their structures 

differ from each other based on their side chains, which primarily governs the 

physicochemical properties of the amino acids (Figure 1.1A). There are 20 proteinogenic 

amino acids, which are incorporated during the protein synthesis process in an 

enzymatically driven reaction. Each amino acid is linked to the next through a peptide 

bond that forms by condensation reaction between carboxylic acid of one amino acid 
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with the amino group of another (Figure 1.1B). The continuous peptide linkages give rise 

to the repeating structural unit along the length of the polypeptide, referred to as the 

“backbone” of the peptide. By convention, the amino acid sequence in a polypeptide is 

written from the end with the amino group (-NH3, or N-terminus) to the end with the 

carboxylic group (-COOH, or C-terminus). 
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Figure 1.1 Structure of amino acids found in proteins and condensation reaction 

leading to formation of peptide bond. A) Based on the composition of amino acid side 

chains, they are classified as non-polar, polar (uncharged), acidic and basic. Some side 

chain functional groups are labelled. B) Reaction scheme leading to peptide bond 

formation coupled with loss of water. Adapted with permission from reference12. 
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The next level of structural organization, the secondary structure, arises from non-

covalent interactions between amino-acid residues. These interactions are driven by the 

hydrogen bonds formed between the N-H groups (amino) and the C=O (carbonyl) groups 

of the polypeptide backbone. The most common of these secondary structures are known 

as the α-helix and the β-sheet (Figure 1.2). An α-helix is a helical arrangement of a 

continuous polypeptide chain due to a repeating hydrogen bonding formed in which 

every backbone amino group bonds to the backbone carbonyl group located four residues 

earlier in the polypeptide sequence (Figure 1.2C,D)13,14. A β-sheet is formed when two 

or more linear polypeptide segments are arranged side-by-side and stabilized by 

hydrogen bonds between adjacent carbonyl and amino groups (Figure 1.2A,B)13,14. 

However, unlike the α-helix, the β-sheet can be formed between polypeptide segments 

that are distant from each other in the sequence.  
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Figure 1.2 Protein secondary structural elements. (A) β-sheet structure showing 

hydrogen bonding in anti-parallel and parallel geometries. In anti-parallel arrangement 

the inter-strand hydrogen bonds between carbonyl and amine groups are planar, allowing 

for strongest inter-strand stability. (B) Ribbon diagram representation of anti-parallel β-

sheet structure connected by short loops of polypeptides. (C) Stick representation of an α-

helix with hydrogen bonding shown (dotted lines). (D) Ribbon diagram of the α-helix 

sequence in C. Adapted with permission from reference13. 

 

The tertiary structure describes the three-dimensional fold of the entire 

polypeptide chain. In the classical understanding of molecular driving forces, the fold is 
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primarily governed by hydrophobic interactions (hydrophobic amino acid residues tend to 

be buried inside the protein, while hydrophilic residues tend to occur at the surface of the 

protein where they can interact with water), ionic interactions between charged R-groups, 

and by intramolecular hydrogen bonds and van der Waals forces (Figure 1.3A,B,C). In 

addition, covalent disulfide bonds between neighboring cysteine residues contribute to 

the stability of the protein tertiary fold (Figure 1.3D). Interactions governing the tertiary 

structure can occur between residues that are close spatially but distant sequentially.  

 

Figure 1.3 Interactions stabilizing the structural fold of the protein. A) Van der 

Waals interactions occur due to induced dipoles leading to weak electrostatic interactions. 

B) Hydrogen bonds can form between hydrogen bonded to a heteroatom (N, O, or S) and 

a nearby heteroatom. C) Oppositely charged side chains can form ionic interactions. D) 

Cysteine side chains can form covalent disulfide bonds. Adapted with permission from 

reference13. 

 

And finally, the quaternary structure describes how several polypeptide chains 

come together to form a functional protein complex. The polypeptide chains may be 

identical (homomeric structures) or different (heteromeric structures)13,14. They are held 

together by the same interactions that govern the tertiary structure15. The fine 
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orchestration of biomolecular interactions is the hallmark of living systems. Proteins, 

being the primary functional biomolecules, compose a large fraction of the crowded 

cellular environment and are a key component of the network of interactions that govern 

cellular processes16,17. Proteins rarely carry out their intended biological function in 

isolation. They often form functional interactions (quaternary structures) with other 

proteins. Understanding the composition and flux in the wider protein-protein interaction 

(PPI) network (known as interactome) is vital to gaining a greater understanding of the 

various biological processes at a system-wide scale3,18. Studying PPIs in the context of 

disease can uncover the consequences of a mutation (for example) at this higher order of 

assembly3,18–20.  

At a fundamental and simplified level, reversible interactions between two 

proteins (protein A and B) are governed by the law of mass action:  

         (1.1) 

where 𝑘𝑎 and 𝑘𝑑 are association (on-rate) and dissociation (off-rate) rate constants. 

Under equilibrium conditions, the following describes the dissociation (𝐾𝑑) equilibrium 

constant: 

[𝐴][𝐵]

[𝐴𝐵]
=

𝑘𝑑

𝑘𝑎
=  𝐾𝑑    (1.2) 

Typical 𝑘𝑎’s for protein interactions are generally in the range of 104 to 106 M-1 s-1, and 

appear to be largely dominated by translational and rotational diffusion of the 

proteins15,21,22. However, once the interactions are formed, the contributions from 

different governing forces involved in keeping the interactions together provides a greater 
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range for 𝑘𝑑’s (10-1-10-6 s-1)22,23. Therefore, 𝐾𝑑 values for the functional protein 

interactions usually range from high μM for weak interactions to low or sub-nM for 

strong interactions. From a thermodynamic perspective, spontaneous interactions are 

expressed as having a negative Gibbs binding energy (Δ𝐺), which is the sum of enthalpic 

(Δ𝐻) and entropic (Δ𝑆) terms: 

Δ𝐺 = −𝑅𝑇 ln 𝐾𝑑 = Δ𝐻 − 𝑇Δ𝑆  (1.3) 

where R and T are the universal gas constant and the temperature, respectively. The 

enthalpic contribution is derived from the strength and specificity of the interaction 

including electrostatic, hydrogen, and van der Waals bonds, among others24. The entropic 

contribution is derived from the measure of dynamics of the overall system including loss 

in rotational and translational degrees of freedom of the interacting proteins, and solvent 

re-organization around the binding site24,25. It is the wide range in binding energies for 

PPIs that render the interactome difficult to study. Localized elements or nodes within the 

interactome are highly dynamic and dependent on the localization in the cell (and the 

cellular state itself). Deciphering these temporal and spatial aspects of the interactome is 

a formidable challenge for researchers.  

 

1.3 Technologies for purifying and characterizing proteins  

The biochemist’s toolbox contains many techniques to study protein structure and 

function. Proteins differ in physical and chemical properties such as mass, charge, shape, 

and conformational dynamics26,27. These differences can be exploited to separate and 

isolate proteins of interest, with chromatographic methods being the most widely used for 
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this purpose26. Various chromatographic techniques have been developed such as size-

exclusion chromatography, ion-exchange chromatography, and affinity-chromatography 

that provide effective purification of specific proteins for further analysis. These have a 

long history of use. Analysis often begins with discovering or verifying primary 

sequence, and then proceeding to progressively higher order structures. As examples, the 

“Edman degradation” method (now considered a legacy technique) allowed biochemists 

to identify stretches of amino acid sequence28. Circular dichroism (CD) spectroscopy 

measures the differential absorption of left-and-right circularly polarized light by chiral 

molecules, such as proteins. The interaction of circularly polarized light with the 

protein’s secondary structure elements results in characteristic CD spectra, which can be 

used to estimate the secondary structural content of the proteins29. There are many other 

spectroscopic methods such as Förster resonance energy transfer (FRET), UV-vis 

absorption and blue-native PAGE that can reveal information about the higher-order 

protein structures/interactions29–31. However, the structural information obtained from 

these methods is coarse and limited in scope.  

More prominent biophysical techniques used for detailed protein structural 

analyses are X-ray crystallography and nuclear magnetic resonance spectroscopy 

(NMR)32,33. Both methods have been instrumental in generating most of the known 

tertiary structural information at an atomistic detail in the last half century. More 

recently, cryo-electron microscopy (Cryo-EM) has emerged as a powerful alternative to 

conventional structural methods with its ability to provide structural information of 

protein complexes at or near atomic resolution34. These techniques generally require 
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protein samples of low complexity and high purity and are not amenable to the scale of 

cellular level protein interactome analysis, which is highly complex and dynamic.  

To understand the composition and organization of the cellular proteome, a suite 

of techniques developed under the umbrella term “mass spectrometry-based structural 

proteomics” has played a vital role35. In aggregate, these techniques seek to produce 

structural details of the proteome at any scale, from the primary sequence of individual 

proteins to the higher order organization of the proteome. The following section provides 

an overview of key developments in the field of mass-spectrometry with particular focus 

on enabling technologies within the field that allow for the study of proteins. 

 

1.4 Technological developments in mass spectrometry for peptide/protein analysis 

The rapid growth of MS-based proteomics in the past three decades can be 

attributed to several key developments in experimental methods, instrumentation, and 

data analysis routines. However, long before mass spectrometers became a staple 

analytical tool in biochemistry labs, they were primarily used by physicists to understand 

the fundamental nature of the atoms. J.J. Thomson, recognized as the father of mass 

spectrometry, devised a first instrument that analyzed the electric discharges in the gases 

to identify and measure the mass of the electrons, for which he received the Nobel Prize 

in chemistry in 190636. In the coming decade, the work of Francis William Aston in 

particular provided the development of the first mass spectrograph, an apparatus that used 

electromagnetic focusing to allow separation and measurement of the mass to charge 

(m/z) ratios of naturally occurring isotopes37. For his work in atomic characterization of 

numerous elements, Aston was awarded the Nobel Prize in Chemistry in 1922. Further 
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refinement and developments in instrumentation in the early 20th century led to 

improvements in mass resolving power and made mass spectrometry an indispensable 

tool in the analysis of elemental composition during the height of the Manhattan Project 

and World War II38. From 1950s and onwards, many landmark developments have 

allowed mass spectrometry to proliferate firstly in the study of organic compound 

analysis and then towards biomedical research and almost every other natural science 

discipline.  

1.4.1 Electrospray ionization (ESI) 

During MS analysis, analytes of interest are ionized, separated, and detected in 

the gas phase. The basic components of almost all the MS systems consists of an ion 

source, a mass analyzer, a detector operating under high vacuum conditions, and a data 

control system (Figure 1.4). Up until the 1980s, ionization of analytes prior to MS 

analysis was performed by one of many techniques involving collision of analyte 

molecules with charged particles, primarily energetic electrons (i.e., volatilization was 

achieved thermally in most cases). These ionization techniques were well-suited for the 

analysis of small organic molecules. However, biomolecules, such as peptides, proteins 

and nucleic acids were too large, non-volatile, and labile to be ionized in their intact form 

for MS analysis39. During the late 1980s and early 1990s, the development of two 

enabling ionization techniques, electrospray ionization (ESI) and matrix-assisted laser 

desorption ionization (MALDI), provided an avenue for transferring them into the gas 

phase and ionizing them without any significant fragmentation prior to mass analysis40,41. 

They are often referred to as “soft ionization” techniques due to lack of analyte 

fragmentation during the ionization process. Briefly, in MALDI, a pulsed laser is utilized 
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to sublimate and ionize analytes out of a dry, crystalline sample-matrix (Figure 1.5A)40. 

It is commonly used for analysis of simple peptide/protein mixtures. ESI is a preferred 

method for more complex samples, as it allows for ionization of analytes out of a solution 

and therefore can be coupled with front-end separation techniques such as liquid 

chromatography (LC). Furthermore, MALDI generated ions primarily consist of singly 

charged species, while ESI generated ions are multiply charged, thus, effectively 

allowing larger analyte ions (e.g., large protein complexes) to be accommodated on a 

limited mass analyzer range (m/z)39,41,42. 

 

Figure 1.4 General layout of the mass spectrometer.  

 

ESI is an atmospheric ionization technique. The concept of ESI was laid out by 

Dole et al. in 1964. However, the instrument design proposed at the time did not allow 

for the MS detection of large analytes ionized though ESI43. It was not until the 

developments in 1980s in the group of John Fenn that the first properly constructed ESI-
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MS interface allowed for mass analysis of large biomolecules with molecular weights up 

to 130,000 g/mol41. For his work, John Fenn received the Nobel Prize in 2002 (Shared 

with Tanaka Koichi – MALDI – and Kurt Wüthrich – NMR).  

The overall ESI process represents an electrochemical flow cell, and the 

formation of ions in ESI occurs in a sequence as followed; 1) the analyte solution flowing 

through the open capillary end is aerosolized into electrostatically charged micrometer-

sized droplets, 2) the droplets size is reduced by rapid evaporation of the solvent, 3) and 

repeated disintegration of charged microdroplets eventually leads to the release of 

completely desolvated ions into the gas phase (Figure 1.5B). To understand the process 

of ion formation in more detail, consider a capillary held at a high voltage (~ 2-5 kV) 

with respect to a counter electrode (i.e., MS inlet) with the analyte solution pumped 

through the capillary at 0-20 µL/min. The analyte solution exiting the open capillary end 

is thus exposed to a very high electric field (𝐸), generally on the order of 106 V/m-1, 

approximated by the following equation, 

𝐸 =  
2𝑉

𝑟 ln(
4𝑑

𝑟
)
    (1.4) 

where, V is the applied voltage, r is the radius of the capillary in cm, and d is the distance 

between the capillary tip and the counter electrode in cm. Considering the application of 

positive potential applied at the capillary tip in reference to the MS inlet (i.e., “positive 

ion mode” operation), a redox reaction is initiated by the movement of ions in the 

solution, which leads to the build-up of positive charge at the tip of the solution exiting 

the capillary and depletion of electrons to the tip.  
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Figure 1.5 Schematic diagram showing ionization process in MALDI and ESI. (A) In 

MALDI, irradiation by laser causes evaporation and eventually ionization of the sample 

from the sample matrix. (B) ESI source operated in positive ion mode. The droplets 

emitting from Taylor cone undergo rapid solvent evaporation, eventually producing 

smaller droplets through jet fission. Adapted with permission from references44,45.   

 

This localized charge build-up at the tip leads to a deformation in the meniscus of 

the solution, generating a cone-shaped extrusion of solution. This formation is called a 

“Taylor cone” as it was first theoretically described by Sir Geoffrey Ingram Taylor in 

196446. Upon reaching a critical electric field strength to overcome surface tension, a fine 
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jet of liquid is ejected from the apex of the Taylor cone. Given the large excess of ions 

present in the jet, it readily disintegrates into small micrometer-sized droplets, which 

results in the formation of a “spray” that travels towards the MS inlet (Figure 1.5B). The 

evaporative loss of solvent from the droplets as they travel towards the MS inlet causes 

charge density on the surface of the droplets to continuously increase. Once the critical 

charge density is reached, the electrostatic repulsion overcomes the surface tension and 

leads to disintegration of droplet into smaller droplets. The charge that a droplet can 

support before undergoing the disintegration is also known as “Rayleigh limit”47. 

How the gas-phase ions are ultimately formed from the charged droplets is still an 

active area of research. The early model, known as the charged-residue model (CRM), 

assumes complete desolvation of analyte ions as the successive droplet “fission” events in 

the electrospray leads to the loss of all solvent molecules. Upon desolvation, the charges 

(e.g., protons in the positive ion mode) will be retained on the basic sites of the analyte48. 

However, a competing model, known as the ion evaporation model (IEM), argues that 

complete desolvation is not necessary for ion formation, as the charged analytes can 

overcome the free energy barrier of evaporation from the droplet due to the presence of 

excess charges in the droplet volume48.  

The conventional flow rate in the µL/min range in ESI results in µm-sized 

droplets being formed at the origin of the spray. However, subsequent developments of 

ESI provided evidence of improved ionization efficiency at flow rates <1 µL/min (i.e., 

nanoESI). Given the process of droplet disintegration events are the same at different 

flow rates, the improved ionization efficiency at sub µL/min flowrates is credited to the 

size of the initial droplets being in the sub-µm range with higher charge density (i.e., a 



18 
 

relatively larger fraction of ion-emitting small droplets)49. The improvement in the 

ionization efficiency provided a significant gain in sensitivity for the mass analysis of 

precious and low abundance biological samples. The nanoESI source coupled to the 

front-end nano-flow LC system for analyte separation is a staple of any modern MS 

system used for analysis of proteomic samples.  

1.4.2 Mass analyzers 

The mass analyzer is the central component of any mass spectrometry system. Its 

role is to separate and measure the mass-to-charge ratios (m/z) of the ions. There are 

several different types of mass analyzers developed over the last century. They differ in 

their basic operation principles and performance characteristics, including but not limited 

to mass resolution, sensitivity, ion transmission efficiency, mass range, and charge 

capacity. In this work, mass analysis was performed on hybrid MS instruments consisting 

of a combination of mass analyzers including a linear quadrupole, a mass-analysing 

linear quadrupole ion trap, a time-of-flight analyzer (TOF), and an orbitrap.  

The linear quadrupole mass analyzer is comprised of four cylindrically (or 

hyperbolically) shaped rods arranged in a square configuration (in the xy-plane) and 

extended towards the z-direction (Figure 1.6). The pairs of rods opposite to each other 

are held at equipotential that is composed of DC and AC (radio frequency, RF) 

components50,51. Ions entering the quadrupole in the z-direction will experience an 

attractive force by one of the rods with charge opposite to the ionic charge. With 

periodicity of the applied voltage, the attraction and repulsion in x and y direction will 

alternate in time. Therefore, for a given set of DC and RF components, it is possible for 

the ions of certain m/z value to traverse the quadrupole without hitting the rods. To obtain 



19 
 

a mass spectrum, quadrupole analyzer is operated in constant linked scan mode, where 

the magnitude of the DC and RF are varied at a constant ratio to scan the m/z range50. In 

proteomics applications quadrupoles are most often used in “RF-only” and “precursor-

selection” modes. The “RF-only” mode allows for a broad range of m/z to pass through 

for MS1 analysis in a separate mass analyzer situated downstream. The “precursor-

selection” mode passes a narrower m/z range, allowing for selective isolation of 

precursor ions for downstream fragmentation and mass analysis (i.e., MS/MS or MS2).  

 

Figure 1.6 Schematic representation of linear quadrupole mass analyzer. For a given 

DC (U), and RF (V) component with frequency (ω), a stable ion will traverse through the 

quadrupole (orange), while unstable ions will collide with the rod (blue). 

 

The mass analyzing linear quadrupole ion traps (LITs) are ion storage devices 

constructed by placing quadrupole or higher order multipoles (i.e., hexapole, octopole 
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etc.) in a potential “well”. Quadrupole LITs are capable of mass-selective ion ejection in 

axial and/or radial directions with the application of an auxiliary RF voltage52,53. Thus, 

when coupled with a suitable ion detector, they can be operated as mass analyzers. 

Furthermore, quadrupole LITs can also be operated to isolate and fragment selected 

precursor ions to acquire fragment mass spectrum (MS2) or higher-order fragment mass 

spectrum through multiple levels of precursor selections (MSn)54. 

Time-of-flight (TOF) mass analyzers are also widely used in proteomics 

applications. They operate on a basic principle where ions of different m/z pulsed in a 

field-free drift path of known length will be dispersed in time54. Given that all the ions 

start their journey at the same time and with the same nominal kinetic energy, the lighter 

ions will reach the detector at the end of the field-free region faster than the heavier ions. 

The energy imparted on the ion by a voltage application prior to entering the field-free 

region is given by the following equation: 

𝐸𝑒𝑙 = 𝑞𝑈 = 𝑒𝑧𝑈    (1.5) 

where, 𝐸𝑒𝑙  is the energy gained by ion of charge 𝑞 moving through a field of potential 

difference 𝑈 (also known as acceleration voltage). The charge (𝑞) of the ion is given by 

the electron charge 𝑒 of integer 𝑧. In the field-free region, the 𝐸𝑒𝑙  is converted into 

translational motion through the kinetic energy (𝐸𝑘𝑖𝑛) gained:  

𝐸𝑒𝑙 =  𝑒𝑧𝑈 = 𝐸𝑘𝑖𝑛 =
1

2
𝑚𝑖𝑣2   (1.6) 

where, 𝑚𝑖 is the mass of the ion, and 𝑣 is the velocity of the ion in the field-free region. 

Rearranging the equation provides the following, 
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𝑣 = √
2𝑒𝑧𝑈

𝑚𝑖
     (1.7) 

Given the time 𝑡 required for ion to travel the distance 𝑠 is given by the following, 

𝑡 =
𝑠

𝑣
      (1.8) 

and upon substitution, following is derived, 

𝑡 =
𝑠

√
2𝑒𝑧𝑈

𝑚𝑖

     (1.9) 

Rearranging the equation provides the following, 

𝑡 =  
𝑠

√2𝑒𝑈
√

𝑚𝑖

𝑧
     (1.10) 

and thus, the time for the ion to drift through the field-free region is proportional to the 

square root of 𝑚𝑖/𝑧.  

Given the requirement of pulsing the ions into the field-free region, the TOF 

analyzers are ideally suited for the pulsed ionization techniques such as MALDI. 

However, a more generalized use of the TOF analyzer was realized with the development 

of orthogonal acceleration TOF (oaTOF), where the ion pulse is extracted orthogonally 

from the continuous beam of ions (Figure 1.7). This allowed for coupling of continuous 

ionization techniques such as ESI to be coupled with TOF55,56. Most modern TOF 

analyzers include a reflectron assembly (ion mirrors) to correct for the initial spread of 

kinetic energy of the pulsed ions, thus providing improved mass resolving power (Figure 

1.7). Briefly, reflectron assembly generally consist of ring-shaped electrodes of 

increasing potential that is opposite to the acceleration voltage 𝑈 provided to the ions 
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during pulsing57. While travelling thorough the reflectron, ions of higher kinetic energy 

will penetrate deeper into the decelerating region of reflectron than the ions with lower 

kinetic energy. All ions entering the reflectron reach zero kinetic energy and are expelled 

out of the reflectron in the opposite direction. Most modern oaTOF analyzers utilize one 

or two reflectron assemblies to generate v-shaped or w-shaped flight path for ions.  

 

Figure 1.7 Schematic of orthogonal acceleration time-of-flight mass (oa-TOF) 

spectrometer with single reflectron assembly. Ions are extracted orthogonal to the 

initial path into the field free region, towards the reflectron assembly. The initial kinetic 

energy spread is corrected in the reflectron region, and the ions are reflected towards the 

MCP detector. Adapted with permission from reference55. 

The general principle of detection of ions in quadrupole, LIT, and TOF analyzers 

relies on conversion of ion charge through an impact event into an electric current that 

can be quantified. To amplify the signal from ions, electron multiplier assemblies are 
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used. Energetic ion impinging on the surface of the electron multiplier will emit electrons 

that will collide on the opposite surface held at a higher potential. Several of these 

cascading events will take place at discrete stages and generate an electric current large 

enough to be detected. Electron multiplier geometry can be discrete, known as the 

discrete dynode secondary electron multipliers (SEM), or continuous tube, known as the 

channel electron multipliers (CEM)58. TOF analyzers are commonly coupled with the 

multichannel plate detector (MCP), which is composed of an array of multiple CEMs of 

micrometer diameter. Channels in MCP are arranged at a small angle with respect to the 

direction of ion impact (Figure 1.8). To improve the electric current gain of the MCP 

detector, two or more MCPs are generally stacked together with their angles opposing 

each other. This geometry provides gain of 106-107 of initial ion current58.  

 

Figure 1.8 Schematic of single microchannel plate (MCP). Incident ion impacting 

channel at an angle initiates cascading event causing secondary electrons to be produced, 

leading to the signal amplification. 

 

Another type of mass analyzer widely used in the proteomics – in fact the 

dominant technology currently – is the orbitrap analyzer59. The principle of operation of 
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orbitrap analyzer is fundamentally different from the those discussed above, as it detects 

an image current from ion oscillations in the time domain, which is transformed into the 

frequency domain by means of Fourier transformation (FT) to obtain mass spectrum. The 

orbitrap mass analyzer has a special geometry with a spindle-like central electrode 

surrounded by a barrel-like outer electrode (Figure 1.9). The complex geometry of the 

orbitrap results in a quadrologarithmic electric field, where ions of stable trajectories 

rotate around the central electrode with axial oscillation. The frequency of axial 

oscillation depends on the ratio of ionic charge (𝑞) to mass (𝑚𝑖), and field curvature (𝑘) 

according to the following equation,  

𝜔𝑧 =  √𝑘(
𝑞

𝑚𝑖
)     (1.11) 

The image current from a differential amplifier connected to the halves of the outer 

electrode is used to obtain the frequency of the ion’s axial oscillation (𝜔𝑧)59. Introduction 

of ions into the orbitrap must meet stringent requirements in terms of geometry (ion 

injection angle, angular speed, and position of ions with respect to the electrode), and 

optimum ion population to avoid space-charge effects that deteriorates the mass 

resolution of the analysis. For this, orbitrap is almost always coupled with a bent RF-only 

quadrupole, commonly referred to as “C-trap”, that allows for ion accumulation and 

injection into the orbitrap as a focused beam with correct geometric parameters60.  
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Figure 1.9 Cutout schematic of orbitrap mass analyzer. The outer barrel shaped 

electrode is split into two halves surrounding the spindle like central electrode. The ion 

entering the orbitrap off-centre will be trapped in the quadrologarithmic electrostatic field 

and move in concentric ring around the central electrode. Oscillation of ions in the axial 

direction (Z) is picked up by the outer electrode for image current based detection. 

Reprinted with permission from reference59.  

Different types of mass analyzers can be effectively combined in a single MS 

instrument, offering the distinct advantages of each mass analyzers, such as mass 

resolving power, accuracy, sensitivity, and speed. Here, I will provide a brief overview of 

two hybrid instruments, Qq-TOF, and Q-orbitrap-tandemLIT (or tribrid), that are used in 

the work presented in this thesis. First, the Qq-TOF platform combines the capabilities of 

a quadrupole mass analyzer and a time-of-flight analyzer61. This combination offers the 

advantage of accurate mass measurement and high resolving power and speed of the 

TOF, while the quadrupole mass analyzer can be operated in RF-only mode or precursor 

selection mode to acquire MS1 and MS2 spectra, respectively. In MS2 mode, the collision 

cell placed in-between the quadrupole and TOF analyzers serves to fragment the 

precursor ions isolated in the quadrupole mass analyzer61. The commercial Qq-TOF 

platforms used in the work presented in this thesis are TripleTOF 5600, and TripleTOF 

6600 from AB SCIEX (Figure 1.10).  
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The tribrid platform from Thermo Fisher Scientific™ incorporates a quadrupole 

mass analyzer, an orbitrap, and a tandem LIT into a single instrument (Figure 1.11). The 

tandem LIT is composed of one LIT operating at a higher gas pressure to enable more 

effective precursor ion selection and fragmentation, while a second LIT is operated at a 

lower gas pressure to allow for effective mass analysis60. This geometry enables several 

operational modes enabling MS2 (or MSn) acquisitions to run in tandem LIT, while 

parallel MS1 acquisition is going on in the orbitrap mass analyzer. The tribrid platform 

used in the work presented here is the orbitrap Eclipse™ platform from Thermo Fisher 

Scientific™. All modern MS instrumentations are coupled with a data control system and 

software that allow users to set various parameters, monitor instrument’s performance 

characteristics, and handle data processing. 

 

Figure 1.10 Illustration of ion path through different components of the TripleTOF 

5600 (Qq-TOF) platform from AB SCIEX™. A) Schematic diagram showing various 

components of the TripleTOF 5600 platform. The first quadrupole is the QJet, located 

between the ion source and the Q0 region, which does not filter ions but focuses them 

before they enter Q0. The ions are focused in Q0 before passing into the first filtering 

quadrupole (Q1). Dual focusing increases system sensitivity and improves signal-to-

noise.  B) An image of the TripleTOF 5600 platform. Reprinted with permission from 

reference61. 
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Figure 1.11 Schematic of tribrid MS architecture. Quadrupole, orbitrap, and linear ion 

trap (LIT) are combined in one instrument, providing spatial and temporal separation of 

isolation (quadrupole, and LIT), fragmentation (LIT, ion routing multipole), and 

detection (orbitrap, and LIT) of ions. The geometry allows for parallelization of MS1 and 

MS2/MSn acquisitions, providing a faster acquisition for complex sample analysis. 

Reprinted by permission from reference60. 

 

1.5 Mass spectrometry in proteomics 

There are two fundamental strategies employed in MS based proteomics studies 

for the identification and characterization of proteins: 1) a “top-down” approach and 2) a 

“bottom-up” approach62. In the top-down approach, intact proteins are ionized and 

analysed by the MS. This approach provides a potential advantage in the analysis of post-

translational modifications (PTMs) of proteins and protein isoform analysis as the full 

primary structure of the protein is preserved63. However, it is limited with respect to the 

complexity of the sample that can be analyzed due to the difficulties involved in the 

fractionation of proteins, and the gas phase fragmentation of intact proteins. In contrast, 

the bottom-up workflow involves proteolytic digestion of the proteins into peptides prior 
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to MS analysis. Work presented here utilizes the bottom-up proteomics strategy 

exclusively, therefore, the next section will provide overview of this approach.  

1.5.1 Bottom-up proteomics 

In a typical bottom-up experiment, proteins are extracted from the biological 

sample of interest using appropriate cell lysis methods followed by enzymatic digestion 

of the proteins into smaller peptides (Figure 1.12). The most widely used enzyme for 

protein digestion is trypsin62,64. It provides high-specificity cleavage C-terminal to 

arginine and lysine amino acids, which aids in peptide identification. Post digestion, the 

peptide samples generally require “cleanup” to remove any cell lysis buffer component 

such as salts and/or surfactants that can interfere with the downstream MS analysis 

(Figure 1.12). The resulting peptide mixture is fractionated to reduce sample complexity 

and enhance detection sensitivity62,65. This step is typically achieved using ultrahigh 

pressure liquid chromatography (UPLC) techniques, such as reverse-phase 

chromatography (RPLC), which separates peptides based on their hydrophobicity. The 

LC is coupled to a mass spectrometer for direct introduction of peptides for mass analysis 

through a nanoESI source64,65. 

 

Figure 1.12 Bottom-up proteomics workflow. Adapted with permission from 

reference3. 

Sequencing and quantification of peptide ions is achieved through the acquisition 

of the intact mass of the peptide (MS1) and its fragments (MS2). A widely used MS 
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acquisition method for peptide “sequencing” is known as data-dependent acquisition 

(DDA), which is performed as follows: an MS1 spectrum (also known as survey scan) of 

all peptides entering the MS is first acquired over a full range of m/z. An on-board real-

time data processing algorithm identifies the most abundant ions from the survey scan. 

Subsequently, these ions are selectively and sequentially isolated within a smaller m/z 

window (~m/z 1-3), followed by gas-phase fragmentation of the isolated ions, and finally 

the acquisition of the fragmentation spectrum (MS2) (Figure 1.13A)66. In contrast, the 

data-independent acquisition (DIA) method, a faster spectral acquisition available on the 

modern hybrid MS systems, cycles through the entire m/z range in small-to-medium 

sized windows following the survey scan (Figure 1.13B). DIA provides more a 

comprehensive data acquisition compared to DDA, which results in better reproducibility 

and quantification accuracy between acquisitions. A downside of DIA is more complex 

MS2 data (and a slight loss in sensitivity), however dedicated software utilities are being 

actively developed to accurately mine and analyze the data67.  
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Figure 1.13 Data-dependent (DDA) and data-independent (DIA) analysis. (A) In 

DDA, following survey scan, top n precursor ions are selected for sequentially for MS2 

acquisition. (B) In DIA, following survey scan, pre-defined isolation windows acquire the 

entire m/z range and all precursor ions within each isolation window are fragmented 

together. Adapted with permission from reference66. 

 

The most robust and widely available peptide fragmentation method is collision-

induced dissociation (CID). In CID, precursor ions are fragmented in a collision cell 

operated at higher gas pressure (commonly filled with He, N2, Ar) compared to rest of the 

internal MS assembly68. In a Qq-TOF geometry, the collision cell is placed between the 

quadrupole mass analyzer and the TOF mass analyzer. The ions are passed through 

collision cell at an elevated energy, and they collide with gas molecules. Upon collision, 

kinetic energy is transferred to the internal energy of the ions leading to bond breakage. 

This type of CID is called “beam-type”, and it is also possible to perform it in the tribrid 

platform (known as HCD) with a dedicated collision cell (ion-routing multipole) placed 

between the C-trap and the dual pressure-LIT assembly60. LIT-containing instruments 
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(such as the tribrid) can isolate and subsequently use “resonant excitation” of precursor to 

perform CID. The CID fragmentation occurs most usefully at the peptide amide bond, 

which generates b- and y- type ions, depending on the localization of the positive charge 

on the N- or C-terminus following fragmentation, respectively (Figure 1.14). The work 

presented in this thesis exclusively utilizes CID based fragmentation for peptide 

sequencing; however, there exist many other techniques for fragmentating and 

sequencing peptide ions. Electron transfer dissociation (ETD) and electron capture 

dissociation (ECD) are fragmentation techniques that use gas phase reaction between ions 

and radical anions (e.g. fluoranthene) and thermal electrons, respectively, to fragment 

peptide backbone to generate c- and z- type ions (Figure 1.14)69–71. Ultraviolet 

photodissociation (UVPD) is another recently introduced fragmentation technique on 

commercial instruments that can generate greater variety of ion types72.  

 

Figure 1.14 Cleavage sites on peptide backbone through various fragmentation 

techniques. CID cleaves peptide bonds primarily producing b and y ions. ETD/ECD 

fragmentation produces c and z ions. Adapted with permission from reference62. 

 

The LC-MS2 data acquired across the full chromatographic separation are 

processed through bioinformatics pipelines to identify the peptides and their 

corresponding proteins. A variety of bioinformatics search tools such as MASCOT, 
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SEQUEST, PEAKS, MS-GF+, or MS vendor-supplied software can be used for this 

purpose73–75. First, the peptide library is generated by way of in-silico digestion of the 

proteins present in the database. The theoretical fragmentation spectra of the peptides are 

scrutinized against the experimental MS2 spectra, generating a list of candidates for each 

experimental spectrum64,65. The peptide matches are scored and ranked to generate the 

list of peptide spectrum matches (PSMs) and peptide identifications. A “false discovery 

rate (FDR)” is calculated by searching and scoring the fragment spectra against a 

nonsensical database (commonly composed of reversed protein sequences of the original 

database), which is used to set a score cutoff for a given FDR and filter the list of 

identified peptides76.  And finally, the identified peptides are assigned to proteins by 

inference to create a list of proteins present within the sample.  

The bottom-up approach is the workhorse of the MS based proteomics64. With 

continued improvements in the LC separation, ionization, ion-optics, mass analyzers, and 

bioinformatics, it has now become common-place to process, identify, and quantify 

8,000-10,000 proteins from human cell lysates, from a single sequencing run employing a 

1-hour long LC gradient77. These advancements have rendered the sequencing of 

peptides/proteins, and to some extent their quantification, a routine task. However, mass 

analysis is not directly applicable to studying the higher-order organization of proteins, as 

these properties involve interactions between sequences, not the sequences themselves. 

This task requires labelling chemistries that can encode structural information that can be 

deciphered via MS analysis78.  
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1.6 Techniques for studying protein-protein interactions (PPI) 

The importance of protein-protein interactions (PPI) in the regulation of cellular 

processes has driven the development of numerous technologies to study interactions at a 

systems level and given the complexity and dynamic nature of the interactome, 

techniques with high throughput have been of particular interest. Broadly, high 

throughput PPI techniques can be divided into two classes: 1) binary PPI techniques, and 

2) co-complex PPI techniques79. This section will provide an overview of both classes, 

with greater emphasis on the co-complex PPI techniques to support the work presented in 

this thesis. In addition, I will also highlight some newer approaches. Furthermore, in such 

PPI studies, the protein of interest is commonly referred to as a “bait protein”, while the 

protein(s) interacting with the protein of interest are known as “prey protein(s)”. These 

terms will be used in the PPI work presented throughout the thesis.  

1.6.1 Binary PPI techniques.  

These techniques measure the pairwise association of bait and prey proteins. The 

general approach involves co-expression of genetically tagged bait and prey proteins in a 

cellular system, and upon physical contact between the genetic tags a reporter protein is 

expressed. The most widely used binary technique is the yeast two-hybrid (Y2H) method, 

which uses a transcription factor protein that is physically split into two domains, a DNA-

binding domain (DB) and its transcription activation domain (AD). One domain is fused 

with bait and the other is fused with prey protein. Both protein constructs are expressed 

simultaneously in yeast cells, and upon interaction between the bait and prey protein, the 

two domains of transcription factor are brought closer to initiate transcription of a 

reporter gene for a calorimetric read-out (Figure 1.15)80. Over the years, there have been 

many different binary techniques developed based on the Y2H concept, in different cell 
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types and employing different transcription factors and reporters79,81–83. The binary PPI 

techniques are fast, simple, relatively inexpensive, and have been scaled to interrogate 

system-level interactome for several different organisms. Despite their wide-scale 

adoption, the Y2H based binary techniques are prone to high levels of false positives due 

to autoactivation of reporter by bait proteins, and non-specific interactions between bait 

and prey under high level of protein expression82. Furthermore, in many instances the 

expression of bait and prey constructs in non-native cellular systems and the pairwise 

nature of the assay limits its usefulness in many biological contexts81,82.  

 

Figure 1.15 Yeast-two-hybrid (Y2H) technique for protein-protein interaction 

analysis. A) DNA-binding (DB) and transcription activating (AD) domain fused to each-

other will result in expression of the reporter gene. B) DB and AD fused to bait and prey 

1, respectively. With no interaction between bait and prey 1, reporter gene is not 

expressed. C) DB and AD fused to bait and prey 2, respectively. With interaction 

between bait and prey 2, reporter gene is expressed. 
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1.6.2 Co-complex PPI techniques. 

1.6.2.1 Affinity purification followed by mass spectrometry (AP-MS).  

In co-complex technologies, the genetic tagging is limited to the bait protein, or 

not required at all. These technologies involve at least one affinity-based purification step 

for the bait protein followed by identification of co-purifying prey proteins by MS-based 

bottom-up proteomics workflow84. The ability of MS to identify large subsets of prey 

protein(s) in an unbiased and sensitive way eliminates the requirement of tagging 

individual prey proteins. In general, affinity purification of bait protein is performed 

using high specificity ligand molecules coupled to a solid support. Several different types 

of ligand molecules can be used in affinity purification such as DNA, RNA, proteins etc., 

given that they bind bait protein selectively and with strong affinity79. However, the most 

widely used ligands are antibodies, a common protein component of the immune 

system84,85.  

1.6.2.1.1 Affinity purification of endogenous proteins. 

Antibodies specific to bait proteins can be used for the purification of bait 

proteins and their interactors from cell lysate (Figure 1.16A). This approach is known as 

co-immunoprecipitation (Co-IP)85,86. It negates the need for the expression of affinity 

tagged bait protein, and thus provides a way to isolate a bait and its interacting proteins in 

their most native form from the cell lysate. However, it is limited as it requires the 

availability of a high-affinity antibody to the bait protein of interest87. Furthermore, it is 

difficult to establish control pulldown experiments to sort true from false interactors in 

the purified fraction87,88. Cell lysates prepared from the same origin as the test sample but 
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lacking the expression of the bait protein are useful negative controls. However it is often 

time-consuming to generate such controls and it is not a perfect solution.  

1.6.2.1.2 Affinity purification of tagged proteins 

The shortcomings of the Co-IP method have led researchers to develop various 

affinity tags that can be genetically fused with the bait protein gene constructs and 

expressed in cells. These affinity-tagged bait proteins are then isolated from cell lysate 

using tag-specific antibody (Figure 1.16B). This allows for a more generic purification 

strategy that can be extended to any affinity-tagged bait proteins84,87,88. Many tags have 

been developed over the years including short peptide sequences such as the HA-tag, the 

FLAG-tag, the Strep-tag, the HIS-tag, etc. Small proteins can also be tagged to the bait 

such as the green fluorescent protein (GFP), and Protein A derived from staphylococcus 

aureus. Another widely used variant is tandem-affinity purification (TAP) technology, 

specifically designed to address the problem of non-specific binding89,90. The TAP 

protocol was developed in yeast cells in 1999 and utilizes a two-step purification by 

incorporating two different tags that are fused with the bait91. Many different types of 

tags have been combined to provide different modalities for the TAP workflow. Although 

the TAP protocol has been used in many large-scale affinity purification studies, the 

overall yield of the enrichment is very low, consequently requiring a large amount of 

input material92. Additionally, the lengthy workflow of the two-step purification is not 

amenable to retaining weak and transient interactions. In contrast, the single tags 

mentioned above provide a simplified and shorter workup, with potential for scale-up as 

demonstrated by several high-profile proteome-wide investigations93,94. 
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Figure 1.16 AP-MS workflow for protein-protein interaction analysis. (A) affinity 

purification of endogenous proteins with immobilized antibody targeting bait protein 

directly. (B) affinity purification of epitope-tagged bait protein with tag specific 

immobilized antibody. 

 

1.6.2.1.3 Non-specific binding and other challenges in AP-MS 

Widely used AP methods are carried out in a batch mode, where an affinity 

ligand-coated surface, primarily in a beaded form, is incubated with the sample 

containing the bait protein. Following incubation, the beads are isolated from sample and 

subsequently washed to minimize non-specifically bound proteins on the beads (Figure 

1.16)84,88. The proteins can be eluted from beads and then digested or can be digested 

directly on beads prior to bottom-up MS analysis84. Commonly used beads are made of 

crosslinked agarose or SepharoseTM. They provide the following desirable properties: 

they are hydrophilic and insoluble, they do not contain charged groups, they can be easily 
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coupled with the affinity ligands, they are chemically compatible with sample and buffers 

used in AP, and in their beaded form provide a highly porous structure offering high 

surface area95. These beads have varied diameters ranging from approximately 15 to 100 

µm. Alternatively, another type of sorbent available is the paramagnetic bead96,97. These 

beads are formed by incorporating iron oxides (Fe3O4 or γ-Fe2O3) in a polymer matrix 

(e.g., polystyrene). The surface of these beads is functionalized for covalent attachment 

of affinity ligands. The diameter of magnetic beads commonly ranges from 1-5 µm, 

providing very high surface area to volume ratio and improved binding kinetics. Together 

these shorten the incubation time for enrichment (commonly < 1-2 hour) compared to 

agarose beads (commonly 2 hours to overnight)96,97. Furthermore, the ability to 

manipulate magnetic beads using external magnetic force provides for faster and easier 

separation in batch mode. 

Minimizing non-specific binding is a fundamental challenge for all bead-based 

AP workflows. The beads interact with sample through a solid-liquid interface, which has 

two components: 1) the affinity ligands, and 2) the surface of the bead. Both components 

can non-specifically interact with the proteins in the sample. Non-specific interactions 

occur through many of the same forces that drive the specific interactions98. They are 

detrimental in bioassays such as AP-MS where they lead to a decrease in enrichment 

efficiencies, leading to a decrease in detection sensitivity for proteins of interest. The 

affinity ligands (such as antibodies) are chosen based on their high affinity (𝐾𝑑= ~10-9 – 

10-12 M) and specificity towards bait protein or the tag. Thus, non-specific interactions 

should be minimal but are not completely absent98. The surfaces of the beads are the 

major contributor to the non-specific carryover in AP. Over the years, engineering of the 
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bead surfaces has focused on developing better anti-fouling agents (e.g., oligo- or poly-

ethylene glycol) that make surfaces “inert” to resist non-specific binding from 

biomolecules such as proteins. However, a perfect non-fouling surface does not exist, as 

most of anti-fouling application still results in some level of non-specific binding. 

Furthermore, in conventional AP-MS workflow, excess affinity ligand (i.e., excess bead 

volume) is used to ensure the complete depletion of the bait protein from the sample99,100. 

The argument for this practice is based on the law of mass action (equation 1.2) in a well 

mixed solution, where the complexed form is favored when one of the binding partners is 

present in excess. However, the use of excess bead volumes exacerbates the issue of non-

specific binding due to large excess of bead surface, thus leading to enrichment 

efficiencies (i.e., abundance ratio of specific to non-specifically bound proteins) of ≤10%. 

A common way to deal with this problem is by incorporating thorough washing of the 

beads to minimize the non-specific carryover, and relying on extensive controls and post 

filtering of the list of identified proteins through bioinformatics pipelines that are 

developed specifically for tackling the issue of high false discovery rates in identifying 

protein interactions through AP-MS84,101. In chapter 2 of this thesis, we present a novel 

solution to improve the enrichment efficiency of AP workflow. We test our approach by 

performing AP-MS on challenging protein system involved in DNA damage repair 

pathway.  

Affinity purification methodologies have some additional limitations that are 

important to discuss. First, they require breaking open the cells to gain access to the 

proteome, which leads to loss of compartmentalization and interactions that wouldn’t 

normally occur in cells. In addition, AP-MS cannot differentiate between direct and 
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indirect interactions between bait and prey proteins. AP-MS typically employs cell lysis 

conditions that are optimized to maintain protein interactions, which can prevent 

extraction of membrane proteins that require harsh lysis conditions to be solubilize. 

Furthermore, transient and low-abundance interactions can be difficult to maintain and 

detect due to the lengthy and diluting process of protein extraction and sample 

preparation. 

1.6.2.2 Proximity-labelling mass spectrometry 

Proximity labelling followed by mass spectrometry (PL-MS) presents a 

complementary technique to AP-MS. It uses specifically engineered enzymes that are 

genetically tagged to the protein of interest (POI) (Figure 1.17B)102,103. These enzymes 

can efficiently activate small-molecule substrates such as biotin (biotin ligases) or biotin-

phenol (peroxidases), which upon release from the enzyme reactive sites can diffuse and 

react with lysine (for the ligases) or electron-rich residues like tyrosine (for the 

peroxidases) in the proteins that are in its proximity, and by extension in proximity to the 

POI.  The labeling generally occurs within a 10-20 nm radius (Figure 1.17A,C)102. These 

biotin-tagged proteins are enriched using streptavidin-coated beads, which binds to the 

biotin with very high affinity (𝐾𝑑= ~10-15 M).  The enriched proteins are identified using 

bottom-up proteomics workflow analogous to AP-MS.  
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Figure 1.17 Proximity-labelling mass spectrometry (PL-MS) enzymes and workflow.  

Adapted with permission from reference102. (A) Various biotin ligases and peroxidases 

with their respective substrate and labelling target residue. (B) Protein of interest is fused 

with the proximity-dependent biotinylation enzyme. (C) In vivo expression of the tagged 

protein of interest followed by addition of the substrate will initiate the biotinylation of 

proximal proteins that are subsequently purified using streptavidin matrix and analyzed 

using bottom-up proteomics workflow. 
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The most widely utilized PL enzymes are the mutant biotin ligase (BirA*) and the 

ascorbate peroxidase. The PL workflows utilizing these enzymes are called BioID and 

APEX, respectively103,104. The wild-type biotin ligase (BirA) catalyzes the reaction 

between biotin and adenosine triphosphate (ATP), forming biotinoyl-5’-adenosin 

monophosphate (biotinoyl-AMP). The reactive biotinoyl-AMP stays attached to the BirA 

and only gets transferred to a specific lysine residue of the biotin-carboxyl carrier protein 

(BCCP)102. The BirA* was developed by Kwon et al. by mutating the wild-type BirA at 

the residue R118G, which resulted in a more promiscuous enzyme with low affinity 

towards biotinoyl-AMP, thus allowing it to diffuse away and react with lysine residues of 

proximal proteins105. The APEX workflow is similar, with biotin-phenol as the substrate, 

and upon addition of hydrogen peroxide the peroxidase catalyses the formation of biotin-

phenoxyl radical that readily reacts with electron-rich amino acids106. An improved 

version of APEX enzyme, known as APEX2, has been developed that shows higher 

activity and promiscuous labelling107. 

PL techniques such as BioID and APEX have several advantages over the 

conventional AP-MS techniques. First, they allow for tagging of proximal proteins in 

living cells, thus potentially identifying more pertinent interactions. Second, they are 

better able to capture the weak and transient interactions that can be lost in AP-MS due to 

sample workup. Finally, PL techniques allow for the use of harsher cell lysis protocols 

since maintenance of protein interactions is not a concern, thus PL techniques are 

amenable for the study of membrane proteins that are otherwise difficult to 

solubilize108,109. Although PL techniques can overcome some of the major shortcomings 

of the conventional AP-MS techniques, they do have some limitations as well. PL 
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techniques selectively label lysines and tyrosines. Therefore, proteins lacking these 

residues on their surface may not be detected108. In addition, PL techniques do not 

provide information on the direct interactors of the POI rather it provides proximal 

relationships. Therefore, data generated from PL can be difficult to mine for interactions 

and it requires careful design of the control experiments108,109. Affinity enrichment of 

tagged protein from a complex mixture is required, and the general lack of enrichment 

efficiency observed with the conventional AP workflow is also observed here. We also 

evaluated the enrichment efficiency of tagged proteins from a BioID assay of a well-

characterized protein using our analytical solution in chapter 2. 

1.6.2.3 Crosslinking mass spectrometry (XL-MS) 

One of the shortcomings of AP-MS and PL-MS techniques is the lack of 

information they provide on which proteins in the interaction network are in direct 

physical contact. Crosslinking (XL) is a chemical labelling technique that can encode this 

information. It involves in-solution covalent coupling of nearby amino acids of proteins 

using bifunctional linker molecules (Figure 1.18). Following coupling, the sample is 

processed through a bottom-up proteomics workflow, and the potential protein-protein 

associations are revealed based on the presence of crosslinked peptides from the 

interacting proteins110.  
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Figure 1.18 General workflow for XL-MS. The purified protein complex is crosslinked 

for a certain duration followed by enzymatic (generally with trypsin) digestion. The 

digest is enriched for crosslinked peptide by a way of fractionation (generally via size 

exclusion or cation exchange chromatography). The crosslinked peptides are separated 

and analysed on LC-MS/MS platform and identified using various bioinformatics tools 

available. Reprinted with permission from reference111. 

 

A conventional crosslinker molecule consists of reactive groups that are flanked 

by a linker region. The chemistry of the reactive groups specifies which amino acids they 

target on proteins, and the length of the linker region provides an upper-bound on the 

maximum distance that may be probed (Figure 1.19)112. There has been a variety of 

crosslinker chemistries developed over the years. Most widely used crosslinkers target 

the primary amine of the lysine side chain. Crosslinkers targeting acidic residues, as well 

as non-specific chemistries, have also been developed (Figure 1.19). In addition to the 

amino acid specificity, crosslinking chemistries have varied reaction kinetics and half-

lives in solution and possess other modifications such as an MS cleavable linker and an 

enrichment handle for downstream processing.  
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Figure 1.19 Common crosslinking chemistries and their reaction mechanisms. (a) 

NHS-ester based crosslinking (e.g., bis(sulfosuccinimidyl) or BS3) reagents for linking 

primary amine groups in proteins. DSSO (disuccinimidyl sufoxide; amine reactive), 

DSBU (disuccinimidyl dibutyric urea; amine reactive), and DHSO (dihydrazide 

sulfoxide; carboxyl reactive) are novel group of crosslinkers that can be cleaved in mass 

spectrometer to obtain linear peptides with crosslinker modification to assist in 

localization of the modification. (b) Carboxyl-amine (DMTMM) and carboxyl-carboxyl 

(DMTMM + ADH) reactive crosslinkers. (c) ethyl-3-(3-

dimethylaminopropyl)carbodiimide (EDC) reaction mechanism for crosslinking reaction. 

(d) Photoactivable crosslinkers. Succinimidyl 4,4’-azipentanoate (SDA), p-benxoyl-L-

phenylalanine (BPA) and diazirine amino acid derivative of leucine and methionine. 

Reprinted with permission from reference112. 

There are some inherent challenges associated with XL-MS. First, the digest of 

the crosslinked sample generates complex mixture of peptides, including linear peptides, 

mono-linked peptides, and crosslinked peptides that provide the connectivity information 
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(Figure 1.18). The component of the peptides that are crosslinked in the sample relative 

to the linear and mono-linked peptides is quite low113,114. Furthermore, the bioinformatics 

pipeline for searching crosslinked peptides is taxed due to the expansion of the search 

space created by requirement of considering all the possibilities of forming crosslinks 

between valid residues of the proteins in the database. Several strategies have been 

developed to enrich for low abundance crosslinked peptides including chromatographic 

techniques such as size exclusion (SEC), strong cation exchange (SCX), and hydrophilic 

strong anion exchange chromatography (SAX)113,114. These techniques take advantage of 

the unique physicochemical properties of crosslinked peptides including their larger size 

and higher charge states to selectively separate them from the linear peptides. As 

mentioned earlier, specific enrichment groups in the linker region can also be included 

for direct enrichment of crosslinked and mono-linked modified peptides from the sample. 

The linker region can also be modified to include a gas-phase cleavable group to aid in 

the identification of the crosslinked peptides, thus somewhat alleviating the issue of 

search space expansion mentioned earlier. There have also been extensive developments 

in search algorithms that allow for searching larger databases (e.g., human proteome) in 

XL experiments. 

XL-MS has been a valuable technique over the last decade in generating 

connectivity information in multi-protein complexes for structural modelling purposes. 

Although commonly applied to purified protein complexes, in recent years its application 

has been extended to more complex systems such as cell lysates, whole cells, and even at 

the level of tissues, owing to the above-mentioned developments and improvements in 

the workflow. This has rendered XL-MS as a valuable tool to study protein-protein 
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interactions at a system level and in its most native form as it does not require genetic 

tagging of proteins. Continued developments in crosslinking chemistry, experimental 

workflows, and bioinformatics routines promises to improve the capabilities of XL-MS in 

deciphering the interactome. 

 

1.7 Hydrogen/deuterium exchange mass spectrometry (HX-MS) 

Crosslinking is an example of labelling techniques that can be coupled with MS to 

allow for interrogation of protein structure. There exists complementary labelling 

techniques such as covalent labelling mass spectrometry (CL-MS), and 

hydrogen/deuterium exchange mass spectrometry (HX-MS) that also allow for study of 

protein higher order structure. As HX-MS is a major focus of this thesis, it will be 

introduced in detail in this section.  

1.7.1 Basics of hydrogen/deuterium exchange 

The functional interactions of proteins are dictated by their tertiary fold, which in 

turn is governed by the myriad of non-covalent interactions between amino acids in the 

protein sequence. Once expressed, proteins adopt their tertiary structure by traversing the 

free energy landscape towards the lowest energy state. However, the tertiary structure of 

the protein is not a stable one115–117. Evaluation of the free energy of protein folding by 

subjecting proteins to denaturant provides the value of ~20-60 kJ/mol, which is 

equivalent to the stability of a few hydrogen bonds in water116,117. This means proteins 

are highly dynamic entities that can adopt conformations that are nearly energy-

equivalent, around their native fold. This conformational space can be easily distorted 

through changes in the protein chemical environment or its interactions with other 
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molecules118,119. These distortions are interesting as they usually directly influence the 

function of proteins118,119. Therefore, techniques that can characterize interaction-driven 

alterations in protein structure and associated kinetic and thermodynamics parameters are 

valuable tools in biochemistry.  

Crystallography, and Cryo-EM can provide an atomic-level view of the 

interactions. However, this typically only captures the static representation of the protein 

assemblies. NMR can shed light on the conformational dynamics of proteins at individual 

amino acid resolution. However, its applicability remains limited to smaller proteins. 

Although mass analysis is not directly applicable to the analysis of protein conformation 

and dynamics, coupling it with labeling chemistries that are sensitive to dynamics 

provide valuable structural details. In this regard, MS acts as the “readout” for the 

labelling chemistries. Ideally, the labelling chemistries must not distort the protein 

structures to allow for the faithful extraction of conformational dynamics. 

Isotopic exchange of hydrogen is one such protein labelling technique that is 

capable of monitoring protein conformation and dynamics in exquisite detail120. 

Hydrogens in proteins are either bound to the heteroatoms (Nitrogen, Oxygen, and 

Sulfur) or to Carbon (Figure 1.20). Heteroatom-bound hydrogens are generally 

considered labile, and they are readily (and continuously) exchanged with solvent 

hydrogens, while carbon bound hydrogens do not exchange to any measurable extent121. 

Among heteroatom-bound hydrogens, of particular interest are backbone amide 

hydrogens that are present in all amino acids except for proline. They partake in an 

important hydrogen bonding network that stabilizes the protein secondary (and often 

tertiary) structure. The approach to measure the backbone amide hydrogen exchange rate 
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(HX) in proteins is relatively simple. A protein is transferred from an aqueous buffer (i.e., 

H2O buffer) to a deuterium-rich buffer (D2O buffer) and allowed to undergo exchange. 

The extent of incorporation of the heavier isotope (i.e., deuterium D) in the labile sites of 

the protein is measured with either NMR or MS. Although conceptually simple, the 

exchange rates of the labile protein hydrogens are extremely sensitive to reaction 

conditions and the local chemical environment. It is important to appreciate the 

mechanism of HX to fully understand the relevance of studying exchange with respect to 

protein conformational dynamics. 

 

Figure 1.20 Types of exchangeable hydrogens in amino acid structures. Schematic 

representation of polypeptide chain (Gly-Asn-Asp-Ser-Cys-Lys-Pro) illustrating 

exchangeable hydrogens with amide backbone hydrogens highlighted in red circles, and 

fast exchanging side-chain hydrogens highlighted in blue circles. Figure adapted from 

reference121. 

The process of hydrogen exchange in solution can be broadly described using 

diffusion-limited proton transfer theory120,122,123. The influence of reaction parameters and 

the local chemical environment on the exchange kinetics have been studied extensively 

by numerous investigators124–127. The following section will summarize these studies with 

a primary focus on the intrinsic exchange rate (𝑘𝑐ℎ) for backbone amide hydrogens (from 

now on referred to as amide hydrogens) placed in the deuterium-rich aqueous medium. 
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While the other labile hydrogens bonded to heteroatoms of the amino acid side chains do 

undergo exchange, their exchange rates are several orders of magnitude higher than the 

amide hydrogens121. Therefore, their exchange is undetectable with conventional 

analytical workflows used to measure the exchange (with the exception of histidine). In 

addition, because of their important role in the hydrogen bonding network, and their 

ubiquitous presence on the protein backbone, the amide hydrogens provide powerful 

means to track the solution-phase protein dynamics.  

1.7.1.1 Base- and Acid- catalyzed amide HX  

Amide HX in deuterium-rich aqueous medium can be facilitated by base, acid, or 

water catalysis. In the base-catalyzed HX reaction, the amide proton is abstracted by a 

nucleophile (OD-), and the resulting basic nitrogen is deuterated by picking up a deuteron 

from the medium (Figure 1.21C)128. Acid catalysis can proceed through two distinct 

pathways: 1) O-protonation, and 2) N-protonation (Figure 1.21A,B)128. The O-

protonation pathway is considered the dominant of the two due to the higher basicity of 

the amide oxygen atom. It proceeds with the transfer of a deuteron on the amide oxygen 

by D3O
+ leading to the acidified amide proton which is abstracted by D2O and 

subsequently deuterated by D3O
+. In contrast, N-protonation proceeds with the transfer of 

a deuteron to the amide nitrogen. For water-catalyzed amide HX, the rate of water-based 

catalysis is several orders of magnitude slower than the rates of base and acid catalysis, 

therefore water catalysis is considered negligible. Thus, summation of second-order rates 

for base (𝑘𝑂𝐷−), and acid (𝑘𝐷3𝑂+) catalyzed exchange provides the observed rate of 

exchange for a particular amide (𝑘𝑐ℎ), 

𝑘𝑐ℎ = 𝑘𝑂𝐷−[𝑂𝐷−] + 𝑘𝐷3𝑂+[𝐷3𝑂+]   (1.12) 
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Figure 1.21 Reaction mechanism of acid- and base- catalyzed hydrogen/deuterium 

(HX-MS) exchange of amide hydrogen. (A) Predominant O-protonation acid-catalyzed 

pathway. (B) Acid-catalyzed N-protonation pathway involving direct deuteration. (C) 

Base-catalyzed pathway. Adapted with permission from reference129. 

 

1.7.1.2 Factors governing amide HX.  

1.7.1.2.1 Solution pH 

Solution pH is clearly an important parameter that influences the amide 𝑘𝑐ℎ. The 

𝑘𝑐ℎ as a function of pH is a “V-shaped” plot that has a characteristic minimum at pH of 

~2.5, somewhat dependent upon the flanking sequence (Figure 1.22A). The negative 

sloping region left of the minima represents the region where amide exchange proceeds 
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primarily through acid catalysis, and the positive sloping region to the right represents the 

region where exchange proceeds primarily through base catalysis. Proteins labelling is 

typically conducted at or near physiological conditions (pH 6-8). Within this pH range, 

𝑘𝑐ℎ of amide hydrogen is base-catalyzed and relatively fast, allowing for measurable 

level of deuterium uptake on a reasonable time scale. 

1.7.1.2.2 Temperature 

Temperature is also a major factor that affects 𝑘𝑐ℎ and must be carefully 

controlled during HX experiments. Increasing temperature affects the ionization constant 

of the D2O in the labelling buffer, thus increasing the concentration of OD-. A theoretical 

value for 𝑘𝑐ℎat a specific temperature can be estimated using a modified Arrhenius 

equation, with a reference temperature of 293 K, 

𝑘𝑐ℎ(𝑇) = 𝑘𝑐ℎ(293) exp
−𝐸𝑎

𝑅
(

1

𝑇
−

1

293
) (1.13) 

where 𝐸𝑎  is the activation energy for the acid- or base- catalyzed exchange rate and R is 

the molar gas constant. Accordingly, every 22⁰C increase in temperature is coupled with 

approximately a 10-fold increase in 𝑘𝑐ℎ (Figure 1.22B). In addition, in a polypeptide 

sequence, the 𝑘𝑐ℎ is also affected by the steric and inductive contributions from the side 

chains of the neighboring residues. For instance, an amide hydrogen flanked by the 

isobutyl groups of the isoleucine amino acids on both sides will exchange 10-20 times 

slower than an amide hydrogen flanked by alanine amino acids whose side chain consists 

of a less bulky methyl group. Inductive effects are primarily driven by the polarity of the 

neighboring residues. For instance, the flanking serine residues with an electron-

withdrawing group on its side chain can enhance the base-catalyzed exchange by 
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approximately 2-3 fold while suppressing the acid-catalyzed exchange reaction compared 

to a residue that is flanked by alanine.  

 

Figure 1.22 Effect of pH and temperature on intrinsic exchange rate (𝒌𝒄𝒉). (A) 

Exchage rate as function of pH for amide hydrogen. Adapted with permission from 

reference130.  The labelling and quenching pH ranges are highlighted in grey. B) 

Exchange rate as function of temperature. Adapted with permission from reference129. 

 

1.7.1.2.3 Protein higher order structure 

 Although the parameters discussed above modulate the 𝑘𝑐ℎ of an amide hydrogen 

in an unstructured peptide to various degrees, their effects can be relatively small 

compared to the modulation of 𝑘𝑐ℎ due to the higher-order structure of a protein120,124,131. 

In a folded protein, amide hydrogens taking part in hydrogen bonding are protected from 

solvent exposure and will not readily exchange. For exchange to take place the amide 

hydrogen bonds must be broken and exposed to the solvent120,124,132. As discussed 

previously, proteins are undergoing constant conformational fluctuations, where 

hydrogen bonds are constantly being broken and reformed, and due to these structural 

motions, the amide hydrogens can become exposed to the solvent and undergo exchange. 
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From the point of view of amide hydrogens, the following expression described the 

exchange mechanism with respect to protein fluctuations, 

  (1.14) 

where 𝑐𝑙 and 𝑜𝑝 corresponds to the exchange-incompetent (i.e., closed protein fold), and 

exchange-competent (i.e., open protein fold) forms of the protein, respectively. The 𝑘𝑜𝑝 

and 𝑘𝑐𝑙 are the rate constants for the opening and closing rate constants, respectively, that 

describe the protein’s conformational dynamics at a given point in structure. H and D 

denote the protiated and deuterated states of the amide hydrogen. Therefore, considering 

the kinetics of protein folding and unfolding at a given point in structure, and the intrinsic 

exchange rate (𝑘𝑐ℎ) of the amide hydrogen, the following equation provides the overall 

exchange rate of the amide hydrogens (𝑘𝑜𝑝) in protein: 

𝑘𝐻𝑋 =  
𝑘𝑜𝑝× 𝑘𝑐ℎ

𝑘𝑜𝑝+ 𝑘𝑐𝑙+ 𝑘𝑐ℎ
     (1.15) 

For a protein in its native state, the open state is typically transient, and it returns to the 

closed state rapidly, thus, 𝑘𝑐𝑙 ≫ 𝑘𝑜𝑝, and the following approximation can be obtained 

for 𝑘𝐻𝑋: 

 

𝑘𝐻𝑋 =  
𝑘𝑜𝑝× 𝑘𝑐ℎ

 𝑘𝑐𝑙+ 𝑘𝑐ℎ
     (1.16) 

The timescales of the protein conformation dynamics can be viewed under two extreme 

conditions. At one end, the 𝑘𝑐𝑙 ≪  𝑘𝑐ℎ, where once in the open state, all the amide 

hydrogens undergo exchange prior to protein returning to the closed state. This exchange 
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regime is known as EX1 (or correlated exchange). This type of exchange is rare for 

native state proteins under physiological conditions; however, it can be induced by 

altering conditions (e.g., denaturant, heat etc.) to favor the open state of the protein120,121. 

The other extreme, where 𝑘𝑐𝑙 ≫  𝑘𝑐ℎ, is where protein in the open state will return to the 

closed state rapidly. Thus, for exchange to occur, protein will be required to locally 

unfold and refold many times over.  This exchange regime is known as EX2 (or 

uncorrelated exchange), and it is primarily what is observed for amide hydrogens of a 

protein in its native fold under physiological conditions120,131. These two exchange 

regimes can be described by following: 

𝑘𝐻𝑋 =  𝑘𝑜𝑝 (𝑘𝑐𝑙 ≪  𝑘𝑐ℎ , 𝐸𝑋1 𝑘𝑖𝑛𝑒𝑡𝑖𝑐𝑠)   (1.17) 

𝑘𝐻𝑋 =  
𝑘𝑜𝑝

𝑘𝑐𝑙
× 𝑘𝑐ℎ (𝑘𝑐𝑙 ≫  𝑘𝑐ℎ , 𝐸𝑋2 𝑘𝑖𝑛𝑒𝑡𝑖𝑐𝑠)  (1.18) 

The EX2 exchange correlates with the equilibrium between open and closed amide states 

(𝐾𝑜𝑝 =  
𝑘𝑜𝑝

𝑘𝑐𝑙
), from which one can derive the free energy of structural stabilization at a 

given point in sequence (Δ𝐺𝑜𝑝):  

Δ𝐺𝑜𝑝 =  −𝑅𝑇 𝑙𝑛 𝐾𝑜𝑝 =  −𝑅𝑇 ln (
𝑘𝑜𝑝

𝑘𝑐𝑙
) = 𝑅𝑇 ln (

𝑘𝑐ℎ

𝑘𝐻𝑋
) (1.19) 

R and T are the universal gas constant and temperature, respectively. The ratio between 

intrinsic exchange rate of amide hydrogen (𝑘𝑐ℎ) and exchange rate of amide hydrogen in 

folded protein (𝑘𝐻𝑋)  defines the “protection” provided to the given hydrogen due to 

protein structure, hence it is known as the protection factor (𝑃𝐹 =  
𝑘𝑐ℎ

𝑘𝐻𝑋
). A PF of 1 

indicates that the given amide hydrogen is likely in the unstructured part of the protein, 
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where it is readily exchanged with solvent. In contrast, a higher PF value indicates 

protection for an amide hydrogen due to its placement in a structured region where it may 

participate in hydrogen bonding and/or be protected from solvent exposure. 

Any changes in the protein conformational dynamics induced by chemical or 

environmental factors, or due to protein interactions, will result in a change in the free 

energy of structural stabilization given by: 

ΔΔ𝐺𝑜𝑝 =  −𝑅𝑇Δ 𝑙𝑛 𝐾𝑜𝑝 =  −𝑅𝑇 ln (
𝑘𝐻𝑋,𝐴

𝑘𝐻𝑋,𝐵
)   (1.20) 

where 𝑘𝐻𝑋,𝐴 and 𝑘𝐻𝑋,𝐵 are exchange rates corresponding to state A and state B. If these 

changes can be measured and localized to specific regions of the protein with sufficient 

resolution, it can provide important insights into a protein’s conformational stability. The 

most common application of HX is the study of the changes in protein conformational 

dynamics through its interactions with other biological macromolecules or drug/ligand 

molecules. Interactions can alter the exchange kinetics of the amide hydrogens in the 

binding sites; however, it can also induce conformational changes in the parts of the 

protein that are distant from the binding sites (i.e., allosteric effects). Therefore, in HX 

experiments, it is often difficult to differentiate between binding site and allosteric effect 

without additional structural data. Also, interactions primarily involving electrostatic 

coupling of side chains often proceeds without any alteration to the amide hydrogen 

exchange and are thus not detectable in HX experiments.  

1.7.2 HX-MS Experimental workflow 

With its ability to comprehensively probe large and complex protein systems, the 

mass spectrometer has become the tool of choice in the HX analysis. The deuterium 
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uptake analysis of protein on the MS can be performed at the protein level (global HX) or 

at the peptide level (local HX)133,134. The information available from protein 

conformational dynamics at the protein level analysis is rather limited, therefore peptide-

level analysis is more commonly performed.  

 

Figure 1.23 Schematic diagram depicting continuous and pulsed labelling workflow 

for protein or peptide level analysis. Adapted with permission from reference134. 

1.7.2.1 Peptide-level HX-MS analysis 

Broadly, the peptide level HX-MS analysis workflow is analogous to the bottom-

up proteomics with several important distinctions133,135,136. The first step in peptide level 

HX analysis is to ensure the quality of the protein samples being studied. Amide HX is 

sensitive to the proteins conformational dynamics, therefore, it is important to ensure that 
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the state of the protein(s) being examined is homogenous. The buffering capacity, ionic 

strength, pH, and temperature of the protein solution should be kept constant throughout 

replicate analyses. In comparative analyses, where protein conformational dynamics are 

being assessed in different states through chemical or environmental perturbations, it is 

imperative to avoid issues related to protein stability such as protein aggregation. In 

comparative analyses involving protein interactions with ligands (such as small 

molecules, oligonucleotides, proteins etc.), one should confirm the saturation of the 

binding event(s) to ensure homogeneity of the interacting state(s). 

Deuterium labelling is initiated by dilution of protein sample in the deuterated 

buffer. Most commonly, high dilution ratios are used with D2O content exceeding 90% in 

the resulting labelling buffer, but this is detrimental to the signal to noise ratio due to 

expansion of the peptide isotopic envelope137. Protein(s) must be provided at a high initial 

concentration when using high dilution, which is often not feasible. Finally, a high degree 

of deuterium incorporation has been shown to alter the conformational dynamics of 

proteins137. Therefore, the comparative HX analyses performed in this thesis did not 

exceed a D2O content of 50% in the labelling buffer. The labelling reaction can be 

performed in a “pulsed mode” or “continuous mode” (Figure 1.23). In a common 

application of the pulsed mode, after exposing protein to perturbant for a set duration, 

deuterium labelling is carried out for a very brief period (e.g., milliseconds-to-seconds), 

in an attempt to gain understanding of the conformational dynamics of intermediate states 

of the protein(s). In contrast, the continuous mode labelling is carried out to investigate 

the equilibrium state of the protein(s), and it is the more widely used approach of the two 

(Figure 1.23).  
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At the end of the labelling reaction, to preserve the deuterium label from “back-

exchange” prior to MS measurement, it is necessary to slow down the exchange or 

“quench” the reaction. This is achieved by acidifying the protein solution to a pH of 2.5, 

where base- and acid- catalyzed reactions rates are at their lowest128. Additionally, the 

temperature of the solution is often lowered (<10 ⁰C) to assist in slowing of the reaction. 

All the subsequent steps in the HX-MS workflow are performed under these 

conditions138. Once quenched, the protein is denatured (unfolded) and digested using an 

acid stable protease. The quench condition assists in denaturation to allow for efficient 

digestion. However, chaotropic agents such as urea and guanidinium are often required to 

effectively unfold highly stable proteins131,135,139. For digestion, the protease used must 

function effectively under the quench conditions. Porcine pepsin is the most widely used 

protease in HX-MS. It provides high digestion activity and has broad cleavage preference 

with an ability to cleave C-terminal to all amino acids except lysine, arginine, histidine, 

and proline140. Work presented in this thesis utilizes nepenthesin Π, an aspartic protease 

from the Nepenthes carnivorous plants, that was recombinantly produced in our lab140–142. 

Given the stability of the proteases under quenched conditions, the protease is often 

added together with the quench solution to initiate digestion. Although traditionally 

digestion is performed by incubating protease with protein in solution, an effective 

approach involves an immobilized protease in a column format140,142. This achieves high 

protease-to-protein ratio and short digestion times (< 1 min) compared to traditional in-

solution digest (~ 2-5 min). The protease columns are integrated in the liquid 

chromatographic platform used to separate peptides from the protein digest. 
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Once digested, peptides are desalted and separated prior to MS analysis. The 

modern liquid chromatography (LC) systems for HX-MS analysis provide an integrated 

solution for desalting and separation of peptides through “trap and elute” configuration, 

where a short column is used for trap and desalting followed by a longer column for 

separation129,136. The most widely used technology for separation is the reverse 

hydrophobic stationary phase, with octyldecylsilane (C18) being the most common. The 

water and acetonitrile based mobile phase gradients are used for separation with addition 

of formic acid or trifluoroacetic acid, providing a pH range between 2-3, suitable for 

minimizing back-exchange during separation. The LC is commonly performed at 

temperatures below 10 ⁰C to minimize back-exchange, and for the same reason the 

separation times are shortened as well (~5-20 min). Although high pressure liquid 

chromatography (HPLC) instruments are common, the introduction of many commercial 

ultrahigh pressure liquid chromatography (UHPLC/UPLC) with increased pressure limits 

(> 15 kpsi) have become a staple in HX-MS instrumentation. Increased pressure limits 

allow for the use of smaller particle diameters (≤ 2 μm) for the stationary phase, which 

results in improved separation through higher peak capacity143,144. Furthermore, higher 

pressure also enables separation at colder temperatures (~0-5 ⁰C), resulting in ability to 

lengthen the separation times beyond 20 minutes143,144. Most chromatographic 

separations for HX-MS are performed at microflow flow rates (20-500 μL/min) as it 

provides more robust operation and consistent chromatographic performance than 

nanoflow separation. However, the electrospray mechanism is substantially less sensitive 

in the microflow regime, requiring 10-50 pmol of protein per run, thus limiting its 

applications in studies where protein amounts are limited (<10 pmol/run)129. Our lab has 
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recently constructed a customized nanospray LC-MS configuration that has shown robust 

operation and chromatographic precision for routine HX-MS analysis of proteins 

available in amounts less than <0.5 pmol145. An updated version of this configuration was 

used in the work presented in chapter 4 to perform comparative HX-MS analysis of 

affinity purified complex protein digest with approximately 0.1-0.2 pmol of protein per 

HX-MS run.  

1.7.3 Data analysis in HX-MS 

1.7.3.1 Peptide identification, and extraction and annotation of deuterated peptides  

The first step in any peptide level HX-MS analysis is the optimization of the 

protein digest to ensure the sequence coverage of protein through sequenced peptides is 

maximized. This is accomplished by bottom-up proteomics analysis of peptide digest 

from un-deuterated proteins. These sequencing runs are commonly performed at the same 

experimental conditions as the deuterium labelling experiments. Identified peptide 

features (i.e., LC retention time and m/z values) are transferred to the deuterium labelling 

runs to assign the peptides to the correct deuterated isotopic envelopes (Figure 

1.24)146,147. 

HX-MS workflow borrows many of the bioinformatic tools developed by the 

broader proteomics community. This includes search tools (e.g. SEQUEST, MASCOT, 

PEAKS etc.) for database driven peptide sequencing from MS2 data to obtain the list of 

peptide features74,75,148. These tools are optimized for the identification of peptides 

obtained from highly specific proteolytic digest using enzymes such as trypsin, and not 

for non-specific digest performed in HX-MS analysis. They are also tolerant of 

overlapped and low signal-to-noise MS1 distributions. However, the HX-MS analysis 
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determines the deuterium uptake at the MS1 level. Therefore, a large subset of peptide 

features provided by the search tools are often not useful in deuterium uptake analysis 

due to HX-induced convolution of MS1 data. Incorporation of varied amounts of 

deuterium in peptide results in the phenomenon of “peptide isotopic expansion”, where 

natural isotopic distribution of peptide expands and shifts towards higher m/z (Figure 

1.25). This leads to the increasing spectral complexity, decreasing signal-to-noise of the 

isotopic distribution, and increased frequency of overlapping isotopic distributions 

involving multiple peptides149. Furthermore, the non-specific protease used generates 

highly complex digest that presents a challenge for chromatographic separation. These 

issues can potentially prevent confident assignment of deuterium uptake values for 

peptides and necessitates time consuming manual validation of individual deuterated 

isotopic distributions to ensure that only the quality distributions are used for deuterium 

uptake analysis. In chapter 3, we present an integrated approach of HX-MS data analysis, 

where a dedicated module is developed to assess the quality of the peptide isotopic 

distributions in the sequencing run to enrich for peptides that are deemed suitable for 

providing confident deuterium uptake information150.  
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Figure 1.24 General data analysis routine in HX-MS. Data collected in labelling 

experiments are organized according to the labelling time and conditions, and associated 

with the list of features identified from the sequencing runs for isotopic envelope 

extraction, followed by deuterium uptake calculation, validation, and statistics and 

visualization. 

1.7.3.2 Calculation of deuterium incorporation, visualization, and statistical analysis 

The time required to digest and separate peptides prior to MS analysis incurs loss 

of deuterium content incorporated in peptides due to back-exchange. To account for back 

exchange and determine the absolute deuterium uptake of peptide (𝐷), a correction is 

required for each peptide as follows: 
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𝐷 =  
𝑀𝑡−𝑀𝑈𝑁𝐷

𝑀100%−𝑀𝑈𝑁𝐷
× 𝑁    (1.21) 

where, 𝑀𝑡, 𝑀𝑈𝑁𝐷 , and 𝑀100%  are mass of the deuterated, un-deuterated, and fully 

deuterated peptide, respectively, and 𝑁 is the maximum number of deuterium atoms that 

can be incorporated into the peptide. However, since the majority of HX-MS experiments 

involve comparative analysis where deuterium uptakes are compared between protein(s) 

in two or more states, the back-exchange corrections are often not necessary, and the 

relative comparison of peptide level deuterium uptake provides sensitive measurements 

of changes in the conformational dynamics of the proteins.  

There are two primary approaches used to determine the relative deuterium level 

(𝐷𝑡). One of the approaches uses change in the mass of the centroid value of the 

deuterated and un-deuterated peptide isotopic envelope as follows: 

𝐷𝑡 = 𝑀𝑡 − 𝑀𝑈𝑁𝐷     (1.22) 

This is a straightforward approach to determine the conformation differences in 

comparative analysis151. However, applying it in its naïve form, it is prone to error in 

deuterium uptake calculation for noisy and overlapped isotopic distributions. 

Furthermore, it does not consider any additional information encoded in the shape of the 

deuterated isotopic envelopes such as different exchange regimes (i.e., EX1 and EX2) 

that can provide important information related to the local structural stability of the 

protein(s) (Figure 1.25A,B)151. Another approach involves determining a model-based 

deuterium uptake to fit the experimental isotopic distribution. This approach is more 

reliable in analysis of noisy and overlapped isotopic distribution and can provide an 

avenue to evaluate the exchange regimes as well149,152. The expansion of the peptide 
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isotopic distribution upon deuterium uptake is due to the convolution between the natural 

isotopic distribution (primarily due to the heavier carbon isotope, 13C) and the deuterium 

incorporation (2H or D), A binomial or double binomial distribution is commonly used to 

model the uncorrelated exchange (EX2) and/or correlated exchange (EX1) upon 

deuteration, respectively, as follows, 

(1.23) 

where, 𝐼 represents the modelled distribution, 𝑘 is the number of exchanged hydrogens 

(0,1,… 𝑛), 𝑝 is the level of deuteration (0-100%), and 𝐴𝑖 (𝑖 = 1,2) are the relative factors 

representing weight of each of the distribution. There have been other approaches used to 

model the deuterium uptake as well. These models are fit to the experimental data using 

different approaches with least-square based fitting being the most common149,152. In 

chapter 3, we evaluate different model-based approaches in their ability to distinguish 

between EX1 and EX2 exchange regimes. 
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Figure 1.25 Isotopic distribution of deuterated peptide at two extreme kinetic 

regimes. (A) EX2 (𝒌𝒄𝒍 ≫  𝒌𝒄𝒉), and (B) EX1 (𝒌𝒄𝒍 ≪  𝒌𝒄𝒉). Adapted with permission 

from reference129. 

 

Depending on the number of states and labelling time-points used, the peptide 

level deuterium uptake can be visualized in a variety of ways including heat-maps, 

butterfly plots, woods plot, and chiclet plots129,136. For competitive analysis, a simple 

student’s t-test is often employed in deriving level of significance from the differences 

observed in deuterium uptake for a given peptide. A popular visualization is a volcano 

plot, where difference in deuterium uptake is plotted against the p-value calculated from 

the statistical significance test129.  
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1.7.4 Improving spatial resolution of HX-MS 

One approach of improving resolution of the peptide level HX-MS is to rely on 

the high degree of redundancy available in the amino acid sequence coverage due to non-

specific digestion of the protein. Therefore, it is possible to subtract the deuteration of 

short peptide from a longer peptide covering the same amino acid sequence, thus 

providing deuteration of the overhanging region of the longer peptide153–155. For this to be 

a viable approach, the back-exchange kinetics of all the amino acid residues common 

between two peptides should be identical during LC-MS analysis. However, it has been 

shown that for peptides of different length/amino acid composition, peptide structure 

under quench condition and its interaction with the with stationary phase of the column 

leads to differential back-exchange, thus preventing a straightforward subtractive analysis 

for localizing deuterium156.  

Several studies have explored the possibility of localizing the deuterium uptake to 

a single residue via MS2 acquisition of peptide fragment ions. However, studies have 

shown that the collision induced dissociation (CID), the widely used fragmentation 

approach, resulted in the “scrambling” of the hydrogen and deuterium atoms throughout 

the exchangeable sites of the peptide prior to fragmentation. This is due to the lower 

energy required to activate the scrambling process compared to the energy required to 

fragment the peptide backbone157. Scrambling leads to loss of any site-specific 

information encoded in the peptide during labelling157,158. However, work conducted in 

the Schriemer lab has shown that the deuterium levels in a fully scrambled fragment ions 

can be used to derive the level of deuterium in the parent peptide ion159,160. Thus, 

allowing for the confident assignment of deuterium uptake by utilizing the high degree of 
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redundancy available in the fragment spectra. This approach is particularly suited to 

analyze intact peptide isotopic distributions that overlap or have low signal-to-noise ratio.  

In the work presented in chapter 4, we build on this strategy to present a 

comprehensive solution for analyzing the deuterium incorporation at the MS2 level by 

leveraging the sophisticated data-independent acquisition (DIA) strategy available on the 

state-of-the art Qq-TOF and orbitrap platforms66,67. Several studies have shown that the 

alternative fragmentation techniques, such as electron transfer dissociation (ETD), and 

electron capture dissociation (ECD) proceeds with minimal activation of the peptide 

vibrational energy, thus avoiding the scrambling prior to fragmentation. However, this 

approach requires detuning of the ionization source to ensure that the energy imparted 

during the ionization process does not initiate significant scrambling prior to 

fragmentation via ETD/ECD. The detuning of ionization source results in lower 

ionization efficiency. Therefore, this approach consumes larger quantities of proteins.  

1.8 Research Objectives 

The broad aim of the work presented in this thesis is to identify and present novel 

solutions to tackle current limitations in the analytical and data analysis workflows 

involving state-of-the-art MS based proteomics techniques in the study of higher-order 

protein structure.  

I begin my investigation by taking a critical look at the conventional AP-MS 

workflow to understand the source of non-specific protein carryover that is persistent in 

the enriched fraction. I hypothesize that a unique binding mode presented by the high 

binding capacity magnetic microbeads presents a solution whereby substantially reducing 

the bead volume to ensure the saturation of binding capacity would result in improved 
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enrichment efficiency in AP-MS applications. I begin by constructing a platform that 

allows for handling of few nL’s volume of beads and evaluate the enrichment efficiencies 

in applications involving proximity labelling (BioID) and affinity purification of tagged 

proteins.  

Subsequently, in chapter 3, I present my efforts in the development of two 

software modules in support of an integrated HX-MS data analysis pipeline. The primary 

focus of this development was to construct filtering strategies that allow for effective 

enrichment of peptide features that are most likely to provide confident deuterium uptake 

information from HX-MS experiments, thus, reducing the burden on the extensive 

manual validation of all identified features. 

Finally, in chapter 4, I present a novel HX-MS2 data acquisition and data analysis 

routine, a collaborative effort involving several members of the lab. This approach 

enables truly automated analysis of deuterium uptake in complex protein sample types, as 

illustrated by the differential HX analysis involving small molecule drug binding to the 

large protein kinase (DNA-PKcs, ~470 kDa) purified directly from cell lysate.  
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Chapter 2: High Efficiency Enrichment by Saturating 

Nanoliters of Protein Affinity Media 
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2.1 Introduction 

Affinity-based enrichment is a common front-end sample handling method in 

bioanalysis. A biomolecule like a protein is immobilized on porous beads or a flat surface 

in a manner that preserves its ability to bind a ligand, such as another protein or small 

molecule. The ligand is then isolated and released for detection, or the binding event is 

coupled to a reporter technology of some kind161,162. Proteomics uses affinity enrichment 

in multiple ways. For example, post-translationally modified peptides and proteins are 

extracted from cell lysates with a modification-selective sorbent to aid in their 

identification by mass spectrometry (MS)163,164. Similarly, an immobilized “bait” protein 

is used to isolate interacting proteins and define protein-protein interaction (PPI) partners 

by a classical affinity pulldown mass spectrometry (AP-MS) strategy165,166. Advanced AP-

MS methods leverage enzymatic labeling to install affinity tags that make the isolation 

more robust (e.g., BioID)167,168. Our ability to detect specific interactors relies on the 

efficiency of these isolations, which we define as the fractional intensity of specific 

binders over total binders recovered in the pulldown (measured using unique peptides). 

The basic pulldown strategy is straightforward, and relatively unchanged over the 

years. Excess binding capacity is used to recover as much binding protein as possible and 

support vigorous washing to reduce the load of non-specifically bound protein prior to 

MS analysis169–174. This capacity is usually provided in the form of agarose beads that 

immobilize the bait protein. Methods use 5-500 µL of settled beads, with a more typical 

bead volume of approximately 30 µL175. These experiments incorporate large amounts of 

input material, often mg’s of protein lysate, and manual pipetting is used for bead 

washing. Isolations are not efficient. Specific interactors are usually present at levels well 

below 10% of the total isolated protein, and even with matched controls, the variability in 
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the analysis remains high. For example, a selection of 6 recent studies using AP-MS (138 

pulldowns) show an average extraction efficiency of 6.5% (Figure 2.1). This means that 

the remaining signal – fully 93.5% – arises from proteins that do not identify with the 

binding event. This large fraction contributes to an uncomfortably high false-positive 

rates in AP-MS176–178, because when such studies use a low number of replicates (e.g., 

n=3), the probability of assigning a non-specific binder as a true hit increases179. 

 

 

Figure 2.1 Extraction efficiency analysis of select AP-MS studies from the literature. 

Data were downloaded from the ProteomeXchange data repository, filtered for studies 

that (1) used AP-MS, (2) collected data using a common MS platform (a QExactive), (3) 

published in a high-quality journal and finally, (4) were applied to whole cell lysates. 

This generated a set of entries that we ranked by publication date. We then explored them 

in detail, starting with the most recent. We selected studies that had at least three 

replicates for the samples. For the studies with matched controls, the dataset was 

processed using our data analysis pipeline to identify significant hits, and then we used 

these hits to determine the extraction efficiency of their analyses. For studies without 

matched controls, the extraction efficiency was determined based on the list of significant 

hits provided with the publications. The ProteomeXchange entries are as follows:  study 1 

(PXD009570), study 2 (PXD016038), study 3 (PX019639), study 4 (PXD010996), study 

5 (PXD024620), and study 6 (PXD035974).  Proteins per study are simply indicated by 

letter, with numbers in the bracket representing different cell lines. The extraction 

efficiencies of replicate pulldowns were averaged (n≥3). 

https://www.proteomexchange.org/
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The nonspecific binding problem is not easy to overcome. The typical approach 

uses blocking agents such as bovine serum albumin or casein. These agents can mask the 

hotspots that absorb protein, but protein-based masking is not ideal for proteomics 

applications, nor is it particularly effective. Preclearing (or depleting) lysates with a bait-

free sorbent is used in certain applications180, but this is not ideal either, as proteins of 

interest can also interact nonspecifically. Most of the recent efforts to improve the 

efficiency of isolation have centered on bead design. Manufacturers engineer particles 

that increase the density of bait protein to minimize extraneous surface area and they 

incorporate passivation methods where possible. Surfaces have been treated with 

chemical coatings like polyethylene glycol, saccharides and proprietary 

formulations181,182. However, these approaches rarely prevent non-specific binding, as 

changes in the surface coating often just alter adsorptive effects, rather than eliminate 

them. In most cases, the typical response to non-specific binding is to simply accept it 

and implement extensive control experiments where possible. Databases have even been 

created that provide lists of spurious interacting proteins frequently observed in AP-MS, 

allowing for stringent filtering of the enriched fractions183.  

Alternative extraction processes could provide a solution to the problem. One 

useful approach integrated extraction beads with a C18 stage tip for an all-in-one method 

that minimizes sample handling and protein loss184. The authors demonstrated good 

performance in AP-MS experiments using 0.1 to 1 µL of agarose-based affinity sorbents. 

Another strategy generated an array of ultrasmall cartridges for multiplexed 

extractions185. These cartridges, though small, simply miniaturized the standard fritted 

affinity column, and the authors noted that performance depended on the binding affinity 
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of the target proteins. That is, low abundance and weakly-binding interactors were 

thought to be disadvantaged through miniaturization. Admittedly, both studies focused 

primarily on reducing the amount of input lysate required and, in that sense, did not 

directly address extraction efficiency.  

Modern magnetic particles may provide a better solution. Affinity beads with 

paramagnetic iron oxide cores promote ease of capture through magnetization, requiring 

no frit for bead retention and thus avoiding a major source of non-specific binding. 

Magnetic particles facilitate accelerated mixing186, pipette-free washing187,188, and they 

offer many options for automation 189. They also have a built-in solution to the challenge 

of extraction efficiency that has largely been ignored – the high density of the 

immobilized capture reagent. Here we revisit the core principles of affinity isolation and 

show that maximum isolation efficiency requires ultralow volumes of beads (< 10 nL), 

where the best performance involves saturating amounts of lysate, not reduced amounts 

of lysate. We present a novel system that takes advantage of this concept, and we test 

performance in challenging AP-MS applications.   
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2.2 Experimental Section  

2.2.1 Eg5 sample preparation and processing 

The pET28a(+) plasmid carrying the Eg5 coding construct was transformed into 

competent E. coli (BL-21) cells. Cells were grown at 37 ˚C in kanamycin (50 µg/mL) 

supplemented 2YT media until an OD600 reading of 0.72 was observed. 0.5 mM of 

isopropyl-β-D-1-thiogalactopyranoside (IPTG) was added to induce protein expression 

and cells were left on a shaker overnight. Next morning, the cells were pelleted and 

resuspended in cold lysis buffer (20 mM PIPES, 200 mM NaCl, 1 mM MgCl2, 1 mM 

EGTA, and 1 mM PMSF, pH 7.4) and lysed with an ultrasonic homogenizer. The lysed 

content was centrifuged for 20 min at 37,000 rpm and 4 ˚C. The cell lysate was collected 

and loaded onto a HisTrap HP (5 mL, GE Healthcare) column. Eg5 was eluted with an 

imidazole gradient (0-500 mM) on a fast protein liquid chromatography (FPLC) system 

with a fraction collector. The collected fractions were analyzed with SDS-PAGE, and 

fractions containing Eg5 were combined and concentrated prior to storage.   

500 µg of purified Eg5 was buffer exchange into PBS (pH 7.4) and incubated 

with 10-fold molar excess of EZ-Link™ Sulfo-NHS-LC-Biotin (Thermo Scientific) for 

20 minutes. The biotinylation reaction was quenched by adding ammonium bicarbonate 

(pH 8.0) to final concentration of 50 mM, and excess unreacted biotin was washed away 

using PBS with membrane based centrifugal filters according to the manufacturer's 

protocol (Amicon® Ultra – 0.5 mL, 10K, Merck Millipore Ltd.). Aliquots of B-Eg5 were 

snap frozen and stored at -80 ˚C.  

Samples for AP-MS were prepared by spiking biotinylated Eg5 into clarified E. 

coli cell lysate (45 µg, PBS, pH 7.4, 0.1% (v/v) Triton X100, 1 mM PMSF). Enrichment 

efficiency was determined using variable amounts of Promag® 1 series streptavidin 
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coated magnetic beads (Bangs Laboratory, Catalog # PMS1N), incubated with sample 

volumes ranging from 50-200 µL at 4 ˚C. At the end of the incubation, sample was 

aspirated at the rate of 10 µL/min through a fused silica capillary (250/360 μm ID/OD, 

Polymicro Technologies™, Molex®) placed in a specially designed magnetic trap, 

described in section 2.3.2. The beads were washed online at 10 µL/min for 10 min. At the 

end of the wash, the beads were collected in a tube containing 5 μL of digestion buffer 

(20 mM ammonium bicarbonate, 20 ng MS-grade trypsin, Pierce, Catalog # 90057), and 

placed in a 37 ⁰C incubator for overnight on-bead digestion. Digestion was quenched by 

adding 1 μL of 10% (v/v) formic acid. Following quench, the supernatant was removed 

and transferred directly to a sample vial for LC-MS/MS analysis. 

2.2.2 BioID sample preparation and processing 

The cell lines used in BioID experiments were Flp-In-T-REx HeLa cells 

transfected with BirA*-FLAG-LMNA, or BirA*-FLAG-GFP constructs with tetracycline 

inducible stable expression (kind gifts from Gingras Lab, University of Toronto, 

Lunenfeld-Tanenbaum Research Institute). The cells were grown in 10 cm culture plates 

in DMEM high-glucose medium supplemented with 5% fetal bovine serum, 100 U/mL 

penicillin/streptomycin, and 200 µg/mL hygromycin to  ̴60% confluency. At this stage, 

protein expression was induced using 1 µg/mL tetracycline, and the growth medium was 

supplemented with 50 µM biotin for protein labelling. After 20 hours of labelling, the 

medium was aspirated, and the cells were washed twice with 10 mL of PBS and 

supplemented with 5 mL of biotin-depleted growth medium for a total of 2.5 hours with 

medium replaced every 30 minutes with 5 mL of fresh biotin-depleted growth medium. 
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After depletion, cells were washed twice with 10 mL PBS, then collected by scraping the 

plates in 5 mL PBS. The collected cells were centrifuged and washed twice with PBS.  

To lyse the cells, 1 mL of modified RIPA (mod-RIPA) lysis buffer (50 mM Tris-

HCl, pH 7.8, 150 mM NaCl, 1.5 mM MgCl2, 1 mM EDTA, 1 mM EGTA, 1% Triton X-

100, 0.1% SDS, 0.5% sodium deoxycholate, Roche cOmplete™ protease inhibitor 

cocktail) was added to the cell pellet collected from one 10 cm plate. After addition of 

lysis buffer, universal nuclease was added (Pierce), and the lysate was incubated on a 

nutator at 4 ˚C for 30 minutes. After incubation, the lysate was sonicated with 3 × 5 s 

bursts on ice. Following sonication, lysate was centrifuged at 14,000 ×g for 15 minutes at 

4 ˚C. The clarified lysate was aliquoted, and flash frozen at -80 ˚C until enrichment. 

Biological replicates were prepared. Dynabeads™ (MyOne™ Streptavidin T1, Thermo 

Fisher Scientific, Catalog # 65601)) were incubated with BioID cell lysates for 2 hours at 

4 °C. Following incubation, beads were captured in the magnetic trap, and washed with 

100 µL of PBS (pH = 7.4) at 10 µL/min for 10 min. For higher volume enrichments 

(≥500 µL) the capillary was switched to 320 µm ID/450 µm OD (Polymicro 

Technologies™, Molex®) and the wash flow rate increased to 20 µL/min for 5 min. On-

bead digestion was performed as described above (section 2.2.1).  

For conventional BioID isolation, lysate from the 10 cm plate (1000 µL) was 

incubated with 5 µL of settled streptavidin coated agarose beads (Vector Laboratory, N-

1000) for 2 hours at 4 ˚C on a rotating mixer. At the end of incubation, beads were 

washed three times with 500 μL of mod-RIPA buffer, and three times with 500 μL of 50 

mM ammonium bicarbonate (pH 8.0) buffer. Beads were transferred into a fresh 

Eppendorf tube prior to a final ammonium bicarbonate wash. On-bead digestion was 
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performed with 200 ng of trypsin in 20 µL of 50 mM ammonium bicarbonate buffer 

overnight at 37 ˚C. Following digestion, the supernatant was collected into a new tube, 

and the beads were washed with 20 uL of 1% (v/v) formic acid and the wash solution was 

pooled with the collected supernatant. The pooled sample was dried using vacuum 

centrifugation and the peptides were resuspended in 5 µL of 1% formic acid. One µL of 

this sample was injected for the LC-MS/MS analysis. 

2.2.3 Expression and Purification of lysine-less anti-GFP nanobody 

Anti-GFP nanobody (Lag16-2K/R) expression plasmid was a kind gift from Brian 

Chait at Rockefeller University. The plasmid was transformed into E.coli Rosetta (DE3) 

competent cells. Transformed cells were grown overnight in 100 mL 2YT media 

containing 100 µg/mL ampicillin, and 34 µg/mL chloramphenicol at 37 °C, 200 rpm. 

This overnight culture was used to inoculate 1 L of media with 100 µg/mL Ampicillin to 

an initial OD600 reading of ~0.1. The culture was allowed to grow to an OD600 of ~0.7. 

Nanobody expression was induced with 0.5 mM IPTG at 18 °C for 16 hrs. Cells were 

harvested by centrifugation (5000 g, 10 min) at 4 °C, and the cell pellet was washed once 

with TES buffer (200mM Tris-HCl, 5mM EDTA, 0.5M sucrose, pH 8.0). The cell pellet 

was immediately suspended in 15 mL TES buffer supplemented with Roche protease 

inhibitor cocktail and 1 mM PMSF, and the suspension was left on ice for 1.5 hrs with 

constant stirring. To enrich for the periplasmic fraction, the suspension was centrifuged 

(11,000 g, 10 min) at 4 °C and the supernatant was collected and conditioned to final 

concentration of 0.15 M NaCl, and 2 mM MgCl2. The periplasmic fraction was manually 

loaded on the 5 mL HisTrap™ HP (Cytiva) column pre-equilibrated with the binding 

buffer (20 mM Tris-HCl, pH 8.0, 0.15 M NaCl). The column was attached to an FPLC 
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system and the washed with 10 mL of binding buffer, followed by 10 mL of wash buffer 

Ⅰ (20 mM Tris-HCl, pH 8.0, 0.9 M NaCl), and 10 mL of wash buffer Ⅱ (20 mM Tris-HCl, 

pH 8.0, 0.15 M NaCl, 10 mM imidazole). The bound fraction was eluted using a gradient 

of 0-250 mM imidazole in elution buffer (20 mM Tris-HCl, pH 8.0, 0.15 mM NaCl). The 

nanobody-containing fractions were collected and further purified on a size exclusion 

column (Superdex® 75 10/300 GL, Cytiva™) with PBS (pH 7.4) as the mobile phase. 

The nanobody enriched fractions were concentrated, snap frozen and stored at -80 °C.  

2.2.4 Coupling of anti-GFP nanobodies to magnetic beads 

Purified anti-GFP nanobody (Lag16-2K/R) was biotinylated by incubating it with 

10-fold molar excess of EZ-link™ Sulfo-NHS-LC-LC-Biotin (Thermo Scientific) for 20 

minutes at room temperature. The biotinylation reaction was quenched by adding 1 M 

Tris-HCl (pH 8.0) to final concentration of 50 mM, and excess biotin reagent was washed 

away using PBS in a membrane-based centrifugal filter according to the manufacturer’s 

protocol (Amicon® Ultra – 0.5 mL, 3K, Merch Millipore Ltd.). Next, 0.5 mg (∼ 0.28 µL 

settled bead volume) of Dynabeads™ (MyOne™ Streptavidin T1) were incubated with 

10 µg of biotinylated anti-GFP nanobody in a 100 µL total incubation volume (PBS, pH 

7.4, 0.1% Triton X-100) for 4 hours at 4 °C. Following conjugation, the beads were 

washed three times with 100 µL of incubation buffer to wash away any unbound 

nanobody.  

2.2.5 Affinity Enrichment of GFP-tagged DNA repair proteins 

EGFP-tagged constructs were prepared for three proteins involved in DNA 

damage repair through the non-homologous end-joining (NHEJ) pathway:  EGFP-DNA-

PKcs, EGFP-XRCC4 and EGFP-XLF.  
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DNA-PKcs null V3 CHO cells stably expressing an N-terminal EGFP tagged 

human DNA-PKcs construct was a kind gift from Dr Kathy Meek, Michigan State 

University. The method to derive the V3 transfectant was described previously191. The 

cells were cultured in α-MEM supplemented with 10% fetal bovine serum, 100 U/mL 

penicillin/streptomycin, 10 µg/µL blasticidin, and 10 µg/µL cipromycin. For the control, 

a GFP-only construct stably expressed in the V3 CHO cells was used, with cells grown in 

the same supplemented α-MEM media. Cells were harvested by trypsinization and 

washed twice with 10 mL of PBS. Cell pellets were frozen at -80 °C until protein 

extraction.  

EGFP-XRCC4 and EGFP-XLF constructs were expressed transiently in a 

HEK293T system. Here, ~2 × 106 HEK293T cells were seeded into a 10 cm plate and 

grown overnight at 37 ˚C to ~70% confluency. The cells were transfected using 1 µg of 

purified EGFP-C2, XLF-EGFP, or XRCC4-EGFP plasmids using Lipofectamine™ 3000 

in Opti-MEM media for 4 hours. Expression of EGFP-tagged proteins were confirmed 

using EVOS live cell imaging at 22 hours post-transfection. Cells were harvested by 

trypsinization and washed twice with 10 mL PBS. Cell pellets were frozen at -80 °C until 

protein extraction.  

Frozen cell pellets were suspended in 500 µL of lysis buffer (50 mM Tris-HCl, 

150 mM NaCl, 1 mM EDTA, 0.5% NP-40) with Roche cOmplete™ protease inhibitor 

cocktail, Roche phosphatase inhibitor cocktail, and Pierce universal nuclease. The lysate 

was incubated on a nutator at 4 °C for 30 minutes followed by sonication with 3 × 5 s 

bursts on ice. Following sonication, the lysate was centrifuged at 14,000g for 15 minutes 

at 4 °C. The clarified lysate was aliquoted, and flash frozen at -80 °C until pulldown. 
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Biological replicates were prepared from independent cell cultures for lysate preparation 

and pulldowns. Cell lysates were then incubated with anti-GFP magnetic beads (prepared 

as described in section 2.2.4) for 2 hours at 4 °C. At the end of incubation, the beads were 

captured in the magnetic trap and washed online with PBS (pH 7.4) at 20 µL/min for 5 

minutes. On-bead digestion was performed as described above (section 2.2.1).  

For conventional isolation, 1 mg of cell lysate prepared from the V3 CHO cells 

stably expressing the EGFP-DNA-PKcs construct was incubated with 10 μL settled 

volume of GFP-Trap® agarose beads (Chromotek) for 2 hours at 4 ˚C on a rotating 

mixer. At the end of incubation, beads were washed three times with 500 μL of PBS 

buffer, and two times with 500 μL of 50 mM ammonium bicarbonate (pH 8.0) buffer. 

Beads were transferred into a fresh Eppendorf tube prior to a final ammonium 

bicarbonate wash. On-bead digestion was performed with 500 ng of trypsin in 20 µL of 

50 mM ammonium bicarbonate buffer overnight at 37 ˚C. Digest was collected into a 

new tube, and the beads were washed with 20 µL of 1% (v/v) formic acid and the wash 

solution was combined with the digest. The pooled sample was dried using vacuum 

centrifugation and the peptides were resuspended in 5 µL of 1% formic acid. Two µL of 

this sample was injected for the LC-MS/MS analysis. 

2.2.6 LC-MS/MS data collection 

MS data were acquired on EASY-nLC-1200 pump coupled with Orbitrap Eclipse 

mass spectrometer (Thermo Scientific). Peptide digest was loaded onto an Acclaim 

PepMap™ 100 C18 trap column (75 µm ID x 2 cm, 3µm particles, Thermo Scientific), 

and washed with 10 µL of mobile phase A (0.1% v/v formic acid in water). Peptides were 

separated on an PepMap™ RSLC C18 column (75 µm ID x 15 cm, 3 µm particles, 
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Thermo Scientific) with a mobile phase B (0.1%v/v formic acid in 80% v/v acetonitrile) 

gradient as follows: 5-45% mobile phase B in 40 minutes, 45-60% in 5 minutes, 60-100% 

in 2 minutes and held at 100% for 10 minutes. An additional 10 minutes of 100% mobile 

phase B was cycled through the column at the end of the separation to wash away 

carryover. The mass spectrometer was operated in data-dependent mode. Full scan MS 

spectra were acquired from m/z 375-1575 in the Orbitrap at resolution set at 120,000 with 

normalized AGC target of 100%, and maximum injection time of 50 ms. The dependent 

scans were collected in linear ion-trap with cycle time of 3 s. Charge states included for 

MS/MS fragmentation were set to 2-7, with dynamic exclusion parameter n = 1, 

exclusion duration of 30 s, minimum intensity threshold of 5000, precursor isolation 

window of 1.2 Th, normalized AGC target of 100%, and maximum injection time of 35 

ms.  HCD fragmentation was performed in stepped collision mode and MS/MS data were 

acquired in ion-trap with the scan rate set to rapid. The spray voltage was set to 1800 V, 

and mass-spectrometer was operated in positive-ion mode. 

2.2.7 LC-MS/MS Data analysis.  

For peptide identification, raw spectral files were searched with the MSFragger 

(version 3.5)192 database search engine implemented in the FragPipe GUI. Philosopher 

(version 4.4.0)193, and IonQuant (version 1.8.0)194 were enabled in the FragPipe for results 

filtering and peptide/protein level quantitation, respectively. Biotinylated Eg5 spike-in 

experiment files were searched against the E. coli proteome (Uniprot, ID – 

UP000000625) with the addition of streptavidin and Eg5 motor protein sequences. The 

BioID experiment files were searched against the human proteome (Uniprot, ID – 

UP000005640) with the addition of streptavidin and BirA* (R118G) protein sequences. 
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The GFP-DNA-PKcs pulldown experiments were search against Cricetulus griseus 

proteome (Uniprot, ID – UP000001075) with the addition of human DNA-PKcs 

(PRKDC), streptavidin, and anti-GFP nanobody LaG16 sequences. All search databases 

were supplemented with decoy databases and common contaminant proteins 

(https://www.thegpm.org/crap/). Spectral files were searched using the following 

parameters: MS1 and MS2 mass tolerances were set to 10 ppm and 0.5 Da, respectively; 

peptide length was 5-50 amino acids; strict trypsin digestion was used with maximum of 

2 missed cleavages; and oxidation of methionine and acetylation of N-terminal were 

considered variable modifications with 3 maximum modifications per peptide. The 

results were filtered at a 1% FDR at the peptide and protein levels. For label-free 

quantification (LFQ), the sum of all the unique peptides per protein was used. To identify 

enriched proteins in the lamin-A BioID experiments and the affinity purification of DDR 

proteins, Perseus (version 2.0.6.0)195 was used to perform statistical analysis using protein 

intensity data imported from the FragPipe output. All experiments were performed in 

biological triplicates, using independently prepared cell cultures and corresponding lysate 

preparations. The triplicates were grouped according to control vs. experimental group 

and filtered for proteins that had protein intensity values across all three replicates in at 

least one of the groups specified. The intensity values were log2 transformed and missing 

values were imputed from the normal distribution of the intensities using the default 

parameters in Perseus (Width = 0.3, Down shift = 1.8). Statistically different proteins 

were identified using the permutation-based FDR (< 0.01) corrected two-sided t-test, and 

the fold change parameter set to 1 (i.e. minimum 2-fold change to be considered 

significant). To generate the volcano plots, -log(10) transformed p-values of FDR 

https://www.thegpm.org/crap/
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corrected t-test, and fold-change values generated from the statistical analysis were 

exported in to OrginPro software (Version 2017, Origin Lab corp., Northampton, MA, 

USA). 

 

2.3 Results and Discussion 

2.3.1 Theoretical considerations  

In a well-mixed dilute solution, the law of mass action for a ligand L and an 

immobilized binding-protein P states that: 

𝐾𝑑 =
[𝐿][𝑃]

[𝐿𝑃]
      (2.1) 

The goal of an isolation experiment is to maximize the recovery of LP, thus we can 

explore the conditions under which this is possible. We could apply binding protein P at a 

concentration much higher than the amount of bound ligand we hope to recover, as is 

typically done in AP-MS. Here, [P]i, the initial concentration of binding protein, will be 

much greater than [LP]. Under these conditions, equation 2.1 rearranges to:  

𝑥 =
1

1+
𝐾𝑑
[𝑃]𝑖

      (2.2) 

where x is the fraction of [L]i (the initial concentration of ligand in solution) that is bound 

to the beads. We then see that a second requirement for maximum recovery is [P]i>>Kd. 

Consider the typical dissociation constants involved in AP-MS experiments. Immobilized 

reagents target a fusion tag on the bait protein, such as a triple HA-tag or a GFP-tag. 

These have affinities in the picomolar range196 but these baits are used to capture proteins 

that have a much lower affinity with the bait itself, often with micromolar Kd’s. These 

secondary binding events are the limiting factor in recovery and the origin of the current 



85 
 

practice of AP-MS of providing a large excess of capture reagent. In practical terms, 

researchers have generally met the requirement for [P]i>>Kd by increasing the volume of 

beads used for a given volume of lysate.  

 However, this simple formalism is for a well-mixed solution and should be 

revised for an immobilized bait protein. Magnetic beads with a high density of capture 

agent can be adequately represented using a compartment model, where a permeable 

coating of limited depth surrounds an inert core, creating a binding zone with flow 

properties that are quite different from bulk solution. This coating has a high effective 

surface area, and it can accommodate a large amount of protein. For example, T1 

magnetic beads with immobilized streptavidin (SA) present approximately 2.2 × 105 

molecules of SA per bead. If we assume a capture efficiency equal to a typical biotin-

antibody binding experiment, and a pore volume of 10%, this equates to a concentration 

of 2.4 mM protein in the porous layer, suggesting that the requirement for [P]i>>Kd is 

easily met even for weak secondary binders (if there is saturation of the primary binder 

on the beads first). The mass transfer kinetics of the layer are also favorable to the 

retention of bound protein under washing conditions. An effective dissociation rate 

constant, 𝑘𝑑
′ , has been developed for the compartment model197:  

𝑘𝑑
′ =

𝑘𝑑

1+
𝑘𝑎𝑃

𝑘+

     (2.3) 

where kd and ka are the typical dissociation and association rate constants for the 

interaction in a well-mixed solution, P represents the population of free bait protein on 

the bead, and k+ the diffusion-limited forward rate constant. The denominator can be 

significantly greater than one in beads with permeable surfaces, a high number of bait 

proteins and a reduced diffusion constant. It suggests that, upon equilibration of a bead in 
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solution and its removal to washing solution, the loss of bound prey is considerably 

slowed, and gets even slower with washing as more P becomes available.   

 These considerations suggest that the individual bead is the only extraction vessel 

that matters. Each bead presents sufficient bait concentration to trap and retain even 

weakly bound prey. That is, there is no connection between the volume of beads used and 

the condition for [P]i>>Kd. Analytically we need only present enough beads to meet the 

requirements of detection. To illustrate, for the T1 beads mentioned above, 1-10 nL of 

beads should have more than enough capacity for typical BioID-style experiments, which 

is approximately 3 orders of magnitude less beads than is currently used. The benefit of 

such a reduction should be observable in a strongly reduced level of non-specific binding, 

provided that other surfaces are not created in the handling of these low bead volumes.  

The dilute slurry required for such extractions should have no major impact on the 

time required to bind and equilibrate prey protein (i.e., the incubation time). Simulations 

suggest that the time to bead saturation is well within typical incubation times for AP-MS 

experiments (Figure 2.2), although we note that association rates are influenced by 

factors like those presented for dissociation rates and may take longer (see equation 2.3). 

In short, there are good reasons to test the use of ultralow bead volumes in AP-MS 

experiments, but new technology is needed to reliably handle such quantities of magnetic 

bead.   
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Figure 2.2 Simulation of binding kinetics of binary interaction on affinity coated 

bead. A) Schematic of compartmental model used for deriving ligand (L) binding with 

protein (P) coated on the porous outer layer of the bead. The outer layer of a porous-shell 

bead (e.g. T1 Dynabeads™) can support high density of protein molecules ([P] ~ 2.4 

mM). Based on the manufacturer’s quoted binding capacity, a single T1 Dynabead can 

bind ~2.2E5 biotinylated molecules. B) Simulation of time required to reach binding 

occupancy of 50% at different concentration of L in solution. Here, with high protein 

surface density and fast rate constant of association (kon), the binding of L to P on bead is 

assumed to be limited by the transport of L to the bead surface, i.e. diffusion limited 

binding. The bulk solution containing L is assumed to be well-mixed (i.e. homogenous) 

and the concentration of L is unchanged in the bulk solution throughout the simulation. 

Under these assumptions, the rate of binding of L with P on bead (𝝂) is governed by the 

diffusion limited forward-rate constant (𝒌+), and the concentration of L in the bulk 

solution. The 𝒌+ is given by the Smoluchowski expression (𝒌+ = 𝟒𝝅𝑫𝑹), 𝝂 =  𝒌+[𝑳], D 

is the diffusion coefficient of L in bulk solution (7E-7 cm2 s-1), R is the radius of the bead 

(5E-5 cm).  

 

2.3.2 Design and operation of a Nano-Isolator 

We designed a platform consisting of a fritless magnetic trap and associated 

fluidic components for paramagnetic bead capture and washing. The challenge lay in 

developing a sufficiently strong field for high-efficiency capture while at the same time 

avoiding bead clumping that can interfere with effective washing. We built a magnetic 
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trap using two cubic neodymium-iron-boron magnets (NdFeB, 2-inch cubes) attached to 

a low-carbon steel yoke, with opposite poles facing each other. Two field-focusing 

pyramids were machined from the same low-carbon steel to concentrate the magnetic 

flux to a small zone (5 mm × 5 mm), creating a 1 mm gap between the pyramids to 

generate a trap with a high field gradient. The gradients are highest at the fringes of the 

field and serve to focus the beads on the center of the trap (Figure 2.3). To capture the 

beads from an equilibrated sample slurry, a fused silica capillary (250-320 µm ID) was 

placed in the magnetic trap, with one end of the capillary placed inside the sample, and 

the other end of the capillary connected to a fluidic module consisting of tubing, valves 

and a syringe pump for aspirating sample and injecting wash solution (Figure 2.3).  
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Figure 2.3 Simulation of magnetic flux density and the field gradient across the 

middle of the capillary channel inside the bead trapping region of the nano-isolator, 

determined using FEMM software (https://www.femm.info/wiki/HomePage). The 

highest magnetic flux density is in the middle (y = 0), and the highest field gradient is at 

the ends of the trapping region (y = 2.5 mm, and y = -2.5 mm). The superparamagnetic 

beads used in this study experience two opposing primary forces in the trapping region of 

the nano-isolator device: viscous (hydrodynamic) force, and the magnetic force. To 

successfully trap the particles in the trapping region and achieve fluidization (i.e., stirring 

of the beads), the magnetic force acting on the bead must slightly exceed the viscous 

force under fluid flow in the capillary. The magnetic force (𝑭𝒎) acting on the 

superparamagnetic particles in an external magnetic field depends on a few factors, 

including the bead volume (𝑽), saturation magnetization (𝒎𝒔), and magnetic field 

gradient (𝛁𝑩) as given by the equation: 

 

𝐹𝑚 = 𝑉. 𝑚𝑠. ∇𝐵     (2.4) 

The magnetic flux density of more than 0.5 Tesla throughout the trapping region ensures 

that the magnetic beads used in this study maintain saturated magnetization. The design 

of the trapping region allows successful capture and fluidization of 1 micron diameter 

superparamagnetic beads in 250-320 ID fused silica capillary with fluid flow ranging 

from 10-50 µL/min. 

 

https://www.femm.info/wiki/HomePage
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Figure 2.4 Fluidic platform for the capture, washing and elution of low nL volumes 

of paramagnetic beads (A) Aspiration mode for capture of dilute bead slurry (B) 

Injection mode for washing of captured beads (C) Bead retrieval and digestion. (D) 

Photograph of the nanoisolator with capture zone highlighted. The magnetic trap 

generates sufficient capture force to sustain the fluidization and washing of beads at 10-

50 µL/min.  

 

The distal end of the fused silica capillary is placed in the tube containing the 

sample that is incubated with the magnetic beads. Using a gas-tight syringe and a pump, 

sample is aspirated into the capillary to the desired volume (Figure 2.4A). The flow path 

is then rerouted, and aspiration continued from the wash buffer reservoir 2 to clear the 

path of excess sample solution. A flow of wash buffer from reservoir 1 is stabilized 

offline at the desired flow rate and then connected with the sample flow-path to wash the 

trapped beads, with the flow-through collected in a tube (Figure 2.4B). The flowrate is 
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set to generate an axial force that, together with the magnetic field gradient, achieves 

particle fluidization for effective washing198. After the required volume of wash buffer, 

the beads are transferred to a fresh tube for on-bead tryptic digestion (Figure 2.4C).  

2.3.3 Proof of concept – maximizing extraction efficiency   

To test how the bead volume used in the pulldown affects enrichment efficiency, 

we used the SA-biotin affinity interaction. We generated samples by spiking chemically 

biotinylated human kinesin motor domain protein (Eg5, 43 kDa) into clarified E. coli cell 

lysate, depleted of all natively biotinylated proteins. Our test used 1 µm diameter 

streptavidin-coated ProMag beads. A titration experiment using these samples showed 

that approximately 2 pmol of was sufficient to saturate the binding of 2.8 nL of settled 

bead volume (Figure 2.5). Based on the sensitivity of modern LC-MS instruments, 2 

pmol would be adequate capacity for most discovery-based AP-MS experiments. This 

capacity is 24% of that posted by the manufacturer, where those numbers are based on a 

much smaller biotin-tagged fluorophore.  

 



92 
 

 
 

 

 

Figure 2.5 Binding capacity determination for the Promag® 1 streptavidin coated 

beads (Bangs Laboratory Inc.). 2.8 nL of magnetic beads were used to extract 0.05-3 

pmol of biotinylated Eg5 protein spiked into E.coli protein background.  

 

We next tested the implications of low-volume beads on the incubation time 

required to recover sample from solution. For this, we devised an experiment where a 

fixed amount of biotinylated Eg5 was spiked into 45 µg of E. coli lysate as background 

(1:1000 w/w), also precleared of biotinylated endogenous proteins, at sample volumes 

varying from 50-200 µL. These samples were incubated with 2.8 nL of streptavidin beads 

for 30 minutes. The total Eg5 signal intensity was greater for higher bead-to-sample 

volume ratios, indicating that the incubation time was insufficient (Figure 2.6). We then 

explored longer incubations with 1.4, 2.8, and 5.6 nL of beads in a fixed sample volume 

(50 µL). The signal from Eg5 was maximal at 2 hours incubation, and longer incubation 

did not appear to affect signal strength. Here, we also observed that the total intensity of 



93 
 

Eg5 increased with decreasing amounts of beads (Figure 2.7A). As we analyzed the 

content of all the beads in the incubations, this effect could result from decreased ion 

suppression in MS with lower bead volumes. That is, the lower bead volumes reduce 

non-specific binding and thus also reduce competition for charge during LC-MS.  

 
 

Figure 2.6 Effect of varying bead-to-sample-volume ratio on the recovery of 

biotinylated Eg5 from an E. coli background. Bead volume and biotin-Eg5 levels were 

fixed, and the sample volume varied (at constant lysate concentration). We used 3 nL 

Promag 1 beads and the E. coli lysate precleared of endogenous biotin carboxylases.   

 

 

 
 

Figure 2.7 (A) Effect of decreasing bead volumes on the total measurable signal for Eg5, 

at two different incubation times, 2 hrs (maroon bars) and 12 hrs (orange bars). (B) 

Intensity of recovered Eg5 and extraction efficiency, as a function of slurry 

concentration, sampling a fixed volume of beads (1.4 nL).  
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  To explore this result further, we prepared standard samples of biotinylated-Eg5 

spiked into E. coli lysate and incubated them for 2 hours with a wider range of bead 

volumes (1.4 – 22.4 nL). Equivalent volumes of beads were then recovered from the 

resulting slurries (1.4 nL). This standardization allowed us to measure changes in 

extraction efficiency more carefully. Here, we used 4 pmol of Eg5 (sufficient to saturate 

5.6 nL of beads) and we would expect to see a drop in efficiency at bead levels higher 

than this value. This is indeed what we observed (Figure 2.7B), but the drop is more 

precipitous than expected based simply on the dispersion of Eg5 on the higher amounts of 

beads. For example, we see a 100-fold decrease in efficiency from 5.6 nL to 22.4 nL of 

beads, which should only be 4-fold based on dilution. This observation suggests that the 

non-specific binding properties of the beads in the various slurry concentrations are 

different. A bead saturated with ligand does not appear to adsorb the same number of 

non-specific binders as an unsaturated bead. A bead with a more accessible surface 

because of unsaturated occupancy can adsorb more background protein and worsen the 

ion-suppressive effects we discussed above. Taken together, these tests indicate that bead 

saturation should be the goal of an AP-MS pulldown. Only ultra-small volumes of beads 

are needed to generate a sufficiently strong signal for MS detection and to maximize 

extraction efficiency. For the Promag beads at least, it required a strikingly low slurry 

concentration of 7 × 10-4 % (v/v).   

2.3.4  Application to BioID experiments 

We then tested the bead saturation concept in a more conventional application 

where the signal is split among a greater number of proteins, to investigate the degree to 

which the capacity of ultralow bead volumes is limiting. Proximity dependent 
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biotinylation, in the form of BioID, uses a mutant BirA* enzyme (R118G) to biotinylate 

proteins in the immediate vicinity of the targeted BirA* fusion protein. We used a well 

characterized system consisting of BirA*-FLAG-LMNA for this test, stably expressed in 

HeLa cells. Lamin A is a filamentous scaffolding protein that is situated on the luminal 

side of the nuclear membrane and provides structural integrity to the nuclear envelope199. 

It has been associated with a wide range of nuclear functions, including genome 

organization200, DNA replication/repair201 and chromatin regulation202. We first conducted 

pulldowns to find a saturating bead-to-sample volume ratio. In these experiments we 

shifted to T1 Dynabeds™ as these are more commonly used in pulldowns and widely 

regarded as low non-specific binders. The particles are also 1 µm in diameter and have a 

high density of streptavidin (SA). As with the Eg5 experiments, we varied the volume of 

beads (1.4 – 44.8 nL) and then normalized the amount sampled for each experiment to 

1.4 nL to evaluate extraction efficiency. These experiments were performed in biological 

triplicate and referenced against BirA*-FLAG-GFP control pulldowns.   

The results are consistent with our Eg5 experiments. We observed an increase in 

the number of significantly enriched proteins as the slurry concentration was decreased 

(Figure 2.8A,B). Sufficient capacity is available in a 1.4 nL/200 µL slurry to deeply 

sample the reaction products, even in the presence of the endogenous biotin carboxylases. 

The extraction efficiency exceeded 30% (Figure 2.8B), and we note that endogenous 

biotin carboxylases do not outcompete BioID-tagged proteins even at these low bead 

volumes (Figure 2.8C). We do see a drop in efficiency at higher slurry concentration, but 

the drop is delayed and not as severe as in the Eg5 experiments. It is closer to what we 
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expect from slurry dilution. Bead saturation is likely occurring over a wider range of bead 

volumes, and these beads must exhibit less nonspecific binding than the ProMag product.  

 

 

 
 

 

Figure 2.8 Determining the enrichment efficiency of T1 Dynabeads in low slurry 

concentration BioID pulldown experiments, where 200 µL of lysate was sampled 

with various bead volumes and 1.4 nL analyzed from each slurry. (A) Volcano plots 

for each bead indicated volume, where orange dots present the significant hits referenced 

to a GFP-only control, as a surrogate for direct detection of biotinylation. (B) Number of 

BioID reaction products identified from A and the corresponding extraction efficiency. 

(C) The aggregate intensities of the significantly enriched biotinylated proteins (blue 

bars), separate from the endogenous biotin carboxylases (grey bars).  

 
 

 

However, these results do not show that we have maximized the total number of 

significant hits. An ultralow volume of beads may still present a signal-limited detection 

scenario. Thus, we simply scaled up the experiment, at a saturating slurry concentration 

to control non-specific binding, and then determined if more signal would translate into 

more hits. We increased the sample while maintaining a slurry concentration of 1.4 nL 
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beads/100 µL lysate (1.5 ×10-3 % v/v). Sample inputs amounted to the equivalent of 

1/10th of a 10 cm plate of cells (100 µL lysate and 1.4 nL of beads), half a 10 cm plate 

(500 µL lysate and 7.0 nL of beads), and a full 10 cm plate (1000 µL lysate and 14 nL of 

beads). In these experiments, the total bead content of each sample was captured and 

processed for analysis. The corresponding GFP controls were processed with the identical 

slurry concentrations. We found that there was no benefit to scaling up the analysis 

beyond 100 µL (~200 μg of lysate), at least in terms of the total number of significant 

proteins enriched and their fractional intensity (Figure 2.9A,B). In all three cases, 

approximately 170 proteins were enriched, representing a sampling efficiency of 45%. 

Interestingly, the overlap between datasets was lower than expected; almost half 

of the hits for the smallest scale analysis were unique to this dataset (Figure 2.9C). 

Together, these results suggest that ample signal is available to detect hits even at the 

smallest scale, but each sample configuration presents a unique background signal that 

influences detection. Notice that the overlap between runs gets substantially higher when 

thresholds are relaxed (Figure 2.9A), highlighting that the hits are detected in all three 

samples. Ion suppression is variable and dependent on the amount loaded. This is not 

surprising. At higher loads, chromatographic peak shapes can change slightly, which can 

alter sample composition at the point of spray and change the relative ionization 

efficiencies. It is also a reminder that an n=3, while a standard for AP-MS replication, is 

still a low number for full sampling. Thus, a strategy to extend the number of hits could 

involve increasing n or changing the scale of the analysis to place the analytes in a 

different noise regime. The BioID results compare very favorably with a pulldown 
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experiment that uses a conventional volume of agarose beads (5 µL). Very few proteins 

are identified, and the extraction efficiency is less than 1% (Figure 2.10B).  

We then compared our nano-scale BioID experiments with literature datasets 

(Figure 2.10A, Appendix A). While many proteins are shared, the overlap with the 

conventional method is not perfect. The difference may simply reflect lab-to-lab 

variability and/or differences in the cell lines used, but the nano-scale, minimal slurry 

technique that we present here, with its lower fraction of non-specific protein, should be 

less prone to false positives than conventional methods.  

 

 
 

Figure 2.9 Higher-scale Lamin-A BioID pulldown at a fixed and optimized slurry 

concentration (1.4 nL/100 µL). (A) Volcano plots for each scale of pulldown as noted, 

where orange dots present the significant hits referenced to a GFP-only control, as a 

surrogate for direct detection of biotinylation. Purple dots represent the significant hits 

from the other scales of pulldown. Samples and controls were run in triplicate. (B) Effect 

of the scale of the pulldown on the number of enriched proteins, and the associated 

extraction efficiency. (C) Venn diagram showing the overlap between the three scales 

explored.  



99 
 

 

 

 
 

Figure 2.10 Comparison of optimized LMNA BioID results with literature resources 

and the conventional pulldown method. A) Upset plot showing optimized LMNA 

BioID pulldown enrichment from different scales compared to the LMNA interacting 

proteins based on the results from proximity-MS experiments aggregated in the BioGRID 

database (www.thebiogrid.org). B) Volcano plot showing results from enrichment of 

LMNA BioID experiments using the conventional tube-based protocol. Red, green and 

orange dot(s) represents permutation-based FDR cutoff of 0.01, 0.05, and 0.1 

 

 
 

2.3.5 Application to fusion tag pulldowns 

The above experiments show that high-affinity interactors can be efficiently processed 

with ultralow volumes of beads, but they do not prove that weaker interactors can be 

extracted with similar efficiency. To evaluate this, we used an affinity sorbent to capture 

GFP-tagged bait proteins, a conventional AP-MS method used to extract prey proteins. 

We immobilized biotinylated anti-GFP nanobody to the same T1 magnetic streptavidin 

beads, to maintain a high density of loading and establish conditions where [P] >> Kd for 

the bait protein. This sorbent was used to enrich for proteins that are associated with core 

proteins involved in the NHEJ pathway of DNA repair. NHEJ recognizes DNA double 

strand breaks in mammalian cells and forms a synaptic complex that bridges both ends of 

http://www.thebiogrid.org/
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the break and orchestrates a repair process. Decades of work have identified core 

elements and weakly-bound accessory factors, as well as processing enzymes that help 

complete repair203. No DNA damage was induced. Only basal damage levels are 

expected, thus presenting a challenging pulldown scenario.   

We conducted pulldowns on three different members of the core complex:  

EGFP-DNA-PKcs, EGFP-XRCC4 and EGFP-XLF, and referenced them to an EGPF-

only control (Appendix B). EGFP-DNA-PKcs and the EGFP-control were stably 

expressed in V8 cells, a Chinese Hamster Ovary (CHO) cell line lacking endogenous 

DNA-PKcs. DNA-PKcs is an ultralarge ~470 kDa kinase with a central role in DNA 

break detection204, and it is a challenging protein for pulldowns. It non-specifically 

adheres to surfaces and generates spurious hits in most AP-MS datasets, earning an entry 

in the crapome183. We used 11.2 nL of nanobody-loaded T1 beads, with a capacity for 5 

pmol of nanobody, to extract 500 µL (1000 µg) of CHO cell lysate containing stably 

transfected EGFP-DNA-PKcs. Over 50% of the measured signal arose from captured 

DNA-PKcs. It was the top hit based on score and coverage (230 unique peptides, 67% 

sequence coverage) and almost no signal for DNA-PKcs was found in the GFP control 

(Figure 2.11A). Additionally, we enriched 287 significant proteins and detected other 

members of the NHEJ core complex, including Ku70/80 and XRCC4. The accessory 

factors APLF and WRN were identified, and several other proteins thought to be 

involved in regulating NHEJ (e.g., MRE11). We also discovered a rich complement of 

mitochondrial proteins that have only recently been uncovered205. Many of the proteins 

we detected are anticipated to be novel binders and/or substrates of DNA-PKcs, but this 

will require extensive biological validation.  
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A more selective enrichment of repair proteins may be achieved with XLF and 

XRCC4. For these experiments, EGFP-XRCC4, EGFP-XLF and the EGFP control were 

transiently transfected into Hek293T human cells. The XLF pulldown identified 245 

significant hits, including all proteins in the core complex: DNA Ligase 4, XRCC4, 

Ku70/80 and DNA-PKc (Figure 2.11B). It also picked up the accessory factor PAXX 

and the processing enzymes Aprataxin and pol λ. The XRCC4 pulldown strongly 

enriched only seven proteins, but six of them are known to associate with DNA repair 

(Figure 2.11C). This list includes the core factors XLF, DNA Ligase 4 and the end 

processing factors PNKP and Aprataxin. It also identified a recently discovered new 

accessory factor called IFFO1 that helps immobilize broken DNA to the nuclear 

membrane206. Thus, even though DNA damage was not intentionally stimulated in the 

cells, these three pulldowns identify 72% of the known NHEJ factors and they uncover 

many intriguing new proteins. These results show that a nanoscale magnetic bead 

isolation readily supports the comprehensive isolation of interacting proteins, which 

include weak or transient binders (e.g., PAXX, pol λ, PNKP). Enrichment efficiencies 

can exceed 50% with this approach (Figure 2.11D), and only gentle washing is required. 

When we conducted a conventional pulldown of EGFP-DNA-PKcs using 10 µL of GFP-

Trap® agarose, we detected 124 hits with an extraction efficiency of approximately 8.5%, 

much lower than the nano-scale isolation. While there was some overlap with the nano-

scale study (34 hits in common) we could detect no proteins known to be associated with 

the NHEJ pathway in the conventional pulldown (Figure 2.12, Appendix B). 
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Figure 2.11 Enrichment of NHEJ factors from (A) a DNA-PKcs pulldown (B) an XLF 

pulldown (C) an XRCC4 pulldown with associated data in Appendix B. Volcano plots 

represent triplicate analysis of the pulldown referenced to a triplicate analysis of a GFP-

only control, where orange dots represent the significantly enriched proteins, selectively 

labeled with known NHEJ repair proteins. D) Number of significantly enriched proteins 

and extraction efficiency from pulldowns of DNA-PKcs, XLF and XRCC4.  
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Figure 2.12 Conventional AP-MS of DNA-PKcs. Volcano plot showing results from 

enrichment of EGFP-DNA-PKcs experiments using the conventional tube-based protocol 

with associated data in Appendix B. Orange dots represent enriched proteins selectively 

labeled with known NHEJ repair protein(s).  
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2.4 Conclusions 

Non-specific binding causes strong suppressive effects in AP-MS experiments and is best 

reduced by minimizing the volume of beaded sorbent used in a pulldown experiment. The 

maximal reduction in non-specific binding is achieved at bead saturation. Newer 

magnetic beads have such high capacities that we only require low and, in some cases, 

even sub-nL volumes of beads for typical AP-MS applications. Our results indicate it is 

counterproductive to use an excess of beads. Attempting to capture all the binders in a 

solution generates enhanced ion suppression arising from the high load of non-specific 

binders, reducing the precision of the technique. All high-capacity beads are expected to 

demonstrate similar properties but will likely vary in extraction efficiency. Provided that 

the local concentration of the capture agent is maintained at a high level, there should be 

no challenges with enriching even weak binders. Magnetic traps are ideal for meeting this 

low volume requirement as trapping fields allow for “frit-free” operation and good 

control over sample recovery. The extraction tool we developed is quick and easy to use 

and multiplexing for higher volume experiments is possible. In short, the standard 

practice in AP-MS is exactly backwards. To generate the best quality signal, we should 

use an excess of lysate and a small volume of beads, not the other way around. 

 

The mass spectrometry data have been deposited to the ProteomeXchange Consortium 

via the PRIDE partner repository with the dataset identifier PXD042936. 
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Chapter 3: Improving spectral validation rates in 

hydrogen-deuterium exchange data analysis 
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



106 
 

3.1 Introduction 

Proteins participate in the regulation of essentially all cellular processes by 

forming a myriad of functional interactions to build molecular machinery. To understand 

how these interactions drive function, we need to describe them in structural terms. 

Established biophysical methods (e.g. X-ray crystallography, cryo-electron microscopy 

and Nuclear Magnetic Resonance spectroscopy) are instrumental in generating structure-

function information at an atomic scale. To varying degrees, these methods are limited to 

highly purified stable compositions of low overall complexity, and require significant 

amounts of material207–214. Recently, MS-based techniques have grown increasingly 

capable of supplementing these established approaches with data that overcome their 

inherent limitations.  

Hydrogen-deuterium exchange mass spectrometry (HX-MS) is one of the 

techniques that fills a gap. It excels at mapping protein stability landscapes with a 

resolution approaching single residues and it has a practical size limit in the MDa 

range215,216. The dominant analytical method involves plunging protein into D2O, 

followed by a measurement of deuterium uptake as a function of time (and more recently 

temperature217). The resulting profiles of exchange help evaluate the stability of hydrogen 

bonding networks, both locally and globally218. The standard experimental workflow uses 

a “bottom-up” approach involving proteolytic digestion, after the labeling step is 

quenched with low-pH solution. The resulting pool of peptides must be 

chromatographically separated at low temperatures, to minimize back-exchange of the 

deuterium to bulk H2O. Mass analysis of the peptides provides access to deuterium 

incorporation and distribution data, both of which are important in stability analysis.  
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Advances in LC-MS technology and the automation of sample preparation 

routines have extended the scale and variety of the protein samples that can be studied 

using HX-MS, despite the challenging conditions required for analysis216,219. 

Unfortunately, the complexity of the isotopic distributions arising from deuteration has 

perpetuated the practise of manual validation of individual peptides, a laborious curation 

exercise that ultimately defines the quality of the analysis. Such an exercise may be 

acceptable for systems of limited size, but it is increasingly frequent that thousands of 

peptides require inspection across every kinetic timepoint and state. Several software 

packages for bottom-up HX-MS analysis – many generated by the academic community 

– are available that assist in the manual validation exercise220–229. These automate a 

portion of the data processing and analysis workflow. A typical set of algorithms carries 

out tasks such as feature extraction (m/z and retention time) based on peptides identified 

from sequencing runs, deuterium uptake analysis at the peptide level, and statistical 

interpretation with data visualization. Advanced functionality includes some level of 

peptide filtering to trim outliers and provide deconvolution analysis220. In most cases, 

search tools from proteomics routines are adopted that were never really intended to 

support HX-MS. Despite the availability of these useful HX resources, the field still lacks 

a complete, standalone solution that simplifies the validation process and scales well to 

ultra-large systems.  

In this study, we describe a major upgrade to the HX-MS analysis capabilities in 

the Mass Spec Studio (the “Studio”), a generic software development framework built to 

produce mass spectrometry data analysis apps227,230. The design philosophy of the Studio 

involves maximal reuse of content developed in previous apps or built by the wider 
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community, allowing the user to incorporate alternative signal processing routines from 

an ever-expanding selection of algorithms. The recent upgrade to version 2 of the 

framework230 includes performance upgrades and two new HX-specific apps, allowing us 

to address two questions en route to a more robust automated solution. First, can the LC-

MS/MS peptide identification runs detect the peptides that will survive attrition during 

the actual deuteration experiments? A large fraction of the peptides identified using 

proteomics search tools end up being rejected during validation because of overlap and 

reduced intensities caused by variable deuteration. Is it possible to remove these before 

the validation step? Some attempts have been made to address this question in a platform-

specific manner using filters based on score values and intensities231 but can this be 

extended and improved? Second, can complex exchange regimes be detected with high 

sensitivity? Exchange events can induce complex deuteration patterns that reveal much 

about the underlying dynamics of the protein state. How well can these complex patterns 

be detected? To address these questions, we manually curated a set of naturally and 

artificially generated exchange data, involving two different instrument platforms and 

two levels of sample complexity. These “ground truth” data sets were used to optimize 

functionality in the Mass Spec Studio for accelerated data processing.  
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3.2 Experimental Methods 

3.2.1 HX-PIPE and HX-DEAL app development 

Two new apps were built within the Mass Spec Studio v2, a framework for the 

development of .NET applications, which uses advanced design patterns for support of 

content reuse227. The HX Peptide Identification and Peptide Evaluation (HX-PIPE) app 

provides two search engines for data-dependent acquisition data, MS-GF+232 and an 

enhanced version of OMSSA tailored for high resolution data (OMSSA+)233.  These are 

supported with a user interface for evaluating search results. While OMSSA+ can process 

raw data from all vendors directly, MS-GF+ requires data conversion to the mzXML 

format (which occurs automatically during data loading). A search wizard guides the 

development of the project (consisting of any number of LC-MS/MS runs), with a 

processing tab used to configure the search. The searches are combined with a standalone 

feature detector used to assess the comprehensiveness of sampling in MS/MS. The 

outcome is a peptide list that is combined with LC-MS deuteration runs in a project 

creation wizard in the HX Deuterium Exchange AnaLysis (HX-DEAL) app.  HX-DEAL 

is a full rebuild of the original version in the Mass Spec Studio v1227, containing a variety 

of advanced features as described below. Mass Spec Studio v2 with a full set of structural 

MS apps is available at www.msstudio.ca.  

3.2.2 Eg5 Motor Domain Expression and Purification 

The motor domain of Eg5 (1-386) was expressed and purified according to a 

previously described procedure234. Briefly, pET28a(+) plasmid carrying the Eg5 coding 

construct was transformed into competent E. coli (BL-21) cells. Cells were grown at 37 

°C in 2YT media supplemented with kanamycin (50 µg/mL) until an OD600 reading of 

0.72 was observed. Protein expression was induced with the addition of IPTG (0.5 mM). 

http://www.msstudio.ca/
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Cells were left on a shaker overnight at room temperature. Cells were then pelleted and 

resuspended in cold lysis buffer (20 mM PIPES, 200 mM NaCl, 1 mM MgCl2, 1 mM 

EGTA, and 1 mM PMSF, pH 7.4) and lysed with an ultrasonic homogenizer. The lysed 

content was centrifuged for 30 min at 37,000 RPM and 4°C. The cell lysate was collected 

and loaded onto a HisTrapTM HP (5 mL, GE Healthcare) column. Eg5 was eluted with an 

imidazole gradient (0-500 mM) on an FPLC system with fraction collector. The collected 

fractions were analyzed with SDS-PAGE and fractions containing Eg5 were combined 

and concentrated to 3.1 mg/mL (69 µM).    

3.2.3 HX-MS Analysis of the Eg5 Motor Domain 

Deuterium labelling of Eg5 was initiated by adding labelling buffer (10 mM 

PIPES, 1 mM MgCl2, 95% D2O, pD 7.4) at final D2O concentrations of 20, 40, 60 and 

80% for labeling times ranging from 1 to 1440 min, at 25°C. The labelled Eg5 (10 pmol) 

was quenched and digested in solution with rNepII (5 pmol, 100 mM GlyHCl, pH 2.5) 

for 2 min at 10°C.  To generate simulations of EX1 (i.e. bimodal) exchange conditions, 

simultaneous labelling of two Eg5 fractions (10 pmol each) were initiated at different 

%D2O for labeling times ranging from 1 to 1440 min, at 25 °C. Samples were then 

quenched with cold acidic solution (100 mM GlyHCl, pH 2.5) and quickly combined to 

create an equimolar blend of differentially labelled Eg5 (Figure 3.1). The following 

blends were prepared: 20+40%, 20+60% and 20+80%. The blends were digested with 

rNepII as above. All resulting samples (10 pmol each) were loaded on a self-packed 

preconcentration cartridge (200 µm × 25 mm capillary, 200 Å, 5 µm Magic C18 beads, 

Michrom Bio-Resources) using an Eksigent nanoLC-ultra-2D pump, and desalted with 

loading solution (0.23% FA, 3% ACN) for 1.5 min at 20 µL/min. The peptides were 
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eluted over 10 min at 8 µL/min using a 10-30% gradient of acetonitrile (0.23% FA, 97% 

ACN). Data were collected on a SCIEX TripleTOF 5600 equipped with Turbo VTM ion 

source. Mass spectra were acquired over a range of m/z 350 to 1250 (IonSpray voltage at 

5000 V, curtain gas at 15, source gas at 25, and declustering potential at 80V). For 

peptide identification, data were obtained from three recursive data-dependent acquisition 

runs (top 20), using the same digestion workflow and chromatographic gradient as the 

HX-MS runs. The parameters for database searching in HX-PIPE are provided in the 

supplementary material, as well as the processing parameters for HX-DEAL (Appendix 

C).   

 

   

Figure 3.1 Experimental workflow for generating simulated EX1 distributions.  

 

3.2.4 HX-MS Analysis of the 20S proteasome 

Rabbit 20S proteasome complex was obtained from Boston Biochem Inc, at 1 

mg/mL in sample buffer (150 mM NaCl, 20 mM HEPES, pH 7.4).  The protein complex 

was diluted 8-fold with deuterated sample buffer (88% D2O) and incubated at 3°C for 
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labelling times ranging from 30 to 20000 s. The deuterated samples were then quenched 

as above and digested online using an Immobilized protease type XIII/pepsin column 

(NovaBioAssays) (at 8°C) using a fully automated LEAP robot (Trajan Scientific and 

Medical). Flow-through digest was concentrated and washed for 3 min at 150 L/min on 

a Thermo Scientific AcclaimTM PepMapTM C18 column (1.0mm × 50 mm, 3 m, 100 Å) 

at 1°C. Peptide separation was achieved with a 15 min gradient (10% B – 35% B) at 

45 L/min. Mobile phase A consisted of 0.1% formic acid in water and mobile phase B 

consisted of 0.1% formic acid in 80% acetonitrile. Peptide separation was performed 

using a Thermo Scientific Dionex UltiMate™ 3000 system and mass analysis via a 

Thermo Scientific Orbitrap Fusion Lumos Tribrid™ mass spectrometer. Mass spectra 

were acquired over m/z 300-1300 (sheath gas at 20, ion transfer tube set to 220 °C, 

resolution 60.000, max. injection 200 ms).  For peptide identification, data were obtained 

from a single data-dependent analysis in OT/OT mode (top 10, HCD 28%, ion selection 

2+ to 8+, dynamic exclusion 10 s, resolution 60,000 for MS and MS/MS). The 

parameters for database searching in HX-PIPE, and processing parameters for HX-DEAL 

are provided in Appendix C.  As only homology based amino acid sequences for the 

rabbit proteasome subunits are available, we created a curated Rabbit 20S proteasome 

FASTA database using bottom up and top-down approaches as described in235.  

 

3.3 Results and Discussion 

The Studio framework allows for easy development of new MS data analysis 

routines by providing an extensible architecture and reusable processing components. 

The framework has supported the generation of apps for crosslink detection (CRIMP)233, 
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covalent labelling plug-in (CLEAN)236 and integration with modeling tools such as 

Haddock237 and IMP238, all tools that require database search functionality. We 

repurposed the search functions from these apps to support a strategy tailored for HX 

applications. The exercise was motivated by the observation that search engines adopted 

from proteomics poorly support the HX data analysis workflow. Informatics solutions in 

proteomics are more tolerant of low intensity signals, poor definition of isotopic 

distributions and spectral overlap and are optimized for multiply-charged tryptic peptides. 

We designed HX-PIPE to see if a search tool can be better aligned with the HX 

experiment, which requires high quality isotopic distributions and (ideally) maximal 

protein sequence coverage based on unambiguous peptide identifications.  

3.3.1 HX-PIPE 

The design of HX-PIPE is illustrated in Figure 3.2. In the first place, LC-MS/MS 

data files are collected under conditions that are representative of the HX-MS runs (i.e., 

matched LC gradients).  These data files are then processed using either MS-GF+ or 

OMSSA+. A wizard guides the user through project setup, and it requires a FASTA file 

containing all protein sequences representative of sample composition, usually 

determined separately by proteomics analysis. A processing tab allows users to select 

from a complete set of parameters for configuring either the integrated MS-GF+ or 

OMSSA+ search tool. In the second place, the survey scans within the LC-MS/MS 

datasets are parsed with a peak picker to create a catalog of all chromatographic features. 

This search is independent of the protein database and whether the peaks were sampled 

for MS/MS or not. The peak picker is constrained only by the user-specified max/min 

charge states and an intensity threshold. An averagine model239 is used to generate the 
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approximate isotopic distributions and estimate goodness-of-fit with experimental 

distributions based on a χ2 statistic.  

The output from these independent searches can be navigated through a user 

interface. For MS/MS, this includes a conventional target-decoy distribution and a plot of 

the mass error and peptide-spectrum match (PSM) scores (Figure 3.3). Coverage maps 

are also displayed on protein sequences. A “peptide inspector” supports interaction with 

the underlying data, to view corresponding extracted ion chromatograms (XICs), 

integrated MS1 spectra and the PSMs themselves. A similar user interface is provided to 

navigate the output of the LC-MS feature finder (Figure 3.3). The resulting catalogs are 

then stripped of redundancies arising from duplicate IDs (MS2) and non-apex pick 

picking (MS1).  

 

 

Figure 3.2 The HX-PIPE data analysis. The app provides two classes of search 

functionality (MS/MS based peptide-spectrum matching, and MS based feature finding) 

that are aggregated and evaluated with HX-appropriate parameters to generate a refined 

list for peptide analysis.  
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Figure 3.3 Screenshots of HX-PIPE application. Showing (A) results of the MS/MS 

data search with respect to mass accuracy and false positive rates and (B) spectra data 

associated with individual entries in the peptide and MS1 feature list.   
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The data are then displayed in a Venn diagram that assesses the degree of overlap 

between the search tools based on feature alignment and it offers a first opportunity to 

evaluate the depth of sampling during the MS/MS experiment(s). For example, the MS-

GF+ analysis of the Eg5 LC-MS/MS data collected on a QqTOF identifies 812 unique 

peptides from a set of three experiments, providing deep sequence coverage for a protein 

of a modest size (~45 kDa). The MS1 feature finder independently detects 74% of these 

(599), and when constrained with moderate quality filters (intensity ≥ 103 and goodness-

of-fit p-value ≥ 0.4), detection drops to 57% (460) (Figure 3.4AB). Surprisingly, 701 

MS1 features at this quality and higher remain unidentified, over half of which have a 

charge state ≥ 2+. This is a high level of under-representation, particularly as only 50-100 

represent contaminants240. These features were selected during MS/MS but returned no 

hits in the database search. While the numbers are slightly different, a similar trend is 

observed in the results generated from the OMSSA+ search tool.  

Proteomics tools usually retain PSM’s that are shared between proteins. That is, 

one PSM can be legitimately assigned to a peptide that exists in two or more proteins, but 

such ambiguity in HX-MS cannot be tolerated. In HX-PIPE, the user has the option to 

aggregate only unambiguous results, which includes removing competing high-quality 

identifications for a given feature. This ambiguity reducer functions across multiple 

sequencing runs, returning a unique set of peptides for the total pool of data.  

For a more complex sample type analyzed on an Orbitrap platform (the 20S 

proteasome, ~750 kDa), the search was restricted to peptides with charge states ≥ 2+. An 

unconstrained MS1 feature finder locates 87% of 1316 peptides identified with MS-GF+, 

and the application of moderate filters (intensity >106 and goodness-of-fit p-value > 0.4) 
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drops this to 69% (Figure 3.5AB). Just over 900 features with good spectral 

characteristics remain unidentified. Although the peptide identification experiment was 

performed only once, the identification rate of ~1 PSM/s is not taxing on the Lumos 

platform. The reasons for under-identification of nontryptic peptides are complex241–243 

but it suggests an area of focus in order to improve HX-MS analyses. The aggregation of 

non-ambiguous results is important for large systems that may contain shared sequence, 

as is the case for some 20S sequences. HX-PIPE generates output that removes much of 

the labor associated with compiling an “HX-friendly” peptide list and the stringency of 

filtering can be adjusted with a view to the required sequence coverage for the test 

proteins (Figure 3.4,3.5).  

 

 

 

Figure 3.4  HX-PIPE peptide aggregation tool applied to Eg5 motor domain. (A) 

aggregation unconstrained by MS1 characteristics (B) aggregation constrained by 

intensity (≥1000) and isotopic distribution goodness-of-fit (p value ≥0.4).  
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Figure 3.5  HX-PIPE peptide aggregation tool applied to the 20S proteasome 

particle. (A) aggregation unconstrained by MS1 characteristics (B) aggregation 

constrained by intensity (≥106) and isotopic distribution goodness-of-fit (p value ≥0.4).   

 

We then sought to develop an improved filtering strategy to minimize the burden 

of validation. To develop this strategy, we set about generating two complete sets of 

manually validated peptides over a standard deuteration kinetics experiment, using all the 

MS/MS spectra identified from MS-GF+ searches applied to Eg5 (812 peptides) and the 

20S proteasome (1316 peptides). HX-DEAL was used for this analysis as described 

below. The identified peptides were binned into two different groups (Appendix D). For 

Eg5, the first group contained peptides that showed good S/N characteristics, isotopic 

fidelity, and no significant overlap across all the HX labeling runs (182 entries). The 

second group contained peptides that were lower quality for a variety of reasons (e.g. 

poor S/N, overlap issues etc.) and could not generate confident deuterium uptake 

information (630 entries). A similar sorting was conducted on the 20S proteasome data, 

generating 656 suitable peptides and 660 unsuitable peptides.   

These datasets were then used to test the performance of various enrichment 

strategies using receiver operating characteristic (ROC) curves, allowing us to evaluate 

sensitivity and selectivity. First, for the undeuterated Eg5 QqTOF data, we examined 
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feature intensity and goodness-of-fit of the isotopic distributions as the discriminatory 

parameters. The ROC curves indicate that both intensity (AUC = 0.818) and goodness-of-

fit (AUC = 0.878) are reasonable predictors of success in HX experiments. The burden of 

manual validation is considerably reduced.  For example, the cut-off corresponding to 

95% sensitivity (i.e. 95% of all useful HX peptides retained) yields a 62% specificity (i.e. 

62% of all peptides advanced are useful HX peptides).  

To enhance performance, we next evaluated strategies for the assessment of local 

spectral complexity. We reasoned that a measure of local overlap potential, if quantifiable 

in the peptide sequencing data, could be used to remove peptides that would end up 

“colliding” with other peptides upon deuteration. In validation, considerable time is 

required to identify and remove such overlaps. A regional assessment of spectral 

congestion surrounding a target isotopic distribution could provide an indication of 

usability across a typical kinetic time-course. We considered two methods for evaluating 

complexity. The first approach assessed peak density in a window centered on the 

monoisotopic mass of the target distribution, reflecting a simple assumption that overlap 

potential (and thus peptide rejection) increases with local spectral congestion of any type. 

The strategy filters out peptides that contain a user-defined level of peak density (in a set 

m/z window), based simply on peak counts weighted by their intensity relative to the 

peptide in question. We found a maximum discriminatory power (AUC = 0.860) was 

obtained for peak density values calculated in a +/- 10 m/z range surrounding the 

monoisotopic mass (Figure 3.6A).  

This degree of success encouraged us to develop a more accurate method of 

evaluating overlap potential. Given the high spectral resolution available with modern 
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time-of flight and FT-based mass analyzers, we modified our approach by generating a 

sweep function using the isotopic distribution of the target peptide (Figure 3.6B). 

Specifically, for each peptide identified by the search engine, a modelled distribution at 

the measured resolution and intensity is swept across an MS1 spectrum that is generated 

by integrating all MS1 spectra over the peptide feature in question. All the other peaks in 

the integrated spectrum remain as they are. The sweep function requires both a step size 

and a range. For the step size, we used the deuterium-induced mass shift (D-H = 1.003u). 

For the range, the user establishes limits (in Th) in both the positive and negative 

direction, which is automatically adjusted according to peptide length. For the examples 

presented in this study, a range of ±10 Th appears optimal. A centroid average mass is 

then determined for each step over the range and integrated into single complexity metric. 

The ROC curves generated for the Eg5 dataset based on this revised complexity measure 

generates better performance that the simpler peak density approach (AUC = 0.911), with 

68% selectivity at 95% sensitivity (Figure 3.7A).  

The degree of filtering success is highly dependent upon the data type being 

explored. The 20S proteasome data from the Orbitrap was more challenging to enrich 

(Figure 3.7B). The same general trend was observed (i.e. best performance with the 

complexity detector) but the maximum AUC was 0.758. Intensity is a poor filter here, in 

part because the intensity threshold for MS/MS triggering was set quite high in the first 

place. We anticipate better utility in these filters if the threshold is lowered. The high 

resolution of the Orbitrap would explain why the complexity detector was not taxed as 

greatly, particularly as only 1.7 times as many features were detected, compared to Eg5. 
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Figure 3.6 Strategies for estimating complexity and peak overlap. (A) the peak 

density method and (B) the sweep function method.  Ranges shown for illustration only.   
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Figure 3.7 Impact of filtering undeuterated data sets on reducing the burden of 

peptide validation in HX-MS analysis, as measured by ROC curve analysis. (A) Eg5 

QqTOF data and (B) 20S proteasome particle Orbitrap Lumos data. Filtering of the 

respective ground-truth datasets was conducted by fit to the theoretical distribution (red 

line), feature intensity (green line), and spectral complexity (blue line) as measured using 

the sweep function method.  Yellow lines represent the function of a combined classifier.  

 

 In both test cases, combining the filtering strategies allows us to achieve a high 

rate of HX peptide enrichment. For Eg5, starting with all 812 MS/MS identifications, we 

applied values corresponding to approximately 95% sensitivity for all three filters 

(Intensity = 7E4, Goodness-of-fit (p-value) = 0.6, and Spectral complexity = 1.35). These 

settings provide an overall sensitivity of 92% (167/182 HX peptides detected) and an 

improved selectivity of 82% (204 peptides advanced). Similarly, for the 20S proteasome, 

starting with all 1316 MS/MS identifications, we applied filters at 95% sensitivity 

(Intensity = 2.05E6, Goodness-of-fit (p-value) = 0.2, and Spectral complexity = 2.9). 

These settings provide a sensitivity of 84% (554/656 HX peptides) and a selectivity of 

63% (886 peptides advanced). These filter values are recommended as defaults for 

similar experiments conducted on similar platforms. The filters can be improved with 

binary logistic regression to derive log odds from a linear combination of the three filter 



123 
 

values (achieving an AUC of 0.945 for Eg5 and an AUC of 0.797 for the 20S 

proteasome) (Figure 3.7).  New test data are needed to confirm the ruggedness of such a 

classification, but this single parameter is available in the software as a convenient way to 

filter the MS/MS search results.   

The routines in HX-PIPE provide a rapid way to generate a set of peptides that are 

enriched for utility in the downstream HX analysis, based on the user’s objectives, 

requiring only the matched LC-MS/MS runs. The filters are applied at the peptide export 

stage where the user can set stringencies according to their effect on protein sequence 

coverage (Figure 3.2). For example, stronger filters can be applied if the impact on 

sequence coverage is low. There are additional advantages to HX-PIPE. The export 

provides possible sequence matches to unidentified features based on mass alone, which 

could be used in a subsequent targeted MS/MS approach with alternative fragmentation 

strategies to improve identification performance. Improving peptide identification in 

general would benefit the overall performance of these tools, as large fractions of “HX-

worthy” peptides remain unused, independent of the platform chosen.  

3.3.2 HX-DEAL. 

The rebuild of the original HX analysis app allowed for the development of 

additional features to improve deuteration analysis (Figure 3.8). The new app contains 

tools to process, validate, and visualize HX data directly from the output of HX-PIPE. As 

in the previous version, a wizard guides the user through project setup, to organize the 

raw HX-MS data files, protein FASTA file(s) and/or structures, and the peptide list from 

HX-PIPE (although the output from any properly formatted search tool can be 

accommodated). The Studio converts raw files to a binary .mssdata format for ultrafast 
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data retrieval and processing. A processing tab allows the user to parameterize the 

algorithms used to extract deuteration values (Figure 3.9). 

The new format allowed us to evaluate the degree to which deuterium exchange 

mechanisms could be automatically detected in larger datasets. For this exercise, we 

added new utilities to support isotope distribution analysis. Specifically, we included fast 

Fourier Transform (FT)-based deconvolution methods that are applied to all peptides and 

provide two options: one for deconvolution of centroided data and the other for 

deconvolution of raw profile data. For the latter, a parameterized Kaiser-Bessel (KB) 

window function is applied for noise reduction and to minimize edge effects244,245. These 

methods return the actual deuterium distribution, deconvolved from the natural isotopic 

distribution of the unlabeled peptide. The user has the option of testing goodness-of-fit to 

EX2 or EX1 exchange conditions by minimizing a χ2 statistic on single or double 

binomial expansions, respectively, based on the number of exchangeable amides in the 

peptide. In the case of time-course experiments, the fitting automatically updates the 

kinetics plots to reflect the exchange regime.  

This deconvolution strategy is complemented with a pure model-based strategy 

that directly fits single (EX2) or double (EX1) binomial expansions of the native isotopic 

distributions to the raw data, using the previously described CalcDeut algorithm246. Here 

as well, the assessment of the goodness-of-fit is achieved by minimizing a χ2 statistic and 

the kinetics plots are updated accordingly.  
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Figure 3.8 Workflow for deuteration analysis in HX-DEAL. Providing users with a 

complete solution for analyzing HX-MS data with full control over the validation 

process, statistics, visualization and fully customizable data export utilities. 
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Figure 3.9 Processing features in HX-DEAL     

 

 

To test if exchange mechanisms could be accurately detected, we then simulated 

EX1 behavior using a sample blending strategy (see experimental methods). This 

blending strategy created a range of EX1 detection difficulty, from the easy (a 20+80% 

blend at a late timepoint) to the difficult (a 20+40% blend at an early timepoint). Our 

detection strategy is based on a simple determination of goodness-of-fit to EX2 exchange 

behavior. That is, a distribution must fail to fit a single binomial expansion (EX2, 

p<0.95), before a fit with a double binomial expansion (EX1, p>0.95) is considered 
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legitimate. All the data for 31 confirmed non-overlapping Eg5 peptides (all EX2 

exchangers) were combined for each blend (including replicates and all time points), 

resulting in 620 distributions analysed for each blend and displayed in violin plots for 

each of four different analysis options For the most part, our analysis demonstrates that a 

significant fraction of EX1 distributions are mislabeled as EX2, regardless of which 

analysis method is chosen (Figure 3.10A,B). However, the FT deconvolution strategy is 

clearly more successful than the model-based method. For example, it could detect up to 

half of the EX1 distributions in the 20+40% blend, the most challenging of the three 

compositions.  

Both strategies were equally successful in fitting EX1 distributions, once EX2 

failure was detected but Figure 3.10C,D demonstrates that many outliers exist for EX1 

fitting, even for this subset of high-quality distributions. The number increases markedly 

with a slight reduction in signal-to-noise, where the model-based method tends to 

perform somewhat better (not shown). This subset appears to arise from a number of 

sources, including perhaps unanticipated exchange behavior in the underlying peptides, 

spurious deconvolutions based on peak shape distortions and/or reduced ion statistics. 

Overall, our analysis demonstrates that EX1 exchange behavior is difficult to detect with 

accuracy in real datasets. The degree of mislabeling a distribution as EX2 is likely even 

higher than we demonstrate here, particularly at earlier timepoints (Figure 3.11). Our 

samples were blended at a 1:1 ratio, whereas true EX1 behavior will manifest itself over a 

wider range of intensity ratios, making detection even more challenging. We recommend 

conducting a full kinetic experiment and modeling all timepoints as EX1, if any timepoint 

shows evidence of EX1. This should improve success rates in EX1 detection. HX-DEAL 
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supports these inspections of isotopic distributions with kinetics graphs based on a bubble 

plot concept222.  

Finally, additional upgrades to HX-DEAL generate a more robust toolset for full 

HX-MS data analysis. The app continues to support the philosophy of processing profile 

data, to provide maximum opportunity for rigorous data analysis. The XIC feature finder 

is more tolerant of wide and unexpected deuteration profiles, which accelerates feature 

validation. The expanded toolset includes the calculation of residue-resolved deuteration 

values from overlapping peptides, using a Bayesian approach247. We have also added a 

powerful export generator to help users meet reporting recommendations (Gothenburg 

Guidelines248) and produce publication-quality figures. These include kinetics graphs, 

Volcano plots and Woods plots for differential HX analyses, rich sequence coverage 

maps, and fully configurable heat maps.  
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Figure 3.10 Violin plot analysis of automated EX1 detection capabilities for a series 

of simulated EX1 blends. (A) Fitting of raw data with the model-based CalcDeut 

algorithm, assuming EX2 exchange behavior. (B) Fitting of FT-deconvolved raw data, 

assuming EX2 exchange behavior. (C) Fitting of raw data with the model-based 

CalcDeut algorithm, assuming EX1 exchange behavior. (D) Fitting of FT-deconvolved 

raw data, assuming EX1 exchange behavior. Each violin represents 620 distributions, 

with horizontal width representing the density of distributions at a given p-value, 

internally scaled for a given blend. Red diamonds represent the means.  
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Figure 3.11 Violin plots showing the deuterium distribution analysis of the 20-80% 

sample blend, as per figure 3.10, as a function of labeling time.  (A) Using CalcDeut 

to fit an EX2 model. (B) Using CalcDeut to fit an EX1 model.   
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3.4 Conclusions 

The integration of search tools within an HX-MS application completes a 

standalone resource for HX data processing, providing a significant step towards an 

automated solution. The peptide identification runs themselves offer considerable 

information for streamlining the time-consuming validation step and our study shows that 

the problem of spectral overlap can be predicted (and avoided) with a high degree of 

accuracy. This approach has its limitations. We have found that our inability to generate a 

completely discriminatory filter arises from run-to-run variability in digestion, which 

affects both peptide intensity and overlap. This means of course that not all peptides will 

be appropriately filtered with the peptide identification data. Thus, it remains useful to 

inspect the deuterated data, so we added a set of sortable quality-assessment flags to the 

fits of the deuterated peptides. These flags guide the user to the nature of the problem 

surrounding a poor fit (e.g. poor-quality signals, peak misassignments and outliers among 

replicates) and facilitate rapid repair or rejection.  

The attrition rate that we experience with complex protein samples is high, 

regardless of how peptide selections are made. We note that reducing the %D2O used in 

labeling is a sensitive method for deuteration analysis and one that increases peptide 

usage rates247, as does ion mobility separations. However, any improvements in peptide 

identification rates would help improve protein coverage, and limit the need for 

alternative enzymes or altered workflows in general. The predictors of peptide utility 

built into HX-PIPE will add value to distribution analysis, as oftentimes overlaps can be 

difficult to spot and can manifest as EX1 upon deuteration. Rejecting these cases will 
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simplify the assessment of exchange behavior although exchange regimes will remain 

challenging to identify with certainty.  

Tools such as HX-PIPE and HX-DEAL provide the community with HX-

dedicated functionality that can be used for large and highly complex system, with the 

speed and capacity to accommodate extensions to sub-zero, long gradient runs of whole 

proteomes249. The built-in rigor for the selection of conflict-free peptides will also 

provide greater confidence in data analysis and an opportunity to strengthen data 

reporting standards248.  
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Chapter 4: Automating data analysis for HX-MS 

using data-independent acquisition methodology 
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4.1 Introduction 

The work presented in this chapter builds on the lessons learned in the 

development of the HX-PIPE module presented in chapter 3 of this thesis. The automated 

curation of the MS1 distributions in HX-PIPE provides an effective strategy to reduce the 

burden of the extensive manual validation of HX-MS data, however it doesn’t eliminate 

the need for it. Therefore, the filtering strategy is a suitable solution for HX-MS 

applications involving protein system of <150 kDa of unique sequence and the 

processing of a limited number of states. Manual curation will remain burdensome for the 

more complex applications such as high-throughput characterizations involving tens-to-

hundreds of states, or analyses involving protein states much larger than 150 kDa of 

unique sequence. Relying strictly on the clean MS1 distributions for deuterium uptake 

calculations results in substantial loss of information and results in poor sequence 

coverage of proteins in HX-MS applications. 

A solution is needed that would remove the burden of manual data validation 

entirely, while also tolerating more convoluted spectra arising from complex mixtures, 

even whole cell lysates. One possible strategy for automated analysis involves leveraging 

peptide fragmentation and the MS2 domain. The acquisition of fragments in an HX-MS2 

experiment can corroborate the identity of a peptide and generate abundant data to 

confirm the deuteration level of the precursor peptide. The approach relies upon 

deuterium scrambling, which is ubiquitous under normal ion transmission conditions. 

Percy et al. previously demonstrated the potential of such an approach250. However, at the 

time it lacked an efficient way to collect and mine the data in a comprehensive and MS 

platform-independent manner. In this work, we demonstrate how data independent 

acquisition (DIA) can be used for HX-MS2 experiments as a method to obtain deuteration 



135 
 

data from both MS1 and MS2 domains simultaneously (Figure 4.1). We adapt computer 

vision algorithms that allow us to automatically validate the selection of peptides for 

deuteration analysis and even rescue overlapped signals. The resulting analyses are 

comparable to expert curated datasets, while offering objectively validated data and a 

clear measure of reliability for each peptide datapoint. Considerable time is saved 

through auto-validation and more importantly, more complex samples can now be 

characterized and at higher throughput, as illustrated in a drug binding analysis of the 

ultralarge kinase DNA-PKcs, isolated directly from mammalian cells.  
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Figure 4.1  DIA acquisition enables automation. DIA data acquisition uses deuterium-

scrambled CID fragments as surrogates that confirm the identity and the deuteration 

value of any given peptide. It supports the implementation of an automation approach to 

generate Woods plots or deuterium uptake curves without any user input required, while 

also offering data reliability for each peptide based on fragment statistics.   
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4.2 Experimental Setup 

4.2.1 HX-MS2 of phosphorylase B 

D2O labelling. Phosphorylase B (Sigma-Aldrich, P6635) was resuspended in 

HEPES buffer (25 mM, pH 7.4, 150 mM NaCl) to a concentration of 10 µM and diluted 

with deuterated HEPES buffer (25 mM, pD 7.4, 150 mM NaCl) to create a 50% D2O 

labelling mixture. Labeling was conducted over multiple timepoints from 15 s to 1 hour, 

and aliquots were quenched 1:1 (v/v) with 250 mM glycine buffer (pH 2.3) containing 

0.5 µg/µL nepenthesin II, resulting in a 1:1 protein:protease ratio (w/w). Samples were 

digested at 8 °C for 2.5 minutes and then flash frozen in liquid nitrogen. Samples were 

prepared in triplicate for each timepoint and thawed immediately prior to HX-MS2 

analysis. Samples for sequence mapping based on data dependent acquisition (DDA) 

were processed in the same way, except D2O was replaced with H2O in the labelling 

phase. 

Data Collection. Data were acquired on a Thermo Q Exactive Plus platform 

connected to a LEAP PAL HDX autosampler and a Thermo Scientific UltiMate 3000 LC 

system. All samples were prepared manually and injected into the cold compartment of 

the autosampler set to 4°C. The injected peptides were trapped on a Luna 5 µm C18(2) 

100 Å Micro Trap (20 mm x 0.50 mm) and separated on a Luna Omega 3 µm Polar C18 

100 Å LC Column (50 mm × 0.3 mm) using a standard 5% to 35% solvent B gradient. 

Solvent A was 0.4% FA in H2O and solvent B was 0.4% FA in ACN. The flowrate was 

15 µL/min for separation and 70 µL/min for loading and desalting. Data were collected 

using a standard microflow source. The spray voltage was set to 3500 V, sheath gas flow 

rate to 20, auxiliary gas flow rate to 7, and sweep gas flow rate to 0. The capillary 

temperature was set to 250 °C, the S-lens RF level to 65 and the auxiliary gas heater 
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temperature to 80 °C. Approximate chromatographic peak widths were 13 s (FWHM) 

with this configuration.  

DDA mapping runs were performed according to previously published optimized 

settings251 with the top 12 ions selected for fragmentation. MS resolution was set to 

70,000 with an AGC target of 5E5 and a 120 ms maximum trap fill time. The mass range 

was set to m/z 300-1040. MS2 scans were collected at a resolution of 35,000 with an 

AGC target of 5E5 and a 120 ms maximum trap fill time. The isolation window was set 

to m/z 2.5 with a collision energy of 28 NCE. Total cycle time was approximately 1.8 s. 

Dynamic exclusion was set to 9 s to allow for approximately two MS2 scans of each 

chromatographic feature. 

DIA acquisitions of deuterated samples consisted of a single MS1 scan of m/z 

300-1040 followed by a set of 16 fragmentation bins with a width of m/z 50 and an 

overlap of m/z 4 per bin edge, covering the whole mass range. Full MS scan resolution 

was set to 70,000 with an AGC target of 1E6 and a 50 ms maximum trap fill time. DIA 

scans were set to a resolution of 35,000 with an AGC target of 2E5 and a 120 ms 

maximum trap fill time. The fixed first mass was set to m/z 200 and the collision energy 

to 28 NCE. 

4.2.2 HX-MS2 of Pol ϴ ± novobiocin 

D2O labelling. For differential HX-MS2 analysis, the ATPase domain of Pol θ 

was produced in baculovirus-infected insect cells as previously described252. A 4 µM 

solution in HEPES buffer (25 mM, pH 7.4, 250 mM NaCl) was mixed 1:1 with 4 mM 

novobiocin (prepared in the same HEPES buffer with 2% DMSO) and incubated for 30 

min. For each sample, 5 µL of the pre-incubated mixture was combined with 5 µL of 
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D2O-based HEPES buffer (25 mM, pD 7.4, 250 mM NaCl) to initiate deuterium labelling 

at room temperature. After 2 min of labelling, the reactions were quenched 1:1 (v/v) with 

quench/digestion buffer (500 mM glycine pH 2.3, 6 M urea) containing 0.6 µg/µL 

nepenthesin II digestion enzyme. Samples were digested at 8°C for 2 minutes and then 

flash frozen in liquid nitrogen. Control samples without novobiocin were prepared with 

matched DMSO concentrations and processed as above, but with a quench/digestion 

buffer containing just 0.2 µg/µL nepenthesin II. All samples and controls were prepared 

in triplicate. 

Data Collection. Data were acquired on a Sciex TTOF 6600 instrument with an 

Optiflow Nano ESI Source, integrated with a Sciex Ekspert nanoLC 425 and a Trajan 

PAL HDX autosampler. Samples were manually injected into the cold compartment of 

the autosampler (set to 4 °C), outfitted with an Acclaim™ PepMap™ 100 C18 HPLC 

trap column for desalting (0.1 mm diameter, 5 µm particle size, 100 Å pore size, 20 mm 

length) at 10 µL/min mobile phase A for 3 min. Concentrated sample was eluted and 

separated on a nanoEase M/Z Peptide CSH C18 Column (150 mm × 0.075 mm, 1.7 µm 

particle size, 130 Å pore size), connected directly to the ion source, using a linear 10-

minute gradient from 5% - 35% mobile phase B at 250 nL/min. Source settings were as 

follows: GS1 = 7, GS2 = 0, CUR = 25, TEM = 0, ISVF = 3800 V. Approximate 

chromatographic peak widths were 6 s (FWHM). 

DDA mapping runs were performed with the top 10 ions selected for 

fragmentation in “high sensitivity” mode. The MS1 mass range was set to m/z 400-850 

with a 150 ms accumulation time. The MS2 scan range was set to m/z 350-1100 with an 

accumulation time of 120 ms and scans were collected with a dynamic accumulation, 
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dynamic collision energy and dynamic background subtraction functions enabled. The 

total cycle time was approximately 1.4 s. Dynamic exclusion was set to 20 s, allowing 

only a single MS2 acquisition of all chromatographic features. 

HX-MS2 runs were performed with 16 variable DIA windows with m/z 3 overlap 

in “high sensitivity” mode. The MS1 mass range was set to m/z 400-850 with a 200 ms 

accumulation time. DIA scan range was set to m/z 350-1100 with an accumulation time 

of 100 ms and scans were collected with a rolling collision energy setting, optimizing 

collision energy for each DIA window. The total cycle time was approximately 1.85 s.  

4.2.3 HX-MS2 of DNA-PKcs ± AZD7648 

Coupling of anti-GFP nanobodies to magnetic beads. 0.5 mg of Dynabeads™ 

(MyOne™ Streptavidin T1) were incubated with 10 µg of biotinylated Alpaca anti-GFP 

nanobody (ChromoTek, GTB-250) in a 100 µL incubation volume (PBS, pH 7.4, 0.1% 

Triton X-100) for 4 hours at 4 °C. After conjugation, beads were washed three times with 

100 µL of incubation buffer to wash away unbound nanobody.  

Expression and affinity enrichment of EGFP-DNA-PKcs construct. Human 

EGFP-DNA-PKcs construct stably expressed in DNA-PKcs null V3 CHO cells was a 

kind gift from Dr. Kathy Meek (Michigan State University). The detailed preparation of 

V3 transfectant is described elsewhere191. The cells were cultured in 10 cm plates in α-

MEM supplemented with 10% fetal bovine serum, 100 U/mL penicillin and 

streptomycin, 10 µg/µL cipromycin, and 10 µg/µL blasticidin. Cells were harvested by 

trypsinization and washed twice with 10 mL of PBS. Cell pellets were frozen at -80 °C 

until protein extraction. Frozen cell pellets were suspended in 1 mL of lysis buffer (50 

mM Tris-HCl, 150 mM NaCl, 1 mM EDTA, 0.5% NP-40) with cOmplete™ protease 
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inhibitor cocktail (Roche), phosphatase inhibitor cocktail (Roche), and universal nuclease 

(Pierce). The lysate was incubated on a nutator for 30 minutes at 4 °C followed by 

sonication with 3 × 5 s burst on ice. Lysate was centrifuged at 14,000 ×g, for 15 min at 4 

°C, and protein concentration in clarified cell lysate was determined using BCA protein 

assay (Pierce). The protein concentration was adjusted to 2 mg/mL and 2 mg aliquots 

were flash frozen at -80 °C until pulldown. 80 µg of anti-GFP nanobody conjugated 

Dynabeads™ (approximately 45 nL) were incubated with the cell lysate (4 mg of total 

protein content) prepared from the EGFP-DNA-PKcs expressing V3 CHO cells for 90 

minutes at 4 °C. The beads were isolated and washed with 250 µL of PBS (pH 7.4) on a 

magnetic nano-isolator device. Beads were removed from the nano-isolator and collected 

in 8 µL HEPES buffer (10 mM, pH 7.4). 

D2O labelling. Prior to deuterium labelling, 10 µg of isolated beads 

(approximately 6 nL) were mixed in 4.5 µL of equilibration buffer (10 mM HEPES, pH 

7.4, ± AZD7648, 1 µM) for 10 minutes. The deuterium labelling was carried out for 5 

minutes by addition of 4.5 µL of D2O labelling buffer (10 mM HEPES, pD 7.4). 

Labelling was quenched with addition of 1 µL of digestion buffer (500 mM Glycine-HCl, 

pH 2.3) containing 0.6 µg/µL of Nepenthesin II digestion enzyme. Digestion was carried 

out for 90 s at 10 °C. Following digestion, the beads were magnetized, and the digest was 

collected and flash frozen. To determine the protein composition in the pulldown, 10 µg 

of isolated beads were incubated with MS-grade trypsin (15 ng, 50 mM AMBIC, pH 8.0) 

for an overnight on-bead digestion at 37 °C. The next morning, digest was quenched with 

the addition of 1 µL of 20% FA. The beads were magnetized, and the digest was 

collected in a sampling vial for MS analysis. 
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Data Collection. Data were collected on a prototype nanoHX ion source coupled 

with an Orbitrap Eclipse, outfitted with a Vanquish Neo loading pump and a Vanquish 

Neo gradient pump. Samples were manually injected into the chilled nanoHX source 

(held at 4°C), which contained a PepMap™ Neo C18, 5 µm 300 µm X 5 mm trap 

cartridge (Thermo Fisher Scientific, P.N: 174500) and a PepMap™ Neo 2 µm C18, 75 

µm X 150 mm analytical separation column (Thermo Fisher Scientific, P.N: 

DNV75150PN). Peptides were loaded and washed at 50 µL/min (0.4% formic acid) for 1 

minute. The concentrated sample was eluted using a linear 25-minute gradient from 0%-

40% mobile phase B at 300 nL/min. The spray voltage was set to 1700 V, the capillary 

temperature was set to 270°C. Approximate chromatographic peak widths were 6 s 

(FWHM).  

DDA mapping runs were performed in OT/OT mode with the MS resolution set 

to 60,000 and a mass range of m/z 375-1000. MS2 scans were collected at a resolution of 

15,000 with isolation window set to m/z 1.6 with a collision energy of 30 NCE. Total 

cycle time was 1.5 s. Dynamic exclusion was set to 30 s after 2 occurrences within 15 s, 

to allow for approximately two MS2 scans of each chromatographic feature. 

DIA acquisitions of deuterated samples consisted of a single MS1 scan of m/z 

350-1000 with a resolution of 60,000 followed by a set of 26 fragmentation bins with a 

width of m/z 25 and an overlap of m/z 4, covering the whole mass range with a resolution 

of 30,000. The fixed first mass in DIA was set to m/z 250 and the collision energy to 30 

NCE. 

Software Design and Availability. AutoHX functionality was built within the 

Mass Spec Studio 2.0 framework for integrative structural biology253. The software was 
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written in C#, leveraging an extensive plugin-style repository of reusable content for 

rapid development of mass spectrometry applications. The Studio version with the DIA 

module, AutoHX, is available upon request at www.msstudio.ca (version 2.4.0.3576). 

MSTools was used for workflow management254.  

 

4.3 Results and Discussion 

4.3.1 The properties of CID-generated HX-MS2 data  

The fragmentation of deuterated peptides is accompanied by gas-phase 

scrambling of deuterium in a manner that is dependent upon the energetics of ion 

transmission and the mode of fragmentation used255,256. Scrambling is essentially 

complete using regular ion transmission settings as considerable ion activation occurs 

during desolvation and ion focusing257. Only when transmission conditions are detuned 

and used in conjunction with electron-mediated fragmentation modes can scrambling be 

reduced, as conventional CID fragmentation also contributes thermal energy and causes 

scrambling258.   

Scrambling engages all sources of labile hydrogens in a peptide, and a full atom 

accounting reveals a linear relationship between the deuteration of a fragment and the 

number of its labile hydrogen sites (Figure 4.2). The fragment deuteration model for the 

given deuterium-labeled peptide highlights a typical fit. This linear model intersects the 

origin and, in the absence of any spectral overlap in the MS1 domain, passes through the 

deuteration value of the precursor peptide. Selecting a single fragment is therefore 

sufficient to replace the precursor as an accurate and precise measure of deuteration, 

when scaled for size250. The longer and more intense fragment ions tend to be more 

sensitive measures of deuteration than smaller and less intense ones, but essentially all 

http://www.msstudio.ca/
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sequence ions can be used as surrogates for deuteration measurements, individually or 

combined. Only fragments that undergo neutral loss appear to deviate from the linear 

model, likely due to a kinetic isotope effect250.  

 

 

 

Figure 4.2 Effect of hydrogen/deuterium scrambling on fragment deuteration values 

for a given peptide. (a) MS1 spectrum of deuterated VGRGYLSPDL (2+ ion), showing 

native (black) and deuterium-expanded (red) isotopic envelopes. (b) Corresponding 

fragment deuteration model, where red dots represent fragment ion deuteration values 

and the black dot represents the precursor peptide deuteration. (c) Select fragment 

isotopic distributions supporting the model, showing native (black) and deuterium-

expanded (red) isotopic envelopes.  
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4.3.2 Building a DIA-based HX-MS2 workflow 

Previous illustrations of fragment deuteration surrogacy used targeted MS2 

acquisitions and data-dependent acquisition (DDA) experiments, together with limited 

deuteration experiments (e.g., 20% D2O labelling)250. Reduced deuteration ensured that 

ions could be sampled within a conventional small ion transmission window (e.g., m/z 2).  

A data-independent acquisition (DIA) experiment, with its wider transmission windows, 

should allow acquisition of fragment data for routine deuterium labelling experiments as 

we have previously suggested259. We refined our original HX-MS2 concept to implement 

this strategy.  

We applied a standard DIA method design with one exception. To minimize 

spectral complexity in the MS2 spectra yet promote good sampling of chromatographic 

features, we restricted the mass range slightly and designed DIA ion transmission 

windows to be as small as possible for a given platform. The faster-scanning the 

instrument, the smaller the windows can be made. However, unlike standard DIA 

methods, we use larger overlaps between successive windows to ensure that strongly 

deuterated peptides have at least one window where the peptide isotopic distribution is 

not truncated by the edge of a transmission window (Figure 4.3), as such a truncation 

would result in distortion of resulting fragment isotopic envelopes due to missing 

isotopologues, and cause errors in the deuteration readout. A window size of m/z 4 was 

found to be sufficient and did not significantly compromise cycle times on either the TOF 

or Orbitrap platforms used in this study. 
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Figure 4.3 DIA window overlap overview. The standard m/z 1 DIA window overlap 

used in proteomics is insufficient if the goal is to obtain full and intact isotopic envelopes 

of fragment ions. If any of the isotopologues of the precursor peptide ion are cut out of 

the DIA bin, the resulting fragment isotopic envelopes will be distorted. An overlap of 

m/z 4 was found to be effective for a typical HX-MS experiment with most 2+ and 3+ 

charged peptides.   

 

 

We developed AutoHX, a new software app in the Mass Spec Studio, to mine HX 

data in two dimensions. The software automatically selects the ideal, non-truncating DIA 

window for a given peptide and calculates deuteration values for the precursor peptide 

from the MS1 data and for all fragments from the MS2 data. The app currently requires a 

peptide library. This library is obtained from DDA runs that we collect at the beginning 

of an HX experiment, using matched but undeuterated control digests. These DDA runs 

can be searched with any standard peptide identification search engine. We revised HX-

PIPE, our HX-tailored search engine260, to generate the library. HX-PIPE finds 

unambiguous peptide assignments and then formats a library for direct use in AutoHX. It 

has the option of generating a specific set of transitions from the peptide library, or 

deferring transition selection to AutoHX. We have found the latter to be more practical 

when fragmentation conditions vary slightly between the DDA and DIA runs (not 

shown).  
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Extracted ion chromatograms are then generated for each peptide in the library, 

and a window of integration is defined to produce averaged MS1 and MS2 spectra for 

deuteration analysis. A set of filters is applied to parse low quality signals from the 

dataset and then a RANSAC-based spectral analyzer is applied that selects the best set of 

isotopologues for all peptides and their fragments (Figure 4.4). This spectral analyzer 

selects peaks based on a chosen deuteration model. EX2 is the current default but a more 

complex EX1 model is also possible. To determine the increase in peptide redundancy we 

obtain from a DIA-based deuteration measurement, we collected a triplicate, 6-timepoint 

kinetics analysis of phosphorylase B (a 97 kDa protein) in HX-DIA mode (Figure 4.5). 

Automated analysis of the MS1 space generated 343 consistently useable peptide signals 

across all timepoints and replicates, whereas the fragment space generated 1975 useable 

fragment signals. Only peptides with 3 or more detectable quality fragments were used in 

this calculation. Thus, even though these data were collected on an older model 

instrument (QExactive Plus), adding the fragment dimension increases the redundancy in 

sequence coverage dramatically from 3.65 (MS1 only) to 28.5 (MS1 plus MS2). The value 

of this extra redundancy translates into better measurements. For example, calculating an 

average deuterium value from the fragment space generates a 32% improvement in 

measurement precision. 
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Figure 4.4 RANSAC-based isotopologue filtering. Peaks that deviate significantly from 

the deuteration model fit can be automatically unselected and not used for deuteration 

calculation. This is performed in both MS1 and MS2 data space to improve deuteration 

calculation. Examples are extracted from the Phosphorylase B kinetics dataset used in 

figure 4.8. 
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Figure 4.5 Deuteration map resulting from an HX-DIA kinetics analysis of 

phosphorylase B. Showing the large increase in the redundancy of coverage obtained by 

including the fragment dimension in the analysis.  

 

 

 

 



150 
 

4.3.3 Automated data authentication – kinetics.  

We noticed that there are instances where the MS1 measurement generates a more 

precise peptide deuteration measurement, and instances where a single fragment or even 

a combination of fragments generates a better measure. To automatically generate kinetic 

curves using the best of the underlying data in terms of accuracy and precision, we 

developed a method where all possible combinations of MS1 and MS2 data for a given 

peptide are created, producing a normal distribution of deuteration values (Figure 4.6). 

The distribution is sampled and the combinations closest to the mean are mined for the 

one that generates the most precise deuteration value across the replicates. This 

combination is chosen to represent the peptide and is used in developing the kinetics 

curve. The final combination may differ between timepoints because the optimization 

step is done for every timepoint, to ensure that the cleanest signal is obtained.  

 

 

Figure 4.6 Data combination concept for uptake curves.  After the selection of valid 

fragments and peptide distributions, shared across replicates and states, deuteration 

values calculated from all possible data combinations (illustrated as A, B and C) are used 

to generate a deuteration value distribution. The mean of the distribution is selected as the 

reported deuteration value, and the width of the distribution (95% CI) is used as an error 

bar on the uptake plot. 
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Mining high-redundancy data in this manner conveys two benefits. First, the 

fragment data validates the identity of the peptide because we require a minimum number 

of unique fragments. Second, the distribution tests the authenticity of the deuterium 

calculation. A peptide that produces a narrow distribution indicates an accurate and 

precise measure of deuteration, whereas a peptide that generates a non-normal and/or 

wide distribution highlights a compromised measurement. The flawed feature is then 

discarded from the dataset. Peptide deuteration kinetics from the phosphorylase B 

experiment were generated using this automation strategy and compared to a carefully 

curated manual analysis of the MS1 data (Figure 4.7). The resulting heatmaps are almost 

indistinguishable, confirming that DIA-generated fragments can be used very effectively 

for automated peptide validation. The corresponding kinetics curves for all 380 peptides 

are provided (Figure 4.8). During development, we detected a very slight bias against 

peptides with comparatively poor fragmentation, such as short singly charged peptides. 

To rescue high quality peptides in this category, we adopted a strategy from clinical mass 

spectrometry261. Qualifier transitions were required to validate peptide identity but were 

not used for deuteration calculations. Rather, they endorsed MS1-based deuteration 

measurements provided the latter were of high quality (i.e., high isotopic fidelity).  
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Figure 4.7 Comparison of manual MS1 and AutoHX-derived deuteration values. 

Data represents a 6-timepoint deuteration kinetics analysis of Phosphorylase B with all 

380 peptide uptake plots shown as a heatmap ordered by sequence position. (a) AutoHX 

derived deuteration values as described in the text. (b) MS1-derived deuteration values. A 

minimum of three useful fragments per peptide shared across all replicates and timepoints 

was set as a requirement for a peptide to be accepted.   
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Figure 4.8 Comparison of MS1-derived and AutoHX-derived deuteration values for 

individual peptides. Kinetics plots from Phosphorylase B kinetics experiment 

showcasing manual MS1-derived (Blue) and AutoHX-derived (Red) deuteration values. 

These values were used in the form of heatmap for figure 4.7, showing all 380 peptides.  
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4.3.4 Automated data authentication – differential analysis.  

HX-MS is most often used in a relational (or differential) manner. That is, 

deuteration kinetics for a protein in one state are compared to the same protein in a 

second state, either with a single labeling timepoint or an integration of the kinetic series. 

Common applications include drug or ligand characterization studies and quality control 

in the manufacture of protein biologics. These differential analyses are often depicted in a 

Woods plot, which shows induced changes in labeling as a function of protein sequence. 

To automate the generation of these plots, we developed a variation of the optimization 

method described above (Figure 4.6). Here, the distribution is formed using the same 

combination strategy but the ΔD value is used instead. That is, given a specific 

combination of MS1 and MS2 data, average deuteration values are calculated from each 

replicate of a given state and compared to the average value from each replicate of the 

control state (Figure 4.9). The distribution provides a solution to the problem of 

assigning significance to a given change in deuteration. The width of the distribution is 

used to assign a confidence interval to the change. An estimation of error overcomes the 

subjectivity of assigning relevance to a change based solely on its magnitude. This 

strategy provides a per-peptide measure of significance that has been lacking in the field, 

based on the subjectivity of manual data analysis. For example, a small change in a 

strongly ordered region of structure that takes up little deuterium can be classified as 

significant if the distribution is narrow. Peptides with conflicting deuteration values that 

cover areas of common sequence can be interpreted more rationally using the confidence 

interval as a guide.  
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Figure 4.9 Data combination applied to differential analysis. The sampling 

distribution for a differential analysis is produced from measures of changes in 

deuteration between two states, providing the opportunity to establish a sampling 

precision to any measured change and facilitate data interpretation.  

 

4.3.5 Differential analysis of Pol ϴ drug binding.  

To test this automation approach, we applied it to a manually validated dataset 

collected in DIA mode but analyzed in the conventional MS1-only fashion (manuscript 

accepted). Pol ϴ, a DNA polymerase, is a promising cancer drug target. It is upregulated 

in 70% of breast and epithelial ovarian cancers and it contributes to mechanisms of 

resistance to both conventional and emerging therapies262. The antibiotic novobiocin was 

recently shown to bind to the protein263. We generated a sequence map of Pol ϴ in the 

usual fashion and then conducted replicate HX-DIA analysis of novobiocin-bound vs free 

Pol ϴ. The deuterated data were analyzed in three ways. First, we naïvely applied the full 

sequence map and generated deuteration differences from the MS1 domain data. Second, 

the MS1 data were manually inspected by two experts and conflict-free peptides with 

good deuteration fit values were accepted. Third, AutoHX selected peptides and 



165 
 

fragments automatically and determined the best subset to report. Woods plots were 

generated for each approach (Figure 4.10).  

 

 

Figure 4.10 Directly comparing manual and automated analysis. (a) Unfiltered 

mapping file was blindly used for generation of a Woods plot for deuterated Pol ϴ data. 

(b) Corresponding Woods plot produced through expert manual validation of MS1 data 

(c) Automated generation of Woods plot in AutoHX using DIA data.  
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Not surprisingly, this exercise shows that validation is a key requirement in HX-

MS analysis. Peptide IDs from a proteomics search do not guarantee good quality 

peptides in HX-MS analysis. Manual validation is required in all existing HX-MS 

software packages to remove outliers and other suspicious values caused by retention 

time misassignment and/or spectral overlap. Auto-validation using DIA data produces a 

map that is nearly identical to one generated from rigorous manual validation and indeed, 

it revealed some hidden biases in manual review (e.g., assigning favorable changes in 

sequence regions already showing change). No manual input was needed apart from 

assigning initial values to processing parameters tied to data quality, such as ppm errors 

in MS1 and MS2 and retention time precision. We note that this specific Pol ϴ dataset 

was collected on a TOF instrument, which highlights the platform-independent nature of 

auto-validation routine. While not necessary or encouraged, manual validation options 

are still retained in AutoHX.   

4.3.6 Differential analysis of drug binding to DNA-PKcs. 

Automating data analysis creates opportunities for applications that previously 

were highly impractical. For example, using affinity isolates as input for HX-MS is very 

appealing, as it would avoid recombinant protein production and the difficulties in 

reconstituting functional states. Affinity pulldowns are typically low yielding and even 

with extensive washing, target proteins are often co-isolated with a significant fraction of 

nonspecific binding proteins.  

To test the performance of DIA and AutoHX on such a challenging sample type, 

we analyzed DNA-PKcs in a microscale pulldown experiment and used the isolate as 

input to a drug binding analysis. DNA-PKcs is a kinase that regulates double-strand DNA 
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break repair. It is also one of the largest mammalian proteins (~470 kDa). It functions as 

a conformational switch at the point of commitment to the non-homologous end-joining 

repair pathway. Several experimental anticancer therapeutics target the ATP binding site, 

and only recently have their binding modes been modeled by cryo-EM. The challenge, in 

part, involved isolation from over 100 L of cell culture equivalent to generate sufficient 

protein for analysis, given the difficulties associated with heterologous expression264,265. 

Here, we isolated GFP-tagged DNA-PKcs from the lysate from only two 10 cm plates of 

CHO cells, sufficient to generate enough material for the sequence map and six HX-MS 

experiments: three replicates of an AZD7648-bound kinase and three ligand-free 

controls.  

We used a typical HX-MS workflow with one exception.  The higher complexity 

of the sample required a compositional analysis to build a searchable database and avoid 

false positive identifications.  Using label free quantitation, we detected 30 proteins that 

represent at least 95% of the sample. The kinase itself contributed 30-35% of the total 

signal. The resulting DNA-PKcs sequence map produced 2316 peptides and a sequence 

coverage of 86.2%. We then naïvely generated a Woods plot from the six HX-MS 

experiments using the entire list (Figure 4.11a), revealing a complexity that would take 

days or weeks of manual validation to correct. AutoHX was able to process all six 

samples in 10 minutes.  

The total number of usable peptides was reduced to 488, each with 4 or more 

unique fragments. This filter generated a sequence coverage of approximately 55% with 

strong coverage of the kinase domain, and widespread drug-induced stabilization of the 

protein is evident (Figure 4.11b). This broad stabilization is anticipated. The control state 
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is expected to be at least partially nucleotide-free and a previous HX analysis of the 

three-protein complex containing DNA-PKcs showed a similar effect arising from 

nucleotide binding266. The most confident changes were mapped onto the recent structure 

of AZD7648:DNA-PKcs, using only those peptides with error estimates outside of the 

noise limits (Figure 4.11c). Interestingly, most of the detectable stabilizations are found 

in the FAT and kinase domains. One of the densest clusters identifies the hinge loop, 

which defines the primary binding site of the ligand264. Further optimization of the 

isolation should enhance this HX-MS assay and support the expansion of screening 

activities. We note that the conformational response of DNA-PKcs is critical to repair 

pathway commitment and is potentially druggable through allosteric inhibition. 

Accelerated HX-MS workflows should prove very useful in exploring this concept.  
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Figure 4.11 Accelerated HX-MS analysis of DNA-PKcs isolated from low quantities 

of CHO cells. (a) Unfiltered mapping file was blindly used for the generation of a Woods 

plot from replicate AZD7648-bound DNA-PKcs compared to a ligand-free control state. 

(b) Corresponding Woods plot produced using AutoHX without manual validation. (c) 

Mapping of high confidence stabilizations to PBB 7OTW, with expansion showing the 

highlighted hinge loop that defines the binding site. Key residues labeled as per Liang et 

al.264  
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4.4 Conclusions  

Automation tools have improved the rate at which HX-MS data can be collected, 

but the burden of manual data analysis has limited the extent to which the technology can 

be applied to many interesting problems. By invoking DIA methodology, AutoHX 

removes this burden while simultaneously providing both peptide validation and data 

authentication. There is a parallel to be drawn with the development history of 

proteomics. Early methods for protein detection relied on extensive fractionation (e.g. 2D 

gels) followed by fingerprint-based MS-only methods using MALDI TOF. The transition 

to MS/MS enabled the direct analysis of far more complex states, supported by 

complexity-tolerant search engines. HX-DIA provides a conceptually similar paradigm 

shift. It supports a truly proteomics-grade approach that should democratize a technology 

platform that has long been viewed as the domain of specialists.  
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Chapter 5: Summary and Future Directions 
 

5.1 Summary 

A somewhat puzzling revelation from the efforts in mapping the whole human 

genome was the number of protein coding genes were determined to be only 20,0006. 

However, the human proteome resulting from these genes is approximately 2 orders of 

magnitude more complex267,268. This complexity arises from many convoluted biological 

processes that occur leading up to protein synthesis and beyond, including alternative 

splicing of mRNAs that give rise to different protein isoforms, and post-translation 

modifications of proteins. As highlighted throughout the work presented here, the 

complexity does not end at the protein level. Protein associations are integral in carrying 

out cellular processes and understanding the topological diversity of these associations 

with respect to their composition, and their temporal and spatial dimensions are critical.  

 AP-MS is an established technique in the study of protein-protein interactions 

(PPI). In the work presented in chapter 2, we took a critical look at the conventional AP-

MS workflow used in the isolation of proteins. The basic technology involves 

immobilizing a high-specificity ligand to a beaded support (e.g., an agarose or magnetic 

bead) to enrich for protein(s) of interest from cell lysates. Although these bead surfaces 

are engineered to minimize interactions with background protein, the non-specifically 

interacting component remains substantial in the enriched fraction, leading to difficulty in 

identifying specific interactors. We argue that the excess bead volume used to ostensibly 

capture all proteins of interest from the sample is a wrong-headed approach in AP, 

although the law of mass action for dilute solution would support it. Instead, we present a 

“compartment-model” that better describes the process of affinity enrichment where 
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beaded sorbent is used. The model argues that the improvement in enrichment efficiency 

of bait and interacting prey proteins requires saturation of bead binding capacity, thus 

requiring us to substantially lower the bead volume used in conventional scale AP-MS 

experiments. To test the concept, we built a fluidic platform that captures and processes 

nanoliter volume of magnetic microbeads to allow for semi-automated handling of beads 

and fritless operation. With the platform, we tested and demonstrated that saturation of 

bead binding capacity at reduced bead volume in various AP-MS applications leads to 

enhancement in enrichment efficiency. 

The chemical labelling techniques coupled with MS provide a sensitive and 

scalable approach to interrogate higher-order structure of proteins. Hydrogen/deuterium 

exchange mass spectrometry (HX-MS) is one such technique that is uniquely sensitive to 

the conformation and dynamics of proteins. With advancing LC-MS instruments coupled 

with improved automation in sample handling, HX-MS has been used to study 

increasingly complex protein states. However, the data-analysis in HX-MS continues to 

be a bottleneck limiting wide-scale adoption of HX-MS in the field of structural 

proteomics. A solution is needed to alleviate the burden of manual validation in HX-MS. 

To this end, in chapter 3, we presented a data analysis pipeline that is tailored towards the 

needs of HX-MS with development of two new modules, HX-PIPE and HX-DEAL, in 

MS Studio. The HX-PIPE allows scrutinization of MS1 isotopic distributions in 

sequencing runs based on the quality filters to enrich for distributions that are most likely 

to provide confident deuterium uptake values in the HX-MS analysis. With expert 

curated data, we showed that with low and high sequence complexity, the filtering 
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strategy of HX-PIPE provides substantial time-saving by removing problematic 

distributions, thus reducing burden of extensive manual validation. 

Although, the filtering strategy encoded in HX-PIPE module provided a way to 

reduce the burden of manual validation in HX-MS for applications involving limited 

complexity, its utility remains limited with samples of higher complexity and 

experiments requiring higher throughput. In chapter 4, a new data analysis pipeline was 

developed to take advantage of deuterium uptake information encoded at the MS2 level in 

fully scrambled CID fragments. This approach utilized the reliable DIA acquisition 

strategy available on most MS platforms, to acquire MS1 and MS2 level data for 

confident assignment of peptide features and ability to mine the rich set of redundant 

deuterium uptake information available on both levels. By utilizing RANSAC based 

algorithms for robust selection of isotopologues, followed by distribution analysis from 

high-redundancy measurements for deuterium uptake, we provide the ability to generate a 

confident dataset without the need for manual validation, and in high complexity sample 

applications as shown by the study involving small molecule drug binding to the DNA-

PKcs isolated directly from the cell lysate.       

 

5.2 Future directions 

5.2.1 Improving throughput of the nano-scale isolation 

AP-MS experiments involving the targeted analysis of an interaction network 

(consisting of multiple nodes) are best conducted through multiple entry points to gain 

the most insight into network topology. This requires affinity purification of multiple 

different baits under several experimental conditions to detect changes in the network 

topology due to mutations or other molecular perturbations269. It demands a high-
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throughput solution for processing large sample sizes in AP-MS studies. The proof-of-

concept work presented in chapter 2 was conducted on a low-throughput nano-isolator 

platform that allows for approximately 8-10 samples to be processed in a day. However, 

the simple magnetic trap geometry used to generate the trapping field can be constructed 

using an array of magnets or machined steel geometries to allow for parallel processing 

of multiple samples (e.g., 96 well plates). It can be coupled with a custom fluidic module 

or integrated with a commercially available solution270. Furthermore, in the current 

workflow, digestion of the isolated proteins requires the beads to be removed from the 

trap and the digestion to be performed offline. Ideally, the digestion step could be 

integrated into the platform to limit sample dilution and any loss of peptides due to 

sample handling. This will require parking the digestion buffer on top of the trapped 

beads. Some form of agitation/mixing of the beads may be required for efficient digestion 

but this is entirely feasible. Following digestion, the peptides can be directly injected into 

the sample vial for subsequent analysis. One could even imagine an integrated style of 

LC technology where the end state is a set of tips containing sample that can be easily 

integrated for truly high throughput operation271.  

More broadly, the concepts that I described are extensible to any affinity 

purification process that is used for analytical purposes.  The approach will not remove 

all affinity partners from solution as the goal is saturation of binding capacity and not 

complete depletion of affinity partners. However, it will provide the best discrimination 

of the binding partners from the background. This sort of strategy could be useful for 

drug screening applications and even ELISAs. I anticipate that our findings will change 

practices in the field and spawn new commercial technologies as a result.  
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5.2.2 High efficiency affinity purification coupled with other structural methods 

High-resolution structural information is key to understanding  protein function. 

More recently cryogenic electron microscopy (cryo-EM) has been at the forefront in 

providing high-resolution structure of increasingly complex protein assemblies. Although 

cryo-EM can tolerate moderate levels of sample heterogeneity, it still relies on a 

conventional sample workup involving expression and purification of multiple protein 

components, and a reconstitution process that is laborious and prone to failure. The 

improved enrichment efficiency in affinity-based isolation shown in the work presented 

here offers an intriguing opportunity in providing protein assemblies isolated directly 

from cell lysates for cryo-EM analysis. There has been recent development in coupling 

microscale isolation of proteins for cryo-EM, however, the focus has been towards 

isolation of abundant proteins from limited starting material272. The lysineless anti-GFP 

nanobody, and the widely available GFP tagged proteins from many different sources 

provides a “ready-made” solution for easier access to the protein material in high-

resolution analysis. The only modification to the workflow would require nanobody 

coupling with a biotin moiety that is cleavable through a chemical or photolytic process, 

allowing for release of nanobody bound protein assembly. The release volume could be 

kept below 10-20 nL, thus ensuring high concentration of released proteins.  In addition, 

the fluidic path of the nano-isolator can be modified to introduce crosslinking 

chemistries, with greater control over the concentration of crosslinker and labelling time. 

Crosslinking is a low yield technique; thus, the sample input will need to be scaled up 5-

10 fold. Alternatively, crosslinkers with enrichment handle can be employed to enrich for 

crosslinked peptides directly273,274. 
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The opportunity to conduct HX-MS on isolated samples is one benefit of the 

extraction method, but the software developed by the team is itself transformational. 

Chapter 4 spoke of applications involving isolations from complex solution, but one 

could also imagine applications involving even greater complexity.  For example, 

mapping epitopes on antigens, as is done in the biotherapeutics industry, is an obvious 

one. HX-DIA could be used to detect antibody binding sites even from the impure 

antibodies available in drug screening exercises. Furthermore, crude sample fractionation 

techniques such as size exclusion chromatography, or analytical ultracentrifugation can 

also be used to obtain proteins for drug-screening exercise without the need for relying 

production and/or availability of tagged proteins275. By removing the need for human 

data analysis, this application could be made high throughput for the first time. 
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