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Abstract

Renewable fuels from lignocellulosic biomass are an appealing option because they can
seamlessly integrate into the existing fuel distribution infrastructure. Lignocellulosic
biomass constitutes nonedible plant material obtained from plant cell walls. The natural
recalcitrance of lignocellulosic biomass poses a challenge in accessing the cell wall
carbohydrates during biochemical conversion. Despite various approaches, enzymatic
hydrolysis of lignocellulosic biomass remains economically impractical due to
incomplete knowledge about biomass recalcitrance and the influence of environmental
factors on biomass quality. Biomass recalcitrance is linked to lignin and hemicellulose in
the plant cell wall. Their distribution varies within the cell wall and among tissue types
within the same biomass.

The first goal of this dissertation was to construct a microfluidic imaging reactor to better
understand the tissue-specific deconstruction of plant materials. Confocal laser scanning
microscopy was conducted on thin sections (60 um thickness) of corn stems at different
time points during dilute acid and dilute alkali pretreatment. The digestibility of the acid
and alkali-pretreated biomass sections during enzymatic hydrolysis were evaluated using
brightfield imaging. The ability to immunolabel plant materials within the reactor was
demonstrated using LM11, an arabinoxylan-specific antibody. Corn stem parenchyma
cells were more susceptible to deconstruction than vascular bundles in both pretreatment
and enzymatic hydrolysis. After 48 hours of enzymatic hydrolysis, only the protoxylem
remained undegraded. The alkali-pretreated sample was more readily hydrolyzed than the
acid-pretreated sample during enzymatic hydrolysis, possibly due to the maximum
operating temperature of the reactor.

The second goal was to investigate how increasing stem solidness impacts enzymatic
digestibility in wheat straw using the microfluidic imaging reactor. This was based on the
rationale that the pith parenchyma cells are more digestible than the other vascular cell
types. Stem sections from three greenhouse-grown wheat cultivars with different stem
solidness (hollow, semisolid, and solid) were pretreated with 1 M sulfuric acid and 62.5
mM sodium hydroxide at 100 °C. During subsequent enzymatic hydrolysis, the solid
stemmed samples showed considerably greater glucose and xylose conversions than the
hollow and semisolid cultivars, which based on the imaging was largely due to the
greater digestibility of the pith parenchyma cells.

The third goal was to develop a high-throughput, moderate-scale enzymatic hydrolysis
method at high-solids loading to study the impact of drought and extreme weather
conditions on biomass deconstruction. At the laboratory scale, high solids loading results
in improper mixing and low saccharification due to low water availability. This was
overcome using horizontal mixing on a laboratory scale roller to improve enzyme
accessibility and obtain higher sugar yields. The saccharification for the roller bottle
method was about 25-50% higher than the traditional shake flask method. This was
evaluated for a variety of AFEX-pretreated feedstocks, including corn stover, sorghum,
miscanthus, native prairie, and switchgrass.
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1 INTRODUCTION
1.1 Motivation

Global energy demand has increased due to the rapidly growing world population, which
largely relies on fossil fuels. Fossil fuels are nonrenewable, and their combustion causes
massive emissions of greenhouse gases (GHG) [1]. A significant share of these emissions
are from the transportation sector (approximately 23%) [2]. Although electrification of
transportation has become exceedingly popular due to the zero tailpipe emissions, the
need for charging infrastructure, limited capacity of vehicle batteries, and extended
charging times are some challenges that need to be addressed. Fuels produced from
renewable sources are particularly appealing as they can be used with the existing fuel
distribution infrastructure [3]. Biofuels are conventionally produced from edible sources
like corn grain and sugarcane (first-generation biofuels), however, this has raised
concerns about food security and price inflation [4]. In this context, lignocellulosic
feedstocks have emerged as a viable option for producing liquid transportation fuels and
chemicals [5]. Lignocellulosic biomass is the nonedible plant material derived from the
plant cell wall. The U.S. alone can potentially produce about one billion tons of
lignocellulosic biomass annually and sustainably [6].

Enzymatic hydrolysis of plant cell wall carbohydrates for production of monomeric
sugars has become increasingly popular in biofuel production due to the mild process
conditions, low environmental impacts, and the possibility of obtaining other valuable
chemicals from the residual biomass [7]. However, the inherent recalcitrance of natural
lignocellulosic biomass hinders the accessibility of the cell wall carbohydrates during
biochemical conversion. Current strategies to overcome biomass recalcitrance are (i)
conducting a pretreatment prior to enzymatic hydrolysis, (i) perturbing the biosynthesis
of cell wall components that cause recalcitrance, and (iii) engineering enzymes with
improved catalytic efficiency [8]. A complete understanding of biomass recalcitrance and
the effects of environmental stressors on biomass quality could potentially lead to
solutions that make the biofuel production process economically viable and
environmentally friendly [9, 10].

Biomass recalcitrance is often attributed to the presence of lignin and hemicellulose in
the plant cell wall [10]. The distribution of lignin and hemicellulose varies within the cell
wall and between the tissue types within the same biomass type [11]. Thick-walled cell
types like sclerenchyma, vascular bundles, and epidermis have higher lignin and
hemicellulose content when compared to the thin-walled parenchyma cells [12, 13]. This
spatial variability in recalcitrance influences the biomass deconstruction [14, 15]. Several
studies have tried interpreting tissue-level biomass recalcitrance by characterizing
fractionated tissues through composition analysis and imaging pretreated biomass [16-
18]. However, the major bottlenecks in conducting microscopic studies to evaluate tissue-
specific biomass recalcitrance are: (i) imaging ground biomass impedes understanding
tissue-specific changes during biomass deconstruction, (ii) handling pretreated biomass is
extremely difficult, which poses several challenges in obtaining thin sections for imaging
without losing the original lignocellulosic structure in the sample and (iii) the exact same
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sample cannot be imaged at different stages in the process when the pretreatment is
carried out in bulk.

Environmental factors like drought and weather extremes affect biomass quality due to
inhibitors that form within the cell wall due to weather stress or during the pretreatment
[19, 20]. Abiotic stressors like drought and extreme temperatures affect feedstock quality
and yield. Decreased biomass yield due to drought could interrupt feedstock supply for
biofuel production. Several studies have focused on developing crop drought tolerance or
identifying ideal locations to cultivate drought-tolerant crops to ensure uninterrupted
feedstock supply [21, 22]. In addition to feedstock supply, weather extremes during plant
growth can adversely affect biomass deconstruction and lower biofuel yields. Very few
studies have evaluated the field-to-fuel effect of weather extremes on biomass
deconstruction and biofuel yields under industrially relevant conditions [20, 23, 24]. In
larger bioreactors in the industry, high solids loading is favored because a larger biomass
loading results in higher sugar concentrations after enzymatic hydrolysis, resulting in
higher bioethanol concentrations following fermentation [83]. Hence, at the laboratory
scale, a platform for high throughput, moderate-scale biomass deconstruction at high-
solids loading is essential to evaluate the effect of environmental factors on biomass
deconstruction. The main challenges in conducting such studies are (i) the large number
of feedstock samples (sometimes in limited quantity) grown under multiple conditions
that need to be evaluated to determine the effect of environmental factors, (ii)
fermentation experiments have a scale limit (minimum hydrolysate volume requirement),
which means the pretreatment and enzymatic hydrolysis scales should be designed for
this requirement.

1.2 Research Objectives

The overarching goal of this dissertation was to develop characterization methods to
overcome a few of the most compelling bottlenecks in microscopic and laboratory-scale
high-solids enzymatic hydrolysis of lignocellulosic biomass. In this work, first, a
microfluidic imaging reactor was constructed to conduct pretreatment and enzymatic
hydrolysis on thin biomass sections while carrying out confocal laser scanning
microscopy at different time points. Second, the microfluidic imaging reactor was
utilized to evaluate the biomass deconstruction of three wheat cultivars with hollow,
semisolid, and solid stems to understand the benefit of stem solidness from the biofuel
production perspective. Third, a horizontal roller bottle high-solids enzymatic hydrolysis
method was developed using gravitational tumbling to overcome the mass transfer
limitations in conventional shake flasks.

The specific objectives are as follows:



1.2.1 Objective 1: Design and construct a microfluidic reactor for
time-lapsed imaging of pretreatment and enzymatic
hydrolysis of lignocellulosic biomass

Confocal laser scanning microscopy (CLSM) combined with immunohistochemistry can
provide a deeper understanding of the influence of tissue and cell types on biomass
deconstruction. This objective aimed to construct a microfluidic imaging reactor to better
understand tissue-specific deconstruction of plant materials. CLSM was conducted on
thin sections (60 um thickness) of corn stems and the changes in lignin autofluorescence
at different time points during dilute acid and dilute alkali pretreatment were recorded for
different cell types. The digestibility of the acid and alkali-pretreated biomass sections
during enzymatic hydrolysis were evaluated using brightfield imaging. The ability to
immunolabel plant materials within the reactor was demonstrated using LM11, an
arabinoxylan-specific antibody. The microfluidic imaging reactor was successfully used
to visualize the progression of biomass pretreatment and enzymatic hydrolysis and the
differential effectiveness based on tissue types. In particular, corn stem parenchyma cells
showed more susceptibility to deconstruction than the vascular bundles during both
pretreatment and enzymatic hydrolysis, and only the protoxylem remained undegraded
following 48 hours of enzymatic hydrolysis. During enzymatic hydrolysis, the alkali-
pretreated sample was hydrolyzed more readily than the acid-pretreated sample, however
this was likely a function of the maximum operating temperature of the reactor.

Publication: Chandrasekar, M.; Collins, J.; Habibi, S.; Ong, R. G. Design and construction of a
microfluidic reactor for time-lapsed imaging of pretreatment and enzymatic hydrolysis of lignocellulosic
biomass. Submitted for publication to “Bioresource Technology” on 13" June, 2023.

1.2.2 Objective 2: Utilize the imaging reactor to compare the
deconstruction of hollow, semi-solid, and solid pith wheat
straw cultivars

Stem solidness is a variable trait in grasses, which can either be hollow or solid at
maturity. Greater stem solidness is expected to be a desirable trait for bioenergy
production due to the larger amounts of thin-walled, less recalcitrant, and readily
digestible parenchyma cells. Most grass species are either hollow or solid and so cannot
be used to investigate the impact of the trait on bioenergy production, however wheat
shows variability in the stem solidness trait and is a useful feedstock to investigate the
effect of grass stem solidness on enzymatic digestibility and potential for biofuel
production. For this project, stem sections from three greenhouse-grown wheat cultivars
with hollow (McNeal), semisolid (Vida), and solid (Choteau) wheat stems were subjected
to pretreatment in a custom imaging reactor using either 1 M sulfuric acid and 62.5 mM
sodium hydroxide, respectively, at 100 °C. Subsequent enzymatic hydrolysis of these
pretreated sections were carried out for 72 hours. Imaging was carried out over the course
of pretreatment and enzymatic hydrolysis using a confocal laser scanning microscope.
Lignin autofluorescence changes during pretreatment indicated a high susceptibility to
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pretreatment of the pith parenchyma cell walls in the Choteau (solid) sample. The
enzymatic hydrolysis indicated that the Choteau (solid) samples had higher glucose and
xylose conversions compared to the hollow-stemmed cultivars. Brightfield images during
enzymatic hydrolysis also show that the pith parenchyma cells of Choteau (solid)
degraded completely by 48 hours, while the rind region of Choteau (solid) and the other
two hollow-stemmed cultivars (McNeal and Vida) remained largely intact, even after 72
hours. These findings highlight the potential to engineer the stem solidness trait into
hollow-stemmed grass-based feedstocks like switchgrass as a means to increase
digestibility.

Publication: Chandrasekar, M.; Olson E.; Ong, R. G. Will pith solidness in wheat straw increase sugar
yields during enzymatic hydrolysis? Under preparation.

1.2.3 Objective 3: Develop a roller bottle method using
gravitational mixing for high solids loading enzymatic
hydrolysis

Several studies have documented the effects of weather extremes on biomass yield and
composition. However, it is important to evaluate the effect of abiotic stressors on
biomass deconstruction and biofuel yields at industrially-relevant process conditions,
such as high solids loading. At the laboratory scale, high solids loading leads to issues
with enzyme accessibility and mixing due to low water availability. This objective aimed
to develop a roller bottle enzymatic hydrolysis method using horizontal mixing to
improve enzyme accessibility and obtain higher sugar yields. Process parameters,
including solids loading, buffer pH, buffer concentration, and centrifugation time, were
optimized for enzymatic hydrolysis of AFEX pretreated corn stover samples.
Respirometer fermentation experiments on S. cerevisiae and Z. mobilis fermentation were
conducted at UW-Madison and results were validated against previously published data
generated using high-solids hydrolysis and fermentation in bioreactors. The
saccharification for the roller bottle method was about 25-50% higher than the traditional
shake flask method for a variety of AFEX-pretreated feedstocks, including corn stover,
sorghum, miscanthus, native prairie, and switchgrass. During fermentation, the shake
flask hydrolysates had slower and more inhibited fermentations than the roller bottle
hydrolysates.

Publication: Chandrasekar, M., Joshi, L., Krieg, K., Chipkar, S., Burke, E., Debrauske, D. J., Thelen, K.
D., Sato, T. K., & Ong, R. G. (2021). A high solids field-to-fuel research pipeline to identify interactions
between feedstocks and biofuel production. Biotechnology for biofuels, 14(1), 179.
https://doi.org/10.1186/s13068-021-02033-6.



2 BACKGROUND
2.1 Lignocellulosic biomass

Lignocellulosic biomass is the nonedible plant material that is present in the cell wall of
plants like grasses, shrubs, and trees (Figure 2.1Error! Reference source not found.). It is
comprised of three main biopolymers, cellulose (40-50%), hemicellulose (25-30% wt.),
lignin (15-20% wt.), as well as small amounts of pectin, and trace inorganic compounds
[25]. Cellulose, hemicellulose, and lignin are intricately intertwined to form a complex
matrix [26]. The relative amounts and structure of these constituents varies between plant
species and within each plant and depends on the growth stage.

Plant cell wall

Feedstock &

Hemicellulose

Figure 2.1. Lignocellulosic biomass composition. Created with BioRender.com.

2.1.1 Cellulose

Cellulose is a polymer composed of B-D-glucopyranose units connected through -
(1—4)-glycosidic bonds (Figure 2.2). The degree of polymerization can range from
10,000 to 15,000 glucopyranose units, which varies depending on the type of feedstock
[27]. Multiple cellulose chains (approximately 20-300) are linked together through
hydrogen bonds or van der Waals forces to form cellulose microfibrils. The length of
each microfibril is about a few microns, and diameter about 2 to 20 nm depending on the
plant species and morphology [31].The degree of polymerization also varies depending
on the feedstock type. In lignocellulosic biomass, cellulose is predominantly found in a
crystalline form, while a smaller fraction exists in an amorphous form [28].
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Figure 2.2. Illustration of cellulose microfibrils. Created with BioRender.com.

2.1.2 Hemicellulose

Hemicellulose is a heterogeneous polymer comprised of different monomeric sugars,
including xylose, rhamnose, arabinose, glucose, mannose, and galactose (Figure 2.3).
The backbone of hemicellulose can be either a homopolymer or a heteropolymer,
connected through B-(1—4)- or B-(1—3)-glycosidic bonds. Hemicelluloses generally
have lower molecular weights than cellulose. The composition of hemicellulose
components varies between grasses, softwoods, and hardwoods [29].
Glucurunoarabinoxylan is the most abundant hemicellulose component in grasses, which
has a xylan backbone and side chains of arabinose and glucuronic acid, which are often
acetylated [30]. The major hemicellulose component in softwood cell walls is
galactoglucomannan, followed by xylan [31]. Xylan is the main hemicellulose
component in hardwoods with negligible amounts of 4-O-methylglucuronic acid and
acetyl groups. The composition of the individual monomers vary based on the plant
species [29].
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Figure 2.3. Hemicellulose monomers.

2.1.3 Lignin

Lignin, a phenolic polymer, is constructed from three primary monolignols: p-coumaryl
alcohol, coniferyl alcohol, and sinapyl alcohol (Figure 2.4). These monolignols undergo
a series of radical reactions to polymerize and form the three main structural units of
lignin: p-hydroxyphenyl (H), guaiacyl (G), and sinapyl (S) units. The hydrophobic lignin
polymer predominantly comprises these structural units and is connected by C-C and [3-
O-4 ether bonds [13]. The composition of p-hydroxyphenyl (H), guaiacyl (G), and
sinapyl (S) lignin units differs between grasses, softwoods, and hardwoods [32]. Grass
lignin has a high proportion of H units and comparable amounts of G and S units. The
main lignin component of softwoods is G units, with low quantities of H units. Hardwood
lignin consists principally of G and S units with minor amounts of H units [13, 33].
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Figure 2.4. A) Monolignols and B) generic lignin subunits.

2.1.4 Types of lignocellulosic biomass

Lignocellulosic biomass for the production of biofuels is derived from three key sectors:
agriculture, forestry, and industry [34]. The main agricultural feedstocks for biofuel
production are dedicated energy crops and forestry or agricultural residues, such as bark,
wood chips, sawdust, rice husks, wheat straw, corn cobs and stover, and sugarcane
bagasse [35]. Among the dedicated energy crops, perennial grasses are becoming
increasingly popular as a source of lignocellulosic biomass because they can grow with
minimal maintenance on marginal soil. This soil type is often characterized by
challenging conditions such as drought, flooding, stoniness, and low nutrient content [36,
37]. Switchgrass (Panicum virgatum L.), a native North American prairie grass, has been
widely acknowledged since the mid-1980s for its remarkable potential as a bioenergy
source. This is primarily due to its high productivity across a broad geographic range, its
ability to thrive on marginal land, and the environmental benefits it offers, such as carbon
sequestration and erosion control [38].

2.1.5 Cell wall morphology and chemical composition

When considering biofuel production from plant cell walls, it is crucial to recognize that
the composition of cell walls varies substantially in terms of quality and quantity among
different feedstocks [39]. Furthermore, even within the same feedstock, different cell
types may exhibit variations in their cell wall composition. The cell wall of plants is
typically structured into multiple layers, including the primary and secondary cell walls
(Figure 2.5). The middle lamella is the region between adjacent cell walls and is rich in
lignin and pectin and devoid of cellulose [40]. It holds the cells together, providing
structural integrity and cohesion within the plant tissue. During the elongation phase of
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cell growth, the primary cell wall is formed [27]. It is comprised of cellulose,
hemicellulose, pectin, and a few structural proteins. The primary cell walls can be
classified as either type I or type II. Type I is present in grasses and wood and mainly
consists of cellulose, pectin, and xyloglucan as the major hemicellulose component. On
the other hand, type II is found in grasses and other commelinid monocots and primarily
consists of cellulose, mixed-linkage glucan, and arabinoxylan, which is the major
hemicellulose component [27]. After the elongation phase ceases, the secondary cell wall
is formed, which is typically thicker and consists of multiple layers. It is comprised of
cellulose, xylan, lignin, structural proteins, and minor amounts of pectin [41]. The
primary cell wall is present in all cell types, whereas the secondary cell wall is
specifically found in specialized cell types. These specialized cells require thick cell
walls to resist negative pressure caused by transpiration, provide mechanical strength to
support the plant, and enable the transport of water and nutrients [42]. These cells and the
cell corners possess a significant amount of lignin, with a high G:S ratio. The
predominant hemicellulose components in softwoods are mannan and xylan [40]. Willow
and poplar are examples of hardwood feedstocks, characterized by abundant large water-
conducting vessels surrounded by narrow fibers. The lignin composition in these
hardwoods comprises both G and S units. Xylose is the primary hemicellulose
component in these feedstocks [43].

---» Cell corners

Middle lamella

Figure 2.5. Cell wall morphology indicating the different cell wall layers, cell corners, and middle
lamella. Created with BioRender.com.

2.1.6 Tissue types and cell wall composition

Various biomass, such as softwoods, hardwoods, and grasses, exhibit distinct tissue
compositions, including parenchyma and various types of sclerenchyma cells.
Parenchyma cells form a large proportion of the tissue volume in plants. The abundance
of parenchyma cells varies based on the plant species, environmental conditions, and the
plant organ. Respiration, carbohydrate storage, photosynthesis, and nutrient assimilation
are some important functions of parenchyma cells [44]. Sclerenchyma cells provide
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protection against microbial attack and long-distance water transport are the main
functions of sclerenchyma cells. These cells are present in fibers and water conducting
tissues like xylem. The distribution of these cell types varies between different feedstocks
[45]. Grasses exhibit a higher level of cell diversity compared to softwood and hardwood
species. They possess an outer rind layer and an inner pith region. The rind layer is
characterized by an abundance of lignin, along with a small number of parenchyma cells,
a thick epidermis, several thick-walled sclerenchyma cells, and numerous vascular
bundles (Figure 2.6) [14]. Vascular bundles are crucial in vertically transporting water
and nutrients to different parts of the part. They consist of various tissues such as xylem,
phloem, and fiber, all composed of thick-walled sclerenchyma cells [46]. On the other
hand, the pith tissue in grasses is rich in cellulose and primarily composed of thin-walled
parenchyma cells, with sporadically distributed thick-walled vascular bundles [47].
Regarding biofuel production, the most extensively studied cell types within plant species
are parenchyma and sclerenchyma cells. Parenchyma cells are typically characterized by
thin and uniform cell walls, although their chemical composition can vary depending on
the specific tissue type. Parenchyma cells are considered the storage compartment for
excess carbohydrates in the form of sugar or starch [48]. Sclerenchyma cells, on the other
hand, can be further classified into sclereids, fibers, and tracheary elements. Sclereids and
fibers possess uniformly thick secondary cell walls, while tracheary elements can form
secondary cell walls in either an annular or helical pattern [48]. Xylem vessels serve as a
conduit for water transport. In grasses, a vascular bundle typically has two metaxylem
vessels and a protoxylem vessel. Metaxylem vessels are larger than the protoxylem [49].
Protoxylem vessels have a helical pattern of lignin deposition. Metaxylems vessels have a
pitted and dense pattern of lignin deposition [50]. In woody biomass, xylem parenchyma,
tracheids and vessels are the important cell types. The xylem parenchyma cells in wood
are elongated and aligned in an axial orientation [51]. Unlike grasses, wood parenchyma
cells have a thin secondary cell wall in addition to the primary cell wall. Tracheids have
highly thickened cell walls that act as a mechanical support to the other cell types [44].
Vessel elements are wider cell types that form long tubes called vessels. The perforations
facilitate the transport of nutrients and water throughout the biomass by interconnecting
the vessels [51].
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Figure 2.6. A brightfield micrograph of corn stem (grass) cross section showing the important cell
types.

2.1.7 Biomass recalcitrance

Plants have developed intricate mechanisms to defend against microbial and chemical
attacks on their cellulose, which combined is known as biomass recalcitrance. Biomass
recalcitrance encompasses various molecular, chemical, and structural aspects of the
plant cell wall [52]. The crystalline nature of cellulose and the aggregation of microfibrils
make it naturally resistant to degradation. Additionally, lignin and hemicellulose
contribute to recalcitrance by forming a physical barrier that impedes cellulose
accessibility to enzymes [30]. As discussed in sections 2.1.1 to 2.1.6, the distribution of
hemicellulose and lignin can significantly vary depending on numerous factors [19].
Consequently, biomass recalcitrance is influenced by factors such as cellulose
crystallinity, arrangement of vascular tissues, the relative abundance of sclerenchymatous
cells, the level of lignification, the type of lignin present, and the structural heterogeneity
of cell wall components [53].

Biomass recalcitrance poses challenges to biofuel production by impeding the
accessibility of cellulose to enzymes, limiting the mass transfer of water and chemicals,
and consequently raising the overall process cost [8]. Lignin functions as a physical
barrier that restricts the accessibility of cellulose and has been observed to irreversibly
adsorb deconstruction chemicals, thereby impeding their ability to interact with the
cellulose [54]. The presence of acetyl groups in hemicellulose contributes to resistance
against cellulose hydrolysis. However, the impact of hemicellulose on biomass
recalcitrance is generally less severe than that of lignin and cellulose crystallinity [52].
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2.2 Lignocellulosic biofuel production

Various methods are available for converting biomass into energy [55]. It can be directly
combusted to generate heat or transformed into syngas (CO + Hz) or liquid transportation
fuels. The conversion of biomass into liquid fuels can be achieved through two main
routes: thermochemical and biochemical. The thermochemical route, also known as the
biomass-to-liquid (BTL) conversion process, involves the pyrolysis or hydrothermal
liquefaction of biomass. Pyrolysis is the degradation of biomass at high temperatures in
nonoxidizing conditions to produce biochar, bio-oil, and pyrolysis gas. [56]. The
generated gases can then undergo further catalytic or biological processing to transform
them into fuels [57]. In the biochemical route, the polysaccharides in lignocellulosic
biomass are converted to monomeric sugars, which are fermented by microorganisms
into fuels and chemicals [34]. The deconstruction process usually involves three stages:
pretreatment, enzymatic hydrolysis, and fermentation (Figure 2.7) [58]. The pretreatment
overcomes the inherent biomass recalcitrance and improves cellulose accessibility to
enzymatic degradation [9]. Enzymatic hydrolysis breaks down the pretreated biomass
into monomeric sugars. These sugars are then fermented to bioethanol and other valuable
products by microorganisms like yeast and bacteria [59].
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Figure 2.7. Biochemical conversion of lignocellulosic biomass. Reproduced based on [60].

2.2.1 Pretreatment

The main objectives of pretreatment are to efficiently generate readily-digestible,
carbohydrate-rich solids suitable for enzymatic hydrolysis; while preventing formation of
inhibitory compounds that can be toxic to fermentation microorganisms; and, in some
cases, extracting high-quality lignin that can be marketed as a co-product [61]. Several
pretreatment technologies have been developed and are often classified as physical,
chemical, physicochemical or biological. Physical processes include size reduction, fiber
separation, or delamination by milling or grinding. Physical pretreatments enhance
enzymatic hydrolysis by reducing the biomass crystallinity and increasing the surface
area [9]. Due to their relatively lower energy efficiency, physical pretreatment methods
are not adopted as stand-alone pretreatment and are more suitable when used in
combination with chemical pretreatment methods [62]. Biological pretreatment involves
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using fungi or other microorganisms to degrade lignin while leaving the polysaccharides
mostly unaffected [63]. Biological methods often require longer processing times, and
there is usually some degradation of carbohydrates, which makes them less favorable in
large-scale applications. Chemical and physicochemical pretreatment methods are cost-
effective and have been studied extensively in the past. Some well-known chemical
pretreatment methods are acid, alkali, ionic liquid, and ozonolysis [64-66]. Important
physicochemical pretreatment methods are ammonia fiber expansion (AFEX), steam
explosion, wet oxidation, and carbon dioxide explosion [67]. There are several
advantages and disadvantages to each of these pretreatment technologies. As the ultimate
goal of pretreatment is overcoming biomass recalcitrance, the choice of pretreatment
method is influenced by the diversity of chemical composition and structure (as described
in 2.1.6.) [10, 53]. In this dissertation, based on the method development requirements,
the primary focus is on three specific pretreatment methods: dilute acid, dilute alkali, and
ammonia fiber expansion (AFEX).

2.2.1.1 Dilute acid pretreatment

Dilute acid pretreatment, most commonly using sulfuric acid, but sometimes hydrochloric
or phosphoric acid, reduces biomass recalcitrance through acid-catalyzed hydrolysis of
hemicellulose into fermentable sugars [12]. The temperature range for dilute acid
pretreatment varies from 80-210 °C and the residence time varies between few minutes to
an hour, depending on the temperature [68, 69]. Combined severity is a combined metric
based on the pretreatment conditions that depends on the acid concentration, temperature,
and residence time. Optimum combined severity is the range at which the hemicellulose
is converted into its monomeric sugars but not converted into furfural and 5-
hydroxymethylfurfural. At extremely high severities, partial hydrolysis of cellulose
occurs, which reduces the degree of polymerization of the cellulose [70]. Dilute acid
pretreatment does not result in lignin fragmentation, however the lignin can relocalize
and condense as spherical droplets on the cell wall surface [70, 71]. All these
mechanisms result in an increase in pore size and surface area that improves subsequent
enzymatic hydrolysis of cellulose. The main drawbacks of dilute acid pretreatment
include the formation of inhibitory compounds that are toxic to fermentation
microorganisms and the need for expensive reactor materials due the corrosive nature of
the acids [72].

2.2.1.2 Dilute alkali pretreatment

In contrast to dilute acid pretreatment, dilute alkali pretreatment is carried out at lower
temperatures and times ranging from hours to days. The commonly used chemicals for
alkali pretreatment are sodium, potassium, calcium, and ammonium hydroxide [73].
Sodium hydroxide is the most effective among these options. Solubilization of lignin
through saponification of the $-O-4 bonds in lignin is the main mechanism of alkali
pretreatment. This process also removes acetyl and uronic acid ester groups from
hemicelluloses. As a result, the biomass porosity increases, facilitating access to the
cellulose and hemicellulose during enzymatic hydrolysis. The solubilization of lignin also
causes an expansion in the biomass, which increases the overall surface area. This
swelling effect is a characteristic of alkali pretreatment [64, 65]. Alkali pretreatment is
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influenced by the catalyst loading, solid-to-liquid ratio, temperature, and residence time
[74]. Sugar degradation is lower during alkali pretreatment compared to acid
pretreatment, however the lignin structure can be destroyed making it less suitable as a
feedstock for coproducts [75].

2.2.1.3 AFEX pretreatment

During AFEX pretreatment, moist biomass (0.1 to 2.0 g H2O/g dry biomass) is exposed
to liquid anhydrous ammonia at a high pressure and temperature for a limited time and
then rapidly depressurized [76]. The main mechanisms of AFEX are disruption of lignin-
carbohydrate linkages, cleavage of hemicellulosic ester linkages, and partial reduction of
cellulose crystallinity, all of which leads to increased enzymatic hydrolysis of cellulose.
The rapid decompression of ammonia due to pressure release relocalizes biomass
components and forms large pores in the cell wall, which makes the cellulose more
accessible for enzymatic hydrolysis. The main parameters influencing the effectiveness
of AFEX pretreatment are ammonia loading, temperature, pressure, moisture content, and
residence time [77]. Liquid ammonia loading can vary between 0.3 to 2.0 g NHs/g dry
biomass. The temperature for AFEX pretreatment can vary between 90-180 °C and the
residence time between 5 and 60 min. Because ammonia is released as a vapor, following
AFEX pretreatment the biomass is removed as a solid from the reactor and there is no
loss of hemicellulose or lignin in a separate liquid stream, unlike in other pretreatment
methods. During AFEX, ammonia (NH3) and hydroxide ions (OH") penetrate the cell
wall and break the ester linkages between hemicellulose and lignin through ammonolysis
and hydrolysis, respectively, to form amides or acids [78]. Removal of acetyl groups
from hemicellulose results in acetamide and acetic acid formation, which can be
inhibitory to microorganisms [79]. However, several studies report that the quantities of
such inhibitory compounds are relatively lower for AFEX than other chemical
pretreatment methods [20, 80, 81]. Ammonia cost and its ineffectiveness on high lignin
containing feedstocks like wood are some drawbacks of AFEX pretreatment [9].

2.2.2 Enzymatic hydrolysis

The cellulose and hemicellulose in lignocellulosic biomass can be hydrolyzed into
monomeric sugars using either concentrated acids or enzymes. Enzymatic hydrolysis is
the preferred approach due to its lower energy requirement, milder process conditions,
and reduced formation of fermentation inhibitors [82]. Three cellulase enzymes work
synergistically to achieve complete hydrolysis of cellulose to glucose: endoglucanases,
cellobiohydrolases, and B-glucosidases (Figure 2.8Error! Reference source not found.).
Endoglucanases target the glucosidic linkages in the interior amorphous regions of
cellulose [83]. Cellobiohydrolases act on both the reducing and non-reducing ends found
in the crystalline regions of the cellulose chains, resulting in cellobiose formation.
Finally, B-glucosidase hydrolyzes cellobiose into glucose monomers [61]. The intricate
arrangement of cell wall polymers adds complexities to the enzymatic hydrolysis process.
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Figure 2.8. Enzymatic hydrolysis. Created with BioRender.com. Reproduced based on [84].

Due to the diversity of monomers that form hemicellulose (as described in 2.1.2), the
enzymes required to hydrolyze hemicellulose are far more complex than the cellulases.
Endo B-1-4-xylanase and B-xylosidase are responsible for the hydrolysis of xylan [85].
Other hemicellulose components are hydrolyzed by accessory enzymes such as a-L-
arabinofuranosidase, a-glucuronidase, a-galactosidase, acetyl xylan esterase, and ferulic
acid esterase [86]. The combined effect of the cellulases and hemicellulases depends on
the nature of the substrate and the pretreatment technology used [87]. For most types of
pretreated biomass, a complex mixture of enzymes is required to achieve efficient
biomass deconstruction.

2.2.3 Fermentation

During fermentation, microorganisms like yeast or bacteria utilize the monomeric sugars
for their growth while simultaneously producing alcohol and carbon dioxide [88]. For
efficient fermentation, the chosen microorganisms should possess high specific
productivity, alcohol tolerance, and a wide pH range. The most employed
microorganisms for fermentation are the yeast Saccharomyces cerevisiae and the
bacterium Zymomonas mobilis [89, 90]. S. cerevisiae exhibits favorable traits such as the
ability to ferment various hexoses, high product yield, and high product concentration.
On the other hand, Z. mobilis offers advantages over S. cerevisiae, including faster
glucose consumption and lower biomass accumulation [91]. Since hemicellulose
hydrolysis generates xylose and other pentose sugars, engineered strains of S. cerevisiae
and Z. mobilis have been developed to enable pentose fermentation [92, 93].

Some chemicals produced during the pretreatment can have detrimental effects on

fermentation microorganisms. They can impede microbial growth by reacting with the

cellular components and causing cellular membrane damage [94]. The type and

concentration of fermentation inhibitors is determined by various pretreatment factors,

including the chemical used and process conditions such as temperature, residence time,
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and pH. Inhibitors generally fall into three main categories: aromatic compounds, furan
derivatives, and weak aliphatic acids [95]. Acetic acid is a common inhibitor generated
from hemicellulose hydrolysis during acid, alkali, and AFEX pretreatments. Aromatic
inhibitors are typically derived from lignin and include compounds such as vanillin and
4-hydroxybenzaldehyde [59]. Furfural and 5-hydroxymethylfurfural (HMF) are examples
of inhibitors formed from the degradation of pentoses and hexoses during the
pretreatment process. Additionally, inhibitors like levulinic acid and formic acid are
produced by the further degradation of 5-hydroxymethylfurfural [20, 59].

2.2.4 Analytical techniques for evaluating biomass
deconstruction

Evaluating the biomass deconstruction at different stages provides valuable insights to
understand biomass recalcitrance. The liquid stream is typically analyzed for the release
of sugars and inhibitors, while the composition of the residual biomass is analyzed to
understand modifications to cell wall polymers during pretreatment and enzymatic
hydrolysis. However, in order to understand tissue-specific variations in biomass
recalcitrance, it is also important to investigate morphological changes in the biomass at
both macroscopic and microscopic levels [63, 96]. There are numerous characterization
techniques used to evaluate the effect of deconstruction on biomass properties such as
surface and structural morphology and chemical composition [97]. Morphological
changes can be analyzed using microscopic techniques like scanning electron microscopy
(SEM), transmission electron microscopy (TEM), confocal laser scanning (CLSM), and
atomic force microscopy (AFM) [98]. Functional group-related information can be
analyzed using Raman spectroscopy, Fourier-transform infrared spectroscopy (FT-IR),
and NMR. Physical properties like crystallinity and porosity can be analyzed using X-ray
diffraction (XRD) and solid-state nuclear magnetic resonance (NMR) [99]. Changes in
structural carbohydrates and lignin can be analyzed using the standard laboratory
procedures provided by NREL for the raw biomass and at various stages of the
bioconversion [52].

2.2.5 High-solids enzymatic hydrolysis

To make biofuel production economically viable, it has been suggested that the
fermentation broth should contain a minimum of 4 % bioethanol concentration before
undergoing distillation [100]. A promising strategy to achieve this is by conducting the
deconstruction process at a high biomass concentration during both pretreatment and
enzymatic hydrolysis. Starting with a larger biomass loading results in higher sugar
concentrations after enzymatic hydrolysis, resulting in higher bioethanol concentrations
following fermentation [83]. The advantages of operating at higher solids loadings
includes lower equipment costs due to reduced volume, lower operating costs due to
reduced energy requirements, lower downstream processing costs due to higher
concentrations of sugars in the product stream, and lower water consumption [101-103].
Typically, the term "high-solids" refers to a solid loading greater than 15% w/w dry
biomass, or the absence of free water in the slurry at the beginning of the enzymatic
hydrolysis process.
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High solids loading enzymatic hydrolysis presents unique technical challenges related to
low water availability [104]. Water plays a crucial role in enzymatic hydrolysis as a
reactant for breaking glycosidic bonds in cellulose and hemicellulose; a medium for the
diffusion of enzymes, substrate, and released sugars; and a viscosity-reducing agent for
efficient mixing [105]. When water is limited during high-solids loading, several
difficulties arise. First, the biomass slurry becomes highly viscous, impeding the
diffusion of enzymes [106]. Second, enzymes experience greater end-product inhibition
due to the high concentration of monomeric sugars produced. Cellobiose binds to the
catalytic surface of cellobiohydrolase and endoglucanase, inhibiting their activity.
Glucose primarily inhibits B-glucosidase, while also affecting cellobiohydrolase and
endoglucanase to a lesser extent. Similarly, monomers like galactose, xylose, arabinose,
and mannose can inhibit various hemicellulase enzymes [95, 107]. Third, achieving
uniform temperature (e.g., 50 °C) and desired pH throughout the biomass slurry can be
challenging due to localized hot spots that may form within the mixture [108]. However,
maintaining optimal temperature and pH is crucial as enzyme-based reactions are highly
sensitive to these factors [109].

Lignocellulosic biomass slurries exhibit non-Newtonian fluid behavior, displaying a
pseudoplastic nature where viscosity decreases with increasing shear rate [100]. When
these slurries are mixed, the fibers within the biomass tend to form interconnections. This
behavior becomes more pronounced at high solids loading due to the presence of a large
quantity of insoluble solids. At high solids loading (>15% w/w dry biomass) where water
availability is limited, the lubrication between biomass fibers is significantly reduced,
resulting in a more limited mixing of the biomass slurry. This indicates little to no
convective mixing resulting in high energy consumption for mixing equipment [110].
The improper mixing can also lead to inadequate contact between the enzymes and the
biomass, which is crucial for effective saccharification. The pseudoplastic behavior of the
biomass slurries has a greater impact during the initial stages of enzymatic hydrolysis
[111]. As the reaction progresses, the enzymes break down the insoluble solids and
reduce fiber size, resulting in the liquefaction of the biomass slurry [101]. Additionally,
the chemical composition of the feedstock can affect the viscosity, with feedstocks
containing higher amounts of lignin and hemicellulose typically exhibiting increased
viscosity. Analyzing the rheological properties of biomass slurries can provide valuable
insights for selecting appropriate process parameters for enzymatic hydrolysis [112, 113].

2.2.5.1 High solids enzymatic hydrolysis configurations

Most often laboratory scale enzymatic hydrolysis is performed in Erlenmeyer flasks with
a solids loading of less than 10% w/w dry biomass. The shake flask method operates as a
batch process, where the entire pretreated biomass, water, and enzymes are added all at
once, and the products are collected after enzymatic hydrolysis is complete. To
investigate the biomass deconstruction process under conditions relevant to industry, it is
crucial to conduct pretreatment and enzymatic hydrolysis at high solids loading
exceeding 15% w/w dry biomass (Figure 2.9) [109]. However, at solids loadings above
10% w/w dry biomass, using a stirrer or shaking incubator becomes ineffective for proper
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mixing [114], and results in uneven enzyme distribution, and localized accumulation of
sugars, reducing hydrolysis efficiency [115].

Various strategies have been studied as alternative methods to overcome the difficulties
arising during high solids loading hydrolysis including fed-batch addition of biomass to
shake flasks, using horizontal bioreactors employing gravitational mixing, and the
addition of surfactants to facilitate adsorption and desorption of enzymes on the substrate
[116, 117]. In the fed-batch approach, the pretreated solids are introduced to the system
in multiple installments, typically exceeding three or four, at different time points. This
gradual addition of solids during the liquefaction stage reduces the amount of insoluble
solids present at any given time [113], but increases the likelihood of microbial
contamination during the process. Gravitational mixing minimizes particle settling and
local accumulation of sugars within the reactor to ensure better enzyme distribution
[102]. At industrial scales, horizontal reactors with paddles have efficiently increased
sugar yields. Surfactant additives like carboxymethyl cellulose, polyethylene dioxide, and
polyacrylamide have been used to alter the rheological properties of lignocellulosic
biomass slurry to improve enzyme distribution [118].

No water
available

— available

Horizontal mixing to overcome solids

Improper mixing due accumulation 18% solids 28% solids
to solids accumulation

Figure 2.9. A) A shake flask (batch mode) showing accumulation of solids along the periphery, which
leads to improper mixing, B) Horizonal mixing using a laboratory scale roller aide in overcoming
solids accumulation, C) Low water availability in 18% solids w/w dry biomass enzymatic hydrolysis,
D) No water available in 28% solids w/w dry biomass enzymatic hydrolysis.

2.2.5.2 Fermentation inhibition at high solids loading

The inhibitory compounds produced during pretreatment are detrimental to the
fermentation microorganisms (as described in 2.2.3). This situation is more severe at high
solids loading due to the high concentration of these inhibitory compounds [119].
Washing the pretreated biomass before enzymatic hydrolysis, detoxifying the
hydrolysates before fermentation, and designing pretreatment methods that produce
minimal inhibitory compounds are the potential solutions to this problem [105]. Lu et al.
found that washing the pretreated solids resulted in an increased ethanol yield for steam
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exploded corn stover. The ethanol yield was 94% at 30% (w/w) solids loading for washed
pretreated solids whereas it was 64% at 20% (w/w) solids loading for unwashed
pretreated solids [119]. The use of activated charcoal to remove acetic acid, using laccase
to oxidize phenolic inhibitors, and treating the hydrolysates with ion-exchange resins to
remove inhibitors were some of the effective detoxification methods [120-122]. In a
previous study on the scale up of enzymatic hydrolysis of alkaline hydrogen peroxide
pretreated corn stover, they incorporated activated charcoal detoxification on the
hydrolysates prior to fermentation. The results revealed that the fermentation batch that
was treated with activated charcoal exhibited a more rapid utilization of glucose and
xylose. However, the overall fermentation efficiency remained consistent at
approximately 68% for both the conditions, with and without activated charcoal treatment
[123]. Cannella et al. reported that adding cationic polyethylenimine (PEI) to SO2
impregnation pretreated spruce samples aided in the adsorption of furan and aliphatic
acids. They reported that there was no fermentation without PEI addition. The ethanol
yield was higher for post hydrolysis PEI addition (37.8 g/kg) than for pre hydrolysis PEI
addition (35.4 g/kg) [124]. The main disadvantage of the washing and detoxifying steps
is the increase in ethanol production cost up to 22%, which is unfavorable for the
industrial scale [125, 126]. Several studies investigated the elimination of the washing
step through different approaches [83]. Lau et al. studied the inhibitory compound effect
on fermentation for AFEX pretreatment of corn stover and distillers grain without the
washing step. After enzymatic hydrolysis at 18% (w/w) solids loading, it resulted in 87-
103% metabolic ethanol yields (based on consumed glucose and xylose) [126]. Further,
through the use of S.cerevisiae 424A (LNH-ST), a strain engineered for improved xylose
fermentation, the fermentation of AFEX pretreated corn stover hydrolysates resulted in a
higher ethanol production of 0.17 g/L/hr for unwashed pretreated solids than 0.12 g/L/hr
for washed pretreated solids [103]. Additionally, Lau et al. investigated the effect of the
hydrolysate pH on fermentation yield and found that a pH of 5.5 at 30 °C is optimum for
AFEX pretreated corn stover and S.cerevisiae [103]. Other studies have also reported an
increase in ethanol yield when the hydrolysate pH is adjusted to 5.5 or 6 before
fermentation. These were carried out on steam exploded and acid pretreated corn stover
[127, 128]. These studies imply that eliminating the detoxifying step is feasible for AFEX
pretreatment and by achieving an appropriate hydrolysate pH, it is possible to improve
fermentation yields at high solids loading conditions.

2.3 Imaging in lignocellulosic biofuel production

Determining the morphological changes in biomass during pretreatment is important to
understand the heterogeneity in biomass recalcitrance, which is influenced by the
arrangement of cell wall components such as cellulose, hemicellulose, and lignin (as
explained in sections 2.1). Microscopic techniques are crucial for analyzing the
breakdown of lignocellulosic biomass (Figure 2.10) [98], as they allow us to investigate
changes in particle size and structural changes within the plant microstructure during
pretreatment and enzymatic hydrolysis. While compositional analysis of the hydrolysates
can help assess sugar yield and concentration, imaging is necessary to observe localized
changes in different regions of the biomass [129].
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Over the past few decades, there have been significant advancements in microscopic
techniques, such as label-free imaging and immunolabeling. These advancements have
paved the way for new opportunities in qualitatively and quantitatively understanding the
deconstruction of cell walls [130]. Electron microscopy and optical microscopy employ
light beams and electron beams, respectively, to interact with samples and provide spatial
information at both the micrometric and nanometric scales [98, 131, 132]. Atomic force
microscopy uses a mechanical probe that contacts the sample surface to obtain the
topochemical characteristics of the cell wall. Confocal Raman microscopy is a
nondestructive method that reveals the chemical composition the cell wall at a
microscopic level using the inelastic scattering of monochromatic light [98].
Fluorescence microscopy is used to visualize cell wall components and biomass
deconstruction by taking advantage of lignin autofluorescence and can observe
hemicellulose and enzyme interactions through immunolabeling [131, 133].
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Figure 2.10. Commonly used imaging techniques to elucidate cell wall properties. Created with
BioRender.com

2.3.1 Electron microscopy

Electron microscopy employs a beam of electrons and electromagnetic lenses to generate
images of a specimen. The main advantage of electron microscopy over traditional light
microscopy is the shorter wavelength of electrons, enabling the acquisition of high-
resolution images. There are two fundamental types of electron microscopy: transmission
electron microscopy (TEM) and scanning electron microscopy (SEM) [98]. The high
magnification in TEM is particularly valuable in studying the structural characteristics of
the middle lamella and secondary cell wall in plant cells during biomass deconstruction.
In TEM, a high-energy electron beam passes through an extremely thin sample,
experiencing scattering [134-136]. The transmitted (scattered) electron beam then
interacts with a fluorescent screen or an electron detector to produce the resulting images
(Figure 2.11AError! Reference source not found.). To avoid electron scattering by gases,
TEM must be conducted in a vacuum. For lignocellulosic biomass analysis with TEM, it
is necessary to embed the biomass in resin. The obtained sample sections are stained with
potassium permanganate before imaging to provide contrast to differentiate between cell

20



wall layers based on lignin concentration [71]. These sections are mounted on a 3 mm
diameter TEM grid, typically composed of copper. In contrast to TEM, SEM is lower
resolution and is typically used to visualize the surface of the biomass, rather than the
interior of the cell wall. To be effective, the biomass sample is coated with a conductive
and protective layer, such as gold or tungsten. The source electron beam interacts with
the sample, leading to ionization and the emission of secondary and backscattered
electrons (Figure 2.11B) [137]. Secondary electrons with energy below 50 eV are
utilized to achieve topographic contrast in the images [138]. SEM has been used to
determine the structural changes in lignin during pretreatment. Particularly, lignin droplet
formation on the surface of the feedstocks during dilute acid pretreatment and steam
explosion pretreatment have been elucidated using SEM in several studies [139-141].
Numerous previous studies have evaluated lignin distribution between the different cell
wall layers using SEM and TEM, and found the highest lignin content in the compound
middle lamella [33, 134, 136, 142]. Surface erosion, relocalization of cell wall
components, and structural changes in the biomass during pretreatment can be studied
using SEM [73, 130, 143]. Combined with potassium permanganate staining, TEM has
been used to highlight the changes in lignin distribution within the cell wall for
switchgrass during alkali pretreatment and corn stover during AFEX pretreatment [73,
143]. Despite being used widely, the potential drawbacks of SEM and TEM are that the
drying, cutting, and metal coating procedures during sample preparation can alter the cell
wall morphology and the electron beam can damage the sample [99]. Nevertheless,
electron microscopy has been successfully used to visualize cellulose microfibrils and the
nanoscale morphological changes during pretreatment and enzymatic hydrolysis [ 144].
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Figure 2.11. Schematic representation of A) SEM and B) TEM. Reproduced based on [145] and [146]
using BioRender.com
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2.3.2 Atomic force microscopy

Atomic force microscopy (AFM) measures the attractive and repulsive forces between a
scanning probe and the sample to obtain a high resolution, three-dimensional replica of
the biomass surface [147]. AFM does not require sample staining or labeling, thus
preserving the structural integrity during sample preparation. The surface of the sample is
probed using a sharp tip located at the end of a cantilever (Figure 2.12A). Information
about the sample surface is obtained by reflecting a laser beam off the backside of the
cantilever onto a photodiode, [98]. Feedback electronics provides signals to raise or lower
the probe tip based on the changes in sample topography. The applied voltage used to
move the tip is monitored to generate the image [148-150]. Most scanners have a range of
around 100 x 100 um, and the tip at the end of the cantilever needs to be within
approximately 10 um of the sample [149]. The nanostructural changes of cellulose
microfibrils during deconstruction can be visualized using AFM. AFM is most commonly
used in combination with other analytical techniques to study the interactions between
lignocellulosic feedstocks and enzymes. Lambert et al. tracked the progress of enzymatic
hydrolysis of a lignocellulosic film (prepared using poplar extracted lignin and cellulose
nanofibrils) to elucidate the lignin-based differences in biomass recalcitrance [ 144]. Ding
et al. used AFM, along with other imaging techniques to determine the difference in
hydrolysis of delignified corn stem secondary walls by large multi-enzyme bacterial
cellulosomes compared to small fungal cellulases [27]. The difference between lignin-
enzyme and cellulose-enzyme interactions were studied AFM tips coated with kraft

lignin and hydroxypropyl cellulose for Trichoderma reesei, a commercial cellulase
system [151]. However, AFM has limitations in terms of scan range and the potential for
the formation misleading artifacts . The topographic signals from the biomass surface
could overlap with the gap-with controlling mechanism of the AFM, thereby generating
artifacts leading to data misinterpretation [152].
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Figure 2.12. Schematic representation of A) atomic force microscopy (AFM) and B) confocal Raman
microscopy. Created with BioRender.com. Reproduced based on [98].

2.3.3 Confocal Raman microscopy

Confocal Raman microscopy (CRM) is a nondestructive imaging method to obtain
simultaneous chemical and structural information of the plant cell wall. Raman imaging
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is based on the inelastic (Raman) scattering of monochromatic light during the interaction
between the source photon laser and the sample (Figure 2.12B) [98]. The resolution
obtained in Raman microscopy can be of a single cell, or even a single layer of the cell
wall. Different cell wall polymers scatter light with different characteristic bands:
cellulose: 870-800 cm™!, hemicellulose: 515-475 cm™!, lignin: 1602 cm™ [153, 154] and
can be mapped simultaneously. Important bottlenecks while using CRM include long
acquisition times, limited specificity due to the complex distribution of the cell wall
polymers, and the autofluorescence behavior of the cell wall that interferes with signal
acquisition [155, 156]. These limitations can be overcome by using charge coupled
devices to reduce acquisition time, obtaining extremely thin samples to improve chemical
specificity, and photobleaching to quench the fluorescence signals [156]. CRM has been
used for real-time, nondestructive, in situ imaging of changes in biomass structure and
composition during pretreatment [129, 157]. During alkali pretreatment of miscanthus,
CRM revealed the preferential removal of lignin from the primary cell wall without any
significant change in the cellulose structure [158], and a clear difference in the
distribution of hydroxycinnamates, lignin, and cellulose between the parenchyma cell
walls and the sclerenchyma fibers [159]. During ionic liquid pretreatment of poplar,
CRM was used to determine that the dissolution and swelling caused by the ionic liquid
was more prominent in the amorphous cellulose regions than the crystalline cellulose
[160, 161]. Lignin and carbohydrate spatial distribution during y-valerolactone/sulfuric
acid/water pretreatment of Eucalyptus was evaluated using CRM to determine the
optimum acid concentration for effective pretreatment. At 100 mM of sulfuric acid, the
lignin solubility increased drastically in all cell wall regions except for a few traces in the
compound middle lamella [162].

2.3.4 Fluorescence microscopy

Due to its versatility, fluorescence microscopy can be used to visualize a wide variety of
lignocellulosic feedstocks. The ability to fluorescently tag proteins, glycans, and enzymes
allows for selective observation of individual moieties [163]. Fluorescence microscope
configurations can be divided into epifluorescence or confocal laser scanning microscopy
(CLSM). Epifluorescence uses a broad-spectrum excitation light source to illuminate the
entire field of view (wide field mode) (Figure 2.13). Epifluorescence microscopy is
effective for thin samples (<10 um). The sample is usually mounted on a coverslip,
which is in contact with the objective lens. Commonly used lens magnification varies
between 10x and 100x. An excitation filter is combined with the light source to select the
appropriate wavelength for sample excitation [98, 164]. A dichroic mirror separates the
excitation and emission spectra, while an emission filter determines the transmission
wavelength band. An imaging device, such as an electron multiplication charge-coupled
device (EMCCD) camera, captures the emitted photons, which translates them into an
image. The pixel intensity is proportional to the fluorescence emitted. Through proper
calibration, it is possible to quantify the concentration of fluorescence from biochemicals
or fluorescently labeled glycans [98]. On the other hand, confocal laser scanning
microscopy (CLSM) utilizes a laser as the excitation source for point illumination and a
photomultiplier detector (Figure 2.13). CLSM is similar to epifluorescence microscopy
but offers improved axial resolution through optical sectioning. It is particularly useful
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for imaging thick samples (approximately 100 um) by capturing multiple individual
sections of the sample [165]. The cell wall structure before and after digestion can be
obtained through fluorescence microscopy, which is useful to determine pretreatment or
enzymatic degradation mechanisms [131]. During biomass deconstruction, CLSM has
been used to investigate the changes in lignin using lignin autofluorescence (2.3.4.1) and
hemicellulose and pectin using immunofluorescence labeling (2.3.4.2) [132, 166]. Time
lapse evaluation of lignin autofluorescence using CLSM of poplar samples during ionic
liquid pretreatment at room temperature showed a clear reversible swelling of the cell
wall towards the lumen and not the middle lamella [160]. During CLSM imaging of ionic
liquid pretreatment of switchgrass at higher temperatures, the swelling effect of the ionic
liquid was followed by rapid dissolution of cell wall structure [167]. CLSM imaging has
also been used to evaluate differential effects of pretreatment on cell types. During ionic
liquid pretreatment of rice straw, the sclerenchyma cell walls near the vascular bundles
showed more swelling and reduced autofluorescence than the epidermal sclerenchyma
cell walls [168].
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Figure 2.13. Schematic representation of A) Epifluorescence microscope and B) Confocal laser
scanning microscope. Created with BioRender.com. Reproduced based on [169].

2.3.4.1 Lignin autofluorescence

Plant cell walls exhibit fluorescence under UV or visible light excitation due to the
presence of lignin, which has multiple fluorophores responsible for autofluorescence
(Figure 2.14). Phenylcoumarans, stilbenes, coniferyl alcohol, biphenyls, and
dibenzodioxocins have been identified as lignin chromophores [133]. In contrast, cell
wall polymers like cellulose and hemicellulose are nonfluorescent. Mapping lignin
autofluorescence through CLSM has been used to investigate lignin distribution in wood,
photodegradation of wood, and structural characterization of different lignocellulosic
feedstocks [170]. Lignin autofluorescence has been used to show reduced and variable
lignification due to the downregulation of 4-coumarate CoA ligase (4CL) in Monterey
pine [171], and a distinctly high lignin content in the secondary cell wall of pine
compression wood compared to the middle lamella [172].
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Lignin autofluorescence undergoes modification based on pH, chemical infiltration, and
temperature [133]. In the biomass deconstruction process, several studies have used this
to determine the effect of various pretreatment methods on lignin including hot water,
chlorite, steam explosion, alkali, maleic acid, and sulfuric acid-catalyzed y-valerolactone
pretreatment [133, 173-176]. The high temperatures and acidic or alkaline conditions of
several chemical pretreatments cause the breakage of B-aryl-ether bonds in lignin, which
leads to a decrease in lignin autofluorescence after pretreatment [170, 177, 178]. Also,
based on previous studies using fluorescence lifetime imaging microscopy (FLIM) of
poplar during maleic acid, hot water and chlorite pretreatment, it was found that the
lignin remaining in the pretreated residual biomass had shorter fluorescence lifetime than
in the untreated biomass [174, 179]. Hence, relative quantitation of lignin
autofluorescence through fluorescence microscopy can be used to characterize lignin
changes during pretreatment.

Figure 2.14. CLSM image of a corn stem section showing lignin autofluorescence. The excitation
wavelength was 405 nm with a DAPI emission bandpass filter (480-550 nm).

2.3.4.2 Immunolocalization

Although cell wall polysaccharides are not fluorescent, they can also be visualized using
CLSM either by staining or labeling with monoclonal antibodies [180, 181].
Understanding the location of specific cell wall polymers, both in their substituted and
unsubstituted forms, is crucial for rapidly mapping the composition of lignocellulosic
feedstocks [12, 182]. The specificity of monoclonal antibodies depends more on the
precise epitope or range of epitopes they recognize rather than the polymer they are
intended to identify. A wide selection of over 200 plant cell wall glycan-directed
monoclonal antibodies (mAbs) is available in the globally used toolkit developed by
Pattathil et al. [183]. These antibodies cover a diverse range of cell wall polymers and are
organized hierarchically based on their binding specificities. This labeling approach is
most effective when applied to unprocessed samples, where the epitopes remain unaltered
[184]. However, imaging can be performed years after sample preparation through
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fixation and embedding techniques. Embedding enables the production of thin sections
thinner than 2 pm, minimizing fluorescence interference [184]. Immunolabeling typically
involves the use of a secondary antibody that can be visualized. Secondary antibodies are
conjugated with fluorophores. In the 1980s, commonly used fluorophores for
immunolabeling included fluorescein isothiocyanate and tetramethyl rhodamine
isothiocyanate. These have since been replaced by more advanced options such as Alexa
Fluor® Dyes (Invitrogen, Carlsbad, USA). It is important to note that immunolabeling
has certain limitations, including its destructive nature, the high cost of antibodies, and
limited permeability into the sample [98].

Immunolabeling has been used in a number of studies to evaluate the distribution of
hemicellulosic sugars in plant cell walls and identify how this distribution changes
following pretreatment. Using a combination of immunolabeling and autofluorescence
imaging, pine compression wood was found to have higher lignin and -(1,4)-galactan
content compared to normal wood [172]. Detailed glycome profiling of miscanthus using
a suite of monoclonal antibodies and immunolabeling were useful to differentiate the
distribution of lignin and hemicellulose among organs, genotypes and found that lignin
had the greatest effect on recalcitrance in stems [185]. The changes in the cell wall
structure and composition during pretreatment can be accurately visualized using
immunolabeling of the cell wall components [132]. The ultrastructural effects of
extractive ammonia pretreatment of corn stover cell walls were evaluated using glycome
profiling and immunohistochemistry with several xylan and arabinoxylan specific CCRC
antibodies. They found that the hemicellulose was severely distorted after extracted
ammonia pretreatment in addition to lignin removal [186]. Through immunolabeling
using different cellulose specific CBM antibodies, a dramatic increase in cellulose
accessibility was observed after delignification during ionic liquid pretreatment of rice
straw samples [27]. Costa et al. evaluated the variability of hemicellulose content
between the rind and the pith regions for six sugarcane variants through labeling mixed
linkage glucans (MLG) and xylan. High xylan and low MLG content in the rind region
was attributed to the high recalcitrance in the rind tissues [181]. Increased xylan
accessibility due to the loss of hemicellulose during dilute acid pretreatment of corn
stover from sclerenchymatous tissues have been studied using immunolabeling with
LMI10 and LM11 [187].

2.4 Microfluidics

The field of microfluidics involves the manipulation of small volumes of fluids within
and around microstructures at a scale from 10 to a few 100 um. The large surface-area-
to-volume ratio associated with microfluidic systems offers a great advantage in scaling
down laboratory processes [ 188]. Microfluidic systems utilize different methods for fluid
manipulation. These include pressure-driven flow, where external pressure sources or
pumps are used to drive the fluid through the channels, and electrokinetic flow, where
electric fields are applied to control the movement of charged particles or ions within the
fluid [189]. Pressure-driven flow is regulated using micromixers, micropumps, and
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microvalves within the system. Microfluidics enables high-throughput analysis by
incorporating parallel channels or chambers [190]. Multiple experiments can be
performed simultaneously within a single device, reducing the time and resources
required [191].

Lab-on-a-chip (LOC) is an application of microfluidics used to carry out high throughput
screening of samples. It is a compact platform that integrates various laboratory functions
onto a single chip, enabling the manipulation and analysis of minute quantities of fluids,
cells, and molecules [191, 192]. The construction of microfluidic devices encompasses
multiple stages, including chip design, fabrication, fluid handling, and detection.
Software tools like AutoCAD, SolidWorks, or specialized microfluidic design software
aid in drafting of microfluidic channels, chambers, valves, and other components on the
chip [193]. Fabrication is carried out through one or more of the following techniques:
photolithography, soft lithography, injection molding, micromachining, and 3D-printing
[190, 194, 195]. Techniques like electrokinetic, pressure-driven (pneumatic or hydraulic),
or capillary-driven flow are employed to drive the movement of fluids through
microchannels and perform various operations like mixing, splitting, and metering. Lab-
on-a-chip devices often integrate sensors or detection mechanisms for real-time analysis.
This can include optical detection using fluorescence, absorbance, or scattering and
electrical detection methods like impedance sensing or electrochemical detection [196].
Miniaturized detectors and imaging systems are commonly used to capture and analyze
the signals generated by the analytes. Glass, silicon, ceramic, metal, and polymers are
some common materials of construction used as a substrate for LOC devices. Deformable
materials such as polydimethylsiloxane (PDMS), fluorocarbon, and cyclic olefin
polymers are used to make micropumps and microvalves required for reagent addition
[197].

2.4.1 Important applications of microfluidics

Microfluidic devices play a crucial role in the field of biology and medical research. They
have many applications, including gene manipulation, microscale genetic analysis, cell
culture, biosensors, drug screening, point-of-care diagnostics, and biomaterial synthesis
[198]. Specific applications of microfluidic devices include gene sequencing, protein
manipulation, cell culture, microfluidic enzyme assays, and drug development.
Microdevices offer the advantage of creating a precisely regulated and controllable
environment for the cell culture and analysis [199]. Chip-scale enzymatic reactions have
been developed to quantify analyte species, evaluate reaction kinetics, and assess
inhibitors [200]. The utilization of microfluidics in drug discovery has proven beneficial
in reducing time and costs at every process stage [201]. Because many microdevices are
constructed from optically transparent materials, they are highly compatible with a
variety of optical microscope techniques. A PDMS/glass hybrid microfluidic device has
been used to perform high resolution fluorescence microscopy of a photonic crystal
substrate. The PDMS layer provided the optical transparency required for the imaging.
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The glass coverslip was used to facilitate high resolution oil immersive imaging, which is
not feasible when only PDMS is used [190].

2.4.2 Photolithography

Photolithography is a widely used technique to create patterns on a suitable substrate,
such as glass, silicon, or quartz, using a series of chemical processes [202]. The
photolithography process consists of some basic steps: photoresist deposition on a
substrate, a soft bake to evaporate the solvent, UV exposure with pattern alignment to
initiate the polymerization of the photoresist on the substrate, a post-exposure bake to
complete the polymerization, and developing to obtain the microstructures (Figure 2.15)
[203, 204].Two types of photoresists are available: positive and negative. In a positive
photoresist, the UV-exposed areas are dissolved in the development stage while in a
negative photoresist, the UV-exposed areas remain intact after development. SU-8, an
epoxy-based negative photoresist, is extensively used in photolithography due to its low
UV absorption and a high degree of crosslinking, enabling the design of thick structures
with a good definition [205]. The spin coating speed and the viscosity of the photoresist
determine the thickness of the photoresist on the substrate. The solvent in the photoresist
evaporates during the soft bake step [204]. A photolithography mask is used to pattern
specific features using the photoresist by enabling selective UV passage onto the
substrate. The exposure time, energy, and post-exposure hard bake time are crucial to
obtain the required features on the substrate. Minute features are enhanced through low
exposure time and longer post-exposure bake. A shorter post-exposure bake is
recommended for wider features because it could result in feature lifting off in the
developer solution [206]. Some limitations of the photolithography process include high
cost and limited control of surface properties [193].
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Figure 2.15. Photolithography process for SU-8 photoresist on a Si/SiO2 substrate. Created with
BioRender.com.

2.4.3 PDMS microdevices in bioenergy

Polydimethylsiloxane (PDMS) has many desirable properties, such as flexibility,
biocompatibility, water impermeability, and optical transparency. Various microdevices
have been created for use in bioenergy research. Transesterification of vegetable oils
during biodiesel synthesis was carried out in PDMS microdevices with thermally stable
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microchannels [207, 208]. Hybrid PDMS/glass microchambers, which are compatible
with commercial microplate readers, have been used to screen the cultivation parameters
and culture microalgae for biofuel production processes [209, 210]. Hydrothermal
liquefaction of microalgae has also been carried out in PDMS microfluidic reactors [211].
PDMS chambers have also been used in miniature microbial fuel cells, artificial
photosynthesis, and monitoring the performance of multiple fermentation microbes
during bioethanol production [212-215].
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3 DESIGN AND CONSTRUCTION OF A MICROFLUIDIC
REACTOR FOR TIME-LAPSED IMAGING OF
PRETREATMENT AND ENZYMATIC HYDROLYSIS OF
LIGNOCELLULOSIC BIOMASS.

3.1 Introduction

Lignocellulosic biomass is a promising alternative to fossil fuels because of its
abundance, high carbohydrate content, and potential to alleviate greenhouse gas
emissions [75]. Among several conversion technologies, bioconversion using enzymes is
attractive due to its ability to sustainably produce specific bioproducts [216]. However,
the recalcitrance of lignocellulosic biomass is a major impediment to its enzymatic
conversion [167]. Biomass recalcitrance is influenced greatly by the spatial distribution
of lignin and hemicellulose within the cell wall however, there are also differences in
lignin and hemicellulose distribution between plant tissues [11]. Thick-walled cell types
in the vascular bundles, like the sclerenchyma, xylem, and phloem, have higher
deposition of lignin and hemicellulose when compared to the thin-walled parenchyma
cells [11, 12]. For example, in monocots like miscanthus, sugarcane, and maize, the pith,
which is the central region of the stem, is abundant in parenchyma cells with higher
cellulose content. The rind, which is the outer layer, has a high density of vascular
bundles and a thick epidermis with higher lignin and hemicellulose content. [18, 70]. The
variability in biomass recalcitrance due to the spatial heterogeneity of tissue types has
been found to influence biomass degradability [14, 15]. Such tissue-specific evaluation of
recalcitrance is crucial to design sustainable pretreatment methods or engineer crop
cultivars for efficient biomass conversion [14]. However, these studies are extremely
challenging to conduct given the complexity of the biomass structure [143, 181]. Despite
several studies on the bulk characterization of fractionated tissues, which included
compositional analysis and imaging of the pretreated samples, interpretation of tissue-
level recalcitrance remains a challenge [14, 217].

Microscopy is a powerful tool for investigating biochemical spatial heterogeneity based
on tissue and cell types and identifying the limiting factors of biomass deconstruction
[164]. The most widely used imaging methods are confocal laser scanning microscopy
(CLSM), fluorescence microscopy (FM), transmission electron microscopy (TEM),
scanning electron microscopy (SEM), atomic force microscopy (AFM), coherent Anti-
Stokes Raman scattering microscopy (CARS), X-ray computed tomography (CT), and
confocal Raman microscopy (CRM) [12, 18, 164, 218]. CLSM has been particularly
useful in elucidating cell wall modifications during biomass deconstruction [133].
Several researchers have utilized CLSM to visualize changes in biomass at different
stages of pretreatment and/or enzymatic hydrolysis [187, 219, 220]. More specifically,
spatial mapping of lignin autofluorescence and other cell wall components in the cell wall
during pretreatment of lignocellulosic biomass has been utilized in previous studies [167,
176]. However, there are bottlenecks in conducting such imaging studies such as (i) the
fragility of the pretreated biomass, which makes it extremely difficult to obtain sections
thin enough for microscopy without extensive chemical infiltration for embedding, (ii)
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the inability to observe the exact same sample at regular intervals when the
deconstruction is carried out on bulk biomass, and (iii) the inability to obtain biochemical
spatial information from ground biomass. Pretreatment and enzymatic hydrolysis of thin
sections of whole biomass within the same device would enable time-lapsed imaging
studies on biomass deconstruction and overcome these issues. For such microscale
experiments, microfluidic devices developed using photolithographic techniques have
been extremely useful in evaluating bioconversion processes [221].

The goal of this project was to design and construct a microfluidic reactor to demonstrate
time-lapsed imaging of pretreatment and enzymatic hydrolysis of lignocellulosic biomass
and localize specific glycans using monoclonal antibodies without the need to remove the
samples from the device at any point in the process. The device was also designed to
allow for sampling of the liquid during the process for analysis. In this study, we
constructed this reactor and used it to compare the effect of dilute acid and dilute alkali
pretreatment on corn stems using 1 M sulfuric acid and 62.5 mM sodium hydroxide,
respectively, at 100 °C. The progress of the pretreatment reactions over time was
monitored using confocal fluorescence microscopy by observing changes in cell wall
lignin autofluorescence and arabinoxylan using immunolabelling with the LM11
antibody. Enzymatic deconstruction of the cell walls was also monitored using brightfield
imaging and related to the composition of the liquid phase removed from the reactor. The
device was used successfully to track changes in the same maize stem tissues throughout
the experiments.

3.2 Materials and Methods
3.2.1 SU-8 mold preparation using soft photolithography

A 5-inch diameter silicon wafer (5 diameter and 375 pm, University Wafer, Inc) was
cleaned with acetone and isopropyl alcohol, followed by dehydration on a hot plate at
160 °C for 5 min. Once cooled to room temperature, a 250 pm thick layer of MicroChem
SU-8 100, a negative photoresist [204], was spin-coated on the silicon wafer at 1200 rpm
using an H6-23 Laurell Spin Processor. The SU-8 coated wafer was hard-baked at 65 °C
for 25 min and at 95 °C for 70 min. A mask was prepared by printing the reactor design
on a plain paper transparency film. The wafer was exposed to UV light on an EVG 260
Mask Aligner with the mask. The exposed wafer was soft-baked at 65 °C for 1 min and at
95 °C for 16 min. Once cooled to room temperature, the wafer was immersed in the SU-8
developer solution (Kayaku Advanced Materials, Inc.) until it was developed completely.
It took about 25-27 min to complete development.

3.2.2 Polydimethylsiloxane (PDMS) reactor prepared using the
SU-8 100 mold
The silicon wafer with the SU-8 100 mold was placed inside a plastic box. The PDMS

was prepared by mixing 25 g of Sylgard 184 silicone elastomer base and 2.5 g of curing
agent (10:1 ratio by weight) in a 50 mL disposable centrifuge tube. The mixture was then
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poured onto the SU-8 100 mold and placed inside a desiccator for 24 hours. The edges of
the cured PDMS reactor chamber were cut using a carbon surgical blade (Medblades
Catalog No. 4-112). The PDMS reactor chamber was then peeled off the SU-8 100 mold.
A 3 mm and 1 mm diameter opening were made in the PDMS chamber using suitable
biopsy punches (Ted Pella Catalog No. 15110-30, 15110-10). In a separate 50 mL
disposable centrifuge tube, PDMS was prepared by mixing 35 g of Sylgard 184 silicone
elastomer base and 3.5 g of curing agent (10:1 ratio by weight). This mixture was poured
into a 47 mm diameter polystyrene weighing dish (Fisherbrand Catalog No.02-202-101)
and placed inside a desiccator for 24 hours. The thickness of this PDMS layer was about
5 mm. This PDMS layer was peeled off the polystyrene weighing dish. This layer was cut
into multiple 25 mm square pieces using a carbon surgical blade (Medblades Catalog No.
4-112). A 20 mm diameter hole was cut out from each of the 25 mm square PDMS piece
using a carbon surgical blade (Medblades Catalog No. 4-112). The PDMS layer with the
20 mm diameter hole was adhered to the PDMS reactor chamber using super glue
(Gorilla Catalog No. 7501201) and allowed to dry for 2 min. The volume of the PDMS
reactor set up was approximately 1571 uL.

3.2.3 Sectioning samples using a cryomicrotome

Corn stems used in these studies were harvested in October 2016 in Houghton, Michigan,
and dried at room temperature. Stem cross sections were prepared using a Thermo
Scientific Microm HM550 P cryomicrotome set to -30 °C. Once the desired temperature
was reached, a 1 cm long section of corn stem internode was embedded in an OCT
compound (Tissue Tek Product Code. 4583) by placing the sample on a suitable sample
holding chuck inside the cryomicrotome and adding the OCT compound onto the sample
until the sample was completely covered. When the sample and the OCT compound were
frozen, the chuck was placed on the holder and 60 um thick sections were made using a
0.25 mm microtome blade (CellEdge Catalog No. 27266). The sectioned corn stem
samples (approximately 0.23 mg each) were mounted individually on a 25 mm diameter
cover glass (Electron Microscopy Sciences Catalog No. 721195). The glass coverslip
containing the 60 pm thick corn stem sample was adhered to the PDMS reactor chamber
using super glue (Gorilla Catalog No. 7501201) and allowed to dry for 2 min. To remove
the water soluble TissueTek OCT compound, the samples and the coverslip were rinsed
with 200 pL deionized water using a pipette and allowed to dry before pretreatment. The
outer side of the coverslip was wiped with 90% ethanol to remove any dust particles.

3.2.4 Pretreatment experiments with time-lapsed imaging

Dilute acid and alkali pretreatment was carried out on samples at 100 °C in a gravity oven
(Fisherbrand Catalog No.151030521) using 400 uL. of 1 M sulfuric acid or 62.5 mM
sodium hydroxide (~0.05% solids loading), respectively. The pretreatment experiments
were carried out for 45 min while performing confocal laser scanning microscopy
(CLSM) at 15 min intervals. Aliquots of the pretreatment supernatant (150 pL) were
removed every 15 min using a 1 cc insulin syringe with a detachable needle (Fisher
Scientific Catalog No. 14-820-28). The remaining pretreatment supernatant was
discarded. The samples were then washed three times with 200 pL of deionized water to
stop the reaction before conducting confocal laser scanning microscopy (CLSM)
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imaging. After CLSM imaging, fresh reagents were added to the reactor for the next stage
in the pretreatment.

3.2.5 Enzymatic hydrolysis with time-lapsed imaging

Following imaging, enzymatic hydrolysis (final working volume of 400 pL) was carried
out on the pretreated samples at 50 °C in a static incubator for 72 hours. Novozymes
22257 cellulase and Novozymes 22244 hemicellulase (Novozymes, Franklinton, NC,
USA) were loaded at 1 mg protein/g solids, at a ratio of 70% cellulase and 30%
hemicellulase. The protein content of the enzymes was previously determined by first
desalting using a disposable desalting column (Disposable PD-10 Desalting columns,
Cytiva, VWR Catalog. No. 95017-001) and analyzing the protein content using the
PierceTM BCA Protein Assay Kit (Thermo Fisher Scientific Catalog No. 23227). CLSM
imaging was carried out on the hydrolyzed samples after 15 and 30 min, and 4, 8, 12, 24,
48 and 72 hours. The hydrolysate was removed at each interval and saved for analysis (as
described in “End-product analysis for pretreatment supernatant and hydrolysates”). The
biomass was then washed three times with ~200 pL deionized water before conducting
CLSM. After CLSM imaging, fresh reagents were added to the reactor for the next stage
in enzymatic hydrolysis.

3.2.6 Immunolocalization of xylan

Immunolocalization of arabinoxylan was carried out on four different 60 um thick corn
stem sections that were untreated and dilute acid pretreated for 15, 30, and 45 min at 100
°C. While still inside the imaging reactor, the samples were washed three times with
phosphate-buffered saline (PBS, pH 7.4) and blocked with PBS containing 1% bovine
serum albumin (BSA) for 2 hours to avoid nonspecific binding. Then samples were
incubated overnight at 4 °C with an arabinoxylan-specific monoclonal antibody LM11
diluted 1:10 in PBS [222]. After antibody binding, the samples were washed three times
with PBS and incubated with Alexa Fluor™ 568, Goat anti-Rat [gG Cross-Adsorbed
Secondary Antibody diluted 1:100 in PBS (Invitrogen Catalog No. A11077) for 1 hr.
Then, the samples were washed three times with PBS.

3.2.7 Sample preparation for pretreated biomass composition
analysis

Due to the extremely low biomass weight (0.23 mg), to obtain sufficient pretreated
biomass for composition analysis, ~100-150 corn stem sections (60 pm thickness) were
prepared on the cryomicrotome (as described in “Sectioning samples using a
cryomicrotome”). These biomass sections were pretreated for 45 minutes at 100 °C in a
gravity oven (Fisherbrand Catalog No.151030521) in separate 20 mL scintillation vials
using either 5 mL of 1 M sulfuric acid or 62.5 mM NaOH (~0.05% solids loading). The
pretreated solids and slurry were transferred to 50 mL centrifuge tubes and centrifuged at
4000 rpm for 30 min at 4 °C in a bench-top laboratory scale centrifuge (Eppendorf
5804R). The pretreatment supernatant was discarded, and the remaining solids were
washed three times with deionized water and dried overnight in an aluminum weighing
dish at room temperature. The dried solids were roughly ground using a mortar and
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pestle. The untreated and pretreated biomass were stored at room temperature in Ziploc
bags until they were shipped for composition analysis.

3.2.8 Acetyl bromide soluble lignin (ABSL) analysis

The untreated and pretreated biomass were separately extracted to leave the alcohol
insoluble residue and then evaluated for acetyl bromide soluble lignin (ABSL) content
according to the method described previously [223].

3.2.9 Matrix polysaccharide analysis

About 2 mg of AIR was hydrolyzed with 2 M trifluoroacetic acid for 1.5 hours at 121 °C.
The samples were evaporated to remove the trifluoroacetic acid and rinsed four times
with isopropyl alcohol and resuspended in deionized water. The liquid was evaluated for
hemicellulosic and pectic sugar content using HPLC and the solid residue was analyzed

for crystalline cellulose using the previously described method (Anthrone colorimetric
assay) [224].

3.2.10 End-product analysis for pretreatment supernatant and
hydrolysates

Pretreatment supernatant and hydrolysates (~150 uL) were collected at each time point of
imaging for end-product analysis. The pretreatment supernatant and the hydrolysates
were diluted with 1350 pLL deionized water (10x dilution) and then filtered using a 0.2
um PES syringe filter (Agilent Catalog No. 5191-5922). Glucose, xylose, and other end-
products were evaluated using high-performance liquid chromatography (HPLC) through
an Aminex HPX-87H column (BioRad) and quantified using refractive index detection
(RID) as described previously [65].

3.2.11 Confocal microscopy, image processing, and data
analysis

Confocal laser scanning microscopy (CLSM) of pretreated and enzymatically hydrolyzed
samples was carried out on an Olympus FV1000 confocal microscope, using an
excitation wavelength of 405 nm with a DAPI bandpass filter (480-550 nm) at 23% laser
power and 1024 x1024 pixel resolution. CLSM imaging of the antibody-labeled samples
was conducted using a 559 nm laser with emission at 580-620 nm. A vascular bundle in
the rind region and the pith region were imaged for each time interval. For each run of
CLSM imaging, 60 slices were obtained. Brightfield images were also recorded for
samples following enzymatic hydrolysis, as the autofluorescence signals were very low
following pretreatment. Images were processed with Fiji (ImagelJ) software [176, 187].
The image stacks comprising 60 slices were converted to average-intensity Z-projection
images. The fluorescence intensity data were obtained for parenchyma, sclerenchyma,
metaxylem, and protoxylem regions by adding a line ROI (region of interest) across the
respective cell walls.
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3.2.12 Calculations

Enzymatic hydrolysis conversions of glucose and xylose were calculated as described
previously [216]

Glucose conversion (% of theoretical)

glucose concentration (%) * hydrolysate volume (L) * 0.9

polysaccharides in the untreated dry biomass (g)
* 100%

Xylose conversion (% of theoretical)

xylose concentration (%) * hydrolysate volume (L) * 0.88

polysaccharides in the untreated dry biomass (g)
* 100%

Where 0.9 and 0.88 are the conversion factors for glucose and xylose, respectively.

3.3 Results and Discussion

The microimaging reactor consisted of a PDMS reaction chamber containing a 60 um
thick corn stem section on a glass coverslip, which was adhered to the PDMS chamber
using super glue (Figure 3.1A). The microimaging reactor was designed with openings
for reagent addition/removal and a vent to prevent pressure buildup (Figure 3.1A). The
arrangement was designed to work with an inverted fluorescence microscope. The reactor
operating conditions are constrained to ambient pressure and a maximum temperature of
100 °C, and once contained in the reactor, the solid biomass is inaccessible for further
characterization.
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Figure 3.1. A) Microfluidic imaging reactor containing an untreated corn stem sample. Vascular
bundles in the B) rind and D) pith region of a 60 pm thick untreated corn stem show strong lignin
autofluorescence, with greatest intensity near the cell corners throughout the cross section (white
arrows). The initial fluorescence intensities increased gradually for parenchyma (Pa), sclerenchyma
(Sc), metaxylem (Me), and protoxylem (Pr) cell walls in the C) rind and E) pith regions. The
excitation wavelength was 405 nm with a DAPI emission bandpass filter (480-550 nm).

3.3.1 Initial autofluorescence signals were higher for the cell
types near the vascular bundles than the parenchyma cells

In this study, we compared the effect of dilute acid and dilute alkali pretreatment on 60
um thick corn stem sections using 1 M sulfuric acid or 62.5 mM sodium hydroxide,
respectively, at 100 °C by analyzing the changes in lignin autohydrolysis using CLSM.
The pretreatment was carried out at a relatively low severity to prevent complete
degradation prior to enzymatic hydrolysis, as stem sections were comparatively thin.
Lignin is a complex polymer that exhibits autofluorescence in the UV and visible regions
[133]. The relative changes in autofluorescence signals during pretreatment of the
biomass sections were used to map lignin modifications in the cell wall. Although it is
not extremely accurate to quantify the absolute lignin using autofluorescence signals,
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imaging the same sample under the same conditions gave us a comparison of the relative
changes in lignin during the pretreatment [174]. The CLSM images of the untreated corn
stem sections showed noticeably higher fluorescence signals in the cell corners (Figure
3.1B, 3.1D), which is expected as higher fluorescence intensities in the middle lamella
and cell corners compared to the secondary cell wall have previously been inferred to
indicate greater lignification in those areas [133]. Of the four cell types evaluated, the
fluorescence intensity was the lowest for parenchyma cells and gradually increased for
sclerenchyma, metaxylem, and protoxylem cells (Figure 3.1C, 3.1E). Previous studies
have found that lignin content varies between tissue types based on their functionality
during plant growth and development [46, 54]. The cell types in and around the vascular
bundles, such as the sclerenchyma, metaxylem, and protoxylem, possess highly lignified
secondary cell walls [54, 177], which would be a plausible explanation for the higher
fluorescence intensities for these cell types in our results. Of the cell types, only the
sclerenchyma showed a large difference in fluorescence intensity between the rind and
pith regions, with greater fluorescence in the rind (Figure 3.1C, 3.1E). Based on a
previous study, the rind region typically has a higher lignin content compared to the pith
region [54]. The sclerenchyma cell walls have also been reported to be thicker in the rind
region, with higher lignin content when compared to the same in the pith region, which is
similar to our fluorescence intensity results [225].

3.3.2 Dilute acid pretreatment resulted in a greater decline in
fluorescence in the parenchyma cells than in the vascular
bundles

A gradual loss of fluorescence signals during dilute acid pretreatment was observed after
15 min, 30 min, and 45 min of pretreatment in both the rind and the pith region. Based on
the CLSM images, the fluorescence intensities were lower for the parenchyma cells than
the cell types around the vascular bundle for both the rind and pith regions (Figure 3.2).
However, the brightfield images confirm that there is no significant alteration in the cell
structure for all the cell types in both the rind and the pith regions (Figure 9.1). The
autofluorescence seems to be distributed uniformly in the pretreated samples (Figure
3.2B-2D, 3.2F-2G) as opposed to a higher intensity at the cell corners in the untreated
sample (Figure 3.2A, 3.2E). Based on the fluorescence intensity profiles of the cell types
in the rind and the pith region, the overall loss of fluorescence signals was greater for all
the cell types in the rind region than the pith region, except for the protoxylem, for which
it was greater in the pith region (Figure 3.3D, 3.3H). Although the different cell types
initially showed a range in autofluorescence, with the protoxylem having the greatest
intensity, the fluorescence intensity was rapidly lost during the first 15 min of dilute acid
pretreatment, even in the highly lignified middle lamella, with a slower loss of
fluorescence signals over subsequent intervals (Figure 3.3). The loss of lignin
autofluorescence signals for all the cell types in the CLSM images (Figure 3.2) could
result from the redistribution of lignin during the dilute acid pretreatment [72]. Previous
studies on miscanthus have reported a similar change in lignin autofluorescence, in
addition to a structural loosening and separation of individual cells after 15 and 30 min of
dilute acid pretreatment at 160 °C [70, 71]. In contrast, we did not observe any major
structural modification (Figure 3.2E, 3.2J), which is likely because our pretreatment
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temperature (100 °C) is below the glass transition temperature of lignin (120 - 200 °C)
[70]. The uniform autofluorescence distribution in the pretreated samples is likely due to
the modification of the lignin post-pretreatment [226]. A previous study on dilute acid
pretreatment of poplar, miscanthus, and wheat straw reported a similar uniform
autofluorescence distribution compared to a higher intensity at the cell corners before the
pretreatment [218]. The greater loss of fluorescence signals in the protoxylem cell walls
could be because these are the most lignified tissue types compared to the sclerenchyma
and parenchyma cell walls [15, 225]. Previous studies have demonstrated that, for grass-
based biomass, the xylem vessels are the first tissues to be lignified during the
developmental stages and are likely the most resistant to degradation [227, 228]. The
lower residual fluorescence after 45 min pretreatment for the parenchyma cells than the
other tissue types could be attributed to the lower lignin content in the thin-walled
parenchyma cells, in which the lignin-hemicellulose linkages are easier to hydrolyze [46].
Several studies have reported lignin coalescence on the cell wall surface after dilute acid
pretreatment at temperatures higher than the glass transition temperature of lignin (120 -
200 °C), when observed using scanning electron microscopy [139, 218, 229]. A few
studies have shown a similar lignin globule formation on the cell wall after lignin
autohydrolysis using CLSM [139]. Such lignin droplet formation was not evident in our
results, which is likely because the pretreatment temperature was below the glass
transition temperature of lignin (120 - 200 °C), at which the lignin was only modified but
not redistributed. The origin of lignin autofluorescence has been attributed to the
agglomeration of carbonyl groups, the composition of various monolignols, and the
cross-linkages between lignin and hemicellulose [173]. The changes in autofluorescence
during the dilute acid pretreatment could be due to several reasons like modification of
bonds between the monolignols, alteration of linkages between hemicellulose and lignin,
and redistribution of lignin around cellulose microfibrils [230].

Figure 3.2. Vascular bundles in the rind (A-D) and pith (F-I) regions exhibited a gradual loss of
fluorescence intensity after dilute acid pretreatment for 15 min (B, G), 30 min (C, H), and 45 min (D,
I). The different cell types, including parenchyma (Pa), sclerenchyma (Sc), metaxylem (Me), and
protoxylem (Pr) were selected as regions of interest (ROI) to quantify changes in lignin
autofluorescence. Parenchyma cell walls have lower lignin autofluorescence fluorescence than the
other cell types at all pretreatment stages (white arrows). (E, J) No significant structural changes
occurred for all the cell types in both the rind and the pith regions after 45 min (brightfield images).
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Dilute acid pretreatment was carried out on a 60 pm thick corn stem section using 1 M sulfuric acid
at 100 °C. The excitation wavelength was 405 nm with a DAPI emission bandpass filter (480-550 nm).
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Figure 3.3. Different cell types in the rind (A-D) and pith (E-H) showed variation in initial
fluorescence followed by rapid loss of fluorescence signals during the first 15 min of dilute acid
pretreatment. Dilute acid pretreatment was carried out on a 60 pm thick corn stem section using 1 M
sulfuric acid at 100 °C. The excitation wavelength was 405 nm with a DAPI emission bandpass filter
(480-550 nm).

3.3.3 Progressive loss of fluorescence signals and swelling
occurred during dilute alkali pretreatment

Dilute alkali pretreatment was carried out on 60 um thick corn stem sections using 62.5
mM sodium hydroxide at 100 °C. Similar to dilute acid pretreatment, there was a gradual
loss of fluorescence signal after 15 min, 30 min, and 45 min of dilute alkali pretreatment
for all the cell types in the rind and the pith region (Figure 3.4). Unlike dilute acid
pretreatment, during the first 15 min of dilute alkali pretreatment, the loss of fluorescence
signals was lower in the thick cell walls, like the protoxylem, when compared to the
parenchyma cells (Figure 3.4). In addition to the loss of fluorescence signals, the cell
walls showed a swelling effect over time for both the rind and pith regions (Figure 3.4,
3.4J, Figure 9.2). All cells increased in thickness by ~2-4 um following 45 minutes of
dilute alkali pretreatment (Figure 3.41, 3.4J). This could be due to the solubilization of
lignin under the action of the sodium hydroxide [75, 231]. A previous study on alkali
pretreatment of poplar using 2% sodium hydroxide under light microscopy showed a
similar increase in cell wall thickness for 30 min, 60 min, and 3 hours of pretreatment at
121 °C [132]. The swelling effect of alkali pretreatment increases the accessible surface

area of lignocellulosic biomass, thereby enabling higher sugar release during enzymatic
hydrolysis [232].
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Figure 3.4. The rind (A-D) and pith (E-H) regions showed a gradual loss of fluorescence signals after
15 min (B, F), 30 min (C, G) and 45 min (D, H) of dilute alkali pretreatment with 62.5 mM sodium
hydroxide at 100°C. The different cell types, including parenchyma (Pa), sclerenchyma (Sc),
metaxylem (Me), and protoxylem (Pr) were selected as regions of interest (ROI) to quantify changes
in lignin autofluorescence. The excitation wavelength was 405 nm with a DAPI emission bandpass
filter (480-550 nm). Cell wall thickness (I, J) increased for all cell types in both the rind and the pith
region following alkaline pretreatment. Values for all subfigures are reported as mean = S.D, n=3.

3.3.4 Composition of the residual biomass and the pretreatment
supernatant conform to the CLSM results

Composition analysis was performed on the untreated and the residual biomass after 45
min of dilute acid and dilute alkali pretreatment to determine the acetyl bromide soluble
lignin (ABSL) and other polysaccharides (Table 9.1-1). Acetyl bromide soluble lignin
(ABSL) estimation has been reported to be influenced by the heterogeneity of lignin and
by the xylan degradation. Nevertheless, ABSL is a widely used proxy for lignin content
to evaluate pretreatment methods [233]. The ABSL composition decreased from 21% to
16% for the dilute alkali pretreated sample, while the dilute acid pretreated sample
showed no significant change (Figure 3.5I). The xylose and arabinose content was
reduced to a greater extent during dilute acid pretreatment compared to alkali
pretreatment (Figure 3.5J, 3.5K). There was almost no change in xylose or arabinose
composition following dilute alkali pretreatment, from 32% (untreated) to 31%, and 4%
(untreated) to 5%, respectively (Figure 3.5J, 3.5K).
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The pretreatment supernatant aliquots from dilute acid and dilute alkali pretreatment at
different stages were analyzed using HPLC for xylose and glucose release during
pretreatment. The total glucose and cellobiose released during the pretreatment were
negligible (Table 9.1-2). Although the total xylose conversion was greater during dilute
acid pretreatment compared to alkali pretreatment, xylose began and continued to be
released later in the pretreatment (30 min and 45 min) compared to alkali, where all the
xylose was released in the first 15 min of pretreatment (Figure 3.5L). During dilute acid
pretreatment, hemicellulose is hydrolyzed to arabinose and xylose, which could explain
the decrease in xylose and arabinose in the residual biomass and higher xylose release in
the pretreatment supernatant in our results [234]. A comparison of dilute acid
pretreatment of sorghum at different temperatures and acid concentrations showed a
xylose conversion of approximately 30% of theoretical for 100 °C and 1 M sulfuric acid
[69]. In dilute alkali pretreatment, the disruption of ester linkages between lignin and
xylan results in lignin removal, which is consistent with our results [75]. A previous
study on alkali pretreatment with sodium hydroxide for wheat straw reported that at
temperatures higher than 90 °C, dilute alkali pretreatment showed very low xylose
release, which agrees with our result [235].

3.3.5 Antibody labeling with arabinoxylan specific LM11
indicated changes in xylan during dilute acid pretreatment.

Immunolabelling and imaging of biomass sections in previous studies have been carried
out on very thin biomass sections, < 2 pum, which are generally obtained through a series
of chemical infiltration steps followed by embedding in suitable resin or wax and then
sectioned on an ultramicrotome [181, 182, 187, 236]. To avoid handling and damaging
fragile pretreated and hydrolyzed samples, we wanted to determine whether it was
possible to immunolabel our comparatively thick (60 um) corn stem sections within the
imaging reactor without performing any chemical infiltrations or subsequent sectioning.
Similar to lignin autofluorescence, changes in xylan distribution during dilute acid
pretreatment were evaluated using immunofluorescence localization of the arabinoxylan-
specific antibody LM11. Unlike pretreatment and enzymatic hydrolysis, it is not feasible
to conduct time-lapsed analyses of labeled materials. Antibody labeling was carried out
on four different pretreated corn stem sections (untreated and pretreated with 1M sulfuric
acid at 100 °C for 15 min, 30 min, and 45 min) using LM11 conjugated with an Alexa
Fluor 568 labeled secondary antibody, chosen so as not to overlap with lignin
autofluorescence.

Based on the CLSM results, the untreated corn stem section showed that LM11 bonded
with all the cell types (parenchyma and vascular cells) (Figure 3.5A, 3.5E). For the
pretreated corn stem sections, the fluorescence intensities decline gradually with time for
the 15 min, 30 min, and 45 min dilute acid pretreated biomass (Figure 3.5, Figure 9.3,
Figure 9.4). The epitope for LM11 can bind to both substituted and unsubstituted xylan
when compared with other antibodies like LM 10 and LM28, which bind only to
unsubstituted xylans [236]. Due to this reason, LM11 has been used for the broad
detection of xylans in grasses [181]. Previous studies have reported a similar LM11
binding to all cell types in both the vascular bundle and the parenchyma cell walls for
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sugarcane, hybrid aspen, and corn stalk [181, 182, 236]. Similar studies using LM11 to
evaluate dilute acid pretreatment reported a similar loss of fluorescence signals, which is
due to the acid hydrolysis of xylan during the dilute acid pretreatment [229, 236]. These
results demonstrate that the imaging reactor can be utilized for monoclonal antibody
labeling to localize glycan epitopes.
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Figure 3.5. (A-D) CLSM images of a vascular bundle of corn stem in the rind region with
immunolabeling for arabinoxylan using LM11 monoclonal antibody and Alexa Fluor 568 secondary
antibody for untreated, 15 min, 30 min, and 45 min dilute acid pretreated samples. (E-F) CLSM
images of a vascular bundle in the pith region with immunolabeling for arabinoxylan using LM11
monoclonal antibody and Alexa Fluor 568 secondary antibody for untreated, 15 min, 30 min, and 45
min dilute acid pretreated samples. The samples were excited using a 559 nm laser and with emission
at 580-620 nm. (I) Acetyl bromide soluble lignin (ABSL) decreased for the dilute alkali pretreated
sample due to lignin solubilization (J&K) Arabinose and xylose composition decreased for the dilute
acid pretreated sample due to hemicellulose hydrolysis (L) Cumulative xylose release during dilute
acid pretreatment was higher than during dilute alkali pretreatment. Values for all subfigures are
reported as mean + S.D, n=2.
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3.3.6 Protoxylem cell walls were the slowest to hydrolyze during
enzymatic hydrolysis of the acid and alkali pretreated
samples

To evaluate the feasibility of conducting enzymatic hydrolysis on samples that had been
previously pretreated in the imaging reactor, the same samples used for the evaluation of
lignin autofluorescence were subjected to 48-hr enzymatic hydrolysis at an enzyme
loading of 1 mg protein/g solids, without being removed from the reactor. During initial
trials with 72-hr enzymatic hydrolysis and higher enzyme loadings (10, 18, and 23 mg
protein/g solids), biomass deconstruction was too rapid to evaluate, so the low protein
loading was chosen to allow for a better comparison of degradation of the different tissue

types.

During enzymatic hydrolysis, the alkali-pretreated samples showed that the swelling
effect enabled more rapid hydrolysis than the dilute acid-pretreated samples (Figure 3.6).
For the acid-pretreated sample, the parenchyma cell wall structure remained intact until
12 hours of enzymatic hydrolysis (Figure 3.6E, 3.6L.), and the vascular tissues
hydrolyzed much more slowly (Figure 3.6). For the alkali-pretreated sample, however,
the thin-walled parenchyma cell walls disintegrated completely after 4 hours of
enzymatic hydrolysis (Figure 3.6P, 3.6W) while the vascular bundle tissues remained
intact after 24 hours (Figure 3.6S, 3.6Z). For both samples, the corn stem section was
disintegrated completely after 48 hours of enzymatic hydrolysis except for a few
protoxylem cell walls that were adhered to the coverslip (Figure 3.6G, 3.6T). At this
point, there was hardly any difference between the rind and the pith region or between the
two pretreatments. The progress of enzymatic hydrolysis appears related to the initial
lignin autofluorescence data of the untreated corn stem sections, in which the protoxylem
cell walls had the highest fluorescence intensity (Figure 3.1C, 3.1E). A previous study
on real-time imaging of enzymatic hydrolysis of alkali-pretreated sorghum straw showed
a similar trend of faster hydrolysis of the parenchyma cell walls than the cell walls in the
vascular bundle [237].
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Figure 3.6. Brightfield images of corn stem samples during enzymatic hydrolysis after dilute acid (A-
M) and alkali (N-Z) pretreatment. The parenchyma (Pa) cell walls hydrolyzed more readily than the
cell walls in the vascular bundle (Va). After 48 hr (G, T) it became impossible to distinguish cells
derived from the pith and rind. Glucose (AA) and xylose (AB) conversion during enzymatic
hydrolysis of acid and alkali pretreated samples. Values for all subfigures are reported as mean +
S.D, n=2. The error bars are smaller than the symbols for most of the data points. The conversions
were calculated on an untreated, dry biomass basis.

The hydrolysates were also analyzed using an HPLC for sugar release at each time point.
The glucose conversion was approximately 14% lower for the acid-pretreated sample
than for the alkali-pretreated sample (Figure 3.6AA). The xylose conversion was 5%
lower for the acid pretreated sample than the alkali-pretreated sample (Figure 3.6AB).
However, it should be noted that for acid pretreatment, a significant xylose conversion
(29%) occurred during the pretreatment (Figure 3.5L), which led to an overall higher
xylose release. Similarly, previous studies that have compared acid and alkali
pretreatment for corn stalk and sugar cane bagasse have reported higher glucose yield
during saccharification of alkali pretreated biomass than acid-pretreated biomass [238].
Moreover, a decrease in fluorescence intensity during pretreatment has shown a strong
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correlation to glucose release during enzymatic hydrolysis for wheat straw, miscanthus,
and poplar samples, which is consistent with our findings [173].

3.4 Conclusion

Pretreatment and enzymatic hydrolysis of a thin corn stem section were visualized
through CLSM using the microfluidic imaging reactor. The parenchyma cells were more
susceptible to degradation than the vascular bundles during both acid and alkali
pretreatment. The protoxylem cell walls were the most resistant, remaining intact after 48
hours of enzymatic hydrolysis. The compatibility of the reactor with antibody labeling
was verified through arabinoxylan localization using LM11. It indicated a uniform
removal of hemicellulose for all cell types following dilute acid pretreatment. In spite of
the pressure, temperature, and biomass accessibility constraints, the reactor is able to
provide valuable insights into tissue-specific degradation during bioenergy production.
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4 WILL PITH SOLIDNESS IN WHEAT STRAW
INCREASE SUGAR YIELDS DURING ENZYMATIC
HYDROLYSIS?

4.1 Background

Biofuels obtained from lignocellulosic feedstocks have enormous potential to replace
petroleum-based fuels and mitigate GHG emissions [239]. In particular, grasses like
miscanthus, giant reed, switchgrass, corn stover, sugarcane, sorghum, etc., have the
potential for high biomass yields with minimal inputs of nutrients and water [68, 240,
241]. However, the inherent biomass recalcitrance, which depends on the biomass
structure and composition and varies between species and tissues within the same plant,
is the major hindrance to biomass digestibility [242]. In previous tissue-specific
evaluations of herbaceous feedstocks like corn stalks, sorghum, and sugarcane, the pith
region, with numerous thin-walled parenchyma cells, was more susceptible to enzymatic
hydrolysis in contrast to the more resistant rind region with a high density of vascular
tissues like sclerenchyma, phloem, and xylem that have thicker secondary cell walls [18,
70, 181, 243]. In addition to being more digestible, the pith parenchyma cells in grass
stems act as storage reservoirs for carbohydrates in the form of sugars, such as sucrose, or
starch [244-248] that act as a reserve to sustain the plant during the growth phase and
extreme weather conditions [249, 250]. These sugars also represent more digestible
substrates for bioenergy production.

Modifying the pith parenchyma cells to improve biofuel production has been studied
previously through different approaches. Yang et al. identified a transcriptional regulator
from poplar, PtrWRKY 19, which is responsible for downregulating secondary cell wall
formation in the pith parenchyma cells. Overexpression of PtrWRKY 19 resulted in a
significant increase in pith cross sectional area accompanied by reduced lignin
biosynthesis [251]. In switchgrass, targeted overexpression of miR156, a regulatory
microRNA involved in the transition from growth phase to flowering phase, has resulted
in increased biomass yield through increased number of tillers. It also improved the
biomass composition through accumulation of starch in the parenchyma cells at the
internodes, resulting in higher sugar release during enzymatic hydrolysis [252, 253].
However, for prominent herbaceous feedstocks like switchgrass, the pith parenchyma
cells senesce as the plant matures and the stems become narrow and hollow with a very
small proportion of parenchyma cells [254, 255]. The reduced pith parenchyma content in
hollow-stemmed grass species thereby restricts their biofuel potential.

Wheat straw has been investigated as a potential feedstock for bioenergy production in
numerous studies [121, 235, 256, 257]. Unlike in other grass species, which are either
solid-stemmed or hollow, wheat varieties show variability in the stem solidness trait. In
wheat, the major quantitative trait locus (QTL) for stem solidness is localized on
chromosome 3B [258, 259], and has been identified as solid-stem locus 1 (SSt1)
controlled by the Qss.msub-3BL allele [260]. Within the SSt1 locus, TdDof was
identified as the key causal gene that is responsible for the stem solidness phenotype
[261]. Stem solidness in wheat is important due to its positive impact on resistance to
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stem sawfly larval infestation and lodging [262, 263]. However, it is unknown if the
increased parenchyma cell content will also have a positive impact on biofuel potential
from wheat straw varieties. In addition, engineering the stem solidness trait into hollow-
stemmed grass species, such as switchgrass, could be extremely powerful to (i) increase
the carbohydrate storage capacity of the biomass, (i1) improve digestibility, (ii1) increase
lodging resistance, and (iv) reduce biomass transportation costs by increasing the biomass
density.

The goal of this study was to evaluate the tissue-specific differences in deconstruction
between wheat cultivars with varying stem solidness and determine whether increasing
stem solidness has a positive influence on wheat straw digestibility. Stem sections from
three greenhouse-grown wheat cultivars with hollow (McNeal), semisolid (Vida), and
solid (Choteau) stems were pretreated with 1 M sulfuric acid and 62.5 mM sodium
hydroxide, respectively, at 100 °C in a previously constructed microfluidic imaging
reactor. The same sections were then enzymatically hydrolyzed for 72 hr. Time lapsed
imaging was conducted on all the samples using confocal laser scanning microscopy. The
progress in pretreatment was monitored based on the changes in lignin autofluorescence
and enzymatic hydrolysis progress was monitored through brightfield imaging.

4.2 Materials and Methods

4.2.1 Wheat straw samples

Three semi-dwarf, hard red spring wheat varieties with divergent pith fill phenotype
(McNeal — hollow, Vida — semisolid, and Choteau — solid) were grown in a greenhouse at
Michigan State University. All biomass was harvested and dried at 40-50 °C before they
were shipped to Michigan Technological University for further experiments.

4.2.2 Preparation of PDMS (polydimethyl siloxane) reaction chamber

A photoresist mold was prepared on a 5 silicon wafer with SU-8 100 using
photolithographic techniques as described in our previous paper (Imaging reactor
reference) and placed inside a plastic box. The PDMS was prepared by mixing 25 g of
Sylgard 184 silicone elastomer base and 2.5 g of curing agent (10:1 ratio by weight) in a
50 mL disposable centrifuge tube. This mixture as poured onto the SU-8 100 mold in the
plastic box and allowed to cure in a desiccator for 24 hours. The cured PDMS reactor
chamber was removed using a Medblades (#12, Carbon) surgical blade.

4.2.3 Sectioning samples using a cryomicrotome

McNeal, Vida, and Choteau sample cross sections (60 um thickness) were prepared by
embedding in TissueTek OCT compound and sectioned using a Thermo Scientific
Microm HMS550 P cryomicrotome set to -25 °C, as described previously (Imaging reactor
manuscript reference). The sectioned McNeal, Vida, and Choteau samples
(approximately 0.1 mg each) were mounted individually on 25 mm diameter cover
glasses (Electron Microscopy Sciences circular cover glass #1, 25 mm). The glass
coverslips containing the samples were adhered to the PDMS reactor chambers using
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Gorilla super glue (Catalog No. 7501201) and allowed to dry for 2 min. To remove the
water soluble TissueTek OCT compound, the samples and the coverslip were rinsed three
times with 200 pL. deionized water using a pipette and allowed to dry before
pretreatment. The outer side of the coverslip was wiped with 90% ethanol to remove any
dust particles prior to imaging.

4.2.4 Pretreatment experiments with time-lapsed imaging

Dilute acid and alkali pretreatment was carried out on samples at 100 °C in a Fisherbrand
gravity oven (Catalog No.151030521) oven using 200 pL of 1 M sulfuric acid or 62.5
mM sodium hydroxide (~0.005% solids loading), respectively. The pretreatment
experiments were carried out for 45 min. Every 15 minutes, the pretreatment supernatant
was removed using a 1 mL BD U-100 syringe with detachable needle (Fisher Scientific
Catalog No. 14-820-28) of which a 150 pL aliquot was collected for HPLC analysis. The
wheat straw samples were then washed three times with 200 pL of deionized water to
stop the reaction before conducting confocal laser scanning microscopy (CLSM)
imaging. After CLSM imaging, fresh reagents were added to the reactor for the next stage
in the pretreatment. This process was repeated every 15 minutes until the full 45 minutes
was reached.

4.2.5 Enzymatic hydrolysis with time-lapsed imaging

Following imaging, enzymatic hydrolysis (final working volume of 400 pL) was carried
out on the pretreated samples at 50 °C in a static incubator for 72 hours. Novozymes
22257 cellulase and Novozymes 22244 hemicellulase (Novozymes, Franklinton, NC,
USA) were loaded at 23 mg protein/g solids, at a ratio of 70% cellulase and 30%
hemicellulase. The protein content of the enzymes was previously determined by first
desalting using a disposable desalting column (Disposable PD-10 Desalting columns,
Cytiva, VWR Catalog. No. 95017-001) and analyzing the protein content using the
PierceTM BCA Protein Assay Kit (Pierce Biotechnology). CLSM imaging was carried
out on the hydrolyzed samples after 30 min, 4, 8, 12, 24, 48 and 72 hours. After each
interval the hydrolysate was removed for HPLC analysis. The residual biomass was
washed three times with deionized water before conducting CLSM. After CLSM
imaging, fresh reagents were added to the reactor for the next stage of enzymatic
hydrolysis.

4.2.6 Biomass pretreatment for composition analysis

Due to the extremely low biomass weight (0.1 mg), to obtain sufficient pretreated
biomass for composition analysis, ~200-250 McNeal, Vida, and Chateau wheat straw
sections (60 um thickness) were prepared on the cryomicrotome (method described
earlier). These biomass sections were pretreated for 45 minutes at 100 °C in a
Fisherbrand gravity oven (Catalog No.151030521) in 20 mL scintillation vials using
either 5 mL of 1 M sulfuric acid or 62.5 mM NaOH (~0.02% solids loading). The
pretreated solids and slurry were transferred to 50 mL centrifuge tubes and centrifuged at
4000 rpm for 30 min at 4 °C in a bench-top laboratory scale centrifuge (Eppendorf
5804R). The pretreatment supernatant was discarded, and the remaining solids were
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washed three times with deionized water and dried overnight at room temperature in an
aluminum weighing dish. The dried pretreated and untreated samples were roughly
ground using a mortar and pestle and stored at room temperature in Ziploc bags until they
were shipped for composition analysis.

4.2.7 Acetyl bromide soluble lignin (ABSL) analysis

The untreated and pretreated biomass were separately extracted to leave the alcohol
insoluble residue and then evaluated for acetyl bromide soluble lignin (ABSL) content
according to the method described previously (Barnes & Anderson, 2017). The ABSL
values were obtained as % of AIR. About 250 pL of 25% acetyl bromide (v/v) in glacial
acetic acid was added to ~65 mg of the destarched AIR of the samples. The samples were
incubated at 50 °C for 3 hours. After digestion, the samples were cooled on ice for 5 min.
They were then centrifuged at 1000 rpm (10,600 x g) for 5 min in an Eppendorf 5417R
bench top centrifuge. About 100 pL of the reaction supernatant and 75 pL of 0.5 M
hydroxyl amine were added to a glass culture tube. After mixing the contents of the
culture tube manually, 400 puL of 2 M sodium hydroxide 1.5 mL of glacial acetic acid and
were vortex mixed. Following this, 200 puL of the sample solution from the culture tubes
was added to a UV-specific 96-well plate using filtered pipette tips. The absorbance of
the sample solutions was measured by scanning the plate at 280 nm on a Spectra Max
Plus 384 plate reader. The ABSL values were obtained as % of AIR.

4.2.8 Matrix polysaccharide analysis

About 2 mg of AIR was hydrolyzed with 2 M trifluoroacetic acid for 1.5 hours at 121 °C.
The samples were evaporated to remove the trifluoroacetic acid, rinsed four times with
isopropyl alcohol and resuspended in deionized water. The liquid was evaluated for
hemicellulosic and pectic sugar monomers using HPLC and the solid residue was
analyzed for crystalline cellulose using the previously described method [224].

4.2.9 End-product analysis for pretreatment supernatant and
hydrolysates

The pretreatment supernatant and hydrolysates (~150 puL) were collected at each time
point of imaging for end-product analysis. The pretreatment supernatant and the
hydrolysates were diluted with 1350 puLL deionized water (10x dilution) and then filtered
using a 0.2 um PES syringe filter (Agilent Catalog No. 5191-5922). Glucose, xylose, and
other end-products were evaluated using high-performance liquid chromatography
(HPLC) through an Aminex HPX-87H column (BioRad) and quantified using refractive
index detection (RID) as described previously [65].

4.2.10 Confocal microscopy, image processing, and data
analysis

Confocal laser scanning microscopy (CLSM) of pretreated and enzymatically hydrolyzed
samples was carried out on an Olympus FV1000 confocal microscope, using an
excitation wavelength of 405 nm with a DAPI bandpass filter (480-550 nm) at 23% laser
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power and 1024 x1024 pixel resolution. For each run of CLSM imaging, 60 slices were
obtained. Brightfield images were also recorded for samples following enzymatic
hydrolysis, as the autofluorescence signals were very low following pretreatment. Images
were processed with Fiji (ImagelJ) software [176, 187, 264]. The image stacks comprising
60 slices were converted to average-intensity Z-projection images. The changes in cell
wall thickness were recorded for all the stages of pretreatment. The fluorescence intensity
data were obtained for parenchyma, sclerenchyma, metaxylem, and protoxylem regions
by adding a line ROI (region of interest) across the respective cell walls. The average
fluorescence intensity profile and cell wall thickness was obtained based on three
replicates on the image for each cell type.

4.2.11 Calculations

Enzymatic hydrolysis conversions of glucose and xylose were calculated as described
previously [265]

Glucose conversion (% of theoretical)

glucose concentration (%) * hydrolysate volume (L) * 0.9

polysaccharides in the untreated dry biomass (g)
* 100%

Xylose conversion (% of theoretical)

9

L
polysaccharides in the untreated dry biomass (g)

* 100%

4.3 Results

In order to investigate the effect of pith fill phenotype on biomass deconstruction, three
wheat cultivars were selected with varying stem solidness: McNeal (hollow), Vida
(semisolid), and Choteau (solid) cultivars were obtained (Figure 4.1A). Approximately
37% and 17.4% of the stem cross sectional area was hollow for McNeal and Vida,
respectively. The CLSM images show lignin autofluorescence in these samples (Figure
4.1B, 1C, 1D).

xylose concentration ( ) * hydrolysate volume (L) * 0.88
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Figure 4.1. A) Images of McNeal (hollow), Vida (semisolid), and Choteau (solid) samples. B, C and D)
CLSM images of untreated McNeal, Vida, and Choteau samples showing lignin autofluorescence.
The excitation wavelength was 405 nm with a DAPI emission bandpass filter (480-550 nm).

4.3.1 Lignin autofluorescence decrease was greatest for the
protoxylem cells in the Choteau samples during dilute acid
and alkali pretreatments

There was a gradual loss of lignin autofluorescence signal for all the samples (McNeal,
Vida, and Choteau) after 15, 30 and 45 min of dilute acid pretreatment. However, for all
the samples, autofluorescence signals were not completely eliminated, even after 45 min
pretreatment (Figure 4.2). The cell corners (red arrows) in the McNeal samples,
particularly around the vascular bundles, appear to have higher autofluorescence intensity
for all the stages of pretreatment (Figure 4.2A-D). However, for Vida (Figure 4.2G, 2H)
and Choteau (Figure 4.2K, 2L) samples, the fluorescence intensities did not vary
between the cell corners (red arrows) and other regions after 30 min pretreatment.
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McNeal (hollow)

Figure 4.2. A gradual loss of lignin autofluorescence signals was observed for McNeal (A-D), Vida (E-
H), and Choteau (I-L) samples after 15 min (B, F, J), 30 min (C, G, K), and 45 min (D, H, L). Dilute
acid pretreatment was carried out on 60 pm thick McNeal, Vida, and Choteau sections using 1 M
sulfuric acid at 100 °C. The excitation wavelength was 405 nm with a DAPI emission bandpass filter
(480-550 nm).

The initial fluorescence intensity was the highest for the protoxylem cell wall of Choteau
sample (Figure 4.3L) and lowest initial fluorescence was from the Choteau parenchyma
cell wall (Figure 4.31). When the parenchyma (Figure 4.3A, 3E, 3I) cell walls are
compared between McNeal, Vida and Choteau, the Vida (Figure 4.3A) sample had the
highest initial fluorescence intensity and Choteau had the lowest (Figure 4.31). During
the different stages of pretreatment, the parenchyma cells of Choteau sample had the
lowest residual fluorescence, and the McNeal had the highest residual fluorescence after
45 min dilute acid pretreatment (Figure 4.3A, 3I). Similarly, for the sclerenchyma cells,
the Choteau samples lost approximately 82% of the initial lignin autofluorescence after
45 min pretreatment (Figure 4.3J). However, the sclerenchyma cell walls in the McNeal
and Vida samples experienced about 45% and 53% decrease in lignin autofluorescence,
respectively. The loss of fluorescence in the metaxylem (Figure 4.3C, 3G, 3K) cell walls
were similar for the McNeal, Vida and the Choteau samples, McNeal exhibiting the
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highest residual fluorescence after 45 min pretreatment (Figure 4.3C). But, for the
protoxylem cell walls, the McNeal sample lost about 85% of its initial fluorescence
intensity after 45 min pretreatment (Figure 4.3D). However, the protoxylem cell walls in
the Vida and Choteau samples only lost 64% and 67% of the initial fluorescence
intensities (Figure 4.3H, 3L). Overall, the lignin autofluorescence of the Choteau
parenchyma (Figure 4.31) cells seem to be altered the most during dilute acid
pretreatment than all the other cell types, confirmed by the low residual fluorescence
intensity after 45 min pretreatment.
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Figure 4.3. Different cell types in the McNeal (A-D), Vida (E-H) and Choteau (I-L) samples showed
variations in their lignin autofluorescence intensities during dilute acid pretreatment with 1M
sulfuric acid at 100 °C. Values for all subfigures are reported as mean + S.D., n=3.

The loss of lignin autofluorescence at the different stages of dilute alkali pretreatment
(15, 30, and 45 min) (Figure 4.4) was similar to the dilute acid pretreatment. However, the
higher fluorescence intensity near the cell corners was not observed beyond 15 min
pretreatment for all the three samples, McNeal (Figure 4.4C, 4D), Vida (Figure 4.4G,
4H) and Choteau (Figure 4.41, 4L). Interestingly, after 30-45 min of alkali pretreatment,
the Choteau vascular bundles retained significant autofluorescence in the sclerenchyma
cells located inside the vascular bundles, between the xylem vessels compared to the

other cell types (Figure 4.4K, 4L). This pattern was not observed in the McNeal or Vida
stems.
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McNeal (hollow)

Figure 4.4. A gradual loss of lignin autofluorescence signals was observed for McNeal (A-D), Vida (E-
H), and Choteau (I-L) samples after 15 min (B, F, J), 30 min (C, G, K), and 45 min (D, H, L). Dilute
alkali pretreatment was carried out on 60 pm thick McNeal, Vida, and Choteau sections using 62.5

mM sodium hydroxide at 100 °C. The excitation wavelength was 405 nm with a DAPI emission
bandpass filter (480-550 nm).
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Figure 4.5. Different cell types in the McNeal (A-D), Vida (E-H) and Choteau (I-L) samples showed
variations in their lignin autofluorescence intensities during dilute alkali pretreatment with 62.5 mM
sulfuric acid at 100 °C. Values for all subfigures are reported as mean + S.D., n=3. Three regions of
interest were selected for each cell type to obtain the fluorescence intensity profile.

4.3.2 The epidermis cell wall thickness varied the most for the
Choteau (solid) samples

As cell wall polymers are removed during pretreatment, the wall can loosen, leading to a
measurable expansion or swelling effect. The cell wall thicknesses of the parenchyma,
epidermis, metaxylem, protoxylem, and sclerenchyma were measured for McNeal
(hollow), Vida (semisolid), and Choteau (solid) cultivars after different stages of dilute
acid and dilute alkali pretreatment. The overall increase in thickness was higher for all
the alkali-pretreated samples (Figure 4.6D-F) than the acid-pretreated samples (Figure
4.6A-C). For the epidermis cell wall, the initial thickness was the highest for McNeal
(hollow) when compared to Vida (semisolid) and Choteau (solid). The parenchyma cell
walls of the Choteau samples had the lowest initial cell wall thickness (Figure 4.6C, 6F).

55



A McNeal (hollow) B Vida (semisolid) C Choteau (solid)

10 10 10

g £ £

g° g° e

cs gs £
Dilute £ £ £

=4 =4 =4
acid 3 K] ]

2 Z3 Z2
8 S 8

0 0 0

Dy E F

El 8 El 8 § 8
Q Q Q
. c c c

Dilute £ °© 5 °© 5°

alkali Z ¢ Za Za
2 2 2

= 2 = 2 = 2
o o o

0 Q 0 Q 0 -
@ S ) & @ 3 o & & @ ) o & &~ @
‘\6\\‘«\ 4\66“(\ \a**\e RS (\6\*«\ 3 o \(\e““ \a**\e @N\e (\6\“6\ 4 o \ée‘«\ @*\\\e @N\e (\d\\‘«\
2 <« NG O L\?’& QQ@ K NG © S"\e& 93("« <K NG Q© r.,c\e‘e
[ untreated . 15 min 30 min . 45 min

Figure 4.6. The cell wall thickness increased more following dilute alkali pretreatment than dilute
acid pretreatment. Dilute acid pretreatment was carried out on a 60 pm thick wheat straw samples
using 1 M sulfuric acid and dilute alkali pretreatment with 62.5 mM sodium hydroxide at 100°C.
Values for all subfigures are reported as mean + S.D., n=3. Three regions of interest were selected for
each cell type to obtain the cell wall thickness.

4.3.3 Lignin removal and hemicellulose hydrolysis during
pretreatment were evaluated through composition analysis

Arabinose and xylose were hydrolyzed completely during the dilute acid pretreatment for
all the samples (Figure 4.7B, 7C). There was a drastic decrease in ABSL (acetyl bromide
soluble lignin) for the dilute alkali pretreated samples (Figure 4.7A). The xylose
conversion was the highest for Choteau (~41%) sample during dilute acid pretreatment,
followed by McNeal (~24%) and Vida (~17%) (Figure 4.7D). For the dilute alkali
pretreated samples, the xylose conversion was <1% for all the three cultivars (Figure
4.7D). The glucose conversion was <1% for all the three cultivars, during both acid and

alkali pretreatment.
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Figure 4.7. A) Acetyl bromide soluble lignin (ABSL) decreased for the dilute alkali pretreated
McNeal, Vida, and Choteau samples due to lignin solubilization. B) Arabinose and C) xylose
composition decreased for the dilute acid pretreated McNeal, Vida, and Choteau samples due to
hemicellulose hydrolysis. Values are reported as percentage of acid insoluble residue (AIR). D)
Cumulative xylose release during dilute acid pretreatment was higher for the Choteau sample than
the McNeal and Vida samples. There was <1% xylose release than during dilute alkali pretreatment
for all the three samples. Values for all subfigures are reported as mean + S.D, n=2 composition
analysis replicates (A, B, C) and pretreatment supernatant (D) replicates.

4.3.4 Glucose and xylose conversion following enzymatic
hydrolysis was positively affected by stem solidness

The acid- and alkali-pretreated McNeal, Vida and Choteau samples were subjected to
enzymatic hydrolysis at 23 mg protein/g solids. During the initial trials, enzymatic
hydrolysis was carried out at 1 mg, 5 mg, and 10 mg protein/g solids. There was no
biomass deconstruction even after 96 hours. The glucose and xylose conversions during
enzymatic hydrolysis were the highest for the Choteau, for both acid- and alkali-
pretreated samples (Figure 4.8). The glucose conversion for acid-pretreated Choteau
sample was approximately 26% and 30% higher than the McNeal and Vida samples,
respectively (Figure 4.8A). The glucose conversion for the alkali-pretreated Choteau
sample was approximately 690% and 120% higher than the McNeal and Vida samples,
respectively (Figure 4.8C). These drastic differences in glucose conversion for the alkali
pretreated samples were due to the very low glucose conversions of the McNeal (7.8%)
and Vida (27.5%) samples. Between McNeal and Vida, the glucose conversion was
slightly higher for McNeal (~3%) for the acid pretreated samples (Figure 4.8A).
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However, for the alkali pretreated samples, Vida had about 250% higher glucose
conversion than the McNeal sample (Figure 4.8C). Between the alkali and acid pretreated
samples, the acid pretreated samples showed approximately 650%, 109% and 20% higher
glucose conversion for McNeal, Vida, and Choteau samples, respectively (Figure 4.8).
The xylose conversion for acid pretreated Choteau sample during enzymatic hydrolysis
was approximately 396% and 134% higher than McNeal and Vida samples, respectively
(Figure 4.8B). The xylose conversion for the alkali-pretreated Choteau sample was 494%
and 105% higher than the McNeal and Vida samples, respectively (Figure 4.8D). The
xylose conversions during enzymatic hydrolysis of the alkali pretreated samples were
approximately 23%, 67%, and 47% higher than the acid pretreated samples for McNeal,
Vida, and Choteau, respectively (Figure 4.8B, 7D). This is because there is a significant
xylose conversion during acid pretreatment for all the three cultivars (Figure 4.8D).
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Figure 4.8. Glucose and xylose conversion for Choteau, Vida and McNeal samples after dilute acid
and dilute alkali pretreatment. Values for all subfigures are reported as mean + S.D., n=2
hydrolysate replicates.
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4.3.5 Enzymatic hydrolysis images

For the acid pretreated samples (Figure 4.9), McNeal samples did not show any
significant structural change in the vascular bundle and the parenchyma cells until 48
hours (Figure 4.9A-G). After 72 hours (Figure 4.9H), very few parenchyma cells had
degraded inside the culm. Acid-pretreated Vida showed a similar pattern, with a minor
loss of parenchyma cells between the hollow and the start of the vascular bundles
between 4-8 hr, but very little obvious degradation after this point (Figure 4.9 I-P). In
contrast, the Choteau stem remained largely intact for the first 24 hours (Figure 4.9 Q-V)
after which the pith parenchyma disintegrated completely by 48 hours of enzymatic
hydrolysis (Figure 4.9W), the pith parenchyma cells had disintegrated completely,
leaving the outer rind region largely intact for the remainder of hydrolysis, similar to the
other wheat varieties (Figure 4.9X).

McNeal
(hollow)

Vida
(semisolid) &

Choteau E
(solid) ~

Figure 4.9. Brightfield images of dilute acid-pretreated McNeal (A-H), Vida (I-P), and Choteau (Q-X)
samples during enzymatic hydrolysis.

Structural observations during enzymatic hydrolysis for the alkali pretreated samples
(Figure 4.10) were nearly identical to those observed for the acid pretreated wheat stem
sections. McNeal samples did not show any significant structural change in the vascular
bundle and the parenchyma cells until 24 hours (Figure 4.10 A-F). After 48 hours
(Figure 4.10G), some of the parenchyma and sclerenchyma cells degraded inside the
culm. Despite more structural changes than the dilute acid pretreated samples, the glucose
conversion of the alkali pretreated sample was extremely low, approximately 7.8%, for
the alkali pretreated McNeal samples (Figure 4.8C). Alkali pretreated Vida showed a
slightly different pattern of enzymatic hydrolysis than McNeal, with no significant
structural degradation of parenchyma cells even at 72 hours (Figure 4.101-P). Alkali
pretreated Choteau exhibited a similar trend of enzymatic hydrolysis like the acid
pretreated sample. Most of the cell wall structure remained intact till 24 hours of
enzymatic hydrolysis (Figure 4.10Q-V) whereas after 48 hours (Figure 4.10W), the pith
parenchyma cells had disintegrated completely. However, a few parenchyma cells in the
rind region seem to have hydrolyzed for the alkali pretreated sample after 72 hours
(Figure 4.10X).
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Figure 4.10. Brightfield images of dilute alkali pretreated McNeal (A-H), Vida (I-P), and Choteau (Q-
X) samples during enzymatic hydrolysis.

4.4 Discussion

The gradual loss of lignin autofluorescence during acid and alkali pretreatment (Figure
4.2, Figure 4.4) is similar to the loss of lignin autofluorescence intensity reported for
dilute acid, NaOH/urea, NaOH and CaO pretreatment of wheat straw, sorghum and
miscanthus [218, 266, 267]. Previous studies have reported severely deformed and
disjoint parenchyma cell walls during the dilute acid pretreatment of grasses like wheat
straw and miscanthus [70, 71, 218]. In contrast, we did not observe any severe
deformations or disjoining in the entire biomass section during the pretreatment for all
three of our samples, McNeal, Vida, and Choteau (Figure 4.2). This is likely because our
pretreatment temperature was low (100 °C), whereas the previous studies conducted the
dilute acid pretreatment at temperatures >120 °C, which is the glass transition
temperature of lignin [70, 71, 218]. After dilute acid pretreatment, the lowest residual
fluorescence occured in the pith parenchyma cells of the Choteau sample (Figure 4.31)
and could be due to a lower lignin content in the pith region than the rind region in
grasses [14, 268-270]. A previous study on dilute acid pretreatment of miscanthus using
CLSM, SEM, and TEM has reported that the pith region was more susceptible to dilute
acid pretreatment than the rind region, especially the pith parenchyma cells [70]. The
lower fluorescence intensities in the parenchyma cells of the of the untreated and
pretreated McNeal and Vida samples (Figure 4.3A, 3E, 31, Figure 4.5A, 5E, 5I) than the
vascular bundles are in agreement with previous studies that tracked lignin
autofluorescence changes for hollow wheat straw samples during alkali and steam
explosion pretreatment [173, 266]. Previous studies on solid-stemmed herbaceous
feedstocks like corn stem and sugarcane have also reported a higher loss of lignin
autofluorescence in the parenchymatous cell walls in the pith region than the rind region
[271,272].

In hollow wheat straw stems, the inner layer of modified parenchyma cells is known as
the pith cavity lining (PCL) [273]. Hansen et al. reported that this layer of parenchyma
cells had undergone a higher disruption than the rind after hydrothermal pretreatment at
185 °C [274, 275]. They reported a 16% glucan conversion during enzymatic hydrolysis
[274]. This is similar to our results, in which the alkali pretreated McNeal (hollow) and
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Vida (semisolid) samples show 7.8% and 27.5% glucose conversion (Figure 4.8C). The
cellular structure of the rind region for all acid- and alkali-pretreated wheat straw
varieties appeared largely intact, even after 72 hours of enzymatic hydrolysis. This could
be due to the higher lignin and hemicellulose content in the rind region of grasses [154,
181, 225, 268]. This also indicates that the higher glucose and xylose conversions for the
Choteau samples was likely due to the stem solidness trait, resulting in an abundance of
pith parenchyma cells that were completely digested within 48 hr (Figure 4.9,Figure
4.10). A previous study on alkali-pretreated sorghum, which is a solid-stemmed
feedstock, showed that the parenchyma cells had a faster hydrolysis rate when compared
to the vascular bundles [237]. Li et al. conducted alkali pretreatment and enzymatic
hydrolysis on physically fractionated pith and rind of sorghum samples. They found that
the isolated pith parenchyma were the least recalcitrant to enzymatic hydrolysis [270].
Similarly, Ji et al. reported a drastically high cellulose conversion for the pith region of
dilute acid-pretreated miscanthus than the corresponding rind region [70]. A previous
study on untreated sugarcane has reported 20% glucose conversion for the rind region,
whereas the pith parenchyma cells showed a 60% glucose conversion, which the authors
attributed to the 40% higher lignin content in the rind region [14]. Several studies have
reported that the pith region of corn stover readily hydrolyzed by cellulases after liquid
hot water, dilute acid, and ionic liquid pretreatments [15, 276-278]. Based on our findings
and the previous evidence on the high sugar yields from the pith parenchyma cells, stem
solidness is a valuable trait in grasses to improve sugar yields.

4.5 Conclusion

The difference in digestibility based on the stem solidness trait was evaluated for three
wheat straw cultivars with hollow (McNeal), semisolid (Vida), and solid (Choteau)
stems. Changes in lignin autofluorescence during dilute acid and dilute alkali
pretreatment indicated that the McNeal and Vida samples were more resistant to
pretreatment than the pith region of Choteau samples. The pith-parenchyma cells of the
Choteau (solid) sample were the most susceptible to enzymatic hydrolysis after both acid
and alkali pretreatment, degrading completely within 48 hours, which led to significantly
higher 72-hr glucose and xylose conversions compared to the hollow-stemmed varieties,
McNeal and Vida. Given their greater digestibility, solid-stemmed wheat straw cultivars
would have greater value as biorefinery feedstocks compared to hollow-stemmed
cultivars. In addition, engineering hollow-stemmed grass species, such as switchgrass, to
express a solid-stemmed phenotype at maturity may be a valuable approach to developing
improved feedstocks for biofuel production.
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5 A HIGH SOLIDS FIELD TO FUEL RESEARCH
PIPELINE TO IDENTIFY INTERACTIONS BETWEEN
FEEDSTOCKS AND BIOFUEL PRODUCTION

5.1 Background

Liquid transportation fuels from lignocellulosic biomass can play a vital role in reducing
greenhouse gas emissions and mitigating climate change [279]. Environmental factors
experienced during plant growth, such as weather extremes, have the potential to cause
adverse effects on biomass quality and quantity [280, 281]. Decreased yield due to
drought is a serious challenge to uninterrupted supply of feedstock for biofuel production
[282-284]. Several studies have focused on the effects of abiotic stressors, such as
drought, extreme temperatures, and heavy metal and salt concentrations on feedstock
yield and composition to identify ecosystems suitable for their cultivation and develop
sustainable bioconversion processes [21, 285, 286]. Although environmental factors can
also affect the deconstruction of feedstocks into biofuel and resulting fuel yields, only a
few studies have evaluated these effects [20, 23, 24]. There are a number of challenges in
conducting these field-to-fuel experiments that span the entire biofuel production chain.
First, a thorough analysis of the environmental effect on feedstocks and subsequent
correlation to biofuel production requires samples from multiple plots and locations,
which needs a higher level of throughput for the process than can be achieved in
bioreactors. Second, there is a limit on minimum scale for reliable (useful or
interpretable) fermentation experiments in order to be comparable to experiments
performed in bioreactors. This requires a minimum hydrolysate volume and moderately
sized pretreatment and hydrolysis vessels. Thus, there is a need for a platform that is able
to accommodate a larger number of samples, while generating sufficient volumes of
hydrolysate in a reasonable time frame.

Laboratory scale enzymatic hydrolysis for screening numerous lignocellulosic materials
is usually performed at a substrate solid loading of 1 wt.% in a vial or up to 5 wt.% in a
shake flask [105]. However, high solids loading hydrolysis (18 wt.% or higher) is needed
to more accurately represent industrial conditions. Enzymatic hydrolysis at high solids
loading increases the economic feasibility of the bioconversion process as it reduces the
operating cost for hydrolysis and fermentation and minimizes energy requirements for
other downstream processes, such as distillation [20, 100, 109]. However, as solids
loading increases, the water available to facilitate the diffusion of enzymes into the
biomass and the diffusion of sugars out into solution decreases [104, 108, 287]. Water
availability is also important to reduce the viscosity of the slurry, thereby reducing the
energy required for mixing. Poor mixing due to low water availability is a significant
bottleneck for high solids loading operating conditions [101, 288, 289]. Shake flasks are
commonly used lab equipment for enzymatic depolymerization of biomass, but they do
not provide sufficient shear rates to reduce viscosity at high-solids concentrations.
Inadequate mixing results in hydrolysis product build up in specific areas of the flask and
improper enzyme distribution. In a shake flask, the highly viscous biomass and water
mixture accumulates near the walls of the flask, which is the low shear zone of the
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reaction vessel [290, 291]. In contrast to orbital shaking, gravitational tumbling has been
found to be effective in mixing under high solids conditions [102, 292, 293]. Fed-batch,
high solids loading enzyme hydrolysis has also been studied extensively as a means to
overcome mixing issues [78, 115, 294]. In this method, the experiment is started with a
moderate amount of the biomass, and a small dose of biomass is added at regular
intervals. Fed batch optimizes the inherent pseudoplastic behavior of the high solids
slurry by improving the water availability for enzymatic hydrolysis [295, 296]. However,
fed batch loading also increases the likelihood of contamination if not conducted in a
controlled manner.

The objective of this project was to develop a laboratory-scale high solids field-to-fuel
platform to evaluate fermentation performance of diverse feedstocks. Custom
pretreatment reactors were designed to process sufficient AFEX-treated biomass to
generate the volume of high solids hydrolysate required for fermentation [77]. Enzymatic
hydrolysis was conducted using gravitational tumbling in a static incubator to ensure
proper mixing under high solids loading conditions and compared to the conventional
method using shake flasks. Enzymatic hydrolysis parameters including solids loading,
buffer concentration, and pH were optimized to achieve the highest volumes of
hydrolysate and sugar conversion. The hydrolysates were fermented using
Saccharomyces cerevisiae or Zymomonas mobilis with a system that measures real time
COz production in order to determine fermentation rate without extensive manual
sampling and culture depletion. The fermentation performance of the platform was
validated using two switchgrass samples that previously have shown divergent
fermentation performance when processed at a larger scale for all steps - pretreatment,
hydrolysis, and fermentation. This field-to-fuel platform can be used to rapidly identify
the effects of environmental conditions, genetic background, or other parameters that
influence feedstock quality, on microbial fuel production under industrially relevant
enzymatic hydrolysis and fermentation conditions.

5.2 Materials and Methods
5.2.1 Biomass Growth, Harvest and Processing

The biomass samples used for the experiments in this study (corn stover, switchgrass,
sorghum, restored prairie, and miscanthus) were cultivated at the DOE-Great Lakes
Bioenergy Research Center’s (GLBRC) Biofuel Cropping Systems Experiments (BCSE)
located at the Arlington Agricultural Research Station in southcentral Wisconsin, USA
(ARL, 43°17° 45” N, 89°22° 48” W, 315 m a.s.]) and the W.K. Kellogg Biological
Station in southwest Michigan, USA (KBS, 42° 23 47” N, 85° 22’ 26” W, 288 m a.s.])
[297, 298]. The mean annual temperature and precipitation were 6.9 °C and 869 mm,
respectively. The soil type is Plano silt-loam, which is fine-silty, mixed, super active,
mesic Typic Argiudoll; well-drained. Mollisol developed over glacial till and formed
under tallgrass prairie. Switchgrass (SG) was sourced from ARL-346 in both 2010 and
2012. Sorghum (SOR), Miscanthus (MSC) and Restored Prairie (RP) were sourced from
ARL-AUX TRIAL, ARLG6RS and ARLG5R4 in 2014. Corn stover (CS) was sourced
from ARL570 in 2008. Field plots (28 m x 40 m) were harvested and chopped into a
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wagon. When the wagons were unloaded, a representative 25 kg sample was collected.
The harvested plant materials were dried in a 60 °C oven, milled using a Christy Turner
mill (Christy Turner Ltd. Suffolk, UK) and then milled materials mixed by hand to ensure
homogeneity before being packaged in sealed plastic bags until use. The composition
testing conducted previously across multiple bags and feedstocks have not shown
significant difference in biomass composition, the data for which have not been
published. We used corn stover samples for the optimization of the high solids loading
roller bottle enzymatic hydrolysis method. The switchgrass (SG), sorghum (SOR),
miscanthus (MSC) and restored prairie (RP) samples, which are mentioned above, were
used to confirm the effectiveness of the method on a variety of grass feedstocks.

5.2.2 Cell Wall and Bulk Chemical Composition of Biomass

The samples were milled before the analysis using a Cyclotec™ mill (Foss, Denmark),
equipped with a 2 mm screen. The composition of the bulk biomass (Table 9.2-1) was
determined using the standard method described by the NREL laboratory analytical
procedures for composition analysis of biomass [299]. All composition experiments were
performed in triplicate.

5.2.3 Ammonia Fiber Expansion (AFEX) Pretreatment

The corn stover, switchgrass, sorghum, restored prairie, and miscanthus samples were
pretreated using ammonia fiber expansion (AFEX) pretreatment. The pretreatment
experiments were carried out in a 3.8 L high-pressure Parr reactor (Parr Instrument Co.
Moline, IL, USA), which was placed inside a walk-in fume hood. Dry biomass mixed
with water (0.6 g H2O/g dry biomass) was loaded into the Parr reactor and sealed. The
sealed reactor was charged with nitrogen to 60 psi. The reactor was then preheated to
suitable temperatures according to the type of biomass. Liquid ammonia at a loading of 2
g NH3/g dry biomass, was added to the biomass using a LEWA EK1 metering pump
(Leonberg, Germany) [20]. After ammonia loading, the reactor temperature was
increased to the set point within 5 min and then maintained at the set point temperature
for the 30 min residence time. At the completion of the reaction, the ammonia was vented
out from the reactor inside the walk-in fume hood. The pretreated biomass was then dried
in a custom fume-vented drying box. The dried AFEX pretreated biomass (<12 %
moisture content on a total weight basis) was packed into sterilized bags and stored at
room temperature until it was used [300].

The 2010 and 2012 harvested switchgrass that were used for the field-to-fuel process
validation studies were pretreated in custom AFEX reactors, as described previously [77].
In brief, 25 grams of untreated biomass (dry weight basis) was mixed with water (0.6 g
H20 per g dry biomass) and loaded into the custom pretreatment reactors. The reactor
was preheated to 60°C, and then ammonia was added using a high-pressure ammonia
syringe pump (Harvard Apparatus 70-3311) equipped with a 100 mL stainless steel
syringe to achieve a loading of 2 g NH3 per g dry biomass. The reactor was heated to
120°C and maintained at the set point until 30 minutes after ammonia addition, at which
point the reactor was vented, cooled and unloaded. The pretreated biomass was dried in a
custom drying box and stored in plastic bags at room temperature until used.
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5.2.4 High Solids Roller Bottle Enzymatic Hydrolysis

High solids roller bottle enzymatic hydrolysis experiments were optimized using AFEX
pretreated corn stover at 6% and 9% glucan loading (g glucan/mL) by adjusting the
following conditions: 1) phosphate buffer pH, 2) phosphate buffer concentration, and 3)
centrifugation time. All hydrolysate samples were loaded in 85 mL Nalgene Oak Ridge
centrifuge tubes, with a final working volume of 35 mL. The biomass was autoclaved at
121°C for 20 min to prevent microbial contamination. After the autoclave step, a
designated volume of phosphate buffer (0.05 M, 0.1 M, 1.5 M or 2.0 M; and pH 3.0 or
pH 4.5), consisting of monobasic and dibasic potassium phosphate, enzymes, and
makeup water to account for the amount lost during autoclaving, was added to the
centrifuge tubes inside a laminar flow hood. The centrifuge tubes were then sealed with
caps, which had been sterilized with 10 vol% bleach solution prior to the experiment.
Novozyme 22257 cellulase and Novozyme 22244 hemicellulase (Novozymes,
Franklinton, NC, USA) were desalted using a disposable desalting column (Disposable
PD-10 Desalting Columns, Cytiva, VWR Catalog. No. 95017-001) and analyzed for
protein content using the PierceTM BCA Protein Assay Kit (Pierce Biotechnology).
Enzymes were loaded at 28 mg protein/g glucan, consisting of 70% cellulase and 30%
hemicellulase (v/v). The sealed centrifuge tubes were placed on a laboratory scale bottle
roller (Low Profile Roller, IBI Scientific, Low Profile Roller Lab Start-Up Kit) at 20 rpm
inside a static incubator (VWR symphony™, 414004-626, Low temp./BOD Incubator) set
at 50 °C. A single static roller can accommodate up to 10 centrifuge tubes. After 72 hours
of enzymatic hydrolysis, the samples were centrifuged for various times at 12,000 rpm
(18,500 x g) and 4 °C in a benchtop laboratory scale centrifuge (Eppendorf Benchtop
5804R Centrifuge). At a constant rotation speed of 12,000 rpm (18,500 x g), 6% glucan
loading hydrolysates (0.1 M phosphate, pH 3.0) were centrifuged for 1 hr, 2 hr, or 5 hr.
The 9% glucan loading hydrolysates were centrifuged at 12,000 rpm (18,500 x g) for 2
hr, 3 hr or 5 hr. The final pH of the supernatant was recorded for all the samples and then
adjusted to a suitable pH for fermentation by either Saccharomyces cerevisiae or
Zymomonas mobilis, 5.8 +/- 0.1, using 12 M HCl or 10 M NaOH. The pH adjusted
hydrolysates were pre-filtered through 0.5 um glass fiber filter paper (Metrigard® , 47
mm, Pall, VWR Catalog. No. 28150-371) in a 4.7 cm diameter Buchner funnel. This
filtrate was then sterile filtered using a 0.22 pm, 50 mL Autofil sterile filtration system.
The hydrolysate samples were collected in sterile polypropylene centrifuge tubes and
stored at 4 °C until shipped on ice for subsequent fermentation experiments and
characterization.

The effectiveness of the method was then tested on 6% glucan loading AFEX treated
switchgrass from two different years of harvest (2010 and 2012), and sorghum,
miscanthus, and restored prairie harvested in 2014 based on the optimized parameters for
phosphate buffer pH (3.0) and phosphate buffer concentration (0.1 M). Centrifugation
time of 1 hr. was sufficient for corn stover harvested in 2008, whereas 3 hr. centrifugation
was required for the other feedstocks for proper solid-liquid separation. Therefore, the
centrifugation time for the final method was 3 hr. For the field-to-fuel validation studies,
2010 and 2012 switchgrass pretreated in the smaller scale custom reactors were processed
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using the same method, but at 7% glucan loading to match the conditions used in
previous studies [20, 300]. All other hydrolysis conditions were identical.

5.2.5 High Solids Loading Enzymatic Hydrolysis-Shake Flask
Method

The roller bottle enzymatic hydrolysis method was compared to the conventional shake
flask method in batch mode. The experiments were conducted at 6% glucan loading, with
0.1 M phosphate buffer at pH 3.0 for 72 hours on AFEX pretreated corn stover (CS),
sorghum (SOR), switchgrass (SG), miscanthus (MSC) and restored prairie (RP). The
working volume for the flask method was 50 mL, as opposed to the 35 mL used in the
roller bottle system. AFEX pretreated samples were added to previously autoclaved 100
mL Erlenmeyer flasks. The biomass was autoclaved at 121°C for 20 min to prevent
microbial contamination and match the roller bottle method. After the autoclave step, a
designated volume of 0.1 M phosphate buffer (pH 3.0) consisting of monobasic and
dibasic potassium phosphate, enzymes (28 mg protein per g glucan — 70% cellulase and
30% hemicellulase), and makeup water to account for the amount lost during autoclaving,
was added to the Erlenmeyer flasks inside a laminar flow hood. The Erlenmeyer flasks
were then sealed with 27 mm diameter rubber stoppers, which had been autoclaved prior
to the experiment. The sealed Erlenmeyer flasks were placed inside a shaker incubator
(New Brunswick™ Excella® E25) at 150 rpm set at 50 °C. After 72 hours of enzymatic
hydrolysis, the samples were centrifuged in 85 mL Nalgene Oak Ridge centrifuge tubes
for 3 hours at 12,000 rpm (18,500 x g) and 4 °C in a benchtop laboratory scale centrifuge
(Eppendorf Benchtop 5804R Centrifuge). The final pH of the supernatant was recorded
for all the samples. The pH was then adjusted to the optimum pH for fermentation by
either Saccharomyces cerevisiae or Zymomonas mobilis, 5.8 = 0.1, using 12 M HCl or 10
M NaOH to ensure adequate pH for fermentation. The pH adjusted hydrolysates were
pre-filtered through 0.5 pm glass fiber filter paper (Metrigard®, 47 mm, Pall, VWR
Catalog. No. 28150-371,) in a 4.7 cm diameter Buchner funnel. This filtrate was then
sterile filtered using a 0.22 um, 50 mL Autofil sterile filtration system. The hydrolysate
samples were collected in sterile polypropylene centrifuge tubes and stored at 4 °C until
shipped on ice for subsequent fermentation experiments and characterization. The
composition of glucose, xylose and other hydrolysate end products (Figure S1) were
analyzed using HPLC-RID as described previously [65].

5.2.6 Fermentation

For the fermentation experiments, 5 mL of each hydrolysate were pipetted into sterile
serum bottles and degassed overnight in an anaerobic chamber. A culture of either Z.
mobilis ZM2032 [301] or S. cerevisiae GLBRCY945 [302] was grown overnight and
diluted into anaerobic media the day of the experiment. Once the cultures reached
logarithmic growth, they were centrifuged, and cell pellets were resuspended with
synthetic medium [300], and inoculated into 60 mL Wheaton serum bottles. The serum
bottles were capped with airtight Chemglass Life Sciences Blue Butyl, 20mm rubber caps
and placed on a 120 rpm shaker in a 30 °C environmental growth chamber. The cultures
were attached to respirometer cartridges using BD PrecisionGlide 23GX1 (0.6mm X
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25mm) sterile needles inserted into the serum bottle caps. The respirometer (AER-800;
Challenge Technology; Springdale, AR, USA) measured the volume of gas produced by
the growing culture. Each experiment was run for 48 hr, unless stated otherwise.
Supernatants from post-fermentation cultures were analyzed by high performance liquid
chromatography (HPLC) and refractive index detection (RID) for sugar and ethanol
concentrations [65]. Final cell density (OD600) measurements were made with a
Beckman DU720 spectrophotometer.

5.2.7 Calculations:

5.2.7.1 Extent of liquefaction:

Following centrifugation and decantation of the samples, the extent of liquefaction was
calculated as:

Volume of supernatant following centrifugation and filtration
Initial working volume of the sample

Extent of liquefaction =

[303].

5.2.7.2 Glucan conversion:

Glucan conversion (g glucose released per g glucose in untreated dry biomass)

glucose measured by HPLC (%) 162.14

1000 x glucan loading % *180.16

Where Mnguco‘\'e :(1 80.16 g/mOl) and Mngucan :(1 62.14 g/mol)

5.2.7.3 Glucose yield:

Glucose yield was calculated as described previously [114]

Glucose yield (mg glucose released per g glucose in untreated dry biomass)

glucose measured by HPLC (%) 162.14

1000 x glucan loading %  180.16 '

Where MWogiucose =(180.16 g/mol) and MWgiucan =(162.14 g/mol) and V74 is the available

volume of the hydrolysate.

5.2.7.4 Xylan conversion:

Xylan conversion (g xylose released per g xylose in untreated dry biomass)
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_ xylose measured by HPLC (%) % glucan content per g untreated biomass 132
~ 1000 x glucan loading % x % xylan content per g untreated biomass x 150

Where MWiyiose =(150 g/mol) and MWxyian =(132 g/mol)

5.2.7.5 Xylose vield:

Xylose yield was calculated as follows:

Xylose yield (mg xylose released per g xylose in untreated dry biomass)

_ xylose measured by HPLC (%) % glucan content per g untreated biomass 132

—xV
1000 x glucan loading % x % xylan content per g untreated biomass x 150 *Va

Where MWiyiose =(150 g/mol) and MWiyian =(132 g/mol) and V4 is the extent of

liquefaction.

5.2.7.6 Ethanol yield:
Ethanol yield was calculated as follows [85]

ethanol measured by HPLC(%)

x 100%

Ethanol yield (% of theoretical) =

(g lucose(%)+xylose(%))consumed>< 0.51

Where the theoretical maximum yield of ethanol from both glucose and xylose is 0.51 g

ethanol produced per g sugar consumed.

5.3 Results
5.3.1 Feedstocks and pretreatment

Correlating environmental field conditions to effects on feedstock deconstruction and fuel
production will require analysis of a large number of samples that control for multiple
variables (e.g., local temperature and precipitation, soil type and field location). This
study used a variety of potential herbaceous bioenergy feedstocks (corn stover,
switchgrass, sorghum, restored prairie, and miscanthus), to demonstrate the broad utility
of the platform. The majority of feedstocks in this study were pretreated in a larger Parr
reactor, in order to have a consistent supply of feedstock for developing the enzymatic
hydrolysis method. However, the actual pipeline makes use of smaller custom AFEX
reactors that can pretreat 25 g of lignocellulosic biomass per batch [77]. Once the
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hydrolysis method was finalized, the custom reactors were used to process two
feedstocks with previously observed divergent fermentations and validate the method.

5.3.2 Enzymatic hydrolysis buffer pH and concentration
influences sugar release and fermentability of the
hydrolysates

Common hydrolysis bottlenecks in shake flasks at high solids loading include insufficient
shear rate, improper enzyme distribution, and inadequate mixing due to accumulation of
biomass near the walls. A laboratory scale roller bottle hydrolysis method was developed
in order to overcome these bottlenecks. Hydrolysate pH significantly affects liquefaction
and sugar yields due to its influence on enzyme activity. The enzymes used in our study
were from Novozymes Ctec and Htec series, which have cellulase, hemicellulase,
xylanase, and betaglucosidase activities [304-306]. The activities of our cellulolytic
enzymes have an optimal pH range of 5.0 to 5.5 [307]. However, AFEX pretreated
biomass when stored in liquid water (either before or after autoclaving) has a pH of ~7,
which means a pH adjustment step is necessary for effective enzymatic activity. We
initially tested pH control by adding HCI following autoclaving. However, because of the
variability between feedstocks, it was difficult to estimate the amount of HCI required to
reach the desired pH, which meant that pH adjustment became a long and laborious
process. For a platform that was intended to work on hundreds of feedstocks with
unknown native buffering capacity, it was decided that this approach was impractical.
Instead, we decided to adjust pH using phosphate buffer, which was chosen based on its
use in a previous study on fermentation of AFEX hydrolysates [308].

The effect of buffer pH and concentration on hydrolysate characteristics were evaluated
using 6% glucan loading (19% w/w solids loading) AFEX corn stover hydrolysates. The
final hydrolysate pH was lower for pH 3.0 buffer compared to 4.5, and for all
concentrations except 0.2 M (Figure 5.1A). While the pH 4.5 buffer showed an effect of
concentration on final hydrolysate pH, this was not observed for the pH 3.0 buffer, which
had a consistent final pH of ~5.75 regardless of buffer concentration. All hydrolysates
had a pH ranging between 5.75 and 6.0, which was slightly higher than optimal enzyme
activity, but in a suitable range for Z. mobilis fermentations, which meant that less pH
adjustment was required following enzymatic hydrolysis. Although the hydrolysate pH
was not strongly affected by buffer concentration and pH, both of these properties
affected carbohydrate conversion and the fermentability of the hydrolysates (Figure 5.1),
with the glucose conversion consistently higher for a buffer pH of 3.0 than 4.5. The
highest glucose conversion was attained for the buffer concentration of 0.15 M and pH of
3.0 (Figure 5.1A).

Since the addition of phosphate buffer could have downstream effects on the
fermentation microbes, we next sought to determine the effect of buffer concentration
and pH added during enzymatic hydrolysis on subsequent microbial fermentation. First,
the high solids loading hydrolysates were adjusted to pH 5.8 + 0.1, which was suitable for
fermentation by both S. cerevisiae and Z. mobilis. Engineered S. cerevisiae and Z. mobilis
strains were then inoculated into sealed serum bottles containing various hydrolysates,
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grown at 30 °C for two days and sampled for final ethanol and sugar concentrations. The
ethanol concentrations at the end of fermentation were not dependent on buffer
concentration, which for the same buffer pH were very similar (Figure 5.2A). In contrast,
ethanol concentrations were consistently higher for a buffer pH of 3.0 than 4.5 for both S.
cerevisiae and Z. mobilis (Figure 5.2A). For Z. mobilis, this appears to be entirely related
to increased sugar concentrations in the hydrolysates, as the ethanol yields were very
similar across all buffers (Figure 5.2B). In contrast, the ethanol yields obtained for S.
cerevisiae were slightly higher for the hydrolysate generated using the pH 4.5 buffer
(Figure 5.2C) indicating that though less ethanol was produced (Figure 5.2A), the yeast
was more efficient than Z. mobilis at converting sugars to ethanol.
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Figure 5.1. A) Increasing buffer pH and concentration decreased hydrolysate final pH. B) Increasing
buffer pH (3.0 to 4.5) and concentration (0.1 to 0.2 M) increased glucose conversion and glucose
concentration for AFEX pretreated CS at 6% glucan loading. C) Increasing buffer pH (3.0 to 4.5)
and concentration (0.1 to 0.2 M) increased xylose conversion and xylose concentration for AFEX
pretreated CS at 6% glucan loading for buffer pH 3.0 and 4.5. Values for all subfigures are reported
as the mean + SD, n=2.
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Figure 5.2. A) Ethanol concentration was more affected by buffer pH (3.0 > 4.5) than concentration
for both S. cerevisiae and Z. mobilis in 6% glucan loading hydrolysate. B) Ethanol yield was not
affected significantly by hydrolysate buffer pH. For both S. cerevisiae and Z. mobilis, while the yields
were higher at a lower buffer concentration for both cases. All hydrolysates were made from AFEX
pretreated CS at 6% glucan loading. All fermentations were conducted at a pH of 5.8 = 0.1. Values
for all subfigures are reported as the mean + SD, n=2.

5.3.3 Sugar yields decline with increasing solids loading due to
low water availability for liquefaction.

Enzymatic hydrolysis was carried out on AFEX pretreated corn stover at 6% and 9%
glucan loading (19% and 28% w/w solids loading, respectively) in roller bottles to
evaluate the effect of solids loading on hydrolysate characteristics and optimum
processing conditions. For the same buffer concentrations and buffer pH, 6% glucan
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loading showed more consistent liquefaction (Figure 5.3A), and higher glucose and
xylose conversions compared to 9% glucan loading (Figure 5.3B, 5.3C). The glucose
and xylose conversion were about 36% higher for 6% glucan loading compared to 9%
glucan loading. The highest sugar conversions were obtained using the 0.2 M, pH 3.0
buffer for both solids loadings, with the exception of the 6% glucan hydrolysate, where
glucose conversion was highest for the 0.15 M, pH 3.0 buffer (Figure 5.3). An additional
5 mL was recovered from 6% glucan loading hydrolysates compared to the higher solids
loading, though the volume did not vary significantly for the same solid loading across
the reported centrifugation times. The 9% glucan loading samples were unable to be fully
filtered by the dual stage filtration (0.5 um pre-filtration followed by 0.22 um sterile
filtration) for centrifugation times less than 2 hr, which is the reason for the difference in
centrifugation times between the two solids loadings (Figure 5.3A).
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5.3.4 Enzymatic hydrolysis in roller bottles led to greater
liquefaction and higher sugar yields compared to shake
flasks

In order to validate the roller bottle enzymatic hydrolysis method, it was compared to
enzymatic hydrolysis in shake flasks for a variety of herbaceous feedstocks (corn stover,
switchgrass, sorghum, miscanthus, and native prairie). Roller bottle and shake flask
experiments were conducted using the same conditions used previously at 6% glucan
loading (15 - 22% w/w solids loading, depending on the feedstock). However, shake
flasks had a greater working volume (50 mL in shake flask experiments compared to 35
mL for roller bottle experiments). In spite of this, the final hydrolysate volumes for the
shake flask and roller bottle experiments were similar (Error! Reference source not
found.A) and the extent of liquefaction, which is the ratio of final hydrolysate volume
and working volume (Error! Reference source not found.B), was 42-47% higher for the
roller bottle method for all feedstocks tested. A previously developed scalable roller
bottle method for 20% (w/w) solids loading concluded that gravitational tumbling
overcame the important bottlenecks of improper mixing and high viscosity when
compared to the shake flask method with intermittent hand mixing [102], which agrees
with our results.

As expected from the greater extent of liquefaction, the glucose and xylose yield for the
hydrolysates from the roller bottle method were ~25-50% higher than the shake flask
method for all the AFEX pretreated feedstocks (Error! Reference source not found.A,
5.5B), though the hydrolysate sugar concentrations were similar for both methods (Error!
Reference source not found.C, 5.5D). This indicates that although both methods seem to
provide hydrolysate of similar quality from the same feedstock for fermentation, the
roller bottle system facilitates greater conversion in the same amount of time and because
of this generates greater usable hydrolysate volumes.
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We next compared the diverse hydrolysates generated by the roller bottle and shake flask
hydrolysis in microbial fermentation experiments. Standard flask fermentations with
yeast or bacteria typically require 10-20 mL of medium because a significant amount of
culture volume is depleted from cell density (e.g., OD600 measurements) and
extracellular metabolite (e.g., ethanol titer as determined by HPLC-RID) sampling. Since
we obtain only 20-25 mL of hydrolysate from both roller bottle and shake flask protocols,
we investigated alternative methods of fermentation that utilize low (5 mL or less)
volumes of hydrolysates, which will allow the remaining volume to be used for additional
studies. Since COz is formed as a byproduct during the anaerobic fermentation of glucose
to ethanol (CcH1206 — 2 C2HsOH + 2CO2 + 2ATP), others have monitored fermentative
COz production from the vessel headspace as a proxy for ethanol production [309, 310].
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We developed a protocol that employs a commercial respirometer system that measures
and records CO:z production in real time. Serum bottles containing 5 mL of paired
hydrolysates generated from roller bottles or shake flasks were inoculated with yeast S.
cerevisiae or bacteria Z. mobilis. The serum bottles were connected to a commercially
available respirometer system that measures CO2 production by tracking disruption of a
laser beam by bubbles released from the flasks. CO2 production was measured for
approximately 48 hours, at the end of which time final cell density and extracellular
metabolite samples were taken for analysis. The data from the paired samples were
subtracted to give an idea of general trends in fermentation performance between the two
experimental methods. Interestingly, only the shake flask experiments had significantly
inhibited fermentations that did not achieve maximum COz production by the end of the
~40 hr fermentation period (Error! Reference source not found.). This is indicated by the
positive data points for the roller bottle glucose consumption (Error! Reference source
not found.). These values were high because the shake flask experiments for these paired
samples had incomplete glucose consumption after ~40 hr, while for all other
experiments, 100% of the glucose was consumed (Table 9.2-2 and Table 9.2-3).
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Figure 5.6. CO: production by A) S. cerevisiae Y945 and B) Z. mobilis 2032 show some feedstock-
specific differences during fermentation of hydrolysates generated in roller bottles or shake flasks.
For each feedstock, columns represent separate paired replicates, where the two fermentations
(shake flask and roller bottle system) were run simultaneously. (Plots in the same column across
feedstocks were not necessarily run in the same batch of fermentations.)
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Figure 5.7. Max CO: volume is correlated with the final volume of ethanol produced during
fermentation for both S. cerevisiae Y945 and Z. mobilis ZM2032. Samples are 6% glucan loading
hydrolysates produced using the roller bottle and shake flasks from all five grass feedstocks that had
been pretreated in the 5-gallon reactor (2008 corn stover, 2010 and 2012 switchgrass, and 2014
miscanthus, native prairie, and sorghum).

In general, xylose consumption and final OD tended to be higher in fermentations with
roller bottle hydrolysates, while process ethanol yield (amount of ethanol produced with
respect to the theoretical maximum based on hydrolysate composition), maximum CO2
volume, and time to maximum rate of CO2 production were higher for shake flask
experiments. The time to maximum rate of CO2 production gives an indication of delay
in fermentation, with longer times for the shake flask experiments indicating slower and
more inhibited fermentations. The few samples that did not follow these trends (the
positive values in the respective plots in Error! Reference source not found.) were
generally for the severely inhibited shake flask fermentations.

5.3.5 The Field-to-Fuel Platform successfully replicates
fermentation results observed in larger scale experiments

Because hydrolysate composition is related to fermentation performance, we determined
correlations between key fermentation results and hydrolysate sugars, alcohols, and
organic acids (Error! Reference source not found. and Figure 9.6). For the most part, the
compounds quantified in the hydrolysates were not correlated with key fermentation
metrics, for either S. cerevisiae (Error! Reference source not found.) or Z. mobilis
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(Figure 9.6)fermentations. Fermentation data tended to cluster together, and hydrolysate
composition data tended to cluster together in the correlation plots. For the hydrolysate
composition data, acetate, glucose, glycerol, and succinate concentrations were positively
correlated across all feedstocks. The fermentation data showed strong positive
correlations between glucose consumption (titer and percentage basis), process ethanol
yield (amount of ethanol generated compared to the theoretical maximum), total ethanol
produced, final cell density, maximum CO: volume, and maximum rate of CO2
production.
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Figure 5.8. Clustered correlation matrix for S. cerevisiae Y945 fermentation data (black labels) and
hydrolysate composition (red text labels). The plot was generated using the corrplot package in R
with hclust (hierarchical clustering order). The size and color correspond to the direction and
magnitude of the correlation. Correlations that were insignificant (p > 0.05) were not plotted. "The
process ethanol yield is the ratio of sugars initially present in the hydrolysate (glucose and xylose) to
ethanol produced assuming 0.51 g ethanol/g sugars as the theoretical maximum. *The metabolic yield
is the ratio of sugars (glucose and xylose) consumed during fermentation to ethanol produced
assuming 0.51 g ethanol/g sugars as the theoretical maximum.

81



Because the respirometer system measures CO2 volume as a proxy for ethanol yield, the
strong correlation between the two values lends support for the utility of the method.
When the two values are plotted, there is a strong positive correlation between the
maximum CO: volume and ethanol yield (p < 0.01, R*>= 0.84 or 0.87), however, for
productive fermentations, there is a large amount of scatter for the correlation between
max CO2 volume and ethanol concentration for the 6% glucan loading hydrolysates
(Error! Reference source not found.). In spite of this, unusually low final CO2 volumes
corresponded very closely with low ethanol concentrations in the fermentation media
(Error! Reference source not found.), indicating that CO: is an adequate surrogate for
ethanol production when used to identify severely inhibited fermentations.
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Figure 5.9. Max CO: volume is correlated with the final volume of ethanol produced during
fermentation for both S. cerevisiae Y945 and Z. mobilis ZM2032. Samples are 6% glucan loading
hydrolysates produced using the roller bottle and shake flasks from all five grass feedstocks that had
been pretreated in the 5-gallon reactor (2008 corn stover, 2010 and 2012 switchgrass, and 2014
miscanthus, native prairie, and sorghum).

We also used the pipeline to process two feedstocks, switchgrass grown in a drought year
— 2012, and switchgrass grown in a year with normal precipitation — 2010, which had
previously shown strongly divergent yeast fermentation performance. These materials
were pretreated in the custom AFEX reactors, hydrolyzed in the roller bottle system at
7% glucan loading (the same loading as previously published [20]), and conducted
fermentation in the respirometer. Based on these experiments, switchgrass grown in a
drought year (2012) was significantly more inhibitory to yeast fermentation compared to
switchgrass grown in a normal year (2010) (Error! Reference source not found.).
Although not all fermentations showed the complete inhibition of growth in the drought
year switchgrass that was previously observed [20], all of the drought year samples had
either significantly reduced or delayed CO2 production compared to their paired
fermentation sample from the year with normal precipitation.
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Figure 5.10. Saccharomyces cerevisiae grown in drought year (2012) switchgrass hydrolysates showed
significantly reduced or delayed CO: production compared to when it was grown in 2010 switchgrass
hydrolysates from a year with normal precipitation. Each graph represents a separate batch of
hydrolysate and each column represents paired replicates that were fermented in the same
respirometer experiment.

5.4 Discussion

Feedstocks across multiple plots and locations need to be studied to correlate the effects
of environmental factors on biofuel production. The high throughput required for such
studies led to the need for a field-to-fuel research pipeline, combining pretreatment,
enzymatic hydrolysis, and fermentation. For biomass pretreatment, we previously
designed and constructed a customized system that can AFEX pretreat as little as 25 g of
biomass [77]. The ability to process biomass in smaller quantities under process
conditions that are similar to the previously used Parr reactor system [20], makes the
custom reactor suitable for the field-to-fuel research pipeline. The glucose and xylose
concentrations after enzymatic hydrolysis for the AFEX pretreated biomass using the
customized system are comparable to the results obtained for the biomass processed in
the 5-gallon Parr reactor system [24, 77]. The 2010 and 2012 harvested switchgrass that
were used for the final validation (Error! Reference source not found.) were pretreated in
these custom AFEX reactors.

While several methods for enzymatic hydrolysis have been developed, they are less
amenable for high solids loading with limited biomass quantity. High viscosity, product
inhibition, low water availability, accumulation of oligosaccharides and inhibition of
enzyme adsorption are some of the most important reasons for low sugar conversion
during enzymatic hydrolysis of lignocellulosic biomass at high solids loading, especially
in stirred tank reactors and laboratory scale shake flask reactors [290, 291, 311].
Horizontal bioreactors have achieved faster liquefaction through effective mixing of
substrate and enzymes, which was evident through the drastic decrease in viscosity at
high solids loading when compared to shake flask [117, 312]. A 2L horizontal bioreactor
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designed for high solid loadings has shown enhanced biomass liquefaction and glucose
yields up to 97.99% for 25% and 30% w/v solids loading, which is comparable to our
results 94.6% glucose yield obtained for the roller bottle method at 6% glucan loading
[292]. Lower efficiency enzymatic hydrolysis leads to lower volumes of hydrolysate and
final products after microbial fermentation [303]. Liquefaction during high solids
enzymatic saccharification has been a predominant method to evaluate the deconstruction
of lignocellulosic biomass. Horizontal mixing in the roller bottle method has been shown
to overcome the liquefaction problem in shake flasks at high solids loading, increasing
sugar conversion and liquefaction, while generating hydrolysates with similar sugar
composition. A previously studied 1.7 L horizontal rotating reactor at 25% w/w solids
loading for steam pretreated corn stover was able to provide 20% higher saccharification
when compared to a vertical stirred tank reactor [293]. In our study, liquefaction was
about 45% higher for the roller bottle method than the shake flask method, consistently
producing higher volumes of fermentable hydrolysates from AFEX pretreated biomass.
One alternative route for improved hydrolysis performance in shake flasks is to load
samples in fed batch. However, our process follows a strict protocol to maintain aseptic
conditions and prevent microbial contamination, as has been observed to be an issue in
other studies [300]. Fed batch addition of biomass is incompatible with these methods,
and for this reason, we were not able to use a fed batch approach.

The effect of solids loading on enzymatic hydrolysis on the hydrolysate composition
were compared for corn stover at 6% and 9% glucan loading (19% and 28% w/w solids
loading) during process optimization. Our results (Figure 5.3A, 5.3B) are consistent with
a previous work on dilute acid pretreated corn stover loaded at 5%, 10% and 15% w/w
solids loading, where the highest glucan conversion was observed for 5% solids loading
[295]. Similarly, for an increase in solids loading from 2% to 5% for steam pretreated
softwood resulted in a 16% decreasing of carbohydrate conversion [313]. Glucose
conversions are known to decrease with increasing solids loading [100]. This is attributed
to both end product inhibition of enzymes and accumulation of oligosaccharides at high
solids loading [115, 311]. We observed that liquefaction and sugar release was higher for
6% glucan loading compared to 9% glucan loading. The availability of initial free liquid
at the beginning of the enzymatic hydrolysis could account for the better liquefaction at
6% glucan loading. For 9% glucan loading, the water added to the pretreated biomass
was absorbed completely by the biomass and consequently, no initial free liquid was
available, which may have caused slower deconstruction of the pretreated biomass, as
seen elsewhere [104, 108].
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Figure 5.11. Process flowchart for the field-to-fuel platform including small scale AFEX
pretreatment, roller bottle enzymatic hydrolysis and respirometer fermentation using S. cerevisiae
and Z. mobilis. Created with BioRender.com.

A major goal of our platform (Figure 5.11) is to rapidly compare environmentally-
challenged feedstock samples to determine the impact on fermentation compared to the
general population, and use this to identify contributing biomass environmental,
agronomic, or genetic factors. While ethanol is the desired product, it is challenging to
monitor ethanol concentrations at informative time resolution from low culture volumes.
Using CO2 production as a surrogate for ethanol production is one way to monitor
fermentation progress real-time, while avoiding issues with sampling and disturbing the
fermentation process. Our research pipeline showed some correlation between final
ethanol titer and maximum COz2 production in fermentations of multiple feedstocks, and
accurately represent differences in growth and fermentation across paired samples,
particularly when inhibitory hydrolysates are compared (e.g., 2012 drought versus 2010
normal year switchgrass). When comparing the fermentability of hydrolysates generated
using the roller bottle and shake flask methods, in general, the shake flask hydrolysates
were more inhibited based on the longer time required to reach exponential CO2
production and lower final cell density, and some samples were unable to fully utilize all
of the glucose by the end of the ~40 hr fermentation period. Though slower, the
fermentations using the shake flask hydrolysates tended to have greater CO2 and ethanol
production compared to their paired roller bottle hydrolysates. Interestingly, the xylose
consumption was also lower in the shake flask hydrolysates, which is opposite the trend
observed for diverse feedstocks, where greater xylose consumption tends to correlate
with a higher process ethanol yield [24, 314]. The process ethanol yield for diverse
feedstocks were similar with a few exceptions for the roller bottle hydrolysates, which is
the same trend as observed in the previous study, in which the hydrolysates were
generated in a 3 L Applikon ez-control bioreactor system (Applikon Biotechnology,
Foster City, CA, USA) [24]. Ultimately, by using our small-scale pretreatment, roller
bottle enzymatic hydrolysis at optimal conditions, and monitoring CO2 production during
fermentation, we were able to replicate the results previously observed [20] showing
significant, replicated inhibition of drought year switchgrass with respect to the control
switchgrass. Inhibitory hydrolysates could be targeted for more detailed analysis, such as
chemical genomics studies [315, 316] or scaled up experiments in bioreactors. Therefore,
the field-to-fuel research pipeline can be used to compare multiple samples from across
the field for statistical confidence.
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5.5 Conclusion

This study has demonstrated that the roller bottle system is able to better overcome the
major bottlenecks of poor mixing, inadequate availability of water and viscous nature of
pretreated biomass compared to the shake flask method, for a variety of grass-based
AFEX-pretreated feedstocks [109]. When the entire field-to-fuel platform was used,
combining moderate scale pretreatment, roller bottle enzymatic hydrolysis, and
respirometer fermentation, we were able to replicate the fermentation differences from
limited volumes of hydrolysates from 2012 switchgrass grown in a drought year
compared to 2010 switchgrass grown under normal precipitation. This method can be
utilized to compare an array of feedstocks and different process conditions.
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6 CONCLUSION

6.1 Microfluidic imaging reactor (Chapter Error!
Reference source not found.)

Pretreatment and enzymatic hydrolysis of a thin corn stem section were successfully
visualized using CLSM at different time points with a custom microfluidic imaging
reactor constructed using photolithographic techniques. Sufficient pretreatment
supernatants and hydrolysates were obtained to evaluate sugar release during the
experiments. The parenchyma cells were more susceptible to degradation than the cell
types in the vascular bundles during both acid and alkali pretreatment. The protoxylem
cell walls were the most resistant, remaining intact after 48 hours of enzymatic hydrolysis
after all the other cell types had disintegrated. Arabinoxylan localization using LM11
monoclonal antibody indicated a uniform removal of hemicellulose for all cell types
following dilute acid pretreatment and indicates the compatibility of the imaging reactor
with antibody labeling. Some of the limitations of the reactor are that it cannot be
pressurized, the temperature is limited to 100 °C, and once contained in the reactor, the
solid biomass is inaccessible for further characterization. However, in spite of these
limitations, the reactor is able to successfully evaluate the same plant material through all
stages of pretreatment and enzymatic hydrolysis and provide valuable insights into tissue-
specific degradation during bioenergy production. The PDMS imaging reactor could be
used to evaluate a range of feedstocks and process conditions.

6.2 Wheat straw (Chapter Error! Reference source not
found.)

The microfluidic imaging reactor described in Chapter 3 was utilized to investigate the
difference in digestibility based on the stem solidness trait for three wheat straw cultivars
with hollow (McNeal), semisolid (Vida), and solid (Choteau) stems. Changes in lignin
autofluorescence during dilute acid and dilute alkali pretreatment indicated that the
McNeal and Vida samples were more resistant to pretreatment than the pith region of
Choteau samples. The pith parenchyma cells of the Choteau sample had the least residual
lignin fluorescence after 45 min pretreatment. Further, during enzymatic hydrolysis, the
Choteau (solid) stemmed sample had significantly higher glucose and xylose conversion
than the McNeal (hollow) and Vida (semisolid) samples. From the brightfield images
during enzymatic hydrolysis, the pith-parenchyma cells of the Choteau (solid) sample
were the most susceptible to enzymatic hydrolysis after both acid and alkali pretreatment,
degrading completely within 48 hours. Therefore, the imaging reactor approach was
successful in evaluating the tissue-specific differences in wheat straw digestibility. Due to
their higher digestibility, solid-stemmed wheat straw cultivars would be more valuable as
biorefinery feedstocks compared to hollow-stemmed cultivars. Additionally, engineering
a solid-stemmed phenotype into hollow-stemmed feedstocks like switchgrass, could be
one approach to improve their utility as a bioenergy feedstock.
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6.3 Roller bottle enzymatic hydrolysis (Chapter 5)

The roller bottle enzymatic hydrolysis system that utilized horizontal mixing for high
solids enzymatic hydrolysis achieved improved mixing and saccharification compared to
the conventional shake flask method. The method also achieved a higher sample
throughput, enabling simultaneous processing of 36 samples on three laboratory scale
roller apparatuses in a smaller equipment footprint. Ultimately, this study demonstrated
that the roller bottle system is more effective than the shake flask method in overcoming
the major high solids loading bottlenecks of poor mixing, inadequate availability of water
and viscous nature of pretreated biomass, for a variety of grass-based feedstocks [109].
When fermentation was evaluated real-time using a respirometer, inhibitory feedstocks
could be quickly identified from roller bottle or shake flask experiments based on lag
time (time to maximum COz evolution rate) and extent of fermentation (maximum
volume of CO:z released). This method can be utilized to compare an array of feedstocks,
pretreatment methods, enzyme combinations and different process conditions.
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7 FUTURE WORK
7.1 Microfluidic imaging reactor (Chapter 3)

Based on the results from Chapter 3, it was evident that lignin autofluorescence intensity
decreases during acid and alkali pretreatment. Several studies have reported using
fluorescence lifetime of lignin to evaluate pretreatment [170, 173, 175, 317].
Fluorescence lifetime varies among the different cell wall layers. Fluorescence lifetime is
independent of fluorescence intensity and fluorophore concentration [318, 319] and is
influenced by the structure, composition, and the interactions between the fluorophore
and its surrounding molecules [170]. Fluorescence lifetime microscopy (FLIM) is usually
performed using a fluorescence microscope equipped with a FLIM detector. Several
previous studies have used FLIM to characterize G-type and S-type lignin in poplar, pine,
Arabidopsis thaliana [174, 320, 321]. It would be beneficial to perform time lapsed
imaging of pretreatment with fluorescence lifetime imaging to identify the changes in
lignin structure during pretreatment.

The CLSM results of the imaging reactor validates its suitability to perform imaging on
thin whole sections of biomass during deconstruction. Confocal Raman microscopy
(CRM) has been used to conduct label-free characterization of the various chemicals in
the biomass during deconstruction (as described in Error! Reference source not
found.). We conducted some preliminary experiments at the Idaho National laboratory to
test the feasibility of using the imaging reactor for CRM, however, lignin
autofluorescence was a major hindrance. CRM has long acquisition times for samples
even thin samples (~2 um) [322]. Thicker samples led to an increase in acquisition times.
Based on literature, photobleaching and surface enhancement with colloidal gold were
attempted to reduce acquisition times [323, 324]. It would be beneficial to develop a
surface enhanced confocal Raman microscopy method for biomass characterization with
optimized parameters for colloidal gold concentration, sample thickness and the size of
the gold particles.

7.2 Wheat straw (Chapter 4)

The results from Chapter 4 indicate a higher digestibility of the pith parenchyma cells in
the solid-stemmed Choteau sample. However, the rind region remained unhydrolyzed
even after 72 hours. It might be useful to determine the hemicellulose distribution of the
Choteau sample for better understanding of the deconstruction in the rind region. We
have already established the feasibility of immunolabeling using monoclonal antibodies
within the imaging reactor. Wheat straw hemicellulose is predominantly made of
arabinose and xylose. Previous studies have used antibodies specific to xyloglucan
(LM15), arabinoxylan (LM10, LM11), methylesterified homogalacturonan (LM19),
arabinogalactan proteins (LM2), and feruloylated arbinoxylan (LM12) [325, 326]. This
could help in understanding hemicellulose changes during different pretreatment methods
and could be used to help better understand the mechanisms underlying recalcitrance of
the rind region.

&9



7.3 Roller bottle enzymatic hydrolysis (Chapter 5)

Based on the results from Chapter 5, the horizontal mixing method facilitated faster
liquefaction and improved saccharification up to 50% higher than the conventional shake
flask method. One of the most time-consuming steps in conducting the enzymatic
hydrolysis experiments is the pH adjustment of the hydrolysates. Manually adding the
sodium hydroxide or phosphoric acid to each sample with regular pH monitoring can take
up to 5-10 min per sample, which is almost 2-3 hours for 40 samples. The use of robotic
platforms for reagent addition has been used in high throughput pretreatment and
enzymatic hydrolysis studies [327, 328]. These techniques could be useful for the roller
bottle enzymatic hydrolysis method to reduce the post-processing time of the hydrolysate
and also increase the throughput further, if necessary.
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9 SUPPLEMENTARY INFORMATION
9.1 Imaging reactor

Table 9.1-1. Composition of untreated, dry biomass and the residual biomass after dilute acid and

dilute alkali pretreatment. Values are reported as mean + S.D, n=3.

Untreated

(mg/g untreated dry

biomass)

Dilute acid

biomass)

Dilute alkali

(mg/g untreated dry (mg/g untreated dry

biomass)

Crystalline cellulose

Glucose
Xylose
Arabinose
Galactose
Mannose
Rhamnose

Fucose

523.01 +17.34

44.18 £ 0.55

297.12 + 0.88

19.23 £0.01

4.62 £0.03

1.29 +0.03

1.35+0.01

0.12 +0.00

413.47 £ 16.15

40.61 +2.01

328.25+3.42

37.12+£0.26

7.38 £0.12

1.01 £ 0.04

1.65 +0.06

0.28 £0.02

496.53 £ 26.16

51.68 +1.64

298.88 £4.72

47.05+1.82

11.80 £0.52

2.42+£0.04

2.73 +£0.04

0.50 +0.02

Table 9.1-2. Composition of pretreatment supernatant at different time points of dilute acid and

dilute alkali pretreatment. Values are reported as mean + S.D, n=2.

Dilute acid pretreatment supernatant

Dilute alkali pretreatment supernatant

composition (g/L) composition (g/L)
15 min 30 min 45 min 15 min 30 min 45 min

Acetate 0 0.12£0.02 0 0.28 £0.001 0 0

Ethanol  0.27 £ 0.005 0.10 = 0.002 0.08 £ 0.002 0 0.21 £ 0.004 0

Glucose  0.01 £0.0002 0 0 0 0 0

Glycerol 0 0.10 +0.0002 0 0.13 £0.003 0.15+0.003 0.22 +0.004
Lactate 0 0 0 0.05 +0.001 0.08 +0.002 0.34 £0.007
Pyruvate  0.23 + 0.005 0.19 = 0.004 0 0.25+0.005 0.54 +0.011 0.53+0.011
SC:HObiO 0 0 0 0.02£0.0001  0.07+0.001  0.01 +0.0002
Xylose 0 0.13£0.003 0.12 £ 0.002 0.09 = 0.002 0 0
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Xylitol gg(l)éli 0.03 +0.001 0.01 £0.0002 | 0.01 £0.0002  0.01 £0.0002  0.02 = 0.0004

Table 9.1-3. Hydrolysate concentration was analyzed using HPLC at different time points during the
enzymatic hydrolysis of the pretreated samples. Values are reported as mean + S.D. n=2.

Dilute acid hydrolysate composition (g/L)
15 min 30 min 4 hr 8 hr 12 hr 24 hr 48 hr

Acetate 0.1575 0.1115+ 0.0907 + 0.0669 + 0.1122 +

0.0001 0.0000 0.0001 0.0000 0.0001 0 0
Ethanol 0.0292 + 02177 + 0.2143 = 0.0844 + 0.2592 + 0.1727 +
0.0001 0.0001 0.0001 0 0.0002 0.0001 0.0001

Glucose 1.2574 + 1.2857 + 1.7676 £ 0.3229 0.0079 +

0.000 0.0000 0.0000 0.0000 0.0000 0 0
Glycerol 0.0231 = 0.0496 + 0.0192 + 0.074 + 0.0949 + 0.0948 +
0.0000 0.0001 0.0000 0 0.0002 0.0000 0.0000

Lactate 0.0246 + 0.0227 +

0.0000 0.0000 0 0 0 0 0
Pyruvate 0.1717 + 0.1877 +
0 0 0 0 0.0000 0.0001 0

Cellobiose 0.6764 + 0.6665 £ 1.2321 £ 0.1851 +

0.0000 0.0000 0.0001 0.0000 0 0 0
Xylose 0.6318 + 0.5962 + 1.0167 + 0.1111 =+ 0.0132 + 0.1109 +

0.0000 0.0001 0.0000 0.0001 0.0001 0 0.0002
Xylitol 0.0037 + 0.0069 + 0.0381 + 0.0548 + 0.0143 =

0.0000 0 0.0002 0 0.0000 0.0000 0.0001

Dilute alkali hydrolysate composition (g/L)

15 min 30 min 4 hr 8 hr 12 hr 24 hr 48 hr

Acetate 0.0427 + 0.3085 =+ 0.2963 + 0.3847 + 0.0475 +

0.0001 0.0000 0.0001 0.0001 0 0.0001 0
Ethanol 0.0496 + 0.3396 + 0.1425 + 0.0634 + 0.0248 +

0.0000 0.0001 0.0001 0 0 0.0002 0.00001
Glucose 1.4803 + 1.3045 +

0 0 0 0 0.0002 0.0002 0
Glycerol 0.1435 + 0.1256 + 0.1835 + 0.0376 +

0 0.0000 0.0001 0.0000 0 0.0000 0
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Lactate 0.0687 + 0.0706 + 0.066 +

0 0.0001 0.0000 0.0000 0 0 0
Pyruvate 0.011 = 0.0193 + 0.1141 =+
0 0.0000 0.0000 0.0000 0 0 0

Cellobiose  0.0176 0.0152 + 0.0146 + 0.0152 + 0.8282 + 0.7088 +

0.0000 0.0001 0.0001 0.0000 0.0002 0.0001 0
Xylose 0.0526 + 0.0171 £ 0.7422 + 0.6044 +
0 0.0001 0.0000 0 0.0000 0.0001 0
Xylitol 0.028 + 0.0282 + 0.0519
0 0.0001 0.0000 +0.0001 0 0 0
Untreated 15 min 30 min 45 min
3 W - % T i 2 \ e . @ o

Figure 9.1. Vascular bundles in the rind (A-D) and pith (E-H) regions did not show any significant

structural changes after dilute acid pretreatment after 15 min (B, F), 30 min (C, G), and 45 min (D,

H). Dilute acid pretreatment was performed on a 60 pm thick corn stem section using 1 M sulfuric
acid at 100 °C.
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Figure 9.2. Different cell types in the rind (A-D) and pith (E-H) showed variation in initial
fluorescence followed by rapid loss of fluorescence signals during the first 15 min of dilute alkali
pretreatment using 62.5 mM NaOH.

Untreated | g

Figure 9.3. (A-D) CLSM images of a vascular bundle of corn stem in the rind region with
immunolabeling for arabinoxylan using LM11 monoclonal antibody and Alexa Fluor 568 secondary
antibody for untreated, 15 min, 30 min, and 45 min dilute acid pretreated samples. (E-F) CLSM
images of a vascular bundle in the pith region with immunolabeling for arabinoxylan using LM11
monoclonal antibody and Alexa Fluor 568 secondary antibody for untreated, 15 min, 30 min, and 45
min dilute acid pretreated samples. The samples were excited using a 559 nm laser and with emission
at 580-620 nm. The different cell types, including parenchyma (Pa), sclerenchyma (Sc), metaxylem
(Me), and protoxylem (Pr) were selected as regions of interest (ROI) to quantify changes in the LM11
binding across the various samples.
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Figure 9.4. Different cell types in the rind (A-D) and pith (E-H) did not show much variation in the
LM11 fluorescence signals in the untreated samples, while there was a gradual loss of LM11
fluorescence signals for all cell types in the 15 min, 30 min, and 45 min dilute acid pretreated
samples.
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9.2 Roller bottle

Table 9.2-1. Untreated feedstock composition for different types of cellulosic biomass.

Feedstock 2008 2014 2010 2012 2014 2014

composition Corn Sorghum Switchgrass | Switchgrass | Miscanthus | Restored
stover prairie (RP)
(CS) (SOR) (SG) (SG) (MSC)

Total 59.15 +|6137+0.15 | 60.41+0.18 | 53.70+0.39 | 65.99+0.17 | 61.93 +

structural 0.28 0.51

sugars

Glucan 3447 +|37.19+0.12 | 34.86+0.11 | 30.35+0.39 | 41.28+0.11 | 36.97 +
0.16 0.48

Xylan 20.17 +£]20.54+£0.06 | 21.60+£0.13 | 18.98+0.04 | 21.39+0.11 | 20.40 +
0.23 0.15

Galactan 290 £]091+0.01 1.48+0.03 1.62+0.03 1.09+£0.03 | 1.45+0.06
0.03

Arabinan 1.61 +£|183+£0.03 |247+0.03 2.76 £0.01 2.17+£0.05 | 2.05+0.03
0.04

Mannan NM* 0.9+0.08 NM* ND* 0.05+0.0 1.06 +0.05

Acetyl groups | 2.60  + | 2.50+0.11 2.58+0.11 2.15+£0.06 2.24+0.03 | 2.63+0.03
0.10

Lignin 13.79 £ 16.18£0.17 | 18.59+£0.11 | 15.38+0.06 | 20.13+0.54 | 18.98 +
0.27 0.34

Acid insoluble | 12.45 + | 1521+0.17 | 17.87+0.10 | 1431+£0.06 | 19.12+0.54 | 17.86 +

lignin (Klason | 0.05 0.34

lignin)

Acid soluble | 1.35 £ | 0.97+0.02 | 0.73+0.03 1.07 £ 0.01 1.01+0.01 1.12+£0.03

lignin 0.26

Protein 372 +£|287+0.15 | 3.19+0.09 4.65+0.08 |2.54+£0.09 |3.19+0.11
0.03

Ash 628 +£|527+0.05 |556+0.16 547+0.08 |3.98+0.09 |545+0.10
0.17

Total 19.04 <+ | 1853+£0.11 | 1490+£0.26 | 22.14+0.21 | 8.74+0.07 | 11.34 +

extractives 0.16 0.13
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* NM= not measured

**ND= not detected

Table 9.2-2. Summary of Saccharomyces cerevisiae Y945 fermentation results. Values are

reported as the mean + s.d. (n=3 or 4).

2008CS  2010SG  2012SG 2014 MG  2014RP 2014 SO

Roller Bottle
Final OD 51£04  41+£03  61+05  53+14 50+£00  54+0.1
(Go/l()‘)‘c"se Consumption 100 + 0.0 100£0  99.9+0.3 100 + 0 100 + 0 100+ 0
Xylose Consumption (%) 27.1+2.4 382+55 39.6+142 446+168 351+£2.5 51.1+242
gl/‘i")ose Consumption 604+08 492+62  458+0.6  462+2.6 468+23  53.6+6.6
@BSG Consumption 79408  133+28  11.5+42 124+38 1L1+11 153+74
Ethanol Produced (g/L) 276+14 219+18 250+21 223+1.8 220404 258+34
g;j’)gess Ethanol Yield 60.7+39  51.8+93  654+48 59.0+84 551+14 6124103
?gﬁf;fbdic Ethanol Yield * 794450 6982139 855532  745+57 74731 742293
gﬁz’éﬁgﬁﬁsgng 1.6 +0.1 17402  2.0+03 14+0.1 17403 1.8+03
gncl%tzopﬁi‘ﬁénﬁl;? (ii‘)te 170472 102+£08  27.6£50 10916 94+01  10.1%15
I,lonlfr;‘; %ffr‘;‘imum 362+6.1  278+88  42.6+05 29.6+134  257+0 352+87
m‘;ﬁﬁigﬁgg ?rtnL) 359443  341+08 320497 253+72 272+47 29.9+34
?ﬁfﬁ‘;m“m €Oz Volume 539+46  50.1+27 477+102  404+77 37.8+35 524+12.0

Shake Flask
Final OD 3.6+22 5406  31+22 49403 47+03  58+17
Glucose Consumption 7514499  100£0.0 60.6+439  100£0.0 100£0.0  100+0.0

(%0)
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Xylose Consumption (%) 8.6+115 27.0+8.0 -3.6+£5.1 219+6.6 37.7+42 23.1+123

Glucose Consumption

(g/L) 47.9+32.0 482+2.0 28.5+20.7 53.6+0.8 445+0.7 559+0.5

Xylose Consumption

3.0+3.9 9.1+28  -12+17 75423 11.5+1.1 7.6+4.0
(g/L)

Ethanol Produced (g/L) 24.1+16.2 273+24 154+10.7 282+13 25612 299+24

5,2")3655 Ethanol Yield 48.6+323  654+42 379+262  632+35 669+41  658+56
Metabolic Ethanol Yield o) o\ 4y 1 934232 5.6+ 609173 896437 921425
(%)} 12.8

Maximum Rate of CO2

Production (L /) 13406 1.9+0.1 1.4+0.6 1.6+0.1 1.8+03 17404

Time to Maximum Rate
of CO» Production (hr) 17.8+15.5 122+2.5 42.0+£0.0 19.5+3.6 11.3+1.5 11.6+1.5
Time to Maximum

282 +13.9 357+54 42.6+0.5 359+58 357+55 31.6+5.1
Volume (hr)
Volume of CO at 3304215 373+30 268+157 331435 344+14 342+42
Maximum Rate (mL)
Maximum COz Volume

(mL) 492 +£31.5 563+0.1 295+173 50.0+59 51.9+9.1 56.7+122

The metabolic yield is the ratio of sugars (glucose and xylose) consumed during fermentation to ethanol
produced assuming 0.51 g ethanol/g sugars as the theoretical maximum.

SThe process yield is the ratio of sugars initially present in the hydrolysate (glucose and xylose) to ethanol
produced assuming 0.51 g ethanol/g sugars as the theoretical maximum.
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Table 9.2-3. Summary of Zymomonas mobilis 2032 fermentation results. Values are reported
as the mean = s.d. (n=3 or 4).

2008 CS 2010 SG 2012 SG 2014 MG 2014 RP 2014 SO

Roller Bottle
Final OD 27+1.4 3.0+£0.2 29+0.6 33+0.5 38+0.3 34+£0.5

(Go/lo‘)‘c"se Consumption 785+43.0  100£0.0  100+0.0 10000 100£0.0 100 0.0

Xylose Consumption (%)  51.0 +32.8 90.1+4.8 754+20.0 81.7+10.1 86.7+0.5 81.8+£23

Glucose Consumption

(2/L) 474+259 492+6.2 458+0.8 455+25 46.8+23 53.6+£6.6

Xylose Consumption

(2/L) 14.7+9.4 314+44 21.8+5.6 22.7+42 274+0.7 243+33

Ethanol Produced (g/L) 26.1+16.7 31.8+£0.5 30.0+2.2 293+3.0 332+04 32.0+0.8

?,2")?55 Ethanol Yield 574+£37.0  749+9.1  788+60  784+40 832+25 763+102
?(fif)tfbc’hc Ethanol Yield * 595318 783£109 871209  842+19 §79:25 816+116
Maximum Rate of CO:
Production (uL/hr) 12406  1.8+01  1.7+£06  15+01 19+01  18%0.1
Time to Maximum Rate

of CO Production (hr) 16 +13.2 149+ 4.8 16.3+4.7 21.8+£6.6 11.9+0.1 154+34

Time to Maximum 394439  39.6+47 372491  382+47 362+05  38.6+3.3
Volume (hr)

Volume of CO: at 286+189 359428 360+141 385451 35232  392+50
Maximum Rate (mL)

Maximum CO2 Volume

(mL) 453+27.1 60.1+2.1 558+17.1 532+£59 543+£59 59.0+6.3

Shake Flask
Final OD 22+1.1 28+04 3.0+0.3 26+1.0 3.6+0.5 33+0.7

(Go/lo‘)‘c"se Consumption 73.6+45.7 100£0.0  100+£0.0 755+407 100£0.0  100+0.0
Xylose Consumption (%)  35.0+223  768+10  72.1+35 234426 859+22 62.5+124

Glucose Consumption

(2/L) 46.5£28.5 482+2.0 475+0.8 403+21.5 445+0.7 559+0.5
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@Bse Consumption 115+7.1 258+3.6 238+14 79+88 263+1.1  20.6+37

Ethanol Produced (g/L) 27.5+19.3 35.7+2.1 353+£03 24.1+142 345+2.1 374+3.0

5,2")?55 Ethanol Yield 562+39.9  857+25  861+18 542+321 90.0+52  82.5+6.8
?(ff)?b(’l“’ Ethanol Yield * ¢/ 51209  048+28 972531  967£45 955447 958424
Maximum Rate of COz

Production (uL/hr) 1.1+£0.4 1.6+ 0.2 1.5+0.3 1.3+£04 1.9+0.1 1.6 0.1

Time to Maximum Rate
of CO Production (hr) 16.3 +14.0 17.9+5.0 19.1+£5.7 37.7+7.0 185+25 18.8+6.9
Time to Maximum

426+ 0.4 414 +2.1 423+1.0 426+03 419+04 42.1+0.3
Volume (hr)
Volume of CO; at 303+249  40.6+13  345+43 360+104 41.0+42  39.6+4.1
Maximum Rate (mL)

Maximum CO2 Volume

(mL) 51.7 +30.7 64.7+2.0 57.0+£9.1 4324179 62.3+42 64.2+5.0

The metabolic yield is the ratio of sugars (glucose and xylose) consumed during fermentation to ethanol
produced assuming 0.51 g ethanol/g sugars as the theoretical maximum.

SThe process yield is the ratio of sugars initially present in the hydrolysate (glucose and xylose) to ethanol
produced assuming 0.51 g ethanol/g sugars as the theoretical maximum.
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Figure 9.5. Roller Bottle and shake flask hydrolysate composition. Bars represent the average with
error bars as = standard deviation.
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Figure 9.6. Clustered correlation matrix for Z. mobilis 2032 fermentation data and hydrolysate
composition (red text labels). The plot was generated using the corrplot package in R with hclust
(hierarchical clustering order). The size and color correspond to the direction and magnitude of the
correlation. Correlations that were insignificant (p < 0.05) were not plotted.
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