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ABSTRACT 

C. Chad Lloyd: Linking the enzymatic repertoire of heterotrophic bacteria to community composition,
carbohydrate inventories, and physical oceanography in the western North Atlantic 

(Under the direction of Carol Arnosti) 

The balance of carbon between the atmosphere and ocean—which ultimately impacts the Earth’s 

climate—is dependent upon the production of organic matter by algae and its fate after being processed 

by heterotrophic microorganisms. In fact, heterotrophic bacteria—which can be particle-associated or 

free-living—are responsible for processing an estimated half of the organic matter that phytoplankton 

synthesize in the surface ocean. A large proportion of this organic matter is in the form of 

polysaccharides, or structurally complex, high molecular weight sugars. To transform this complex 

organic matter, microbes must produce enzymes of the correct structural specificity to transform it to 

smaller pieces that can be brought into the cell. The extent and rates to which bacteria can hydrolyze 

organic matter determines how much carbon is transformed for a given microbial community. Because 

microbial community composition differs with location and depth in the ocean, quantifying the enzymatic 

activities and complexity of organic matter at different stations and depths is essential to measuring 

patterns in microbial functional capabilities. Links between microbial community composition, their 

enzymatic function, and the structural complexity of the organic matter that they process are only 

beginning to be established. This dissertation focuses on characterizing the hydrolysis rates and substrate 

specificities of extracellular enzymes from three cruises in the western North Atlantic, leading to insights 

into the way the structural complexity of organic matter may be linked to differences in measured 

activities. We found that 1) bacteria on particles have an enhanced capability to degrade organic matter; 

2) regional patterns of polysaccharide hydrolase activities could be driven by the physical oceanography

of the region; and 3) the structural complexity of polysaccharides differed considerably by location, even 

though their monosaccharide building blocks were similar. The data and findings presented here highlight 
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the extent to which microbial community composition and function, the structural complexity of organic 

matter, and the physical oceanography of the western North Atlantic are interwoven and contribute to the 

overall transformation of carbon in the ocean.
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INTRODUCTION 
 

 

Background 

Carbon is an essential element to life. As carbon flows through ocean ecosystems, it is constantly 

interchanging between its organic and inorganic forms with the help of microbial organisms; carbon 

cycling in the ocean involves the conversion of carbon dioxide to organic matter (OM) and vice versa. 

Two key players in the marine carbon cycle are: 1) phytoplankton, who synthesize organic matter from 

carbon dioxide in the surface ocean, drawing it out of the atmosphere (Redfield, 1958; Falkowski, 2012); 

and 2) heterotrophic microorganisms, who help respire an estimated 50% of the organic matter that 

phytoplankton produce back into carbon dioxide (Azam et al., 1983; Boyd et al., 1999; Azam and 

Malfatti, 2007), in different areas of the ocean. The extent to which algae and heterotrophic organisms 

exchange carbon between its organic and inorganic forms therefore helps determine the balance of carbon 

between the atmosphere and the ocean. 

Polysaccharides—high molecular weight carbohydrates—constitute a large fraction of 

phytoplankton biomass (Wakeham et al. 1997; Hedges et al. 2001). However, polysaccharides are too 

large for bacteria to take up directly to use as energy sources; therefore, bacteria require the use of 

extracellular enzymes to initially hydrolyze organic matter to sizes that can be taken into the cell (Weiss 

et al., 1991). These extracellular enzymes are highly specific (Arnosti, 2003), and bacteria often need 

more than one enzyme to fully use a single substrate (Berlemnot and Martiny, 2016). Some 

polysaccharides are very complex and may take hundreds of enzymes to fully degrade (Sichert et al., 

2020). Therefore, the structural complexity of the organic matter—as well as the ability for bacteria to 

produce a wide array of enzymes—ultimately determines the fate of much of the organic matter in the 

ocean.  
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Efforts to determine the enzymatic complement of specific microbes—and of complex 

communities—have made considerable progress in recent decades. With the increase in availability and 

decrease in cost of ‘omics approaches, many studies have been able to infer the genetic potential to 

produce specific proteins from genes or transcripts and to link them statistically to physical factors such 

as depth in the ocean (DeLong et al., 2006; Mende et al., 2017; Zhao et al., 2020). Most notably, the use 

of the carbohydrate active enzymes (CAZymes) database to infer the enzymatic potential of a given 

community has provided insight into the manner in which a microbial community can transform carbon in 

a system (Lombard et al., 2014). However, these approaches do not measure the hydrolytic rates at which 

an enzyme operates, and these data are essential to understanding how much carbon is being transformed 

by communities. Some studies of enzyme activities in natural environments measure rates using small 

substrate proxies linked to fluorophores, which upon cleavage produce a fluorescent signal (Hoppe, 1983; 

Obayashi and Suzuki, 2005). However, these substrates do not provide insight into hydrolysis rates of 

more complex organic matter, such as polysaccharides, because they do not measure the activities of 

enzymes that cleave substrates mid-chain (Arnosti, 2011).  

This dissertation focuses on filling in some of these gaps by measuring polysaccharide hydrolase 

rates, using fluorescently labeled polysaccharides, at different stations and depths within the western 

North Atlantic, which includes a seasonally highly productive region of the world’s oceans. The 

fluorescently labeled polysaccharides integrate the activities of endo-acting (mid-chain cleaving) and exo-

acting (terminal unit cleaving) enzymes that hydrolyze specific structures. The activities of enzymes that 

hydrolyze specific polysaccharides can therefore be compared across sites and depths, and investigated in 

the context of microbial communities and physical conditions of ocean waters, as outlined below. 
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Project Research Goals 

1. Examine the role that particle-associated bacteria play in the cycling of marine organic matter, 

specifically with regards to their enzymatic capabilities in the bathypelagic ocean. 

2. Investigate regional patterns of enzymatic activity in the western North Atlantic, and how these 

patterns may be influenced by plankton communities in those regions. 

3. Determine the relation between the biochemical composition of organic matter and the functional 

capabilities of microbial communities. 

 

Chapter 1 – The role of particle-associated bacteria in particle degradation 

Organic matter spans a continuum in time and space that is constantly changing throughout the 

ocean. Organic matter also spans a size range from dissolved (DOM) to large particles and fecal pellets 

(i.e., particulate organic matter (POM)). Particulate organic matter is comprised of both suspended and 

sinking particles. Sinking particles act as vessels to transport carbon from the upper sunlit ocean to 

bathypelagic depths, where it can be sequestered from hundreds to thousands of years (Volk and Hoffert, 

1985; DeVries et al., 2012). This process, known as the biological carbon pump, is an essential step in the 

removal of carbon out of the atmosphere into the deep ocean. 

Marine bacteria play a role in disrupting the biological pump by remineralizing particulate 

organic matter as it sinks. The rates at which particle-associated versus free-living bacteria degrade 

organic matter therefore help determine the extent to which particles are degraded throughout the water 

column. In the surface ocean, many studies have found high levels of enzymatic activities among particle-

associated microbes (Grossart et al., 2003a,b; Kellogg and Deming, 2014). Particles have been classified 

as ‘hot spots’ of organic matter remineralization (Simon et al., 2002), and can even create ‘food’ for free-

living organisms that feed off the hydrolysis products (Allison 2005) of the particle associated community 

(Smith et al., 1992; Visser and Jackson, 2004). However, not many studies have measured below the 

epipelagic, and only few studies have investigated the mesopelagic (D’Ambrosio et al., 2014; Balmonte et 

al., 2018; Balmonte et al., 2021). 
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Chapter 1 of this dissertation examines the structure and function of particle-associated bacterial 

communities from 12 sites in the western North Atlantic, from the surface ocean to bottom waters. This 

was the first investigation of polysaccharide hydrolase activities from bathypelagic depths, and explored 

the rates and extent that bacteria on particles in the deep ocean transform organic matter. This chapter has 

been published in Frontiers in Microbiology. 

 

Chapter 2 – Regional Patterns of Enzymatic Activity 

The physical oceanography of surface waters in the western North Atlantic is dominated by the 

Gulf Stream flowing northeastward off the tip of Cape Hatteras, juxtaposed by the southward flowing 

mid-Atlantic Bight waters coming down from the Scotian Shelf (Fratantoni and Pickart, 2007; Heidrich 

and Todd, 2020). These currents help drive a significant amount of the water mixing within this region. 

This water mixing can lead to distribution of nutrients, plankton, and other physiochemical parameters 

that impact carbon cycling. The formation of warm core rings, which has increased in the past few 

decades (Gangopadyay et al., 2019), also play a role in mixing of waters in these regions. Despite the 

complex physical oceanography of the region, researchers from the North Atlantic Aerosols and Marine 

Ecosystems Study (NAAMES) field campaign showed that the western North Atlantic can be divided into 

subregions based on its mean dynamic topography (Della Penna and Gaube, 2019). Other studies as part 

of this project revealed that these regions are also separated based on the bacterial (Bolaños et al., 2021) 

and phytoplankton communities (Bolaños et al., 2020).  

The extent to which marine microbially communities degrade polysaccharides also depends on 

environmental factors including latitude (Arnosti et al., 2011; Hoarfrost and Arnosti, 2017; Balmonte et 

al. 2021), depth (Steen et al. 2012; Brown et al. 2022), and water classification (Hoarfrost et al. 2019). 

The interplay among environmental parameters, enzymatic activity, and bacterial community composition 

constrains the rate, nature, and location of organic carbon remineralization. Few other studies (Balmonte 

et al., 2018)  have investigated regional patterns of polysaccharide hydrolase activities with bacterial 

community composition, from epipelagic to bathypelagic waters. Chapter 2 of this dissertation describes 
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the regional patterns of enzymatic activity in the western North Atlantic, with an emphasis on the 

subregional classification of plankton communities present. This chapter is in preparation to soon be 

submitted to Marine Chemistry. 

 

Chapter 3 – Connecting Enzymatic activity and organic matter composition 

The structural complexity of organic matter also impacts the ability of heterotrophic bacteria to 

degrade it (Arnosti et al., 2021). Notably, the structural complexity of a specific polysaccharide scales 

with the number of enzymes needed to fully degrade it (Blight et al., 2022), since each unique linkage 

typically requires a different enzyme. While the rates of enzymatic activity and community composition 

throughout the ocean have been studied, though rarely, even less information on the composition and 

structure of the organic matter is known. Some research has shown that the monosaccharide constituents 

of combined carbohydrates are similar between different regions of the ocean (Aluwihare et al., 1997); 

however, the complex three-dimensional structure of polysaccharides has yet to be uncovered. Recent 

advances in technology have led to the ability to characterize the composition and structure of complex 

carbohydrates (Vidal-Melgosa et al. 2015; Vidal-Melgosa et al., 2021). Chapter 3 of this dissertation 

focuses on the link between organic matter composition, microbial community structure and function, and 

the physical oceanography of the western North Atlantic. This chapter is in preparation to be submitted to 

Biogeosciences. 

The three chapters presented in this dissertation all focus on the role that bacteria play in the 

marine carbon cycle. Links between physical oceanography, the biochemical composition of organic 

matter, enzymatic activities, and bacterial community composition can affect carbon cycling, and the rate 

and extent to which bacterial communities transform carbon between its organic and inorganic forms. The 

data and findings presented in Chapters 1-3 highlight the importance of understanding how these different 

factors are interwoven.
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CHAPTER 1: PARTICLES ACT AS ‘SPECIALTY CENTERS’ WITH EXPANDED 
ENZYMATIC FUNCTION THROUGHOUT THE WATER COLUMN IN THE WESTERN 

NORTH ATLANTIC1 
 

 

Introduction 

The formation and dynamics of particles in the ocean are an important facet of the marine carbon 

cycle. Particles sinking out of the surface ocean drive the biological carbon pump, acting to modulate 

atmospheric CO2 concentrations by removing organic carbon from the epipelagic zone, and redistributing 

carbon, nutrients, and energy to deeper depths (Herndl and Reinthaler, 2013; Turner, 2015). The fate of 

these particles – the extent to which they fuel heterotrophs in the mesopelagic and bathypelagic ocean, as 

well as the fraction of particles that reach the sediments – depends on the nature of the particles, the rates 

at which they sink, and the extent to which they are disrupted, transformed, re-aggregated, and respired in 

the water column (Passow and Carlson, 2012; Boyd et al., 2019). Given the importance of these 

processes, considerable effort has been focused on understanding particle dynamics, measurements of 

sinking flux, investigations of suspended/sinking transitions, and quantification of factors affecting rates 

of transformation and the extent to which particulate organic matter (POM) is remineralized with depth 

(De La Rocha and Passow, 2007; Abramson et al., 2010; Fender et al., 2019).  

Since the fate of POM depends in part on the activities of the heterotrophic microbes that colonize 

the particles, the composition and role of particle-associated (PA) microbial communities has likewise 

been closely examined. Notable differences in the composition of PA and free-living microbial 

communities have been found in both the surface/mesopelagic (DeLong et al., 1993; Salazar et al., 2016; 

 
1Lloyd, C.C., Brown, S.A., Balmonte, J.P., Hoarfrost, A., Ghobrial, S., Arnosti, C. (2022) Particles act as ‘specialty 
centers’ with expanded enzymatic function throughout the water column in the western North Atlantic. Front. Mar 
Sci. 13:882333. Doi: 10.3389/fmicb.2022.882333 
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Valencia et al., 2022) and deep ocean (Eloe et al., 2011). Considerable effort has been devoted to 

characterizing the metabolic capabilities of microbial communities, typically via ‘omics methods that 

indicate the genetic potential for specific metabolic processes. These studies have revealed distinct depth-

stratification of organisms, genes, transcripts, and proteins (Mende et al., 2017; Bergauer et al., 2018); 

important differences in metabolic potential between PA and bulk communities have also been identified 

(Acinas et al., 2021). Understanding the role and function of microbial communities in carbon processing, 

however, also requires measurements of activities to identify the extent to which functional potentials are 

realized in the environment.  

To determine rates of complex processes, a focus on key steps is required. The ability of 

heterotrophic microbes to access POM, for example, depends critically on the enzymatic repertoire of 

community members. HMW organic matter must initially be hydrolyzed by structure-selective 

extracellular enzymes to sizes sufficiently small to transport into the cell. This initial hydrolytic step is the 

gateway to further microbial processing of organic matter (reviewed in Arnosti, 2011). Experimental 

investigations have found high levels of enzymatic activities among PA microbial communities (Smith et 

al., 1992; Grossart et al., 2003a,b; Kellogg and Deming, 2014); particles have been identified as ‘hot 

spots’ of organic matter remineralization (Simon et al., 2002), which can lead to production of dissolved 

organic matter that also fuels free-living organisms in close proximity to particles (Smith et al., 1992; 

Visser and Jackson, 2004).  

Most studies investigating enzymatic function of PA microbial communities, however, have relied 

on a small set of substrate proxies – typically a monomer such as leucine or glucose linked to a 

fluorophore– to characterize enzyme activities (e.g., Grossart et al., 2003a; Kellogg and Deming, 2014). 

When the monomer-fluorophore bond is hydrolyzed, fluorescence increases, providing rapid information 

about the activity of exo-acting (terminal-unit cleaving) enzymes. These small substrate proxies, although 

providing data that can be intercompared among studies, do not reflect the 3D structure of complex 

organic macromolecules, and do not capture the activities of endo-acting (mid-chain cleaving) enzymes 

essential to hydrolysis of complex organic matter. Thus, this approach misses significant functional 
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aspects of microbial extracellular enzymes. Alternative approaches using fluorescently-labelled 

polysaccharides measure the structural specificities and activities of both exo- and endo-acting enzymes, 

and have demonstrated notable differences by substrate, location, and depth in the ocean (Arnosti et al., 

2011; Hoarfrost and Arnosti, 2017; Balmonte et al., 2021). These approaches have also been used in a 

handful of studies to investigate enzyme activities of PA communities (D’Ambrosio et al., 2014; 

Balmonte et al., 2018; 2020; 2021). However, few data are available on the enzymatic activities of PA 

communities in the bathypelagic ocean.  

Given the importance of particles for microbial communities in the bathypelagic ocean (Bergauer et 

al., 2018), where they fuel approximately 90% of bacterial metabolism (Hansell et al., 2009), we 

investigated PA activities and communities at 11 stations in the western North Atlantic, at depths ranging 

from the epipelagic to the bathypelagic ocean. Investigating this depth gradient is particularly important 

since microbial communities and genetic potential differ with depth (DeLong et al., 2006; Mende et al., 

2017; Bergauer et al., 2018), including the genetic potential to produce extracellular enzymes (Zhao et al., 

2020). Since particle source, abundance, and nature vary considerably between nearshore and open ocean 

environments (Lam et al., 2015), we also compared spatial patterns and variability in enzyme function in 

a gradient of coastal and offshore stations. The composition and activities of communities collected via 

gravity filtration (thus including both suspended and sinking particles) were compared with those of the 

whole (unfractionated) water in epipelagic, mesopelagic, and bathypelagic waters, encompassing zones in 

which much of the surface-derived organic matter is reprocessed in the ocean. We assessed the ability of 

microbial communities to enzymatically access complex substrates – focusing on peptides and 

polysaccharides that are characteristic of some of the major constituents of POM (Kharbush et al., 2020) – 

and concurrently characterized the composition of the communities in the PA and bulk fractions from the 

same samples.  
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Materials and Methods 

1.1.1 Stations and water sampling 

Water samples were collected during two cruises aboard the R/V Endeavor in the western North 

Atlantic. Samples were collected at one shelf break and two open ocean stations (Suppl. Table 1.1) 

between April 27-May 2  2015 (cruise EN556), and at 9 stations generally along an E-W transect at 36° 

N, including three shelf- or shelf-break stations and six open ocean stations (EN584; June 29-July 11 

2016, Suppl. Fig. 1.1). In 2016, Stn. 12 was re-occupied 6 days after the first sampling and is noted as 

Stn. 12r. Water was sampled using a Niskin rosette equipped with a Seabird 911+ CTD, which monitored 

depth, temperature, salinity, chlorophyll-a, and oxygen (Suppl. Table 1.1). At Stns. 4, 5, and 8, surface 

and bottom water were collected; at Stns. 10-16, water was collected at the deep chlorophyll maximum, 

oxygen minimum zone (as determined via the oxygen sensor of the CTD, at depths ranging from ca. 645-

900m; Suppl. Table 1.2) and deep water at a depth of 1500 m, except Stn. 10, where subsurface collection 

depths were 300 and 530m, respectively, due to the location of the station; Suppl. Fig. 1.2, Suppl. Table 

1.2. Note that data from the subsurface depths of Stn. 10 was therefore plotted as mesopelagic. Stn. 9 

water was collected only at the surface, as the total water column depth was ~20 m. Seawater was 

transferred from Niskin bottles into 20 L carboys (acid washed and rinsed, then rinsed three times with 

seawater from the sampling depth prior to filling), using silicone tubing that had been acid washed and 

rinsed with distilled water and then with sample water prior to use.   

 

1.1.2 Experimental setup  

1.1.2.1 Seawater sampling and gravity filtration 

Bulk (unfiltered) seawater was taken directly from carboys to measure polysaccharide hydrolase 

activities, peptidase activities, and glucosidase activities, and to determine the composition of microbial 

communities. Particle-associated communities were separated from bulk water by gravity filtration 

through 3um pore-size filter (47-mm diameter, Whatman nucleopore), following Balmonte et al. (2018). 

Three replicate gravity filtration setups were used for each depth at each station to provide sufficient 
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filters for all experiments and analyses. Water was gravity-filtered overnight either in a cold van (4 °C) or 

in the main lab aboard ship (depending on in situ collection temperature, see Suppl. Table 1.2) from a 20 

L carboy, and the volume filtered was recorded (Suppl. Table 1.2). Filters were cut into 12 equal pieces 

on a sterilized glass plate using a sterile razor blade and used in measurements as described below. Filter 

pieces for DNA extraction (see below) were frozen at -80 °C aboard ship. Note that hydrolysis rates of 

polysaccharides in bulk water from Stns. 1-4 have previously been reported in Hoarfrost et al. (2019).  

 

1.1.2.2 Peptidase and glucosidase activities 

Peptidase activities were measured using small peptides or the amino acid leucine linked to the 

fluorophore 7-amido-4-methyl coumarin (MCA). Chymotrypsin substrates (from BAChem) included 

alanine-alanine-phenylalanine (1-letter amino acid codes: AAF) and alanine-alanine-proline-

phenylalanine (AAPF), and trypsin substrates (from BAChem) included glutamine-alanine-arginine 

(QAR) and phenylalanine-serine-arginine (FSR). Alpha- and beta-glucosidase activities were measured 

using α-glucose and β-glucose linked to the fluorophore 4-methylumbelliferone (MUF). This set of 

substrates is hydrolyzed by exo-acting (terminal-unit cleaving) enzymes, which hydrolyze α-glucose, β-

glucose, and leucine, and by endo-acting (midchain-cleaving) enzymes, which hydrolyze AAF, AAPF, 

QAR, and FSR. We note that the trypsin and chymotrypsin substrates (AAF, AAPF, QAR, and FSR) 

could also potentially be hydrolyzed by exo-acting enzymes, which would have to systematically cleave 

each amino acid in the oligopeptide in order to free the MCA flurophore and lead to an increase in 

fluorescence signal. In such a case, we would expect that the apparent rate of hydrolysis of a peptide 

would increase with time, since some initial time period would be required for each exo-peptidase to act 

successively to free the fluorophore. For our experiments, however, we measured peptidase activity every 

4 hrs (EN584) to 6 hrs (EN556) for a 24 h period, and the endopeptidase substrates did not show an 

increase in hydrolysis rates between the earliest and latest measurement timepoints. We therefore surmise 

that endopeptidases, rather than successively-acting exo-peptidases, were responsible for hydrolysis of 

these substrates in our incubations.  
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Enzymatic activities in seawater were measured following Balmonte et al. (2018). In brief, 

substrate was added at saturating concentrations (200 µM for EN556 and 150 µM for EN584, as 

determined in surface seawater at each station for EN556 and the first station of the cruise for EN584) to 

a total volume of 200 µL in a 96-well plate to measure the enzymatic potential of the microbial 

communities. For each substrate, triplicate wells of seawater amended with substrate were used in 

experimental incubations, and triplicate wells of autoclaved seawater amended with substrate were 

measured as killed controls. Fluorescence was measured immediately (t0) and every 6 hours over a 24-

hour time period, using a plate reader (TECAN SpectraFluor Plus with 360 nm excitation, 460 nm 

emission for EN556; TECAN SpectraFluor Plus with 340 nm excitation, 460 nm emission for EN584). 

Hydrolysis rates were measured as an increase in fluorescence over time. Fluorescence signals were 

converted to concentrations using standard curves of MUF and MCA fluorophores. Note that hydrolysis 

rates of peptidases in bulk water from Stns. 1-4 have previously been reported in Hoarfrost et al. (2019). 

For particle-associated communities, enzyme activities were measured by immersing one-twelfth 

of a filter in 7 ml autoclaved seawater. Two different filter pieces were used to measure enzymatic 

activities in duplicate; a sterile filter piece was used in autoclaved seawater as a killed control. Substate 

was added at saturating concentrations (see above), and triplicate 200 µL subsamples were taken 

immediately (t0) and every 6 hours over a 24-hour time period. Hydrolysis rates were measured as an 

increase in fluorescence over time, using the plate reader as described above. 

 

1.1.2.3 Polysaccharide hydrolase activities 

Activities of polysaccharide-hydrolyzing enzymes were measured using six fluorescently-labeled 

polysaccharides —  pullulan, laminarin, xylan, fucoidan, arabinogalactan, and chondroitin sulfate — 

labeled with fluoresceinamine (Arnosti, 2003). These polysaccharides were chosen because they are 

found in marine phytoplankton and algae (e.g., Painter, 1983), and/or enzymes hydrolyzing these 

polysaccharides have been demonstrated to occur in marine bacteria (Alderkamp et al., 2007; Neumann et 

al., 2015).  
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For each substrate, three 15 mL sterile polypropylene tubes (Fischer) were filled with unfiltered 

seawater; one 15 mL tube filled with autoclaved seawater served as a killed control. A single substrate 

was added to each tube to a final concentration of 3.5 µM (except fucoidan which was added to a final 

concentration of 5 µM, due to its low labelling density). One tube with seawater served as a blank, and 

one tube filled with autoclaved seawater served as a negative control. Samples were incubated in the dark 

at close to in situ temperatures (Suppl. Table 1.2). For the particle-associated samples, 1/12 of a filter was 

incubated in autoclaved seawater to which a polysaccharide substrate was added. Due to the limited 

amount of filter material available, these incubations were carried out in duplicate. One-twelfth of a 

sterile filter incubated in autoclaved seawater served as the killed control.  

To measure hydrolysis rates, subsamples were taken directly after each incubation was set up 

(day 0) and at five additional timepoints (2 days, 5 days, 10 days, 17 days, and 30 days). Each subsample 

was filtered through a 0.2 mm pore-size surfactant free cellulose acetate filter, then stored frozen at -20 

°C until analysis. Hydrolysis rates were determined using gel permeation chromatography with 

fluorescence detection to measure the changes in the molecular weight distribution of the polysaccharides 

as a function of incubation time, as described in detail in Arnosti (2003). All of the enzymatic hydrolysis 

rates should be considered as potential rates, since added substrate is in competition with naturally-

occurring organic matter for enzyme active sites. 

 

1.1.3 Bacterial community analysis 

For bulk water samples, 2 to 3 L of seawater was filtered through a 0.2 µm pore-size 47 mm 

diameter Whatman Nucleopore track-etched Membrane filter, and stored at -80 °C until DNA extraction. 

For the bulk samples, DNA was extracted from a quarter of each filter, which was cut using a sterile razor 

blade or sterile scissors. For the PA samples, one slice of the 3 µm filters was used for DNA extraction. 

All DNA was extracted using a DNeasy PowerSoil Kit (Qiagen). For select samples, duplicate extractions 

were performed to determine accuracy of extraction and sequencing. DNA libraries were prepared using 

the Nextera XT Index Kit, v2 set A (Illumina) according to manufacturer protocol. The V1-V2 
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hypervariable region of the 16S rRNA gene was amplified using the primers 8F (5’- AGA GTT TGA 

TCC TGG CTC AG-3’) and 338R (5’- GC TGC CTC CCG TAG GAG T-3’) (custom made by Integrated 

DNA Technologies) with the Illumina-specific forward primer overhang adapter (5’-TCG TCG GCA 

GCG TCA GAT GTG TAT AAG AGA CAG-3’) and reverse overhang adapter (GTC TCG TGG GCT 

CGG AGA TGT GTA TAA GAG ACA G), and sequenced at the UNC High Throughput Sequencing 

Facility using Illumina MiSeq PE 2x250.  

Sequenced multiplexed paired-end FASTQ files were imported into QIIME2 (version 2019.4; 

https://qiime2.org; Bolyen et al., 2019), demultiplexed, and then denoised and dereplicated using DADA2 

(Callahan et al., 2016). Quality control was performed during the DADA2 denoising and dereplicating 

process, with a Phred quality control cutoff of 25 (i.e., 10 bases) filtered prior to merging of paired end 

reads. A Naïve Bayes classifier was trained to assign taxonomy to ASVs using reference sequences from 

the Silva 16S rRNA database (version 132; Pruesse et al., 2007) sequenced with the 8F and 338R primers.  

The BIOM-formatted OTU table and phylogenetic tree of representative sequences were 

imported into R; the phyloseq package (version 1.32.0; McMurdie and Holmes, 2013) was used to 

remove chloroplasts and rarefy samples to an even sampling depth of 30,000 sequences per sample to 

enable comparison of bacterial relative proportions across samples with initially uneven sequencing 

depths. Bubble plots of community composition were filtered at the 5% level for the Class-level plot and 

the 3% level for the Family-level plot.  

 

1.1.4 Statistical analyses 

To visualize depth, station, and size fraction patterns of enzymatic activities, Bray-Curtis 

dissimilarity indices were calculated for each size fraction and were ordinated using Nonmetric 

multidimensional scaling (NMDS). To explore differences in bacterial community composition, Bray-

Curtis dissimilarity indices were calculated for each community and were ordinated using NMDS. The 

NMDS plots were ordinated from the provided OTUs after filtering out chloroplasts and rarefying 

samples to an even sampling depth; no further filtering was carried out. Permutational multivariate 



18 
 

analysis of variance (PerMANOVA) and was used to quantify the variation in enzymatic rates and 

community dissimilarities (Bray-Curtis) as a function of water depth, size fraction, and station. Standard 

t-tests (two-tailed, unpaired, heteroscedastic) were used to make direct comparisons for enzymatic 

activities between depths and location (coastal vs. offshore). Corrplot (version 0.92), based on Pearson 

correlations, was used to visualize correlations between enzymatic activities.  

 

1.1.5 Data availability 

Raw sequence files are available on NCBI Sequence Read Archive under the accession number 

PRJNA816842. Glucosidase, peptidase, and polysaccharide hydrolase activities are available on BCO-

DMO (www.bco-dmo.org) under the project 712359. 

 

Results 

1.2.1 Water mass characteristics 

Epipelagic water from the majority of the stations (Stns. 5, 8, 13, 14, 15, and 16) had T/S 

characteristics typical of North Atlantic Surface Water, or a mixture of Gulf Stream Water and North 

Atlantic Surface Water (Stns. 10, 11, 12, and 12r; Suppl. Table 1.1, Suppl. Fig. 1.2). Water masses at 

Stns. 4 and 9 differed considerably, due to the inshore location of Stn. 9 (water column depth: 20 m), and 

the shelf break location of Stn. 4 (water column depth: 200 m). Surface water at Stn. 9 was characteristic 

of surficial coastal waters (27 °C; 35 PSU); Stn. 4 had notably cold shelf water at the surface (8° C; 33.5 

PSU) overlying bottom water originating from a subducted warm core ring (10 °C; 35 PSU; Hoarfrost et 

al., 2019) and thus had characteristics similar to surface water at Stn. 8 (Balmonte et al., 2019). For Stns. 

10-16, water at the DCM and 300 m is characteristic of Subtropical Underwater/North Atlantic Central 

Water, and water at the OMZ and 1500 m is characteristic of Intermediate Water and North Atlantic Deep 

Water, respectively (Heiderich and Todd, 2020).  

 

 

http://www.bco-dmo.org/
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1.2.2 Patterns of peptidase and glucosidase activities 

Peptidase and glucosidase activities in bulk water showed distinct depth and spatial patterns. 

Peptidase activities in coastal epipelagic waters were considerably higher (activities ranging from ~10-75 

nmol L-1 hr-1) than at offshore locations (activities from ~2-28 nmol L-1 hr-1; p = 0.0489; Fig. 1.1). 

Subsurface activities in coastal stations were lower than activities in epipelagic water, whereas at offshore 

stations, activities in epipelagic waters, the upper mesopelagic, and bathypelagic waters differed less from 

one another (Fig. 1.1). Notably, there was a significant difference in enzymatic activity between 

mesopelagic and epipelagic waters at coastal stations (Fig. 1.1; p = 0.000343) while the difference 

between enzyme activities of these waters offshore was not significant (Fig. 1.1; p = 0.4715). Overall, the 

exo-acting leucine aminopeptidase contributed the most to summed activities in coastal epipelagic waters; 

offshore, exo-and endopeptidase activities were generally comparable in epipelagic waters, but leucine 

aminopeptidase activities were higher than endopeptidase activities at depth, often contributing more than 

50% to the total summed activities (Fig. 1.1; Suppl. Fig. 1.3).  

Throughout the water column, particle-associated bacteria hydrolyzed a broader spectrum of 

glucosidase and peptidase substrates compared to bacteria in bulk water (Fig. 1.1; Suppl. Fig. 1.3; p = 

0.025). In offshore surface waters in particular, α- and β-glucosidase activities contributed considerably to 

PA activities, a pattern not seen in the bulk water samples (Fig. 1.1). The contribution of α- and β-

glucosidase activities to PA coastal samples was considerably lower relative to the offshore PA samples 

(Fig. 1.1; Suppl. Fig. 1.3). In meso- and bathypelagic waters offshore, endo-peptidase activities 

dominated, often making up more than 75% of the total summed activities (Suppl. Fig. 1.3), in contrast to 

leucine aminopeptidase activity dominating bulk waters.  

Scaled by the volume of water filtered to obtain particles, the contribution of PA activities 

relative to bulk activities decreased with depth as well as with distance from shore. In coastal epipelagic 

water, the PA activities were generally ca. 20% of the bulk activities, but this contribution dropped to ca. 

1% of the bulk activities at subsurface coastal depths (Fig. 1.1).  Offshore, PA activities constituted ca. 

1% of bulk activities in epipelagic waters and dropped by several orders of magnitude with increasing 
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depth, due in part to the higher amounts of water filtered via gravity filtration (and the likely 

correspondingly lower concentrations of particles) with increasing depth (Suppl. Table 1.2).  

Although PA activities were only a small fraction of the total bulk water activities, at almost all 

depths and stations, specific activities were only measurable in the PA samples (Fig. 1.2). With the sole 

exception of the epipelagic waters at Stns. 9, 10, and 15, and bottom waters at Stn. 16, one or more of the 

activities measured was measurable only in the PA fraction. Moreover, at most of the stations and depths, 

two or more activities were measurable only in the PA fraction. The specific activities measured only in 

the PA fractions varied somewhat by station and depth, but glucosidases (α- and β-) and chymotrypsin 

activities (AAF and AAPF) commonly belonged to this category; trypsin activities were also occasionally 

measured only in the PA fraction.  

 

1.2.3 Patterns of polysaccharide hydrolase activities 

Patterns of polysaccharide hydrolase activities also varied by location and depth. In all bulk water 

samples, only a limited spectrum of substrates was hydrolyzed; none of the bulk water samples showed 

hydrolysis of all six polysaccharides (Fig. 1.3). The spectrum of substrates hydrolyzed in coastal stations 

was somewhat broader (a maximum of four substrates hydrolyzed) than at offshore stations (a maximum 

of three substrates; Fig. 1.3; Suppl. Fig. 1.4). Laminarinase was the only activity detected at all sites and 

depths, and was usually the highest activity measured at offshore stations. Although laminarinase activity 

was highest in epipelagic waters and lower in mesopelagic and bathypelagic waters, the depth-related 

decrease in hydrolysis rates in bulk waters of offshore stations was modest. This trend did not hold for all 

polysaccharide hydrolase activities, since chondroitin hydrolysis was detectable more frequently in meso- 

and bathypelagic than in epipelagic offshore waters. 

A much broader spectrum of polysaccharide hydrolase activities was measurable in the PA 

fraction compared to the bulk water samples (Fig. 1.3; p = 0.0000409). All six substrates were hydrolyzed 

in the PA fraction of surface waters from Stn. 5, and typically four or five substrates were hydrolyzed in 

the other PA samples, compared to two or three substrates for most bulk samples (Suppl. Fig. 1.4). 
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Although a broader spectrum of activities was detected in the PA fraction, laminarinase activity still 

dominated on particles (Fig. 1.3) and generally was higher than for other substrates (Suppl. Fig. 1.4). 

Although – calculated on a volume-equivalent basis – PA polysaccharide hydrolase activities 

were typically only a fraction of the activities measured in bulk water, for most stations and depths, a 

number of activities were measurable only in the PA fraction, thereby accounting for 100% of that 

specific activity (Fig. 1.4). Moreover, the PA polysaccharide hydrolase activities decreased only 

moderately with depth (by a factor of 6-10) offshore (Fig. 1.3), a much smaller decrease compared to the 

decrease in peptidase and glucosidase activities over the same depth range (Fig. 1.1).  

 

1.2.4 Bacterial community composition 

Bacterial community composition, as represented by relative read abundance, differed notably 

with depth (Fig. 1.5, PerMANOVA, p = 0.001, R2 = 0.25291). At the class level, epipelagic water 

communities were typically represented by Bacteroidia, Oxyphotobacteria (Cyanobacteria), and 

Alphaproteobacteria. In the mesopelagic zone, Deltaproteobacteria, Alphaproteobacteria, and 

Gammaproteobacteria tended to dominate. In bathypelagic waters, there was a more even distribution of 

bacteria from Alphaproteobacteria, Bacteroidia, Dehalococcoidia, Deltaproteobacteria, and 

Gammaproteobacteria (Fig. 1.5). Both Deltaproteobacteria and Gammaproteobacteria showed increases in 

relative abundance with increasing depth, while Bacteroidia typically decreased in relative abundance 

with increasing depth (Fig. 1.5). PA and bulk communities also differed notably (PerMANOVA, p = 

0.001, R2 = 0.11534). Bacteroidia (and to a large extent, Deltaproteobacteria) were more abundant in the 

particle-attached communities, whereas Alphaproteobacteria were more abundant in the bulk bacterial 

communities.  

At the family level, there were also differences between bacterial communities, associated with 

depth, shelf location, and particle-association (Suppl. Fig. 1.5). Relative read abundance of 

Flavobacteriaceae and NS9 marine group (Bacteroidia) decreased with depth, while the relative read 

abundance of the Thioglobaceae and Alteromonadaceae (Gammaproteobacteria), Bdellovibrionaceae and 
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other uncultured members of the Deltaproteobacteria, and Nitrospinaceae (Nitrospinia) increased with 

increasing depth. Comparing the PA and bulk communities, Flavobacteriaceae, the NS9 marine group, 

and Alteromonadaceae were more abundant in the PA communities, whereas members of the 

alphaproteobacterial Clade I and Clade II (SAR11 clades) and Rhodobacteraceae were relatively more 

abundant in the bulk bacterial communities.  

 

1.2.5 Analyses of patterns of community composition and function 

Overall, the composition of PA and bulk bacterial communities was more similar in epipelagic 

waters, but became more dissimilar at deeper depths, as shown by non-metric multidimensional scaling 

(NMDS) plots, based on Bray-Curtis dissimilarity (Suppl. Fig. 1.6). Separating the coastal from the 

offshore stations and focusing on the offshore communities shows that PA community composition was 

most dissimilar among the bathypelagic stations (Fig. 1.6). The mesopelagic PA communities were less 

widely separated from one another, but were distinct from the more-tightly clustered mesopelagic bulk 

water communities; epipelagic PA communities overlapped with the bulk communities. Analysis of the 

offshore peptidase and glucosidase activities showed distinct separation of the bulk from the PA fraction; 

within the PA fraction, peptidase and glucosidase activities in epipelagic waters separate from those in 

mesopelagic and bathypelagic waters (Fig. 1.6). In contrast, the peptidase and glucosidase activities for 

the bulk communities of all three depths clustered closely together. The PA polysaccharide hydrolase 

activities also separated by depth, with complete separation between epipelagic and mesopelagic waters, 

and near-complete separation between mesopelagic and bathypelagic waters; for bulk waters, there is 

complete separation between epipelagic and bathypelagic activities, but overlap between mesopelagic and 

bathypelagic activities measured (Fig. 1.6).  
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Discussion 

1.3.1 Selected enzyme activities are detectable only in the PA fraction 

Particle-associated microbial communities may play a disproportionately large role in the 

production of specific enzymes involved in organic matter degradation (Figs. 1.2, 1.4). Although some 

enzyme activities were not detectable in measurements of bulk waters, they were measured in the particle-

associated samples. This difference in the range of enzymes detectable in the PA vs in the bulk water may 

be due to the cost/benefit balance of enzyme production (e.g. Vetter et al. 1998), considering the higher 

concentration of cells and organic matter on particles. Hydrolysis of complex particulate organic matter 

may require an array of extracellular enzymes, but the effort may be shared by the greater number of cells 

found on particles, and therefore can pay off from an energetic perspective (Allison 2005). Such a 

concentration of cells can in fact trigger production of specific enzymes through mechanisms such 

quorum sensing (Hmelo et al., 2011; Jatt et al., 2015; Krupke et al., 2016), which leads to bacteria 

‘sharing’ the hydrolysis products resulting from the enzymes that they collectively produce. Although our 

experimental approach may have enhanced this response by concentrating particles and cells, or by 

providing additional surface area (the filter piece) for cell attachment and growth, in the environment, a 

similar response can occur through formation of aggregates (Ziervogel et al., 2010), which have been 

shown to be hotspots of enzymatic activity (Grossart et al., 2003a,b; Prairie et al., 2015).  

We recognize that the PA fraction was isolated from the bulk water, and therefore constitutes a 

portion of the bulk water. Isolating the PA fraction in order to separately investigate the enzymatic 

activities of this fraction in effect provides a ‘magnifying glass’ focused on their specific enzymatic 

capabilities. These observations do not exclude the possibility that some of the enzyme activities 

measured on the PA fraction may also have been present among non-particle-associated members of the 

bulk water fraction. In such a case, however, they were below our limit of detection, and thus must have 

been present in a small fraction of bacteria, or have been carried out by enzymes with low turnover 

numbers. Our interpretation that the substantial difference enzymatic capabilities of PA compared to bulk 

water incubations – particularly offshore – is due to inherent differences among the microbial 
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communities, rather than simply being a function of cell numbers, is supported by the distinct difference 

in the composition of PA and bulk water communities that closely paralleled differences in enzymatic 

function (Fig. 1.6). The PA communities were not simply highly amplified replicates of the bulk water 

communities. This interpretation is also supported by comparisons of the genomic potential of PA and 

free-living bacterial communities that have documented much greater potential to produce extracellular 

enzymes and consume complex high molecular weight substrates among the PA compared to free-living 

fractions (Zhao et al. 2020; Leu et al. 2022). The higher relative abundance of Bacteriodia in the PA 

fraction at all depths (Fig. 1.5) also supports this interpretation, since members of the Bacteriodia are 

well-known for their role in producing extracellular enzymes used to degrade complex organic matter 

(Lapebie et al. 2019).  

The more pronounced difference between PA and bulk water enzymatic capabilities in offshore 

relative to coastal environments (Fig. 1.6c,d) is likely due in part to lower particle loads in offshore 

environments. In contrast, bulk coastal waters, especially at Stns. 4 and 9, where the gravity filtration 

volume was much lower due to high particle content (Suppl. Table 1.2), likely carry a much stronger PA 

imprint. Moreover, higher particle content in coastal waters may lead to considerably more exchange 

between PA and free-living bacteria (Yawata et al., 2020), and thus to fewer differences in enzyme 

activities between the bulk water and the PA fraction (Figs. 1.1, 1.3).  

 

1.3.2 Depth-related distinctions in community composition and function 

Bulk epipelagic and meso-/bathypelagic communities differed distinctly in composition (Fig. 

1.6a), in accordance with reports from other locations in the ocean (Mende et al., 2017; Mestre et al., 

2018; Boeuf et al., 2019). These differences in the western North Atlantic, evident also for PA 

communities, are likely driven in part by the high relative read abundance of Cyanobacteria in epipelagic 

waters compared to deeper depths (Fig. 1.5). However, neither the increasing dissimilarity among PA 

communities with depth (Fig. 1.6a), nor the functional differences among these communities (Fig. 

1.6b,c), are explained by the presence or absence of Cyanobacteria. Given that the bulk communities also 
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include the bacteria collected on particles, the greater dissimilarity of the PA communities compared to 

bulk communities - especially in the bathypelagic ocean - indicates that gravity filtration effectively 

concentrated a numerically less-abundant fraction of the total community, including members with 

distinct identities and functions.  

This concentration of a select portion of the bacterial community may in part be the outcome of 

optimal foraging considered in terms of patch use theory (Yawata et al., 2020). This theory suggests that 

particle detachment by bacteria is more likely in resource-rich environments, since the probability of a 

bacterium finding another richer resource patch is high. In resource-rich environments, the composition of 

the bulk and PA communities would more closely resemble one another, due to this frequent detachment 

and reattachment process. This observation is consistent with our data from coastal environments (Fig. 

1.6). Conversely, optimal foraging theory suggests that detachment becomes less likely as particles and 

the surrounding environment become more resource-poor, thus leading bacteria that are suited to degrade 

particulate organic matter to remain attached once they have located a particle in a particle-poor 

environment (Yawata et al. 2020). Numerically less-abundant bacteria – members of the ‘rare biosphere’ 

(Sogin et al. 2006) – could thereby become concentrated on particles in the deep ocean. Such bacteria 

likely have characteristics such as enhanced abilities to produce specific extracellular enzymes that lead to 

their preferential enrichment on particles (Lambert et al., 2019). 

We observed a relative enrichment of both Bacteroidetes and of Deltaproteobacteria in PA 

samples, a pattern very similar to PA enrichments of Flavobacteriia (Bacteroidota) and of 

Deltaproteobacteria reported for PA bacterial communities from western North Atlantic (Zorz et al. 

2019.) The increased relative abundance of Bacteroidetes in PA compared to bulk communities (Fig. 1.5) 

may be an example of specific enrichment related to particle resources and metabolic capabilities, since 

members of the Bacteroidetes are known to produce a very wide range of polysaccharide- and protein-

hydrolyzing enzymes (Xing et al., 2015; Krüger et al., 2019; Lapebie et al., 2019) that are required to 

access high molecular weight substrates.  
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Variability in particle source, especially offshore, may additionally account for some of the 

patterns of bacterial communities and activities that we observe. POM in the ocean is diverse in origin 

and composition, including fecal pellets, marine snow, and aggregates, comprising suspended as well as 

sinking POM (Nagata et al. 2010; Bochdansky et al. 2016). Sinking particles also undergo considerable 

compositional change during their transit to deeper depths in the ocean (Wakeham et al. 1997). The 

greater variation among PA community composition measured in the deeper samples thus may be due to 

processes including colonization by bacteria of different particle sources in the upper ocean (Mestre et al. 

2018), succession of microbial communities as particles sink and organic matter is utilized by specific 

organisms (Fontanez et al. 2015; Thiele et al. 2015; Valencia et al. 2022), and differences in the ability of 

a range of organisms to grow on sinking vs. suspended particles (Baumas et al. 2021). At deeper depths, 

the difference between PA and free-living bacterial communities is larger (Salazar et al. 2016; Ruiz- 

González et al. 2020; Leu et al. 2022), which could in part account for dispersion of bacterial 

communities with depth.  

Much of the POM that reaches the bathypelagic ocean may in fact be metabolized by microbial 

communities found at depth, rather than by the communities initially attached to POM in the upper water 

column (reviewed in Nagata et al. 2010; Tamburini et al. 2013), such that different functional capabilities 

are a requirement to access deep ocean POM. Support for this perspective is provided by differences in 

composition and metabolic potential of microbial communities of the surface and bathyal/abyssal ocean 

DeLong et al. 2006; Leu et al. 2022). Additional support is provided by the observation that sinking POM 

collected by sediment traps at bathypelagic depths is colonized by microbes typical of the bathypelagic 

ocean (Preston et al. 2020; Poff et al. 2021). Bacterial communities of the meso- and bathypelagic ocean 

have also been found to have a higher abundance of genes associated with excreted (extracellular) 

peptidase and carbohydrate hydrolases compared to their epipelagic counterparts, thus indicating their 

potential to enzymatically access complex organic substrates (Zhao et al. 2020).  

In the western North Atlantic, the broad-scale differences in enzymatic function with depth – 

especially among peptidases and glucosidases – mirror the picture of bacterial community composition. 
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The PA activities at individual stations separated more distinctly by depth than the bulk activities, and the 

meso/bathypelagic samples were distinctly different from epipelagic PA samples (Fig. 1.6b,c). A similar 

pattern of increasing divergence of PA peptidase and glucosidase activities with increasing depth has also 

been observed along a latitudinal transect in the Pacific Ocean (Balmonte et al. 2021), suggesting that this 

functional separation may be a feature of open ocean environments. While global-scale investigations of 

microbial community composition in the bathypelagic have highlighted the distinctions of PA 

communities between different oceanic basins and water masses (Salazar et al. 2016), our data suggest 

that even within the same water masses (Suppl. Fig. 1.2), the specific functions of PA communities as 

well as the composition of those communities may vary considerably (Fig. 1.6).  

 

1.3.3 Particles as ‘specialty centers’ of degradation across the ocean continuum 

Polysaccharide hydrolase and peptidase activities of PA bacteria show many positive correlations 

with one another (Fig. 1.7), despite the fact that these two classes of enzymes target fundamentally 

different macromolecules. Moreover, diversity among polysaccharide hydrolases is extremely high 

(Laine, 1994). The PA bacterial community likely is comprised of a broad range of bacteria with different 

enzymatic complements. The only two PA activities that show few correlations (except to each other; Fig. 

1.7) are for hydrolysis of arabinogalactan, and fucoidan, complex polysaccharides whose hydrolysis is 

comparatively rarely measurable in marine waters (Arnosti et al., 2011). Fucoidan in particular is 

structurally complex: its hydrolysis requires a very large suite of enzymes (Sichert et al., 2020) The 

hydrolysis of fucoidan and of arabinogalactan thus is likely carried out by entirely different organisms, 

using different sets of enzymes. These activities may be connected statistically in that they are not 

frequently measurable (Fig. 1.4).  

In comparison to activities of the PA community, the enzymatic activities of the bulk community 

showed comparatively few correlations with each other, either positive or negative. This general dearth of 

correlations among the bulk water activities highlights the variability of their enzymatic complements, 

seen previously from patchiness in observed peptidase and polysaccharide hydrolase activities (Balmonte 
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et al., 2021). The pattern of high correlations among widely divergent enzymes of the PA communities is 

evident even when analyzing activities separately by depth (Suppl. Fig. 1.7). Such correlations point 

directly to the breadth of enzymatic tools expressed by these communities, and likely hint at their 

differences from the bulk community in their energetic cost-benefit balances for enzyme production 

(Vetter et al. 1998).  

In sum, particles act as ‘specialty centers’ (Fig. 1.8), where communities with distinct identities 

produce diverse enzymes that can dismantle complex organic matter, the fuel for much of the 

heterotrophic activity in the deep ocean (Hansell et al 2009). The importance of PA communities in 

organic matter degradation has previously been recognized (e.g., Smith et al. 1992; Azam and Long, 

2001), but prior studies have examined activities of only a limited range of enzymes (Kellogg and 

Deming, 2014; Grossart et al., 2003a,b) or have focused on locations in the upper ocean (D’Ambrosio et 

al., 2014). Our study demonstrates that also in the bathypelagic ocean – including depths at 1500 m and 

below – PA communities can produce a diverse array of enzymes whose activities are not detected in bulk 

waters (Figs. 1.2, 1.4). To the best of our knowledge, these measurements of PA polysaccharide hydrolase 

activities are the only measurements from the bathypelagic ocean, at depths exceeding the 1000m depths 

measured by Balmonte et al., (2021).  

 

1.3.4 Conclusion 

Particle-associated communities and their enzyme activities can be visualized as a continuum 

(Fig. 1.8), characterized by decreasing particle abundance and increasing particle dissimilarity from 

coastal to offshore environments. With increasing depth, particle abundance also decreases (Turner, 

2015), as PA community composition and enzymatic capabilities become increasingly distinct from their 

bulk water counterparts (Figs. 1.6, 1.7). In part, this distinction may be due to the highly specialized 

nature of the enzymatic functions that are required to access the complex organic matter, which is 

increasingly difficult to characterize chemically at deeper depths (Kharbusch et al., 2020; Wakeham et al., 

1997). Such specialized enzymatic functions are also less likely to be redundant among community 
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members (Martiny et al., 2013; Gralka et al., 2020), so a wider range of bacteria are required to hydrolyze 

these complex substrates. This greater breadth of bacteria with distinctly different enzymatic tools may 

underlie the increasingly dissimilar composition of PA communities at depth. Thus, PA bacteria, with a 

broad range of enzymatic capabilities, play a role disproportionate to their relative numbers (Lambert et 

al., 2019) in degrading complex organic matter in the ocean.  
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Figure 1.1. Boxplot of Glucosidase and Peptidase Activities. Box and whiskers plot of glucosidase and 
peptidase activities of bulk and particle-associated (PA) water samples; line in middle represents median 
value, top and bottom of the box represents the upper and lower quartile, respectively, ends of ‘whiskers’ 
represent lowest and highest values (dots: outliers). Coastal stations include Stns. 4, 9, and 10, and 
offshore stations include Stns. 5, 8, and 11-16. A-glu = alpha-glucosidase; B-glu = beta-glucosidase; Leu 
= leucine aminopeptidase; AAF = alanine-alanine-phenylalanine-chymotrypsin; AAPF = alanine-alanine-
proline-phenylalanine-chymotrypsin; QAR = glutamine-alanine-arginine-trypsin; FSR = phenylalanine-
serine-arginine-trypsin. Note that the y-axis differs for bulk and PA samples at each depth.
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Figure 1.2. PA percent of bulk small substrate activities. Percent of bulk water glucosidase and 
peptidase activities that is attributable to the PA fraction, calculated by comparing the maximum rate of 
the bulk water and PA samples.  A-glu = alpha-glucosidase; B-glu = beta-glucosidase; Leu = leucine 
aminopeptidase; AAF = alanine-alanine-phenylalanine-chymotrypsin; AAPF = alanine-alanine-proline-
phenylalanine-chymotrypsin; QAR = glutamine-alanine-arginine-trypsin; FSR = phenylalanine-serine-
arginine-trypsin.
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Figure 1.3. Boxplot of polysaccharide hydrolase activities. Box and whiskers plot of maximum 
polysaccharide hydrolase activities of bulk and particle-associated (PA) water samples; line in middle 
represents median value, top and bottom of the box represents the upper and lower quartile, respectively, 
ends of ‘whiskers’ represent lowest and highest values (dots: outliers).  Coastal stations include Stns. 4, 9, 
and 10, and offshore stations include Stns. 5, 8, and 11-16.  Note that the y-axis differs for bulk and PA 
samples at each depth. Pul = pullulan; Lam = laminarin; Xyl = xylan; Fuc = fucoidan; Ara = 
arabinogalactan; Chn = chondroitin sulfate.
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Figure 1.4. PA percent of bulk polysaccharide hydrolase activities. Fraction of bulk water 
polysaccharide hydrolase activities that is attributable to the PA fraction at each station and depth, 
calculated by comparing the maximum rate of the bulk water and the PA samples. Pul = pullulan; Lam = 
laminarin; Xyl = xylan; Fuc = fucoidan; Ara = arabinogalactan; Chn = chondroitin sulfate.
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Figure 1.5. Class-level bacterial community composition. Class-level composition of bulk (unfiltered) 
and PA (particle-associated) bacterial communities. Circle size correlates with relative abundance. Data 
shown was filtered and represents classes with >5% relative abundance in the data set. 
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Figure 1.6. NMDS plots of community composition and enzyme activities. Non-metric 
multidimensional scaling (NMDS) of community composition, glucosidase and peptidase activities, and 
polysaccharide hydrolase activities, separated into coastal and offshore stations using Bray-Curtis 
dissimilarity index. PA data are represented by triangles and are outlined and shaded; bulk data are 
represented by circles and are outlined with a dashed line. 
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Figure 1.7. Correlation plots of enzyme activities. Correlation plot displaying the Pearson correlation 
between different enzymatic activity measurements for bulk and PA samples. Blue denotes positive 
correlation while red denotes negative correlations. The size of the circle as well as the shade of the color 
emphasizes the extent of correlations between different enzymatic activities.
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Figure 1.8. Conceptual figure. A continuum of particles and enzyme activities in the ocean. Particles 
serve as  ‘specialty centers’ of enzymatic activities, showing an increase in functional capabilities that 
differs with location (coastal vs. offshore) and with depth in the ocean. 
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Supplementary Figure 1.1. Cruise stations that were sampled. Cruise stations aboard the R/V 
Endeavor during Spring 2015 (blue squares) and Spring 2016 (pink diamonds). Station locations are 
separated into coastal (Stns. 4, 9, and 10) and offshore (Stns. 5, 8, and 11–16).
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Supplementary Figure 1.2. Temperature salinity diagram. Temperature/Salinity (T/S) diagram of 
water collected at the different stations. Stations are denoted by color and depths are differentiated by 
shape.
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Supplementary Figure 1.3. Normalized glucosidase and peptidase hydrolysis. Normalized hydrolysis 
rate for glucosidase and peptidase enzymatic activities. All activities are normalized to 100 percent for 
each station/depth. A-glu = alpha-glucosidase; B-glu = beta-glucosidase; Leu = leucine aminopeptidase; 
AAF = alanine-alanine-phenylalanine-chymotrypsin; AAPF = alanine-alanine-proline-phenylalanine-
chymotrypsin; QAR = glutamine-alanine-arginine-trypsin; FSR = phenylalanine-serine-arginine-trypsin.
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Supplementary Figure 1.4. Polysaccharide hydrolysis by station and depth. Polysaccharide hydrolase 
activities for particle-associated (PA) and for unfiltered, bulk water samples at each station and depth. 
Note the difference in y-axis between each depth and between bulk and PA samples. P = pullulan; L = 
laminarin; Y = xylan; F = fucoidan; A = arabinogalactan; C = chondroitin sulfate.
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Supplementary Figure 1.5. Family-level bacterial community composition. Family-level composition 
of bulk (unfiltered) and PA (particle-associated) bacterial communities. Circle size correlates with relative 
abundance. Data shown was filtered and represents families with >3% relative abundance in the data set.
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Supplementary Figure 1.6. NMDS plot of community composition. Non-metric multidimensional 
scaling (NMDS) of the overall community composition based on the Bray-Curtis dissimilarity index. PA 
data are represented by triangles; bulk data are represented by circles. Epipelagic depths are pink; 
mesopelagic depths are green; bathypelagic depths are blue.
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Supplementary Figure 1.7. Correlation plot of enzyme activities per depth. Correlation plot 
displaying the Pearson correlation between enzymatic activity measurements for bulk and PA samples, 
separated by depth. Blue denotes positive correlation while red denotes negative correlations. The size of 
the circle as well as the shade of the color emphasizes the extent of correlations between different 
enzymatic activities. ? denotes that no activities were measured for that given substrate (i.e., 
arabinogalactan in many cases).
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Supplementary Table 1.1. Environmental data for collected water. 

Stn Depth 
(m) Salinity (psu) Temperature (°C) Oxygen (ml/L) Chl-a (mg/m3) 

4 
2.2 33.3857 7.6468 7.296 0.8601 
199 35.5938 11.9835 4.6928 0.3459 

5 
2.1 36.4112 18.6171 5.0852 2.2231 

1977 34.9561 3.6719 5.7977 0.3893 

8 
5 36.1638 17.402 5.0827 0.9072 

4574 34.8784 2.1989 5.6156 0.2754 
9 2 35.3048 27.1239 4.8648 0.8386 

10 
90 36.3611 28.8302 4.4845 0.1527 
300 36.4495 17.9508 3.4173 0.1276 
530 35.06 6.5279 4.4404 0.135 

11 
72 36.6829 22.6814 4.8057 0.5293 
842 35.2743 9.8646 3.3127 0.1219 
1500 35.0037 4.4031 5.7138 0.1224 

12 
95 36.6338 20.9448 5.0276 0.3592 
850 35.348 10.6375 3.2011 0.1404 
1500 35.0011 4.5326 5.6738 0.1625 

12r 
131 36.5974 20.3848 4.8807 0.4828 
850 35.3004 10.2813 3.1107 0.1534 
1500 34.9985 4.5172 5.668 0.1518 

13 
95 36.5552 21.2651 4.9503 0.4823 
645 35.289 10.1261 3.128 0.1383 
1500 34.9802 4.1762 5.7922 0.1309 

14 
99 36.6399 20.9943 4.6907 0.1551 
900 35.2726 10.3001 2.9282 0.1377 
1500 34.9983 4.6176 5.6288 0.1266 

15 
82 36.6226 22.4731 4.6885 0.6715 
840 35.2915 10.1439 3.1939 0.1537 
1500 34.9848 4.4244 5.7504 0.1558 

16 
112 36.5632 20.0673 4.906 0.3634 
875 35.2301 9.5831 3.229 0.167 
1500 34.9956 4.5207 5.727 0.1691 
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Supplementary Table 1.2. Incubation data for experimental setup.  

Stn Depth 
(m) 

Water 
filtered (L) 

FLA 
samples 

Water 
filtered 

(L) -
MCA 

samples 

Water 
filtered (L) 

-MUF 
samples 

In situ 
temperature 

(C) 

GF setup 
incubation 

temperature 
(C) 

Subsampling 
incubation 

temperature 
(C) 

4 
2.2 4.7 4.5 7.8 7.7 4 8.5 
199 9.9 10.4 8.8 12 4 14 

5 
2.1 4.2 8.3 3.8 18.5 21 21 

1977 18 18.4 15.9 3.7 4 4 

8 
5 6.5 2.4 5.5 16.6 21 21 

4574 10.9 7.2 8.4 2.2 4 4 
9 2 3 2.2 2.2 28.6 21 21 

10 
90 15.1 15.3 16 27 21 21 

300 17.7 19.2 19.4 18 21 16 
530 18.9 17.7 17 8 4 8 

11 
72 15.1 11.7 14 23 21 21 

842 17.7 17.6 18 10 21 12 
1500 11.7 13.8 15.2 4.9 4 4 

12 
95 17 16.9 15.7 20.6 21 21 

850 17.1 16.1 16.1 10 21 12 
1500 15.6 16.3 17.3 4.5 4 4 

12r 
131 14.4 16.7 15.1 20.3 21 21 
850 18.4 19.1 17.9 10.1 21 12 
1500 15.4 17.9 17.8 4.5 4 4 

13 
95 12.4 13.2 13.5 21 21 21 

645 14.4 18.4 19 10.2 21 12 
1500 17.1 16.7 18.2 4.2 4 4 

14 
99 15.8 14.2 14.5 21.3 21 21 

900 17.7 19.5 19.7 10.1 21 12 
1500 17 18 18.6 4.7 4 4 

15 
82 14.6 14.8 13 23.2 21 21 

840 17.2 17.3 17.2 10.1 21 12 
1500 19.1 19.4 20 4.4 4 4 

16 
112 15.7 16.1 16.9 20.1 21 21 
875 18 16.7 17.2 9.8 21 12 
1500 18.9 19.1 18.4 4.5 4 4 
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CHAPTER 2: LINKS BETWEEN REGIONAL AND DEPTH PATTERNS OF MICROBIAL 
COMMUNITIES AND ENZYME ACTIVITIES IN THE WESTERN NORTH ATLANTIC 

 
 

Introduction 

Much of the efficient recycling of phytoplankton-derived organic matter in the ocean is due to 

heterotrophic microbial communities, which consume, transform, excrete, and respire an estimated half of 

autochthonously-produced organic matter (Azam et al. 1993; Azam & Malfatti 2007). The depths and 

rates at which this organic matter is respired and transformed affects the major biogeochemical cycles of 

carbon and nutrients, which help determine the distribution of heterotrophic life in the ocean (Hutchins 

and Fu, 2017). In order to consume complex organic matter, however, heterotrophic microbes must 

produce extracellular enzymes of the correct structural specificity to hydrolyze these compounds to sizes 

that can be taken up (Arnosti 2011). The combined enzymatic capabilities of a community are therefore 

an important determinant of substrate availability; however, these enzymes are not uniformly distributed 

among members of microbial communities. Whereas some members possess the capability to produce 

extracellular enzymes to break down high molecular weight compounds, others can target only low 

molecular weight substrates which, in some cases, are the hydrolysis products of the extracellular 

enzymes (Allison 2005; Arnosti et al. 2018). Among extracellular-enzyme producing organisms, 

moreover, the enzymatic capabilities vary considerably, even among closely-related bacteria (Xing et al. 

2015; Liu & Liu 2020; Avci et al. 2020).  

Although our knowledge of the composition of microbial communities and their genetic potential 

to produce extracellular enzymes has increased remarkably in the last decade (Zhao et al. 2020; Teeling et 

al 2012; 2016), we still have comparatively less information about the potential rates at which these 

enzymes hydrolyze their target substrates in ocean waters. Most measurements of enzyme activities in the 



54 
 

ocean rely on small substrate proxies that assess the activities of a few exo-acting (terminal unit cleaving) 

enzymes (Baltar et al., 2009), providing no information on the endo-acting enzymes that cleave their 

substrate mid-chain. This distinction, however, is important: there are considerable differences in 

activities among exo- and endo-acting peptidases (Obayashi and Suzuki 2005; 2008; Balmonte et al. 

2018; 2021) and among endo-active enzymes hydrolyzing different polysaccharides in the ocean (Arnosti 

et al. 2011; Hoarfrost and Arnosti, 2017; Balmonte et al., 2021). 

Our knowledge of the rates at which exo-acting enzyme function in the ocean vary with depth is 

also limited because, with a few exceptions (e.g., Baltar 2009; 2010; Liu et al 2018), the majority of 

measurements of enzyme activities have been made in epipelagic waters. However, there is evidence of 

important functional differences among microbial communities with depth in the ocean (Liu et al 2018; 

Sala et al 2020). The few investigations of endopeptidase and polysaccharide hydrolase activities in 

mesopelagic and bathypelagic waters have found notable differences in rates and in substrate spectra with 

depth and with location (Steen et al. 2012; Hoarfrost and Arnosti, 2017; Balmonte et al. 2018; 2021; 

Giljan et al. 2023). In sum, our understanding of the initial step of microbially-driven carbon cycling–

especially in the mesopelagic and bathypelagic ocean–is still incomplete due in part to a paucity of rate 

measurements.  

In order to gain a picture of the enzymatic capabilities of microbial communities—and variations 

in these capabilities—on a regional scale, we investigated depth- and spatial-variability in polysaccharide 

hydrolase and peptidase activities at 16 stations in the western North Atlantic Ocean. The western North 

Atlantic Ocean, dominated by the Gulf Stream flowing northeastward juxtaposing the southward flowing 

water from the Scotian Shelf, has a variety of water mass interactions (Heidrich and Todd, 2020), making 

it an ideal location to study regional differences in enzymatic activity. Our measurements encompass two 

of the compound classes – polysaccharides and proteins – that make up a large fraction of marine organic 

matter (Benner et al., 1992; Hedges et al., 2002). We concurrently investigated microbial community 

composition at the same stations and depths to assess the relationships between community composition 

and function. Few previous studies (Balmonte et al. 2018; Giljan et al., 2023) have combined an 
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assessment of community composition with measurements of carbon cycling in the form of a considerable 

range of polysaccharide hydrolase and peptidase activities in depth gradients from the surface to the 

mesopelagic and deep ocean. Because extracellular enzymes act as the initial gatekeepers for processing 

high molecular weight organic matter (Arnosti 2011), measuring enzyme activities in the ocean and 

characterizing the microbial communities that produce them is essential to quantify the heterotrophic 

microbial contributions to the marine carbon cycle.  

 

Materials and Methods 

2.1.1 Water Sampling 

Water samples were collected during two cruises aboard the R/V Endeavor in the western North 

Atlantic. Samples were collected at four stations (Stns. 1-4) on the continental shelf and four offshore 

stations (Stns. 5-8) during April 27-May 2, 2015 (EN556), and at 8 stations generally along an E-W 

transect at 36° N, including three continental shelf or shelf-break stations (Stns. 9-11) and six open ocean 

stations (Stns. 12-16; EN584; June 29-July 11, 2016). Additionally, during the cruise in 2016, Stn. 12 was 

re-occupied 6 days after the first sampling and is noted as Stn. 12r. Using a Niskin rosette equipped with a 

Seabird 911+ CTD, water was collected at the surface (all stations), the deep chlorophyll maximum (Stns. 

5-8 and 10-16), 300 m (Stns. 5-8 and 11-16), the oxygen minimum zone (Stns. 5-8 and 11-16), 1500 m 

(Stns. 11-16), 2800 m (Stns. 5-8), and bottom water (all stations; bottom water depths differed 

considerably among stations; Suppl. Table 1). Seawater was transferred from 30L Niskin bottles into 20 L 

carboys (acid washed and rinsed, then rinsed three times with seawater from the sampling depth prior to 

filling), using silicone tubing that had been acid washed and rinsed with distilled water and then with 

sample water prior to use.  

 

2.1.2 Temperature, salinity, chlorophyll fluorescence, and oxygen measurements 

Temperature, salinity, chlorophyll fluorescence, and oxygen concentrations were determined 

using a Seabird 911+ conductivity, temperature, depth (CTD) profiler (Suppl. Table 1). Ocean Data View 
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(ODV; version 5.6.2) was used to calculate the potential temperature (θ) and construct temperature-

salinity diagrams. 

 

2.1.3 Polysaccharide hydrolase activities 

Polysaccharide hydrolase activities were measured using six fluorescently-labeled 

polysaccharides, according to Arnosti (2003). These polysaccharides – pullulan, laminarin, xylan, 

fucoidan, arabinogalactan, and chondroitin sulfate – were used because they are found in marine 

phytoplankton and algae (e.g., Painter 1983), and/or the distinct enzymes required to hydrolyze these 

polysaccharides have been found in marine bacteria (Alderkamp et al. 2007; Neumann et al. 2015).  

For each individual substrate, three 15-mL sterile tubes were filled with seawater, while one was 

filled with autoclaved seawater to serve as a killed control. Substrates were added to a final concentration 

of 3.5 µM (excluding fucoidan, which was added at 5 µM due to its low labeling density) and were 

incubated in the dark at in situ temperatures (see Suppl. Table 2.1). One 15-mL tube was filled with 

seawater without substrate to act as a blank; one 15-mL tube was filled with autoclaved seawater without 

substrate to serve as a negative control. To determine hydrolysis rates, subsamples of incubations were 

taken immediately after substrate addition (day 0) and at five timepoints thereafter (2 days, 5 days, 10 

days, 17 days, and 30 days). Each subsample was filtered through a 0.2 µm pore-size surfactant free 

cellulose acetate filter, then stored frozen at -20 °C until analysis. Samples were later analyzed by gel 

permeation chromatography with fluorescence detection to determine the change in molecular weight 

distribution of polysaccharides, and hydrolysis rates were calculated from measured changes in the 

molecular weight distribution as a function of incubation time, as described in detail (Arnosti 2003). Note 

that the data from Stns. 1-4 have been previously published (Hoarfrost et al. 2019). 
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2.1.4 Glucosidase and peptidase activities 

Activities of exo-acting (terminal-unit cleaving) glucosidases and amino peptidases were 

measured using a- and b-glucose linked to the fluorophore 4-methylumbelliferone (MUF), and the amino 

acid leucine linked to the fluorophore 7-amido-4-methyl coumarin (MCA). Endo-acting (mid-chain 

cleaving) peptidase activities were measured using small peptides linked to the fluorophore 7-amido-4-

methyl coumarin (MCA). Chymotrypsin substrates included alanine-alanine-phenylalanine (1-letter 

amino acid codes: AAF) and alanine-alanine-proline-phenylalanine (AAPF), and trypsin substrates 

included glutamine-alanine-arginine (QAR) and phenylalanine-serine-arginine (FSR). 

Enzymatic activities in seawater were measured following Lloyd et al. (2022). In brief, substrate 

was added at saturating concentrations (200 µM for EN556 and 150 µM for EN584, determined from 

saturation curves taken in surface waters on each cruise) to a total volume of 200 µL in a 96-well plate. 

Triplicate wells of seawater amended with individual substrates were used in experimental incubations, 

and triplicate wells of autoclaved seawater amended with substrate were measured as killed controls. 

Fluorescence was measured immediately (t0) and every 6 hours over a 24-hour time period, using a plate 

reader (TECAN SpectraFluor Plus with 360 nm excitation, 460 nm emission for EN556; TECAN 

SpectraFluor Plus with 340 nm excitation, 460 nm emission for EN584). Fluorescence signals were 

converted to concentrations using standard curves of MUF and MCA fluorophores. Hydrolysis rates were 

calculated from increases in concentration with time. Note that data for Stns. 1-4 have previously been 

published in Hoarfrost et al. (2019). 

 

2.1.5 Bacterial Productivity 

Bacterial protein productivity was measured using incorporation of tritiated-leucine (3H-Leu), 

after Kirchman et al. (2001). In brief, leucine incorporation rates were measured in samples incubated in 

the dark at in-situ temperatures, and were converted to bacterial carbon production through multiplication 

by a factor of 0.86 (Simon and Azam, 1989; Kirchman, 2001). 

 



58 
 

2.1.6 Bacterial community analysis 

Approximately 2-3 L of seawater was filtered through a 0.2 µm pore-size 47 mm diameter 

Whatman Nucleopore track-etched Membrane filter, and stored at -80 °C until DNA extraction. DNA was 

extracted from a quarter of each filter, which was cut using a sterile razor blade or sterile scissors. All 

DNA was extracted using a DNeasy PowerSoil Kit (Qiagen). For select samples, duplicate extractions 

were performed to determine accuracy of extraction and sequencing. DNA libraries were prepared using 

the Nextera XT Index Kit, v2 set A (Illumina) according to manufacturer protocol. The V1-V2 

hypervariable region of the 16S rRNA gene was amplified using the primers 8F (5’- AGA GTT TGA 

TCC TGG CTC AG-3’) and 338R (5’- GC TGC CTC CCG TAG GAG T-3’) (custom made by Integrated 

DNA Technologies) with the Illumina-specific forward primer overhang adapter (5’-TCG TCG GCA 

GCG TCA GAT GTG TAT AAG AGA CAG-3’) and reverse overhang adapter (GTC TCG TGG GCT 

CGG AGA TGT GTA TAA GAG ACA G), and sequenced at the UNC High Throughput Sequencing 

Facility using Illumina MiSeq PE 2x250.  

Sequenced multiplexed paired-end FASTQ files were imported into QIIME2 (version 2019.4; 

https://qiime2.org; Bolyen et al., 2019), demultiplexed, and then denoised and dereplicated using DADA2 

(Callahan et al., 2016). Quality control was performed during the DADA2 denoising and dereplicating 

process, with a Phred quality control cutoff of 25 (i.e., 10 bases) filtered prior to merging of paired end 

reads. A Naïve Bayes classifier was trained to assign taxonomy to ASVs using reference sequences from 

the Silva 16S rRNA database (version 132; Pruesse et al., 2007) sequenced with the 8F and 338R primers.  

The BIOM-formatted OTU table and phylogenetic tree of representative sequences were imported into R; 

the phyloseq package (version 1.32.0; McMurdie and Holmes, 2013) was used to remove chloroplasts and 

rarefy samples to an even sampling depth of 26,745 sequences per sample to enable comparison of 

bacterial relative proportions across samples with initially uneven sequencing depths. Raw sequence files 

are available on NCBI Sequence Read Archive under the accession number PRJNA816842. 
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2.1.7 Statistical analyses 

To visualize station and depth-related differences in enzymatic activities and bacterial community 

composition patterns, Bray-Curtis dissimilarities were calculated and ordinated using non-metric 

multidimensional scaling (NMDS) plots. Analysis of variance (ANOVA) was used to quantify differences 

in observed patterns of enzymatic activity as a function of station, depth, and region. Permutational 

multivariate analysis of variance (PERMANOVA) was used to quantify bacterial community 

dissimilarities (Bray-Curtis) as a function of station, depth, and region. Corrplot (v. 0.92, R software (R 

Core Team, 2021)) was used to visualize Pearson correlations between environmental variables and 

measured enzymatic activity. 

 

Results 

2.2.1 Water masses and physical parameters 

The surface waters at each station varied considerably (Fig. 2.1; Suppl. Table 2.1). Most notably, 

there was a clear difference in sampling sites north of the Gulf Stream (Stns. 1-8) than those located 

within the Gulf Stream or the Sargasso Sea (Stns. 9-16). These differences led us to divide stations into 

Temperate or Gulf Stream/Sargasso Sea stations (terminology used in Bolaños et al., 2020; 2021), based 

on the mean dynamic topography of the region (Della Penna and Gaube, 2019). Surface water at Stns. 1-4 

was relatively cool and fresh compared to surface water at the other stations, typical of shelf water 

coming down from the Grand Banks (Wright and Parker, 1976; Lentz 2003). Surface water at Stns. 5-8 

was cooler than surface water at Stns. 9-16 and was likely Eighteen Degree Water (Heidrich and Todd, 

2020). Surface waters at Stns. 9-12 were located within the Gulf Stream, while surface waters at Stns. 13-

16 were located within the Sargasso Sea and had characteristics most similar to North Atlantic Surface 

Water (Heidrich and Todd, 2020).  

Maximum depths varied substantially between stations (Suppl. Table 1), and therefore bottom 

waters at each station had different characteristics. At Stns. 1-2, bottom waters were characteristic of shelf 

water, while Stns. 3-4 bottom waters were defined by a warm core ring intrusion (see Hoarfrost et al., 
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2019 for a detailed explanation of the physical oceanography of these stations). The T/S profiles of Stns. 

9-16 did not differ greatly throughout the water column. Water collected at 300 m at the Gulf 

Stream/Sargasso Sea stations was characteristic of Eighteen Degree Water while the rest of the 

mesopelagic was characteristic of Intermediate Water (Heidrich and Todd, 2020). Bottom waters were 

characteristic of North Atlantic Deep Water (Fig. 2.1; Heidrich and Todd, 2020). 

Chlorophyll-α was higher in the temperate stations, and was highest for Stns. 5-7, where 

concentrations in the surface and DCM waters were as high as ~2 mg m-3. Stns. 9-16 had relatively lower 

chlorophyll-α concentrations, often less than 0.5 mg m-3 in surface and DCM waters. Chlorophyll-α 

decreased with depth below the DCM. Oxygen concentrations were also typically higher in the temperate 

stations, reaching upwards of 6-7 mL L-1 at the shelf stations (Stns. 1-4; Suppl. Table 1).  

 

2.2.2 Polysaccharide hydrolase activities 

Polysaccharide hydrolase activities (Fig. 2.2; Suppl. Figs. 2.1,2.2) varied considerably among 

stations, most notably in differences between the temperate stations (Stns. 1-8) and the Gulf 

Stream/Sargasso Sea stations (Stns. 9-16, ANOVA, p = 0.0017). Temperate stations were characterized 

by high chondroitinase activity, while Gulf Stream/Sargasso Sea stations were dominated by laminarinase 

activity. Xylanase activity was relatively high in both the temperate and Gulf Stream/Sargasso stations, 

but was mainly measured at deeper depths in the Gulf Stream/Sargasso stations, whereas it was measured 

in surface as well as subsurface waters at the temperate stations. Pullulanase activity was also measured 

throughout the water column in Gulf Stream/Sargasso stations, but was rarely detected in the temperate 

stations. In Gulf Stream/Sargasso as well as temperate stations, polysaccharide hydrolase activities were 

higher in the surface and DCM, and generally lower in the OMZ and at deeper depths (Fig. 2.2).  

The spectrum of activities (the range of substrates hydrolyzed) was also typically a broader range 

in the upper ocean, and narrower in bottom waters. The only stations at which all six polysaccharides 

were hydrolyzed were the bottom waters of Stn. 4 (which was at a depth of 199 m, and was determined to 

be subducted water from a warm core ring; Hoarfrost et al. 2019), and in Stn. 7 DCM waters (Suppl. Fig 
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2.1). Statistical analysis of polysaccharide hydrolase activities showed strong distinctions with location 

(temperate versus Gulf Stream/Sargasso, p = 0.0017) and with depth, with especially strong separations 

between epipelagic (surface and DCM), mesopelagic (300 m and OMZ), and bathypelagic depths (1500 

m and bottom water, p = 0.012; Fig. 2.3).  

 

2.2.3 Glucosidase and peptidase activities  

In contrast to the polysaccharide hydrolase activities, glucosidase and peptidase activities were 

relatively similar between temperate and Gulf Stream/Sargasso stations (Figs. 2.4, 2.5, ANOVA, p = 

0.163). Peptidase rates were consistently about one order of magnitude greater than glucosidase rates at 

all stations and depths. Leucine aminopeptidase activity was considerable at all depths, especially at Gulf 

Stream/Sargasso stations, and became increasingly dominant with increasing depth (Fig. 2.4). In contrast, 

a- and b-glucosidase activities were very low at all stations and depths (Fig. 2.4; Suppl. Fig. 2.3). At 

temperate stations, summed surface activities were much greater (> 100 nmol L-1 hr-1) than in bottom 

waters (~30 nmol L-1 hr-1). However, at the Gulf Stream/Sargasso stations, the difference between surface 

and deep activities was much smaller, with summed activities of upwards of 130 nmol L-1 hr-1 in surface 

waters, and upwards of 90 nmol L-1 hr-1 in bottom waters.  

 

2.2.4 Bacterial productivity 

Bacterial protein production differed considerably by depth and station (Suppl. Fig. 2.4). Rates of 

protein production were highest in surface waters and at the DCM, and overall was higher at the Gulf 

Stream/Sargasso stations than at the temperate stations. Only at the Gulf Stream/Sargasso stations was 

bacterial protein production at a depth of 300m considerably above 1 pmol L-1 hr-1. Below this depth at all 

stations, the measured activity was either 0 or 1 pmol L-1 hr-1. 
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2.2.5 Bacterial community composition  

Bacterial community composition revealed substantial differences with depth (PERMANOVA, p 

= 0.001) and location (Fig. 2.6, Suppl. Fig. 2.5, 2.6, PERMANOVA, p = 0.044). In surface waters, the 

communities were dominated by Alphaproteobacteria, Bacteroidia, Gammaproteobacteria, and 

Cyanobacteria. In subsurface waters, the relative abundance of Deltaproteobacteria, Dehalococcoida, 

Gammaproteobacteria, and Nitrospinia increased, with decreases in Alphaproteobacteria, Bacteroidia, and 

Cyanobacteria (Suppl. Fig. 2.5). No Cyanobacteria were present below the surface or deep chlorophyll 

maximum, or at the temperate stations located on the continental shelf (Stns. 1-4; Suppl. Fig. 2.5). The 

separation by location and depth, as demonstrated by NMDS plots, was very distinct: although the surface 

and DCM depths of the temperate stations showed a considerable degree of overlap, there was little 

overlap at the other depths; all depths of the Gulf Stream/Sargasso stations showed substantial separation 

(Fig. 2.6, PERMANOVA, p = 0.001).  

 

Discussion 

2.3.1 Substrate structural complexity may underlie the coherence between regional patterns of 

polysaccharide hydrolase activities and bacterial community composition 

Polysaccharide hydrolase activities in the western North Atlantic showed a clear regional pattern 

of specific enzyme activities, with the temperate stations characterized by comparatively high chondroitin 

sulfate hydrolase activities, and the Gulf Stream/Sargasso stations showing comparatively high 

laminarinase activities (Fig. 2.2; Suppl Figs. 2.1, 2.2). The regional patterns in polysaccharide hydrolase 

activities parallel patterns of microbial community composition, which showed the same clear separation 

by depth and by region (Figs. 2.2, 2.6). The separation was particularly distinct in surface waters as 

shown in the NMDS plot (Fig. 2.6), an analysis based on individual OTUs, rather than a class-level 

comparison (Suppl. Fig. 2.5). Other studies of microbial communities in surface waters of the Atlantic 

Ocean have also found regional patterns in community composition (Schattenhoffer et al. 2009) and 

corresponding differences in their genetic potential for enzymes that hydrolyze polysaccharides (Gomez-



63 
 

Pereira et al. 2012). These patterns of community composition and genetic potential were also evident in 

the activities of their polysaccharide hydrolyzing enzymes (Arnosti et al. 2012). This specific pattern of 

polysaccharide hydrolase activities is similar to depth profiles measured along a latitudinal transect of the 

central Pacific Ocean, in which chondroitin sulfate hydrolysis became progressively greater and laminarin 

hydrolysis progressively reduced with increasing latitude (Balmonte et al. 2021). Coherent patterns of 

community composition and polysaccharide-hydrolyzing function among surface-water communities 

have also been seen in latitudinal gradients in polysaccharide hydrolase activities in surface waters 

(Arnosti et al. 2011) that parallel broad gradients in microbial community composition (Fuhrman et al. 

2008).  

The coherence between patterns of polysaccharide hydrolase activities and microbial 

communities at these different depths and stations may relate to the fundamental structural complexity of 

polysaccharides (Laine, 1994) and the number of different enzymes required to fully hydrolyze them 

(Lapebie et al. 2019). Many polysaccharides require a set of enzymes to function in concert to 

systematically remove branches, side chains, and/or functional groups, revealing the polysaccharide 

backbone for cleavage by other enzymes (Sichert et al. 2020); the number of distinct enzymes required 

scales linearly with structural complexity (Bligh et al. 2022). Given the energetic cost of such enzyme 

systems, heterotrophic bacteria differ greatly in their enzyme complements (Sunagawa et al., 2015; Zhao 

et al., 2020), and therefore in the extent to which they can access different polysaccharides. Microbial 

communities are comprised of diverse members, but the membership of any given community – 

especially in the water column – collectively may not contain or may not express all the enzymatic tools 

required to dismantle a broad range of polysaccharides. Our observations demonstrate that most pelagic 

communities do not even express the enzymatic tools to measurably hydrolyze just six structurally-

distinct polysaccharides. We thus observe distinct polysaccharide preferences among pelagic microbial 

communities (Figs. 2.2, 2.6; Suppl. Figs. 2.1, 2.5), even with the comparatively small set of 

polysaccharides tested.  
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We note, however, that the enzymatic spectrum of a community is flexible, considering also the 

potential encompassed by numerically minor members of a microbial community, or members that may 

become active only under specific conditions. In seawater incubations from some of these same stations 

(Stns. 8, 12 and 16) that were amended with HMW phytoplankton-derived organic matter (both dissolved 

and particulate), we measure a broader spectrum of enzyme activities compared to unamended 

incubations of the same seawater (Balmonte et al., 2019; Brown et al., 2022). This increasing breadth of 

enzymatic tools was accompanied by an increase in abundance of initially numerically minor members of 

communities (Balmonte et al., 2019; Brown et al., 2022). Nonetheless, limited spectra of polysaccharide 

hydrolyzing activities were still apparent among deep ocean communities amended with the same HMW 

organic matter.  

The lack of comparable coherence in patterns of peptidase activities and microbial community 

composition likely arises from a broader substrate specificity of peptidases compared to polysaccharide 

hydrolases, and therefore the lesser number of peptidases required to hydrolyze protein structures 

(Lapebie et al. 2019). Although individual organisms can differ considerably in their peptidase 

capabilities (Bong et al. 2013; Liu and Liu 2020), a community collectively likely possess the ability to 

hydrolyze a broader range of peptides. This idea is supported by an experimental investigation of peptide 

hydrolysis by bacterial isolates and by natural communities from coastal waters. In coastal waters, the 

degradation rates of structurally-distinct peptides were similar, even though the pathways by which the 

peptides were degraded – and thus the specific peptidases involved – differed (Liu and Liu, 2021). Liu 

and Liu (2021) suggest that if one organism does not produce the enzymes necessary to hydrolyze a given 

peptide, then the peptidases of another organism are available to hydrolyze the substrate. In short, these 

data suggest that microbial communities differ in their functional redundancy (Louca et al., 2018), 

particularly with respect to complex traits (Martiny et al. 2013): communities show less redundancy in the 

ability to hydrolyze specific polysaccharides (Berlemont and Martiny, 2016), whereas they have greater 

functional redundancy in their peptidase capabilities.  
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2.3.2 Potential drivers of regional patterns in heterotrophic bacterial communities and their activities 

The patterns of bacterial communities and their enzymatic function revealed in our study coincide 

with patterns determined in a previous study of biological communities and the physical oceanography of 

the western North Atlantic. The NAAMES program (North Atlantic Aerosols and Marine Ecosystems 

Study; Behrenfield et al., 2019) developed a subregional classification scheme for the western North 

Atlantic, where submesoscale eddies can redistribute nutrients, primary producers, and grazers, both 

coupling and decoupling organisms in the food web (Della Penna and Gaube, 2019). This subregional 

classification was used as a framework to analyze phytoplankton and bacterial communities. 

Phytoplankton communities differed significantly between the temperate and Gulf Stream/Sargasso Sea 

stations (Bolaños et al. 2020; see Fig. 2.1), and during all four sampling campaigns, which represented 

different seasons and productivity regimes (Bolaños et al. 2021). Phytoplankton and bacterial 

communities showed similar clustering patterns based on subregions, dividing the temperate from the 

Gulf Stream/Sargasso Sea communities (Bolaños et al. 2021); bacterial communities were additionally 

structured by depth (Bolaños et al. 2021). A network analysis demonstrated that the bacterioplankton 

communities were also sensitive to features that did not affect phytoplankton communities, including the 

nature of heterotrophic substrates to bacteria, which they termed “DOM quality” (Bolaños et al. 2021). 

One of the features explicitly mentioned by Bolaños et al. (2021) was the nature of heterotrophic 

substrates available to bacteria, which Bolaños et al. termed “DOM quality.” 

The coherence of the patterns found by Bolaños et al. (2021) linking phytoplankton and 

bacterioplankton in subregions of the western North Atlantic, and our patterns of bacterial community 

composition in the same regions, suggests that the enzymatic processes we measure may be linked to the 

primary producer community and the organic substrates that they produce. We surmise that the spectrum 

of enzymes typically produced by heterotrophic bacteria are tuned in part to the substrates that are 

commonly available. In this respect, measurements of specific enzyme activities may provide an 

indication of the types of substrates that heterotrophic bacteria encounter, substrates that may be largely 

derived from phytoplankton.  
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2.3.3 Regional patterns in microbial communities and enzyme activities: implications for carbon cycling 

The fate of much of the organic matter in the ocean is controlled by heterotrophic microbial 

communities (Azam & Malfatti, 2007). These communities differ in composition and gene content at 

different locations and depths (DeLong et al. 2006; Zhao et al., 2020); our data demonstrate that 

community function also varies by location and depth. The extent to which organic matter is 

remineralized at a given depth in the ocean is thus affected by the structure of the organic matter, as well 

as the enzymatic capabilities of the community. As organic matter sinks in the ocean, its fate also depends 

on its exposure to a changing spectrum of enzymes, and thus on its residence time at different depths in 

the ocean (Hoarfrost & Arnosti 2017; Lloyd et al. 2022; Brown et al. 2022). The spectrum of 

polysaccharide hydrolase activities in particular varies considerably with depth and location (Fig 2.2). 

The limited spectrum of polysaccharide hydrolase activities we measured in open ocean waters is 

consistent with the few previous depth profiles measured, in the Gulf of Mexico (Steen et al., 2012), the 

South and Equatorial Atlantic (Hoarfrost and Arnosti, 2017), the central Pacific (Balmonte et al. 2021), 

and the Arctic Ocean (Balmonte et al. 2018). Pelagic microbial communities evidently target a focused 

range of polysaccharide substrates, likely reflecting the cost-benefit calculation of producing substrate-

specific enzymes and obtaining the resulting hydrolysate.  

Exopeptidase activities, as exemplified by leucine aminopeptidase activities (Steen et al. 2015), 

are measurable at a broader range of locations, suggesting these enzymes are more widely distributed 

among microbes, and that terminal peptide-containing structures may be more generally bioavailable in 

ocean water. The higher rates in the upper ocean, as well as the broader spectrum of peptidase activities is 

consistent with the rapid removal of amino acids from sinking organic matter in the upper water column 

(Wakeham et al. 1995). These observations are also in accordance with the considerably higher rates of 

bacterial protein productivity in the upper water column compared to the deeper ocean (Suppl. Fig. 2.4) as 

well as the considerable changes in C/N ratios of sinking organic matter (Martiny et al., 2014). 

Our investigation is the first to assess endopeptidase and polysaccharide hydrolase activities, as 

well as microbial community composition, in a regional framework in the western North Atlantic. We 
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find strong regional and depth differences in both community composition and function, highlighting the 

connections between functional and compositional diversity in the ocean; these differences can be 

potentially linked also to water masses and their phytoplankton communities. These connections between 

the physical oceanography of the region and the structure and function of heterotrophic bacterial 

communities, specifically with the patterns of polysaccharide hydrolase activities measured, emphasize 

the importance of measuring microbial activities across large spatial scales. 
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Figure 2.1. Regional classification of stations. Cruise stations aboard the R/V Endeavor during Spring 
2015 (blue squares) and Spring 2016 (pink diamonds). Station locations are separated into Temperate 
(Stns. 1–8) and Gulf Sream/Sargasso Sea (Stns. 9–16), based off Bolaños et al., (2020, 2021) following 
the mean dynamic topography of the region (Della Penna and Gaube, 2019). Black lines denote the 
subregional classifications.
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Figure 2.2. Boxplots of polysaccharide hydrolase activities. Box and whisker plot of polysaccharide 
hydrolase activities of bulk water samples; line in middle represents median value, top and bottom of the 
box represent the upper and lower quartile, respectively, ends of ‘whiskers’ represent lowest and highest 
values (dots: outliers). Temperate stations include Stns. 1-8; Gulf Stream/Sargasso Sea stations are Stns. 
9-16. Temperate stations had water collected at 2800 m, while the Gulf Stream/Sargasso Sea stations had 
water collected from 1500 m. Note that the y-axis differs by depth. Pul = pullulan; Lam = laminarin; Xyl 
= xylan; Fuc = fucoidan; Ara = arabinogalactan; Chn = chondroitin sulfate. 
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Figure 2.3. NMDS plots of polysaccharide hydrolase activities. Non-metric multidimensional scaling 
(NMDS) plot of polysaccharide hydrolase activities based on the Bray-Curtis dissimilarity index. Circles 
represent the temperate stations (Stns. 1-8); triangles represent the Gulf Stream/Sargasso Sea stations 
(Stns. 9-16). Depth is represented by color. On the left, the Temperate or Gulf Stream/Sargasso Sea 
divisions are outlined with hulls and shaded; on the right, the depths are outlined with hulls and shaded 
for both divisions.
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Figure 2.4. Boxplots of glucosidase and peptidase activities. Box and whisker plot of glucosidase and 
peptidase activities of bulk water samples; line in middle represents median value, top and bottom of the 
box represent the upper and lower quartile, respectively, ends of ‘whiskers’ represent lowest and highest 
values (dots: outliers). Temperate stations include Stns. 1-8; Gulf Stream/Sargasso Sea stations are Stns. 
9-16. Temperate stations had water collected at 2800 m, while the Gulf Stream/Sargasso Sea stations had 
water collected from 1500 m. A-glu, alpha-glucosidase; B-glu, beta-glucosidase; Leu, leucine 
aminopeptidase; AAF, alanine–alanine-phenylalanine-chymotrypsin; AAPF, alanine–alanine-proline-
phenylalanine-chymotrypsin; QAR, glutamine-alanine-arginine-trypsin; FSR, phenylalanine-serine-
arginine-trypsin. 
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Figure 2.5. NMDS plots of glucosidase and peptidase activities. Non-metric multidimensional scaling 
(NMDS) plot of glucosidase and peptidase activities based on the Bray-Curtis dissimilarity index. Circles 
represent the temperate stations (Stns. 1-8); triangles represent the Gulf Stream/Sargasso Sea stations 
(Stns. 9-16). Depth is represented by color. On the left, the Temperate or Gulf Stream/Sargasso Sea 
divisions are outlined with hulls and shaded; on the right, the depths are outlined with hulls and shaded.
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Figure 2.6. NMDS plots of bacterial community composition. Non-metric multidimensional scaling 
(NMDS) plot of bacterial community composition based on the Bray-Curtis dissimilarity index. Circles 
represent the temperate stations (Stns. 1-8); triangles represent the Gulf Stream/Sargasso Sea stations 
(Stns. 9-16). Depth is represented by color. On the left, the Temperate or Gulf Stream/Sargasso Sea 
divisions are outlined with hulls and shaded; on the right, the depths are outlined with hulls and shaded.
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Supplementary Figure 2.1. Polysaccharide hydrolase activities by station and depth. Maximum 
polysaccharide hydrolase activities for each station and depth. Error bars represent the standard deviation 
of triplicate incubations. Note that y-axes differ between depths. Temperate stations had water collected at 
2800 m, while the Gulf Stream/Sargasso Sea stations had water collected from 1500 m. Pul = pullulan; 
Lam = laminarin; Xyl = xylan; Fuc = fucoidan; Ara = arabinogalactan; Chn = chondroitin sulfate.
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Supplementary Figure 2.2. Timepoint breakdown of polysaccharide hydrolase activities. Summed 
polysaccharide hydrolase activities for each timepoint at each station and depth. Note that y-axes differ 
between depths. Temperate stations had water collected at 2800 m, while the Gulf Stream/Sargasso Sea 
stations had water collected from 1500 m. Note that the y-axis differs by depth. Pul = pullulan; Lam = 
laminarin; Xyl = xylan; Fuc = fucoidan; Ara = arabinogalactan; Chn = chondroitin sulfate.
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Supplementary Figure 2.3. Glucosidase and peptidase activities by station and depth. Average 
glucosidase and peptidase activities for each station and depth. Error bars represent the standard deviation 
of triplicate incubations. Temperate stations had water collected at 2800 m, while the Gulf 
Stream/Sargasso Sea stations had water collected from 1500 m. A-glu, alpha-glucosidase; B-glu, beta-
glucosidase; Leu, leucine aminopeptidase; AAF, alanine–alanine-phenylalanine-chymotrypsin; AAPF, 
alanine–alanine-proline-phenylalanine-chymotrypsin; QAR, glutamine-alanine-arginine-trypsin; FSR, 
phenylalanine-serine-arginine-trypsin.
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Supplementary Figure 2.4. Boxplot of bacterial protein productivity. Boxplot of bacterial protein 
productivity as measured by the incorporation of tritiated leucine (3H-Leu); line in middle represents 
median value, top and bottom of the box represent the upper and lower quartile, respectively, ends of 
‘whiskers’ represent lowest and highest values (dots: outliers) Stations are grouped into either Temperate 
(Stns. 1-8) or Gulf Stream/Sargasso Sea (Stns. 9-16). 
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Supplementary Figure 2.5. Class-level community composition bubble plot. Class-level composition 
of bacterial communities. Circle size correlates with relative abundance. Data shown was filtered and 
represents classes with >5% relative abundance in the data set.
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Supplementary Figure 2.6. Class-level breakdown of community composition. Relative abundance of 
family-level composition of bacterial communities. Circle size correlates with relative abundance. Data 
shown was filtered and represents classes with >3% relative abundance in the data set.
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Supplementary Table 2.1. Physical and chemical parameters. 

Stn Depth Depth (m) Salinity 
(psu) 

Temperature 
(C) 

Oxygen 
(mL/L) 

Chlorophyll 
(mg/m^3) 

1 
Surface 1 32.79 5.7 7.19 0.360 
Bottom 58 33.14 3.6 6.67 0.828 

2 
Surface 1 33.11 6.3 7.12 0.595 
Bottom 78 33.39 4.6 6.48 0.695 

3 
Surface 1 33.40 7.7 7.13 1.092 
Bottom 97 35.05 10.5 4.70 0.446 

4 
Surface 2.2 33.39 7.6 7.30 0.860 
Bottom 199 35.59 12.0 4.69 0.341 

5 

Surface 2 36.41 18.6 5.09 2.223 
DCM 35 36.41 18.6 5.05 2.120 
300 m 330 35.19 9.1 3.15 0.374 
750 m 750 35.01 4.9 5.37 0.375 
Bottom 1974 34.96 3.7 5.80 0.388 

6 

Surface 3 36.09 15.6 5.44 0.745 
DCM 35 36.09 15.5 5.38 1.491 
300 m 300 35.22 9.5 3.07 0.320 

2800 m 2800 34.92 2.7 5.88 0.340 
Bottom 3500 34.89 2.2 5.81 0.323 

7 

Surface 1 36.04 16.6 5.26 1.738 
DCM 30 36.06 16.5 5.26 1.812 
285 m 285 35.12 8.6 3.14 0.320 

2800 m 2800 34.92 2.6 5.86 0.308 
Bottom 4080 34.88 2.2 5.71 0.339 

8 

Surface 5 36.16 17.4 5.08 0.907 
DCM 24 36.15 17.3 4.99 1.081 
300 m 300 35.18 9.0 3.14 0.259 

2800 m 2800 34.93 2.8 5.83 0.261 
Bottom 4574 34.88 2.2 5.62 0.275 

9 Surface 2 35.30 27.1 4.86 0.839 

10 

Surface 3 36.36 28.8 4.48 0.153 
DCM 90 36.64 25.9 4.12 0.417 
300 m 300 36.45 18.0 3.42 0.128 
Bottom 530 35.06 6.5 4.44 0.135 

11 

Surface 2 36.38 27.0 4.65 0.187 
DCM 72 36.68 22.7 4.81 0.529 
300 m 300 36.57 19.1 4.50 0.120 
OMZ 842 35.27 9.9 3.31 0.122 

1500 m 1500 35.00 4.4 5.71 0.122 
Bottom 3900 34.88 2.2 5.79 0.154 

12 Surface 2 36.34 25.0 4.85 0.139 
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DCM 95 36.63 20.9 5.03 0.359 
300 m 300 36.58 19.3 4.46 0.121 
OMZ 850 35.35 10.6 3.20 0.140 

1500 m 1500 35.00 4.5 5.67 0.163 
Bottom 3660 34.89 2.2 5.87 0.134 

12r 

Surface 3 36.27 27.5 4.58 0.165 
DCM 128 36.60 20.4 4.88 0.447 
300 m 300 36.57 19.2 4.47 0.121 
OMZ 850 35.30 10.3 3.11 0.153 

1500 m 1500 35.00 4.5 5.67 0.152 
Bottom 3660 34.88 2.2 5.82 0.179 

13 

Surface 2 35.80 24.4 4.91 0.188 
DCM 95 36.56 21.3 4.95 0.482 
300 m 300 36.43 17.7 4.01 0.153 
OMZ 645 35.29 10.1 3.13 0.138 

1500 m 1500 34.98 4.2 5.79 0.131 
Bottom 4480 34.88 2.2 5.69 0.153 

14 

Surface 3 36.14 25.1 0.00 0.185 
DCM 90 36.66 21.3 4.61 0.229 
300 m 300 36.52 19.2 4.91 0.122 
OMZ 900 35.27 10.3 2.93 0.138 

1500 m 1500 35.00 4.6 5.63 0.127 
Bottom 4845 34.88 2.3 5.77 0.158 

15 

Surface 4 36.34 25.1 4.78 0.202 
DCM 82 36.62 22.5 4.69 0.672 
300 m 300 36.58 19.2 4.50 0.123 
OMZ 840 35.29 10.1 3.19 0.154 

1500 m 1500 34.98 4.4 5.75 0.156 
Bottom 4990 34.88 2.3 5.75 0.165 

16 

Surface 4 36.47 24.9 4.77 0.165 
DCM 112 36.56 20.1 4.91 0.363 
300 m 300 36.53 19.0 4.76 0.123 
OMZ 875 35.23 9.6 3.23 0.167 

1500 m 1500 35.00 4.5 5.73 0.169 
Bottom 5050 34.88 2.3 5.75 0.184 



82 
 

REFERENCES 

 
Allison SD. Cheaters, diffusion and nutrients constrain decomposition by microbial enzymes in spatially 

structured environments. Ecol Lett. 2005; 8:626–635. 
 
Arnosti, C. (2015). Contrasting strategies in microbial degradation of organic matter in the water column 

and sediments: An example from Arctic fjords of Svalbard. Marine Chem. 168, 151-156. 
 
Arnosti, C., Steen, A.D., Ziervogel, K., Ghobrial, S., and Jeffrey, W.H. (2011). Latitudinal gradients in 

degradation of marine dissolved organic carbon. PLoS ONE 6(12), e28900. 
 
Arnosti, C., Fuchs, B., Amann, R., and Passow, U. (2012). Contrasting extracellular enzyme activities of 

particle associated bacteria from distinct provinces of the North Atlantic Ocean. Frontiers 
Microbiol. 3, 425. 

 
Arnosti, C., Reintjes, G., Amann, R. (2018). A mechanistic microbial underpinning for the size-reactivity 

continuum of DOC degradation. Mar. Chem. 206:93–99 
 
Avci B, Kruger K, Fuchs BM, Teeling H, Amann R. Polysaccharide niche partitioning of distinct 

Polaribacter clades during North Sea spring algal blooms. The ISME J. 2020; 14: 1369-1383 
 
Azam, F., and Malfatti, F. (2007). Microbial structuring of marine ecosystems. Nat. Rev. Microbiol. 5, 

782–791. doi: 10.1038/nrmicro1747  
 
Azam, F., Smith, D. C., Steward, G. F. & Hagstrom, A. (1993). Bacteria-organic matter coupling and its 

significance for oceanic carbon cycling. Microb. Ecol. 28, 167–179. 
 
Balmonte, J.P., Teske, A., and Arnosti, C. (2018). Structure and function of high Arctic pelagic, particle-

associated and benthic bacterial communities. Environ. Microb. 20, 2941-2959. 
 
Balmonte, J.P., Buckley, A., Hoarfrost, A., Ghobrian, S., Ziervogel, K., Teske, A., Arnosti, C. (2018). 

Community structural differences shape microbial responses to high molecular weight organic 
matter. Environ. Microbiol. 21(2):557-571. doi: 10.1111/1462-2920.14485  

 
Balmonte, J.P., Simon, M., Giebel, H.-A., and Arnosti, C. (2021). A sea change in microbial enzymes: 

Heterogenous latitudinal and depth-related gradients in bulk water and particle-associated 
enzymatic activities from 30 S to 59 N in the Pacific Ocean. Limnol. Oceanogr. 66, 3489-3507. 

 
Baltar, F., Aristegui, J., Sintes, E., Van Aken, H.M., Gasol, J.M., and Herndl, G.J. (2009). Prokaryotic 

extracellular enzymatic activity in relation to biomass production and respiration in the meso- and 
bathypelagic waters of the (sub)tropical Atlantic. Environ. Microbiol. 

 
Baltar, F., Aristegui, J., Gasol, J.M., Sintes, E., Van Aken, H.M., and Herndl, G.J. (2010). High dissolved 

extracellular enzyme activity in the deep central Atlantic Ocean. Aq. Microb. Ecol. 58, 287-302. 
 
Baltar, F., Aristegui, J., Gasol, J.M., and Herndl, G.J. (2012). Microbial functioning and community 

structure variability in the mesopelagic and epipelagic waters of the subtropical northeast Atlantic 
Ocean. Appl. Environ. Microbiol. 78, 3309-3316. 

 



83 
 

Baltar, F., Alvarez-Salgado, X.A., Aristegui, J., Benner, R., Hansell, D.A., Herndl, G.J., Lonborg, C. 
(2021). What is refractory organic matter in the ocean? Frontiers Mar. Sci. 8, 642637. 

 
Behrenfield, M.J., Moore, R.H., Hostetler, C.A., Graff, J., Gaube, P., Russel, L.M., Chen, G., Doney, 

S.C., et al. (2019). The North Atlantic Aerosols and Marine Ecosystems Study (NAAMES): 
Science Motive and Mission Overview. Frontiers Mar. Sci. 6, 122. 

 
Berlemont, R., and Martiny, A.C. (2016). Glycoside hydrolases across environmental microbial 

communities. PLoS Comp Biol. 12(12):e1005300. doi: 10.1371/journal.pcbi.1005300 
 
Bligh, M., Nguyen, N., Buck-Wiese, H., Vidal-Melgosa, S., and Hehemann, J.-H. (2022). Structures and 

functions of algal glycans shape their capacity to sequester carbon in the ocean. Curr Opinion 
Chemical Biology. 

 
Bolaños, L.M., Karp-Boss, L., Choi, C.J., Worden, A.Z., Graff, J.R., Haentjens, N., Chase, A.P., Della 

Penna, A., Gaube, P., Morison, F., Menden-Deuer, S., Westberry, T.K., O’malley, R.T., Boss, E., 
Behrenfeld, M.J., and Giovannoni, S.J. (2020). Small phytoplankton dominate western North 
Atlantic biomass. The ISME J 14, 1663-1674. 

 
Bolaños, L.M., Choi, C.J., Worden, A.Z., Baetge, N., Carlson, C.A., and Giovannoni, S.J. (2021). 

Seasonality of the microbial community composition in the North Atlantic. Frontiers  Marine Sci 
8, 623164. 

 
Bong, C.W., Obayashi, Y., and Suzuki, S. (2013). Succession of protease activity in seawater and 

bacterial isolates during starvation in a mesocosm experiment. Aq. Microb. Ecol. 69, 33-46. 
 
Brown, S.A., Balmonte, J.P., Hoarfrost, A.H., Ghobrial, S., Arnosti, C. (2022). Depth-related patterns in 

microbial community responses to complex organic matter in the western North Atlantic 
Ocean. Biogeosciences, 19(24), 5617-5631. doi: 10.5194/bg-19-5617-2022  

 
Coutinho, F.H., Silveira, C.B., Gregoracci, G.B., Thompson, C.C., Edwards, R.A., Brussaard, C.P.D., 

Dutilh, B.E., Thompson, F.L. (2017). Marine viruses discovered via metagenomics shed light on 
viral strategies throughout the ocean. Nature Comm. 8, 15955. 

 
Della Penna, A., and Gaube, P. (2019). Overview of (Sub)mesoscale ocean dynamics for the NAAMES 

field program. Frontiers Mar. Sci. 6, 384. 
 
Delong, E.F., Preston, C.M., Mincer, T., Rich, V., Hallam, S.J., Frigaard, N.-U., Martinez, A., Sullivan, 

M.B., Edwards, R., Brito, B.R., Chisholm, S.W., and Karl, D.M. (2006). Community genomics 
among stratified microbial assemblages in the ocean's interior. Science 311, 496-503. 

 
Fuhrman, J., Steele, J., Hewson, I., Schwalbach, M., Brown, M., Greene, J., Brown, J. (2008). A 

latitudinal diversity gradient in planktonic marine bacteria. PNAS, 105, 7774-7778. 
 
Fukuda, R., Sohrin, Y., Saotome, N., Fukuda, H., Nagata, T., and Koike, I. (2000). East-west gradient in 

ectoenzyme activities in the subarctic Pacific: Possible regulation by zinc. Limnol. Oceanogr. 45, 
930-939. 

 
 
 



84 
 

Gomez-Pereira, P.R., Schuler, M., Fuchs, B.M., Bennke, C.M., Teeling, H., Waldmann, J., Richter, M., 
Barbe, V., Bataille, E., Glockner, F.O., and Amann, R. (2012). Genomic content of uncultured 
Bacteroidetes from contrasting oceanic provinces in the North Atlantic Ocean. Environ. Microb. 
14, 52-66. 

 
Hedges JI, Baldock JA, Gélinas Y, Lee C, Peterson ML, Wakeham SG. (2002). The biochemical and 

elemental compositions of marine plankton: a NMR perspective. Mar Chem. 78(1), 47-63. doi: 
10.1016/S0304-4203(02)00009-9  

 
Hoarfrost, A., and Arnosti, C. (2017). Heterotrophic extracellular enzymatic activities in the Atlantic 

Ocean follow patterns across spatial and depth regimes. Frontiers Mar Sci 4, 200. 
 
Hoarfrost, A., Balmonte, J.P., Ghobrial, S., Ziervogel, K., Bane, J., Gawarkiewicz, G., and Arnosti, C. 

(2019). Gulf Stream ring intrusion on the Mid-Atlantic Bight shelf affects microbially-driven 
carbon cycling. Front. Mar. Sci. 6, 394. 

 
Hutchins, D.A., and F. Fu. (2017). Microorganisms and ocean global change. Nature Microbiology 2, 

17058. doi: 10.1038/nmicrobiol.2017.58 
 
Klindworth, A., Mann, A.J., Huang, S., Wichels, A., Quast, C., Waldmann, J., Teeling, H., Glöckner, 

F.O. (2014). Diversity and activity of marine bacterioplankton during a diatom bloom in the 
North Sea assessed by total RNA and pyrotag sequencing. Mar. Genomics 18, 185–192. 

 
Laine, R.A. (1994). A calculation of all possible oligosaccharide isomers both branched and linear yields 

1.05 x 10^12 structures for a reducing hexasaccharide: the Isomer Barrier to development of 
single-method saccharide sequencing or synthesis systems. Glycobiology 4, 759-767. 

 
Lapebie, P., Lombard, V., Drula, E., Terrapon, N., and Henrissat, B. (2019). Bacteroidetes use thousands 

of enzyme combinations to break down glycans. Nature Comm. 10, 2043. 
 
Liu, S., and Liu, Z. (2021). The effect of chemical structure on hydrolysis pathways of small peptides in 

coastal seawater. Mar. Chem. 233. 
 
Liu, Q., Fang, J., Li, J., Zhang, L., B.-B., X., Chen, X.-L., and Zhang, Y.-Z. (2018). Depth-resolved 

variations of cultivable bacteria and their extracellular enzymes in the water column of the New 
Britain Trench. Front. Microbiol. 9, 135. 

 
Liu, S., and Liu, Z. (2020). Distinct capabilities of different Gammaproteobacterial strains on utilizing 

small peptides in seawater. Scientific Rep. 10, 464. 
 
Louca, S., Polz, M.F., Mazel, F., Albright, M.B.N., Huber, J.A., O’Connor, M.I., Ackermann, M., Hahn, 

A.S., Srivastava, D.S., Crowe, S.A., Doebeli, M., Parfrey, L.W. (2018). Function and functional 
redundancy in microbial systems. Nat Ecol Evol 2, 936–943. doi: 10.1038/s41559-018-0519-1 

 
Martiny, A.C., Treseder, K., and Pusch, G. (2013). Phylogenetic conservatism of functional traits in 

microorganisms. The ISME J. 7, 830-838. 
 
Martiny, A.C., Vrugt, J.A., Lomas, M.W. (2014). Concentrations and ratios of particulate organic carbon, 

nitrogen, and phosphorus in the global ocean. Sci Data 1:140048. doi: 10.1038/sdata.2014.48 
 



85 
 

Martiny J. B. H., Bohannan B. J., Brown J. H., Colwell R. K., Fuhrman J. A., Green J. L., Horner-Devine 
M. C., Kane M., Krumins J. A., Kuske C. R., Morin P. J., Naeem S., Ovreås L., Reysenbach A. 
L., Smith V. H., Staley J. T. (2006). Microbial biogeography: Putting microorganisms on the 
map. Nat. Rev. Microbiol. 4, 102–112. 

 
Obayashi, Y., and Suzuki, S. (2005). Proteolytic enzymes in coastal surface seawater: Significant activity 

of endopeptidases and exopeptidases. Limnol. Oceanogr. 50, 722-726. 
 
Obayashi, Y., and Suzuki, S. (2008). Occurrence of exo- and endopeptidases in dissolved and particulate 

fractions of coastal seawater. Aq. Microb. Ecol. 50, 231-237. 
 
R Core Team (2021). R: A language and environment for statistical computing. R Foundation for 

Statistical Computing, Vienna, Austria. https://www.R-project.org/ 
 
Sala, M.M., Ruiz-Gonzalez, C., Borrull, E., Azua, I., Bana, Z., Ayo, B., Alvarez-Salgado, X.A., Gasol, 

J.M., and Duarte, C.M. (2020). Prokaryotic capability to use organic substrates across the global 
tropical and subtropical ocean. Front. Microb. 11, 918. 

 
Schattenhofer, M., Fuchs, B.M., Amann, R., Zubkov, M.V., Tarran, G.A., and Pernthaler, J. (2009). 

Latitudinal distribution of prokaryotic picoplankton populations in the Atlantic Ocean. Environ. 
Microb. 11, 2078-2093. 

 
Sichert, A., Corzett, C.H., Schechter, M.S., Unfried, F., Markert, S., Becher, D., Fernandes-Guerra, A., 

Liebeke, M., Schweder, T., Polz, M.F., and Hehemann, J.-H. (2020). Verrucomicrobial use 
hundreds of enzymes to digest the algal polysaccharide fucoidan. Nature Microbiol. 5, 1026-
1039. 

 
Steen, A.D., Ziervogel, K., Ghobrial, S., and Arnosti, C. (2012). Functional variation among 

polysaccharide-hydrolyzing microbial communities in the Gulf of Mexico. Marine Chem. 138, 
13-20. 

 
Steen, A.D., and Arnosti, C. (2013). Extracellular peptidase and carbohydrate hydrolase activities in an 

Arctic fjord (Smeerenburg fjord, Svalbard). Aquat. Microb. Ecol. 69, 93-99. 
 
Steen, A.D., Vazin, J.P., Hagen, S.M., Mulligan, K.H., and Wilhelm, S.W. (2015). Substrate specificity of 

aquatic extracellular peptidases assessed by competitive inhibition assays using synthetic 
substrates. Aq. Microb. Ecol. 75, 271-281. 

 
Sunagawa, S., Coelho, L.P., Chaffron, S., Kultima, J.R., Labadie, K., Salazar, G., Djhanschiri, B., Zeller, 

G., Mende, D.R., Alberti, A., Cornejo-Castillo, F.M., Costea, P.I., Cruaud, C., D'ovidio, F., 
Engelen, S., Ferrera, I., Gasol, J.M., Guidi, L., Hildebrand, F., and Al., E. (2015). Structure and 
function of the global ocean microbiome. Science 348, 1261359-1261351 - 1261359. 

 
Suttle, C.A. (2005). Viruses in the sea. Nature 437, 356-361. 
 
Teeling, H., Fuchs, B.M., Becher, D., Klockow, C., Gardebrecht, A., Bennke, C.M., Kassabgy, M., 

Huang, S., Mann, A.J., Waldmann, J., Weber, M., Klindworth, A., Otto, A., Lange, J., Bernhardt, 
J., Reinsch, C., Hecker, M., Peplies, J., Bockelmann, F.D., Callies, U., Gerdts, G., Wichels, A., 
Wiltshire, K.H., Glöckner, F.O., Schweder, T., Amann, R. (2012). Substrate-controlled 
succession of marine bacterioplankton populations induced by a phytoplankton bloom. Science 
336, 608-611.  



86 
 

Teeling, H., Fuchs, B.M., Bennke, C.M., Kruger, K., Chafee, M., Kappelmann, L., Reintjes, G., 
Waldmann, J., Quast, C., Glöckner, F.O., Lucas, J., Wichels, A., Gerdts, G., Wiltshire, K.H., 
Amann, R.I., 2016. Recurring patterns in bacterioplankton dynamics during coastal spring algae 
blooms. eLIFE 5, 11888. doi: 10.7554/eLife.11888 

Xing, P., Hahnke, R.L., Unfried, F., Markert, S., Hugang, S., Barbeyron, T., Harder, J., Becher, D., 
Schweder, T., Glockner, F.O., Amann, R.I., and Teeling, H. (2015). Niches of two 
polysaccharide-degrading Polaribacter isolates from the North Sea during a spring diatom bloom. 
The ISME J. 9:1410–1422. 

 
Zhao, Z., Baltar, F., and Herndl, G.J. (2020). Linking extracellular enzymes to phylogeny indicates a 

predominantly particle-associated lifestyle of deep-sea prokaryotes. Science Advances 6, 
eaaz4354.



87 
 

CHAPTER 3: DISTINCT BIOGEOCHEMICAL PATTERNS OF CARBOHYDRATE 
INVENTORIES, MICROBIAL COMMUNITIES, AND THEIR ENZYME ACTIVITIES IN THE 

WESTERN NORTH ATLANTIC 
 

 

Introduction 

Carbohydrates and proteins are the major components of phytoplankton organic matter (Wakeham 

et al., 1997; Hedges et al., 2001), which forms the base of marine food webs. Much of this organic matter 

is processed by heterotrophic bacterial communities (Azam et al., 1983). The functional capabilities of the 

bacterial communities to process this organic matter help define which organic matter is labile and easily 

consumed, and which is recalcitrant for a given community (Carlson et al., 2004; Hansell and Carlson, 

2013). Whether organic matter is processed is also dependent on the ability for bacteria to process 

extracellular enzymes to hydrolyze complex carbohydrates to lower molecular weights that can be further 

transformed and/or respired (Arnosti 2011).  

Extracellular enzymes are highly specific for a given substrate; bacterial communities must 

produce the specific enzymes required to degrade even a single substrate (Berlemont and Martiny, 2016). 

Complex substrates, such as fucoidan, can require hundreds of enzymes to fully degrade (Sichert et al., 

2020); laminarin, on the other hand, may only require three enzymes to degrade (Becker et al., 2017). The 

structural complexity of the substrate therefore determines how many enzymes are needed to degrade it, 

since the number of complex linkages for a substrate scales with the number of required enzymes for 

degradation (Bligh et al., 2022). Therefore, both the structural complexity of organic matter and what 

enzymes are produced is essential for understanding the extent to which bacteria transform organic matter 

in the ocean. 

Characterizing high molecular weight organic matter has remained a challenge (Hedges et al., 

2000). Advances in proteomics has helped with uncovering protein structures (Gupta et al., 2021); 
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however, not as much progress has been made on characterization of polysaccharides. This delay in 

progress of characterizing polysaccharides is in part due to the multitude of possible linkages between 

monomers. In the past decade, some advances in biotechnology (Vidal-Melgosa et al., 2015) have made 

the detection of polysaccharides in marine environments possible (Vidal-Melgosa et al., 2021; Buck-

Wiese et al., 2023). Despite technological advances, no open-ocean studies to characterize carbohydrate 

inventories has yet been achieved.  

This study applies standard as well as new analytical approaches to quantify carbo inventory. 

Specifically, we measured dissolved organic carbon (DOC) and particulate organic carbon (POC), the 

monosaccharide constituents of combined carbohydrates from POC, and the structural complexity of 

polysaccharides. This carbohydrate characterization was combined with measuring the enzymatic 

activities of six marine polysaccharides, which differ in their structural specificity by different enzymes 

(Arnosti and Repeta, 1994; Alderkamp et al., 2007; Sichert et al., 2020). This work was carried out in 

distinct regions of the western North Atlantic, where circulation patterns—and therefore water masses—

differ between the stations. We examined similarities and differences in microbial communities, their 

capabilities, and the in situ inventories of OM, as functions of depth as well as location. These 

measurements will offer insight into the functional capabilities of bacteria throughout the water column, 

as well as the substrates that they target. 

 

Materials and Methods 

3.1.1 Stations and water sampling 

Water samples were collected in the western North Atlantic aboard R/V Endeavor (cruise EN638; 

May 15th—May 30th 2019). Samples were collected at one shelf station and three open ocean stations 

(Stns. 17 and 18-20, respectively) using a Niskin rosette (12 x 30L bottles) equipped with a Seabird 32 

CTD. At each offshore station, water was collected from the surface, deep chlorophyll maximum (DCM), 

300 m, OMZ, 1500 m, 3000 m, and bottom (excluding Stn 18, at which bottom water was ~3000 m). At 

Stn. 17, water was collected from the surface, DCM, and bottom (depth: 625 m). Seawater was 
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transferred from Niskin bottles into 20 L carboys that were acid washed and rinsed, then rinsed three 

times with seawater from the sampling depth prior to filling. Transfers were carried out using silicone 

tubing that had been acid washed and rinsed with distilled water prior to use. Seawater was taken directly 

from the carboys to measure bacterial protein production, polysaccharide hydrolase activities, peptidase 

activities, and glucosidase activities, as described below.  

 

3.1.2 Bacterial Production and Cell Counts 

3.1.2.1 Bacterial productivity 

Bacterial productivity was measured after Kirchman et al. (2001), using incorporation of tritiated-

leucine (3H-Leu; 20 nM). In brief, leucine incorporation rates were measured in samples incubated in the 

dark at in-situ temperatures, and were converted to bacterial carbon production through multiplication by 

a factor of 0.86 (Simon and Azam, 1989; Kirchman, 2001). 

 

3.1.2.2 Bacterial cell counts 

Seawater samples were fixed with formaldehyde at a final concentration of 1%, then 25-50 mL of 

the fixed samples were filtered through a polycarbonate filter (pore size: 0.22 µm) at a maximum vacuum 

of 200 mbar. DNA staining was done using 4′,6-Diamidin-2-phenylindol (DAPI), and samples were 

mounted with a Citifluor/VectaShield (4:1) solution. Cell counting was done using a fully automated 

epifluorescence microscope (Zeiss AxioImager.Z2 microscope stand, Carl Zeiss) and image analysis was 

carried out as described by Bennke et al. (2016). Cell count verification of the automated image analysis 

was done manually. 
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3.1.3 Organic Matter Analyses 

3.1.3.1 Collection of particulate organic matter 

Particulate organic matter was collected by filtering between 5-15 liters of water through a 47-

mm pre-combusted glass fiber filter (pore size 0.7 um; see Table 3.1). These samples were collected from 

all depths and stations. 

 

3.1.3.2 Dissolved Organic Carbon and Total Dissolved Nitrogen  

Dissolved organic carbon (DOC) analysis were performed following Vidal-Melgosa et al. (2021). 

Four replicate 10 mL samples were collected in pre-combusted glass vials directly from Niskin bottles. 

Samples were filtered through a 0.7 µm pore-size glass fiber filter (GF/F), acidified to pH 2 (using HCl), 

and stored in the dark at 4 °C until analysis. Dissolved organic carbon and total dissolved nitrogen was 

measured using a Shimadzu TOC-VCPH instrument via high temperature catalytic oxidation. Deep-sea 

reference materials (Hansell, University of Miami, USA) were used to validate the measurements. 

 

3.1.3.3 Particulate Organic Carbon and Particulate Organic Nitrogen  

Particulate organic carbon (POC) and particulate organic nitrogen (PON) were measured as 

described in Becker et al (2020 https://doi.org/10.1073/pnas.1917001117). In brief, triplicate filter 

punches from samples collected on pre-combusted glass fiber filters (GF/F) were placed in an acidic 

environment (concentrated HCl fumes) for 24 h to remove inorganic carbon. After drying for 24 h at 60 

°C, the samples were packed in pre-combusted tin foil. C and N were quantified using an elemental 

analyzer (cario MICRO cube; Elementar Analysensysteme) using sulfanilamide for calibration.  

 

3.1.3.4 Monosaccharide composition of combined particulate carbohydrates  

POM samples were collected as described above. The monosaccharide constituents of the total 

combined carbohydrates (i.e., polysaccharides, glycoproteins, glycolipids, etc.) were determined from 

triplicate filter punches (11.2 mm diameter). Acid hydrolysis was performed by adding 1 M HCl to each 

https://doi.org/10.1073/pnas.1917001117
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filter piece and incubating at 100°C for 24 hours. After acid-hydrolysis, the samples were dried on a 

speed-vac and resuspended in Milli-Q to remove any HCl. The quantity and composition of the resulting 

monosaccharides were measured using a modified protocol (Engel and Handel (2011), as described by 

Vidal-Melgosa et al. (2021)). In brief, neutral, amino, and acidic sugars were quantified using high 

performance anion exchange chromatography on a Dionex ICS-5000+ system with pulsed amperometric 

detection (HPAEC-PAD). Peaks were identified using retention times of purified monosaccharide 

standards; abundance was quantified from standards using the peak area for a given monosaccharide. 

 

3.1.3.5 Polysaccharide extraction for microarray analyses 

POM samples were prepared for polysaccharide analysis according to Vidal-Melgosa et al. 

(2021). Polysaccharides were sequentially extracted from a total of four filter piece punches from the 

GF/F filter (11.2 mm diameter). The samples were first extracted with autoclaved MilliQ water, followed 

by 50 mM EDTA, and finally 4 M NaOH with 0.1% NaBH4. The supernatant containing extracted 

polysaccharides was collected from each of the sequential steps and stored at 4 °C. 

 

3.1.3.6 Carbohydrate microarray analysis 

The polysaccharides extracted as described above were analyzed following Vidal-Melgosa et al. 

(2021). In brief, the polysaccharide extracts were first diluted in printing buffer (55.2% glycerol, 44% 

water, 0.8% Triton X-100), and then printed on 0.45 µm pore size nitrocellulose membrane (Whatman) 

using a microarray robot (Sprint, Arrayjet, Roslin, UK) at 20 °C and 50% humidity. The membranes were 

probed with one of 9 monoclonal antibodies, washed multiple times, and probed with secondary 

antibodies (anti-rat, anti-mouse, or anti-His tag) conjugated to alkaline phosphatase for 2 hours. The 

arrays were developed using 5-bromo-4-chloro-3-indolyphosphate and nitro blue tetrazolium in alkaline 

phosphatase buffer (100 mM NaCl, 5 mM MgCl2, 100 mM Tris-HCl, pH 9.5). The microarrays were 

scanned and signal intensity was acquired using the software Array-Pro Analyzer 6.3 (Media 
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Cybernetics). Signals were normalized amongst samples; higher signals correspond to a higher abundance 

of a given polysaccharide epitope.  

 

3.1.4 Analysis of bacterial community composition 

Bacterial community composition at all stations and sampling depth was assessed through 16S 

rRNA analysis. Seawater (25 mL) was filtered through a 0.22 µm pore size polycarbonate filter at a 

maximum vacuum of 200 mbar. The filters were air dried and frozen at -20 °C until further processing. 

Total DNA was extracted from these filters using the DNeasy Power Water Kit (Quiagen). The variable 

V3 and V4 regions (490 bp) of the 16S rRNA were amplified in 30 PCR cycles, using the 5 PRIME 

HotMasterMix (Quantabio) together with the Bakt_314F (CCTACGGGNGGCWGCAG) and Bakt_805R 

(GACTACGVGGGTATCTAATCC) PCR primer pair (Herlemann et al., 2011). Forward and reverse 

primers were barcoded with individual 8 bp barcode adapter (based on the NEB Multiplex Oligos for 

Illumina, New England Biolabs). Each amplified PCR product was purified and size selected using the 

AMPure XP PCR Cleanup system (Beckman Coulter) before barcoded products were pooled in 

equimolar concentrations. The pools were sent to the Max Planck-Genome-Centre (Cologne) for paired-

end Illumina sequencing (2x250 bp HiSeq2500). Merging, demultiplexing and quality trimming 

(sequence length 300–500 bp, < 2% homopolymers, < 2 % ambiguities) of bulk sequences was done 

using BBTools (Bushnell, B., 2014). Sequence comparison and taxonomic assignment of the retrieved 

sequences was done using the SILVAngs pipeline (Quast et al., 2014) with the SSU rRNA SILVA 

database 138.  

 

3.1.5 Enzymatic Activity Measurements 

3.1.5.1 Measurement of peptidase and glucosidase activities 

Alpha- and beta-glucosidase activities, the activities of enzymes that hydrolyze terminal glucose 

units from larger structures, were measured using small substrate proxies consisting of α-glucose and β-

glucose linked to 4-methylumbelliferone (MUF). Exo-acting (terminal-unit cleaving) peptidase activities 
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were measured using the amino acid leucine linked to the fluorophore 7-amido-4-methyl coumarin 

(MCA), whereas activities of endo-acting (midchain-cleaving) peptidases were measured using short 

peptides linked to MCA. Chymotrypsin activities were measured with (1-letter amino acid codes) alanine-

alanine-phenylalanine (AAF) and alanine-alanine-proline-phenylalanine (AAPF), and trypsin activities 

were measured with glutamine-alanine-arginine (QAR) and phenylalanine-serine-arginine (FSR). 

Enzymatic activities in seawater were measured as previously described (Hoarfrost et al., 2017). 

In brief, substrate was added at saturating concentrations (150 µM as determined in surface seawater at 

Stn. 17) to a total volume of 200 µL in a 96-well plate. Triplicate wells of seawater amended with 

substrate were used in experimental incubations, and triplicate wells of autoclaved seawater amended 

with substrate were used for killed controls. Fluorescence was measured immediately (t0) and every 6 

hours over 24 hours, using a plate reader (TECAN SpectraFluor Plus with 340 nm excitation, 460 nm 

emission). Fluorescence signals were converted to concentrations using standard curves of MUF and 

MCA fluorophores. Hydrolysis rates were measured as an increase in fluorescence over time. Activities 

reported here were averaged using data collected during the first twelve hours of incubations. 

 

3.1.5.2 Measurement of polysaccharide hydrolase activities 

The activities of enzymes hydrolyzing distinct polysaccharides were measured using six 

fluorescently-labeled polysaccharides: pullulan, laminarin, xylan, fucoidan, arabinogalactan, and 

chondroitin sulfate (Arnosti 2003). The polysaccharides (Sigma) were labelled with fluoresceinamine 

(Sigma) and characterized following Arnosti (2003).  

For each substrate, three 15 mL centrifuge tubes were filled with unfiltered seawater and one 15 

mL centrifuge tube was filled with autoclaved seawater to serve as a killed control. A single substrate was 

added to each tube to a final concentration of 3.5 µM (except fucoidan which was added to a final 

concentration of 5 µM). One 15 mL centrifuge tube with autoclaved seawater served as a negative 

control, and one 15 mL centrifuge tube filled with bulk seawater served as a blank. Incubations were 
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stored in the dark at close to in situ temperatures. For surface, DCM, 300 m, and bottom water depths, 

larger incubations (600 mL) were set up to enable additional volume for analyses not reported here.  

Subsamples were taken directly after each incubation was set up (day 0) and at five additional 

timepoints (3 days, 5 days, 10 days, 15 days, and 30 days) to measure hydrolysis rates. At each timepoint, 

2 mL of water was collected from each sample and filtered (0.2 µm SFCA filter) into an epi tube, stored 

frozen at -20 C until analysis.  

Hydrolysis of the six polysaccharides was measured using gel permeation chromatography with 

fluorescence detection (Arnosti 2003). The samples were injected onto a series of columns (a G50 

Sephadex gel column followed by a G75 Sephadex gel column), and fluorescence was measured using a 

Hitachi detector set to excitation and emission wavelengths of 490 nm and 530 nm, respectively. 

Polysaccharide hydrolase activities were calculated by measuring the change in the relative proportion of 

signal in different molecular weight bins over time. 

 

3.1.6 Statistical analyses 

3.1.6.1 NMDS Plots 

Non-metric multidimensional scaling (NMDS) plots using the Bray-Curtis dissimilarity index 

were constructed to visualize dissimilarities in peptidase and glucosidase activities, polysaccharide 

hydrolase activities, and bacterial community composition. Analysis of variance (ANOVA) was used to 

test differences in enzymatic activity and carbohydrate content between stations and depths. 

 

3.1.6.2 Correlation Plots 

To visualize correlations between collected environmental data and measured enzymatic activity, 

correlation plots were constructed using Corrplot (v. 0.92) in R (v. 4.2.1 Patched). Since station 

environmental parameters varied considerably (Table 3.2), correlation plots were also constructed for 

each station.  
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Results 

3.2.1 Distinct water mass characteristics at each station 

Stations differed considerably in the physical and chemical characteristics of the water masses, 

especially in surface waters (Fig. 3.1; Table 3.2). At Stn. 17, located on the continental slope (maximum 

depth: 625 m), surface water and DCM water both were characteristic of Gulf Stream Water (Liu and 

Tanhua, 2021). Bottom water collected at Stn. 18 was characteristic of upper Labrador Sea Water 

(Heidrich and Todd, 2020; Andres et al., 2018). Surface water at Stn. 18 also had characteristics of Gulf 

Stream water. This water was warmer and more saline (25.18°C; 36.42 PSU) than surface waters at Stns. 

19 and 20 (8.78°C and 33.72 PSU and 21.03 °C and 36.73 PSU for Stns. 19 and 20, respectively).  

Surface water from Stn. 19, near the continental shelf break off Newfoundland, had 

characteristics similar to the Labrador current that flows south past the Grand Banks (Fratantoni & 

Pickart, 2007). The salinity at this station increased by 1 PSU between surface/DCM waters and a depth 

of 300 m, resulting in the strongest measured vertical gradient of salinity with depth (Fig. 3.1). The 

relatively fresh surface water at Stn. 19 likely indicates the influence of sea ice melt, or potentially also 

freshwater drainage from the Gulf of St. Lawrence (Fratantoni and Pickart, 2007). The physicochemical 

characteristics of water samples collected at the surface, DCM, and 300 m at Stn. 19 were similar in 

density and salinity to those of the Warm Slope Water (WSW) and Labrador Slope Water (LSLW) 

measured by Fratantoni & Pickart (2007). The water at 300 m at Stn. 19 also corresponded to the oxygen 

minimum zone (OMZ) at this station, with an O2 concentration of 135 µmol kg-1, as measured by the 

CTD sensor.  

Stn. 20 was located within the North Atlantic subtropical gyre. Stn. 20 surface water was 

characteristic of Thermocline Water (TW; Heidrich and Todd, 2020). The T/S characteristics of water 

collected at depths of 300 m were very similar at Stn. 20 and Stn. 18, and was likely Eighteen Degree 

Water (EDW; Heidrich and Todd, 2020). Water collected at 1500 m, 3000 m, and just above the seafloor 

had similar water characteristics at Stns. 18-20, and the T/S characteristics were most similar to North 
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Atlantic Deep Water (NADW; Fig. 3.1; Broecker, 1991). Stns. 17 and 18 were located within the Gulf 

Stream, while Stn. 20 was located within the oligotrophic Sargasso Sea (Fig. 3.1; Liu and Tanhua, 2021). 

 

3.2.2 DOC and POC concentrations 

Dissolved organic carbon (DOC) concentrations were highest in surface water and decreased with 

depth at each station, except at Stn. 20, which showed a comparatively low surface water concentration 

(ca. 70 µM, compared to ca. 78-84 µM in surface water at the other stations). DOC at a depth of 300m at 

Stn. 20 was more similar to surface water concentrations at the other stations. The total dissolved 

Nitrogen (TDN) increased with depth, with values in surface waters typically around 5-7 µmol/L and 

bottom depths ranging from 21-28 µmol/L (Table 3.2). Accordingly, the C:N ratio for DOM decreased 

with depth (Suppl. Fig. 3.2).  

Overall, POC concentrations were highest in surface and DCM waters, and decreased with depth 

(Suppl. Fig. 3.2). The highest POC concentrations in surface and DCM waters were measured at Stn. 19, 

the same depths with high chlorophyll fluorescence and high particulate organic nitrogen (PON) values 

(Table 3.2). In the offshore stations, POC concentrations increased slightly at bottom depths compared to 

the depths measured above. Overall, PON values also decreased with depth.  

 

3.2.3 Monosaccharide Composition of POM-derived combined carbohydrates 

The monosaccharide constituents of POM-derived combined carbohydrates were very similar in 

surface and DCM waters of all stations (ANOVA, p = 0.90), but changed markedly with depth (Fig. 3.2). 

In subsurface waters, these constituents were significantly different from the constituents in surface and 

DCM waters (ANOVA, p = 0.026). In surface waters at all stations, glucose, xylose, and galactose 

composed ~80% or more of the total combined carbohydrates. Although fucose, galactosamine, 

arabinose, glucosamine, and glucuronic acid composed ~20% or less of total combined carbohydrates, 

they were more abundant in surface waters and decreased considerably in relative abundance with depth 

(Fig. 3.2). Galactosamine and arabinose were only detected in surface and DCM waters offshore, and at 
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all depths at Stn. 17. Overall, the concentration of POM-derived combined carbohydrates in seawater 

decreased with depth as well, ranging from 6-28 µg/L in surface waters to ~0.5-1 µg/L in bottom waters, 

as expected (Fig. 3.2).  

In the upper water column, total concentrations of monosaccharides contributing to combined 

carbohydrates differed somewhat by station (Fig. 3.2b; ANOVA, p = 0.014). Stn. 19 had the highest 

concentration (~28 µg L-1 in surface waters), consistent with the high chlorophyll fluorescence and high 

POC concentration at this station. At Stns. 18 and 20, the concentrations were much lower (~6 µg L-1). 

Stn. 17 (with a total water column depth of ca. 600 m) also had higher total concentrations in both surface 

and bottom waters, as well as somewhat different monosaccharide constituents than at the other stations 

(Fig. 3.2). At Stns. 18-20, there were no station-specific differences in monosaccharide composition in 

waters below DCM (ANOVA, p = 0.58).  

 

3.2.4 Polysaccharide structures detected via microarray analysis 

Polysaccharide structures extracted from POM were typically only detected in surface and DCM 

waters (except for the β-1,4-mannan detected in the comparatively shallow bottom water at Stn. 17 (Fig. 

3.3)). At Stn. 17, microarray analysis identified fucoidan, β-1,3-glucan, and alginate in surface waters, 

while only β-1,3-glucan and alginate were identified at the DCM (Fig 3.3). β-1,4-mannan was detected in 

bottom waters (at 625 m), but not at any other depths for this station. For Stns. 18-20, specific 

polysaccharides were only detected in surface and DCM waters, where β-1,3-glucan and alginate were 

identified at all three stations. Fucoidan was detected in both surface and DCM waters at Stn. 19, but only 

in surface waters at Stn. 20. Both epitopes of fucoidan were detected in Stn. 20 surface waters, and 

fucoidan had the highest relative signal of any polysaccharides measured at any station and depth. RGI, β-

1,4-mannan, and xylol residues were additionally identified in Stn. 19 surface and DCM waters.  
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3.2.5 Total cell counts and bacterial protein productivity 

At all stations, total microbial cell counts were highest in the upper water column and decreased 

with depth. Surface and DCM waters at Stns. 17, 18, and 20 differ considerably, due to their relatively 

low levels of chlorophyll-α and lower cell counts (Fig. 3.1; Table 3.2). Counts ranged from 0.3 – 1.0 x109 

cells L-1 in surface waters, to ca. 1.0 – 2.0 x108 cells L-1 at 300 m, to as few as 0.8 – 1.3 x107 cells L-1 in 

bottom water at Stns. 18 – 20 (Fig. 3.1; Table 3.2). Cell counts were highest by far in the upper water 

column at Stn. 19, where total cell counts at the DCM were almost twice as high as in surface waters. At 

Stn. 20, cell counts at the DCM were somewhat higher than in surface waters, but the difference between 

depths was smaller.  

Cell-specific bacterial productivity increased in surface waters from the inshore Stn. 17 at 6 x10-9 

pmol cell-1 L-1 by two orders of magnitude to 5 x10-7 pmol cell-1 L-1 at the offshore, open-ocean Stn. 20 

(Fig. 3.1; Suppl. Fig 3.2). At Stn. 17, productivity increased slightly at the DCM compared to the surface, 

but was undetectable in bottom waters. At Stns. 18 – 20, bacterial productivity decreased considerably 

within the first 300 m of the water column, followed by a productivity peak at the OMZ at Stn. 18 and at 

1500 m at Stns. 19 and 20, respectively. While protein productivity roughly doubled at this depth at Stns. 

18 and 19, the productivity increased 26-fold to 2 x10-7 pmol cell-1 L-1 at Stn. 20. These peaks are 

followed by a decrease in bacterial productivity with depth, and a slight increase again in bottom waters. 

The total bacterial productivity in bottom waters increased from more inshore to more offshore stations 

(from Stn.18 at 4 x10-9 pmol cell-1 L-1 to Stn. 19 at 9 x10-9 pmol cell-1 L-1 to Stn. 20 at 1 x10-7 pmol cell-1 

L-1).  

 

3.2.6 Community composition 

The bacterial communities in surface and DCM waters for all four stations were mainly 

composed of members of the Proteobacteria (Gamma- and Alphaproteobacteria), the Bacteroidetes, 

Actinobacteria, and Cyanobacteria.  In waters at 300 m and below, higher relative abundances of the 
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SAR324 clade, Marinimicrobia, Chloroflexi and Firmicutes were detected (Fig. 3.4), Bacteroidetes and 

Actinobacteria were present in lower relative numbers, and Cyanobacteria had virtually disappeared. 

Bacterial community composition in surface and DCM waters differed among stations. Stns. 17 

and 18 surface water and DCM communities were very similar, with a large contribution (~30%) of 

Prochlorococcus (Fig. 3.4a,b). These communities were quite different than the bacterial community in 

surface waters of Stn. 19, which included Chloroflexi, Marinimicrobia and members of the SAR324 

clade, which were not detected in other surface water communities. Overall, Stn. 19 surface was 

dominated by Alphaproteobacteria, which constituted ~50% of the total community. The bacterial 

community in DCM waters at Stn. 19 was quite different from surface waters (Fig. 3.4), with one clade of 

the SAR11 dominating. In addition, Bacteroidetes were present in greater abundance and showed greater 

diversity than at other sampling locations. In Stn. 20 surface waters, Gammaproteobacteria, mainly 

Colwellia and Alteromonas, were present in high abundance. They accounted, together with uncultured 

Flavobacteriaceae and the alphaproteobacterial Shimia, for most of the community. Stn. 20 DCM waters 

were dominated by Alphaproteobacteria, and were distinguished from surface waters particularly by the 

presence of Synechococcus.  

Bacterial communities in subsurface waters at each station differed substantially from their 

surface counterparts. Stn. 17 bottom water (at 625 m) had a strong representation of 

Gammaproteobacteria (~35% of the community), while the contribution of Prochlorococcus and 

Alphaproteobacteria decreased relative to the surface and DCM. At Stn. 18, the communities at 300 m, 

the OMZ, and 1500 m were relatively similar, and showed similarity to communities at those same depths 

at Stn. 19 (Fig. 3.4). These communities were dominated by Alphaproteobacteria, with contributions from 

members of Marinimicrobia, SAR324, and SAR202. For Stn. 18, the Gammaproteobacterial contribution 

was the lowest observed at all stations and depths. Stn. 20 subsurface communities differed slightly 

among depths and were much more different from the subsurface communities of Stns. 18 and 19. 

Notably, at Stn. 20, Prochlorococcus was also detected at depths of 300 m, the OMZ, and 1500 m. Stn. 20 
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communities were also dominated by Alphaproteobacteria, with minor contributions from Bacteroidetes 

at 300 m and 1500 m. 

In 3000+ m waters, the bacterial communities were quite different among stations. The bottom 

water community at 3190 m at Stn. 18 stands out based on the dominant ~30% of Alteromonas, a unique 

presence of the verrucomicrobial DEV007, and the presence of some Bacteroidetes. Bacteroidetes were 

also detected in 3000 m and bottom waters at Stn. 19. This phylum was very reduced in relative 

abundance at Stns. 18 and 19 at depths between 300 to 1500 m, but made up to 15% of the population at 

3000 m. Also at Stn. 19, a wide array of members of Gammaproteobacteria accounted for ~25% of the 

population at a depth of 3000 m. Gammaproteobacteria increased to more than 50% relative abundance in 

Stn. 19 bottom water, with a contribution of different taxa; this community was distinct from Stn. 18 

bottom water, where the Gammaproteobacteria were dominated by Marine Methylotrophic Group 3. In 

Stn. 20 bottom waters, the SAR324 clade, Chloroflexi and Marinimicrobia increase in relative abundance, 

together accounting for up to 40 % of the community. Firmicutes were present in comparatively high at 

abundance 3000 m, but absent in bottom water, where we detected a small contribution of 

Verrucomicrobia. The relative abundance of Bacteroidetes in 3000+ m waters at Stn. 20 was quite small, 

contrasting with the high relative abundance of Bacteroidetes found in surface waters at this station. 

Taken together, the bacterial community composition of the four stations differs more by depth 

than by location (Fig. 3.4b,c). The spatial separation of bacterial community composition is most notable 

between the surface and deep ocean (excluding Stn. 20 surface water). The surface water bacterial 

communities are the most distinct among the different stations (Fig. 3.4); these differences are linked in 

part to the differences in water masses (Fig. 3.1). These distinctions likely arise from the higher relative 

abundance of members of the SAR406 and SAR202 clades found at Stn. 20 compared to the other 

stations.  

 

 

 



101 
 

3.2.7 Glucosidase and peptidase activities 

Station- as well as depth separation was notable among the enzymatic activities, with differences 

in both the rates and spectrum of glucose and peptide substrates hydrolyzed (Fig. 3.5). This distinction 

among stations was more evident than for bacterial community composition or polysaccharide hydrolase 

activities (see below). At Stn. 19, leucine aminopeptidase activity tended to dominate at all depths, 

whereas at Stns. 17, 18, and 20, endopeptidase activities were frequently comparable to leucine 

aminopeptidase activities. Alpha- and beta-glucosidase activities were prominent particularly at 300 m 

and ca. 800 m (Fig. 3.5).  

In general, summed glucosidase and peptidase activities at 3000+ m depths were only slightly 

lower than at shallower depths. Summed activities were highest at surface and DCM waters (upwards of 

100 nmol L-1 hr-1), then decreased by half (to upwards of 50 nmol L-1 hr-1) below 300 m. Fewer substrates 

were typically hydrolyzed at deeper depths, although Stn. 20 showed hydrolysis of all seven glucosidase 

and peptidase substrates at 1500 m as well as in bottom water (Fig. 3.5). One endopeptidase, 

chymotrypsin substrate AAPF, was hydrolyzed more rapidly at deeper depths, dominating waters of Stn. 

18. For Stns. 19 and 20, leucine aminopeptidase activity dominated at deeper depths.  

 

3.2.8 Polysaccharide hydrolase activities 

Polysaccharide hydrolase activities varied by depth. The spectrum of enzyme activities was 

generally broadest not in surface waters or bottom waters (where only three or fewer polysaccharide 

substrates were hydrolyzed), but the DCM, 300 m, the OMZ, or 1500 m, where generally four or five 

substrates were hydrolyzed (Fig. 3.6). Summed polysaccharide hydrolase activities were lower in 3000+ 

m waters (~1-4 nmol L-1 hr-1) compared to surface, DCM, 300 m, and OMZ waters (~2-20 nmol L-1 hr-1; 

Fig. 3.6). At deeper depths, enzymatic activities were also generally detected at later timepoints compared 

to shallower depths (Fig. 3.6). 

Hydrolysis of pullulan, laminarin, chondroitin, and xylan was measurable at most stations and 

depths. Laminarin hydrolysis was measured in 19 of 23 distinct depths/stations, pullulan hydrolysis was 
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measured in 18 depths/stations, xylanase activity was measured in 16 depths/stations , and chondroitin 

sulfate was hydrolyzed at 15 depths/stations. Fucoidan and arabinogalactan hydrolysis was rarely 

detected; fucoidan was only measurably hydrolyzed at 300 m at Stns. 18 and 20, and arabinogalactan was 

only measurably hydrolyzed in Stn. 19 surface waters and, notably, at Stn. 20 at 1500 m. No stations 

showed hydrolysis of all six polysaccharides. Hydrolysis patterns were distinct by depth (Fig. 3.6b), but 

there was no discernable trend in regard to closeness of clustering of different depths; NMDS plots 

showed that stations broadly overlapped.   

 

3.2.9 Correlations among observed parameters and enzymatic activities 

A corrplot based on Pearson correlations was constructed to highlight correlations between 

enzymatic activities, environmental parameters, and carbohydrate composition (Suppl. Fig. 3.3). Notably, 

there was high correlation between total cell counts (TCC) and carbon/carbohydrate content (i.e., DOC, 

POC, and monosaccharides excluding muramic acid). There was high correlation among the majority of 

the monosaccharides, again excluding muramic acid as well as glucuronic acid (Suppl. Fig. 3.3). There 

was also high correlation between those same monosaccharides and the polysaccharide epitopes to detect 

fucoidan, B-1,3-glucan, B-1,4-mannan, xylosyl residues, and alginate (Suppl. Fig. 3.3).  

Given the physical and chemical distinctions among the stations and depths (Table 3.2), 

individual corrplots were also constructed for each station (Fig. 3.7). Overall, the stations showed distinct 

correlations among the different environmental parameters and enzymatic activities. Leucine 

aminopeptidase activity shows very distinct patterns between the different stations; it dominates at almost 

every depth at Stn. 19 (Fig. 3.5) and shows high positive correlations with organic matter abundance such 

as DOC, POC, and the measured mono- and polysaccharides (Fig. 3.7). However, leucine aminopeptidase 

activity and these same carbohydrate parameters are negatively correlated at Stn. 18 and show mixed 

positive and negative correlations at Stn. 20 (Suppl. Fig. 3.3). The patterns of endopeptidase activities 

also differ quite a bit between stations; the chymotrypsin substrates (AAF and AAPF) show relatively 

little correlation between the mono- and polysaccharides detected, whereas the trypsin substrates (QAR 
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and FSR), generally show positive correlations between the measured carbohydrates (Fig. 3.7). 

Polysaccharide hydrolase activity patterns are also distinct between stations; for instance, pullulan and 

laminarin activity at Stn. 19 are typically negatively correlated with the monosaccharide constituents and 

polysaccharide epitopes, though at Stn. 20 they are all highly positively correlated with the carbohydrates 

(Fig. 3.7). 

 

Discussion 

Surface waters varied considerably by their physiochemical parameters (Fig. 3.1; Table 3.1) as 

well as in the abundance and composition of polysaccharide components measured among stations (Fig. 

3.3; Table 3.1). Most notably, Stn. 19 varied from the other stations due to the cold, relatively fresh water 

in the surface and DCM, where high concentrations of POC and high chlorophyll fluorescence, as well as 

relatively high bacterial cell counts and abundances of Bacteroidetes, were indicative of a phytoplankton 

bloom (Teeling et al. 2016). Stns. 18 and 20 surface waters were much different, as they were located 

within the Gulf Stream and Sargasso Sea, respectively, with much lower concentrations of POC (Table 

3.2). The carbohydrate epitopes detected in surface and DCM waters also varied substantially by station 

and thus water mass, suggesting that the structural complexity of organic matter differed (Fig. 3.3; 

ANOVA, p = 0.014). These differences in carbohydrate structural complexity between water masses, as 

evidenced by carbohydrate epitopes, could be in part driven by the phytoplankton that dominate in those 

regions, which are influenced by the mean dynamic topography of the western North Atlantic (Bolaños et 

al., 2020; Della Penna and Gaube, 2019). The results from the carbohydrate epitope analyses contrast 

with those of the monosaccharide constituents of the POM-derived combined carbohydrates; notably, the 

monosaccharide constituents show general similarity among stations—as previously observed (Aluwihare 

et al., 1997)—but shows differences with depth (Fig. 3.2). The structural complexity of polysaccharides 

thus could help explain some of the patterns of the enzymatic capabilities of microbial communities and 

the in situ carbohydrate signatures we observe, information that is not evident when analyzing the 

individual monosaccharide building blocks of combined carbohydrates (Fig. 3.8).  
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These analyses of carbohydrate epitopes present in POM are the first results from open ocean 

samples. They provide an initial intriguing insight into the structural complexity of some of the 

polysaccharide components of POM. In particular, the detection of 1,3-β-D-glycans and alginate at all 

stations in surface and DCM waters (Fig. 3.3) suggest the widespread presence of laminarin (Becker et 

al., 2020) and alginate-derived structures in POM. The carbohydrate microarrays additionally detected at 

least one of the fucoidan epitopes in surface waters at Stns. 17, 19, and 20. These results are particularly 

intriguing since laminarin and fucoidan in essence are at the opposite sides of the enzymatic spectrum in 

our investigations to date of polysaccharide hydrolysis in ocean waters. Laminarin is rapidly hydrolyzed 

in nearly all ocean waters, but fucoidan hydrolysis is rarely detected in the water column (Arnosti, 2011; 

Hoarfrost and Arnosti, 2017; Balmonte et al., 2021). This pattern holds for the current investigation, 

where fucoidan hydrolysis was only measurable at 300 m at Stns. 18 and 20, whereas laminarin 

hydrolysis was detected at 19 of the 23 stations and depths (Fig. 3.5). This difference in reactivity is likely 

linked to structural complexity, since the number of different types of enzymes required to hydrolyze a 

polysaccharide scales linearly with polysaccharide structural complexity (Bligh et al., 2022). Fucoidan 

takes a complex complement of enzymes to fully hydrolyze (Sichert et al., 2020), whereas laminarin can 

be typically hydrolyzed with the use of three distinct enzymes (Becker et al., 2017). Due to their complex 

structure, fucose-containing sulfated polysaccharides may resist degradation by many bacteria, helping 

sequester carbon in the ocean (Vidal-Melgosa et al., 2021; Buck-Wiese et al., 2023) through their role in 

aggregation and sinking of organic matter (Engel et al., 2004; Huang et al., 2021).  

The extracts of POM in the upper ocean may therefore include polysaccharide structures that are 

highly labile, as well as those that are generally recalcitrant with respect to bacterial remineralization. 

Testing this hypothesis would require detection of polysaccharide epitopes in POM collected in deep 

water, where sinking particles can be substantially re-worked by bacterial communities. Given the low 

concentrations of POM in the deep ocean (Baker et al., 2017), the potential for incomplete extraction of 

polysaccharides by our methods, and the comparatively small volume of water filtered for POM analysis, 

we surmise that any polysaccharides present in the samples were below the limit of detection. 
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Alternatively, deep ocean POM may not be characterizable with our methods due to bacterial 

transformations of sinking particles (Wakeham et al., 1997; Hedges et al., 2001; Kharbusch et al., 2021). 

However, previous studies have recorded rapid fluxes of fresh organic matter to the deep ocean (Ruiz-

Gonzalez et al., 2020; Poff et al., 2021) and examinations in the deep found that bathypelagic bacteria 

were capable of selfish uptake of complex substrates such as fucoidan, further supporting this result 

(Giljan et al., 2023). The selfish uptake process involves a coordinated system of polysaccharide binding, 

initial hydrolysis, and transport into the periplasmic space without loss of hydrolysis products (Cuskin et 

al. 2015). Selfish uptake of polysaccharides is measurable throughout the water column at Stns. 18, 19, 

and 20 (Giljan et al. 2023), suggesting that some of these more structurally complex substrates likely 

arrive intact in the deep ocean, likely as components of particles exported from the surface ocean. This 

observation suggests that collection of larger quantities of POM, and/or improvements in extraction 

methods, may lead to detection of intact polysaccharides in POM.  

Overall, we observed considerable differences among stations in terms of physical parameters, 

enzyme activities, and bacterial protein production. These differences are demonstrated in part by the 

correlation plots, which differed markedly among stations (Fig. 3.7). Many of the correlations between 

individual activities and environmental parameters in fact disappear when grouping the stations together 

(Suppl. Fig. 3.3; Fig. 3.7). The taxonomic composition of the bacterial communities also differed both 

between and among stations and water masses (Fig. 3.4). These differences are more defined in the 

surface ocean, where the water masses drastically differed between Stns. 18, 19, and 20 (Fig. 3.1); the 

NMDS plots show a wider distribution of community composition between surface water masses than 

they did in deeper waters (Fig. 3.4). In the deep ocean, however, bacterial communities still differed 

considerably between stations, despite the water masses all being characteristic of North Atlantic Deep 

Water (Broecker, 1991; Figs. 3.1, 3.4). These patterns could be due to the major differences in bottom 

water depth (a ca. 2000 m difference between Stns 18 and 20; Table 3.1), as well as from differences in 

the quantity and nature of sinking particles providing communities/successive communities from the 
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surface ocean (Mestre et al., 2018; Pelve et al., 2017). The composition of these sinking particles also 

likely impacts the enzymatic potential of the communities in deep water (Mestre et al., 2018).  

Although the POC concentrations in surface and DCM waters were substantial higher at Stn. 19 

than at the other stations, POC concentrations did not differ markedly among stations at depths of 300 m 

and below. DOC concentrations in the upper water column—also at Stn. 19—did not differ markedly 

among stations. These depth-related differences in POC and DOC are consistent with other studies in the 

western North Atlantic (Hansell and Carlson, 1998; JGOFS study). The lack of elevated DOC in the 

upper water column at Stn. 19 (Suppl. Fig. 3.2), moreover, suggests that bacterial communities quickly 

consumed any substrates solubilized from POC to DOC.  

We also note that the bacterial activities in the oligotrophic waters of Stn. 20—a station where the 

sinking flux of POM is likely somewhat different in origin than at Stns. 18 and 19—are quite intriguing. 

We measured remarkably high enzyme activities and bacterial protein productivity at this station (Figs. 

3.1, 3.5-3.6). In surface waters, the bacterial productivity was almost triple the measured productivity in 

surface waters at Stn. 19; notably, the activity measured per cell was ca. 4 x higher in Stn. 20 surface 

waters compared to Stn. 19 (Suppl. Fig. 3.1). In addition, high levels of glucosidase and peptidase 

activities were measured in surface and subsurface waters of Stn. 20 (Fig. 3.6), including hydrolysis of the 

peptidase substrates and both glucosidase substrates at a depth of 1500 m as well as in bottom waters. 

Hydrolysis of all six polysaccharides was measurable in at least one of the seven depths throughout the 

water column of Stn. 20 as well (Fig. 3.5), but not at any other station.  This notably high activity at an 

oligotrophic station is similar to measurements in  the South Pacific Gyre, where relatively high levels of 

polysaccharide hydrolase activities were measured (Reintjes et al., 2020). Bacterial activities throughout 

the water column in oligotrophic regions may be more active than previously considered. 

Overall, the structure and function of heterotrophic bacterial communities, as well as the 

structural complexity of the organic matter in the particulate fraction showed distinct patterns that aligned 

with differences in water masses (Figs. 3.1-3.2, 3.4-3.5). Further investigation of these patterns 
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connecting organic matter complexity, bacterial community composition, and enzymatic activities to 

water masses are essential in tracking the flow of carbon throughout the ocean. 
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Figure 3.1. Sampling sites and physical/chemical observations. Physical and chemical characteristics 
of sampling stations within the western North Atlantic. (A) Sea surface temperature, acquired by satellite 
imaging (Rutgers University), on/around the day of sampling at each station. (B) Temperature and salinity 
diagram of the four stations highlights the differences in water masses sampled. Shapes denote the depths; 
colors denote the stations. (C) Bacterial cell counts (black) and protein productivity (blue) of each 
sampling station/depth. Note the differences between the axes for bacterial cell counts and bacterial 
productivity.



109 
 

 
Figure 3.2. Monosaccharide constituents of the POM-derived carbohydrates.  Monosaccharide 
constituents of the combined carbohydrates. (A) The relative contribution of the combined carbohydrates 
shows what percentage of the polysaccharides each monosaccharide represents. (B) The concentration of 
each monosaccharide, as determined by HPAEC-PAD.



110 
 

 
Figure 3.3. Heatmap of antibody-probed polysaccharide epitopes. Heatmap of detected 
polysaccharides from the carbohydrate microarrays. Darker shades represent a higher relative intensity. 
Note: the carbohydrate microarrays are only semiquantitative; while comparisons can be made between 
the individual stations and depths of a given epitope, they cannot be used to compare between different 
epitopes. Depths between DCM and bottom waters were removed, as no epitopes were detected in any of 
those samples.
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Figure 3.4. Bacterial community composition plots. (A) Relative abundance of bacterial community 
composition. Operational taxonomic units are grouped by similar colors; select taxa are differentiated by 
pattern for better visualization. Non-metric multidimensional scaling (NMDS) plot based on Bray-Curtis 
dissimilarity shows bacterial communities clustered by (B) station and (C) depth. 
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Figure 3.5. Polysaccharide hydrolase activity plots. (A) Polysaccharide hydrolysis activities for each 
station and depth; the hydrolysis rates for each timepoint are displayed to show when each substrate was 
hydrolyzed. Note that y-axes differ between each depth. Pul = Pullulan; Lam = Laminarin; Xyl = Xylan; 
Fuc = Fucoidan; Ara = Arabinogalactan; Chn = Chondroitin Sulfate. Non-metric multidimensional 
scaling (NMDS) plot based on Bray-Curtis dissimilarity shows polysaccharide hydrolysis rates clustered 
by (B) depth and (C) station. Shapes represent stations; colors represent depths. 
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Figure 3.6. Glucosidase and peptidase activity plots. (A) Average glucosidase and peptidase activities 
for each station and depth; error bars represent the standard deviation of activities measured over 12 
hours. Note that y-axes differ between each depth. A-glu = α-glucosidase; b-glu = β-glucosidase; leu = 
Leucine aminopeptidase; AAF = alanine-alanine-phenylalanine; AAPF = alanine-alanine-proline-
phenylalanine; QAR = glutamine-alanine-arginine; FSR = phenylalanine-serine-arginine. Non-metric 
multidimensional scaling (NMDS) plot based on Bray-Curtis dissimilarity shows (B) peptidase and (C) 
glucosidase activities clustered by depth. Shapes represent stations; colors represent depths.
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Figure 3.7. Correlation plots of environmental parameters and enzyme activities. Correlation plots 
displaying Pearson’s correlations between environmental parameters and enzymatic activity 
measurements for (A) Stn. 17, (B) Stn. 18, (C) Stn. 19, and (D) Stn. 20 samples. Blue denotes positive 
correlations while red denotes negative correlations. The shade and size of the circle emphasizes the 
intensity of correlation between environmental parameters and enzymatic activities. (?) for a given 
column or row represents a lack of data required to assess a correlation for a given observation or 
measurement.
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Figure 3.8. Conceptual figure. The structural complexity of polysaccharides differs by station, despite 
the monosaccharide constituents of combined carbohydrates being indistinguishable between stations. 
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Table 3.1. Volume of water filtered (L) for POM analyses. 
Depths Stn 17 Stn 18 Stn 19 Stn 20 
Surface 6.0 9.5 5.0 13.5 
DCM 5.5 8.5 5.5 12.5 
300 m - 13.5 15.0 14.5 
OMZ 9.0 11.0 14.5 12.5 
1500 m - 14.0 14.0 15.0 
3000 m - - 13.7 13.5 
Bottom - 13.5 12.5 13.0 
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Table 3.2. Environmental parameters of sampling sites. 

Stn Depth Depth 
(m) 

T 
(°C) 

S 
(psu) 

Oxygen 
(ml/L) 

Chlorophyll-
a (mg/m3) 

DOC 
(µmol/L) 

POC 
(mg/L) 

Cell Counts 
(Cells/mL) 

17 1 2 25.0 36.39 4.61 0.118 77.5 0.0353 6.84E05 
17 2 64 22.9 36.45 4.54 0.690 76.5 0.0511 4.28E05 
17 3 625 5.6 35.04 4.92 0.111 64 0.0187 8.97E04 
18 1 2 25.2 36.42 4.48 0.147 82.5 0.0203 4.00E05 
18 2 104 23.4 36.67 4.53 0.401 74 0.0204 3.55E05 
18 3 300 18.8 36.61 4.30 0.070 58 0.00096 1.43E05 
18 4 800 9.2 35.21 3.18 0.079 54.3 0.00326 3.83E04 
18 5 1500 4.4 34.99 5.63 0.088 56 0.00573 2.60E04 
18 6 3190 2.3 34.89 5.89 0.116 64.75 0.00859 2.42E04 
19 1 2 8.8 33.72 6.63 1.49 78.25 0.160 9.71E05 
19 2 33 9.3 33.94 6.45 1.32 77 0.136 1.62E06 
19 3 300 9.9 35.21 3.36 0.110 56.3 0.0106 1.44E05 
19 4 850 5.1 35.03 5.32 0.102 52.75 0.00599 2.38E04 
19 5 1500 3.9 34.94 5.89 0.093 53.5 0.00582 1.62E04 
19 6 3000 2.8 34.92 5.90 0.044 54.75 0 2.18E04 
19 7 4325 2.2 34.88 5.73 0.082 57 0.00852 2.08E04 
20 1 2 21.0 36.73 4.92 0.110 70.5 0.0253 3.66E05 
20 2 64 20.1 36.68 5.03 0.212 71 0.0253 4.29E05 
20 3 300 18.3 36.56 4.69 0.019 77.6 0.00306 2.45E05 
20 4 800 10.1 35.33 3.46 -0.038 51.5 0.00900 5.35E04 
20 5 1500 4.6 35.01 5.54 -0.0049 55.3 0.00147 2.23E04 
20 6 3000 3.0 34.93 5.66 0.058 60 0.00057 1.12E04 
20 7 5580 2.2 34.85 5.46 0.0087 55.3 0.00242 9.67E03 
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Supplementary Figure 3.1. Bacterial protein productivity per cell. Bacterial protein production per 
cell as measured by incorporation of tritiated leucine (3H-Leu).
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Supplementary Figure 3.2. POC, DOC, and POC:PON ratios. Particulate organic carbon, dissolved 
organic carbon, and the POC:PON ratio for each station and depth. Stations are separated by color.
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Supplementary Figure 3.3. Combined correlation plot. Combined correlation plot displaying 
Pearson’s correlations between environmental parameters and enzymatic activity measurements at all 
stations. Blue denotes positive correlations while red denotes negative correlations. The shade and size of 
the circle emphasizes the intensity of correlation between environmental parameters and enzymatic 
activities.



121 
 

 
Supplementary Figure 3.4. Depth profiles of physical parameters. Depth profiles of temperature, 
salinity, chlorophyll fluorescence, and oxygen concentrations at each station. Note that the axes differ for 
each station.
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CHAPTER 4: CONCLUSION AND FUTURE DIRECTIONS 
 

 

Conclusion 

Heterotrophic bacteria play a large role in the cycling of carbon among marine food webs by 

turning over approximately half of the organic matter synthesized by phytoplankton in the surface ocean 

(Azam and Malfatti, 2007). However, the extent that bacterial communities transform this organic matter 

in different regions and depths in the ocean is not well studied. Specifically, measuring the potential for 

extracellular enzymes to degrade polysaccharides, which constitute between 20-50% of organic matter in 

the ocean (Benner et al., 1992), has only been accomplished in a handful of studies carried out in parts of 

the mid-Atlantic (Hoarfrost and Arnosti, 2017), the Pacific (Balmonte et al., 2021; Reintjes et al., 2020) 

the Arctic (Balmonte et al., 2018), and the Indian and Southern Oceans (Brown, 2022). This dissertation 

provides data from the western North Atlantic, covering three research cruises which sampled at locations 

from shelf to open-ocean, from the epipelagic zone to the abyssal plane, both on and off particles, and 

from a variety of water masses. The major findings from this research revolve around: 1) enhanced 

enzymatic capabilities of particle-associated bacteria in the deep ocean; 2) regional patterns of 

polysaccharide hydrolase activities; and 3) the structural complexity of polysaccharides in the region. 

 

Particle-associated bacteria have enhanced enzymatic activity in the deep ocean 

Carbon sequestration in the ocean is driven by aggregation and sinking of particles to the deep 

ocean (Volk and Hoffert, 1985; Buesseler et al., 2007; Boyd et al., 2019); therefore, the extent to which 

particle associated and free-living bacteria degrade organic matter can have large impacts on the 

biological pump. The findings from Chapter 1 point towards the role particle-associated bacteria play as 

disruptors of the biological pump. Data reveal that bacteria on particles have a wider array of functional 
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capabilities, even at bathypelagic depths - depths that had not been studied previously. While the finding 

that particle-associated bacteria possess enhanced enzymatic activity is not novel in surface oceans 

(Grossart et al., 2003) or the mesopelagic (Balmonte et al., 2021), this finding at depth suggests that 

particles may play an essential role in the degradation of more structurally distinct carbohydrates, since 

some enzyme capabilities were only measurable on particles (Lloyd et al., 2022). Because bacteria on 

particles have this enhanced enzymatic response even in bathypelagic waters, they act to disrupt the 

export of carbon to the seafloor, leaving less organic matter to be buried in sediments over time. 

 

Regional patterns of polysaccharide hydrolase activities in a changing ocean 

The work in this dissertation greatly expands upon our data on depth and regional patterns of 

enzymatic activities. Previously, studies have found that enzymatic activities differed by depth (Hoarfrost 

and Arnosti. 2017; Balmonte et al., 2018), latitude (Balmonte et al., 2021; Arnosti et al., 2011), and other 

environmental factors, such as the intrusion of a warm core ring (Hoarfrost et al., 2019). While our 

sampling locations all are within the western North Atlantic, the measured parameters, bacterial 

communities, and enzymatic activities all differed from station to station. Our data showed that the 

enzymatic potential is likely impacted by the physical oceanography of the region (Chapters 2-3), which 

likely help structure the dominant phytoplankton and bacterioplankton communities in the region 

(Bolaños et al., 2020; Bolaños et al., 2021).  

A further implication of our study relates to the potential for climate change-driven effects in 

carbon cycling. Recent studies have found that the physical oceanography of the western North Atlantic 

surface waters—which is dominated by the Gulf Stream—is changing (Neto et al., 2021; Silver et al., 

2021). Changes in the Gulf Stream could influence the mean dynamic topography of the western North 

Atlantic, changing the landscape and ultimately the phytoplankton and bacterial communities in this 

location. For instance, the increase in Warm Core Rings (Gangopadyay et al., 2019) could increase the 

enzymatic activities of heterotrophic bacteria, since warm core ring intrusions showed enhanced enzyme 

activities (Hoarfrost et al., 2019). Along with changes in the enzymatic potential of bacterial 
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communities, the changing physical oceanography could also impact the phytoplankton and 

bacterioplankton communities and thus the nature and distribution of organic matter throughout the 

region. Given our finding that enzyme activities in this region are associated with bacterial community 

composition, we expect that shifts among bacterioplankton will also be reflected in their function. Note 

also that although changes in the Gulf Stream mostly impact the epi- and mesopelagic ocean, these 

changes could also potentially impact the Atlantic Meridional Overturning Circulation (AMOC)—and 

ultimately the deep ocean as well—within the next century (Castellana et al., 2019).  

 

Organic matter structural complexity mirrors polysaccharide hydrolase potential 

Depth stratification of polysaccharide hydrolase activities and bacterial community composition 

were present throughout the western North Atlantic, both on and off particles (Chapters 1-3). These 

patterns suggest that polysaccharide hydrolase activities are reserved for specific members of bacterial 

communities (Martiny et al., 2013; Gralka et al., 2020); perhaps these functions are even linked to 

specific microbial communities across different environments (Berlemont and Martiny, 2016). This idea 

is also supported in the gut microbiome, where culture experiments have also shown that increasing 

carbohydrate complexity limits microbial growth in the human gut microbiome (Loss et al., 2023). 

Glucosidase and peptidase activities in bulk seawater, however, were more similar among depths 

(Chapters 2-3), suggesting that these enzymatic capabilities are more widely distributed among bacterial 

communities. The structural complexity of a substrate could explain these patterns; the ability to degrade 

polysaccharides likely requires more energetic investment as the number of enzymes needed to degrade 

organic matter scales with complexity (Bligh et al., 2022). This idea could explain why glucose and 

leucine are consumed by a broader range of bacteria than polysaccharides. To test this theory, we 

analyzed the structural complexity monosaccharide composition of the total combined carbohydrates 

from POM.   

Analysis of the constituents of particulate organic matter (POM) revealed an interesting contrast: 

although the monosaccharide constituents of POM were depth stratified, they were very similar between 
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water masses (Chapter 3). However, the polysaccharides detected differed significantly between water 

masses, pointing to the importance of substrate structure – not just constituent units – in determining the 

reactivity of organic matter. Further investigation into the structural complexity and abundance of 

polysaccharides in the deep ocean should be a high priority. These data are the first from the open ocean 

showing detection of polysaccharide epitopes in seawater; the only other studies of which we are aware 

have looked at the abundance of laminarin (Becker et al., 2020) or changes in polysaccharide distribution 

during a spring phytoplankton bloom in Helgoland, a coastal location (Vidal-Melgosa et al., 2021). 

Further investigation into the deep ocean is needed to reveal the connections between polysaccharides 

detected in the surface and deep. In fact, these samples have been collected and processed, and we are 

simply awaiting results from the carbohydrate microarrays. 

Explicitly linking polysaccharide degradation and structural complexity would be a key step in 

understanding how bacterial communities are able to transform complex organic matter. Uncovering 

components of the ‘microbial black box’ has in part remained a mystery because of the lack of techniques 

available to characterize polysaccharides. In Chapter 3 of this dissertation, however, we were able to start 

peeling back the curtain on the microbial black box by looking at the relationship between microbial 

community composition, enzymatic activities, the structural complexity of organic matter, and how they 

varied between water masses (Figure 4.1). The interplay between bacterial community members—and 

how they benefit from one another (i.e., selfish vs. sharing vs. scavenging bacteria, see Arnosti et al., 

2021) and shape the complexity of organic matter—is a process that could be investigated further.  

 

Future directions 

Satellite monitoring of ocean carbon cycles 

While acquiring information about the rates and extent of heterotrophic bacterial degradation of 

organic matter is important, much of this information is not utilized in climate change models of carbon 

cycling (Herndl et al., 2023). This oversight likely contributes to the mismatch between carbon organic 

matter production and degradation, which offset the overarching carbon budget (Hauck et al., 2020). 
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Often, these budgets do not include enzymatic rates, or they are based on proxies that do not adequately 

capture the rates of complex organic matter degradation; therefore, more work needs to be done to 

incorporate patterns of enzymatic rates, both spatially and temporally. Much of the data from this 

dissertation is uploaded onto public databases (BCO-DMO) that could be accessed and used to garner 

better predictions of the changing oceanic carbon budget.  

Most notably, changes that occur throughout the twilight zone (Giering et al., 2014) can have 

drastic impacts on the nature and quantity of organic matter that is exported to the deep ocean, organic 

matter that ultimately sequesters carbon from the atmosphere for long periods of time. Linking events in 

the mesopelagic and deep ocean to events that occur in the surface ocean would make quantifying these 

differences easier. While many studies have aided this investigation by looking at carbon export, primary 

production regimes, and organic matter composition through the Joint Global Ocean Flux Study (JGOFS) 

and joint NASA-NSF Export Processes in the Ocean from RemoTe Sensing (EXPORTS) field 

campaigns, they have yet to incorporate the activities of extracellular enzymes, which are required to 

initially degrade high molecular weight organic matter. Specifically, incorporating these rates into the 

modeling aspect of these campaigns could aid in understanding the export processes on a regional scale. 

The data found in Chapters 2-5 of this dissertation are a starting point for estimating the enzymatic 

potential for bacterial communities on regional scales. More importantly, linking the enzymatic potential 

of a community to physiochemical parameters (i.e., water mass and the structural complexity of organic 

matter) provides a mechanism for being able to monitor surface level enzymatic activity to satellite 

imaging. As mentioned in Chapters 3 and 4 of this dissertation, the differences in enzymatic rates between 

some stations was tied to differences in the bacterioplankton communities, which could be linked to 

changes in the dynamic mean topography of the region (Bolaños et al., 2020; Bolaños et al., 2021).  

Although we have far to go, ultimately connecting meso- and bathypelagic processes to processes 

in the surface ocean could ultimately allow for monitoring changes in the ocean carbon budget. For 

instance, if we could temporally and spatially connect enzymatic rates of the bathypelagic and 

mesopelagic community to certain events (i.e., organic matter exudates from different types of 
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phytoplankton blooms), then perhaps we would be able to quantify the amount of carbon sequestration by 

accounting for the rate of production in the surface ocean and rates of degradation throughout the surface 

ocean, twilight zone, and deep ocean. A large part of this quantification would involve a better 

understanding of the structural complexity of organic matter in the meso- and bathypelagic ocean and 

how it is degraded by microbial communities. While Chapter 4 of this dissertation has data on enzymatic 

rates and structural complexity—which show that they are both distinguished by water mass in that 

different water masses contain different carbohydrate epitopes and have different bacterial communities 

that harness different enzymatic capabilities—we were not able to capture enough organic matter in the 

meso- and bathypelagic ocean to quantify the structural complexity of organic matter present. On a recent 

cruise, we were able to capture much more material, and are awaiting results from the carbohydrate 

microarrays. This dataset will allow us to compare the structural complexity of organic matter, peptidase 

and polysaccharide hydrolase activities, and bacterial community composition to start to peel back the 

curtain of the microbial black box in the deep ocean. 

 

Microfluidic devices for high throughput testing of carbohydrate content and enzyme activity 

Two of the major issues with characterizing polysaccharides in the ocean are its structural 

complexity and concentration. Polysaccharide structure is driven, in part, by the algal communities that 

synthesize them and the bacterial communities that rework them (Baumgen et al., 2021). The diversity in 

polysaccharide structure makes them hard to characterize; they are typically characterized by detecting 

the monosaccharide constituents after acid hydrolysis (Engel and Handel, 2011). However, boiling 

polysaccharides in acid removes their three-dimensional native structure, which based on findings from 

Chapter 4 of this dissertation, are central in determining which—and how many—enzymes are required 

for hydrolysis. While some recent advances in carbohydrate chemistry have allowed for the detection of 

intact polysaccharides (Vidal-Melgosa et al., 2021), these methods do not yet allow for quantification, 

since to accurately quantify a polysaccharide, the full degradation pathway is required (Becker et al., 

2017). Furthermore, the material must be concentrated on a filter (for POM analyses) or ultraconcentrated 
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to obtain the high-molecular weight portion of DOM to have sufficient material to detect. A new 

approach to characterizing the carbohydrate portion of organic matter using microfluidic devices would 

allow for increased sensitivity and selectivity for improving quantification of in situ samples, skipping the 

pre-concentration and extraction methods typically employed in the current method. 

While microfluidic devices have been used in the medical field for over four decades (Convery 

and Gadegaard, 2019), they are not as commonly found in oceanography. However, they offer many 

benefits to studying carbohydrates in the ocean, as they have low detection limits (Baker et al., 2009), can 

be used to separate compounds by molecular weight to obtain only the high molecular weight fraction 

(Bao et al., 2021), and can obtain results very rapidly, often within seconds to minutes (Grinias and 

Kennedy, 2016). These devices have also been developed to perform enzyme-linked immunosorbent 

assays (ELISA’s; Lee et al., 2006); these types of assays are critical for better detection of polysaccharide 

epitopes in seawater samples. Utilizing microfluidic devices to perform ELISA’s to detect carbohydrates 

would greatly enhance the throughput of the current methods, which require numerous pre-concentration 

and preparation steps. With microfluidic devices, these preconcentration and preparation steps could be 

performed on the device itself, allowing for a more seamless analysis of carbohydrate content.  

Microfluidic devices are also often used to increase the throughput of an assay. We could 

optimize our current incubations by tethering our polysaccharides to a surface within a chamber in a 

microfluidic device (Figure 4.2). By having multiple chambers, we can flow seawater through the device 

and measure potential hydrolysis of multiple substrates at a given time. Since microfluidic devices require 

little volume, we can amplify the detection limit so that we can measure hydrolysis on shorter time 

periods, greatly enhancing the throughput of our current methods to detect hydrolysis. The ability to 

fabricate and implement microfluidics have become increasingly easier in the past decade and using these 

technologies to study ocean processes is an avenue yet to be fully explored.
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Figure 4.1. Unpacking the microbial black box. Unpacking the microbial black box by linking 
microbial community composition, the enzymatic repertoire of heterotrophic bacteria, the structural 
complexity of organic matter, and the physical oceanography of the region.
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Figure 4.2. Schematic of microfluidic device for enzyme detection. Schematic of a microfluidic device 
that could be implemented to measure polysaccharide hydrolysis rates of six different polysaccharides at 
the same time.
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APPENDIX A: SELFISH BACTERIA ARE ACTIVE THROUGHOUT THE WATER COLUMN 
OF THE OCEAN2 

 
 

Introduction 

High molecular weight carbohydrates – polysaccharides – constitute a major fraction of 

phytoplankton and of detrital organic matter in the ocean (Biersmith and Benner, 1998; Hedges et al., 

2002). The degradation of polysaccharides depends largely on the activities of bacteria equipped with the 

extracellular enzymes required to dismantle these often highly complex structures to low molecular 

weight pieces (e.g., Kappelmann et al., 2019). Production of extracellular enzymes requires a substantial 

investment of carbon, nitrogen, and energy on the part of bacteria, particularly since a large number of 

structurally selective enzymes may be required to hydrolyze a single polysaccharide (Kappelmann et al., 

2019; Sichert et al., 2020). Since low molecular weight hydrolysis products may also be taken up by 

‘scavengers’ that do not produce the enzymes, the enzyme ‘producers’ that carry out external hydrolysis 

might benefit only in part from their own enzyme activities (Allison, 2005). However, an additional 

strategy of high molecular weight organic matter utilization, ‘selfish’ uptake (Cuskin et al., 2015), is used 

for polysaccharide degradation, and has recently been found to be widespread among bacterial 

communities in surface ocean waters (Reintjes et al., 2017; Reintjes et al., 2019; Reintjes et al., 2020a). 

During selfish uptake, polysaccharides are bound at the cell surface, partially hydrolyzed, and transported 

into the periplasmic space without substantial loss of hydrolysis products (Cuskin et al., 2015), thereby 

retaining hydrolysate for the selfish bacteria and reducing availability of low molecular weight substrates 

to scavenging bacteria (Arnosti et al., 2018). Instead of a two-player model consisting of producers and 

scavengers (Allison, 2005), then, polysaccharide degradation by bacteria should be considered in the 

framework of a three-player model: the selfish bacteria and producers that both focus on degradation of 

 
2Giljan, G., Brown, S., Lloyd, C.C., Ghobrial, S., Amann, R., Arnosti, C. (2023). Selfish bacteria are active 
throughout the water column of the ocean. ISME Commun. 3(1):11. Doi: 10.1038/s43705-023-00219-7 
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polysaccharides, as well as the scavenging bacteria that may benefit from external hydrolysis carried out 

by the producers (Arnosti et al., 2018). 

Quantifying the relative contributions of these mechanisms of polysaccharide processing to 

carbon cycling in the ocean requires an understanding of their spatial and temporal extent, as well as of 

the factors that may favor one mechanism of polysaccharide processing over the other. To date, 

investigations have demonstrated that a broad range of polysaccharides is taken up via selfish 

mechanisms by diverse bacteria in surface waters of the Atlantic and Pacific Oceans (Reintjes et al., 2017; 

Reintjes et al., 2019; Reintjes et al., 2020a; Reintjes et al., 2020b; Giljan et al., 2022). The speed and 

extent of selfish uptake and external hydrolysis vary by geographic location as well as by specific 

polysaccharide (Reintjes et al., 2019; Reintjes et al., 2020a); initial population size and relative growth 

rate of selfish bacteria and external hydrolyzers likely affect the balance of these mechanisms (Reintjes et 

al., 2019). The observation that the extent of selfish uptake and external hydrolysis changes during 

different phytoplankton bloom stages – and varies with polysaccharide structural complexity (Reintjes et 

al., 2020b; Giljan et al., 2022) – suggests that dynamic interaction of a wide range of organisms and 

highly diverse substrate structures governs polysaccharide processing in sunlit surface ocean waters.   

The extent to which selfish bacteria may be present and active in other depths of the ocean, 

however, remains unexplored. Given that polysaccharide-hydrolyzing enzymes are exquisitely specific 

for substrate structure (Lombard et al., 2014), we hypothesized that selfish bacteria, which require 

multiple interacting enzymes, would be most abundant and active in locations and at depths at which 

freshly produced – structurally unaltered – polysaccharides are common. In particular, we expected that 

selfish bacteria would be particularly dominant in the upper water column, since high molecular weight 

dissolved organic matter as well as particulate organic matter are far more abundant and are ‘fresher’ – 

have a higher fraction of chemically characterizable components – in the upper ocean than in the deep 

ocean (Wakeham et al., 1997; Benner and Amon, 2015).  

To test this hypothesis, we sampled water at three stations characterized by different physical, 

chemical, and productivity conditions in the western North Atlantic: in the Gulf Stream, in productive 
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waters off of the coast of Newfoundland, and in the oligotrophic waters of the North Atlantic Gyre 

(Suppl. Fig. AP.11). At these stations, we collected water from the surface, deep chlorophyll maximum 

(DCM; 33 to 104 meters), upper mesopelagic (~300 m), and bottom (3190 to 5580 m). Triplicate 

incubations were made with water from three different Niskin bottles from each depth. We quantified the 

presence and activity of selfish bacteria by adding small quantities of structurally distinct fluorescently-

labeled polysaccharides (FLA-PS) and incubating these water samples at in situ temperatures. The added 

FLA-PS – laminarin, pullulan, fucoidan, xylan, chondroitin sulfate, and arabinogalactan – have different 

monomer compositions and linkage types. These polysaccharides were chosen because they are abundant 

in marine algae and phytoplankton and/or because a wide range of marine bacteria may produce enzymes 

that hydrolyze them (e.g., Alderkamp et al., 2007; Haug and Myklestad, 1976; Wegner et al., 2013; Xing 

et al., 2015; Avci et al., 2020). We concurrently measured selfish uptake and external hydrolysis rates of 

the FLA-PS, quantified cell abundances, measured bacterial protein production, and tracked bacterial 

community composition to investigate the activities of heterotrophic bacteria and their different modes of 

polysaccharide processing throughout the water column. 

 

Materials and Methods 

AP.1.1 Station location and seawater collection 

Seawater was collected at three stations in the western North Atlantic aboard the research vessel 

Endeavor (cruise EN638) using a sampling rosette of 30-liter Niskin bottles fitted with a Sea-Bird 32 

conductivity-temperature-depth (CTD) profiler, between May 15th and 30th 2019 (Suppl Fig. AP.1). 

Collection depths included surface water (2.5–6 m water depth), the deep chlorophyll maximum (DCM; 

depth identified via chorophyll fluorescence signal of the CTD: 104 m, 33 m, 64 m water depth at Stns. 

18, 19, and 20, respectively), ~300 m (300 m at Stns. 18 and 20; 318 m at Stn. 19), and bottom water (3 

190 m, 4 325 m, and 5 580 m, at Stns. 18, 19, and 20, respectively; Suppl. Fig. AP.1).  

At each station and depth, triplicates of 600 mL (DCM and bottom water) or 290 mL (surface and 

300 m water) were added to sterile, acid rinsed (10% HCl) bottles and incubated for up to 30 days in the 
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dark at in situ temperatures (room temperature for water from the surface, DCM and 300 m; 4°C for 

bottom water) with one of the six FLA-PS: arabinogalactan, chondroitin sulfate, laminarin, pullulan and 

xylan, each at 3.5 µM monomer equivalent concentration, and fucoidan at 5.0 µM monomer equivalent 

concentration, due to its low labeling density. A single live treatment control without the addition of any 

substrate was included for the DCM and bottom waters; autoclaved killed controls were included for each 

substrate at each station and each depth, and were incubated under the same conditions alongside 

polysaccharide incubations. 

Subsamples for microbial cell counts and selfish FLA-PS uptake were collected from DCM and 

bottom water incubations 0, 1, 3, 7, and 10 days after the addition of polysaccharides; in surface and 300 

m incubations, subsamples were collected 0, 3, 7, 10, and 15 days after polysaccharide addition. Note also 

that the t0 timepoint measurements of selfish uptake represent a time period of ca. 30 min (surface, 300 

m) to 5 hrs (DCM, bottom water), due to the processing time required after initial substrate addition. To 

measure the extracellular hydrolysis of FLA-PS, subsamples were collected on days 0, 3, 7, 10, 15, and 

30 of the incubations. Subsamples for bulk community analysis were taken before the addition of FLA-PS 

and at day 1, 3, and 10 of the incubation with DCM and bottom water and at day 0, 3, 7, 10, and 15 in the 

surface and 300 m incubations. 

 

AP.1.2 Synthesis of FLA-PS and measurements of extracellular enzymatic activities 

Arabinogalactan, chondroitin sulfate, fucoidan, laminarin, pullulan, and xylan were fluorescently 

labeled with fluoresceinamine (Sigma) and characterized according to Arnosti (2003). Subsamples (2 ml) 

from the filtrate of the samples collected for taxonomic community analysis (see below) were collected at 

days 0, 3, 7, 10, 15 post FLA-PS addition; an additional sample was collected from the incubation flasks 

and filtered through a 0.2 mm pore-sized filter at 30 days. These samples were analyzed after Arnosti 

(2003)21 to determine the extracellular (external) hydrolysis of HMW polysaccharides to low molecular 

weight hydrolysis products. Note that the added substrate is in competition with naturally occurring 

substrates, and thus calculated hydrolysis rates represent potential hydrolysis rates. 
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AP.1.3 Counts of total and substrate-stained cells  

To prepare samples for microscopic quantification, 25-50 mL of the substrate incubations were 

fixed with a final concentration of 1% formaldehyde overnight and subsequently filtered onto 0.22 µm 

pore size polycarbonate filters at a maximum vacuum of 200 mbar. The DNA of filtered cells was 

counterstained using 4′,6-diamidin-2-phenylindol (DAPI) and mounted with a Citifluor/VectaShield (4:1) 

solution. A minimum of 45 microscopic images per sample were acquired  as described by Bennke et al. 

(2016) with a fully automated epifluorescence microscope (Zeiss AxioImager.Z2 microscope stand, Carl 

Zeiss) equipped with a cooled charged-coupled-device (CCD) camera (AxioCam MRm + Colibri LED 

light source, Carl Zeiss), three light-emitting diodes (UV-emitting LED, 365 nm for DAPI; blue-emitting 

LED, 470 nm for FLA-PS 488) and a HE-62  multi filter module with a triple emission filter (425/50 nm, 

527/54 nm, LP 615 nm, including a triple beam splitter of 395/495/610, Carl Zeiss) using a 63x 

magnification oil immersion plan apochromatic objective with a numerical aperture of 1.4 (Carl Zeiss). 

Final cell enumeration on the acquired images was performed using the image analysis software 

ACMETOOL (http://www.technobiology.ch and Max Planck Institute for Marine Microbiology, 

Bremen). Automated cell counts were checked manually. 

The numbers of total microbial cells and FLA-PS stained cells were counted in a single 

experimental setup, following Reintjes et al. (2017). Selfish substrate uptake could be measured for only 

four or five of the six polysaccharides used. At all stations and depths, xylan incubations yielded high 

background fluorescence, which interfered with cell counting; this problem also affected efforts to count 

cells for pullulan uptake in surface waters and at a depth of 300 m. Note also that we report the fraction of 

cells carrying out selfish uptake under the assumption that each substrate is taken up by different bacteria 

(i.e., when reporting that for example 22% of total DAPI-stainable cells were substrate-stained, we add 

together the percentages taking up laminarin, fucoidan, arabinogalactan, and chondroitin). Since selfish 

uptake of each substrate is measured in different incubations (triplicate incubations of each individual 

substrate), however, it is possible that some or all of the cells taking up one substrate also take up another 

substrate via a selfish mechanism.  
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AP.1.4 Super-resolution imaging of selfish polysaccharide uptake 

The specific substrate accumulation pattern in FLA-PS stained cells was visualized on a Zeiss 

LSM780 with Airyscan (Carl Zeiss) using a 405 nm, a 488 nm, and a 561 nm laser with detection 

windows of 420-480 nm, 500-550 nm, and LP 605 nm, respectively. Z-stack images of the cells were 

taken with a Plan-Apochromat 63x/1.4 oil objective and the ZEN software package (Carl Zeiss) was used 

for subsequent AiryScan analysis. 

 

AP.1.5 Taxonomic bacterial community analysis 

The initial bacterial community composition in each sample and changes over the course of the 

incubation were determined through 16S rRNA analysis. For this analysis, 25 mL samples from each 

incubation were filtered onto a 0.22 µm pore size polycarbonate filter at a maximum vacuum of 200 

mbar, dried and frozen at -20 °C until further processing. Total DNA extraction from filter was done 

using the DNeasy Power Water Kit (Quiagen). Determination of the concentration as well as the size of 

the extracted DNA was done via gel chromatography using a Fragment AnalyzerTM (Advanced 

Analytical). Amplification of the variable 16S rRNA regions V3 and V4 (490 bp) was done in 30 cycles 

using the 5 PRIME HotMasterMix (Quantabio) together with the Bakt_314F 

(CCTACGGGNGGCWGCAG) and Bakt_805R (GACTACGVGGGTATCTAATCC; see Herlemann et 

al., 2011) PCR primer pair with an individual 8 bp barcode adapter (based on the NEB Multiplex Oligos 

for Illumina, New England Biolabs) attached to the forward primer and the reverse primer. The amplified 

PCR product was purified and size selected using the AMPure XP PCR Cleanup system (Beckman 

Coulter). Barcoded products were pooled in equimolar concentrations and sent for paired-end Illumina 

sequencing (2x250 bp HiSeq2500) to the Max Planck-Genome-center Cologne. Sequences were merged, 

demultiplexed and quality trimmed (sequence length 300–500 bp, < 2% homopolymers, < 2 % 

ambiguities) with BBTools (Bushnell, 2014). The SILVAngs pipeline (Quast et al., 2013) with the SSU 

rRNA SILVA database 138 was used for sequence comparison and taxonomic assignment of the retrieved 

sequences.  
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AP.1.6 Statistical analysis of bacterial communities 

Analysis of the bacterial community composition was done using normalized reads representing 

> 1,000 reads per sample. The average of triplicates for each FLA-PS amended incubation was used for 

further analysis and visualization. Archaeal and eukaryal reads were excluded from analysis. Differences 

in community composition between stations, water depths, incubation times, and substrates among 

amended and unamended incubations were analyzed by analysis of similarity (ANOSIM) and visualized 

in non-metric multi-dimensional scaling (NMDS) plots, using Bray-Curtis dissimilarity matrices. 

Community shift over the course of the incubations were visualized by comparison of the read abundance 

on genus level from the initial community with the read abundance in the incubations at each time point. 

 

AP.1.7 Bacterial productivity 

Bacterial productivity was measured after Kirchman (2001). In brief, bacterial protein production 

was calculated from leucine incorporation rates, measured in samples that were incubated at in-situ 

temperatures in the dark for time periods of 12 to 24 h. Bacterial carbon production was calculated by 

multiplying bacterial protein production by 0.86 (Kirchman, 2001; Simon and Azam, 1989).  

 

AP.1.8 Data availability 

Bacterial 16S rRNA gene sequences were archived as Illumina-generated libraries at the 

European Nucleotide Archive (ENA) of The European Bioinformatics Institute (EMBL-EBI) under the 

accession number PRJEB45894. Bacterial protein production data are available at 

DOI:10.26008/1912/bco-dmo.820556.1 FLA-PS hydrolysis data and cell counts are being submitted to 

BCO-DMO (https://bco-dmo.org/).  

 

Results 

Much to our surprise, selfish bacteria were abundant at all water depths that we investigated. 

These bacteria were identified microscopically by the co-localization of the blue DAPI staining of DNA 

https://bco-dmo.org/
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and the associated intense green staining from the FLA-PS (Fig. AP.1). Selfish uptake of laminarin was 

substantial, especially in surface waters of Stn. 19, but structurally much more complex substrates such as 

fucoidan4 also contributed notably to selfish uptake (Fig. AP.2). Overall, a broad range of substrates was 

taken up at almost every depth and station. 

Considerable selfish activity was evident even at the t0 timepoint, when 14-17% of bacteria in 

surface water, 5-22% at the DCM, 5-8% at 300 m, and 5-12% of bacteria in bottom water took up one of 

the FLA-PS (Fig. AP2). With increasing incubation time, the proportion of cells taking up one of the 

FLA-PS increased, especially in sub-surface waters. Selfish uptake reached a maximum of 13-18% of 

DAPI-stainable cells in surface waters, 14-26% at the DCM, 12-18% at 300 m, and 25-67% in bottom 

water. Uptake at the t0 timepoint reflects the short-term response of the in situ community, since the time 

elapsed between substrate addition and sample processing is likely insufficient for major changes in 

community composition, while later timepoints reflect the activities of a community that has changed in 

composition with time.  

Substantial selfish uptake characterized the in situ bacterial community despite initial station- and 

depth-related differences in composition (Fig. AP3). Moreover, although these initial communities 

changed markedly for the most part over the time course of incubation (Fig. AP4; Suppl. Figs AP.2-

AP.5), the percentage of the community carrying out selfish uptake at most stations and depths remained 

constant or increased after the t0 timepoint. The compositional changes in unamended incubations were 

very similar to the incubations amended with FLA-PS, demonstrating that the addition of FLA-PS by 

themselves had little influence on community composition (Suppl. Figs. AP.2c-AP.5c) or cell counts 

(Suppl. Fig. AP.6). Furthermore, the changes in community composition typically were not convergent 

for different depths (Suppl. Fig. AP.7), in that different genera dominated even in cases where similar 

classes became more abundant with time. For example, although Gammaproteobacteria became relatively 

more abundant with time in many of the incubations (Fig. AP.4, Suppl. Figs. AP.2-AP.5), the dominant 

phylotypes varied by depth and station (Suppl. Figs. AP.8-AP.10). In sum, there were no obvious 

connections between specific changes in bacterial community composition and selfish uptake.  
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We observed remarkable differences in patterns of selfish uptake and external hydrolysis, which 

were measured in the same incubation containers. While selfish uptake was measurable for a broad range 

of polysaccharides at all stations and most depths, external hydrolysis was more variable among stations 

at similar depths, and decreased sharply in bottom water compared to surficial waters (Fig. AP.2). In 

surface waters at Stn. 19, for example, all polysaccharides except fucoidan were externally hydrolyzed, 

but at Stns. 18 and 20 only laminarin, chondroitin, and xylan were externally hydrolyzed; these spatial 

variations in external hydrolysis are consistent with previous observations in surface ocean waters28. 

Station-related variability was also evident at a depth of 300 m: at Stns. 18 and 20, a broad spectrum of 

polysaccharides was externally hydrolyzed, but at Stn. 19, only xylan, laminarin, and pullulan were 

externally hydrolyzed. In bottom waters of all three stations, only two or three polysaccharides were 

externally hydrolyzed – laminarin and xylan at Stn. 18, laminarin, xylan, and chondroitin at Stn. 19, and 

laminarin and chondroitin at Stn. 20. Those polysaccharides were hydrolyzed at comparatively low rates, 

and hydrolysis was first evident at late incubation timepoints. Overall, the spectrum of substrates 

externally hydrolyzed was narrower and the hydrolysis rates in deep water were considerably lower than 

in surface water, consistent with the few previous reports of polysaccharide hydrolysis in deep ocean 

waters (Hoarfrost and Arnosti, 2017; Balmonte et al., 2018; Balmonte et al., 2021). Patterns of external 

hydrolysis and selfish uptake at the same stations and depths thus showed striking contrasts.  

 

Discussion 

The presence of selfish bacteria in the water column, also at depths well below the euphotic zone, 

requires reconsideration of mechanisms, strategies, and economics of substrate processing, bacterial 

physiology, and the role of HMW organic matter in fueling bacterial metabolism. Although selfish uptake 

mechanisms have been studied most intensively in members of the gut-dwelling Bacteroidetes 

(Koropatkin et al., 2012; Rakoff-Nahoum et al., 2016), selfish activity is also common in surface marine 

waters (Reintjes et al., 2017; Reintjes et al., 2019; Reintjes et al., 2020a; Reintjes et al., 2020b; Giljan et 

al., 2022). Our previous investigations demonstrated that a range of bacteria, including members of the 
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Bacteroidetes, Planctomycetes, Verrucomicrobia, and the genus Catenovulum (Gammaproteobacteria) 

carry out selfish uptake (Reintjes et al., 2020a; Giljan et al., 2022). Furthermore, a large fraction of selfish 

bacteria are still unidentified (Reintjes et al., 2020a; Giljan et al., 2022). The observation of selfish 

activity at multiple depths throughout the water column against a background of changing bacterial 

community composition suggests that this strategy of substrate acquisition is widespread, and in the ocean 

is not restricted to a limited range of bacterial taxa. Since selfish uptake cannot be inferred solely from 

genomic information (Klassen et al., 2021), however, we cannot yet determine whether selfish uptake 

mechanisms are as widely distributed as the ability to produce extracellular enzymes to carry out external 

hydrolysis 

The economics of substrate processing and uptake also should be reconsidered. Two-player 

models of enzyme producers and scavengers have considered the conditions under which extracellular 

enzyme production may pay off (e.g., Allison, 2005), such as when polysaccharides are abundant 

(Traving et al., 2015), or when they are found in sufficiently dense patches (Ebrahimi et al., 2019). 

Inclusion of selfish bacteria in this calculus, as described in a new conceptual model (Arnosti et al., 

2021), suggests that substrate structural complexity, as well as abundance, needs to be taken into account. 

Selfish uptake, in which most hydrolytic activity occurs in the periplasm – between outer and inner 

membranes – prevents diffusive loss of hydrolysate, and ensures that investment in extracellular enzymes 

generates sufficient return. From this perspective, selfish uptake appears to be widespread either i) when a 

substrate is highly complex and requires considerable enzymatic investment, or ii) when there is high 

competition for a very widely-available substrate, such that competition is a primary consideration 

(Arnosti et al., 2021).  

The first case covers enzymatic investment to acquire comparatively rare and structurally 

complex substrates that are selfishly taken up, since the number of different enzymes required for 

hydrolysis scales directly with polysaccharide structural complexity (Bligh et al., 2022). Arguably, intact 

polysaccharides are likely a comparatively rare commodity in most of the subsurface ocean, including the 

deep ocean (Fig. AP.4). Any unaltered polysaccharides thus should be a target for selfish uptake, a 
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consideration that would explain the broad range of substrates selfishly taken up in much of the water 

column. Polysaccharides such as fucoidan are particularly good examples for a potential pay-off from 

selfish uptake, since fucoidan hydrolysis requires an extraordinary investment in enzymes (Sichert et al., 

2020). Moreover, external hydrolysis of fucoidan is comparatively rarely detected in the surface ocean28, 

and to date has not been detected in deep ocean waters (Hoarfrost and Arnosti, 2017; Balmonte et al., 

2018; Balmonte et al., 2021; Steen et al., 2012).  

The second case for which selfish uptake pays off – high competition for an abundant 

polysaccharide – applies especially to laminarin. Oceanic production of laminarin has been estimated to 

be on the order of 12-18 gigatons annually (Alderkamp et al., 2007; Becker et al., 2020), providing a vast 

supply of readily-degradable substrate to heterotrophic microbial communities. Moreover, external 

hydrolysis of laminarin is measurable in almost every site and location in the ocean investigated to date 

(Reintjes et al., 2017; Reintjes et al., 2019; Reintjes et al., 2020a; Reintjes et al., 2020b; Giljan et al., 

2022; Arnosti et al., 2011; Hoarfrost and Arnosti, 2017; Balmonte et al., 2018; Balmonte et al., 2021; 

Steen et al., 2012), pointing at very widespread capabilities to utilize this polysaccharide. Selfish uptake 

of laminarin therefore ensures return on enzyme investment by capturing a substrate that would otherwise 

be acquired by competitors. 

Rapid selfish uptake of polysaccharides, especially in bottom water, also provides important clues 

about the physiology of bacteria in the deep ocean, and the nature of the substrates that they use. 

Approximately 5-10% of the bacterial community at our three deep ocean sites was ready and able to take 

up specific polysaccharides shortly after addition (Figs. AP.1- AP.2, Fig. AP.4). This response is notable 

in light of the observation that uptake of a simple amino acid at these depths (as demonstrated by leucine 

used for bacterial productivity measurements), which does not require prior enzymatic hydrolysis, was 

quite low especially at Stns. 18 and 19. These observations together suggest that a bacterial strategy 

focused on rapid uptake of structurally more-complex, higher molecular weight polysaccharides pays off 

in deep water because there is a sufficient supply of these substrates, whereas the in situ inventory of 
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individual amino acids in bottom water is likely too low (Giljan et al., 2020) to merit special targeting by 

bacteria.  

Although we currently lack data on the polysaccharide component of particulate organic matter in 

bottom waters, a new method to specifically quantify laminarin in particles has demonstrated a 

considerable laminarin concentration in particulate organic matter in the upper water column (including 

measurements to a depth of 300m; Becker et al., 2020). Furthermore, rapid transport of bacteria/particles 

– including intact diatom cells (Agusti et al., 2015) – to bottom water depths has been demonstrated (Poff 

et al., 2021; Grabowski et al., 2019). This organic matter likely includes intact polysaccharides such as 

laminarin and fucoidan (Vidal-Melgosa et al., 2021). Recent measurements of dissolved organic matter in 

deep ocean waters additionally suggest that polysaccharides derived from the surface ocean are added to 

the dissolved organic matter pool circulating in the deep ocean (Broek et al., 2020).  

Selfish uptake of highly complex polysaccharides in the deep ocean thus may be supported by a 

substantial flux of relatively unaltered organic matter to the deep ocean (Hansell et al., 2015; Bergauer et 

al., 2018). The presence of bacteria that are capable of processing complex substrates in a selfish manner 

also suggests that measurements of bacterial metabolism that are dependent upon uptake of monomeric 

substances have likely underestimated an important fraction of heterotrophic carbon cycling activity, 

since the enzymatic systems used for selfish uptake are specifically tuned to their target high molecular 

weight substrates (Cuskin et al., 2015). The prevalence of selfish uptake against a backdrop of changing 

bacterial community composition (Fig. AP.2, Fig. AP.4, Suppl. Figs. AP.2-AP.5), moreover, suggests that 

selfish uptake as a substrate acquisition strategy pays off sufficiently that it is comparatively widespread 

among bacteria. Selfish uptake is important not only in the surface waters of the ocean, but also in the 

upper mesopelagic and deep ocean, and is carried out by a wide range of heterotrophic bacteria whose 

carbon cycling activities help drive much of the marine carbon cycle.  
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Figure. AP.1. Micrographs of selfish bacteria. Selfish bacteria throughout the water column in the 
western North Atlantic Ocean. Super resolution images of microbial cells from surface water, 300 m 
water depth, and bottom water (3 190, 4 325, and 5 580 m, at Stns. 18, 19, and 20, respectively) showing 
accumulation of fluorescently labeled arabinogalactan, fucoidan, chrondroitin sulfate, laminarin, and 
pullulan due to selfish uptake. Blue signal (DAPI) shows nucleic acids, green signal is due to 
fluoresceinamine-labeled polysaccharides. Scale bar = 1 mm.
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Figure AP.2. Selfish uptake and polysaccharide hydrolase activities. Heterotrophic polysaccharide 
utilization throughout the water column at three distinct locations in the western North Atlantic Ocean. 
Selfish uptake and extracellular (external) hydrolysis of six different fluorescently-labeled 
polysaccharides (FLA-PS) in (a) surface waters, (b) at the deep chlorophyll maximum (DCM), (c) at 300 
m water depth, and (d) in bottom waters at Stns. 18, 19, and 20 over the course of individual FLA-PS 
amended incubations. Note that the scales of the Y-axes vary by depth. Note also that selfish FLA-xylan 
uptake at all stations and FLA-pullulan uptake in surface waters and at 300 m depth could not be analyzed 
due to high background fluorescence, and are therefore not included in the data. Error bars represent the 
average of biological replicates (n = 3). Samples marked with an x were not analyzed.
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Figure AP.3. Initial bacterial community composition. The initial bacterial communities at four depths 
at three distinct locations in the western North Atlantic Ocean. Bacterial communities (a) differ more by 
depth (b) but are also different by station (c). * denotes statistically significant results. Each community 
represents the average of biological replicates (n = 3).



155 
 

 
Figure AP.4. Selfish bacteria in bottom water. Selfish polysaccharide uptake, cell counts, and bacterial 
community composition in North Atlantic bottom water. (a) Selfish uptake of FLA-PS over the course of 
10 day FLA-PS amended incubations at Stns. 18, 19, and 20 (same data as in Fig. 2d). (b) Development 
of total microbial cell counts and (c) bacterial community composition in each of the FLA-PS amended 
incubations from (a), and in the unamended treatment control. The initial community shortly after 
addition of the FLA-PS is depicted at 0 days of incubation. Error bars represent the average of up to three 
replicates. Time points marked with an x were not analyzed. 
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Supplementary Figure AP.1. Physical and chemical parameters. Chemical and physical station 
characteristics at Stations 18, 19, and 20 of cruise EN638: (a) station locations (b) temperature, salinity, 
dissolved oxygen, and chlorophyll fluorescence and (d) T-S plot showing water mass characteristics 
throughout the water column at each station. Specific depths sampled are showed with symbols (legend). 
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Supplementary Figure AP.2. Changes in bacterial communities in surface waters. Changes in 
bacterial community composition in incubations of surface water from Stns. 18-20, three distinct 
locations in the western North Atlantic. (a) Development of the bacterioplankton community in FLA-
laminarin, FLA-xylan and FLA-chondroitin, FLA-pullulan, FLA-arabinogalactan and FLA-fucoidan 
amended incubations. The initial community shortly after the addition of the FLA-PS is depicted at 0 days 
of incubation. Bars represent the average of up to 3 replicates. Communities marked with an x were not 
analyzed.  Non-metric multidimensional scaling (NMDS) plot based on Bray-Curtis dissimilarity in 
bacterial communities clusters the communities by (b) station and (c) incubation time, but (d) not by 
added polysaccharide. This analysis was confirmed by statistical analysis of similarity (ANOSIM) 
performed with 99 permutations on the community composition. * denotes statistically significant results.  
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Supplementary Figure AP.3. Changes in bacterial communities in DCM waters. Changes in bacterial 
community composition in incubations of water from the deep chlorophyll maximum layer at Stns. 18-20, 
three distinct locations in the western North Atlantic. (a) Development of the bacterioplankton 
community in FLA-laminarin, FLA-xylan and FLA-chondroitin, FLA-pullulan, FLA-arabinogalactan and 
FLA-fucoidan amended incubations in comparison to an unamended control. The initial community 
shortly after the addition of the FLA-PS is depicted at 0 days of incubation. Bars represent the average of 
up to 3 replicates. Communities marked with an x were not analyzed. Non-metric multidimensional 
scaling (NMDS) plot based on Bray-Curtis dissimilarity in bacterial communities clusters the 
communities by (b) station and (c) incubation time but (d) not by added polysaccharide. Results were 
confirmed by statistical analysis of similarity (ANOSIM) performed with 99 permutations on the 
community composition. * denotes statistically significant results.  
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Supplementary Figure AP.4. Changes in bacterial community composition at 300 m. Changes in 
bacterial community composition in incubations of water from a depth of 300m at Stns. 18-20, three 
distinct locations in the western North Atlantic. (a) Development of the bacterioplankton community in 
FLA-laminarin, FLA-xylan and FLA-chondroitin, FLA-pullulan, FLA-arabinogalactan and FLA-fucoidan 
amended incubations. The initial community shortly after the addition of the FLA-PS is depicted at 0 days 
of incubation. Bars represent the average of up to 3 replicates. Communities marked with an x were not 
analyzed. Non-metric multidimensional scaling (NMDS) plot based on Bray-Curtis dissimilarity in 
bacterial communities clusters the communities by (b) station and (c) incubation time but (d) not by 
added polysaccharide. These results were confirmed by statistical analysis of similarity (ANOSIM) 
performed with 99 permutations on the community composition. * denotes statistically significant results.  
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Supplementary Figure AP.5. Changes in bacterial communities in bottom waters. Changes in 
bacterial community composition in incubations of bottom water from Stns. 18-20, three distinct locations 
in the western North Atlantic. Depths were 3,190m, 4,325m, and 5,580m for Stns. 18, 19, and 20, 
respectively. (a) Development of the bacterioplankton community in FLA-laminarin, FLA-xylan and 
FLA-chondroitin, FLA-pullulan, FLA-arabinogalactan and FLA-fucoidan amended incubations in 
comparison to an unamended control. The initial community shortly after the addition of the FLA-PS is 
depicted at 0 days of incubation. Bars represent the average of up to 3 replicates. Communities marked 
with an x were not analyzed. Non-metric multidimensional scaling (NMDS) plot based on Bray-Curtis 
dissimilarity in bacterial communities clusters the communities by (b) station and (c) incubation time but 
(d) not by added polysaccharide. These results were confirmed by statistical analysis of similarity 
(ANOSIM) performed with 99 permutations on the community composition. * denotes statistically 
significant results.  
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Supplementary Figure AP.6 Changes in total cell counts. Development of total microbial cell counts 
in FLA-PS amended incubations in water from the surface, DCM, 300m depth, and bottom water 
collected at Stns. 18, 19, and 20. Cell counts are shown over the 15 day time course of incubation with the 
fluorescently labeled polysaccharides laminarin, xylan, chondroitin sulfate, pullulan, arabinogalactan, and 
fucoidan, plus an unamended control for incubations from the DCM and in bottom water. Error-bars of 
the amended incubations represent the average of three replicates (n = 3).  
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Supplementary Figure AP.7. NMDS plots for bacterial community composition. Non-metric 
multidimensional scaling (NMDS) plot based on Bray-Curtis dissimilarity demonstrates differences in 
bacterial communities clustered by depth at Stns. 18 - 20. These results were confirmed by statistical 
analysis of similarity (ANOSIM) performed with 99 permutations on the community composition. * 
denotes statistically significant results.  
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Supplementary Figure AP.8. Gammaproteobacterial taxa development over time at Stn. 18. 
Development of individual gammaproteobacterial taxa in FLA-PS amended incubations throughout the 
water column at Station 18. Bars represent the shift in 16S rRNA read abundance of individual 
Gammaproteobacteria relative to the initial bacterial community.  
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Supplementary Figure AP.9. Gammaproteobacterial taxa development over time at Stn. 19. 
Development of individual gammaproteobacterial taxa in FLA-PS amended incubations throughout the 
water column at Station 19. Bars represent the shift in 16S rRNA read abundance of individual 
Gammaproteobacteria relative to the initial bacterial community.  
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Supplementary Figure AP.10. Gammaproteobacterial taxa development over time at Stn. 20. 
Development of individual gammaproteobacterial taxa in FLA-PS amended incubations throughout the 
water column at Station 20. Bars represent the shift in 16S rRNA read abundance of individual 
Gammaproteobacteria relative to the initial bacterial community.  
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APPENDIX B: TIPS FOR ENJOYING (AND GETTING THROUGH) GRADUATE SCHOOL 
 

 Find friends both within and outside of your department. It is great to have a close-knit cohort, but 
sometimes it is equally great to go rock climbing with others that you meet. 
 

 Have hobbies outside of work. This could include physical activities like rock climbing, creative 
activities such as painting, of just plain fun activities like making every LEGO set from the botanicals 
collection. 
 

 Get involved with service projects. Whether at the department or university level, or within your local 
community, getting involved with service projects gives you time to refresh and give back to your 
community. 
 

 Speaking of being refreshed, make sure that you prioritize your mental and physical health. While it 
may be tempting to spend those extra hours in lab, sometimes just going for a refreshing walk will get 
your brain juices flowing. 
 

 Start writing your thesis or dissertation now. Not next week, not after you even understand all the 
data, but now. It will make the end of your time in grad school more enjoyable and less stressful.  

 Take the vacation days. No seriously. Take them. 
 

 Do not be afraid to ask for help. From friends, your advisor, and most importantly, your committee. 
They are invaluable and want you to succeed, so don’t feel like you are bothering them. They are here 
to help! 
 

 Go to all of the events with free food. 
 

 As scary as it can be, make sure that you network with others when you go to conferences. This 
strategy is how you can make connections that may land you your future job. 
 

 Always thank the staff members. They are invaluable to the day-to-day operations of mostly 
everything that will impact you as a student. 
 

 Enhance your professional development. Whether you want to stay in academia, work for the 
government, join industry, or something totally different, you will need to build your repertoire of 
professional skills to be successful in the future. 
 

 Make connections outside of your department. There are many avenues and opportunities to do this, 
and being able to talk to others about things other than your research will let you recharge. 
 

 Finally—to summarize what all this boils down to—take breaks, enjoy your time with others, and be 
kind. 


