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Introduction 
My PhD project involved the use of high-resolution microscopy techniques to study the mechanisms 

driving neurodegeneration in protein aggregation diseases, and to investigate the effects of anti-

aggregation drugs. Several pieces of evidence indicate that in neurodegenerative diseases, such as 

Alzheimer’s and Parkinson’s diseases, toxic behaviour could result from the action of amyloid 

aggregates. The latter are highly organized and insoluble aggregates that are formed upon misfolding 

and aggregation of soluble proteins which undergo destabilization of their native structure. These 

proteins share the common characteristic of aggregating into fibrillar structures, referred to as 

"amyloid fibrils" with a high content of β-sheets and specific cross-beta arrangement. The study was 

conducted using advanced atomic force microscopy (AFM) both as a single technique to 

mechanistically and structurally characterize biological systems and interfaces involved in the 

interaction with toxic protein aggregates (through imaging  and analysis of force/distance curves), 

and as a combined technique, together with optical microscopy, to understand the molecular 

mechanisms of protein aggregation, which represents a crucial problem to counteract misfolded 

protein diseases. The thesis is organized as follows: the first Chapter introduces amyloidogenic 

proteins, amyloid aggregation and related diseases. Chapter 2 provides a general overview of the 

AFM technique, with specific reference to its application on the systems under study; confocal light 

microscopy and stimulated emission depletion (STED) microscopy are also described in this chapter. 

In Chapter 3, I studied the in vitro aggregation process of a non-pathological protein, bovine 

pancreatic insulin, partially labelled with fluorescent dyes to identify whether labelled and unlabelled 

polypeptides follow only selected aggregation pathways or common pathways and, therefore, 

whether or not the labelling process influences the structure and properties of the aggregate. To this 

purpose, the combined STED-AFM technique has proved particularly suitable. The activity described 

in Chapter 4 is still within the context of the study of pathological mechanisms involving 

amyloidogenic proteins. In this chapter the effect of α-synuclein, the protein involved in Parkinson's 

disease, on the mechanical properties of microtubules was addressed. The latter are components of 

the cytoskeleton, which is involved in several cellular activities and provides shape and rigidity to the 

cell. Microtubules arise from the polymerization of the protein tubulin. In this study, I analyzed the 

mechanical properties and morphological characteristics of microtubules polymerized in the absence 

and in the presence of two alloforms of α-synuclein: the wild type and the A53T mutant, involved, 

respectively, in sporadic and hereditary forms of Parkinson’s disease. In the last part of the thesis, 

corresponding to Chapter 5 and Chapter 6, the protective mechanisms against the cytotoxicity of 

protein aggregates were studied. In Chapter 5 I examined the effects of trodusquemine, an aminosterol 

proposed as a drug candidate against Parkinson's and Alzheimer's diseases, on the morphological and 

mechanical properties of supported lipid bilayers mimicking the neuronal membrane. In particular, I 

performed AFM force spectroscopy measurements on supported bilayer membranes to determine the 

elastic modulus of the bilayer at different trodusquemine concentrations. In Chapter 6, I analyzed the 

interaction between ataxin-3, a protein with polyglutamine tracts that aggregates and forms neuronal 

inclusions, and AQAMAN, a novel inhibitor recently synthesized to prevent ataxin-3 aggregation. 
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Chapter 1 

Protein folding and misfolding 

1.1 Protein folding 

Proteins are macromolecules formed by one or more polypeptide chains. A polypeptide is a chain of 

at least 50 amino acids. The primary structure of a protein is the sequence of amino acids that form 

the polypeptide chain. The chain self-assembles into secondary structure elements such as the α-helix 

and the β-sheet. The tertiary structure of the protein is the three-dimensional arrangement of the 

polypeptide chain. Some proteins form homo or hetero multimers and thus acquire a quaternary 

structure. 

The process that leads to the definition of the native structure from fully or partially unfolded states 

is called the protein folding mechanism and occurs in a time range from milliseconds to seconds [1]–

[3]. The folding free-energy landscape is likened to a funnel where the number of conformations 

accessible to the polypeptide chain (conformational entropy) decreases as the chain approaches the 

native state (Figure 1.1(a)). The folding process is guided by the portions of the chain which self-

assemble into secondary structures. Folding is spontaneous since the unfavourable entropic 

contribution linked to the increase in the order of the structure is compensated by the enthalpy 

contribution associated with the native stable interactions and by the entropic contribution of the 

hydrophobic effect (figure 1.1(b)) [4]. 

 

 
Figure 1.1 A) Protein folding funnel. The funnel-shaped free energy landscape drives the different      

denatured conformations to the unique native structure [1]. B) Protein folding thermodynamics (modified 

from [4]). 

 

Protein molecules can fold into a multitude of different three-dimensional structures. The variety of 

structural topologies of protein folds is reflected into the diversity of biological functions performed. 

These activities range from catalysis, where the structural organization is essential to accommodate 

a specific substrate or ligand, to structure maintenance and signalling, where the remarkable mobility 
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and flexibility of partially disordered conformers favor more efficient sampling of protein-target 

interactions. Therefore, the correct folding of proteins in their soluble state and the maintenance of 

this unique structure is essential to ensure the proper functioning of every chemical process on which 

our lives depend. 

Folding is highly efficient due to the evolutionary process [3]–[5], which has selected amino acid 

sequences that tend to fold into remarkably stable native structures. Furthermore, cells have evolved 

various regulatory mechanisms (protein quality control systems) to assist in the physiological events 

of protein synthesis, folding and degradation (proteostasis). Such control systems include several 

catalysts, including molecular chaperones, enzymes and degradation processes [6]. 

Under some circumstances, however, destabilized proteins, misfolded proteins, and potentially 

harmful protein aggregates are formed due to changes in physical and chemical conditions in the cell 

and genetic mutations (figure 1.2). 

 

 
Figure 1.2 Protein misfolding energy landscapes illustrating one of the three possible scenarios: (a) 

formation of a native-like destabilized protein, (b) accumulation of an unstable folding conformer or (c) 

formation of protein aggregates [4]. 

 

Protein aggregation can lead to the formation of amyloid fibrils (discussed in chapter 3), to amorphous 

assemblies or to native-like structures (discussed in chapter 4). 

1.2 The amyloid state 

Amyloid fibrils were first observed in the 19th century. Initially, it was thought that this deposit was 

a polysaccharide since its behaviour upon staining was similar to that of starch, for which it was called 

"amyloid" (“similar to starch”, from the Greek ἄμυλον, amylum in Latin, meaning starch). Only later 

it was discovered that amyloid is a material made up of proteins [7]. Since their discovery, interest in 
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amyloid fibrils has grown as it has become clear that the deposition of these aggregates is associated 

with pathological states known as amyloid diseases. 

Regardless of the differences in the polypeptide chains, amyloid fibrils have common structural and 

biophysical properties: fibrillar morphology, characteristic optical properties and cross-β structure.      

They display wire-like structures, typically 6-13 nm wide and a few micrometres long, as observed 

by atomic force microscopy (AFM) [8], [9] and electron microscopy (EM) techniques [10]. Each 

fibril is comprised by 2-8 protofilaments twisted around one another or associated laterally to form      

flat ribbons. Each protofilament has a cross β super secondary structure, being formed by two beta 

sheets parallel to the fibril axis with the β-strands running perpendicular to the fibril axis. (Figure 1.3) 

[11]–[13]. 

 

 
Figure 1.3 A Structural models of the cross-β structure of amyloid filaments. The β-strands can be 

represented: a) by ribbons ending in an arrow, pointing towards the C-terminus (ribbon model) or b) by a ball 

and stick model. c) and d) show two different orientations of the structure of Aβ fibrils (1-42) [14]. B 

Example of amyloid protofilament with the characteristic spacings of the cross-β structure [13]. C Structure 

of insulin quadruplet fibril obtained by cryo-electron microscope [15]. 

 

Amyloid formation can be monitored through a thioflavin-T (ThT) test or a Congo Red (CR) test 

[16]. ThT and CR associate with the β-sheet structure of amyloid fibrils giving rise to specific spectral 

responses. Once bound to amyloid fibrils, Thioflavin-T shows a red shift of its absorption spectrum 

from 385 nm (absorption of the free dye) to 450 nm and of its emission spectrum from 445 nm 

(emission of the free dye) to 482 nm [17]. At the same time, amyloid reveals yellow-green 

birefringence properties following CR binding [18]. 

Amyloid fibrils also exhibit unusual physicochemical properties, such as high tensile strength 

comparable to steel and high thermal resistance. These extraordinary characteristics are due to the 

numerous hydrogen bonds connecting the β-strands, the strong interaction between the β-sheets and 

the association of the protofilaments. These features, coupled with nanoscale self-organization, are 

fascinating for the design and development of de novo materials [19] for the fabrication of conductive 

nanowires [20]. 
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     Figure 1.4 shows three AFM images of protein aggregates, obtained in tapping mode. Panels (a) 

and (b) depict amyloid fibres from insulin and amyloid-β peptides aggregation, respectively; panel 

(c) shows a typical bundle of fibrils of ataxin-3. 

 

 
Figure 1.4 AFM images of (a) insulin fibres; (b) amyloid-β peptide fibres; (c) ataxin-3 aggregates. Insulin 

and amyloid-β peptide aggregates have the fibrillar morphology typical of amyloid fibres. Conversely, ataxin 

aggregates do not exhibit this morphology. All AFM images were acquired in tapping mode within my 

research activity. 

 

1.3 Protein aggregation      
The process underlying the conversion of soluble peptides or proteins into an aggregated state 

involves several steps of formation (nucleation) and growth of hydrophobic intermediate states prone 

to self-association. 

Several aggregation mechanisms have been proposed: nucleation-polymerization mechanism, 

nucleated conformational conversion mechanism, and native-like aggregation mechanism (figure 

1.5). 

Most amyloidogenic peptides and proteins (α-synuclein, Aβ40, Aβ42, insulin, etc.) aggregate in vitro 

through a nucleation-polymerization process [21], [22]. Monomers convert into precursors with an 

amyloidogenic conformation (nuclei) following a thermodynamically unfavourable process. Only 

after the formation of the cores with the consequent overcoming of the energy barrier is a rapid growth 

of the fibrils observed. However, there are cases in which monomers rapidly convert into misfolded 

aggregates. Through a structural reorganization, these initial aggregates form the  

amyloid precursors, which is the kinetically limiting stage. This process is termed the nucleated 

conformational conversion mechanism and has been proposed to describe the amyloid formation of 

systems such as α-synuclein [23] and Aβ40 [24]. Finally, globular proteins, such as the Josephin 

domain of ataxin, must expose aggregation-prone regions, generally buried in the heart of the protein, 

to convert. In these cases, they maintain a state similar to the native one, with segments tending 

towards aggregation, which become accessible through thermal fluctuations or the release of ligands 

(native-like aggregation process) [25]. These three models represent the extreme cases of a 

continuous mechanism in which multiple paths are accessible. 

This panorama of primary nucleation and growth is made even more complex by triggering various 

secondary processes. Two are worth mentioning: fragmentation events, in which the aggregates break 
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into smaller pieces, and secondary nucleation phenomena, in which the surface of the aggregates acts 

as a catalyst for the formation of new clusters of monomers, which act as new critical nuclei. 

 

 
Figure 1.5 Mechanisms of amyloid fibril formation. Possible aggregation models start from a globular or 

intrinsically disordered protein (IDP) [26]. 

 

Beyond the variety and complexity of protein aggregation and amyloidogenesis, a common kinetic 

behaviour is observed. A typical aggregation curve (where the amount of aggregates is measured as 

a function of time) has a sigmoidal shape with three distinct phases: a lag phase, an exponential phase 

of growth, and a final equilibrium phase (also called the plateau phase) (figure 1.6) [27]. Importantly, 

each phase is ascribed to a combination of molecular events involving primary nucleation, elongation, 

fragmentation, and secondary nucleation, and several species coexist in each phase. 

 

 
Figure 1.6 a) Typical amyloid aggregation curve monitored with thioflavin-T fluorescence. b) Scheme of 

the processes occurring at molecular level in amyloid aggregation. 

 

1.4 Protein misfolding diseases and cytotoxicity mechanisms 

Protein misfolding diseases are a large group of disorders related to protein misfolding and 

aggregation. These disorders can be systemic or localized, depending on whether the deposits are 



7 
 

localized in multiple organs or in a specific tissue or a limited area. In neuropathic diseases (e.g. 

Alzheimer's, Parkinson's), deposits accumulate in the central nervous system (Table 1.1). 
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Table 1.1. human diseases associated with the formation of extracellular amyloid or non-amyloid deposits or 

intracellular inclusions with amyloid-like and non-amyloid-like characteristics (modified from [26]). 
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Table 1.1. human diseases associated with the formation of extracellular amyloid or non-amyloid deposits or 

intracellular inclusions with amyloid-like and non-amyloid-like characteristics (modified from [26]). 

 

Initially, the accumulation of extracellular and intracellular deposits of mature aggregates and the loss 

of functional proteins were thought to be primarily responsible for the dysfunction of specific organs 

and the failure of cellular processes. This theory has been somewhat debunked over the past two 

decades, especially for diseases involving the central nervous system. It has become evident that 

prefibrillar oligomers are the primary pathogens [28], [29], highly damaging to cells. However, 

mature fibrils are far from being harmless materials as they catalyze the formation of toxic oligomers 

through the secondary nucleation process or act as reserves of prefibrillar aggregates released 

following the fragmentation process. In particular cases, mature fibrils have significant toxicity. 

How protein aggregation gives rise to pathological behaviour has yet to be fully understood, although 

giant steps have been taken. Among the structural determinants driving the toxicity of oligomers, the 

exposure of hydrophobic groups on the surface seems to play a fundamental role [30]. 

At the same time, the small size of these aggregates may contribute to their cytotoxicity due to a high     

diffusion speed, giving rise to the immediate formation of aberrant interactions [31]. 

Oligomers have been reported to interact with many cellular components, including the cell 

membrane and the microtubular cytoskeleton. 

In the case of Alzheimer's disease, for example, extracellular protein oligomers interact with the 

phospholipid bilayers of the cell membrane, although the exact mechanism by which they cause 

damage to the cells is not yet clear. An early hypothesis suggested that oligomers alter membrane 

permeability by forming annular structures with a pore-like morphology, modifying the physiological 

ion balance and ultimately causing cell death [32], [33]. An alternative option is that peptide 

aggregates can penetrate the lipid bilayer, creating transient pores and/or changing the membrane 
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mechanical properties, thus affecting the behaviour of ionic channels. At the same time, the 

membrane can act as a catalyst for fibrillation, leading to the faster generation of toxic intermediates. 

In the case of Parkinson's disease, the impairment of the physiological interaction between 

microtubules (whose primary component is tubulin) and the monomeric form of α-synuclein (wild-

type) as a trigger of a pathogenic cascade that causes neuronal death is gaining more and more 

relevance. Defective interaction between α-synuclein and tubulin can be linked to both point 

mutations of α-synuclein (A53T, A30P, E46K, H50Q, G51D) [34] and microtubule abnormalities. 

On the other hand, it cannot be excluded that α-synuclein gains a toxic function upon aggregation. In 

this context of neurodegeneration, the microtubule system could influence the aggregation processes 

[35]. Therefore, aggregation could be avoided by intervening in the interaction between α-synuclein 

and microtubules. 

Pre-fibrillar oligomers are also involved in other toxic processes, such as seeding reactions on other 

amyloidogenic proteins, sequestration of molecular chaperones with consequent saturation of the 

proteostasis network, generation of reactive oxygen species (ROS) with toxicity mediated by metals 

(figure 1.7). 

 

 
Figure 1.7 Mechanisms of cytotoxicity of amyloid and its precursors (modified from [4]). 

 

1.5 Therapeutic strategies to counteract human diseases 

associated with protein aggregation 

Proteins show an intrinsic propensity to form potentially toxic and functionally deficient aberrantly 

folded protein aggregates in various organs and tissues. Furthermore, macromolecular crowding 

further favours this tendency in the cells. This complexity influences the hydration layer, the folding 

process, and the conformation of the proteins by reducing the free water in the cells. So all living 

organisms developed a network of regulatory mechanisms, enzymes, molecular chaperones, protein 

degradation mechanisms, and folding catalysts to counteract these harmful effects. These control 

systems regulate protein homeostasis (proteostasis), i.e. the balance between protein synthesis, 
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folding and degradation. However, this physiological regulation is prone to collapse due to the 

progression of neurodegenerative diseases, ageing, stress, or unhealthy lifestyles (such as obesity). 

In recent years there has been a growing effort to develop therapeutic approaches for amyloid-

associated diseases. Several small molecules and antibodies have shown the ability to bind to well-

defined aggregation states and modulate the self-assembly process for several amyloid peptides, 

reducing the degree of toxicity of the oligomeric intermediates. In this context, a particular relevance 

is assumed by several aminosterols, initially isolated from the liver of the dogfish shark, including 

the aminosterols trodusquemine (also known as MSI-1436) and squalamine. 

Experiments on chemical kinetics of amyloid aggregation in the presence of these aminosterols have 

clarified the effects of these compounds on the microscopic processes (primary and secondary 

nucleation and elongation) which underlie the aggregation phenomenon. In detail, it was observed 

that trodusquemine increases the secondary nucleation rate of Aβ42 fibrils, causing a rapid conversion 

of small molecular weight oligomers into less toxic structures such as mature amyloid fibrils, and      

aggregates with high molecular weight. 

Furthermore, confocal microscopy analysis of Aβ42 [36] and α-synuclein [37] oligomers incubated 

with human neuroblastoma cells in the presence of trodusquemine showed that these oligomers 

exhibited a reduced affinity for the cell surfaces. This event suggests trodusquemine's ability to bind 

to cell membranes and displace toxic oligomers. In chapter 5, we will analyze in detail the interaction 

of this aminosterol with model lipid membranes. 
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Chapter 2 

Materials and methods 
 

The different experimental works described in this thesis are based on the use of AFM in situ. 

Therefore, this chapter will discuss imaging modes and force modes that are particularly suitable for 

studying biological samples, followed by the latest developments in quantitative nanomechanical 

properties (QI) measurement. Furthermore, we will describe an advanced fluorescence optical 

technique, such as confocal microscopy and stimulated emission depletion (STED) microscopy, 

which will be integrated with atomic force microscopy in some applications. 

 

2.1 The Atomic Force Microscope (AFM)      

2.1.1 Operating principles 

The mechanical and morphological analysis of several biological samples (for example, multi-domain 

lipid membranes, microtubules, amyloid fibres, etc.) requires instruments with high spatial and force 

resolution, able to operate in conditions such as to maintain the sample structural integrity and 

simulate physiological conditions. Atomic force microscopy (AFM) has these characteristics and is 

particularly suitable for this type of investigation. 

The AFM's operating principle is based on using a sharp probe, i.e., a nanometric tip positioned at 

the free end of a micro-cantilever, as shown in figure 2.1. 

 

 
Figure 2.1 Schematic of an AFM probe. 

 

The probe performs a raster scan along the entire surface of the sample with sub-nanometer 

positioning accuracy. During the scan, the cantilever acts as a sensor to detect the interaction between 

the probe and the sample surface. The probe is moved vertically by a closed feedback loop to keep 

the probe-sample interaction constant. Vertical movements are recorded relative to the XY position 

to form the sample's surface topography. 

The relevant feature is that the interaction force strongly depends on the tip-sample distance. 

Therefore, knowing the physical law describing the dependence of the interaction potential on space, 

it is possible to know the tip-sample distance at any instant and reconstruct the topographic image of 

the sample. In theory, if the tip-sample interaction involved only a single atom on the tip apex and a 

single atom of the sample surface, the operation of the AFM could be quantified by considering the 
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potential energy between two atoms placed at a distance r from each other, described by the Lennard-

Jones potential [1]: 

 

𝑈𝐿𝐷(𝑟) = 𝑈0 [−2 (
𝑟0

𝑟
)

6

+ (
𝑟0

𝑟
)

12

]          (2.1) 

 

The first term describes the attractive interaction due to the dipole - dipole interaction (Keesom 

energy), dipole - induced dipole interaction (Debye energy) and to the interaction between two non-

polar molecules (London dispersion energy). The second term quantifies the short-range repulsion 

due to the Pauli exclusion principle. The parameter r0 is the equilibrium distance between the atoms, 

where the potential has a minimum (figure 2.2). 

 

 
Figure 2.2 The trend of the Lennard-Jones potential 

 

In practice, the interaction between the probe and the sample surface is complex, and a heterogeneous 

set of forces is involved [2]. For example, in the presence of a   fluid layer, damping occurs when the 

probe touches the film as the tip-sample distance is reduced there are long-range electrostatic 

interactions (the Coulomb forces). Finally, at nanometric or sub-nanometric probe-sample distances, 

attractive short-range Van der Waals interactions and electrostatic repulsions are established (Figure 

2.3). 

 

 
Figure 2.3 Illustration of the forces that arise between the tip and the sample depending on their distance. 
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2.1.2 Components of the AFM 

The main components of an AFM are: 

⮚ The probe 

⮚ The piezoelectric scanner 

⮚ The optical detection system 

AFM probes have three components: substrate, cantilever, and sharp tip. The substrate holds the probe 

inside a probe holder, the cantilever represents the force sensor, and the tip interacts with the sample 

surface to form images. Probes come in different sizes, shapes, and materials [3]. In detail, the tip 

radius of curvature varies from a few nm to 30 nm, depending on the applications and manufacturing 

process. In addition, the cantilever arm has a thickness that can range from a fraction of µm to a few 

µm, a length of 125-140 µm, and a width of 30-40 µm. The cantilever and the tip affect the final 

image resolution and the mechanical measurements accuracy and sensitivity. 

The critical properties to be considered when choosing a probe are the spring constant (from 0.005 

N/m to 40 N/m), the resonance frequency of the cantilever (the latter only if working in tapping 

mode), the bending radius and the opening angle at the apex of the tip. The spring constant affects 

the force exerted by the probe on the sample (equation 2.2).  

 

𝐹 = 𝑘∆𝑥          (2.2) 

 

A rigid cantilever with a high spring constant can irreversibly deform the surface (plastic 

deformation) and wear the tip; this can cause an increase in the contact area, thus decreasing 

resolution. Therefore, a low k cantilever is preferred in high-resolution imaging of biological samples 

[4]. 

The resonant frequency plays a crucial role in the tapping mode and affects the response time of the 

cantilever. A higher frequency leads to a faster response of the cantilever; this allows for a higher 

scan speed by reducing the harmful effect of thermal drift. 

In practice, the choice of elastic constant and oscillation frequency are forced by the environment in 

which the measurement is performed. In air, it is preferable to use rigid cantilevers (20-40 N/m) with 

high resonant frequencies. The presence of environmental humidity (giving rise to the formation of a 

thin water films above the sample) causes a strong adhesion force between the tip and the sample; in 

the extreme case, the cantilever can stop the oscillation and remain attached to the sample's surface. 

Indeed, when the tip approaches the sample, water molecules tend to condense around the tip, forming 

a small meniscus. If the cantilever is very soft, there is never enough force to disengage from the 

meniscus. On the contrary, using a rigid cantilever allows overcoming this capillarity effect. 

In liquid, there is another problem: damping (hydrodynamic friction). In the presence of an ultra-

damped environment, the use of a cantilever with high resonance frequencies and elastic constants 

determines an increased force on the lever itself, which is physically inadmissible; in these conditions, 

a soft cantilever (0.06-0.24 N/m) is used. 

AFM images are affected by tip broadening effect, depending on the probe size. The shape and size 

of the tip (the radius of curvature and the aperture angle) play a key role in determining the resolution. 

Figure 2.4 shows typical tip broadening effects on sample topography; a sharp tip is generally 

preferred for detecting small topography changes. 
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Figure 2.4 Typical situations of tip-surface interactions and resulting surface profiles. (A) Both the tip with 

the largest and the smallest aspect ratio achieve the correct height but the wrong lateral size of the particles 

on the flat surface. However, if the aspect ratio of the tip is smaller, the particle size is closer to the actual 

value. (B) The largest tip fails to resolve two hills, while the sharper can. (C) Both tips fail to obtain the 

correct inclination in the presence of a cavity. Only the sharper tip can solve the right cavity height. (D) The 

lateral angle of the tip affects tilt measurements (modified from [5]). 

 

In summary, most AFM applications for high-resolution force spectroscopy and imaging on soft 

samples require a probe with a softer cantilever, and sharp tip for greater force control and better 

sensitivity to detect small changes in the topography. 

The table below (table 2.1) shows the characteristics of the probes used to analyze the properties of 

the different biological samples during the Ph.D. activity. 
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Table 2.1 The probes' characteristics used to analyze the properties of the different biological samples during 

the Ph.D. activity. 

 

The scanner is a highly accurate positioning stage used to move the tip over the sample (or the sample 

under the tip) to form an image and is generally made of a piezoelectric actuator. Specifically, the 

most common piezoelectric scanners are thin-walled piezoelectric tubes [6] (figure 2.5); the outer 

wall of the tube consists of four electrodes, while the inner wall has only one electrode. When the 

same voltage of inverted polarity is applied to two opposite sectors of the external electrode, part of 

the tube lengthens (where field and polarization have opposite directions), and part shortens (where 

the direction of the electric field coincides with the direction of polarization). This voltage causes the 

tube to bend, allowing for a scan in the XY plane. Instead, to produce a shortening or lengthening of 

the tube along the Z axis, it is necessary to modify the potential of the internal electrode with respect 

to all sectors of the external electrode. 

 

 
Figure 2.5 Tubular piezoelectric and contact pattern on the electrodes. 

 

Several issues affect the piezoelectric actuators: creep, hysteresis and cross-coupling. 
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The response of the piezoelectric actuator to a potential difference is speedy, in the range of ns; 

however, there is further relaxation over times of many seconds, even minutes, which creates small 

deformations in the image; this problem is called creep. Furthermore, the piezoelectric material does 

not respond linearly to the applied voltage and exhibits hysteresis, especially when significant 

potential differences are involved. Finally, the third problem, called cross-coupling, represents the 

coupling between the XY scan and the movement in Z. To solve these problems, XYZ position 

sensors are used to monitor all scanner activity, and correct non-linearity through a closed loop 

feedback circuit. Another approach is to use a suitable non-linear voltage to obtain a linear motion of 

the scanner; in the latter method, the scanner scans a certified calibration grid with different scan 

sizes, angles and speeds. The parameters of the movement of the scanner are obtained from the fit of 

all images. 

 

An optical lever sensing system is used to measure the bending and torsion of the cantilever [7]. The 

optical lever method is based on the use of a laser beam. The laser beam is focused near the free end 

of the cantilever. The laser reflected from the surface follows a specific optical path until it reaches 

an optical sensor consisting of a four-quadrant photodiode (also called position-sensitive photodiode 

(PSPD) (figure 2.6). Vertical deflection of the cantilever will cause vertical displacement of the laser 

on the PSPD; similarly, the cantilever's torsion will determine the laser's lateral displacement on the 

PSPD. Below are the equations that provide information on the coupling of the photodiode elements.      

 

        [(𝐴 + 𝐵) − (𝐶 + 𝐷)]/(𝐴 + 𝐵 + 𝐶 + 𝐷)          (2.3)     →     cantilever vertical deflection  

        [(𝐴 + 𝐶) − (𝐵 + 𝐷)]/(𝐴 + 𝐵 + 𝐶 + 𝐷)          (2.4)     →     cantilever lateral twist 

 

      

 

 
Figure 2.6 Simplified diagram of the optical lever detection system. The red and blue lines are the reflected 

laser beams for two deflection states of the cantilever. 
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2.1.3 Operating modes 

The atomic force microscope can operate in different modes depending on the tip-sample distance 

(figure 2.7) and depending on the motion of the cantilever: contact mode (static), intermittent contact 

or non-contact mode (dynamic). 

 

 
Figure 2.7 Different AFM imaging modalities (modified from [8]). 

 

2.1.3.1 Contact mode 

In contact mode, the tip always remains in contact with the sample in the region of repulsive forces. 

Before starting the scan, a normal force (deflection) setpoint is defined. The deflection setpoint is      

usually low to reduce the interaction with the sample but high enough to counteract cantilever 

fluctuations. Once the system descends and detects the deflection setpoint, the probe stops and begins 

scanning the sample. During the scan, the vertical deflection of the cantilever is kept constant through 

a feedback system which drives the piezoelectric actuator. In the presence of a protruding feature or 

a recessed element, the cantilever will be subject to interactions of different magnitudes, causing a 

variation in the vertical deflection with respect to the setpoint; therefore, the probe is raised or lowered 

in the presence of a protrusion or recess respectively, to keep the deflection setpoint constant. 

In contact mode, the tip applies significant lateral stress to the sample. This contribution can provide 

detailed information on friction and thus distinguish surfaces showing similar heights but different 

frictional forces [9]. Images that map the lateral force in each position can be obtained. On the other 

hand, a large lateral force can induce damage to the sample by deforming it or moving it if it is not 

well adhered to the substrate and wear out the sharp tip.      

 

2.1.3.2 Tapping mode 

In tapping mode, also known as dynamic mode, the probe is not exclusively moved by the 

piezoelectric actuator along the sample surface, but it oscillates with frequencies close to its resonant 

frequency thanks to a small piece of piezoelectric material embedded in the probe holder. 

As the probe approaches the object under study, the oscillation amplitude decreases. In this way, the 

amplitude represents the direct measure of the interaction between the tip and the sample, and this 

signal is kept constant during the XY raster scan (amplitude setpoint). To allow the cantilever to 

oscillate with the same amplitude, the probe is raised or lowered in a similar way to what is done      in 

contact; these movements are recorded to form the topography. 

Intermittent touching involves both a repulsive and an attractive region. Since the repulsive contact 

forces are only present in the lower part of the swing, the interaction with the sample is reduced, and 

in particular, the lateral pressure decreases significantly. Therefore, the tapping mode is preferred to 
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image delicate samples not firmly adherent to the substrate, such as biological ones. For example, 

lipid bilayers and proteins are usually bound to mica by electrostatic interactions; in contact mode, 

the image is not stable because the probe drags the sample during the scan. For these reasons, only 

the tapping modality was used for imaging during this PhD activity (figure 2.8). 

 

 
Figure 2.8 Examples of images obtained by tapping mode AFM within my research activity: A) ataxin 

fibres; B) bacterium; C) amyloid β fibres; D) supported lipid bilayer.  

 

2.1.3.3 Force spectroscopy (FS) 

In force mode, the AFM probe acts as a force sensor. The cantilever does not scan but is moved along 

the vertical (Z) direction to a fixed X-Y position. During this movement, the cantilever deflection is 

recorded and plotted against the displacement of the piezoelectric actuator, generating a force-

distance curve. The most straightforward situation that we can consider is the acquisition of a force 

vs distance curve carried out on a rigid sample such as mica (figure 2.9). Before the probe contacts 

the sample surface, there is no deflection of the cantilever, and the measured force is zero; in this 

region, the deflection appears as a flat line parallel to the X-axis (segment 1 in figure 2.9). After the 

probe reaches the contact point with the surface, the cantilever bends as an increasing force is applied 

to the surface. As a result, the deflection, which is proportional to the force, increases linearly as for 

a spring in the case of small strains (segment 2 in Figure 2.9). Once the detected force matches the 

preset force, the probe is withdrawn from the surface and consequently, the deflection decreases 

(segment 3 in figure 2.9). Very often, an adhesion force is exerted between the tip and the sample: 

the microlever deflects downwards until the cantilever force exceeds the maximum adhesion force, 

shown as segment 4; then, the tip breaks free, and the curve settles back to zero. 
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Figure 2.9 Force-distance curve measured on mica. 

 

What happens on a rigid sample is not very interesting because only the behaviour of the cantilever 

is observed.                 

More informative is the application of FS mode to non-rigid samples. From the comparison of the 

force-distance curves obtained by pressing on an infinitely stiff sample and a soft sample (biological 

sample or polymer) (figure 2.10), we observe: 

1) the curve of the soft sample (red) is below that of the hard sample (blue); therefore, there is a lower 

slope; 

2) once the point of contact with the surface of a biological sample is reached, the tip descends, 

deforming the sample itself while the cantilever deflects. From the study of the relationship between 

sample deformation and force it is possible to extract different mechanical properties of biomaterials, 

such as stiffness, Young's modulus, etc. 

 



23 
 

 
Figure 2.10 Comparison of the force-distance curves obtained by pressing on an infinitely stiff sample (blue) 

and a soft sample (red). 

 

2.1.3.4 The force volume mode 

In today's AFM, force-distance curves can be programmed in defined locations or in an array. In the           

force-volume mode, the atomic force microscope combines the force measurement with the 

topographical image allowing us to study the correlations between forces and surface characteristics. 

In detail, a map of force curves [10] is constructed by associating a force curve to each position (X, 

Y) on a selected portion of the sample surface (figure 2.11). Thus, a triad of coordinates is obtained 

(the position X, Y on the scanning grid and the height Z obtained for each point considering the 

voltage supplied to the piezoelectric tube to reach a pre-set force value), which identifies a point in 

space. This technique is mainly used to study areas where different components coexist with lateral 

heterogeneities, even on the nanometric scale. For example, this method contributes to exploring the 

local mechanical properties of lipid bilayers exhibiting phase segregation [11]. The main 

disadvantage of conventional force volume is that the acquisition of the curve map takes a long time: 

therefore, only maps containing relatively few data points can be collected within a reasonable time, 

and, in most cases, the resulting resolution is too low to obtain valuable information on the local 

surface features of the sample. The JPK Quantitative Imaging (QI) 179 mode was introduced to 

address this issue. Like Force Volume mode, an entire force curve is measured in each pixel of the 

selected scan region. The main differences are in the tip motion algorithm and sample rate, which 

both allow for higher imaging speeds. 
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Figure 2.11 Schematic representation of a force-volume map: a force vs distance curve is acquired for each 

pixel. 

 

 

2.2 Optical microscope 

In this last part of the chapter, the optical microscope based on fluorescence as a contrast mechanism 

is described. Integrating this optical tool with the AFM allows for combining specificity and detailed 

structural information (chapter 3). 

The optical microscope represents an extension of the human eye, allowing the observation of      

details below 0.1 mm, the human eye's limit. In light microscopy, light-matter interaction is the crux; 

this interaction changes the beam, bringing information about the sample, and is presented as an 

image. 

Three fundamental properties are approached under the optical microscope: magnification, contrast 

and resolution [12]. Magnification represents the power to magnify an image to allow for more 

information to be gathered. The contrast is defined as the observed intensity of the investigated object 

compared to the background to enable details to be visible to the human eye. Undoubtedly, the most 

crucial characteristic of a microscope is resolution, or resolving power; this is defined as the minimum 

distance between two objects to be recognized as separate entities. The diffraction of light limits the 

resolving power. Ernst Abbe first described in 1873 the role of diffraction as a limiting agent in the 

performance of a microscope [13] He defined the minimum resolvable distance in the X-Y image 

plane as: 

𝑑 =
𝜆

2𝑛𝑠𝑖𝑛 𝛼 
=

𝜆

2𝑁𝐴
          (2.5) 

 

Where λ is the wavelength of light that is being used to investigate the matter; n is the refractive index 

of the medium in which the light travels; α is the semi-aperture angle defined by the angle that the 

lens forms with respect to the optical axis and by the focus; finally, nsinα is the numerical aperture 

(NA) of the objective lens, a dimensionless number that defines the ability to collect light and resolve 

fine details of the sample at a given distance from the objective (figure 2.12). 
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Figure 2.12. Classic scheme for the numerical aperture of an objective lens in an optical microscope; α is the 

angular semi-aperture angle A of the lenses, F is the focal point, and n is the refractive index of the medium 

between the sample and lens. 

 

From equation (2.5), it can be observed that the best possible resolution, i.e. d smaller, is achievable 

reducing λ or increasing sinα and n. Sinα at most can be equal to 1, and this value is difficult to 

achieve as it requires a lens with a significant steric hindrance or focus close to the lens. The refractive 

index of the medium between the sample and lens (n) in the air is about 1; in water, it is 1.33; in oil, 

it is 1.5. Oil immersion objective are preferable to maximize the NA. Alternatively, λ can be reduced 

to increase the resolution, but this involves working with higher energy radiation with the risk of 

damaging the sample. Considering that light is used in the visible region (380-740 nm), the maximum 

resolution of an optical microscope is around 250 nm, far from the scale on which molecular processes 

occur and not compatible with the distance between molecules in a crowded environment as the cell. 

 

2.2.1 Fluorescence 

Fluorescence is a spontaneous radiative emission of molecules following their excitation by light 

absorption. Fluorescence-based techniques are widely used in biophysics; in particular, fluorescence 

is used in the optical microscope as a contrast mechanism. Fluorescent molecules are used to label 

specific biological macromolecules (ordinarily transparent). These molecules allow visualizing and 

locating distinct biological compartments within a heterogeneous sample. 

Fluorescence is a three-stage luminescence process: in the first stage (excitation), a molecule 

(fluorophore) absorbs a photon of energy h𝜈ex supplied by an external source. The absorption of a      

photon causes an electron of the fluorophore to jump from the ground electronic singlet state (S0) to 

one of several vibrational levels of the unstable excited singlet state (S1). In the second stage, the 

fluorophore is susceptible to conformational changes (fast non-radiative processes), which reduce the 

molecule's energy to the lowest vibrational level of the excited electronic state. Finally, in the third 

stage (emission), the fluorescent molecule relaxes from the lowest vibrational level of the excited 

electronic state to one of the different vibrational levels of the ground electronic state, emitting a 

photon of energy h𝜈em. Due to non-radiative processes which reduce part of the energy of the excited 

molecule by thermal dissipation, the photon emitted by fluorescence has lower energy than the 

excitation photon: 

 

ℎ𝑣𝑒𝑚 < ℎ𝑣𝑒𝑥          (2.6) 
 

This shift is known as the Stokes shift, after the physicist who first observed the phenomenon. 
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The Jablonski energy diagram represents the three stages of fluorescence (figure 2.13). This diagram 

describes the transitions between the energy levels of the fluorescent molecules under examination 

and illustrates the lifetime τ of each process. 

 

 
Figure 2.13. Simplified Jablonski diagram, showing electronic-vibrational energy levels and energy 

transitions in a molecule with their respective time scales. 

 

2.2.2 Wide-field and confocal microscopy 

Confocal microscopy overcomes some limitations of wide-field epifluorescence microscopy [14]. 

In a traditional fluorescence microscope (epifluorescence), a flow of light supplied by a light source 

(for example, a mercury or xenon arc lamp) is filtered by an excitation filter; the light thus obtained 

has an appropriate wavelength to excite the sample. After being expanded by a beam expander, the      

beam is directed to the dichroic mirror. This mirror reflects the illumination light investing the entire 

sample (wide field). At this point, the fluorescence light emitted by the sample (wavelength-shifted) 

is collected by the objective lens and is directed to the dichroic mirror, which allows the wavelength-

shifted light to pass through it. The emission filter then filters the light to ensure there is no stray or 

reflected light in the output fluorescence, which is then detected by a detector (eye, camera). The 

schematic diagram of this system is represented in figure 2.14 (A). Since the source illuminates the 

entire sample, the disadvantage of wide-field microscopy is that the detector collects not only the 

radiation emitted in the focal plane but also that coming from other planes of the sample 2.14 (B). 
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Figure 2.14 (A) Schematic of an Epifluorescence/Widefield microscope. (B) Illustration of detecting 

radiation emitted by the sample in an epifluorescent microscope (modified from [15]). 

 

The classic fluorescence microscope, as well as any imaging system, is characterized by the Point 

Spread Function (PSF), which describes the response of the optical system to an impulse. The Point 

Spread Function (PSF) [16] is a three-dimensional function representing the intensity distribution in 

the image plane and is simply the product of the excitation PSF and the sensing PSF; therefore, the 

narrower the PSF, the better the resolution of the system. 

The impulse response of the conventional microscope shows X-type illumination indicating 

excitation both in the focal plane (focused fluorescent light) and out of the plane (above and below) 

(blurred light) (Figure 2.15). The disadvantage of this technique is the strong background due to the 

fluorescence light emerging from the out-of-focus sample layers. As a result, the recorded image 

appears blurry. 
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Figure 2.15 The XY and XZ plane of illumination, detection and overall system point spread function of 

Epifluorescence/Widefield fluorescence microscope. The PSF can be seen as the three-dimensional 

diffraction pattern obtained from a circular aperture such as a lens. The impulse response along the axial 

plane (XZ) appears stretched compared to the SPF along the lateral plane (XY) because the lens focuses 

better in the XY plane. Furthermore, the impulse response along the axial plane shows X-type illumination, 

indicating excitation both in the focal plane and out of the plane [15]. 

 

Confocal laser scanning microscopy has substantial differences from widefield light microscopy [14]. 

The key features of confocal microscopy are: 

1) the illumination of the sample is projected onto a smaller point than the field of view. The 

advantage of this point illumination is the reduction of overall excitation of the sample's fluorescent 

molecules and, consequently, the background's contributions. 

2) the collection of the signal emitted exclusively from the plane in which the focus is located, 

rejecting the light coming from the other layers of the sample, eliminating their blurred contribution 

(Figure 2.16). 

This effect is achieved thanks to two tiny openings called pinholes. 

  
Figure 2.16 Detecting radiation emitted by the sample in a confocal microscope (modified from [15]). 

 

The image is obtained by scanning the sample point by point (raster scanning) by moving the 

excitation beam and recording the fluorescence at each point. The movement of the excitation beam 

on the sample is allowed through a pair of orthogonal mirrors. 

The impulse response of the confocal microscope (PSF) is sharper and better localized both along the 

lateral (XY) and axial (XZ) planes (figure 2.17), as the out-of-focus points do not affect the final 

image being subject to spatial limitation. This effect is more significant at smaller pinhole sizes; 

however, this would drastically reduce the number of photons arriving at the detector. Therefore, a 

balance between pinhole size and signal-to-noise ratio is required. 
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Figure 2.17 PSF along the axial plane (XZ) in a traditional (a) and confocal microscope (b). 

 

2.2.3 Stimulated Emission Depletion (STED) Microscopy 

STED microscopy is one of the first super-resolution imaging techniques; it was first proposed by 

Hell et al. in 1994 and then subsequently demonstrated [17]. This technique made it possible to push 

the optical resolution of the image up to a few tens of nanometers, bypassing the limits caused by 

diffraction [18]. 

To "crumble" the limit of resolution, two adjacent (located at distances less than the Abbe limit) and 

spectrally identical fluorescent molecules must not emit simultaneously. Therefore, the control of 

fluorescence emission represents the essence of STED microscopy and, in general, of the large family 

of super-resolved fluorescence optical microscopies.      

In STED microscopy, a population of fluorescent molecules is excited by a diffraction-limited 

Gaussian light beam which causes the A→B transition (excitation) and produces a fluorescence       

intensity IF (spontaneous emission). This excitation beam is superimposed to another doughnut-

shaped light beam, with intensity ISTED, which causes the depletion of the molecules in the excited 

state through stimulated emission, causing the reverse transition B→A. The latter beam cancels part 

of the fluorescence intensity as a function of its power ISTED (figure 2.18). 

 

 
Figure 2.18 Molecular energy diagram in the presence of stimulated emission depletion of fluorescence. 

Following excitation, the excited state S1 is forced to be depopulated. This process reduces the fluorescence 

emission in the region under analysis. 

 

The essential characteristics of the depletion beam are: 

1) Spectral condition: the wavelength of the STED ray is set at the higher λ end (red end λ=775 

nm) of the emission spectrum of the fluorescent molecule. This choice is due to several 

reasons: first, to avoid the λ where the tail of the excitation spectrum overlaps with the 
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corresponding emission spectrum to have a very low probability of absorption. The two 

processes, excitation and stimulated emission, must occur at distinct wavelengths. Secondly, 

to reduce a signal-to-noise ratio problem. The maximum probability of having stimulated 

emission is at the peak of the emission spectrum of the fluorescent molecule, but the desired 

imaging signal must be considered, which in this case is represented by collecting as many 

spontaneously emitted photons as possible. Finally, this allows the differentiation of the two 

types of outgoing photons (fluorescence photons and photons released by stimulated 

emission) making filtering of the fluorescence signal easier [12]. 

2) Spatial condition: the STED beam has zero intensity in the centre of the excitation volume 

and non-zero intensity in the periphery. Therefore it has the shape of a doughnut. The STED 

beam depletes the excited state of the fluorescent molecules by stimulating emission 

everywhere within the excitation volume, except in and around the centre where spontaneous 

emission can still occur [12]. 

A typical scheme of STED microscopy is shown in figure 2.19.  

 

 
Figure 2.19 Schematic diagram of STED optical setup (modified from [15]). 

 

 

The vortex phase mask is the characteristic element of the STED configuration; this delay plate 

produces the doughnut beam by interference. Since the STED beam is an interference pattern limited 

by the diffraction of light, its zero-intensity region will have a size comparable to the excitation beam, 

and it is impossible to increase the resolution. Therefore, stimulated emission must be a saturable 

phenomenon. Initially, the intensity of the doughnut laser is such that only the fluorophores hit by the 

crest of the spot emit by stimulation (the probability of stimulating the population is equal to 1). The 

rest of the fluorophores emit spontaneously. As the power of the STED laser increases along the 

outermost region, nothing changes: the molecules in that region already had the maximum probability 

of emitting by stimulation (saturation). On the contrary, the extension of saturated depletion in the 

areas closest to the centre change, except in the centre, where the intensity remains zero (figure 2.20). 
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Therefore the emission of spontaneous fluorescence occurs only in the tiny central point, whose size, 

and hence image resolution, is determined by the intensity of the STED laser. 

 

 
Figure 2.20 Effective resolution depends on depletion-intensity. 

 

The resolution (d') obtained from the technique is given by: 

 

𝑑′ =
𝑑

√1+𝑐
𝐼𝑆𝑇𝐸𝐷

𝐼𝑆

          (2.7) 

 

Where d is the resolution defined by Abbe for a traditional microscope (equation 2.5), ISTED represents 

the intensity of the STED beam. Finally, IS is the saturation intensity that defines the laser intensity 

at which the fluorescent molecule spontaneously emits half the photons compared to the absence of 

STED. IS is a characteristic parameter which depends on the fluorescent molecule used. 

Equation (2.7) becomes equation (2.5) when the STED beam is turned off (ISTED = 0). On the other 

hand, if the intensity of the STED increases or a fluorescent molecule is designed to have a low 

saturation intensity, a high resolution of the order of twenty nanometres is obtained.            
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Chapter 3 

A nanoscopic view on the aggregation process 

of partially labelled polypeptides  

 
The work described here addresses the formation of amyloid aggregates starting from a solution of 

monomers where a fraction of peptides is labelled. Amyloid fibrils are highly organized and insoluble 

aggregates, formed as a consequence of destabilization of the native structure of soluble proteins, 

resulting into protein misfolding and aggregation. Regardless of the different amino acid sequences 

of the proteins, amyloid aggregates present a typical fibrillar structure with a high content of β-sheets. 

The ability to form amyloid aggregates is a generic property of polypeptide chains as amyloid 

structures are mainly stabilized by interactions involving the main chain. An entire class of 

pathologies, including Alzheimer's and Parkinson's diseases, is associated with the deposition of 

intracellular or extracellular misfolded protein aggregates. Therefore, understanding the molecular 

mechanism of protein aggregation is crucial to counteracting misfolded protein diseases. To this end, 

fluorescence microscopy (confocal microscopy and stimulated emission depletion microscopy 

(STED)) and correlative AFM-STED microscopy can significantly contribute. 

 

3.1 Background 

The growing body of evidence linking protein misfolding to neurodegenerative diseases has prompted 

intensive research into studying amyloidogenic pathways and the structures of non-native protein 

clusters over the past three decades. Biophysical techniques such as TIRF, thioflavin T fluorescence 

[1], Fourier transform infrared spectroscopy, circular dichroism, and electron microscopy [2] have 

allowed us to study the growth kinetics of fibrils and to clarify the process of formation of amyloid 

fibrils. 

This panorama has been further explored by in situ atomic force microscopy (AFM) [3]–[5]. This 

technique is of fundamental importance as it has highlighted the complexity and diversity of the 

pathways of amyloidogenesis. In particular, in the work of Jansen [6], it has been demonstrated that 

insulin fibrillation in vitro occurs through a multi-pathway assembly scheme which employs, on the 

one hand, a hierarchical mechanism and, on the other side, lateral interactions between individual 

particles and fibrils that act as a template. Furthermore, this article suggested that the polymorphism 

of mature amyloid samples observed with AFM is due to multiple fibrillation pathways. 

Over the past decade, super-resolution light microscopy has further contributed to understanding the 

molecular mechanism associated with misfolded protein diseases. For example, direct stochastic 

optical reconstruction microscopy (dSTORM) has been used in studies of amyloid aggregation and 

morphology both in cells [7] and in aqueous solution [8]. The two-colour dSTORM has been 

effectively employed to study the growth kinetics of single α-synuclein fibrils in vitro [9]. In this 

work it was possible to distinguish by colour the regions of fibrils formed in different stages of the 

aggregation reaction; this allowed to demonstrate the bidirectional growth of the fibrils and confirmed 
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the kinetic heterogeneity of this process. In another work, the immunolabeled tau strands in the brain 

sections were imaged in detail at a resolution of 77 nm using STED microscopy [10]. 

Despite their large diffusion and the significant results achieved, both AFM and fluorescence 

microscopy have non-negligible drawbacks that suggest particular caution in interpreting their results. 

In particular, the use of fluorescent dye molecules is considered a possible source of artifact in the 

study of inter-molecular processes. For example, a few years ago, Cosentino et al. [11], studying the 

aggregation of a mix of labelled and unlabelled insulin monomers, demonstrated that labelled insulin 

monomers are different entities with respect to their unlabelled form, being able to take part to the 

formation of a limited number of aggregates only. The same scenario derived from the study of Aβ 

peptides. 

In the present study, we consider again the bovine insulin aggregation process in vitro. Insulin is a 

small helical protein hormone and consists of two polypeptide chains: an A chain composed of 21 

residues and a B chain consisting of 30 residues, linked together by two disulphide bonds. This protein 

in vivo is associated with injection-localized amyloidosis [12] a pathology of iatrogenic origin in 

which amyloid formation is likely due to protein accumulation at the injection sites. When insulin is 

heated in vitro to 60/70 °C and at low pH conditions, a destabilization of its native structure occurs, 

followed by a series of structural changes that promote the formation of fibrillar structures similar to 

the species observed in disease conditions [13]. The ease of insulin aggregation in vitro and the 

extensive knowledge of its fibrillar structure [6] make this protein an excellent model for protein 

aggregation studies. 

In particular, in this work we explore mature insulin fibrils formed at several days of incubation under 

denaturing conditions using two-colour STED microscopy and AFM. In this regard, insulin was 

fluorescently labelled with ATTO 647-N (insulin-647) or ATTO 594 (insulin-594), both 

functionalized with an NHS ester group. The aim is to verify whether peptides labelled with two 

similar, but not identical, fluorophores are stochastically involved in the aggregation process, or 

whether, on the contrary, they follow different aggregation pathways. We used STED-AFM 

correlative technique to verify whether a fraction of unlabelled fibrils was present also in this case, 

as previously shown for insulin labelled with ATTO 488 NHS [11]. 

 

3.2 Materials and methods 

3.2.1 Sample preparation: insulin labelling and fibrillation 

Bovine insulin was purchased from Sigma-Aldrich (St. Louis, MO, USA). This protein was labelled 

with amine-reactive fluorescent dyes: ATTO 594 NHS ester and ATTO 647-N NHS ester (ATTO-

TEC GmbH, Siegen, Germany). NHS esters react with the amino groups of insulin, i.e., the N 

terminus or the amino residue of the two lysines in the ε position, forming a chemically stable amide 

bond (Figure 3.1). 
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Figure 3.1 Cartoon illustrating the bovine insulin monomer labelling with the dyes ATTO 594 and ATTO 

647-N. 

 

The labelling was obtained in a 200 mM sodium bicarbonate solution by mixing monomeric insulin 

at a final concentration of 2mg/ml (0.35mM) with 1 mM ATTO 647-N or ATTO 594, previously 

diluted in dimethyl sulfoxide (Thermo Fisher Scientific, Waltham, MA, USA). Therefore, the marker-

to-protein ratio must be the same for both markers. 

After one hour under stirring, the unbound dye excess was removed from the solution containing the 

insulin by filtration with Amicon Ultra centrifugal filters (molecular weight cutoff, 3000; Merck 

Millipore, Milan, Italy). The concentration of the labelled proteins was determined with the 

spectrophotometer. 

The labelled and unlabelled insulin monomers were added to an HCl solution (pH 2) at a final dye-

to-protein ratio (i.e., labelled: unlabelled) of 1:20. In the two-colour experiments here performed the 

dye-to-protein ratio per each different fluorophore was 1:40. The total protein concentration was 2 

mg/ml. Fibrillar aggregates formed at 60°C in glass vials, in dark conditions, and without shaking. 

 

3.2.2 Confocal and Super-resolution fluorescence microscopy by 

single-molecule localization 

Single and two-colour super-resolution imaging were performed using a Leica Stellaris 8 inverted 

light microscope (Leica, Mannheim, Germany). For the confocal and two-colour STED image of 

insulin fibres, laser illumination was at 638 nm for ATTO 647-N dye excitation (red channel) and at 

561 nm for ATTO 594 dye excitation (green channel). STED images were collected with a HyD X2 

detector in the spectral range of 651 to 750 nm for the ATTO 647-N, and a HyD S1 detector in the 

spectral range of 570 to 635 nm for the ATTO 594. We used an HC PL APO CS2 100X/ 1.4 numerical 

aperture oil-filled objective (Leica Microsystems, Mannheim, Germany) and a scan rate of 200 Hz 

for 1024 pixels per line with 4-line accumulation. The fluorescent light passed through a dichroic 

filter in the detection path (Notch filter 488/561/638 and Notch filter 775) to separate the sample 

emissions from the possible presence of excitation radiation. 
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3.2.3 AFM/STED correlative 

A Nanowizard IV AFM head (Bruker, MA, USA) was mounted on the Leica Stellaris 8 inverted 

optical microscope (Leica, Mannheim, Germany). The light microscope stage has been replaced with 

an AFM compatible stage, which has minimal mechanical noise coupling to the AFM cantilever. 

With the DirectOverlay module [14], available in the Nanowizard IV AFM software, the optical 

images provided by the STED microscope were overlaid onto the AFM images. 

Since an external optical device (laser scanning STED microscope) didn't support the AFM camera, 

the DirectOverlay calibration was used as a manual calibration procedure. To obtain a direct overlap, 

we acquired: 

1) a sequence of images of the cantilever obtained in reflection mode with the confocal 

microscope in nine defined and distinct positions within a calibration area of 33 µm x 33 µm 

(figure 3.2a). The images were obtained with laser excitation at 488 nm, at wavelengths very 

far from those of excitation of the fluorophores with which the fibres were labelled, and with 

a low intensity (1% of the maximum laser power); this is essential to avoid photobleaching of 

the samples. The cantilever images were collected with a HyD S1 detector in the spectral 

range from 470 to 500 nm. We used a scan rate of 400 Hz for 512 pixels per line with an 

average of 16 lines. 

2) Confocal and STED images of the sample with a size of 33 µm x 33 µm were acquired on the 

same area considered for the calibration (figure 3.2b). For the two-colour STED image of the 

insulin fibres, the same conditions reported in the previous paragraph were used, with a 

scanning speed of 200 Hz for 512 pixels per line with an accumulation of 10 lines. 

The images of the cantilever and the STED image were then imported in JPG format into the AFM 

software. With the DirectOverlay method, the position of the tip position was set in each of the nine 

calibration images, allowing to correct the optical image of the sample from the aberrations deriving 

from the lenses and mirrors of the optical microscope. The STED image, converted into linearized 

AFM coordinates, was imported into the background of the AFM workspace and acted as a reference 

upon which to select sub-regions to be scanned with the AFM. The STED image was thus overlaid 

with the AFM topographic images (Figure 3.2c). All pictures of insulin samples were acquired in 

liquid (MilliQ water) in tapping and QI modes. Triangular gold-coated silicon nitride cantilevers 

(NPG, Bruker, MA, USA) were used with a tip with a radius of curvature between 20 and 60 nm and 

a nominal spring constant of 0.24 N/m. AFM images were acquired with variable scan areas, with 

512x512 or 256x256 pixels and a scan speed between 0.4 and 1.0 Hz. 
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Figure 3.2 Correlative imaging. a) AFM cantilever image grid used in the calibration procedure to correlate 

known piezo positions to cantilever tip positions within the optical images. b) Two-colour STED image of 

amyloid fibrils from bovine insulin labelled with ATTO 594 NHS ester and ATTO 647-N NHS ester. c) Sted 

image converted into linearized AFM coordinates is overlaid with topographic AFM images. 

 

3.2.4 Sample preparation: deposition 

To visualize insulin fibrils using confocal and STED microscopy, aliquots of the solution containing 

labelled and unlabelled insulin in a 1:20 ratio (2 mg/ml) were taken at different aggregation time 

points (different days of incubation) and diluted with water Milli-Q 100-fold (0.02 mg/ml) and 200-

fold (0.01 mg/ml). Following a standard procedure, a drop of the diluted solution (50 µl) was 

deposited on coverslips with a diameter of 25 mm (previously treated with plasma-cleaner to make 

them hydrophilic)); the samples were then sorbed, rinsed with MilliQ water to remove salts and dried.      
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3.3 Results 

3.3.1 Distribution of different fluorescent dyes in the protein aggregates      

Two-colour confocal-STED microscopy was applied in the study of mature fibrils, i.e. aggregates, 

after at least seven days of incubation under denaturing conditions. The acquired images of the 

fibrillar aggregates with different aggregation time show significant variability in the distribution of 

the two markers in the fibrils. Figure 3.3 shows three examples of two-colour confocal images, and 

figure 3.4 the respective STED images in which the non-uniformity in the distribution of the two 

markers is clarified. In detail, the acquired images show the presence of both fibrils labelled with a 

single fluorescent species (green or red arrows in figure 3.3 and figure 3.4) and fibrils marked with 

both fluorescent species (yellow arrows in figure 3.3 and figure 3.4). 
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Figure 3.3 Confocal images of insulin fibrils at a dye-to-protein ratio of 1:20. A, D, G, images obtained from 

the excitation of fibres labelled with ATTO 647-N (red channel). B, E, H, images obtained from the 

excitation of fibres labelled with ATTO 594 (green channel). C, F, I, images obtained a posteriori by 

superimposing the corresponding ATTO 647-N and ATTO 594 images. 
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Figure 3.4 STED images of insulin fibrils at a dye-to-protein ratio of 1:20. A, D, G, images obtained from 

the excitation of fibres labelled with ATTO 647-N (red channel). B, E, H images obtained from the 

excitation of fibres labelled with ATTO 594 (green channel). Finally, C, F, I images obtained a posteriori by 

superimposing the corresponding ATTO 647-N and ATTO 594 images. 

 

A global statistical approach based on intensity correlation coefficients (ICC) was used to quantify 

the spatial colocalization between two fluorescently labelled proteins [15], [16]. The level of 

colocalization between optical images was calculated using the BIOP version of JACoP (Just Another 

Colocalization Plugin) available in ImageJ (Bethesda, USA). A first analysis to visualize the 

correlation of the intensity values of the red (corresponding to the images obtained from the excitation 

of the ATTO 647-N labelled fibres) and green pixels (corresponding to the images obtained from the 
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excitation of the ATTO 594 labelled fibres) in  dual-channel images was obtained by tracing a two-

dimensional histogram, i.e. a scatter diagram with each axis representing the intensity of each colour 

(figure 3.5). The points on the diagram appear as a cloud whose distribution can be fitted by a line. 

The dispersion of the points with respect to the line is estimated by calculating the Pearson coefficient. 

The scatter plot, therefore, allows describing the relationship between the signals of two images as a 

strong, weak, or non-existent correlation. In the case of complete colocalization (figure 3.5a), 

obtained in this work by superimposing two identical images, the pixels of the two channels are 

distributed along a straight line (Pearson's coefficient is equal to 1). In the absence of colocalization 

(figure 3.5b), obtained by superimposing two images of two different samples, the pixels are 

distributed along the graph's axes, and the Pearson coefficient becomes null. 

Figure 3.5c shows the scatter plot obtained from the analysis of a sample of insulin fibres (in 

Appendix 1, all the scatter plots are reported), where a relatively uniform cloud with a Pearson 

coefficient of 0.74 is observed, typical of partial colocalization. 

 

 
Figure 3.5 Colocalization analysis between two optical images. Scatter plots. a) ideal case of complete 

colocalization; b) ideal case of absence of colocalization; c) real case of partial colocalization. 

 

At least seven confocal and STED images were analyzed in different areas for each of the samples 

obtained on different incubation days. The mean Pearson's coefficient was obtained as the aggregation 

time varied (figure 3.6a). Manders correlation coefficients were also calculated for the same STED 

images (Figure 3.6b) [17]. Manders coefficients are based on Pearson's correlation coefficient and 

have values between 0 and 1; 0 for non-overlapping pictures and 1 for 100% colocalization between 

the two images. M1 coefficient is defined as the fraction of the red image (obtained by excitation of 

the ATTO 647-N dye) that overlaps the green image (obtained by excitation of the ATTO 594 dye), 

while M2 coefficient is defined as the fraction of the green image (obtained by excitation of the ATTO 

594 dye) which overlaps the red image (obtained by excitation of the ATTO 647-N dye). 
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Figure 3.6 a) Trend of the Pearson coefficient with increasing aggregation time of the insulin fibres obtained 

from a STED-confocal analysis. b) trend of the Manders coefficients, calculated for STED images, with 

increasing aggregation time of the insulin fibres obtained from a confocal analysis. 

 

From Fig. 3.6, we observe a significant variability of the value of the coefficients and, at the same 

time, the absence of complete colocalization. These results indicate that the distribution of the two 

dyes in the insulin fibrils is not uniform. Both the colocalization coefficents are not significantly 

varying at different aggregation time.  

3.3.2 Correlative analysis (STED-AFM) to identify the possible 

presence of unlabelled protein aggregates.      

To test the possible presence of unlabelled fibrils, we used AFM-STED correlative microscopy [18]–

[20]. The use of a label free technique, such as the AFM, is fundamental to detect non-fluorescent 

aggregates. 

Following the procedure described in materials and methods, STED images and AFM images were 

acquired in the same area; the acquired images show a minor presence of unlabelled fibrils, and only 

small portions of the fibrils are not labelled (figures 3.7 and 3.8). This result is confirmed by the 

analysis of 13 images of insulin fibrils with different aggregation times, showing an average 

correlation value M2 (fraction of AFM that overlaps the STED image) very close to 1 (figure 3.9), 

i.e., a complete colocalization. 
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Figure 3.7 Insulin fibril images obtained with AFM, STED microscopy, and the correlative images obtained 

by AFM mask and STED mask. Most fibrillar aggregates are shown in both the optical image and the AFM 

image; in these aggregates, therefore, there is a continuous distribution of fluorophores. Only very minor 

portions of the fibrils are not seen in the STED image. Scale bars: 1𝜇m. 
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     Figure 3.8 Insulin fibril images with AFM, STED microscopy, and the correlative images obtained by 

AFM mask and STED mask. Most fibrillar aggregates are shown in both the optical image and the AFM 

image; in these aggregates, therefore, there is a continuous distribution of fluorophores. Only very minor 

portions of the fibrils are not seen in the STED image. Scale bars: 1𝜇m. 
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     Figure 3.9 Trend of the Manders coefficient M2 with increasing aggregation time of the insulin fibrils 

obtained from an AFM-STED correlative analysis. 

 

3.4 Discussion 

In this research, an aspect of intermolecular interactions in protein aggregation in vitro has been 

investigated. The aggregation started from a monomer solution, in which only a part of the peptides 

was labelled (labelled protein: unlabelled protein ratio 1:20, i.e., 1:40 for each colour). I studied 

amyloid aggregates from bovine insulin induced in acid pH and high temperature (60 °C). Insulin 

monomers were labelled with two fluorophores, ATTO 647-N NHS and ATTO 594 NHS, to a final 

dye to protein ratio of 1:20. A widespread method for labelling has been used, which is to covalently 

link the label to the amino groups of the protein. Since insulin has three amino group, one at the N-

terminus, and two at the lysine residues, three binding sites are present per each molecule, hence, in 

our labelling conditions (see materials and methods), a maximum of three dye molecules can be 

present per each labelled monomer.  

Considering the labelling ratio used in the present work and an approximated number of monomers 

per unit length, calculated from previous results obtained via small-angle neutron scattering 

experiments [21], assuming that labelled and unlabelled monomers contribute stochastically to the 

fibril formation, I can deduce that one fluorescent monomer every ~ 6 nm along the fibril axis must 

be present and that the two different dyes must be randomly distributed. Taking into account both the 

maximum resolution obtained in the STED images in this work (50 nm) and the stochasticity 

hypothesis, we expect to obtain completely fluorescent and homogeneously labelled fibrils (Figure 

3.10) with both the dye molecules (ATTO 594 and ATTO 647). 
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Figure 3.10 Illustration of the hypothesis of a stochastic aggregation of peptides labelled with two dyes. This 

process should bring the formation of uniformly labelled fibrils. 

 

According to the stochastic hypothesis, the correlation coefficient (Pearson's coefficient, or      

Manders' coefficients) should be a number close to 1. Analyzing a large number of images from      

different samples obtained by confocal and STED microscopy, I obtained a correlation coefficient          

far from the expected value for a perfect colocalization. From the images in figure 3.3 and figure 

3.11, it can be noted the presence, in addition to fibres labelled with both dyes, also of rather long 

fibres which are labelled with a single marker. 

 

 
     Figure 3.11 Confocal image and two-colour STED. From these images, the presence of a fibre marked 

exclusively with ATTO 647-N can be observed. 
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The presence of fibres labelled with a single marker cannot result from a stochastic aggregation 

process since a 7 µm long fibre, as the one observed in figure 3.12, is made up of more than 10,000 

monomers. A large population of fibrils labelled with a single marker indicates a selective process: 

proteins labelled with a specific dye cannot contribute to the formation of all types of fibres, but they 

will follow only particular aggregation pathways.       

Furthermore, the STED-AFM correlative technique was used on the same samples to verify whether      

a fraction of unlabelled fibrils was present, resuming work by our group from 2019 [11]. 

Studying the fraction of the AFM images overlapping with the overall two-color STED images, we 

find an average correlation coefficient [17] of 0.86 ± 0.04, which is close to 1, demonstrating that the 

great majority of the fibres are labelled (Figures 3.8, 3.9). In this case, the marked and unmarked 

proteins contribute without distinction to the formation of all the fibres. This result is consistent with 

the inference that by using the 1:20 labelling ratio, at least one monomer every 6 nm along the fibril 

axis must be labelled, and therefore, the fibrils must appear wholly fluorescent when visualized by 

STED microscopy. 

This result appears in contrast with the previous study, performed by our group on insulin and β-

amyloid peptides labelled with a single ATTO 488 marker which had suggested that the presence of 

fluorophores favoured the coexistence of labelled fluorophores and unlabelled fibrils, i.e. the 

coexistence of different ways of aggregation. It is not trivial to explain this diversity as the same types 

of fibres (insulin fibres) were studied, and these aggregates were labelled with the same labelling 

method (formation of an amide covalent bond) and with the same marker ratio (1:20). A possible 

explanation could be linked to the molecular structure of the fluorophores: ATTO 594 and ATTO 

647-N have a more significant number of hydrocarbon rings (figure 3.12) than ATTO 488, resulting 

more hydrophobic. In the case of ATTO 488, we can hypothesise that since aggregation is driven by 

the exposure of hydrophobic residues upon a lack, or partial lack, of the native protein conformation 

and the consequent hydrophobic-hydrophobic interaction, the presence of a hydrophilic dye 

contributes to keep the misfolded monomer dissolved in the aqueous environment, reducing the 

aggregation propensity of the labeled monomers. On the contrary, an hydrophobic dye will not 

decrease the aggregation propensity of insulin.       

 

 
Figure 3.12 Molecular structure of three NHS ester fluorophores: ATTO 488, ATTO 594, and ATTO 647-N. 

 

This last result suggests that it is essential to use a specific labelling method for a given molecular 

system, using a marking system that has minimal influence on the biological system we are studying. 

It is also true that it is not easy to verify this aspect. Still, at least on molecular level systems like 

these, where AFM can exploit its high resolution, STED-AFM can be a candidate as an excellent 

technique in the control of fluorophores distribution within labelled samples. 

A C 
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Chapter 4 

Effect of different α-synuclein variants on the 

morphological and mechanical properties of 

microtubules      

4.1 α-synuclein and neurodegeneration      
Under physiological conditions, α-synuclein is present in neurons mainly as unfolded monomers. 

This protein is "natively unfolded" [1] and is characterized by three main domains: the N-terminal 

domain (residues 1-60), the non-amyloid-β component (NAC; residues 61-96) and the C-terminal 

(residues 97-140) (figure 4.1). The N-terminal and NAC segments show seven repeats of 11 amino 

acids with sequence KTKEGV [2], [3], while the C-terminal domain is rich in anionic residues and 

proline. From a structural point of view, the C-terminal part is unstructured, while the N-terminal 

region assumes an α-helix arrangement following interaction with protein substrates. 

 

 
Figure 4.1 Schematic structure of α-synuclein. α-synuclein is comprised of three domains: the N terminal 

region, involved in the interaction of the protein with cell membranes; the NAC domain (an acronym for 

non-amyloid beta component, as it was originally identified in Alzheimer’s amyloid deposits), mainly 

involved in the aggregation of the protein; and the C terminal domain, which remains unstructured and is 

involved at a limited extent in the interactions that determine the functioning of the protein and its 

aggregation (modified from [3]). 

 

The lack of an ordered secondary structure predisposes α-synuclein to adopt multiple conformations. 

Consequently, it can interact with different systems, including lipid membranes [4], synaptic vesicles 

[5], cytoskeleton microtubules [6], [7]. Thanks to the interaction with numerous partners, α-synuclein 

assumes a leading role in multiple neuronal functions, including clustering of vesicles, regulation of 

intracellular traffic, exocytosis, endocytosis and maintenance of neuronal mitochondrial homeostasis. 
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Under pathological conditions, α-synuclein acquires β-sheet structures in the central region (in the 

NAC domain), while the peripheral areas remain unstructured. Small peptides of this protein can 

aggregate into oligomers and insoluble fibrils. These different aggregate forms have been identified 

in Lewy bodies in neurons of Parkinson's disease patients [8]. α-synuclein has been shown to be       

involved in several neurodegenerative disorders, collectively known as synucleinopathies. These 

include Parkinson's disease [9], [10], multiple system atrophy [11], and dementia with Lewy bodies 

[12]. Furthermore, this protein would also seem to play a key role in other neurodegenerative diseases 

such as Alzheimer's disease and tauopathies [13]. 

Two paradigms have been considered to understand the role of α-synuclein in neurodegeneration. 

The first one suggests that the driving force behind neurodegeneration is aggregate formation. Upon 

aggregation, α-synuclein could gain a toxic function giving rise to altered interactions with its 

different partners (in this case the pathological condition is a proteinopathy). The second paradigm is 

focused on the idea that monomeric α-synuclein can lose its physiological functions by triggering       

neuronal damage, with the consequent formation of aggregates (in this case the pathological condition 

is proteinopenia). In a complex scenario such as that of Parkinson’s disease, both mechanisms could 

be involved. The work described here is focused on the second paradigm and addresses the interaction 

between monomeric α-synuclein and tubulin in microtubule polymerization. It has been recently 

shown that in vivo α-synuclein associates with tubulin and microtubules, suggesting that this 

interaction can play a role in a physiopathological context [14]. However, very little is known about 

the details of this interaction even in the physiological state. The measurements presented here were 

aimed to shed light on the effects of α-synuclein on microtubule morphology and mechanical strength. 

Microtubule topography was investigated by atomic force microscopy (AFM) imaging. Furthermore, 

AFM was also used in the analysis of the nanomechanics of these structures: the force-distance curves 

acquired on microtubules exhibit a discontinuity, known as the breakthrough force, related to 

microtubule stability and tubulin monomer packing. Different monomeric variants of α-synuclein 

mimicking a physiological or pathological state could result in different breakthrough force values. 

 

4.2 Microtubules and tubulin-α-synuclein interaction  
Microtubules are dynamic polymers of different subunits of α and β tubulin arranged in a head-to-tail 

orientation. These structures impart polarity to the system. The dimers are then assembled into linear 

protofilaments. A single microtubule is composed of 10-15 protofilaments, each formed by α, β-Tub 

dimers joined head-to-tail along the strand and their association forms a hollow cylinder of 24-25 nm 

diameter (Fig. 4.2a) [15]. Both protofilaments and their α, β-Tub subunits are held together by non-

covalent bonds such as hydrogen bonds, electrostatic, hydrophobic and Van der Waals interactions. 

These structures are vital in maintaining cell shape and in many intracellular processes [16]. 

The fundamental characteristic of these biological polymers is their dynamic instability. I.e., they 

undergo continuous cycles of polymerization (growth) and depolymerization (disassembly), allowing 

these structures to differentiate, adapt to different specific target sites on the cell periphery and 

generate thrust forces and traction during the two phases (figure 4.2b) [17]. Only following the 

interaction with specific sites of the cell cortex, stabilization of a selected population of microtubules 

happens (selective stabilization model) [18]. 
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Figure 4.2 a) model of microtubule. b) model of the continuous cycle of polymerization and 

depolymerization. The conversion from growth to contraction is called "catastrophe", while the reverse 

switch from contraction to expansion is called "rescue" (modified from [15]). 

 

The control of microtubule assembly, dynamics, stability and polarity is therefore of fundamental 

importance to ensure the correct biological functions in many cell types, including neurons [15]. The 

determining role in this regulatory activity is played by numerous microtubule-associated proteins 

(MAPs) [6], [19]. In this scenario, understanding the role of α-synuclein as a partner of tubulin and 

its potential impact on both synaptic function and neurodegeneration has gained considerable interest. 

The first co-immunoprecipitation and co-purification studies revealed a direct interaction between 

free tubulin and α-synuclein [20], [21]. Moreover, advanced analytical approaches have discovered 

and demonstrated that wild type α-synuclein undergoes a structural rearrangement (α-helical folding) 

upon binding to tubulin [7]. This mechanism regulates microtubule dynamics (nucleation, growth rate 

and catastrophes), promoting polymerization in the presence of a high concentration of free tubulin. 

The same experiments on α-synuclein mutations related to Parkinson's disease showed an impairment 

of the protein's ability to bind to tubulin [7]. Furthermore, the A30P, A46K, and A53T variants are 

much less sensitive than wild-type α-synuclein to tubulin-induced folding by primarily promoting 

aggregation rather than tubulin polymerization [7]. This phenomenon allowed obtaining new 

suggestions for the pathogenic mechanism of Parkinson's disease. 

In this study, we investigate the morphology and mechanical properties of microtubules formed by 

the polymerization of tubulin monomers in the absence and presence of wild-type α-synuclein 

monomers at different ratios (tubulin:WTα-synuclein 1:1, 1:4, 1:8) to elucidate the interaction of 

wild-type α-synuclein with tubulin. 

Microtubules obtained by the polymerization of tubulin and A53T α-synuclein monomers were also 

investigated to understand microtubules' morphology and mechanical stiffness under pathological 

conditions.  
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4.3 Materials and methods 

4.3.1 Sample preparation 

The purification and polymerization of tubulin with and without α-synuclein were carried out at the      

Department of Biosciences at the University of Milan by Prof. Graziella Cappelletti and coworkers. 

Microtubules were diluted in buffer (BRB with 10% glycerol, 10 µM taxol). To immobilize the 

negatively charged microtubules on a weakly negatively charged surface such as mica, 40 µl of 

polylysine solution (0,1 mg/ml) was deposited on the freshly cleaved mica substrate. After 20 

minutes, the positively functionalized mica surface was rinsed with Milli-Q water to remove non-

adherent polylysine. Then the mica surface was dried in a vacuum at room temperature. 

A 50 µl aliquot of microtubules sample was incubated for 5 minutes on the lysinated surface. The 

sample was then gently rinsed with multiple volumes of buffer to remove unbound microtubules and 

was mounted on the AFM without allowing the sample to dry. All experiments were performed at 

room temperature under liquid environment. 

 

4.3.2 AFM imaging 

AFM measurements were performed using Nanowizard IV (Bruker, MA, USA) mounted on a Leica 

DMi8 (Leica, Germany) inverted light microscope. Microtubule images were acquired with QI mode 

(Bruker, MA, USA) in a liquid medium, using V-shaped DNP silicon nitride cantilevers (Bruker, 

MA, USA) with nominal spring constant of 0.24 N/m, resonance frequency in air between 40 kHz 

and 75 kHz and tip radius of curvature of 20 nm. The effective spring constant was determined in situ 

for each cantilever using the thermal noise method [22], finding values in the range 0.3-0.4 N/m. 

Initially, 10 µm×10 µm scan areas with 128×128 data points were acquired to find and locate 

microtubules (Figure 4.3a). Then, images were acquired with smaller scan areas mainly enclosing an 

intact microtubule (Figure 4.3b). From these last images, the height of the microtubules was 

determined. All images were obtained at a setpoint of 0.3 nN to reduce damage and deformation of 

the microtubules. 

 

 
Figure 4.3 a) AFM image of microtubules. The dashed white rectangle indicates where a further image was 

acquired b). Height and breakthrough force informations are obtained from this zoom. 
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4.3.3. Breakthrough force measurements 

Single force-distance curves were acquired in force spectroscopy mode on several microtubules            

previously localized by the imaging mode. At least 8 different microtubules for each sample type 

were investigated and for each area 10-20 curves were collected. The maximum force load was 3 nN, 

the curve length was 300 nm, and the tip velocity was 1 µm/s. Curves were analyzed using Microsoft 

Excel software to determine the breakthrough force value for each curve. Raw data were plotted by 

using Sigma Plot software. 

4.4 Results      
The protocol employed in this study consisted of polymerizing tubulin in the absence or in the 

presence of wild type α-synuclein or its pathological variant A53T, analyzing the morphology and 

stability of the formed microtubules with the AFM. 

As mentioned in Par. 4.2, microtubules are dynamic entities and are stabilized only following 

interaction with specific sites in the cell membrane or with MAP proteins. Microtubules formed in 

vitro with purified tubulin are extremely fragile systems. The fragmentation of these structures, gently 

rinsed in Milli-Q, has been observed upon simple contact with the AFM tip (Figure 4.4) even by 

applying the most suitable conditions for the analysis of biological samples, such as: 1) imaging in 

tapping mode by setting a high amplitude setpoint or 2) imaging in QI mode by selecting a force 

setpoint (250-300 nN) significantly less than the minimum force required to rupture a microtubule 

(500 nN) [23], [24]. Therefore, to improve the stability of the microtubules, they were rinsed gently 

and maintained in a liquid environment with the same type of buffer with which they had previously 

been diluted (BRB with 10% glycerol, 10 µM taxol). 
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Figure 4.4 a) Topographic AFM image of microtubules rinsed and maintained in a liquid environment with 

Milli-Q water. Microtubules (yellow) are fragile under these conditions and are partially destroyed by the 

AFM tip (light brown areas). The section profile obtained along the blue line is reported in the graph, 

showing an unperturbed microtubule height of about 20 nm. b) AFM image taken in a subsequent scan of the 

site selected by the dashed red square depicted in panel a). Further embrittlement of the microtubule is 

observed up to its destruction, as shown by the section profile obtained along the red line and reported in the 

graph. 

4.4.1 AFM imaging 

We investigated the morphology of microtubules formed by tubulin alone, formed by tubulin and 

wild type α-synuclein in different ratios (1:1, 1:4, 1:8) and formed by tubulin and the A53T mutant 

form of α-synuclein in ratio 1:8 (figure 4.5). 
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Figure 4.5 AFM images of microtubules assembled in vitro in the absence or in the presence of WT α-

synuclein or A53T mutant. 

 

Figure 4.5 shows representative images of microtubules obtained under the different            

polymerization conditions explored in this study. The heights (h) of the different types of 

microtubules were measured and compared. The microtubule height is defined as the difference 

between the microtubule apex (point of maximum height) and the background taken as a reference. 

This property was determined by a statistical analysis of at least 64 cross-sections measured for each 

microtubule at different points along the microtubule; at least 8 microtubules were analyzed for each 

polymerization condition. 

A shift towards lower height values can be observed for microtubules assembled in the presence of 

both wild-type and pathological variant A53T α-synuclein (Figure 4.6). In particular, the effect is 

more relevant in the presence of the pathological variant. 

 
 

  
Figure 4.6 Microtubule height measurements. The  number of microtubules (MTs) analyzed is: 30 for MTs 

assembled in the absence of α-synuclein (red); 15 for MTs assembled in the presence of WT synuclein with 
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polymerization stoichiometry tub:WT-synuclein 1:1 (blue); 11 for MTs assembled in the presence of WT 

synuclein with polymerization stoichiometry tub:WT-synuclein 1:4 (green); 17 for MTs assembled in the 

presence of WT synuclein with polymerization stoichiometry tub:WT-synuclein 1:8 (pink); 8 for MTs 

assembled in the presence of A53T synuclein with polymerization stoichiometry tub:A53T-synuclein 1:8 

(cyan). *p < 0.05 vs CONT, according to ANOVA, Fischer post hoc test. 

4.4.2 Force distance curves analysis 

In addition to providing information on the microtubules' morphology, the topographic image served 

as a reference to choose the positions on which the force curves were measured. 15-20 force-distance 

curves were acquired for each microtubule. All the collected curves showed a characteristic profile 

characterized by a discontinuity (Figure 4.7). 

 

 
Figure 4.7 Experiment scheme for mechanical measurements: at the beginning, an intact microtubule is 

visualized in a small scan area, in this example, in a scan area of 0.55 X 3.51 µm^2. This image is a 

reference for programming the acquisition of a set of force curves in defined positions (red points) in force-

spectroscopy mode. Two typical force vs indentation curves are shown on the right, exhibiting the typical 

discontinuity corresponding to the breakthrough event. The upper curve in the figure presents a second 

breakthrough event, probably due to the rupture of the lower wall of the microtubule adhered to the 

polylysine-functionalized mica. 

 

This discontinuity is due to a sudden rupture event of the microtubule itself. The force at which this 

rupture event occurs is named breakthrough force. This quantity is considered a direct measure of the 

lateral interactions of the protofilaments and their subunits α, β-Tub. It is strongly dependent on the 

proteins' chemical structure and the environment's physical-chemical conditions (temperature, pH, 

ionic strength). Breaking strength, therefore, is a characteristic associated with the mechanical 

stability of microtubules. Figure 4.8 shows the breakthrough force values obtained from at least 8 

microtubules for each condition. 
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Figure 4.8 MT breakthrough force measurements. The number of microtubules analyzed is: 30 for MTs 

assembled in the absence of α-synuclein (red); 15 for MTs assembled in the presence of WT α-synuclein 

with polymerization stoichiometry tub:WT-synuclein 1:1 (blue); 11 for MTs assembled in the presence of 

WT α-synuclein with polymerization stoichiometry tub:WT-synuclein 1:4 (green); 17 for MTs assembled in 

the presence of WT α-synuclein with polymerization stoichiometry tub:WT-synuclein 1:8 (pink); 8 for MTs 

assembled in the presence of A53T α-synuclein with polymerization stoichiometry tub:A53T-synuclein 1:8 

(cyan). *p < 0.05 vs CONT, according to ANOVA, Fischer post hoc test. 

 

Breakthrough force analysis of variance (ANOVA) showed a significant increase in the rupture 

strength of microtubules made up of tubulin and wild-type α-synuclein at a high α-synuclein content 

(tub:WT α-synuclein 1:4 and 1:8), corresponding to a percentage increase of 26.1% and 24.4% 

respectively, with respect to tubulin alone. No significant differences were found between A53T α-

synuclein-polymerized microtubules and tubulin-only microtubules, as well as between WT α-

synuclein-polymerized microtubules in a 1:1 ratio and microtubules formed from tubulin alone. 

 

4.5 Discussion 

In this work, we investigated the stability and morphology of microtubules using AFM. The different 

types of microtubules differ in the polymerization conditions under which their formation occurs. 

The results produced in this study demonstrate that the presence of α-synuclein, both WT and A53T, 

does not drastically affect the morphology of microtubules (Figure 4.5). However, a significant height 

decrease has been found for microtubules in the presence of α-synuclein and particularly in the 

presence of the A53T mutation. 

The main effect observed in our experiments is an increase of microtubule stiffness at the two      

highest polymerization stoichiometries of wild type α-synuclein (1:4, 1:8). One possible explanation 

for this increase in stability is that WT α-synuclein acts as a functional MAP (microtubule-associated 

protein), as MAPs are known to have a stiffening effect on microtubule stability and assembly. The 

idea that α-synuclein is a MAP was proposed by Alim et al. [21]. These authors showed that the α-

synuclein activity, under physiological conditions, induces tubulin assembly in microtubules and 

regulates their behaviour in a way similar to that of other MAPs such as Tau [19]. 
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The direct interaction between α-synuclein and tubulin is supported by a growing body of 

experimental evidence in vivo [14] and in vitro [25]. Therefore, the increase of microtubule 

breakthrough force in physiological conditions could further confirm the synergistic action between 

WT α-synuclein and the cytoskeleton. 

We also investigated the microtubules formed by the polymerization of tubulin and the A53T variant 

of α-synuclein. Interestingly, this mutant form loses the ability to stiffen microtubules; in fact, 

according to the analysis of variance (ANOVA) of the breakthrough force, we detected no difference 

in this property between the microtubules polymerized with A53T α-synuclein. This result could 

confirm that these mutant forms, instead of favouring the polymerization and stability of 

microtubules, tend to form aggregates, as mentioned in D. Cartelli et al. [7]. 
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Chapter 5 

The effects of trodusquemine on the 

morphological and mechanical properties of 

supported lipid bilayers 
 
The work described here, as well as that illustrated in the next chapter, addresses possible strategies 

to couteract the cytotoxicity linked to protein aggregation. In particular, in this chapter, the effect of       

the drug candidate trodusquemine on the morphology and mechanical properties of cell membrane 

models has been studied. In the next chapter, the impact of a recently synthesized molecule, 

AQAMAN, on ataxin aggregation is investigated. 

In recent decades, several results have suggested that neurotoxic behaviour is mainly related to 

prefibrillar oligomers rather than mature fibrils [1], [2]. In detail, it emerged that the toxic effect 

derives from the interaction between prefibrillar aggregates and the plasma membrane [3]–[5], which 

can cause the destabilisation of the lipid bilayer matrix, with possible formation of transient, non-

specific pores. Also, it has been proposed [6] that changes in the mechanical properties of the 

membrane induced by interaction with protein oligomers could trigger anomalous activity of the 

membrane channels, thus contributing to alterations in cell homeostasis. These discoveries led to a 

growing interest in small molecules capable of hindering and interrupting the interactions of protein 

oligomers with the membrane. Within this context, different aminosterols in general, and 

trodusquemine in particular, have become increasingly important [7], [8]. Although the mechanisms 

of interaction between trodusquemine and toxic oligomers, and between aminosterols and the 

neuronal membrane have not yet been completely clarified, the efficacy of trodusquemine as a 

therapeutic agent against neurodegenerative diseases appears to be due, on the one hand, to the 

electrostatic interactions between the cationic group of the polyamine and the negative charges of the 

toxic protein oligomers, and on the other hand to the hydrophobic interactions made possible by the 

presence of the sterol ring. Both interactions promote the formation of non-toxic protein fibres [7]. In 

addition, it has been shown that trodusquemine is able to prevent the interaction of oligomers with 

the membrane and is even able to displace protein oligomers from the membrane [8]. Therefore, 

understanding the details of the interaction between aminosterols and the lipid membrane is a crucial 

issue to get insight into the mechanisms by which the protective effect of these molecules takes place.  

The plasma membrane represents the interface that separates the external environment from the 

internal one and is responsible for the bidirectional transport of molecules and cell-cell 

communication. Furthermore, it represents the target of infectious agents including viruses, bacteria, 

parasites and toxins. The plasma membrane must be plastic and resistant simultaneously to fulfil these 

functions. This may be why cell membranes are made up of multiple lipid and protein species 

distributed in a ratio that can vary significantly between different cell types [9]. The major lipids in 

cell membranes are phospholipids, glycolipids, sphingolipids and sterols [10]. Due to their 

amphiphilic nature, in aqueous media, these lipids self-assemble into a lamellar bilayer configuration 
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with the polar heads facing the aqueous medium and the hydrocarbon tails (hydrophobic fractions) 

facing each other. 

The lipid bilayer is comprised of regions with different lipid ordering and packing: a liquid-disordered 

phase with high fluidity (Lα), a gel phase characterized by a high molecular order and low lateral 

mobility (Lβ) and a liquid-ordered phase with an intermediate degree of order. This heterogeneity is 

essential for mediating different cellular functions [11]. Typical examples are interactions with 

pathogens and immune signalling functions, as well as the regulation and coordination of the 

biological activity of membrane components. The analysis of the phenomena occurring at the cell 

interface is extremely challenging due to the high complexity and heterogeneity of the plasma 

membrane. For this reason, artificial model membranes are commonly used in biophysical studies 

and this approach will also be used in this work. 

This chapter is dedicated to analysing the structural and mechanical properties of supported lipid 

bilayers (SLBs) mimicking neuronal membranes in the absence and in the presence of trodusquemine. 

These biomimetic membranes are valuable model systems that allow the investigation of the action 

of this drug in a simplified way. The topography of the bilayer is identified by atomic force 

microscope (AFM) imaging. The AFM is also employed in the analysis of membrane nanomechanics.  

As described in Chapter 2, it is possible to evaluate the Young’s modulus of the lipid film by fitting 

the Hertz-Sneddon model to the experimental force-indentation curves. However, this model is only 

valid for a sample of infinite thickness, a condition not satisfied by a lipid bilayer whose thickness is 

about 4-5 nm. In this case, the presence of the rigid substrate on which the sample is deposited affects 

the evaluation of the mechanical properties of the lipid bilayer, with consequent overestimation of 

the values of the measured Young's modulus. This artefact is usually referred to as the bottom effect 

[12]. Corrective formulas have been proposed for various AFM tip geometries [13]–[15], giving the 

force as the sum of terms expressed in powers of the inverse of the sample thickness. 

This work will therefore focus on applying the approach introduced by Garcia and Garcia [16] to 

characterise the effect of trodusquemine on the mechanical properties of supported lipid bilayers by 

determining the correct Young's modulus. 

5.1 Materials and Methods 

5.1.1 Supported lipid bilayers (SLBs) 

The SLBs were prepared using liposomes provided by the group of Professor Fabrizio Chiti, from      

the Department of Experimental and Clinical Biomedical Sciences at the University of Florence. 

The method used to prepare solid-supported lipid bilayers is lipid vesicle fusion [9], [17]. This 

technique consists in administering a suspension of large unilamellar vesicles (LUV) on a hydrophilic 

substrate; the diffusion and adsorption of the vesicle on the surface lead, under specific conditions, to 

the formation of the bilayer. The lipid mixture used in this work consists of 1,2-dioleoyl-sn-glycerol-

3-phosphocholine (DOPC), sphingomyelin (SM), GM1 ganglioside and cholesterol (Chol) in the 

molar ratio 66:32:1:1. This lipid mixture mimics the lipid composition of the outer neuronal 

membrane. Trodusquemine was added in the aqueous phase at different molar concentrations (0, 1, 

3, 5, 7, 11, 15 µM) during hydration of the lipid film to form liposomes, i.e. inserted before deposition 

of the membrane on the solid substrate. It has been shown previously that trodusquemine partitions 

completely into the lipid moiety [18].  
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Unilamellar vesicle (LUV) suspensions were diluted 10-fold with Milli-Q water at a final lipid 

concentration of 0.1 mg/ml. Next, 40 µL of the diluted suspension and 10 µL of a 10 mM calcium 

chloride (CaCl2) solution were withdrawn and deposited on a clean and atomically flat mica substrate 

(1.0 cm x 1.0 cm) (Figure 5.1). The samples were left at room temperature for 10 minutes before 

being heated at 60°C for 15 minutes in a closed chamber with 100% relative humidity. The SLBs 

were then incubated at room temperature and high relative humidity for two hours to allow complete 

bilayer formation. Before AFM measurements, samples were gently rinsed with Milli-Q water to 

remove unfused vesicles. 

The experimental procedure detailed above allows the preparation of SLBs without defects, 

completely covering the solid substrate. For some applications it is useful to obtain SLBs with defects, 

thus allowing the measurement of the full membrane thickness with respect to the substrate. 

Membrane patches (instead of complete coverage of the substrate) were obtained applying a harsh 

rinsing in the final step of SLB preparation. 

 

 
Figure 5.1 Mechanism of planar bilayer formation from a suspension of unilamellar vesicles. The process 

involves the adsorption of the vesicles on the surface, their deformation, flattening and breaking to form a 

continuous supported bilayer [19]. 

 

5.1.2 AFM images 

AFM images of the SLB without membrane defects were acquired in tapping mode in a liquid 

medium, using V-shaped silicon nitride cantilevers (DNP-10, Bruker) with nominal spring constant 

0.06 N m−1, resonant frequency in liquid 5-6 kHz and typical tip radius of curvature of 20 nm. The 

AFM setup used in these measurements is a Dimension 3100 SPM (Bruker, Karlsruhe, Germany) 

equipped with a "G" scan head (maximum scan size 100 μm) and driven by a Nanoscope IIIa 

controller (Bruker). Images with a scan size of 15 µm x 15 µm (resolution 512 pixels x 512 pixels 

and 256 pixels x 256 pixels) were acquired. SLBs prepared with defects to allow the measurement of 

the membrane thickness were visualized in tapping mode in a liquid environment, using V-shaped 

silicon nitride cantilevers (DNP-10, Bruker) with nominal spring constant 0.24 N m−1, resonant 

frequency in liquid 12- 14 kHz and tip radius of curvature of 20 nm. In this case images were acquired 

using a Multimode SPM (Bruker) equipped with an "E" scanning head (maximum scan size 15 μm) 

and driven by a Nanoscope V controller (Bruker). Images with scan size of 10 µm x 10 µm and 512 

x 512 pixels were collected at the different trodusquemine concentrations. In all cases, the image 

setpoint was set above 80% free sweep amplitude, and the scan frequency was in the range of 0.5-1.5 
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Hz to reduce the risk of sample damage and tip fouling. Images were flattened using Gwyddion 

software. 

 

5.1.3 Measurements of the elastic modulus 

SLBs without defects were visualized in quantitative imaging mode (QI, JPK Instruments) in liquid 

environment using the Nanowizard IV microscope (Bruker). In this mode, topographic images and 

force-distance curve maps were obtained simultaneously, allowing us to elucidate the spatial 

dependence of the interaction forces. QI images were collected for each sample, with scan size of 2.5 

µm x 2.5 µm and 256 x 256 pixels, with the setpoint force lower than the expected rupture force. 

First, the sensitivity of cantilever deflection was determined by acquiring a force-distance curve on a 

mica disk working in Milli-Q water. Secondly, the spring constant was selected by the thermal noise 

method [20]. Finally, the force-distance curves were recorded by approaching and withdrawing the 

tip from the sample (50 nm ramp) at a constant speed (10 µm/s), with 1000 pixels and 0.6 nN as the 

setpoint. Young's modulus maps were extracted by processing the experimental force-distance curves 

using the Nanowizard IV microscope software. Then, the Hertz-Sneddon model valid for spherical 

tips was fitted to the approach curve. In fact, in the case of small indentations (much smaller than the 

radius of curvature of the tip), the pyramidal geometry of the tip can be approximated by the spherical 

one. 

 

5.2 Results 

5.2.1. Characterization of supported lipid membranes 

The study was performed on bilayers formed by a 4-component lipid mixture (DOPC:SM:GM1:Chol 

66:32:1:1), mimicking the composition of the outer leaflet of neuronal cell membranes. The attention 

was focused on the outer leaflet of the membrane because this is the first site of interaction with 

amyloidogenic peptides [21]. Bilayers prepared on mica with this lipid mixture exhibit a separation 

of different lipid species into regions characterized by different order and fluidity. 

The typical membrane morphology obtained with such a composition is shown in Figure 5.2a, 

together with a representative cross-section, showing the height profiles of the ordered domains with 

respect to the fluid phase. The ordered domains (Lβ phase) are mainly formed by SM and GM1 and 

are thicker than the disordered phase (Lα), which is mainly composed of DOPC, resulting in brighter 

areas in AFM images. 

We evaluated the height difference Δz (Figure 5.2b) between the ordered domains and the disordered 

phase background, taken as a reference, and we obtained Δz = 2.0 ± 0.2 nm. The membrane thickness 

h, given by the height difference between the disordered phase (Lα) and the rigid mica substrate taken 

as a reference, was obtained from the images of SLBs patches (Figure 5.2c,d). In these conditions we 

obtained h = 4.4 ± 0.2 nm. 
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Figure 5.2 a) Typical morphology of lipid bilayers formed by the DOPC:SM:Chol:GM1 mixture. SLBs 

show ordered domains (brighter areas) in a disordered matrix (darker background). b)  Section profile       

taken along the blue line in a); the height difference Δz between the ordered and disordered phases is 

indicated. c) Morphology of lipid bilayer patches formed by the DOPC:SM:Chol:GM1 mixture. The darkest 

areas correspond to substrate regions not covered by the lipid bilayer. d) Section profile taken along the blue 

line in b). The membrane thickness h in the fluid phase is indicated. 

 

The morphology of the membrane, the stability and the fluidity properties of the lipid phase are 

temperature dependent. The temperature at which the transition from Lα phase to Lβ phase occurs is 

known as the gel-to-liquid transition temperature (Tm) and depends on the lipid acyl chains. In fact, 

sphingomyelin and GM1 have long saturated chains and therefore have a high Tm (≈ 40 °C), while 

lipids with fatty acids with cis double bonds, such as DOPC, have a low Tm (≈ -22 °C [22]). 

Images of the bilayer were acquired in QI mode at a controlled temperature to simultaneously detect 

changes in the morphology and mechanical stability of the model membranes as the temperature 

varied. Young's modulus maps were obtained by fitting the force-distance curves recorded during the 

acquisition of each image. The model used for the fit is the Hertz-Sneddon model for a spherical tip. 

The bilayer topographies and corresponding maps of Young's modulus are shown in figure 5.3. 
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Figure 5.3 AFM topography (left) and elastic modulus maps (right) of a lipid bilayer at increasing     

temperatures. a) 30°C; b) 35°C; c) 40°C; d) 45°C. Scan size 2.5 µm x 2.5 µm and 256 pixels x 256 pixels. 
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From the topographic images of Figures 5.3a and 5.3b, the coexistence between the Lα and Lβ phases 

at 30 and 35 °C can be observed. Increasing the temperature close to the Tm of sphingomyelin and 

GM1 induces a decrease in the size of the ordered domains at 40°C (Figure 5.3c) and their 

disappearance at 45°C (Figure 5.3d), where a single homogeneous phase (Lα) is observed. This 

behaviour is consistent with what was observed in the ternary phase diagrams of lipid mixtures 

formed by DOPC:SM:Chol at different temperatures [23], [24]. 

For each image, the elastic moduli of the Lα phase and the Lβ phase were identified and separated;    

for each phase, the average value of the elastic modulus was calculated with the corresponding 

standard deviation. The graph in figure 5.4 compares the trends of the Young's modulus of the two 

phases as a function of temperature. 

 

 
Figure 5.4 Young's modulus of the membrane Lα phase (dark green) and Lβ domains (light green) as a 

function of temperature for a supported lipid bilayer formed by DOPC:SM:Chol:GM1 66:32:1:1. 

 

Figure 5.4 shows that the elastic modulus and, therefore, the stiffness for both phases decrease as the 

temperature increases; this behaviour is more evident for the ordered domains (Lβ), whose Young 

modulus decreases by 35% from 30 to 40°C, while at T= 45°C they have undergone the transition to 

the fluid phase. 

Since we were interested in studying the effect of trodusquemine on the morphology and mechanical 

properties of both Lα and Lβ phases, in the subsequent measurements we worked at room 

temperature, well below the transition temperature of sphingomyelin and GM1. 

 

5.2.2 Lipid membrane – trodusquemine interaction: effects on 

membrane morphology 

Tapping mode imaging was used to characterise mica-supported lipid membranes composed of 

DOPC/SM/GM1/Chol containing different trodusquemine concentrations in the range from 0 to 15 
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µM. Regardless of the amount of aminosterol (at least in the range of trodusquemine concentrations 

under study), all samples showed the coexistence of two lipid phases, with ordered domains 

protruding from the surrounding disordered region (Figure 5.5).       

 
Figure 5.5 AFM images (height data) of SLBs obtained from LUVs prepared in the presence of the indicated       

trodusquemine concentrations. The scan size is 15 µm, the colour bar corresponds to a Z range of 10 nm. 

 

From the analysis of the AFM images, different quantitative parameters were obtained, such as the 

mean area per domain (Figure 5.6a) and the total surface area occupied by the ordered phase Lβ 

(Figure 5.6b). The main effect that emerged from the study of the morphology was a reorganization 

of the ordered domains. The total area occupied by the ordered phase Lβ decreased significantly at 

the highest trodusquemine concentrations (11 and 15 µM). Furthermore, between 5 µM and 11 µM       

trodusquemine, the domains appeared more fragmented, and the mean area per domain was 

significantly reduced as a consequence of the marked increase in the domain number. 
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Figura 5.6 (a) mean area of individual Lβ domains and (b) total area fraction occupied by Lβ domains, 

plotted as a function of trodusquemine concentration. Each point results from the analysis of at least 15 

different images. Error bars were calculated with Student’s statistics assuming a confidence level of 95%       

 

 

5.2.3 Lipid membranes – trodusquemine interaction: effects on the 

membrane mechanical properties 

The AFM has also been used to measure the bilayer Young's modulus in the absence and presence of 

trodusquemine. The Young's modulus (eq. 5.1) is defined as the ratio between the stress σ (or force 

per unit area) applied to a material under tension or compression and the resulting strain ε (the change 

in length divided by the original length); it is an intrinsic property of the material and measures its 

stiffness.  

 

𝐸 =
𝜎

          (5.1) 

 

Maps of 65536 force-distance curves were acquired on randomly chosen areas of different samples. 

The force curves were corrected for the bending of the cantilever to calculate the tip-sample 

separation and to build force vs. indentation (F-I) curves. All the collected curves exhibited a 

behaviour similar to that reported in Figure 5.7. 

 

 
Figure 5.7 Representative force-distance curve acquired on a supported lipid bilayer. Three main regions           

are highlighted: in region 1 no interaction occurs since the tip is distant from the sample; in region 2 the tip 

comes into contact with the sample; in region 3, the tip indents the bilayer resulting in an increase in the 

recorded force. 

 

After conversion of the force-distance curves into force-indentation characteristics, the elastic 

modulus of the bilayer was determined by fitting the equations of Hertzian mechanics to the force-

indentation data. Specifically, the model used to describe the system's mechanics was that of Sneddon 
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(eq 5.2), which considers a semi-infinite sample with a flat surface contacted by a paraboloid-shaped 

tip. In particular, in the case of small indentations (δ < R/10) [25], a tip of paraboloid geometry can 

be approximated by a spherical one (Hertz model). This shape has been considered in this work.  

 

𝐹𝑆𝑁𝐸𝐷𝐷𝑂𝑁 =
4

3

𝐸

1−𝜈2 √𝑅𝛿3/2         (5.2) 

 

E and 𝜈 are the sample's Young's modulus and Poisson's ratio, respectively, while R is the tip radius 

and 𝛿 is the indentation depth. Since the Poisson's ratio is equal to 0.5 [26], both for supported lipid 

bilayers and for any biological material in a liquid environment, equation 5.2 becomes: 

 

𝐹𝑆𝑁𝐸𝐷𝐷𝑂𝑁 =
16

9
𝐸√𝑅𝛿3/2           (5.3) 

 

Analysis of the force-indentation curves to determine the Young's modulus of the bilayer was 

performed using the Nanowizard IV microscope software. Figure 5.8 shows the Young's modulus 

distributions obtained from the force-indentation curves measured on lipid bilayers in the absence 

(blue data) or in the presence (red data) of 5 𝜇M trodusquemine. 

 

 
     Figure 5.8 Young’s modulus distributions for DOPC:SM SLBs without (blue) and with (red) 5𝜇M 

trodusquemine. Distributions were obtained from at least nine force maps for each condition. 

 

A shift towards higher elastic modulus values can be observed in the presence of 5 𝜇M of 

trodusquemine. To quantify the effects of trodusquemine on Lα and Lβ phases separately, a more in-

depth analysis of the elastic modulus was performed on the bilayers with varying trodusquemine 

concentrations. To discriminate the average value of Young's modulus of the fluid phase from that of 

the ordered phase, different regions of the same map corresponding to a single phase were analysed. 

The overall elastic modulus of the fluid and ordered phases were obtained from the average of 

Young's moduli measured for different samples with the same aminosterol concentration. The error 

associated with this mean value is evaluated as the root of the sum of the squared standard deviations 

divided by the number of samples. Figure 5.9 shows the trend of the elastic modulus of the fluid and 

ordered phases as a function of the trodusquemine concentration. 

0 uM [trodusquemine] 

5 uM [trodusquemine] 
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Figure 5.9 Young's modulus of the fluid phase (Lα) and of the ordered phase (Lβ) as a function of 

trodusquemine concentration. 

 

The data in the graph show similar trends for both the fluid phase and the ordered phase. In general, 

in both cases the presence of trodusquemine shifts the Young's modulus towards higher values. The 

highest moduli were detected for samples containing 1 𝜇M trodusquemine; while only a slight 

increase was detected at 15 𝜇M. 

When comparing the Young’s modulus of the different phases at a given trodusquemine 

concentration, the ordered phase Lβ is expected to exhibit higher elastic modulus values than the fluid 

phase Lα. However, the measurements reported in Figure 5.9 do not always fulfil this behaviour. In 

particular, at 5 µM trodusquemine, the values of the elastic modulus of the fluid phase and the ordered 

phase are very similar, while at 15 µM the trend is even reversed. This anomaly can also be found in 

some elastic modulus maps (Figure 5.10). 
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Figure 5.10 Topographic images and corresponding Young's modulus maps recorded in QI mode, at 

different trodusquemine concentrations. In the majority of the cases, as expected, the Young’s modulus of 

the ordered phase was larger than that of the fluid phase. Examples of artefactual behaviours with 

coincidence of the moduli or  even reversal of the values are shown in panels d and g. Scan size 2.5 µm × 2.5 

µm and 256 pixel × 256 pixel; Z range 10 nm. 

 

5.2.4 Bottom effect artefact 

The application of equation (5.3) requires four main assumptions [16], [27]: 1) a continuous sample, 

2) absence of adhesion between the AFM tip and the sample, 3) linearity between the stress and strain 

tensors and 4) a sample with an infinite thickness. The first three hypotheses are satisfied; in fact, on 

the one hand, the actual discrete (atomistic) nature of the sample does not affect its nanomechanical 

properties, and on the other hand, the curves do not show hysteresis (Figure 5.11). At the same time, 

the curves have been truncated to an indentation corresponding to a small strain, whereby the force-

indentation curves are mainly related to the elastic property of the sample, excluding any non-linear 

contribution [28]. 
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Figure 5.11 Typical approach (green) and withdrawal (purple) force-distance curves recorded on SLBs.      

No adhesion can be appreciated between the tip and sample; this is a necessary condition to use Sneddon's 

contact mechanics model. 

 

However, SLBs are bimolecular layers with a thickness of a few nanometers, whereby the 

nanomechanical properties of the sample are strongly influenced by the stiffness of the solid support. 

In this context, the force exerted by the tip on the sample is expressed as the sum between the force 

exerted on a sample considered semi-infinite and a correction term which takes into account the 

thickness of the sample: 

 

𝐹 =  𝐹𝑠𝑒𝑚𝑖−𝑖𝑛𝑓𝑖𝑛𝑖𝑡𝑒(𝛿, 𝑅) + 𝐹𝑐𝑜𝑟𝑟𝑒𝑐𝑡𝑖𝑜𝑛(𝛿, 𝑅, ℎ)           (5.4) 

 
with R tip radius, δ indentation, h sample thickness. 

This approach has been first introduced by Dimitriadis et al. [13]. In this work, to correct the Young’s 

modulus from the substrate effect, the fourth-order expression proposed by Garcia and Garcia [15] 

was used: 

 

𝐹𝑠𝑝ℎ𝑒𝑟𝑒 =
16

9
𝐸√𝑅𝛿3/2 [1 +

1,133√𝛿𝑅

ℎ
+

1,497𝛿𝑅

ℎ2 +
1,469𝛿𝑅√𝛿𝑅

ℎ3 +
0,755(𝛿𝑅)2

ℎ4 ]              (5.5) 

 

To apply the corrective formula of Equation 5.5, it was necessary to measure the thickness of the 

fluid phase of the membrane (h) and the height of the ordered phase (h + ∆z). The thickness of the 

fluid bilayer was obtained by analyzing the images of membranes with non-uniform coverage of the 

substrate. At least 15 images were analyzed for each trodusquemine concentration, obtaining an 

average value of the height of the bilayer. As an example, Figure 5.12 shows an image of a sample 

with 0 µM trodusquemine, to illustrate how the analysis was performed. 
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     Figure 5.12 a) AFM image of the topography of a lipid bilayer with non-uniform coverage of the 

substrate. This sample did not contain trodusquemine. Three height levels can be distinguished, 

corresponding to different colours in the image: the solid support (dark brown), the fluid phase Lα (brown) 

and the ordered phase Lβ (yellow) of the bilayer. Scan size 10 µm × 10 µm and 512 px × 512 px. Image 

acquired in tapping mode in liquid, Z range 11 nm. b) Height distribution (blue line) obtained from the image 

in a); the Gaussian fits of the peaks associated, respectively, with the substrate and the fluid phase are in red. 

Starting from the left, the difference between the second and first peaks gives the thickness of the fluid phase 

h (purple line). c) Average bilayer thickness of the fluid phase Lα as a function of trodusquemine 

concentration. Error bars were calculated with Student's statistics assuming a confidence level of 95%. 

 

The raft heights with respect to the fluid phase, “∆z”, were measured from the images of the defect-

free membranes completely covering the substrate (Figure 5.13). This set of images was acquired in 

QI mode, simultaneously with the elastic modulus maps. The total heights of the rafts were obtained 

by adding the average thicknesses of the fluid phase to ∆z raft. In this way the topography data to be 

employed in the correction factor were closely coupled with the corresponding elastic modulus maps. 
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Figure 5.13 a) AFM image of the topography of a lipid bilayer with uniform coverage in the absence of       

trodusquemine. Two height levels can be distinguished, corresponding to different colours in the image: the 

fluid phase Lα of the bilayer (brown) and the ordered phase Lβ of the bilayer (light brown). Scan size 2.5 µm 

× 2.5 µm and 256 px × 256 px. Image acquired in QI mode in liquid, Z range 10 nm. b) Height distribution 

(blue line) derived from the image in a); the Gaussian fits of the peaks associated, respectively, with the fluid 

phase and the raft phase are in red. The difference between the two peaks gives the average thickness of the 

raft phase with respect to the fluid phase, ∆z raft (green line). c) Average bilayer thickness for the raft phase 

Lβ as a function of trodusquemine concentration. Error bars were calculated with Student's statistics 

assuming a confidence level of 95%. 

 

The average forces for each region were calculated by Eq. (5.3) and the corrected elastic modulus 

was obtained by Eq. (5.5) with δ = 1.3 nm, R = 20 nm and thickness of the bilayer in the fluid phase 

(h) or in the ordered phase (h + ∆z). The error on the elastic modulus of each zone was calculated 

using the statistical propagation of the errors on the heights h and on the Fsphere. Finally, as for the 

data before correction, the overall value of Young's modulus for the different trodusquemine 

concentrations was calculated by averaging over n samples. The error was evaluated as the root of 

the sum of the squares of the standard deviations divided by the number of samples. The corrected 

mean values of the elastic modulus E are shown in Figure 5.14, as a function of the trodusquemine 

concentration. After the correction, the elastic modulus values are different for the two phases, with 

the ordered phase stiffer than the disordered phase at all the trodusquemine concentrations studied, 

including the cases of 5 𝜇M and 15 𝜇M in which artefacts had been observed before applying the 

correction. Furthermore, the corrective formula has led to a general lowering of the values of the 
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elastic modulus of the lipid bilayers, as it can be expected, since the correction provides a value of 

the intrinsic Young's modulus of the soft sample, eliminating the spurious contribution of the solid 

support. 

 

  
Figure 5.14 Young's modulus of the fluid phase Lα and of the ordered phase Lβ as a function of 

trodusquemine concentration, after correction for the substrate effect. 

 

Finally, further information can be obtained considering the ratio between the elastic moduli of the 

fluid phase and of the ordered phase both before and after the correction, as a function of       

trodusquemine concentration (Figure 5.15). While the ratio between the uncorrected Young’s 

modulus values does not show a regular trend, there is a clear regularization of the behaviour of the 

corrected elastic moduli: the ratio is constant within the experimental errors as trodusquemine       

concentration varies (figure 5.15). From this analysis, it was possible to quantify the difference 

between the elastic properties of the two phases of the membrane: the value of the intrinsic Young's 

modulus of the ordered phase is about 40-50% higher than that of the fluid phase. 
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Figure 5.15 Percentage ratio between the Young's modulus of the fluid phase and that of the ordered phase 

before (burgundy) and after (orange) correction for the substrate effect. 

 

5.3 Discussion 

In this study, we investigated the effect of trodusquemine on lipid membranes, considering possible 

topographic rearrangements and eventual changes in the mechanical stability of the model       

membranes with phase separation. The first evidence emerging from the AFM topographic analysis 

showed that at trodusquemine concentrations in the range 1–15 µM, the coexistence of the Lβ and Lα 

phases was preserved (Figure 5.5), although at the highest concentrations (11-15𝜇M) the Lβ domains 

total area decreased significantly (figure 5.6). This result suggests that at the typical 

pharmacologically effective concentrations of trodusquemine (1-5 𝜇M) the membrane phase 

separation, which is essential for the membrane biological function, is not altered. 

In a second series of experiments, the stiffness and mechanical stability of lipid model membranes 

were measured by determining the membrane elastic modulus. Initially, the Sneddon model was used 

to extract the Young's modulus of the sample. Unexpectedly, the Young's moduli for the ordered 

phase were not always higher than those for the corresponding disordered phase at different 

trodusquemine concentrations. In particular, considering the average of the elastic moduli of different 

maps, anomalous behaviours were observed at 5 µM and 15 µM trodusquemine (Figure 5.9). 

The next step was to understand whether this particular effect observed for these two concentrations 

was due to the chemical-physical properties of trodusquemine or to the influence of the rigid solid 

support. In fact, the application of the Sneddon model is based on a series of assumptions, including 

that of infinite sample thickness, which was not fulfilled by the bimolecular lipid film. The corrective 

expression of Eq. 5.5 was then used to provide the intrinsic Young’s modulus of the sample by 

removing the spurious contribution of the solid support. The key parameter of this formula is the 

sample thickness; the thinner the samples, the larger the substrate contribution in the determination 
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of the elastic modulus. The AFM images acquired on membranes with complete coverage of the 

substrate and on membrane patches allowed us to obtain, for each concentration of trodusquemine,      

the difference in height between the ordered phase and the fluid phase (∆z raft, Figure 5.13) and the 

thickness of the fluid membrane (h, figure 5.12); the latter and the thicknesses of the the Lβ phase 

(evaluated as ∆zraft + h) were the parameters required to apply the theoretical correction model to 

the calculation of the Young's modulus of thin samples. 

From the images of the membrane patches (Figure 5.12), it was observed that the membrane 

thicknesses obtained at low trodusquemine concentrations are compatible within experimental errors, 

while decrease at higher drug concentrations (11 µM and 15 µM). This decrease could be due to the 

insertion of trodusquemine into the membrane. This molecule is shorter than a phospholipid; it has 

also been proposed that it assumes an almost horizontal configuration in the lipid bilayer and that all 

the trodusquemine in solution is partitioned in the membrane [18]. This could lead to a reduction in 

the bilayer thickness, which is more detectable at high drug concentrations. 

From the images of the membranes with full substrate coverage (Figure 5.13), it was observed that 

the difference in thickness between the phases is maximum at the concentrations of 5 and 15 µM; 

therefore, at these concentrations, the effect of the rigid substrate on the elasticity of the ordered      

phase is much more reduced compared to that on the fluid phase. Therefore, in these cases, the 

presence of the substrate tends to reverse the difference in elasticity between the phases. After 

applying the corrective formula, the Young's modulus became higher for the ordered phase than for 

the fluid phase at all the trodusquemine concentrations, including 5 and 15 µM (Figure 5.14). This 

result highlights how the particular behaviours observed for these two concentrations were not 

actually linked to the intrinsic physicochemical properties of the sample but rather to a contribution 

of the support to the value of the elastic modulus. In addition, the Young's modulus generally 

decreased, as expected, since the corrective formula provided the intrinsic Young's modulus of the 

soft sample. The values obtained are in line with those of the works in the literature [29]. 

These data also show that Young's modulus of trodusquemine-free model membranes is lower than 

that of membranes with trodusquemine, for both phases. The increase in Young’s modulus is larger      

for trodusquemine concentrations of 1 µM and 3 µM, while it is reduced at higher concentrations. 

This could be due to two competing effects. First, trodusquemine stabilizes the bilayer by interacting 

with lipids. This behaviour could be linked to the sterol group, which tends to stiffen the fluid 

membranes by reducing the flexibility of the nearby unsaturated acyl chains (the so-called sterol 

condensation effect [[30]]), but also to the interaction of the positively charged spermine tail with 

negatively charged lipids such as GM1. This stiffening effect could contribute to increasing the 

resistance of the membrane to the action of misfolded protein oligomers. At the same time, as 

discussed above, trodusquemine tends to reduce the membrane thickness, as it is inserted in the 

membrane with an almost horizontal configuration. The first effect probably prevails at low 

concentrations, while the second one prevails at high concentrations.  

Finally, the ratios between the elastic moduli of the fluid phase and the ordered phase were compared 

before and after correction with the Garcia model (Figure 5.15). The corrected ratios showed a 

regularized behaviour with values compatible within the errors as the trodusquemine concentration 

varied, eliminating the oscillations in the data resulting from the application of the Sneddon equation; 

this result provides a further proof of the validity of Garcia model. 
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Chapter 6 

The study of the interaction between ataxin 

and AQAMAN 
Polyglutamine (polyQ) diseases are neurodegenerative diseases characterized by the accumulation      

of insoluble protein aggregates with long polyQ tracts forming intranuclear neuronal inclusions in 

various brain regions [1]. Pathological polyQ tracts are encoded from expansion of CAG repeats      

beyond a defined threshold in the coding region of the affected genes. PolyQ diseases include spinal 

and bulbar muscular atrophy, Huntington's disease and a variety of spinocerebellar ataxias including      

Machado-Joseph disease, also known as spinocerebellar ataxia type 3 [2], [3]. Although polyQ 

aggregates had been initially classified as amyloid-like [4], they display some peculiar morphological 

features, such as the formation of typical bundles of fibrils [5], [6]. In addition, it has been shown that 

at least in some cases their structure does not fully correspond to the amyloid cross-beta structure. 

Therefore, the classification of polyQ aggregates into amyloid-like structures is still under revision. 

As an example, evidence of non-amyloid and amyloid structures has been reported, respectively, for 

ataxin 1 and huntingtin aggregates [7].  

There is currently no cure for polyQ disease. Therefore, the effort of scientific research has been 

focused on compounds capable of controlling abnormal protein aggregation [8]. In the work of Hong 

H. et al. [9], a new anti-poly-Q aggregation compound was identified: AQAMAN (Anti-polyQ-

Aggregation for Machado-Joseph-Associated Neurodegeneration) a bisamidine-based inhibitor of 

toxic protein inclusions (figure 6.1). 

 

 
Figure 6.1 Chemical structure of AQAMAN [9]. 

 

Hong et al. demonstrated that AQAMAN could dissociate and prevent the aggregation of polyQ 

proteins in vitro, as well as suppress neurodegeneration and relieve polyQ-induced endoplasmic 

reticulum (ER) stress in vivo [9]. These inhibitory properties and the ability to cross the blood-brain 

barrier due to the small molecular size provide this compound with significant therapeutic potential 

to relieve patients suffering from polyglutamine diseases. 

In this chapter, we will investigate the interaction between AQAMAN and an expanded variant of the 

protein ataxin-3 (AT3Q55) responsible for spinocerebellar ataxia type 3. This study was performed 

in collaboration with the group of Professor Maria Elena Regonesi at the Department of 

Biotechnologies and Biosciences, University of Milano-Bicocca, Milan. 
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Ataxin-3 (AT3) is a small soluble intracellular protein of 42 kDa. It consists of a polyglutamine tract 

near the disordered C-terminal domain and the N-terminal Josephin (JD) domain. There are several 

variants of this protein, characterized by different lengths of its polyglutamine tract. In this work, the 

AT3Q55 variant, with a pathological length of the polyglutamine tract greater than 50 consecutive 

residues, is studied. It has been demonstrated that AT3Q55 has a different behaviour as compared to 

the wild type (AT3Q24). AT3Q55 aggregates rapidly (reaching a plateau after about 10 hours) and 

tends to irreversibly form mature insoluble aggregates. A FTIR study demonstrated that the hydrogen 

bonds involving the side chains of glutamine are responsible for this behaviour [10]. In the present 

study, tapping mode AFM was used to obtain information on the effects of AQAMAN on the 

morphology of AT3Q55 aggregates.  

 

 

6.1 Materials and Methods 

6.1.1 AFM images 

The protein ataxin-3 (AT3Q55) was incubated at a concentration of 25 𝜇M in PBS buffer at 37°C in 

the absence or in the presence of AQAMAN at a protein/compound molar ratio of 1:20. At fixed 

aggregation times (0h, 24h, 48h), a 10 𝜇l aliquot was taken, incubated on a freshly cleaved mica 

substrate for 5 min, then rinsed with Milli-Q water and dried under vacuum. In a second procedure, 

AQAMAN was added to pre-formed ataxin-3 aggregates at a protein/compound molar ratio of 1:20. 

At specific times after the addition of AQAMAN (0h, 72h) a 10 𝜇l aliquot was taken, incubated on a 

freshly cleaved mica substrate for 5 min, then rinsed with Milli-Q water and dried under vacuum. 

AFM images were acquired in tapping mode in air using a multimode SPM (Bruker) equipped with 

an "E" scanning head (maximum scan size 15 μm) and driven by a Nanoscope V controller (Bruker). 

Single-beam uncoated silicon cantilevers (TESPA-V2 type) were used. The resonant frequency was 

between 320 and 340 kHz, and the sweep rate was between 0.30 and 0.65 Hz. 

 

6.2 Results and Discussion 

Fig. 6.2 shows representative AFM images of AT3Q55 samples obtained after 48 hours of 

aggregation at 37 °C. Bundles of many thin elongated fibrils are present, in agreement with the typical 

morphology reported in the literature for AT3Q55 mature aggregates [8], [10]. 
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Figure 6.2 Tapping mode AFM images (height data) of the expanded variant AT3Q55 incubated 48 h at 37 

°C. Scan size 3.3 𝜇m. 

 

The atomic force microscope was then employed to study the effects of AQAMAN on the 

morphologies of the aggregates formed by AT3Q55. Figure 6.3 compares representative images, 

obtained at fixed aggregation times (0h, 24h, 48h), of AT3Q55 in the absence and presence of 

AQAMAN. In the presence of AQAMAN, fibril formation is suppressed; this confirms the ability of 

AQAMAN to bind to soluble forms of the protein, preventing the formation of insoluble aggregates. 
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Figure 6.3 Tapping mode AFM images (height data) of AT3Q55 aggregates obtained at 37°C in the absence 

(left) and in the presence (right) of AQAMAN at the indicated aggregation times. Scan size 3.3 µm. 
 

In a second set of experiments, the inhibitor was added to AT3Q55 already aggregated for 48 h. 

Figure 6.4 highlights the disaggregating effect of AQAMAN on AT3Q55. Immediately after the 

addition of the drug, the fibril bundles are clearly disrupted (Fig. 6.4A) and the fibrillar structures are 

replaced by clusters of globular structures (Fig. 6.4B). Three days after the addition of AQAMAN, 

the fibril bundles are completely disassembled and the sample consists of globular structures, either 

single or forming small clusters (Fig. 6.4 C, D). 
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Figure 6.4 Tapping mode AFM images (height data) of AT3Q55 aggregated for 48 h and then incubated 

with AQAMAN for 0 h (A, B) and 72 h (C, D). 

 

It is worth pointing out that the ability of AQAMAN to disassemble AT3Q55 aggregates does not 

necessarily prevent cell death. While the presence of large intracellular aggregates induced by polyQ 

expansion is likely to impact neurotoxicity by impairing several processes, such as cell transport or 

protein turnover mechanism, on the other hand, as highlighted in some works [11], toxicity can derive 

mainly from the formation of oligomeric intermediates. Thus, the AQAMAN molecule, by 

disaggregating ataxin-3 inclusions, could contribute to polyQ-induced cytotoxicity. Further 

experiments will be necessary to ascertain whether the new aggregates formed in the presence of 

AQAMAN still exhibit cytotoxic effects. Since the protein aggregation pathway is strongly modified 

by AQAMAN, it is expected that the changes in aggregate structure are also accompanied by changes 

in aggregate toxicity. A similar behaviour has been shown for the drug doxycycline. This small 

molecule disassembles beta2-microglobulin amyloid fibrils into toxic oligomers which, however, 

quite quickly are converted into non-fibrillar, non-toxic aggregates [12], making it possible to use 

this drug in clinical trials for the therapeutic treatment of dialysis-related amyloidosis [13].             
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Conclusions 
During my PhD, I proposed the use of advanced high-resolution techniques as a platform for the 

investigation of different aspects related to molecular mechanisms associated with protein misfolding 

diseases. 

In the activity described in Chapter 3, I characterized the particular case of in-vitro protein 

aggregation in the presence of a fraction of fluorescently labelled polypeptides. In particular, the 

aggregation of a non-pathological protein, insulin from the bovine pancreas, labelled with two 

different fluorophores (ATTO 647-N and ATTO 594), was studied for the first time. To study the 

morphology of amyloid fibrils and the location of labelled proteins I employed STED microscopy 

and an advanced correlative microscopy technique based on the coupling of STED microscopy with 

a label-free high resolution imaging technique, the AFM. The results highlighted that in a non-

negligible population of fibrils the single fluorescent species are not simultaneously present, 

suggesting that a fraction of labelled proteins follows preferential aggregation pathways, while it is 

not contributing to the formation of the entire population of aggregates. Again, the almost total 

absence of unlabelled fibres was found on the same samples by overlaying the STED image with the 

AFM topography, indicating that the two fluorescent species as a whole are able to participate to the 

formation of the great majority, if not all, of the aggregates. This work provides the clear indication 

that not only the presence of a fluorophore influences the process of protein aggregation, but also that 

different fluorophores influence the aggregation process differently. Furthermore, the setup of the 

experimental approach employed in this study represents an advancement in the field and could be 

used as a basis for future applications to different biomolecular systems.  

In Chapter 4 I described how a pathological protein, α-synuclein, influences the morphological and 

mechanical properties of microtubules, intracellular structures which are the major components of 

the cytoskeleton. Microtubules are fragile and easily destroyed by AFM tip during scanning in the 

standard imaging modalities. I demonstrated that these samples can be observed by using Quantitative 

Imaging, a force-distance curve-based microscopy mode. Using this approach, I analysed the 

mechanical properties and morphological characteristics of polymerized microtubules in the absence 

and in the presence of wild-type α-synuclein and its A53T mutant. The results showed an increase in 

microtubule stiffness in the presence of wild-type α-synuclein. 

Part of my research was also devoted to aspects related with possible therapeutic approaches. In 

particular, I studied the effects of two promising drug candidates: trodusquemine, an aminosterol that 

has been proposed as a drug against Parkinson's and Alzheimer's diseases, and AQAMAN, a new 

inhibitor for the aggregation process of ataxin-3, a protein with polyglutamine tracts involved in 

spinocerebellar ataxia. 

The mechanism of membrane-trodusquemine interaction was studied in Chapter 5. It had been 

previously shown that trodusquemine is able to prevent the interaction of oligomers with the 

membrane and is even able to displace protein oligomers from the membrane. Therefore, 

understanding the details of the interaction between trodusquemine and the lipid membrane is a 

crucial issue to get insight into the mechanisms by which the protective effect of this molecule takes 

place. The collected data revealed that at the typical pharmacologically effective concentrations of 
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trodusquemine (1-5 𝜇M), the membrane morphology is not altered; this result is essential to ensure 

the correct biological function of the membrane. Furthermore, I performed AFM force spectroscopy 

measurements on membranes to determine the elastic modulus of the bilayer at different 

trodusquemine concentrations. The determination of the elastic properties of a soft, thin layer 

supported on a rigid substrate, such as SLBs, is a challenging task due to the stiffening effect induced 

by the substrate. To this purpose I employed a model that takes into account the local thickness of the 

membrane. In the presence of trodusquemine, I observed an increase in the Young's modulus, 

corresponding to a rise in bilayer stability. This increase in stability could contribute to increasing the 

resistance of membranes to the toxic action of misfolded protein oligomers. 

Finally, in Chapter 6, I acquired tapping AFM images showing that the AQAMAN inhibitor has an 

immediate effect on the structure of ataxin aggregates and can also destroy preformed aggregates. 

Collectively, the results obtained in this thesis have demonstrated that high resolution biophysical 

approaches are extremely useful to contribute new insights in the field of protein misfolding diseases. 

 

 

 
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
 


