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Abstract  

The location and the conformational changes of proteins/enzymes immobilized within Metal Organic 

Frameworks (MOFs) are still poorly investigated and understood. Bovine serum albumin (BSA), used 

as a model protein, was immobilized within two different zeolitic imidazolate frameworks (ZIF-zni 

and ZIF-8). Pristine ZIFs and BSA@ZIFs were characterized by X-ray diffraction, small-angle X-ray 

scattering, scanning electron microscopy, confocal laser scanning microscopy, thermogravimetric 

analysis, micro-FTIR and confocal Raman spectroscopy to characterize MOFs structure and the 

protein location in the materials. Moreover, the secondary structure and conformation changes of 

BSA after immobilization on both ZIFs were studied with FTIR. BSA is located both in the inner and 

on the outer surface of MOFs, forming domains that span from the micro- to the nanoscale. BSA 

crystallinity (β-sheets + α-helices) increases up to 25% and 40% for ZIF-zni and ZIF-8, respectively 

with a consequent reduction of β-turns due to immobilization within MOFs. 

Keywords: Zeolitic imidazolate Frameworks (ZIFs) • BSA • Immobilization • Protein location and 

conformation • Biomimetic mineralization  
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Introduction 

Metal Organic Frameworks (MOFs) are porous hybrid materials constituted by a metal node and an 

organic ligand linked through coordination bonds.[1] The first publication about MOFs dates back to 

1989,[2] but the term MOF was first used by Yaghi in 1995.[3] Since then, the interest for these 

materials has steadily increased and numerous MOFs have been synthesized.[2,4–6] Due to their 

proprieties, such as high porosity (up to 90% free volume) and surface area (extending beyond 6000 

m2 g-1),[7] MOFs have been explored for several applications, like removal of water pollutants,[8] 

gas adsorption,[9] catalysis,[10] sensing, drug delivery,[11] etc.[8,12] Recently, MOFs have shown 

great potential as enzyme immobilization supports.[13] The main advantages of immobilized versus 

free enzymes involve their higher stability to environmental changes (pH, temperature, etc.), the 

possibility to be easily separated from the reaction mixture and reused, and also their possible use in 

continuous processes.[14,15] Compared to the other immobilization methods, enzyme 

immobilization on MOFs, obtained through either chemical (covalent attachment and cross linking) 

or physical methods (entrapment and adsorption),[16] is especially advantageous as it allows the rapid 

and facile preparation of heterogeneous biocatalysts under mild conditions (in aqueous solution, 

moderate pH, atmospheric pressure and at room temperature) using low cost and commercially 

available starting materials.[13,15,17–20] Recent research on enzyme immobilization on MOFs has 

focused on zeolitic imidazolate frameworks (ZIFs), which are crystalline solids consisting of either 

Zn2+ or Co2+ metal ions and organic imidazolate ligands with topologies based on those of tetrahedral 

zeolites.[21] Lyu et al. firstly immobilized cytochrome c on a ZIF obtaining a substantial increase of 

catalytic activity in comparison with the free enzyme.[22] Since then, different approaches were used 

to find the optimal immobilization method which allowed to retain a high enzymatic activity and 

stability.[16] Among them, the encapsulation method has proven to be faster and cheaper than other 

methodologies, leading to suitable biocatalysts for industrial processes,[23] with both high catalytic 

activity and thermal stability.[24] For instance, Falcaro et al. encapsulated an urease in ZIF-8 finding 

an increase in thermal stability compared to the free enzyme.[25] In the context of enzymatic biodiesel 
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production, Rafiei et al. reported the encapsulation of Candida rugosa lipase into ZIF-67,[26] while 

Adnan et al. encapsulated the lipase from Rhizomucor miehei within X-shaped ZIF-8.[27] Knedel et 

al. investigated the stability and selectivity at various temperatures and different organic solvents of 

the CgL1 laccase from Corynebacterium glutamicum encapsulated within ZIF-8.[28] Wu et al. 

prepared an immobilized multiple-enzyme system within ZIF-8 which was used as a colorimetric 

sensor for glucose detection.[29]  

Despite these advances, two crucial open issues involve: i. the location (either in the inner or outer 

support surface) of the enzyme encapsulated within the MOF,[15,30–32] and ii. the quantification of 

the enzyme structure distortion due to its interaction with the MOF support. The former has been so 

far mainly addressed by labelling enzymes with fluorescein isothiocyanate (FITC), a marker which 

reacts with surface amino groups of most proteins,[33] allowing for enzyme detection by confocal 

laser scanning microscopy (CLSM).[34] Other methods have also been reported,[35] including the 

analysis of the enzyme@MOF morphology pre- and post-calcination by scanning electron 

microscopy (SEM).[34] The latter has been mainly addressed using spectroscopic techniques such as 

UV-Vis, FT/IR, Raman, and circular dichroism. Since commercial enzymes often show a very low 

grade of purity, the investigation of their conformation due to the immobilization is tricky and poorly 

investigated.[36] Aiming to address these two open and challenging topics, we investigated here the 

location of the model protein bovine serum albumin (BSA) immobilized within two zeolitic 

imidazolate frameworks, namely, ZIF-zni and ZIF-8. These materials are crystalline MOFs both 

consisting of Zn2+ metal ions with different ligands, that is 1H-imidazole and 2-methyl-1H-imidazole 

for ZIF-zni and ZIF-8, respectively. To this purpose, ZIF-zni, ZIF-8, BSA@ZIF-zni and BSA@ZIF-

8 samples were characterized using an extensive analytical setup able to achieve complementary 

structural information. XRD (X-ray diffraction) was used to analyze the crystallinity of the samples. 

Their structures at the nanoscale were investigated through small angle X-ray scattering (SAXS). 

SEM and CLSM were employed to evaluate the morphological properties of the samples and to 

investigate the protein location at the microscale. Chemical composition was determined through 
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thermogravimetric analysis (TGA), whilst the spectroscopic characterization of BSA, ZIFs, and 

BSA@ZIFs samples was performed by attenuated total reflection Fourier transform infrared 

spectroscopy (ATR-FTIR), micro-FTIR and confocal Raman spectroscopy. In particular, micro-FTIR 

2D imaging using a Focal Plane Array (FPA) detector was used to investigate the secondary structure 

and conformation changes of BSA upon its immobilization on ZIF-zni (BSA@ZIF-zni) and ZIF-8 

(BSA@ZIF-8). 

 

Results and Discussion 

ZIF-zni, ZIF-8, BSA BSA@ZIF-zni, and BSA@ZIF-8 samples were characterized through XRD. 

The XRD patterns confirm the formation of the ZIF-zni (Figure 1A) and ZIF-8 (Figure 1B) materials, 

with characteristic peaks at 15°, 17°, 18°, 21° and at 7.4°, 10.5°, 12.8°, 14.8°, respectively.[20,37] 

The XRD patterns obtained for BSA@ZIF-zni and BSA@ZIF-8 samples are equal to those of the 

pure ZIFs, demonstrating that BSA does not meaningfully alter the structure of the MOFs.  
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Figure 1. Samples characterization: XRD patterns of A) ZIF-zni and BSA@ZIF-zni; B) ZIF-8 and 

BSA@ZIF-8. Thermogravimetric analysis (TGA) curves from 25 °C to 800 °C of: C) ZIF-zni. 

BSA@ZIF-zni and BSA and D) ZIF-8 and BSA@ZIF-8. Raman spectrum of E) ZIF-zni, BSA@ZIF-

zni and F) ZIF-8, BSA@ ZIF-8 (wavenumber range from 150 to 2000 cm-1). 

 

Pristine materials and BSA@ZIFs were characterized by TGA (Fig.2A). Both ZIF-zni and 

BSA@ZIF-zni samples show a slight mass decrease (~2.7%) between 25 and 215 °C due to humidity 

loss. ZIF-zni exhibited good thermal stability in air, up to 433 °C, in agreement with the literature.[13] 

ZIF-zni had mass losses of 37.7 % and 26.0 % over the ranges, 433 – 566 °C and 566 – 800 °C, 
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respectively. The first mass loss can be attributed to the partial loss of ZIF crystallinity which is 

favored in oxidizing environments, while the latter can be ascribed to the complete decomposition 

and collapse of the ZIF-zni structure. TGA of BSA@ZIF-zni was comparable with ZIF-zni except 

for the mass loss of 21 % over the temperature range, 215 –433°C assigned to the encapsulated protein 

molecules (Table S1; Supporting information file). ZIF-8 and BSA@ZIF-8 are stable up to 100 °C. 

Both materials displayed a similar mass loss of approximately  20% in the temperature range 100 – 

180 °C ascribable to the removal of water and unreacted reagents. ZIF-8 and BSA@ZIF-8 showed a 

mass loss of  6 % and  10 % over the range 180 –360 °C, respectively. This is associated to the 

thermal decomposition of BSA molecules encapsulated within the ZIF-8. The mass loss at 

temperatures higher than 360°C is likely due to the decomposition of the ZIF-8 structure. 

The Raman spectra of ZIF-zni, BSA@ZIF-zni, ZIF-8 and BSA@ZIF-8 samples are shown in Figures 

1E and 1F.[38–40] The ZIF-zni spectrum showed a shift of  Zn-N toward lower cm-1 compared to 

ZIF-8. ZIF 8 showed intense bands at 176 cm−1, 685 cm−1, 1146 cm−1, and 1458 cm−1 ascribable to 

Zn−N stretching, imidazole ring puckering, C5−N stretching and methyl bending, respectively 

(Figure 1F). The Raman spectra obtained for BSA@ZIF-zni and BSA@ZIF-8 samples do not present 

substantial differences from those of pristine ZIF materials demonstrating that the inclusion of BSA 

does not alter chemical functions in the MOFs. The ZIF-zni and ZIF-8 textural properties like surface 

area and pore volume were characterized through nitrogen adsorption−desorption isotherms. ZIF-zni 

network topology is the densest of all known ZIF structures and is essentially non-porous.[41,42] 

Results regarding ZIF-zni show a non-porous material agreeing with what was reported in the 

literature (Table S1, see SI).[43] The network topology of ZIF-8 (sodalite, SOD topology) is less 

dense compared with that of ZIF-zni (zni topology). Data results confirm the type-I isotherm typical 

for ZIF-8 microporous materials (see Table S1, Figure S1). ZIF-8 had a SBET of 1760 m2 g-1 that 

decreased by 7% (1640 m2 g-1) in the presence of BSA (BSA@ZIF-8). Similarly, pore volume (Vp) 

decreased from 0.625 cm3 g-1 (ZIF-8) to 0.582 cm3 g-1 for BSA@ZIF-8. The encapsulation 
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efficiencies (EE) of BSA into the MOFs were 98% and 82% for BSA@ZIF-zni and BSA@ZIF-8 

respectively (see Table S1).   

Scanning electron microscopy (SEM) images (Figure 2) of ZIF-zni show a regular morphology with 

a rod shape similar to that of ZIF-7.[44] BSA immobilization into ZIF-zni resulted in a change of 

morphology from rod shapes to spherical particles.[13,45] SEM characterization of ZIF-8 clearly 

shows the expected rhombic dodecahedron geometry typical of ZIF-8 in SOD phase.[46] The same 

morphology was obtained for BSA@ZIF-8 according with previous works.[47] Liang et al. 

immobilized different enzymes into ZIF-8, showing that the morphology of enzyme@ZIF-8 particles 

changed depending on the type of immobilized biomacromolecules. Indeed, typical rhombic ZIF-8 

dodecahedron crystal morphology was observed for immobilized ribonuclease A, lipase, urease, and 

lysozyme, whereas for immobilized ovalbumin, horseradish peroxidase, and trypsin leaves, flowers, 

and stars morphologies were obtained, respectively.[48] 
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Figure 2. SEM images of A) BSA, B) ZIF-zni, C) BSA@ZIF-zni, D) BSA@ ZIF-8, and E) ZIF-8.  

 

 

In order to investigate the location of the immobilized BSA protein, SEM images were acquired after 

sample calcination at 360 °C for 2 hours (Figure 3A and Figure 3B). The calcination temperature was 

chosen based on the thermal gravimetric analysis (Figure 1C and 1D). Due to the calcination, a change 

of the morphology from spherical and rhombic dodecahedron shape to pitted and uneven particles 

was observed for BSA@ZIF-zni and BSA@ZIF-8, respectively. This is likely ascribable to the 

presence of BSA within ZIFs frameworks, which because of the combustion leads to rifts in the 

materials. 



10 
 

       

Figure 3. SEM images of A) BSA@ZIF-zni B) BSA@ZIF-zni post calcination at 360 °C C) 

BSA@ZIF-8 D) BSA@ZIF-8 post calcination at 360 °C. 

 
Further insights on MOFs structure at the nanoscale were gained through small/wide angle X-ray 

scattering (SWAXS) analysis. More specifically, the effects of BSA loading, and successive removal 

by calcination, were investigated. SWAXS profiles of the ZIFs, BSA@ZIFs and calcinated 

BSA@ZIFs are shown in Figures 6A and 6B. The comparison among the curves suggests that BSA 

loading induces the formation of nanoscale inhomogeneities.[48,49] The calcinated MOFs profiles 

show that nanoscale features are still present after the protein removal. SAXS curves were fitted 

according to a model consisting in a Porod contribution (A/Qn at low Q) and a Guinier-Porod term, 

in agreement with the literature for similar systems.[48,50] The Guinier-Porod term describes the 

gyration radius of scattering objects, Rg, with dimensionality parameter, s (s = 0 for spheres, 1 for 

rods and 2 for platelet objects) and a Porod slope at high-Q, m. The complete analytical details on the 

model are reported in the Experimental section (i.e. supporting information file) while fitting 

parameters are listed in Table 1. 
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Figure 4. SAXS profile of the investigated MOFs. A) ZIF-zni (blue triangles), BSA@ZIF-zni (red 

circles) and calcinated BSA@ZIF-zni (dark green squares); the slopes indicate the mass fractal 

dimensions of BSA@ZIF-zni (red) and calcinated BSA@ZIF-zni (green); B) ZIF-8 (light green 

triangles), BSA@ZIF-8 (purple squares) and calcinated BSA@ZIF-8 (orange circles). Bottom panel: 

details of the WAXS region for ZIF-zni (C) and ZIF-8 (D) MOFs. 

 

Table 1. SAXS fitting parameters of MOFs, BSA@MOFs and calcinated BSA@MOFs. 

Samples 

 

A 

(Scale), ×10-

6 

n 

(Porod 

low-Q) 

B 

(Scale) 

Rg 

(nm) 
s 

m  

(Porod 

high-Q) 

Bkg×10-3 

ZIF-zni 1.62 ± 0.01 4.00 ± 0.05 - - - - 0.07 ± 0.01 

BSA@ZIF-zni 2.00 ± 0.01 3.86 ± 0.05 5.63 ± 0.01 6.0 ± 0.1 0.26 ± 0.01 4.00 ± 0.05 0.5 ± 0.1 

Calc. BSA@ZIF-zni 1.99 ± 0.01 4.00 ± 0.05 0.036 ± 0.001 1.4 ± 0.1 1.78 ± 0.01 4.00 ± 0.05 0.5 ± 0.1 

ZIF-8 1.35 ± 0.01 3.94 ± 0.05 - - - - 1.1 ± 0.1 

BSA@ZIF-8 1.50 ± 0.01 4.00 ± 0.05 0.511 ± 0.001 4.3 ± 0.1 0.00 ± 0.01 2.66 ± 0.05 1.8 ± 0.1 

Calc. BSA@ZIF-8 17.90 ± 0.01 3.76 ± 0.05 0.144 ± 0.001 1.7 ± 0.1 1.98 ± 0.01 3.75 ± 0.01 1.0 ± 0.1 

 

The SAXS fitting parameters suggest that at large length scales (i.e., low Q) the samples are 

characterized by a smooth surface (n ≈ 4). Pure ZIF-8 and ZIF-zni curves do not show other 

significant features. In BSA@ZIFs curves, a knee at about 0.1 Å-1 arises, which can be associated to 

objects with gyration radius Rg = 6.0 ± 0.1 nm (BSA@ZIF-zni) and 4.3 ± 0.1 nm (BSA@ZIF-8). More 

specifically, it describes the mesopores in which BSA is located. According to previous 
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findings,[48,49] such pore size in BSA@ZIF-8 can accommodate monomeric BSA. The parameter s 

is associated to spherical pores for BSA@ZIF-8, and slightly elliptical pores in the case of BSA@ZIF-

zni. After calcination, pores significantly shrink and become platelet-like (s ≈ 2), that is, protein 

removal likely causes the formation of cracks inside the MOF structure. No alterations were found in 

ZIF-zni structure due to calcination (Figure 4 C) whilst the crystalline structure of ZIF-8 is evidently 

changed (Figure 4 D). ZIF-8 structure alteration at high temperature was described by Joshua et 

al.[51] The formation of sub-micron porosity in ZIF-8 after calcination, observed through SEM, is 

usually ascribed to surficial proteins/enzymes removal.[34,52] In these cases, the material 

morphology is claimed to be not damaged by the heating process. SEM images collected here (Figure 

5B) confirm that the morphology of the material is not significantly altered by calcination. 

Nonetheless, fitting parameters (Rg, s, m, and n) of calcinated BSA@ZIF-8 should be considered with 

caution. A variation of the mass fractal dimension is evident in BSA@ZIF-zni, after calcination, that 

is the slope of the Guinier region changes from -2.9 to -2.7 (Figure 4A). This indicates a slight 

reduction of the objects’ compactness (lower clustering) and is related to the protein removal. Finally, 

it is worth noting that the B scale parameter, related to scattering in the 0.01-0.3 Å-1 region, is one or 

two orders of magnitude higher for BSA@ZIF-zni than for the other samples. As protein loading does 

not strongly differ, being 163 mg g-1 for BSA@ZIF-zni and 140 mg g-1 for BSA@ZIF-8 (Table S1), 

this could be related to a higher BSA accumulation on ZIF-zni outer surface, as observed in SEM 

micrographs. 

Confocal microscope images of FITC-BSA@ZIF-zni and FITC-BSA@ZIF-8 samples (Figure 7) 

show homogeneous distribution of BSA molecules within the MOFs. This result suggests that BSA 

could be both encapsulated within ZIFs structure and on the external surface of the material, 

especially in ZIF-zni, where high fluorescence intensity areas can be identified more easily with 

surficial protein.[24] 
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Figure 5. Confocal laser A) BSA-FITC@ZIF-zni and B) BSA-FITC@ZIF-8 samples. 
 

FTIR 2D Imaging provided further information on the location and on the state of protein in the 

BSA@ZIF-zni sample. Mapping the absorbance intensity (peak area) of the 3450-3200 cm-1 and 

1565-1525 cm-1 regions, which correspond respectively to the central portion of amide A and to the 

amide II band of BSA, showed that the protein is found all over the MOF in BSA@ZIF-zni (Figure 

S2). In addition, details of the imaging maps at higher magnification (see Figure S4) highlighted that 

the protein seems to concentrate in domains of 5-40 µm, which form an extended network across the 

MOF surface, while such domains are not observed in the pure BSA sample. Imaging of amide A and 

amide II was preferred to amide I, to avoid interferences from absorptions of ZIF-zni in the 1720-

1600 cm-1 region, ascribed to overtone and combination bands of imidazole.[53] Distribution of the 

protein in micro-domains was also observable in BSA@ZIF-8 (Figures S3 and S5), even though not 

as evident as in BSA@ZIF-zni. Simply looking at the IR reflectance spectra, it is also possible to 

observe that the amide II band in BSA@ZIF-zni has a clear redshift of ca. 25 cm-1 compared to pure 

BSA (Figure S6). A similar red shift seems to occur also to amide I, even though its determination is 

less clear owing to modifications of the band in BSA@ZIF-zni and its overlap with ZIF-zni 

absorptions in the same region. Amide I derives mainly from C=O and C-N stretching vibrations, 

while amide II from N-H bending with some C-N and C-C stretching contribution; a redshift indicates 
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bond elongation of these functional groups, which points to the formation of interactions between the 

protein and the MOF structure. 

 

Figure 6. (Top panel, upper row) Visible (VIS) and FTIR 2D Imaging maps of the BSA@ZIF-zni 

sample. The IR maps were obtained imaging the absorbance intensity (peak area) of the amide II band 

of BSA in the 1565-1525 cm-1 region. (Top panel, lower row) Overlay of the VIS and IR maps, and 

detail of the IR map highlighting the micrometric domains where the amide II band is more intense 

(red pixels). (Lower panel) Reflectance spectra of ZIF, BSA and BSA@ZIF-zni samples. The BSA 

and ZIF-zni spectra were obtained on the pure BSA and ZIF-zni samples, respectively, and are 

showed as references. The spectra of BSA@ZIF-zni relate each to one pixel (5.5 x 5.5 µm2) of the IR 

maps of the top panel; two spectra are showed representative of, respectively, red, and green pixels 

in the maps. The “*” and brackets highlight the amide II band and the spectral region that was imaged 

in the maps 
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Figure 7. (Top left) FTIR Reflectance spectra of BSA and BSA@ZIF-zni (after subtraction of a 

representative ZIF-zni spectrum) in the 1720-1600 cm-1 region (amide I). The 25 cm-1 redshift in the 

BSA@ZIF-zni spectrum was evaluated comparing the regions of amide I and II (see also Figure S6) 

with those of BSA. (Top center, bottom left) Spectral deconvolution of the BSA and BSA@ZIF-zni 

amide I bands. The bands’ components are numbered as in Section 3.5 (supporting information), 

without considering the redshift for BSA@ZIF-zni; the y-axis reports the absorbance of the 

components (red bands), the experimental spectrum (thick black line), the fitting curve (thin white 

line inside the experimental curve), and the fitting residuals (black line on top of the spectra). (Top 

right, bottom right and center) The average secondary structure for BSA and BSA@ZIF-zni is 

reported in the pie charts, grouping the main structure types (relative error is ca. 0.05). For BSA@ZIF-

zni, the structure composition was also recalculated considering the 25 cm-1 redshift of the amide I 

components, considering the original component 12 as a baseline band. 

Additional information on changes in the BSA structure upon immobilization was extracted by the 

deconvolution of the amide I band in the reflectance spectra. Figure 7 shows a comparison between 

the amide I band of BSA and that of BSA@ZIF after subtraction of the ZIF absorptions. Besides the 

aforementioned redshift, the band of the immobilized protein has a completely different shape with 

two maxima, a clear hint that structural modification has occurred. Before interaction with the MOF, 

amide I deconvolution indicates that BSA has a strong content in -turns (89%), with limited 

contribution from -sheets (4%). This is in contrast with studies in the literature where BSA 

structure, obtained from circular dichroism and calculations on the mean residual ellipticity, was 
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found to be strongly based on -helices (67%) with contributions from -turns and extended chains 

(10% and 23% respectively).[54] However, Lu et al. found, using ATR-FTIR and spectral 

deconvolution, a significantly lower -helices content and larger contributions from -turns and 

random coils;[55] considering also that contact pressure in ATR experiments can cause orientation 

of protein domains and an overestimation of crystalline phases,[56,57] these findings are in less sharp 

contrast with the results reported here. Indeed, we found much closer values to Lu et al. when we 

analyzed BSA in ATR, rather than reflectance mode (Figure S8). Another possible explanation is 

that, in principle, a partially derivative shape of the amide I band in the reflectance spectra might 

result in some overestimation of -turns over -helices, even though in our case amide I band 

distortion in the reflectance spectra of BSA did not seem to occur to a large extent (see Figure S2 and 

Figure S3). Most importantly to the purposes of this study, the crystalline content of BSA increases 

significantly when the protein is immobilized on the MOF in BSA@ZIF-zni (Figure 7). This is true 

even before correcting the wavenumbers of the amide I components to the 25 cm-1 red-shift, and 

becomes more evident after correction, with a crystalline content increase up to 25% (-sheets + -

helices), and a drastic reduction of -turns. Some increase in random coils occurred too, which 

accounts also for the formation of extended chains. Finally, the increase of oxidation bands can be 

ascribed to treatment with zinc nitrate (an oxidant) during the protein immobilization steps. A 

significant increase in the crystalline content of BSA@ZIF-zni and BSA@ZIF-8 was observed also 

when the samples were analyzed with ATR (Figure S8 and Figure S9), which overall corroborates 

our conclusion that BSA structure is ordered through immobilization on the MOF. In the case of 

BSA@ZIF-zni, the amide I band in the ATR spectra shows a marked redshift (ca. 50 cm-1) from the 

protein’s band before immobilization, i.e. even larger than in the reflectance spectra of the same 

sample. A marked red shift of amide I, indicating protein-MOF interactions, and protein structuration, 

was also observed on BSA@ZIF-8 (see Figure 8 and Figure S7). Interestingly, a more pronounced 
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ordering of the protein by the MOF is observed than in BSA@ZIF-zni. In addition, oxidation bands 

were in this case almost absent. 

 

Figure 8. (Top left) FTIR Reflectance spectra of BSA and BSA@ZIF-8 (after subtraction of a 

representative ZIF-8 spectrum) in the 1720-1600 cm-1 region (amide I). The 23 cm-1 redshift in the 

BSA@ZIF-8 amide I is also evident before subtraction of the ZIF-8 absorptions (see Figure S7). (Top 

center, bottom left) Spectral deconvolution of the BSA and BSA@ZIF-8 amide I bands. The bands’ 

components are numbered as in Section 3.5, without considering the redshift for BSA@ZIF8; the y-

axis reports the absorbance of the components (red bands), the experimental spectrum (thick black 

line), the fitting curve (thin white line inside the experimental curve), and the fitting residuals (black 

line on top of the spectra). (Top right, bottom right and center) The average secondary structure for 

BSA and BSA@ZIF-8 is reported in the pie charts, grouping the main structure types (relative error 

is ca. 0.05). For BSA@ZIF-8, the structure composition was also recalculated considering the 23 cm-

1 redshift of the amide I components, considering the original component 12 as a baseline band. 

 

Conclusions 

Among the enzyme immobilization methods reported in the literature, the enzymatic encapsulation 

received immense attention in these last years due to its rapid and mild condition procedure. Although 

the location of the enzyme (within/onto) in the material has already been investigated through 

confocal laser scanning microscope (CLSM) and TGA coupled with SEM, these techniques do not 
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precisely determine enzyme location, making necessary the combination of different methods to 

evaluate the protein location. Here, we investigated the location of the model protein bovine serum 

albumin (BSA) during its in-situ immobilization within two different zeolitic imidazolate frameworks 

(ZIF-8 and ZIF-zni). Data collected by CLSM and micro-FTIR showed that BSA is evenly distributed 

in domains of 5-40 μm around the material particles. SAXS analysis, performed on BSA@MOFs pre- 

and post-calcination, confirmed the BSA immobilization within both ZIF-8 and ZIF-zni, more 

specifically in inhomogeneities of ca. 4 and 6 nm, respectively. Moreover, higher scattering intensity 

from ZIF-zni could be related to an excess of protein accumulation on the outer surface of the MOF. 

This would confirm that BSA lies both inside ZIF-zni matrix and on its outer surface. Moreover, the 

quantification of enzyme structure distortion due to its interaction with MOF support is poorly 

investigated. FTIR deconvolution data showed that the crystalline content of BSA increases upon 

immobilization on the MOFs: free BSA has a strong content in β-turns ( 89%), with limited 

contribution from β-sheets (4%), whilst the crystalline content of BSA increases significantly when 

the protein is immobilized on both ZIF-zni and ZIF-8, resulting in increased up to  25% (β -sheets 

+  -helices), and 40 % (β-sheets + -helices), respectively, and a consequent drastic reduction of β-

turns. Undoubtedly, this work has shed some light on some crucial points such as the protein location 

and its secondary structure change due to the immobilization on two different imidazolate-based 

frameworks and will stimulate further research on enzymes@MOFs. 
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