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Summary 

Organogenesis is a complex choreography of morphogenetic processes, patterns and dynamic shape 

changes as well as the specification of cell fates. Although several molecular actors and context-specific 

mechanisms have already been identified, our general understanding of the fundamental principles 

that govern the formation of organs is far from comprehensive.  

 

The application of the concept of ‘rebuild it to understand it’ from synthetic biology represents a 

promising alternative to the classical approach of ‘break it to understand it’ in order to distill biological 

understanding from complex developmental processes. According to this ‘rebuilding’ concept, in this 

study we sought to develop an experimental approach to induce the formation of organs from 

progenitor cells ‘on demand’ and to investigate the minimum requirements for such a process.  

 

The zebrafish lateral line chain cells are a powerful in vivo model for our study because they are a group 

of naïve multipotent progenitor cells that display mesenchyme-like features. In order to bring these 

cells to form organs, we used the well-known role of the FGF signaling pathway as a driver of 

organogenesis in the lateral line and developed an inducible and constitutively active form of the 

fibroblast growth factor receptor 1a (chemoFGFR). The cell-autonomous induction of this chemoFGFR 

in chain cells effectively triggered the formation of fully mature organs and thus enabled spatial and 

temporal control of the organogenesis process.  

Next, we asked what it takes to form an organ de novo. We used a combination of real-time 

microscopy, single cell tracking, polarity quantification, and mosaic analysis to study the cell behaviors 

that result from chemoFGFR induction. The picture that emerges from these analyses is that de novo 

organs form through a genetically encoded self-assembly process that is based on the pattern of 

chemoFGFR induction. In this scenario, cells expressing chemoFGFR aggregate into clusters and 

epithelialize as they sort out of non-expressing cells. We found that this sorting process occurs through 

cell rearrangement and slithering, which involves an extensive remodeling of the cell-cell contacts. 

Chain cells that do not express chemoFGFR can envelop these chemoFGFR expressing cell clusters and 

form a rim at the cluster periphery. This multi-stage process leads to the establishment of the inside-

outside pattern of de novo organs, which is used as a blueprint for cell differentiation. In summary, in 

this study we provide insights into the mechanisms involved in the self-assembly of organs from a naïve 

population of progenitor cells. 
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Zusammenfassung 

Organogenese ist eine komplexe Choreografie aus morphogenetischen Prozessen, Mustern und 

dynamischen Formänderungen sowie der Spezifizierung von Zellschicksalen. Obwohl bereits einige 

molekulare Akteure und kontextspezifische Mechanismen identifiziert wurden, ist unser generelles 

Verständnis von grundlegenden Prinzipien, die die Entstehung von Organen steuern, alles andere als 

umfassend. Die Anwendung des Konzepts „Nachbauen, um zu verstehen“ aus der synthetischen 

Biologie stellt eine vielversprechende Alternative zum klassischen Ansatz „Zerstören, um zu verstehen“ 

dar, um biologisches Verständnis aus komplexen Entwicklungsprozessen zu destillieren. Gemäß dieses 

„Nachbau“-Konzepts, haben wir in dieser Studie versucht, einen experimentellen Ansatz zu 

entwickeln, um die Bildung von Organen aus Vorläuferzellen ‘auf Abruf’ zu induzieren und so die 

Mindestanforderungen für einen solchen Prozess zu untersuchen. Die Kettenzellen der Zebrafisch-

Laterallinie sind ein geeignetes in vivo Modell für unsere Studie, da sie eine Gruppe von naiven 

multipotenten Vorläuferzellen sind, die Mesenchym-artigen Merkmale aufweisen. Um diese Zellen 

dazu zu bringen, Organe zu bilden, nutzten wir die bekannte Rolle der FGF-Signalpfads als Treiber von 

Organogenese in der Laterallinie und entwickelten eine induzierbare und konstitutiv aktive Form des 

Fibroblasten-Wachstumsfaktor-Rezeptors 1a (chemoFGFR). Die zellautonome Induktion dieses 

chemoFGFRs in Kettenzellen löste effektiv die Bildung von Organen aus, die sich normal 

weiterentwickelten und ermöglichte somit die räumliche und zeitliche Kontrolle des Organogenese 

Prozesses. Als nächstes fragten wir, was notwendig ist, um ein Organ de novo zu bilden. Wir nutzten 

eine Kombination aus Echtzeit-Mikroskopie, Einzelzell-Verfolgung, Polaritätsquantifizierung und 

Mosaikanalyse, um das Zellverhalten zu untersuchen, das sich aus einer chemoFGFR-Induktion ergibt. 

Das Bild, das sich aus diesen Analysen ergibt, ist, dass de novo Organe durch einen genetisch codierten 

Selbstorganisationsprozess entstehen, der auf dem Muster der chemoFGFR-Induktion aufbaut. In 

diesem Szenario aggregieren Zellen, die chemoFGFR exprimieren, zu Clustern und epithelisieren, 

während sie sich aus nicht exprimierenden Zellen aussortieren. Wir fanden heraus, dass dieser 

Sortierprozess durch das Gleiten und Umordnen von Zellen geschieht, was durch eine umfassende 

Umgestaltung der Zell-Zell-Kontakte vermittelt wird. Kettenzellen, die kein chemoFGFR exprimieren, 

können diese chemoFGFR exprimierenden Zellcluster umhüllen und einen Ring an der 

Clusterperipherie bilden. Dieser mehrstufige Prozess führt zur Etablierung des Innen-Außen-Musters 

von de novo Organen, das als Blaupause für die Zelldifferenzierung genutzt wird. Zusammenfassend 

geben wir in dieser Arbeit Einblicke in die Mechanismen, die bei der Selbstorganisation von Organen 

aus einer naiven Population von Vorläuferzellen beteiligt sind. 
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1 Introduction 

1.1 Mesenchymal-to-epithelial and epithelial-to-mesenchymal 

transitions  

During development and the entire lifespan of multicellular organisms, cells undergo state transitions 

to generate different phenotypes and functions. The Epithelial to Mesenchymal Transition (EMT) and 

the Mesenchymal to Epithelial Transition (MET)  provide classical examples that are involved in a 

plethora of physiological and pathological contexts, ranging from developmental processes, body plan 

formation and tissue homeostasis, to regeneration, wound healing, tissue fibrosis and cancer 

metastasis. EMT drives cells from an epithelial to a mesenchymal phenotype, which involves the loss 

of apical-basal polarity and of cell-cell junctions and generates singles cells that often display migratory 

behaviors. MET refers to the reverse process, that converts mesenchymal cells into apical-basal 

polarized cells, that become integrated into epithelia through stable adherens and tight junctions [Kim 

et al., 2016]. As such, MET appears to represent a fundamental program for the assembly and 

organization of multicellular structures during organogenesis.  

We start in section 1.2 with a description of the steps involved in the induction of the MET program, 

while in section 1.3 we focus instead on how MET is integrated with other processes during 

development and how dynamically the MET program can be tuned in different contexts.  

1.2 The regulation and execution of MET transitions  

MET has been suggested to be a multistep process that requires an initiation phase where the MET 

program is triggered, a second step where apical-basal polarity is established, and a final step where 

stabilization of the epithelial phenotype in the new architectural setup occurs (Figure 1.1 a) [Kim et al., 

2016].  

1.2.1 Induction of the MET program 

While the core set of inducers and transcription factors involved in EMT has been extensively 

characterized [Stemmler et al., 2019; Yang et al., 2020], our knowledge of the inducers of the reverse 

process MET is far less comprehensive. A diverse set of inducers have been shown to activate the 

cascades promoting MET, most of which are cell non-autonomous signals of chemical or mechanical 

nature. Within the class of chemical cues, Wnt and FGF signaling pathways have been implicated in the 

onset of MET. During kidney development, Wnt9b released from the ureteric bud was shown to induce 

MET of the adiacent metanephric ‘cap’ mesenchyme, engaging cells into rosette-shaped cell clusters 

that give rise to the renal vesicle [Carroll et al., 2005]. Additionally, during somitogenesis in chick and 

mouse, Wnt6 secreted by the ectoderm was found to promote MET in the presomitic mesoderm by 
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activating the transcription factor Paraxis [Rowton et al., 2013; Schmidt et al., 2004; Šošić et al., 1997]. 

FGF signaling has also been identified as a trigger of MET in several developmental contexts, for 

instance during formation of the chick hindgut, the mouse primitive endoderm and the Kupffer’s 

vesicle (described in section 1.4 and 1.3.3.4). Furthermore, studies on early stages of somatic cell 

reprogramming and on cancer cell cultures provided evidences that several transcription factors 

involved in the stabilization of the epithelial phenotype can trigger MET [Pei et al., 2019]. GRHL2, BMP 

and KLF4 induce MET by expressing epithelial-related genes during differentiation of pluripotent stem 

cells [G. Chen et al., 2011; Li et al., 2010; Samavarchi-Tehrani et al., 2010], GATA3 triggers MET in breast 

cancer cells [Takaku et al., 2016] while members of the Ovol family in various cancer cells and in dermal 

fibroblasts [Roca et al., 2013; Watanabe et al., 2019]. 

A growing body of evidence suggests that mechanical cues also contribute to the initiation of MET. 

During heart development in Xenopus, endoderm tissue stiffness and contraction appear to play 

important roles in MET induction of the overlaying hearth precursor cells, that assemble polarized 

epithelia [Trinh & Stainier, 2004] while migrating toward the ventral midline [Kim et al., 2016; Shi et 

al., 2015; Varner & Taber, 2012]. Similarly, mechanical properties of traversed microenvironments 

were proposed to contribute to MET and ‘homing’ of metastasizing cells into secondary sites 

[Gunasinghe et al., 2012; Jolly et al., 2017; Shibue & Weinberg, 2011]. Furthermore, recent work in 

Xenopus embryonic aggregates suggested that an increase of tissue stiffness drives epithelialization of 

mesenchymal cells at the surface of the aggregate and regeneration of Goblet cell precursors. Notably, 

perturbation of actomyosin contractility with pharmacological and genetic tools was shown to control 

the extent of surface epithelialization [Kim et al., 2020]. Other mechanical cues associated with the 

induction of MET are compaction of cell aggregates and fluid hydrostatic pressure [Fleming & Johnson, 

1988; Kim et al., 2016]. During mouse blastocyst development, indeed, the luminal fluid drives 

stretching of trophectoderm cells at the tissue-fluid interface, that leads to tight junction maturation 

[Chan et al., 2019]. 

Remarkably, MET can be triggered in macrophages as part of the immune response to pathogens 

[Cronan et al., 2016]. It was found that, in presence of a persistent Mycobacterial infection, 

macrophages undergo MET to encapsulate the pathogenic source into granulomas. To do so, 

macrophages activate modules of the canonical epithelial program such as adherens, tight junctions 

and desmosome, while converting both their morphology and protein expression profile to a more 

epithelial phenotype [Cronan et al., 2016]. 
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Figure 1.1: The mesenchymal-to-epithelial transition 

(a) Mesenchymal-to-epithelial transition (MET) is a multistep process that leads a mesenchymal cell to adopt an 

epithelial phenotype. The process, that can be triggered by various chemical and mechanical cues, involves the 

conversion of the cell polarity axis to an apical-basal polarity, the formation of stable junctions between cells and 

a profound remodeling of cellular architecture, organelles positioning and of intracellular trafficking. Finally, the 

epithelial phenotype is stabilized by epigenetic, metabolic and cell fate changes (adapted from [Kim et al., 2016]). 

(b) A typical migratory mesenchymal cell presents a front-back polarity and lacks junctional complexes. At the 

migration front, RAC1 and CDC42 promote actin polymerization and lamellipodium formation while, in the back, 

RHOA drives the actomyosin-mediated retraction of the cell rear following the front movement. The Scribble 

complex is located at the cell front (modified from [Rodriguez-Boulan & Macara, 2014]). (c) In a typical epithelial 

cell, the polarity complex Crumbs (Crb in blue) and PAR are located in the apical domain, while Scribble (Scrib in 

green) at the basolateral membranes. Phosphoinosides, proteins regulating their conversion and regulators of 

the actomyosin cytoskeleton are also asymmetrically polarized along the apical basal axis. Additionally, formation 

of various junctional complexes (such as tight junctions and adherens junctions) and a polarized intracellular 
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trafficking are crucial for the maintenance of the compartmentalization of cellular domains (modified from 

[Rodriguez-Boulan & Macara, 2014]). 

1.2.2 Apical-basal polarity establishment 

MET transition involves a switch of the polarity axis of the cell, from a front-rear polarity typical of 

mesenchymal cells to an apical-basal polarity typical of epithelial cells (Figure 1.1 b). In mesenchymal 

cells, the axis of front-rear polarity is aligned with the direction of migration and the cell front is 

characterized by high activity of the Rho GTPases RAC1 and CDC42 that triggers actin polymerization, 

promoting formation of lamellipodia or filopodia. The cell rear is instead enriched in RHOA, which 

ensures contraction and detachment of the cell rear during migration (Figure 1.1 b). Polarized 

reorganization of integrins, lipids and of organelles across the cell axis ensures the robustness of the 

migration. Transition from this configuration to an apical-basal polarity requires a profound 

remodeling of intracellular organization.  

1.2.2.1 The players of the Epithelial Polarity Program 

The establishment of apical-basal polarity lies at the very core of epithelial cell functionality and, as 

such, it is a crucial step during MET. Apical-basal polarity provides cells with specialized membranes 

that adopt distinct molecular profiles and functionalities: apical membranes, lateral and basal 

membranes (Figure 1.1 c). Apical membrane faces circumscribed microenvironment such as lumina, 

lateral membranes are surfaces of cell-cell contact while basal membrane face the extracellular matrix. 

The generation and maintenance of functionally distinct membranes relies on an epithelial polarity 

program (EPP). Execution of this program requires asymmetric segregation and local activity of polarity 

complex proteins, phosphoinositides and Rho GTPases (Figure 1.1 c) [Rodriguez-Boulan & Macara, 

2014].  

Polarity complex proteins assemble into three main polarity complexes: CRB (Crumbs) PAR and SCRIB 

(Scribble) complex [Rodriguez-Boulan & Macara, 2014]. The Crumbs complex locates at the apical 

domain and it is composed of Crumbs, PALS1 and PATJ. The Par complex localizes at tight junctions 

and includes Par-1, Par-2, Par-3, Par-5, Par-6 and aPKC [Kemphues et al., 1988]. The Scribble complex 

is instead restricted at basolateral membranes and consist of DLG, LGL and Scribble. In Drosophila, 

another basolateral complex has been identified, the Coracle group, constituted of ezrin, radixin, 

moesin, Coracle, Neurexin IV and Na+, K+-ATPase [Laprise et al., 2009].  

The second class of players contributing to apical-basal polarity establishment are the 

phosphoinositides, which are known to function as docking sites for cytoplasmic effectors [Gassama-

Diagne & Payrastre, 2009]. Localization of distinct phosphoinositide species at specific membrane 

subdomains, which results from polarized segregation of metabolizing enzymes such as the kinase PI3K 

and the phosphatase PTEN, leads to asymmetric recruitment of polarity complex proteins. For example 

restricted production of PtdIns(4,5)P2 by PTEN at the apical membrane contributes to the recruitment 

of Par6 and aPKC in this location [Martin-Belmonte & Mostov, 2007; Shewan et al., 2011], while 
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PtdIns(3,4)P2, acts an anchor point for DLG1 at the basolateral membrane [Gassama-Diagne et al., 

2006; Peng et al., 2015]. 

The third class of molecular players involved in the EPP is the family of Rho GTPases, which include 

RhoA, Rac and CDC42 [Jaffe & Hall, 2005]. Rho GTPases are GTP-binding monomeric signaling proteins 

that functions as molecular switches, whose local recruitment and activity is regulated by several GEFs 

(guanine nucleotide exchange factors) and GAPs (GTPase-activating proteins). They represent the key 

regulators of actomyosin cytoskeleton and, as such, they are implicated in a plethora of functions 

during establishment of the apical-basal polarity, such as the formation and anchoring of polarity 

protein complex and junctions, the directional orientation of the axis of polarity, the generation of 

contractile forces and of specialized apical membranes [Rodriguez-Boulan & Macara, 2014]. 

A complex reciprocal crosstalk between these core sets of polarity components, which are dynamically 

recruited or excluded from certain membrane subdomains depending on reciprocal interactions, 

establishes partitioning of the distinct specialized membranes of apical-basal polarized cells [Bilder et 

al., 2003]. 

1.2.2.2 Orientation of the new axis of polarity 

Although the restricted recruitment of the epithelial polarity players across the cell axis is the very core 

of the emerging functional asymmetry in the cell, many aspects of the mechanisms underpinning the 

establishment of the correct orientation of the axis remain to be elucidated. Specific interactions with 

the extracellular matrix appear to be important to correctly orient the apical-basal axis of the cell. Cell-

extracellular matrix interactions are mainly mediated by integrins, transmembrane receptors that 

connect the actin cytoskeleton with the extracellular basement membrane [Humphries et al., 2006; B. 

Lee et al., 2014; Manninen, 2015]. The functional relevance of the interaction with extracellular 

membrane in this context has been demonstrated for example by the observation that MDCK cysts 

reorient their apical side from outwards to inwards (toward the cyst lumen) when cultured on a 

collagen matrix, through a β1-integrin/Rac1/laminin-mediated response [D. M. Bryant et al., 2010; 

O’Brien et al., 2001; Yu et al., 2005, 2008]. 

1.2.2.3 Cellular rearrangements associated with the epithelial polarity program 

Once an initial asymmetric distribution of polarity components is established, the three players of the 

EPP act together to amplify it by driving a profound intracellular rearrangement, which involves 

polarized assembly of junctions and an elaborated cytoskeletal reorganization (Figure 1.1 c). Assembly 

of junctional complexes such as tight junctions, adherens junctions and desmosomal junctions is 

important to maintain the compartmentalization of distinct membrane domains and to ensure cell-cell 

adhesion and communication during assembly of multicellular structures. Tight junctions are sealing 

junctions located at apical-lateral contact points. Composed of occludins and claudins, they form a 

physical barrier between apical and basolateral membranes and restrict the paracellular movement of 

molecules across the epithelium. Adherens junctions are specialized adhesion complexes that consist 

of E-cadherin, cytoskeleton components and a network of intracellular associated proteins and linkers. 
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These junctions allow adhesive interactions between adjacent cells by engaging in homophilic 

interactions and are involved in dynamic changes of cell-cell contacts in stress condition. Desmosomal 

junctions instead decorate the lateral membrane of the cells where they are linked to the intermediate 

filament cytokeratins, providing resistance to mechanical stress [Rodriguez-Boulan & Macara, 2014]. 

 

The EPP program also guides an elaborate remodeling of the microtubule network and of the 

actomyosin cytoskeleton. During apical-basal polarity establishment, cells rearrange their microtubule 

network in a more stable and apical-basal oriented cortical network. Centrosome shifts apically, close 

to the apical membrane, from where in vertebrate cells the primary cilium assembles, while Golgi re-

localizes above the nucleus in a microtubule-dependent process [Bacallao et al., 1989; Gilbert et al., 

1991]. Remodeling of actomyosin cytoskeleton during EPP is crucial for shaping of functional apical 

membranes. Apical constriction and apical emergence are examples of process that relies on a 

polarized actomyosin activity. During rosette neuromast formation in the lateral line primordium, FGF 

signaling induces apical recruitment and activation of Rho-associated kinase Rock2a, leading to 

actomyosin-mediated constriction of the cell apex [Harding & Nechiporuk, 2012]. In Xenopus 

mucociliary epithelia instead, radial intercalation of progenitor cells from the basal layer into the pre-

formed tissue, relies on an actin-based pushing force exerted by the apical surface of the integrating 

cell [Sedzinski et al., 2016]. Moreover, establishment of specialized structures such as microvilli also 

requires assembly of bundles of actin filaments and actin-mediated motility is involved in brush border 

maturation [Meenderink et al., 2019]. 

 

Finally, to maintain the correct segregation of polarity components, polarization of the intracellular 

trafficking is required. Targeted delivery of apical and basolateral components is achieved by 

intracellular sorting mechanisms, that act directly after biosynthesis or during recycling and 

transcytotic routes. Both actomyosin cytoskeleton and microtubule network are crucially involved in 

the establishment of this vectorial transport [Rodriguez-Boulan & Macara, 2014]. 

1.2.3 Stabilization of epithelia phenotype  

Although multiple cycles of EMT-MET are often required during morphogenetic processes in 

development (see section 1.3.2), ensuring stabilization of the newly acquired epithelial features is also 

crucial for epithelial functions. As such, mechanisms acting as gatekeeper to protect the epithelial 

phenotype are redundant and tightly regulated at different levels [Pei et al., 2019]. Stabilization of 

epithelial phenotype involves a complex integration of epigenetic modifications [Bedi et al., 2014], 

expression and regulation of transcription factors (TF), post-transcriptional and post-translational 

regulation [Pei et al., 2019; Tam & Weinberg, 2013]. These mechanisms can act as stabilizer of the 

epithelial phenotype or as repressor of mesenchymal phenotypes. The epithelial-specific protein 1 and 

2 (ESRP1, 2) for example promote an alternative splicing program that reinforce epithelial features of 

the cells [Warzecha & Carstens, 2012]. The transcription factors Ovol1 and 2 protect epithelial 

phenotype by repressing expression of several EMT-TF and other mesenchymal-associated genes in 
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mammary gland [Watanabe et al., 2014], in human corneal epithelium [Kitazawa et al., 2016] and in 

mouse embryonic epidermal cells of the skin [B. Lee et al., 2014]. Some transcription factors drive both 

an active suppression of mesenchymal-related genes and an activation of transcription of epithelial-

related genes. For instance, Grainyhead-like 2 (GRHL2) enhances transcription of ectoderm-specific 

proteins E-cadherin and Claudin4 during neural tube closure [Ray & Niswander, 2016]. Moreover, 

together with Ovol2, GRHL2 is involved in repression of ZEB1, one of the EMT-TF [Frisch et al., 2017] 

and in activation of expression of epithelial junctional complex proteins during kidney development 

[Aue et al., 2015]. Other factors involved in the protection of the epithelial phenotype are the proteins 

ELF5, p53, EZH2, ubiquitin ligases [Chakrabarti et al., 2012; Chang et al., 2011; S. S. Wang et al., 2015; 

H. Yang et al., 2015] and components of the miRNA family miR-200 [Chung et al., 2016; Lamouille et 

al., 2013; Nieto et al., 2016]. 

 

At the tissue level, the establishment of apical-basal polarity functions as a key checkpoint to protect 

the epithelial phenotype [Jung et al., 2019]. A recent study in 3D epithelial organoids indeed 

demonstrated that, in fully apical-basal polarized cells within the epithelium, apical Par3/aPKC complex 

induces SNAI1 degradation, preventing induction of EMT and metastatic dissemination of cells [Jung 

et al., 2019]. Furthermore, epithelial stability might be strengthened by stress-induced reinforcement 

of cell-cell junctions and assembly of supra-cellular actomyosin cables, that enhance mechanical 

stability of the epithelium [Hoffman & Yap, 2015; Kim et al., 2016; Leckband & de Rooij, 2014; Röper, 

2013]. For instance, tensile stress in epithelial monolayers stimulates Myosin V-dependent RhoA 

activity and recruitment of the formin mDia1 at adherens junctions, leading to junctional 

reinforcement [Acharya et al., 2018].  

 

Finally, MET is often associated to profound cellular changes leading to metabolic, epigenetic and cell 

fate switches [Pei et al., 2019]. Cell fate specification in particular might represent a strategy to ensure 

‘lockdown’ of cells in the newly established epithelial phenotype [Wong & Gilmour, 2020].  

1.3 How is MET integrated in developmental programs? 

1.3.1 A spectrum of phenotypes 

EMT and MET were classically thought to operate as binary switches from a stationary epithelial cell 

to a motile mesenchymal cell or vice versa. However, a large body of evidence in the last decade have 

unveiled that the transition between these two cellular states is often incomplete, leading to the 

emergence of several intermediate cellular phenotypes, called ‘partial’ or ‘hybrid’ EMT states 

[Campbell & Casanova, 2016; Yang et al., 2020]. These hybrid states can be arrayed along a continuum 

spectrum of cell phenotypes, depending on the combination of epithelial and mesenchymal features 

they present. Fully mesenchymal and fully epithelial phenotypes represent only the extreme ends of 

this spectrum and, as a norm, cells display hybrid phenotypes. Likewise, full transitions from one to 
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the other extreme of the spectrum are rare, while commonly losses and gains of epithelial features 

determine the degree of progression along the spectrum. The ability of cells to move fluidly between 

phenotypes is termed ‘epithelial-mesenchymal plasticity’ [Yang et al., 2020]. 

Previous emphasis was placed on defining EMT and MET according to the loss and gain of a limited set 

of epithelial and mesenchymal markers. Examples of molecular and cellular descriptors used as 

markers for mesenchymal cells are N-cadherin, vimentin and expression of transcription factors such 

as SNAIL, TWIST and ZEB, while for epithelial cells E-cadherin, keratins, adherens and tight junctions 

[Nieto et al., 2016]. However, these markers alone often do not accurately reflect the complex 

orchestration of EMT and MET programs. It has been observed that crucial steps of EMT, such as the 

loss of apical-basal polarity and the dissolution of junctions can be implemented using a wide range of 

strategies, strictly dependent on the biological context. Examples of this are the various mechanisms 

leading to cell dissociation from the original tissue during EMT. While in many systems the 

transcriptional repression of adherens junction proteins is a key step of cellular dissociation, it was 

observed that neural crest cells occasionally lose their junctional complexes by shedding their apical 

membranes and leaving the apical fragments behind while retracting from the original 

neuroepithelium and migrating away [Ahlstrom & Erickson, 2009]. Furthermore, not only 

transcriptional downregulation but also post-translational modifications of key proteins such as E-

cadherin can affect the adhesive properties of cells and lead to dissociation [Yang et al., 2020]. 

Concurrently, in different biological contexts, changes in the same molecular marker can lead to 

different functional consequences. For example, the transcriptional repression of E-Cadherin has been 

considered for long a critical step in EMT because of the conserved role of E-cadherin in maintaining 

adherens junction. However, several recent findings suggest that the relationship between E-Cadherin 

and the mesenchymal state is more complex. It was indeed found that E-cadherin is required for 

migration of mesenchymal endodermal cells during gut formation [Campbell & Casanova, 2016] and 

for border cell migration through nurse cells during oogenesis in Drosophila [Cai et al., 2014]. 

Moreover, cells can adopt migratory mesenchymal features while actively transcribing E-Cadherin 

[Campbell et al., 2011; Campbell & Casanova, 2015]. Another classical landmark of EMT is the switch 

in cadherin expression from E to N. More recent studies on Xenopus neural crest cells showed that the 

switch to N-cadherin is not required for the EMT or for dissociation from the original tissue but is 

instead essential for repulsion between contacting cells (through so-called ‘contact inhibition of 

locomotion’) that drives neural crest migration [Scarpa et al., 2015]. 

The challenge in identifying a reliable set of universal markers reflects the fact that EMT and MET are 

functional transitions. The steps and the mechanisms involved in the transition thus depend on the 

features of the tissue of origin and from the degree of transition required to fulfill a certain biological 

function. In some cases, cells undergoing EMT migrate as single entities to disseminate far away from 

the original epithelium (for instance neural crest cells). In other cases, cells undergo EMT without losing 

cell-cell adhesion and tissue cohesion and migrate as collectively migrating tissues (for instance lateral 

line primordium and sprouting angiogenesis). This collective migrating configuration enables cells to 

tightly coordinate the elongation of the tissue with the assembly of functional structures. Similarly, 

some MET transitions involve single progenitor cells integrating into an overlaying epithelium, while, 
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in other contexts, large cohorts of cells aggregating into an epithelium and establishing apical-basal 

polarity de novo. 

A more integrative approach that combine analysis of molecular, morphological, functional and 

behavioral features appears thus crucial to assign cells along the phenotypic spectrum and to better 

explore the emergent properties of hybrid states, which appears to be relevant in several contexts. 

The acquisition of hybrid phenotypes can indeed provide important advantages to cells, such as 

circulating tumor cells [Lorentzen et al., 2018]. By retaining their apical poles while displaying 

migratory behavior, circulating tumor cells can adhere and ‘home’ more efficiently into other tissues. 

The hybrid state in this context seems to enhance the metastatic potential of the cells. Another recent 

study showed that in human mammary epithelial cell culture, cells induced to a hybrid EMT state 

though expression of the transcription factor ZEB1 are less contractile and migrate faster than both 

fully epithelial or mesenchymal counterparts [Margaron et al., 2019], indicating that hybrid 

‘intermediate’ phenotypes do not necessarily display intermediate properties. 

However, several aspects of hybrid EMT states remain to be elucidated, such as whether the 

phenotypic spectrum is a true continuum or instead a sequences of discrete entities and how stable 

and important these phenotypic states are in different tissue contexts [Yang et al., 2020]. 

1.3.2 EMT-MET cycles 

One of the key features of epithelial-mesenchymal plasticity is its reversibility with cells often undergo 

through cycles of sequential EMT and MET transitions [Yang et al., 2020]. A classical process that 

involves sequential EMT-MET is heart development. The heart develops from mesodermal heart 

precursors that undergo EMT, ingress through the primitive streak during gastrulation and migrate in 

the lateral plate mesoderm, where they undergo MET and assemble two bilateral heart fields. 

Following the coalescence of these two territories into a single heart tube at the ventral midline, a 

second and third cycle of EMT-MET drive respectively the establishment of endocardium and 

epicardium layer [Abu-Issa & Kirby, 2007; Lim & Thiery, 2012; Sugi & Markwald, 1996]. Therefore, EMT-

MET cycles enable cells to migrate for long distances to their target location and to contribute to 

several tissues and cell types. 

 

Work on in vitro somatic cell reprogramming and differentiation shed a new light on the relevance of 

EMT-MET cycles, suggesting that the transition through a mesenchymal state is important for cell 

decision-making. During somatic cell reprogramming, application of a cocktail of transcription factor 

known as Yamanaka factors [Takahashi & Yamanaka, 2006], leads to reprogramming of mesenchymal 

somatic cells into epithelial pluripotent stem cells [Hansson & Chien, 2012; Li et al., 2010]. MET was 

found to be a prerequisite for reprogramming of several somatic cell types, such as mouse embryonic 

fibroblasts, human adult fibroblasts, cultured B cells, hematopoietic and spermatogonial stem cells [An 

et al., 2017; Di Stefano et al., 2014; Gao et al., 2016; X. Liu et al., 2013; Subramanyam et al., 2011]. 

However, it was shown that induction of EMT at early stages of reprogramming, prior to MET, further 
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enhances reprogramming efficiency compared to exclusive induction of MET in some cell types [Di 

Stefano et al., 2014; X. Liu et al., 2013]. 

There is growing evidence that an EMT-MET sequence is also important for in vitro differentiation [Li 

et al., 2017]. The transition of human embryonic stem cells through an intermediate mesenchymal 

state before MET is required for hepatic lineage commitment [Li et al., 2017], reflecting the EMT-MET 

sequence observed during liver development in vivo [Choi & Diehl, 2009]. Therefore, the transit 

through a mesenchymal phase appears to be a crucial crossroad for cell fate choice at early phases of 

both pluripotency reprogramming and differentiation, although the molecular mechanisms at the 

basis of it are still unknown. It has been speculated that an initial pulse of EMT might promote cell 

synchronization or ensure that cells are in an ‘optimal mesenchymal state’ more permissive to 

reprogramming [Pei et al., 2019; Shu & Pei, 2014] by affecting the epigenetic landscape of cells [Li et 

al., 2017]. Exploring whether a transient EMT step plays a similar role in cell fate decisions in vivo 

remains an important future challenge. 

1.3.3 Propagation of MET across tissues 

A fundamental question raising from the study of MET in multicellular systems is how MET transition 

propagates across tissues. More precisely, what are the components and the regulatory networks 

involved in driving the spreading of epithelial polarity? Is epithelialization executed entirely cell-

autonomously or a coordinated collective behavior? How do cells that undergo MET affect the 

organization of surrounding cells? Currently, the mechanisms underpinning the spreading of 

epithelialization in vivo are poorly understood, mainly due to the limited in vivo accessibility to the 

process in real-time. Based on observations from the available systems, a set of hypothetical modes of 

MET propagation have been suggested. They can be loosely classified as single-cell MET and collective 

MET (Figure 1.2) [Kim et al., 2016]. 
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Figure 1.2: Hypothetical modes of MET propagation 

(a) In the single-cell MET, individual mesenchymal progenitors undergo MET transition by inserting into a pre-

existing epithelium, giving rise, for example, (b) to multiciliated cells in the Xenopus developing epidermis 

(adapted from [Kim et al., 2016; Stubbs et al., 2006]) (c) A particular case of single-cell MET occurs during the cell 
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slithering process that drives the formation of neurosensory organs in the mouse lung. Here, individual 

neuroendocrine progenitors adopt a mesenchymal state, which enables them to delaminate from the epithelium 

of origin and migrate on top of the neighboring cells. The cells would then reintegrate into the epithelium of 

origin and re-epithelialize several cell diameters away where other neuroendocrine progenitors are located, 

forming a new neurosensory organs [Kuo & Krasnow, 2015; Noguchi et al., 2015] (adapted from [Kim et al., 2016; 

Kuo & Krasnow, 2015]). (d) The all-at-once MET is a modality of collective MET where cells undergo MET 

transition simultaneously, (e) for example during compaction of the 8-cell stage mouse embryo (adapted from 

[Kim et al., 2016; Thomas et al., 2004]). (f) The propagated MET is a modality of collective MET where 

epithelialization progressively spreads across the mesenchymal pool from a ‘seed’ of few initiator cells, (g) such 

as during formation of the kidney tube in the chicken embryo. The yellow arrows indicate the assembled lumen 

(adapted from [Atsuta & Takahashi, 2015; Kim et al., 2016]). In the schematics, the blue color indicates an 

epithelial phenotype, the brown color a mesenchymal phenotype and shades in between represent a ‘hybrid’ 

phenotypic state. 

 

1.3.3.1 Single-cell METs  

Single-cell MET occurs when a single independent cell intercalates into a pre-formed epithelium and 

adopt the epithelial features of the neighboring cells (Figure 1.2 a). MET, in this case, is exploited to 

either maintain or expand an epithelium or to populate it with specialized cells. This strategy is 

employed during homeostatic replenishment of multilayered epithelia such as airway, tracheal, 

corneal and olfactory epithelia [Evans et al., 2001; Y. F. Leung et al., 2007; Rock et al., 2009], which rely 

on a basal pool of a mesenchymal progenitor cells for epithelial renewal. In other contexts, single-cell 

MET is at the basis of the radial intercalation of specialized cell subtypes into the epithelium (Figure 

1.2 b), such as multiciliated cells and other accessory cells forming the epidermis of the Xenopus 

embryo [Dubaissi et al., 2014]. Multiciliated cells are derived from a basally located mesenchymal pool 

and insert into the overlaying epithelial sheet through a cell autonomous process of apical emergence 

[Sedzinski et al., 2016]. Similarly, during renal tubulogenesis in Drosophila, mesenchymal cells from the 

caudal visceral mesoderm basally integrate within the pre-formed tubule by undergoing MET and 

differentiate into stellate cells [Campbell et al., 2010]. 

1.3.3.2 Single-cell EMT-MET during ‘slithering’ 

A form of single-cell MET is involved in the regular pattern of assembly of sensory organs, for example 

the neuroendocrine mini-organs in the mouse lung (NEB) [Kuo & Krasnow, 2015; Noguchi et al., 2015] 

and the taste buds in zebrafish [Kapsimali, 2017; Soulika et al., 2016]. Formation of NEBs is a multistep 

process that engages cells in a single-cell EMT-MET cycle and involves a modality of cell migration 

called ‘slithering’ (Figure 1.2 c). First, neuroendocrine cells (NE) transiently adopt a mesenchymal 

phenotype to dissociate from the bronchial epithelium and slither on the apical sides of neighboring 

cells. Second, migrating NE cells reintegrate into the bronchial epithelium at airway branch junctions 

and re-epithelialize forming clusters of NE cells [Kuo & Krasnow, 2015; Noguchi et al., 2015]. 

Progressive addition of NE cells gives rise to mature NEB clusters. The process is accompanied by 

changes in expression of transcription factors, polarity and adhesion proteins consistent with a 

transient EMT transition followed by a MET [Kuo & Krasnow, 2015].  
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1.3.3.3 Collective METs 

In collective METs, multiple cells are engaged in the MET transition in a coordinate manner. Depending 

on the modality of cellular engagement, collective MET can be described as ‘all-at-once MET’ or as 

‘propagated MET’. In the all-at-once MET, a group of cells aggregate and undergo a simultaneous MET 

(Figure 1.2 d). Coordination of the onset of MET might rely on cell non-autonomous cues, such as a 

homogeneous tension exerted from a fluid [Chan et al., 2019], from compaction or from 

extraembryonic membranes [de Vries et al., 2004; Münster et al., 2019]. Compaction is the 

developmental process by which cells participating in a ‘grape-like’ cluster tighten into a more packed 

structure [Turlier & Maître, 2015]. In the 8-cell stage mammalian embryo, an E-cadherin-dependent 

compaction drives homogeneous MET of the loosely adhesive blastomeres by spreading cell-cell 

contacts area, flattening the outer surface of the cells and establishing apical basal polarity (Figure 1.2 

e) [Fleming & Johnson, 1988; Kim et al., 2016; Maître et al., 2015]. 

In a propagated MET, a few initiator cells undergo MET at first and the transition subsequently spreads 

from them across a mesenchymal pool by progressive recruitment of neighboring cells (Figure 1.2 f). 

Some initiatory ‘leader’ cells are thus sufficient to seed epithelialization and to propagate it to 

‘follower’ cells. It has been proposed that propagated MET is involved in a variety of tubulogenesis 

processes in development [Kim et al., 2016]. During Wolffian duct morphogenesis in chicken embryo, 

for example, a progressive epithelialization wave across the collectively migrating kidney progenitors 

drives assembly of a tubular structure equipped with luminal tight junctions and E-cadherin (Figure 1.2 

g) [Atsuta & Takahashi, 2015; Attia et al., 2015]. 

Mechanisms underpinning the inter-cellular transduction of polarity information are still mostly 

unexplored. Intriguingly, it has been suggested that mechanical traction and cellular mechanosensing 

might be involved in MET propagation [Kim et al., 2016]. Recent studies on collectively migrating 

tissues and on hindgut formation seem to support this idea [Nerurkar et al., 2019; Petridou et al., 

2017]. In the chick embryo, elongation of the hindgut tube relies on a directional collective movement 

of connected endodermal cells, which is coordinated by an FGF8-mediated contraction gradient. By 

reaching the domain with high level of FGF8, endodermal cells contract and, while doing so, they 

actively drag connected neighbor cells into the ‘contractile’ FGF region and the contraction wave 

propagates progressively. Therefore, the interplay of inter-cellular coupling together with an FGF 

gradient drives recruitment of new cells in the forming hindgut and progressive cell tightening and 

packing [Nerurkar et al., 2019]. 

1.3.3.4 Lumen formation and MET 

Establishment of apical-basal polarity and MET are often coupled with lumen formation, for example 

during formation of tubular networks (such as the ureteric bud or tracheal intercellular tubes) or 

hollow structures (such as the Kupffer’s vesicle). Two main mechanisms underlying de novo lumen 

formation associate with MET [Marciano, 2017]: ‘hollowing’ and ‘cavitation’. During hollowing, specific 

apical vesicles are exocytosed directionally at cell-cell contact points and their fusion leads to de novo 

formation of a central lumen. In cavitation, selective apoptosis of the innermost cells in a solid cellular 



14 

 

mass determines formation of a hollow lumen and apical-basal polarization of cells surrounding it. The 

first mechanism is observed in early kidney tubulogenesis [Marciano, 2017], while the second one in 

mammary acini and salivary gland development [Debnath & Brugge, 2005]. 

An important model system for lumenogenesis are MDCK cells, a 3D epithelial culture model 

assembling monoclonal cysts from single plated cells. Interestingly, studies on MDKC cells showed that 

cells employ cavitation and hollowing complementarily depending on the contexts. While plating cells 

in matrigel leads to hollowing, the use of a loosely polarizing matrix such as collagen leads instead to 

cavitation, suggesting that cavitation is a corrective mechanism if the rate of cell polarization is too 

slow [Marciano, 2017]. 

In the process of hollowing of MDCK cysts, axis of cell division plays a pivotal role in orienting apical 

polarity. Following a first round of mitosis, MDCK cells display an inverted polarity with apical proteins 

such as Crumbs and Podocalyxin facing the ECM. At 2-cell stage, the axis of polarity reorients to the 

site of cytokinesis and apposition between the two daughter cells, the so called midbody region  

[D. M. Bryant et al., 2010, 2014; Ferrari et al., 2008]. This reorientation occurs via transcytosis and 

recruitment of apical domain proteins to a forming apical patch in the midbody region, followed by 

opening of a de novo lumen at the interface between the two cells and its progressive expansion. 

Misorientation of the division axis or mislocalization of the midbody lead to abnormal lumen or 

multiple lumen phenotypes [Jaffe et al., 2008]. Once initiated, the forming lumen can further expand 

through cell division and accumulation of fluid [D. M. Bryant et al., 2010]. In addition, electrostatic 

repulsion mediated by exposure of negatively charged molecules at the apical membrane (such as 

Podocalyxin) might be implicated in induction or maintenance of lumina through their anti-adhesive 

properties [Shahbazi et al., 2017]. In mouse embryogenesis, MET is accompanied by formation of a 

lumen through hollowing during the reorganization of the inner cell mass into a rosette-shaped 

structure [Bedzhov & Zernicka-Goetz, 2014].  
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1.4 Cell sorting 

One of the most prominent features of development is the capability to coordinate the spatial 

segregation of cells into distinct domains. A classical example of this process is the lineage segregation 

occurring in early mouse blastocysts (Figure 1.3 b). Here, progenitors of the primitive endoderm are 

specified stochastically in the inner cell mass, in a ‘salt and pepper’ pattern [Hermitte & Chazaud, 

2014]. At 64-cell stage, these progenitors sort from epiblast cells and migrate at the interface with the 

blastocoel cavity, where they form the primitive endoderm, an epithelial layer marked by tight 

junctions and apically localized aPKC [Meilhac et al., 2009; Plusa et al., 2008; Saiz et al., 2013]. What 

are the mechanisms at the basis of cell segregation? Fundamental advances in the study of cell sorting 

come from in vitro studies of intermixed cell populations. Studies on dissociated amphibian embryonic 

cells pioneered by Holtfreiter showed that mixtures of cells obtained from different embryonic tissues 

are able to spontaneously sort into homotypic domains when re-aggregating (Figure 1.3 a), mirroring 

the relative spatial organization of tissues observed in vivo [Townes & Holtfreter, 1955]. Partitioning 

into homogeneous domains was also observed in aggregates of germ layer progenitors obtained from 

hydra, zebrafish embryos and Rana Pipiens [Davis et al., 1997; Foty et al., 1996; Rieu et al., 1998]. The 

finding that cells can discriminate the identity of their neighbors and segregate depending on a certain 

‘cell affinity’ [Townes & Holtfreter, 1955] led Steinberg to formulate the idea that cells behave like 

molecules of immiscible fluids and that differences in tissue surface tension underlie the sorting of 

cells, predicting that cells with similar surface tension would co-segregate and that lower surface 

tension-cell regions would encircle higher surface tension-cell regions [Foty & Steinberg, 2005].  

Various theoretical models have been proposed to explain differences in tissue surface tension 

underlying sorting. In the ‘Differential Adhesion Hypothesis’ (DAH) hypothesis, Steinberg proposed 

that intercellular adhesion strength was sufficient to explain cell segregation into homotypic domains 

and their relative positioning [Foty & Steinberg, 2005; Steinberg, 1970]. The DAH model was later 

expanded by the recognition that cortical tension, generated by the contractile actomyosin 

cytoskeleton, is a crucial contributor of tissue surface tension [Harris, 1976], resulting in the 

formulation of the Differential Interfacial Tension hypothesis (DITH) [Brodland, 2002]. According to 

this integrated model, the interplay of cell-cell adhesion and cortical contractility is at the basis of the 

tension generated at cell-cell and cell-medium interfaces and the formation and stability of cell 

contacts depends on the antagonism of these two players [Brodland, 2002; Maître, Salbreux, et al., 

2012]. 

At the molecular level, sorting could result, for example, from differential expression levels of a certain 

cadherin, as suggested for the segregation of intermixed fibroblast cells presenting different levels of 

N-cadherin and for the interaction of oocytes with follicle cells in Drosophila  [Foty & Steinberg, 2005; 

Godt & Tepass, 1998]. In other cases, sorting might result from the expression of different sets of 

adhesion molecules at the surfaces of different cell types [Miyatani et al., 1989; Nose et al., 1988]. 

Based on the assumption that homophilic bindings are preferred to heterophilic ones, the expression 

of distinct cadherin subtypes has been suggested to mediate the segregation of neuronal populations 

in the mouse telencephalon, of motoneurons in the chick spinal cord and, more recently, of neural 
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progenitors in the zebrafish spinal cord [Inoue et al., 2001; Price et al., 2002; Tsai et al., 2020]. 

Differences in cortical tension, however, have been proposed as the major contributors to interfacial 

tension in several contexts, such as the segregation of zebrafish germ-layer progenitors in vitro and in 

mammalian trophectoderm segregation (Figure 1.3 c) [Krieg et al., 2008; Maître et al., 2012; Maître et 

al., 2016]. Indeed, during the 8 to 16 cell-stage transition of the mammalian blastocyst, blastomeres 

segregate in an outer position or in an inner position depending on differences in their actomyosin 

contractility, generated by asymmetric inheritance of a non-adhesive apical domain during division 

[Maître et al., 2016]. While highly contractile cells are internalized as precursors of  the inner cells 

mass, the lower contractile outer cells (that inherited the apical domain) give rise to the 

trophectoderm layer, the first epithelium formed in the embryo, which establishes tight and adherens 

junctions that seal the embryo [H. Wang et al., 2008; Zenker et al., 2018]. 

Various other cell properties and mechanisms have been suggested to contribute to cell sorting, such 

as differential cell motility [B. M. Jones et al., 1989], directed migration [Krens et al., 2017; Townes & 

Holtfreter, 1955], cell repulsion at heterotypic cell contact interfaces [Fagotto et al., 2013]. This latter 

modality in particular seems to be important to sharpen boundaries forming between tissues, via a 

process mediated by Ephrin/Eph signaling-dependent increase in interfacial tension at heterotypic 

interfaces [Canty et al., 2017; Rohani et al., 2011]. In addition, a recent preprint investigating primitive 

endoderm sorting in mouse blastocyst suggested that differences in surface fluctuations between 

prospective endoderm cell and epiblast cells, namely an increased blebbing behavior of the former, 

could be implicated in the sorting of the two lineages [Yanagida et al., 2020].  

 

The technological advances in genetic perturbation and measurement techniques developed in the 

last decade have enabled the access to intact organisms for the investigation of sorting mechanisms. 

However, some discrepancies observed between in vivo and in vitro assays raised the important 

question of whether and when the sorting potential of cells is relevant for developmental processes 

[Krens & Heisenberg, 2011]. To what extent are the modalities of sorting identified in vitro actually 

employed in vivo? For instance, differences in tissue surface tension were shown to drive segregation 

of zebrafish germ layer progenitors in an in vitro re-aggregation assay, but not in vivo, where directed 

migration appeared instead to be the major contributor of the sorting process and no difference in 

tissue surface tension could be detected [Krens et al., 2017]. The authors suggested that the 

incongruence in term of tension between the in vitro and in vivo systems could be explained by the 

different osmolarity of the culture medium compared to the interstitial fluid present in the embryonal 

physiological context [Krens et al., 2017]. This and other studies highlights the importance of assessing 

differential tissue surface tension in vivo and investigating the influence of sorting during development 

of intact organisms [Krens & Heisenberg, 2011; Ninomiya et al., 2012]. 

Another fundamental question with respect to cell sorting in vivo is how is sorting reliably controlled 

during development, to give rise to reproducible patterns. Cell sorting is indeed often accompanied by 

cell fate changes, state transition, boundary formation and other morphogenetic processes. It has 

been suggested that, in the mouse inner cell mass, the sorting of the prospective primitive endoderm 

cells might be driven by their progressive polarization and epithelialization, occurring as cells acquire 
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an endodermal identity through a FGF-dependent increase of ERK signaling [Hermitte & Chazaud, 

2014; Moore et al., 2009]. In addition, a recent study demonstrated that, in the zebrafish spinal cord, 

cell type-specific cadherin expression is regulated, together with cell fate specification, by the Sonic 

hedgehog morphogen gradient, suggesting that an interplay between the classical morphogen-based 

model and the tuning of cell adhesive properties might enhance robustness in patterning [Tsai et al., 

2020]. 

 

 

 

Figure 1.3: Cell sorting 

(a) In their pioneering experiments, Townes and Holtfreter observed that dissociated cells derived from different 

amphibian tissues spontaneously re-segregate into homotypic domains after mixing (adapted from [Heisenberg, 

2017; Townes & Holtfreter, 1955]). (b) In the inner cell mass of the mouse blastocyst, precursors of primitive 

endoderm and of epiblast initially specify in a salt and pepper pattern in an FGF signaling-dependent mechanism 

and later sort into homotypic cell domains, forming the primitive endoderm and the epiblast (modified from 

[White et al., 2018]). (c) Schematic representing the first lineage segregation event during mouse pre-

implantation development. The process is recapitulated during the formation of mini-blastocysts, a simplified 
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experimental system obtained by the isolation of individual blastomeres from 8-cell stage embryos. Apical 

domains form at contact-free surfaces of blastomeres and their asymmetric inheritance during cell division 

impacts cell contractility and sorting. Low contractile cells inheriting the apical domain tend to segregate to outer 

position within the blastocyst, while highly contractile apolar cells move to inner positions, becoming respectively 

trophectoderm and inner cell mass (modified from [Srinivas & Rodriguez, 2017]and referred to [Korotkevich et 

al., 2017; Maître et al., 2016]). Scale bar (b) 10 µm. 
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1.5 FGF signaling  

1.5.1 The FGF signaling axis 

Fibroblast growth factor receptor (FGFR) and its ligand fibroblast growth factor (FGF) play pivotal roles 

for cell-cell communications in a plethora of biological contexts, from development to homeostasis, 

regeneration and disease. Belonging to the group of tyrosine kinase receptors, FGFRs are a family of 

single-pass plasma membrane proteins that is highly conserved across phyla, from metazoans to 

humans. FGFR is activated upon binding secreted fibroblast growth factor (FGF) ligands. In humans, 4 

FGFR and 22 FGFs are encoded. The human FGFR has an extracellular domain, which is composed of 

three immunoglobulin-like subunits (Ig from I to III), a transmembrane domain and two intracellular 

kinase domains (Figure 1.4 a). FGF ligand binds Ig-II and Ig-III domains. The FGFR kinase domain 

presents a typical bi-lobed structure with a binding site for ATP at the lobe interface, which toggle the 

kinase between an open and closed configuration [Dai et al., 2019] during catalytic cycles. Upon 

binding of FGF ligand, FGFR dimerizes and juxtaposition of tyrosine kinase domains enables trans-

phosphorylation of tyrosine residues at the C-terminal tails, which constitute multiple docking sites for 

several adaptor and effector cytoplasmic proteins, that in turns trigger intracellular signaling pathways 

[Hubbard & Miller, 2007]. Four main intracellular signaling cascades are activated by FGFR 

phosphorylation: Ras/MAPK, PLCγ/Ca2+, the PI3K/AKT and STAT pathway. FRS2alfa phosphorylation 

and binding of GRB2 are the first steps of Ras/MAPK and PI3K/AKT cascade triggering (Figure 1.4 a) 

[Kouhara et al., 1997]. The Ras/MAPK pathway activates transcription factors that induce expression 

of FGF-specific target genes such as pea3, while PI3K/AKT promotes cell proliferation by inactivating 

FOXO1 transcription factors and activating mTOR complex [Manning & Cantley, 2007]. PLCγ activation 

induces an increase in calcium concentration and activates PKC [Dudka et al., 2010; Peters et al., 1992]. 

Activation of proteins of the STAT family, finally, also results in expression of FGF-specific target genes 

[Su et al., 1997]. 

1.5.2 Regulation of FGF signaling in tissues 

Several regulators and mechanisms tightly tune FGF signaling at different levels. A first level of control 

is the accessibility of the FGF ligand. FGF is one of the main morphogens during development and thus 

its distribution and levels need to be tightly regulated, as they encode crucial information involved in 

cellular decision-making [Makarenkova et al., 2009; Shimokawa et al., 2011]. Diffusion of secreted FGF 

in the extracellular matrix is limited by high affinity binding to heparin sulfate (HS) [Matsuo & Kimura-

Yoshida, 2013; Ornitz, 2000; Yayon et al., 1991]. HS are long polysaccharidic chains of the ECM that 

can be bound to core proteins (proteoglycans, HSPG), associated to cell surfaces or secreted in the 

ECM. HSPG intrinsic regulation (expression, secretion and cleavage) and differential affinity with 

different FGFs are thus crucial for establishment of extracellular FGF gradients and together tune the 

range of action of FGF ligands [Makarenkova et al., 2009; Shimokawa et al., 2011]. Indeed, canonical 

FGFs mostly have a paracrine or autocrine range of action, while only the subfamily of FGFs that 

displays a very low affinity for HSPG presents an endocrine range [Goetz et al., 2007]. Reduced 
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diffusion of FGF by HSPG-dependent retention might be crucial to generate local spikes in FGF 

concentration required in some biological contexts, for example during joint formation. Indeed, 

expression of a mutated version of FGF9, whose affinity with HSPG is reduced, results in defective joint 

formation [Harada et al., 2009; X. lin Wu et al., 2009]. Assembly of enclosed extracellular spaces 

wherein FGF ligands are trapped, such as microlumina in the zebrafish lateral line primordium [Durdu 

et al., 2014] or the fluid-filled cavity of the mouse blastocyst [Ryan et al., 2019] represents another 

strategy to restrict the access of the FGF ligand to a specific subset of cells. In addition, FGF can be 

sequestered by binding decoy receptors lacking the intracellular kinase domain, such as FGFRL1 [Trueb, 

2011] or secreted forms composed exclusively of the extracellular domains of the receptor Ig-II and III 

[Duan et al., 1992; Tomlinson et al., 2005]. Binding with other secreted proteins such as FGFBP1 

contributes instead to the mobilization of the HS-trapped FGF pool [Czubayko et al., 1997]. Other 

strategies to regulate FGF, particularly important for gradient formation, are the control over FGF 

secretion, its endocytosis and intracellular trafficking [Peterson & Krasnow, 2015; Yu et al., 2009]. 

 

A second level of control is FGFR. While the extracellular domain Ig-II and III of the receptor are 

responsible for the binding of FGF, an auto-inhibition mechanism relies on Ig-I and a conserved acidic 

box (located between Ig-I and Ig-II), which suppress FGF and HSPG binding [Kalinina et al., 2012]. 

Ligand-binding specificity can be tuned through alternative splicing of the Ig-III domain of FGFR1-3, 

increasing even more the combinatorial possibilities of the system [Chellaiah et al., 1994; Werner et 

al., 1992]. Interaction with HSPG also regulates FGF-FGFR complex formation by increasing affinity 

between FGF and FGFR [Matsuo & Kimura-Yoshida, 2013] and by regulating the binding specificity 

[Matsuo & Kimura-Yoshida, 2013; Ornitz, 2000; Yayon et al., 1991]. 

Regulation of FGFR synthesis, exposure at the plasma membrane, degradation and subcellular 

trafficking is also important for modulation of FGF signaling and depends on interactions with specific 

intracellular adaptors, kinases and phosphatases [Francavilla et al., 2013]. Classically, upon FGF ligand 

binding, FGFR undergo endocytosis, ubiquitination and degradation in the lysosome [Wong et al., 

2002]. Different proteins can functionally interact with FGFR and affect its stability, including NCAM 

and N-cadherin (NCAD) [Cavallaro & Christofori, 2004]. NCAM is a surface glycoprotein of the Ig 

superfamily composed of five Ig-like domains and two Fibronectin type II modules [Hinsby et al., 2004] 

that drives cell-cell adhesion through homophilic and heterophilic binding in cis and trans. Its 

functional interaction with FGFR has been reported in neural cells during neurite projection outgrowth 

[Williams et al., 1994]and in several other cell types [Francavilla et al., 2007; Sanchez-Heras et al., 

2006]. NCAM behaves as non-conventional ligand of FGFR and differentially regulates intracellular 

trafficking of the receptor [Francavilla et al., 2009]. Binding with NCAM promotes RAB11-mediated 

FGFR recycling at the plasma membrane, while NCAM activation itself is also enhanced [Francavilla et 

al., 2009]. NCAD also interacts with FGFR and prevents its degradation by inhibiting its endocytosis 

[Kon et al., 2019]. In turn, FGFR stabilizes NCAD at cell-cell contacts by stimulating its anchoring to actin 

and adhesion strengthening [Nguyen et al., 2019].  
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A third level of control is the intracellular signaling. To precisely modulate cell responses and to ensure 

a tight control over signaling, activation of FGF pathway triggers not only the expression of positive 

regulators of the pathway, such as pea3 and ERM [Raible & Brand, 2001], but also of its own negative 

regulators Sprouty [Kim & Bar-Sagi, 2004], Sef [Fürthauer et al., 2002; Tsang et al., 2002], Dusp6 

[Camps et al., 1998]. They can constitute regulatory positive and negative feedback loops in the same 

intracellular route that lead to their activation or in other FGF signaling-dependent routes. 

1.5.3 FGF signaling and epithelial mesenchymal interactions and transitions in 

development  

At cellular level, FGF signaling has diverse biological functions and promotes a plethora of distinct 

programs, from cell survival, migration, proliferation and differentiation. These contributions are 

integrated into fundamental tissue-wide processes during development and organogenesis, in a 

context-specific manner. Here we focus on the role of FGF signaling in epithelial-mesenchymal 

interactions and in EMT/MET transitions (Figure 1.4). 

1.5.3.1 FGF and epithelial-mesenchymal interactions 

FGF signaling is crucial for epithelial-mesenchymal interactions. Interestingly, it has been observed that 

FGF subfamilies and alternative splicing isoforms of FGFR can be tissue specific. In many contexts, 

FGFR1 and 2 isoforms with Ig-IIIc are detected consistently in mesenchymal cells and are responsive 

to epithelial FGFs, while the Ig-IIIb isoform is often expressed in epithelial cells and it bounds 

mesenchymal-produced FGFs [Bellusci et al., 1997; MacArthur et al., 1995]. This reciprocal signaling 

code, given by the tissue-specific expression of distinct sets of FGFRs and FGFs in epithelial and 

adjacent mesenchymal cells, is crucial to select the responder counterpart.  

In the context of epithelial-mesenchymal interactions, FGFs have been shown to act as classical 

chemoattractant cues, as chemorepellent cues or as coordinators of patterning. 

An example of FGF used as chemoattractant is during formation of branched tubular organs, such as 

branching morphogenesis of tracheal network in Drosophila (Figure 1.4 b) [Sutherland et al., 1996]. 

During Drosophila trachea formation, the FGF ligand branchless is secreted from mesenchymal cells 

and drives a directional migration of adjacent epithelial tracheal cells. Tip ‘leader’ tracheal cells having 

high level of FGFR breathless are required to lead the sprouting of the tracheal branches toward FGF 

sources, while ‘follower’ cells collectively migrate with them [Gabay et al., 1997; A. S. Ghabrial & 

Krasnow, 2006]. Similarly, expression of FGF10 from mesoderm adjacent to the site of lung bud 

formation appears to regulate epithelial branching during lung formation in mouse [Min et al., 1998; 

Sekine et al., 1999].  

Distinct FGFs can also serve as chemoattractant and chemorepellent in the same system, during chick 

gastrulation and axonal growth in the midline [Chuai & Weijer, 2009; Dos Santos et al., 2019; Shirasaki 

et al., 2006]. For instance in chick, during the migration of mesoderm cells that follows ingression, FGF8 

expressed in the streak behaves as a repellant cue, while FGF4 expressed in the forming notochord 
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acts as an attractor cue, driving migrating cells back to the midline (Figure 1.4 c) [Oates et al., 2012; 

Serrano Nájera & Weijer, 2020].  

Furthermore, FGF can function as coordinator of patterning of adjacent tissues, for example during 

generation of the periodic pattern of hair follicles and feather buds. The periodic pattern of hair 

follicles arises from two associated patterning events: condensation of mesenchymal cells in discrete 

multicellular aggregates in the dermal layer and the formation of epidermal hair placodes in the 

epidermis (Figure 1.4 d). Interactions between BMP, FGF and WNT pathways in the epidermis drive 

formation of an epidermal periodic pattern, which in turn serves as a guiding template for dermal 

condensation by establishing local foci of FGF secretion [Glover et al., 2017]. FGF in fact promotes local 

recruitment and aggregation of mesenchymal cells at FGF foci, at the dermal-epidermal interface, 

acting as a chemoattractant. Importantly, dermal mesenchymal cells are able to aggregate into 

discrete condensates in absence of epidermal instructions, showing a latent self-organizing potential. 

Thus, focused sources of FGF are not required for the periodic pattern of mesenchymal condensates. 

Rather, the establishment of foci of FGF production in the epidermis during hair follicle formation 

ensures a tight coupling between dermal and epidermal patterning, that robustly and efficiently 

organizes the global pattern of hair follicles [Glover et al., 2017]. FGF fulfils a similar role in coupling 

epidermal and dermal patterning in feather bud formation. In the avian skin, that also consists of a 

dermal and an epidermal layer, patterning of epidermal is initiated by mechanical forces within the 

dermis. Indeed, formation of mesenchymal condensates in the dermis drives compression and bucking 

of the overlying epidermal layer [Shyer et al., 2017]. This compression in turn triggers differentiation 

of the epithelial placode via β-catenin-mediated activation of Wnt signaling and leads to activation of 

FGF production [Ho et al., 2019; Shyer et al., 2017]. FGF20 foci in the epithelial placode then guide 

condensation of dermal mesenchymal cells (like in hair bud formation), that, in a positive feedback 

loop, further reinforces the epidermal patterning and amplify FGF20 epithelial production [Ho et al., 

2019]. The coordination between the dermal and epidermal patterning systems thus relies on FGF. 

1.5.3.2 FGF and EMT/MET transition 

Another key function of FGF is to induce epithelia-mesenchymal state transitions (EMT and MET) in a 

multitude of morphogenetic contexts. A classical example of FGF-dependent EMT dependent is 

mesoderm formation during mouse gastrulation. Here, FGF8 signaling drives EMT of epiblast cells that 

is required for cells to migrate away from the primitive streak and, though ingression, to form the 

mesoderm layer [Ciruna & Rossant, 2001; Sun et al., 1999]. Similarly, FGF signaling is also involved in 

Drosophila mesoderm formation during ventral furrow invagination. In this context, FGF not only act 

as chemoattractant but activation of FGFR Heartless also promotes loss of epithelial polarity by 

remodeling of E-Cadherin-dependent adhesions [Clark et al., 2011].  

FGFs are implicated in several aspect of the emergence of the limb bud, such as regulation of 

proliferation and patterning. Furthermore, it has been found that, at early stages of limb bud induction, 

FGF10 expressed by the lateral plate mesoderm drives localized EMT of cells of coelomic epithelium 

and elicits in this way their recruitment to the limb bud, where they later on proliferate and 

differentiate [Gros & Tabin, 2014; Jin et al., 2019]. FGF signaling orchestrates MET during lateral line 
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neuromast assembly, chick hindgut (Figure 1.4 e) and Kupffer’s vesicle formation (Figure 1.4 f) [Matsui 

et al., 2015; Nerurkar et al., 2019; Revenu et al., 2014]. The Kupffer’s vesicle, the left-right organizer of 

the body plan of zebrafish, is a fluid-filled sphere derived from collectively migrating clusters of dorsal 

forerunner cells. Dorsal forerunner cell clusters rely on autocrine FGF8 signaling and on activation of a 

FGF positive feedback loop for expression of Cdh1, Canopy1 and Tbx16, which are involved in 

compaction and epithelialization of the clusters [Amack et al., 2007; Matsui et al., 2011, 2015; Oteíza 

et al., 2008]. 

 

In some contexts, FGF signaling is instead required to prevent epithelialization, such as during somite 

formation (Figure 1.4 g) from presomitic mesoderm cells (PSM) [Naoki & Matsui, 2020]. Somites 

assemble from PSM through the interaction of antagonistic signaling gradients, travelling rostro-

caudally across the embryo, and molecular oscillators (Notch and Wnt), according to the so called 

‘clock and wavefront’ model [Aulehla & Pourquié, 2010; Cooke & Zeeman, 1976]. The process results 

in a progressive MET transition that leads to periodic assembly of discrete epithelial condensates. In 

this context, FGF, Wnt and retinoic acid establish spatial gradients throughout the PSM, regulating the 

wavefront. High level of FGF in the tail bud prevents MET transition by inducing Snail2 expression, 

while cells exposed to level of FGF below a certain threshold are in a state permissive to MET [Dale et 

al., 2006; Sawada et al., 2001]. FGF-dependent increase of random cell motility, in addition, ensures 

that cells move away from the precursor zone and from high levels of FGF [Bénazéraf et al., 2010; 

Oginuma et al., 2017]. It has been recently suggested that, in zebrafish, the spatial fold-change in FGF 

signaling levels detected by adjacent PMS cells encodes the positioning of somite borders (and thus 

segment size) [Simsek & Özbudak, 2018]. During formation of the Wolffian duct in chick embryos, 

similarly, FGF8 prevents epithelialization while promoting tubule elongation and cellular migration 

[Atsuta & Takahashi, 2015]. 
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Figure 1.4: FGF signaling pathway and biological functions in development 

(a) FGF signal transduction pathway (adapted from [Mason, 2007]). FGFR is a tyrosine kinase receptor that, upon 

binding with FGF ligand and heparin sulfate proteoglycan (HSPG), dimerizes and activates the tyrosine kinase 

activity. Transphosphorylated tyrosines in the kinase domains provide docking sites for the activation of 

cytoplasmic proteins that trigger downstream signaling cascades, such as the Ras/MAPK, PLCγ/Ca2+, STAT and 

PI3K/AKT [Mason, 2007]. (b) During the developing Drosophila trachea, branchless FGF ligand (bnl) secreted by 

clusters of mesenchymal cells serves as chemoattractant for guiding the sprouting and the migration of tracheal 

cells via FGFR (btl) signaling. Secondary and terminal branch formation also relies on Bnl/Btl signaling (adapted 

from [A. Ghabrial et al., 2003]). (c) During chick gastrulation, streak cells migration is coordinated by a FGF8-

mediated chemorepulsion and a FGF4-mediated chemoattraction (adapted from [Oates et al., 2012; Serrano 

Nájera & Weijer, 2020]). (d) During hair follicle patterning, FGF-secreting foci in the epidermis promote local 

recruitment and aggregation of dermal cells in regularly spaced dermal condensates, ensuring coordination 

between epidermal and dermal patterning. FGF9-soaked beads consistently attract dermal cells in skin explants 

(on the left). In the process, TGFβ2 potentiates cell aggregation to FGF foci while BMP4 prevents condensate 

expansion (adapted from [Glover et al., 2017]). (e) During chick hindgut formation, FGF signaling coordinates a 

gradient of contraction in endodermal cells, driving progressive cell packing and tissue elongation (adapted from 

[Nerurkar et al., 2019]). (f) Kupffer’s vesicle epithelialization relies on the cooperative activity of the transcription 

factors Ntl and Tbx16. FGF8-dependent expression of Tbx16, in particular, triggers Cdh1 expression and leads to 

apical clustering (adapted from [Amack et al., 2007; Matsui et al., 2011]). (g) During mouse and chick 

somitogenesis, somites sequentially assemble via the interplay of molecular oscillators and signaling gradients. 

Gradients of FGF and Wnt signaling activity establish across the paraxial mesoderm, with highest signaling activity 

in the tail bud and a progressive decrease toward the anterior portion, opposing the retinoic acid (RA) gradient. 

This sets up a cell motility gradient and a progressive anterior-to-posterior MET transition (adapted from 

[Bénazéraf et al., 2010]). Scale bar in (d) 250 μm. 
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1.6 The zebrafish posterior lateral line system 

The lateral line is the mechano-sensory system that allows the detection of water flow in amphibians 

and fish. Sensing of local vibrations in water is important for a wide range of behaviors such as 

schooling, pray detection, predator avoidance and courtship [Ghysen & Dambly-Chaudiere, 2007; 

Schlosser, 2006]. The lateral line system consists of multiple arrays of discrete sensory organs lying on 

the body surface underneath the skin, organized into two main branches, the anterior lateral line in 

the head region of the animal and the posterior lateral line in the trunk and tail region. The latter will 

be the object of description from now on.  

The posterior lateral line primordium (pLLP) originates from the lateral line placode, positioned at both 

sides of the head behind the otic vesicle [Kimmel et al., 1995]. At 18 hours post fertilization (hpf) the 

lateral line placode delaminates and splits into two clusters, the pLLP and a smaller cluster that gives 

rise to the lateral line sensory ganglion [Ghysen & Dambly-Chaudière, 2007]. pLLP is a collectively 

migrating tissue constituted of around 100 cells that migrate along both flanks of the zebrafish embryo, 

along the horizontal myoseptum, from ear to tail between 20hpf and 48hpf (Figure 1.5 a). While 

migrating, the primordium deposits from its rear five radially organized clusters of around 20-30 cells 

with a stereotyped periodicity and, by approaching the tail, fragments into two or three terminal 

clusters. These clusters, referred to as rosettes or neuromasts, mature into a set of mechano-sensory 

organs. Projections from the lateral line ganglion co-migrate with the pLLP and ensure innervation of 

the sensory organs. In between consecutive neuromasts, the pLLP deposits a connected chain of 

interneuromast cells, also referred to as ‘chain cells’ (Figure 1.5 a). After this first wave of neuromast 

deposition, in fish and amphibians, the lateral line pattern is further modified and refined during 

development and adult life with addition of supplementary sets of sensory organs according to a 

specie-specific pattern, to account for body growth. Additional sources of sensory organs are the 

second primordium, the anterior primordium and chain cells from the first and second primordium 

[Ghysen & Dambly-Chaudière, 2007]. 

1.6.1 Lateral line primordium and MET transition 

Collectively migrating tissues such as the pLLP of the zebrafish are model systems particularly suited 

for the study of MET-EMT transition in vivo. pLLP displays a tissue-scale polarity along the leading-

trailing axis of migration, which gives a gradient of cells in different states. The iterative process of 

neuromast formation and deposition requires cells of the pLLP to progressively transition from the 

mesenchymal-like ‘leader’ state to the ‘follower’ epithelial state, establishing a continuous progression 

of MET across the tissue. Cells at the leading edge of the primordium, the ‘leader’ cells, exhibit a 

mesenchymal-like morphology, spreading on the extracellular substrate and displaying front-rear 

polarity and motile protrusions (Figure 1.5 a) [Lecaudey et al., 2008]. Despite their mesenchymal state, 

they are endowed of apical-basal polarity and N-Cadherin based cell-cell adhesions [Revenu et al., 

2014]. Follower cells are located behind leader cells at the trailing edge of the tissue. They exhibit an 

epithelial morphology with a typical columnar shape, a pronounced apical-basal polarity and a higher 

height/width ratio compared to leader cells [Lecaudey et al., 2008]. Moreover, Golgi and centrosome 
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in follower cells are polarized at the apical side of the cell, while nuclei are basally located [Durdu et 

al., 2014; Harding & Nechiporuk, 2012; Revenu et al., 2014]. While displaced toward the rear of the 

primordium, follower cells progressively organize into highly packed rosette structures called pro-

neuromasts, which are sequentially deposited from the pLLP during migration. Cells in pro-neuromasts 

and neuromasts are apically constricted and radially organized, exhibiting adherens junctions, tight 

junctions and desmosomes [Durdu et al., 2014; Lecaudey et al., 2008]. During pro-neuromast 

formation, N-cadherin redistributes to the apical sides of the cells in a microtubule-dependent process 

and, as the neuromast ages, this apical N-Cadherin pool stabilizes [Revenu et al., 2014].  

1.6.2 Signaling networks in the pLLP 

Primordium polarity in a leading and trailing zone reflects the presence of two spatially distinct 

signaling poles, established by the antagonism of the Wnt/β-catenin signaling and the FGF signaling 

(Figure 1.5 b). At the leading edge of the pLLP, the Wnt/β-catenin signaling dominates and represses 

FGF signaling. Wnt signaling induces expression of its own positive regulators, such as Lef1, and of 

FGF3 and FGF10 ligands. However, it inhibits FGF signaling through expression of Sef and Dusp6, thus 

preventing responsivity of the leading edge to the produced ligands [Aman & Piotrowski, 2008; 

Matsuda et al., 2012; Tsang et al., 2002]. In addition, FGFR1a expression is downregulated in the 

leading edge [Lecaudey et al., 2008]. In the trailing zone of the pLLP, FGF signaling dominates and 

represses Wnt/β-catenin signaling. FGF signaling downregulates Wnt/β-catenin signaling by expressing 

Dkk1 and induces expression of its own positive mediators, such as FGFR1a [Aman & Piotrowski, 2008]. 

The trailing zone is thus responsive to FGF ligands secreted by the leading zone, as probed by increased 

expression of the transcriptional target of FGF signaling, pea3 [Lecaudey et al., 2008]. FGFR1a is 

expressed throughout the trailing zone apart few cells in the center of pro-neuromasts that instead 

express FGF10, the prospective hair cells [Lecaudey et al., 2008]. FGF signaling also induces the 

expression of DeltaD and Atonal (Atoh1a), implicated in the specification of hair cells within 

neuromasts [Matsuda & Chitnis, 2010; Nechiporuk & Raible, 2008]. The reciprocal regulation of the 

Wnt/β-catenin signaling and the FGF signaling keeps the balance between the leading and trailing 

zones during the progressive conversion from leader to follower cells (Figure 1.5 c). 
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Figure 1.5: Morphogenesis of the posterior lateral line primordium  

(a) During the migration of the posterior lateral line primordium (pLLP), rosette-shaped neuromasts and a string 

of chain cells in between consecutive neuromasts are deposited. The posterior lateral line primordium (pLLP) 

presents a front-rear polarity. The leading zone at the front is populated of ‘leader’ cells with mesenchymal-like 

features, while in the trailing zone ‘follower’ cells display an epithelial phenotype and organize in rosette-shaped 

pro-neuromasts. Z-projected view of a 28hpf posterior lateral line primordium, chain cells and neuromast (apical 

view) labelled with a membrane label (cldnb:lyn-GFP). (b) The leading and trailing zone identities are regulated 

by the interplay of the FGF and Wnt/β-catenin signaling pathways (adapted from [Knutsdottir et al., 2017]). (c) 

Gene expression profiles of genes involved in the lateral line primordium patterning (adapted from [Ma & Raible, 
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2009]). (d) Illustration of the luminal signaling model, where FGF ligand is trapped in a multicellular shared lumen 

and FGF signaling is amplified only in cells accessing it (adapted from [Durdu et al., 2014]). (e) Apical and z-view 

of a neuromast showing a luminal accumulation of FGF3 expressed using the LexPR/LexOP transactivation system 

(adapted from [Durdu et al., 2014]). (f) Illustration of the self-generated gradient model, where Cxcr7 in the 

trailing zone of the pLLP internalizes Sdf1a and establish in this way the local Sdf1a gradient along which the pLLP 

directionally migrate (adapted from [Donà et al., 2013]). (g) Ratiometric image of a pLLP obtained with the Cxcr4b 

tandem fluorescent timer approach, allowing the detection of a Sdf1a gradient. The Cxcr4b protein pool is older 

in the trailing zone (more red), where less chemokine is present, while newly synthetized in the leading zone 

(more blue), where more chemokine is available for binding (adapted from [Donà et al., 2013]). Scale bar (a) 20 

μm; (e) 50 μm; (g) 10 μm. 

1.6.3 FGF and MET transition in the pLLP 

FGF signaling at the rear of the pLLP enhances epithelialization of follower cells and is required for the 

morphogenesis of rosette-shaped neuromasts [Durdu et al., 2014; Harding & Nechiporuk, 2012; 

Lecaudey et al., 2008; Revenu et al., 2014]. Manipulation of FGF signaling rapidly controls cell state 

and behavior over a wide dynamic range [Durdu et al., 2014; Lecaudey et al., 2008]. Inhibition of FGF 

signaling with pharmacological methods (like SU5402) or genetic methods (like a dominant negative 

form of FGFR or FGF ligand morpholinos) results in defective neuromast formation and deposition. 

Conversely, over-activation of FGF signaling via FGF3 and FGF10 misexpression accelerates neuromast 

deposition in a dose-dependent manner and leads to epithelialization of the entire mesenchymal-like 

leading zone of the pLLP [Durdu et al., 2014; Lecaudey et al., 2008]. FGF signaling ensures 

epithelialization of the pLLP by driving two processes, apical constriction and microlumen formation in 

assembling neuromasts. Apical constriction of follower cells requires polarized activation of 

actomyosin contractility through Rock2a-dependent phosphorylation of Myosin-II, which apically 

localizes shortly before constriction [Ernst et al., 2012; Harding & Nechiporuk, 2012]. FGF signaling 

drives Ras/ MAPK pathway activation, that is cell-autonomously required for Rock2a localization at the 

apical membrane [Harding & Nechiporuk, 2012]. In addition, FGF induces expression of Shroom3, a 

regulator of non-muscle myosin that also displays apical accumulation in follower cells and that 

mediates apical recruitment of Rock in MDCK cells [Ernst et al., 2012; Nishimura & Takeichi, 2008]. 

Downregulation of Shroom3 phenocopies inhibition of FGF signaling, causing a loss of apical 

constriction and neuromast formation [Durdu et al., 2014; Harding & Nechiporuk, 2012]. These studies 

suggest that the FGFR/Ras/MAPK axis controls apical constriction by driving Shroom3 expression, 

which in turn mediates accumulation of Rock2a at the apical side where actomyosin contraction is 

induced [Ernst et al., 2012; Harding & Nechiporuk, 2012]. Interestingly, inhibiting the components of 

the apical constriction process does not prevent adoption of apical-basal polarity in cells of the pLLP, 

indicating that other mechanisms are involved. 

In addition to apical constriction, during neuromast morphogenesis a self-feeding amplification 

between FGF signaling and multicellular architecture occurs (Figure 1.5 d, e) [Durdu et al., 2014]. As 

follower cells assemble into a radially organized pro-neuromast, they arrange their apical sides to form 

a shared central cavity sealed with tight junctions. Secreted FGF is trapped within this enclosed 

extracellular pocket, known as microlumen. The microlumen acts as a signaling hub that, on one side, 
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restricts the range of FGF activity exclusively to connected cells, and, on the other side, locally boosts 

FGF ligand concentration, enhancing FGF signaling activity and further reinforcing the epithelial 

character of the exposed cells. Perturbation of individual FGF luminal pools affects the deposition 

timing of the perturbed neuromast, indicating that the luminal pool acts as a local coordinator of cell 

response within each rosette unit. The feedback between the FGF signaling and the microlumen might 

serve as checkpoint that ensures that only properly assembled cells are deposited from the 

primordium and further differentiate [Durdu et al., 2014]. Furthermore, it has been suggested that the 

FGF ligands secreted from the leading edge of the pLLP function as chemoattractant for follower cells, 

coordinating the collective migration of leaders and followers [Nogare et al., 2014]. Heparan sulfate 

proteoglycans, whose expression in the pLLP is regulated by the Wnt-FGF signaling axis, appear to 

control the diffusion of the FGF ligands secreted form the leading edge of the primordium and the 

activation of FGF signaling [Galanternik et al., 2015; Venero Galanternik et al., 2016]. 

1.6.4 pLLP migration 

In the pLLP, organogenesis is tightly coupled with migration. Migration of the pLLP is directed by the 

chemokine Cxcl12a/Sdf1a, which is produced by cells of the horizontal myoseptum as a homogeneous 

stripe [David et al., 2002; Valentin et al., 2007]. Two receptors expressed in the pLLP, Cxcr7b and 

Cxcr4b, bind to Sdf1a and serve distinct functional roles: Cxcr7b generates a Sdf1a gradient while 

Cxcr4b senses it. Cxcr7b is a non-signaling chemokine receptor whose expression is induced by FGF 

signaling in the trailing zone of the pLLP and in chain cells. The binding of Cxcr7b with Sdf1a drives 

internalization of the ligand-receptor complex, determining ‘clearing’ of Sdf1a at the trailing edge of 

the primordium while the tissue migrates toward the tail [Donà et al., 2013; Venkiteswaran et al., 

2013]. This mechanism leads to the generation of a Sdf1a gradient. Because of its ‘sink’ activity, Cxcr7 

is defined ‘scavenger’ receptor. Perturbations affecting either Cxcr7 expression or internalization 

impairs Sdf1a gradient formation and primordium migration. However, re-introduction into Cxcr7 

mutant of a sinking activity external to the lateral line, such as a cxcr7 expressing lateral line nerve 

(that co-migrate with pLLP), is sufficient to rescue both [Donà et al., 2013; Venkiteswaran et al., 2013]. 

Therefore, the primordium self-generates the gradient required for its own directional migration 

through the scavenger activity of Cxcr7b (Figure 1.5 f, g). In addition, a recent study showed that Cxcr7b 

is crucial for adaptation of the pLLP to abruptly changing chemokine levels. By switching from a 

degradative route to a recycling route upon internalization, Cxcr7 scavenger activity is upregulated in 

presence of elevated Sdf1a levels, ensuring robust migration of the pLLP [Lau et al., 2020; Wong et al., 

2020]. Cxcr4b is the gradient-sensing receptor of the pLLP, which is required to lead the directional 

migration of the tissue. Cxcr4b is a canonical G-coupled chemokine receptor. Importantly, its activity 

is graded across the leading-trailing axis of the pLLP, reflecting the Sdf1a gradient [Donà et al., 2013; 

Venkiteswaran et al., 2013]. The half-life of Cxcr4b in the leading edge of the tissue is shorter than in 

the trailing edge, because of the high rate of binding with Sdf1a of leader cells, that in turn drives 

receptor internalization and degradation [Donà et al., 2013]. Recover of plasma membrane levels of 

Cxcr4b occurs through new biosynthesis. Remarkably, directional migration of the pLLP does not 
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require that all the cells in the tissue express Cxcr4b. Transplantation experiments generating chimeras 

of Cxcr4 mutant and wild type cells demonstrated that few Cxcr4b positive cells are enough to drive 

directional migration of the whole collective [Haas & Gilmour, 2006]. 

1.6.5 Cell types in the lateral line neuromasts 

Once deposited, lateral line neuromasts differentiate into fully functional sensory organs, constituted 

of three main cell types concentrically arranged: hair cells, supporting cells and mantle cells (Figure 1.6 

a, b). Hair cells are terminally differentiated cells located centrally in the neuromast representing the 

mechano-sensory component of the organ (Figure 1.6 b). To fulfill this function, the hair cell projects 

into the external environment two types of cilia: a kinocilium composed of microtubules and several 

actin-rich stereocilia. Deflexion of the stereocilia toward the kinocilium induces depolarization of the 

cell, leading to activation of the connected terminal nerve responsible for the transduction of the signal 

to the brain [Shotwell et al., 1981]. To be able to respond to stimuli coming from different directions, 

hair cells within each neuromast adopt a specific planar polarity orientation, controlled by planar 

polarity proteins such as Vangl2. Oppositely oriented hair cells organize in an organ-scale mirror 

symmetry within each neuromast [Lopez-Schier & Hudspeth, 2005; Wibowo et al., 2011]. FGF signaling 

drives specification of hair precursors through activation of Atoh1a and Notch ligand Delta [Millimaki 

et al., 2007]. Lateral inhibition mediated by Notch/Delta signaling progressively restricts the hair cell 

fate to few cells per neuromasts. Inhibition of Notch indeed leads to the overproduction of hair cells, 

at the expenses of supporting cells [Romero-Carvajal et al., 2015]. Supporting cells are non-sensory 

cells constituting the vast majority of cells within the neuromast (Figure 1.6 b). They display an intimate 

interaction with hair cells as they surround them and interdigitate membrane processes in between 

them [Balak et al., 1990; Williams & Holder, 2000]. They constitute the progenitor population from 

which hair cells regenerate in homeostatic and injury conditions (described in the next paragraph). 

Moreover, it has been suggested that supporting cells serve as adhesive linker between hair cells and 

outer non-sensory cells [Chitnis et al., 2012]. Mantle cells constitute the most external ring of cells of 

the neuromast, surrounding the supporting and hair cell pool (Figure 1.6 b). They secrete the mucous 

cupola that encapsulate the ciliary bundles of hair cells [Ghysen & Dambly-Chaudière, 2007]. Mantle 

cells might be involved in controlling neuromast size. Indeed, they express high levels of Fat1a and 1b 

[Steiner et al., 2014], that have been shown to contribute to the control of cell division and organ size 

in Drosophila [Bryant et al., 1988; Katoh, 2012; Mahoney et al., 1991]. A new cell type has been recently 

identified in the lateral line neuromasts of both zebrafish and medaka, known as neuromast border 

cells (nBC) (Figure 1.6 b) [Seleit et al., 2017]. nBC surround mantle cells in neuromasts deposited by 

the pLLP, forming an outer ring that might function as stem cell niche for mantle cells. Remarkably, the 

border cell population does not originate from the pLLP but derives from the suprabasal skin 

epithelium through a process of conversion. Proliferation of nBC also contributes to the expansion of 

the nBC ring [Seleit et al., 2017].  
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1.6.6 Regeneration of the lateral line neuromasts 

Hair cells in non-mammalian vertebrates are physiologically replaced throughout life and rapidly 

regenerate upon severe damages, while this regenerative potential is lost in mammals [Kniss et al., 

2016]. Because of its extensive regenerative potential and its experimental accessibility, zebrafish 

posterior lateral line system has been widely used as a model system for regeneration in the last 

decades. Studies of the regeneration capability of the lateral line system mostly rely on three 

perturbation approaches, which cause different degrees of damage: drug-induced depletion of hair 

cells (using for example heavy metals, copper or neomycin at low concentration), laser-mediated 

ablation of neuromast sub-regions and whole neuromast electro-ablation. These techniques, together 

with live cell-lineage tracing and, transcriptomic analysis, have contributed to the understanding of 

important aspects of hair and neuromast regeneration. In the lateral line system, there are three cell 

populations that possess multipotent regenerative potential: supporting cells, mantle cells and chain 

cells. However, these populations are differentially responsive to various degrees of damage and 

contribute to regeneration in distinct contexts (Figure 1.6 c).  

 

Supporting cells are the main contributors of hair cell regeneration during homeostatic growth and 

upon mild injuries such as hair cell depletion. Between 24 and 36 hours post injury, hair cells robustly 

regenerate from them through mitotic regeneration [Hernández et al., 2007]: a non-sensory 

supporting cell symmetrically divides into two daughter hair cells [Cruz et al., 2015; Lopez-Schier & 

Hudspeth, 2005; Mackenzie & Raible, 2012; Pinto-Teixeira et al., 2015; Romero-Carvajal et al., 2015; 

Viader-Llargués et al., 2018; Wibowo et al., 2011]. Trans-differentiation of one cell type into another, 

observed for supporting and hair cells in several sensory organs (for example the avian basilar papilla) 

does not appear to contribute to regeneration in the posterior lateral line system [Jacques et al., 2012; 

Romero-Carvajal et al., 2015; Viader-Llargués et al., 2018]. Importantly, supporting cells also undergo 

self-renewing symmetric divisions to amplify the supporting cell pool and thus ensure maintenance of 

the regenerative potential of the neuromast. Recent studies indicate that whether a supporting cell 

generates hair or supporting daughter cells depends on the position of the dividing support cell within 

the neuromast, suggesting the existence of several functional supporting cell subtypes located in 

distinct domains [Cruz et al., 2015; Lush et al., 2019; Thomas & Raible, 2019]. These subtypes 

contribute differently to hair regeneration [Thomas & Raible, 2019]. For example, supporting cells in 

the dorsal-ventral pole preferentially divide into supporting cells, while supporting cell located close 

to the center of the organ divide into hair precursors [Cruz et al., 2015; Lush et al., 2019; Thomas & 

Raible, 2019]. Furthermore, supporting cells are also involved in regenerative responses to severe 

injuries. In zebrafish larvae, as little as four supporting cells are sufficient to restore an entire 

neuromast, regenerating hair, mantle and supporting cells and reestablishing the correct relative ratio 

and concentric organization of cell types [Viader-Llargués et al., 2018]. The interplay between 

Delta/Notch, FGF and Wnt/ β-catenin signaling controls supporting cell proliferation and 

differentiation within homeostatic neuromasts and during neuromast regeneration in the zebrafish 
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lateral line [Lush et al., 2019; Ma et al., 2008; Romero-Carvajal et al., 2015; Wada et al., 2013; Wibowo 

et al., 2011]. 

 

Mantle cells are a population of multipotent progenitors that do not proliferate in response to hair cell 

depletion, but they re-enter the cell cycle solely upon severe depletion of the supporting cell pool 

[Romero-Carvajal et al., 2015]. Thus, they are quiescent unless an extensive injury occurs. Following 

fin-tail amputation in adult zebrafish, for example, mantle cells have been shown to regenerate a new 

primordium that reconstitute the entire missing portion of the lateral line in the regenerated tail 

[Dufourcq et al., 2006], analogous to what has been observed for the amphibian lateral line mantle 

cells [Jones & Corwin, 1996]. Importantly, mantle cells do not give rise to hair cells directly, but divide 

into supporting cells, that in turn divide into hair cells [Ghysen & Dambly-Chaudière, 2007]. A recent 

study showed that mantle cells in medaka not only contribute to neuromast regeneration upon severe 

damage, but they also serve as progenitors during homeostatic growth and post embryonic 

organogenesis, indicating that they represent a bona fide neural stem cell population in medaka [Seleit 

et al., 2017]. 

 

The third population of multipotent progenitors implicated in neuromast regeneration is the chain cell 

pool, deposited by the pLLP as a string connecting consecutive neuromasts (Figure 1.6 b). 

Physiologically, chain cells undergo proliferation and form additional neuromasts (named intercalary 

neuromasts) during late larval development [Ghysen & Dambly-Chaudière, 2007]. Analogously, upon 

severe damage leading to complete loss of the neuromast (employing electroablation), chain cells can 

regenerate the entire organ [Sánchez et al., 2016]. As little as two chain cells are sufficient to 

regenerate an entire organ, by migrating in the injury side, undergoing Wnt-dependent proliferation 

and differentiating. However, it was found that the regenerative response of chain cells solely occurs 

when lateral line glial cells are concurrently damaged, suggesting that the interaction between glia and 

chain cells is crucial to control chain cell behavior in the zebrafish posterior lateral line [Sánchez et al., 

2016]. Indeed, in other studies where glia was removed without damaging the lateral line, a similar 

proliferative response of chain cells was observed, leading to premature formation of intercalary 

neuromasts (Figure 1.6 e) [Grant et al., 2005; Lopez-Schier & Hudspeth, 2005]. Moreover, these studies 

suggest that glia, in homeostatic conditions, prevents the assembly of chain cells-derived intercalary 

neuromasts through inhibition of Wnt/β-catenin signaling in chain cells (Figure 1.6 d, e) [Lush & 

Piotrowski, 2014a]. However, both the signal inhibiting Wnt/β-catenin signaling and the mechanism 

employed to release it in late larval stages (when intercalary neuromasts physiologically assemble) still 

need to be elucidated. It has been suggested that the ventral displacement of the chains occurring at 

larval stage and the consequent physical distancing of chains from glial cells might contribute to the 

attenuation of the inhibitory signal [Lush & Piotrowski, 2014a]. 
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Figure 1.6: Cell types in the lateral line neuromasts and regenerative capability 

(a) Overview of the main cell types in lateral line neuromasts, (b) labelled using cell type-specific fish lines: mantle 

and chain cells visualized with the AlpI:mCherry line; supporting cells with the SqGw57A line ; hair cells with the 

SqEt4 line; border cells with the krt15:H2B-EGFP line and dapi staining (adapted from [Viader-Llargués et al., 

2018], except the border cell images adapted from [Seleit et al., 2017]). Dashed lines approximate the neuromast 

outline. The lateral line nerve, that is also part of the lateral line system and run parallel to chain cells, is omitted 

in this overview. (c) Supporting cells, mantle cells and chain cells are multipotent progenitors that are responsible 

for cell regeneration following damages. These populations differentially respond to injuries depending on the 

extent of damage. In homeostatic conditions, hair cells are replaced throughout life by proliferating supporting 

cells in zebrafish and intercalary neuromasts are formed from chain cells during post-embryonic development. 

(d) In embryonic stages  glial cells keep chain cells quiescent by inhibiting Wnt/β-catenin signaling, while, at larval 

stages, the physical separation between these two populations is thought to attenuate this inhibition, with 

consequent proliferation and differentiation of chain cells into intercalary neuromasts (modified from [Lush & 

Piotrowski, 2014a]). (e) Removal of glial cells with various methods, including mutation of the neuregulin protein 

(nrg), leads to precocious formation of intercalary neuromasts. Nrg1-3 is an ErbB ligand that is expressed in the 

lateral line ganglion and is involved in glial cell migration. The nrgz26 mutant lacks lateral line-associated glial 

cells. Neuromasts are labeled with Alkaline phosphatase staining (adapted from [Lush & Piotrowski, 2014a]). In 

(b), scale bars are 10 μm, except for the chain cell panel where it is 20 μm. 
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1.7 Aim of the study 

 

The ability of cells to transition from one phenotype to another is a fundamental feature of 

organogenesis.  Mesenchymal-to-epithelial transitions (MET) allows motile and dynamic mesenchymal 

cells to assemble into epithelia, the key building blocks of organs. A major challenge in the field is to 

understand how MET is implemented in the developmental programs during organogenesis and how 

it integrates with other processes such as cell fate choices. However, the scarcity of models providing 

access to the process in real time and in vivo have prevented an in-depth exploration of mechanistic 

principles governing the establishment and spreading of MET across collectives. In this study, we use 

the zebrafish lateral line system and, in particular, a subpopulation of mesenchymal-like progenitor 

cells lined between deposited neuromasts, called chain cells, that provide an easily accessible minimal 

1D model to address principle of organogenesis. Since previous studies have demonstrated that the 

epithelial state of the lateral line primordium is modulated by FGF signaling, we sought to exploit FGF 

signaling as a tool to induce MET and organogenesis. 

 

In this study, we addressed three main questions: 

1) Can we drive MET from ‘scratch’ in an in vivo system? The first aim of the project was to 

develop an approach to perturb FGF signaling in a cell-autonomous manner and at high spatial 

and temporal resolution, with the goal of driving MET in the mesenchymal-like population of 

lateral line chain cells. 

 

2) How does MET emerge from a mesenchymal-like cell population? The second aim of the 

project was to exploit the developed approach to gain insights into the progression of MET 

across cell collectives in vivo. To achieve this goal, we enforced mosaic FGF signaling activity in 

chain cells and we resolved how the differently activated cells interact with each other, 

investigating in this manner both cell-autonomous and non-cell autonomous responses to 

ectopic FGF signaling activation. 

 

3) How does MET transition relate to cell differentiation? The main aim of the project was to 

explore whether cells undergoing MET give rise to fully mature organs and, if so, to investigate 

how the differentiation pattern emerges. 
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2 Material and Methods 

2.1 Zebrafish handling and husbandry 

Zebrafish (Danio rerio) strains were bred, raised and maintained following standard procedures 

[Westerfield, 2007]. Embryos were kept in E3 buffer between 26°- 30°C without light cycle and staged 

as previously described [Kimmel et al., 1995]. All zebrafish experiments were conducted following the 

guidelines of the European Commission (Directive 2010/63/EU) in accordance with the rules of the 

European Molecular Biology Laboratory, the veterinary office of the Universität Zürich and the Canton 

of Zürich. 1-day post-fertilization embryos were bleached with 5% Sodium hypochlorite (Sigma-

Aldrich) prior to raising to adulthood to reduce risk of pathogen contamination and kept in E3 medium 

with 10 μg/ml pronase (Roche) to allow hatching [Nüsslein-Volhard & Dahm, 2002]. Prior 

manipulations, fixation procedures and during live imaging, embryos were anesthetized with 0.01% 

Tricaine (Sigma-Aldrich).  

2.2 Molecular biology 

Plasmids used for this study were generated employing MultiSite Gateway cloning technology 

(Invitrogen) according to the Tol2Kit system, which relies on a two-step cloning strategy [Kwan et al., 

2007]. First, a BP reaction allows the insertion of a PCR-amplified DNA sequence of interest into a 

donor entry clone. Second, a LR recombination between multiple entry clones enables combinatorial 

fusion of a DNA sequence of interest with other coding sequences (fluorophores, nuclear or membrane 

tagging domains) and promoters, generating an expression vector. Several of the entry clones used in 

this study were taken from the Tol2kit [Kwan et al., 2007] or generated by other current or former lab 

members. For the generation of new entry clones, KAPA HiFi hot-start polymerase (Kapa Biosystems) 

was employed for PCR amplification of the insert and for the addition of att sites. Primers were 

designed in SnapGene and purchased from Sigma-Aldrich or Microsynth. Tol2-based destination 

vectors carry expression cassettes for co-injection markers, driving expression of mKate2 or ECFP in 

the eye lens (cry:mKate2 named ‘red eye’; cry:ECFP named ‘blue eye’) or expression of EGFP in the 

heart (clmc2:EGFP named ‘green heart’).  

For bacterial transformation, Stellar (Clontech Laboratories) or One Shot Top10 Chemically Competent 

E. coli (Invitrogen) were used following manufacturer’s instructions. BP and LR reaction products were 

verified by restriction analysis and Sanger sequencing (GATC Biotech or Microsynth). Expression 

vectors were microinjected directly (as described in section 2.3) or mRNA for injections was 

synthetized from them using mMessage mMachine kit (Ambion).  
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2.2.1 Generation of chemoFGFR 

We based the design of the chemoFGFR construct on the published optogenetic mFGFR1-VfAU1-LOV 

named Opto-mFGFR1 [Grusch et al., 2014], which contains a LOV domain derived from V. Frigida 

aureochrome1 (VfAU1-LOV, residue 204–348 of Uniprot entry A8QW55) and the murine intracellular 

domain of fibroblast growth factor receptor 1 (FGFR1). To generate the zebrafish version of this 

chimeric construct, the murine FGFR1 portion was substituted with the matching zebrafish counterpart 

(selected via BLAST [Altschul et al., 1990]) using MultiSite Gateway cloning technology (Invitrogen) and 

Tol2Kit system [Kwan et al., 2007]. Briefly, the zebrafish intracellular FGFR1a portion (referred to as 

ziFGFR) and the LOV domain (including a C-terminal HA tag) were at first PCR-amplified separately, 

using as template respectively zebrafish FGFR1a cDNA and the original Opto-mFGFR1 [Grusch et al., 

2014]. Secondly, fusion PCR between the two fragments was performed following a standard protocol, 

preserving the original linker used for the Opto-mFGFR1. The ziFGFR-LOV fragment was then inserted 

into a p3E entry vector via BP reaction and recombined in different expression vectors via LR reaction. 

Given that both the transmembrane and extracellular domains of FGFR1a were omitted, according to 

the design of the original Opto-mFGFR1 [Grusch et al., 2014], we introduced the membrane tethering 

palmitoylation sequence lyn to enforce plasma membrane localization [Teruel et al., 1999]. Because 

of the absence of the extracellular domain, the chimeric construct is unable to bind FGF ligands. Either 

β-actin, LexOP or SP6 promoters were moreover introduced, to drive respectively ubiquitous 

expression, chemically inducible transactivation (see section 2.4) or mRNA synthesis. In the result 

section, we refer to these constructs as lyn-FGFR-LOV and we refer specifically to the LexPR/LexOP-

driven version as chemoFGFR. 

Three versions of the chemoFGFR were cloned, depending on the fluorophore fused to the N-terminus 

of the ziFGFR, and transgenic fish lines with a naked-blanc, green and red version of the chimeric 

receptor were established: 

 

LexOP:lyn-ziFGFR-LOV-HA    Entries: (p5’E(LexOP))/pME(lyn no stop)/p3E (ziFGFR-LOV-HA) 

LexOP:lyn-mNG-ziFGFR-LOV-HA    Entries: (p5’E(LexOP))/pME(lyn-mNG no stop)/p3E (ziFGFR-LOV-HA) 

LexOP:lyn-mRFP-ziFGFR-LOV-HA   Entries: (p5’E(LexOP))/pME(lyn-mRFP no stop)/p3E (ziFGFR-LOV-HA) 

 

mNG (mNeonGreen) was kindly provided by Prof. Dr. Alex Hajnal, zebrafish FGFR1a cDNA by Prof. Dr. 

Michael Brand [Nowak et al., 2011] and Opto-mFGFR1 was a gift from Dr. Harald Janovjak (Addgene 

plasmid # 58745; http://n2t.net/addgene:58745 ; RRID:Addgene_58745 [Grusch et al., 2014]). 

2.3 Embryo microinjection and establishment of transgenic lines  

To generate transgenic fish lines or misexpressing clones in transient, 1-cell stage embryos were 

microinjected with the designated expression vector (30-40 μg/μl), together with Tol2 transposase 

(25ng/μl) [Kwan et al., 2007] and Phenol Red (Sigma). For transient mRNA experiments, embryos were 
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instead microinjected with 200-300 ng/μl of mRNA and Phenol Red (Sigma), diluted in nuclease-free 

water (Ambion).  

For the establishment of a new transgenic fish line, embryos injected with an expression vector were 

bleached and raised to adulthood. Germline transmission was detected by outcrossing adult fish and 

screening their progeny for the expression of the transgenic co-injection marker (present in the 

backbone of the injected expression vector) and for construct expression. Upon positive expression, 

F1 embryos were raised to adulthood. The following transgenic lines were generated following this 

protocol: LexOP:lyn-mIRFP670 (far-red membrane marker), UAS:Centrin-mIRFP670 (far-red 

centrosomes), CMV:NCAM1b-tagRFPt, UAS:NCAM1b-tagRFPt, LexOP:lyn-mNG-ziFGFR-LOV-HA, 

LexOP:lyn-mRFP-ziFGFR-LOV-HA and LexOP:lyn-ziFGFR-LOV-HA (see section 2.4.1). 

The following published transgenic lines were used in this study: cxcr4b:nls-tdTomato [Donà et al., 

2013], cldnb:lyn-GFP [Haas & Gilmour, 2006], gal4 ETLGA346 (GAL4/UAS driver line, described in 

section 2.4) UAS:mCherry [Distel et al., 2009], cxcr4b:LexPR (driver line described in section 2.4), 

Cdh2:Cdh2-GFP [Revenu et al., 2014], foxd3:GFP [Gilmour et al., 2002], LexOP:FGF3-GFP [Durdu et al., 

2014], LexPR/LexOP:lyn-RFP [Durdu et al., 2014]. Brn3c:mGFP [Xiao et al., 2005] and AlpI:mCherry 

[Steiner et al., 2014] lines were a kind gift of Dr. Aaron Steiner. 

The following transgenic lines were generated by other current of former members of the lab: 

cxcr7b:lyn-mKate2 was generated by Sabine Görgens and Andreas Kunze, taking advantage of 

Crispr\Cas9 approach to remove sfGFP from the original Cxcr7b:lyn-mKate2sfGFP made by Alejandra 

Guzman Herrera; UAS:NCAM1b-GFP and LexOP:nls-GFP were established by Sevi Durdu. 

2.4 Inducible gene expression system 

To drive the expression of transgenic constructs in the lateral line system, two conditional 

transactivation methods were used, the LexPR/LexOP system [Emelyanov & Parinov, 2008] or the 

GAL4/UAS system [Distel et al., 2009]. These systems rely on the generation of an effector fish line, 

carrying the gene of interest placed under control of a responder element (LexOP or UAS), and a driver 

fish line, containing the transcriptional activator (LexPR or GAL4). Transactivation of the gene of 

interest only occurs when the effector line is combined with the driver counterpart in double 

transgenic animals. 

The GAL4/UAS  system is comprised of a GAL4/UAS:mCherry enhancer trap element (ETL GA346) that 

binds a 6xUAS synthetic promoter and transcriptionally activates the gene of interest placed under its 

control [Distel et al., 2009]. 

The LexPR/LexOP transactivation involves an additional level of control, provided by the binding of the 

progesterone analog RU-486 (Sigma) with the hybrid transcription factor LexPR [Emelyanov & Parinov, 

2008]. Only upon RU-486-mediated stimulation LexPR can activate the synthetic promoter LexOP, 

which controls the expression of the transgene. LexPR is in turn expressed under the control of a tissue-

specific promoter, which, in our driver line, is the upstream regulatory region of the lateral line 

chemokine receptor Cxcr4b. This chemically inducible transactivation system allows a stringent spatial 
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and temporal control of gene expression, with no detectable background expression in absence of the 

chemical induction. The LexPR driver line was generated by Andreas Kunze via BAC transgenesis [Durdu 

et al., 2014]. 

2.4.1 Maintenance of chemoFGFR transgenic lines 

Unless otherwise stated, experiments were performed on stable chemoFGFR fish lines. We observed 

variable levels of chemoFGFR expression among embryos born from different parents, while, within 

each clutch of siblings, expression levels were consistent. For this reason, at every generation we 

selected animals whose offspring would give consistently strong chemoFGFR transactivation. To select 

them, adult chemoFGFR transgenic fish were out-crossed with LexPR driver fish and their progeny was 

screened after standard RU-486 induction (see section 2.7) for chemoFGFR expression at 48 hour post 

fertilization (hpf). Only fish giving a high expressing offspring were used for experiments and for 

propagation of the stable transgenic line. Moreover, to further control for heterogeneity of 

chemoFGFR expression during experiments, whenever possible we compared experimental embryos 

with control siblings from the same clutch. 

2.5 Gene knockdown using morpholino 

For morpholino-mediated knowdown, FGF10 morpholino (start site blocker, 5 ng/nl) [Norton et al., 

2005]  and FGF3 morpholino (splice site blocker, 5 ng/nl) [Kwon & Riley, 2009] were diluted in nuclease 

free-water (Ambion) to 1mM, heated to 65°C for 20 minutes and co-injected with Phenol Red (Sigma) 

in 1-cell stage embryos. 

2.6 Gene knockout using Crispr/Cas9 

2.6.1 Design and preparation of sgRNA guides 

To achieve efficient gene knockout, we took advantage of the Crispr/Cas9 gene editing technology 

using a multi-guide targeting strategy that had been recently described [R. S. Wu et al., 2018a]. This 

approach involves redundant targeting of the gene of interest at four independent sites on the coding 

sequence, to increase the chances of obtaining null phenotypes already in injected G0 embryos 

(crispant). To generate Cdh2 (ENSDART00000024627.11) knockout, we used four anti-Cdh2 sgRNA 

guides reported in the zebrafish genome-wide guide table provided by the authors alongside the 

publication [R. S. Wu et al., 2018a]. Each sgRNA guide targeted a different exon of the gene. For 

NCAM1b (ENSDARG00000007220) and NCAM1a (ENSDARG00000056181) knockout, we instead 

employed the CRISPRscan software [Moreno-Mateos et al., 2015] to design and select sgRNA guides 

targeting the Fibronectin domain I. To favor site-spanning deletion of large fragments, the four sgRNA 

guides targeted sites within a genomic region of 150 bp [R. S. Wu et al., 2018a]. To generate templates 
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for sgRNA guides, we performed Overlap PCR (KAPAHiFi hot-start polymerase, Kapa Biosystems) 

between a scaffold oligo, carrying the standard Cas9-binding sequence, and  the designed guide oligo, 

containing T7 promoter, target-specific sequence and an overlapping sequence [Varshney et al., 2016; 

R. S. Wu et al., 2018a]. 

 

Overlap PCR mix: 

 

Components Volumes per sample (50 µm reaction) Final concentration 

Nuclease free water 28.5 µl - 

Scaffold Oligo (100 µM) 5 µl 10 µM 

Guide Oligo (100 µM) 5 µl 10 µM 

KAPAHiFi polymerase (1 U/μl) 0.5 µl 0.5 U 

KAPA dNTP Mix (10 mM each) 1 µl 0.2 mM 

KAPA HiFi Fidelity Buffer (5X) 10 µl 1X 

 

Cycling conditions:  

98°C 30 sec 

45 cycles of: 

 98°C 10 sec 

 60°C 10 sec 

 72°C 15 sec 

72°C 5 minutes 

 

Oligos used: 

 

Scaffold Oligo sequence: 

5’-

AAAAGCACCGACTCGGTGCCACTTTTTCAAGTTGATAACGGACTAGCCTTATTTTAACTTGCTATTTCTAGCTCT

AAAAC-3’ 

 

sgRNA set Cdh2: 

guide1:  5’-TAATACGACTCACTATAGGAACGATGTACCGTTCCGGGTTTTAGAGCTAGAAATAGC-3’ 

guide 2: 5’-TAATACGACTCACTATAGGTGTTGGACAGACCATACGGTTTTAGAGCTAGAAATAGC-3’ 

guide 3: 5’-TAATACGACTCACTATAGGATTCCAGGCTGGAGTCCCGTTTTAGAGCTAGAAATAGC-3’ 

guide 4: 5’-TAATACGACTCACTATAGGTGCAACGTACCACTGATTGTTTTAGAGCTAGAAATAGC-3’ 

 

sgRNA set NCAM1b: 

guide 1: 5’-TAATACGACTCACTATAGGGCCCTCGGCGCCGTCCATGTTTTAGAGCTAGAAATAGC-3’ 

guide 2: 5’-TAATACGACTCACTATAGGAGCCGAGTGGAGAGCCGTGTTTTAGAGCTAGAAATAGC-3’ 

guide 3: 5’-TAATACGACTCACTATAGGAGAGCCCGAGTCCACTGGGTTTTAGAGCTAGAAATAGC-3’ 
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guide 4: 5’-TAATACGACTCACTATAGGAGGGCACATCTGCACCACGTTTTAGAGCTAGAAATAGC-3’ 

 

sgRNA set NCAM1a: 

guide 1: 5’-TAATACGACTCACTATAGGGGAGCCTGCTTCCAGTGGGTTTTAGAGCTAGAAATAGC-3’ 

guide 2: 5’-TAATACGACTCACTATAGGCCCCCTCTATCGAGCGTGGTTTTAGAGCTAGAAATAGC-3’ 

guide 3: 5’-TAATACGACTCACTATAGGCTCGATAGAGGGGGCCGAGTTTTAGAGCTAGAAATAGC-3’ 

guide 4: 5’-TAATACGACTCACTATAGGACCGAGAGTATGAACTTGGTTTTAGAGCTAGAAATAGC-3’ 

 

PCR products were verified for correct band length by agarose-gel electrophoresis and purified with 

MinElute PCR Purification Kit (Qiagen). Pooled in vitro transcription reactions were carried out for each 

guide set using MEGAshortscript T7 Kit (Ambion) and mRNA was purified with RNA Clean and 

Concentrator-5 Kit (Zymo Research) following manufacturer’s instructions. To test the efficiency of cut 

of sgRNA guides, in vitro digestion of template DNA using EnGen Spy Cas9 NLS (New England Biolabs) 

was performed prior to microinjections into embryos, according to manufacturer’s protocols. 

2.6.2 Injections and imaging 

To generate knockout animals, an injection mix containing 1 μg/μl sgRNA guides (four guides with a 

total concentration of 31 μM), 5 μM EnGen Spy Cas9 NLS (New England Biolabs), 4% Phenol Red and 

300 mM KCl was microinjected in 1-cell stage embryos, after incubation of the mix at 37°C for 5 

minutes and at room temperature (RT) for 30 minutes. Injected embryos were screened for the 

expression of transgenic markers and, if required, induced at 26hpf with RU-486 (as described in 

section 2.7). At 48hpf, samples were imaged with Leica MZ16F Fluorescence stereoscope or mounted 

and imaged with Zeiss LSM880 with AiryScan technology (as described in section 2.9.1). 

2.6.3 Genotyping 

To associate phenotype with respective genotype, after imaging embryos were individually dislodged 

from the imaging dish and univocally labeled before proceeding to mutant identification. Genomic 

DNA was isolated from each labeled embryo using QuickExtract DNA Extraction Solution (Epicentre). 

Region-specific primers (listed below), designed with NCBI primer-BLAST [Ye et al., 2012] and 

purchased from Microsynth, were used to PCR-amplify target genomic regions (KAPAHiFi hot-start 

polymerase, Kapa Biosystems).  

For NCAM1b and NCAM1a genotyping, agarose-gel electrophoresis of PCR products was performed to 

allow detection of extra and smeared bands (2.5% agarose in TBE). To confirm the results, after gel 

extraction (MinElute Gel Extraction Kit, Qiagen), PCR fragments from individual embryos were sent for 

sequencing to an external provider (Microsynth). For Cdh2 genotyping, PCR products were gel-

extracted after electrophoresis (1.5% agarose gel in TBE) and sent for sequencing (Microsynth).  
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Primers for genotyping:  

 

sgRNA Cdh2: 

Target region 1: product of 322 bp 

Forward: 5’-CTTCAGTACCAGACCGAGCG-3’ 

Reverse: 5’-CGCATAGGGGGAATTGTTCG-3’ 

 

Target region 2 and 3: product of 923 bp 

Forward: 5’-GTAACTTGCCATAAACCTTTGAAGC-3’ 

Reverse: 5’-AGGATATGCGAAAAGTGAGAGA-3’ 

 

Target region 4: product of 519 bp 

Forward: 5’-CTCGCGTCTTCCCACAAGAA-3’ 

Reverse: 5’-ATCAAATCCACTGCCCGGAA-3’ 

 

sgRNA NCAM1a: product of 469 bp 

Forward: 5’-GAACCATTCCCCAAGCCCAT-3’ 

Reverse: 5’-AGCCTCCCAAAAGCCTCATTT-3’ 

 

sgRNA NCAM1b: product of 338 bp 

Forward: 5’-TTTGAAGTGTCTCCCCTGTGG-3’ 

Reverse: 5’-GTACGGCCATGGTCTGACT-3’ 

2.7 Chemical treatments  

To prevent skin pigmentation and maintain embryonic transparency during imaging, when required, 

embryos were treated with 0.002% N-phenylthiourea (PTU) (Sigma-Aldrich) starting at 22hpf. 

 

RU-486 (Sigma) was used to induce LexPR\LexOP-driven gene expression (see section 2.4). For 

endpoint imaging, expression of LexOP constructs was induced by incubating decorionated embryos 

with 20 μM RU-486 in E3 from 26hpf to 48hpf, unless otherwise stated. For overnight (ON) time lapse 

experiment the same concentration of RU-486 was also added to the low melting agarose used for 

mounting and in the E3 medium (see section 2.9.3). For experiments where image acquisition was 

performed at 3 or 4 days post fertilization (dpf), RU-486 treatment was still conducted as described 

and then washed out at 48hpf by transferring the treated embryos in clean E3. Transactivation of the 

LexPR/LexOP system had been shown to occur relatively fast [Emelyanov & Parinov, 2008] and the 

delay observed between induction and detection of target gene signal is likely due to the timespan 

required for synthesis and maturation of the fusion construct (in case of chemoFGFR, it is of around 5-

6 hours, see section 2.9.3). 
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To inhibit FGFR activity, decorionated embryos were incubated with 1 µM SU5402 (Calbiochem) in E3 

from 26hpf to 48hpf. Control embryos were treated with 0.1% DMSO. Co-treatments of 1 µM SU5402 

and 20 µM RU-486 or RU-486 alone were performed in parallel to evaluate the effect of SU5402 on 

chemoFGFR-dependent phenotype. These treatments were carried out in 24 Well plates (Nunc), with 

a density of eight embryos per well in 2 ml of solution.  

2.8 Staining of fixed embryos 

2.8.1 Fixation and permeabilization 

After decorionation, embryos were fixed overnight (ON) with 4% PFA in PBS-T (PBS with 0.1% Tween-

20) at 4°C. Following 3 rinsing steps in PBS-T for 5 minutes, embryos were permeabilized with pre-

cooled 100% methanol (Sigma-Aldrich) ON at -20°C. Dehydrated embryos could be so stored for 

several months. Prior to colorimetric in situ hybridization or antibody staining, dehydrated embryos 

were rehydrated through an inverse methanol series at RT (75%, 50% and 25% Methanol in PBS-T, 5 

minutes each step) and 2 washing steps in PBS-T. 

2.8.2 Colorimetric in situ hybridization 

In situ hybridization (ISH) of pea3 and Krt1c5 was performed according to standard protocols using the 

NBT/BCIP (Roche) detection method [Lecaudey et al., 2008; C. Thisse & Thisse, 2008; Valentin et al., 

2007]. Pea3 and Krt1c5 digoxigenin-labeled probes were generated respectively by Sevi Durdu and 

Maaike Allers by in vitro transcription using the DIG Labeling Kit (Roche) following published protocols 

[C. Thisse & Thisse, 2008]. DAPI staining and anti-GFP antibody staining (Rabbit-anti-GFP primary 

antibody with Alexa488-anti-rabbit secondary antibody) were performed to counter-label the lateral 

line [Valentin et al., 2007]. 

2.8.3 Antibody staining 

After fixation and permeabilization, rehydrated embryos were kept in blocking buffer (1X PBS, 

1%DMSO, 2%NCS, 1%BSA, 0,1%Tween) for 1.5 hour and incubated with primary antibody diluted in 

blocking buffer at 4°C ON. Specifically, mouse-anti-Acetylated Tubulin (Sigma-Aldrich) was diluted 1: 

1000, mouse-anti-ZO1 (Zymed) 1:200, while rabbit-anti-GFP antibody (Torrey Pines Biolabs), employed 

to counterstain the lateral line, 1:500. After being washed 4 times for 30 minutes in blocking buffer, 

embryos were incubated for 2.5 hours with secondary antibody. Specifically, goat-anti-mouse Alexa 

568 Fluor, donkey-anti-mouse Alexa Fluor 647 and goat-anti-rabbit Alexa Fluor 488 secondary 

antibodies (Molecular Probes) were all diluted 1:500 in blocking buffer. Embryos were then rinsed in 

PBS-T 3 times for 30 minutes and stained with DAPI (1:1000) (Molecular Probes) in PBS-T for 10 

minutes, before mounting in 0.8% low melting agarose (PeqLab) in PBS and imaged. 
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2.8.4 Single molecule fluorescent in situ hybridization (smFISH) 

Single molecule fluorescence in situ hybridization (smFISH) was performed according to standard 

protocols [Durdu et al., 2014; Raj et al., 2008] using published Quasar 670 conjugated Stellaris RNA 

FISH probes designed to target pea3 mRNA (Biosearch Technologies), listed below [Durdu et al., 2014]. 

After treatment with PTU and 20 μM RU-486 (described in section 2.7) and fixation at 38hpf (described 

in section 2.8.1), embryos were washed 3 times in PBS-T and manually de-yolked. Embryos were then 

pre-incubated with hybridization buffer (0.1 g/ml dextrane sulfate, 0.02 g/ml RNAase free BSA, 1 

mg/ml E.Coli tRNA, 10% formamide, 5x SSC, 0.1% Tween-20 in ddH20) at 30°C for 30 minutes and 

hybridized with the pea3 probe solution (concentration of 0.1 μM in hybridization buffer) at 30°C ON 

in the dark. Embryos were finally stained with DAPI (1:1000) in washing buffer (10% formamide, 5x 

SSC, 0.1% Tween-20 in ddH20) for 15 minutes at 30°C and rinsed with washing buffer 45 minutes at 

30°C. To prevent fading of fluorescence due to photobleaching, VECTASHIELD HardSet mounting 

medium (Vector Laboratories) was used for the mounting of embryos on glass slices and samples were 

imaged immediately. Z-stacks were acquired using a 100x oil immersion objective (NA 1.4) on a PE 

Ultraview VOX spinning disk confocal (PerkinElmer), with a voxel size of 0.2 μm in z and of 0.07 μm in 

xy. smFISH spots were segmented in Imaris 7.6.4 (Bitplane), following a published pipeline established 

by Sevi Durdu [Durdu et al., 2014]. The number of smFISH spots detected in an organ was divided by 

the number of nuclei to obtain transcript count per cell.  

 

As a further internal control, for all staining experiments whenever possible, sample embryos and 

controls were siblings and were pooled together in the same tube, to ensure identical treatment and 

processing throughout the protocol. Prior mixing, embryos from different conditions were 

differentially marked to enable identification, for instance with oriented incisions on the tail applied 

during a post-fixation rinsing step. 

 

Pea3 smFISH probes:  

1:aaggaagacggacagaggca, 2:ctgtgttttaatgagctcca, 3:cttaaccgtttgtggtcatt, 4:ccatccatcttataatccat,  

5:agtataaggcacttgctggt, 6:atttccttgcgacctattag, 7:tcaacagtctatttaggggc, 8:atgtatttcctttttgtcgc,  

9:aagaggtcttcagattcctg, 10:cctgaagttggcttaaatcc, 11:ggaacttgagcttcggtgag, 12:aacaaactgctcatcgctgt, 

13:cactgagttctctgagtgaa, 14:ttcttaatcttcacaggcgg, 15:tagctgaagctttgcttgtg, 16:tcataggcactggcgtaaag, 

17:ctggacatgagctcttagat, 18:ttgggggaataatgctgcat, 19:tgagggtggattcatatacc, 20:cggaagggaacctggaactg, 

21:agagtgttgccgatggaaac, 22:tgctgaggaggataaggcaa, 23:ccatgtactcctgcttaaag, 24:tcctgtttgaccatcatatg, 

25:caggttcgtaagtgtagtcg, 26:tgtgatggtacatggatggg, 27:aaacatgtagccttcactgt, 28:tggcacaacacgggaatcat, 

29:tcacctcaccttcaaatttc,30:accttcacgaaacacactgc, 31:tagttgaagtgagccacgac, 32:gaagggcaaccaagaactgc, 

33:atgcgatgaagtgggcattg, 34:atgagtttgaattccatgcc, 35:ttgtcatagttcatggctgg, 36:gtaacgcaaagagcgactca, 

37:ttttgcataattcccttctc, 38:aggttatcaaagcttctggc, 39:cgctgattgtcgggaaaagc, 40:gttgacgtagcgctcaaatt, 

41:aagaaactccctcatcgagg,42:tacatgtagcctttggagta,43:aaaggagaatgtcggtggca,44:gtggtaaactgggatgggaa, 

45:atacaagaggatggggtggg,46:gaatgcagagtccctaatga,47:agataggcctcagaagtgag,48:gcaatctcttgaaccacagt 
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2.9 Live imaging 

2.9.1 Sample preparation  

To perform live imaging, embryos were decorionated manually with forceps or with 10 μg/ml pronase. 

Embryos were then anaesthetized with tricaine, preselected at the stereoscope based on expression 

of fluorescent markers of interest and embedded in 0.8% low melting agarose (PeqLab) in E3 

containing 0.01% tricaine. Embryos were then mounted on their side on a MatTek glass-bottom dish 

(with glass thickness of 0.16-0.19 mm or 0.085-0.13 depending on the working distance required) or 

on a CELLview 4-chamber glass-bottom dish (with 0.17 mm glass thickness) (Greiner bio-one). For live 

imaging experiments, at most eight embryos were mounted per dish. After solidification of the 

agarose, 2 ml of E3 containing 0.01% tricaine were added to the dish. 

2.9.2 Microscopes 

The following microscopes and objectives were employed in this study: 

Leica MZ16F fluorescence stereoscope was used for colorimetric in situ imaging and for acquisition of 

embryo overviews.  

Imaging of live or fixed samples was performed using PE Ultraview ERS spinning disk confocal 

(PerkinElmer) (henceforth ERS), PE Ultraview VOX spinning disk confocal (PerkinElmer) (henceforth 

VOX), Olympus IXplore SpinSR10 spinning disk confocal (henceforth Olympus), Zeiss LSM880 with 

AiryScan technology (Zeiss) (henceforth LSM880), Zeiss LSM980 with AiryScan technology (Zeiss) 

(henceforth LSM980).  

SU5402 (section 2.7) and morpholino (section 2.5) imaging was performed on VOX using respectively 

Zeiss 20x (0.8NA) and Zeiss 10x (0.45NA) air objective. Pea3 smFISH images were acquired on VOX with 

Zeiss 100x (1.4NA) oil objective. For all the other experiments, Zeiss 40x (1.2NA) water objective with 

Immersol W immersion fluid (Zeiss) was used on ERS and VOX, Zeiss 40x (1.2NA) objective with silicon 

oil immersion was used on LSM880 and LSM980, Olympus 60x (1.3NA) objective with silicon oil 

immersion on the Olympus scope. On LSM880 and LSM980, an optimized acquisition speed was 

achieved using AiryScan FAST mode [Huff, 2016] together with a piezo stage and bi-directional 

scanning. 

2.9.3 Time lapse experiments 

To capture the behaviors of chain cells in real-time, overnight time lapse experiments were performed. 

Decorionated embryos were pre-treated with 20 μM RU-486 at 26hpf and, after 5 hours of incubation 

required for chemoFGFR expression to be detectable, embryos showing the desired combination of 

fluorescent labels were mounted on a 4-chamber imaging dish as described in section 2.9.1. Both the 

agarose used for embedding and E3 medium added post-solidification were supplemented with 20 μM 

RU-486. At most, six embryos were mounted per chamber. For time lapse imaging, a multi-position 

setup was used. This enabled the acquisition of multiple consecutive z-stacks across embryos with z-
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step size of 1-2 μm and time resolution of 15 minutes between time points. For each z-stack, both red 

channel, detecting tdTomato nuclei, and green channel, detecting chemoFGFR mNG, were acquired. 

Incubation temperature throughout the 14-22 hours of imaging was kept constant at 28°C. 40x 

objectives were employed for acquisition on ERS, VOX and LSM880 (see section 2.9.2 for the specifics 

of different objectives). A custom-made feedback microscopy tool implemented by another member 

of the lab, Jonas Hartmann [Hartmann, 2019] built upon the Microscopy Pipeline Constructor macro 

(MyPiC)[Politi et al., 2018], was used to ensure autofocus of cells across multiple positions and time 

points for LSM880 time lapses. 

2.9.4 Optogenetic activation  

To test activity of the chemoFGFR construct in light and dark conditions in early embryos, embryos 

microinjected with mRNA and uninjected controls were each split in two batches one hour after 

injection: one batch was kept in dark conditions to prevent chemoFGFR activation, and the other kept 

under constant blue light conditions in an ExoTerra incubator equipped with LED lights (ExoTerra 

Thermoelectric Reptile Egg Incubator) at 30°C. Embryos were then fixed at around 8hpf (protocol 

described in section 2.8.1). To avoid ambient light exposure, embryos kept in a dark regime were fixed 

in presence of red lighting. Finally, pea3 in situ hybridization was performed as described in section 

2.8.2. To test activity of chemoFGFR constructs in light and dark conditions in stable lines, embryos 

preselected for the presence of desired labels were chemically induced at 26hpf (section 2.7) and 

exposed to the dark-light regime described above. Embryos were then fixed at 36hpf and pea3 in situ 

hybridization was performed. To test light-dependency of the clustering phenotype, the above-

mentioned protocol was employed, with the exception that embryos were left in the light-dark regime 

until imaging at 48hpf. Given that imaging time is negligible in comparison to the time required for the 

development of a clustering phenotype, embryos overviews were captured live using stereoscope and 

confocal. 

For chemoFGFR experiments, unless otherwise stated, we standardly exposed embryos to constant 

blue light illumination following induction with 20 µM RU-486 from 26hpf until imaging, since we 

observed a stronger chemoFGFR-dependent phenotype in light than in dark conditions. However, for 

time lapse experiments (described in 2.9.3), embryos were kept in dark condition during the 5 hours 

pre-treatment (with 20 µM RU-486) preceding mounting and imaging. 

2.10 Image analysis 

2.10.1 Image preprocessing 

Prior preprocessing, images acquired with LSM880 or LSM980 were deconvolved with the built-in 3D 

AiryScan deconvolution tool on ZEN Black or Blue software with default settings (‘auto’ mode). Image 

preprocessing was performed in Fiji [Schindelin et al., 2012], unless otherwise specified. 16bit z-stacks 

were linearly rescaled to 8bit TIFF format, setting as minimum and maximum either image-specific 
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minimum and maximum intensity values (to allow an optimal visualization of the signal for each image) 

or fixed values kept identical across all images of the dataset (for comparative analysis or where 

intensities were relevant). To obtain whole lateral line overviews, individual z-stacks acquired with the 

multi-position setup were flatten by maximum intensity z-projection and stitched using the Grid 

stitching plugin or the deprecated-3D stitching plugin in Fiji [Preibisch et al., 2009]. When necessary 

for representative purposes (never before analysis), images were straightened, resliced (from xy-z to 

yz-x), rotated or cropped [Schindelin et al., 2012]. To process images automatically, Fiji custom-made 

macros were employed, some of which implemented from templates, while others generated by other 

members of the lab (Jonas Hartman and Max Brambach) and applied with only minor adaptations. 

When required, linear unmixing was performed to remove the bleed-through of nls-tdTomato nuclear 

label into the green channel, using a custom-made script written by another member of the lab, Jonas 

Hartmann [Hartmann et al., 2020]. 

2.10.2 Cluster counting and 2D analysis of cluster and cell shape 

To quantify the clustering phenotype of chemoFGFR embryos kept in light-dark regime (see section 

2.9.4) and of FGF3 overexpressing, chemoFGFR and control embryos, manual counting of neuromasts 

and clusters was performed on overviews of 48hpf embryos co-labelled with nls-tdTomato marker. To 

compare the clustering phenotype in FGF3-FGF10 morpholino experiments (see section 2.5), clusters 

and neuromasts were manually counted on stitched images of 48hpf embryos expressing cldnb:lyn-

GFP (a uniform lateral line membrane marker) and chemoFGFR mRFP, acquired with VOX and 

processed as described (section 2.10.1). We defined as ‘cluster’ an aggregate of at least three cells with 

nuclei tightly packed together. 

For the analysis of phenotypes in Cdh2 and NCAM1 Crispr experiments (see section 2.6), only clusters 

formed between first and second neuromast were acquired. The following 2D shape descriptors were 

calculated on z-projections using Fiji’s Analyze options [Schindelin et al., 2012], after manually drawing 

cluster contours with Fiji’s Polygon Selection Tool: 

 

𝐴𝑠𝑝𝑒𝑐𝑡 𝑅𝑎𝑡𝑖𝑜 = 𝑚𝑎𝑗𝑜𝑟 𝑎𝑥𝑖𝑠 𝑚𝑖𝑛𝑜𝑟 𝑎𝑥𝑖𝑠⁄  

 

𝐶𝑜𝑚𝑝𝑎𝑐𝑡𝑛𝑒𝑠𝑠 =  
√4 ∗ 𝑎𝑟𝑒𝑎/𝜋

𝐹𝑒𝑟𝑒𝑡 𝑑𝑖𝑎𝑚𝑒𝑡𝑒𝑟
 

 

𝐶𝑖𝑟𝑐𝑢𝑙𝑎𝑟𝑖𝑡𝑦 =  4𝜋 ∗ 𝑎𝑟𝑒𝑎 𝑝𝑒𝑟𝑖𝑚𝑒𝑡𝑒𝑟2⁄  

 

where ‘axis’ represents the axis of an ellipse fitted in the selected surface. 

To measure circularity of groups of cells aggregating in clusters across time, z-projections from time 

lapse experiments were analyzed (see 2.9.3). The area of interest was selected by drawing contours 

(Fiji’s Polygon Selection tool) for every time point. 

To compare the aspect ratio of solitary cells expressing chemoFGFR mNG or lyn-mNG control in mosaic 

experiments, surfaces of cells expressing the construct were automatically retrieved by applying Fiji’s 
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Otsu thresholding [Nobuyuki Otsu, 1979] on the mNG green channel. Shape parameters were 

extracted from the 2D binary masks using the Analyze Particle tool. 

2.10.3 Cell classification based on chemoFGFR expression and cell positioning 

Classification of cells as chemoFGFR positive or negative was performed by examining chemoFGFR 

fluorescence signal at the plasma membrane (in the red channel for chemoFGFR mRFP and in the green 

channel for chemoFGFR mNG) in z-projections and, when needed, z-stacks. Cells with detectable signal 

in the appropriate channel were considered chemoFGFR positives while cells that presented no 

detectable chemoFGFR signal were considered chemoFGFR negatives. 

Classification of cells within clusters as part of the inside ‘seed’ or of the peripheral ‘rim’ was performed 

on flat z-projections. Cells were classified depending on the position of their nucleus relatively to a 

reference point, the cluster apical center (yellow dot). Cell nuclei that were facing directly the 

reference point, without other nuclei obstructing, were considered part of the cluster seed (red arrows 

and red marks in Figure 2.1), while cells whose nuclei were ‘shielded’ for most of their surface from 

facing directly the reference point, were identified as rim (blue shadows and blue crosses in Figure 

2.1). For this analysis, we only considered clusters of at least four cells where an apical center was 

reliably identifiable. 

 

 

 

Figure 2.1: Position-based classification of cells within clusters 

Schematic displaying the classification of cells within a cluster as belonging to the ‘seed’ or to the ‘rim’ of the 

cluster. The apical center of the cluster, represented as a yellow dot, is the reference point used for the 

classification. Cells whose nuclei directly face the reference point in 2D z-projections are considered part of the 

seed (indicated with red marks), while cells whose nuclei are positioned externally are part of the rim (indicated 

with blue crosses). Scale bar 10 μm. 

2.10.4 Quantification of signal intensity and distribution of adhesion proteins  

For Cdh2 quantifications, the Cdh2:Cdh2-GFP BAC line [Revenu et al., 2014] was employed. The 

analysis was performed on preprocessed dual-color z-stacks of 48hpf chain cells expressing Cdh2-GFP 
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with or without chemoFGFR (drug induction detailed in section 2.7), acquired using LSM880 (40x). 

16bit to 8bit conversion was performed using manually selected values for rescaling, chosen with 

respect to the intensity range of Cdh2-GFP in the dataset and applied identically across all samples and 

controls. To quantify absolute Cdh2 intensities in chain cells (Figure 2.2 a), ‘side’ membrane portions 

(not contacting other membranes) were selected in various z-slices using Fiji’s Line tool (line width=1 

µm) and signal intensity was measured in the Cdh2 channel. Three measurements per cell were 

acquired and their mean was background subtracted. ChemoFGFR mRFP channel was used to assign 

to each cell chemoFGFR positive or negative identity. 

To quantify Cdh2 enrichment at cell interfaces, fold increase in signal was measured (Figure 2.2 b). As 

a control, chain cells co-expressing Cdh2-GFP with uniform membrane label lyn-mKate2 were imaged. 

To evaluate enrichment, we drawn ROI lines (using Fiji’s Line tool, line width=1 µm) along the interface 

between 2 cells and along ‘side’ membranes and we acquired, in both locations, signal intensity for 

both Cdh2 channel and secondary membrane channel, which was lyn-mKate2 for wild types and 

chemoFGFR mRFP for samples. Interfacial fold increase observed in Cdh2 channel was then normalized 

by interfacial fold increase retrieved in the secondary membrane channel (Figure 2.2 b). 

To generate intensity line profiles for NCAM1b and Cdh2 at cell interfaces (chains, periderm and 

doublets), preprocessed z-stacks were sum-projected and Fiji’s Plot Profile tool was used to extract 

intensity measures along a manually selected line (line width=1 µm).  

 

 

 

Figure 2.2: Analysis of Cdh2 levels 

(a) Schematic representing the analysis of Cdh2 absolute intensities. For simplicity, in the schematic only one A 

line and B line was drawn, while for the analysis three ROI lines were acquired for each cell. (b) Schematic 

representing fold increase calculations at cell-cell interfaces. ChemoFGFR mRFP or lyn-mKate2 channels were 

used as uniform membrane labels to normalize the fold increase of the Cdh2 channel. 

2.10.5 Analysis of centrosome orientation  

Dual-color z-stacks of 48hpf chemoFGFR mNG expressing embryos and controls, microinjected at 1-

cell stage with centrin-tdTomato mRNA (labeling centrosomes), were acquired using ERS scope (40x) 

with 0.5 µm sectioning. Following preprocessing, the analysis was performed on 2D z-projections of 

cluster cells and wild type chain cells across the whole lateral line. Single cell polarity angles 
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represented in the rose plots, were measures of the angle between the centrosome, the 2D centroid 

of the cell nucleus and a reference point, extracted using the Angle tool in Fiji. As reference point for 

chain cell analysis we used the y-axis, while, for cluster cell analysis, we used the apical center of each 

cluster, previously selected manually on the membrane/nuclear channel with Fiji's Multi-point 

selection. To reliably assign each centrosome to the nucleus of the same cell (labeled with LexOP:nls-

GFP), 3D z-stacks were examined alongside the relative 2D z-projections. Cells with multiple 

centrosomes (likely a consequence of construct misexpression or of the proliferative state of a cell) 

were excluded from the analysis. This pipeline could not be applied for neuromast cells since the 

nucleus-centrosome assignation was not reliable. 

To analyze centrosome orientation separately for chemoFGFR positive and negative cells within 

clusters, the above mentioned analysis was applied with two differences: first, to enable 3-color 

imaging, we generated a fish line containing a far-red version of centrin (LexOP:Centrin-mIRFP670, 

LexPR) and we combined it with nls-tdTomato nuclei and chemoFGFR mNG; second, images were 

captured on a LSM880 confocal. 

To analyze the nucleus-centrosome configuration of wild type chain cells, we classified chain cell pairs 

in four categories depending on the positioning of centrosome relative to the nucleus in both cells of 

each pair and we recorded coordinates of manually selected nuclei with Fiji’s Multi-point tool. 

Distances between consecutive nuclei for each category were calculated in excel and plotted in python. 

2.10.6 Hair and mantle cell differentiation analysis 

For the analysis of hair cell differentiation, the Brn3c:mGFP fish line was used [Steiner et al., 2014; Xiao 

et al., 2005]. High-resolution z-stacks of 48hpf embryos fixed and labeled with DAPI with or without 

chemoFGFR mNG expression were acquired on a LSM980 confocal (40x). Following image 

preprocessing, the number of de novo clusters having at least one Brn3c-labeled cell and the number 

of Brn3c-labeled and unlabeled cells within each cluster or wild type neuromast were quantified on z-

projections. Brn3c-labeled cells were classified as chemoFGFR positive or negative cells as previously 

described (see section 2.10.3). 

 

For the analysis of mantle cell differentiation, the AlpI:mCherry fish line was used [Steiner et al., 2014]. 

High-resolution z-stacks of 48hpf or 72hpf live embryos with or without chemoFGFR mNG expression 

were acquired on a LSM980 confocal (40x) and preprocessed. Two main factors complicated the 

interpretation of the AlpI:mCherry signal within de novo clusters. First the fact that clusters derive from 

chain cells, that are also strongly labelled with AlpI:mCherry. Following our standard induction protocol 

(section 2.7), cell clustering normally occurs between 31 and 48hpf. As a consequence, if we image 

embryos too early after induction, we cannot disentangle whether AlpI:mCherry signal in a certain cell 

of the cluster is high because the cell has just joined the cluster or because of mantle cell 

differentiation. Second, being mCherry cytoplasmic, proliferation during cluster formation might cause 

signal dilution, leading to a reduction of the AlpI:mCherry signal independent of the differentiation 

state of the cell. To partially circumvent these issues caused by the dynamics of de novo cluster 
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formation, we shifted the endpoint of the AlpI:mCherry analysis within de novo clusters from 48hpf to 

72hpf. Moreover, given the heterogeneity of the AlpI:mCherry signal levels, in our quantifications we 

considered ‘bona fide’ AlpI:mCherry cells only the ones showing expression levels above a threshold 

(retrieved from AlpI:mCherry levels observed within wild type neuromasts). AlpI-labeled cells were 

classified as chemoFGFR positive or negative cells as previously described (see section 2.10.3). 

2.10.7 Nuclei detection and kymograph generation 

Automatic detection of nuclei and kymograph generation were implemented in a custom python script 

generated in collaboration with another member of the lab, Jonas Hartmann. The following python 

modules were used: scikit-image 0.13.0 [Van Der Walt et al., 2014], numpy 1.11.3 [Oliphant & Millma, 

2006] and scipy.ndimage 2.0 [E. Jones et al., 2001]. Shortly, time lapse imaging was performed on an 

ERS spinning disk (40x objective) as previously described (section 2.9.3). After preprocessing in Fiji 

(section 2.10.1), stitched z-projections of lateral lines co-expressing chemoFGFR mNG and nuclear nls-

tdTomato were cropped to remove tdTomato-labelled nuclei not belonging to the lateral line. The 

nuclear nls-tdTomato channel was processed according to the following pipeline: nuclei were 

smoothed (gaussian smoothing σ=3 pixels), background subtracted (adaptive background subtraction 

modality) and binarized with an Otsu Automated Threshold. To split erroneously fused nuclei, a 

distance transform map was calculated and the maxima retrieved were annotated as nuclei seeds. 

Seeds were then individually labeled and watershed was applied. To correct for over-split nuclei, we 

took advantage of the observation that a nucleus boundary displays a decreased fluorescence intensity 

compared to a nucleus center. By comparing high-intensity pixels (above the 90th percentile) between 

a nucleus center and its putative nucleus boundary, we could discriminate correct splits from wrong 

ones. A 2D centroid was then automatically assigned to each nucleus and projected on a 1D spline line. 

Spatial coordinates of centroids were extracted from each time point, stored as projections on the 

spline line and plotted on kymographs. 

2.10.8 Nuclei segmentation and analysis of orientation 

High-resolution z-stacks of 48hpf lateral lines expressing a nuclear label (nls-tdTomato) with or without 

chemoFGFR mNG, were acquired using a 40x objective on a LSM880 confocal (voxel size: 0.099 μm in 

xy, 0.225 μm in z). The interactive machine-learning based software Ilastik [Berg et al., 2019; Sommer 

et al., 2011] was employed to segment lateral line nuclei in 3D. To retrieve nuclei, the nls-tdTomato 

channel was processed with Ilastik Pixel and Object Classification workflow. Segmented nuclei were 

then individually labeled using the Fiji plugin 3D object counter [Bolte & Cordelières, 2006] and nuclear 

shapes were analyzed using the 3D ROI manager plugin [Iannuccelli et al., 2010]. Moreover, single cell 

nuclear orientations were obtained by calculating Theta angles with the Inertia Ellipsoid module of 

Morpholib Fiji plugin [Legland et al., 2016]. Finally, segmented nuclei were manually classified 

depending on the organization the cell was part of (classification in neuromast nuclei, chain cells nuclei, 

de novo cluster nuclei) and on chemoFGFR expression (classification in chemoFGFR positive or negative 

cells). Nuclear segmentation was manually curated to remove wrongly merged or split nuclei.  



53 

 

The following nuclear features were plotted: 

 

𝑇ℎ𝑒𝑡𝑎 𝑎𝑛𝑔𝑙𝑒

=  𝑎𝑛𝑔𝑢𝑙𝑎𝑡𝑖𝑜𝑛 𝑜𝑓 𝑡ℎ𝑒 𝑚𝑎𝑗𝑜𝑟 𝑎𝑥𝑖𝑠 𝑜𝑓 𝑡ℎ𝑒 𝑛𝑢𝑐𝑙𝑒𝑢𝑠 𝑟𝑒𝑙𝑎𝑡𝑖𝑣𝑒 𝑡𝑜 𝑋𝑌 𝑝𝑙𝑎𝑛𝑒 𝑜𝑓 𝑡ℎ𝑒 𝑖𝑚𝑎𝑔𝑒 

 

𝑁𝑢𝑐𝑙𝑒𝑎𝑟 𝑒𝑙𝑜𝑛𝑔𝑎𝑡𝑖𝑜𝑛 =  𝑒𝑙𝑙𝑖𝑝𝑠𝑒 𝑚𝑎𝑗𝑜𝑟 𝑎𝑥𝑖𝑠 𝑒𝑙𝑙𝑖𝑝𝑠𝑒 𝑚𝑖𝑛𝑜𝑟 𝑎𝑥𝑖𝑠⁄  

 

where ‘ellipse’ is the ellipse inscribed in the segmented nucleus. Imaris 7.6.4 (Bitplane) was used for 

3D image rendering. 

2.10.9 Single cell segmentation and analysis of chemoFGFR phenotype 

High-resolution z-stacks of 48hpf lateral lines expressing a uniform membrane label (cldnb:lyn-GFP) 

with or without chemoFGFR mRFP were acquired using a 40x objective on a LSM880 confocal (voxel 

size: 0.099 μm in xy, 0.225 μm in z). After preprocessing (described in section 2.10.1), 3D single cell 

segmentation and sphericity analysis were performed by another member of the lab, Jonas Hartmann, 

using a custom-made software detailed elsewhere [Hartmann et al., 2020]. Individual cells, previously 

labeled as part of wild type neuromasts, small clusters (composed of fewer than 8 cells) or large 

clusters (composed of 8 cells or more), were automatically classified as chemoFGFR positive cells or 

negative cells, based on their normalized chemoFGFR signal intensities: a threshold was set at the 50th 

percentile of fluorescence intensity and cells whose signal was above the threshold were classified as 

chemoFGFR positives and cell whose signal was below it as chemoFGFR negatives. Sphericity was 

measured for each cell and compared across categories. Specifically, cell sphericity was calculated as 

the mean deviation of a sample cell from a sphere centered on the cell centroid and with the radius of 

the mean sample cell [Hartmann et al., 2020]. The retrieved values were inverted and linearly 

normalized between 0 and 1, where sphericity of 1 indicates a perfect spherical shape. 

2.10.10   Single cell tracking and measurements 

After image acquisition (section 2.9.3) and preprocessing (section 2.10.1), time lapse z-projections 

were corrected for whole-tissue drifting due to embryonic growth using the Correct 3D-drift Fiji plugin 

[Parslow et al., 2014]. To track individual nuclei in 2D and extract cell speeds, Fiji's Manual Tracking 

plugin was employed [Cordelires, 2017]. Individual tracks of cells ending up in de novo clusters were 

manually examined to measure the net displacement of each cell (through acquisition of XY 

coordinates of the cell center in the first and last time frame) and the range of cluster formation 

(through acquisition of the XY coordinates, in the first time frame, of the most ‘external’ left and right 

cells ending up into each cluster). We moreover quantified for individual clusters the number of cells 

that were acquired via proliferation of cells already present within the cluster and the number of cells 

that were instead acquired via aggregation. 

3D volumes of chain cells, neuromast cells and of cells assembling clusters were rendered with Imaris 

7.6.4 (Bitplane), upon manual drawing of the cell contours within the software. 
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2.10.11   Analysis of compaction angles and cell-cell interfaces in doublets  

To analyze doublet compaction, contact angles between the two cells (theta angles) were measured 

in z-projections across time points using Fiji’s Angle tool. For each time point, the value reported on 

the plot was a mean of the top and bottom interface angles. Cell-cell interface lengths were calculated 

in z-projections, manually drawing lines using Fiji’s Line tool for each time point. 

2.11 Plotting and statistical analysis 

All statistical analyses were performed in python using statannot [from https://github.com/webermar 

colivier/statannot] or scipy.stats [E. Jones et al., 2001] packages. Non-parametric Wilcoxon rank-sum 

test (two sided) (also referred to as Mann–Whitney U test) was used to estimate statistical significance 

between two conditions. Plots were generated with python employing matplotlib 1.5.1 [J. D. Hunter, 

2007] and seaborn 0.9 libraries [Waskom, 2018] within Jupyter Notebooks (jupyter 4.4.0, notebook 

5.7.4) [Kluyver et al., 2016]. All boxplots displayed are standard box and whiskers plots showing median 

(black line), interquartile range and mean (white line). Individual data points are displayed on top of 

boxplots. Line plots used to represent circularity of clusters in time, contact angles and cell-cell 

interface lengths over time display mean (purple line), individual data profiles (dashed lines in different 

colors) and standard deviation (shaded area). Line plots used to evaluate enrichment of adhesion 

proteins at cell-cell interfaces were generated in excel. Sample sizes (n) are reported in figure legends. 

Significance was annotated as follow: 

ns: 5e-2 < p <= 1 

*: 1e-2 < p <= 5e-2 

**: 1e-3 < p <= 1e-2 

***: 1e-4 < p <= 1e-3 

****: p <= 1e-4 

For 3D single cell shape analysis (section 2.10.9), we computed effect size using Cohen's d [Cohen, 

1988] to estimate the magnitude of the differences.  

Effect size was estimated as follow [Cohen, 1988; Sawilowsky, 2009]:  

no effect: d≈0.0 

small effect: d≈0.2 

medium effect: d≈0.5 

large effect: d≈0.8  

very large effect: d≈1.2 
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3 Results  

3.1 Development and validation of a ‘chemoFGFR’ approach 

3.1.1 Generation of an FGFR with optogenetic and chemically inducible control 

We began by developing an approach to manipulate the activity of Fibroblast growth factor receptor 

1a (FGFR) in a cell autonomous manner. FGFR, like most tyrosine kinase receptors, requires a ligand-

induced homodimerization for activation and triggering of the signaling cascade downstream [B. Thisse 

& Thisse, 2005] (Figure 3.1 a). To control FGFR activity, we sought to replace the requirement for FGF 

ligand with chemically induced expression or with light control. We adapted an optogenetic FGFR 

strategy that had been successfully used in cell cultures [Grusch et al., 2014], which exploited a 

photosensitive LOV domain for light-mediated dimerization and consequent activation of the chimeric 

receptor. Following the design of the original chimeric construct, we fused the LOV domain, which 

dimerizes upon exposure to blue light, with the C-terminal end of the kinase domain of zebrafish FGFR 

(Figure 3.1 b). To obtain a construct that was responsive exclusively to light and not to endogenous 

FGF ligands, the extracellular domain of FGFR was omitted and a membrane tag introduced at the N-

terminal to allow plasma membrane localization. We generated versions of this receptor coupled to 

different fluorophores (Figure 3.1 c) to facilitate using it in combination with existing reporter lines.  

 

Tools based on FGFR are notorious for their tendency to spontaneously cluster when overexpressed, 

leading to constitutive activity [Kirchgeorg et al., 2018]. As FGF signaling is known to play critical roles 

in early development, from gastrulation onwards, changes in the activity of this key pathway lead to 

developmental arrest [Kirchgeorg et al., 2018]. Therefore, in order to gain an additional level of control, 

we placed the construct under the control of the chemically inducible expression system LexPR/LexOP 

(Figure 3.1 d) [Durdu et al., 2014; Emelyanov & Parinov, 2008]. LexPR/LexOP is a binary expression 

system that consists of a steroid-regulated variant of the LexA transactivator (LexPR), that can activate 

genes of interest that are coupled to a LexOP promoter in the presence of the progesterone analog 

RU-486. This gene expression system enables reliable temporal and spatial control of expression: 

timing of drug administration allows stringent temporal control of the transactivation, while tissue-

specificity given by the promoter driving LexPR expression enables tight spatial restriction. As an extra 

layer of spatial control, drug concentration and time of administration can tune levels of mosaicism 

within the domain of expression, which is commonly observed in conditional expression systems 

[Ryding et al., 2001]. 
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Figure 3.1: Design of optogenetic and chemically inducible lyn-FGFR-LOV constructs 

(a) FGF-dependent activation of wild type FGFR. (b) Light-dependent activation of an optogenetic FGFR. Blue light 

induces dimerization of two chimeric proteins, driving cross-phosphorylation of kinase domains and FGF signaling 

activation. (c) Different versions of lyn-FGFR-LOV coupled with fluorophores. (d) Schematic representing 

chemically mediated control of protein expression via LexPR/LexOP transactivation system. The LexPR protein is 

expressed under the control of a lateral line chemokine receptor promoter (Cxcr4b). Upon binding with the 

inducer RU-487, LexPR couples with the LexOP promoter, driving expression of the protein of interest.  

3.1.2 ChemoFGFR activates FGF signaling and drives cell clustering in the      

lateral line  

We analyzed lyn-FGFR-LOV subcellular localization by plasmid microinjection in 1-cell stage embryos, 

finding that the chimeric protein was expressed and correctly localized at the plasma membranes of 

cells in 8 hour post fertilization (hpf) embryos (Figure 3.2 a). We next tested the ability of lyn-FGFR-

LOV to activate FGF signaling upon blue light exposure by performing in situ hybridization (ISH) of pea3, 

a ‘bona fide’ FGF signaling target [Durdu et al., 2014], on 8hpf embryos microinjected at 1-cell stage 

with lyn-FGFR-LOV mRNA and kept in a dark or light exposure regime. Injecting mRNA instead of DNA 

enabled uniform expression of the construct throughout the embryo. We found that embryos 
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microinjected with lyn-FGFR-LOV mRNA displayed high levels of pea3 expression throughout the entire 

embryos, losing the spatially restricted pattern of pea3 expression detectable in uninjected embryos 

(Figure 3.2 b). However, light-exposed and dark-kept embryos gave very similar results, suggesting that 

lyn-FGFR-LOV displays constitutive activity also in dark conditions, termed ‘dark state activity’, when 

expressed in this manner (Figure 3.2 b).  

To test whether lyn-FGFR-LOV could be used to spatiotemporally control activation of FGF signaling 

within the lateral line system, we generated transgenic fish lines driving tissue-specific chimeric 

construct expression, exploiting the previously described LexPR/LexOP system. FGFR expression was 

induced treating 26hpf embryos with 20 µM RU-486 and embryos were either exposed to blue light or 

kept in the dark until 36hpf, when they were fixed and pea3 in situ was performed. We found that, as 

for early embryos, lyn-FGFR-LOV was not regulated by light but constitutively active also in the lateral 

line system (Figure 3.2 c). Nevertheless, the chemically inducible expression system LexPR/LexOP could 

still enable sufficient spatiotemporal control over FGF signaling, allowing tissue-specificity and cell-

autonomous activation. Thus, we decided to exploit the constitutively active construct to activate FGF 

signaling in the lateral line system. As here expression of the FGFR is chemically inducible, we will use 

the term ‘chemoFGFR’ hereafter. 

 

To assess the extent of FGF signaling upregulation upon chemoFGFR activity quantitatively, we 

compared wild type neuromasts with neuromasts expressing chemoFGFR using single molecule 

fluorescent in situ hybridization to measure pea3 transcript levels [Durdu et al., 2014; Raj et al., 2008] 

(Figure 3.2 e). Analysis of pea3 smFISH data showed that FGF signaling was significantly increased in 

chemoFGFR positive neuromasts when compared to wild type, providing quantitative support for our 

observations from ‘traditional’ colorimetric pea3 in situs (Figure 3.2 d, f).  

 

Next, we explored whether in stable transgenic lines chemoFGFR expression could induce a lateral line 

phenotype consistent with FGFR activation (Figure 3.3). To address that, chemoFGFR expression was 

induced by treating 26hpf embryos with 20 µM RU-486 until 48hpf and the effects were assayed live. 

Expressing chemoFGFR in this manner caused alterations in the stereotypic pattern of lateral line 

organs, with detection of ectopic clusters of cells and, occasionally, reduced spacing between 

neuromasts (Figure 3.3 a). We found that the total number of cellular aggregates, including de novo 

clusters and neuromasts, was significantly increased in chemoFGFR expressing embryos compared to 

wild type embryos (Figure 3.3 b). We defined as ‘cluster’ an aggregate of at least three cells with nuclei 

tightly packed together. This configuration was easily distinguishable from the typical distribution of 

control chain cells, whose nuclei appeared aligned as in a chain. The size range of ectopic clusters was 

highly variable, going from three cells up to twelve cells, with an average of six cells in each cluster 

(Figure 3.3 c). Strikingly, ectopic de novo clusters were found in lateral line regions between 

neuromasts, where only mesenchymal-like chain cells located in wild type embryos (Figure 3.3 a). 
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Figure 3.2: Lyn-FGFR-LOV activates FGF signaling 

(a) Expression and localization of lyn-FGFR-LOV mRFP (under β-actin promoter) at the plasma membranes in 

early embryos; the red signal represents a co-injected nuclear marker (β-actin:nls-BFP). (b) Colorimetric in situ 

of pea3 in early embryos. From left to right: uninjected controls, embryos injected with lyn-FGFR-LOV mRFP 

mRNA and kept in light conditions, embryos injected with lyn-FGFR-LOV mRFP mRNA and kept in dark conditions. 

(c) Colorimetric in situ of pea3 in stable transgenic embryos, with expression of lyn-FGFR-LOV mRFP specifically 

in the lateral line. From left to right: non-expressing control siblings, lyn-FGFR-LOV mRFP expressing embryos 

kept in light conditions, lyn-FGFR-LOV mRFP expressing embryos kept in dark conditions. Lateral line primordium 

is outlined with white dashed lines. (d) Representative images of pea3 smFISH in control neuromasts and lyn-

FGFR-LOV mRFP positive neuromasts (z-projections). (e) Schematic of the smFISH approach and (f) quantification 

of pea3 smFISH spots (**: 1e-3 < p <= 1e-2). The number of pea3 transcripts per cell is calculated for each 

neuromast (n control = 6; n lyn-FGFR-LOV=7), by dividing the number of pea3 mRNA spots by the number of nuclei. 

Scale bar (a) and (d) 20 μm; (c) 0.5 cm. 

 

The chemoFGFR-dependent phenotype appeared clearly distinct from the phenotype generated by 

overexpression of one of the FGF ligands involved in neuromast deposition during lateral line 

migration, FGF3 [Durdu et al., 2014]. Although the identical LexPR driver was employed for FGF3-GFP 

and chemoFGFR, in embryos overexpressing FGF3-GFP the total number of cellular aggregates was 

comparable with wild type embryos (Figure 3.3 b). Moreover, as previously described in [Durdu et al., 
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2014], in FGF3-overexpressing embryos the spacing between neuromasts was strongly reduced and 

often no chain cells were detectable in between, while this was not the case in chemoFGFR expressing 

embryos. 

These results suggest that chemoFGFR induction is able to drive profound and unique changes in the 

lateral line, with a striking impact on organization and patterning of the whole tissue.  

 

 

 

Figure 3.3: ChemoFGFR drives a lateral line phenotype 

(a) Overview of a control lateral line, a chemoFGFR expressing lateral line (LexOP:chemoFGFR mNG) and a FGF3-

GFP expressing lateral line (LexOP:FGF3-GFP [Durdu et al., 2014]). The images are z-projections with nuclei in red 

(cxcr4b:nls-tdTomato) and chemoFGFR or FGF3-GFP in green. In FGF3-GFP expressing lateral lines, FGF3-GFP 

fluorescence signal appears concentrated in central and apical spots in neuromasts, as FGF3 is secreted into 

microlumina [Durdu et al., 2014]. The integrity of most of the microlumina however is already lost at 48hpf, since 

they physiologically fuse with the overlying skin, causing the ligand to diffuse out. Write arrows indicate de novo 

clusters. (b) Comparison of total number of de novo clusters and neuromasts per embryo at 48hpf in three 
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conditions (N control = 7; N chemoFGFR =19; N FGF3=15). (c) Quantification of number of cells detected for each de 

novo cluster in 48hpf chemoFGFR expressing lateral lines (n clusters=91). (d) Close-up views of the lateral line 

segment between first and second neuromast of 48hpf control siblings and chemoFGFR expressing embryos kept 

in light and dark conditions (z-projection). Write arrows indicate de novo clusters. (e) Quantification of the total 

number of neuromasts and clusters per embryo (N control = 20; N chemoFGFR light=13; N chemoFGFR dark=10 ) ( ****: 

p <= 1e-4; **: 1e-3 < p <= 1e-2; ns: 5 e-2 < p <= 1). Scale bar (a) 100 μm; (d) 50 μm.  

 

We next tested whether the chemoFGFR-dependent phenotype observed in the lateral line showed 

light-dependency. Consistently with pea3 ISH results (Figure 3.2 b, c), both light-exposed and dark-

kept embryos displayed ectopic de novo clusters at 48hpf (Figure 3.3 d, e). Although there was a 

significant difference in the total number of aggregates for the two conditions, we concluded that 

chemoFGFR dark state activity was too high to allow the clean on-off switch required for optogenetic 

experiments. We thus employed the chemoFGFR construct as a constitutively active FGFR. Since the 

chemoFGFR-dependent phenotype appeared stronger in light conditions, we decided to expose 

embryos for chemoFGFR experiments to constant blue light illumination before imaging (using a 

benchtop incubator), unless otherwise stated. All the three variants of chemoFGFR generated gave 

comparable results in terms of phenotype generation and dark state activity, so we considered them 

equivalent and we used them interchangeably in different experiments. The chemoFGFR variant 

labeled with mNG fluorophore was the most frequently used because of the greater brightness of the 

fluorophore. We established induction of 26hpf embryos with 20 µM RU-486, exposure to blue light 

and image acquisition at 48hpf as our standard workflow for chemoFGFR-dependent de novo cluster 

generation and detection. We henceforth refer to it as chemoFGFR induction.  

3.1.3 ChemoFGFR is a bona fide inducible activator of FGF signaling 

To confirm that the chemoFGFR-dependent clustering phenotype was specifically mediated by FGF 

receptor activation, we treated embryos expressing chemoFGFR with a specific FGFR1 kinase domain 

inhibitor, SU5402. Previous studies showed that SU5402 effectively abrogates FGF signaling in the 

lateral line, resulting in defective neuromast assembly and deposition, a phenotype equivalent to that 

of FGF3 and FGF10 morpholino injections [Durdu et al., 2014; Lecaudey et al., 2008; Nechiporuk & 

Raible, 2008].  

Treatment of chemoFGFR expressing embryos with 1 µM SU5402 resulted in abrogation of 

chemoFGFR-dependent lateral line phenotype, while untreated chemoFGFR expressing siblings 

displayed a typical chemoFGFR-dependent lateral line phenotype, with expression of the construct at 

the plasma membrane being comparable in the two conditions (Figure 3.4 a, b, c). We conclude that 

chemoFGFR-dependent cluster formation requires specific activation of the chemoFGFR kinase 

domain. 
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Figure 3.4: SU5402 abrogates the chemoFGFR-dependent lateral line phenotype 

(a) Overview of a 48hpf untreated lateral line (wild type control), a chemoFGFR expressing lateral line, a wild 

type lateral line treated with SU5402 inhibitor, a chemoFGFR expressing lateral line treated with SU5402 

inhibitor. The red version of chemoFGFR was used (chemoFGFR mRFP), co-imaged with a lateral line plasma 

membrane label (cldnb:lyn-GFP). Both channels are displayed for the chemoFGFR expressing lateral lines. (b) 

Close-up views of the chemoFGFR mRFP channel. (c) Schematic of the outcomes observed for different 

treatments. Scale bar 50 μm. 

3.1.4 De novo clusters form through aggregation of chain cells 

To address how the unique chemoFGFR-dependent phenotype established, we asked whether de novo 

clusters originated from chain cells or whether they were the result of aberrant deposition from the 

migrating primordium or primordium fragmentation, a known consequence of a severe loss of Notch 

signaling [Matsuda & Chitnis, 2010]. Chain cells are a poorly understood population of multipotent 

progenitors, that display a flat mesenchymal-like morphology and is deposited from the lateral line 
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primordium in between neuromasts (for this reason also called ‘interneuromast cells’) [Ghysen & 

Dambly-Chaudière, 2007].  

 

To explore de novo cluster origin, we performed time lapse imaging on chemoFGFR and control 

embryos co-expressing a lateral line-specific nuclear marker (cxcr4b:nls-tdTomato), from 31hpf to 

48hpf (Figure 3.5 a). Prior to imaging, to induce chemoFGFR expression, embryos were pre-treated 

with 20 µM RU-486 for 5 hours (starting from 26hpf), which is the time delay required for detection of 

chemoFGFR signal in lateral line cells. During this pre-treatment, embryos were kept in dark conditions 

to prevent light-dependent signaling activation. RU-486 induction of chemoFGFR was also maintained 

during imaging by addition of the drug to the mounting agarose and medium. Time lapse experiments 

were performed on a spinning disk scope, using a multi-position protocol with a time resolution of 15 

min for a total of 17-22 hours (Figure 3.5 a). We established this as our standard workflow for time 

lapse experiments. 

To evaluate cell displacement in time, an analysis pipeline was developed in collaboration with another 

member of the lab (Jonas Hartmann, protocol detailed in Material and Methods 2.10.7). Briefly, 

nuclear signal (cxcr4b:nls-tdTomato) was employed to automatically segment single nuclei, from which 

centroid coordinates were retrieved. Centroids detected for each time point were then projected on 

a spline line and kymographs were obtained, showing how their positions on the spline change over 

time. Although individual nuclei were retrieved for each time point independently and not linked 

across frames to obtain single-nuclei time tracks, general trends of cellular displacement could be 

inferred from the temporal profile of centroid positions (Figure 3.5 b, c). From these data, we identified 

two distinct modes of cluster formation. Firstly, the well-characterized ‘standard’ mode where wild 

type neuromasts are deposited from the migrating primordium, therefore present in both control and 

chemoFGFR expressing lateral lines (Figure 3.5 b, c). The second mode identified was exclusively 

detected in chemoFGFR expressing lateral lines forming de novo clusters. Strikingly, we observed that 

de novo clusters assembled in the low-density lateral line segments populated by chain cells, which 

were originally deposited at regular interval and appeared to converge in time. We term this 

‘aggregation-dependent cluster formation’ (Figure 3.5 c). We conclude that the de novo clusters 

originate from the mesenchymal-like population of chain cells. Moreover, our results suggest that 

aggregation of chain cells is involved in de novo clusters formation. 
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Figure 3.5: De novo clusters form through aggregation of chain cells 

(a) Standard experimental set up used for time lapse experiments. (b) Kymograph of a control lateral line, with 

close-up view of a region between first and second neuromast. Below are reported images of the first and last 

time point of the corresponding wild type control lateral line. (c) Kymograph of a chemoFGFR expressing lateral 

lines, with close-up view of a region between first and second neuromast. Below are reported images of the first 

and last time point of the corresponding chemoFGFR expressing lateral line. Cxcr4b:nls-tdTomato, shown in 

white, labels cell nuclei; chemoFGFR mNG is shown in green. Black arrows indicate positions where organs are 

forming via standard primordium deposition, while the green arrowheads indicate positions where aggregation-

dependent cluster formation occurs. Scale bars 50 μm. 
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3.1.5 ChemoFGFR expression in the lateral line does not give an obvious 

phenotype in associated Schwann cells 

During the last decades, the study of organ regeneration upon severe injury, for example appendage 

regeneration following amputation [Tanaka, 2016; Vogg et al., 2019], has provided insights into 

epithelial emergence in vivo. Analogously, in the zebrafish lateral line, a number of studies employing 

pharmacological treatments and electro ablation, demonstrated that neuromasts regenerate upon 

severe damage [Grant et al., 2005; Lopez-Schier & Hudspeth, 2005; Sánchez et al., 2016]. These studies 

shed light on the regenerative capability of chain cells as multipotent progenitors, and, in addition, on 

the crucial role of glial cells to regulate this potential. It has been shown that indeed glial cells prevent 

proliferation and differentiation of chain cells through inhibition of Wnt/β-catenin signaling [Lush & 

Piotrowski, 2014b] and that the withdrawal of this inhibition during late larval stage enables assembly 

of chains-derived intercalary neuromasts. Consistently, upon lack or damage of glia, premature 

formation of intercalary neuromasts occurs [Grant et al., 2005; Lopez-Schier & Hudspeth, 2005; 

Sánchez et al., 2016]. 

To confirm that a loss of glial cells did not underlie the chemoFGFR-dependent phenotype observed, 

we employed the foxd3:GFP fish line to labels Schwann cells [Gilmour et al., 2002], and we combined 

it with chemoFGFR induction. It had been described [Gilmour et al., 2002] that foxd3:GFP positive cells 

are organized as two closely proximal chains of cells wrapped around the lateral line nerve. We 

observed that, at 48hpf, chemoFGFR expressing embryos displayed a continuous uninterrupted chain 

of foxd3-positive cells, indistinguishable from control embryos (expressing an inert membrane 

labeling, lyn-RFP) (Figure 3.6). Since we could not detect Schwann cell depletion nor any other obvious 

difference, we concluded that chemoFGFR-dependent lateral line phenotype is not the result of 

changes in this Schwann cell population. This result is consistent with our finding that chemoFGFR 

expression is undetectable in these cells.  

 

We thus found that the multipotent potential of chain cells emerges not only upon damage of the 

neighboring glial population, but it can be driven cell-autonomously within these cells by chemoFGFR 

expression. Therefore, the chemoFGFR approach represents a novel strategy to drive formation of 

ectopic clusters that ensures tighter spatio-temporal control. 
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Figure 3.6: ChemoFGFR-dependent organ formation is not the result of a glial phenotype 

Close-up view of the lateral line segment between first and second neuromast of 48hpf embryos either 

expressing a control membrane tag (LexOP:lyn-RFP, top image) or expressing chemoFGFR mRFP (bottom image). 

Ectopic cell clusters (indicated with white arrowheads) are present in chemoFGFR expressing lateral lines and 

not in controls, while Schwann cells labelled with foxd3:GFP [Gilmour et al., 2002] appear comparable in the two 

conditions. Images show the merge of the green (foxd3:GFP) and the red channel (lyn-RFP or chemoFGFR mRFP) 

and the individual foxd3:GFP channel. Scale bar 20 μm. 

3.1.6 ChemoFGFR-dependent cluster formation does not require FGF3 and 10 

ligands 

A recurrent motif emerging during formation of periodic organs such as tooth primordia [Mammoto 

et al., 2015] and feathers buds [Ho et al., 2019] is the requirement for attracting cues released from a 

signaling center, to direct cellular motility toward the site of aggregation or to maintain cells within 

the assembled organ. For lateral line neuromast assembly, a previous study in the lab [Durdu et al., 

2014] demonstrated that neuromast deposition from the migrating lateral line primordium depends 

on FGF3 and 10 ligands being secreted and trapped in microlumina, extracellular sealed cavities 

assembled from apical domains of cells composing the neuromast. This signaling ‘hub’ has the function 

to locally restrict the ligand and enhance FGF signaling specifically in connected cells [Durdu et al., 

2014]. Upon removal of FGF3 and FGF10 ligands using morpholinos (MO), the migrating primordium 
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turns into a continuous chain of non-constricting mesenchymal-like cells and the assembly of 

neuromasts is strongly affected [Lecaudey et al., 2008]. Furthermore, another study suggested that 

FGF ligand released by leader cells could act as a chemoattractive cue guiding follower cells during 

primordium migration [Nogare et al., 2014]. 

Therefore, to investigate whether FGF ligands contribute to the observed chemoFGFR phenotype, we 

depleted these endogenous FGF ligands by injecting FGF3 and FGF10 MO into chemoFGFR transgenic 

embryos. If FGF ligands contribute to de novo cluster formation, their removal should affect or 

abrogate the chemoFGFR-dependent phenotype. However, chemoFGFR expressing embryos injected 

with MO displayed a chemoFGFR-dependent phenotype comparable with the one observed in 

chemoFGFR expressing embryos not injected with MO (Figure 3.7 a, b, c). The observation that 

depletion of FGF3 and FGF10 did not abrogate the phenotype suggests that the described chemoFGFR 

phenotype in the lateral line is not dependent on FGF ligands. 

This result indicates that FGF signaling is sufficient to drive de novo cluster formation in cells not 

committed to the epithelial fate and that an FGF ligand source is not required to induce cluster 

assembly. 

 

 

 

Figure 3.7: Depletion of FGF3 and FGF10 does not abrogate the chemoFGFR phenotype 

(a) Overview and close-up of 48hpf representative embryos: a wild type embryo (control), an embryo expressing 

chemoFGFR, a wild type embryo injected with FGF3 and FGF10 MO, an embryo expressing chemoFGFR and 

injected with FGF3 and FGF10 MO. (b) Schematic of the outcomes observed and (c) quantification of the number 

of clusters and neuromasts per embryo in different conditions (N control=5; N FGF3-10 MO=11; N chemoFGFR=7; N 

chemoFGFR+ FGF3-10 MO =11), (***: 1e-4 < p <= 1e-3; **: 1e-3 < p <= 1e-2; *: 1e-2 < p <= 5e-2; ns: 5e-2 < p <= 1). In the 

images, the lateral line plasma membrane label (cldnb:lyn-GFP) is overlaid to the brightfield channel. Scale bar 

100 μm. 
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3.1.7 De novo clusters matures into bona fide organs 

In the previous sections, we illustrated that FGFR signaling induction in the lateral line, imparted by 

the chimeric chemoFGFR construct, triggers the formation of de novo clusters from chain cells.  

Next, we addressed whether de novo clusters represented bona fide lateral line organs by testing 

whether they would establish patterns of cell differentiation typical of sensory organs. Lateral line 

neuromasts are composed of mantle cells, support cells and hair cells (Figure 3.8 b). The 

mechanosensing properties of lateral line organs rely on apical kinocilia projected from hair cells and 

composed of tubulin bundles [Ghysen & Dambly-Chaudière, 2007].  
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Figure 3.8: ChemoFGFR-dependent de novo clusters display a positive Acetylated tubulin staining 

(a) Overview and close-up view of a representative 4dpf control lateral line, displaying Acetylated Tubulin 

staining (AcTub, in red), co-imaged with a nuclear (dapi, in blue) and a membrane (Cldnb:lyn-GFP, in green) 

counterstain (z-projections). Below, overview and close-up view of a representative 4dpf chemoFGFR expressing 

lateral line. Acetylated tubulin is a pan-neuronal marker, meaning that it labels hair cell soma, lateral line nerve 

and other nerves projecting in the trunk. (b) Schematic showing the cell type composition of a wild type 

neuromast. (c) Close-up views of organs enclosed in dashed boxes in (a). For each enclosed region, a merge of 

the Acetylated tubulin, of the membrane and the nuclear channel and the individual AcTub channel are shown 

as z-projections, while the lateral views are individual mid-section slices obtained through yz-reslicing. 

ChemoFGFR mRFP, driving de novo clustering in this experiment, results undetectable at 4dpf (channel not 

shown). Scale bar (a) 100 μm, (c) 20 μm.  

 

To check for sensory hair cells specification in de novo clusters, we performed at 4dpf antibody staining 

of Acetylated Tubulin, an established marker of neurons and hair cell kinocilia and soma [Slepecky et 

al., 1995]. In accordance with previous observations [Lecaudey et al., 2008], wild type neuromasts 

showed strong labeling of Acetylated Tubulin, whereas immunostaining was undetectable in chain cells 

(Figure 3.8 a top, c). ChemoFGFR-dependent de novo clusters clearly and reproducibly displayed a 

strong positive Acetylated Tubulin staining in the center of the clusters, consistent with the conclusion 

that de novo clusters can differentiate mechanosensory hair cells (Figure 3.8 a bottom, c). This result 

suggests that ectopic clusters are fully competent to mature into neuromast-like organs. 

 

Our results suggest that chemoFGFR manipulation allows us to assemble ectopic de novo organs on 

demand in vivo from the mesenchymal-like population of chain cells. Chain cells thus constitute a 

minimal 1D multipotent cell population that is amenable to manipulation. This combination of features 

indicates that the system has potential to provide mechanistic insights into the principles of organ 

assembly in vivo. 

3.2 Mechanisms of cellular rearrangement during de novo cluster 

assembly 

3.2.1 De novo clusters are polyclonal in origin 

The ability to trigger organogenesis on demand at single cell resolution provides an experimental 

entry-point to many fundamental questions in organ assembly. For example, different cellular 

mechanisms could lead to the formation of cell clusters. Most obviously, cell proliferation could 

generate de novo clusters from the clonal expansion of individual cells, resulting in organs that are 

‘monoclonal’ in composition (Figure 3.9 c). This mode has been observed, for example during 

formation of insect sensory bristles [Cubas et al., 1991; Lawrence, 1966] and MDCK cyst formation 

[Datta et al., 2011]. Alternatively, de novo clusters could form through the convergence and 

aggregation of multiple motile chain cells, resulting in organs that are ‘polyclonal’ in composition 
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(Figure 3.9 c). Polyclonal origin has been observed for example during formation of NEB organs in 

mouse lungs and taste buds in zebrafish [Kuo & Krasnow, 2015; Noguchi et al., 2015; Soulika, 2015]. 

 

To address whether chemoFGFR-dependent clusters were monoclonal or polyclonal, we performed 

manual tracking on time lapse data (obtained as described in in section 3.1.4). The results revealed 

that 100% of analyzed de novo clusters (n=53 clusters) originated from at least two cells (Figure 3.9 a). 

This finding supports a model where the coalescence of multiple chain cells generates organs of 

polyclonal origin. It is unlikely that we missed or underestimated proliferation events, since time lapse 

imaging sessions were initiated shortly after chemoFGFR expression was detectable at the plasma 

membrane and performed at a time frequency sufficient for proliferation events to be detected 

efficiently. While monitoring single cell behaviors, we also identified a second cellular configuration 

that we did not observe in wild type lateral lines, structures composed of two densely packed cells. 

We reasoned that they that might represent the earliest stage of de novo cluster formation and we 

named them cell doublets. To explore their origin, we tracked cells forming doublets to early time 

points and we observed that 58% (11/19 doublets) were derived from proliferation of a single clone, 

while 42% were derived from two cells aggregating (8/19 doublets) (Figure 3.9 b). Therefore, cell 

doublets can be either polyclonal or monoclonal. Although we cannot exclude that, at later time points, 

monoclonal doublets could originate monoclonal clusters by proliferation, we could not detect any 

such events in the time range we monitored. Thus, we conclude that de novo clusters detected at 

48hpf have polyclonal origin. 

 

Although the results ruled out the possibility that 48hpf clusters could derive from a single proliferating 

clone, they did not exclude that proliferation could be the main mechanism increasing cell number 

within nascent clusters from very few progenitor cells. A previous study in the lateral line showed 

indeed that during organ regeneration upon damage, as few as two chain cells were sufficient to give 

rise to a whole organ through serial proliferation [Sánchez et al., 2016]. To address this point, we 

exploited time lapse data and quantified whether most of the cells within forming clusters were 

acquired through proliferation or through aggregation. We found a linear correlation with a steep 

slope between the total number of cells in the cluster at the 48hpf endpoint and the number of cells 

that joined the cluster by aggregation (Figure 3.9 d). Therefore, polyclonal aggregation appears to be 

the main driver of de novo cluster formation, although proliferation takes place during the process. 
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Figure 3.9: De novo clusters are polyclonal in origin 

(a) Single cell tracking in time lapses showed that clusters have a polyclonal origin (100% of the 53 clusters 

analyzed), while (b) doublets can have either polyclonal or monoclonal origin (42% of the 19 doublets analyzed 

are polyclonal). The images are z-projections with nuclei in red (cxcr4b:nls-tdTomato) and chemoFGFR in green 

(LexOP:chemoFGFR mNG). (c) Schematic of the two hypothetical models of de novo cluster formation in 

chemoFGFR expressing lateral lines: in a monoclonal model, individual cells would generate monoclonal clusters 

via serial proliferation, while in a polyclonal model, multiple cells would contribute to cluster assembly via 
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aggregation. (d) Plot depicting the contribution of cell aggregation in de novo cluster formation. Each dot 

represents a de novo cluster. The x axis indicates the total number of cells in a certain cluster at 48hpf, whereas 

the y axis indicates how many cells joined the corresponding cluster via aggregation. Scale bar 20 μm.  

3.2.2 Sorting of chemoFGFR positive cells drives formation of de novo clusters 

We hypothesized two possible scenarios at the basis of polyclonal cluster formation (Figure 3.10 a). In 

a chemoFGFR cell autonomous scenario, only ‘chemoFGFR positive’ cells would aggregate, sorting out 

from non-expressing ‘chemoFGFR negative’ cells and resulting in clusters composed of only 

chemoFGFR positive cells. In a non-cell autonomous scenario, chemoFGFR positive cells would coerce 

chemoFGFR negative cells to co-aggregate, resulting in epithelial clusters that are comprised of both 

chemoFGFR positive and negative cells. To distinguish between these two scenarios, we investigated 

de novo clusters in term of chemoFGFR positive and negative cells composition. We induced 

chemoFGFR expression on embryos co-labeled with nls-tdTomato (nuclei) using our standard 

chemoFGFR induction protocol (described in section 3.1.2) and performed endpoint imaging at 48hpf. 

We classified lateral line cells depending on their organization as part of clusters, doublets or remaining 

as individual chain cells (Figure 3.10 c). Furthermore, we categorized cells as chemoFGFR positive and 

negative cells, based on whether chemoFGFR signal could be detected or not. Percentages were 

calculated from counts of cells in a certain category, normalized by total number of cells analyzed for 

organization or for expression (Figure 3.10 d). 

The results revealed that clusters were strongly enriched in chemoFGFR positive cells and doublets 

were exclusively composed of chemoFGFR positive cells, suggesting that chemoFGFR mediates cluster 

formation in a chemoFGFR cell autonomous way (Figure 3.10 d).  Interestingly, we observed that, while 

chemoFGFR negative preferentially remained as individual chain cells, 24% of them (out of all the 

negative cells analyzed) were detected in clusters (Figure 3.10 e). Moreover, 46% of all the clusters 

analyzed (n=30/65 clusters) had at least one chemoFGFR negative cell associated.  
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Figure 3.10: De novo clusters are enriched in cells expressing chemoFGFR 

(a) Representation of two hypothetical scenarios of de novo cluster formation, depending on whether 

chemoFGFR positive cells co-aggregate with chemoFGFR negative cells or the two populations sort. (b) 

Representative image of a 48hpf chemoFGFR expressing lateral line used for the single cell classification analysis 

(z-projection). A far-red lateral line membrane label (using the LexOP:lyn-mIRFP670 line, employed to detect 

chemoFGFR negative cells, shown in blue), a nuclear label (Cxcr4b:nls-tdTomato, in red) and the chemoFGFR 

mNG label (in green) were imaged. (c) Cells were classified based on their local organization (in clusters, doublets 

or individual cells) and based on the presence of a detectable chemoFGFR signal (in chemoFGFR positive or 

negative cells). The arrowheads indicate chemoFGFR positive cells, the arrows chemoFGFR negative cells. (d) The 

composition was plotted in function of cell organization (upper barplot) or in function of chemoFGFR expression 

(lower barplot), reporting the corresponding percentages (For the upper barplot: N embryos=4; n cells in cluster=175; 

n cells in doublet=34; n individual cells=139) (For the lower barplot: N embryos=4; n chemoFGFR positive cells= 223; n 

chemoFGFR negative cells= 125).  Scale bar (b) 50 μm, (c) 20 μm. 
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To assess whether the detected chemoFGFR negative cells intermingled with positives, or whether 

they would segregate within clusters, we classified cells within de novo clusters based on their 

organization and expression (Figure 3.11 a, b). Each cluster was subdivided into two concentric regions, 

with the center of the cluster as reference point: the inner region was defined as ‘cluster seed’ and the 

outer ‘cluster rim’ (Figure 3.11 b). The analysis revealed that chemoFGFR negative cells were 

exclusively located in the cluster rim, while chemoFGFR positive cells were the only contributors of 

cluster seed but were also present in cluster rim (Figure 3.11 c).  

We concluded that a stereotyped pattern is established in de novo clusters, with chemoFGFR positive 

cells composing the seed of the cluster and negative cells exclusively segregated to the peripheral rim.  

 

 

 

Figure 3.11: ChemoFGFR negative cells located within clusters are peripherally segregated 

(a) Representative z-projections of de novo clusters, with nuclei in red (cxcr4b:nls-tdTomato) and chemoFGFR 

mNG in green. ChemoFGFR negative cells are highlighted in the images with blue asterisks. ChemoFGFR positive 

and negative cells were classified based on the presence of a detectable chemoFGFR signal in individual cells.  (b) 

Pipeline used for the spatial partitioning of clusters in inside ‘seed’ and outside ‘rim’ (detailed in Material and 

Methods 2.10.3). ChemoFGFR negative cells localize in cluster rims ((a) in the annotated nuclear channel images). 

(c) Quantification of cluster composition in function of cell expression (n chemoFGFR positive cells=207; n chemoFGFR 

negative cells=37) or in function of cell position within clusters (n cells in seed= 134; n cells in rim= 109). Scale bar 20 

μm. 
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We next addressed how the inside-outside pattern of seed and rim is established. It has been shown 

that, within the mammalian blastocyst, blastomeres sort based on their surface contractility into an 

inner core of contractile cells and an outer coat of ‘softer’ cells [Maître et al., 2016]. To test whether 

chemoFGFR positive and negative cells would undergo sorting once assembled within clusters, 

analogously to blastomeres, we investigated single cell behavior dynamically by tracking chemoFGFR 

positive and negative cells in time lapses. We reasoned that, if that were the case, we would expect 

aggregation into clusters of both chemoFGFR positive and negative cells to precede sorting and 

establishment of an inside-outside segregation (Figure 3.12 c). Surprisingly, we observed that, at early 

steps of cluster formation, exclusively the chemoFGFR positive cell population aggregated into 

clusters, sorting from negative cells while still in a mesenchymal-like chain configuration (Figure 3.12 

a, b). Interestingly, cluster assembly not only engaged chemoFGFR positive cells that were located from 

the start at adjacent positions, but also positive cells that were initially interspersed with negatives, 

implicating that cells exchange in the process. Moreover, we observed that upon assembly of a seed 

of at least two chemoFGFR positive cells, chemoFGFR negative cells in the vicinity arranged around it, 

forming an outer rim. 

These observations suggest that cluster assembly involves two distinct phases. In a first phase, 

chemoFGFR positive cells sort away from negative cells and aggregate with other chemoFGFR positive 

cells, assembling a chemoFGFR positive cluster seed, from which negative cells are excluded. In a 

second phase, chemoFGFR negative cells associate with the chemoFGFR positive seed, without 

intermingling with cells of the seed but instead segregating at the periphery of it, in a concentric rim. 

The spatial inside-outside pattern observed in de novo clusters is thus the result of cell sorting, which 

appears to be dependent on FGF activity. 
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Figure 3.12: De novo clusters are seeded by aggregation of chemoFGFR positive cells 

Single cell tracking of chemoFGFR positive and negative cells during cluster formation. Cells were tracked on z-

projections using the nuclear channel (cxcr4b:nls-tdTomato) and chemoFGFR positive and negative cells were 

identified using the green channel (based on the presence of a detectable chemoFGFR mNG signal). ChemoFGFR 

positive cells are highlighted with colored dots and white arrows, while chemoFGFR negative cells are highlighted 

with white asterisks. From top to bottom: (a) a case where three chemoFGFR positive cells nucleate a cluster and 

a chemoFGFR negative cell joins (at time point 450 min); (b) a case where two chemoFGFR cells nucleate a cluster 

(by aggregating and proliferating) and three chemoFGFR negative cells join (from time point 405 min). Cartoons 

that approximate the position of cells in 2D for the first and the last time point are associated to the images 

(green dots represent chemoFGFR positive cells and white dots chemoFGFR negative cells). (c) Schematic 

representing the proposed model. Scale bar 20 μm. 

3.2.3 ChemoFGFR positive cells display a slithering migration during clustering  

During embryonic development, cells undergo considerable spatial rearrangement to orchestrate 

assembly and remodeling of functional organs. We previously mentioned that during de novo clusters 

assembly, chemoFGFR positive cells, even when initially interspersed with negative cells, could sort 

and join clusters, suggesting that they can dynamically rearrange in the chain (Figure 3.12 a, b). To 

investigate the extent of rearrangement within chemoFGFR expressing lateral lines, we quantified the 

motility of chemoFGFR positive and negative cells during cluster formation from 31 to 48hpf and 

compared it with chain cells of wild type lateral lines. Comparison of cellular mean speed, retrieved 

from single cells, tracked in time lapse experiments using the nls-tdTomato nuclear label, showed that 

both chemoFGFR positive and negative cells were more motile in chemoFGFR expressing lateral lines 

than in wild type lateral lines (Figure 3.13 a), with the highest values of speed detected for chemoFGFR 

positive cells. To test whether the increased speed was also reflected in an increased net displacement, 

we calculated distance traveled by chemoFGFR positive cells during cluster formation, by acquiring 

spatial coordinates of tracked cells in the first and in the last time point. The result demonstrated that 

not only did chemoFGFR positive cells show an increased speed, they also displaced significantly more 

than chain cells from wild type embryos (Figure 3.13 b). Remarkably, we detected chemoFGFR positive 

cells converging into developing clusters from distal sites, up to 130 µm away from their final position, 

a distance that is almost three times higher than that covered by the most motile chain cells in wild 

type lateral lines (Figure 3.13 b, c).  
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Figure 3.13: ChemoFGFR increases cell motility during clustering 

(a) Single cell tracks (shown as colored lines) of chain cells in wild type embryos (top) and of chemoFGFR-induced 

embryos (bottom), overlapped on z-projections of time lapse frames. Cells were individually tracked on z-

projections using the nuclear channel (cxcr4b:nls-tdTomato) and chemoFGFR positive and negative cells were 

identified using the green channel (based on the presence of a detectable chemoFGFR mNG signal). Each track 

thus indicates the displacement of a certain cell in time. On the right, comparison of the mean cell speeds of wild 

type chain cells, chemoFGFR positive and negative cells (n wild type chain cells=21; n chemoFGFR positive cells=7; n 

chemoFGFR negative cells=7). (b) Comparison of the net displacement of chemoFGFR positive cells during cluster 

formation and of chain cells in wild type lateral lines, calculated from the spatial coordinates of a cell in the last 

time frame and in the first time frame (n wild type chain cells=49; n chemoFGFR positive cells=46). (c) Measures of the 

range of cluster formation in various clustering events (in μm) (n clusters=26).****:p<= 1e-4; ***: 1e-4 < p <= 1e-

3; **: 1e-3 < p <= 1e-2; ns: 5e-2 < p <= 1. Scale bar 20 μm. 

 

To investigate whether shape changes accompany rearrangements of cells during de novo cluster 

formation, we analyzed the morphology of chemoFGFR positive cells tracked in time lapses, using the 

chemoFGFR signal at plasma membranes (Figure 3.14 a). Strikingly, we found that, as they assembled 
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into clusters, chemoFGFR positive cells lost the mesenchymal elongated shape typical of chain cells 

(Figure 3.14 a, b, c, d) and adopted an epithelial columnar morphology, comparable to cells in wild 

type rosettes (Figure 3.14 a, b, c, d, e). This observation is consistent with a model where chemoFGFR 

cells undergo a mesenchymal to epithelial transition (MET) while assembling 3D clusters (Figure 3.14 

c). However, during cellular rearrangements preceding epithelialization and cluster assembly, 

chemoFGFR positive cells displayed features of migratory cells, such as protrusions and dynamic 

processes, as they were crawling over neighboring cells (Figure 3.14 a, b). The repertoire of dramatic 

shape changes observed during de novo cluster formation presents similarities with a recently 

described mode of epithelial cell displacement, called ‘slithering’ migration, which underlies the 

formation of neuroepithelial bodies (NEB) from pulmonary neuroendocrine cells (NE) [Kuo & Krasnow, 

2015; Noguchi et al., 2015]. The term ‘slithering’ refers to the sliding motion of cells that loosen their 

interactions with the epithelium of origin and migrate by crawling on top of it. Indeed, analogously to 

NE cells, chemoFGFR cells were observed to dynamically change direction, to engage in transient 

contacts with other cells before cluster assembly (for example in Figure 3.14 a, the cell labeled with 

white dot and the one with light blue dot) and to join the nucleating clusters at different times (for 

example in Figure 3.14 a, the cells labeled with light blue and purple dots).  

 

It had been observed that solitary NE cells, during NEB formation, extend long protrusions over 

neighbor epithelial cells and contact other NE cells, even before crawling out from their original 

position in the tissue and move toward them [Kuo & Krasnow, 2015]. This observation suggested that 

homotypic contacts might be involved in NE-NE recognition, instructing cells on the direction to move 

toward to join other NE cells [Kapsimali, 2017; Kuo & Krasnow, 2015]. To address whether homotypic 

contacts between chemoFGFR positive cells had an impact on cell directionality, we examined cell-cell 

interactions (by using chemoFGFR signal at plasma membranes) in parallel with single cells tracks (by 

using nuclear signal). We analyzed specifically the displacement profiles of chemoFGFR positive cells 

before and after homotypic interactions during assembly of small clusters (Figure 3.15 a, b). We 

observed that chemoFGFR positive cells moved randomly before contact with another positive cell, 

while displayed a more persistent directionality toward the homotypic partner after contact (Figure 

3.15 b). Consistently, solitary chemoFGFR positive cells only display a random motility profile (Figure 

3.15 c, d). This suggests that homotypic interactions might provide directionality in displacement, as 

in the case of NE cells, and might be involved in rearrangement and sorting of chemoFGFR positive 

cells. 

 

Altogether, the data revealed that chemoFGFR positive cells transiently display a complex repertoire 

of cell morphologies and behaviors during cluster formation, which results in slithering-like cell 

rearrangements and MET.  
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Figure 3.14: ChemoFGFR positive cells undergo MET and slithering-like rearrangements. 

(a) Images from a representative time lapse showing dynamic cell rearrangements during de novo cluster 

formation. Cells were individually tracked on z-projections using the nuclear channel (cxcr4b:nls-tdTomato) and 

marked with differently colored dots. (b) 3D rendering of the chemoFGFR positive cell marked with a white dot 

in (a) during clustering. The cell changes its morphology dramatically and slithers over neighboring cells during 

the process. (c) Lateral view of the 3D volume of the cell followed in (b), in the first and last time point. During 

clustering, the cell loses the elongated shape typical of chain cells and adopts an epithelial columnar morphology. 

(d) 3D rendering of a representative wild type chain cell and (e) of a wild type neuromast cell, overlaid on 3D 

projections. Both apical and lateral projections are displayed. Imaris 7.6.4 was used for manual segmentation 

and 3D image rendering. Scalebar 20 μm. 

 

 

 

 

Figure 3.15: Contact-dependent interactions between chemoFGFR positive cells might provide directionality 

(a) Images from a representative time lapse showing contact between two non-adjacent chemoFGFR positive 

cells (at 210 min), followed by aggregation and de novo cluster assembly. Cells were individually tracked on z-

projections using the nuclear channel (cxcr4b:nls-tdTomato) and cell-cell interactions were detected using the 

green channel (chemoFGFR mNG). White asterisks mark chemoFGFR negative cells, colored dots mark 

chemoFGFR positive cells, white arrowhead highlights the contact between the two chemoFGFR positive cells. 
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(b) Track of the cell highlighted in (a) with the blue dot before and after the homotypic contact: in the 13 time 

frames before the contact, the cell move randomly (blue track), while in the 13 time frames after the contact, 

the cell persistently move toward the other positive partner (green track) and they form together a cluster. The 

track in the last image on the right starts from the time frame when the two cells contact and continues until the 

end of the time lapse. (c) Representative time lapse of a solitary chemoFGFR positive cell (highlighted with a blue 

dot), which shows a random displacement (d). Cell tracks are overlaid on z-projections of the inverted nuclear 

channel. Scalebar 20 μm. 

3.2.4 Compaction is involved in de novo cluster formation 

The track profiles of chemoFGFR positive cells involved in homotypic contacts pointed at the possibility 

that contact-based interactions might be important for cluster formation. To gain further insights, we 

investigated what happened in time at these contacts by monitoring more closely cellular membranes 

of chemoFGFR positive cells in time lapse data. We chose to analyze the formation of the simplest 

assembled configuration, the polyclonal doublet, formed by aggregation of two chemoFGFR positive 

cells. We observed that, following a first contact, the chemoFGFR positive cell pair was able to spread 

dramatically the cell-cell contact interface and to increase contact angle (referred as theta angle) 

(Figure 3.16 a, b, c). Interestingly, quantification of interface length revealed that the spreading of cell-

cell interface was not progressive but multiple cycles of expansions and shrinkages could take place 

before reaching a maximal plateau (Figure 3.16 c). Contact angles as well as cell-cell interface lengths 

reflect the adhesive and contractile state of cellular interfaces [Maître et al., 2015], and, consequently, 

of participating cells. Therefore, the observed maximization of contact could be indicative of a low 

interfacial tension between the two chemoFGFR positive interacting cells, resulting in an increase in 

cell-cell cohesion. Our results are therefore consistent with a compaction mechanism contributing to 

the cohesion of chemoFGFR positive doublets.  

 

We hypothesized that, similarly, compaction might also take place during formation of de novo 

clusters. Indeed, during cluster formation, we observed that cells aggregating from a loose chain-like 

configuration spread their cell-cell contact interfaces while increasing cohesion and cluster 

compactness in time (Figure 3.16 d). Consistent with this qualitative observation, circularity of de novo 

clusters, during the process of assembly, increased with time (Figure 3.16 e). As for interface length 

and angle in doublet formation, we found that fluctuations in the circularity values occurred also 

during cluster aggregation. This presumably reflects the inherent dynamicity underlying the formation 

of clusters, where cells are integrating into clusters at different times and cell proliferation might 

transiently affect total compactness (proliferation for example observed in Figure 3.16 d for the cell 

marked with red dot at 615 min). 
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Figure 3.16: Compaction is involved in the formation of doublets and de novo clusters 

(a) Z-projections from a representative time series showing doublet formation. Nuclei are shown in red 

(cxcr4b:nls-tdTomato) and chemoFGFR in green. The white asterisk highlights a chemoFGFR negative cell. Two 

chemoFGFR positive cells, highlighted with colored dots, interact and spread their cell-cell contact interface while 

forming a compact doublet. (b) Schematic representing the compaction process and the measured parameters. 

(c) Quantification of cell-cell contact theta angles (n doublet=9) and cell-cell interface lengths (n doublet=6) during 

doublet formation. Each plot displays the mean (purple line), the individual profiles (dashed lines in different 



83 

 

colors) and the standard deviation (shaded area). (d) During de novo cluster formation, the circularity of cell 

clusters increases over time. The bottom image shows the overlap of the areas occupied by the coalescing cells 

at three time points. (e) Quantification of circularity during de novo cluster formation (n cluster=3). Scale bar 20 

μm. 

3.2.5 ChemoFGFR influences cell shapes and cell-cell interactions 

The observation that chemoFGFR positive cells maximize contacts with other chemoFGFR positive cells 

prompted us to probe whether, conversely, they would minimize contacts with chemoFGFR negative 

neighbors. To address this point, we performed time lapses of chemoFGFR positive or control clones 

in lateral lines co-expressing a tissue-specific membrane label, to mark also membranes of chemoFGFR 

negative cells. We focused specifically on the behavior of solitary chain clones (that, as such, were not 

giving rise to de novo clusters) and of their neighboring cells. To achieve sparse mosaic labeling of 

membranes, we performed DNA injections and generated transiently expressing clones of chemoFGFR 

mNG or, as a control, of an inert construct sharing the same fluorophore and promoter (LexOP:lyn-

mNG).  

From control mosaic labeling, we could appreciate the tight connections between cells forming the 

continuous chain (Figure 3.17 a, e). The complex shape of chain cells makes the detection of physical 

boundaries between cells very challenging without mosaicism. Time lapses imaging showed that 

control lyn-mNG clones kept an elongated flat shape and connections with the rest of the chain from 

the first to the last time point (Figure 3.17 a). By contrast, solitary chemoFGFR positive clones (Figure 

3.17 b) exhibited variations in cell shapes that were even more extreme than our previous observations 

in the transgenic line (section 3.2.3). Cells were extending long processes (Figure 3.17 b, yellow 

arrowhead at 270 min) and even elongating orthogonally to the plane of neighboring negative cells 

(Figure 3.17 c, yellow arrowhead at min 90), frequently ending up fully disconnecting from the 

organization of the original chain (Figure 3.17 c, yellow arrow at min 360). Despite these dramatic cell-

autonomous modifications of chemoFGFR positive cell shape and behavior, the integrity of the tightly 

connected chain tissue was maintained unchanged, likely due to a compensatory rearrangement of 

chemoFGFR negative chain cells (Figure 3.17 b, c, e). Interestingly, we observed that in the totality of 

the cases when solitary chemoFGFR positive cells were not proliferating (Figure 3.17 d, representing 

the 59% of the analyzed cells), they adopted a rounded morphology (Figure 3.17 b at min 630, c white 

arrow from min 270 to 630). 
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Figure 3.17: ChemoFGFR influences cell shapes and cell-cell interactions 

(a) 3D volumes of a control cell (in green, labeled with an inert plasma membrane tag, LexOP:lyn-mNG) and (b) 

of a chemoFGFR positive cell (in green, labeled with chemoFGFR mNG) in time series of sparse mosaics. The 

cxcr7:lyn-mKate2 label was used to visualize membranes of chemoFGFR negative cells (shown in red). The 

interaction of the chemoFGFR positive cell with the negative neighbors changed over time (extension of long 

processes highlighted with the yellow arrowhead). Imaris 7.6.4 was used for segmentation and 3D image 

rendering. (c) Time series containing solitary chemoFGFR positive cells. Some of them adopt a migratory 

morphology and extend orthogonally to the chain and subsequently round up (yellow arrowhead), others directly 

round up (white arrow from 270 to 630 min), others proliferate and form a doublet (white arrowhead from 270 

to 630 min). (d) Analysis of behaviors of solitary chemoFGFR positive cells (n chemoFGFR cells=39). (e) 

Representative images of chemoFGFR positive cells and control cells at 48hpf. The individual green (lyn-mNG or 

chemoFGFR mNG) and red channels (cxcr7b:lyn-mKate2) and the merge of the two are shown. (f) Comparison of 

the 2D aspect ratio of chemoFGFR positive cells and control cells (n chemoFGFR cells=20; n lyn-mNG cells=16). ****:p<= 

1e-4. (g) Schematic depicting our hypothetical model. Scale bar 20 μm. 

 

To quantitatively validate this observation, we compared the 2D aspect ratio of individual chemoFGFR 

positive clones and lyn-mNG control clones at the 48hpf endpoint and confirmed that chemoFGFR 

positive cells were significantly more rounded than controls (Figure 3.17 f). We excluded that the 

observed rounded shape was due to cellular proliferation by noticing from time lapses that cells could 

keep this altered morphology for hours without resulting in cell division (Figure 3.17 c white arrow 

from min 270 to 630).  

 

Overall, we concluded that dynamic variations in the morphology, acquisition of a rounded shape and 

disconnection events observed for chemoFGFR positive cells might be indication of a loosened 

interaction between chemoFGFR positive cells and chemoFGFR negative neighbors. 

The results presented are thus consistent with a model where chemoFGFR positive cells maximize 

contacts with other chemoFGFR positive cells, driving in this way cluster aggregation, while at the same 

time drastically minimizing interactions with chemoFGFR negative cells (Figure 3.17 g). The selectivity 

resulting from these interactions might contribute to the cell sorting process in place during de novo 

cluster formation. We reasoned that the observed cellular behaviors might be a consequence of 

chemoFGFR-dependent cell-autonomous differences in the mechano-adhesive properties of 

chemoFGFR positive and negative cells. 

3.3 Emergence of the 3D organization of de novo clusters 

We showed in the previous section that mesenchymal-like cells expressing chemoFGFR rearrange into 

the lateral line chain region by slithering over each other’s and assembling the core of 3D de novo 

clusters, that are eventually complemented with a rim of chemoFGFR negative cells. The forming de 

novo clusters develop into fully mature lateral line organs.  
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In the following section, we explore epithelial modules, expression patterns and architectural 

rearrangements associated with the emergence of such a remarkable 3D epithelial structure, 

developed from a simple 1D mesenchymal-like system.   

3.3.1 Clusters adopt the radial polarization and tight junction organization 

typical of neuromasts  

As one of the defining features of MET transitions is the adoption of epithelial polarization [Kim et al., 

2016], we next explored markers that could be used to monitor dynamic polarity changes in living 

embryos. Given its central role as organizer of the microtubule network, centrosome positioning 

reports on epithelial polarization [Tang & Marshall, 2012]. Previous studies showed that cell polarity 

axis orientation, quantifiable through measurement of angles between centrosome, nucleus and a 

reference point (henceforth referred as polarity angle), could be used as a proxy of cell directional 

polarization toward the reference point, such as a lumen, a wound healing site or the interface with 

another cell [Burute et al., 2017; Margaron et al., 2019]. Moreover, in a previous study performed in 

our lab [Revenu et al., 2014], 3D nucleus-centrosome vector measurements were exploited to map cell 

polarity and orientation across the lateral line primordium [Revenu et al., 2014]. 

To probe centrosome orientation, we microinjected mRNA of a centrosome marker, centrin-tdTomato, 

and visualized it together with a nuclear label at 48hpf in wild type neuromasts, chain cells and in 

chemoFGFR-induced de novo clusters. The data revealed that in wild type neuromasts, centrosomes 

were apically localized and organized in a radial pattern (Figure 3.18 a). In wild type chain cells, 

quantification of polarity angles in 2D, using as reference point the perpendicular axis of the image, 

showed that chain centrosomes preferentially located at the left-side or right-side with respect to the 

center of the nucleus (Figure 3.18 b). By contrast, cells in de novo clusters displayed an apical and radial 

centrosome distribution comparable to wild type neuromasts, with polarity angles (obtained using as 

reference point the center of the cluster) close to 0°, which means that the nucleus-centrosome axis 

consistently pointed toward the center of the cluster (Figure 3.18 e). Remarkably, this radial 

centrosome organization was present also in ‘small’ clusters (composed of only three cells), suggesting 

that establishment of cluster polarity might be an early event during cluster assembly (Figure 3.18 e).  
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Figure 3.18: De novo clusters exhibit neuromast-like radial polarity and tight junctions 

(a) Representative z-projection of a 48hpf wild type neuromast showing nuclear (displayed in red, LexOP:nls-

GFP) and centrosomal labels (displayed in greed, centrin-tdTomato). Below, the z-projection of the yz-reslice is 

shown. On the right, a cartoon depicting centrosome organization in neuromasts, that are apically localized and 

organized in a radial pattern. (b) Representative z-projection of 48hpf wild type chain cells showing nuclear 

(displayed in red, LexOP:nls-GFP) and centrosomal labels (displayed in greed, centrin-tdTomato). On the right, a 

cartoon illustrating how polarity angles were collected for chain cells. Y-axis was used as reference point. Polarity 

angles were represented in a rose plot (n chain cells=133; N embryos=3). For the generation of the rose plot the 

following parameters were used: distance between lines=3; y max=17; n bins=40. (c) Chain cell pairs from 48hpf 

wild type lateral lines were classified in four categories, based on the pairwise nucleus-centrosome orientation 

(n pairs analyzed=181; N embryos=5). From left to right: cartoon displaying the four categories of chain cell pairs, a 

bar plot illustrating the counts per category, a boxplot comparing cell-to-cell distance for different categories. (d) 

Three images of 48hpf wild type chain cells: the centrosome tends to be located close to the nucleus (white 

arrows mark centrosomes). (e) Representative z-projection of 48hpf de novo clusters showing chemoFGFR, 

nuclear (both displayed in red, LexOP:chemoFGFR mNG, LexOP:nls-GFP) and centrosomal labels (displayed in 

green, centrin-tdTomato). Below, the z-projection of the yz-reslice is shown. On the right, a cartoon illustrating 

how polarity angles were collected for cluster cells. The center of the cluster was used as reference point. Polarity 

angles were represented in a rose plot (n cluster cells=82; N embryos=4). For the generation of the rose plot the 

following parameters were used: distance between lines=3; y max=23; n bins=40. (f) Representative z-projections 

of a 4dpf wild type neuromast and of de novo clusters (highlighted with white arrowheads), displaying 

immunostaining of the tight junction protein ZO1 (in green). Below, the individual ZO1 channel. On the left, 

cartoon depicting ZO1 organization in wild type neuromasts. Scalebar 20 μm. 

 

Given that chain cells can be considered the ‘ground state’ from which de novo clusters emerge, we 

decided to gain further insights into their centrosome organization along the wild type lateral line 

(Figure 3.18 c). To this aim, we classified adjacent chain cell pairs in four categories (A, B, C, D), based 

on their pairwise nucleus-centrosome orientation, that is the relative position of centrosome and 

nucleus of each cell relative to the one in the contiguous cell (Figure 3.18 c, left). We first quantified 

the frequency of each category along the whole 48hpf lateral line and we found that all the categories 

had the same frequency (Figure 3.18 c, middle). Secondly, we tested whether cell-cell distance 

influenced cell pair orientation by measuring nucleus-nucleus distance across distinct categories 

(Figure 3.18 c, right). The data showed that there was no net difference in cell-cell distance for different 

categories, suggesting that chain cells display a randomized polarity. In addition, we observed that, in 

chain cells nuclear-centrosome distance was short (Figure 3.18 d): centrosomes were often located in 

the immediate proximity of the nucleus. Given that displacement of centrosomes from intercellular 

junctions to a more central location has been associated with epithelial to mesenchymal transition in 

different systems [Burute et al., 2017], this observation further strengthens the idea that chain cells 

are bona fide mesenchymal-like cells. 

Next, to further address to which extent de novo clusters resemble neuromasts in terms of cluster 

polarity, we probed whether they form tight junctions. Tight junctions are key barriers ensuring the 

establishment of functionally distinct apical and basolateral membranes in cells and represent another 

crucial feature of epithelial cells [Rodriguez-Boulan & Macara, 2014]. To investigate tight junction 

formation, we performed ZO1 immunostaining at 4dpf and compared wild type neuromasts, wild type 

chain cells and chemoFGFR-induced de novo clusters. Consistent with a previous study [Lecaudey et 
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al., 2008], in wild type neuromasts ZO1 localized apically in the cage-shaped basket forming the 

microlumina, while resulted undetectable in chain cells (Figure 3.18 f). In de novo clusters, ZO1 

revealed a distribution comparable with wild type neuromasts (Figure 3.18 f right, white arrows). 

 

Overall, the results demonstrate that, during chemoFGFR-dependent cluster formation, cells rearrange 

from a ground state where they display a mesenchymal-like randomized polarity into a fully polarized 

3D cluster, exhibiting neuromast-like radial polarization and tight junctions. 

3.3.2 De novo clusters display nuclear orientation characteristic of neuromasts 

Previous work in the lab [Revenu et al., 2014] demonstrated that during leader to follower transition 

in the migrating primordium, cells assume a more pronounced columnar shape and an upright 

orientation relative to the tissue axis, suggesting a linear correlation between cell ‘epithelialness’ and 

cell axis elongation and orientation. We therefore decided to quantitatively investigate cell polarity 

changes in 3D. 

Recent observations in the lab [Hartmann et al., 2020] revealed that, in the migrating primordium, 

nuclear 3D shape largely recapitulates the overall cell shape, likely due to the large size of the nucleus 

relative to the entire cell. Given this match, we reasoned that we could use nuclei orientation as an 

easily accessible readout for cell polarity changes in 3D during de novo cluster formation. 

We developed a pipeline to extract 3D shape and orientation of single nuclei and applied it to 

chemoFGF-dependent de novo clusters and, for comparison, to wild type neuromasts and wild type 

chain cells (Figure 3.19 a). First, we performed high-resolution live imaging of 48hpf lateral lines 

expressing or not expressing chemoFGFR, together with a nuclear label (nls-tdTomato). Second, we 

implemented an automated 3D segmentation of lateral line nuclei using the machine-learning based 

Ilastik software and we extracted single nuclei features using Fiji plugins (detailed in Material and 

Methods, section 2.10.8). Finally, after a manual curation step, we assigned segmented nuclei to three 

classes (neuromast nuclei, chain cells nuclei, de novo cluster nuclei) based on location and organization 

in the original images. Following feature extraction and assignment, we compared nuclear elongation 

(described as ratio of major axis and minor axis of the ellipse inscribed in each nucleus) and orientation 

(described as Theta angle, which is the angle between major axis of the nucleus and XY plane of the 

image) in wild type neuromasts and chain cells (Figure 3.19 a, b). We observed that chain cells 

presented more elongated nuclei than neuromast cells and that they robustly oriented their major axis 

parallel to the plane of the image (that is, parallel to the rostro-caudal axis of the fish), whereas 

neuromast cell nuclei oriented more perpendicularly to the plane of the image (and so parallel to the 

dorso-ventral axis of the fish) (Figure 3.19 c). This last observation is consistent with the previously 

described ‘firewood stack’ configuration of neuromast cells [Revenu et al., 2014]. ChemoFGFR-

dependent de novo clusters displayed both a decreased nuclear elongation and a more upright nuclear 

axis orientation compared to chain cells, similarly to neuromast nuclei (Figure 3.19 d, e). This result 

confirms that de novo clusters adopt a 3D cell orientation typical of wild type neuromasts. 



90 

 

 



91 

 

Figure 3.19: De novo clusters display nuclear orientation characteristic of neuromasts 

(a) Representative z-projection of a 48hpf wild type neuromast with nuclear labeling (cxcr4:nls-tdTomato). 

Midsection of the yz-reslice is shown below and 3D rendering on the right. On the right, the pipeline used for the 

3D nuclear analysis is illustrated: first, an Ilastik-based segmentation is performed, and second, information on 

shape and orientation of each nucleus are extracted using Fiji plugins, approximating the nuclear shape to an 

ellipse. (b) Representative z-projection of 48hpf wild type chain cells with nuclear labeling (cxcr4:nls-tdTomato). 

Midsection of the yz-reslice is shown below and 3D rendering on the right. (c) Nuclei of neuromast cells were 

compared to nuclei of chain cells in term of elongation (mayor to minor axis ratio) and orientation (theta angle, 

meaning the angulation of the major axis relative to the XY plane of the image) (n chain cells=196; n neuromast 

cells=275). For the generation of the rose plot the following parameters were used: distance between lines=5; y 

max=40; n bins=25. (d) Representative z-projection of 48hpf de novo clusters with chemoFGFR mNG and nuclear 

labeling (cxcr4:nls-tdTomato). Midsection of the yz-reslice is shown below and 3D rendering on the right. Nuclei 

extracted from de novo cluster were processed following the same pipeline described above. (e) Elongation and 

orientation of cluster nuclei were compared to the ones of chain cells and of neuromast cells from the same 

embryos (n chain cells=176; n neuromast cells=256; n cluster cells=75). Imaris 7.6.4 was used for 3D image 

rendering.****:p<= 1e-4; ns: 5e-2 < p <= 1.  Scale bar 20 μm.  

3.3.3 De novo clusters show neuromast-specific epithelial marker expression 

Classically, MET is associated with shifts in expression from mesenchymal-specific to epithelial-specific 

genes [Pei et al., 2019]. As a next step, we sought to explore expression patterns of de novo clusters 

and compare them with expression patterns of cells they originate from, chains, and of cells they end 

up resembling, neuromast cells. 

We focused specifically on detection of Krt1c5 expression via Krt1c5 ISH, which we established as a 

bona fide neuromast marker. Indeed, looking at wild type embryos, we observed that Krt1c5 ISH signal 

was high and specific in neuromasts from early stages (34hpf), immediately after neuromast 

deposition, to later stages (48hpf) (Figure 3.20 a). The fact that Krt1c5 expression stayed high in 

neuromasts at 48hpf, when FGF signaling likely decreases because of the physiological opening of FGF-

trapping microlumina, is consistent with the hypothesis that Krt1c5 belongs to the class of genes that 

can be switched on by FGF signaling but do not dynamically fluctuate with its signaling levels [Durdu, 

2015]. Even though very little is known about this gene belonging to the intermediate filament family, 

keratins in general are considered bona fide markers of epithelial cells in multiple systems [Hudson, 

2002]. To visualize the Krt1c5 expression pattern in de novo clusters, we performed chemoFGFR 

induction and, after fixation at 48hpf, Krt1c5 ISH. De novo clusters displayed a strong Krt1c5 signal, 

comparable with Krt1c5 staining of wild type neuromasts, while Krt1c5 expression was undetectable 

in chain cells (Figure 3.20 b, c). We next visualized Krt1c5 ISH pattern at earlier stages of de novo cluster 

formation, in 34hpf embryos fixed 8 hours after chemoFGFR induction (Figure 3.20 c). Surprisingly, 

although clusters were not yet detectable at this early stage of cluster formation, we noticed patchy 

expression of Krt1c5 in chain regions of chemoFGFR expressing embryos, while no staining was visible 

in the corresponding regions of wild type lateral lines (Figure 3.20 d, e). We thus showed that during 

cluster formation, from early stages onwards, chemoFGFR induction drives expression of a neuromast-

specific marker. This result further strengthens our hypothesis that expression of chemoFGFR can 

trigger the entire epithelialization program ‘from scratch’. 
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Figure 3.20: ChemoFGFR induction drives expression of the neuromast-specific marker Krt1c5 

(a) In situ staining of Krt1c5 in 34hpf and 48hpf wild type embryos (acquired jointly with Maaike Allers). (b) 

Overviews and close-up views of Krt1c5 in situ staining in 48hpf controls and chemoFGFR-induced embryos, 

showing positive staining in neuromasts and de novo clusters. Both the merge of the red (Krt1c5 ISH), green 

(cldnb:lyn-GFP) and blue (dapi) channels and the Krt1c5 ISH channel alone are shown. (c) Overviews and close-

up views of Krt1c5 in situ staining in 34hpf controls and chemoFGFR-induced embryos. ChemoFGFR-induced 

embryos show patches of positive staining also in chain regions. Scale bar 50 μm. 

3.3.4 Cell adhesion changes during de novo cluster formation 

De novo cluster formation is a highly dynamic process, where cells undergo transient interactions and 

crawl over each other while organizing in a radially polarized 3D assembly. Given that lateral line cells 

are a tightly interconnected system and that contact-based cell interactions appear to be important 

during chemoFGFR positive cell coalescence (paragraph 3.2.3), we explored the impact of adhesions 

during de novo cluster emergence. Cadherin and CAMs are the two main classes of adhesion molecules 

described in literature. Intriguingly, previous studies showed that members of the CAM family are 

involved in cell slithering [Kuo & Krasnow, 2015] and cell intercalation [Bergstralh et al., 2015], but also 

in other dynamic processes such as cardiac trabeculation, cell segregation [Cirulli et al., 1994; Esni et 

al., 1999] and epithelial condensation [Y. S. Lee et al., 1998; Widelitz & Chuong, 1999]. Cadherins, on 

the other side, are crucial components of adherens junction, whose role in a plethora of phenomena 

such as cell sorting and segregation is well established [Halbleib & Nelson, 2006]. 

A microarray-based expression profiling study performed by a former student in the lab [Durdu, 2015] 

provided support to the hypothesis that FGF signaling upregulates cell-cell adhesion. In particular, 

NCAM1b (a member of the CAM family) was identified as positive FGF target in the lateral line [Durdu, 

2015]. Although expression of Cdh1 and Cdh2 (respectively N- and E-Cadherin) were not detectably 

affected by FGF levels, a second study in our lab demonstrated that their localization within cells of 

the lateral line could differ [Revenu et al., 2014]. Cdh2 was shown to apically accumulate in neuromast 

cells and to constitute pools that were more stable in more aged neuromasts than in newly deposited 

ones [Revenu et al., 2014].  

3.3.4.1 Cdh2 during de novo cluster formation 

To evaluate the impact of chemoFGFR induction on Cdh2 expression and localization, we made use of 

the Cdh2 BAC fish line (Cdh2:Cdh2-GFP), previously generated in the lab [Revenu et al., 2014]. First, to 

characterize the ‘ground’ state of Cdh2 in wild type conditions, we compared the Cdh2 pattern of wild 

type chain cells, which had never been analyzed in previous studies, with wild type neuromasts at 

48hpf (Figure 3.21 a, b). Consistently with published findings, wild type neuromasts displayed Cdh2 

signal at plasma membranes, with clear apical enrichment [Revenu et al., 2014] (Figure 3.21 a). By 

contrast, chain cells exhibited very low levels of Cdh2, barely detectable on top of the strong Cdh2 

signal of muscle cells, and no enrichment of Cdh2 could be detected at chain cells interfaces (Figure 

3.21 b). The result shows that Cdh2 appears to be differentially expressed in apical-basal polarized 

neuromast cells and mesenchymal-like chain cells. 
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Figure 3.21: Visualization of Cdh2 in wild type neuromast and chain cells 

(a) Representative 48hpf wild type neuromast labeled with Cdh2:Cdh2-GFP (in red) and a membrane 

counterstain (cxcr7b:lyn-mKate2, in green). Above, the merge of green and red channel; below, the individual 

channels (z-projections). On the right side, an apical and a basal confocal slice from the neuromast z-stack and a 

mid-section of an yz-reslice (individual channels are displayed), showing apical accumulation of Cdh2. (b) 

Representative 48hpf wild type chain cells (z-projections). Cdh2 results almost undetectable in this cell 

population. Merge and individual channels are displayed. Scale bar 20 μm. 

 

We reasoned that these differences might be the consequence of the different extent of exposure to 

FGF signaling of neuromast cells and chain cells. To test that, we took advantage of chemoFGFR as a 

tool to cell-autonomously activate FGF signaling in chain cells and we compared Cdh2 levels of 

chemoFGFR positive and negative cells in 48hpf embryos. Analyzing solitary cells, we found that 

chemoFGFR positive cells displayed increased Cdh2 expression compared to chemoFGFR negative 

cells, whose Cdh2 levels were almost undetectable (Figure 3.22 a, b). By contrast, comparison of Cdh2 

levels in chemoFGFR positive and negative cells located within deposited neuromasts, where baseline 

Cdh2 expression is already increased compared to chain cells, did not give detectable differences 

(Figure 3.22 c). Therefore, it appears that ectopic FGF signaling triggers an increase in Cdh2 expression 

in naïve chain cells but cannot lead to a further increase of Cdh2 in cells that, as part of neuromasts, 

did experience high levels of FGF signaling beforehand. We conclude that Cdh2 expression increases 

cell-autonomously upon chemoFGFR induction but does not scale with signaling level once it is 

switched on. 
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Next, we explored Cdh2 expression and localization during de novo cluster assembly. To this aim, we 

acquired images of chemoFGFR positive lateral lines expressing Cdh2:Cdh2-GFP at the 48hpf endpoint, 

and we analyzed cells in various assembly configurations (as single chain cell, as doublet, as ‘small’ or 

‘large’ cluster). Based on these endpoint experiments, we reconstructed a conceivable timeline of 

Cdh2 marker behavior at different stages of the cluster formation process (Figure 3.22 d, g, h). 

Surprisingly, we found that, when still in a chain configuration, chemoFGFR positive cells displayed 

Cdh2 enrichment at contact interfaces with other chemoFGFR cells, while no enrichment could be 

detected at contact interfaces of chemoFGFR negative cells (Figure 3.22 red arrowheads in a, d). This 

interfacial accumulation persisted also during emergence of a 3D clusters (Figure 3.22 d, g). 

Interestingly, larger more mature clusters showed an apical shift of Cdh2 accumulation, similarly to 

wild type neuromasts, while interacting lateral membranes resulted comparably depleted from it 

(Figure 3.22 h).  

 

These observations suggest that Cdh2 levels and localization are remodeled as apical-basal polarity 

emerges and cells organize in a 3D organ (Figure 3.22 i). Moreover, increased expression of Cdh2 in 

chemoFGFR positive compared to negative cells and Cdh2 enrichment observed specifically at the 

interfaces of chemoFGFR positive cells point at the possibility that Cdh2 might play a role in 

chemoFGFR-dependent cell sorting and cell-cell ‘recognition’. 
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Figure 3.22: Visualization of Cdh2 in chemoFGFR expressing lateral lines 

(a) Individual z-stack slices show Cdh2:Cdh2-GFP distribution in chemoFGFR positive and negative chain cells in 

48hpf chemoFGFR expressing lateral lines. The merge of green (chemoFGFR mRFP) and red channel (Cdh2:Cdh2-

GFP) and the individual channels are shown. Contact interfaces between chemoFGFR positive cells display Cdh2 

enrichment (highlighted with red arrowheads). Differences in Cdh2-GFP intensity levels of chemoFGFR positive 

and negative cells (the latter highlighted with dashed white lines) were also observed and quantified in (b). For 

the boxplot n chemoFGFR positive cells=10; n chemoFGFR negative cells=7. (c) In chemoFGFR positive neuromasts, there 

is no detectable difference in Cdh2 signal intensity between chemoFGFR positive cells (encircled by a green 

dotted line) and negative cells. The z-projection and a central z-stack slice (merge and individual channels) are 

shown. (d) Doublets of chemoFGFR positive cells display interfacial Cdh2 enrichment, quantified in the line profile 

(e) and in the boxplot (f). For the boxplot n chemoFGFR positive interfaces=26; n wild type chain interfaces=8. (g) Cdh2 

enrichment at cell contacts can be observed in ‘small’ clusters, while (h) in larger clusters, Cdh2 apically 

accumulates (yellow arrow). Z-projections and individual apical or basal z-stack slices are displayed. White dotted 

lines were used to outline clusters and doublets. (i) Schematic depicting the behavior of Cdh2:Cdh2-GFP (in red) 

in a hypothetical pseudo timeline. ChemoFGFR positive cells are indicated with green dots. ***: 1e-4 < p <= 1e-3; 

**: 1e-3 < p <= 1e-2. Scale bar (a), (d), (g), (h) 10 μm; (c) 20 μm. 

3.3.4.2 NCAM1b during de novo cluster formation 

To evaluate the impact of chemoFGFR induction on NCAM1b localization, we made use of a fish line 

misexpressing NCAM1b-GFP driven by GAL4/UAS system, previously generated in the lab (by Sevi 

Durdu, unpublished). We observed that in wild type neuromasts NCAM1b localized at plasma 

membranes and was specifically enriched on lateral membranes, while no NCAM1b signal was 

detectable on apical membranes (Figure 3.23 a). Co-expression of NCAM1b and Cdh2, which, as 

described in the previous paragraph, accumulates apically in neuromasts, confirmed the 

complementary localization pattern of the two adhesion proteins (Figure 3.23 b). Interestingly, 

NCAM1b visualization in chain cells and analysis of signal intensity profiles across cell interfaces 

revealed that NCAM1b enriched at cell-cell contacts between chain cells, similarly to lateral 

membranes in neuromasts (Figure 3.23 c, d).  

NCAM1b appeared however to be enriched at cell-cell interfaces only between UAS:NCAM1b-GFP 

misexpressing cells. To test this observation, we exploited the architectural simplicity of zebrafish 

peridermal cells and we generated a ‘salt and pepper’ pattern of NCAM1b-misexpressing cells by 

transient injections of CMV-driven NCAM1b-tagRFPt (Figure 3.23 e). By analyzing NCAM1b localization 

at periderm cells contacts, we found that indeed NCAM1b enriched specifically at interfaces between 

expressing cells (Figure 3.23 e, g).  

 

These observations suggest that homophilic NCAM1b interactions drive interface enrichment of 

NCAM1b, as described in other systems [Bloch, 1992]. We conclude that as NCAM1b localization 

mostly reflects cell-cell contact points, NCAM1b-GFP can be considered a contact-dependent marker.  

 



98 

 

 

 

Figure 3.23: Visualization of NCAM1b in wild type neuromasts, chain cells and periderm cells 

(a) Representative z-projection of a 48hpf wild type neuromast labeled with NCAM1b-GFP (in green, UAS: 

NCAM1b-GFP)  and a membrane counterstain (in red, cldnb:lyn-GFP), showing NCAM1b-GFP enrichment at 

lateral membranes. Apical and basal z-stack slices are displayed on the right as individual channels and merge of 

green and red channels. (b) Apical z-stack slice from a neuromast co-expressing NCAM1b and Cdh2 

(UAS:NCAM1b-tagRFPt and Cdh2:Cdh2-GFP). (c) Representative z-projection of 48hpf wild type chain cells. 

NCAM1b is also expressed in the lateral line nerve (marked with yellow arrowheads) that is one of the GAL4 

positive tissues. A central z-stack slice is displayed on the right, as individual channels and a merge of green and 

red channels. GAL4:mCherry was used as cytoplasmic counterstain. (d) Line plot of the NCAM1b-GFP signal 

intensity corresponding to the dashed line in (c). (e) Periderm cells showing salt and pepper pattern of NCAM1b 

misexpression (CMV:NCAM1b-tagRFPt). Below, the NCAM1b-GFP channel is displayed with the fire lookup table 

and NCAM1b misexpressing cells are marked with green letters and non-misexpressing cells with white letters. 
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(g) Line plots of the NCAM1b-GFP signal intensity corresponding to the dashed lines in (e), crossing interfaces 

between misexpressing cells (A/B and B/C) or between a misexpressing and non-misexpressing cell (B/D). Scale 

bar (b) 10 μm; (a),(c),(e) 20 μm. 

 

Next, we explored localization of NCAM1b-GFP in chemoFGFR expressing lateral lines at the 48hpf 

endpoint. Analysis of various assembly configurations (single chain cell, as doublet, as ‘small’ or ‘large’ 

cluster) at 48hpf confirmed that NCAM1b behaves as a contact-dependent marker, showing 

enrichment at cell-cell interfaces of misexpressing cells at every stage of cluster formation, in both 

chemoFGFR positive and negative cells (Figure 3.24 a, b, c, d, e, f). As for wild type neuromasts, also in 

de novo clusters NCAM1b accumulation was detected on lateral membranes, while no NCAM1b-GFP 

signal was detectable on clusters apex (Figure 3.24 e, f). Importantly, the fact that NCAM1b-enriched 

membranes reflects points of cell-cell contact in these transient assembly configurations, confirms that 

NCAM1b reporters are well-suited for dynamic visualization of cell-cell interactions in time, 

independently from cellular polarity. 

 

 
Figure 3.24: Visualization of NCAM1b in chemoFGFR expressing lateral lines 

Representative z-projections of 48hpf chemoFGFR positive chain cells (a), doublets (b), ‘small’ and ‘large’ de novo 

clusters (d)(f), labeled with NCAM1b-GFP (in green, UAS: NCAM1b-GFP), a cytoplasmic counterstain (in red, 
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GAL4:mCherry) and the chemoFGFR mRFP at the plasma membrane. Middle or apical and basal z-stack slices are 

displayed on the right side, as individual channels and merge of green and red channels. (c) Line plot of the 

NCAM1b-GFP signal intensity corresponding to the dashed line in (b). (e) Schematic representing behavior of 

NCAM1b-GFP (in light green) in a hypothetical pseudo timeline. ChemoFGFR positive cells are marked with dark 

green dots. NCAM1b-GFP enriches at the contact interfaces of all misexpressing cells. White dotted lines are 

used to outline clusters and doublets. Scale bar 20 μm. 

3.3.4.3 Cdh2 and NCAM1b and 1a knockouts do not affect cluster formation 

Given the interesting patterns of Cdh2 and NCAM1b in the lateral line during de novo cluster formation, 

and, more generally, given the proven contribution of adhesions in processes like slithering, cell 

reciprocal recognition and sorting, we addressed whether Cdh2 and NCAM1b were required for de 

novo cluster assembly. To this aim, we took advantage of the Crispr-Cas9 technology to perform 

knockout experiments. 

Since a recent publication established injections of four sgRNA guides per gene as the most efficient 

method to knockout genes directly in F0 embryos (henceforth referred as Crispant), we exploited 

designed sgRNA guide sets provided from that study to knockout Cdh2 [R. S. Wu et al., 2018b] (Figure 

3.25 a, b). As a first control for sgRNA guide efficiency, we microinjected an injection mix containing 

the four sgRNA guides into homozygous Cdh2:Cdh2-GFP embryos (Figure 3.25 c). We observed that in 

87% of the crispant embryos there was no detectable Cdh2-GFP signal, demonstrating the high cut 

efficiency of the sgRNA guides employed. Moreover, crispant embryos displayed morphological 

phenotypes, such as an altered tail segment, that were consistent with the published Cdh2 mutant fish 

line [Revenu et al., 2014] (Figure 3.25 c).  

 

To assess whether Cdh2 knockout affected de novo cluster assembly, we compared lateral lines of 

Cdh2 crispant embryos, expressing or not expressing chemoFGFR with their uninjected counterparts 

(Figure 3.25 d). First, we confirmed results from previous studies demonstrating that Cdh2 knockout 

does not affect standard neuromast formation in wild type embryos [Revenu et al., 2014].  

Secondly, we observed that in chemoFGFR expressing Cdh2 crispants, de novo clusters still assembled, 

like in uninjected chemoFGFR expressing embryos. We then compared these two latter conditions in 

term of number of cells per cluster, de novo cluster number and cluster shape descriptors. Remarkably, 

in all our analyses, clusters formed in Cdh2 crispants were indistinguishable from clusters formed in 

uninjected embryos (Figure 3.25 e). Even the relative location within clusters of chemoFGFR positive 

and negative cells was comparable in crispants and uninjected embryos, with chemoFGFR negative 

cells located at the peripheral rim (Figure 3.25 f). 
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Figure 3.25: Cdh2 knockout does not affect de novo cluster formation 

(a) Schematic representing the structure of Cdh2 protein. (b) Annotation of the Cdh2 gene and of the sites 

targeted by Crispr (marked with black arrows). (c) The efficiency of the sgRNA guide set was verified by knocking-

out Cdh2 in Cdh2:Cdh2-GFP expressing embryos. Overview of Cdh2:Cdh2-GFP embryos (above) and of 

Cdh2:Cdh2-GFP embryos injected with sgRNAs targeting Cdh2 (below, fluorescence channel and brightfield). (d) 

Comparison of lateral lines (region between first and second neuromast) of control embryos, Cdh2 crispant and 

chemoFGFR expressing counterparts. The images are z-projections of 48hpf embryos with nuclei in red 

(cxcr4b:nls-tdTomato) and chemoFGFR in green (LexOP:chemoFGFR mNG). White arrowheads highlight de novo 

clusters. (e) Comparison of cluster of chemoFGFR positive embryos and clusters of crispant chemoFGFR positive 

embryos. The number of clusters per embryo (normalized or not for chain cell number between neuromast one 

and two), the number of cells per cluster and cluster shapes were quantified. For cluster number counts: N control 

embryos=7; N crispants=6. For cluster shape analysis: n control clusters=23; n crispant clusters=23. (f) White arrows 

highlight chemoFGFR negative cells, which are localized in the peripheral rim of the cluster in crispant as well as 

in uninjected chemoFGFR positive embryos. ns: 5e-2 < p <= 1. Scale bar (d) 20 μm; (f) 10 μm. 

 

Therefore, these results indicate that Cdh2 knockout does not affect de novo cluster formation, 

suggesting that Cdh2 is not required along the process. Alternatively, the lack of effect of Cdh2 

knockout on cluster formation might be due to inherent limitations of the system and method. We 

reasoned that given the redundant expression of adhesion proteins and in particular cadherins in the 

primordium [Q. Liu et al., 2003], compensation upon loss of Cdh2 could occur. Another possibility is 

that crispant embryos do not represent bona fide null mutants for Cdh2, for example due to chimerism 

and monoallelic cuts in crispants. Potentially, a resulting sparse expression of Cdh2 might still be 

sufficient for de novo cluster to form. To clarify these points, further work using an established mutant 

for Cdh2 is currently ongoing. 

 

Next, we employed Crispr-Cas9 technology to perform knockout of both NCAM1b and NCAM1a, to 

prevent compensatory effects of the 1a paralogue upon 1b loss. For NCAM1a and NCAM1b genes, we 

designed and in vitro tested new sgRNA guide sets, selecting relevant gene regions to target, since the 

sgRNA guides reported in the previously mentioned study showed low cut efficiency (Figure 3.26 a, b, 

c). First, we asked whether wild type embryos injected with NCAM1a and 1b sgRNAs developed defects 

in lateral line patterning (Figure 3.26 d). We observed that both the single NCAM1b knockout 

(henceforth referred as ‘single’ crispant) and the double NCAM1a and NCAM1b knockout (henceforth 

referred as ‘double’ crispant) did not affect the wild type lateral line pattern (Figure 3.26 d). Next, to 

assess whether NCAM1a and 1b knockout impaired de novo cluster formation, we compared lateral 

lines of single and double crispants, expressing or not expressing chemoFGFR with their uninjected 

counterparts. We observed that de novo clusters robustly formed in all chemoFGFR expressing 

conditions, regardless of the embryos being single, double crispant or uninjected (Figure 3.26 e). 

Therefore, these results suggest that knockout of NCAM1a and 1b does not affect de novo cluster 

formation. Similar shortcomings of the system and method that had been mentioned for Cdh2 should 

be considered likewise for NCAMs. Analogously, reproducing the experiments using a stable NCAM1a 

and 1b mutant fish line will be required to unambiguously address these issues. 
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Figure 3.26: NCAM1a and NCAM1b knockout does not affect de novo cluster formation 

(a) Schematic representing the protein structure of the NCAM family. (b) Annotation of the NCAM1b and 1a 

genes and of the sites targeted by Crispr (marked with black arrows). Functional domains are aligned to relative 

exons. For NCAM1b we targeted exon 13 and for NCAM1a exon 12, both part of the fibronectin domain 1 (FN1). 

(c) Diagnosis of positive sgRNA cut on agarose gel (deletions highlight with white arrowheads). (d) Overviews of 

control embryos, NCAM1b crispants and NCAM1b and 1a crispants, showing that the knockout does not affect 
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lateral line pattern. (e) Comparison of lateral lines (region between first and second neuromast) of control 

embryos, NCAM1b crispants, NCAM1b and 1a crispants and chemoFGFR expressing counterparts. The images 

are z-projections of 48hpf embryos with nuclei in red (cxcr4b:nls-tdTomato) and chemoFGFR in green 

(LexOP:chemoFGFR mNG). Scale bar (e) 20 μm. 

3.4 Cell fate specification within de novo clusters 

In this study, we exploited chemoFGFR and the mosaicism inherent in the LexPR/LexOP transactivation 

system as a tool to introduce FGF signaling heterogeneity in the naïve population of chain cells.  We 

observed that the two cellular populations emerging in the system from this artificial manipulation, 

chemoFGFR positive cells and chemoFGFR negative cells, exhibit distinctive behaviors. ChemoFGFR 

positive cells aggregate with other chemoFGFR positive cells, assembling the seed of the cluster, while 

chemoFGFR negative cells segregate to the rim. The data thus suggest that heterogeneity of FGF 

signaling results in cell sorting. We next addressed whether the inside-outside pattern generated by 

cell sorting would convert into different cell fates as de novo clusters mature. 

3.4.1 ChemoFGFR negative cells are integrated in de novo clusters 

We started our investigation by clarifying whether chemoFGFR negative cells encircling chemoFGFR 

positive cluster seeds show epithelial features. To this aim, we examined whether chemoFGFR 

negative cells within clusters displayed apical-basal polarization and epithelial organization 

comparable with chemoFGFR positive cells. First, visualization of 3D cell volumes revealed that 

chemoFGFR negative cells participating in clusters displayed a columnar morphology and apical-basal 

polarization, with an apical side directed toward the focal center of the cluster, similar to chemoFGFR 

positive cells (Figure 3.27 a, Figure 3.14 c for 3D volume of a chemoFGFR positive cell). Second, to 

quantitatively investigate epithelial polarization, we probed centrosome orientation of cells within 

48hpf de novo clusters by employing the previously described analysis of 2D polarity angles (paragraph 

3.3.1), this time quantifying separately chemoFGFR positive cells and chemoFGFR negative cells (Figure 

3.27 b, c, d). To be able to perform three-color imaging of nuclei, centrosomes and chemoFGFR, we 

generated a fish line where centrin was tagged with a far-red fluorophore (LexOP:Centrin-mIRFP670). 

We found that the centrosome-nucleus axis of chemoFGFR negative cells pointed toward the center 

of the cluster (polarity angles close to 0°) to the same extent of chemoFGFR positive cells (Figure 3.27 

c, d, e).  

These results provide evidence for concluding that chemoFGFR negative cells within clusters are 

apically polarized and organized in a radial pattern, similarly to chemoFGFR positive cells.  
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Figure 3.27: ChemoFGFR negative cells are part of clusters and exhibit apical-basal and radial polarization 

(a) 3D projections of three examples of de novo clusters from 48hpf chemoFGFR expressing embryos. 

ChemoFGFR positive cells are in green (labeled with LexOP:chemoFGFR mRFP and cldnb:lyn-GFP) and 

chemoFGFR negative cells in white (labeled with cldnb:lyn-GFP and highlighted with red arrows). On the right, 

3D rendering of chemoFGFR negative cells are overlaid on 3D projections and both apical and lateral projections 

are displayed. Imaris 7.6.4 was used for manual segmentation of chemoFGFR negative cells, 3D projections and 

3D rendering. (b) Z-projection and individual slices of a de novo cluster from a 48hpf chemoFGFR expressing 

embryo, labeled with nls-tdTomato (red nuclei), centrin-mIRFP (white centrosomes) and chemoFGFR (green 

membranes). ChemoFGFR positive and negative cells were classified based on the presence of a detectable 
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chemoFGFR signal in individual cells. Yellow dashed lines outline chemoFGFR positive cells and a gray dashed line 

outlines a chemoFGFR negative cell. (c) On the right, a cartoon illustrating how polarity angles were collected for 

cluster cells. The center of the cluster was used as reference point. Polarity angles of chemoFGFR positive and/or 

negative cells were represented in rose plots. n chemoFGFR positive cells=159; n chemoFGFR negative cells=43). For the 

generation of rose plots the following parameters were used: distance between lines=3; y max=9 (for the rose 

plot on the right), y max=50 (for the first two rose plots); n bins=35. (e) Alternative representation of polarity 

angles of chemoFGFR positive and negative cells in form of boxplot (angles normalized between -180 to +180). 

Scale bar (a, top rows) 5 μm; (a, bottom row) and (b) 10 μm. 

3.4.2 ChemoFGFR negative cells appear morphologically distinct from 

chemoFGFR positive cells in de novo clusters 

As next step, we investigated cellular morphologies of chemoFGFR positive and negative cells within 

clusters. We compared the 3D shape of chemoFGFR positive and negative cells within 48hpf de novo 

clusters of different sizes (named ‘large’ when they had at least 8 cells, ‘small’ for clusters with fewer 

than 8 cells) and deposited neuromasts, to find out whether chemoFGFR negative cells conformed to 

the shape of positive ones (Figure 3.28 a). To this aim, we took advantage of a 3D single cell 

segmentation and analysis pipeline, developed in the lab [Hartmann et al., 2020]. Cells were 

automatically segmented based on a homogeneous membrane tag (cldnb:lyn-GFP) and classified in 

chemoFGFR positive and negative cells according to chemoFGFR fluorescence levels. Specifically, cells 

were classified as chemoFGFR positive when their mean intensity was above a 50th percentile intensity 

threshold, while cells below were considered chemoFGFR negative. ChemoFGFR positive cells showed 

consistently higher sphericity values (for all the assembly configurations considered) than negative 

cells, whose sphericity was instead matching the one of wild type neuromast cells (Figure 3.28 b).  

 

We conclude that, although chemoFGFR negative cells are integrated in clusters and exhibit apical-

basal and radial polarization, they appear morphologically distinct from chemoFGFR positive cells.  

We reason that the fact that chemoFGFR positive cells acquired a rounded shape might be indicative 

of a cell-autonomous increase in cortical contractility, as observed in other systems [Zaidel-Bar et al., 

2015]. This scenario points at the intriguing possibility that de novo clusters constitute structural units 

composed of ‘contractile’ chemoFGFR positive cells in the cluster seed, and of softer, more deformable 

chemoFGFR negative cells in the cluster rim, wrapped around the contractile core. 
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Figure 3.28: ChemoFGFR positive and negative cells appear morphologically distinct  

(a) Representative z-projections of a control neuromast, a chemoFGFR positive neuromast, a large and a small 

de novo cluster, from 48hpf embryos. ChemoFGFR positive cells are in green (labeled with LexOP:chemoFGFR 

mRFP and cldnb:lyn-GFP) and chemoFGFR negative cells in red (labeled with cldnb:lyn-GFP). (b) Quantification 

of sphericity of single cells belonging to these four categories, additionally classified depending on chemoFGFR 

expression levels. Sphericity values close to 1 approximate a perfect sphere. The number of cells analyzed for 

each category is reported in the plot. Effect size is reported in the plot and estimated as follows: small effect: 

d≈0.2; medium effect: d≈0.5; large effect: d≈0.8; very large effect: d≈1.2. ***: 1e-4 < p <= 1e-3; **: 1e-3 < p <= 1e-

2; *: 1e-2 < p <= 5e-2.  (c) Proposed model of de novo cluster formation. Scalebar 20 μm. 
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3.4.3 FGF-dependent cell sorting impacts cell fate 

The observation that chemoFGFR negative cells keep distinct morphological features from positive 

ones even when they integrate into clusters, prompted us to address whether differences could go 

beyond shape. We thus addressed the impact of cell sorting and chemoFGFR expression on cell type 

differentiation within de novo clusters. 

3.4.3.1 Hair cells preferentially originate from chemoFGFR positive cells 

We started by addressing mechanosensory hair cell fate, taking advantage of the Brn3c:mGFP fish line, 

that labels hair cells more specifically than Acetylated Tubulin staining [Steiner et al., 2014; Xiao et al., 

2005]. We induced chemoFGFR expression according to our standard induction protocol and evaluated 

48hpf lateral lines for hair cell labeling. First, we confirmed that wild type neuromasts displayed the 

stereotyped labeling of Brn3c-labeled cells already at 48hpf, consistent with the observed Acetylated 

Tubulin immunostaining at 4dpf (Figure 3.29 a, b). We then analyzed chemoFGFR expressing lateral 

lines and detected Brn3c-labeled cells in 83% of de novo clusters. Interestingly, there was no minimum 

threshold in terms of number of cells per cluster to be reached for Brn3c expression, as we noticed 

that even doublets occasionally exhibit Brn3c-labeled cells (Figure 3.29 c). Moreover, in de novo 

clusters, the ratio of Brn3c-labeled cell number over total cell number in the cluster was higher than 

in wild type neuromasts: Brn3c-labeled cells constituted on average 12% of cells in a neuromast, but 

29% of cells in a de novo cluster (Figure 3.29 d left). To test whether Brn3c expression is cell-

autonomously induced by chemoFGFR, we quantified within clusters the frequency of Brn3c-labelled 

cells that were also chemoFGFR positive, relative to the chemoFGFR negatives. The results showed 

that Brn3c-labeled cells were preferentially chemoFGFR positive (Figure 3.29 d right). However, not 

every chemoFGFR positive cell was Brn3c-labeled (Figure 3.29 c). This observation suggests that FGF 

signaling activation, driven by chemoFGFR, is necessary but not sufficient to induce Brn3c expression. 

This is consistent with literature evidences that showed that in the lateral line, after drug-mediated 

hair cell depletion, hair cell regeneration requires FGF signaling and that the new hair cells derive from 

proliferation of a population of FGFR1a-positive supporting cells [Lee et al., 2016].  
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Figure 3.29: ChemoFGFR positive cells preferentially form hair cells during de novo cluster formation 

(a) Schematic showing the cell type composition of a wild type neuromast and the transgenic fish lines used to 

differentially label them. (b) Representative z-projection of a 48hpf wild type neuromast, with nuclei labeled with 

dapi (in blue) and hair cells with brn3c:mGFP (in red). (c) Representative z-projection of 48hpf de novo clusters 

and doublets. Merges of the three channels (chemoFGFR mNG in green, dapi nuclei in blue and brn3c:mGFP hair 

cells in red) and individual channels are shown. (d) On the left, comparison of the percentage of brn3c-labeled 

cells over the total number of cells in wild type neuromasts and de novo clusters. n neuromasts= 26, n clusters= 86. 

On the right, quantification of the number of brn3c-labeled cells that are also chemoFGFR positive (n brn3c 

pos+chemoFGFR pos cells= 142; n brn3c pos+chemoFGFR neg cells=8). ****:p<= 1e-4. Scale bar (c, top overview) 20 μm; (c, 

bottom panels) and (b) 10 μm.  

3.4.3.2 Mantle cells preferentially originate from chemoFGFR negative cells 

Next, we analyze mantle cell differentiation in de novo clusters. To this end, we took advantage of the 

published AlpI:mCherry fish line [Steiner et al., 2014], that labels both chain cells and neuromast 

mantle cells and we combined it with chemoFGFR induction.  

First, we explored the pattern of AlpI-labeled cells in 72hpf de novo clusters. We observed that de novo 

clusters displayed AlpI-labeled cells in the outer rim of the cluster, resembling the stereotyped pattern 

of wild type neuromasts, despite the much lower number of cells composing de novo clusters (Figure 

3.30 a, b). We then asked whether AlpI:mCherry expression in a cell was conditional on presence or 

absence of chemoFGFR or whether it was a consequence of the cell location in the outside rim of the 

cluster. To this aim, we quantified within clusters the frequency of AlpI-labeled cells that were also 

chemoFGFR positive, relative to the ones that were chemoFGFR negatives. We found that 82% of the 

AlpI-labeled cells were chemoFGFR negative cells (examples in Figure 3.30 e ‘mixed clusters’) (n=53/65) 

and 18% of them chemoFGFR positives (12/65) (Figure 3.30 c left, examples in Figure 3.30 b).  

To address this point more clearly, we investigated whether AlpI-labeled cells could also originate from 

chemoFGFR positive cells located at the cluster rim. We classified de novo clusters in two categories, 

one for clusters composed exclusively of chemoFGFR positive cells, including the rim, (named 

‘chemoFGFR positive clusters’) and one for clusters containing both chemoFGFR positive and negative 

cells (named ‘mixed clusters’). We then counted AlpI-labeled cells in each category of clusters and 

retrieved their relative frequencies. We reasoned that if outside rim positioning was the main 

determinant of AlpI:mCherry expression, we would expect comparable frequency of AlpI-labeled cells 

in the two categories. Instead, we observed that mixed clusters were strongly enriched in AlpI-labeled 

cells (93% of the detected AlpI-labeled cells were found there), while chemoFGFR positive clusters 

displayed very few of them (7% of the detected AlpI-labeled cells were found there) (Figure 3.30 c 

right, e). However, although cluster size differences between clusters containing or not containing AlpI-

labeled cells were modest (Figure 3.30 d), we observed that chemoFGFR positive clusters frequently 

did not have a morphologically recognizable cluster rim, while mixed clusters did (Figure 3.30 e). This 

suggests that chemoFGFR positive clusters might be more immature than mixed clusters and that, as 

such, the two cluster categories might not be comparable in term of cell fate. We thus conclude that 

AlpI-labeled cells are mostly, although not exclusively, chemoFGFR negatives and that AlpI-labeled cells 

are rarely detected in clusters only composed of chemoFGFR positive cells. 
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Figure 3.30: ChemoFGFR negative cells preferentially form mantle cells during de novo cluster formation 

(a) Representative z-projection of a 72hpf wild type neuromast with AlpI:mCherry label (in red). AlpI:mCherry is 

a cytoplasmic marker expressed in mantle cells and chain cells of the lateral line. (b) Representative z-projection 

of a 72hpf de novo cluster. Merges of the two channels (chemoFGFR mNG in green and AlpI:mCherry in red) and 

individual channels are shown. (c) From left to right: quantification of the number of AlpI-labeled cells that are 

also chemoFGFR positive (n AlpI pos+chemoFGFR poscells=12; n AlpI pos+chemoFGFR neg cells=53), percentage of AlpI-

labeled cells detected in ‘mixed clusters’ and ‘chemoFGFR positive clusters’ (n mixed clusters =53; n chemoFGFR clusters 

=64), comparison of the size of clusters containing at least one AlpI-positive cell and of cluster without (n AlpI 

clusters =45; n noAlpI clusters =75). (e) Representative z-projections of 72hpf chemoFGFR positive and mixed clusters 

and examples of mantle cells (highlighted with white arrows). White dashed lines outline clusters. Merges of the 

two channels and individual channels are shown. (f) Representative images of 48hpf lateral lines, containing 

chemoFGFR negative chain cells (marked with white asterisks) and chemoFGFR chain positive cells (marked with 

white dots). Corresponding AlpI:mCherry signal is shown as individual channel below. Scale bar 20 μm. 
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AlpI:mCherry labeling has been extensively characterized as a mantle cell marker in the lateral line 

[Steiner et al., 2014]. However, given the FGF signaling dependence we observed in our study, we 

could not exclude that AlpI:mCherry behaved as a negative target of FGF signaling rather than as a 

reporter of the cellular differentiation state. To rule that possibility out, we monitored fast responses 

of AlpI:mCherry marker to ectopic perturbation of FGF signaling, by comparing at 48hfp AlpI:mCherry 

expression in chain cells positive or negative for chemoFGFR. We found that both chemoFGFR positive 

and negative chain cells had comparable AlpI:mCherry labeling, suggesting that AlpI:mcherry 

expression is not purely dependent on FGF signaling levels (Figure 3.30 f). This data suggests that 

AlpI:mCherry can be used as a bona fide mantle cell marker also in our context. Nevertheless, 

complementary work on detecting mantle cells independently from AlpI:mCherry marker or probing 

levels of AlpI:mCherry marker in FGFR-null conditions is needed for confirmation.   

 

Together, these results are consistent with a model where chemoFGFR expression affects cell fate by 

driving cell sorting during cluster assembly. Indeed, the spatial segregation of chemoFGFR positive and 

negative cells within de novo clusters (inside-outside pattern) might represent a mechanism to ensure 

a correct cell fate patterning, with hair cells forming at central locations in the cluster (from few cells 

of the chemoFGFR positive seed) and mantle cells in the periphery (from the chemoFGFR negative 

rim). 

 

 



113 

 

4 Discussion 

4.1 Toward the establishment of a spatiotemporal controlled 

manipulation of organogenesis: a novel strategy to interrogate 

tissue dynamics 

4.1.1 From cellular behaviors to tissue-scale phenomena 

The emergence of developmental patterns and high-order structures relies on the integration of 

individual cell behaviors. However, understanding how individual cells contribute to tissue-wide 

responses represents a major challenge, as tissues are not simply collections of cell-autonomous 

behaviors. Not every cell in a tissue contributes equally to a certain process, neither responds to the 

same stimuli. Which behaviors are cell-autonomously encoded and which ones result instead from the 

influence of neighboring cells, of other tissues or of the surrounding microenvironment? In several 

cases, the activation of a signaling pathway in a few ‘activated cells’ is sufficient to drive a certain 

tissue-wide response. For example, in the lateral line primordium of zebrafish, the presence of a few 

cells expressing the chemokine-binding receptor Cxcr4b at the leading edge of the tissue is sufficient 

to guide collective migration of the entire primordium [Haas & Gilmour, 2006]. Similarly, leader cells 

with active FGF signaling are sufficient to drive collective migration of Drosophila tracheal branches 

[Sutherland et al., 1996]. However, neighboring cells surrounding the activated cells are not passive 

components but often act in concert, contributing to the emergence of tissue-wide responses by 

coordinating with activated cells. In collectively migrating tissues such as the lateral line primordium 

or border cell clusters, a tight mechanical coupling between cells in the tissue provide cohesion and 

spreading of the migratory behavior from leader cells, the chemokine-responsive elements, to follower 

cells [Haas & Gilmour, 2006], allowing the tissue to migrate as a unit [Rorth, 2012]. It has been 

suggested that in epithelial monolayers mechanical coupling relies on the relocalization of a transducer 

from cell-cell junctions to the cytoplasm upon inter-cellular pulling forces, leading to a polarized 

localization of the Rho GTPase Rac1 in follower cells [Das et al., 2015]. The selective emergence of a 

certain number of leader cells is also regulated collectively by cell-cell interactions. For example, during 

angiogenetic sprouting, the number of leader cells is tuned by the contact-based signaling pathway 

Delta-Notch, while, during wound healing, prospective leader cells emerge from wound margins where 

follower cells exert higher pulling forces [Vishwakarma et al., 2018]. In other cases, instead, the 

behavior of activated cells remains cell-autonomously restricted and activated cells and neighboring 

cells segregate. In the Drosophila wing disc, for example, ectopic expression of transcription factors 

involved in fate specification in a subset of cells leads to cell sorting and extrusion of the misexpressing 

cells from the tissue as cysts, a process mediated by formation of actomyosin-rich interfaces at 

heterotypic contacts [Bielmeier et al., 2016]. Cell-cell interactions are such fundamental coordinators 

of tissue responses that an activated cell can trigger a wide range of different tissue-scale outcomes 
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depending on its coupling with neighboring cells. An example of this idea can be found looking at 

possible outcomes of apoptotic cell death. While in several contexts, cells undergoing apoptosis are 

promptly extruded from the tissue of origin without affecting surrounding cells, during Drosophila leg-

joint formation, apoptosis induced in cells displaying an altered Dpp activity acts as a driver of 

morphogenesis [Ambrosini et al., 2019; Manjón et al., 2007; Monier et al., 2015]. In this tissue context, 

apoptosis of a few cells triggers a tissue-wide folding of the epithelial sheet, due to the pulling forces 

orthogonal to the tissue plane exerted by the dying cells during their extrusion from the epithelium 

and the tight cell-cell coupling within this tissue [Ambrosini et al., 2019]. Tissue-scale phenomena can 

thus emerge from cell behaviors in non-trivial ways and cell interactions take central stage in the 

causality axis. To investigate these aspects, it is important to use an appropriate ‘magnification lens’ 

both in term of perturbation strategies and in term of detection of tissue responses, combining 

spatiotemporally precise manipulation methods with analysis of single cell dynamics. 

 

In this study, we investigated the emergent behaviors arising from the interaction of activated cells 

with neighboring cells in vivo during organogenesis. To this aim, we generated a mosaic of differently 

fated cells in the lateral line system, by cell-autonomously activating in a subset of cells a genetic 

program driving mesenchymal to epithelial transition (MET). We then addressed how activated cells 

and their neighbors affect each other behaviors, investigating cellular dynamics at single cell level 

through live imaging. 

4.1.2 A new tool for cell-autonomous activation of FGF signaling 

FGF signaling is a central player of MET in developmental contexts such as Kupffer's vesicle and chick 

hindgut formation [Matsui et al., 2015; Nerurkar et al., 2019]. In addition, previous studies established 

FGF signaling as the main driver of epithelialization and organogenesis in the lateral line primordium 

[Durdu et al., 2014; Hava et al., 2009; Nechiporuk & Raible, 2008; Revenu et al., 2014]. A MET-like 

transition has been described to occur during pLLP migration when leader cells convert into follower 

cells, which are then packaged in rosette-shaped structures and deposited [Durdu et al., 2014; Revenu 

et al., 2014].  

With the goal of driving MET in lateral line chain cells, we developed a cell-autonomous approach to 

induce FGF signaling in a temporally and spatially resolved manner, taking advantage of Fibroblast 

growth factor receptor 1a (FGFR). We hoped to gain optogenetic control over FGFR activity by adapting 

a fluorescently labeled FGFR version insensitive to the FGF ligand and fused with a LOV photosensitive 

domain, that was shown to successfully drive light-mediated dimerization and downstream signaling 

activation in a cell culture study [Grusch et al., 2014]. In addition, we gained control over its expression 

timing, level and mosaicism using a chemically inducible expression system (LexPR/LexOP) with a 

lateral line-specific promoter [Durdu et al., 2014; Emelyanov & Parinov, 2008]. Unfortunately, we 

found that the optogenetic control of the chimeric construct activity was unreliable, displaying a high 

dark state activity that prevented us from using it for a clean on-off optogenetic switch. Several studies 

suggest that, even at physiological concentration, FGFR spontaneously dimerizes in absence of ligands 
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[Ahmed et al., 2010; M. R. Bryant et al., 2009; Lin et al., 2012; Sarabipour & Hristova, 2016], making 

tight control over its signaling activity challenging. The reason for the constitutive activity of the 

chimeric FGFR construct could lie in the fact that its overexpression might further amplify the tendency 

to spontaneous activation, as suggested in other studies [Kirchgeorg et al., 2018], a likely consequence 

of the construct crowding at the plasma membrane. Nevertheless, we found that the chemically 

inducible expression system could provide both sufficient spatiotemporal control over FGF signaling 

and the mosaic pattern of expression necessary for disentangling cell-autonomous from non-cell 

autonomous effects of our manipulation. We therefore exploited the construct as an inducible 

constitutively active FGFR, that we termed chemoFGFR, to investigate the response of the lateral line 

tissue to this cell-autonomous perturbation. We found that chemoFGFR has a remarkable impact on 

the lateral line organization and patterning, leading to the emergence of several de novo clusters of 

cells of various dimensions in ectopic positions. Live imaging and cell tracking confirmed that these 

clusters were not resulting from aberrant fragmentation of primordium during migration, as observed 

upon sever loss of Notch signaling [Matsuda & Chitnis, 2010], but were instead assembled from chain 

cells that were deposited normally and converted into 3D clusters upon chemoFGFR induction.  

4.1.3 MET underlies de novo cluster formation 

An obvious question is whether the change induced in lateral line chain cells is a bona fide MET 

transition. Cell clustering alone does not necessarily indicate epithelialization, as chain cells might 

simply clump in a disorganized manner without losing their mesenchymal character, as observed for 

mesenchymal aggregates such as skeletogenic and chondrogenic condensates and dermal 

condensates of hair and feather buds [Giffin et al., 2019].  

MET is a fundamental program involved in the assembly and organization of multicellular structures 

during organogenesis. It refers to the phenotypic transition of a cell from a mesenchymal to an 

epithelial state, which involves a switch of cell polarity towards an apical-basal polarity, acquisition of 

a columnar shape and of stable intercellular junctions and loss of the high motility typical of 

mesenchymal cells [Pei et al., 2019]. However, a large body of evidences demonstrated that this 

transition does not operate as a binary switch in most of the biological contexts. Cells normally display 

combinations of epithelial and mesenchymal features and the extent of MET transition, dependent on 

the progressive gain and loss of epithelial features, can vary, giving rise to a spectrum of several 

intermediate states. Collectively migrating tissues, like the pLLP, provide tractable models to study 

MET transitions as they display across the leading-trailing axis of the tissue a spectrum of different 

phenotypes, with a more mesenchymal leading edge and a more epithelial trailing edge. However, the 

‘dynamic range’ of mesenchymal and epithelial character displayed across migrating collectives is not 

so great, as leader cells do not meet key defining features of mesenchymal cells. Several observations 

support the idea that the interneuromast chain cells present a higher degree of ‘mesenchymal-ness’ 

than the cells of the migrating primordium. Nevertheless, as these cells still maintain some degree of 

cell contact, we will continue to use the term mesenchymal-like to describe them. 
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First of all, we gained insights on the initial ‘ground state’ of the chain cells. While it is clear that these 

represent a multipotent population deposited by the migrating pLLP, many basic features had been 

defined. First, chain cells are characterized by a flat and elongated morphology. Second, chain cells 

display randomized polarity, as defined by their nuclear-centrosomal axis, and have their centrosome 

mostly located in proximity of the nucleus instead of being at the contact interfaces with neighboring 

cells, features that have been associated with the mesenchymal state [Burute et al., 2017]. Third, 

despite being connected in a continuous chain, chain cells have the capacity to move and rearrange 

within it. Moreover, in terms of gene expression pattern, previous studies found that chain cells 

express Wnt pathway genes such as Lef1 and β-catenin 2, like leader cells of the migrating pLLP [Lush 

& Piotrowski, 2014b; McGraw et al., 2011; Valdivia et al., 2011; Venero Galanternik et al., 2015]. 

Having characterized the chain cell ground state, we next defined the changes occurring during de 

novo cluster assembly. We demonstrated that during this process, chain cells adopt a series of 

epithelial features, such as morphological and polarity changes, intracellular rearrangements and gene 

expression patterns typical of wild type neuromasts. During de novo cluster assembly, indeed, chain 

cells lose their typical flat shape and adopt an ‘upright’ columnar morphology with a nuclear-

centrosomal orientation typical of epithelia and tight junction formation. An accumulation of Cdh2 at 

the apical center of clusters analogous to wild type neuromasts was also observed [Revenu et al., 

2014]. At the gene expression level, chemoFGFR induction drives expression of the neuromast-specific 

marker Krt1c5 from early stages of de novo cluster formation. Thus, a number of lines of evidence 

support the hypothesis that chemoFGFR drives bona fide MET of chain cells. It provides a clearer 

example of MET than the conversion of leader into follower cells in the migrating primordium, as chain 

cells do not exhibit apical-basal polarity or other classical features of epithelia prior to manipulation. 

We conclude that the cell-autonomous activation of FGF signaling is sufficient to trigger a user-defined 

epithelialization program in vivo. 

4.1.4 In vivo induction of organ(-oid) formation 

The finding that pluripotent stem cells can form complex organ-like structures in culture, referred to 

as organoids, represented a major breakthrough in biology. On one side, the possibility of generating 

organs ‘in a dish’, that recapitulate several aspects of patterning and functionality of original organs, 

such as optic cup, intestinal and gut organoids, had opened a new era for regenerative medicine, 

disease modelling and drug developments [Lancaster & Knoblich, 2014]. On the other side, organoid 

studies have changed in many aspects our understanding of organ formation, revealing the incredible 

self-assembly capability of cells. Pluripotent stem cells indeed show a remarkable ability to undergo 

symmetry breaking and sophisticated patterning in vitro in absence of overarching long-range 

patterning cues, unveiling a complex feedback between morphogenesis and genetic patterning [Turner 

et al., 2015].  

What underlies the stunning self-assembly potential of progenitor cells? Addressing this question 

motivates an alternative approach for the study of organogenesis, where we stimulate progenitor cells 

to reconstitute organs from scratch by applying principles of synthetic biology and we investigate 
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minimal requirements for organ emergence. In the last decade, the design of synthetic effector 

modules providing control over various cell behaviors or entire signaling pathways, such as the 

Synthetic Notch system, and the development of a wide range of optogenetic tools capable of 

perturbing and triggering morphogenetic processes on demand, has put solid foundations for such a 

reverse engineering approach [Cachat et al., 2014; Krueger et al., 2019; Morsut et al., 2016]. Another 

avenue opened by organoid studies is the investigation of how this self-assembly capability of cells is 

funneled, harnessed or tuned during development, in order for robust and reproducible patterns to 

arise. What is the impact of signaling molecules, boundary conditions, mechanics and other extrinsic 

cues in the self-assembly process? Addressing this question will pave the way toward a deeper and 

more integrative understanding of organ formation in vivo. 

In this study, we present an experimental approach inspired by synthetic biology methods and 

organoid studies, that provides the opportunity to study the assembly and differentiation of functional 

organs emerging from naïve mesenchymal-like cells directly in vivo. By inducing chemoFGFR 

expression in lateral line chain cells indeed, we triggered the formation of de novo clusters that 

displayed a pattern of differentiation alike the one of wild type organs, with hair cell and mantle cell 

differentiation. As we continue to explore principles of organogenesis, we hope that these findings will 

contribute to our ability to design effective strategies for tissue regeneration and engineering of 

transplantable organs. 

4.1.5 Other mechanisms driving organ formation from lateral line chain cells 

Previous studies have investigated the multipotency of chain cells, discovering that organogenesis can 

be triggered from them in various ways. During late larval development, chain cells physiologically give 

rise to a stereotyped set of intercalary neuromasts by undergoing extensive proliferation and 

differentiation [Grant et al., 2005; Lopez-Schier & Hudspeth, 2005; Lush & Piotrowski, 2014b; Nuñez 

et al., 2009; Sapède et al., 2002]. Conversion of chain cells into intercalary neuromasts can be also 

induced precociously at embryonic stages by employing pharmacological treatments, such as 

ErbB/Neuregulin1 signaling inhibitors, genetic methods, such as Sox10, ErbB and Neuregulin1 mutants, 

or through complete ablation of neuromasts, of lateral line segments or of lateral line nerve [Grant et 

al., 2005; Lopez-Schier & Hudspeth, 2005; Perlin et al., 2011; Rojas-Muñoz et al., 2009; Sánchez et al., 

2016]. As little as two chain cells were shown to be sufficient to regenerate an entire neuromast upon 

its complete ablation [Sánchez et al., 2016]. Interestingly, these studies found that organogenesis from 

chain cells solely occurs when the perturbation method employed affects or damages the adjacent 

glial cells, tightly associated with the lateral line nerve. Glial cells indeed provide a quiescent niche for 

chain cells by locally preventing the activation of Wnt/β-catenin signaling. Thus, absence or damage of 

glia releases chain cells from this inhibition, enabling chain proliferation and differentiation. It has been 

proposed that, analogously, physiological formation of post-embryonic intercalary neuromasts is 

enabled by ventral migration of chain cells (induced by secondary neuromast deposition), that causes 

physical separation from the inhibitory signal released by glia [Lush & Piotrowski, 2014b]. 
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As described in our results, during de novo cluster formation, glial cells are not depleted, neither show 

any obvious morphological alteration or a detectable chemoFGFR expression, suggesting that 

chemoFGFR-dependent organ formation is not the result of a glial phenotype but is lateral line 

autonomous. ChemoFGFR induction therefore appears as a novel approach to unlock the multipotent 

potential of chain cells. However, one possibility could be that chemoFGFR activity affects chain-glia 

interactions. As the mechanism employed by glial cells to inhibit Wnt/β-catenin signaling in chain cells 

is so far unknown, further studies are required to test whether FGF signaling has an impact at that 

level. In any case, as the chemoFGFR approach allows tight spatiotemporal control over de novo cluster 

assembly, it likely represents a more insightful route to investigate physiological cell behaviors during 

organogenesis. One interesting avenue of this study indeed would be to compare chemoFGFR-

dependent organogenesis with physiological post-embryonic and injury-dependent organogenesis and 

to identify the minimal set of requirements for organ formation. A study of Lush and Piotrowski for 

example showed that upon abrogation of the ErbB signaling, Wnt/β-catenin activation is sufficient for 

organogenesis [Lush & Piotrowski, 2014b]. In this context, FGF signaling appears to be involved solely 

at later stages of the process, when an increase of FGF activity (likely induced downstream of chain 

cell proliferation) appears required for cluster differentiation and acquisition of a rosette shape, as 

inhibition of the pathway prevents both [Lush & Piotrowski, 2014b]. Our results instead suggest that 

direct activation of FGF signaling via chemoFGFR is sufficient to trigger organ formation. Specific 

perturbation experiments are however required to frame the relationship between FGF and Wnt/β-

catenin signaling during de novo cluster formation. Complementarily, a side-by-side comparison of cell 

dynamics during chemoFGFR-dependent organogenesis and the other described modes of organ 

formation would shed light on other conserved aspects of the process. For example, it is possible that 

in physiological conditions, FGF, Wnt/β-catenin signaling levels or cell sensitivity to ligands are 

spontaneously heterogeneous in the chain population and this might be at the basis of the selection 

of chain cells initiating the assembly of intercalary neuromasts. In this eventuality, the physiological 

formation of intercalary neuromasts would mirror the condition that we artificially generated by 

imposing mosaic expression of chemoFGFR. Amplification of cell-to-cell heterogeneity is indeed at the 

basis of several symmetry-breaking events, such as the differentiation of Paneth cells in intestinal 

organoids [Serra et al., 2019] and the early development of the mammalian embryo [Q. Chen et al., 

2018; Korotkevich et al., 2017]. 

4.2 Dissecting mechanisms of de novo cluster formation 

The establishment of a tool that reliably drives organogenesis on demand provides an ideal entry point 

to dissect how epithelialization emerges from a mesenchymal cell population and spreads across the 

tissue. The combination of a precise control over the perturbation together with the acquisition of 

tissue responses and single cell dynamics in real time through high-resolution imaging allowed us to 

investigate mechanistic principles of de novo organ formation. 
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4.2.1 Polyclonal aggregation of chain cells drives organogenesis 

Having identified chain cells as the origin of clusters, we next addressed whether clusters resulted from 

monoclonal proliferation of individual chain cells or from polyclonal aggregation. 

Serial monoclonal expansion of a single clone is indeed a classical modality of cluster formation, that 

have been shown to associate with MET in several systems, from MDCK and Caco-2 cyst formation to 

assembly of insect sensory bristles, human embryonic stem cells cysts and intestinal organoids [Cubas 

et al., 1991; Datta et al., 2011; Serra et al., 2019; Taniguchi et al., 2015]. Aggregation of mesenchymal 

cells has been instead reported to drive cluster assembly during Kupffer’s vesicle, taste bud and renal 

vesicle formation [Matsui et al., 2015; Schlüter & Margolis, 2009; Soulika et al., 2016]. 

Our results from live imaging and manual tracking during clustering reveal that polyclonal aggregation 

is the main driver of de novo cluster formation, as most of the cells within forming clusters are acquired 

through aggregation. While cell division was occasionally observed, we could not detect examples 

where single clones generated monoclonal clusters by proliferation in the time range we monitored. 

However, considering that some doublets are monoclonal, we cannot rule out the possibility that 

monoclonal clusters could originate from them at later time points. Long-term time lapse imaging is 

required to test this eventuality. 

4.2.2 Models of emergence of apical-basal and radial polarity in organogenesis 

While proliferation does not appear to be the main driver of de novo cluster assembly, it might serve 

other functions during the process, for example to direct apical-basal polarization and radial 

organization of clusters. Proliferation is indeed associated with the emergence of centralized lumina 

in multiple contexts, for instance during MDCK cyst formation, in hepatocyte and human intestinal cell 

polarization [Datta et al., 2011; Lujan et al., 2017; Taniguchi et al., 2015; T. Wang et al., 2014]. In these 

systems, apical-basal polarity is initiated at the end of the first cell division, following the formation of 

a midbody region at the site of the cytokinetic event. Here, a pre-apical patch is assembled and 

enriched of apical domain components via polarized intracellular trafficking, leading to maturation of 

a lumen at the interface between daughter cells. However, we find unlikely that, during de novo cluster 

formation, proliferation is required for polarity establishment. We observed, indeed, that rosette-

shaped clusters assemble regardless of proliferation occurring or not, suggesting that proliferation 

might be dispensable. However, further experiments combining chemoFGFR induction with inhibition 

of proliferation and imaging of polarity reporters such as centrin are required to address this point 

more clearly. 

An alternative model for the establishment of apical-basal and cluster polarity is that the aggregative 

process triggers it. Despite the mechanisms involved in the process are mostly unexplored, studies on 

early nephrogenesis [Z. Yang et al., 2013] and on cyst formation from human pluripotent stem cells 

[Taniguchi et al., 2017] shed some light on potential contributors. At early stages of renal vesicle 

formation, prior to polarization, mesenchymal aggregates display sparsely located plasma membrane 

domains enriched in the polarity protein Par3, that progressively segregate into a focal point at the 

center of the cluster, from which a central lumen emerges [Z. Yang et al., 2013]. Human pluripotent 
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stem cells instead cell-autonomously assemble their own apical domain, packaging apical components 

like primary cilium and microvilli into an intracellular compartment, named ‘apicosome’. Following cell 

aggregation, apicosomes derived from individual cells fuse and give rise to the multicellular apical 

domain of a polarized cyst, enclosing a shared lumen. Apicosome-like vesicles have been observed in 

a number of other developing tissues, suggesting that this mechanism of polarity establishment might 

be widespread [Taniguchi et al., 2017]. Targeted experiments investigating localization and dynamics 

of apical membrane components in real time during de novo cluster formation will be required to 

investigate these aspects. 

4.2.3 Does epithelialization propagate across collectives? 

The results presented in this thesis suggest that MET of chain cells induced by FGF signaling is a 

collective process, resulting from cell aggregation. Two hypothetical modes of collective MET have 

been proposed in the literature. In the ‘all-at-once-MET,’ cells that receive a certain epithelialization 

input undergo MET simultaneously, as suggested for the MET occurring in 8-cell stage mouse embryos 

[Maître et al., 2015]. In the ‘propagated MET’ instead, MET propagates across the tissue from ‘initiator’ 

cells that receive the epithelialization input at first, leading to the progressive recruitment of 

neighboring cells into the forming epithelium, as suggested during Wolffian duct morphogenesis 

[Atsuta & Takahashi, 2015; Attia et al., 2015]. 

ChemoFGFR represents the ideal tool to study MET propagation, as it provides a cell-autonomous 

activation of FGF signaling, a key epithelialization input, in a salt and pepper pattern. Moreover, the 

possibility of identifying chemoFGFR expressing cells, thanks to the fluorescent tag fused with the 

construct, enables tracking and inspection of the behaviors of the two cellular populations of the 

mosaic, referred to as chemoFGFR positive cells and chemoFGFR negative cells, in time lapse 

experiments. We thus asked whether in lateral line chain cells, epithelialization would propagate from 

cells activated by high levels of FGF signaling to uninduced cells. We found that cluster formation is 

initiated by homotypic aggregation of chemoFGFR positive cells into a cluster ‘seed’, followed by the 

assembly of an outer cluster ‘rim’, to which chemoFGFR negative cells also contribute. Therefore, 

during assembly of the cluster seed, epithelialization does not propagate from activated to neighboring 

cells, while it is still unclear whether the association of negative cells around the seed might result from 

a propagation of the epithelial character of the central core (discussed in 4.2.6). 

4.2.4 Cell-autonomous activation of FGF signaling triggers genetically encoded 

self-assembly  

Taken together, the data of this study are consistent with a scenario where chemoFGFR triggers a 

multistep process where cell sorting and dynamic cell rearrangements, epithelialization and cell fate 

choices are tightly interconnected.  

In this proposed scenario (Figure 4.1), an increased FGF activity mediated by chemoFGFR provides cells 

with an ‘epithelial toolset’ by shifting their gene expression cell-autonomously, which enables them to 

undergo full MET upon homotypic aggregation. Indeed, it is not until chemoFGFR positive cells interact 
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with homotypic partners that they epithelialize into a cluster seed. The aggregation of a cluster seed 

is achieved through extensive cell rearrangement and sorting of chemoFGFR positive and negative 

cells. During the process, cells transiently increase their motility and dynamically exchange position by 

crawling on top of each other in a slithering-like motion, even converging from distal sites. Homotypic 

cell contacts and their dynamic changes also appear to be involved in driving or reinforcing cell sorting 

and ‘selective’ aggregation of chemoFGFR positive cells. Following formation of this epithelial seed, 

the cluster can then expand through the association of chemoFGFR negative cells that, however, 

remain segregated to the periphery, constituting an outer cluster rim. The resulting inside-outside 

pattern of seed and rim within clusters appears to be exploited for cell differentiation, as hair cells 

differentiate from the inner chemoFGFR positive seed while mantle cells from the outside rim of 

negative cells. 

Overall, the proposed scenario suggests that chain cells undergo a genetically encoded self-assembly 

process, that is built upon the pattern of chemoFGFR induction [Turner et al., 2015]. Cell-autonomous 

chemoFGFR activity is the genetic input triggering emergent behaviors in the system, such as cell 

reorganization, sorting and state transitions, that eventually lead to the assembly of de novo organs. 

This process is reminiscent of the formation of ectopic compound eyes and wings in Drosophila, 

triggered respectively by misexpression of Eyeless/Pax6 or Vestigial [Halder et al., 1995; Klein & Arias, 

1999] and of the in vitro assembly of optic cups from embryonic stem cell aggregates, following Rx 

expression [Eiraku et al., 2011]. Genetically encoded self-assembly appears to take place also in human 

ESC cell cultures upon induction of mesenchymalization by mean of an optoWnt construct [Repina et 

al., 2019]. In this context, activation of Wnt activity in a salt and pepper pattern induces EMT in 

optoWnt expressing cells and, on the other side, formation of epithelial clusters from neighboring wild 

type cells, resulting in a spatial pattern that mirrors the primitive streak organization during 

gastrulation. Similar to the chemoFGFR-induced cluster formation process, here as well the 

introduction of a genetic trigger provides the system with emergent properties and elicits tissue 

reorganization and morphogenesis [Repina et al., 2019]. 

 

In the next paragraphs, we will discuss more in depth the emergent behaviors of the system at different 

phases of de novo cluster formation. 

 



122 

 

 

 

Figure 4.1: A model for de novo cluster formation 

Schematic representing the proposed scenario for de novo organ formation.  
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4.2.5 The emergence of de novo clusters 

4.2.5.1 How are cells rearranging during homotypic sorting?  

Cell sorting refers to the process of segregation of mixed populations of cells into homotypic domains. 

During de novo cluster formation, considerable cell motility and cell rearrangements are associated 

with cell sorting, prior to cell clustering. The mode of cell exchange and the migratory shape repertoire 

described for chemoFGFR positive cells bear clear similarities to the ‘slithering’ migration described for 

neuroendocrine cells (NE) during formation of neuroepithelial bodies (NEB) in mouse and for taste bud 

assembly in zebrafish [Kapsimali, 2017; Kuo & Krasnow, 2015; Noguchi et al., 2015; Soulika et al., 2016]. 

The slithering mode of cell rearrangement is distinguished from the classical modality of cell exchange 

in epithelia, mediolateral intercalation, which involves a concerted shrinkage and expansion of lateral 

junctions between apical-basal polarized cells [Guillot & Lecuit, 2013]. In our system as well as in the 

NEB and the taste bud models, cells are in a mesenchymal-like state while sorting, which might enable 

cells to converge even from distal sites. We propose that a slithering-based rearrangement constitutes 

an earlier step of the sorting process during de novo cluster formation. 

An interesting observation we made is that, prior to aggregation, chemoFGFR positive cells engage into 

several transient contacts with neighboring cells. It is currently unclear why some homotypic contacts 

persist ad result in cell aggregation while others are only transient ‘touch and go’ interactions. One 

option would be that, by engaging into dynamic contacts, cells ‘scan’ each other to identify potential 

interacting partners, as observed during cell matching in Drosophila dorsal closure [Millard & Martin, 

2008]. It has been proposed that transient cellular ‘kisses’ mediated by long cellular protrusions are 

involved in cell homotypic recognition during NEB formation [Kapsimali, 2017; Kuo & Krasnow, 2015]. 

Taste bud cells, similarly, make transient contacts with cells belonging to several taste buds in their 

vicinity prior to integration in one of them, as if they sample which one to join [Soulika, 2015]. 

Endocrine cells assembling Langerhans islets instead employ filopodia-like cytoplasmic processes to 

scan neighbors before initiating coalescence [Freudenblum et al., 2018].  

Another explanation for the dynamicity of cell-cell contacts would be the presence of inter-cellular 

tensile forces within the tissue. It has been suggested that cell-cell contacts can transmit mechanical 

pulling forces able to drag cells together, such as the zippering process preceding epithelial fusion 

during Drosophila dorsal closure [Millard & Martin, 2008] or during would closure [Davidson et al., 

2002; Wood et al., 2002]. Analogously, it has been proposed that, during frog convergent extension, 

protrusions at the mediolateral tips of chordamesoderm cells provide the contractile forces required 

for cell intercalation [Shih & Keller, 1992; Walck-Shannon & Hardin, 2014]. In line with these examples, 

it is conceivable that during de novo cluster assembly chemoFGFR positive cells exert pulling forces on 

contacting homotypic neighbors. We observed indeed that chemoFGFR positive cells display a more 

persistent directionality toward a homophilic partner following cell contact with it, while they move 

randomly when solitary or before the contact. 
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What lies at the basis of the transient increase in cell motility preceding epithelialization? 

One possibility could be that it is a cell-autonomous effect of chemoFGFR. It is possible that, during 

the process of de novo cluster assembly, a certain cumulative load of FGF signaling needs to be reached 

before a chemoFGFR positive cell encountering a homotypic partner can undergo MET, while, below 

this threshold, motile behaviors are instead induced. McAvoy and Chamberlain showed that the FGF 

concentration dictates whether progenitors of lens epithelial cells undergo differentiation, migration 

or proliferation and the same has been proposed to underlie mesoderm spreading onto ectoderm 

during Drosophila gastrulation and, later in development, caudal visceral mesoderm migration [Bae et 

al., 2012; McAvoy & Chamberlain, 1989]. In the future, it will be important to establish to what extent 

and for how long FGF signaling is active in cells expressing chemoFGFR during de novo cluster formation 

and which pathways are activated downstream of it at different stages of the process. Moreover, a 

more extensive analysis of motility of chemoFGFR positive and negative cells will be required.  

Another explanation could be that the increase in cell motility is not a direct consequence of increased 

FGF signaling, but it is instead a byproduct of the sorting of chemoFGFR positive and negative cells. 

The loosening of heterotypic cell-cell interactions might enable cells to move more freely compared to 

cells in a typical connected chain configuration. An example of a process where a regulated 

disconnection promotes an extensive cell rearrangement is the so called ‘mitosis-associated cell 

dispersal’, observed in the developing neural keel and in the ureteric bud [Ciruna et al., 2006; Packard 

et al., 2013]. During this process, cells migrate to the apical side of the epithelium to divide but keep a 

cytoplasmic process basally connected. While the daughter cell inheriting the basal connection 

reintegrates in the original site, the other one reinserts in a non-contiguous site of the epithelium, such 

as on the opposite side of the forming neural tube.  

Another intriguing possibility could be that, during de novo cluster assembly, FGF signaling has a 

chemotactic function. Indeed, it has been suggested that in the lateral line primordium FGF secreted 

by leader cells can act as a chemoattractant for follower cells, coordinating collective migration 

[Nogare et al., 2014]. It is thus conceivable that a constitutive activity of FGF signaling might promote 

cell motility. A role of FGF signaling in chemotaxis has been observed in several contexts, such as during 

the formation of the Drosophila tracheal system, the mouse lung branching, in chick and Drosophila 

gastrulation and in axon guidance [Dos Santos et al., 2019; Gabay et al., 1997; A. S. Ghabrial & Krasnow, 

2006; Gisselbrecht et al., 1996; Irving et al., 2002; Min et al., 1998; Sekine et al., 1999; Shirasaki et al., 

2006; Sutherland et al., 1996]. For instance, during the branching of Drosophila trachea, 

FGFR/Breathless signaling in leader tracheal cells is required for cell migration toward FGF/Branchless 

sources and the expression of a constitutive active form of the receptor leads to sprouting of ectopic 

and misguided secondary branches [Gabay et al., 1997; A. S. Ghabrial & Krasnow, 2006; T. Lee et al., 

1996; Reichman-Fried et al., 1994; Sato & Kornberg, 2002; Sutherland et al., 1996]. However, in this 

process, a polarized activation of FGF signaling at the tip of leader cells rather than an increase in 

absolute FGF signaling levels appears important to drive cell migration [Lebreton & Casanova, 2016]. 

Moreover, FGF signaling has been shown to promote random cell motility in chick presomitic 

mesoderm cells during somite formation [Bénazéraf et al., 2010]. 
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Another scenario could be that activation of FGF signaling mediated by chemoFGFR influences cellular 

behaviors in a non-cell autonomous manner, for instance affecting the expression of chemokine 

binding receptors. Previous work in our lab showed that the Sdf1a sinking receptor Cxcr7a is a positive 

target of FGF signaling whose expression is high in neuromasts [Durdu, 2015]. It is possible that 

chemoFGFR expression leads to a cell-autonomous increase of Cxcr7a levels, that might in turns locally 

shape the chemokine Sdf1a in the environment into a short-range Sdf1a gradient. The sensing of the 

local gradient through the Cxcr4b receptor might then promotes migratory behaviors in chain cells. 

Self-generation of a functional Sdf1a gradient has been shown to be required for pLLP and for the 

primordial germ cell migration in zebrafish [Boldajipour et al., 2008; Donà et al., 2013; Raz & 

Mahabaleshwar, 2009; Venkiteswaran et al., 2013]. To address this hypothesis during cluster 

formation, targeted experiments combining Sdf1a manipulation and Cxcr7 mutants together with 

chemoFGFR expression are required.  

Are chemoattractant cues involved in cell clustering? 

One fundamental question arising is whether a secreted attractive cue is required for de novo cluster 

assembly. Indeed, the presence of discrete signal-producing foci seems to direct cell migration and 

aggregation during formation of several periodic organs. During NEB formation, for instance, Slit ligand 

secreted from NEBs seems to attract NE to the forming organs and to retain them within. Consistently, 

perturbations of the ligand or of the relative receptor Robo lead to smaller NEBs and to a higher 

frequency of solitary NE cells in the epithelium [Branchfield et al., 2017]. During taste bud formation, 

similarly, migration of FGF8 expressing progenitor cells to the forming taste buds is directed by Type 

III cells already present in the buds through an unknown attractive mechanism [Soulika, 2015]. 

 

The lateral line primordium is a collectively migrating tissue that self-generates its own migration 

gradient [Donà et al., 2013; Venkiteswaran et al., 2013] and expresses its own differentiation cue, FGF3 

and 10 ligands. Remarkably, the system not only pattern FGF ligand synthesis, that get secreted from 

leader cells and central rosette cells, but also regulates FGF range of action, by the establishment of 

closed extracellular cavities at the apical side of cells within forming pro-neuromasts where FGF is 

trapped and concentrated, called microlumina [Durdu et al., 2014]. Given the proposed role of FGF as 

chemoattractant for follower cells [Nogare et al., 2014], one obvious possibility would be than FGF 

might be involved in the assembly of de novo clusters. However, we found that FGF ligands are not 

required for cluster formation, as depletion of FGF3 and FGF10 with morpholino did not abrogate the 

chemoFGFR-dependent phenotype. On the other side, we confirmed that FGF signaling is required for 

the phenotype. This result is reminiscent of what observed during hair bud formation in mouse skin 

explants [Glover et al., 2017]. Here, epidermal foci of FGF secretion locally recruit dermal mesenchymal 

cells into aggregates, but these cells are still able to aggregate in the absence of FGF foci, when 

homogeneously exposed to FGF in the culture medium. Despite dispensable for mesenchymal 

condensation per se, focused sources of FGF might have evolved as a strategy to ensure the 

organization of a robust global pattern of hair follicles. In the lateral line system, FGF ligands and their 
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luminal accumulation might serve a similar function, ensuring the establishment of a stereotyped 

periodicity in organ distribution by regulating deposition timing.  

While FGF ligand may not direct de novo cluster assembly, it is still possible that other ligands function 

as guiding cues during the process. However, we find unlikely that a long-range attractive cue governs 

de novo cluster assembly. The wide degree of heterogeneity in the number of cells per cluster and of 

clusters per embryo and their non-stereotypic positions across the lateral line, together with the 

observation that cells do not display a persistent directionality while rearranging, suggest that de novo 

clustering mostly relies on short-range local influences. Consistent with this idea, the initial number of 

chemoFGFR positive cells, their expression levels and cell-cell interactions might have an impact on 

the extent of de novo clustering.  

How are adhesions remodeled during cell clustering? 

De novo cluster formation is a highly dynamic process that involves cell exchanges and remodeling of 

cell-cell contacts. Cadherins and CAMs are the two main classes of adhesion molecules and are at the 

very core of a plethora of processes involving cell dynamic interactions, such as cell sorting, migration, 

epithelial condensation and cellular rearrangements. To mention just few examples, specific 

expression of cadherin subtypes or differential levels have been shown to contribute to cell packing of 

ommatidia [Hayashi & Carthew, 2004] and of wing epithelial cells in Drosophila [Classen et al., 2005], 

in sharpening compartment boundaries in mouse telencephalon [Inoue et al., 2001] and in the 

segregation of distinct populations of neurons into the spinal cord of chick embryos [Price et al., 2002]. 

E-cadherin is moreover involved in convergence and extension movements, for example by mediating 

radial intercalation of epiblasts during zebrafish epiboly [Babb & Marrs, 2004] and mediolateral 

intercalation during fly germband extension [Rauzi et al., 2010]. On the CAMs front, the N-CAM-like 

protein fasciclin 2 enriched at lateral membranes of Drosophila follicle cells is necessary for 

reintegration into the epithelium of cells that end up apically extruded upon misaligned cell division 

[Bergstralh et al., 2015], while fasciclin 3 instructs cell matching of cardioblast subtypes during 

Drosophila cardiogenesis [Zhang et al., 2018]. In addition, N-CAM has been implicated in the formation 

and maintenance of skeletogenic condensates [Giffin et al., 2019; Hall & Miyake, 2000]. Previous work 

in the lab, moreover, showed that FGF signaling is a key modulator of adhesive properties of cells in 

the lateral line system [Durdu, 2015; Durdu et al., 2014; Revenu et al., 2014].  

During de novo cluster formation, we found that chemoFGFR cell-autonomously induces an increased 

Cdh2 expression and a Cdh2 enrichment at homotypic interfaces between interacting chemoFGFR 

positive cells. In more mature clusters, Cdh2 accumulation is shifted apically, resembling the pattern 

of wild type neuromasts described in previous studies [Revenu et al., 2014]. On the other side, 

enrichments of NCAM1b-GFP marks cell-cell contact points between NCAM1b-GFP misexpressing cells, 

independently of whether they are chemoFGFR positives or negatives, disclosing its potential as a tool 

for dynamic monitoring of cell-cell interactions in time lapses. Antibody staining of the endogenous 

NCAM1b protein would be required to visualize changes in expression and localization during cluster 

formation.  
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It is conceivable that Cdh2 enrichment at chemoFGFR homotypic contacts might have a role in 

chemoFGFR-dependent cell sorting and cell-cell ‘recognition’. A large body of evidences established 

that cadherins regulate cell-cell contact formation by decreasing interfacial tension at contact surfaces, 

playing an antagonistic role to cortical contractility [Maître et al., 2012; Maître & Heisenberg, 2011]. 

Moreover, cadherins are involved in the stabilization of cell-cell contacts by mechanically coupling 

cellular cortices. It is thus possible that a cadherin mediated ‘contact-zippering’ could be involved in 

the contact expansion observed during compaction of chemoFGFR positive cells. 

To address whether Cdh2 or NCAM1b are necessary for cluster formation, we performed Crispr-cas9 

knockout experiments, exploiting a newly published strategy based on redundant targeting of 

individual genes and on direct evaluation of injected F0 embryos for null phenotypes [Jin et al., 2019]. 

We found that knockout of either Cdh2 or a combination of NCAM1a and b did not affect de novo 

cluster formation in chemoFGFR expressing lateral lines. There are several possible explanations for 

this result. It could be that Cdh2 and NCAM1b are simply not required for cluster formation. 

Alternatively, the lack of effect might be due to technical shortcomings or biological limitations. Other 

adhesion proteins might compensate for Cdh2 or NCAM1 loss. It has been recently found that genetic 

compensation occurs upon Crispr-mediated knockout mutations, leading to expression of genes that 

are paralogue or functionally related to the ablated one, a mechanism termed transcriptional 

adaptation [El-Brolosy et al., 2019]. Various mechanisms have been proposed to be at the basis of it, 

for instance chromatin remodeling mediated by DNA damage [El-Brolosy & Stainier, 2017] or mutant 

mRNA-dependent recruitment of nonsense-mediated decay RNA surveillance pathway [El-Brolosy et 

al., 2019]. This phenomenon, that is at the basis of discrepancies observed between Knockdown and 

Knockout phenotypes, might mitigate the effect of the loss-of-function. Another possibility would be 

that our Crispr-mediated gene targeting is not completely penetrant, for example due to chimerism 

and Crispr monoallelic cuts. In this scenario, the remaining protein might still be sufficient to mediate 

de novo cluster formation. This potential explanation only applies to F0 experiments, as such 

mosaicism would not be expected following germline transmission of the respective Crispr generated 

alleles.  

4.2.5.2 How does a cluster aggregate and compact during homotypic sorting? 

Cell sorting is thought to rely on differences in cellular properties between cell populations constituting 

the heterotypic mix, such as differential or specific adhesion [Foty & Steinberg, 2005; Moscona, 1962; 

Steinberg, 2007; Townes & Holtfreter, 1955], differential contractility [Harris, 1976] and differential 

motility [B. M. Jones et al., 1989]. The differential interfacial tension hypothesis (DITH) [Brodland, 

2002] integrates elements of the differential adhesion and differential contractility hypothesis, 

postulating that a balance of adhesive and cortical forces governs cell sorting. Tendency to spreading 

of cell-cell contact area, mediated by adhesion, antagonistically opposes to the tendency to 

minimization of it, mediated by cell cortical tension [Brodland, 2002]. This modality of sorting is 

thought to be involved in a wide range of patterning processes during development such as Drosophila 

retina and lineage segregation in the mouse blastocyst [Fagotto, 2014; Käfer et al., 2007; Maître et al., 

2016]. We propose that differences in mechano-adhesive properties of chemoFGFR positive and 
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negative cells contribute to the sorting process during de novo cluster formation. Our analyses of 

contact angles, cell-cell interface lengths and cell morphologies provide indications that interacting 

chemoFGFR positive cells tend to minimize heterotypic contacts and to maximize homotypic ones. The 

rounded morphology assumed by solitary chemoFGFR positive cells interspersed with negative cells is 

analogous to what observed for solitary NE cells that are prevented from clustering into NEBs 

[Branchfield et al., 2017]. A paper from Krieg and co-workers showed that zebrafish germ-layer 

progenitor cells in vitro present differences in cellular mechano-adhesive properties and that adhesive 

forces between cell pairs composed of different progenitor types (heterotypic contacts) are weaker 

than between cell pairs composed of the same progenitor type (homotypic contacts) [Krieg et al., 

2008]. The observed sorting of mesoderm cells that, upon transplantation into ectoderm cell fields in 

embryos, compact into cell clusters, is consistent with the tendency of cells to minimize their 

heterotypic surfaces and maximize homotypic ones [Krieg et al., 2008]. Aggregating chemoFGFR 

positive cells, as well, spread homotypic contact interfaces in a way reminiscent to compaction, the 

morphogenetic process that tighten an aggregate of cells into a more packed and cohesive structure. 

Compaction is the result of a ‘tug of war’ of forces at the contact and at contact-free surfaces [Maître 

et al., 2015; Turlier & Maître, 2015] and it has been described in a number of contexts, such as in the 

mammalian 8-cell stage embryo and in the Drosophila ommatidium [Ducibella et al., 1977; Hayashi & 

Carthew, 2004; Turlier & Maître, 2015]. The establishment of the impact of actomyosin contractility 

and adhesion and the identification of other players of cell sorting during de novo cluster formation 

will be the subject of future investigations. 

4.2.6 The establishment of an inside-outside pattern  

It is plausible that differences in mechano-adhesive properties between chemoFGFR positive and 

negative cells not only contribute to the homotypic sorting during early stages of de novo cluster 

assembly, but also to the maintenance of the inside-outside segregation between chemoFGFR positive 

and negative cells within the cluster. In mouse blastocyst at the 8 to 16 cell-stage transition, 

blastomeres segregate depending on their cortical contractility in an inner core of highly contractile 

cells and an outer coat of ‘softer’ cells [Maître et al., 2016]. An intriguing possibility would be that 

within de novo clusters, analogously, chemoFGFR positive cells constitute a highly contractile cluster 

core and negative cells establish a softer outer rim. Given the established role of FGF signaling as a 

driver of actomyosin contractility in several contexts, including the lateral line system [Harding & 

Nechiporuk, 2012; Nerurkar et al., 2019; Sai & Ladher, 2008], it is plausible that chemoFGFR activity 

might cell-autonomously increases cortical tension. In line with this idea, analysis of the 3D shape of 

cells within clusters showed that chemoFGFR positive cells display a more rounded morphology 

compared to negative ones, an observation that in several systems is indicative of high cortical tension 

[Zaidel-Bar et al., 2015]. 

 

One fascinating aspect of de novo cluster formation concerns the association between the chemoFGFR 

negative cells forming the outer rim and the chemoFGR positive cells constituting the cluster seed. 
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First, what drives the engagement of chemoFGFR negative cells into a de novo cluster? Second, is the 

fate of negative cells altered when joining the epithelial cluster seed?  

One possible scenario would be that chemoFGFR negative cells are actively recruited from the cluster 

seed and undergo MET while joining. This would imply that MET can indeed propagate, but only from 

an assembled ‘epithelial core’ that acts as catalyzer. Our observation that chemoFGFR negative cells 

composing the cluster rim adopt a columnar morphology and establish a radial polarization analogous 

to chemoFGFR positive cells seems to support this scenario. Another scenario would be that 

chemoFGFR negative cells are not actively recruited from the cluster seed but instead spontaneously 

associate and wrap around it when located in its proximity, while maintaining a mesenchymal-like 

state. Because mesenchymal cells are softer and more deformable, they might conform to the shape 

of the epithelial core while enveloping it. This scenario would be in line with the previously discussed 

idea of a contractile cluster core enclosed by a softer rim of negative cells. The presence of a 

mesenchymal pool in close proximity to an epithelial structure is indeed a common theme during 

organogenesis. In several contexts, mesenchymal cells provide signaling cues to regulate 

morphogenesis of the adjacent epithelium, for example during formation of villi in the embryonic 

intestine [Shyer et al., 2015], and often serve as progenitor pools. An example of the latter is during 

‘daughter somite’ formation in chick, where, upon tissue deformation induced by mechanical 

stretching, mesenchymal cells located in the somitocoeal core of somites undergo MET and integrate 

into the epithelium, to provide additional cells for the splitting of the somite in two [Jackson et al., 

2017; Nelemans et al., 2020]. An in-depth analysis of the gene expression patterns of chemoFGFR 

negative and positive cells and a clearer understanding of the sorting mechanism will shed light on the 

modality of association of the two cell populations and on their phenotypic states. 

4.2.6.1 Examples of self-assembly feeding back on cell fate 

We found that the inside-outside pattern established through cell sorting has an impact on cell 

differentiation. The association of FGF signaling with hair cell fate is in line with a study reporting that 

FGFR1a expression marks the subpopulation of supporting cells responsible for hair cell regeneration 

upon drug-induced hair depletion [Lee et al., 2016]. Moreover, knockout of FGFR1a leads to a severe 

reduction in the number of hair cells in the mouse cochlea [Pirvola et al., 2002]. However, in our 

system, presence or absence of chemoFGFR is not per se sufficient to drive cells towards hair or mantle 

fate.  

Different scenarios might explain how cell differentiation within de novo clusters is patterned. 

Differences in actomyosin contractility of cells in the cluster seed and rim, for example, might have an 

impact on cell fate choices. It has been recently shown in Drosophila bristle patterning that high cortical 

tension facilitates Delta/Notch signaling, a pathway mediating lateral inhibition that is also crucial for 

specification of hair cells in lateral line neuromasts [G. L. Hunter et al., 2019]. Tissue mechanics can 

influence fate choice through various mechanotransduction strategies. Human mesenchymal stem 

cells differentiate into neurons or osteoclasts depending on the stiffness of the culture substrate, in a 

process that requires actomyosin cortex and nuclear lamin A [Engler et al., 2006; McBeath et al., 2004; 

Swift et al., 2013]. During feather bud formation in the avian skin instead, mechanical compression of 
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the epidermal layer (triggered by dermal condensation) induces epidermal activation of β-catenin, that 

translocates to the nucleus and induces a follicle-specific gene expression program [Shyer et al., 2017]. 

The mechanosensitive translocation of β-catenin is also involved in the induction of mesodermal 

identity in the zebrafish epiboly and in Drosophila [Brunet et al., 2013]. In addition, in several systems, 

the extent of cortical tension is proportional to the activity of YAP and TAZ, two transcription factors 

of the Hippo signaling pathway. These affect cell fate decisions in contexts such as Xenopus 

mesenchymal aggregates [Kim et al., 2020], mouse blastocyst [Cockburn et al., 2013; C. Y. Leung & 

Zernicka-Goetz, 2013] and retinal pigment epithelium of zebrafish [Miesfeld et al., 2015]. At the 

surface of Xenopus mesenchymal aggregates indeed, an increase of cellular stiffness and a concurrent 

increase in YAP1 activity accompany the regeneration of a mucociliated epithelium and tuning of 

actomyosin contractility via drugs or genetic methods controls both [Kim et al., 2020]. In addition, a 

recent study of zebrafish oogenesis reported a mechanism of lateral inhibition triggered by mechanical 

compression where nuclear TAZ levels are involved in the specification of the micropyle precursor cell 

within the granulosa cell layer [Xia et al., 2019]. 

Another way actomyosin contractility could affect cell specification during de novo cluster assembly is 

through induction of ‘jamming’, the transition from a fluid-like to solid-like state observed in the 

presomitic mesoderm during body axis extension [Mongera et al., 2019]. While an unjammed state 

promotes fluid cellular rearrangements, the transition to a jammed state increases tissue stiffness and 

stabilizes cell-cell contacts, that might in turn promote specific differentiation programs. The duration 

of cell-cell contacts, indeed, has been suggested to act as a ‘kinetic proofreading’ mechanism for the 

activation of signaling pathways involved in fate choices [Barone et al., 2017]. For example, during 

zebrafish gastrulation, a positive feedback loop emerges between cell-cell contact duration and Nodal 

signaling. Long-lasting contacts promote an enhanced Nodal signaling activity, driving differentiation 

of mesendoderm progenitors toward a prechordal plate fate, while unstable contacts lead to the 

acquisition of endoderm fate [Barone et al., 2017]. Similarly, during early Drosophila development, the 

induction of gut endoderm fate or neurogenic ectoderm fate depends on the time-integrated dose of 

ERK activity [Johnson & Toettcher, 2019]. An alternative scenario would be that, rather than contact 

duration, the number of cell-cell contacts and contact distribution, and thus cell size and position 

within the tissue, affect cell fate. Indeed, within de novo clusters, cells in the seed are tightly packed, 

while cells in the outer rim present a surface unconstrained from other lateral line cells. Which 

strategies can be used to convert positional information into fate choices? In the chick inner ear, cell-

cell contact area is proportional to Delta/Notch signaling activation that in turns promotes hair fate 

specification [Shaya et al., 2017], while in the 8-cell stage mouse embryo, blastomeres in the outer rim 

display an enrichment of apical domain components at contact-free surfaces, that leads these cells to 

commit to the trophectoderm fate [Korotkevich et al., 2017; Stephenson et al., 2010].  

Another aspect that might lead to a patterned differentiation of de novo clusters is the mesenchymal 

to epithelial transition. Hu and Corwin proposed that enforcement of MET through appropriate cell 

culture conditions is crucial for hair and supporting cell differentiation in vitro [Hu & Corwin, 2007]. 

Moreover, other studies suggested that EMT-MET cycles are important for in vitro reprogramming and 

differentiation [Di Stefano et al., 2014; Li et al., 2017; X. Liu et al., 2013] and that MET is associated 



131 

 

with pluripotency exit of embryonic epiblast and cultured hiPSCs [Hamidi et al., 2020]. However, 

whether MET in these contexts is causal or simply accompanying fate conversion is still a subject of 

debate [Li et al., 2014]. The exploration of mechanisms involved in cell fate establishment during de 

novo cluster formation will be the goal of future investigations. 

4.3 Concluding remarks 

In conclusion, in this study, we developed a cell-autonomous approach to drive MET in vivo and, by 

employing it in the lateral line chain cells, we provided insights into the process that leads to assembly 

of de novo epithelial organs from a population of naïve mesenchymal-like cells. We found that organs 

emerge via the aggregation of cells whose FGF signaling activity is artificially induced (chemoFGFR 

positive cells), that sort away from chemoFGFR negative cells and coalesce via dynamic cell 

rearrangements mediated by cell slithering. The aggregation and compaction into 3D clusters are 

accompanied by bona fide MET transition and remarkable remodeling of cell-cell contacts, cell 

morphologies and adhesive interactions. We observed that the assembled epithelial cluster can serve 

as a seed that catalyzes the association of adjacent chemoFGFR negative cells, forming a rim at the 

cluster periphery. Furthermore, we found that the inside-outside pattern of clusters emerged from the 

FGF signaling activity-dependent sorting, feedbacks on cell differentiation as de novo clusters mature 

into bona fide lateral line organs. Overall, our results suggest that chemoFGFR induction leads to a 

genetically encoded self-assembly process, that appears to mainly rely on homotypic cell sorting and 

concerted epithelialization of chemoFGFR positive cells. These insights are generally relevant for the 

understanding of how individual cells contribute to collective behaviors during organogenesis in 

physiological conditions and of mechanisms at the basis of the self-assembly potential of cells.  
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