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In the past 25 years the atomic force microscope (AFM) has 
become a true enabling platform in the life sciences opening 
entire novel avenues for structural and dynamic studies of 
biological systems. It enables visualization, probing and 
manipulation across the length scales, from single molecules 
to living cells in buffer solution under physiological 
conditions without the need for labeling or staining of the 
specimen. Currently there is a great interest in AFM based 
high resolution mechanical mapping techniques providing 
single molecule resolution of mechanical properties to derive 
molecular structure-function relationships. In this article 
selected examples of the recent literature are highlighted 
including own results obtained by peak force tapping AFM to 
elaborate the mechanical properties of lysozyme molecules 
adsorbed to mica substrates. 

 
 

 

 
 

INTRODUCTION* 
 
 Since its invention in 19861 the atomic force 
microscope (AFM) has evolved from a high 
resolution imaging microscopy technique into a 
true enabling platform in the life sciences. 
Importantly, biological systems can be studied 
under physiological conditions without the need 
for labeling or staining of the samples which 
makes the AFM a unique high resolution imaging 
instrument. Due to its force sensing capabilities it 
opened entirely novel avenues to study the 
correlation of reactivity with mechanical properties 
and elucidate structure-function relationships of 
single biomolecules under physiological relevant 
conditions in buffer solution.2-6  

                                                            
 

 Quantitative mechanical information on 
biological samples has been obtained by 
nanoindentation7 and force volume imaging.8 
Using appropriate mechanical contact models, 
local elastic moduli can be derived from the 
recorded force vs. deformation curves. Serious 
drawbacks for nanoindentation and force volume 
imaging are the poor lateral resolution and the 
extensive time required to obtain a complete 
mapping of the surface. 
 In recent years there has grown a great interest 
to obtain mechanical property maps in concert with 
the correlated topography at nanoscale resolution 
at typical AFM imaging speeds. Despite the 
tremendous progress in AFM technology 
development this has remained a notoriously 
 

* Corresponding author: p.m.schon@utwente.nl; +31-53-4893170 (office); +31 (0)53 489 3823 (fax)



578 Peter Schön et al. 

difficult task to obtain quantitative mechanical 
maps of biological systems, like lipid bilayers or 
protein membranes with high resolution. Tapping 
mode imaging was a pivotal development in AFM 
technology and became a routinely used imaging 
mode to study biological specimen, allowing 
gentle scanning with significantly reduced lateral 
forces. However, it does not provide quantitative 
mechanical maps because the phase signal is 
related to the energy dissipation of the tapping tip. 
There is an ongoing effort in academic research 
and industrial instrumental development aiming at 
improved or fundamentally new imaging modes 
enabling quantitative high resolution mechanical 
imaging by AFM. In general, three main evolving 
technological approaches can be distinguished, 
including multifrequency tapping9, pulsed force 
techniques9-11 and contact resonance techniques12  
which operate in contact mode with dynamic 
excitation at or near the cantilever resonance. In 
addition to sample topography, these multi 
parameter force mapping approaches simultaneously 

provide mechanical parameters such as stiffness, 
adhesion and energy dissipation. To date the 
different technical approaches are being 
continuously developed and commercialization is 
also underway by different manufactures. 
 Fundamental breakthroughs in biological AFM 
based mechanical property mapping have been 
achieved recently. Real-time simultaneous 
topographic and mechanical mapping with high 
spatial resolutions down to the molecular level 
have been demonstrated on short DNA nucleotides 
and various membrane proteins in buffered liquid 
environment using torsional harmonics cantilever 
introduced from Sahin and co-workers.13 
Strikingly, the hybridization of surface attached ss-
DNA to a complementary ssRNA could be 
detected by a significantly decreased stiffness of 
the dsDNA/RNA hybrid compared to the ssRNA 
(Fig. 1). These findings might lead to completely 
novel assays with nanomechanical, label free read 
out and dramatically increased sensitivity, being in 
the attomolar regime.  

 
 

 
 
Fig. 1 – Nanomechanical detection of DNA hybridization. (a) Schematic of the experiment. After hybridization, the surface of the 
array spot is scanned with the AFM to generate the stiffness map shown in (b). Scan size is 3 µm. Hybridized molecules are 
measured to be less stiff and appear as dark brown spots. (c) Stiffness at each pixel in (b) is calculated from force-distance curves 
                                                                       [with permission, adapted from reference 13]. 
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Fig. 2 – High-resolution images of topography and stiffness  of bacteriorhodopsin molecules. Individual trimers are encircled. 3-fold 
symmetrized correlation average topograph (C) and stiffness (D) calculated from 13 bacteriorhodopsin trimers from A and B and 
               overlaid with the atomic structure. Individual loops are labeled [with permission, adapted from reference 18]. 
 

Importantly, this demonstrates impressively the 
intimate coupling of chemical and mechanical 
information at the molecular scale. Garcia and co-
workers introduced bimodal excitation and frequency 
modulation force microscopy.9 They report from the 
mapping of the protein structural flexibility with sub-
2-nm spatial resolution in liquid.14 This was achieved 
by excitation of two cantilever eigenmodes in 
dynamic force microscopy enabling the separation 
between topography and flexibility mapping. It was 
possible to measure variations of the elastic modulus 
in a single antibody pentamer along the protein 
structure from the end of the protein arm to the 
central protrusion. In focus of recent AFM based 
nanoscale mechanical mapping studies was the 
membrane protein bacteriorhodopsin.15-17 With 
mechanical mapping nanoscale information can be 
obtained that allows assigning protein domains to 
their mechanical function, for example thereby 
explaining its physiological function as proton pump. 
It was possible to correlate protein flexibility with 
crystal structure utilizing high resolution mechanical 
mapping providing submolecular resolution (Fig. 2).  

In particular, it was concluded that R-helices are 
stiff structures that may contribute importantly to the 
mechanical stability of membrane proteins, while 
interhelical loops appeared more flexible, allowing 
conformational changes related to function.18 
 Extensive research has been done from different 
groups on amyloid fibrils to quantify their 

nanomechanical properties.19,20 Very recent reports 
on nanomechanical properties cover a wide range 
of further biological systems including lipid 
bilayers,21 erythrocyte membranes,22 living cells20 
and marine diatoms,23 Finally, the AFM based 
nanomechanical mapping techniques were used for 
adhesion mapping to detect biomolecular 
interaction of avidin-biotin24 and high-resolution 
imaging of chemical and biological sites on living 
yeast cells,25 For these experiments chemically 
modified AFM tips were used to maintain 
chemical and biological specific probing of 
adhesion forces. 
 In the work presented here peak force tapping 
AFM was utilized to elaborate the nanoscale 
mechanical properties of lysozyme molecules 
adsorbed to mica substrates. 
 Peak force tapping AFM has been introduced as 
an AFM based mechanical property mapping 
technique. In a peak force tapping experiment the 
sample is oscillated at a rate well below the 
resonance frequency of the AFM cantilever. The 
AFM feedback uses the maximum force load (peak 
force) as its control signal to maintain a constant 
imaging force. As a result multiple force vs. time 
curves are being recorded and averaged on each 
probed sample pixel. From the corresponding force 
distance curves mechanical parameters like adhesion, 
deformation and the elastic modulus are determined 
as illustrated in Fig. 3. 
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Fig. 3 – Schematic force distance curve derived during mechanical mapping with peak force tapping AFM  

with derivation of different mechanical parameters. 
 

In order to estimate the elastic modulus from 
the force distance curves the Derjaguin–Müller–
Toporov (DMT) mechanical contact model was 
used in our experiments. According to the DMT 
model the forces of the AFM tip-surface 
interaction are: 

( )3*
int 0

4 –
3eraction adhF E r d d F= +  

where Finteraction is the tip-sample-force, E* is the 
reduced elastic modulus, r is the contact radius of 
the AFM tip, d0 is the surface rest position, (d-d0) 
is the deformation of the sample and Fadh is the 
adhesion force. The DMT model was found to be 
useful for samples with moderate adhesion levels 
and AFM tips with small radii. Importantly, it 
allows feasible computation, rendering it favorable 
for real time imaging. It is important to mention 
that independently of the chosen contact 
mechanical model the AFM tip geometry, its 
penetration depth and hence the contact area as 
expressed in the contact radius r do have a 
pronounced effect on the values of the moduli 
obtained. This is corrected to some extent by using 
a calibration procedure with an appropriate 
polymeric sample of known modulus. In the 
measurements the same setpoint is chosen as for 

the calibration.26 Still local topography or 
roughness can have an impact on the measured 
moduli values due to variation in contact radii. 
Consequently flat samples with minimal roughness 
represent optimal specimen for the AFM based 
mechanical mapping procedures. 

EXPERIMENTAL 

Sample preparation 

 Lysozyme from chicken egg white (CAS no. 12650-88-3, 
dialyzed, lyophilized, powder), was purchased from Sigma-
Aldrich (St. Louis, MO, USA) and used without further 
purification. All solvents were of high purity, and deionized 
water from a Milli-Q water purification system was used 
throughout.  The following buffers were used for AFM 
imaging and/or sample preparation: a) 5 mM KH2PO4, pH 6;  
b) 10 mM Tris-HCl, 150 mM KCl, pH 7.4; c) phosphate 
buffered saline (PBS) (pH 7.4, 150 mM NaCl) was used as 
received (B. Braun Melsungen AG, Melsungen, Germany). 
Mica discs were glued to steel discs with cyanuracrylate and 
left in air for overnight. The mica was cleaved with tape 
immediately before use. Chicken egg white lysozyme was 
adsorbed on the freshly cleaved mica. For this purpose a 
solution of lysozyme (1 µg/ml) in phosphate buffer containing 
5 mM KH2PO4 at pH 6 was incubated for 20 minutes. The 
enzyme solutions were prepared freshly from the lyophilized 
powder before each experiment. After incubation the solution 
was exchanged against the same potassium phosphate buffer 
without enzymes. To obtain a monolayer of lysozyme on the 
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mica surface, a 10 fold higher concentration of lysozyme was 
used (0.1 mg/mL in 5 mM KH2PO4 at pH 6). 

AFM measurements 

 A Multimode 8 AFM instrument equipped with a 
NanoScope V controller and NanoScope version 8.10 software 
(Bruker Nano, Santa Barbara, CA) was used. Peak Force 
Tapping was done with Si tips on SiN cantilevers 
(SCANASYST-Fluid+ , Bruker AFM Probes, Camarillo, CA) 
in liquid buffered environment. Cantilever spring constants 
were determined using the thermal tune method27 and showed 
values in the range of ~0.5 N/m. PF-QNM AFM was done at a 
constant oscillation of the sample at 2 kHz using amplitudes of 
30-120 nm and peak forces of 100-850 pN. Scanning was 
performed at a speed of 1-2 lines/s. Image processing and data 
analysis were performed with the NanoScope software 
version 8.10, and NanoScope Analysis software version 1.10. 

RESULTS AND DISCUSSION 

 Here we describe the mechanical properties of 
surface adsorbed lysozyme. Lysozyme is a 
globular protein with a molecular mass of  
14.4 kDa. It damages bacterial cell walls by 
hydrolyzing β(1→4) glucosidic bonds in the 
peptidoglycan layer of bacteria. In our studies the 
enzyme was adsorbed from solution to a freshly 
cleaved mica surface due to electrostatic interaction. 
Mechanical maps of lysozyme monolayers were 
obtained in physiological buffered environment, both 
on (diluted) monolayers as well as single enzymes 
providing DMT modulus and deformation maps (Fig. 
4). The study of mechanical properties of proteins 
such as deformability and flexibility is of 

fundamental importance since protein functions and 
their three-dimensional conformations are 
intimately connected. A few cases are reported in 
the literature where AFM has been used to 
compress protein molecules to extract information 
on the apparent Young’s moduli of single 
molecules or monolayers.28 Strikingly, the 
denaturation process of a single protein could be 
detected in this manner.29 

Adhesion differences were minimal (data not 
shown). The height values varied between ~2-3 nm 
and lateral dimensions were also in excellent 
agreement with the molecular dimensions. 
Deformations were recorded between 0.5-1 nm 
which indicates a partial compression of the 
molecules, assuring to not completely compress 
the molecule and thereby minimize also the 
influence of the underlying substrate. On the other 
hand, the molecule must be compressed to some 
extent to be able to determine elastic moduli. DMT 
modulus values obtained on the lysozyme samples 
showed mean values of ~140-200 MPa with an 
entire modulus value range from ~80-250 MPa. 
We found good agreement with literature values 
obtained by AFM force volume (FV) imaging in 
previous studies of 500 ± 200 MPa obtained on 
lysozyme28 and 600 ± 200 MPa on lactate 
oxidase.30 This elasticity is also in good agreement 
with values obtained by measuring the 
macroscopic compressibility of wet lysozyme 
crystals (0.2-1 GPa). 

  

 
 
Fig. 4 – Lysozyme molecules adsorbed to mica at submonolayer coverage, imaged by peak force tapping AFM in physiological 
buffer. For illustration a single enzyme is localized in the different data channels obtained simultaneously in one scan; corresponding 
measures on the lysozyme layer in brackets. (A): height (z-scale: 5 nm); (B): deformation (z-scale: 1.8 nm); (C): DMT modulus  
                                                                              (z-scale: 1 GPa); scan size: 250x250 nm. 



582 Peter Schön et al. 

However these modulus values are at least  
1-2 orders of magnitude larger than the ones 
recorded on the native purple membrane (PM) 
from Halobacterium salinarum16  which consists of 
the light-driven proton-pump bacteriorhodopsin 
(BR) and lipids. The Young’s moduli of both PM 
surfaces revealed 10 ± 5 MPa in one study.16 These 
significantly lower modulus values may be due to 
the presence of the lipids which are softer than the 
protein and the 2D nature of the membrane. Lateral 
mobility within the membrane might lead to an 
apparent softening of the sample under gentle 
indentation forces. The possible contribution of an 
underlying hard substrate on the elastic properties 
of thin enzyme layers must be carefully elaborated 
and is currently under investigation, in addition to 
probing frequency dependencies. In this regard 
similar mechanical performance was found for 
bacteriorhodopsin at 2 kHz18 and ~50 kHz17 
probing frequencies. 
 It was reported that the hard underlying mica 
substrate did not affect significantly the 
determination of the mechanical properties for a 
2.8 nm thick lipid bilayer film at the applied forces 
(ca. 250 pN)40. Previously the contribution of a 
hard substrate on the determination of the elastic 
properties of thin layers has been shown to be 
<25% for deformations of ca. 20% of the layer 
thickness. Hence we assume that in our case the 
influence of the underlying substrate was minimal 
as we applied forces of ca. 220 pN. 
 The used AFM tips had very small nominal 
radii of 2–3 nm. Thus we assume that local 
averaging at boundaries is minimal. Moreover, 
these small tip radii in combination with the 
ultraflat mica substrate also minimize potential 
modulus errors. Significant tapping frequency 
dependencies were reported recently in lower 
frequency regimes (< ~600 Hz) on low density 
polyethylene (LDPE) with comparable bulk elastic 
moduli31. For the lysozyme samples no substantial 
frequency dependences are anticipated in the 
applied tapping frequency (2 kHz). For a 
polymeric sample we found similar modulus 
values at 2 kHz and higher probing frequencies  
(~ 50 kHz) utilizing a multifrequency approach.26 

CONCLUSIONS 

 AFM has evolved from a high resolution 
imaging tool into a mechanical mapping technique 
providing topography and quantitative mechanical 

maps simultaneously. There is a great interest in 
AFM based high resolution mechanical mapping 
techniques providing single molecule resolution of 
mechanical properties to derive molecular 
structure-function relationships. The feasibility of 
peak force tapping AFM to obtain mechanical 
maps on lysozyme monolayers on mica has been 
demonstrated in this article. Despite the 
remarkable progress in the development of the 
AFM based mechanical imaging technology 
including commercial availability, a number of 
physical aspects must be addressed in the future 
and taken into careful consideration: effects of 
surface roughness and frequency of probing, the 
potential impact of the underlying hard substrate if 
molecular films or biomolecules are investigated. 
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