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1 | INTRODUCTION

The fast pace of the global erosion of biodiversity calls for more
efficient ways to identify how anthropogenic activities are respon-
sible for species loss (Schmeller et al., 2017), determine the effec-
tiveness of protected areas (Leverington et al., 2010), and monitor
whether restoration efforts lead to biodiversity recovery (Barral
et al., 2015). Technological advances in molecular biology are rev-
olutionizing biodiversity sciences, and new molecular techniques
are replacing classical methods for estimating species composition,
species richness, and other biodiversity components based on spe-
cies composition, such as functional and phylogenetic diversity.
Environmental DNA (eDNA) metabarcoding, in which signals from
macro- and microorganisms in the environment are recovered from
simple samples of soil, air or water (Deiner et al., 2017; Pawlowski,
Apothéloz-Perret-Gentil, & Altermatt, 2020; Taberlet et al., 2012),
is currently increasing the speed and spatial scale of biodiver-
sity monitoring programmes (Ruppert et al., 2019). An increasing
number of studies have demonstrated that eDNA metabarcoding
can detect species equally well or better than traditional visual
survey methods (Keck et al., 2022; Polanco Fernandez, Marques,
et al., 2021) and that it can extend biodiversity studies into previ-
ously overlooked taxonomic groups (Nester et al., 2020; Pellissier
et al., 2014). In particular, the aquatic environment is appropriate
for collecting information on organisms found in large areas, in-
cluding both aquatic (freshwater and marine; e.g., Li et al., 2020;
Polanco Fernandez, Mutis Martinezguerra, et al., 2021) and ter-
restrial organisms, such as mammals (e.g., Lyet et al., 2021), since
water may integrate biodiversity information across entire land-
scapes and seascapes (Altermatt et al., 2020; Deiner et al., 2016;
Zhang et al., 2023).

The ambition of eDNA research is to complement or even
replace existing methods to monitor biodiversity and estimate
species composition and all biodiversity components (Deiner
et al.,, 2017; Lawson Handley, 2015). The entire set of eDNA
metabarcoding operations should therefore be based on pro-
tocols that are entirely reproducible (Dickie et al., 2018), even
while the methodology has some inherent limitations (Cristescu
& Hebert, 2018). An increasing body of eDNA research has been
devoted to defining common standards in laboratory protocols
(e.g., Coutant et al., 2021; Spens et al., 2017) and has resulted
in general guidelines and best practices (e.g., Bruce et al., 2021,
Burian et al., 2021; Pawlowski, Apothéloz-Perret-Gentil, Machler,
& Altermatt, 2020). However, the protocols and established gen-
eral practices for sample collection in the field have received less
attention. Furthermore, studies examining eDNA sampling proto-
cols are few compared with those on traditional sampling methods
(Dickie et al., 2018), including traditional plant quadrants, plank-
ton netting, and electrofishing.

The distribution and dynamics of eDNA in water bodies are
complex and should be accounted for in the sampling procedure
(Carraro et al., 2018). For example, DNA from whole organisms, tis-
sue fragments or loose molecules is subject to advection, diffusion

and selective decay in the water medium (Barnes et al., 2014;
Barnes & Turner, 2016; Harrison et al., 2019; Shogren et al., 2017),
and these processes crucially affect sampled DNA concentrations.
eDNA studies have hitherto generally assumed that particles are
well mixed in aquatic ecosystems, and that a small volume is thus
sufficient to represent the entire system. However, there are
concerns among ecologists that the DNA fragments of target or-
ganisms in commonly used sampling volumes - typically less than
1L - reach only “homeopathic levels”, hence offering poor spe-
cies detectability and representation in the target aquatic system.
Species accumulation curves show saturation at larger volumes
than those sampled in most eDNA studies (Bessey et al., 2020;
Broadhurst et al., 2021; Macher et al., 2021). As a result, subop-
timal sampling replicates or volumes can lead to stochasticity in
the recovered signals of species diversity (Bessey et al., 2020;
Stauffer et al.,, 2021). Moreover, eDNA metabarcoding studies
target different aquatic ecosystems, from ponds to rivers to ma-
rine systems, and the inferences made can vary widely across spa-
tial, temporal and taxonomic scales (e.g., Altermatt et al., 2020;
Carraro et al., 2022; Deiner & Altermatt, 2014).

To reach the full potential of biodiversity monitoring with
eDNA, the sampling methods should be adjusted based on the
properties of the study system (e.g., a regional area, a catch-
ment, a river), including the expected diversity of the species pool
(Gotelli & Colwell, 2001) and the level of environmental heteroge-
neity (Barbour, 1999). This may seem obvious when considering
traditional sampling methods: for example, the sampling design
for vascular plants in a meadow differs from that for forest trees,
amphibians are sampled differently than marine mammals, and mi-
crobe surveys have different sampling designs than fish surveys.
The commonality of all these approaches, however, is that the
sampling has been optimized with respect to the system and or-
ganismal group covered, inspired and guided by decades of tradi-
tional sampling experience. As such, best practices and principles
for eDNA sampling designs could be developed based on lessons
learned from the optimization of traditional sampling methods.
For example, estimating the regional species pool requires a more
intense sampling effort in tropical than in temperate forests be-
cause tropical areas have a higher total diversity and higher levels
of rarity (Figure 1a). This principle is also valid for eDNA sampling
(Figure 1b), where marine coral reefs require more sampling effort
than cold Atlantic waters.

Computer simulations can be used to determine the best sam-
pling strategy in terrestrial, riverine or marine systems. In this con-
text, the virtual ecologist approach combines simulated data and
observer models to mimic species distributions and how they would
be observed (Zurell et al., 2010). The virtual data are then modeled,
and the results are compared with the true data, allowing an assess-
ment of sampling protocols and an improvement of system-specific
sampling methods (Hirzel & Guisan, 2002). For example, researchers
have used the virtual ecologist approach to compare different sam-
pling strategies and investigate the impact of eDNA transport on
freshwater ecosystems (Carraro et al., 2021).
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FIGURE 1 Results of ecological sampling displayed as accumulation curves of species richness and molecular operational taxonomic
units (MOTUs). (a) Sampling in forest communities using traditional methods. (b) Sampling in marine fish communities using eDNA methods
in tropical and temperate environments. The curves in (a) are based on a public data set (https://forestplots.net/) for 10 forest plots

in Bolivia (tropical) and on data from 10 forest plots in western Virginia, USA (temperate) that are part of the US forest inventory and
analysis database. We show that species saturation can be reached with fewer samples at higher latitudes than at lower latitudes, where
ecosystems are more complex and contain more rare species. The tropical curve in (b) is based on the data set of Polanco Fernandez,
Marques, et al. (2021) on two tropical regions of Colombia, i.e. the island of Providencia (10 stations) and the Tayrona National Natural Park
(6 stations). Two filtration replicates of 30L were collected per station. The temperate curve in (b) is based on a data set collected during

the EVHOE bottom trawl research survey in 2019, where two filtration replicates of 22.5L were collected per station using Niskin bottles
available on a circular rosette. eDNA results are similar to forest plot results, in that a more intense sampling effort is necessary to represent

the species pool in tropical regions compared with in temperate regions.

Here, we present the challenge of optimizing the sampling
design for eDNA studies from aquatic environments, consider-
ing the interaction between hydrological conditions, the volume
of water filtered, the number of replicates, and the sampling
locations. To evaluate and illustrate these aspects, we used an
advanced river hydrological simulation coupled with a virtual
ecologist approach to gain insight on the difference in sampling
strategy (a large single sample vs. multiple small samples) re-
quired between different river types (narrow alpine streams vs.
wide lowland rivers). We quantified the effect of field sampling
(sampling volume, number of spatial replicates) and laboratory
(sequencing depth) variables on species detection probability
and recovered biodiversity. Based on both simulations and em-
pirical data, we propose a set of criteria for the development of
unbiased biodiversity detection when planning an eDNA sam-
pling campaign for conservation and management. We focus on
eDNA in the wider sense, that is, including both intra- and ex-
tracellular DNA, yet acknowledge the ongoing discussion about
how the targeted DNA potentially reflects a wide range of organ-
isms and possible states (see Pawlowski et al., 2021; Pawlowski,
Apothéloz-Perret-Gentil, & Altermatt, 2020; Rodriguez-Ezpeleta
et al., 2021). Our general conclusions hold true irrespective of
the different states of DNA, yet the specific recommendations
for sampling may vary.

2 | CONTRASTING VIRTUAL
ENVIRONMENTS FOR eDNA SAMPLING
DESIGN

Traditional sampling schemes generally include a clear spatial de-
sign and sampling efforts that optimize the detection of target
species in assemblages (Lengyel et al., 2018; Stewart et al., 2018).
The most common sampling strategy used in environmental sci-
ence is the stratified random sampling approach, with the ob-
jective to equally survey the varied ecological conditions of a
considered area (Carvalho et al.,, 2016). Optimized biodiversity
monitoring networks based on traditional vegetation surveys
(Grabherr et al., 2000), insect surveys (Kery & Plattner, 2007),
2014; Rodriguez-Ramos

et al., 2014), or freshwater and marine fish surveys (e.g., Alexander

plankton surveys (Cermefo et al,

& Seehausen, 2021) have emerged from systematic methodologi-
cal trials to improve species detection and diversity assessments
locally and across large areas. In contrast, aquatic eDNA studies
have so far mainly been exploratory or opportunistic (i.e. coupled
with another sampling engine), as suggested by the absence of
clear designs. To reach the robustness of traditional sampling, the
location of samples of aquatic eDNA within the target area must
be determined, with the objective of representativeness of the
study system, and the sampling design should follow rules that
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generate unbiased regional biodiversity measurements (Carraro
et al., 2021). According to our literature review (see Appendix S1
for details), one to three replicates of about 1L of water were col-
lected in most studies, but this sampling effort was, in most cases,
not adjusted according to the characteristics of the target organ-
isms and systems. In this review, we defined replicate as “a sample
taken at a given site and time point”, which is, to our understand-
ing, the level of replication that is most fundamental to many stud-
ies involving biodiversity assessments (e.g., to document diversity
across space at a given time; Gotelli & Colwell, 2001). All in all,
decades of research have optimized different traditional monitor-
ing methodologies, accounting for the properties of the local sys-
tem and the target species, and a similar optimization should be
done for eDNA sampling as well.

To assess the impact of various sampling designs on eDNA signal
recovery, we conducted an in silico analysis comparing the efficiency
of different eDNA sampling techniques using a river process model
in two vastly different river systems: a typical alpine headwater
stream and a major lowland river. We used the BASEMENT v3 model
(VAW-ETHZ; Vanzo et al., 2021), which can simulate the advection
and diffusion of passive tracers with different concentrations, here
representing the eDNA of distinct species, in river reaches on a
two-dimensional (2D) computational mesh. We defined both river
reaches with a rectangular cross section and modeled them under
uniform flow conditions. The alpine stream reach had a width of
2.5m and length of 1km and was simulated using a computational
mesh with 77,895 cells with a mean cell size of 0.03 mZ2. A constant
discharge of 1.3 mis™ a longitudinal slope of 0.05, and a friction
(Strickler) coefficient of 20m*3s™ led to a mean simulated water
depth of 0.27m and a mean flow velocity of 1.9ms™. The major
river had a width of 500m and a length of 20km and was discret-
ized with a computational mesh with ca 7.6 x 10° cells (mean cell size
1.3 m2). A constant discharge of 28,000 m3s_1, a slope of 0.0001,

13571 led to water depth

and a Strickler friction coefficient of 20m
of 19.4m and a mean flow velocity of 2.9 ms™*. We defined a total of
five DNA-shedding species (i.e. five distinguished taxa) as stationary
local tracer sources, equidistantly located along the upstream cross
section of each model domain. Each source was characterized by a
different, time-constant shedding rate (equal to 1000, 2000, 3000,
4000 or 5000 copiess ). These values were randomly attributed to
the five equidistant source locations along the upstream cross sec-
tions of the rivers. We simulated the transport dynamics of these
tracers, assuming a constant diffusion coefficient (Kc) of 0.25m?s™?
(Figure 2a,b). At the downstream end of each river reach, we simu-
lated water sampling with various sampling volumes V. under two
different strategies: (i) collection of a single sample of volume V,
at a random point along the cross section (single sample strategy,
hereafter SSS); (ii) collection of five samples, each of volume V/5, at
five random points along the cross section (multiple sample strategy,
hereafter MSS). For each river reach, we tested 100 different V, val-
ues spanning river-specific ranges, given that much larger volumes
need to be sampled in a larger river. For the alpine stream, V, ranged
from 0.1 to 10L, with increments of 0.1L; for the lowland river, V,

ranged from 1 to 100mS, with increments of 1mS. For each river,
sampling strategy and V_ value, we performed 10,000 sampling rep-
licates, to account for uncertainty resulting from the random posi-
tioning of the transversal coordinates of the sampling points.

We found that, while complete mixing of eDNA along the trans-
versal direction occurred a few meters downstream of the source
location for the alpine stream (Figure 2a, consistent with Thalinger
et al., 2021), in the lowland river complete transversal mixing did not
occur even 20km downstream of the source site (Figure 2b - see also
Laporte et al., 2020). As a result, for the alpine stream no differences
between the sampling strategies emerged with respect to the amount
of eDNA sampled for a given species (Figure 2c), the total amount
of DNA sampled pooled across the five species (Figure 2e), or the
total number of species detected (Figure 2g; evaluated by assuming a
limit of detection of two copies for each species). Conversely, limited
transversal mixing in the lowland river led to an uneven DNA con-
centration distribution across the sampling cross section (Figure 2b),
which resulted in DNA amounts being generally greater for MSS
than for SSS (Figure 2d - results for the other tracers are shown
in Figures S1-S4). The median of the total DNA quantity sampled
(pooled over the five species) did not depend on the sampling strat-
egy, although MSS had a lower uncertainty than SSS (Figure 2f). MSS
clearly outperformed SSS in terms of the number of species detected
(Figure 2h), as no simulation under SSS was able to detect all five spe-
cies with a sampling volume as large as 100m?®. SSS performed better
than MSS only for very small sampling volumes (< 20m?®), which were
in any case insufficient to detect more than two out of five species.
Importantly, empirical assessments and comparisons of eDNA distri-
butions in natural settings, specifically considering hydrological dy-
namics, are needed. So far, this has been done in only a few studies
(e.g., Laporte et al., 2020; Thalinger et al., 2021), with results high-
lighting the importance of hydrological conditions for the lateral and
longitudinal distribution of eDNA and thus for the interpretation of
eDNA-based data. Our model can be considered a first formalization
that can be used in generalizable comparisons.

This in silico experiment shows that a small sampling volume
does not capture the same level of biodiversity in these two systems
(note the different x-axis scales in the two columns of Figure 2), and
that a large volume is necessary to detect most species in the large,
lowland river. Moreover, the strategy of taking multiple samples
(MSS) involves a higher likelihood of species detection, and there-
fore better representativeness of the system, than solely relying on
a large volume (SSS). Our illustration shows the need to sample at
multiple locations across the river and to use the appropriate vol-
ume to reach the eDNA concentration that allows detection. Note
that the BASEMENT model reproduces the transport dynamics of
conservative tracers; hence, our proof-of-concept analysis neglects
the role of eDNA decay and sedimentation, and is thus an idealized
approximation. In fact, the inclusion of decay dynamics would lead
to concentration profiles across the sampling cross sections of the
two rivers that would be qualitatively equal to those in Figure 2a,b,
i.e. flat for the alpine stream and unimodal for the lowland river. In
our 2D model, factors such as sedimentation were not included,
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FIGURE 2 Effect of sampling volume and sampling intensity on eDNA retrieval and species detection. The left and right columns refer to
an alpine stream and a lowland river, respectively (note that scales differ between columns). (a, b) Steady-state eDNA concentration profile
for one of the five species (i.e. the one located at Y=0). (c, d) Amount of eDNA collected for the species of panels (a) and (b), respectively,

as a function of sampling volume. Red lines and shading correspond to the multiple sampling strategy (MSS) and black to the single (SSS)
sampling strategy. Shaded areas correspond to the 2.5th to 97.5th percentiles; lines correspond to median values. The blue line is the limit of
detection (assumed to be two DNA copies). (e, f) Total eDNA sampled for the five species pooled together as a function of V_. (g, h) Number
of species detected as a function of V,, where a species is detected if the eDNA present in the collected sample(s) exceeds the limit of

detection.

but since eDNA binds to small sediments, sediment concentration,
transport and precipitation should be considered further (Laporte
et al., 2020).

3 | QUANTIFICATION OF DETECTION
PROBABILITIES USING AN ILLUSTRATIVE
DATASET

Detecting all species comprehensively in a target ecosystem requires
that the sampling design be optimized according to the properties of

the ecosystem and the target organisms. eDNA sampling campaigns
should be designed with parameters that enable the detection of
all species of interest and thus ensure that rare species, or those
more difficult to detect, are also recovered in the survey (Roberts
et al., 2016; Zhang et al., 2014). eDNA sampling has proven par-
ticularly efficient for aquatic microorganisms (Cordier et al., 2022;
Mansfeldt et al., 2020), which are small and abundant enough to
be consistently found in the sample (Pawlowski, Apothéloz-Perret-
Gentil, & Altermatt, 2020), and are mostly sampled in their cellular
stage, leading to large DNA quantities in the samples. When tar-
geting large species (not entirely sampled, i.e. extracellular DNA
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samples) living directly in the sampled habitat, e.g., fishes in fresh-
water, smaller quantities of DNA may occur in the environment, and
attention should be paid to volume and duration of filtration to make
the sampling integrative. Possibly more challenging is the detection
of terrestrial organisms, which have only limited contact with the
aquatic environment. In this case, direct contact between water and
the organism (or its feces, urine, hair, etc.) needs to occur for DNA to
be released in the aquatic system. This happens, for example, when
animals drink or bathe, and the water serves as a DNA collector
(Rodgers & Mock, 2015; Ushio et al., 2017). For these species, good
detection is reached with larger sampling volumes (Lyet et al., 2021).
Complementing the information gained from simulations, compre-
hensive eDNA metabarcoding data sets can be used to evaluate the
role of sampling parameters on the detection probability of rare or
elusive species.

Detecting terrestrial vertebrates by sampling the river reaches
of a catchment has been shown to be challenging and require sen-
sitive eDNA sampling protocols (Lyet et al., 2021). While their DNA
traces still diffuse into the aquatic system, the shedding rate and
transmission to the water is less predictable, such that eDNA sam-
pling would require larger volumes and more replication to suc-
cessfuly detect those species. Consequently, eDNA sampling can
offer an efficient illustration of the effect of sampling parameters
on the probability of detection of species. We used a dataset col-
lected in British Columbia (Lyet et al., 2021) to evaluate the ef-
fect of sampled volume (within a given site), number of spatially
replicated sites across the catchment, and sequencing depth on
the probability of detection and species richness of terrestrial
mammals. To evaluate the spatial replication, we used 50 eDNA
samples collected from 42 sites at different geographic positions
within 2 juxtaposed catchments. Moreover, to evaluate the effect
of sampled volume, we used 36 samples collected at 2 focal sites
at the outlet of the 2 catchments, with the duration of filtration
proportionally increasing with filtered water volume (25-30L over
30min; 40-45L over 45min; 50-60L over 2h; 70 - 80L over 5h).
At each of these 2 sites, we collected replicate samples for each
setting. We used a universal mammal 12S mitochondrial rDNA
primer (MammO1) for PCR amplifications, and we prepared the li-
braries for sequencing to reach a theoretical sequencing depth of
300,000 reads per sample (Lyet et al., 2021). Using this data set,
we quantified the probability of detection of mammal species as
a function of sampling volume, number of samples, and sequenc-
ing depth. We used a re-sampling approach to assess the effect of
each of these parameters on detection probabilities and number of
species detected while keeping all the other parameters constant.
We selected four species for illustrative purposes, but considered
all species in the quantification.

The detection probability increased with sequencing depth,
number of sampled sites, and filtered water volume (Figure 3).
Increasing the number of reads from 1000 to 20,000 led to a
marked increase in detection probability, from 0.22 to 0.55 across
all mammal species detected (from a mean number of 7 mammal

species detected to a mean number of 10 species per sample), but
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FIGURE 3 Estimation of the probability of detection of four
example mammal species, as well as the species richness recovered,
as a function of (a) the number of reads considered per sample, (b)
the number of different sites where samples were taken within the
catchments, and (c) the volume of water filtered at one site. The
detection probability of species increases as a function of these
three parameters. The eDNA samples used to assess the effects

of the number of reads and the number of sites are different from
those used to assess the effect of filtered volume. The figure
illustrates how the detection of rarer species requires more field
replicates or a larger volume than needed for the detection of more
common species.

a large number of reads made it possible to detect the maximum
number of species. Increasing the number of samples across the
catchments increased the detection probability of the species:
an increase from 1 site to 5 sites raised the detection probability
from 0.16 to 0.41 on average across all mammal species detected
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(corresponding to a mean number of 10 versus a mean number
of 29 mammal species detected when cumulating samples). As
shown for marine ecosystems (Stauffer et al., 2021), this analysis
illustrates the importance of field replicates to increase species
detection at the regional level. We further found that increasing
the sampled volume (associated with longer filtering duration)
from 25-35L over 30min to 50-60L over 2h increased the de-
tection probability from 0.22 to 0.38 on average across all mam-
mal species detected (from a mean number of 15 mammal species
detected to a mean number of 25 mammal species detected per
sample). These results demonstrate the critical role of sampling
parameters on species detection, showing how sampling optimi-
zation is required for eDNA-based, as previously done for tradi-
tional sampling designs. For example, in camera trapping surveys
(O'Connell et al., 2011), the probability of detection of an animal
in an area increases if the camera is left in the field for a longer
period, if a larger number of cameras are used, and if the cam-
eras cover a larger area of detection (i.e. wide camera viewshed).
Hence, similar to how the duration of sampling and the volume and
number of samples influence the detection of terrestrial mammals
via eDNA, the combined effect of these parameters determines
the likelihood of detecting a rare event, e.g., an animal crossing
the camera field of view. Therefore, considering these sampling
parameter combinations is critical for terrestrial species, whose
eDNA is more unevenly released into water compared with that of
aquatic taxa, but is also likely to impact other organisms beyond

terrestrial mammals.

4 | A MECHANISTIC EQUATION TO
DETERMINE SAMPLING VOLUME

Multiple factors need to be accounted for to estimate the volume
required for eDNA sampling (see Box 1 for a detailed discussion).
We formalized the conceptual equation Equation (1) under a num-
ber of simplifying assumptions. Specifically, we assumed a linear
channel with spatially and temporally constant water discharge Q
[m3s7Y]. Additionally, we assumed that biomass M [g] of a (sessile)
eDNA source is concentrated at a given point in the channel sheds
eDNA at a rate S [copies s *g!]. We further assumed instantane-
ous, complete mixing of eDNA in the river cross section where the
eDNA source is located. The input eDNA flux is then SM, while
the downstream flux is CQ, where C [copies m %] is the eDNA con-
centration in water immediately downstream of the eDNA source.
Hence, the mass balance of such a river cross section is SM=CQ.
By assuming first-order decay of eDNA in stream water, the eDNA
concentration at a distance L downstream of the source site is
equal to:

- kAN SM o kA
CL_Cexp< kQ) Qexp< kQ)

where A [m?] is the river cross-section area and k [s™1] is the decay rate.
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If a water volume V, is sampled at distance L from the source
site, then the number N of copies in the sample after filtration can

be expressed as:

N= SI\/(;VS exp( — k%)

which assumes complete mixing of eDNA, i.e. that the eDNA con-
centration in the sample is equal to C,. However, due to primer bias
and sequencing depth issues, the estimated number of copies from a
PCR analysis N, is only a fraction of the true N. We can express this as
Ne=KpstdN, where Kpb and K_, are two coefficients ranging from O to
1, indicating how read number estimation is affected by primer bias
and sequencing depth, respectively. In particular, it may be reasonable

to assume that:

Ko, =exp(—kp,Py);  Kgg=1—exp( —kyDs)

where P, is the number of mismatched pairs between the primer and
the template; D is the sequencing depth; and kpb and k_, are two posi-
tive, dimensionless coefficients.

By assuming that the minimum number of copies required for
detection is 1, and by coupling the previous relationships, one can
determine the minimum sampling volume required for species
detection:

Qexp(kopPr) LA
Vs min = k=2 2
smin SM[l—exp(—ksst)]eXp< Q) @

As an example, we considered an eDNA source that sheds
SM=5000 copies s (see Fukaya et al., 2021), a decay rate of
(1/4x3600)s™ (i.e. a decay time set to 4h), P,=10 base pairs,
SD=100,000 reads, kpb=0.07, and ksd=7><10_6 (and hence
Kpb=K5d=0.5, i.e. in order to detect one copy in the sample there
must be at least four copies, owing to primer bias and finite sequenc-
ing depth). We assumed eDNA sampling at L=1 km from the source
in a river with Q:10m35'1 and A=8m? (hence the mean water ve-
locity is 1.25ms™). The resulting minimum sampling volume based

on Equation (2) is Vs, =8.46L. According to Equation (2), minimum

min
values of the required sampling volume change dramatically as a
function of physical (water discharge Q, distance from the shedding
source L) and sequencing parameters (sequencing depth S, number
of mismatched pairs Py; Figure 4).

Although not all parameters of this equation can be easily
quantifiable (most notably, this is the case for coefficients KIDb and
K,4), Equation (2) can be used as a step towards a better under-
standing of the factors affecting the detectability of eDNA traces
in a sample. Importantly, this equation considers the main param-
eters to be representative of a local sample. As illustrated with the
river model of Figure 2, in the case of a heterogeneous distribution
of eDNA, multiple spatial samples are necessary to be represen-
tative of a system. Recent studies based on an eDNA transport
model at the catchment scale (Carraro et al., 2018, 2020, 2021)
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BOX 1 A theoretical equation to plan eDNA sampling

In most previous eDNA studies, the decisions on sampling parameters reflected individual research groups' best practices and experi-
ences, and were often based on rules of thumb or values that worked in other studies, without formal corroboration. Consequently,
it has been found - and has become general practice - that a few hundred milliliters of water can be enough to detect single amphib-
ian species in ponds (Biggs et al., 2015; Ficetola et al., 2008), while small headwater streams require 0.5L to a few liters, and large
rivers, lakes and marine systems often need 30L or more to reach saturation (Hanfling et al., 2016; Machler et al., 2021; Stauffer
etal.,, 2021). While there is some discussion on sampling volumes (e.g., Wilcox et al., 2018), approaches often differ and the choice of

the sampling volume is often not (yet) corroborated or justified.

Ecoinformatic tools and models support the planning of traditional sampling and can thus also help to optimize eDNA sampling plans
for a specific system (see also Carraro et al., 2021). Similar to statistical power analysis, we propose that eDNA sampling be guided by a
conceptual equation to determine the most important factors for evaluating the water volume that should be sampled, and that either
a single integrative sampling event or separate sample replicates be used. Such an equation should contain relevant aspects known
to affect detection probabilities, such that it is possible to optimize sampling volume based on the values of different parameters. We
identified five key parameters that can be quantified and modified to optimize sampling efficacy. First, total volume of the sampled
system: the larger the system, the greater the volume that needs to be sampled. For example, a larger volume of water must be sampled
and more DNA must be extracted from a lake versus a pond, or from a large river versus a headwater stream. Second, the minimum ex-
pected concentration of the focal DNA: the lower the concentration, the larger the volume that must be sampled to collect the minimum
detectable amount of target DNA in the sample. Third, sequencing depth: the more sequences that result from a sample in the sequenc-
ing process (i.e. greater sequencing depth/read numbers), the greater the likelihood of recovering the targeted DNA. Sequencing depth
is especially relevant with respect to thresholds applied to exclude low-read signals, and increasing sequencing depth can often be an
efficient way to better detect target organisms. Fourth, the average abundance distribution of the target organisms: the more equally
distributed the target organisms are with respect to their rank-abundance distribution, the smaller the volume that needs to be sampled.
This is again related to the total sequencing depth, as a more balanced distribution of taxa and their representation in the sample gives
more reliable estimates about presences and absences compared with a situation with unevenly distributed taxa. Last, the taxonomic
specificity of the primer used, i.e. the primer breadth and fit to the target organisms: the more specific a primer is, the better it can be
expected to fit the target organisms and the more likely it is to detect them in small sampling volumes. In contrast, less specific primers
or the presence of non-target DNA competing with the target DNA for a given primer lower the latter's detectability.

We summarize these five major parameters in the following conceptual equation:

Total volume x Minimum eDNA conc. x Sequencing depth
Abundance x Primer specificity

Sample volume »~ (1)
Each of these parameters has, if not considered adequately, the potential to cause false-absences and thus incorrect inference about
species' occurrences. While Equation (1) is conceptual, each of these (as well as possible further) parameters can be quantified. In
designing studies, researchers should at least consider these five parameters conceptually and provide some quantitative support for
the values chosen. Further, Equation (1) allows a semi-quantitative optimization with respect to sampling procedure. Assuming linear
relationships, these different parameters can be gauged in relation to each other each other. Consequently, these parameters can be
adjusted individually, even without knowledge of their exact values.

Several of these parameters have an inherent minimum value. For example, if the target DNA is found in concentrations of less than
one copy per 1L, then a smaller sampling volume will result, by pure probability, in false absences. In this case, it is likely that a much
larger volume needs to be sampled, as the lowest detectability, i.e. the smallest number of eDNA copies that must be present in the
sample to detect a signal, has not yet been quantified and may be much greater than only one. An eDNA signal can only be found
if DNA of the target organism is present, and values below the detection limit are simply homeopathic. Other parameters, such as
primer specificity, also depend on the presence of non-target DNA, which may be amplified by a more-or-less specific primer, and
thus minimum values are not well defined.

While the exact values of these parameters, yet to be estimated, may be specific to the DNA amplified for different organismal
groups, the relationship in Equation (1) would not be fundamentally different. For example, microbial DNA extracted from an en-
vironmental sample may largely contain whole organisms (e.g., bacteria, protists), but DNA of macroorganisms (e.g., fish) may be
largely composed of extracellular DNA. Consequently, organismal abundance or DNA concentrations of the former are often found
to be much higher, yet the extraction and amplification process generally does not differentiate between different states of DNA.
We argue that parameter values are informative within - yet not necessarily across - these sample types. Besides these five relevant
parameters, we acknowledge that further aspects, such as seasonality, life history, or other facets of organisms' ecology may also

need to be considered, and we recommend that additional empirical studies on such aspects be conducted.
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FIGURE 4 Minimum sampling volume required, expressed as a function of relevant parameters according to Equation (2). (a) Water
discharge Q and distance from shedding source L. (b) Number of mismatched pairs P,, and sequencing depth D,. The cross-section area A is
dependent on water discharge Q according to the scaling relationship of Leopold and Maddock (1953): A=aQ®?, where Qis in m®s™%, Ais in
m?2, and it is assumed that a=1. Default parameters (corresponding to the black dot) are: Q=10 m3st, L=1000m, k=1/4/3600s", SM=500

copies s, Dg=10°, P,=10, k,=7x107%, and k ,=0.07.

have demonstrated the importance of considering both the spatial
distribution of the shedding species and the spatial location of the
sampling sites. In particular, Carraro et al. (2021) showed that best
practices for the selection of sampling sites in a river network de-
pend on multiple factors, such as the species' spatial distribution,
the total number of sites that can be sampled, and the knowledge
about eDNA decay rates. Local and regional parameters could ad-
ditionally be integrated into a model to guide sampling in future
eDNA studies.

5 | DISCUSSION AND
RECOMMENDATIONS

eDNA studies have generally involved the assumption that DNA
particles are well mixed in most aquatic ecosystems and that a small
volume is sufficient to represent the entire system. However, both
intra- and extracellular DNA fragments are distributed in the water
medium, and the particle dynamics are determined by the hydro-
logical conditions of the system (Carraro et al., 2021). Here, we
used both a virtual ecologist approach and illustrative data sets to
improve our understanding of eDNA sampling. Using an empirical
data set, we showed how sampling parameters, including both the
number of spatial replicates and the sampled volume, influence the
species detection probability and the recovered number of species,
suggesting that these axes of sampling parameters can help us to
optimize local and/or regional detection of species.

Subjective methods and insufficient reporting of sampling pro-
cedures and strategies are a general issue in ecological science
(Haddaway & Verhoeven, 2015; Smith et al., 2017), hindering gen-
eralizations and comparability. Given the recent emergence of the
method, many existing eDNA studies have been exploratory, and
often focused on a proof of concept. The number of studies using
eDNA is rapidly increasing, however, and the method is starting
to be used and applied by ecologists and biodiversity scientists in
general, extending beyond the manageable number of laboratories

that pioneered the field. This widespread application requires clear
sampling plans that are well suited to the study objectives, as well as
transferable sampling methods. These methodological aspects are
becoming critical, as a few national and global initiatives were re-
cently launched with the aim to use eDNA for long-term biodiversity
monitoring. As the number of research labs and commercial com-
panies offering eDNA-based surveys is increasing, and given that
these surveys will eventually feed into openly accessible databases
for global analyses (Berry et al., 2021), we need protocols designed
for the best quality, reliability and reproducibility of results.

We proposed criteria and justification with respect to the num-
ber of sample replicates and the total sampling volume. We strongly
suggest that these sampling aspects be coherently justified, quan-
tified and reported as much as possible. By formulating a specific
equation that integrates these components, the factors affecting
reproducibility can be considered more effectively. Unfortunately,
such information has not been consistently reported in existing
studies. In comparisons of diversity assessments conducted with
traditional and with DNA-based methods, the heterogeneity in the
completeness of the methodological details reported is still very
high, often prohibiting a coherent meta-analysis across studies (Keck
et al., 2022). Hence, whenever new sampling methodologies are de-
veloped or applied in an ecosystem for the first time, we recommend
that a set of easily applied tests be run to demonstrate the meth-
odological efficiency. These should include species accumulation
curves to illustrate species detection at different sampling volumes
and species recovered in relation to sequencing depth.

The wide range of approaches currently used in eDNA studies
calls for the development of distinct standards for eDNA collection
and analysis for different objectives and systems, but these stan-
dards should be properly justified and documented. The measure-
ment and verification of biodiversity change, with the aim to inform
policies and new green investments, must be based on reliable
and repeatable measurements to support robust decisions. Only
by ensuring that sufficiently replicated and representative sam-
ples are collected (requiring e.g., sufficient sampling depth, sample
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replication, and sample stratification) can eDNA be seen as a robust
method for biodiversity estimates, capable of withstanding critical

evaluation.
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