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“But in a way you can say that after leaving the sea, after all those millions of years 

of living inside of the sea, we took the ocean with us. When a woman makes a baby, 

she gives it water, inside her body, to grow in. That water inside her body is almost 

exactly the same as the water of the sea. It is salty, by just the same amount. She makes 

a little ocean, in her body. And not only this. Our blood and our sweating, they are 

both salty, almost exactly like the water from the sea is salty. We carry oceans inside 

of us, in our blood and our sweat. And we are crying the oceans, in our tears.” 

- Gregory David Roberts, Shantaram 
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Abstract 

 

Microalgae form the base of the aquatic food chain and have important ecological 

functions, including nutrient cycling and carbon capturing. These microscopic 

eukaryotes are incredibly diverse, with an estimated 72,000 extant species. They have 

been investigated for their biotechnological potential in industries such as 

nutraceutical, cosmetic, and biofuel. Most research has focused on specific high-value 

metabolites such as astaxanthin or β-carotene for human health, or classes of natural 

products such as polyunsaturated fatty acids for biofuels. However, a systematic 

untargeted approach to exploring the chemical diversity of microalgal metabolites has 

yet to be performed. Unlocking this chemical potential could provide further 

applications and incentives to the microalgal biotechnology sector. 

This thesis aims to fill this gap by exploring the chemical space of microalgae and the 

elicitation of further chemistry using abiotic stress. A comparative metabolomics study 

of 36 microalgal strains from both freshwater and marine environments showed that 

Haptophytes were a rich source of chemistry compared to the well-studied 

Chlorophytes. It also explored chemical diversity across strains of the same species, 

providing evidence that isolation environment rather than phylogenetic relationships 

could be used to group microalgae based on chemical profiles. To investigate the 

chemistry produced by three strains of marine microalgae, Dunaliella primolecta, 

Nannochloropsis oculata, and Phaeodactylum tricornutum were cultured under 

varying conditions of salinity, sodium chloride, nitrate, and pH and Global Natural 

Products Social (GNPS) molecular networking was used to gain insights into the effect 

of these stresses on metabolite production. A total of 2284 metabolites were detected 

across all strains and conditions, with 49% of those metabolites specific to cultures 

grown under stress conditions (i.e., not in the control). Salinity had the greatest effect 

with 22.8% of metabolites only produced under salinity stress. From comparison with 

over 33 libraries of mass spectral data, only five metabolites were identified, stressing 

the need for more open-access natural product -and specifically algal natural product 

- databases. Finally, we partnered with Xanthella Ltd., a marine biotechnology 

company in Scotland, to study the effect of 405 nm light on growth of four strains of 
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microalgae and the production of antimicrobial metabolites. This wavelength has been 

shown to reduce bacterial contamination in cultures but is an expensive regimen to 

apply at a large scale. The production of high-value metabolites under this light 

regimen could enable culturing under 405 nm illumination to be economically viable. 

Although no bioactivity was observed from extracts or fractions, molecular 

networking did show that 16-25% of metabolites were either exclusively produced 

under 405 nm illumination or absent from the white light control condition. This thesis 

offers a starting point for fundamental and comparative research into microalgal 

growth and metabolite production and their applications in human health. 
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1. Introduction 

 

1.1 Marine Natural Products 

Natural products, also known as secondary metabolites or specialised metabolites, are 

compounds produced by living organisms that are not required for the survival, 

growth, or reproduction of that organism. They are highly stereoselective and are 

believed to provide an evolutionary or adaptive advantage to the producer in their 

environment.1 The study of natural products dates back approximately 5,000 years 

through the writings of ancient Egyptian, Greek and Chinese civilisations, amongst 

others. These civilisations believed that Gods and Demons were responsible for 

disease and looked to nature for gifts or cures for their ailments. The earliest surviving 

record of a natural products pharmacopeia, the Ebers Papyrus, was composed by the 

Egyptians in approximately 3,500 years ago and contains approximately 800 natural 

remedies and magical incantations.1 The Charaka Samhita was written around 3,000 

years ago and comprises over 300 plant-derived remedies used by the Indian Ayurveda 

(ancient medical system).2 The Ancient Greeks also relied heavily on terrestrial plants 

as sources for cures, as is detailed in the Corpus Hippocratum (2,400 years ago). This 

script contains 400 natural medicinal substances, including the use of Atropa 

belladonna, known commonly now as deadly nightshade, as an anaesthetic.3 The 

philosophy of Traditional Chinese Medicine was believed to originate approximately 

5000 years ago, however there are not many written sources to confirm this. The most 

primitive is the Wu Shi Er Bing Fang which lists over 200 natural substances and 

details 150 concoctions or combinatorial formulae for the treatment of ailments. The 

later published Shen Nong Ben Cao Jing (approximately 1,700 years ago), specified 

252 plants and 67 animals that could be utilised for medicinal purposes.4 

Many of the natural substances documented in these ancient texts formed the basis of 

modern medicine and have subsequently been proven to have therapeutic properties. 

The use of the willow tree (Salix alba L.) as a medicinal plant dates back to the 

Assyrians in 4000 B.C. who consumed an extract from the leaves in order to relieve 

pain and reduce fever.5 This was an effective remedy and used throughout different 

civilizations in history. It was not until 1828 that the phenolic glycoside named salicin 

was extracted from Salix alba L. and purified by a German scientist, Johann Buchner.5 
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In the succeeding decade, improvements were made to the purification process and in 

1838, the structure was solved.6 In 1853, Charles von Gerhardt synthesised 

acetylsalicylic acid, or aspirin, from a salicin derivative. This example shows the 

history of natural products, from its use in ancient medicine to a drug that is still widely 

used today. Other such examples of this process that have stood the test of time are; 

the cardiac glycosides digoxin and digitoxin from the foxglove plant (Digitalis 

purpurea); paclitaxel, a potent chemotherapeutic originally isolated from the Pacific 

yew tree (Taxus brevifolia); and morphine, an opiate discovered from the milk of the 

poppy plant Papaver somniferum.7 These drugs have all been sourced from terrestrial 

species and there are few reports of marine species being used for medicinal purposes 

during ancient times. One such example is that of Chondrus crispus, a red alga found 

on rocky shores along the Atlantic coast, which was used in the 19th century by boiling 

with milk and consuming the beverage to treat respiratory ailments. The alga, known 

commonly as Irish moss or carrageen, is still used today in gastronomy and 

nutraceuticals.8 

Investigating marine environments began in earnest in the 20th Century, coinciding 

with the development of Self-Contained Underwater Breathing Apparatus (SCUBA). 

Since 1965, over 25,000 new metabolites isolated from marine organisms have been 

discovered from around the world, with approximately two-thirds exhibiting 

bioactivity.9 In 1951, the bioactive nucleosides spongothymidine (1) and spongosine 

(2) were isolated from the Caribbean sponge Cryptotethia crypta10 which led synthetic 

chemists to produce a library of ara-nucleosides and two such derivatives, cytarabine 

(3) and vidarabine (4) were approved for clinical use in the treatment of leukaemia and 

herpes simplex virus, respectively (Figure 1.1).11 Ecteinascidin-743 (trabectedin), an 

anti-cancer metabolite extracted from the tunicate Ecteinascidia turbinata, only made 

it to the market after it was discovered that safracin B, a metabolite of Pseudomonas 

fluorescens, could be used as a precursor in the total synthesis.12 The discovery of 

natural products from invertebrate microbiomes triggered a shift in marine natural 

products research in the early 2000s which continues today. Between 2017 and 2018, 

the number of new natural products isolated from marine bacterial, fungi, and 

cyanobacteria increased by 22%, 85%, and 61%, respectively.13  
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Figure 1.1 Chemical structures of (1) spongothymidine10, (2) spongosine10, (3) 

cytarabine 11, and (4) vidarabine11 
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Currently, eight marine drugs are available on the market for clinical use (Figure 1..2), 

five of which underwent structural modification during lead optimization.11 

Ziconotide, a synthetic derivative of a ω-conotoxin isolated from Conus magnus is 

clinically approved to treat severe and chronic pain whilst Lovaza, a mixture of 

docasahexanoic and eicosapentanoic acids, is used to reduce triglyceride content in the 

blood. Four of the eight approved marine-derived drugs are used in the treatment of 

cancer including cytarabine and trabectedin. From 2012-2017, 262 marine compounds 

were involved in various stages of preclinical trials and there are currently thirteen 

marine natural products in clinical trials by the USA Food and Drug Administration 

(USFDA).4 These include salinosporamide A14 isolated from a marine bacterium, and 

the cryptophycins15 and kahalalide F,16 peptides from algae with anticancer activities.  
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Figure 1.2 Marine drugs approved for clinical use.11 Adcestris (brentuximab 

vedotin), Cytosar-U (cytarabine), Halaven (eribulin mesylate), and Yondelis 

(trabectedin) are used to treat cancer; Carragelose and Vira-A (vidarabine) are used 

as antivirals; Lovaza (eicosapentanoic and docasahexanoic acid) is used to treat 

hyperglyceridemia; and Prialt (ziconotide) is used for severe and chronic pain. 
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1.2 Microalgal Taxonomy and Classification 

Microalgae are microscopic eukaryotes which can be autotrophic, heterotrophic, or 

mixotrophic in nature.17 Autotrophic microalgae require light, CO2, and basic 

inorganic nutrients to produce glucose via photosynthesis.18 The origin of 

photosynthetic cyanobacteria (previously defined as “blue-green algae”) found in 

stromatolites and oncolites, has been dated to approximately 2.7 billion years ago. 

They are believed to be responsible for the oxygen-rich atmosphere we live in today.19 

Microalgae are incredibly diverse due to their evolutionary origins. Primary 

endosymbiotic events – the uptake of a chloroplast plastid from an unknown 

cyanobacterial source – led to the establishment of three clades of eukaryotic 

microalgae; Chlorophytes, Rhodophytes, and Glaucophytes.20 Subsequent secondary 

(and in some cases tertiary) endosymbiotic events – the uptake of a plasmid from a 

Chlorophyte, Rhodophyte, or Glaucophyte – gave rise to further phylogenetic 

diversity, including the Heterokonts, which encompasses diatoms and Ochraphytes 

(Figure 1.3).21 Their morphological diversity has led some taxonomists to declare that 

algae are in fact an artificial taxon. For example, Chlorarachniopyhtes are more closely 

related to Amoebae, as are Chlorophytes to higher plants, than they are to other algae.22 
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Figure 1.3 Taxonomic classification of algal phyla based on plastid acquisition 

through endosymbiosis; primary endosymbiosis (blue), secondary endosymbiosis 

through red lineage (red), secondary/tertiary/sequential endosymbiosis (yellow), 

secondary endosymbiosis through green lineage leading to Ulvophycaea-

Trebuxiophycaea-Chlorophycaea classes (green), secondary endosymbiosis through 

green lineage leading to Parasinophycaea class (light green). Adapted from Heimann 

et al.21 
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Despite the phylogenetic complexity of studying these organisms, five microalgal 

species (and the amoeba Dictyostelium discoideum) are defined as protist model 

organisms.23 Chlamydomonas reinhardtii has been extensively used to study 

photosynthesis, flagellar motility, and cell-cell adhesion.24 The whole genomes of the 

ciliate Stentor coeruleus and the diatom Thalassiosira pseudonana have been 

sequenced and act as models for single-cell regeneration, and silica biomineralization, 

respectively.25,26 Tetrahymena thermophilia is used as a model organism for gene 

expression as it exhibits nuclear dimorphism.27 The ubiquitous phytoplankton, 

Emiliania huxleyi is used to study algal bloom phenomena.28 As such, these 

polyphyletic and diverse organisms play important roles in fundamental research. 

Microalgae are ubiquitous in nature and can be found in freshwater,29 marine,30 

desert,31 and rock habitats.32 Isolates have been found in the extremely saline 

environments of the Great Salt Lake in the USA33 and the Dead Sea in Israel,34 and 

can survive at temperatures ranging from the Mediterranean Sea (>15 ℃) to Antarctic 

snow (as low as -20 ℃).35As they are photosynthetic, in aquatic environments, they 

are rarely found beyond the limits of the photic zone (200-300 m).18 Chlorophytes are 

the most well-studied phylum with species found in both freshwater and marine 

habitats.18 For example, members of the Dunaliella genus are almost exclusively found 

in marine and hyper-saline environments36 whilst Chlamydomonas species are more 

commonly found in soil and freshwater habitats.29 However, there are rare examples 

of microalgae found in unusual niches, such as the Atacama Desert, where a new 

subaerial species of Dunaliella was found growing on spiderwebs in caves.37  

Michael D. Guiry, an accredited phycologist and taxonomist, considers algae to be 

“aquatic, oxygen-evolving photosynthetic autotrophs that are unicellular, colonial, or 

are constructed of filaments...” of which there are an estimated 72,000 species.38 He is 

the founder of AlgaeBase39, a community curated database of algal taxonomy, 

nomenclature, and distribution which currently holds 163,046 entries (as of 31st 

August 2021).39 Classifying microalgae based on traditional or Linnaean taxonomy is 

arduous as many species within a genus are morphologically diverse.40 Microalgae 

comprise a variety of shapes and sizes, with some species using flagella for motility. 

They also differ in the composition of their outer cell walls. Diatoms produce a silicate 

frustule and coccolithophore cells are surrounded by intricate calcium carbonate 
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plates. This makes traditional taxonomic efforts of identifying and classifying 

microalgae difficult. However, cladistic approaches, such as phylogenetic studies, 

have also incurred challenges.41 In bacteria, 16S rRNA gene sequences are used to 

study phylogenetic relationships between species. This gene is well conserved but with 

enough differences in variable regions (due to mutation) to allow genera and species 

to be distinguished.42 No such gene marker exists for comparing microalgae, as they 

are polyphyletic in nature.43 Guo et al., compared potential ‘barcode’ genes for 

classifying diatoms by sequencing 18S rRNA, cytochrome c-oxidase subunit 1 (COI), 

carboxylase/oxygenase large subunit (rbcL), and the universal plastid amplicon (UPA) 

genes.44 Base substitution saturation curves concluded that 18S rRNA and COI are too 

variable to be used in phylogenetic analysis, however UPA is too well conserved 

throughout this clade. They concluded that analysis using rbcL or the internal 

transcribed spacer-2 (ITS-2) region of the 18S rRNA gene alone could only be used to 

distinguish lower taxa, such as classes or families.44 Other studies have shown that 18S 

small-subunit and 28S large-subunit rRNA genes can be used to classify diatoms into 

higher taxa levels (genera, species), however, universal primers are not readily 

available.45,46 

The British island is surrounded by five distinct bodies of water – the Atlantic Ocean, 

North Sea, Celtic Sea, Irish Sea, and the English Channel. The North Atlantic Ocean 

has seen a massive shift in plankton populations and dynamics over the last 60 years 

(1958-2017). For example, dinoflagellate populations in the North Sea and Celtic Sea 

are decreasing which has been correlated with rising sea surface temperatures. 

Conversely, diatom populations have increased over the decades but do not show the 

same correlation to rising sea surface temperatures, suggesting that other factors – such 

as grazing pressure – may have an influence.47 From 1992-2007, weekly water samples 

were collected from the Western English Channel and the phytoplankton community 

was characterised and monitored.48 From this extensive study, 87% of the community 

was dominated by phyto-flagellate species with Phaeocystis spp. alone contributing 

an additional 4% of the community. Diatoms had an average abundance of 5% which 

increased in the summer due to Pseudo-nitzschia blooms whilst Coccolithophores and 

Dinoflagellate populations made up 2% and 3% of the community, respectively.48 

Studies like these are important for ecological and environmental understanding but 
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isolates of individual strains are required for fundamental and applied research. For 

this reason, the Culture Collection of Algae and Protozoa (CCAP) was established in 

2004 at the Scottish Association for Marine Sciences.49 This offered a repository of 

strains that could be purchased for academic and commercial research and has been 

invaluable in the development of the microalgal biotechnology industry in the UK. 

Companies such as Xanthella Ltd., MiAlgae, and Algenuity have used strains from 

this collection in the development of bioreactors, processes, and products using 

microalgae. However, there is still a gap in fundamental knowledge about the chemical 

potential of species already used in industrial practices. For this reason, four species 

of industrially relevant microalgae from British waters were chosen for untargeted 

metabolomics investigations. Dunaliella primolecta (Gross, 1936) is a Chlorophyte 

which contains chlorophyll a and b, and are the ancestors of land plants.22 Although 

predominantly a freshwater phylum, the genus Dunaliella is most commonly found in 

marine environments.50 They are biflagellate algae that lack a cell wall and can alter 

their pigment profile to change colour under certain environmental conditions. 

Porphyridium cruentum belongs to the Rhodophyte phylum that is defined by the 

presence of chlorophyll a and c, as well as phycobilins and phycobilisomes.51 They 

are non-motile and often form aggregates or adhere to surfaces by producing 

exopolysaccharides.52 Nannochloropsis oculata (Droop, 1953)53 belongs to the 

Ochrophyta phylum which arose from the incorporation of a rhodophyte plastid into 

the genome. This genus is non-motile and only contains chlorophyll a but can build 

up high concentrations of other pigments required for photosynthesis. Finally, 

Phaeodactylum tricornutum (De Martino and Ten-Hage 2003) belongs to the diatom 

clade which also evolved from a rhodophyte plasmid.54 Diatoms are encapsulated by 

a hard frustule made of silica. Phaeodactylum is unusual in that it can exist in three 

different morphotypes; fusiform, oval, and triradiate and can survive without 

synthesising its silicified frustule.55 The importance of these genera in the 

biotechnology industry will be discussed in section 1.4. 

 

1.3 Culturing Microalgae 

In nature, microalgae co-exist with bacterial communities forming a symbiotic 

relationship that provides organic carbon for bacteria and remineralisation of nitrogen 
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and phosphorous for microalgae.56 A survey of 326 algae showed that 52% of strains 

required bacterial symbionts to provide vitamin B12 for growth.57 However, even after 

supplementing culture media with vitamin B12 and available nutrients, some 

microalgal cultures could not survive without their bacterial counterparts. This makes 

obtaining axenic cultures of microalgae difficult and time intensive, requiring 

techniques such as fluorescence-activated cell sorting (FACS), micropicking, or raman 

spectroscopy.58 Advancements in microscopy and molecular tools has facilitated the 

establishment of international culture collections such as those at the Scottish 

Association for Marine Sciences, Marburg, and Gӧttingen university, each with over 

1,500 strains. The availability of these axenic (or almost axenic) strains is therefore 

beneficial to the scientific community.  

Once a suitable culture and medium has been obtained, there are several factors to 

consider when monitoring the growth of microalgal cultures. Microalgal growth can 

be monitored using cell counts, optical density, dry weight, and chlorophyll content.59 

The most accurate method is cell counting using a haemocytometer which is used to 

calculate the concentration of cells per volume of culture.59 However, this method can 

only be used for single-celled microalgal species. For motile species, fixation of cells 

can be achieved using formaldehyde, propidium iodide, or Lugol’s iodine.59 To 

achieve >90% accuracy, it has been shown that at least 300 cells should be counted 

within each chamber.60 This method can be time consuming due to the requirement for 

replicate measurements. For this reason, optical density has been shown to track 

relative densities of cultures using an absorbance at specific wavelengths between 600-

750 nm.61 Optical density is most commonly measured at 750 nm as pigments do not 

absorb in this region of the spectrum. Measuring chlorophyll a (680 nm) or b (650 nm) 

has also been used as a proxy for growth.61 A linear relationship exists between 

absorbance and cell concentration and although this varies by species, it is simple to 

define through a calibration curve.60 It should be noted that this method is not suitable 

for cultures that tend to clump.62 Dry weight or ash-free dry weight measurements 

requires larger aliquots of sample to be removed and collected from liquid culture 

through filtration or centrifugation. Since marine species require salts in their medium, 

ash free dry weight is preferred as the salts are subtracted from the overall biomass 

after being ashed in a furnace.63 According to Moheimani et al. ash free dry weight is 
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the most reliable method of biomass determination.60 Flow cytometry is another 

method that is less commonly used to measure cell concentrations. Again, it is only 

suitable for single cells, however it is an automated and well established method that 

decreases the risk of gross error.64 It also gives additional information such as 

fluorescence yields and fatty acid composition, which is particularly useful in biofuel 

research.65 

Another important consideration in culturing microalgae is the scale and technology 

required to grow cultures efficiently. Large scale aquaculture of microalgae is 

desirable to produce sufficient biomass for nutraceuticals, feedstock, and biofuel 

industries.66 This is achieved using open or closed systems, and natural or artificial 

light sources. Open systems, such as ponds and raceways (Figure ), leave cultures 

exposed to the outside environment which imposes a risk of contamination. Attempts 

to reduce environmental contamination involve growing cultures under extreme 

conditions. BASF is the world leader in the production of natural β-carotene from 

Dunaliella salina67 and they have found that optimum β-carotene content is achieved 

in hypersaline (>27% W/V NaCl) and nitrogen-limiting conditions.68 The 

cyanobacteria, Arthrospira spp. are commercially cultivated in a highly alkaline 

medium (up to 16 g/L sodium bicarbonate) for this same reason.69 Open pond systems 

are much cheaper to run but cannot be finely tuned. Temperature fluctuates seasonally 

with the weather but also daily with diurnal rhythms and evaporation also affects 

culture volumes and may concentrate media components to an undesirable or toxic 

level during periods of intense sunlight.70 Mixing of cultures is also very important to 

ensure cultures do not settle on the pond bottom and become hypoxic, and to facilitate 

consistent illumination of cells.71 
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Figure 1.4 Production ponds in Hainan Province, China, containing Arthrospira 

(Spirulina) cultures.67 
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The need to control culturing conditions inspired the design of several types of closed 

systems, or photobioreactors, including vertical, horizontal tubular and flat panel 

(Figure 1.5), each with their advantages and drawbacks.71 Mixing is also vitally 

important in closed systems to ensure consistent illumination of all cells, adequate gas 

exchange, and to prevent clumping or biofilm formation.70 Mixing can be achieved by 

mechanical agitators or through sparging. Temperature and light parameters are 

usually maintained using a series of probes connected to a control module. Whilst the 

advantages of closed photobioreactors include no external contamination, finely 

controlled conditions, and batch-to-batch consistency;72 open raceway ponds are by 

far the most common method of culturing microalgae on an industrial scale. It is 

actually more economically viable to grow microalgae in closed systems as they do 

not require as much land area but does require a large initial investment and technology 

to establish. In a financial assessment carried out by Richardson et al. in 2013, it was 

estimated that the total cost of crude bio-oil production was US$109 per gallon in open 

raceway ponds and US$77 per gallon in a photobioreactor.73 
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Figure 1.5 Types of photobioreactors (A) vertical/column, (B) horizontal tubular, 

and (C) panel. Adapted from Murphy, et al. 74 
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1.4 Applications of Microalgae and Their Natural Products 

Microalgal biomass and their extracted metabolites have a plethora of applications, 

including nutraceuticals,75 biofuels,76 and biomedicine.77 Microalgal biomass is high 

in nutritional value and is commonly used in aquaculture, particularly for the farming 

of bivalve molluscs such as clams, oysters, and scallops, and is increasingly becoming 

known as a “super food” for human nutrition.78,79 For example, the product Spirulina 

is made from two species of Arthrospira; A. platensis, and A. maxima which have a 

protein content as high as 60-70% whole cell dry weight.80 Additionally, 

approximately 90% of its total fatty acid content is comprised of γ-linolenic, linoleic, 

and palmitic acid which have been reported to have prophylactic activity against 

diabetes, cardiovascular disease, and some cancers.81,80 Dried Chlorella spp. biomass 

is also available as a health supplement as Chlorella spp. are rich in protein (53%) and 

carbohydrates (23%) and exhibit antimicrobial and antioxidative properties due to 

their high fatty acid and carotenoid concentrations.82 A number of species are also used 

in aquaculture feeds. These include Arthrospira spp., Chlorella spp., Tetraselmis spp., 

and Isochrysis galbana. Tetraselmis spp. have a high arginine content whilst Isochrysis 

galbana offers a rich carbohydrate source.78 

Another critical application of microalgal biomass and metabolites is in the production 

of biofuels. Fossil fuels are the leading contributor to greenhouse gases, with 288 

megatonnes of CO2 emitted in the UK in 2017.83 In order to move away from the use 

of fossil fuels, research has focused on the production of biofuels – fuel derived from 

biomass. The first generation of biofuels utilised maize and sugarcane, however this 

move was met with controversy, as arable land was being utilised for bioethanol 

production rather than for food security.84 Second generation biofuels intended to use 

non-food crops, whole plant matter, and forest harvesting residues, however the 

advancement of technology to allow commercial exploitation of these resources has 

been slow.85 Third generation biofuels exclusively focuses on the extraction of algal 

biomass.86 Transesterification of triacylglycerides to fatty acid methyl esters, followed 

by a cleavage step, produces biodiesel and glycerol.87 Lipid content within microalgal 

cells depends on the species and culturing methods and ranges from 16-77% dry cell 

weight.88 Since microalgae require minimal nutrient input, aquaculture farms can be 

built on non-arable land, reducing pressure on agriculture.70 Large-scale production of 
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microalgae for biofuel is a great model for economic sustainability as waste water from 

distilleries and breweries can be used as a feedstock for the microalgae.66 Additionally, 

166 tonnes of CO2 is fixed per 91 tonnes of biomass produced.88 However, given the 

costs of developing microalgal biofuel plants, and the energy cost required to provide 

light and mixing to these plants, it is still not an economically viable route of producing 

biofuels. This is where biotechnology applications of microalgae could further benefit 

society as coupling the production of biodiesel to the extraction of high-value 

commercial products could significantly reduce the cost of biomass production.66 

  



31 

 

 

 

 

 

Figure 1.6 Examples of bioactive microalgal metabolites and their bioactivities, 

including antioxidant, antitumour, and antimicrobial.89 
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Fortunately, bioactive metabolites are considered high-value products to the 

biotechnology industry and microalgae produce an abundance of metabolites with 

antitumour, antimicrobial, and immunomodulatory activities (Figure 1.6).77  

Antimicrobial 

Antimicrobial activity is a blanket term used to describe inhibitory activity against any 

microorganisms, including bacteria, fungi, and viruses. Microalgal lipids not only have 

a role in biofuels, but also have interesting antimicrobial properties too. A study by 

McGee, et al, screened 80 microalgal extracts against Escherichia coli, Pseudomonas 

aeruginosa, Bacillus subtilis, Enterococcus faecalis, Staphylococcus aureus, and 

Candida albicans. They reported that 27% of extracts had activity against at least one 

pathogen and that lipophilic extracts showed the most activity (66%).90 An additional 

study confirmed this by demonstrating that crude lipophilic extracts from Dunaliella 

spp. had moderate activity against clinically relevant strains of Escherichia coli and 

Pseudomonas aeruginosa, which they attributed to fatty acids such as eicosapentanoic 

acid (8) and palmitoleic acid (9).29 Polysaccharides, in particular highly sulphated 

polysaccharides, have also been shown to have antimicrobial properties. 

Exopolysaccharides from Porphyridium cruentum have been reported to have antiviral 

activity against the Herpes Simplex virus,91 Hepatitis B,92 and Vesicular Stomatitis 

virus.93 

Immunomodulatory 

Carotenoids, polyphenols, and polyunsaturated fatty acids produced by microalgae 

have great benefits to human health that include antioxidant, anti-inflammatory, and 

immunomodulatory activities.89 Dunaliella spp. are prolific producers of β-carotene 

(5) (Figure 1.7), comprising up to 14% of dry weight.36 β-carotene is a provitamin of 

vitamin A which plays an important role in strengthening the immune system and 

retaining good vision.94 Other carotenoids such as astaxanthin (6) and zeaxanthin (7) 

act as powerful anti-oxidant and anti-inflammatory agents.82 The protective properties 

of carotenoids, such as β-carotene and lutein, have been shown to prevent the onset of 

degenerative diseases like atherosclerosis, multiple sclerosis, and cognitive disability 

associated with Alzheimer’s disease.34 The marine derived drug Lovaza, which 

comprises eicosapentanoic and docasahexanoic acid (both found in high abundance in 
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microalgae), is used to protect against primary and secondary cardiovascular disease 

by reducing triglycerides and modulating cardiac ion channels.95 A number of 

digalactosyldiacylglycerols and monogalactosyl analogues from Nannochloropsis 

granulata also exhibited strong immunomodulatory activity by inhibiting LPS-

induced nitric oxide production in macrophage cells (RAW264.7).96 

Anticancer 

Pigments from microalgae have also been shown to exhibit antitumour effects, 

alongside polysaccharides and peptides.89 Fucoxanthin and lycopene extracted from 

Chlorella ellipsoidea and C. vulgaris inhibit growth of colon and prostate cancer, as 

well as stimulating apoptosis in other cancer cell lines.30,31 Fucoxanthin is commonly 

found in macro- and micro-algae, with the diatom Phaeodactylum tricornutum 

reported to produce tenfold more fucoxanthin than macroalgae.97 Another metabolite 

extracted from P. tricornutum, nonyl 8-aetoxy-6-methyloctanoate was also reported to 

have anticancer activity against human leukaemia (HL-60), lung carcinoma (A549), 

and mouse melanoma (B16F10) cell lines.98 The depsipeptide dolastatin 10, produced 

by Symploca and Lyngbya species, made it to Phase II clinical trials as an anticancer 

agent in the 1990s. Unfortunately, dolastatin 10 treatment resulted in peripheral 

neuropathy in 40% of trial patients and it was discontinued.99 However, a synthetic 

derivative of another depsipeptide, dolastatin 15, has successfully completed Phase I 

and Phase II clinical trials for the treatment of advanced stage metastatic melanoma.100 
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Figure1.7 Chemical structures of eicosapentanoic acid (5), palmitoleic acid (6), β-

carotene (7), astaxanthin (8), and zeaxanthin (9). 
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1.5 The Role of Stress in Stimulating Production of Natural Products 

Investigation into microbial genomes often shows an inconsistency between the 

number of metabolites described by an organism and the number of biosynthetic gene 

clusters that encode the production of specialised metabolites.101 It is widely believed 

that this is because most medically relevant metabolites are secondary metabolites and 

therefore only produced in response to biotic and abiotic pressures (i.e. they are not 

produced under standard laboratory culture conditions).102 In bacteria, their chemical 

potential can be explored through genome mining using tools such as anti-SMASH 

(Antibiotics and Secondary Metabolites Analysis SHell),103 and PRISM (PRediction 

Informatics for Secondary Metabolites).104 Unfortunately, due to the size and 

complexity of microalgal genomes, genome mining of microalgae is a difficult and 

arduous process (discussed in more detail in chapter 4).105 As a result, unlocking the 

chemical potential of microalgae has largely been achieved through the elicitation of 

metabolites. The One Strain MAny Compound (OSMAC) approach102 is one such 

method of chemical elicitation and it has been proven that small changes in growth 

conditions can lead to the production of specialised metabolites that would otherwise 

remain undiscovered.102 For marine organisms, abiotic stresses such as nutrient levels, 

salinity, temperature, and pH have led to the discovery of new metabolites.101 

The supply of nutrients and the stress caused by nutrient starvation can greatly affect 

the growth and metabolic capacity of microalgae.106,107 In the most general of terms, 

microalgae require carbon, hydrogen, oxygen, nitrogen, and phosphorous. Diatoms 

also require silicon for their cell wall structure.18 There are multiple studies showing 

the effect of nitrogen starvation, or use of alternative nitrogen sources, and their impact 

on metabolite production. For example, when Parietochloris incisa cultures were 

grown in nitrogen depleted BG-11 medium, arachidonic acid reached a level of 47% 

of total fatty acid content and this was extended to 60% when coupled with low light 

intensity (35 µmol/photons/m2/s).108 Converti et al., also recorded a twofold and 

threefold increase in lipid content in Nannochloropsis oculata and Chlorella vulgaris, 

respectively, under nitrogen limiting (75% reduction) conditions.109 Nitrogen 

starvation had a similar effect on carbohydrate production, with a fourfold increase 

recorded for Tetraselmis subcordiformis.110 Phosphate, another important 

macronutrient for microalgal growth and development, has also been shown to 
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influence lipid composition. In a study by Khozin-Goldberg and Cohen, the total 

cellular lipid content increased in phosphate starved Monodus subterraneus cultures, 

however the target polyunsaturated fatty acid, eicosapentanoic acid, decreased by 

13%.111 

Trace nutrients, particularly metals, are important co-factors for photosynthesis as they 

facilitate efficient electron transport between metalloproteins.112 The production of the 

commercially valuable carotenoid astaxanthin is increased (11-13 pg/cell) upon iron 

(Fe3+) starvation in Haematococcus pluvialis cultures,113 whilst supplementation of 

media with 1.2x10-5 mol/L FeCl3 resulted in total lipid content increasing to 56.6% dry 

weight.114 Introduction of copper or zinc increased the production of the neurotoxin 

domoic acid in Pseudo-nitzschia australis, whilst selenium and magnesium were 

attributed to a 58% rise in gymnodimine production in Karenia selliformis cultures.115 

The link between trace metal supplementation and the production of toxins by common 

bloom-forming microalgae may be important in predicting the onset of harmful algal 

blooms.116 Vitamins are another important micronutrient for microalgae as they offer 

photoprotection and aid electron transport chains in the chloroplast.117 Vitamins, or 

precursors thereof, are often supplied via symbiotic bacteria, however there are 

examples of microalgae synthesising some vitamins de novo.118 Vitamin E (α-

tocopherol) is readily produced by the microalgae Dunaliella tertiolecta and 

Tetraselmis suecica.119 Furthermore, production is increased up to 2325.8±39 μg/g dry 

weight in Nannochloropsis oculata grown under nitrate limiting conditions.120 

Vitamin C (ascorbic acid) is also produced by a number of microalgae – including 

Dunaliella tertiolecta and Nannochloropsis oculata – in femtogram quantities.121 Not 

only does photosynthesis require micronutrients such as metals and vitamins, it is also 

a temperature-dependent process in microalgae with optimum temperatures changing 

amongst freshwater and marine species. Sub-optimal temperature reduces RuBP 

carboxylase activity122 but studies by Maxwell et al. demonstrated that Chlorella 

vulgaris adapted to being grown at 5 ℃ by lowering their chlorophyll content to offset 

the energy required.123 Conversely, a 20% increase in the quantity of chloroplasts was 

observed for Dunaliella salina cultures that were chilled from 30 ℃ to 12 ℃. This 

drop in temperature caused an increase in unsaturated fatty acids and digalactosyl 

diglycerides.124 Converti et al. reported that lipid content of Nannochloropsis oculata 
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doubled to 14.9% when temperature was increased from 20 ℃ to 25 ℃.109 In that same 

study, the opposite effect was observed for Chlorella sorokiniana, with lipid content 

dropping from 14.7% to 5.9% when temperature was increased from 25 ℃ to 30 ℃.109 

Salinity levels can have a marked effect on carotenoid production of marine 

microalgae, but this varies remarkably amongst species. The accumulation of β-

carotene in Dunaliella salina increases up to 10% dry weight under high saline 

conditions, and can tolerate up to 5.5 M salt concentration.50 There is, however, an 

overall trend that halotolerant species can produce higher levels of carotenoids, namely 

β-carotene and astaxanthin, under high salinity levels as shown in Nannochloropsis 

sp. and Tetraselmis sp.125 Gradual increase in the salinity of Chaetoceros muelleri saw 

the strain become halotolerant up to 45 ppt saline, coupled with increased production 

of fucoxanthin to 2.92 mg/g ash free dry weight.126 A similar study using freshwater 

Chlorella vulgaris reported that lipid productivity of the strain doubled in saline 

conditions compared with freshwater conditions.127 There are also a number of cases 

where salt stress is used to switch microalgal biosynthesis from starch to lipids. Kato 

et al. used heavy ion beam-coupled mutagenesis on Chlamydomonas sp. JSC4 cells to 

generate halotolerant mutants. Interestingly, they did not observe the shift in 

biosynthesis towards lipids as expected, suggesting that it is salt stress rather than 

simply the presence of salt which causes the change in biosynthesis.128 

1.6 Elicitation of Metabolites from Microalgae Using Light 

As previously mentioned, the production and abundance of high-value metabolites 

from microalgae can be impacted by the conditions used for cultivation. Light and CO2 

are the most basic requirements for photosynthetic organisms. Whilst natural light is 

often used in open-pond systems (discussed in section 1.3), the fluctuation in intensity 

and photoperiod can greatly affect cell metabolism.70 To achieve consistency, artificial 

light sources are often used, usually in the form of light emitting diodes (LED). It is 

important to supply energy in a form that is available to the algal cells and this depends 

on the ability of their accessory pigments to absorb light at different wavelengths 

(Figure 1.8).129 This is known as Photosynthetically Active Radiation (PAR) and 

covers the range of 400-700 nm. Chlorophytes contain both chlorophyll a and b, as 

well as zeaxanthins, whereas Rhodophytes primarily absorb green and yellow light 

(500-650 nm) through phycocyanin and phycoerythrin.18 
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Figure 1.8 Absorption spectra of algal accessory pigments across the visible light 

spectrum, illustrating the peak absorbance ranges for chlorophyll a (teal), chlorophyll 

b (green), carotenoids (orange), phycoerythrin (red), and phycocyanin (blue).129 
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The intensity and photoperiod of light has been shown to have considerable impact on 

growth and productivity of microalgae.17 High light intensity or extended periods of 

illumination can cause photooxidative stress and damage the photosystems within 

chloroplasts.108 Light intensity is directly proportional to the rate of photosynthesis, up 

to a saturation limit, as the supply of photons is responsible for ATP (adenosine 

triphosphate) and NADPH (reduced nicotinamide adenine dinucleotide phosphate) 

generation. Yeesang and Cheirslip studied the relationship between light intensity and 

nitrogen levels on Botryococcus strains. They found that maximum lipid content was 

achieved when strains were grown under a combination of high light intensity and 

nitrogen-deficient conditions.130 In another case, high light intensity (400 µmol 

photons/m2/s) alone was responsible for maximum total fatty acid content in cultures 

of Parietochloris incisa. However, when looking at the commercially valuable fatty 

acid, arachidonic acid, optimum production (60% total fatty acid content) occurred 

when P. incisa was grown under nitrogen-deficient conditions coupled with low light 

intensity (35 µmol photons/m2/s).108  

With advancements in LED technology and photobioreactor design, researchers have 

also been able to study the effect of wavelength ranges on growth and metabolite 

production, similar to studies on plants.131 Xu and Harvey reported that although cell 

density remained the same when Dunaliella salina was grown under white, blue, red, 

or a mixture of red and blue; the total carotenoid and total chlorophyll content greatly 

differed. Chlorophyll content reached a maximum 5 pg/cell when illuminated with 

blue LED lights, however total carotenoid production increased from 30 to 40 pg/cell 

when grown under red illumination compared to white light.132 Madhyastha et al. 

reported that cultivation of Arthrospira spp.  under blue light increased the antioxidant 

activity of metabolite extracts.133 Astaxanthin, the commercially important carotenoid 

produced by Haematococcus pluvialis, doubled in concentration when grown under 

blue light (450 nm) compared to red light (630 nm) reaching a maximum of 17 mg/L 

culture.134 Although carotenoid production is greatly impacted by wavelength of light, 

this may be species or strain specific. McGee, et al., reported a tenfold increase in 

zeaxanthin production by Rhodella sp. under high-intensity blue light, whilst medium-

intensity blue and green light was required to elicit the same response from the 

Chlorophyte Brachiomonas submarina.135  
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Research into narrowband wavelengths led to the discovery that 405 nm light has 

bactericidal effects against a range of Gram-positive and Gram-negative bacteria.136 

This could be useful for microalgal culturing as bacterial communities often co-exist 

with microalgal cultures (as discussed in section 1.2), however they grow much faster 

and can out-compete the microalgal cultures for nutrients. It is hypothesised that 

cultivating microalgae under 405 nm illumination would keep bacterial cell counts at 

a minimum without affecting the growth of the eukaryotic microalgae. It has been 

shown that culturing Nannochloropsis oculata and Tetraselmis chuii under LEDs 

emitting 390-450 nm increased nutrient uptake and protein production compared to 

white light, and a combination of blue and red (630-690 nm) increased carbon fixation 

and carbohydrate production.137 Therefore, narrowband 405 nm light could be 

beneficial in industry for improving microalgal growth whilst simultaneously reducing 

bacterial contaminants. 

Although unrelated to the elicitation of metabolites, the naturally fluorescent 

properties of microalgae can be used to monitor their health and photosynthetic 

efficiency. This property can be used to measure the cell’s response to stress. Auto-

fluorescence is caused by the opening and closing of reaction centres in the 

photosystem, which is located in the chloroplast of the cell. There are two main stages 

to photosynthesis, the light phase and the dark phase which take place in photosystem 

II and photosystem I, respectively. The light phase reactions in photosystem II are first 

in the sequence and involves the absorption of a photon of light and the release of an 

electron into a redox cascade known as the z-scheme. This process is coupled with the 

conversion of water to molecular oxygen (Figure 1.9).138 When the reaction centres 

of photosystem II are open, they can receive an electron which will then undergo 

charge separation to produce molecular oxygen. When the reaction centres are closed, 

electrons must dissipate their energy in a non-photosynthetic process, an example of 

which is fluorescence.139 In fluorescence, the electron is given energy by an excitation 

wavelength (λA ) and elevated to an excited state. After a short time, that energy will 

be released as an emission wavelength (λB) and heat to return the electron to the ground 

state. The emission wavelength can be measured using Fast Repetition Rate 

fluorometry and can give useful information about the physiological health and 

photosynthetic productivity of the organism.140 This technique has primarily been used 
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to study environmental samples to determine the overall health of the populations,141 

study changes caused by climate change,142 and monitoring of harmful blooms.143 

However, it can also be used to study laboratory cultures and has been shown to give 

insight into how various abiotic stresses affect the health and productivity of 

photosystem II. Yang et al. investigated the relationship between net photosynthetic 

rate and irradiance for three marine microalgal species: Dunaliella salina, Isochrysis 

galbana, and Platymonas subcordiformis. They observed that whilst net 

photosynthesis increased gradually with intensity for I. galbana, this relationship is 

steeply linear for both D. salina and P. subcordiformis.144 This demonstrates that each 

species has a varying relationship between photosynthetic productivity and the 

intensity of light irradiance and may be important for understanding algal dynamics in 

the environment. 
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Figure 1.9 Diagram of the light reactions in photosystem II.138 Membrane-bound 

enzymes create a chemical gradient enabling the transport of protons (H+) from the 

stroma to the lumen. These protons are used by ATP synthase which drives the 

phosphorylation of adenosine diphosphate (ADP) to produce ATP.  
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1.7 Metabolomics 

Traditionally, the discovery of new natural products was achieved through Nuclear 

Magnetic Resonance (NMR) spectroscopy- or bioassay-guided isolation before 

structure elucidation and identification of the metabolite could be confirmed.145 This 

workflow required the use of expensive instrumentation (such as NMR and HPLC) 

and could often be a lengthy process as bioassays were performed by external 

collaborators. The advent of screening programmes such as the National Cancer 

Institute’s 60 Human Tumour Cell Line Anticancer Screen (NCI60)146 and Medicines 

for Malaria Venture (MMV)147 in the 1980s and 1990s created streamlined bioassay 

screens to assist in the discovery of bioactive metabolites. The NCI60 screening 

programme led to the discovery of halichondrin B, a polyether macrolide isolated from 

the sponge Halichondria okadai.148 This marine natural product was chemically 

modified to give the drug eribulin (marketed as Halaven) which is used to treat 

metastatic breast cancer.148 These programmes greatly facilitated in the discovery of 

bioactive metabolites. Yet, as more natural products were being characterised, 

chemists were faced with the issue of rediscovery. The process from bioactive extract 

to a pure characterised metabolite is long and expensive, requiring multiple rounds of 

purification using HPLC and continued bioassay and NMR target confirmation.149 The 

issue of rediscovery actually led to a large disinvestment in natural products research 

by pharmaceutical industries in the mid-1990s.145 To address this bottleneck, 

dereplication strategies were employed which identified known metabolites from 

convoluted extracts or fractions.150 This can be achieved using NMR and Liquid 

Chromatography Mass Spectrometry (LC-MS) tools and libraries and has rejuvenated 

the field of natural products drug discovery. For example, Shishido et al., screened 62 

extracts from 62 Brazilian cyanobacterial strains for the induction of apoptosis in acute 

myeloid leukaemia cells. Using molecular networking dereplication strategies, they 

identified nine known cyanotoxins as well as molecular family of five unknown 

chlorinated metabolites responsible for anticancer activity in some extracts.151  

The natural products field continued to advance as metabolomics analysis became 

more commonplace. This included using LC-MS or tandem mass spectrometry (LC-

MS/MS) and multivariate statistical analyses to compare crude metabolite extracts.150 

These methods enable dereplication and chemical prioritisation of parents ions of 
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interest (and thus metabolite extracts and fractions) which has further revolutionised 

the field of natural products.152 Molecular networking, achieved through Global 

Natural Products Social (GNPS) ecosystem,153 allows rapid, automated dereplication 

of tandem mass spectral data against a number of public and private libraries and 

produces a visual network of known/unknown fragments and their relatedness to each 

other.153 Networks appear as clusters or molecular families of metabolites which are 

structurally similar based on their MS/MS fragmentation patterns, which act like a 

fingerprint of the molecule. Not only can previously isolated metabolites be identified 

through this platform, but analogues can be putatively identified within the molecular 

families. The potential for the discovery of novel metabolites can be achieved through 

chemical prioritisation of molecular families which are not linked to any known 

metabolites. Luzatto-Knaan et al. used molecular networking to investigate the 

chemical space of cyanobacterial and algal strains from over 300 field collections, 

which generated >15.6 million MS/MS spectra from 2600 extracted metabolite 

fractions. This analysis, which spanned 30 years’ worth of fieldwork, could not be 

achieved manually, and was only made possible through the development of the GNPS 

platform. From this global analysis of marine cyanobacteria and microalgal fractions, 

only 13.7% of metabolites were identified as matches with the GNPS libraries.154 This 

study illustrated that we have only captured “the tip of the iceberg” in terms of natural 

product discovery from cyanobacteria and microalgae. This molecular networking and 

dereplication approach has led to the discovery of several new metabolites from 

cyanobacteria, including yuvalamide A,154 pagoamide A,155 and palstimolide A which 

exhibited strong anti-parasitic activity (IC50 of 223 nM against Plasmodium 

falciparum and 4.67 μM against Leishmania donovani).156  

Unfortunately, the success of platforms such as GNPS relies on community sharing of 

data and public availability of natural product databases and libraries. There are a 

plethora of natural products databases such as MarinLit,157 AntiBase,158 and 

Dictionary of Natural Products.159 However, these databases are hidden behind 

paywalls and dereplication must be done manually. There is no single platform that 

integrates all these libraries. In 2020, the GNPS libraries only contained approximately 

2.5% of known natural products and this did not include any algal databases.160 The 

Natural Products Atlas provides an open access repository of almost 25,000 natural 
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products isolated from microorganisms which has been integrated into the GNPS 

ecosystem and greatly improved the representation of natural products in the GNPS 

libraries.161 Presently, it does not include natural products from eukaryotic microalgae 

and as such, discovery of new metabolites is still impeded by the lack of open access 

databases. 

1.8 Aims and Objectives 

Research into the natural products of microalgae has primarily focused on lipids for 

biofuel production, carotenoids for cosmetics and nutraceuticals, and whole cell 

biomass for human health and aquaculture. However, there is a lack of understanding 

around the chemical space of microalgal metabolites and the role they play in their 

natural environment. Chemical space is a theoretical concept - based on 

physiochemical principles and constraints – of all possible molecular structures that 

could exist.162 It has been evidenced in this chapter that microalgae produce a plethora 

of metabolites, covering several classes of natural products, but many studies have 

targeted specific metabolites or classes.  Therefore, the true extent of their metabolite 

production remains unknown. This thesis aims to give insight into the chemical 

diversity of microalgae, and the impact of natural stress on the production of 

metabolites with specialised functions. It is hypothesised that culturing industrially 

relevant species under varying abiotic stress would elicit the production of previously 

undiscovered metabolites. These metabolites could uncover further applications of 

microalgae with more specialised activities which could benefit antimicrobial drug 

discovery efforts. This effect has been seen for other marine organisms such as bacteria 

and fungi, and biotechnological studies on microalgae has shown increased production 

of high-value metabolites when cultures were grown under varying conditions and 

provided rationale for this body of work.102, 101, 163 This was achieved through the 

following objectives and aims: 

Objective 1: Chemical Characterisation of Microalgal Strains 

Chemical diversity of microalgal metabolites were explored through extraction 

optimisation and comparison of chemical profiles of microalgae from various phyla, 

species, and isolation environments. 

Aim 1: To optimise the extraction of chemically diverse metabolites 
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Aim 2: To compare the metabolite profiles of 36 microalgal strains to understand 

species-specific and shared metabolites 

Objective 2: Quantify Growth and Metabolomic Profiles of Marine Microalgae 

Grown Under Abiotic Stress 

The strains Dunaliella primolecta, Nannochloropsis oculata, and Phaeodactylum 

tricornutum were cultured under high, low, and control concentrations of nitrate, 

salinity, NaCl, and pH. 

Aim 1: To compare the growth characteristics of each strain in response to each stress. 

Aim 2: To investigate the effect of abiotic stress conditions on the elicitation of 

metabolites. 

Objective 3: Investigate the Effect of 405 nm Light on Growth and Metabolite 

Production of Microalgal Strains. 

The strains Dunaliella primolecta, Porphyridium cruentum, Nannochloropsis oculata, 

and Phaeodactylum tricornutum were cultured under either white or 405 nm light only 

in 1 L MicroPharos™ photobioreactors. 

Aim 1: To compare growth characteristics of cultures grown under either white or 405 

nm light only. 

Aim 2: To evaluate the antimicrobial activity of extracts and deconvoluted extract 

fractions resulting from growth under either white or 405 nm light only. 

Aim 3: To investigate the effect of 405 nm light on the production of microalgal 

metabolites compared to a white light control. 
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2. Methods 

  

2.1 Materials 

The following common reagents were supplied from Fisher Scientific Ltd. or Sigma 

Aldrich; sodium chloride, sodium sulfate, potassium chloride, sodium hydrogen 

carbonate, potassium bromide, magnesium chloride hexahydrate, calcium chloride 

dihydrate, sodium nitrate, sodium dihydrogen phosphate monohydrate, sodium 

metasilicate nonahydrate, ferric chloride hexahydrate, disodium 

ethylenediaminetetraacetate dihydrate, manganese chloride tetrahydrate, zinc sulfate 

heptahydrate, cobalt chloride hexahydrate, copper sulfate pentahydrate, sodium 

molybdate dihydrate, thiamine hydrochloride, biotin, cyanocobalamin. 

2.2 Strains  

Strains used in this thesis are detailed in Table 2. 1. This includes strain identifications 

culturing medium, and collection site from which they were isolated. 
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Table 2. 1 List of microalgal strains used including their strain identification and 

collection site. 

Species Strain ID Culture medium Collection site 

Dunaliella 

primolecta 

CCAP 11/34 f/2 (Guillard, 

1975) 

off Plymouth, 

Devon, England, UK 

Nannochloropsis 

oculata 

CCAP 849/1 f/2 (Guillard, 

1975) 

Skate Point, Isle of 

Cumbrae, Scotland, 

UK 

Phaeodactylum 

tricornutum 

CCAP 

1055/15 

f/2 (Guillard, 

1975) 

Blackpool, England, 

UK 

Porphyridium 

cruentum  

UTEX 161 f/2 (Guillard, 

1975) 

Basel, Switzerland 

Tetraselmis apiculata CCAP 66/15 f/2 (Guillard, 

1975) 

Brackish; salt marsh, 

Marine House, 

Lincolnshire, 

England, UK 

Tetraselmis suecica CCAP 66/22A f/2 (Guillard, 

1975) 

Brackish; River 

Alde, Suffolk, 

England, UK 

Tetraselmis tetrathele CCAP 66/1A f/2 (Guillard, 

1975) 

Brackish; salt marsh, 

Brancaster, Norfolk, 

England, UK 

Tetraselmis tetrathele CCAP 66/41 f/2 (Guillard, 

1975) 

Marine; Vancouver 

Island, British 

Columbia, Canada 

Chaetoceros 

calcitrans fo. pumilus 

CCAP 

1010/11 

f/2 (Guillard, 

1975) 

Marine; Urayasu, 

Chiba Prefecture, 

Japan 

Halamphora 

coffeaeformis 

CCAP 1001/2 f/2+Si (Guillard, 

1975) 

Brackish; tidal pool, 

La Jolla, California, 

USA 

Chlorocystis salina CCAP 233/1 f/2 (Guillard, 

1975) 

Marine; Ulva culture 

from Soulac, France 

Eustigmatos vischeri CCAP 860/7 3N-BBM+V 

(Aghajanian 

1979) 

Soil; Brixen, Austria 

Chlorella vulgaris CCAP 

211/21A 

f/2 (Guillard, 

1975) 

Brackish; River 

Crouch, Althorne, 

Essex, England, UK 

Pavlova gyrans CCAP 940/1C f/2 (Guillard, 

1975) 

Marine; Cardigan 

Bay, Wales, UK 

Chrysotila carterae CCAP 944/6 f/2 (Guillard, 

1975) 

Marine; Station L2, 

English Channel 

Chrysotila carterae CCAP 961/5 f/2 (Guillard, 

1975) 

Marine; Port Erin, 

Isle of Man, British 

Isles 
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Tisochrysis lutea CCAP 927/19 f/2 (Guillard, 

1975) 

Marine; Tahiti, 

Society Islands, 

Navicula sp. CCAP 

1050/13 

f/2+Si (Guillard, 

1975) 

Marine; Porcupine 

Abyssal Plain, North 

Atlantic 

Nannochloropsis 

oculata 

CCAP 849/1 f/2 (Guillard, 

1975) 

Marine; Skate Point, 

Isle of Cumbrae, 

Scotland, UK 

Cyclotella cryptica CCAP 1070/2 f/2+Si (Guillard, 

1975) 

Brackish; West 

Tisbury, Great Pond, 

Martha's Vineyard, 

Massachusetts, USA 

Tetraselmis chui CCAP 66/21A f/2 (Guillard, 

1975) 

No record 

Diacronema lutheri CCAP 931/7 f/2 (Guillard, 

1975) 

Marine; pools, nr. 

pier, Millport, Isle of 

Cumbrae, Scotland, 

UK 

Isochrysis galbana CCAP 927/1 f/2 (Guillard, 

1975) 

Marine; fishpond, 

Port Erin Marine 

Station, Isle of Man, 

British Isles 

Rhodella violacea CCAP 1388/6 f/2 (Guillard, 

1975) 

Slightly brackish; 

öland Island, Baltic 

Sea, Sweden 

Diacronema lutheri CCAP 931/6 f/2 (Guillard, 

1975) 

Marine; pools, nr. 

pier, Millport, Isle of 

Cumbrae, Scotland, 

UK 

Diacronema 

vlkianum 

CCAP 914/1 f/2 (Guillard, 

1975) 

Marine; sea water, 

Ryde, Isle of Wight, 

England, UK 

Chrysotila carterae CCAP 961/1 f/2 (Guillard, 

1975) 

Marine; off 

Plymouth, Devon, 

England, UK 

Chrysotila carterae CCAP 961/8 f/2 (Guillard, 

1975) 

Brackish pool, 

Dunstaffnage Castle, 

Oban, UK 

Chrysotila carterae CCAP 961/2 f/2 (Guillard, 

1975) 

Marine; Station L2, 

English Channel 

Prymnesium parvum CCAP 941/1A f/2 (Guillard, 

1975) 

Brackish; River 

Stour, Manningtree, 

Essex, England, UK 

Prymnesium parvum CCAP 946/6 f/2 (Guillard, 

1975) 

Marine; pool, nr. 

Pier, Millport, Isle of 

Cumbrae, Scotland, 

UK 
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Prymnesium parvum CCAP 941/6 f/2 (Guillard, 

1975) 

Brackish; River 

Stour, Manningtree, 

Essex, England, UK 

Dunaliella tertiolecta CCAP 19/6B f/2 (Guillard, 

1975) 

Brackish; Oslo 

Fjord, Norway 

Nannochloropsis 

oceanica 

CCAP 849/10 f/2 (Guillard, 

1975) 

Marine;  

Dunaliella tertiolecta CCAP 19/7C f/2 (Guillard, 

1975) 

Brackish; River 

Crouch, Essex, 

England, UK 

Dunaliella tertiolecta CCAP 19/22 2ASW (Kester, 

1967) 

Marine 

Dunaliella tertiolecta CCAP 19/23 2ASW (Kester, 

1967) 

Marine 

Chlamydomonas 

reginae 

CCAP 11/78 f/2 (Guillard, 

1975) 

Marine; Per Haridy, 

Roscoff, France 

Chlamydomonas 

plethora 

CCAP 11/86B Seawater Nutrient 

Agar (SNA) 

Brackish; Butley 

River, Aldeburgh, 

Suffolk, England, 

UK 

Nannochloropsis 

oculata 

CCAP 849/7 SNA Marine; Lake of 

Tunis, Tunisia 
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2.3 Media 

For all in-house culturing, f/2 (Guillard, 1975) in a modified version of Aquil synthetic 

seawater59 was used (Table 2. 2)Table 2. 2 List of reagents and final concentrations 

used to make f/2 in Aquil medium.. NaNO3 and NaH2PO4.H2O stocks were autoclaved 

at 121 ℃ for 15 mins. Trace metal and vitamin stock solutions were filter sterilised 

through 0.22 μm filter. The medium did not contain a buffer but pH was adjusted 

throughout experiments to maintain pH 7.6-7.8. 
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Table 2. 2 List of reagents and final concentrations used to make f/2 in Aquil 

medium. 

Media component Final concentration (M) in 1 L  

NaNO3 8.82x10-4 

NaH2PO4.H2O 3.62x10-5 

Trace Metal Solution  

FeCl3.6H2O 1.17x10-5 

Na2EDTA.2H2O 1.17x10-5 

MnCl2.4H2O 9.10x10-7 

ZnSO4.7H2O 7.62x10-8 

CoCl2.6H2O 4.20x10-8 

CuSO4.5H2O 3.93x10-8 

Na2MoO4.2H2O 2.60x10-8 

Vitamin Solution  

Thiamine HCl (vitamin B1) 2.96x10-7 

Biotin (vitamin H) 2.05x10-9 

Cyanocobalamin (vitamin B12) 3.69x10-10 

Modified Aquil Synthetic Seawater  

NaCl 4.20x10-1 

Na2SO4 2.88x10-2 

KCl 9.39x10-3 

NaHCO3 5.95x10-3 

KBr 8.40x10-4 

MgCl2.6H2O 5.46x10-2 

CaCl2.6H2O 6.38x10-5 
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2.4 Stock Cultures 

Strain stocks were maintained as 250 mL static cultures in f/2 enriched modified Aquil 

synthetic seawater with a 12-hour light, 12-hour dark cycle at 75 μmol/m2/s and 20 ℃ 

in a Panasonic MIR-154-PE incubator. Media was replenished every month by 

removing 100 mL of culture and replacing with 100 mL fresh media. Cultures were 

manually agitated regularly to allow airflow and prevent biofilm formation. 

2.5 Microscopy 

Cells were suspended in 40% glycerol in modified Aquil synthetic seawater and a 10 

μL aliquot was placed onto a glass slide and a cover slip was placed on top. Cells were 

visualised using a TE2000-S inverted phase contrast microscope (Nikon) at x400 

magnification. Images were acquired using a Hamamatsu C4742-95 camera at a 0.32 

μm/pixel scale and processed using the Image J.164 

2.6 Growth Calibration Curves 

The following 1 mL dilutions of stock cultures in distilled water were prepared in 

triplicate in Eppendorf tubes: 10:0, 9:1, 8:2, 7:2, 6:4, 5:5, 4:6, 3:7, 2:8, 1:9. The optical 

density at 600 nm (Eppendorf Biophotometer 6131) was recorded for each set of 

replicates. Cell concentration for each replicate was determined by adding a 10 μL 

aliquot to a Marienfeld Neubauer improved bright light haemocytometer and 

visualising under Olympius CH20 light microscope at x40 magnification. The average 

cell concentration (cells/mL) for each triplicate was plotted against the average 

absorbance at 600 nm. The standard deviation between replicates of cell concentration 

(horizontal error bars) and optical density at 600 nm (vertical error bars) are 

represented on each graph. 

2.7 Growth Analysis 

Cultures of Dunaliella primolecta CCAP 11/34, Nannochloropsis oculata CCAP 

849/1, Phaeodactylum tricornutum CCAP 1055/15, and Porphyridium cruentum 

UTEX 161 were prepared in triplicate and maintained under stock culture conditions 

(2.4 Stock Cultures). Growth was monitored by removing a 1 mL aliquot which was 

used to measure the optical density 600 nm and cell counts as above (2.6 Growth 

Calibration Curves).  
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Semi-log plots of raw growth data (cell counts or optical density at 600 nm) were used 

to determine start and end points for specific growth rate analysis. One-way ANOVA 

analysis was performed on specific growth rates using Origin 2021 software. 

2.8 Phylogenetic Analysis 

18S rRNA gene sequences were retrieved from the European Nucleotide Archive 

(Table 2. 3) and aligned using Multiple Sequence Comparison by Log-Expectation 

(MUSCLE).165 Alignments were filtered to remove gaps caused by partial sequence 

data. A nearest neighbour-joining phylogenetic tree was constructed using the Tamura-

Nei method166 (1000 bootstraps) in Mega 7 (v.7.0.26).167 
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Table 2. 3 The strain codes, species names, and accession numbers of strains used in 

phylogenetic analysis. 

CCAP Code Species Accession Number 
66/15 Tetraselmis apiculata KJ756817 
66/22A Tetraselmis suecica FJ559377 
66/1A Tetraselmis tetrathele MN720749 
66/41 Tetraselmis tetrathele MN721295 

1010/11 Chaetoceros calcitrans fo. pumilus EU240880 

1001/2 Halamphora coffeaeformis FR865481 
233/1 Chlorocystis salina FR865693 
860/7 Eustigmatos vischeri KJ713283 
211/21A Chlorella vulgaris KJ756823 
940/1C Pavlova gyrans FR865772 
944/6 Chrysotila carterae MN727054 
961/5 Chrysotila carterae MN727061 
927/19 Tisochrysis lutea MN723153 
1050/13 Navicula sp. MN722636 

849/1 Nannochloropsis oculata KJ756827 
1070/2 Cyclotella cryptica AY485499 
66/21A Tetraselmis chui MN723167 
931/7 Diacronema lutheri MG022753 
927/1 Isochrysis galbana KC888106 
931/6 Diacronema lutheri MN723476 
914/1 Diacronema vlkianum FR865765  
961/1 Chrysotila carterae MG022757 
961/8 Chrysotila carterae HQ877918 
961/2 Chrysotila carterae MG022758 
941/1A Prymnesium parvum MN723534 

946/6 Prymnesium parvum KJ756812 
941/6 Prymnesium parvum MN727031 

19/6B Dunaliella tertiolecta KJ756820  
849/10 Nannochloropsis oceanica KJ756836 

11/78 Chlamydomonas reginae FR865614 
11/86B Chlamydomonas plethora MN727030 
849/7 Nannochloropsis oculata KJ756833 

 
  

https://www.ncbi.nlm.nih.gov/nuccore/MN720749
https://www.ncbi.nlm.nih.gov/nuccore/MN721295
https://www.ncbi.nlm.nih.gov/nuccore/MN723153
http://www.ebi.ac.uk/ena/data/view/MG022758
http://www.ebi.ac.uk/ena/data/view/KJ756812
http://www.ebi.ac.uk/ena/data/view/KJ756820
http://www.ebi.ac.uk/ena/data/view/KJ756836
http://www.ebi.ac.uk/ena/data/view/FR865614


57 

 

2.9 Culturing Under Experimental Conditions 

Abiotic stress 

Cultures of Dunaliella primolecta CCAP 11/34, Nannochloropsis oculata CCAP 

849/1, and Phaeodactylum tricornutum CCAP 1055/15 were grown in triplicate in 250 

mL Erlenmeyer flasks under the conditions above (2.4 Stock Cultures). All cultures 

were grown in f/2 enriched Aquil synthetic seawater with the following modifications: 

Sodium nitrate (NaNO3) concentration; 8.82x103 (high), 8.82x104 M (control) and 

8.82x105 M (low). 

Sodium chloride (NaCl) concentration: 0 g/L (deplete), 12 g/L (low), 24 g/L (control), 

36 g/L (high). 

Salinity (Aquil synthetic seawater concentration): 4.3 ppt (1/10 dilution, low), 43 ppt 

(control), 86 ppt (x2 concentrated, high). 

pH: pH 4 buffered using 1 M (low), pH 7.6 not buffered (control), pH 10 using 1 M 

(high). pH was monitored throughout and adjusted using 1 M HCl or 1 M NaOH. 

Photobioreactors 

Cultures of Dunaliella primolecta CCAP 11/34, Nannochloropsis oculata CCAP 

849/1, Phaeodactylum tricornutum CCAP 1055/15, and Porphyridium cruentum 

UTEX 161 were grown in triplicate in 1 L MicroPharos™ (Xanthella Ltd., Oban, UK) 

at an average starting concentration of 4.5x105, 1.9x106, 3.8x105, and 5.3x104 

cells/mL, respectively. The MicroPharos™ photobioreactor included a temperature 

probe, air inlet, air outlet, and sampling port (Figure 2 1). Light intensity was 

maintained at 5 mA for Porphyridium cruentum and 10 mA for the Nannochloropsis 

oculata, Dunaliella primolecta, and Phaeodactylum tricornutum; Figure 2.2 shows 

the linear relationship between current (mA) and light intensity (μmol). Temperature 

was maintained at 20±1 ℃ and mixing was achieved by bubbling air into the culture. 
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Figure 2 1 Photo of the MicroPharos™ photobioreactor showing the temperature 

probe, air inlet and outlet ports, sampling port, and light tiles. 
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Figure 2.2 Calibration curves showing the relationship between current (mA) and 

intensity (μmol) for (A) white light tiles and (B) 405 nm light tiles. Error bars 

represent the standard deviation between four light tiles. 
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2.10 Extraction of Metabolites 

All extractions were performed on cultures once they had reached stationary phase 

(i.e., two consecutive readings were the same). 

Extraction optimisation 

Liquid-liquid extractions: an equal volume (100 mL) of ethyl acetate was added to 

cultures and agitated overnight at 160 rpm (Stuart Orbital shaker SSL1). The organic 

layer was filtered through sterile cotton wool to remove cellular debris and dried under 

nitrogen. 

HP-20 extractions: Diaionic HP-20 resin was activated by mixing in ethyl acetate for 

10 min and vacuum filtered until dry. Dried resin was either used immediately or 

stored in ethyl acetate. Resin (5% w/v) was added to cultures and agitated overnight at 

160 rpm. Cultures were centrifuged at 4200 rpm for 30 min (Thermo Scientific 

Heraeus Megafuge 40R) and the supernatant was removed. Frozen cell pellets with 

resin were lyophilised (Lab Conco Freezone 2.5) and extracted overnight with 50 mL 

of organic solvent (ethyl acetate, methanol, butanol, or 1:1 butanol:dichloromethane). 

Extracts were filtered through cotton wool and dried under nitrogen. 

Extraction of small cultures (100 mL) 

HP-20 extractions were performed as above on all small cultures using 50 mL of ethyl 

acetate as the extraction solvent. 

Extraction of large cultures (1 L) 

HP-20 extractions were performed as above with the following modifications: 3% w/v 

diaionic HP-20 was added to cultures and agitated overnight at 120 rpm and 

centrifuged at 9000 rpm for 30 min (Beckman Coulter Avanti JXN-26). Cell pellets 

were resuspended in a minimal volume of distilled water and centrifuged again at 4200 

rpm for 30 min (Thermo Scientific Heraeus Megafuge 40R) and the supernatant was 

discarded. Freeze dried cell pellet and resin were extracted overnight in 200 mL of 

ethyl acetate and filtered through fluted filter before being dried under nitrogen. 

2.11 LC-MS and LC-MS/MS analysis 

LC-MS analysis for extraction optimisation (Chapter 3.2.1) 
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Crude metabolite extracts from liquid extraction were prepared at 1 mg/mL in 

acetonitrile and 10 µL was injected onto an ACE C18 reversed-phase column (150 x 

3.0 mm, 5 µm; HiChrom, Reading, UK) connected to a Thermo UltiMate™ 3000 

HPLC with a flow of 300 µL/min. A binary gradient of solvent A (Millipore water 

with 0.1% formic acid) and solvent B (acetonitrile with 0.1% formic acid) was used, 

as follows: 5 min at 5% B, 20 min gradient from 5-100% B, 5 min at 100% B. Extracts 

were analysed using a Thermo Exactive mass spectrometer in positive mode 

electrospray ionisation (ESI), a mass range of 150/1500 m/z, and a resolution of 

30,000. Capillary temperature was maintained at 270 ℃, ion spray voltage of 4.5 kV, 

and capillary voltage of 35V. 

LC-MS/MS analysis for exploring chemical diversity (Chapter 3.2.2) 

Metabolite extracts were prepared at 1 mg/mL in methanol and 10 μL was injected 

onto an ACE C18 reversed-phase HPLC column (75 x 3.0 mm, 5 μm; HiChrom, 

Reading UK) connected to an Accela HPLC (Thermo Scientific, Bremen, Germany). 

A binary gradient of solvent A (Millipore water with 0.1% formic acid) and solvent B 

(acetonitrile with 0.1% formic acid) was used: 30 min gradient from 10-100% B, 6 

min at 100% B, 9 min gradient from 100-10%, with a flow rate of 300 μL/min. Extracts 

were analysed using a Finnigan LTQ Orbitrap spectrometer using positive mode ESI, 

a mass range of 100-2000 m/z, and a resolution of 30,000. Samples were analysed 

using a Finnegan LTQ Orbitrap spectrometer (Thermo Fisher, Bremen, Germany) and 

data dependent MS2 experiments were performed on the 1st, 2nd, and 3rd most intense 

peaks using collision-induced dissociation (CID) with a resolution of 15,000 and 

minimum ion signal threshold of 500. The capillary voltage was set at 35 V, capillary 

temperature was 270 ℃, ion spray voltage was 4.5 kV, and tube lens voltage was 110 

V. MS2 signals were not sufficiently amplified for informative analysis and so MS1 

data was extracted using the Proteowizard MSConvert tool.168 

LC-MS/MS analysis for abiotic stress and light extracts (Chapter 4.2 and 5.2.3) 

Extracts were prepared at 1 mg/mL in 2:2:1 acetonitrile:methanol:water and 10 µL 

was injected onto a Kinetex C18 reversed-phase column (100 x 2.1 mm, 1.7 μm; 

Phenomenex, Cheshire, UK) connected to a Thermo UltiMate™ 3000 UPLC with a 

flow of 300 µL/min. A binary gradient of solvent A (Millipore water with 0.1% formic 
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acid) and solvent B (acetonitrile with 0.1% formic acid) was used, as follows: 0.5 min 

at 5% B, 8 min gradient from 5-50%, 2 min gradient from 50-99% B, 2 min at 99% B, 

1 min gradient from 99-5% B, 2 min at 5% B. Extracts were analysed using a Thermo 

Scientific Q-Exactive in positive mode ESI, a mass range of 150-1500 m/z, and a 

resolution of 35,000. Data dependent MS2 scans were performed on the 1st, 2nd, and 

3rd most intense peaks using CID with a resolution of 17,500. The ion spray voltage 

was set to 4.2 kV, the capillary temperature was 310 ℃. 

Data filtering using MZmine 

All data was converted to centroid .mzML files using the ProteoWizard MSConvert 

tool168 and processed using MZmine v2.53.169 Mass detection was performed using a 

minimum intensity value of 1x105. The Automated Data Analysis Pipeline (ADAP)170 

was used to build chromatograms using a minimum group size of 5 scans, group 

intensity threshold of 500, and an m/z tolerance of 0.01. Chromatograms were 

deconvoluted using the local minimum search algorithm with a 90% chromatographic 

threshold, 0.4 min minimum retention time range, minimum relative height of 5%, 

minimum ratio of peak top/edge of 2, and a peak duration of 0.2-5 min. The MS2 scan 

pairing range was 0.025 Da and retention time range of 0.3 min. Grouping of isotope 

peaks was then performed, and data was aligned using a 5% retention time tolerance, 

and 20 as the weight for both m/z and retention time. Finally, gap filling was achieved 

using the peak finder tool with a 25% intensity tolerance and 0.5 min retention time 

tolerance. Mass spectral values that were detected in solvent blanks were removed and 

peaklists were exported. 

Multivariate statistical analysis using MetaboAnalyst 

Peaklists generated using MZmine v2.53 were uploaded to MetaboAnalyst171 where 

log transformation and auto or pareto scaling was used to normalise data. Principal 

Component Analysis (PCA) and/or Partial Least Squares – Discriminant Analysis 

(PLS-DA) was performed. Hierarchical clustering produced heatmaps of chemical 

profiles. 

2.12 Molecular Networking 

Classical Molecular Networking 
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Converted .mzML spectral files were uploaded to the GNPS153 platform and the 

medium data preset was selected. The precursor ion mass tolerance was set at 2 Da 

and the fragment ion tolerance was 0.5 Da. The minimum pairs cosine value was 0.7, 

network topK was 10, maximum connected component size of 100, minimum matched 

fragment ions was set to 3, minimum cluster size of 2, and minimum peak intensity 

was 1x104. The same parameters were used for the library search and solvent blanks 

were filtered from the data before networking. The resultant GraphML file and cluster 

table were imported to Cytoscape v3.8.2 for annotation.172  

Feature Based Molecular Networking (FBMN) 

Peaklists and quantification tables were generated using MZmine 2.53 and these 

tables, as well as converted .mzML files, were uploaded to the FBMN173 workflow on 

GNPS. The precursor fragment ion mass tolerance was 0.02, minimum pairs cosine 

was 0.6, network topK was 10, minimum matched fragment ions was set to 6, 

maximum connected component size was 100, maximum shift between precursors was 

500 Da, and run dereplicator was selected. 

MS2 Latent Dirichlet Allocation (MS2LDA) analysis 

The spectral data (MGF) and networkedges_selfloop files from the FBMN were 

uploaded to the MS2LDA174 and MotifDB substructure workflow on GNPS, along 

with the quantification table from MZmine 2.53. The bin width was set at 0.1, number 

of LDA iterations was 1000, minimum MS2 intensity was 1000, and LDA free motifs 

was 300. All MotifDB databases were selected except Urine Motif and Streptomyces 

and Salinisporus Motif. 

Molecular Network Enhancer (MolNetEnhancer) analysis 

The task ID for the FBMN and MS2LDA analyses were copied into the 

MolNetEnhancer175 workflow on GNPS. 

Data Repository 

Data for Chapter 3.2.2 can be found at: 

https://massive.ucsd.edu/ProteoSAFe/dataset.jsp?task=67a921a87cce46be896d698c9

ec40526 
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Data for Chapter 3.2.3 can be found at: 

https://massive.ucsd.edu/ProteoSAFe/dataset.jsp?task=ee87edeec73f43d18e1596f35

c055eb4 

Data for Chapter 4.2 can be found at: 

https://massive.ucsd.edu/ProteoSAFe/dataset.jsp?task=862a5b30ee0c45c8bc54c2760

cea33ec 

Data for Chapter 5.2.3 can be found at: 

https://massive.ucsd.edu/ProteoSAFe/dataset.jsp?task=236d3090b23648ab951b40f9

213f74e6 

2.13 Bioactivity Screening 

Disk diffusion assays 

Disk diffusion assays against the pathogens Escherichia coli ATCC 25922, 

Staphylococcus aureus ATCC 43300, Klebsiella pneumoniae ATCC 700603, 

Acinetobacter baumanii ATCC 19606, Pseudomonas aeruginosa CIP A14, 

Enterococcus faecalis ATCC 51299, Bacillus subtilis ATCC 23857, Candida albicans 

DSM 1386, and Rhizpus oryzae were performed. For the bacteria and C. albicans, a 

single colony was inoculated into 5 mL of media (Table 2. 4) and incubated overnight. 

5 mL of sterile water was added to an agar plate with R. oryzae and the mycelium and 

water were transferred to a universal tube. The cultures were diluted to an optical 

density of 0.01 (0.1 for E. faecalis) into molten soft nutrient agar (50 ℃) and poured 

over agar plates (Table 2. 4). Crude metabolite extracts were dissolved in ethyl acetate 

and transferred to sterile filter disks at a final concentration of 100 μg/disk. Negative 

controls included ethyl acetate disks and extracted f/2 with Aquil medium. Positive 

controls are listed in Table 2. 4. Extracts were considered active if a zone of inhibition 

was observed after 24 hours incubation and the diameter of the zone was measured 

(mm). 
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Table 2. 4 List of pathogens, the medium they were cultured in, incubation 

temperature, and the reagent used as a positive control in bioassays. 

Pathogen Medium Temperature 

(℃) 

Positive Control 

E. coli LB (peptone 10 g/L, yeast 

extract 5g/L, sodium 

chloride 5 g/L) 

37 Chloramphenicol 

25 μg/mL 

S. aureus LB 37 Chloramphenicol 

25 μg/mL 

K. pnuemoniae LB 37 Imipenem  

50 μg/mL 

A. baumanii LB 37 Imipenem 

50 μg/mL 

P. aeruginosa NA (ThermoFisher 

Scientific) 

37 Imipenem 

50 μg/mL 

E. faecalis LB 37 Imipenem 

50 μg/mL 

B. subtilis NA 30 Chloramphenicol 

25 μg/mL 

R. oryzae MS (mannitol 20 g/L, soya 

flour 20 g/L) 

30 Nystatin 

25 μg/mL 

C. albicans NA 30 Amphotericin B 

0.25 μg/mL 
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Liquid bioassays 

Pathogen cultures were prepared as above and diluted to an optical density of 0.2 (0.02 

for E. faecalis) in liquid media and 100 μL aliquots were added to 96-well plates. An 

additional 98 μL of media were also added to each well. Crude metabolite extracts 

were prepared at 5 mg/mL in dimethyl sulfoxide and 2 μL aliquots were added to give 

a final concentration of 0.05 μg/mL. The optical density at 600 nm was recorded before 

plates were incubated overnight in a shaking incubator (Infors HT Multitron Standard) 

and the optical density was measured again after incubation. The change in absorbance 

measurements was compared to the positive controls. 

2.14 Fast Repetition Rate Fluorometry 

Single turnover measurements were carried out using a fast repetition rate fluorometer 

(fRRF, Chelsea Technologies Ltd., Surrey, UK). The single turnover protocol 

consisted of 100 flashlets on a 2 μs pitch followed by a relaxation period of 40 flashlets 

on a 50 μs pitch. Stock cultures of each strain were used to optimise the excitation of 

450, 530, and 624 nm LEDs and the voltage of the photon multiplier tube (PMT) to 

achieve a RσPSII between 0.04-0.05 and 20-70% ADC. Once optimised, 1 mL samples 

were quickly transferred to the fluorometer for measurement (i.e., dark adaptation was 

not completed). F/2 in Aquil medium was used as a control and subtracted from Fv’/Fm’ 

values. 
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3. Strain Selection, Optimisation of Metabolite Extraction, and 

Exploring the Chemical Diversity of Eukaryotic Microalgae 

  

3.1.1 Introduction 

This chapter focuses on characterising the growth of four marine microalgal strains 

Nannochloropsis oculata CCAP 849/1, Dunaliella primolecta CCAP 11/34, 

Phaeodactylum tricornutum CCAP 1055/15, and Porphyridium cruentum UTEX 161. 

These strains were selected due to their biotechnological potential, which is discussed 

in Chapter 1. Cell counting, which in this case was done manually using a 

haemocytometer, is considered the most accurate method for measuring growth.60 

However, it is time consuming and susceptible to human error. For this reason, 

absorbance is often used as a quick and easy replacement. Due to the absorption 

wavelengths of carotenoids, microalgal density is typically measured at 750 nm but 

there is also a minimum absorption at 600 nm.176 Meanwhile, specific growth rates (μ) 

offer a snapshot of the information obtained from the growth curves as well as allowing 

statistical analysis of growth to be performed.  

To assist in characterising the growth of these species, basic physiological traits of 

these strains are important to note. Phaeodactylum tricornutum CCAP 1055/15 

(Figure 3.1 (A)) is a pennate diatom isolated from Blackpool, England, UK. Although 

it has silicified frustules, it does not require silicon for growth and this strain has been 

grown in Guillard’s f/2 medium177 without sodium silicate supplementation. P. 

tricornutum is the only species in this genus that has been discovered and is described 

as polymorphic, with three main morphologies: fusiform, triradiate, and oval.55 

Nannochloropsis oculata CCAP 849/1 is an Ochrophyte and the holotype of the genus 

which comprises six strains.178 It was isolated at Skate Point, Isle of Cumbrae, Scotland 

and is described as a unicellular small green alga with a spherical shape (Figure 3.1 

(B)). Dunaliella primolecta CCAP 11/34 is unicellular biflagellate Chlorophyte (7-12 

μm in length) isolated off the coast of Plymouth, England, UK (Figure 3.1 (C)).179 

They are exceptionally halotolerant and lack rigidity in their cell wall.180 Porphyridium 

cruentum UTEX 161 is a spherical Rhodophyte (5-8 μm long) isolated from Basel, 
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Switzerland (Figure 3.1 (D)) that lacks a true cell wall but is surrounded by a mucosal 

layer which can cause cell aggregation and biofilm formation.181 
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Figure 3.1 Phase-contrast microscopy images of (A) Phaeodactylum tricornutum, 

(B) Nannochloropsis oculata, (C) Dunaliella primolecta, and (D) Porphyridium 

cruentum taken on a Nikon Eclipse TE2000-S inverted microscope. 
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A number of microalgal strains (including N. oculata) have been shown to be a 

promising source of biofuels capable of producing up to 58,700 L/hac oil which can 

be converted into 121,104 L/hac biodiesel.182 Unfortunately, there is a high production 

cost associated with microalgal biofuels which is currently not able to compete 

economically with fossil fuels or first-generation biofuels that use food crops. The 

extraction of microalgal lipids, and also carotenoids, requires the use of polar solvents 

such as acetone, methanol, and water, or chlorinated and/or ethereal solvents which 

can be toxic.183, 184 Although these metabolites have exceptional biotechnological 

potential, they are often not considered as promising drug leads as they do not abide 

by Lipinski’s Rule of 5 for orally active drugs.185 Lipinski’s rules are chemical 

properties of a drug that make them more likely to be orally active. Essentially this 

means that whilst these metabolites are used with great benefit in the nutraceutical and 

food industries as supplements and food additives, they are of little interest to the 

pharmaceutical industry due to their poor physiochemical properties.186 In order to 

uncover the potential of microalgal metabolites as pharmaceuticals, an untargeted 

approach to investigating the chemistry they produce must be undertaken. 

Multivariate statistical tools, such as MetaboAnalyst 187, uses either MS1 or MS2 data 

to compare repeatability between replicates and evaluate the differences in chemical 

profiles from a range of sample “groups” which can be predefined (supervised) or 

algorithmically generated (unsupervised). Both Principal Component Analysis (PCA, 

unsupervised) and Partial Least Squares – Discriminant Analysis (PLS-DA, 

supervised) are regression models that predict the variability of Y values (metabolites) 

based on known information of the X variables (samples). As PLS-DA is a supervised 

method, it requires binning samples into groups (e.g., taxa, condition) and thus acts as 

a classification tool as well as a regression model. Paliwal et al., used PCA and 

hierarchical clustering to distinguish Chlorophytes from Cyanophytes based on their 

carotenoid profiles. Based on this analysis, they concluded that lutein and violaxanthin 

could be used as biomarkers to distinguish Chlorophytes from their cyanobacterial 

counterparts.188 Additional tools, such as those hosted on the Global Natural Products 

Social (GNPS)153 molecular networking platform, can be used to gain insights into the 

structural relationships and putative identification of metabolites through 

dereplication. Although GNPS houses 33 libraries of characterised metabolites, drugs, 
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and synthetic compounds, very few small molecules from eukaryotic microalgae have 

been isolated and characterised and so dereplication (identifying known metabolites) 

attempts are often fruitless. This is where advanced tools such as Feature Based 

Molecular Networking (FBMN)173 and MolNetEnhancer175 are particularly useful. 

FBMN offers improved annotation (compared to the classical molecular networking 

approach) whilst MolNetEnhancer uses outputs from MS2LDA174 to “enhance” the 

FBMN by providing substructural and metabolite class information. This is achieved 

by matching patterns from mass fragments and neutral losses commonly observed in 

the spectra of metabolites belonging to the same class of natural products. This 

information is incorporated into the FBMN to putatively classify metabolites in 

molecular families when dereplication/annotation attempts have been unsuccessful. 

For example, Remy et al., screened 594 plant extracts for activity against Chikungya 

virus replication and used FBMN to dereplicate samples with known bioactive 

metabolites. They also identify a molecular family of phorbol esters that could be 

responsible for the antiviral activity observed.189 These tools have revolutionised the 

metabolomics and natural product discovery fields and have numerous applications, 

some of which will be explored in this chapter. 

3.1.2. Aims and Objectives 

There are few studies of untargeted metabolomics studies carried out on eukaryotic 

microalgae, therefore an optimised extraction protocol was required to capture the 

diversity of metabolites produced by microalgae. This protocol was then used to gain 

insights into the chemical space occupied by microalgal metabolites across taxonomic 

boundaries with the hypothesis that their biological diversity would translate into 

chemical diversity. Finally, the influence of the isolation environment 

(freshwater/brackish and marine) was investigated.  

Objective 1: To characterise physiology and growth of four microalgal strains 

Dunaliella primolecta CCAP 11/34, Nannochloropsis oculata CCAP 849/1, 

Phaeodactylum tricornutum CCAP 1055/15, and Porphyridium cruentum UTEX 161. 

• Compare growth curves generated using cell counts and absorbance methods. 

• Determine the relationship between the two methods. 

• Evaluate specific growth rates for both methods. 
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Objective 2: To determine the most efficient extraction process in terms of extract 

mass, repeatability, and diversity of metabolites. 

• Examine repeatability amongst replicates using the multivariate statistical tool 

MetaboAnalyst for different extraction solvent systems. 

• Evaluate chemical diversity of metabolites extracted using GNPS advanced 

tools FBMN and MolNetEnhancer. 

Objective 3: To explore the chemical diversity of microalgae across taxonomic 

boundaries and environments. 

• Investigate presence of a shared metabolome across various phyla. 

• Gain insight into the diversity of metabolites produced by different taxa. 

• Examine whether there is a connection between isolation habitat and number 

of metabolites produced. 

 

3.2 Results 

3.2.1. Characterising Growth of Four Marine Microalgal Strains 

Four strains were grown in triplicate in f/2 medium as static cultures and their growth 

was evaluated using optical density at 600 nm and manual cell counting. Calibration 

curves were produced based on dilutions of stock cultures (culture: medium: 10:0, 9:1, 

8:2, etc.) to determine the relationship between absorbance and cell concentration. 

The growth curves for all four strains followed a sigmoidal trend with a lag phase 

lasting 1-8 days and a phase of linear growth lasting 14-20 days. Porphyridium 

cruentum had the longest lag phase, with increased growth observed after 11 days of 

culturing. Although the growth curves had a similar shape and progression for both 

cell counts and optical density, the standard deviation (represented as error bars in 

Figure 3.2-3.5) amongst replicates was more consistent for optical density 

measurements and therefore offered a more precise method for measuring growth. 

Large standard deviation amongst replicates at higher densities was evident for all 

strains for the cell count method but not for the optical density method. Large standard 

deviations can be seen for Phaeodactylum tricornutum (1.37x105 for day 18 and 

1.75x105 for day 22, Figure 3.4, Appendix Table A1). This is due to the sexual 

reproduction of P. tricornutum through conjugation which requires cells to align 
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lengthwise making them difficult to distinguish under the microscope. Large standard 

deviations were also noticed for Porphyridium cruentum (3.46x105 cells/mL on day 

22, Figure 3.5, Appendix Table A1), especially as the culture became denser and this 

is likely due to the accumulation of exopolysaccharides in the medium which causes 

aggregation of cells and biofilm formation on the surface of flasks. From day 15 

onwards, there were consistently two measurements that agreed well with one another 

and a third that was notably different. However, this was spread across all three 

replicates (i.e., the sample giving the outlying value did not always come from the 

same flask). Resampling was performed on the outlying culture, but this did not result 

in measurements that agreed with the others from that same day. Since aggregates of 

cells were visible in the sample aliquots, this also caused higher standard deviations in 

optical density values. It should also be noted that the lower limit for achieving 

accurate cell counts with a haemocytometer is approximately 2.5x105 cells/mL (Bio-

Rad specifications sheet) and these cultures had a maximum cell concentration of 

5.97x105 cells/mL. 

As mentioned, a single aliquot was used for both cell counts and optical density 

readings which accounts for some other deviations in the growth curves. This is 

particularly notable in the growth curves of Dunaliella primolecta on day 18 where 

both cell counts and optical density values were lower than expected (Figure 3.2). 

Similarly, a “dip” in the growth of Nannochloropsis oculata was observed on Day 15. 

However, this was only noticeable for the cell counts method and not the optical 

density (Figure 3.3). Due to the small size of N. oculata cells (2-5 μm), this 

discrepancy may be due to human error in either diluting the sample or counting the 

cells under the microscope. 

The calibration curves for each strain showed a strong linear relationship between cell 

counts and optical density values. The co-efficient of determination (R2) which 

measures how well the linear regression fits the data was 0.8817 for D. primolecta, 

0.969 for N. oculata, 0.975 for P. tricornutum, and 0.946 for P. cruentum (Figure 3.2-

3.5 (C)). These calibration curves were produced using stock cultures rather than the 

cultures used for producing growth curves, but the data was well corroborated between 

the two. The standard deviations for P. cruentum are much smaller than for the growth 

curve measurements (Figure 3.5). The stock culture, from which the growth curve 
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cultures were inoculated, did not form a biofilm at the bottom of the flask whilst the 

growth curve cultures did form biofilms and observably larger aggregations of cells. 

The reason for this is unknown as all cultures were maintained under the same 

conditions. One possibility is that the stock culture was generated at an earlier date 

(i.e., “older”) and therefore biofilms may have broken down over time which allowed 

cells to resuspend in the medium and continue to proliferate to a higher density. This 

is supported by the fact that the cultures used for measuring growth reached a 

maximum density of 5.97x105 cells/mL whilst the stock cultures had a maximum 

density of 1.52x106 cells/mL. 
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Figure 3.2 Growth curve of Dunaliella primolecta CCAP 11/34 with time (days) on 

the x-axis and (A) cell concentration (cells/mL), (B) optical density at 600 nm on the 

y-axis, and (C) calibration curve of cell concentration (x-axis) and optical density at 

600 nm (y-axis). Data points represent the average value of three replicates. Error 

bars represent the standard deviation of (A) cell concentration (cells/mL), (B) optical 

density at 600 nm, and (C) optical density at 600 nm (vertical) and cell concentration 

(horizontal) between replicates. 
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Figure 3.3 Growth curve of Nannochloropsis oculata CCAP 849/1 with time (days) 

on the x-axis and (A) cell concentration (cells/mL), (B) optical density at 600 nm on 

the y-axis, and (C) calibration curve of cell concentration (x-axis) and optical density 

at 600 nm (y-axis). Data points represent the average value of three replicates. Error 

bars represent the standard deviation of (A) cell concentration (cells/mL), (B) optical 

density at 600 nm, and (C) optical density at 600 nm (vertical) and cell concentration 

(horizontal) between replicates. 
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Figure 3.4 Growth curve of Phaeodactylum tricornutum CCAP 1055/15 with time 

(days) on the x-axis and (A) cell concentration (cells/mL), (B) optical density at 600 

nm on the y-axis, and (C) calibration curve of cell concentration (x-axis) and optical 

density at 600 nm (y-axis). Data points represent the average value of three 

replicates. Error bars represent the standard deviation of (A) cell concentration 
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(cells/mL), (B) optical density at 600 nm, and (C) absorbance at 600 nm (vertical) 

and cell concentration (horizontal) between replicates. 

 

Figure 3.5 Growth curve of Porphyridium cruentum UTEX 161 with time (days) on 

the x-axis and (A) cell concentration (cells/mL), (B) optical density at 600 nm on the 

y-axis, and (C) calibration curve of cell concentration (x-axis) and optical density at 
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600 nm (y-axis). Data points represent the average value of three replicates. Error 

bars represent the standard deviation of (A) cell concentration (cells/mL), (B) optical 

density at 600 nm, and (C) optical density at 600 nm (vertical) and cell concentration 

(horizontal) between replicates. 

The specific growth rate (μ, day-1) was calculated for each strain based on the natural 

log (ln) of the linear portion of the growth curves (Figure 3.6). This analysis was 

included as it gives a snapshot of the growth curves and is a more easily digestible way 

to compare the growth of different species or conditions which will be seen in chapter 

4 and 5. It also allows the growth of cultures to be compared statistically using a t-test. 

All four strains have a similar mean value (0.066-0.118 for cell concentration and 

0.074-0.089 for optical density), (Figure 3.6, Appendix Table A2). In all cases except 

P. cruentum, the specific growth rate was significantly greater for cell concentration 

than optical density at 600 nm. The p-value for each were D. primolecta 0.01, N. 

oculata 0.01, and P. tricornutum 0.005. The data points for P. cruentum are skewed 

due to the triplicate specific growth rate values of 0.130, 0.125, and 0.014 for optical 

density at 600 nm (Appendix Table A2). This is evident in the spread of the data as 

the optical density median is 0.125 but the mean is 0.09. For all other strains, the mean 

and median were quite similar, and the range of values was smaller for optical density 

compared to cell concentration. 
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Figure 3.6 Boxplots showing the specific growth rates of triplicate cultures of 

Dunaliella primolecta (light green), Nannochloropsis oculata (dark green), 

Phaeodactylum tricornutum (brown) and Porphyridium cruentum (pink). Coloured 

box shows 25-75 percentile, the black line represents the median value, and the black 

square represents the mean. P-values are represented as * (≤ 0.05), ** (≤ 0.01), or 

*** (≤ 0.001). 
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3.2.2. Optimising Extraction Methods to Maximise Chemical Diversity 

The key factors considered in optimising extraction methods for this thesis were 

extract mass, repeatability, and diversity of metabolites. Initially, liquid cultures were 

extracted by adding organic solvent and shaking overnight. However, the extract mass 

from a 100 mL static culture was <2 mg which was not sufficient for performing LC-

MS analysis and bioactivity screening of extracts. The small extract mass was likely a 

result of not breaking cells before extraction and the immiscibility of the culture and 

solvent layer, leading to inefficient extraction. For this reason, HP-20 diaionic resin 

was added to cultures once they reached stationary phase to attract small organic 

molecules that had been excreted into the culture medium. Resin and cell pellets were 

then freeze dried to break cell walls and release intracellular metabolites before being 

extracted overnight with organic solvents. This extraction method led to extracts with 

masses ranging from 10-100 mg (depending on the solvent) which was sufficient for 

analysis. 

Small organic metabolites were targeted by testing four solvents of medium polarity: 

ethyl acetate, 1:1 butanol:dichloromethane, butanol, and methanol. Dielectric 

constants (also known as relative permeability) are a relative measure of chemical 

polarity with ethyl acetate having the lowest value 8.7 and methanol with the highest 

32.6 (Table 3. 1). A synthetic seawater was used to culture the microalgal strains and 

it was important to use solvents that would not readily dissolve these salts as it would 

then require partitioning of a small extract to remove the salts which otherwise could 

damage LC-MS columns or influence bioassay results since many of the pathogens 

used were not halotolerant. 
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Table 3. 1 The names, abbreviations, and dielectric constants of solvents used to 

optimise extraction of microalgal metabolites. *Dielectric constants measured at 20 

℃ unless otherwise stated. Calc = average of dielectric constants of both solvents. 

Name Abbreviation Dielectric constant*, κ 

Ethyl acetate EtOAc 8.7 

1:1 2-butanol:dichloromethane BuOH:DCM 13.1 (calc) 

2-butanol BuOH 17.26 

Methanol MeOH 32.6 (25 ℃) 
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To evaluate the repeatability amongst replicates, the extracts generated from the four 

solvents were compared using Principal Component Analysis (PCA). This is an 

unsupervised analysis where the algorithm determines the groupings and so will show 

how the samples cluster solely based on Y variables (metabolites). The PCA scores 

plot (Figure 3.7) shows that all four solvents generated metabolite profiles distinct 

from that of the media controls Only the two ethyl acetate replicates showed 

repeatability as the nodes representing these samples overlapped when viewing the 

variation according to principal components 1 (PC1, 37.9%) and 2 (PC2, 24%) which 

accounted for the greatest variance across all samples. Butanol:dichloromethane and 

methanol also showed good repeatability, however the replicates from butanol showed 

a large variation along PC2. Whilst the score plot gives an overall score of each sample 

(extract), the loadings plot shows each variable (metabolite). It typically ranges from 

-1 to 1, with variables at the outer edges driving variation along that component or 

axis. Those clustered around the centre point have either a weak influence or no 

influence at all on the variation between samples. Each variable from the loadings and 

each sample from the score plot comprises a vector and so the position of these data 

points correlate to one another (i.e., the position of variables on the loadings plot 

correspond to the position of samples in the scores plot). In this case, the loadings plot 

(Figure 3.7 (B)) shows that there is not much variation between the different extraction 

solvents as the scale only ranges from -0.02 to 0.02. There is a density of metabolites 

along the 0.02 x-axis range which indicates the metabolites driving the differences are 

between ethyl acetate, the least polar solvent, and the other solvents. Similarly, the 

density of metabolites on the -0.02 x-axis range shows the variation is driven by 

metabolites from butanol and butanol:dichloromethane. 
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Figure 3.7 Principal component analysis of Chlorella sorokiniana cultures extracted 

with butanol (BuOH, green), 1:1 butanol: dichloromethane (BuOH-DCM, dark blue), 

ethyl acetate (EtOAc, light blue), and methanol (MeOH, pink). (A) Scores plot with 

PC1 (37.9%) on the x-axis and PC2 (24%) on the y-axis. Solvent and f/2 media 

controls represented by red circles. (B) Loadings plot showing the distribution of 

metabolites across samples. 
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A closer look at the distribution of metabolites across all four solvent conditions can 

be seen in the heatmap of top 50 features driving the differences between samples. 

Heatmaps look at each variable (metabolite) and shows the relative intensity of that 

metabolite across each sample. Red indicates higher intensity whilst blue represents 

lower intensity. In qualitative LC-MS, intensity is related to the abundance of the 

metabolite but without the use of standards, this is a measure of relative intensity or 

abundance and is not quantitative. The dendrogram illustrates the output of 

hierarchical clustering with similarities or groupings being determined by Euclidean 

distances. Except for the features 512.5031 m/z, 566.4278 m/z, 330.1702 m/z, 441.3944 

m/z which forms a cluster in the dendrogram, all features in the top 50 were detected 

at a high relative intensity in the ethyl acetate extracts. Methanol was also efficient at 

extracting these metabolites but at much lower relative intensities and did not extract 

any metabolites belonging to the second cluster on the dendrogram, which had a mass 

range of 300.1573-823.5804 m/z. The extended heatmap of all features detected 

(Appendix Fig A1) shows that extracts from methanol, ethyl acetate, and butanol 

solvent systems have distinct chemical profiles. It also illustrates the variability 

amongst replicates for the butanol and butanol:dichloromethane as seen in the PCA 

scores plot (Figure 3.7). 
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Figure 3.8 Heatmap illustrating the top 50 features driving differences between the 

extracts produced using different solvent; butanol (BuOH, green), 1:1 butanol: 

dichloromethane (BuOH-DCM, dark blue), ethyl acetate (EtOAc, light blue), and 

methanol (MeOH, pink). The dendrogram shows the output of hierarchical clustering 

based on Euclidean distances. Relative intensity is represented by red (high) and blue 

(low) colouring across a scale ranging from -2 to 2. 
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Finally, to understand the chemical diversity of metabolites being extracted according 

to structure and class of natural products, FBMN and MolNetEnhancer, both in the 

GNPS ecosystem, were used. Whilst multivariate statistical analysis uses MS1 data to 

illustrate the variation between samples, molecular networking uses MS2 data which 

gives more structural information on the metabolites being extracted and the 

relationship between these metabolites by clustering them into molecular families. 

MS2 data essentially acts like a fingerprint for a metabolite which holds structural 

information based on the pattern of fragmentation created when the metabolite is 

ionised. Metabolites with similar fragmentation patterns means they have similar 

structural characteristics and therefore will be clustered together into molecular 

families.153 A total of 1290 features were detected in this network, with 760 of those 

present in media controls (grey nodes) and 530 (41%) resulting from the extraction of 

metabolites from Chlorella sorokiniana cultures (Figure 3.9). F/2 is a minimal 

medium, however a high percentage of features were found in the media controls. 

From the 530 features detected from C. sorokiniana, 156 (29%) were found in all four 

solvent conditions which is interesting considering the polarity (dielectric constants) 

of these solvents ranged from 8.7-32.6. Each pie chart within the molecular network 

(Figure 3.9) illustrates the relative intensity of that specific metabolite extracted using 

each of the solvents. From the MolNetEnhancer natural product class analysis, only 

one molecular family that comprised 54 nodes were annotated as fatty acid esters 

(Appendix Fig A2). 
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Figure 3.9 Feature Based Molecular Network of a Chlorella sorokiniana culture 

extracted using butanol (green), 1:1 butanol:dichloromethane (dark blue), ethyl 

acetate (light blue), and methanol (pink). Features from f/2 medium and solvent 

blanks are depicted in grey. Solid colour represents that the feature was only detected 

in that condition, pie charts represent the relative intensity of that feature in all 

conditions that it was present. 
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Taking a closer look at the distribution of features amongst samples revealed that 

methanol extracted the highest number of metabolites overall (449, 84.7%), followed 

by butanol (432, 81.5%), ethyl acetate (386, 72.8%), and 1:1 butanol:dichloromethane 

(291, 54.9%) (Figure 3.10 (A)). Butanol:dichloromethane was eliminated as a 

potential solvent of choice due to the small number of metabolites it extracted and the 

fact that 98.6% of those metabolites were also extracted using one of the other solvents. 

Although butanol samples contained the second highest number of metabolites, these 

mostly overlapped with those extracted using methanol (371, 86%). Considering the 

relative cost of these two solvents, and that methanol extracted more distinct 

metabolites (i.e., metabolites not extracted by other solvents), butanol was also 

eliminated as the solvent of choice. Ethyl acetate was just as efficient at extracting 

polar metabolites as the alcohol-containing solvent systems with 374/386 (96.9%) of 

metabolites extracted by ethyl acetate and one of the other solvents. This is a testament 

to ethyl acetate as an extraction solvent as although it is efficient at extracting small 

organic metabolites, the polar acetate head group also allows extraction of more polar 

metabolites. This is also evident in the rank abundance curves (Figure 3.10 (B)) which 

shows the distribution of metabolites extracted from each solvent according to their 

m/z values. Over 50 features were detected in the 200-300, 300-400, 400-500, and 500-

600 m/z bins which represented the highest density of metabolites extracted. There is 

an even trend across each bin up until 900 m/z when the number of metabolites 

extracted using butanol:dichloromethane began to taper off, which correlates with the 

low overall number of metabolites extracted using this solvent. Ethyl acetate and 

methanol (the two remaining “horses in the race”) had a similar trend across the rank 

abundance curves, a similar number of distinct metabolites (12 and 13, respectively), 

and both solvents extracted 66.6% (353/530) of metabolites detected. However, when 

considering other factors such as cost, vapour pressure (how easy to evaporate), and 

toxicity, it was decided that ethyl acetate would be chosen as the solvent of choice. It 

has a high vapour pressure of 70 mmHg at 20 ℃ (compared to 13.02 mmHg for 

methanol) which means it can be easily evaporated using nitrogen or through rotary 

evaporation. 
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Figure 3.10 (A) Venn diagram illustrating the overlap of features detected from each 

solvent extraction condition and (B) rank abundance curves illustrating the 

distribution of features according to their m/z values. Butanol (BuOH, green), 1:1 

butanol:dichloromethane (BuOH:DCM, dark blue), ethyl acetate (EtOAc, light blue), 

methanol (MeOH, pink). 
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3.2.3. Exploring the Chemical Diversity of Eukaryotic Microalgae 

There are few studies of untargeted metabolomics analysis of eukaryotic microalgae 

and these investigations are critical for understanding the potential of these organisms 

in the nutraceutical, pharmaceutical, and cosmetics industries. To gain an 

understanding into the chemical diversity produced by these prolific organisms, 36 

strains of microalgae were analysed based on their phylogeny and chemical profiles. 

Crude metabolite extracts from all 36 strains, and their 18S rRNA gene sequences were 

provided by the Scottish Association for Marine Science (Dunstaffnage, Oban, UK) as 

part of the SeaBiotech EU-FP7 project. Only partial gene sequences were obtained for 

Dunaliella tertiolecta strains CCAP 19/7C, CCAP 19/22, and CCAP 19/23, and so 

they were excluded from the phylogenetic analysis. A nearest-neighbour joining 

phylogenetic tree was produced, using MEGA 7 software, showing distinct clustering 

for Chlorophytes, Rhodophytes, and Haptophytes, whilst the Heterokonta (diatoms) 

and Ochraphyta had a distant ancestor in common (Figure 3.11). 
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Figure 3.11 Nearest Neighbour-Joining phylogenetic tree of 18S rRNA gene 

sequences. Taxa colouring represents the phyla; green, Chlorophyta; brown, 

Heterokonta; blue, Ochrophyta; red, Rhodophyta; purple, Haptophyta. Bootstrap 

values above 70% are indicated on the branches. 
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After establishing a phylogenetic relationship between the microalgal strains based on 

18S rRNA gene sequences, 20 of these strains (seven Chlorophytes, six Haptophytes, 

four diatoms, two Ochrophytes, and one Rhodophyte) were chosen for metabolomic 

comparison. Peaklists generated from filtered positive mode mass spectral data were 

analysed using MetaboAnalyst after ions present in solvent and media blanks were 

removed from the analysis to prevent uninformative skewing of the results. A total of 

879 features were detected, with each feature representing a unique combination of the 

m/z value and chromatogram peak characteristics (Figure 3.12).  

Haptophytes showed the greatest variability in their chemical profiles. Tisochrysis 

lutea (CCAP 927/19, marine, Tahiti), Isochrysis galbana (CCAP 927/1, marine, UK), 

and Pavlova gyrans (CCAP 940/1C, marine, UK) clustered together, whilst 

Diacronema lutheri (CCAP 931/7, marine, UK) and the two Chrysotila carterae 

strains (CCAP 944/6, marine, UK; CCAP 961/5, marine, UK) had very disparate 

chemical profiles. Haptophytes also represented the phylum with the greatest number 

of metabolites, with an average of 370 features detected per strain (Figure 3.12, 

Appendix Fig A3). Conversely, Rhodophytes, represented by a single strain – 

Rhodella violacea CCAP 1388/6 – had the lowest number of detected features at 123. 

Strains from the diatom phylum cluster closely together and show some overlap in 

chemical features with the Ochrophyte Eustigmatos vischeri CCAP 860/7, their closest 

neighbour from the phylogenetic analysis. All seven strains belonging to the 

Chlorophyte phylum clustered closely together and shared many features in their 

chemical profiles. However, it must be noted that five of the seven strains included 

belong to the genus Tetraselmis. Despite Chlorophytes being well-studied for the 

natural products they produce, this phylum had an average of 200 detected features per 

strain, which was comparatively low. 
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Figure 3.12 Partial Least Squares-Discriminant Analysis (PLS-DA) scores plot for 

Chlorophytes (red), diatoms (green), Haptophytes (dark blue), Ochrophytes (light 

blue), and Rhodophytes (pink). (A) Scores plot with PC1 (33.9%) on the x-axis and 

PC2 (13.4%) on the y-axis. (B) Loadings plot showing the distribution of metabolites 

across samples. 
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It was observed that the chemical diversity expanded beyond taxonomic boundaries. 

Indeed, Haptophyte, Ochrophyte, and diatom samples did not cluster solely according 

to their phyla. However, the lower number of samples within the Ochrophyte (2 

strains) and Rhodophyte (1 strain) clades meant that this pattern could not be 

confirmed. The Haptophyte clade produced the most diverse metabolites, with 

Chrysotila carterae producing a greater abundance of low molecular weight 

metabolites ranging from 219-678 m/z compared to the other Haptophyte strains 

screened (Figure 3.13). Although they clustered together in the PCA analysis, there 

were no notable patterns in the hierarchical clustering (heatmap) that either grouped 

the five Tetraselmis species together, or differentiated them from the two other 

Chlorophyte strains, Chlorocystis salina CCAP 233/1 and Chlorella vulgaris CCAP 

211/21A. 
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Figure 3.13 Hierarchical clustering of all detected ions across Chlorophytes (red), 

diatoms (green), Haptophytes (dark blue), Ochrophytes (light blue), and 

Rhodophytes (pink). Heatmap shows relative abundance (low; blue, high; red) of 

respective features. 
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A second comparative metabolomics experiment was designed to understand the 

diversity of microalgal chemical profiles on a species/strain level, often referred to as 

chemotypes. A total of 16 strains belonging to the genera Dunaliella (4), Chrysotila 

(3), Chlamydomonas (2), Diacronema (2), Nannochloropsis (2), and Prymnesium (3) 

were selected as Chlorophytes are a well-studied phylum and Haptophytes represented 

the greatest chemical diversity in the above analysis. Interestingly, the number of 

features detected in each of the samples varied considerably within species. The 

greatest variation was seen between the three Chrysotila carterae strains. CCAP 961/1 

and CCAP 961/2 were both isolated from the English Channel and share similar 

chemical profiles (Figure 3.14) and had a similar number of features (90 and 83, 

respectively, Figure 3.15). However, CCAP 961/8 is distinctly different along the 

Component 2 axis and had almost half (46) of the features detected in the other two 

strains. CCAP 961/8 was isolated from a brackish environment in Oban, Scotland, UK 

which suggests it may be a different chemotype to the other two strains, based on the 

environment from which they were isolated. This can also be observed for the four 

strains of Dunaliella tertiolecta analysed. CCAP 19/6B originated from an Oslofjord 

in Norway, CCAP 19/7C came from the river Crouch in Essex, England, and the other 

two strains, CCAP 19/22 and CCAP 19/23, are from unknown marine locations. The 

Oslofjord in particular has a comparatively thin layer of brackish water underneath 

which is seawater with a salinity of 32-34.190 Taking this into consideration, it could 

be postulated that CCAP 19/6B, CCAP 19/22, and CCAP 19/23 have a similar 

abundance (164, 151, and 154, respectively, Figure 3.15) and distribution (Figure 

3.16) of metabolites compared to the brackish strain 19/7B (129). A similar trend can 

be seen for the strains belonging to the Diacronema, Nannochloropsis, and 

Chlamydomonas (Figure 3.15). In each case, strains belonging to the same 

species/genus will differ in number and distribution of metabolites if they were isolated 

from different environments (e.g., marine, brackish). However, for Nannochloropsis, 

Chlamydomonas, and Prymnesium, the brackish strains had a higher number of 

metabolites compared to the marine strains. In fact, the three Prymnesium strains are 

the only ones that cluster together in the hierarchical analysis of metabolites detected 

from each culture (Figure 3.16). This data supports the argument for chemotypes 

based on populations of microalgae rather than phylogenetic relationships. 
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Figure 3.14 PLS-DA scores plot for Chlamydomonas (red), Chrysotila (green), 

Diacronema (dark blue), Dunaliella (light blue), and Nannochloropsis (pink), and 

Prymnesium (yellow) using component 1 (33.9%) and component 2 (13.4%) as axes. 
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Figure 3.15 Bar chart showing the number of mass spectral features detected for 

each strain (Diacronema, blue; Chrysotila, green; Prymnesium, yellow; 

Nannochloropsis, pink; Dunaliella, cyan; Chlamydomonas, red). Bars with 

checkerboard filling were isolated from marine environments and those with solid fill 

were isolated from brackish environments. 
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Figure 3.16 Hierarchical clustering of all detected ions across Prymnesium (yellow), 

Chlamydomonas (red), Chrysotila (green), Diacronema (dark blue), Dunaliella (light 

blue), and Nannochloropsis (pink). Heatmap shows relative abundance (low; blue, 

high; red) of respective features. 
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3.3 Discussion  

3.3.1. Growth of Four Marine Microalgal Strains 

Four strains of marine microalgae Nannochloropsis oculata CCAP 849/1, Dunaliella 

primolecta CCAP 11/34, Phaeodactylum tricornutum CCAP 1055/15, and 

Porphyridium cruentum UTEX 161 were selected for their biotechnological potential 

and will be the strains of focus for the remainder of this thesis. Their growth was 

characterised by plotting growth curves based on manual cell counting, optical density 

at 600 nm, and specific growth rates. All four growth curves were sigmoidal in shape 

as expected and consisted of a lag phase lasting 1-8 days followed by a period of linear 

growth lasting 15-21 days. Interestingly, You and Barnett also observed a longer lag 

phase of 6 days when culturing the same strain of P. cruentum (UTEX 161).191 Using 

a photobioreactor, they were able to achieve a higher cell concentration of 4x109 

cells/mL and a growth rate of 0.32 (compared to 0.09 from our study). Manual cell 

counting does offer the advantage of being able to inspect cell health and 

contamination of cultures, however it is a time-consuming task. It also has quite a high 

threshold for obtaining accurate results with the lower limit for achieving accurate cell 

counts with a haemocytometer being 2.5x105 cells/mL (Bio-Rad specifications sheet). 

D. primolecta and P. cruentum reached maximum cell densities of 5.2x105 and 

5.97x105 cells/mL, respectively. Working close to and below the lower limit of 

accuracy created issues amongst replicates with high standard deviations being 

recorded. Based on time and inaccuracy, it was decided that optical density at 600 nm 

would be used as a proxy for growth for higher throughput experiments and that cell 

counts would be used for the larger photobioreactor cultures (Chapter 5) that were 

expected to reach much higher densities than the small-scale static cultures. Whilst 

using optical density at 600 nm may mean that cultures will appear to reach stationary 

phase later that using cell counts, this will be consistent across all replicates and 

therefore should not interfere with the resultant extracts. 

3.3.2. Optimising Extraction of Microalgal Metabolites 

The original bottleneck in this work was the insufficient extract masses obtained which 

was rectified by using HP-20 diaionic resin and physically disrupting cells through 

lyophilisation. Each 100 mL culture of Chlorella sorokiniana was split in two to give 

two technical replicates for each solvent. Although it would have been desirable to 
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have more replicates for statistical testing, the biomass and subsequent extract mass 

was too small to allow this. Repeatability amongst the technical replicates was poor 

for butanol, butonal:dichloromethane, and methanol. It is unclear why the butanol 

extracts were so disparate, however the bottle used (Sigma Aldrich, 71-36-3, 99.5% 

purity) had been opened and in storage for some time before use and may have 

contained impurities such as butyl ether. Whilst HPLC-grade methanol (Fisher, 67-56-

1, 99.8% purity) was used, it is a hygroscopic solvent which may account for the small 

variation seen been replicates as extractions were not performed under anhydrous 

conditions. From the 530 metabolites extracted from the Chlorella sorokiniana, 29% 

were extracted in some quantity by all four solvents. Although methanol extracted the 

highest number of metabolites overall, and the highest number of metabolites that were 

not extracted by any other solvent, many of these metabolites were structurally related 

and thus clustered together in the molecular networks. Ethyl acetate extracted 386 

(73%) of the metabolites detected from extracts and their diversity was represented 

across 18 of the 27 molecular families, often in high relative intensity. Wu et al., also 

used MetaboAnalyst to look at the differences in chemical profiles between a wild-

type and starch mutant strain of Chlorella sorokiniana. They extracted cultures after 

six days using a combination of acetonitrile and water and extracted a total of 316 

metabolites.192 This example illustrates that the growth stage of the culture (e.g., after 

six days compared to stationary phase) may also influence the abundance - and 

potentially diversity - of metabolites extracted. The diversity of the metabolites 

extracted by ethyl acetate, the similarity between both replicates, and the fact that it is 

an inexpensive and green solvent produced by processing corn, led to ethyl acetate 

being selected as the solvent of choice for the work depicted in this thesis. 

3.3.2. Unlocking the Chemical Potential of Microalgae 

Based on the comparative metabolomics results, microalgae are a rich source of 

metabolites, many of which remain uncharacterised. By using an untargeted 

metabolomics approach, we were able to illustrate that microalgae produce diverse 

suites of metabolites and that there is little evidence that a core metabolome exists that 

is shared across taxonomic boundaries as there is no region in the scores plot (Figure 

3.12) that shows an overlap with all phyla. This is surprising as various classes of 

microalgae are distinguished by their carotenoid profiles, as well as morphology and 
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genetic phylogeny.193 However, since ethyl acetate was the solvent of choice for this 

analysis, many carotenoids were not efficiently extracted due to their high polarity.194 

A total of 530 metabolomic features were detected for a Chlorella sorokiniana culture, 

simply by using solvents of different polarity when extracting. For chemically rich 

strains such as Chrysotila carterae CCAP 944/6, 573 metabolomic features were 

detected using only one solvent (ethyl acetate) for extraction. What is even more 

exciting (and challenging) is that the vast majority of these metabolites have yet to be 

characterised. From the 530 features detected from Chlorella sorokiniana, a well-

studied genus of Chlorophytes, none of the features matched with spectra from the 

GNPS libraries. A study by Luzzatto-Knaan et al. obtained over 15 million ultra-high 

performance liquid chromatography–tandem mass spectrometry (UPLC-MS/MS) 

spectra from 2600 fractions belonging to cyanobacteria and algae and compared these 

to Actinobacteria (marine and terrestrial) and lichens, reporting that 86.3% of chemical 

features were unique to cyanobacteria and algae., and from this only 0.04% of those 

metabolites could be identified through the GNPS libraries which hold mass spectral 

data on more than 18,000 compounds.154 Untargeted metabolomics and comparative 

techniques are powerful tools in gaining insights into the potential chemical space and 

biotechnological applications of these organisms. However, without characterising 

these metabolites and creating databases to assist dereplication and prioritisation of 

metabolites of interest, understanding the chemical space and role of specialised 

metabolites remains challenging. 

3.3.2. Diversity of Eukaryotic Microalgae 

With almost 160,000 described species of algae, it is expected that their vast biological 

diversity will translate into chemical diversity.39 Haptophytes, in particular, were rich 

in chemistry with over 300 features detected from each strain and represent an under-

studied phylum in terms of biotechnological potential. The majority of species 

described within the phylum are coccolithophores, which are abundant in the marine 

environment as they form chalk deposits (www.algaebase.org/haptophytes).39 Other 

species belonging to this phylum that are commonly studied are Prymnesium and 

Phaocystis, which form toxic algal blooms and use allelopathic strategies to achieve 

this.195 Metabolomics approaches to investigating their chemical profiles could also be 

used to predict favourable conditions for algal bloom formations or aid in the 
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identification of stresses that trigger the production of algal toxins.196 Due to 

Haptophytes’ involvement in chemical warfare, it is not surprising that they produce a 

plethora of metabolites with specialised functions that could be utilised in 

biotechnology and pharmaceutical sectors. This study also highlighted the disparity in 

chemical profiles between strains isolated from different environments. In each of the 

examples in Figure 3.14, strains isolated from similar environments (e.g., marine, 

brackish) had a similar number of features detected from their extracts and their 

chemical profiles occupied similar areas of chemical space, despite being categorised 

according to their species/genus in the PLS-DA. At a minimum, this highlights the 

importance of using strain identifications (i.e., CCAP code) when reporting genomic 

and metabolomic observations. Despite being a very small study that was not intended 

on investigating the existence of chemotypes, the observations do support this 

argument.  

This study suggested that environment may have a large influence on metabolite 

production. Despite strains belonging to the same species or genus, and despite having 

a strong phylogenetic relationship (based on 18S rRNA gene sequences only), they 

can produce distinct chemical profiles. Further evidence through addition of more 

strains and more replicates would be required to strengthen this argument. It was also 

demonstrated that using a single culture condition or using a single extraction solvent 

merely gives a snapshot of the metabolome of these ubiquitous organisms. The 

remainder of this thesis will focus on four strains of microalgae (Dunaliella primolecta 

CCAP 11/34, Nannochloropsis oculata CCAP 849/1, Phaeodactylum tricornutum 

CCAP 1055/15, and Porphyridium cruentum UTEX 161) that have promising 

biotechnological potential, and how we can unlock that potential through the One 

Strain Many Compounds (OSMAC) approach101 using abiotic and light stress to 

induce the production of specialised metabolites. 
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4. Eliciting Specialised Metabolite Production by Marine Microalgae 

Using Abiotic Stress 

  

4.1.1 Introduction 

Microalgae produce a variety of metabolites, many with specialised functions that can 

be utilised for biofuels, textiles, cosmetics, and nutraceuticals, some of which are 

detailed in Chapter 1. The most common classes of natural products found in 

microalgae are isoprenoids and polyunsaturated fatty acids.197 Isoprenoids, which 

include the light-harvesting carotenoids, sterols, and phytohormones, are produced 

from a C5 precursor using either the mevalonate or methylerythol phosphate (MEP) 

pathway. Interestingly, there is no evidence that Chlorophytes have a mevalonate 

pathway from mining of available genomes.198 In fact, it has been shown that they do 

not possess homologues of plant terpene synthases, meaning that the molecular details 

of isoprenoid synthesis in microalgae remains unknown.199 Polyunsaturated fatty acids 

(PUFAs) include omega-3 and omega-6 fatty acids that mostly exist in the cis 

conformation. Whilst microalgae and plants share many PUFAs, there are some, such 

as the neuroprotectant docasahexanoic acid, that are found in algae but not terrestrial 

plants.197 Highly oxygenated fatty acids, known as oxylipins, are also commonly found 

in diatoms with about 30% of marine diatoms capable of producing oxylipin 

metabolites.200 Some species of microalgae produce toxins belonging to the polyketide 

or alkaloid natural product classes.197 Examples of these include the brevetoxins and 

spirolides from the dinoflagellates Karenia brevis and Alexandrium ostenfeldii, 

respectively.201, 202 

Whilst microalgae, like many other organisms, have the machinery to produce a 

plethora of diverse metabolites, they cannot always be detected from laboratory 

cultures of these organisms. According to evidence from genome mining, even the 

well-investigated Streptomyces genus encode the production of metabolites that are 

yet to be discovered.203 Various strategies have been used to unlock the chemical 

potential of microorganisms, including genome mining, genetic engineering, and 

synthetic biology. Genome mining of 13 Subsection V cyanobacteria revealed that up 

to 3.5% of their genomes are dedicated to secondary metabolite biosynthesis and a 
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total of 103 orphan Non-Ribosomal Polyketide Synthase/Polyketide Synthase/Hybrid 

(NRPS/PKS/Hybrid) gene clusters were discovered which encode for unknown 

metabolites.204 The existence of biosynthetic gene clusters – groups of genes that 

encode a particular product – is common in bacteria and filamentous fungi, however 

there are few examples of this in eukaryotic microalgae.205 In 2018, the biosynthetic 

gene cluster that encodes domoic acid was discovered and the biosynthesis of the 

neurotoxin through a four gene (8 kb) cascade was uncovered.206 This provided 

evidence of biosynthetic gene clusters in microalgae, although it is still believed that 

this is an exception rather than a rule.205 Even when putative gene clusters are 

identified, it can be difficult to stimulate the production of the metabolite they encode 

due to the size and complexity of the microalgal genome. For example, the 

dinoflagellate Karenia brevis has a genome size of approximately 1011 base pairs – 30 

times the size of the human genome – and contains at least 12,000 unique genes.207 

However, advancements in sequencing and molecular toolkits have been made in 

recent years including the use of Clustered Regularly Interspaced Short Palindromic 

Repeats/CRISPR-Associated Protein 9 (CRISPR/Cas9) systems to edit genes in P. 

tricornutum,208 genetic engineering of Nannochloropsis oceanica for increased 

polyunsaturated fatty acid production,209 and the addition of introns into 

Chlamydomonas genes to improve transgene expression.210 Although this is an 

exciting time of advancement in molecular techniques for microalgae, progress is slow 

and incredibly expensive.211 Simpler, yet untargeted, approaches to unlocking the 

chemical potential of microalgae is still commonly achieved through the elicitation of 

metabolites by manipulating culture conditions. 

One such way of driving the production of diverse metabolites is the One Strain MAny 

Compounds (OSMAC) approach,102 which has proven that small changes in growth 

conditions can lead to the production of specialised metabolites that would otherwise 

remain undiscovered when grown in standard laboratory conditions. This approach 

also has ecological relevance as some metabolites will be triggered in response to 

specific stress. When the Chlorophyte Dunaliella salina was subjected to salt stress 

(up to 5 M), the level of reactive oxygen species such as hydrogen peroxide 

increases.212 To counteract this, the alga produced the powerful antioxidant β-carotene 

in large quantities (up to 10% dry weight).132 This natural response by D. salina has 
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been exploited by the biotechnology industry to produce natural β-carotene which has 

a global market worth US$155 million (2015).213 Salt stress not only affects carotenoid 

production but also glycerol metabolism through the activity of glycerol-3-phosphate 

dehydrogenase isozymes.214 Salt concentration is a common stress used for marine 

microorganisms as they have metabolic mechanisms in place for osmoregulation in 

response to fluctuating salinity encountered in their native environment. Salinity in the 

oceans varies from 30 ppt in the Arctic Ocean to 37 ppt in the North Atlantic Ocean,215, 

216 and these values shift according to climate, season, and vicinity to fresh water 

sources such as rivers and glaciers. Therefore, marine organisms must be able to adapt 

to the osmotic pressure created by shifting salinities, as well as the change in mineral 

and nutrient concentrations of the seawater. This mineral composition is important for 

marine organisms and often, in laboratory settings, sodium chloride is used as a proxy 

for seawater despite the fact that seawater comprises at least 41 elements in different 

charged ion and salt complexes.217 Due to the complexity of natural seawater, synthetic 

seawaters such as Instant Ocean® and Aquil synthetic seawater218 can also be used. 

Seawater also contains dissolved nutrients which are required for all organisms in the 

ocean to survive. Phytoplankton require a specific ratio, known as the Redfield ratio, 

of 106:16:1 carbon, nitrogen, and phosphorous, respectively.219 Varying nitrogen 

sources including ammonium (NH4
+), nitrate (NO3

-), nitrite (NO2
-), and urea 

(NH4N2O) have been studied for their bioavailability and both nitrogen source and 

nitrogen concentrations have been used in the OSMAC approach to elicit production 

of specific metabolites.220,221 One promising example of this is in the search for 

sustainable biofuel sources. Nannochloropsis spp. have been shown to accumulate up 

to 60% lipid content in response to nitrogen starvation and up to 50% fatty acid 

accumulation under nitrogen and phosphorous starvation.28 Not only is this an 

important discovery in our search for sustainable biofuels that do not interfere with 

food security, but it has wider ecological importance as our lakes and oceans undergo 

eutrophication from fertilizer runoff, sewage disposal, and climate change.222 

Eutrophication leads to the explosion of harmful algal blooms in both freshwater and 

marine habitats leading to hypoxic conditions and poisoning of animals through the 

production of harmful algal toxins.223 Coinciding with eutrophication of waters is the 

acidification of the oceans which also leads to harmful algal blooms, often referred to 
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as red tides.224 The reduction in the pH of oceans has been shown to reduce the 

buffering capacity of the ocean such as increasing carbonate mineral dissolution and 

hydrogen sulfide oxidation.225 It has also been reported that certain microalgal toxins 

(known as M-toxins) that cause paralytic shellfish poisoning are actually more stable 

and less likely to degrade under lower pH values which could result in harmful algal 

blooms having a longer lasting impact as a result of ocean acidification.226 On the other 

hand, the effect of low pH has also been used to increase the production of beneficial 

microalgal metabolites in controlled settings. Culturing Haematococcus pluvialis at 

pH 4 not only significantly reduces the fungal contaminant Paraphysoderma 

sedebokerensis but the combination of acidic pH and nitrogen deficiency led to a 141-

fold increase in astaxanthin production.227 After studying the ecological and 

biotechnological potential of abiotic stress on microalgae, salinity (both sodium 

chloride and Aquil synthetic seawater concentrations), nitrate concentration, and pH 

were chosen for further investigation. 

In order to systematically evaluate the effect of individual abiotic stresses on marine 

microalgae, three strains (Nannochloropsis oculata CCAP 849/1, Dunaliella 

primolecta CCAP 11/34, and Phaeodactylum tricornutum CCAP 1055/15) were 

grown under varying concentrations of sodium chloride (deplete 0 g/L, low 12 g/L, 

control 24 g/L, and high 36 g/L), Aquil synthetic seawater (low 4.3 ppt, control 43 ppt, 

and high 86 ppt), and sodium nitrate (low 8.82x10-5 M, control 8.82x10-4 M, and high 

8.82x10-3 M ), and varying pH (low pH 4, control pH 7.6, and high pH 10). 

Comparative metabolomics was then used to compare the effects across strains and 

conditions. 

4.1.2 Aims and Objectives 

Whilst the effect of abiotic stresses on the production of specific metabolites (or 

classes of metabolites) has been well studied, a systematic and untargeted approach to 

evaluating the effect of abiotic stress on marine microalgal strains has not been done 

before. Microalgae produce a number of metabolites to maintain homeostasis 

throughout different life stages. It is hypothesised that microalgae will respond to the 

stress conditions used in this chapter through the expression of otherwise latent 
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metabolites. The extent to which each individual stress effects metabolite production, 

and general trends across strains of different phyla remains unknown. 

Objective 1: Quantify growth of marine microalgal strains cultured under various 

abiotic stress 

• Evaluate growth of cultures under varying NaCl, salinity, nitrate, and pH 

conditions using optical density measurements at 600 nm. 

• Compare specific growth rates of cultures grown under each condition to 

control cultures. 

Objective 2: Investigate the influence of abiotic stress on metabolite production in 

marine microalgal strains 

• Examine trends in the response of each strain to varying conditions. 

• Explore the effect of each stress (NaCl, salinity, nitrate, and pH) on the 

chemical profiles of each strain (i.e., an untargeted analysis approach). 

 

4.2 Results 

4.2.1 The Effect of Abiotic Stress on the Growth of Three Marine Microalgal 

Strains 

Three strains of marine microalgae, Nannochloropsis oculata, Dunaliella primolecta, 

and Phaeodactylum tricornutum, were cultured under varying concentrations of 

nitrate, sodium chloride (NaCl), Aquil synthetic seawater (salinity), and pH.  

Nannochloropsis oculata 

The growth of N. oculata was significantly affected by changes in nitrate, NaCl, and 

salinity, however changes in pH had little impact on growth (Figure 4.1). The specific 

growth rate was reduced for both low (8.82x10-5 M) and high (8.82x10-3 M) nitrate 

which may indicate that the 10-fold increase in nitrate concentration may have pushed 

the equilibrium to a point that was no longer productive for the strain. For both NaCl 

and salinity concentrations, N. oculata growth decreased under low and deplete 

conditions, but increased under the high conditions of 36 g/L NaCl and 86 ppt Aquil 

synthetic seawater. As this strain was isolated from the Firth of Clyde (off the coast of 

Isle of Cumbrae, UK), this is a surprising result as there is an influx of freshwater in 
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this area from the River Clyde. Altering NaCl and salinity had significant changes in 

the specific growth rates with average values of 14.75 day-1 and 10.56 day-1 for 

controls (24 g/L NaCl and 8.82x10-4 M salinity), 10.78 day-1 and 8.12 day-1 for low 

(12 g/L NaCl, 8.82x10-5 M salinity), and 26.16 day-1 and 12.57 day-1 for high (36 g/L 

NaCl and 8.82x10-3 M salinity) (Appendix Table A3). This suggests that other 

elements, not just NaCl, plays a role in salinity stress. 

Dunaliella primolecta 

The growth of D. primolecta was reduced under low nitrate conditions although the 

full extent of this reduction is difficult to conclude as specific growth rate values 

differed between replicates (replicate 1 2.76 day-1, replicate 2 11.83 day-1, replicate 3 

-6.74 day-1) (Figure 4.2, Appendix Table A3). This marine strain grew poorly under 

deplete (0 g/L) NaCl but had a similar specific growth rate to the control for the low 

NaCl condition (4.23 day-1 and 4.34 day-1, respectively). Growth was significantly 

reduced (p = 2.5x10-5) under low salinity conditions but this would equate to 2.4 g/L 

NaCl and therefore would be closer to deplete NaCl conditions than low NaCl 

conditions in this study. Dunaliella spp. are known to be particularly halotolerant and 

therefore it is surprising that growth was also reduced under high salinity conditions. 

The high salinity condition equates to 48 g/L NaCl which may be why a similar 

reduction in growth was not observed when the strain was grown at 36 g/L NaCl (high 

NaCl condition). Another unexpected result was the increased growth of D. primolecta 

under acidic conditions (pH 4) which saw an increase in specific growth rate from 4.74 

day-1 to 6.17 day-1 (Appendix Table A3). 

Phaeodactylum tricornutum 

The growth of the diatom P. tricornutum was unaffected by high nitrate conditions but 

was significantly reduced under low nitrate conditions (p = 0.003) (Figure 4. 3, 

Appendix Table A3). Most interestingly, the specific growth rate decreased under 

high NaCl (36 g/L) but not under high salinity (86 ppt) which contained 48 g/L NaCl. 

It is unknown what might have caused this effect but does demonstrate that NaCl is 

not always the best proxy for seawater salinity. P. tricornutum was the only strain in 

which growth was decreased under both acidic and basic (pH 10 conditions) with 

average specific growth rates of 13.38 day-1 for the control, 11.26 day-1 for low, and 
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7.94 day-1 for high (Appendix Table A3). This is likely due to the formation of 

silicified frustules around the cell wall being disturbed by the changes in pH. 

Trends between strains 

As expected, lowering the concentration of nitrate tenfold to 8.82x10-5 M decreased 

the growth of all three strains (Figure 4.1, 4.2, and 4.3). This decrease was significant 

for N. oculata (p = 0.006) and P. tricornutum (p = 0.003) (Appendix Table A3) but 

due to the spread of measurements for the D. primolecta replicates, it is unclear just 

how much of an impact low nitrate concentration had on this strain. We expected to 

see a similar trend for both the NaCl concentration and varying salinity concentrations 

as NaCl is the main component of Aquil synthetic seawater at 24 g/L. However, Aquil 

synthetic seawater is a mixture of seven salts affecting the salinity, buffering potential, 

and minerality of the medium. For each strain, 0 g/L NaCl resulted in a significant 

decrease in growth which is expected as they had been isolated from a marine 

environment and maintained in saline conditions. The specific growth rates of D. 

salina remained unaffected under growth at 12 g/L, 24 g/L, and 36 g/L NaCl (average 

μ = 4.34, 5.05, and 4.27 day-1, respectively) (Appendix Table A3). In comparison, 

growth under varying salinity which was significantly reduced for both low (4.3 ppt) 

and high (86 ppt) conditions. Dunaliella spp., are suspected to be obligate marine 

microalgae as there have been no freshwater species described so far. Furthermore, D. 

salina is used as a model organism for studying halotolerance and osmotic stress. 228 

It was therefore expected that the growth D. salina would be unaffected by increases 

in NaCl and salinity, however growth was reduced under high salinity. The specific 

growth rate of N. oculata almost doubled when grown in 36 g/L NaCl from 14.75 day-

1 to 26.26 day-1. This increase was not as large as when N. oculata was grown under 

high salinity. Conversely, growth of the diatom P. tricornutum decreased by 71% 

when grown under high NaCl but growth only decreased by 13% when grown under 

high salinity. Finally, P. tricornutum was the only strain to be significantly affected by 

pH stress with average specific growth rates of 11.26, 13.38, and 7.94 day-1 for pH 4, 

7.6, and 10, respectively. In contrast, growth of N. oculata and D. primolecta remained 

unaffected by acidic or basic pH conditions, whilst growth of P. tricornutum was 

significantly reduced under acidic and basic conditions (p = 0.02 and 1.18x10-5, 

respectively)  
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Figure 4.1 Box plots summarising growth rates of Nannochloropsis oculata grown 

under varying conditions with box plots showing the 25-75% range, median values 

as thick lines and mean values as solid squares. Conditions are as follows: NaNO3 

(grey); control (8.82x10-4 M), low (8.82x10-5 M), high (8.82x10-3 M); NaCl (red); 

control (24 g/L), low (12 g/L), high (36 g/L), deplete (0 g/L); salinity (blue); control 

(43 ppt), low (4.3 ppt), high (86 ppt); and pH (green); control (7.6), low (4), high 

(10). P-values are based on a t-test between condition and control for each stress. 
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Figure 4.2 Box plots summarising growth rates of Dunaliella primolecta grown 

under varying conditions with box plots showing the 25-75% range, median values 

as thick lines and mean values as solid squares. Conditions are as follows: NaNO3 

(grey); control (8.82x10-4 M), low (8.82x10-5 M), high (8.82x10-3 M); NaCl (red); 

control (24 g/L), low (12 g/L), high (36 g/L), deplete (0 g/L); salinity (blue); control 

(43 ppt), low (4.3 ppt), high (86 ppt); and pH (green); control (7.6), low (4), high 

(10). P-values are based on a t-test between condition and control for each stress. 
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Figure 4. 3 Box plots summarising growth rates of Phaeodactylum tricornutum 

grown under varying conditions with box plots showing the 25-75% range, median 

values as thick lines and mean values as solid squares. Conditions are as follows: 

NaNO3 (grey); control (8.82x10-4 M), low (8.82x10-5 M), high (8.82x10-3 M); NaCl 

(red); control (24 g/L), low (12 g/L), high (36 g/L), deplete (0 g/L); salinity (blue); 

control (43 ppt), low (4.3 ppt), high (86 ppt); and pH (green); control (7.6), low (4), 

high (10). P-values are based on a t-test between condition and control for each 

stress. 
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4.2.2 Overview of the Effect of Abiotic Stress on Metabolite Production 

A molecular network of extracts from the three strains grown under each abiotic 

condition in triplicate comprised 2284 nodes, of which 51.2% were shared between at 

least two of the three strains (Figure 4.4, Figure 4.5). In chapter 3, we saw that when 

grown under standard laboratory conditions, the chemical profiles of particular clades 

and strains were distinct from one another. After taking a more in depth look in this 

chapter at their chemical profiles (through LC-MS/MS and molecular networking 

analysis), it can be seen that there is a shared chemical space between different phyla 

of microalgae, particularly when some of their chemical potential is unlocked using 

the OSMAC approach. However, there are still distinct differences in the chemical 

profiles at the genus level for these strains, with 24.1% (550) of features only found in 

P. tricornutum extracts, 17.3% (391) of features are unique to D. primolecta, and 7.4% 

(169) of features are distinct to N. oculata extracts (Figure 4.5). These distinct features 

for each strain tend to cluster within specific molecular families of metabolites with 

related structural moieties. Not only does each strain have a set of distinct features, but 

so does each stress. Focusing on features that were only produced in response to stress 

(i.e., NaCl, salinity, nitrate, or pH) revealed that 49% of features were only produced 

by strains grown under a particular stress: 22.8% of features were only produced in 

response to salinity stress, 17.1% in response to nitrate stress, 7.7% in response to 

NaCl stress, and 1.4% in response to pH stress (Figure 4.6). This aligns with the effect 

seen on the growth of these organisms with salinity having the greatest effect on the 

growth of all three strains, followed by nitrate, NaCl, and finally pH which only had a 

significant effect on the growth of P. tricornutum. 
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Figure 4.4 GNPS classical molecular network of MS/MS features detected from 

extracts of Nannochloropsis oculata (blue), Dunaliella primolecta (green), and 

Phaeodactylum tricornutum (orange) grown under varying pH (triangles), salinity 

(diamonds), NaCl concentrations (squares), and nitrate concentrations (hexagons). 

Features shared between strains are in yellow while features shared across conditions 

are presented as circles. 
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Figure 4.5 Pie chart showing the distribution of MS/MS features across strains: P = 

Phaeodactylum tricornutum, orange; D = Dunaliella primolecta, green; N = 

Nannochloropsis oculata, blue; D+P = features shared between D. primolecta and P. 

tricornutum, green and orange stripes, D+N = features shared between D. primolecta 

and N. oculata, green and blue stripes, N+P = features shared between N. oculata and 

P. tricornutum, blue and orange stripes, D+N+P = features shared between all three 

strains, yellow. 
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Figure 4.6 Bar chart of the percentage of total MS/MS features only detected in 

response to specific stresses; varying salinity (Aquil synthetic seawater), nitrate 

concentrations, NaCl concentrations, and pH. The percentages are listed above each 

bar. 
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From the overview molecular network (Figure 4.4), salinity had the greatest effect on 

metabolite production with 22.8% of features detected from microalgal extracts from 

salinity stress. It also had the greatest effect on growth with specific growth rates being 

significantly reduced under low salinity (4.3 ppt) for all three strains. These changes 

in growth were coupled with large changes in metabolite production with 17.9-23.6% 

of metabolites only produced under low salinity ( 

Figure 4.7). This effect can also be seen in deplete and low NaCl conditions with 6.6-

17.1% and 4.4-10.8% of metabolites only produced under these conditions. In fact, the 

spread of metabolites across each condition was similar for each strain, suggesting that 

these marine strains may have common strategies for responding to salt stress. 

Interestingly, high salinity and NaCl concentration had a much smaller effect (3.6-

5.4% for salinity and 2.9-6.3% for NaCl) which shows that hypoosmotic stress has a 

greater influence on metabolite production than hyperosmotic stress ( 

Figure 4.7). This also agrees well with the growth data, as high salinity and NaCl did 

not impact growth in the same way that low conditions did. One notable difference 

across strains is that of D. primolecta grown under deplete NaCl which stimulated the 

production of 191 (17.1%) metabolites that are not found in the other conditions. The 

poor growth and large change in metabolism gives further support that Dunaliella spp. 

are obligate marine microalgae.  

After salinity, varying nitrate concentrations had the second largest impact on the 

metabolite profiles with 17.1% of metabolites only detected when strains were grown 

under nitrate stress. Although low nitrate (8.82x10-5 M) had the greatest effect of the 

specific growth rates of all strains, it had less of an influence on metabolite production 

with 9.1-11.3% of metabolites only produced under low nitrate conditions compared 

with 14.1-15.4% of metabolites detected in extracts from high nitrate (8.82x10-3 M) 

cultures. This is interesting from an ecological point of view, as eutrophication has 

caused an increase of nitrate in the oceans causing increased growth of microalgae 

(algal blooms). However, the effect of these increased nitrate levels on the metabolism 

of these organisms and how this may impact the food chain remains underexplored. 

As with salinity, the distribution of metabolites across control, low, and high 

conditions is similar for all three strains ( 
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Figure 4.7), again demonstrating that there could be common response mechanisms 

to nitrate stress. 

Finally, pH stress had the lowest impact on growth with only the specific growth rate 

of P. tricornutum decreasing significantly under low (pH 4) and high (pH 10) 

conditions, and D. primolecta seeing an increase in growth under pH 4. As seen with 

the other stresses, the impact on growth correlates well with the impact on metabolite 

production with only 1.4% of metabolites produced specifically under pH stress. Once 

again, the distribution of metabolites according to each condition was very similar for 

all strains with 6.1-11.8% only detected under high pH conditions, 6.1-8.0% only 

detected in control samples, and 7.3-8.2% of features only detected under low pH 

conditions.  D. primolecta had a higher specific growth rate under acidic (low pH) 

conditions and this did correlate with a slightly higher (8.2% compared to 7.3% and 

7.4%) number of metabolites detected for D. primolecta compared to the other two 

strains.  

The sheer amount of data presented in Figure 4.4 makes it difficult to understand the 

influence of varying levels of each stress and therefore only provides a global overview 

on which types of stress are having the greatest overall effect. To gain greater insights 

into the influence of each stress, and the varying levels of those stresses, classical 

molecular networks were produced for each stress and for each strain grown under 

each stress. Below offers some of the insights from this in-depth analysis. There is still 

much more to be explored in terms of metabolite discovery and piecing together the 

influence of particular stresses on metabolic and biosynthetic pathways. 
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Figure 4.7 Pie charts illustrating the distribution of MS/MS features as percentages 

(given in figure) for all three strains under all four stresses: (A) N. oculata grown 

under varying salinity, (B) D. primolecta grown under varying salinity, (C) P. 

tricornutum grown under varying salinity, (D) N. oculata grown under varying NaCl 

concentrations, (E) D. primolecta grown under varying NaCl concentrations, (F) P. 

tricornutum grown under varying NaCl concentrations, (G) N. oculata grown under 

varying nitrate concentrations, (H) D. primolecta grown under varying nitrate 

concentrations, (I) P. tricornutum grown under varying nitrate concentrations, (J) N. 

oculata grown under varying pH, (K) D. primolecta grown under varying pH, and 

(L) P. tricornutum grown under varying pH. 
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4.2.3 Salinity and NaCl Concentration 

From the salinity molecular network (Figure 4.8), 2749 features were detected, 28% 

of those coming from the media and solvent controls. Individual networks were created 

for each strain with the highest number of features detected for P. tricornutum at 701, 

followed by D. primolecta with 584 features, and N. oculata with 348 (Appendix Fig 

A4, A8, A12). As mentioned above, all three strains have a similar distribution of 

MS/MS features across the three conditions of low salinity (4.3 ppt), control (43 ppt), 

and high salinity (86 ppt). Following a similar trend to growth, low salinity had the 

greatest effect on metabolite production with 17.9-23.6% of metabolites only produced 

when strains were grown under low salinity. This is five times the number of 

metabolites detected when strains are grown in high salinity (3.6-5.4%) with the 

remaining metabolites being distributed across control samples (10.1-11.6%) or shared 

between two or three conditions. A similar trend can be observed from the NaCl 

molecular network, however with far fewer overall features at 1882, 32% of which are 

from media and control blanks (Figure 4.9). Deplete (0 g/L NaCl) and low (12 g/L 

NaCl) conditions again had the greatest impact on metabolite production with 6.6-

17.1% and 4.4-10.8%, respectively. D. primolecta, in particular, saw the greatest 

change in its metabolite profile in response to low salinity/NaCl concentration with 

23.6% of metabolites only produced under low salinity and 20% of metabolites only 

produced when cultures were grown in medium deplete of NaCl or under low NaCl 

conditions (Figure 4.5). The only metabolites identified through comparison with the 

GNPS libraries were monopalmitolein and 1-octadecanamide (stearamide) which were 

found in all strains grown under all salinity and NaCl conditions. The lack of matches 

to previously discovered metabolites makes dereplication and putative identification 

of derivatives an incredibly difficult task.  

Metabolites that are only detected from a specific strain tend to cluster together into 

molecular families and this can be seen in the salinity and NaCl molecular networks. 

For example, Figure 4.10 A shows that 24 of the 35 metabolites in this molecular 

family were only detected in samples from P. tricornutum. More interestingly, 25 of 

these metabolites are only found under low salinity conditions, with the majority of 

these being medium-high molecular weight (721.382-1177.67 m/z) metabolites 

coming from P. tricornutum. Another molecular family (Figure 4.10 B) of structurally 
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similar (cosine score >0.7) medium-high molecular weight metabolites (672.406-

1233.76 m/z) were only produced by P. tricornutum under low salinity, and another 

molecular family of seven low molecular weight metabolites (372.738-781.545 m/z) 

were only produced under high salinity. This can also be observed for N. oculata 

(Figure 4.10 C) with a molecular family of high molecular weight metabolites 

(833.472-2284.49 m/z) only being detected for N. oculata grown under low salinity 

conditions. This trend is not as clear for D. primolecta, however there are some small 

molecular families with 3-4 members that again are only produced under low salinity 

conditions (Figure 4.10 D). From the molecular networks it can be seen that there 

were at least four molecular families of metabolites that were solely detected in that 

strain for salinity (four by N. oculata, five by D. primolecta, and seven by P. 

tricornutum) and at least two molecular families solely detected for that strain under 

NaCl (two for N. oculata, five for D. primolecta, and 13 for P. tricornutum). Not only 

does this support conclusions from chapter 3 that diatoms are a rich source of novel 

chemistry, but it could also allow for MS/MS “fingerprinting” of environmental 

cultures to rapidly identify populations to genus or species level. 
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Figure 4.8 GNPS classical molecular network of MS/MS features detected from 

extracts of Nannochloropsis oculata (blue), Dunaliella primolecta (green), and 

Phaeodactylum tricornutum (orange) grown under varying salinity: low = 4.3 ppt 

Aquil, diamond; control = 43 ppt Aquil, circle; high = 86 ppt Aquil, triangle). 

Features shared between conditions are presented as yellow circles. 
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Figure 4.9 GNPS classical molecular network of MS/MS features detected from 

extracts of Nannochloropsis oculata (blue), Dunaliella primolecta (green), and 

Phaeodactylum tricornutum (orange) grown under varying NaCl concentrations: 

deplete = 0 g/L NaCl, square; low = 12 g/L NaCl, diamond; control = 24 g/L NaCl, 

circle; high = 36 g/L NaCl, triangle). Features shared between conditions are 

presented as yellow circles. 
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Figure 4.10 Examples of molecular families detected under specific conditions: (A) 

metabolites in orange are only produced by P. tricornutum with diamonds 

representing metabolites only produced under low salinity, (B) metabolites only 

produced by P. tricornutum (orange) under low salinity (diamonds) or high salinity 

(triangles), (C) molecular family produced in response to low salinity by N. oculata, 

(D) molecular families produced in response to low salinity by D. primolecta. 
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4.2.4 Nitrate Concentration 

The nitrate molecular network (Figure 4.11) had the highest overall number of 4982 

features detected with 12.6% from media and solvent controls. Individual networks 

were created for each strain with 1003 features detected for P. tricornutum, 843 for D. 

primolecta, and 667 for N. oculata (Appendix Fig A6, A10, A14). Whilst low nitrate 

had the greatest impact on the growth of each strain, in the chemical analysis it was 

the high nitrate concentration that had the greatest impact. For high nitrate, 14.1-15.4% 

of metabolites were only produced under this condition compared to 9.1-11.3% for 

low nitrate. This somewhat contradicts the trend seen with salinity and NaCl where 

reduced growth correlated with increased metabolite production. As well as 1-

octadecanamine, three other metabolites were identified in all strains across all 

conditions – hexanedioic acid, 13-keto-9Z,11E-octadecadienoic acid, and 9,12-

octadecadien-1-ol. These were all matches to the MassBank229 library which is an open 

access repository of small molecules (<3000 Da) of compounds (natural and synthetic) 

relevant to life sciences.  

Comparing the nitrate molecular network to those of salinity and NaCl, there are far 

more molecular families with smaller numbers of metabolites in each in the nitrate 

network. The reason for this is unclear as the same parameters were used to construct 

all networks so they could be easily compared to one another. There is also much more 

shared chemistry across the strains with 886 (20.3%) of metabolites shared between at 

least two strains. In terms of strain specific molecular families, there was only one 

detected for P. tricornutum and D. primolecta. The effect of varying nitrate conditions 

affected the production of metabolites belonging to most molecular families rather 

than specific molecular families as seen with salinity and NaCl. After light and 

inorganic carbon, nitrogen is the most prominent nutrient required for the growth and 

survival of microalgae so it not surprising that all aspects of metabolism are affected 

by a 10-fold increase or decrease in nitrate concentration. Only one molecular family 

predominantly comprised of metabolites (913.507-1221.68 m/z) solely detected when 

D. primolecta was cultured under high nitrate (Figure 4.12 A). A number of other 

molecular families showed examples of metabolites that were only produced in 

response to high or low nitrate in all three strains. For example, Figure 4.12 B shows 

three metabolites with parent masses 635.385, 679.277, and 784.491 m/z which are 
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detected in samples from all three strains under low nitrate conditions. Similarly, 

Figure 4.12 C shows a molecular family with four metabolites (477.234, 563.27, 

649.308, and 838.408 m/z) which were produced by all three strains under high nitrate. 

It is remarkable that the high nitrate concentration had such an impact on metabolite 

production in these strains and this result could be important for understanding how 

the eutrophication of our waters affect the aquatic food chain. It has been shown that 

high nitrogen and phosphorous levels lead to more blooms of toxic microalgae and 

cyanobacteria, but the effect it has on non-toxic or non-bloom forming microalgae 

requires further investigation. 
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Figure 4.11 GNPS classical molecular network of MS/MS features detected from 

extracts of Nannochloropsis oculata (blue), Dunaliella primolecta (green), and 

Phaeodactylum tricornutum (orange) grown under varying nitrate concentrations: 

low = 8.82x10-5 M NaNO3, diamond; control = 8.82x10-4 M NaNO3, circle; high = 

8.82x10-3 M NaNO3, triangle). Features shared between conditions are presented as 

yellow circles. 
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Figure 4.12 Examples of molecular families detected under specific conditions: (A) 

metabolites in green are only produced by D. primolecta with triangles representing 

metabolites only produced under high nitrate, (B) molecular family produced in 

response to low nitrate (diamonds) by all strains (yellow) and D. primolecta (green), 

and (C) metabolites only produced under high nitrate (triangles) by all three strains 

(yellow). 
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4.2.5 pH 

The pH network shows a total of 1197 features detected, with 48% coming from the 

media and solvent controls (Figure 4.13). This is much higher than for the salinity 

(28%), NaCl (32%), and nitrate (12.6%) networks and this may be due to degradation 

of extracts over time as these experiments were performed at a much earlier stage in 

the project. However, extracts were analysed together so comparisons across all strains 

and conditions could be made. With that being noted, from the networks of each 

individual strain, P. tricornutum still had the highest number of features detected with 

335, followed by D. primolecta with 284, and N. oculata with 184 (Appendix Fig A7, 

A11, A15). As with salinity and NaCl concentrations, conditions that had the greatest 

impact on growth also had the greatest impact on metabolite production. For D. 

primolecta growth was increased under acidic conditions which resulted in 8.2% (23) 

of metabolites only being detected under this condition. However, this is negligible as 

8% (22) metabolites were only produced under both control and basic pH conditions. 

Monopalmitolein and 9,12-octadecadien-1-ol were again the only metabolites 

identified through matching with the GNPS spectral libraries and was detected in all 

strains grown under all conditions. The effect is more pronounced in P. tricornutum as 

the 41% reduction of growth (Figure 4. 3) under basic conditions resulted in 11.8% 

(40) of metabolites only being detected in samples from this condition (Figure 4.5). 

Growth was also reduced under acidic pH but only by 14% which was coupled with 

7.4% (25) of metabolites specifically detected under this condition. 

As seen in the nitrate network, 25.7% of chemistry is shared between two or more of 

the strains. Although changes in nitrate concentration affected metabolites shared by 

all three strains, changes in pH affected metabolites that were strain specific. In fact, 

only one metabolite with a parent mass of 764.577 m/z was detected in samples from 

all three strains in response to acidic conditions (Figure 4.14 A). Molecular families 

included metabolites that were strain-specific but only detected under a particular 

condition. For example, Figure 4.14 B shows a molecular family of 19 metabolites, 

six of which are present in control samples from all strains, one (473.435 m/z) which 

is only found in samples from all strains grown in basic conditions, and five 

metabolites that are strain-specific under basic conditions. Two of those metabolites 

were specific to N. oculata (487.414 and 349.31), another two were specific to P. 
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tricornutum (543.44, 884.712 m/z) and one for D. primolecta (445.403 m/z). 

Interestingly, this molecular family also contained a sub-cluster of five metabolites 

detected from P. tricornutum acidic samples and had higher molecular weights than 

the rest of the molecular family with a range 856.686-886.707 m/z. There is the 

possibility that some of the features detected in these networks are actually degradation 

products due to the age of the extracts when analysis was performed. From the analysis 

provided here, pH stress results in minimal changes to metabolite production and these 

changes appear to be strain specific rather than shared mechanisms of adapting to pH 

stress. 
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Figure 4.13 GNPS classical molecular network of MS/MS features detected from 

extracts of Nannochloropsis oculata (blue), Dunaliella primolecta (green), and 

Phaeodactylum tricornutum (orange) grown under varying pH: low = pH 4, 

diamond; control = pH 7.6, circle; high =pH 10, triangle). Features shared between 

conditions are presented as yellow circles. 
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Figure 4.14 Examples of molecular families detected under specific conditions (A) 

metabolites produced by all strains (yellow) under low pH (diamonds), (B) 

metabolites produced by all strains (yellow), D. primolecta (green), N. oculata 

(blue), or P. tricornutum (orange) under control (circles), low pH (diamonds), or 

high pH (triangles). 
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4.3 Discussion 

4.3.1 Evaluating Stress in Microalgae 

From this analysis, there was a general trend that a decrease in growth resulted in an 

increase in metabolite production. A study by Renauld and Parry observed that total 

lipid content increased with salinity (from 10-35 ppt) for Nannochloropsis oculata, 

with cis-9-hexadecanoic acid [16:1 (n-7)] increasing up to 24.1% of total fatty acids 

when grown under 35 ppt salinity. However, this was coupled with a significant 

reduction in the specific growth rate of N. oculata at 35 ppt.230 Another study which 

used homology-based proteomics observed that under hypersaline (3 M NaCl) 

conditions, Dunaliella primolecta increases production of enzymes key to the Calvin 

cycle and regulating protein biosynthesis.231 This is believed to contribute to the 

organism’s tolerance of hypersaline environments. As such, this could explain the 

variation in metabolite profile under low or deplete NaCl conditions when these 

metabolic pathways may be suppressed in favour of other pathways that protect the 

cell from hyposaline conditions. In both of the above studies, hypersaline or high 

salinity were defined differently. In Renaud and Parry’s study, 35 ppt is equivalent to 

0.6 M NaCl whilst the proteomics study defined 3 M NaCl as hypersaline. This makes 

comparison of results across studies very difficult. It also brings into question whether 

“high” and “low” conditions could be strain specific. Dunaliella spp. are known to be 

halotolerant and D. salina is grown commercially in media with up to 5 M NaCl in 

order to maximise β-carotene production. On the other hand. 0.6 M NaCl was 

sufficient to cause stress to N. oculata resulting in reduced growth and increased total 

fatty acid content. To conflict with this result, the specific growth rate of our N. oculata 

CCAP 849/1 strain almost doubled when grown under 0.62 M NaCl. This variation in 

defining high versus low conditions, and the response to individual strains to these 

conditions makes systematic investigations difficult to achieve and comparison to 

literature almost impossible. Perhaps wider transcriptomic analyses could provide a 

solution to this problem and using microarrays would allow this to be done in a 

systematic and high-throughput way. Nagappan, et al., published a thorough review 

on the physiological changes in microalgae in response to nitrogen starvation which 

included metabolomic, transcriptomic, proteomic, and biochemical analyses from 

across the literature. This review illustrated the complexity of this area of research as 
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nitrogen deprivation affected the production of chlorophyll, carbohydrates, 

carotenoids, lipids, and biomass, as well as altering the regulation of the Calvin cycle, 

glycolysis, the pentose phosphate pathway, and photosynthesis.232 It is undeniable that 

the OSMAC approach is useful as it has led to the commercialisation of high-value 

products from microalgae, such as β-carotene and astaxanthin, which globally are 

worth US$155 million (2015) and US$770 (expected by 2024).213 It is still unknown 

how these stressful culturing conditions stimulate the production of these specialised 

metabolites. There is also huge relevance to linking these findings to phenomena in 

their natural ecosystem, particularly since anthropogenic climate change continues to 

cause extreme weather events, eutrophication, ocean acidification, and global 

warming.233 

4.3.2 Using Metabolomics Tools to Investigate Stress in Microalgae 

The GNPS ecosystem allows networks of structurally similar metabolites to be created 

and screened against 33 libraries of compounds. One downfall of this screening is that 

GNPS contains libraries such as MassBank229 and the National Institute of Standards 

and Technology (NIST) databases which also contain synthetic molecules not found 

in nature. Due to the paywall behind natural product libraries such as MarinLit,157 

AntiBase158, and Dictionary of Natural Products,159 they are not included in the GNPS 

libraries. This lack of available natural product - and specifically algal natural products 

- libraries makes annotation and dereplication a frustrating and unfruitful endeavour. 

From the analysis above of 2284 metabolites only five metabolites were identified: 

monopalmitolein, 1-octadecanamine, hexanedioic acid, 13-keto-9Z,11E-

octadecadienoic acid, and 9,12-octadecadien-1-ol. Gaining meaningful information 

from large MS2 datasets without the aid of dereplication requires the use of expensive 

instrumentation such as NMR and HPLC which give more detailed structural 

information and aid in isolation of metabolites, respectively. Even using NMR to guide 

the isolation of metabolites through HPLC can result in the isolation of known 

metabolites which is a huge loss of money and time when researchers are working 

within strict grant budgets and timeframes. One method to aid in the prioritisation of 

metabolites from molecular networking is coupling this mass spectral data with 

bioactivity data. The bioactivity-based molecular networking platform was developed 

in 2018 and led to the discovery of new antiviral metabolites from the well-studied 
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plant Euphorbia dendroides.234 Since then, a database of Euphorbia metabolites was 

created and implemented into the MolNetEnhancer framework175 through 

Mass2Motifs.174 Another development from the GNPS ecosystem was the Mass 

Spectrometry Interactive Virtual Environment (MassIVE) data repository, an open-

access platform for researchers to search other publicly available datasets, integrate 

annotations from these datasets, or conduct comparative analysis with their own 

datasets. Unfortunately, when searching this repository for microalgae, only one 

dataset can be found which belongs to our published work from Chapter 3. Searching 

for algae returns 27 datasets and there are 51 datasets on cyanobacteria. In comparison, 

there are 121 datasets on the genus Streptomyces (www.massive.ucsd.edu, accessed 

09/09/2021). 

http://www.massive.ucsd.edu/
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5. Investigating the Effect of 405 nm Light on Microalgal Growth and 

Metabolite Production 

  

5.1.1 Introduction 

Photosynthesis is the process of utilising light, carbon dioxide, and water to produce 

oxygen and sugar that fuels the cell. It is a complex process that occurs in the thylakoid 

region of the chloroplasts where light is harvested by pigments and converted into 

chemical energy, namely the molecules ATP and NADPH. These molecules then enter 

the stroma and drive the reactions of the Calvin cycle where carbon dioxide binds to 

RuBisCo (Ribulose-1,5-bisphosphate carboxylase-oxygenase) and undergoes 

chemical transformation into sugars.235 This entire process is made possible by the 

energy supplied through light, specifically light in photosynthetic active radiation 

(PAR) range of 400-700 nm.236 Light of varying wavelengths are captured by pigments 

in the thylakoids and some common pigments and the wavelengths of light they absorb 

are given in Table 5. 1. Chlorophyll a is found in all photosynthetic organisms and has 

peak absorption at 663 nm which is higher than both chlorophyll b (648 nm), and 

chlorophyll c (588 nm).237, 238 Most carotenoids have an absorption peak between 400 

and 500 nm.237 Pigments are selective in the range of light they can harvest as each 

wavelength has a frequency and energy associated with it. These parameters are 

inversely proportional to one another e.g., violet light with a wavelength of 400 nm 

has a frequency of 7.50x1014 Hz and 3.10 eV of energy compared to red light with a 

longer wavelength of 700 nm but a lower frequency (4.29x1014 Hz) and energy (1.77 

eV) value.  
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Table 5. 1 List of pigments commonly found in microalgae and the wavelengths at 

which their absorption peaks. 

Pigment Lambda Max (nm) 

Chlorophyll a237 430, 663 

Chlorophyll b237 463, 648 

Chlorophyll c238 419, 568, 588 

β-carotene237 449. 473 

Violaxanthin237 417, 440, 469 

Fucoxanthin239 445, 663, 750 

Lutein237 423, 445, 474 

Zeaxanthin237 452, 478 

Phycoerythrin240 498, 539, 565 

Diadinoxanthin241 440, 462, 490 

Diatoxanthin241 453, 483 

Cryptoxanthin242 448 
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Photosynthesis is the basis of primary metabolism in plants and algae. Therefore, light 

of varying intensity, wavelength, and photoperiod greatly influences the growth and 

metabolism of photosynthetic organisms. For example, Xu and Harvey cultured 

several subspecies of D. salina under high light intensity (1000 μmol photons/m2/s) 

blue and white LED and reported that whilst growth was unaffected, chlorophyll 

content was higher under blue light but in all strains, except one, carotenoid production 

was significantly lower.132 For Nannochloropsis sp. although growth (specific growth 

rate, μ) was lower under blue light (400-525 nm), the biomass productivity per number 

of photons supplied was 32% higher compared to white light and lipid content 

increased from 50% to 60% of organic weight. It was suspected this was due to the 

enhanced activity of enzymes such as RuBisCo.243 On the other hand, blue light 

irradiance caused the specific growth rate of the Rhodophyte Porphyridium cruentum 

to double to 0.44 and this was coupled with increased polysaccharide production at the 

same maximum cell density of 4x109 cells/L.191 

As well as blue light having promising effects on growth and metabolite production 

on microalgae, research into narrowband wavelengths has led to the discovery that 405 

nm light has bactericidal effects against a range of Gram-positive and Gram-negative 

bacteria.136 This is useful for industrial microalgal culturing as bacterial communities 

often co-exist with microalgal cultures and grow at much faster rates which can out-

compete the microalgal cultures for nutrients. Preliminary tests by Xanthella Ltd. 

(Oban, Scotland, UK) demonstrated that cultivating microalgae under 405 nm 

illumination keeps bacterial cell counts at a minimum without affecting the growth of 

the eukaryotic microalga Chlorella sorokiniana (not published). It has also been shown 

that culturing Nannochloropsis oculata and Tetraselmis chuii under LEDs emitting 

390-450 nm wavelengths increased nutrient uptake and protein production compared 

to white light. Therefore, growing microalgae under 405 nm light at an industrial scale 

may be advantageous.137 

To evaluate the effect of narrowband 405 nm light, one litre MicroPharos™ 

photobioreactors designed and built by Xanthella Ltd. (Oban, Scotland, UK) were 

used. Algae are often grown in bags, flasks, or carbouys for research purposes and 

whilst these are efficient methods, they lack the same control that a bioreactor allows. 

For example, bags, flasks, and carbouys are often kept in temperature-controlled rooms 
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where temperature and light may be interrupted by opening and closing of the door. 

With photobioreactors, the culture is closed off from the outside environment with 

probes monitoring the temperature of the culture (rather than the room the culture is 

in) and illumination only coming from the light tiles attached to the photobioreactor.244, 

245, 246 It is important to note that the frequency and energy output from broad spectrum 

white light and narrowband 405nm light differs considerably and therefore an equal 

current of light was provided for cultures grown under both light conditions.  

Along with assessing growth of cultures under white and 405 nm LED illumination, 

we also measured the quantum efficiency of Photosystem II. This is achieved through 

calculating Fv/Fm, where Fv is the variable fluorescence (maximum fluorescence minus 

minimum fluorescence) and Fm is the maximum fluorescence. This ratio is a good 

indication of stress to the photosynthetic machinery as when the chloroplast 

experiences light stress, it closes more reaction centres and light energy must be 

dissipated in a non-photosynthetic process, such as fluorescence or heat.247 Therefore, 

stress lowers the Fv/Fm value which means the quantum efficiency of Photosystem II 

is reduced. For example, iron supplementation in parts of the Southern Ocean that were 

depleted in iron led to increased Fv/Fm values of the phytoplankton community from 

0.23 to 0.39 in 5 days.248 For these experiments, cultures did not undergo dark 

adaptation before measurements were taken as reaction centres can open rapidly when 

light stress is removed and therefore Fv’/Fm’ was measured.  

In order to assess the impact of light on metabolite production, cultures from both 

conditions (either 405 nm or white light only) were extracted and subjected to LC-

MS/MS analysis. Crude extracts contain a complex mixture of metabolites and 

therefore bioactive metabolites may exist in such a low relative quantity that its activity 

is masked. Conversely, the synergistic effect of multiple metabolites within an extract 

can elicit an inhibitory effect in bioassays. When these metabolites are then separated 

in an attempt to isolate a pure metabolite, the observed bioactivity may be lost.234 Li, 

et al. used bioactivity-guided fractionation of an extract from the cyanobacterium 

Derbsia sp.. After isolating the suspected bioactive metabolite, pagoamide A, they 

discovered that the pure metabolite did not show inhibition in their calcium oscillation 

assay.155 For these reasons, fractionation of crude extracts is an important part of the 

natural product and drug discovery process. This is achieved using a variety of 
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separation and chromatographic techniques, such as liquid-liquid extraction (LLE), 

solid phase extraction (SPE), vacuum liquid chromatography (VLC), and pressurised 

liquid chromatography (low – LPLC, medium – MPLC, high -HPLC, ultra-high – 

UHPLC).149  

5.1.2 Aims and Objectives  

The impact of 405 nm light on microalgal strains was assessed by monitoring growth, 

stress to the Photosystem II machinery, and comparative metabolomics methodology. 

Four strains, each belonging to a different phylum, were assessed to compare trends in 

growth and metabolite production across taxonomic boundaries. It was not expected 

that there would be a mutual response by all four strains, but perhaps specific 

metabolites would be affected by the narrowband wavelength of light. It was 

hypothesised that discovery of high value metabolites, such as anti-microbial 

metabolites, could offset the high cost required to cultivate microalgae under 405 nm 

which has the additional benefit of reduced contamination. 

Objective 1: To evaluate the effect of narrowband 405 nm LED illumination on the 

growth of Nannochloropsis oculata CCAP 849/1, Dunaliella primolecta CCAP 11/34, 

Phaeodactylum tricornutum CCAP 1055/15, and Porphyridium cruentum UTEX 161. 

• Compare growth of strains under 405 nm and white LED illumination. 

• Determine growth rates under both light conditions. 

• Measure quantum efficiency of Photosystem II under both light conditions. 

Objective 2: To investigate whether narrowband 405 nm LED elicits the production of 

antimicrobial metabolites. 

• Analyse metabolite extracts using multivariate statistics and molecular 

networking. 

• Fractionate extracts to increase the relative concentration of individual 

metabolites. 

• Test antimicrobial activity of metabolite extracts and fractions. 
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5.2 Results 

5.2.1 Effect of 405 nm on Growth and Photosynthetic Efficiency 

Four strains of microalgae were grown in triplicate in MicroPharos™ photobioreactors 

under white and 405 nm illumination. The average starting concentration for each 

strain was 1.9x106 cells/mL for Nannochloropsis oculata, 4.5x104 cells/mL for 

Dunaliella primolecta, 3.8x105 cells/mL for Phaeodactylum tricornutum, and 5.3x104 

cells/mL for Porphyridium cruentum. The growth curves showed great variation 

amongst the four strains with a lag phase of 1-9 days followed by a linear phase lasting 

from 10-27 days. Overall culturing times also varied from 14 days for N. oculata to 31 

days for D. primolecta.  

N. oculata did not show any significant changes in growth when cultured under white 

and 405 nm light (Figure 5.1, Figure 5.5), although growth rate and final cell 

concentration were both lower for 405 nm cultures. Even though the growth curves 

ended at a similar cell concentration, there is a clear difference in the steepness of the 

linear portion of the curve, which is confirmed by the reduced specific growth rate of 

0.24 day-1 under 405 nm light compared to 0.34 day-1 under white light (Figure 5.5, 

Appendix Table A4). The growth curves and growth rates for P. tricornutum (Figure 

5.3) were very similar to that of N. oculata. Both strains had a short lag time that was 

not observable in the growth curves and reached stationary phase at day 14 and day 

15, respectively. The shape of both sets of curves were very similar to one another, 

except for the steepness of the curves, which resulted in specific growth rates of 0.32 

day-1 under white light and 0.30 day-1 under 405 nm light (Figure 5.5, Appendix 

Table A4). P. tricornutum also had the most consistent growth across all three 

replicates with a standard error of the mean (SEM) of 0.003 for cultures grown under 

white light and 0.008 for those grown under 405 nm light (Appendix Table A4). This 

certainly was not the case for D. primolecta and P. cruentum which showed 

fluctuations throughout the period of growth and amongst replicates. D. primolecta 

(Figure 5.2) under 405 nm light did not begin to grow until after day nine, suggesting 

that the strain had to adapt to utilise this wavelength of light. Meanwhile, the cell 

concentration of P. cruentum under 405 nm light did not increase at all during the 

culturing period. Cell counts for D. primolecta were inconsistent throughout the 

culturing period which could only be attributed to sampling variation as cells sunk to 
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the bottom of the reactor and had to be manually agitated before samples were taken. 

However, the overall trend of reduced growth under 405 nm light is still clear. In fact, 

D. primolecta showed a 50% reduction in growth under 405 nm light compared to 

white light. The red microalga (Rhodophyte) P. cruentum did not grow at all under 

405 nm illumination (Figure 5.4). However, this may be due to low light intensity 

rather than the wavelength of light. Cultures were inoculated at a starting concentration 

of 5.3x104 cells/mL and light input was kept low at 5 mA (13.3 μmol photons/m2/s for 

white light and 3.8 μmol photons/m2/s for 405 nm light). When grown at higher light 

intensities, cultures aggregated and sunk to the bottom of the photobioreactor and 

adjusting the culture medium and pH did not reduce this phenomenon. It was then 

postulated that light intensity was causing photodamage. Cultures under low intensity 

white light grew well to a maximum density of 1.4-1.9x106 cells/mL but did not grow 

under the low intensity 405 nm light. There were large inconsistencies in cell counts 

throughout the culturing period which may be due to the aggregation of cells caused 

by the excretion of exopolysaccharides, although this was only observable in a couple 

of instances when cells were viewed under the microscope. There was also a variation 

in when cultures reached stationary phase from day 19 for replicate one, day 18 for 

replicate two, and day 21 for replicate three. A possible explanation for this is the 

relative age of the stock cultured used to inoculate the photobioreactors. P. cruentum 

stock cultures grew very slowly and so the same stock culture was used to inoculate 

each replicate of the photobioreactor. This meant that the culture used to inoculate 

replicate three was older than the culture used to inoculate replicate one. The 

comparative age of the stock culture may account for the longer period required for it 

to reach stationary phase. 
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Figure 5.1 Growth curves for Nannochloropsis oculata CCAP 849/1 grown in 

triplicate under white LED illumination (yellow) and 405 nm LED illumination 

(purple) in 1 L MicroPharos™ Photobioreactors. Replicates are indicated by the 

shape of datapoints (replicate 1, circles; replicate 2, squares; replicate 3, triangles). 
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Figure 5.2 Growth curves for Dunaliella primolecta CCAP 11/34 grown in triplicate 

under white LED illumination (yellow) and 405 nm LED illumination (purple) in 1 L 

MicroPharos™ Photobioreactors. Replicates are indicated by the shape of datapoints 

(replicate 1, circles; replicate 2, squares; replicate 3, triangles). 
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Figure 5.3 Growth curves for Phaeodactylum tricornutum CCAP 1055/15 grown in 

triplicate under white LED illumination (yellow) and 405 nm LED illumination 

(purple) in 1 L MicroPharos™ Photobioreactors. Replicates are indicated by the 

shape of datapoints (replicate 1, circles; replicate 2, squares; replicate 3, triangles). 
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Figure 5.4 Growth curves for Porphyridium cruentum UTEX 161 grown in triplicate 

under white LED illumination (yellow) and 405 nm LED illumination (purple) in 1 L 

MicroPharos Photobioreactors. Replicates are indicated by the shape of datapoints 

(replicate 1, circles; replicate 2, squares; replicate 3, triangles). 
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Figure 5.5 Boxplots showing the specific growth rates of Nannochloropsis oculata 

(grey), Dunaliella primolecta (red), Phaeodactylum tricornutum (blue) and 

Porphyridium cruentum (green) grown in triplicate under white and 405 nm LED 

illumination. Coloured boxes show 25-75 percentile, the bold line represents the 

median value, and the bold square represents the mean value. P-values are 

represented as * (≤ 0.05), ** (≤ 0.01), or *** (≤ 0.005). 
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Whilst growth and visual monitoring are methods of measuring health within the 

culture, fluorometry offers a more detailed insight into the cells’ ability to perform 

photosynthesis, a critical process in autotrophic organisms. Fv/Fm (and Fv’/Fm’) 

values of healthy microalgal cells typically vary between 0.5-0.8 but this depends on 

depth, temperature, and other abiotic factors.249, 250, 251 Most importantly, in this study, 

is how the Fv’/Fm’ values between white LED and 405 nm LED compare to one 

another. Fv’/Fm’ were measured for each strain after seven days of culturing (Table 

5.2). This was done at the same time to avoid diurnal fluctuations in photosynthetic 

activity. Interestingly, the Fv’/Fm’ values in all cases are higher for the 405 nm 

cultures compared to the white light control. Although the growth of P. cruentum and 

P. tricornutum was significantly reduced under 405 nm light, the Fv/Fm values 

increased by 10% and 5%, respectively. For D. primolecta, the growth curves were 

similar for both 405 nm and white light with final cell concentrations of 5.6x105 and 

8.25x105 cells/mL, respectively. This corroborated well with Fv’/Fm’ which showed a 

2% increase between 405 nm and white light. Whilst growth and fluorometry 

measurements give information on cultures health, growth looks at the overall 

population, whilst fluorometry focuses on the health of individual cells within the 

culture. Light intensity was maintained at a low level (5-10 mA, 15-30 μmol/m2/s 

PPFD for white LED and 4-8 μmol/m2/s for 405 nm LED) throughout culturing which 

may also contribute to the low level of light stress experienced by each of the strains. 
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Table 5. 2 Average Fv’/Fm’ values for Nannochloropsis oculata, Dunaliella 

primolecta, Phaeodactylum tricornutum, and Porphyridium cruentum grown in 

triplicate under white and 405 nm LED illumination. Measured using a Fast 

Repetition Rate fluorometer (Chelsea Technologies) with 450, 530, and 624 nm 

excitation wavelengths. 

Strain White LED 405 nm LED p-value 

Phaeodactylum 

tricornutum 

CCAP 1055/15 

0.551± 0.003 0.581± 0.001 5.2x10-5 

Dunaliella 

primolecta 

CCAP 11/34 

0.562± 0.004 0.571± 0.007 0.13 

Porphyridium 

cruentum  

UTEX 161 

0.513± 0.0006 0.570± 0.002 1.37x10-6 

Nannochloropsis 

oculata CCAP 

849/1 

0.495± 0.007 0.531± 0.002 7.4x10-4 
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5.2.2 Fractionation and Bioactivity Screening of Extracts 

Metabolite extracts mass of a minimum of 20 mg was required in order to fractionate 

extracts using SPE. Only Phaeodactylum tricornutum and Nannochloropsis oculata 

were of sufficient extract mass for fractionation (Figure 5.6). Four metabolite fractions 

were produced for each extract; water (discarded), acetonitrile, methanol, and ethyl 

acetate. As expected, the least polar ethyl acetate fraction had the greatest mass of 

metabolites (2.5-5 mg). However, for both P. tricornutum and N. oculata, the white 

light fractions had a greater metabolite mass (3.1 mg and 5 mg for white light, and 2.5 

mg and 3.5 mg for 405 nm light, respectively). Conversely, the acetonitrile metabolite 

fractions originating from 405 nm light extracts had a greater mass which may indicate 

that 405 nm light stimulated the production of more polar metabolites in both strains. 

The crude extracts from all four strains, as well as the fractions from P. tricornutum 

and N. oculata were screened for antimicrobial activity at 50 μg/mL. The extracts and 

fractions were tested against Bacillus subtilis, Escherichia coli, Staphylococcus 

aureus, Klebsiella pneumoniae, Acinetobacter baumanii, Pseudomonas aeruginosa, 

Enterococcus faecalis, Candida albican, and Rhizopus oryzae. No inhibitory activity 

was observed for the extracts or fractions tested at these concentrations. 
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Figure 5.6 Masses of metabolite fractions produced using SPE. Each strain had 3 

crude metabolite extracts from white LED cultures and 3 crude metabolite extracts 

from 405 nm LED cultures and the average mass of metabolite factions are given 

(PhW = P. tricornutum white light, PhB = P. tricornutum 405 nm light, NW = N. 

oculata white light, NB = N. oculata 405 nm light). Only metabolite extracts from N. 

oculata and P. tricornutum were fractionated using SPE. 
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5.2.3 Chemical Analysis of Extracts from White and 405 nm LED Light 

LC-MS/MS data was generated for the crude extracts from all four strains and analysed 

using multivariate statistics and GNPS classical molecular networking. The PCA 

(Figure 5.7) shows good repeatability amongst replicates as each set of replicates 

cluster closely together in the scores plot. The only exception is replicate three from P. 

tricornutum 405 nm light which has a chemical profile similar to that of the f/2 medium 

which suggests insufficient extraction of metabolites, although there is no obvious 

reason why this may have occurred. Generally, each strain occupies a distinct area of 

chemical space which further supports the argument that there is no core microalgal 

metabolome, as discussed in chapter 3. There is, however, overlap between the 95% 

confidence limits of the chemical profiles for the diatom P. tricornutum and the 

Rhodophyte P. cruentum. This is surprising as our previous analysis showed that 

diatoms and Rhodophytes had distinct chemical profiles (Chapter 3.2.3). However, 

neither Phaeodactylum nor Porphyridium strains were included in that analysis which 

illustrates the need for large datasets when exploring metabolomic trends across 

taxonomic boundaries. The chemical profile of N. oculata extracts diverge from the 

other species, however this variation is mostly along the principal component 2 (PC2) 

axis which only accounts for 7.7% of the variation between samples. In this instance, 

the loadings plot (Figure 5.7 (B)) is not particularly informative as it shows the 

distribution of metabolites across species rather than across conditions. However, 

classical molecular networking was used to gain greater insight into the effect of 405 

nm light on metabolite production in these four strains. 
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Figure 5.7 Principal Component Analysis (PCA) of four strains grown under white 

and 405 nm light. (A) Scores plot: blank = media control, red; DB = D. primolecta 

405 nm light, light green; DW = D. primolecta white light, dark green; NB = N. 

oculata 405 nm light, cyan; NW = N. oculata white light, navy; PhB = P. 

tricornutum 405 nm light, orange; PhW = P. tricornutum white light, brown; PoB = 

P. cruentum 405 nm light, pink; PoW = P. cruentum white light, purple. (B) 

Loadings plot showing distribution of metabolites across samples. 
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A total of 3252 features were detected in the molecular network (Figure 5.8) with 

2.4% constituting metabolites from the f/2 medium control and only 3.1% (100 

features) shared between all strains grown under both conditions. Overall, P. 

tricornutum (diatom) had the highest number of metabolites with a total of 2550 

features detected. This was closely followed by N. oculata (Ochrophyte) with 2349 

features, P. cruentum (Rhodophyte) with 1934 features, and finally D. primolecta 

(Chlorophyte) with 1139. This agrees well with our previous analysis as diatoms and 

Ochrophytes had more metabolites detected compared to Rhodophytes and 

Chlorophytes.252  

Denoting white LED light as the control, it was considered that metabolites found in 

extracts from cultures grown under white LED light and not in the 405 nm light 

condition were absent due to the light stress. The effect of the 405 nm light condition 

was considered to be the absence of metabolites only found in white LED conditions 

plus the presence of metabolites only found in the 405 nm LED condition. In that 

respect, N. oculata was most affected from culturing under 405 nm light, despite the 

similarity in growth across both conditions. A staggering 24.6% of metabolites 

produced by N. oculata were affected by light stress with the production of 363 

(15.5%) metabolites (Figure 5.9) decreased to the point of no detection and 216 (9.1%) 

metabolites only detected when the strain was grown under 405 nm light. It was 

expected that growth under 405 nm light would alter the metabolism of N. oculata 

however, it was also hypothesised that this light stress would dysregulate the 

production of certain classes of metabolites. This is based on the biosynthetic 

machinery affected as a result of the narrowband wavelength of light used for growth. 

Whilst this is supported in some cases by the presence or absence of multiple 

metabolites belonging to the same molecular family, the effect on metabolite 

production is more widespread than initially anticipated. The example given in Figure 

5.10 (A) shows a molecular family where nine of the metabolites (with a range of 

394.257-573.451 m/z) were only detected when N. oculata was grown under 405 nm 

light. These metabolites, along with one other metabolite (425.251 m/z) only found in 

the white light condition, are all closely related structurally as indicated by the 

thickness of the edges connecting the nodes (edge thickness is correlated to the cosine 

score of similarity). This suggests that 405 nm light has a more nuanced effect rather 
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than suppressing or triggering entire metabolic pathways. This is further evidenced in 

Figure 5.10 (C) where some metabolites from P. tricornutum in the cluster are specific 

to 405 nm samples and others are specific to white light samples. One such cluster 

contains four metabolites (352.846, 338.921, 414.878, and 456.105 m/z) only detected 

in 405 nm samples and three more metabolites (281.108, 340.933, and 400.828 m/z) 

that are connected by thick edges, indicating a high level of structural similarity (cosine 

≥0.7). Interestingly, an opposite trend can be observed for D. primolecta and P. 

cruentum. Here, the metabolites detected in white light extracts are mostly found in 

molecular families that do not contain metabolites specific to 405 nm samples. In fact, 

one cluster containing four high molecular weight metabolites (951.567-2834.45 m/z, 

Figure 5.10 (D)) from P. cruentum were only detected in white light samples. 

Looking at the overall distribution of metabolites across species and conditions (

Figure 5.9) it can be concluded that 405 nm light affects the metabolism of each strain 

differently. This is expected as each strain has a varied light-harvesting pigment 

composition. For D. primolecta, P. tricornutum, and N. oculata, a similar percentage 

of metabolites were only found in white light samples (10.7%, 10.2%, and 9.2%, 

respectively). This was considerably lower at 6.5% for P. cruentum samples. Growth 

under 405 nm light resulted in extracts with a higher number of metabolites for N. 

oculata (363, 15.4%) and P. cruentum (191, 9.1%) when compared to metabolites only 

detected in white light samples. The opposite is true for D. primolecta where only 

5.3% of metabolites are specific to 405 nm samples and P. tricornutum with 7.8%. 
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Figure 5.8 Classical Molecular Network of four strains grown under white LED and 

405 nm light conditions; Nannochloropsis oculata (405 nm, navy; white LED, blue), 

Dunaliella primolecta (405 nm dark green; white LED, green), Phaeodactylum 

tricornutum (405 nm, brown; white LED, orange), and Porphyridium cruentum (405 

nm, purple; white LED, red). Features from f/2 medium and solvents blanks are 

depicted in grey, features shared across multiple strains are in light blue, and features 

shared across all four strains are in yellow. 
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Figure 5.9 Bar chart illustrating the distribution of metabolites across all conditions. 

Features detected in f/2 medium and solvent controls are grey whilst features 

depicted in yellow are shared across all strains. Each cluster thereafter represents 

features detected only from that strain (DW+DB, NW+NB, PhW+PhB, PoW+PoB), 

features only detected from the white LED condition (DW, NW, PhW, PoW), and 

features only detected in the 405 nm light condition (DB, NB, PhB, PoB). 
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Figure 5.10 Examples of multiple metabolites from a molecular family affected by 

growth under 405 nm light for (A) Nannochloropsis oculata, (B) Dunaliella 

primolecta, (C) Phaeodactylum tricornutum, and (D) Porphyridium cruentum. 

Colour scheme is the same as Figure 5.8. 
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5.3 Discussion 

5.3.1 Effect of 405 nm Illumination on Microalgal Growth 

Overall, the four strains of microalgae did not grow as well under 405 nm light 

compared with white LED illumination, but the extent of the light stress varied 

considerably from one strain to another. Ge, et al., reported that maximum dry weight 

for Chlorella vulgaris was achieved under red light (231.74 mg/L) compared to white 

light (210.53 mg/L) and blue light (96.67 mg/L).253 Another study found that a 

combination of blue and red light was required to achieve maximum growth for 

Chlorella sp.254 Furthermore, an in-depth analysis by Baer, et al., demonstrated that 

light conditions must be optimised for each individual strain to achieve maximum 

growth. For example, a maximum biomass of 312 mg/L/d for Porphyridium 

purpureum was achieved with the light regimen of 40:40:20 of red:green:blue 

illumination with growth decreasing as blue light increased beyond 20%. This is in 

good agreement with our findings as P. cruentum did not grow at all under 405 nm 

illumination. This strain specificity could be due to pigment composition and/or 

genomic properties of the strain. For example, the main pigments found in 

Nannochloropsis spp. are chlorophyll a, β-carotene, and violaxanthin.255 Although 

most carotenoids absorb light in the 400-500 nm range, violaxanthin in particular has 

an absorption peak at 417 nm which may be why N. oculata can grow well under 

narrowband 405 nm light. In addition, genomic analysis of the closely related N. 

oceanica CCMP1779 shows at least 19 light harvesting complex (LHC) proteins 

belonging to three different subfamilies; fucoxanthin-chlorophyll protein-like LHC, 

red algal-like LHC, and stress-responsive LHC.256 A number of orthologs of blue light 

sensing proteins similar to the cryptochrome photolyase family protein 1 (CPF1) found 

in diatoms, were also found in the N. oceanica genome.256 This protein family may 

also explain why the growth curves of Phaeodactylum tricornutum were similar under 

405 nm and white light, as the PtCPF1 protein plays a role in blue light-regulated gene 

expression and ultraviolet DNA damage.257 The variation in light intensity, light 

quality, and photoperiod used in individual studies makes comparing literature on this 

topic incredibly difficult. Many studies report the effect of “blue” or “red” light 

without specifying the wavelength ranges used which is important to include as blue 

light spans from 380-500 nm and microalgal strains respond differently to wavelengths 
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within this range. This is demonstrated by comparing the results of this study to that 

of Han, et al. where it was reported that growth of D. salina under blue light (450 nm) 

decreased by 25% when compared to white light.258 However, in our study, D. 

primolecta showed a 50% reduction in growth under 405 nm light compared to white 

light. The primary pigments found in Dunaliella spp. are chlorophyll a and b, β-

carotene, and lutein, all of which have an absorption peak between 423-474 nm which 

explains why cultures could grow more efficiently under 450 nm than 405 nm 

illumination. 

5.3.2 Antimicrobial Screening of Extracts and Fractions 

Under the conditions tested in this study, neither growth under 405 nm light nor 

fractionation elicited the production of antimicrobial metabolites. This is a frustrating 

result as there is a plethora of literature reporting antibacterial and antifungal activity 

from microalgal cultures. One such example, from McGee, et al., screened 80 

microalgal extracts and their fractions against two Gram positive bacteria, two Gram 

negative bacteria, and Candida albicans with 27% of fractions showing activity 

against at least one pathogen.90 Notably, only 6% of ethyl acetate fractions showed 

any activity, with 66% of diethyl ether fractions and 28% of methanolic fractions 

reported as active. They observed a trend that methanolic fractions tended to 

demonstrate Gram positive bacterial inhibition whilst non-polar diethyl ether fractions 

showed Gram positive antibacterial and anticandidal activity. McGee, et al., then 

chose three promising strains (Chlorococcum sp., Stauroneis sp., and Prymnesium sp.) 

and studied the effect of different light regimens on their bioactivity and concluded 

that culturing under blue LED light yielded significantly more bioactivity compared 

to growth under red and white light. This comparison shows the importance in 

carefully designing extraction protocols based on the research question at hand. For 

this thesis, extracting chemical diversity was the main objective. However, if drug 

discovery or evaluating bioactivity was the primary objective, solvents such as diethyl 

ether or methanol would be more appropriate to use. This could be achieved by 

producing large amounts of biomass followed by sequential extractions using solvents 

of increasing polarity and screening these crude extracts in the same manner above. 

This would provide a relatively high throughput method of testing microalgal 

metabolite extracts for antimicrobial activity. The above process of fractionation and 
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eventual purification of metabolites could greatly help efforts to dicover new 

antimicrobial metabolites. 

5.3.3 Effect of 405 nm Light on Metabolite Production 

Results from the statistical analysis and molecular networking agreed well with our 

previously conducted research on the chemical diversity of microalgae belonging to 

different phyla.252 In that analysis, Haptophytes were the most chemical rich clade 

followed by diatoms, Ochrophytes, Chlorophytes, and Rhodophytes. In this study, the 

diatom Phaeodactylum tricornutum had the greatest number of LC-MS/MS features 

followed by the Ochrophyte Nannochloropsis oculata, the Rhodophyte Porphyridium 

cruentum , and finally the Chlorophyte Dunaliella primolecta. It also supported the 

argument that there is no shared or core metabolome between microalgae, with only 

100 out of 3252 features shared between all four strains. This must be considered with 

the caveat that ethyl acetate is not particularly efficient at extracting polar carotenoids 

and that these metabolites are often shared by phylogenetically related microalgae.193 

It is difficult to postulate the classes of metabolites or putative identification of 

metabolites without purifying and characterising metabolites through NMR or 

comparing LC-MS and LC-MS/MS data to known standards. 405 nm light has a large 

effect on metabolite production as 16-25% of metabolites extracted were either 

exclusively found in the 405 nm samples or absent in this condition compared with the 

white light control. Most of the changes were the result of metabolite production being 

switched off (i.e., in control but not in 405 nm) and these tended to belong to molecular 

families suggesting that growth under 405 nm light is suppressing specific metabolic 

pathways. Blue light has been shown to increase haematocyst germination in 

Haematococcus pluvialis259 whilst the sexual life cycle of Chlamydomonas reinhardtii 

was impaired when the gene Phot that encodes blue light sensing protein, phototropin, 

was disrupted using interference RNA.260 These are some examples of how blue light 

may negatively affect the reproduction and growth of microalgal strains but specific 

evidence of blue light suppressing particular pathways and metabolite production 

could not be found. When conducting research into the effect of a particular stress on 

the growth and production of metabolites from an organism, it is important to note that 

these two things may have a negative correlation. As seen for P. cruentum, growth was 

significantly reduced under 405 nm light, however metabolite production increased by 
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9.9%. This was also observed in chapter 4 where reduced growth was often coupled 

with increased metabolite production. It should be carefully considered whether the 

advantage of higher metabolite production compensates for the lower biomass yield, 

or if strategies can be employed to maximise both. A common approach to maximise 

both is to use light switching where certain light parameters are used to produce 

maximum biomass before switching to a different light regimen that is optimised for 

metabolite production. Xi, et al., demonstrated this by cultivating Haematococcus 

pluvialis under red light for six days before switching to blue light which saw a 50% 

increase in astaxanthin production compared to just growing H. pluvialis under red 

light.134 
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6. General Discussion and Future Work 

 

6.1 General Discussion 

Algae (encompassing cyanobacteria, eukaryotic microalgae, and seaweeds) are a 

polyphyletic group of organisms with members in all kingdoms except Animalia. They 

comprise 15 phyla and 54 classes, and it is estimated that there are 72,000 extant 

species of microalgae alone.38 The biological diversity between different phyla and 

classes has led some to dub algae as a “false taxon.” Classification of these organisms 

is further stunted by the fact that molecular approaches (using 18S rRNA, ITS-2, rbcl, 

or COX-1 genes) often fail to distinguish between higher taxonomic levels (i.e., genus 

or species).44 Despite this confusion in classifying microalgae, they are of great interest 

in applied sciences, particularly biotechnology. Furthermore, it is postulated that the 

biological diversity of these organisms should result in chemical diversity in the 

metabolites they produce. This hypothesis was tested in this body of work by 

examining the chemical profiles of 20 microalgae: seven Chlorophytes, six 

Haptophytes, four diatoms, two Ochrophytes, and one Rhodophyte, resulting in 

distinct chemical profiles for each phylum. To capture chemical diversity within a 

single extract, four different solvent systems were compared using GNPS molecular 

networking and an extraction method using HP-20 diaionic resin and ethyl acetate was 

optimised. Haptophytes represented the phylum with the greatest number of 

metabolites (average of 370 per strain) and thus a rich source of chemistry. We then 

challenged the traditional taxonomic classification of species by comparing the 

chemical profiles of multiple strains of Dunaliella tertiolecta (4), Chrysotila carterae 

(3), and Prymnesium parvum (3) from both freshwater and marine environments. 

Strains isolated from similar environments had a higher similitude in their chemical 

profiles than those from different environments, leading to the conclusion that 

chemotyping strains may be more useful in applied research than traditional taxonomic 

classifications. This is supported by recent work from Riba, et al., in which 133 

colonies of the cyanobacterium Nostoc-like strains were classified into four 

chemotypes based on the peptides they produced.261 Chemotypes have also been 

reported for collections of the seaweed Plocamium cartilagineum which were 
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classified as α and β groups based on the presence of enzymes required to introduce 

bromine atoms into monoterpene synthesis.262 

Genome sequencing of bacteria and other microorganisms has revealed that they often 

have a higher biosynthetic potential than the number of metabolites detected when 

these organisms are grown under standard laboratory conditions.160 With this in mind, 

three strains of marine microalgae  – Dunaliella primolecta, Nannochloropsis oculata, 

and Phaeodactylum tricornutum – were selected for a systematic comparative 

metabolomics study using the OSMAC approach to elicit metabolite production. 

Comparing varying levels of nitrate, salinity, NaCl, and pH, salinity was found to have 

the most profound effect with 22.8% of metabolites across all three strains only 

produced in response to salinity stress. However, this increase in metabolite production 

was coupled with a decrease in growth and thus smaller biomass and extract mass. 

Additionally, this approach is untargeted and thus labour-intensive in terms of the 

number of experiments and data analysis required. A major bottleneck in this research 

is the lack of metabolites from microalgae that have been isolated and characterised 

by the research community. The 2020 Marine Natural Products report detailed the 

discovery of 1554 new metabolites from marine organisms in 2018.263 From this, one 

arsenolipid was discovered from the microalga Dunaliella tertiolecta, nine metabolites 

from dinoflagellates, and 66 from cyanobacteria. This is compared to 240 bacterial, 

144 from mangrove-associated fungi, and 617 from other marine fungi. The rate of 

discovery of metabolites from microalgae is dismally low when the chemical diversity 

and range of bioactivities from microalgal extracts are considered. Additionally, 

spectral information on metabolites that have been discovered from algal sources are 

hidden behind paywalls in libraries like MarinLit,264 and AntiBase.265 The recent 

release of the open-access Natural Products Atlas (2020)161 could potentially resolve 

this side of this bottleneck as developers are working to integrate this database into the 

GNPS ecosystem. Unfortunately, this database currently only contains natural 

products isolated from cyanobacteria although it is hoped this will expand to 

eukaryotic microalgae in future versions.  

Understanding the biological and chemical diversity, and how to elicit this chemistry 

could be vital for solving some of the major global crises threatening our health and 

environment. During the SARS-CoV-2 pandemic, which had killed almost 4.5 million 
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people as of September 2021 (www.ourworldindata.org), there was concern over the 

presence of SARS-CoV-2 in wastewater, and treated wastewater.266, 267 

Phycoremediation – the use of algae to remove contaminants from waste – has seen 

great traction in recent years as it can be used to recycle phosphorous, remove heavy 

metals, and even remove viruses from water. In particular, the extremophile Galderia 

sulphuraria has been reported to remove high amounts of noroviruses, coliphages, and 

enteroviruses from wastewater.268 Recently, Gustafsson, et al., developed a filter 

membrane using Pithophora sp. which can be used for point-of-use purification of 

drinking water.269 Such academic developments into phycoremediation could help 

drastically reduce the transmission of waterborne viruses and protect human lives. 

However, this cannot be achieved without collaboration between academia, 

government, and industry to ensure scalability and regulation. Working with industry 

allows for rapid research and development from academic collaborators with a strong 

focus on real-life applications. For example, in our collaboration with Xanthella Ltd., 

they were interested in exploring the potential of 405 nm light for its antibacterial 

properties which can suppress contamination in large 1000 L photobioreactors. By 

testing this hypothesis at a small scale using academic partners, a rapid exploration 

into the effect of 405 nm light on the growth and metabolite production of diverse 

microalgae could be achieved, with relatively low cost. This collaborative approach to 

research has resulted in exciting breakthroughs, particularly in the area of 

antimicrobial resistance (AMR), another global health challenge that is expected to see 

death rates rise to 10 million per year by 2050.270 Collaborative research between 

MGB-BioPharma, InnovateUK, and the University of Strathclyde (Scotland, UK) 

developed a new class of antibiotic for treating Clostridium difficile which has 

completed phase II clinical trials in the US and Canada.271, 272 Microalgae could also 

play a role in the fight against AMR as numerous studies have reported antimicrobial 

activity,273, 90, 274 including their ability to biosynthesise silver nanoparticles with 

antibacterial activity.275 Finally, microalgae are playing a significant role, both 

positively and negatively, in climate change. Ocean acidification and eutrophication 

are leading to increased incidences of harmful algal blooms which bring with it public 

health concerns from paralytic shellfish poisoning and economic damage to the fishing 

and tourism industries.222, 196 In chapter 4, we evaluated the effect of nitrate and pH on 

http://www.ourworldindata.org/
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metabolite production for non-bloom-forming microalgae, however this investigation 

could be expanded to include bloom-forming and toxin-producing microalgae, as well 

as expanding the stress types and levels to better mimic changing environmental 

parameters. In 2009, a fluorometric method was developed to distinguish bloom-

forming species which allowed for in situ monitoring. However, the accuracy of this 

method was disrupted by noise from environmental blanks. Kelsey, et al., used a 

combination of metabolomics and proteomics to study the allelopathic relationship 

between the bloom-forming and toxic Karenia brevis and two diatoms, 

Asterionellopsis glacialis which often co-occurs with K. brevis blooms and 

Thalassiosira pseudomana which is sensitive to K. brevis allelopathic compounds. 

Whilst there is great promise in this methodology, metabolomics needs to be coupled 

with genomic, transcriptomic, or proteomic data to give understanding into the 

changes in gene regulation and expression caused by varying biotic and abiotic factors. 

It is also important to note that these methods only provide a snapshot of a dynamic 

ecosystem and cannot replace in situ monitoring approaches. 

6.2 Future Work 

Comparative metabolomics, and in particular molecular networking using the GNPS 

ecosystem has been used to evaluate the diversity of microalgae across taxonomic 

boundaries and the elicitation of metabolites using abiotic factors. A natural 

continuation to this work would be to expand the scale of each of these studies to 

include more strains. The concept of using chemotypes rather than species for applied 

research is worth consideration and a large study involving multiple strains of one 

species from different environments (e.g., freshwater, marine) and locations (e.g., 

tropics, polar) would make for a worthwhile comparison. The work presented in 

chapter 4 offers a starting point into exploring the chemical space of microalgae and 

this research could continue down several relevant pathways. Since salinity had the 

greatest effect on the strains used in this study, this could be further explored by using 

smaller increments of change in salinity levels and running a transcriptomic analysis 

alongside metabolomics analysis to identify at what level the stress response in these 

strains is triggered. The addition of HPLC-analysis would also allow quantification of 

carotenoids in response to salinity as hypersalinity is known to trigger carotenoid 

biosynthesis and these metabolites are of high value to the nutraceutical, cosmetics, 
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and textiles industries.186, 276 Furthermore, this analysis could be coupled with 

bioactivity-based molecular networking to prioritise extracts with promising activity 

to undergo isolation and purification.234 On the other hand, the OSMAC strategy could 

be used for environmental research using abiotic and biotic factors to understand what 

stresses (or combination of stresses) trigger the formation of harmful algal blooms. For 

example, it has been shown that decreasing salinity from oceanic to coastal levels 

resulted in a 14-fold increase in the production of brevetoxins by Karenia brevis.277 

Finally, continued collaboration with industry can test the scalability of lab-based 

discoveries and the feasibility of bringing new high-value metabolites to the market. 

6.3 Conclusion 

This thesis has demonstrated several applications of comparative metabolomics from 

understanding how biological diversity translates into chemical diversity, how small 

changes in culturing parameters can lead to big changes in metabolite production, and 

how to explore the biotechnological potential of industrially relevant microorganisms. 

It contributes to filling a large gap in knowledge around the chemical space of 

microalgae that goes far beyond the production of lipids and carotenoids. Furthermore, 

it opens the door for continued exploration into the elicitation and identification of 

metabolites from these incredibly diverse microorganisms and their potential in 

resolving some of the greatest challenges faced by our generation. 
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Appendices 

8.1 Supplementary Information 

8.1.1 Supplementary Tables 

Table A1 Cell counts and absorbance values for (A) Dunaliella primolecta, (B) 

Nannochloropsis oculata, (C) Phaeodactylum tricornutum, and (D) Porphyridium 

cruentum grown in triplicate (rep 1, rep 2, rep 3) with the average and standard 

deviations calculated. 
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Table A2 Specific growth rates (μ) for Dunaliella primolecta, Nannochloropsis 

oculata, Phaeodactylum tricornutum, and Porphyridium cruentum grown in triplicate 

(rep 1, rep 2, rep 3) with the average and standard deviations calculated. Includes 

data for both cell counts (counts) and absorbance at 600 nm (abs). 

Strain Method Rep 1 Rep 2 Rep 3 Mean Median p-

value 

D. primolecta counts 0.111 0.129 0.113 0.118 0.113 0.01 

D. primolecta abs 0.094 0.083 0.083 0.087 0.083 

N. oculata counts 0.094 0.098 0.114 0.102 0.098 0.01 

N. oculata abs 0.071 0.075 0.074 0.073 0.074 

P. tricornutum counts 0.1 0.091 0.098 0.096 0.098 0.005 

P. tricornutum abs 0.081 0.075 0.079 0.0.078 0.079 

P. cruentum counts 0.071 0.047 0.079 0.066 0.071 0.57 

P. cruentum abs 0.13 0.125 0.014 0.09 0.125 
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Table A3 Specific growth rates (μ) of D. primolecta, N. oculata, and P. tricornutum 

grown under stress conditions (cond.) in triplicate (rep 1, rep 2, and rep 3) with 

mean, median, and p-values given. Conditions are as follows: N-C, NaNO3 control 

(8.82x10-4 M); N-L, NaNO3 low (8.82x10-5 M); N-H, NaNO3 high (8.82x10-3 M); C-

C, NaCl control (24 g/L); C-L, NaCl low (12 g/L); C-H, NaCl high (36 g/L); C-D, 

NaCl deplete (0 g/L); S-C, salinity control (43 ppt); S-L, salinity low (4.3 ppt); S-H, 

salinity high (86 ppt); P-C, pH control (7.6); P-L, pH low (4); P-H, pH high (10). * 

p-values are based on a t-test between condition and control for each stress. 

Strain Cond. Rep 1 Rep 2 Rep 3 Mean Median p-value* 

 

 

 

 

 

 

D. primolecta 

N-C 15.13 16.62 16.67 16.17 16.62  

N-L 2.76 11.83 -6.74 2.62 2.76 0.066 

N-H 16 14.45 15.53 15.33 15.53 0.29 

C-C 5.19 4.48 5.44 5.03 5.19  

C-L 4.23 4.6 4.19 4.34 4.23 0.09 

C-H 3.74 4.69 4.39 4.27 4.39 0.13 

C-D 2.28 1.45 1.13 1.62 1.45 0.002 

S-C 9.32 9.29 9.9 9.5 9.32  

S-L 5.73 6.03 6.07 5.94 6.03 9.43 

S-H 8.85 8.08 8.27 8.4 8.27 0.022 

P-C 4.61 4.15 5.45 4.74 4.61  

P-L 6.34 5.6 6.56 6.17 6.34 0.04 

P-H 4.16 4.45 5.52 4.71 4.45 0.96 

 

 

 

 

 

 

N. oculata 

N-C 9.21 12.38 12.17 11.25 12.17  

N-L 17.39 15.98 15.17 16.18 15.98 0.015 

N-H 12.86 12.59 13.06 12.84 12.86 0.2 

C-C 13.12 14.23 16.91 14.75 14.23  

C-L 8.83 13.67 9.85 10.78 9.85 0.1 

C-H 23.7 26.24 28.54 26.16 26.24 0.003 

C-D 9.25 7.41 8.28 8.31 8.28 0.007 

S-C 10.43 10.3 10.95 10.56 10.43  

S-L 7.96 7.76 8.65 8.12 7.96 0.002 

S-H 12.56 13.2 11.95 12.57 12.56 0.008 

P-C 6.71 4.63 4.47 5.27 4.63  

P-L 5.06 4.03 4.23 4.44 4.23 0.35 

P-H 6.65 4.73 5.2 5.53 5.2 0.79 

 

 

 

 

 

 

P. tricornutum 

N-C 11.78 11.2 10.14 11.04 11.2  

N-L -2.42 -4.22 -14.74 -7.13 -4.22 0.009 

N-H 9.37 10.59 10.17 10.04 10.17 0.17 

C-C 8.34 7.89 9.24 8.49 8.34  

C-L 7.99 7.31 7.97 7.76 7.97 0.18 

C-H 2.99 2.03 2.46 2.49 2.46 2.4x10-4 

C-D 7.6 6.95 7.03 7.19 7.03 0.04 

S-C 34.24 35.22 41.59 37.02 35.22  

S-L 30.26 27.97 25.18 27.8 27.97 0.028 

S-H 34.64 31.51 30.81 32.32 31.51 0.14 

P-C 14.1 13.24 12.79 13.38 13.24  

P-L 11.49 11.23 11.05 11.26 11.23 0.006 

P-H 7.68 7.92 8.21 7.94 7.92 1.9x10-4 
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Table A4 Specific growth rates (μ) of D. primolecta, N. oculata, P. tricornutum, and 

P. cruentum grown under white and 405 nm light conditions (cond.) in triplicate (rep 

1, rep 2, and rep 3) with mean, standard error of mean (SEM), and p-values given. 

Strain Cond Rep 1 Rep 2 Rep 3 Mean SEM p-value 

D. 

primolecta 

White 0.12 0.08 0.16 0.12 0.04  

0.65 405 nm 0.13 0.08 0.11 0.11 0.01 

N. oculata White 0.34 0.38 0.29 0.34 0.03  

0.137 405 nm 0.29 0.15 0.28 0.24 0.04 

P. 

tricornutum 

White 0.33 0.32 0.32 0.32 0.003  

0.047 405 nm 0.31 0.28 0.30 0.30 0.009 

P. 

cruentum 

White 0.21 0.20 0.24 0.22 0.01  

0.004 405 nm 0.07 0.11 0.12 0.12 0.02 
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8.2.2 Supplementary Figures 

 

Figure A1 Extended heatmap of all features detected when Chlorella sorokiniana 

cultures were extracted using butanol (BuOH, green), butanol:dichloromethane 

(BuOH:DCM, blue), ethyl acetate (EtOAc, cyan), and methanol (MeOH, pink) based 

on hierarchical clustering. The scale ranges from most intense (red) to least intense 

(blue). 
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Figure A2 MolNetEnhancer network of LC-MS/MS features detected when 

Chlorella sorokiniana cultures were extracted using different solvents (butanol, 

butanol:dichloromethane, ethyl acetate, and methanol). Nodes highlighted in purple 

represent a molecular family annotated as fatty acid esters. 
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Figure A3 Bar chart of LC-MS features detected for each strain (strain ID on x-axis) 

coloured according to phylum: Chlorophytes (red), diatoms (green), Haptophytes 

(blue), Ochrophytes (cyan), Rhodophytes (pink). Number of features are given above 

each bar. 
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Figure A4 GNPS classical molecular network of MS/MS features detected from 

extracts of Nannochloropsis oculata grown under varying salinity: low = 4.3 ppt 

Aquil, cyan; control = 43 ppt Aquil, purple; high = 86 ppt Aquil, navy). Features 

shared between conditions are presented as blue circles. 
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Figure A5 GNPS classical molecular network of MS/MS features detected from 

extracts of Nannochloropsis oculata grown under varying NaCl concentrations: 

deplete = 0 g/L, pink; low = 12 g/L, cyan; control = 24 g/L, purple; high = 36 g/L, 

navy). Features shared between conditions are presented as blue circles. 
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Figure A6 GNPS classical molecular network of MS/MS features detected from 

extracts of Nannochloropsis oculata grown under varying NaNO3 concentrations: 

low = 8.82x10-5 M, cyan; control = 8.82x10-4 M, purple; high = 8.82x10-3 M, navy). 

Features shared between conditions are presented as blue circles. 
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Figure A7 GNPS classical molecular network of MS/MS features detected from 

extracts of Nannochloropsis oculata grown under varying pH: low = pH 4, cyan; 

control = pH 7.6, purple; high = pH 10, navy. Features shared between conditions are 

presented as blue circles. 
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Figure A8 GNPS classical molecular network of MS/MS features detected from 

extracts of Dunaliella primolecta grown under varying salinity: low = 4.3 ppt Aquil, 

orange; control = 43 ppt Aquil, yellow; high = 86 ppt Aquil, dark green). Features 

shared between conditions are presented as green circles. 
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Figure A9 GNPS classical molecular network of MS/MS features detected from 

extracts of Dunaliella primolecta grown under varying NaCl concentrations: deplete 

= 0 g/L, red; low = 12 g/L, orange; control = 24 g/L, yellow; high = 36 g/L, dark 

green). Features shared between conditions are presented as green circles. 
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Figure A10 GNPS classical molecular network of MS/MS features detected from 

extracts of Dunaliella primolecta grown under varying NaNO3 concentrations: low = 

8.82x10-5 M, orange; control = 8.82x10-4 M, yellow; high = 8.82x10-3 M, dark 

green). Features shared between conditions are presented as green circles. 
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Figure A11 GNPS classical molecular network of MS/MS features detected from 

extracts of Dunaliella primolecta grown under varying pH: low = pH 4, orange; 

control = pH 7.6, yellow; high = pH 10, dark green). Features shared between 

conditions are presented as green circles. 
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Figure A12 GNPS classical molecular network of MS/MS features detected from 

extracts of Phaeodactylum tricornutum grown under varying salinity: low = 4.3 ppt 

Aquil, yellow; control = 43 ppt Aquil, red; high = 86 ppt Aquil, dark brown). 

Features shared between conditions are presented as orange circles. 
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Figure A13 GNPS classical molecular network of MS/MS features detected from 

extracts of Phaeodactylum tricornutum grown under varying NaCl concentrations: 

deplete = 0 g/L, green; low = 12 g/L, yellow; control = 24 g/L, red; high = 36 g/L, 

dark brown). Features shared between conditions are presented as orange circles. 
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Figure A14 GNPS classical molecular network of MS/MS features detected from 

extracts of Phaeodactylum tricornutum grown under varying NaNO3 concentrations: 

low = 8.82x10-5 M, yellow; control = 8.82x10-4 M, red; high = 8.82x10-3 M, dark 

brown). Features shared between conditions are presented as orange circles. 
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Figure A15 GNPS classical molecular network of MS/MS features detected from 

extracts of Phaeodactylum tricornutum grown under varying pH: low = pH 4, 

yellow; control = pH 7.6, red; high = pH 10, dark brown). Features shared between 

conditions are presented as orange circles. 


