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ABSTRACT

Chromatin structure plays an essential role in the regulation of many nuclear
processes such as transcription, replication, recombination, and repair. It is generally
accepted that chromatin remodeling is a prerequisite step in gene activation. Over recent
years, large multisubunit enzymes that regulate the accessibility of nucleosomal DNA
have emerged as key regulators of eukaryotic transcription. It seems likely that similar
enzymes contribute to the efficiency of DNA replication, recombination, and repair.
These chromatin remodeling complexes can be classified into two broad groups: (1) the
ATP-dependent enzymes, which utilize the energy of ATP hydrolysis to increase the
accessibility of nucleosomal DNA; and (2) histone modifying enzymes that
phosphorylate, acetylate, methylate, ubiquitinate, or ADP-ribosylate the nucleosomal
histones (for review see Kingston and Narlikar, 1999; Muchardt and Yaniv, 1999; Brown
et al., 2000; Vignali et al., 2000; Strahl and Allis, 2000).

The mechanism by which these two groups of large, multi-subunit enzymes
function to alter chromatin structure is enigmatic. Studies suggest that ATP-dependent
and histone acetyltransferase chromatin remodeling enzymes have widespread roles in
gene expression and perform both independent and overlapping functions. Interestingly,
although both groups of enzymes appear to be distinct, several features of these enzymes
have been conserved from yeast to man. Thus, understanding the role of these similar
features will be essential in order to elucidate the function \of remodeling enzymes, their
functional interrelationships , and may uncover the fundamental principals of chromatin

remodeling. In this study, we use a combination of yeast molecular genetics and
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biochemistry to dissect out the function of individual parts of these chromatin remodeling
machines and to understand how these large macromolecular assemblies are put together.
In addition, we also investigate the mechanism by which the ATP-dependent enzymes
exert their regulatory effects on chromatin structure.

Structure/function analysis of Saccharomyces cerevisiae Swi3p (conserved in
SWI/SNF complexes across all eukaryotic phyla) reveals a unique scaffolding role for
this protein as it is essential for assembly of SWI/SNF subunits. We have also
characterized a novel motif that has homology to the Myb DNA binding domain, the
SANT domain, and that is shared among transcriptional regulatory proteins implicated in
chromatin remodeling. Mutational analysis of this domain in yeast Swi3p (SWI/SNF),
Rsc8/Swh3p (RSC), and Ada2p (GCN5 HATS) reveals an essential function for the
SANT domain in chromatin remodeling. Moreover, our studies suggest that this novel
motif may be directly involved in mediating a functional interaction with chromatin
components (i.e. histone amino terminal domains).

We have also directly compared the activities of several members of the ATP-
dependent chromatin remodeling enzymes. Surprisingly, we find that these enzymes
utilize similar amounts of ATP to increase nucleosomal DNA accessibility. In as much,
we show that changes in histone octamer comformation or composition is no.t a
requirement or consequence of chromatin remodeling by SWI/SNF. Taken together,
these data suggest a similar mechanism for ATP-utilizing chromatin remodeling enzymes

in which disruption of histone-DNA contacts occur without consequence to the structure



Viii

of the histone octamer. These data have striking implications for how we view the

mechanism of chromatin remodeling.
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Introduction

The compaction of DNA into higher order chromatin structure is essential in order
for the full complement of genomic DNA to fit into the confines of the nuclear
compartment. This packaging, however, poses a sizeable barrier to factors that must gain
access to the DNA sequence such as the transcription machinery. In this regard, proper
control of gene expression necessitates cellular mechanisms to contend with this
chromatin-mediated repression of transcription. In recent years, several large,
macromolecular protein ‘machines’ have been implicated as mediators of DNA
accessibility and have emerged as key regulators of eukaryotic transcription.
Investigations into how these ‘machines’ function will undoubtedly provide the
fundamental tools for understanding how the cell manages two opposing forces —the
compaction of DNA versus its functional utility, to carry out complex metabolic
processes such as transcriptional regulation.

The research presented in this thesis extends our current knowledge of how these
large, multi-subunit enzymes function to alter the dynamics of chromatin structure. The
role of a highly conserved polypeptide in complex function as well as the functional
properties of chromatin remodeling enzymes was investigated. These studies have been
performed primarily in the yeast Saccharomyces cerevisiae. Early investigations
determined that the chromatin structure of all eukaryotes (including yeast) is constructed
in much the same way (Thomas and Furber, 1976). In addition, the transcriptional

apparatus 1s surprisingly well conserved between yeast and higher eukaryotes. This fact




and the amenability of yeast to genetic and biochemical analyses makes Saccharomyces
cerevisiae an ideal organism in which to study transcriptional regulation and allows for
its application to higher eukaryotic systems as well. The relationship between chromatin
structure, macromolecular enzymes, and transcription will be introduced and discussed in

this chapter.

Chromatin Structure

Nearly fifty years ago, deoxyribonucleic acid (DNA) finally won its place in
history as the genetic blueprint of the cell (Watson and Crick, 1953a; Watson and Crick,
1953b). Ten years later the first histones were purified by acid extraction (Johns, 1967).
It was generally believed at this time that histones associated with DNA to form
chromatin to allow its accommodation into the confines of the nuclear compartment.
However, another decade passed before it was clear that the chromatin structure of higher
eukaryotes existed as a repeating unit resembling a string of ‘beads’ (Hewish and
Burgoyne, 1973; Kornberg and Thomas, 1974; Olins and Olins, 1974). It was
determined that each ‘bead” comprised approximately 200 base pairs of DNA wrapped
around an octamer of histone proteins, coined the nucleosome (consisting of two copies
each of histones H2A, H2B, H3, and H4) (Kornberg and Thomas, 1974). A fifth class of
histone, histone H1 (linker histone), was also associated with nucleosomes and was
thought to stabilize histone-DNA interactions by interacting with linker DNA (DNA

between adjacent nucleosomes) (Kornberg and Thomas, 1974). This array of repeating




nucleosome units can be assembled into higher-order structures that further compact

| DNA (~10,000-fold over linear DNA).

Twenty-five years since the nucleosome was recognized as the basic building
block of chromatin structure, the mechanism of higher order folding is still not well
understood. The current view posits that all of the information for compaction resides
within the nucleosomal arrays themselves (reviewed in Fletcher and Hansen, 1996).
Recent biophysical studies indicate that formation of these chromatin fibers from
nucleosomal arrays is an equilibrium process governed by charge shielding (e.g. by
divalent ions - Mg2+), nucleosome-nucleosome contacts, and the association of linker
histones and non-histone chromatin associated proteins (reviewed in Fletcher and
Hansen, 1996).

Histone proteins. Histone proteins are highly conserved across all eukaryotic
phyla (for review see Fitzsimmons and Wolstenholme, 1976). These low molecular

. Wweight, highly basic proteins consist of a structured, three-helix bundle (histone fold
motif), flanked by unstructured domains or ‘tails’ (Arents et al., 1991). The histone
‘tails’ were initially defined as regions of the histone proteins that were sensitive to
proteases such as trypsin (Bohm and Crane-Robinson, 1984). The recent crystal structure
of the nucleosome core particle was determined at 2.8 A resolution and has provided
confirmation of the previous low-resolution structures as well as some additional details
(Richmond et al., 1984; Luger et al., 1997). Although the histone ‘tails’ comprise nearly
25-30% of the molecular mass of histone proteins, only approximately one third of their

length is represented in the crystal structure (Luger et al., 1997). This is due to the lack




‘ of secondary structure of these domains and their mobility in solution. Despite this, the
remaining structure provides a clear picture of the nucleosome core particle. DNA is
wrapped ~1.7 times around an octamer of histone proteins in a left-handed superhelix and
adopts a specific rotational position where the minor groove faces the surface of the
histone octamer (Arents et al., 1991; Arents and Moudrianakis, 1993; Luger et al., 1997);,
see also Figure I-1). The octamer of histone proteins is organized into a tripartite
structure consisting of a tetramer of histones H3 and H4 (H3/H4 heterodimers interact to
form a tetramer via dimerization of H3 molecules) bound on either side by histone H2A
and H2B heterodimers (Arents et al., 1991; see Figure I-1). Formation of the above
heterodimers is mediated by interaction between histone fold motifs and results in a very
stable handshake-like arrangement between these proteins (Arents et al., 1991).
Interestingly, the histone fold motif has emerged as an ubiquitous structural element used
in protein dimerization and has additionally turned up in a number of eukaryotic
transcriptional regulatory proteins suggesting a common ancestry among these factors
(Arents and Moudrianakis, 1995; Corona et al., 2000; Luger and Richmond, 1998a).

Histone Amino-Terminal Domains — ‘Tails’. A great deal of attention has been
given to dissecting the function of the histone ‘tail’ domains in chromatin structure and
this remains a fruitful and exciting area of research. It is clear that these domains play a
significant role in essential biological processes. This is evidenced by the fact that at
least one of the two ‘tails’ for both the histone H2A/H2B and H3/H4 pairs must be intact
to maintain viability in yeast suggesting an essential, but partially redundant role for these

domains (Lenfant et al., 1996; Ling et al., 1996). The histone ‘tails’ are regions where a




Figure I-1. Representation of Nucleosome Structure. A. The nucleosome
core particle is composed of 147 bp of DNA wrapped nearly two times around an
octamer of histone proteins consisting of two copies each of histones H2A (light blue),
H2B (dark blue), H3 (green), and H4 (white). B. The histone octamer is composed of a
tripartite structure; a central tetramer of histone H3 and H4 (white) flanked on each side
by histone H2A/H2B heterociimers (blue). The phosphate backbone of DNA contacts
charged residues on the surface of the histone octamer (shown in red). Strategically
placed arginine residues stabilize DNA on the surface of the histone octamer by
interacting with the minor groove to create a left-handed superhelix. The central
tetramer arranges ~120 base pairs of DNA and the remaining DNA is associated with the
histone H2A/H2B dimers (Garcia-Ramirez et al., 1992; Luger et al., 1997). Not shown
here are the amino terminal domains (common sites of posttranslational modifications)
which exit the nucleosome through minor groove channels on all sides of the

nucleosome. This figure was adapted from Chromatin Structure and Gene Expression

(1995) Sarah C. R. Elgin, ed. Oxford University Press, NY.







number of post-translational modifications occur including acetylation, phosphorylation,
methylation, ubiquitination and ADP-ribosylation (reviewed in Spencer and Davie, 1998;
Strahl and Allis, 2000). These modifications have been linked to alterations in chromatin
structure.

For many years, it was widely accepted that the primary role of the highly basic
hisfone ‘tails’ was to interact‘with nucleosomal DNA to stabilize intra-nucleosomal
histone-DNA interactions (reviewed in Fletcher and Hansen, 1996). Technical advances
have allowed investigators to reconstruct the chromatin fiber in vitro allowing for
biophysical analysis of a homogeneous population of nucleosomal arrays in solution
(reviewed in Fletcher and Hansen, 1996). These data revealed an absolute requirement
for the trypsin-sensitive histone “tails’ in formation of the folded structure (analogous to
the 30 nm fiber which requires nucleosome-nucleosome contacts) and for self-association
of these folded nucleosomal arrays into more compact structures (Fletcher and Hansen,
1995; Fletchef et al., 1994). This provided clear evidence that the histone amino-terminal
‘tails’ participate in protein-DNA as well as protein-protein interactions to mediate the
different levels of compaction. The recent high resolution crystal structure provides
details that confirm that the amino-terminal ‘tails’ can extend quite a distance from the
nucleosome core and can interact with the neighboring nucleosome (Luger et al., 1997).

. Together, structural and biophysical studies of the nucleosome core particle and
nucleosomal arrays have provided a means for understanding the relationship between
modification of nucleosome structure and chromatin accessibility and have earned the

histone ‘tails’ the reputation of key arbiters of chromatin structure.
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Chromatin-associated Proteins. Numerous studies have shown that there is one
copy of histone H1 per nucleosome (chromatosome) and that the presence of histone H1
is associated with highly condensed chromatin (reviewed in Simpson, 1978; Wolffe et al.,
1997). However, histone H1 is not required for formation of higher order chromatin
structure, but rather functions by stabilizing the folding of nucleosomal arrays into more
condensed structures (discussed in Fletcher and Hansen, 1996). Consistent with this,
rearrangement of the amino terminal ‘tails’ upon association of histone H1 with
nucleosomes has been observed (discussed in Wolffe and Hayes, 1999). The implication
from this would be that the histone ‘tails’ are now in a conformation that favors folding.
Much less is known about histone H5, a tissue specific variant of H1 that accumulates
during the process of terminal differentiation (Ramakrishnan et al., 1993). In any case,
histone HS5 is thought to be involved in the higher order compaction and inactivation that
occurs in these cells.

The role of non-histone chromatin components in chromatin structure is less well
characterized. The non-histone chromosomal proteins can be defined as those proteins
other than the histones that are associated with chromatin in vivo. One such type is the
high mobility group of proteins (HMG). HMG proteins are operationally defined as
chromatin proteins extractable with 0.35 N NaCl and soluble in 2% trichloroacetic acid or
5% perchloric acid (Johns, 1982). HMG proteins possess a high proportion of charged
amino acids, both positive and negative. These proteins can also be divided into a
number of subclasses. HMG1 and HMG2 comprise the majority of these proteins in the

cell (Ner, 1992). The DNA binding domain (HMG-1 box) is a characteristic feature of
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these proteins. This unique motif binds to highly bent or distorted forms of DNA (Read
et al., 1993; Weir et al., 1993). In chromatin, these proteins bind to linker DNA.
Interestingly, HMG-1 like boxes have also been identified in a number of transcriptional
regulatory proteins (Wolffe et al., 1997).

Two other subclasses of non-histone chromatin components appear to be specific
to higher eukaryotes: the HMG-14 -17 and the HMG I/Y subclasses (Wolffe and Hayes,
1999). These proteins also bind DNA and have been implicated in transcriptional
regulation. It seems likely that the histone and non-histone proteins will be targets of
cellular mechanisms that deal with chromatin. In any case, identifying the role of these
proteins will be essential to understanding the dynamics of chromatin structure and its

relationship to biological processes such as the regulation of gene expression.

Chromatin Structure and Transcription

Cytological studies indicate that highly folded chromatin fibers (~200 nm)
predominate in bulk chromatin even in the interphase nucleus — a time period where the
DNA needs to be accessible to a variety of factors (Belmont and Bruce, 1994). Itis
obvious that the assembly of eukaryotic DNA into folded nucleosomal arrays has drastic
consequences for many nuclear processes that require access to the DNA sequence,
including transcription, replication, recombination, and repair. In fact, it is now generally
recognized that disruption of chromatin structure is the rate-limiting step for most of
these nuclear DNA transactions. Consistent with this idea, early studies indicated that

positioning of a nucleosome over the adenovirus major late promoter inhibited
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transcription (Knezetic and Luse, 1986; Lorch et al., 1987; Matsui, 1987). In a related
study, investigators showed that binding of transcription factors to these templates prior
to nucleosome assembly potentiated the subsequent initiation of transcription (Matsui,
1987; Workman and Roeder, 1987). The implication from these and other studies is that
disruption or movement of positioned nucleosomes may be a prerequisite for
transcriptional initiation (reviewed in Adams and Workman, 1993). Thus, even at the
most basic level of compaction, the nucleosome provides a potent barrier to factor
binding and appears to be the primary determinant of DNA accessibility.

Transcription-associated Conformational Changes in the Nucleosome. The
correlation between altered chromatin structure and active transcription ir vivo has been
recognized for nearly thirty-five years and suggests that chromatin structure plays an
active role in transcriptional regulation. Early investigations showed that histones remain
present in actively transcribed regions, implying that chromatin in these regions must
exist in an altered conformation or organization that was more permissive to transcription
(Axel et al., 1974; Lacy and Axel, 1975). This is consistent with the fact that the
nucleosome is not a static structure, but appears to be a dynamic and flexible assembly.
This is evidenced by studies in which moderate changes in the concentration of NaCl can
lead to several distinct changes in nucleosome conformation (Ausio et al., 1984a; Ausio
et al., 1984b; Czarnota and Ottensmeyer, 1996; Dieterich et al., 1978; Dieterich et al.,
1979; Yager et al., 1989; Yager and van Holde, 1984).

Subsequent groundbreaking studies made use of enzymatic probes (e.g. DNase I)

to show increased DNA accessibility of active versus inactive chromatin (Weintraub and
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Groudine, 1976). This generated an intense interest and enthusiasm for understanding the
chromatin structure at active loci in more detail. Higher resolution mapping of chromatin
structure followed and resulted in the identification of DNase I hypersensitive sites in the
regulatory regions of genes in Drosophila (heat shock gene; Wu, 1980) and in higher
eukaryotes (Groudine et al., 1983; Groudine and Weintraub, 1982). These DNase I
hypersensitive sites were alsé identified in promoters of active and inducible genes in
yeast (discussed in Krebs and Peterson, 2000). These discrete sites of exquisite nuclease
accessibility became a hallmark of active genes and genes poised for tissue specific
expression (discussed in Krebs and Peterson, 2000).

About the same time, other investigators took a different approach to study the
structural phenomena of active versus inactive chromatin. Their studies indicated that

nucleosomes isolated from transcriptionally active chromatin appear to be depleted of

histone H2A/H2B dimers (Baer and Rhodes, 1983) and contain histone octamers whose
interiors are more accessible to enzymatic and chemical modifications (Allegra et al.,
1987; Chen et al., 1991; Prior et al., 1983). Recent studies have also shown that
nucleosomes from transcriptionally active chromatin can be visualized microscopically as
éxtended, largely unfolded structures (Bazett-Jones et al., 1996; Czarnota and
Ottensmeyer, 1996). These and other studies have had a significant impact on the
chromatin field and have led to the view that regulatory factors might antagonize the

repressive effects of chromatin by disrupting the structure or conformation of the histone
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octamer (discussed in Workman and Kingston, 1998; see also below).
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Post-translational Modification, Chromatin Structure, and Transcription. Post-
translational modification (e.g. acetylation) of the histone amino-terminal domains has
also been correlated with changes in chromatin structure (reviewed in Fletcher and
Hansen, 1996; Workman and Kingston, 1998; Wolffe and Hayes, 1999; Strahl and Allis,
2000). A correlation between the reversible acetylation of histone ‘tails’ and
transcriptional regulation was first proposed in the 1960°s (Allfrey et al., 1964; Pogo et
al., 1966). A number of subsequent studies pioneered by Grunstein and colleagues have
shown that histone ‘tails’ are essential for the proper control of gene expression
(Grunstein, 1992; 1997). The generation of antibodies that recognize specific acetylated
states allowed investigators to examine patterns of acetylation in vivo by the method of
chromatin immunoprecipitation (ChIP) (Braunstein et al., 1993; Hebbes et al., 1994,
Hebbes et al., 1988). This was a major advance in understanding the rolé of acetylation
of the individual histone “tails’ in biological processes such as transcriptional regulation.
One of the first studies indicated that acetylation of histone H4 was associated with the
transcriptionally active regions in the polytene chromosomes of Drosophila (Turner et
al., 1992). On the other hand, a link between histone H4 hypoacetylation and X
chromosome inactivation was seen (Belyaev et al., 1996; Jeppesen et al., 1992; Jeppesen
and Turner, 1993). Additional observations made utilizing this approach showed the
parallel between the presence of highly acetylated histones and the DNase I sensitive -
globin domain which includes transcriptionally active regions (Hebbes et al., 1994).
Several other groups have exploited the utility of chromatin immunoprecipitation as a

tool to fine-tune the map of highly acetylated histones H3 and H4. These investigators




 found that promoter regions of active genes are enriched in the acetylated forms of
histones H3 and H4, however upstream and coding regions are largely hypoacetylated
(Cosma et al., 1999; Krebs et al., 1999). These and other related studies provided
convincing evidence that histone acetylation is directly involved in transcriptional
regulation.

How might the acetylation state of histone ‘tails’ contribute to gene activation?
Initial insights came from studies that showed that DNA in hyperacetylated chromatin
was more sensitive to nuclease digestion (Hebbes et al., 1994; Hebbes et al., 1988). In
addition, two seminal studies revealed that acetylation of the histone amino-terminal
‘tails’ increased the accessibility of nucleosomal DNA to transcription factor binding
(Lee et al., 1993; Vettese-Dadey et al., 1996; Vettese-Dadey et al., 1994). The
correlation between histone ‘tail” acetylation and chromatin structural changes can be
understood in light of recent biophysical studies that implicate these domains in
chromatin condensation. In this study, investigators showed that a critical level of
acetylation (>12 acetates per octamer) was required for complete disruption of higher
order folding and that this directly corresponds to gene activation (Tse et al., 1998a).
This is entirely consistent with the fact that yeast have an overall high level of histone
‘tail” acetylation (~13 acetates per octamer; 50% of available lysines) and that a large
proportion of yeast genes are transcribed under normal growth conditions (Thomas and
Furber, 1976; Waterborg, 2000).

Previous biophysical and structural studies indicate that histone ‘tails’ interact

with DNA as well as with the histone proteins themselves to promote folding in part by
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charge shielding (reviewed in Fletcher and Hansen, 1996). Thus, one could envision a
scenario in which this neutralization of charge would lead to an overall decompaction of
chromatin. Hdwever, the affects of acetylation may not simply be explained in these
terms. For instance, the early studies showing an increase in factor binding to
nucleosomal DNA upon acetylation of histone ‘tails’ were performed with
mononucleosomes (168-220 bp DNA and histone octamer) which are incapable of
folding (Lee et al., 1993; Vettese-Dadey et al., 1994). In addition, specific acetylation
patterns are associated with gene regulation and would lead to the possibility of a number
of charge distribution states (discussed in Workman and Kingston, 1998). Moreover,

_although acetylation is not generally associated with destabilization of the nucleosome
core particle, modification of the histone ‘tails’ may lead to an altered conformation of
the nucleosome structure (i.e. rearrangement of histone ‘tails’) to allow factor binding
(reviewed in Fletcher and Hansen, 1996).

Alternatively, it is possible that different patterns of acetylation would serve as a
histone code for the binding of other proteins that could serve to activate or repress
transcription (discussed in Strahl and Allis, 2000). One example of this is that acetylation
of histone H4 at lysine 16 is associated with its ability to interact with SIR3, a protein
required to maintain the highly repressive chromatin structure at yeast telomeres (Hecht
et al., 1995). In contrast, acetylation of lysines at sites 5 and 8 in histone H4 is associated
with the transcriptionally active (euchromatic regions) polytene chromosomes (Turner et
al., 1992). This idea of a histone code is also consistent with the notion that acetylation

of histone ‘tails’ does not result in gross changes in nucleosome structure (reviewed in
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Fletcher and Hansen, 1996; Strahl and Allis, 2000). The two scenarios presented above
are not mutually exclusive and a combination of both may pertain in vivo. These and a
number of subsequent studies have led to the current view that not only are the overall
levels of histone acetylation important, but that specific patterns of acetylation are critical
for transcriptional regulation (reviewed in Strahl and Allis, 2000; Wolffe and Hayes,
1999).
Protein Machines and the Alteration of Chromatin Structure

The last decade has witnessed a convergence of research in the fields of
chromatin structure and transcription. The identification and characterization of
numerous macromolecular enzymes that ‘remodel’ chromatin finally provided the
missing link between chromatin structural alterations and transcriptional regulation.
Importantly, this is also evidenced by the fact that many of these enzymes had previously
been identified as transcriptional regulators. Two classes of highly conserved chromatin
remodeling enzymes have been implicated as regulators of the repressive nature of
chromatin structure. The first class is composed of multi-subunit complexes that use the
energy of ATP hydrolysis to disrupt histone-DNA interactions (reviewed in Pollard and
Peterson, 1998; Workman and Kingston, 1998; Kingston and Narlikar, 1999; Muchardt
and Yaniv, 1999; Vignali et al., 2000). The second class includes enzymes that
covalently modify the nucleosomal histones (acetylation, phosphorylation, methylation,
ADP-ribosylation; reviewed by Strahl and Allis, 2000; Spencer and Davie, 1999; Wolffe

and Hayes, 1999; Brown et al., 2000).
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ATP-dependent Chromatin Remodeling Enzymes. The ySWI/SNF complex was
the first member of the ATP-dependent class of chromatin remodeling enzymes to be
discovered (Peterson et al., 1994; Cairns et al., 1994). Interestingly, mutations in swi/snf
genes lead to a variety of transcriptional defects and genes encoding mutations in
chromatin components bypass the need for SWI/SNF (reviewed in Winston and Carlson,
1992). This led to the initial hypothesis that SWI/SNF functioned to antagonize the
repressive effects of chromatin structure on transcription (discussed in Winston and
Carlson, 1992). Significant evidence supporting this hypothesis came from several
complementary studies. First, SWI/SNF gene products are required for changes in
chromatin structure associated with transcriptional initiation at the SUC2 promoter
(Hirschhorn et al., 1992). A second study showed that SWI/SNF facilitates the binding
of activators to nucleosomal sites in vivo (Burns and Peterson, 1997b). Third, studies
showed that direct recruitment of SWI/SNF to promoters could activate transcription
from nucleosomal templates in vitro (reviewed in Vignali et al., 2000). The field has
moved swiftly and persistently as a number of ATP-dependent chromatin remodeling
enzymes have been and continue to be identified.

FEach member of the ATP-dependent family of chromatin remodeling enzymes
identified to date contains an ATPase subunit that is related to the SWI2/SNF2 subfamily
of the DEAD/H superfamily of nucleic acid stimulated ATPases (Eisen et al., 1995).
Seventeen members of the SWI2/SNF2 family have been identified in the yeast genome
(reviewed- iﬁ Pollard and Peterson, 1998), and to date, five of these ATPases have been

purified as subunits of distinct chromatin remodeling complexes SWI/SNF (Cairns et al.,




18

1994; Cote et al., 1994), RSC (Cairns et al., 1996b), ISW1 and ISW2 (Tsukiyama et al.,
1999), and INOS8O (Shen et al., 2000). Additional ATP-dependent remodeling complexes
that harbor SWI2/SNF2 family members have been identified in Drosophila [ACF (Ito et
al., 1997), dNURF (Tsukiyama et al., 199; Tsukiyama and Wu, 1995), dCHRAC (Varga-
Weisz et al., 1997), Brahma (Elfring et al., 1994; Papoulas et al., 1998)], human
[hSWI/SNF (Kwon et al., 1994), huCHRAC (Poot et al., 2000), NURD (Tong et al.,
1998; Xue et al., 1998; Zhang et al., 1998), RSF (LeRoy et al., 1998)], and frog [xMi-2
(Wade, 1998)].

The ATP-dependent class of chromatin remodeling complexes have been further
divided into three groups based on whether the sequence of the ATPase subunit is more
related to yeast SWI2 (ySWI/SNF, RSC, Brahma, hSWI/SNF), Drosophila ISWI (ISW1,
ISW2, dNURF, dCHRAC, dACF, hRSF), or human Mi-2 (hNURD, xMi-2) (reviewed in
(Muchardt and Yaniv, 1999; Vignali et al., 2000). Although each of these ATPases share
a SWI2/SNF2-like ATPase domain, they harbor additional, unique sequence motifs
adjacent to the ATPase domain that are characteristic of each group — the SWI2 group
contains a bromodomain (Tamkun et al., 1992), the ISWI group contains a SANT domain
(Aasland et al., 1996), and the Mi-2 group contains a chromodomain (Paro and Hogness,
1991). Differences among some groups are also apparent in the nucleic acid cofactor
required for stimulation of ATPase activity. For enzymes that contain a SWI12-like
ATPase (ySWI/SNF, yRSC, hSWI/SNF), ATPase activity is stimulated equally well by
“free” DNA or nucleosomes (Cairns et al., 1996b; Cote et al., 1994; Phelan et al., 1999).

In contrast, the ATPase activity of enzymes that contain an ISWI-like or Mi-2-like
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ATPase is optimally stimulated by nucleosomes (Tong et al., 1998; Tsukiyama and Wu,
1995; Wade, 1998; Xue et al., 1998; Zhang et al., 1998). In the case of ISWI-like
ATPases, this requirement for nucleosomal DNA may reflect obligatory interactions with
the trypsin-sensitive, histone amino-terminal domains (Georgel et al., 1997).
Interestingly, the activities of ySSWI/SNF, yRSC, dBrahma, dCHRAC, and
hSWI/SNF complexes are required for transcriptional regulation of target genes in vivo
suggesting an overall role for these enzymes in regulating gene expression through ATP-
dependent chromatin disruption (Peterson and Herskowitz, 1992; Hirschhorn et al., 1992;
Holstege et al., 1998; Moreira et al., 1999; de la Serna et al., 2000; Deuring et al., 2000;
Biggar and Crabtree, 2000, Sudarsanam et al., 2000; Poot et al., 2000). What is ATP-
dependent chromatin remodeling? A number of in vitro studies suggest that the ATP-
dependent class of chromatin remodeling enzymes are functionally distinct, however,
these enzymes have not been compared directly. In any case, each enzyme can
apparently use the energy of ATP hydrolysis to alter chromatin structure and to enhance
the binding of proteins to nucleosomal DNA binding sites (reviewed in Workman and
Kingston, 1998; Kingston and Narlikar; 1999; Muchardt and Yaniv, 1999; Vignali et al.,
2000). In many cases, these enzymes can disrupt the normal repeat pattern of DNase 1
cleavage of DNA on the surface of a nucleosome or are required to generate a DNase [
hypersensitive site in promoter regions (Cote .et al., 1994; Kwon et al., 1994; Imbalzano
et al., 1994). These observations link the function of chromatin remodeling enzymes to

previous studies showing a correlation between alteration of chromatin structure and

transcription.
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It has recently been shown that many of these enzymes can increase the mobility
of the histone octamer in cis with respect to DNA in the presence of ATP (Hamiche et al.,
1999; Jaskelioff et al., 2000; Langst et al., 1999; Whitehouse et al., 1999). This may
account for the increased accessibility of binding factors to DNA sequences previously
encompassed in nucleosomes. In fact, subtle differences in the ability of these enzymes
to move histone octamers may explain their distinct behaviors in different remodeling
assays (discussed in Peterson, 2000). Thus, it is possible that functional differences may
ultimately reflect differences in the recruitment or regulation of these enzymes.

However, there are still many unanswered questions and the exact nature of the
remodel'ed nucleosome is unclear. Further analysis of the consequences of remodeling on
nucleosome structure by these ATP-dependent enzymes and their comparison under the
same assay conditions will be imperative to understanding the mechanism of chromatin
remodeling and the functional relationship among this group of enzymes.

A hallmark of the SWI/SNF family of chromatin remodelers is that they are
complex multi-subunit enzymes. The enormous size of these enzymes has led to their
being labeled as chromatin remodeling ‘machines’. Why do these enzymes have such
complex subunit organization? The implication is that the chromatin remodeling reaction
itself is complex, composed of multiple steps or subreactions that must be completed to
achieve the ‘remodeled’ state (discussed in Peterson, 1998). Although studies have
shown that both recombinant BRG1 and ISWI can remodel substrates i# vitro (Corona et
al., 1999; Phelan et al., 1999), additional subunits are required for function in vivo.

Recent studies have shown that chromatin remodeling ‘machines’ are targeted by gene
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specific transcriptional regulatory proteins to their site of action both in vitro and in vivo
(Cosma et al., 1999; Deuring et al., 2000; Krebs et al., 1999; Natarajan et al., 1999; Neely
et al., 1999; Yudkovsky et al., 1999). Thus, it is possible that some subunits may perform
the primary catalytic function and additional subunits may play a regulatory role in these
enzymes.

Interestingly, in addit‘ion to a DNA-dependent ATPase homologous to
ySwi2/Snf2p, the Drosophila Bfahma and human SWI/SNF complexes contain subunits
that are homologues of yeast SWI3, SNF5, and SWP73 (Cairns et al., 1996a; Dingwall et
al., 1995; Papoulas et al., 1998; Wang et al., 1996a; Wang et al., 1996b). RSC, another
ATP-dependent chromatin remodeling complex in yeast, also contains a similar core of
conserved subunits (Cairns et al., 1996b; Treich and Carlson, 1997). Recent studies
suggest that these subunits define the functional core of the hNSWI/SNF complex (Phelan
et al., 1999). The SWI/SNF family of chromatin remodeling complexes, as well as yéast
RSC, also contains proteins with homology to actin and/or actin-related proteins (Arps)
(reviewed in Boyer and Peterson, 2000). It has been proposed that actin and Arps may
act as conformational switches that govern the assembly or activity of these large
macromolecular enzymes (discussed in Boyer and Peterson, 2000). Alternatively, actin
and Arps may tether chromatin remodeling complexes to the nuclear scaffold (Zhao et
al., 1998). Thus, it is important to determine how each of these conserved components
function and to determine how these large multi-subunit machines are “put together” to

form a functional complex in order to elucidate the precise biochemical mechanism of

chromatin remodeling.
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Histone Acetyltransferases. Histone Acetyltransferases (HATSs) can be
categorized into two broad groups. The first group consists of the Type B HATs, which
are located in the cytoplasm and acetylate histones not associated with DNA. The second
group, Type A HATS, is nuclear and can acetylate nucleosomal histones. Thése enzymes
catalyze the transfer of an acetate moiety to the e-amino group of lysine residues. A
direct link between chromatin function and acetylation was established by the discovery
that coactivators required for transcriptional activation function are Type A histone
acetyltransferases. The ultimate breakthrough came from the identification of the first
Type A HAT, p55, in Tetrahymena (Brownell and Allis, 1995). It was quickly realized
that p55 had a homologue in yeast, GenSp, a previously identified ‘adaptor’ protein
required for transcriptional regulation (Brownell et al., 1996). This has set the stage for
the identification of numerous histone acetyltransferases, including a number with
homology to the Gen5p HAT domain, from yeast to human (reviewed in Berger, 1999;
Brown et al., 2000).

Persuasive evidence has emerged that acetyltransferases function to acetylate
histones in vivo to affect gene regulation. Investigators showed that mutations in the
GCN5 HAT domain directly correlated with the level of transcriptional activation in vivo
(Kuo et al., 1998; Wang et al., 1998). Moreover, Allis and colleagues showed that GenSp
HAT activity was directly correlated with acetylation of histone H3 and transcriptional
activation at the HIS3 promoter (GenSp-dependent gene) in vivo (Kuo et al., 1998). In
addition, several in vitro studies showed that direct recruitment of GCNS5 HATs to

promoter regions by a variety of acidic activators led to increased acetylation of
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neighboring nucleosomes and transcriptional activation of target genes (Ikeda et al.,
1999; Steger et al., 1998; Utley et al., 1998).

Biochemical fractionation of yeast extracts has identified several nuclear histone
acetyltransferase complexes (Type A HATs) which harbor Gen5p as their catalytic
subunit (Eberharter et al., 1999; Grant et al., 1997; Horiuchi et al., 1997; Pollard and
Peterson, 1997; Saleh et al., 1997). SAGA (Spt-Ada-GenS-Acetyltransferase) is a nearly
2 MD multi-subunit complex which appears to be composed of modules that contribute
to specific biochemical functions: HAT activity, activator interaction, complex integrity,
and TBP interaction and regulation (Sterner et al., 1999). On the other hand, ADA is 0.8
MD complex and is functionally distinct from SAGA (Eberharter et al., 1999). The role
of ADA is less clear as a number of subunits remain unidentified. Additional complexes
that contain GenSp have also been identified, but are less well characterized (Pollard and
Peterson, 1997, Saleh et al., 1997, Saleh et al., 1998; Sendra et al., 2000). In any case,
GCN5-dependent HAT complexes are believed to facilitate transcriptional activation
through acetylation of specific residues in the amino-terminal ‘tails’ of histone H3 in
nucleosomes (reviewed in Berger, 1999; Brown et al., 2000; Luger and Richmond,
1998a). Previous studies have shown that although recombinant GenSp is capable of
acetylating nucleosomal substrates in vitro (Tse et al., 1998b), GenSp HAT activity in
vivo depends on its association with Ada2p and Ada3p (Candau et al., 1997; Marcus et
al., 1994). In as much, GCN5, ADA2, and ADA3 gene products appear to be conserved

among all GCNS5-related HAT complexes (reviewed in Brown et al., 2000). This
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underscores the importance for understanding how these highly conserved proteins
contribute to the acetylation function of these HATs in vivo.

In yeast, GCN5 is not essential for cell growth suggesting that enzymes with
redundant functions rﬁay exist. In this regard, several additional Type A HATSs exist in
yeast and a number of these have been identified as the catalytic subunit of multi-subunit
complexes that are distinct from GCN5 HATs: Esal (NuA4; Allard et al., 1999; Grant et
al., 1997), Sas3 (NuA3; Grant et al., 1997; John et al., 2000), and Elp3 (Elongator;
Wittschieben et al., 1999). Each of these preferentially acetylate nucleosomal histones as
part of a large, multi-subunit complex and have been implicated in transcriptional
regulation and possibly DNA repair (reviewed in Brown et al., 2000). While NuA4 is
capable of tetra-acetylating histone H4, NuA3 shows specificity to histone H3 (Grant et
al., 1997). On the other hand, Elp3, an integral component of the RNA PollI elongation
complex, has been shown to acetylate all four core histones in vitro (Wittschieben et al.,
1999). It will be of great interest to determine the role of these enzymes in biological
processes and their relationship to GCNS.

Although there is overwhelming evidence that histone ‘tails’ are relevant
substrates in vivo for the HATS, recent reports suggest that this may be just a small piece
of the puzzle in understanding how these enzymes affect gene expression. For example,
Type A HATs in higher eukaryotes (P/CAF, CBP/p300) have been shown to acetylate
and alter the activity of a variety of transcription factors (see Davie and Spencer, 1999;
Berger, 1999; Brown et al., 2000). We are just beginning to uncover the multitude of

affects that acetyltransferases have on gene regulation, thus designating these enzymes as
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HATSs may be a misnomer. It is likely that these enzymes will also play a significant role
in other processes such as DNA repair and replication (discussed in Berger, 1999; Brown
et al., 2000; Cheung et al., 2000).

Histone Deacetylases. Histone acetylation is a highly reversible process. Thus, it
was not surprising that enzymes existed to catalyze the removal of these modifications.
A number of corepressors of transcription have turned out to be histone deacetylases
(reviewed in Knoepfler and Eisenman, 1999; Struhl et al., 1998). Keeping in theme with
HATSs, histone deacetylases (HDACs) are also housed in large multi-subunit complexes.
The most well characterized histone deacetylases are members of a common family that
includes the founding member from human, HDAC]1 (Taunton et al., 1996). Homologues
exist in a variety of eukaryotes including yeast (Rpd3). HDAC/Rpd3 complexes contain
the Sin3 corepressor as well as a number of other proteins, some of which are also highly
conserved among histone deacetylases (for review see Knoepfler and Eisenman, 1999;
Struhl et al., 1998). The connection between histone deacetylase activity and
transcriptional regulation stems from the observation that HDAC/Rpd3 complexes
associate with DNA-binding repressors as well as with transcriptional corepressors for
nuclear receptors (reviewed in Knoepfler and Eisenman, 1999; Struhl et al., 1998).
Additional studies have suggested that histones are physiolbgical substrates for yeast
Rpd3 and that Rpd3 plays a role in transcriptional repression in vivo (Kadosh and Struhl,
1998a; Kadosh and Struhl, 1998b; Rundlett et al., 1996).

Recently, a number of histone deacetylase complexes have been identified that

contain not only HDAC members, but also Mi-2 — a protein with homology to the
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Swi2/Snf2 family of DNA-dependent enzymes (Tong et al., 1998; Wade, 1998; Xue et
al., 1998; Zhang et al., 1998). These complexes, however, appear to lack the Sin3
counterpart. Interestingly, the combination of ATP-dependent remodeling (previously
thought to activate genes) and histone deacetylase (HDAC) activities has been linked to
transcriptional repression (reviewed in Knoepfler and Eisenman, 1999). This and the fact
that hNSWI/SNF has been assbciated with HDACs (Zhang et al., 2000) has led to a shift in
paradigm. The current view of ATP-dependent enzymes in higher eukaryotes is that
ATP-dependent remodeling may lead to activation or repression and appears to be
context dependent.

Functional Relationship Among Chromatin Remodelers. Current studies suggest
that ATP-dependent remodeling and HAT énzymes cooperate to regulate transcription by
altering the equilibrium of DNA accessibility in chromatin (for review see Kingston and
Narlikar, 1999). For example, SWI/SNF and GCNS5 are required for the expression of a
similar set of yeast genes (Pollard and Peterson, 1997). In addition, ySWI/SNF (a
member of the ATP-dependent class) and SAGA (a yeast histone acetyltransferase) have
recently been shown to play cooperative roles in transcriptional activation at the HO
promoter in yeast (Cosma et al., 1999; Krebs et al., 1999). Other studies suggest that
SWI/SNF and GCN5 have a pandemic role in gene expression and perform both
independent and overlapping functions during transcriptional activation (Biggar and
Crabtree, 1999; Pollard and Peterson, 1997; Roberts and Winston, 1997; Sudarsanam et
al., 1999). ATP-dependent enzymes and deacetylases may also cooperate to regulate

transcription. Recent studies have indicated a physical association between SWI/SNF
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and HDAC:s although the functional relevance is currently under investigation (Zhang et
al., 2000). However, the presence of a SWI/SNF-HDAC complex is consistent with the
functional role of ATP-dependent remodeling in the Mi-2/NuRD histone deacetylase
complex (Tong et al., 1998; Wade, 1998; Xue et al., 1998; Zhang et al., 1998).

The ability of these enzymes to be recruited to their sites of action has been the
focus of a number of recent reports. One point of major interest is the fact that many
members of both classes of chromatin remodeling enzymes can be targeted to promoters
via interaction with the same activator or repressor (reviewed in Vignali et al., 2000;
Brown et al., 2000; Peterson and Workman, 2000). This further supports the notion that
the functions of the two classes of enzymes are cooperative and may overlap at a number
of promoters. However, many of these studies have been performed in vitro and thus, the
relevant physiological interactions in vivo need to be tested. These studies further
support the role of chromatin remodelers in transcriptional regulation as well.

Although the two classes of chromatin remodeling enzymes appear to be
functionally distinct, several motifs have been conserved between both classes of
remodeling enzymes (e.g. bromodomain, SANT domain). The bromodomain which
consists of a 4 helix bundle with a hydrophobic core is conserved in many subunits of
chromatin remodeling complexes, has been recently implicated as a histone ‘tail’ binding
domain (Dhalluin et al., 1999; Ornaghi et al., 1999). However, in many cases the
bromodomain is not required for full activity in vivo suggesting that this domain may be
redundant in function (Elfring et al., 1998; Laurent et al., 1993b; Marcus et al., 1994).

The SANT domain (Swi3, Ada2, N-CoR, TFIIIB”) is a novel motif found in a number of
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transcriptional regulatory proteins, conserved from yeast to human, identified based on its
homology to the DNA binding domain (DBD) of the cellular protooncogene, c-Myb
(Aasland et al., 1996). Albeit its homology to Myb-DBD, the function of the SANT
domain is not known. The SANT domain is predicted to be comprised of a three helix
bundle that is maintained by a hydrophobic core (Aasland et al., 1996). Interestingly,
many SANT-containing profeins have been identified as obligate members of chromatin
remodeling complexes (Aasland et al., 1996). It is possible that elucidation of the role of
the SANT domain may functionally link ATP-dependent and HAT chromatin remodeling
complexes to chromatin substrates. Thus, understanding the role of conserved features of
chromatin remodeling enzymes will be essential for dissecting their function and

moreover, functional interrelationships.

Concluding Statement

A theme is emerging in which disruption of chromatin structure involves the
orchestrated cooperation of large multi-subunit chromatin remodeling enzymes in order
for the process of transcription to occur efficiently. A high degree of conservation exists
among these enzymes at the domain, subunit, and functional level suggesting a similarity

in the utilization of chromatin remodelers during gene regulation. It is appealing to

i speculate that understanding the conserved features of chromatin remodeling enzymes
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will uncover the fundamental principals of the ‘remodeling’ reaction and how it results in

altered chromatin structure.




TABLE I-1. Conserved Features of Chromatin Remodeling Enzymes

ATP-dependent Remodeling Complexes

Catalytic

Complex Subunit Organism # Subunits Comments Bromo/SANT

Swi2/Snf2 Family

SWI/SNF* SWI2/SNF2 S cerevisiae 11 Transcriptional Regulator yes/yes

RSC* STH1 S. cerevisiae 15 Required for Cell Cycle yes/yes
Progression; Transcriptional
Regulator

Brahma® BRM D. melanogaster >7 Transcriptional Regulator yes/yes

hSWI/SNF** BRG1 H. sapiens ~10 Transcriptional Regulator yes/yes

hSWI/SNF** hBRM H. sapiens ~10 Transcriptional Regulator yes/yes

ISWI Family

ISW1 ISW1 S.cerevisiae 4 Nucleosome Disruption/Spacing no/yes
Activity

ISW2 ISW2 S.cerevisiae 2 Nucleosome Spacing Activity no/yes

NURF ISWI D. melanogaster 4 Nucleosome Disruption/Spacing no/yes
Activity

CHRAC ISWI D. melanogaster 5 Nucleosome Disruption/Spacing no/yes
Activity; Transcriptional Regulator

ACF ISWI D. melanogaster 2 Nucleosome Assembly, Disruption, no/yes
Spacing Activity

RSF hSNF2L H. Sapiens 2 Transcriptional Regulator no/yes




TABLE I-1. Conserved Features of Chromatin Remodeling Enzymes (cont’d)

ATP-dependent Remodeling Complexes

Catalytic

Complex Subunit Organism # Subunits Comments Bromo/SANT*

CHD Family

Mi-2° Mi-2/CHD X laevis 6 Remodeling/Deacetylase no/?
Activity

NRD* Mi-2/CHD D. melanogaster ? Remodeling/Deacetylase no/?
Activity

NuRD* Mi-2/CHD  H. sapiens >7 Remodeling/Deacetylase no/?
Activity

Histone Acetyltransferases

GCNS Family

ADA GCNS S. cerevisiae >4 Acetylates Nucleosomal H3 yes/yes

SAGA GCNS5 S. cerevisiae 14 Acetylates Nucleosomal H3 yes/yes
Transcriptional Regulator

HATA2 GCN5 S. cerevisiae ~3 Acetylates Nucleosomal H3 yes/yes

STAGA/ GCNSL H. sapiens 11 Similarities to SAGA,; yes/?

TFTC Can substitute for TFIID

PCAF® P/CAF H. sapiens 10+ Acetylates Nucleosomal H3 yes/yes

and transcription factors;
Transcriptional Regulator
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TABLE I-1. Conserved Features of Chromatin Remodeling Enzymes (cont’d)

Histone Acetyltransferases

Catalytic
Complex Subunit Organism # Subunits Comments Bromo/SANT*
Other
9° CBP/p300 H. sapiens ? Acetylates All Nucleosomal yes/no
Histones and many Transcription
Factors; Subunit of RNA PolIl Holo
?° SRC1/ACTR  H. sapiens ? Acetylates Nucleosomal H3 and H4; no/no
Nuclear Receptor Transcriptional
Regulator
NuA3 SAS3 S. cerevisiae ? Acetylates Nucleosomal H3 no/no
MYST family member;
Transcriptional Regulator
NuA4 ESA1/SAS2 S. cerevisiae 11 Acetylates Nucleosomal H4 no/no
Transcriptional Regulator
Elongin ELP3 S. cerevisiae ? Acetylates All Four Core Histones no/no
Transcriptional Regulator?
TFIID TAFy130 S. cerevisiae ++ Acetylates Free Histone H3 and H4  yes/?
TAFR230 D. melanogaster ~ ++ and Transcription Factors
TAFp250 H. sapiens ++ Subunit of RNA Polll Preinitiation

Complex




TABLE I-1. Conserved Features of Chromatin Remodeling Enzymes (cont’d)

Histone Acetyltransferases

Catalytic
Complex Subunit Organism # Subunits Comments Bromo/SANT*
TFIIIC p220,p110, H. sapiens ++ Acetylates Nucleosomal no/?
P90 Histones H2A, H3, and H4
Regulator of RNA Pollll
Transcription

Listed here is a representation of several ATP-dependent and HAT chromatin remodeling complexes. The classification of
complexes as Transcriptional Regulator is based on in vitro and/or in vivo studies. ?=the presence of this domain is
questionable and may be Eomaa through interactions with other proteins (e.g. a SANT domain is in a subunit of RNA
PolIll holo — TFIIIB”). *The mcﬁw\ SNF2-family of complexes consists of a core of conserved subunits with homology to
yeast Swi3p, Suf5p, Swp73p. ®P/CAF and CBP/p300 have been vrwm_om:% associated with each other as well as
individually in other complexes including RNA Polll Holoenzyme. ° ZTNA&@SQ complexes consist of homologous

subunits some of which are shared among all HDAC-containing complexes. The presence of a highly conserved bromo
or SANT domain within the catalytic subunit or complex is indicated. hSWI/SNF shows tissue specific heterogeneity.
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Chapter I1

Functional Analysis of Swi3p: A Conserved Subunit in ATP-Dependent
Chromatin Remodeling Complexes
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CHAPTER II
Functional Analysis of Swi3p: A Conserved Subunit in ATP-Dependent

Chromatin Remodeling Complexes

Introduction

The prototype of ATP dependent chromatin remodeling complexes is the yeast
SWI/SNF complex which is composed of 11 different polypeptide subunits with an
apparent molecular mass of 2 MD (Cairns et al., 1994; Peterson et al., 1994; Treich et al.,
1995). SWI/SNF is required for the transcriptional regulation of a number of yeast genes
(Biggar and Crabtree, 1999; Holstege et al., 1998; Peterson and Herskowitz, 1992;
Sudarsanam et al., 2000). SWI/SNF complexes are also found in higher eukaryotes as
the Drosophila Brahma complex and human SWI/SNF complexes (Dingwall et al., 1995;
Kwon et al., 1994; Papoulas et al., 1998; Wang et al., 1996a; Wang et al., 1996b). Each
of these complexes contain multiple subunits including a DNA-dependent ATPase
homologous to yeast Swi2/Snf2p (BRM in Drosophila, BRG1 or hBRM in human; for
review see Pollard and Peterson, 1998; Vignali et al., 2000). In addition, the Drosophila
Brahma and human SWI/SNF complexes contain subunits that are homologues of yeast
SWI3, SNF5, and SWP73 (for review see Vignali et al., 2000). Furthermore, another
ATP-dependent chromatin remodeling complex in yeast, RSC, also contains a similar
core of conserved subunits (Cairns et al., 1996b; Treich and Carlson, 1997). In fact,

recent studies suggest that these conserved subunits define the functional core of the




35

hSWI/SNF complex (Phelan et al., 1999). Investigations into the role of the individual
subunits within these huge macromolecular complexes and dissecting how these large
multi-subunit machines are “put together” to form a functional complex will provide
important insights into the mechanism of chromatin remodeling.

In this study, we investigate the role of the highly conserved Swi3 protein in
SWI/SNF function. Swi3p is an 825 amino acid protein that consists of multiple
domains; a highly acidic amino terminus, a region rich in prolines, hydrophobic, and
aromatic amino acids, a SANT domain (see Chapter III for extensive discussion), and a
putative hydrophobic leucine zipper (Peterson and Herskowitz, 1992; Aasland et al.,
1996; and see Figure II-1). Three of these motifs are conserved in all Swi3p family
members (see Table II-1; see Vignali et al., 2000 for recent review). Mutational analysis
indicates that the acid amino terminus (amino acids 1-306) is dispensable for Swi3p
function. However, removal of an additional 100 amino acids (domain I) disrupts
assembly of a functional complex suggesting that this region may contain a protein
interaction motif. Mutation of the leucine zipper (domain IIT) reveals that it is required
for self-association of Swi3p indicating that SWI/SNF may contain multiple copies of
Swi3p. Taken together, these results suggest that Swi3p is a crucial subunit for assembly

of the SWI/SNF complex and may serve as a scaffolding protein in SWI/SNF related

complexes.




ySWI3 825 aa
Motif Amino Acids Description Function
Rich in aspartic and
Acidic N-terminus 1-304 glutamic acids; net Dispensable
negative charge -60
CiS Rich in hvdroohobic Mediates interactions
(Conserved in Swi3p ~300-500 and a 83%_0 qwm_ dues among components
Family members) of SWI/SNF
SANT 503578 Homology to Myb-DNA Possible histone
(Swi3, Ada2, N-CoR, TFIIIB") binding domain binding motif*
Leucine zipper 694-792 Predicted hydrophobic Mediates self-

coiled-coil

association of Swi3p
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Results

Conserved regions in Swi3p are required for SWI/SNF function. Swi3p is
one of eleven polypeptides tightly associated with the 2 MD SWI/SNF complex and
contains multiple highly conserved domains (Aasland et al., 1996; Cairns et al., 1994,
Cairns et al., 1996b; Crosby et al., 1999; Papoulas et al., 1998; Peterson et al., 1994;
Peterson and Herskowitz, 1992; Treich and Carlson, 1997; Wang et al., 1996b); see also
Figure II-1). In order to understand the role of these domains in the function of Swi3p in
chromatin remodeling we performed a structure/function analysis of Swi3p (See Chapter
IIT of this thesis for extensive analysis of the SANT domain).

First, we constructed strains bearing successive 100 amino acid deletions from the
amino terminus of Swi3p in order to define a role for the acidic and CiS domains. We
then tested whether these mutations affected the regulation of the SWI/SNF-dependent
gene, HO (which encodes for an endonuclease required for mating type switching), as a
function of expression from an integrated HO-lacZ fusion gene (Figure II-2A).
Consistent with previous studies, complete deletion of the chromosomal copy of SWI3
resulted in an approximate 10-fold reduction in B-galactosidase activity as compared to
wild-type (Figure II-2A; Peterson et al., 1992). Strikingly, the amino terminal 306 amino
acids of Swi3p could be removed without any deleterious effect on SWI/SNF function.
In fact, we consistently saw a nearly 2-fold increase in HO-lacZ expression as compared
to wild-type (176% vs. 100%; Figure II-2A) suggesting that this domain may negatively
regulate SWI/SNF activity. Interestingly, this region is specific for yeast Swi3p and is

not conserved in any other Swi3p family member. Deletion of an additional 100 or 200
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amino acids reduced activity 10-fold indicating that this region is critical for Swi3p
function in vivo (Figure II-2A).

Swi3p also harbors a putative leucine zipper composed of multiple heptad repeats
of leucine, however, it lacks the basic residues characteristic of bZip type domains
suggesting that it is involved in protein-protein interactions (Peterson and Herskowitz,
1992). In order to gain insight into the role of this domain in Swi3p function we
generated strains that harbored single and multiple amino acid substitutions in the
putative leucine zipper. A single leucine to proline change in this motif (L714P) had no
effect on B-galactosidase activity (96% as compared to wild-type; Figure II-2A) whereas
substitution to proline at position 701 and 714 reduced activity 10-fold indicating an
important role for this domain in Swi3p function (Figure II-2A).

Yeast strains bearing mutations in genes encoding components of the SWI/SNF
complex display a slow growth phenotype on a variety of carbon sources (Neigeborn and
Carlson, 1984; Peterson and Herskowitz, 1992; Sudarsanam et al., 2000). Like other
swi/snf mutants, strains harboring mutations in the conserved regions of Swi3p also
displayed growth defects on glucose media and were unable to form single colonies on
media that contained sucrose, galactose, or glycerol (Figure II-2B and data not shown).
The growth defect on sucrose medium is consistent with a defect in the expression of
SUC2 (Hirschhorn et al., 1992; Wu and Winston, 1997). Importantly, the phenotypes
observed in the above analyses were not due to a decrease in expression of the various
mutants as they were expressed at near wild-type levels (Figure II-3 and data not shown).

In addition, overexpression of these mutants on a high copy plasmid did not affect the
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Figure II-2. CiS and Leucine Zipper domains of Swi3p are Required for
Expression of SWI/SNF-dependent Genes. A. Analysis of the effects of mutations in
the Swi3p CiS and Leucine Zipper domains on HO-lacZ expression. Strains were grown
to mid log phage in YEPD and analyzed for B-galactosidase activity. The strains used are
listed in Table II-4. Analyses were performed in triplicate and values were averaged.
Values varied by <15%. Milier units were normalized to percentages of wild-type levels.
B. Growth phenotypes of Swi3p mutants. Strains were streaked for single colonies on
media containing either 2% sucrose or galactose and growth is compared to wild-type

and swi3 deletion strains. Poor growth on media containing sucrose is consistent with a

defect in the expression of the SUC2 gene.
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observed phenotype (data not shown). Taken together, these data indicate that the acidic
N-terminus is dispensable whereas the CiS (amino acids 306-506) and leucine zipper

domains are required for SWI/SNF function iz vivo.

Conserved domains in Swi3p are required for SWI/SNF stability in vitro. To
investigate whether the conserved domains of Swi3p are required for SWI/SNF assembly,
we fractionated whole cell extracts from a wild-type strain (CY664) and strains
containing the amino terminal deletions of SWI13 (CY677, CY678, and CY679) on an
FPLC Superose 6 gel filtration column. Consistent with previous studies, fractionation of
wild-type extracts showed that Swi3p and Swi2/Snf2p coelute from Superose 6 in a peak
centered around fraction 19 as detected by immunoblotting (Peterson et al., 1994) and
Figure II-3). This corresponds to an intact SWI/SNF complex with a molecular mass of
~2 MD. We have previously demonstrated that swi/snf deletion mutations alter the
elution profile of the remaining subunits from a gel filtration column (Peterson et al.,
1994). In extracts prepared from the strain harboring Swi3A306p, Swi3p (Fraction 21)
and Swi2p (Fraction 21) cofractionate suggesting that the SWI/SNF complex is intact
(Figure I1-3), consistent with its ability to activate transcription in vivo (Figure 1I-2).
However, in extracts prepared from strains harboring Swi3A403p or Swi3A506p, Swi3p
and Swi2p do not cofractionate suggesting that this amino terminal region is required for
complex assembly or stability (Figure I1-3).

We also tested whether the double amino acid substitution in the leucine zipper

region of Swi3p disrupted SWI/SNF assembly. In this case, Swi3p (Fraction 23) and
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Figure II-3. A Role for Swi3p CiS and Leucine Zipper Domains in
Mediating SWI/SNF Subunit Interactions. Gel filtration analysis of SWI/SNF
harboring deletions/mutations in Swi3p. Crude whole cell extracts were prepared from
CY664 (wild-type), CY677 (swi3A306), Cy678 (swi3A403), CY679 (swi3A506), or
CY668 (swi3 L701P,L714P) and fractionated on an FPLC Superose 6 gel filtration
column. Fractions were analyzed by SDS-PAGE and immunoblotting with antisera to
Swi3p and HA (Swi2p). Swi3p containing amino terminal deletions migrated on SDS-
PAGE consistent with the estimated size of the truncated protein. Molecular masses were
estimated by extrapolation of the following calibration proteins: thyroglobulin (669,000
kD; fraction 25), apoferritin (443,000 kD; fraction 28), f-amylase (200,000 kD; fraction
30), and bovine serum albumin (66,000 kD; fraction 33). Similar results were seen with

at least two independent whole cell extracts. The asterisk denotes the elution profile of

wild-type SWI/SNF.
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Swi2p (Fraction 25) do not cofractionate as compared to wild-type SWI/SNF complex
(Figure I1-3). The disruption of SWI/SNF complex is not as severe as that observed with
the A403 or A506 alleles suggesting that some subunits remain associated with Swi3p in
the absence of a functional leucine zipper. Other SWI/SNF subunits in wild-type strains
were detected in a peak centered at fraction 19 from the gel filtration column (data not
shown; see also Peterson et al., 1994). However, one of these components, Snf6p, elutes
in fraction 31/33 and appears to be less stable in complexes containing the double amino
acid substitution in the leucine zipper (Figure I1-3). This suggests that association of
Snf6p requires an intact leucine zipper. This also indicates that the transcriptional defects
caused by mutations in the leucine zipper are likely due to the inability of SWI/SNF
complexes to assemble properly in vivo. Taken together, these data suggest that the CiS
(amino acids 306-506) and leucine zipper domains are involved in mediating functional
interactions among SWI/SNF subunit(s) and suggest a role for the highly conserved Swi3

protein as a scaffolding subunit in SWI/SNF-related chromatin remodeling complexes.

The leucine zipper mediates self-association of Swi3p. The leucine zipper of
Swi3p harbors multiple heptad repeats of leucine characteristic of coiled coil regions, but
lacks the basic residues characteristic of bZip type domain (Peterson and Herskowitz,
1992). This, combined with the fact that mutations in this domain interfere with the
assembly of SWI/SNF, suggests that this domain mediates subunit-subunit interactions

within SWI/SNF or more specifically is involved in self-association. In order to
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Figure II-4. The Leucine Zipper Mediates Self-Association of Swi3p. A.
Farwestern Protocol. SWI/SNF complex was separated by SDS-PAGE and transferred to
PVDF membrane. Membranes were either subjected to immunoblotting to identify
SWI/SNF subunits or hybridized with **S-methionine labeled in vitro translated Swi3 or
swi3 L701PL714P protein fragments. Interacting subunits were visualized by
autoradiography. B. Farwestern Analysis. Arrows indicate SWI/SNF subunits on the
left and molecular weight markers on the right. Several subunits interacted with both the
wild-type and mutant Swi3 polypeptides. This was confirmed by immunoblotting
SWI/SNF complex run in parallel (data not shown). However, self-association was lost
when membranes were hybridized with Swi3p containing mutations in the leucine zipper.

Similar results were seen in three independent experiments.
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investigate this possibility, we separated SWI/SNF by SDS-PAGE, transferred the
proteins to PVDF membrane and incubated the membrane with in vitro translated *°S-
methionine labeled wild-type or L701PL714P Swi3p polypeptides (amino acids 526-825)
(Figure II-4A; see Experimental Procedures). In this assay *°S-Swi3p bound to the
immobilized Swi3p, Swi2/Snf2p, and SnfSp on the membrane (Figure I1-4B). Binding to
Swi2/Snf2p and SnfSp was insensitive to disruption of the leucine zipper, whereas
interaction with Swi3p was disrupted (Figure I1-4B). Taken together, these data suggest
that the conserved leucine zipper in Swi3p mediates self-association and moreover, that

Swi3p is present in multiple copies in SWI/SNF.

Discussion

In order to understand the individual contribution of the conserved subunits to
SWI/SNF activity, we performed a structure/function analysis on the yeast Swi3 protein.
. A search of the NR databank at NCBI additionally revealed Swi3p homologues in S.
pombe, C. elegans, and A. thaliana suggesting an important conserved function for this
protein (Table II-1). All Swi3p family members consist of three highly conserved
domains as well as additional unique sequences (Wang et al., 1996b; see Figure II-1).
For example, Swi3p contains a unique highly acidic amino terminus (Figure II-1). It
seemed possible that this acidic region in Swi3p may interact with highly basic proteins,
such as histones. However, deletion of the entire region had no deleterious effect on
SWI/SNF function. In fact, we consistently measured a nearly 2-fold increase in

expression of the SWI/SNF-dependent gene, HO (Figure 11-2A). Interestingly, this
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suggested that the amino terminus might be involved in negatively regulating SWI/SNF.
For instance, this domain may mask a site of interaction with an activator protein or may
interact with a negative regulatory element to regulate the activity of SWI/SNF.
Consistent with this idea, Swi2/Snf2p and Swi3A1-306p cofractionate in fraction 23 by
gel filtration indicating that either the size or conformation of the complex is altered
(Figure II-2 and I1-3). However, it is unlikely that this is due to the loss of a subunit(s)
from the complex as previous studies have shown that deletion of SWI/SNF subunits
results in transcriptional defects and altered elution profiles by gel filtration in which
Swi2p and Swi3p do not cofractionate (Laurent et al., 1993b; Peterson et al., 1994;
Peterson and Herskowitz, 1992). In addition, SWI/SNF containing Swi3A306 is at least
fully active in vivo.

Domain I (CiS domain) is a region rich in prolines, aromatic, and hydrophobic
amino acids suggesting that it may function as a protein interaction domain (Figure II-1).
Consistent with this idea, partial deletion of this region (Swi3A403p) resulted in typical
SWI/SNF transcriptional defects (Figure I1-2) and gel filtration analysis indicated that
this domain is required for SWI/SNF assembly or stability (Figure II-3). This also
suggests that the region encompassing amino acid residues 306 to 403 mediates an
interaction among components of SWI/SNF. Interestingly, deletion of an additional 100
amino acids encompassing the CiS domain resulted in a further shift of the elution profile
of SWi3A506p to fraction 27/29 (Figure II-3). This difference (approximately 200 kD;

see Figure II-3) cannot be accounted for by the removal of the additional amino acids (11
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kD) suggesting that the CiS domain may mediate multiple contacts among SWI/SNF
subunits.

We also performed mutational analysis of the conserved leucine zipper region
(Domain III). Substitution of proline for leucine at two positions in this region abolished
SWI/SNF activity in vivo (Figure 11-2) and resulted in an altered elution profile by gel
filtration (Figure II-3) indicating that this mutation interferes with the assembly or
stability of a functional SWI/SNF complex. Further analyses revealed that the leucine
zipper was required for self-association of Swi3p (Figure II-4). This is consistent with
other studies that showed that the leucine zipper domains of Rsc8/Swh3p and moira
(veast and Drosophila homologues of Swi3p) are involved in self-association as well
(Treich and Carlson, 1997; Crosby et al., 1999). In addition, our studies show an
interaction between Swi2p/Swi3p and Snf5p/Swi3p that is independent of the ability of
Swi3p to self-associate. Our studies also indicate that interaction of Swi2/Snf2p and
Snf5p with Swi3p occurs between amino acids 526 and 825 (see Experimental
Procedures). This data is consistent with studies showing interaction between
Swi2/Snf2p and Swi3p by two hybrid analysis and with studies showing that an
interaction between Sthlp (Swi2/Snf2 homologue) and Rsc8/Swh3p (Swi3p homologue)
is independent of Rsc8/Swh3p self-association (Treich et al., 1995; Treich and Carlson,
1997). On the other hand, we see that Snf6p requires the leucine zipper for association
with SWI/ SNF (data not shown). In addition to the interactions observed in this study,
Rsc8/Swh3p and Rsc6p (Swi3p and Swp73 homologues, respective.ly) have been shown

to interact by two hybrid analysis (Treich et al., 1998).
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Why multiple copies of Swi3p? Our analysis indicates that Swi3p makes multiple
contacts with SWI/SNF subunits. Self-association of Swi3p would provide an extensive
surface area for assembly of the large multi-subunit SWI/SNF complex. Self-association
of Swi3p could also provide a unique site of interaction as is possibly th¢ case with
association of Snf6p with SWI/SNF. Swi2p and Snf5p do not require an intact leucine
zipper for interaction with Swi3p suggesting that these subunits may be present in
multiple copies in SWI/SNF. However this is unlikely, as studies have shown that
recombinant BRG1 can function in the absence of additional subunits (Phelan et al.,
1999). One explanation may be that self-association of Swi3p may sterically hinder the
association of more that one coﬁy of Swi2/Snf2p. On the other hand, previous studies
have shown that Swi3p can contact Swi2p in multiple places (Treich et al., 1995). Thus,
in a wild-type complex Swi2/Snf2p may contact its site on more than one copy of Swi3p.
Taken together, Swi3p appears to be critical for interaction of numerous subunits in
SWI/SNF. Thus, we propose a role for Swi3p and family members as a scaffolding

protein within SWI/SNF-related complexes.
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Figure II-5. Swi3p is the Scaffolding Subunit for the Assembly of SWI/SNF.
SWI/SNF is comprised of 11 tightly associated polypeptides with an apparent molecular
mass of 2 MD. Swi3p consists of multiple protein interaction domains. The leucine
zipper of Swi3p is required for self-association. Swi3p is depicted as a dimer although it
may be present in multiple copies. Assembly or stability of Snf6 requires an intact

leucine zipper. Swi2p/Snf2p and Snf5 interact with Swi3p in Domain I. Swp73 also

interacts with Swi3p (Treich et al., 1998).
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Experimental Procedures

PCR mutagenesis and plasmid construction. Oligonucleotides and plasmids
used in this study are described in Table II-2 and II-3, respectively. The pRS series of
plasmids used in this study has been described previously (Sikorski and Hieter, 1989).
Site directed mutagenesis of the putative leucine zipper region of SWI3 was performed in
a two step PCR reaction with Vent Polymerase (New England BioLabs) by standard
methods. First, SWI3 (CP596) sequence was amplified with LB1 and LB6 (see Table III-
2) to create a TAG-Megaprimer. The mutagenized DNA fragment was generated in a
second, subsequent PCR reaction using CP589, the mutagenic TAG-Megaprimer, TAG
primer, and LB2. The resulting PCR product was then digested with EcoRI and Clal and
subcloned into the appropriate plasmid so as to replace the wild-type SWI3 leucine zipper
with the mutagenized version (CP435). CP630 (swi3 L701PL714P) was generated by
PCR as above using CP435 (swi3 L714P) as the template and LB7 (L701P) as the
mutagenic oligonucleotide. All plasmids were sequenced to ensure polymerase fidelity
during PCR ampliﬁcaﬁon.

Yeast strains and media. Standard genetic methods were followed to generate
the appropriate strains. All strains used in this study are listed in Table II11-4. Yeast
cultures were grown at 30°C in yeast extract-peptone (YEP) media containing 2%
glucose or selective synthetic complete (SC) media (Difco Laboratories) containing 2%

glucose, galactose, or sucrose as specified (Rose et al., 1990) except where otherwise
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noted. Yeast transformations were performed by the lithium acetate procedure as
previously described (Geitz.and Scheistl, 1991).

B-Galactosidase assays. (-Galactosidase activity was assayed quantitatively in
permeabilized cells as previously described (Stern et al., 1984). Transformants were
grown to mid-log phase in the appropriate media for plasmid selection. Activity was
measured in Miller units followed by normalization to per cent wild-type activity.

Preparation of whole-cell extracts. Strains were grown in 100 ml of media at
30°C with agitation to an ODggo of 0.8-1.0. Cells were washed and resuspended in 0.8 ml
of E Buffer (20 mM Hepes, 350mM NaCl, 10% glycerol, 0.1% Tween-20) with protease
inhibitors. Cells were disrupted with glass beads using a mini bead beater (Biospec
Products) for 5 pulses of 1 minute each separated by cooling on ice. Extracts were
clarified with a 10 minute spin at 14K in a microfuge. Extracts were recovered and
filtered through a 0.45pu membrane (Millipore) after a 45 min. spin at 48K (4°C)ina
Beckman TL100 ultracentrifuge.

Gel filtration analysis. Crude whole cell extracts (for analysis of SWI/SNF)
were fractionated on a fast protein liquid chromatography (FPLC) Superose 6 gel
filtration column (Pharmacia) and proteins were precipitated by the addition of 15%
trichloroacetic acid for subsequent immunoblot analysis.

Immunoblotting and antibodies. Typically TCA precipitated fractions were
analyzed by SDS-PAGE and transferred to nitrocellulose membrane (Protran).
Membranes were probed with antisera raised against either Swi3p (Peterson et al., 1994)

or HA (Covance; for Swi2-HAp) followed by incubation with the appropriate secondary
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antibody conjugated with horseradish peroxidase (rabbit-Amersham; mouse-Covance)
and visualized by addition of chemiluminescent substrate (Amersham).

In vitro translations. An Nhel-BamHI fragment of SWI13 and swi3 L701PL714P
was generated by PCR with oligos LB8 and LB9 and CP596 or CP630 as template (see
Table II-2 and II-3). PCR products were digested with Nhel and BamHI and cloned into
the pET11A in vitro transcription vector (Novagen; see Table III-3). 33S-methionine
(NEN)-labeled Swi3p was obtained in each case using the TNT Coupled Wheat Germ
Extract System (Promega) according to manufacturer’s specifications and visualized by
autoradiography. Autoradiography or immunoblotting confirmed the quality of all in
vitro translation reactions.

Farwestern Analysis. ySWI/SNF complex was purified from yeast strain CY396
as described previously (Cote et al., 1994; Logie and Peterson, 1999). Purified SWI/SNF
(10ul) was separated by SDS-PAGE and transferred to PVDF membrane (Immobilon).
The membrane was allowed to dry and then it was wet in 100% methanol followed by
dH,O prior to hybridization with the appropriate probe. All subsequent steps were
carried out at 4°C with shaking. The prewet membrane was soaked in HBB-A (25mM
Hepes-KOH pH7.7, 25mM NaCl, SmM MgCl,, ImM DTT) for 5 minutes followed by
incubation with HBB-B (25mM Hepes-KOH pH7.7, 25mM NaCl, 5SmM MgCl,, ImM
DTT + 5% nonfat milk and 0.05% NP40) for 60 minutes and HBB-C (25mM Hepes-
KOH pH7.7, 25mM NaCl, SmM MgCl,, ImM DTT + 1% nonfat milk and 0.05% NP40)
for 30 minutes. The membrane was then incubated overnight in Hyb(75) (20mM Hepes-

KOH pH7.7, 75mM KCl, 0.1mM EDTA, 2.5 mM MgCl,, 1mM DTT + 1% nonfat milk




and 0.05% NP40) and an appropriate dilution (1000x) of the 33S-methionine labeled
probe. Membranes were washed 3 x 10 minutes with Hyb(75) at 4°C while shaking.

Membranes were dried and exposed to film for subsequent analysis.
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Table I1-2. Oligonucleotides

Name Description Sequence

LBI (5)TAG@bp1621-SWI3 5’ -GAGGATCCCCGGGTACGATGCCCCCAGAGGAC-3’
LB2 Adds Clal to 3’ end-SWI3 5’-GGCCATCGATGCCAAGTCAAGTGACGCACC-3
LB3 5’ BamHI site @ residue 306 5’-GGCCGGATCCCCAACTTATTCTAAATGGTTC-3’
LB4 5> BamHI site @ residue 403 5’-GGCCGGATCCCCACTAACGTCTCAATATTCC-3’
LB5 5’ BamHI site @ residue 506 5’-GGCCGGATCCGGCGAAACTTCACGTCCTCT-3"
LB5 SWI3 L714P 5’-CCTGTTGTCTTTCCGGAGTTTTCC-3’

LB7 SWI3 L701P 5’-CTAGTTTCTTTGGATGATTTAATTTAGCGTCC-3’
LB8 5’ Nhel site @ bp1249-SWI3 5’-GGCCGCTAGCGAATTCGGCGCTGACTGG-3’
LB9 Adds BamHI to 3’ end-SWI3 5’-GGCCGGATCCGCCAAGTCAAGTGACGCACC-3’
HHF2 TAG primer 5’-CTCCTAGGGGCCCATG-3’

Underscored sequence represents TAG sequence

Table 11-3. Plasmids

Name Relevant Description Source

CP426 pET 11A-SWI3 (Nhel-BamHI) This study
CP427 pET 11A-SWI3 L701P,L714P (Nhel-BamHI) This study
CP430 pRS406-swi3 A1-306 aa This study
CP435 pRS406-swi3 L714P This study
CP596 pRS406-SWI3 This study
CP619 pRS405-SWI2-3HA-6His This study
CP630 pRS406-swi3 L701P, L714P This study
CP634 pRS406-swi3 A1-403 aa This study
CP635 pRS406-swi3 A1-506 aa This study

Note: All SWI3 constructs were also cloned into episomal low copy (ARS-CEN) and high copy (211) vectors.




Table I1-4. Strains

Name Relevant Genotype Source
CY165 swilA::trplAl, leu2-Al, ura3-52, his3A200, ade2-101, Peterson et al., 1992
lys2-801, Ho::LACZ

CY664 SWI2::CP619 isogenic to CY 165 This study

CY666 URA3::CP596, isogenic to CY664 This study

CY667 URA3::pRS406, isogenic to CY 664 This study

CY668 URA3::CP630, isogenic to CY664 This study

CY677 URAZ3::CP430, isogenic to CY664 This study

CY678 URA3::CP634, isogenic to CY664 This study

CY679 URA3::CP635, isogenic to CY664 This study
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Chapter I1I
The SANT Domain is Required for the Function of Two Classes of

Chromatin Remodeling Enzymes

Introduction

The compaction of genetic material in the nucleus into higher order chromatin
structure has drastic consequences on processes that require transactions with DNA such
as DNA replication, repair, recombination, and transcription. In fact, it is now generally
recognized that disruption of chromatin structure is the rate-determining step for most of
these nuclear DNA transactions. Two classes of highly conserved enzymes have been
implicated as regulators of the accessibility of DNA in chromatin (reviewed in Kingston
and Narlikar, 1999; Muchardt and Yaniv, 1999; Pollard and Peterson, 1998; Vignali et
al., 2000; Workman and Kingston, 1998). The ATP-dependent class of chromatin
remodeling enzymes utilizes the energy of ATP hydrolysis to disrupt histone-DNA
interactions. The second class includes enzymes that covalently modify nucleosomal
histones (e.g. acetylation, phosphorylation, methylation, ADP-ribosylation,
ubiquitination; reviewed in Spencer and Davie, 1999; Strahl and Allis, 2000). However,
the mechanism by which these complexes function on chromatin is unknown.
Interestingly, although these enzymes appear to be functionally distinct, several motifs
have been conserved between both classes of remodeling enzymes (e.g. bromodomain,

SANT domain). Thus, understanding the role of these similar features will be essential in
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order to elucidate the function of chromatin remodeling enzymes and moreover, their
functional interrelationships.

The SANT domain (Swi3, Ada2, N-CoR, TFIIIB”) is a novel motif found in a
number of transcriptional regulatory proteins, conserved from yeast to human, identified
based on its homology to the DNA binding domain (DBD) of the cellular protooncogene,
c-Myb (Aasland et al., 1996). The Myb-DBD consists of tandem repeats (R1R2R3) of
three oi-helices in a helix-turn-helix motif distinct from that present in homeodomain
proteins or bacterial repressors (Gonda et al., 1985; Klempnauer and Sippel, 1987; Ogata
et al., 1994; Pabo and Sauer, 1992). Several amino acid residues that are critical to
maintain the structural integrity or activity of the Myb-DBD are also conserved in the
SANT domain (Aasland et al., 1996 and Figure III-1). In addition, secondary structure
predictions suggest the presence of three a-helices in the SANT domain (Aasland et al.,
1996 and Figure III-1). Taken together, this suggests that the tertiary structure of the
SANT domain may be similar to that of the Myb-DBD as well (Figure I11-2).

Despite its homology to the Myb-DBD, the function of the SANT domain in
transcriptional regulatory factors is unknown. Interestingly, the presence of the SANT
domain in subunits of both classes of chromatin remodeling complexes (Table III-1)
suggests that this domain may play a specific role in transcription via regulation of the
accessibility of chromatin structure. As such, it has been suggested that the SANT
domain may be a DNA binding domain analogous to that of c-Myb (Aasland et al.,
1996). Consistent with this idea, several members of the ATP-dependent class of

chromatin remodeling enzymes have been shown to interact with DNA with high affinity
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in vitro (Cairns et al., 1999; Quinn et al., 1996). However, studies indicate that it is
unlikely that chromatin remodeling enzymes interact with DNA in a sequence specific
manner (Cairns et al., 1999; Quinn et al., 1996, Sudarsanam et al., 2000). Furthermore,
the primary target for chromatin remodelers is the nucleosome (which consists of DNA
wrapped around an octamer of histone proteins) (Kingston and Narlikar, 1999; Workman
and Kingston, 1998). Thus, the SANT domain may have diverged to contribute to the
overall affinity for nucleosomal DNA or to mediate specific interactions with the histone
portion of chromatin. Alternatively, this domain may have diverged to play a role in
mediating protein interactions among components of these large, multi-subunit chromatin
remodeling enzymes. Consistent with this idea, the Drosophila moira protein
(homologue of ySwi3p and subunit of dBrahma ATP-dependent remodeling complex; see
also Table III-1) appears to require an intact SANT domain for optimal binding to
brahma (member of Swi2/Snf2 family of ATPases) (Crosby et al., 1999).

To investigate the role of the SANT domain in chromatin remodeling and
transcription, we have exploited the c-Myb-DNA co-crystal structure as a model, to carry
out an extensive structure/fuﬁction analysis on several SANT-containing subunits of
chromatin remodeling complexes in yeast: Swi3p (SWI/SNF), Rsc8p (RSC), and Ada2p
(GCNS histone acetyltransferases). These investigations indicate that the putative third
a-helix of the SANT domain, which based on the c-Myb-DNA co-crystal structure is
involved in base-specific DNA interactions (Ogata et al., 1992; Ogata et al., 1993; Ogata

et al., 1994) (see also Figure III-1 and III-2), is crucial for the function of all three of




TABLE III-1. The SANT Domain is a Conserved Motif in Subunits of
Chromatin Remodeling Enzymes

SUBUNIT COMPLEX REMODELING ACTIVITY
ySWi3 SWI/SNF ATP-dependent chromatin
Remodeling complex
yRSCS8/ RSC ATP-dependent chromatin
SWH3 Remodeling complex
huBAF155 HuSWI/SNF ATP-dependent chromatin
huBAF170 hBrm and BRG1 Remodeling complex
(Complex A and B)
dmoira Brahma ATP-dependent chromatin
Remodeling complex
dISWI NURF ATP-dependent chromatin
Remodeling complex
CHRAC ATP-dependent nucleosome
Remodeling complex
ACF ATP-dependent nucleosome
Assembly factor
YADA2 HAT A2 Nuclear histone acetyl-
transferase (HAT); modifies
Histone H3 N-terminal “tails”
ADA Nuclear HAT; modifies histone
H3 “tails”
SAGA Nuclear HAT; modifies histone
H3 “tails”
ISAGA Nuclear HAT; modifies histone

H3 “tails”
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Figure III-1. Sequence Comparison of SANT and Myb-DNA Binding
Domains. The SANT domain is highly conserved from yeast to human in transcriptional
regulatory proteins. The SANT domain shares extensive homology to the DNA-binding
domain (DBD) of the c-Myb proto-oncogene (Aasland et al., 1996). The Myb-DBD
consists of tandem repeats, R1IR2R3, of an approximately 50 amino acid sequence. Here,
we compare the amino acid sequence of the SANT domain of the yeast Swi3,
Rsc8/Swh3, and Ada2 proteins with mouse c-Myb. Sequences were aligned with the
Clustal W Program. Sequence-specific DNA binding requires two repeats and thus, the
amino acid sequence of both repeats are represented here as R2 and R3. Both the Myb-
DBD and the SANT domain are composed of three structured a-helices. The highly
conserved tryptophans (asterisks) in Myb-DBD family members are also present in the
SANT domain. Residues which are conserved among the SANT domain proteins or
between the SANT domain proteins and Myb repeats are highlighted in color. Invariant
residues are represented in red, highly conserved residues are green, similar amino acids

are highlighted in blue, and residues that are not conserved are black.




ySWI3 825 aa
yRSCS8 557 aa
YADA2 434 aa

Helix 1 Helix 2 Helix 3

SWI3 527 WSKEDLQKLLKGI QEFG- ADWYKVAKNV--GNKSPEQCI LRFLQLPIEDKFLY s77
RSC8 315 WSDQEMLLLLE GIEMYE -DQWEKIADHVGGHKRVEDCI EKFLSLPIEDNY IR 366
ADA2 ¢ WGADEELQLIKGAQTLGIGNWQDIADHI--G SRGKEEVKEHYLKYYLESKYYP 116

¢-MYBR2 95 WIKEEDQRVIK LVQKYGPKRWSYV IAKHLKG- RIGKQCRERWHNHLNPE 141

¢-MYBR3 14 WTEEE DRI IYQ AHKRLG-N RWAEIAKL LPG -RTDNAIKNEWNSTHRRKV 193
* * *
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Figure III-2: Cartoon of Myb DNA Binding Domain-DNA Co-Crystal
Structure. Representation of a single Myb DNA-binding repeat bound to its cognate
sequence. This figure was adapted with permission (Aasland et al., 1996). The Myb-
DNA binding domain (DBD) consists of three a-helices in a helix-turn-helix variation
motif (Ogata et al., 1992; Ogata et al., 1994). Two repeats are required for sequence
specific DNA binding. Note that helix 3 is involved in base-specific interactions and
contacts DNA in the major groove and thus, has been termed the “recognition” helix. It

is predicted that the SANT domain may share a similar tertiary structure.




4 - MYB-DNA Co-Crystal Structure
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these proteins in vivo. Importantly, these studies also suggest a role for the SANT

domain in mediating a functional interaction between remodeling enzymes and histones.

Results

The Swi3 SANT domain is required for SWI/SNF function. Swi3p is one of
eleven polypeptides tightly associated with the 2 MD SWI/SNF complex and appears to
harbor multiple domains (Aasland et al., 1996; Cairns et al., 1994; Peterson et al., 1994;
Peterson and Herskowitz, 1992; see also Figure III-1). SWI/SNF is a member of the
ATP-dependent class of chromatin remodeling enzymes and is required for the
transcriptional regulation of a number of yeast genes (Biggar and Crabtree, 1999;
Holstege et al., 1998; Peterson and Herskowitz, 1992; Sudarsanam et al., 2000). To
investigate the role of the SANT domain in SWI/SNF function, we constructed strains
bearing either a small deletion or specific amino acid changes in the Swi3p SANT
domain, as guided by the c-Myb-DNA co-crystal structure (Figure I1I-1; see also
Experimental Procedures). We then tested whether these mutations affected the
regulation of the SWI/SNF-dependent gene, HO, as a function of expression of an HO-
lacZ fusion gene (Figure III-3). Consistent with previous studies, complete deletion of
the chromosomal copy of SWI3 resulted in ~ 10-fold reduction in HO-lacZ expression as
compared to wild-type (Figure III-3; Peterson and Herskowitz, 1992).

We generated an eleven amino acid deletion which removed nearly all of helix 3
in the Swi3p SANT domain. Expression of HO-lacZ was severely compromised in this

mutant (12 % as compared to wild-type Swi3p) suggesting that this region of the SANT
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domain is critical for the function of Swi3p and moreover, for the function of SWI/SNF
in vivo. Next, in order to gain further insight into the role of the Swi3p SANT domain,
we wished to identify specific amino acid residues that may be critical for its function.
First, we generated both single and multiple amino acid substitutions in the aromatic
residues that are highly conserved between SANT-containing proteins and Myb-DBD
(Figure III-3). Single amino Vacid alanine substitutions in two of the three highly
conserved aromatic residues important for the structural integrity of the Myb-DBD
(W546 and F565 in the case of Swi3p) had little effect on SWI/SNF function (96%, and
78% expression, respectively; see Figure III-3). However, the double W546A F565A
mutation resulted in ~5-fold reduction in HO-lacZ expression (Figure I11-3) suggesting
that these conserved residues contribute to the structure or function of the SANT domain.
Upon sequence comparison of the putative third “recognition” helix in the SANT
domains of the Swi3, Rsc8/Swh3, and Ada2 proteins, we noticed the presence of several
invariant residues. For instance, each of these proteins contains a glutamic acid at the
same position in helix 3 (Figure III-1). Interestingly, the analogous residue conserved in
the Myb-DBD is a lysine which is involved in making base-specific contacts with DNA
(Ogata et al., 1994). We generated the mutant, ES59A, in Swi3p. Substitution of this
conserved, charged residue with alanine in the Myb-DBD obliterates its DNA binding
activity (Ogata et al., 1994). Surprisingly, this mutation had virtually no effect on Swi3p
activity (105% as compared to wild-type; Figure III-3). Even more surprising was the
fact that mutation of this residue to one of opposite charge, ES59R, also had no effect on

the ability of SWI/SNF to activate transcription from the HO-lacZ fusion gene (94% of
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Figure II1-3: The Swi3p SANT Domain is Required for Expression of
SWI/SNF-dependent Genes. The amino acid sequence of the SANT domain of Swi3p
is shown in single amino acid code (see Figure III-1 for color code). The eleven amino
acid deletion underlined by a thick black bar. All other residues targeted for mutagenesis
are identified by asterisks. A. Analysis of the effects of mutations in the Swi3p SANT
domain on HO expression. S;[rains were grown to mid log phage in YEPD and analyzed
for B-galactosidase expression from an integrated HO-lacZ reporter construct. The
strains used are listed in Table III-4. Analyses were performed in triplicate and values
were averaged. Values varied by <15%. Activity was normalized to percentages of wild-
type levels. B. Analysis of the effects of mutations in the Swi3p SANT domain on
SUC?2 expression. Strains were streaked for single colonies on media containing 2%
sucrose and compared to wild-type (+) and swi3 deletion (-) strains for growth. Poor
growth on media containing sucrose is consistent with a defect in the expression of

SUC2.
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wild-type activity; Figure I1I-3). This suggests that, at least in the case of Swi3p, neither
the side chain nor charge of E559 is important for function.

Several residues are invariant between Swi3p and the Myb-DBD, suggesting that
these residues may play a specific role in Swi3p function (Figure III-1). Thus, we wanted
to characterize some of these residues in the Swi3p SANT domain. First, we generated a
Q560A substitution in helix 3. The corresponding residue in the Myb-DBD is critical for
interaction with the phosphate backbone and DNA binding activity (Gabrielsen et al.,
1991; Ogata et al., 1994). Surprisingly, no effect of mutating this conserved residue was
detected in this assay (98% of wild-type activity; see Figure III-3). Modeling of the
SANT domain based upon the Myb-DBD structure suggested that Q560 might be
positioned adjacent to Q567. These residues may be displayed on one face of the third
helix of Swi3p and thus, may be poised to make specific interactions with substrate. The
corresponding amino acids in the Myb-DBD are also two polar amino acids both of
which have been implicated in base specific interactions and in phosphate backbone
contacts (Gabrielsen et al., 1991; Ogata et al., 1994). This prediction prompted us to
make a more drastic mutation in this region within Swi3p. The Q560R,Q567R mutation
reduced expression nearly 10-fold to 9% as compared to wild-type, indicating that these
residues are critical for SWI/SNF function (Figure III-3). One caveat, however, is that
this double mutation in Swi3p appears to be expressed at less than wild-type levels in
vivo (data not shown).

The Myb-DBD harbors a highly conserved cysteine residue in its third

“recognition” helix. It has been suggested that this residue may function in DNA binding
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by acting as a molecular sensor for a redox regulatory mechanism in vivo (Ogata et al.,
1994). A cysteine-dependent redox regulation of DNA biﬁding activify has been well
characterized in the bZip-type DNA binding domains of the transcriptional activators, Jun
and Fos (Abate et al., 1990). Consistent with this, replacement of Cys130 in Myb with
serine resulted in the loss of DNA binding (Guehman et al., 1992). Interestingly, this
residue is also conserved in the SANT domain of Swi3p and Rsc8p (Figure I1I-1). Thus,
we generated a C561A mutation in Swi3p and analyzed its ability to activate transcription
from the integrated HO-lacZ reporter construct. The C561A mutation had no effect on
SWI/SNF activity suggesting that this residue may not play a role analogous to its
conserved counterpart in the Myb-DBD (Figure III-3). However, Cys130 in the Myb
DBD is also predicted to be buried in the hydrophobic core of the protein (Ogata et al.,
1994) and the analogous cysteine residue in Swi3p is correspondingly predicted to be
located on the hydrophobic face of the putative amphipathic third helix. Thus, it is
possible that C561 in Swi3p participates in maintaining the hydrophobic core of the
protein. This is also consistent with the fact that this nonpolar residue is conserved as a
valine in Ada2p (Figure III-1).

Next, we investigated the role of R564 in Swi3p as this residue is also invariant in
helix 3 between Swi3p and the Myb-DBD. Again, substitution of this amino acid for
alanine, R564A, in Swi3p had no effect on SWI/SNF function (96% of wild-type activity;
Figure I1I-3). However, HO-lacZ expression was reduced nearly 5-fold in an R564E
mutant (22% of wild-type activity; Figure I1I-3). This indicates that although the amino

acid side chain is not essential, a negative charge cannot be tolerated at this position.
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Importantly, this defines a critical residue for the function of Swi3p. The corresponding
arginine in the Myb-DBD is not only involved in making contacts with the phosphate
backbone of DNA as determined by the Myb-DNA co-crystal structure, but also
participates in salt bridgé formation within the structure and is essential for DNA binding
activity (Gabrielsen et al., 1991; Ogaté et al.,, 1994). Thus, mutation of this amino acid
may interfere with SWI/SNF activity by disrupting protein structure or by directly
affecting interactions with substrate. Interestingly, charged residues at this same position
are also conserved in Rsc8p and Ada2p (Figure III-1).

Finally, since many of the single alanine substitutions in the Swi3p SANT domain
did not yield a mutant phenotype, we generated several of the above mutations in
combination with one another. For instance, although single substitutions of C561, R564,
or F565 to alanine had little effect on activity, the triple mutation exhibited a ~4-fold
reduction in HO-lacZ expression (Figure I11-3). Combination of the ES59A and R564A
mutations still yielded no effect, suggesting that the side chains of these residues do not
play a significant role in function (Figure III-3). Instead, it is possible that the location of
these residues within the helix may provide backbone amides critical for the structure or
function of this domain. Importantly, the phenotypes we observed in the above analysis
were not due to a decrease in expression of the various mutants (with the possible
exception of Q560RQ567R) as all were expressed at near wild-type levels (Figure III-10
and data not shown). In addition, overexpression of these mutants on a high copy

plasmid did not affect the observed phenotype (data not shown).
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Yeast strains bearing mutations in genes encoding components of the SWI/ SNF
complex display a slow growth phenotype on a variety of carbon sources presumably due
to defects in the expression of metabolic genes (Neigeborn and Carlson, 1984; Peterson
and Herskowitz, 1992; Sudarsanam et al., 2000). Like other swi/snf mutants, strains
harboring mutations in the SANT domain also displayed growth defects on glucose
media, and were unable to form single colonies on media that contained galactose or
glycerol (data not shown). In addition, the slow growth of these strains on sucrose also
closely paralleled HO-lacZ expression (Figure 11I-3). The strong growth defect of SANT
mutants on sucrose media is consistent with a defect in expression of SUC2 as well

(Hirschhorn et al., 1992; Wu and Winston, 1997).

Swi3 SANT domain is not required for interaction with Swi2/Snf2. It has
been shown that a conserved region, D2, in the N-terminus of Swi2/Snf2p and Sthlp is
sufficient for interaction with Swi3p and Rsc8/Swh3p, respectively (Treich et al., 1995;
Treich and Carlson, 1997). In addition, recent studies show that an ~80 amino acid
region (i.e. encompassing a portion of the SANT domain and a region N-terminal to the
SANT domain) of the Drosophila moira protein (Swi3p homologue) was important for
stable interaction in vitro between moira and possibly the D2 conserved region in brahma
(Drosophila Swi2/Snf2p homologue) (Crosby et al., 1999). In order to determine if the
Swi3p SANT domain mediates interactions with Swi2p, we performed a co-
immunoprecipitation assay with the 33S-methionine labeled N-terminus of Swi2p and

HA-tagged Swi3p or HA-tagged Swi3ASANTD (see Experimental Procedures for
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Figure III-4: Interaction between Swi3p and Swi2/Snf2 does not Require the
SANT Domain. In vitro binding and immunoprecipitation reactions were performed
with equivalent amounts of 35S-methionine labeled Swi2p (amino acids 1-767) and HA-
Swi3p or HA-Swi3pASANT. The HA-Swi3p constructs also lacked the dispensable
acidic domain (Al -300) (see Chapter II of this thesis). 33S-methionine labeled Swi3p was
used as an immunoprecipitation specificity control in place of HA-Swi3p.
Immunoprecipitations were carried out using HA antisera (see Experimental Procedures
for details). Bound (B) proteins were eluted with SDS sample buffer and 50% of the
eluted protein was analyzed. Results were analyzed by SDS-PAGE and autoradiography.
Input (I) and Unbound (U) lanes are loaded at 1/40 of the reaction volume. Similar

results were obtained in multiple independent experiments.
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details). Proteins were allowed to interact in vitro and immunoprecipitations were carried
out with HA antisera conjugated to Sepharose beads. Consistent with previous studies,
the N-terminus of Swi2p interacts with Swi3p in this assay (Figure I1I-4; Treich et al.,
1995; Treich and Carlson, 1997). However, a small deletion in the SANT domain did not
weaken the binding of Swi2p and Swi3p (Figure III-4). Similar results were also
obtained with the Swi3p R564E SANT mutant (data not shown). This is also consistent
with studies that indicate that the primary site of interaction between the D2 region of
Sthlp and Rsc8/Swh3p maps outside of the SANT domain (Treich and Carlson, 1997).
Together, these data suggest that the Swi3p SANT domain does not mediate an
interaction with Swi2p and furthermore, suggests that mutations in the Swi3p SANT

domain are still competent to interact with the catalytic subunit in vivo.

The SANT domain is required for essential functions of RSC complex. RSC
is an essential, abundant, multi-subunit ATP-dependent chromatin remodeling enzyme
(Cairns et al., 1996b) which has recently been implicated in transcriptional regulation
(Cairns et al., 1998; Cairns et al., 1999; Moreira and Holmberg, 1999). In order to
investigate a role for the SANT domain in RSC function, we generated mutations in
Rsc8/Swh3p (Figure III-1; see also Experimental Procedures). Since it has previously
been shown that Rsc8/Swh3p is essential for viability (Treich and Carlson, 1997), we
initially constructed a strain that contained a deletion of the chromosomal copy of
RSC8/SWH3 and carried a URA3/CEN plasmid bearing a wild-type copy of RSC8/SWH3.

Strains were then transformed with either a control LEU2-plasmid or with LEU2-
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Figure III-5: The SANT Domain is Essential for RSC Function. RSC
subunits are essential for growth and viability. Strains were generated which harbored a
deletion in Rsc8/Swh3p and containing a wild-type copy of Rsc8/Swh3p on a URA3-
CEN plasmid (CY885). CY885 was then transformed with a control LEU2-CEN plasmid
or LEU2-CEN plasmid containing a copy of one of the following: wild-type
RSCS8/SWH3, rsc8/swh3 K353A, or rsc8/swh3 ASANT. Strains were initially grown on
YEPD and replica plated onto ¢ither selective media or media containing 5-fluoroorotic
acid (FOA) and grown for 5 days at 30°C. The Rsc8 SANT domain sequence is
represented as single amino acid code (see Figure III-1 for color code). The five amino
acids deleted from Rsc8/Swh3 are underlined by a thick black bar. K353 is identified

with an asterisk.
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plasmids harboring a wild-type or mutant copy of RSCE/SWH3. Initially, each strain
grew similarly on media that selected for the presence of both plasmids (Figure III-5; left
panel). However, phenotypic differences became apparent when strains were replica
plated onto media containing 5-fluoroorotic acid (FOA) which selects for cells that have
lost the wild-type URA3 plasmid. As expected, the strain harboring the LEU2/RSCS8
plasmid grew well on 5-FOA whereas the strain that contained the control LEU2 plasmid
was inviable (Figure III-5; right panel). Strains harboring a K353 A amino acid
substitution in Rsc8/Swh3p had no effect on growth, analogous to the effects observed
for Swi3p R564A (also see above). Importantly, five amino acids in the N-terminal
portion of helix 3 in the Rsc8/Swh3p SANT domain were absolutely required for
viability (Figure III-5; right panel). We note that the observed phenotype is not due to a
decrease in the protein levels of the K353 A mutant as protein expression was equivalent
to wild-type levels (Figure III-10 and data not shown). Importantly, this suggests that the

Rsc8/Swh3p SANT domain plays an essential role in RSC function.

GCNS HAT activity requires an intact SANT domain. Biochemical
fractionation of yeast extracts has identified several nuclear histone acetyltransferase
complexes (type A HATSs) which harbor GenSp as their catalytic subunit (Eberharter,
1999; Grant et al., 1997; Horiuchi et al., 1997; Pollard and Peterson, 1997; Saleh et al.,
1997). These complexes are believed to facilitate transcriptional activation through
acetylation of specific residues in the N-terminal domains (‘tails’) of histone proteins

(reviewed in Berger, 1999; Brown et al., 2000; Luger and Richmond, 1998a). Previous
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studies have shown that although recombinant Gen5p is capable of acetylating
nucleosomal substrates in vitro (Tse et al., 1998b), GCNS HAT activity irn vivo depends
on its association with other proteins such as Ada2p and Ada3p (Candau et al., 1997;
Grant et al., 1997; Horiuchi et al., 1995; Pollard and Peterson, 1997). The role of these
accessory factors in contributing to the HAT activity of GenSp in vivo remains unclear,
although ADA/GCNS5 gene products are also required for the transcription of the same
subset of genes in yeast (Marcus et al., 1994; Pollard and Peterson, 1997). Thus, we
wanted to investigate a role of the highly conserved SANT domain in Ada2p in the
function of GCN5 HAT complexes.

First, strains were generated which harbored mutations in the putative third
“recognition” helix of the Ada2p SANT domain (see Experimental Procedures). We then
analyzed the effects of Ada2p SANT mutants on the expression of the ADA/GCNS-
dependent gene, HO as a function of their ability to activate an integrated HO-lacZ fusion
gene. Consistent with previous studies, deletion of 4DA2 resulted in ~20-fold decrease
in B-galactosidase activity as compared to wild-type (Figure III-6; see also Breeden and
Nasmyth, 1987; Pollard and Peterson, 1997). Deletion of 5 amino acids (A98-102) from
the N-terminal portion of helix 3 of the Ada2p SANT domain reduced expression nearly
5-fold (Figure I1I-6). Furthermore, deletion of an additional 5 amino acids (A97-106)
from this domain abolished expression to levels similar to that of a complete deletion of
ADA2 (Figure I1I-6). We also generated a single amino acid change in the conserved
H103 residue in Ada2p analogous to the critical R564 in Swi3p (see above). This

H103E mutation reduced lacZ expression nearly 3-fold as compared to wild-type
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Figure II1-6: Expression of GCN5-dependent Genes Require a Functional
SANT Domain. The Ada2p SANT domain sequence is listed in sinlge amino acid code
(see Figure III-1 for color code). The five and ten amino acid deletion generated in the
Ada2p SANT domain are underlined by thick black bars. H103 is identified by an
asterisk. A. Analysis of the effects of Ada2p SANT mutants on expression of HO-lacZ.
Strains were grown to mid lég phase in YEPD and analyzed for -galactosidase activity.
All strains used are listed in Table III-4. Analyses were performed in triplicate and
values were averaged. Values varied by <15%. Activity was normalized to percentages
of wild-type levels. B. Growth phenotype of Ada2p SANT mutants. Strains were
streaked for single colonies on minimal media and growth was compared to wild-type (+)

and Ada2p deletion (-) strains.
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(Figure I1I-6) suggesting that this conserved residue is not only critical for SWI/SNF
function iz vivo, but is also important for the function of GCN5 HAT complexes as well.

A classic phenotype of ADA/GCNS mutants is the inability to grow on minimal
media due to defects in expression of amino acid biosynthetic genes (Berger et al., 1992).
Thus, we analyzed each mutant described above for the ability to complement the growth
defects caused by deletion of ADA2. Here, we note that growth of each strain closely
paralleled lacZ expression; wild-type strains grew well whereas strains harboring
deletions or a mutation in the SANT domain exhibited poor growth (Figure I1I-6).
Importantly, the phenotypes observed are not due to reduced expression of these mutants
as each is expressed at near wild-type levels (Figure III-10 and data not shown). In
addition, overexpression of Ada2p SANT mutants on a high copy plasmid did not change
the observed phenotypes (data not shown). Taken together, these data suggest that the
function of the Ada2p SANT domain is not restricted to a role in transcriptional
activation at HO, but that it appears to play a more global role in contributing to the
activity of the GCN5 HAT complexes in vivo.

It has previously been shown that deletion of ADA2 results in loss of Gen5p from
native GCN5 HAT complexes (Grant et al., 1997). To test the possibility that SANT
mutations alter the assembly of HAT complexes we biochemically fractionated crude
extracts from wild-type (CY733) and ada2A97-106 (CY884) strains. We have previously
shown that our fractionation procedure yields three distinct peaks of GenSp as visualized
by immunoblotting (Figure III-7A, see also Experimental Procedures and Pollard and

Peterson, 1997). The first peak (I) corresponds to the 0.8 MD ADA complex
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Figure I1I-7: The SANT Domain is not Required for Assembly of GCNS
HATS in vivo. A. Biochemical fractionation of yeast cell extracts yields three GCNS
HAT complexes. Crude extracts were generated from 20 liters of either CY733 (Ada2p
wild-type) or CY (Ada2pA97-106) and bound in batch to Ni** NTA agarose. Bound
proteins were eluted with 300 mM Imidazole and dialyzed against DNA binding buffer
(Cote et al., 1994). Proteins were further fractionated on a native DNA cellulose column.
As a final purification step, proteins were separated on an FPLC MonoQ using a linear
gradient of 0.1-0.5 M NaCl. Fractions were collected for subsequent analysis. B.
Analysis of the elution characteristics and subunit composition of HAT complexes
isolated from CY733 and CY884 . Odd fractions from the MonoQ column were
analyzed by SDS-PAGE and immunoblotting. Shown are results using antisera to
GenSp, Spt20p, and Spt3p. Three intact complexes (I=ADA/GCNS, II=SAGA,
[II=ISAGA) were isolated from both the wild-type strain and the strain harboring a 10
amino acid deletion in the Ada2p SANT domain. Similar results were seen in multiple

experiments and with at least two independent fractionation procedures.
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(Grant et al., 1997) whereas peak II is identical to the 1.8 MD SAGA complex (Grant et
al., 1997). The third peak of GCNS is novel to our purification scheme (Figure III-7A
and Pollard and Peterson, 1997). Although, it has previously been shown that all three of
these complexes contain a core of conserved subunits, GenSp, Ada2p, and Ada3p, the
ADA and SAGA complexes are otherwise distinct in that they do not share any other
subunits (Grant et al., 1997; Pollard and Peterson, 1997). Consistent with previous
studies, fractionation of the wild-type strain showed that GenSp, Ada2p, and Ada3p
associate in three chromatographically distinct peaks (Figure I11-7B, III-8, III-10, and
data not shown). Importantly, we note that complexes fractionated from the strain
harboring a 10 amino acid deletion (A97-106) in the Ada2 SANT domain eluted in three
distinct peaks containing Gen5p, Ada2p, and Ada3p, similar to wild-type (Figure III-7B,
I11-8, I1I-10, and data not shown). To date, a total of fourteen subunits which include
members of the Spt family of proteins, TFIID-related Tafs, and Tralp, have been shown
to co-purify with SAGA (Grant et al., 1997; Grant et al., 1998a; Grant et al., 1998b; Saleh
et al., 1998). We compared SAGA fractions from wild-type and SANT mutant étrains by
immunoblotting with antisera against Spt3p, Spt7p, Spt20p, TAF;168p, and Tralp.
Interestingly, these same components were present in SAGA fractions from both wild-
type and Ada2ASANT-containing strains (Figure III-7B and data not shown). We were
also interested in further characterizing and comparing peak III isolated from our
purification scheme. Unexpectedly, peak III contained all of the same subunits as SAGA
and again mutation in the Ada2p SANT domain does not appear to affect these

interactions (Figure III-7B and data not shown).
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Others and we have shown that each of these complexes preferentially acetylates
the N-terminal domain of histone H3 in both free and nucleosomal substrates (Grant et
al., 1997; Pollard and Peterson, 1997). Thus, we next wished to compare the ability of
wild-type and SANT mutant complexes to acetylate its preferred substrate. First, levels
of GenSp énd Ada3p were titrated over a 6-fold range and visualized by immunoblotting
in order to normalize for protein concentration (Figure III-8A). Next, we performed in
vitro acetylation assays by titrating each complex in a reaction containing *H-acetyl CoA
and oligonucleosomes (see Experimental Procedures for details). Reactions were
analyzed by SDS-PAGE and incorporation of 3H acetate was visualized by
autoradiography. Strikingly, Figure III-8B shows that although all three wild-type
complexes robustly acetylated histone H3, complexes that contained a deletion in the
Ada2p SANT domain were incapable of acetylating substrate over the same 6-fold range
of concentration. Similar results were also seen when free histones were utilized as
substrates (data not shown). Taken together, this data strongly indicates that the SANT
domain is absolutely required for the catalytic activity of GCNS histone
acetyltransferases in vitro and importantly this defect is not due to the loss of GenSp or

other known subunits from the HAT complexes.

The SANT domain is required for functional interaction with histone H3 N-
terminal domains. The conservation of a Myb-like, SANT domain in chromatin

remodeling complexes is particularly interesting since it is not known how these
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Figure III-8: The SANT Domain is Required for GCNS HAT Activity. A.
Titration of GCN5 HAT complexes. In order to compare relative protein levels between
purified GCN5 HAT complexes, a six-fold range in concentration (2, 6, and 12 pl) of each
peak GenSp fraction isolated from Cy733 and CY884 (as determined by immunoblotting;
see Figure I1I-7B) was compared by SDS-PAGE and immunoblotting against Ada3p and
Gen5p. B. In vitro acetylation assays. Assays were performed using a six-fold range in
concentration of GCN5 HAT complexes (0.5, 1.5, 3 ul). Each peak GenSp fraction (as
above) was incubated with oligonucleosomes and *H-acetyl coA (see Experimental
Procedures for details) and subjected to 18% SDS-PAGE. Gels were stained with
Coomassie brilliant blue to visualize histones, destained, soaked in ENHANCE (NEN),

and analyzed by autoradiography.
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regulatory complexes interact with their nucleosomal substrates. Given that the SANT
domain is required for acetylation of histone H3 in vitro (see above), we wished to
determine if the SANT domain plays a role in the ability of these enzymes to interact
with their substrate. We performed GST binding experiments using GST-histone H3
‘tail” fusions (amino acids 1-46) and either wild-type or Ada2p SANT mutant complexes
(see Experimental Procedures for details). Figure III-9 shows results of a binding
experiment using normalized amounts of peak III fractions from both strains. Addition of
GST-H3 ‘tail’ was able to deplete wild-type HAT complex from reactions as visualized
by immunoblotting with antisera against Ada3p and Gen5Sp (Figure II1-9; see also Grant
et al., 1997). This interaction was specific to the histone H3 ‘tail’ as no binding was seen
with the GST control (Figure I11-9). However, we consistently observed a reduction in
binding when the SANT mutant complex (peak III) was incubated with the GST-H3
“tail”(Figure I11-9). Both the wild-type and SANT mutant complexes are stable under
these experimental conditions as stoichiometric levels of Ada3p and GenSp are seen in
both the unbound and bound fractions as compared to input (Figure III-9). Similar results
were seen over a range of protein concentrations and with SAGA (peak II) fractions as
well (data not shown). Importantly, the residual binding of the histone H3 ‘tail’ by
mutant SANT complexes does not result in acetylation of histone H3 (Figure III-8B and
I11-9). Together, these data suggest an important role for the SANT domain in mediating

a physical and/or functional interaction with the histone H3 N-terminal domain.
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Figure II11-9: Functional Interaction with the Histone H3 N-terminal Domain
Requires an Intact SANT Domain. GST binding reactions were performed with peak
III fractions isolated from CY733 (wild-type) and CY884 (Ada2A97-106). Equivalent
amounts of peak III fractions were incubated with glutathione agarose beads with either
bound GST-H3 (amino acids 1-46) or GST as control. Unbound proteins were recovered
by TCA precipitation of the supernatants and bound proteins were eluted in SDS sample
buffer. Binding reactions were analyzed by SDS-PAGE and immunoblotting with
antisera to Ada3p or Gen5p. Inputs represent 50% of the amount of peak III in the

reactions. Similar results were seen in at least five independent experiments.
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The SANT domain may be required for optimal association of multi-subunit
complexes in vitro. Our analysis demonstrates that the SANT domain plays a crucial
role in the function of SWI/SNF, RSC, and the GCN5 HATs. In addition, our studies
suggest a role for the Ada2p SANT domain for substrate recognition in GCN5 HAT
complexes (see above). However, one possibility is that this interaction may be indirect.
Fractionation of GCN5 HATs from strains that harbored a small deletion in the Ada2p
SANT domain suggests that this domain is not required for complex assembly. However,
we could not rule out an effect of this mutation on loss of an unidentified subunit(s) or on
the conformation of the complex. In that regard, we wanted to compare the elution
properties of wild-type and SANT-mutant SWI/SNF, RSC and GCN5 HAT complexes
by gel filtration analysis.

First, we fractionated crude whole extracts from wild-type (CY664) and
swi3ASANTp (CY669) on an FPLC Superose 6 gel filtration column. Consistent with
previous studies, fractionation of wild-type cells showed that Swi3p and Swi2/Snf2p
coelute by gel filtration in a peak centered around fraction 19 as detected by
immunoblotting (Peterson et al., 1994 and Figure III-10A, left panel). This corresponds
to an intact SWI/SNF complex with a molecular mass of ~2 MD. We have previously
demonstrated that swi/snf deletion mutations alter the elution profile of the remaining
subunits from a gel filtration column (Peterson et al., 1994). In extracts prepared from
strains harboring an 11 amino acid deletion of the Swi3p SANT domain, the majority of
Swi3p (Fraction 23) and Swi2p (Fraction 25) do not cofractionate suggesting reduced

stability of SWI/SNF complex in vitro (Figure III-10A, right panel). We note that similar
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Figure III-10: The SANT Domain is Required for Optimal Association of
Multi-subunit Chromatin Remodeling Complexes in vitro. A. Gel filtration analysis
of SWI/SNF. Crude whole cell extracts were prepared from CY664 (wild-type) and
CY669 (swi3pASANT) and fractionated on an FPLC Superose 6 column. Fractions were
analyzed by SDS-PAGE and immunoblotting with antisera to Swi3p and HA (Swi2p).
The asterisks denote the peak of Swi3p whereas circles denote the peak of Swi2p.
Molecular masses were estimated by extrapolation of the following calibration proteins:
thyroglobulin (669,000 kD; fraction 25), apoferritin (443,000 kD; fraction 28), f-amylase
(200,000 kD; fraction 30), and bovine serum albumin (66,000 kD; fraction 33). B. Gel
filtration analysis of RSC. Crude whole cell extracts were prepared from CY888 that
additionally contained either wild-type Rsc8/Swh3p or HA-Rsc8/Swh3p plasmids and
fractionated on an FPLC Superose 6 column. Fractions were analyzed by SDS-PAGE
and immunoblotting with antisera to HA (Rsc8/Swh3p) or Sthlp. The asterisks denote
the peak of Rsc8/Swh3p whereas circles denote the peak of Sthlp. Molecular mass was
estimated by extrapolation of molecular weight standards. C. Approximately equivalent
amounts of each partially purified GCN5 HAT isolated from CY733 and CY884 was
fractionated on an FPLC Superose 6 column. Fractions were analyzed by SDS-PAGE
and immunoblotting with antisera to Ada2p and GenSp. The asterisks denote the peak of
Ada2p whereas circles denote the peak of GenSp. Molecular masses were estimated by

extrapolation of molecular weight standards.
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results were seen with all SANT mutants that exhibited defects in HO-lacZ expression
and growth (data not shown).

The RSC complex has been estimated to have a mass of ~1 MD based on the
molecular weight of the 15 tightly associated polypeptides (Cairns et al., 1996b). Given
that the SANT domain of Rsc8/Swh3p was essential for viability (Figure III-5), we
initially transformed a diploid strain (MCY3840) that contained a chromosomal deletion
of one copy of RSC8/SWH3 with a CEN-plasmid harboring a wild-type copy of
RSC8/SWH3. Tetrad dissection was performed in order to generate a strain that harbored
a deletion of RSC8/SWHS3 and the wild-type RSC8/SWH3 plasmid. The resulting strain
was then transformed with an additional CEN plasmid containing either an HA-epitope
tagged wild-type or rsc8/swh3ASANT. Thus, we could follow the elution of wild-type
and SANT mutant RSC complexes by immunoblotting fractions from the gel filtration
column with HA antisera. Superose 6 gel filtration of extracts from wild-type cells
produced a Rsc8/Swh3p peak centered on fraction 21. This corresponds to a molecular -
mass of ~1-2 MD, consistent with previous estimates (Figure II1[-10B, left panel and
Cairns et al., 1996b). In contrast, gel filtration of extracts prepared from CY888 (Table
I11-4) transformed with the HA-rsc8/swh3ASANT éonstruct indicated that fhe elution
profile shifts to fraction 25 as detected by immunoblotting (Figure III-10B, right panel).

Rsc8p has been shown to self-associate via a putative leucine zipper region
independent of the SANT domain (Treich and Carlson, 1997). Thus, we note that in our

analysis of the elution profile of SANT mutant RSC complex, we may detect complexes

that contain a wild-type copy of Rsc8/Swh3p and a copy of HA-Rsc8/Swh3ASANTp and
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complexes that contain only HA-Rsc8/Swh3ASANTp. The situation is less clear for
Sthlp as we cannot distinguish between complexes containing two wild-type copies of
Rsc8/Swh3p, wild-type/HA, or two HA-Rsc8/Swh3p polypeptides. Despite this
complication, Sth1p (member of the Swi2/Snf2p family of ATPases) cofractionated with
Rsc8/Swh3p from wild-type strains, consistent with the presence of an intact RSC
complex. In contrast, a substantial amount of Sthlp is shifted to fraction 25 when gel
filtration is performed with rsc8/swh3ASANT strains (Figure I11-10B, Both panels). This
suggests that the SANT domain is required for stable association of RSC in vitro.

We then compared the elution profiles of wild-type (CY733) and GCN5 HAT
complexes harboring a ten amino acid deletion in the SANT domain of Ada2p (CY884).
An equivalent amount of each partially purified fraction (Figure III-7B) was analyzed on
a Superose 6 gel filtration column. Consistent with previous results, wild-type ADA
complex eluted as an intact complex with an apparent molecular mass of ~0.8 MD as
determined by immunoblotting against Ada2p, Ada3p, and GenSp (Figure III-10C, left
panel and data not shown, (Grant et al., 1997; Pollard and Peterson, 1997). In addition,
SAGA complex eluted in fraction 21 by gel filtration consistent with the previously -
estimated molecular mass of ~1-2 MD (Figure III-10C, left panel and (Grant et al., 1997,
Pollard and Peterson, 1997). Interestingly, analysis of the third peak from our
purification scheme (Figure I11-7B) demonstrated that Ada2p, Ada3p, GenSp, and Spt20
co-eluted in fraction 21 as well (Figure I1I-10C, left panel and data not shown). Thus, gel
filtration analysis combined with the fact that SAGA and peak III share many of the same

subunits has led us to name this complex ISAGA (imitation SAGA). This novel complex
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may harbor additional subunits unrelated to SAGA components (J. Workman, personal
communication).

When partially purified complexes from the Ada2ASANT strain were analyzed by
gel filtration, followed by immunoblotting, we consistently noticed the loss of GenSp
from these complexes (Figure I1I-10C, right panel). Interestingly, GenSp elutes in
fraction 33 which is consistent with its molecular weight suggesting that in vitro, stable
association of the catalytic subunit within these complexes requires an intact SANT
domain. This contrasts to our finding that GenSp cofractionates with Ada and Spt
subunits throughout several purification steps (Figure III-7B). Furthermore, GenSp does
not appear to be released from ASANT HAT complexes in the histone acetylation
reaction, since no free histone HAT activity is detectable in this assay (data not shown).
Therefore, it is possible that the overall decrease in stability of SWI/SNF seen in this

assay may be due to dilution of the sample by gel filtration analysis.

Discussion

The SANT (Swi3p, Ada2p, N-CoR, TFIIIB’) domain has recently been identified
as a novel motif in a variety of transcriptional regulatory proteins (Aasland et al., 1996).
Interestingly, this motif is highly conserved in subunits of both the ATP-dependent and
histone modifying class of chromatin remodeling complexes (Table III-1). Although the
role of this domain is largely unknown, sequence analysis revealed a striking homology
to the DNA binding domain (DBD) of the Myb family of proteins (Aasland et al., 1996).

In order to gain insight into the role of the SANT domain in chromatin remodeling, we
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exploited the Myb DBD-DNA co-crystal structure to carry out an extensive
structure/function analysis on three subunits of chromatin remodeling complexes: Swi3p
(SWI/SNF), Rsc8p (RSC), Ada2p (GCNS5 histone acetyltransferases).

Comparison between the SANT and Myb-DBD domains. The Myb DBD-
DNA co-crystal structure provides an important tool to analyze the function of the SANT
domain. The Myb-DBD consists of tandem repeats (R1R2R3) of an approximately 50
amino acid sequence which is deﬁn@d by the presence of three a-helices (Gonda et al.,
1985; Klempnauer and Sippel, 1987; Ogata et al., 1994; see also Figure I1I-2).
Interestingly, secondary structure predictions of the SANT domain suggest that this motif
is also composed of three structured a-helices. In as much, the invariant tryptophan
residues in the Myb-DBD protein family which are important for maintaining the tertiary
structure of this domain are also conserved in the SANT domain (Figure I1I-1 and Ogata
et al., 1993; Ogata et al., 1994). Mutational analysis of these hydrophobic amino acids in
Swi3p confirms an important role for these residues in SANT domain function (Figure
[II-3). Another residue in the Myb-DBD that is critical for transcriptional activation is
arginine 133 which appears to be important for formation of salt bridges with other
residues within the structure and may be essential for maintaining the tertiary structure of
this domain (Ogata et al., 1994). Interestingly, mutation of the corresponding residue in
Swi3p (R564) and Ada2p (H103) to glutamic acid impairs function in both cases
suggesting that these residues may also play a similar role (Figure I1I-3 and III-6). Thus,

this analysis suggests that the overall structure may be similar between the Myb-DBD
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and SANT domains and furthermore, defines a critical residue that is essential for the
function of SWI/SNF and GCN5 HATs in vivo.

The structure also reveals that the third a-helix in the Myb-DBD is positioned to
contact DNA directly and appears to be the DNA recognition helix (Ogata et al., 1994).
Our mutational analysis shows that the corresponding a-helix in the SANT domain of
Swi3p, Rsc8/Swh3p, and Ada2p is essential for the function of these proteins in vivo
(Figure III-3, III-5, II1-6). In addition, the Myb-DBD-DNA co-crystal structure identifies
specific amino acids in the recognition helix involved in mediating base specific and
phosphate backbone interactions with DNA (Ogata et al., 1994). In several cases we
noticed that residues critical for DNA binding in Myb were neither conserved nor
essential for the function of the SANT domain (Figure III-1). For instance, substitution
of the conserved lysine at position 128 with alanine in the Myb-DBD caused a marked
reduction in Myb transcriptional regulatory activity (Ogata et al., 1994), whereas
mutation of the corresponding glutamic acid at position 559 in Swi3p (or the
corresponding glutamic acid in Rsc8/Swh3p or Ada2p) to either alanine or arginine had
no effect on function (Figure II1-3). In addition, two residues, Lys182 and Asp183, in the
Myb-DBD that are absolutely required for DNA binding activity are not conserved in the
SANT domain and are in some cases hydrophobic residues (Gabrielsen et al., 1991;
Saikumar et al., 1990; and Figure III-1). Moreover, arginine 190 in the Myb-DBD
provides essential phosphate backbone contacts (Ogata et al., 1994) whereas the
corresponding residue in Swi3p, Rsc8/Swh3p, and Ada2p is either an isoleucine or

leucine (Figure I1I-1). We also note the presence of several invariant residues shared
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among Swi3p, Rsc8/Swh3p, and Ada2p that are not conserved in the Myb-DBD (Figure
I1I-1). This data suggests a possible diversification of function between the Myb DBD
and SANT domain.

What is the function of the SANT domain? The presence of the SANT domain
in subunits of multi-protein chromatin remodeling complexes as well as its requirement
for the function of both classes of remodelers suggests a role for this motif in modulating
chromatin structure (Table III-1 and see above). Although the SANT domain has
sequence homology to Myb-DBD and may have maintained a similar tertiary structure,
several lines of evidence argue against a role for the SANT domain in DNA binding.
First, residues important for specific interactions with DNA and transcriptional activation
in Myb are not conserved in the SANT domain of Swi3p, Rsc8/Swh3p, or Ada2p.
Second, although SWI/SNF and RSC exhibit high affinity for DNA this appears to be
sequence independent (Cairns et al., 1996b; Quinn et al., 1996). In as much, recombinant
BRG], the catalytic subunit of hSWI/SNF, which does not contain a SANT domain, has
been shown to interact with DNA suggesting that DNA binding may be mediated by the
ATPase domain (Phelan et al., 1999). Third, studies have shown that neither Swi3p nor
BAF170 bind DNA in vitro (Quinn et al., 1996; Wang et al., 1996b). Fourth, DNA
binding by Myb requires the presentation of two tandem repeats, R2R3, in a continuous
fashion to DNA (Ogata et al., 1994), whereas in most cases the SANT domain is present
in only one copy in chromatin remodeling complexes. Although Swi3p and Rsc8/ Swh3p
are likely present in multiple copies in SWI/SNF and RSC (via self-association through

the leucine zipper - Treich and Carlson, 1997; see also Chapter II of this thesis), it is
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unlikely that this dimer structurally mimics that of the Myb-DBD. And finally, GCN5
HATSs are thought to exert their regulatory activities through interaction with the protein
portion of chromatin, the histone ‘tails’ rather than DNA.

The SANT domain may have adapted to regulate intramolecular (between
components of the multi-subunit complexes) or intermolecular (interaction with
chromatin components) protein-protein interactions in order to modulate activity. For
ihstance, recent in vitro studies show that the SANT domain may be required for optimal
interaction between two components, moira and brahma, in the Drosophila homologue of
SWI/SNF (Crosby et al., 1999). This suggests-a role for the SANT domain in complex
assembly. Several lines of evidence contradict this possibility for yeast complexes. First,
our data indicate that an intact SANT domain in Swi3p is not required for interaction
with Swi2p (Figure I1I-4). Second, we were able to isolate intact GCNS HAT complexes
that harbor mutations in the SANT domain of Ada2p over several successive purification
steps (Figure I1I-7B). This is also consistent with previous studies showing that a large
deletion encompassing the SANT domain of Ada2p does not affect its interaction with
GenSp or Ada3p, further suggesting that the observed functional defects are not due to
the inability of SANT mutants to assemble into complexes (Candau and Berger, 1996).
Third, we see no evidence for decreased stability in other components of SWI/SNF, RSC,
or GCN5 in our SANT mutant strains which is common when complexes are unstable in
vivo (Peterson et al., 1994; Saleh et al., 1997).

There are several scenarios in which the SANT domain could mediate a

functional interaction with chromatin substrates. One possibility is that the SANT




109

domain may interact indirectly with chromatin substrates. Recent studies indicate that
SWI/SNF and SAGA (GCNS) activities may be targeted to chromatin through interaction
with DNA binding transcriptional activator or repressor proteins (Ikeda et al., 1999;
Natarajan et al., 1999; Neely et al., 1999; Dimova et al., 1999; Steger et al., 1998; Utley
etal., 1998; Yudkovsky et al., 1999). Thus, one possibility is that the SANT domain may
interact with transcriptional activator proteins. Although this model needs to be tested
directly, it is unlikely as GCNS5 HATs that contain a deletion in the Ada2p SANT domain
are unable to acetylate histones whereas wild-type complexes are fully functional ir vitro
where activators are not required (Figure III-8). In another scenario, the SANT domain
would functionally tether the catalytic subunit to other components of the remodeling
complex. This interaction may serve to communicate structural changes from the
catalytic subunit to other components of the complex upon substrate binding in order to
regulate catalytic activity. Several reports indicate that the Myb-DBD can undergo a
conformational change upon DNA binding (Mclntosh et al., 1998; Zargarian et al., 1999).
Thus, it is intriguing to speculate that the SANT domain may perform an analogous
function, acting as a conformational sensor. This may explain the requirement for the
SANT domain in optimal binding to brahma seen by Crosby et al. (1999) énd may
explain why in vitro complexes appear to be less stable (Figure I11-10).

We favor a simple model in which the SANT domain mediates a direct interaction
between remodeling complexes and chromatin. We find that a mutation in the Ada2p
SANT domain impairs interaction with histone H3 N-terminal domains implicating the

SANT domain in mediating a physical interaction between GCN5 HATSs and histone
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‘tails’ (Figure I1I-9). In addition, previous work has shown that histone ‘tails’ play an
important role in regulating dissociation of SWI/SNF from nucleosomal arrays thereby
regulating the remodeling cycle (Logie et al., 1999; Peterson, 1998). In fact, these
studies also suggest that SWI/SNF might bind these domains directly as histone “tails’
compete for SWI/SNF activity in remodeling reactions in vitro (Logie et al., 1999). Itis
also interesting to note that ISWI complexes as well as recombinant [ISWI (a member of
the Swi2/Snf2p family of ATPases), which contain a SANT domain, absolutely require
histone ‘tails’ for ATPase and remodeling activity (Corona et al., 1999; Georgel et al.,

1997; see also Chapter V of this thesis).

Multiple histone binding domains? Modulation of the accessibility of
chromatin structure and transcriptional activation through alteration of histone N-terminal
domains has been well documented (reviewed in Fletcher and Hansen, 1996; Wolffe and
Hayes, 1999). Thus, it is not surprising that histone ‘tails’ would be the target of
chromatin remodeling enzymes. Several motifs associated with subunits of chromatin
remodeling complexes have been implicated as histone binding domains. The
bromodomain, which is conserved in many subunits of chromatin remodeling complexes,
has been shown to be a histone ‘tail’ binding domain (Dhalluin et al., 1999; Ornaghi et
al., 1999). However, in many cases the bromodomain is not required for full activity of
chromatin remodelers in vivo suggesting that this domain may be redundant in function
(Elfring et al., 1998; Laurent et al., 1993b; Marcus et al., 1994). In addition, a portion of

the catalytic domain of Gen5p may play a general role in recognition of histone ‘tails’
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(Trievel et al., 1999). Surprisingly, our data implicates a role for the SANT domain as a
histone-binding motif as well. Unlike the case for bromodomains, an intact SANT
domain is absolutely required for transcriptional regulation in vivo by SWI/SNF, RSC,
and GCN5 HATSs, suggesting an essential role for this domain in chromatin remodeling.
Interestingly, SWI/SNF and GCN5 appear to play overlapping and redundant functions at
some promoters to regulate chromatin structure (Biggar and Crabtree, 1999; Pollard and
Peterson, 1997; Roberts and Winston, 1997; Sudarsanam et al., 1999). It is possible that
these histone ‘tail’ binding domains function cooperatively and/or act coordinately to
alter chromatin structure. Thus, we propose that the SANT domain may functionally link
the activities of ATP-dependent chromatin remodeling enzymes and histone

acetyltransferases to chromatin through interaction with histone proteins.

Experimental Procedures

PCR mutagenesis and plasmid construction. Oligonucleotides and plasmids
used in this study are described in Table I11-2 and III-3, respectively. The pRS series of
plasmids used in this study has been described previously (Sikorski and Hieter, 1989).
Mutations in the SANT domain of SWI3, RSC8, and ADA?2 were generated in a two step
PCR reaction by standard methods with Vent Polymerase (New England BioLabs). First,
DNA sequences from SWI3 (CP596), RSC8 (CP682), and ADA2 (CP677) were
amplified using a sequence specific oligo that also contained an unrelated TAG sequence
and the appropriate mutagenic oligo (see Table III-2) to create a TAG-Megaprimer which

harbors the mutation of interest. The mutagenized SANT domain DNA fragment was
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generated in a second, subsequent PCR reaction using the appropriate plasmid as above,
an oligo specific to the TAG sequence, the appropriate mutagenized TAG-Megaprimer,
and a sequence specific oligo. The resulting PCR product was then digested with internal
restriction enzymes and subcloned into the appropriate plasmid so as to replace the wild-
type SANT domain with a specifically mutagenized version. All plasmids were
sequenced to ensure polymerase fidelity during PCR amplification.

The pRS416-RSC8/SWH3 (CP883) construct was generated by excising the Notl
fragment containing a triple hemaglutinin tag (3HA) from. CP872 and religating the
plasmid.

Yeast strains and media. Standard genetic methods were followed to generate
the appropriate strains. All strains used in this study are listed in Table III-3. Yeast
cultures were grown at 30°C in yeast extract-peptone (YEP) media containing 2%
glucose or selective synthetic complete (SC) media (Difco Laboratories) containing 2%
glucose as specified (Rose et al., 1990) except where otherwise noted.

Yeast transformations were performed by the lithium acetate procedure as
previously described (Geitz and Scheistl, 1991). Standard procedures were used for
sporulation and tetrad analysis.

Preparation of whole-cell extracts. Strains were grown in 100 ml of media at
30°C with agitation to an ODggp of 0.8-1.0. Cells were washed and then resuspended in
0.8 ml of E Buffer (20 mM Hepes, 350mM NaCl, 10% glycerol, 0.1% Tween-20) with
protease inhibitors. Cells were disrupted with glass beads 5x 1 min. with intervening

periods on ice, using a mini bead beater (Biospec Products). Extracts were clarified with
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a 10 min spin at 14K in a microfuge. Extracts were recovered and filtered through a
0.45p membrane (Millipore) after a 45 min. spin at 48K at 4°C in a Beckman TLA100
ultracentrifuge.

B-Galactosidase assays. P-Galactosidase activity was assayed quantitatively in
permeabilized cells as‘ previously described (Stern et al., 1984). Transformants were
grown to mid-log phase in the appropriate medium for plasmid selection. Activity was
measured in Miller units followed by normalization to per cent wild-type activity.

In vitro immunoprecipitation analysis. Either swi3A1-300 or swi3Al-
300ASANT sequences were cloned into the HA in vitro translation vector (see Table II-
3). SWI3 and SWI2 (1-767 amino acids) sequences were cloned into pET11A in vitro
transcription vector (Novagen; see Table III-2). **S-methionine (NEN)-labeled Swi2p or
Swi3p was obtained in each case using the TNT Coupled Wheat Germ Extract System
(Promega) according to the manufacturer’s specifications. Unlabeled HA-Swi3A306p or
HA-Swi3A306ASANTDp was generated by addition of unlabeled methionine to the above
reaction in place of **S-methionine. Autoradiography or immunoblotting confirmed the
quality of all in vitro translation reactions.

Binding reactions were performed by incubating approximately equal
concentrations of the pre-cleared **S-met-labeled protein (as visualized by
autoradiography) with similar concentrations of unlabeled HA-protein (as visualized by
immunoblotting) in Buffer A (20 mM Tris- pH 8.0, 250 mM NaCl, 1 mM EDTA, 0.1%

Triton X-100, 1 mM DTT, 0.1 mg/ml BSA) with rocking for 30 minutes at 4°C.

Immunoprecipitations were carried out by addition of 10-ul anti-HA Sepharose bead
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slurry (Covance) equilibrated in Buffer A to the binding reactions for 1 hr. at 4°C.
Supernatants were recovered for subsequent analysis. Beads were washed five times with
Buffer A and bound proteins were eluted with 15-ul of SDS-sample buffer. Binding was
analyzed by SDS-PAGE and autoradiography.

Purification of HAT complexes. Whole cell yeast extracts were prepared from
20 liters of either CY561 (wild-type) or CY884 (ada2A97-106; see Table 111-4) as
described (Cote et al., 1994). Subsequent fractionation steps were carried out as
described (Pollard and Peterson, 1997) with the exception that a 25-ml linear gradient of
100-500 mM NaCl was used to elute bound proteins from the MonoQ column
(Pharmacia). Fractions were analyzed by immunoblotting and liquid acetylation assays.

HAT assays. In vitro liquid HAT assays were performed in a 30- pl reaction
volume using 1pug of oligonucleosome cores, 1l of each 0.5 ml fraction from the Mono
Q elution (or appropriate dilutions for other studies), and *H-labeled acetyl-CoA (1uCi)
(NEN) in HAT buffer (50 mM Tris-HCI pH 8.0, 50 mM KCI, 5% glycerol, 0.1 mM
EDTA, 1 mM DTT, 1 mM PMSF, 10 mM sodium butyrate). Reactions proceeded at
30°C for 30 minutes (Grant et al., 1997; Pollard and Peterson, 1997). Reactions were
subjected to 18% SDS-PAGE, stained with Coomassie brilliant blue to visualize the
histones, destained and fluorographed with EN*HANCE (NEN).

GST-Histone H3 tail binding assay. GST or GST-H3 (1-46 amino acids) was
prepared from plasmids in E.coli (Hecht et al., 1995) and bound to Glutathione Sepharose
4B resin (Pharmacia) as described (Grant et al., 1997) equilibrated in Buffer B (10mM

Tris, 8.0, 10% glycerol, 50 mM NaCl, 0.1% Tween, 0.5 mM DTT). Each HAT fraction
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analyzed was normalized for GenSp levels (as visualized by immunoblotting) and bound
in Buffer B to GST or GST-H3 Glutathione Sepharose beads at 4°C with rocking for 2
hrs. The sﬁpernatant was recovered from each binding reaction and proteins were
precipitated with 15% TCA. The pellet was resuspended in 20-pl of SDS loading buffer
(pH 11). Beads were washed three times with Buffer B and resuspended in 20-pl of SDS
loading buffer. Binding was analyzed by SDS-PAGE followed by immunoblotting.

Gel filtration analysis. Either crude whole cell extracts (for analysis of
SWI/SNF and RSC) or 100 pl of each partially purified GCN5-dependent HAT was
fractionated on a fast protein liquid chromatography (FPLC) Superose 6 gel filtration
column (Pharmacia). Fractions were precipitated with 15% trichloroacetic acid and
analyzed by SDS-PAGE and immunoblotting.

Antibodies and immunoblotting. Typically 10-ul of each fraction was subjected
to SDS-PAGE and transferred to nitrocellulose membrane (Protran). Membranes were
probed with antisera raised against either Swi3p (Peterson et al., 1994), HA (Covance; for
Swi2-HAp and HA-Rsc8p), Sthlp (Brehon Laurent, SUNY), GenSp (Santa Cruz
Biotech), Ada3p (Santa Cruz Biotech), Ada2p (Shelley Berger, Wistar Institute,
Pennsylvania), Tralp (Jerry Workman, Penn State University), TAF 168p (Michael
Green, UMass Medical School), Spt7p (Fred Winston, Harvard University), or Spt3p
(Fred Winston, Harvard University); followed by incubation with the appropriate
secondary antibody conjugated with horseradish peroxidase (rabbit-Amersham; goat-
Santa Cruz). Immunoblots were visualized by addition of chemiluminescent substrate

(Amersham).




Table III-2. Oligonucleotides

Name Description Sequence

LB1 (5’)TAG@bp1249-SWI3 5’-GAGGATCCCCGGGTACGATGCCCCCAGAGGAC-3’

LB2 (3")Clal-SWI3 5’-GGCCATCGATGCCAAGTCAAGTGACGCACC-3’

LB10 SWI3A555-565(ASANT) 5’-CTTCAATGGGCAATTGAAGGCCAACGTTTTTGGCCAC-3’

LBI11 SWI3 W546A 5’-GGCCACTTTGTACGCGTCAGCGCCCGAATTC-3’

LB12 SWI3 ES59A 5’-GGGCAATTGAAGGAAACGTAAGATACACTGCGCAGGCG-3’

LB13 SWI3 E559R 5’-GGGCAATTGAAGGAAACGTAAGATACACTGGCGAGGCG-3’

LB14 SWI3 Q560A 5’-GGGCAATTGAAGGAAACGTAAGATACACTGCGCAGGCG-3’

LB15 SWI3 Q560R, Q567R 5. GGGCAAGCGAAGGAAACGTAAGATACAGCGTTCAGGCG-3"

LB16 SWI3 C561A 5°-GGGCAATTGAAGGAAACGTAAGATCGCCTGTTCAGGCG-3’

LB17 SWI3 R564A 5’-GGGCAATTGAAGGAACGCTAAGATACACTGTTCAGGCG-3’

LB18 SWI3 R564E 5’-GGGCAATTGAAGGAATTCTAAGATACACTGTTCAGGCG-3’

LB19 SWI3 E559A, R564A 5’-GGGCAATTGAAGGAACGCTAAGATACACTGCGCAGGCG-3’

LB20 SWI3 C561A, R564A, F565A 5’-GGGCAATTGAAGCGCCGCTAAGATCGCCTGTTCAGGCG-3’

LB21 SWI3 F565A 5’-GGGCAATTGAAGCGCACGTAACATACACTGTTCAGGCG-3’

LB22 (5’)Nsil-RSC8 5’-GGCCGCACAAGACTTCAATGCATTACAAGACG-3’

LB23 (3’)TAG-Sall-RSC8 5’-GAGGATCCCCGGGTACGTCGACGCAAACGACAACCAC
AAcccC-3

LB24 RSC8A348-352aa 5’-GGGCACAAGCGTGTAAAATTCCTAAGCTTACCG-3’

LB25 RSC8 K353A 5’-GCATTGAAGCGTTCCTAAGCTITACCG-3’

LB26 (5")TAG-XhoI-ADA2 5’-GAGGATCCCCGGGTACCTCGAGGGGTGTAATTTTAACCG-3’

LB27 (3)BglllI-ADA2 5’-GGAGATCTCAGCAAACTTTAAATGCGGTACTG-3’

LB28 ADA2A98-102aa 5’-CCAGATAATATTTTAGGTAATGTTTGCCTCTGCTGCC-3’

LB29 ADA2A97-106aa 5’-GCTTTCCAGATAATAGCCTCTGCTGCC-3’

LB30 ADA2 H103E 5’-GGTACTCTTCCTTAACTTCTTCTTTGCC-3’

HHF2 TAG primer 5’-CTCCTAGGGGCCCATG-3’

Underscored sequence represents TAG sequence




Table III-3. Plasmids

Name Relevant Description Source
CP555 pRS406-SWI3A555-565(ASANT) This study
CP596 pRS406-SWI3 This study
CP597 pRS406-swi3 W546A This study
CP617 pRS406-swi3 CS561A, R564A, F656A This study
CP619 pRS405-SWI2-3HA-6His This study
CP626 pRS406-swi3 C561A This study
CP628 pRS406-swi3 FS65A This study
CP631 pRS406-swi3 R564A This study
CP651 pRS406-swi3 E559R This study
CP652 pRS406-swi3 Q560R, Q567R This study
CP653 pRS406-swi3 W546A, FS65A This study
CP654 pRS406-swi3 E559A This study
CP655 pRS406-swi3 E559A, R564A This study
CP656 pRS406-swi3 RS64E This study
CP658 pRS406-swi3 Q560A This study
CP671 pRS406-ada2 H103E This study
CP672 pRS406-ada2A98-102aa This study
CP677 pRS406-ADA2 This study
CP682 pRS315-3HA-SWH3(RSCSB) Treich and Carlson, 1997
CP712 peT11A-SWI2(1-767aa) Joan Flanagan
CP746 HA**-SWI3 Joan Flanagan
CP748 HA**-swi3Al-306aa Joan Flanagan
CP805 HA**-swi3A1-306aaASANT This study
CP816 pRS3 15-HA-rsc8/swh3A348—352(ASANT)v This study
CP817 pRS315-HA-rsc8/swh3 K353A This study
CP872 pRS416-HA-RSC8/SWH3 This study
CP873 pRS406-ada2A97-106(ASANT) This study
CP883 pRS416-SWH3 (without 3HA-tag) This study
Note: All SWI3 and ADA2 constructs were also cloned into episomal low copy (ARS-CEN) and high copy
(2u) vectors




Table III-4. Strains

Name Relevant Genotype Source

CY165 swi3A::trplAl, leu2-Al, ura3-52, his3A200, ade2-101, Peterson and Herskowitz, 1992
lys2-801, ho::LACZ

CY432 a 1107- ura3-52, ade2-1, met-, his3-, leu2-3,112, trp1-1 Breden and Nasmyth, 1987
ho::LACZ

CYs561 ada2A::hisG-URA3-hisG, isogenic to CY432 Pollard and Peterson, 1997

CYé664 SWI2::CP619 isogenic to CY165 This study

CY666 URA3::CP596, isogenic to CY664 This study

CY667 URA3::pRS406, isogenic to CY664 This study

CY669 URA3::CP555, isogenic to CY664 This study

CY671 URA3::CP597, isogenic to CY664 This study

CY673 URA3::CP617, isogenic to CY664 This study

CY674 URA3::CP626, isogenic to CY664 This study

CY675 URA3::CP631, isogenic to CY664 This study

CY676 URA3::CP628, isogenic to CY664 This study

CY691 URA3::CP654, isogenic to CY664 This study

CY692 URA3::CP655, isogenic to CY664 This study

CY693 URA3::CP651, isogenic to CY664 This study

CY694 URA3::CP656, isogenic to CY664 This study

CY695 URA3::CP658, isogenic to CY664 This study

CY696 URA3::CP652, isogenic to CY664 This study

CY697 URA3::CP653, isogenic to CY664 This study

CY716 Ada2A without URA3, isogenic to CY561 This study

CY718 URA3::CP671, isogenic to CY716 This study

CY719 URA3::CP672, isogenic to CY716 This study

CY720 URAZ3::pRS406, isogenic to CY716 This study

CY733 URA3::CP677, isogenic to CY716 This study

CY884 URA3::CP873, isogenic to CY716 This study

CY885 1sc8/swh3::HIS3, CP682, leu2-3,112, ura3-52 This study
“segregant” from MCY3840

CY888 rsc8/swh3::HIS3, CP883 , leu2-3,112, ura3-52 This study
“segregant” from MCY3840

MCY3840 a/o swh3A1::HIS3/+, +leu2-3,112, his3A200/his3A200, Treich and Carlson, 1997

ura3-52/ura3-52, lys2-301/+
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Chapter IV

Roles Of The Histone H2A/H2B Dimers And (H3/I—I4)2Tetramer In

Nucleosome Remodeling By The SWI/SNF Complex

Introduction

The assembly of eukaryotic DNA into folded nucleosomal arrays has drastic
consequences for many nuclear processes that require access to the DNA sequence,
including RNA transcription, DNA replication, recombination, and repair. The
nucleosome, which consists of 147 bp of DNA wrapped nearly twice around an octamer
of histones H2A, H2B, H3 and H4, can occlude DNA sequences both in vivo and in vitro.
The nucleosome is not a static structure, but appears to be a dynamic and flexible
assembly. For instance, moderate concentrations of NaCl can lead to several distinct
changes in nucleosome conformation (Czarnota and Ottensmeyer, 1996; Dieterich et al.,
1978; Dieterich et al., 1979; Yager et al., 1989; Yager and van Holde, 1984). In addition,
nucleosomes isolated from transcriptionally active chromatin appear to be depleted of
histone H2A/H2B dimers (discussed in Hansen and Ausio, 1992) and contain histone
octamers whose interiors are more accessible to enzymatic and chemical modifications
(Allegra et al., 1987; Chen et al., 1991; Prior et al., 1983). Nucleosomes from
transcriptionally active chromatin can also be visualized microscopically as extended,
largely unfolded structures (Bazett-Jones et al., 1996; Czarnota and Ottensmeyer, 1996).

These and other studies have led to the view that regulatory factors might antagonize the
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repressive effects of chromatin by disrupting the structure or conformation of the histone
octamer (discussed in Workman and Kingston, 1998).

Two types of highly conserved chromatin remodeling enzymes have been
implicated as regulators of the repressive nature of chromatin structure (Kingston and
Narlikar, 1999; Pollard and Peterson, 1998). Several members of the SWI2/SNF2 family
of DNA-stimulated ATPases use the energy of ATP-hydrolysis to disrupt nucleosome
structure which can lead to an enhanced mobility of nucleosomes (Hamiche et al., 1999;
Jaskelioff et al., 2000; Langst et al., 1999; Whitehouse et al., 1999). The second type
consists of the nuclear histone acetyltransferases that covalently modify lysine residues
within the flexible N-terminal domains of the histone proteins. The Saccharomyces
cerevisiae SWI/SNF complex is the prototype ATP-dependent chromatin remodeling
complex. This widely conserved 2 MDa multisubunit assembly is required for the
inducible expression of a number of diversely regulated yeast genes and for the full
functioning of many transcriptional activators (reviewed in Burns and Peterson, 1997a;
Winston and Carlson, 1992). SWI/SNF can be recruited to target genes via direct
interactions with gene-specific activators (Natarajan et al., 1999; Neely et al., 1999;
Yudkovsky et al., 1999), and in several cases SWI/SNF facilitates the binding of
activators to nucleosomal sites in vivo (Burns and Peterson, 1997b; Cosma et al., 1999).
In vitro, the purified SWI/SNF complex is a DNA-stimulated ATPase that can use the
energy of ATP hydrolysis to disrupt histone-DNA interactions. Although the mechanism
by which SWI/SNF disrupts nucleosome structure is not known, this “remodeling”

reaction leads to an enhanced accessibility of nucleosomal DNA to Dnase I (Cote et al.,
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1998; Cote et al., 1994; Owen-Hughes et al., 1996), restriction enzymes (Logie and
Peterson, 1997; Logie et al., 1999), and sequence-specific DNA binding proteins (Cote et
al., 1998; Cote et al., 1994; Utley et al., 1997). More recently, SWI/SNF has been shown
to increase DNA accessibility of nucleosomal arrays in a catalytic manner that is
dependent on the presence of histone N-terminal domains (Logie and Peterson, 1997,
Logie et al., 1999).

Four different models have been proposed to explain the mechanism by which
ATP-dependent remodeling by the SWI/SNF complex increases nucleosomal DNA
accessibility. (1) Several studies have suggested that SWI/SNF might remove or
rearrange the H2A/H2B dimers (Cote et al., 1994; Hirschhorn et al., 1992; Lee et al,,
1999; Luger et al., 1997; Peterson and Tamkun, 1995; Spangenberg et al., 1998). (2)
SWI/SNF remodeling may induce a novel conformation of the histone octamer (Lorch et
al., 1998; Schnitzler et al., 1998; discussed in Workman and Kingston, 1998) which
might involve conformational changes in the (H3/H4), tetramer analogous to the
transcription-associated transitions described above. (3) SWI/SNF may use the energy of
ATP hydrolysis to translocate along DNA and destabilize histone-DNA interactions
(discussed in Pazin et al., 1997). This model is similar to the octamer spooling
mechanism described by Studitsky et al. for passage of polymerases through nucleosomes
(Studitsky et al., 1994). (4) And finally, SWI/SNF might bind directly to nucleosomes
and use the energy of ATP hydrolysis to change the path of nucleosomal DNA (Cote et
al., 1998) or to peel DNA off the surface of the histone octamer without changing

octamer structure (Bazett-Jones et al., 1999).
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In this study, we have directly tested whether ATP-dependent chromatin
remodeling by the SWI/SNF complex alters the composition or conformation of the
histone octamer. We use a nucleosomal array remodeling assay (Logie and Peterson,
1997; Logie and Peterson, 1999) to quantify SWI/SNF activity on arrays of histone
(H3/H4), tetramers and on nucleosomal arrays reconstituted with histone octamers
containing internally-crosslinked tetramers. In order to monitor more subtle or transient
changes in octamer structure, we also measured the effects of SWI/SNF remodeling on
the steady state fluorescence of nucleosomal and tetramer arrays harboring a histone H3
derivative site specifically modified at residue 110 with the fluorescent probe
acetylethylenediamine-(1,5)-naphthol sulfonate (AEDANS) (Daban and Cantor, 1989; -
Dieterich et al., 1978; Dieterich et al., 1979). Taken together, our data are consistent with
a model in which substrate recognition by SWI/SNF requires an intact histone octamer,
and subsequent ATP-dependent “remodeling” disrupts histone-DNA contacts without a

concomitant loss of histone proteins or perturbation of the histone octamer.

Results

SWI/SNF remodels arrays of histone (H3/H4), tetramers. It has been
proposed that SWI/SNF increases the accessibility of nucleosomal DNA by depletion or
rearrangement of the histone H2A/H2B dimers (Cote et al., 1994; Lee et al., 1999; Luger
et al., 1997; Spangenberg et al., 1998; discussed in Peterson and Tamkun, 1995). In
order to investigate whether loss of the dimers is equivalent to the SWI/SNF remodeled

state, we used purified chicken erythrocyte histone octamers or (H3/H4), tetramers
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(Figure IV-1B, lanes 1 and 4) to reconstitute nucleosomal or tetramer arrays. The DNA
template used for these reconstitutions is composed of 11 head-to-tail repeats of a
nucleosome positioning sequence from the L. variegatus 5S rRNA gene, each of which is
flanked by EcoRI restriction sites (Figure IV-1A). Nucleosomes that are reconstituted
onto each of these 5S repeats assume a maj dr translational position that is present in at
least 50% of the population (Dong et al., 1990; Pennings et al., 1991). Minor
translational positions also exist and differ from the major frame by multiples of 10 bp.
The central repeat of our array template also bears a unique Sall/HinclII restriction site
close to the dyad axis of symmetry of a nucleosome positioned at the major frame (Logie
and Peterson, 1997; Polach and Widom, 1995). Array reconstitutions were analyzed for
extent of DNA repeat saturation and for correct positioning by restriction enzyme
cleavage (Figure IV-1C; see also Experimental Procedures) (Hansen et al., 1989; Logie
and Peterson, 1997; Logie and Peterson, 1999). EcoRI digestion of nucleosomal or
tetramer arrays releases primarily mononucleosome-sized particles and few of the high
molecular wéight partial digestion products that would be indicative of alternative
positioning or oversaturation (Figure IV-1C). Digestion of nucleosomal or tetramer
arrays with Mspl (whose site is located ~30 bp from the predicted dyad axis of a
nucleosome positioned at the major frame) demonstrates that these sites are fully
protected by nucleosomal arrays, but accessible in tetramer arrays (Figure IV-1C). These
data are consistent with the fact that an (H3/H4), tetramer assumes the same translational
positions as an intact octamer (Dong et al., 1990; Hayes et al., 1991), but that the tetramer

assembles less DNA (Luger et al., 1997).
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Figure IV-1. Analysis of Array Reconstitutions. A. Schematic representation of
the 208-118S template DNA used to reconstitute nucleosomal and tetramer arrays. It
consists of 11 head-to-tail repeats of a 5S rRNA nucleosome positioning sequence, the
central repeat bearing an unique Sall/Hincll restriction enzyme site. Each repeat is flanked
by EcoRI restriction enzyme sites. In addition, an MsplI site is located ~30 bp from the
predicted dyad axis of symmetry of each positioned nucleosome. B. Analysis of histone
proteins used for array reconstitutions by 18% SDS-PAGE and Coomassie staining. Lane
1, chicken histone octamers; Lane 2, chicken histone octamers contained 1,5-IAEDANS
conjugated to histone H3; Lane 3, oxidized chicken histone octamers electorphoresed under
non-reducing conditions; Lane 4, chicken (H3/H4), tetramers. C. Analysis of saturation
and positioning of reconstituted arrays by restriction enzyme digestion and native

polyacrylamide gel electrophoresis. Digestion of arrays with EcoRI releases primarily

mononucleosome- or monotetramer-sized particles (%) as well as some free 208 bp 5S

repeats (®). The ratio of free 5S repeats to monnucleosome/mono-tetramer particles

provides a qualitative measurement of array saturation (60-90% saturation for the arrays
shown here). Higher molecular weight species represent partial EcoRI digestion products.
Nucleosome assembly on the 58S repeats results in occlusion of the Mspl sites, whereas

these sites are accessible for the tetramer arrays and yield a mono-tetramer size particle

(%), indicating that the (H3/H4), tetramers protect less DNA as expected.
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We then exploited a sensitive nucleosomal array remodeling assay in which
SWI/SNF remodeling activity is coupled to restriction enzyme activity (Logie and
Peterson, 1997; Logie et al., 1999). Previously we used this assay to determine the
kinetic parameters of ATP-dependent nucleosomal array remodeling by the SWI/SNF
and RSC complexes (Logie and Peterson, 1997; Logie and Peterson, 1999; Logie et al.,
1999). To quantify the remodeling capacity of SWI/SNF complex, 3 nM of nucleosomal
or tetramer array was exposed to 500 U/ml Hincll, either in the presence or absence of 3
nM SWI/SNF complex and 1mM ATP (Figure IV-2A). As described previously, Hincll
digestion of nucleosomal arrays is biphasic (Logie and Peterson, 1997); the first, rapid
phase of the reaction represents digestion of arrays harboring HinclI sites positioned
between nucleosomes, and the second, slow phase represents digestion of the
nucleosomal HinclI sites. By limiting our analysis to the second phase of Hincll
digestion, the first order rate of HincllI cleavage yields a quantitative measurement of
nucleosomal DNA accessibility (Logie and Peterson, 1997; Logie et al., 1999; Polach and
Widom, 1995).

In the absence of SWI/SNF, the first order rate of Hincll cleavage was 1.3 x 10
for tetramer arrays and 2.4 x 10°° for nucleosomal arra&s (Figure IV-2; see also Table IV-
1). The 5-fold higher rate for the tetramer arrays is comparable to the rate observed
previously for nucleosomal arrays reconstituted with histones that lack their trypsin-
sensitive N-terminal domains (Logie et al., 1999) and is consistent with nucleosomal
DNA being more accessible in the absence of the histone H2A/H2B dimers (Dong and

van Holde, 1991; Hayes and Wolffe, 1992; Spangenberg et al., 1998; Tse et al., 1998c).




129

Figure IV-2. Tetramer arrays are not optimal substrates for SWI/SNF. A.
Representative time course for HinclI digestion of 3 nM nucleosomal (left panel) or
(H3/H4), tetramer (right panel) arrays in the presence or absence of 3 nM SWI/SNF. The
“0” time point reflects a 20 minute preincubation with Hincll in the absence of SWI/SNF.
The high percentage of tetramer array cleaved in the first phase of the digestion is due in
part to slight undersaturation bf these arrays. We note that similar levels of undersaturation
of nucleosomal arrays has no effect on SWI/SNF remodeling rates (data not shown; see
also 41). B. Quantification of the data shown in Panel A. Data is presented as the
concentration of nucleosomal and tetramer array cleaved by Hincll in the presence of
SWI/SNF during the initial 10 minutes of the reaction. Similar results were obtained in at
least three different experiments using both different SWI/SNF preparations and

independent nucleosomal and tetramer array reconstitutions.
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In the presence of SWI/SNF the first order rate of Hincll cleavage was 6.4 x 107 for
tetramer arrays and 9.2 x 10~ for nucleosomal arrays (Figure IV-2; Table IV-1). The fact
that the rate of cleavage of nucleosomal arrays in the presence of SWI/SNF significantly
exceeded the rate of cleavage of tetramer arrays in the absence of SWI/SNF (see Table
IV-1) indicates that remodeling is not equivalent simply to loss of histone H2A/H2B
dimers. The fact that the raté of cleavage of tetramer arrays in the presence of SWI/SNF
is 5-fold higher than the rate in the absence of SWI/SNF indicates further that SWI/SNF
can remodel tetramer arrays. However, SWI/SNF remodeling of tetramer arrays appears
to be quantitatively less efficient than SWI/SNF remodeling of nucleosomal arrays, as the
rate of cleavage of tetramer arrays in the presence of SWI/SNF was 30% slower than that

of nucleosomal arrays in the presence of SWI/SNF (Figure IV-2, see also Table IV-1).

SWI/SNF activity is not catalytic on arrays of (H3/H4); tetramers. Previously
we showed that SWI/SNF is able to catalytically remodel multiple nucleosomal arrays
and that histone N-terminal domains are required for this reaction (Logie and Peterson,
1997; Logie et al., 1999). As remodeling of tetramer arrays appears to be quantitatively
less effective than remodeling of nucleosomal arrays (see above), we investigated
whether SWI/SNF was able to function catalytically, or only stoichiometrically, on
tetramer arrays. Remodeling assays were carried out in which there was a 10-fold molar
excess of array to remodeling complex (12 nM array to 1.2 nM SWI/SNF). Consistent
with previous data, SWI/SNF was able to stimulate HinclI cleavage of nucleosomal

arrays throughout the 150 minute time course (Figure IV-3A, left panel; see also Logie
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and Peterson, 1997; Logie et al., 1999). However, there was only minor stimulation of
HinclI cleavage by SWI/SNF on tetramer arrays (Figure IV -3A; right panel). In fact, the
rate of Hincll cleavage on tetramer arrays in the presence of SWI/SNF approximated the
rate determined in the absence of remodeling complex (Figure IV-2A, right panel; and
Table IV-1). Figure IV-3B shows the quantification of the amount of SWI/SNF-
dependent array cleavage during the 150 minute time course. As expected, SWI/SNF
was able to perform approximately 2.5 rounds (3 nM of array cleaved by 1.2 nM
SWI/SNF) of nucleosomal array remodeling in 150 minutes (~50 minutes per round; see
also (Logie and Peterson, 1997). In contrast, SWI/SNF was unable to complete even one
round of remodeling on tetramer arrays (0.3 nM array cleaved due to 1.2 nM SWI/SNF)
during the time course. Therefore, SWI/SNF is unable to catalytically remodel multiple
arrays of (H3/H4), tetramers.

One possible explanation for the lack of catalytic remodeling of tetramer arrays
may be that SWI/SNF has a higher affinity for tetramer arrays and is thus defective for
product release (analogous to the explanation for the lack of catalytic remodeling of
trypsinized nucleosomal arrays discussed in Logie et al., 1999). In order to investigate
this possibility, SWI/SNF remodeling reactions were assembled which contained labeled
nucleosomal array and a 3-fold or 12-fold molar excess of free DNA, nucleosomal,
trypsinized nucleosomal, or tetramer competitor array. Under these conditions, tetramer
arrays competed for SWI/SNF activity to the same extent as nucleosomal arrays or free
DNA. In contrast, trypsinized nucleosomal arrays were markedly more potent in

competing for SWI/SNF activity (data not shown; see also Logie et al., 1999). This
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Figure IV-3. SWI/SNF activity is not catalytic on arrays of (H3/H4),
tetramers. A. Representative time course for Hincll digestion of 12 nM nucleosomal (left
panel) or (H3/H4), tetramer (right panel) arrays in the presence or absence of 1.2 nM
SWI/SNF complex. The “0” time point reflects a 30 minute preincubation with Hincll in
the absence of SWI/SNF. B. Quantification of the data shown in Panel A. Data is
presented as the remodeler-dependent Hincll cleavage of either nucleosomal or tetramer
arrays versus time. Remodeler-dependent Hincll cleavage events were obtained by
subtracting the fraction of cleaved arrays in the absence of SWI/SNF (squares in part A)
from the fraction of cleaved arrays in the presence of SWI/SNF (circles in part A). Data

are presented as nanomolar remodeled nucleosomal arrays versus time.
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suggests that the defect in catalytic remodeling of tetramer arrays, unlike the defect in
catalytic remodeling of trypsinized nucleosomes, was not due to a higher affinity of

SWI/SNF for these arrays.

SWI/SNF remodeling does not require disruption of the (H3/H4), tetramer.
Chicken histone octamérs contain only two cysteine residues (Cys110 of each of the two
copies of histone H3), and these cysteine residues are in close apposition within the
interior of the histone octamer near the dyad axis of symmetry (Camerini-Otero and
Felsenfeld, 1977; Luger et al., 1997). The cysteine residues normally are inaccessible to
chemical modification, although denatured histone H3 can be disulfide-linked or
chemically modified in vitro with minimal perturbation to the subsequently reconstituted
histone octamer (Camerini-Otero and Felsenfeld, 1977; Ausio et al., 1984b; Protacio and
Widom, 1996). In contrast, these cysteine residues appear to be more exposed to solvent
in nucleosomes isolated from transcriptionally active chromatin (Allegra et al., 1987,
Chen et al., 1991; Prior et al., 1983) or when nucleosomes are exposed to higher salt
concentrations (Dieterich et al., 1978; Dieterich et al., 1979).

To investigate whether SWI/SNF action might require a structural transition of
the (H3/H4), tetramer, we reconstituted nucleosomal arrays with histone octamers that
contain disulfide-linked histone H3 (Figure IV-1B, lane 3; see Experimental procedures
for details). As described above, 3 nM of nucleosomal or disulfide-linked nucleosomal

array was incubated in the presence or absence of SWI/SNF and 1 mM ATP. In the

absence of SWI/SNF, the first order rate of cleavage by Hincll was 3.8 x 10 for the
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Figure IV-4. SWI/SNF can remodel nucleosomal arrays reconstituted with
disulfide-linked histone octamers. A. Representative time course for HinclI digestion of
3 nM nucleosomal (left panel) or disulfide-linked nucleosomal (right panel) array in the
presence or absence of 3 nM SWI/SNF. The “0” time point reflects a 20 minute
preincubation with Hincll in the absence of SWI/SNF. B. Quantification of data shown in
Panel A. Results are presented as the concentration of nucleosomal and tetramer arrays
cleaved by HinclI in the presence of SWI/SNF during the initial 10 minutes of the reaction.
Similar results were obtained in at least three different experiments using independent
nucleosomal and disulfide-linked nucleosomal array reconstitutions and SWI/SNF

preparations.
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disulfide-linked nucleosomal array compared to 2.4 x 10" for nucleosomal arrays (Figure

IV-4A; Table IV-1). This is consistent with previous observations that disulfide-linked
histone octamers can be reconstituted into nucleosomes that are not grossly different from
cannonical nucleosomes (Camerini-Otero and Felsenfeld, 1977; Ausio et al., 1984b;

Protacio and Widom, 1996; see also Figure IV-1C). We then quantified the ability of

| SWI/SNF to increase the accessibility of nucleosomal DNA to restriction enzyme

I cleavage on the disulfide-linked and nucleosomal arrays. In the presence of SWI/SNF
complex, Hincll cleavage was stimulated 25-fold on the disulfide-linked arrays and 37-
fold on the control nucleosomal arrays (Figure [V-4A and Table IV-1). Furthermore, the
first order rate of HinclI cleavage in the presence of SWI/SNF was nearly identical for
the disulfide-linked and control nucleosomal arrays (Figure IV-4B, Table IV-1). These
data strongly suggest that structural perturbation of the histone (H3/H4), tetramer is not

an obligatory intermediate or product of ATP-dependent nucleosome remodeling.

SWI/SNF action does not alter the steady state fluorescence of AEDANS-
modified arrays. The cysteine residue of histone H3 can also be modified with sulthydryl-
specific fluorescent groups (Cantor et al., 1981; Daban and Cantor, 1989; Dieterich et al.,

1978; Dieterich et al., 1979; Eshaghpour et al., 1980; Feinstein and Moudrianakis, 1986).

For instance, reconstitution of nucleosomes with AEDANS-labeled H3 does not cause a

significant perturbation of nucleosome structure (Dieterich et al., 1978, Dieterich et al.,

1979; Protacio and Widom, 1996), and steady state AEDANS fluorescence has been used

to detect changes in octamer conformation as a function of monovalent cation
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concentration (Dieterich et al., 1978; Dieterich et al., 1979). We used this method in an
attempt to detect more subtle or transient changes in histone octamer integrity and
conformation as a result of ATP-dependent SWI/SNF activity.

Nucleosomal and tetramer arrays were reconstituted after modification of histone
H3 with the sulthydryl-specific fluorescent probe AEDANS (Dieterich et al., 1978;
Dieterich et al., 1979); see Experimental procedures for details). To confirm that the
modification did not disrupt the structure of the arrays or affect the activity of SWI/SNF,
we quantified the kinetics of HincllI cleavage of the AEDANS-modified nucleosomal
arrays in the presence or absence of SWI/SNF activity. In the absence of SWI/SNF the
first order rate of cleavage by HinclI was 6.6 x 10°® for the AEDANS-modified
nucleosomal arrays and 2.4 x 10°® for the nucleosomal arrays (Figure IV-5A; Table IV-1).
The higher rate of cleavage observed for the AEDANS nucleosomal arrays indicates that
this histone H3 modification may cause a slight perturbation in the structure or stability of
the arrays. In the presence of SWI/SNF complex, however, the rate of Hincll cleavage was
néarly identical for the AEDANS-modified and nucleosomal arrays (Figure IV-5A; Table
IV-1). Thus the data indicates that SWI/SNF is fully functional on arrays reconstituted
with AEDANS-H3.

AEDANS-modified nucleosomal and tetramer arrays were titrated with increasing
NaCl concentrations in the ébsence of SWI/SNF and fluorescence emission intensities were
recorded 30 seconds after each adjustment of NaCl concentration. Consistent with
previous studies (Dieterich et al., 1978; Dieterich et al., 1979), a dramatic decrease in

fluorescence emission intensity was detected with increasing NaCl concentration,
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Figure IV-5. Effects of SWI/SNF on steady state fluorescence emission
intensity of nucleosomal and tetramer arrays reconstituted with AEDANS-H3.
Panel A. SWI/SNF can remodel AEDANS-labeled nucleosomal arrays (see also Table I).
Representative time course for HinclI digestion of 3 nM nucleosomal (left panel) or
AEDANS-modified nucleosomal (right panel) arrays in the presence or absence of 3 nM
SWI/SNF. The “0” time point reflects a 20 minute preincubation with HinclII in the
absence of SWI/SNF. Similar results were obtained in at least three different experiments
using independent nucleosomal and AEDANS-modified nucleosomal array reconstitutions.
Panel B. Fluorescence emission spectra of AEDANS-modified nucleosomal and tetramer
arrays. The upper and lower left panels illustrate the effect of increasing concentrations of
NaCl on the steady state fluorescence of the modified nucleosomal arrays and tetramer
arrays, respectively. Fluorescence emission intensities are shown in arbitrary units for
AEDANS-modified arrays at equilibrium in 50 mM NacCl; 30 seconds after adjustment to
75, 150, 300, and 600 mM NaCl, and 1, 2, 4, 8, and 16 hours after adjustment to 600 mM
NaCl. The upper and lower right panels illustrate the effect of SWI/SNF and ATP on the
fluorescent-labeled nucleosomal and tetramer arrays, respectively. Fluorescence emission
intensities are shown in arbitrary units for AEDANS-modified arrays at equilibrium in 5
mM MgCl,, 50 mM NaCl, 10 mM Tris-HCI (pH 8.0), and 1 mM DTT (line); 5 minutes
after addition of SWI/SNF to 10 nM (long dashes), and 5, 10, and 60 minutes after
subsequent addition of ATP to 1 mM (medium dashes, short dashes, and dots,
respectively). The experiment yielded identical results in the presence of 2 nM or 20 nM

SWI/SNF (data not shown).
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Table IV-1. Comparative Analysis of Array Substrates

Rates of HincII Cleavage AEE-_V SWI/SNF-dependent

Array Substrate *Kconf -SWI/SNF +SWI/SNF Rate stimulation
Nucleosomal 43x10™ 2.4 % 10° (+/-2.0x107) 9.2 x 107 (+-1.0x10™y 37X (H-14%)
Tetramer 23x10° 1.3x 107 (+-1.7x10°) 6.4 x 107 (+-6.6x10°% 5% (+-17%)
Disulfide-linked 6.8x10™ 3.8x 10 (+/2.8x107 9.6 % 10™ (+/-1.7x10) 25X (+/-19%)
Nucleosomal

AEDANS-labeled 1.2x 107 6.6 x 10° (+/-8.0x107 1.1x 10™ (+-1.5x107) 17x (+-18%)
Nucleosomal

*Kconf is the Conformational Equilibrium Constant and is defined as the ratio of the rate of digestion of
substrate array to the rate of digestion of naked DNA per unit enzyme (Polach and Widom, 1995). The
rate of digestion of naked DNA per unit enzyme used for the Kconf determination is 5.6 x 10 min™..
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suggesting increased solvent accessibility of the internal structure of the histone octamer
(Figure IV-5B, left panels). After adjustment of NaCl concentration to 600 mM,
fluorescence emission intensities of nucleosomal and tetramer arrays were monitored as a
function of time (Figure IV-5B, left panels). Consistent with previous results (Dieterich et
al., 1978; Dieterich et al., 1979), a biphasic decrease in fluorescence emission intensity was
observed, with a fast compoﬁent on the second time scale (and complete within 30 seconds)
and a slow component on the hour timescale (and complete within 4 hours). These salt-
dependent decreases in fluorescence emission intensity were observed for both
nucleosomal and tetramer arrays, indicating that the observed decreases are not due to
disruption of the interface between the (H3/H4), tetramer and the H2A/H2B dimers.
However, we note that AEDANS-modified tetramer arrays exhibit a ~3-fold lower
fluorescence emission intensity than AEDANS-modified nucleosomal arrays (see Figure
IV-5B, left panels), suggesting that the presence of the H2A/H2B dimers decreases solvent
accessibility of the (H3/H4), tetramer.

We next measured the effect of SWI/SNF remodeling activity on the steady state
fluorescence of AEDANS-modified nucleosomal or tetramer arrays. SWI/SNF (2, 10, 20
nM) was added to arrays (4 nM) equilibrated in remodeling buffer (see Experimental
Procedures for details) in the absence of ATP and emission intensities were recorded
(Figure IV-5B; right panel, and data not shown). Subsequently, ATP was added to a final
concentration of 1 mM, and emission‘intensities were recorded 5, 10, and 60 minutes after
its addition (Figure 5B; right panel). In striking contrast to NaCl titration (Figure IV-5B,

left panels), neither the binding of SWI/SNF (which occurs in the absence of ATP) nor
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ATP-dependent remodeling altered the fluorescence emission intensities of arrays (Figure
IV-5B, right panels). Addition of HinclI directly to the reaction cuvettes confirmed that
SWI/SNF and ATP stimulated HinclI cleavage of the arrays, and thus, was active under
these conditions (data not shown). Thus, these data indicate that SWI/SNF ‘remodeling is
not accompanied by the loss of the H2A/H2B dimers or by disruption or changes in the

internal accessibility of the (H3/H4), tetramer.

Discussion

The Saccharomyces cerevisiae SWI/SNF complex is the paradigm of a family of
eukaryotic protein assemblies that function in an ATP-dependent manner to alter
chromatin structure. Although it is evident that chromatin remodeling by SWI/SNF and
other related complexes results in enhancea accéssibility of nucleosomal DNA and an
increased mobility of nucleosomes, the mechanism by which this reaction occurs remains
controversial. This study was designed to directly test simple predictions for several

models that have been proposed for ATP-dependent chromatin remodeling.

The “dimer disruption” model. In the extreme case, the “dimer disruption”
model predicts that ATP-dependent remodeling by SWI/SNF will generate a (H3/H4),
tetramer. Although assembly of a (H3/H4), tetramer is sufficient to position at least 90
bp of DNA (Luger et al., 1997), several studies have shown that DNA-tetramer particles
are more accessible to DNA binding proteins (Hayes and Wollffe, 1992; Spangenberg et

al., 1998; Tse et al., 1998¢), and removal of the histone H2A/H2B dimers facilitates
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transcription in vitro (Hansen and Wolffe, 1994). A simple prediction of such a model is
that the accessibility of DNA within (H3/H4), tetramer arrays should be equivalent to
that of nucleosomal DNA after SWI/SNF remodeling. However, we find that DNA
wrapped around a (H3/H4), tetramer is only about 5-fold more accessible to Hincll
digestion compared to DNA assembled onto a complete histone octamer. SWI/SNF
action, on the other hand, enhances nucleosomal DNA accessibility by ~35-fold (see
Table IV-1). Thus, the remodeled state of a nucleosome is not equivalent to a (H3/H4),
tetramer. The “dimer disruption” model also predicts that SWI/SNF will not be able to
enhance the accessibility of (H3/H4), tetramers. We found, however, that SWI/SNF can
remodel arrays of (H3/H4), tetramers, which leads to an additional 5-fold enhancement
of Hincll cleavage rates. Finally, we show that fluorescence emission intensity of
AEDANS-modified tetramer arrays is significantly lower than that of AEDANS-
modified nucleosomal arrays (presumably due to increased solvent accessibility of the
internal structure of the tetramer) (Figure IV-5B). The fact that SWI/SNF remodeling of
AEDANS-modified nucleosomal arrays does not decrease fluorescence emission
intensity from the level characteristic of nucleosomal arrays to the level of tetramer
arrays (Figure IV-5B, right panels) also indicates that remodeling does not involve dimer

disruption. Thus, SWI/SNF action does not convert a nucleosome into a tetramer.

The “nucleosome spooling” model. The “nucleosome spooling” model for
SWI/SNF action is based on the mechanism for passage of some RNA polymerases

through a nucleosome (Studitsky et al., 1994). This model proposes that the energy of
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ATP hydrolysis might be used to translocate SWI/SNF along DNA and around a
nucleosome in a “wave-like” fashion (discussed in Pazin et al., 1997). Such ATP-driven
translocation of SWI/SNF along the DNA would disrupt histone-DNA contacts and may
also lead to movement of the histone octamer. Such a reaction mechanism might also
result in transfer of intact histone octamers onto an acceptor DNA, which has been
observed during nucleosome remodeling by the yeast RSC complex (Lorch et al., 1999).
The nucleosome “spooling” model predicts that SWI/SNF will not discriminate between
a tetramer and nucleosomal substrate. In fact, one might predict that the absence of
H2A/H2B dimers might facilitate the ability of SWI/SNF to translocate through the
residual histone-DNA interactions of the (H3/H4), tetramer. Although SWI/SNF does
remodel the (H3/H4), tetramer arrays, the apparent rate of remodeling was aﬁproximately
30% slower than the rate for nucleosomal array remodeling. Furthermore, SWI/SNF was
inactive on the (H3/H4), tetramers in remodeling reactions .where the concentration of
tetramer array was in excess over SWI/SNF. These results demonstrate that arrays of
(H3/H4), tetramers are poor substrates for ATP-dependent remodeling by SWI/SNF, a
result which is not predicted by the “nucleosome spooling” model. Furthermore,
SWI/SNF does not show ATP-dependent tracking activity in a DNA supercoiling assay
(Quinn et al., 1996), nor do other SWI2/SNF2 family members (e.g. Mot1p) demonstrate
DNA tracking activity (Auble and Steggerda, 1999). Together, these data suggest that
ATP-dependent remodeling by SWI/SNF does not involve DNA tracking nor isit

equivalent to the loss of the H2A/H2B dimers. Our data does indicate that efficient
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remodeling activity requires a cannonical histone octamer that contains both an (H3/H4),

tetramer and one or more H2A/H2B dimers.

SWI/SNF action does not perturb octamer structure. Several groups have
recently suggested the alternative possibility that SWI/SNF activity might induce a novel
conformation of the nucleosome which may involve rearrangement of the histone
octamer without loss of histone proteins (Lee et al., 1999; Lorch et al., 1998; Schnitzler et
al., 1998). This model is consistent with recent electron microscopy studies which
indicated that ATP-dependent remodeling by SWI/SNF does not chahge the protein mass
of a nucleosome and that remodeling is relatively insensitive to addition of an external
crosslinking reagent, dimethyl suberimidate to mononucleosomes or nucleosomal arrays
(Bazett-Jones et al., 1999). What is this alternate conformation? Lee et al. (1999)
proposed that human SWI/SNF might use the energy of ATP hydrolysis to rearrange one
or both H2A/H2B dimers such that only the flexible N-terminal domain is contacting
DNA close to the nucleosomal dyad. This novel octamer conformation might then have a
propensity to form the dinucleosome-like particle that was previously observed (Lorch et
al., 1998; Schnitzler et al., 1998). Alternatively, SWI/SNF action might lead to a
conformational change in the (H3/H4), tetramer which might mimic the “split
nucleosome” or “lexosome” structure that that has been proposed for the structure of
transcriptionally active chromatin (Bazett-Jones et al., 1996; Czarnota et al., 1997, Prior

et al., 1983).
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To test these possibilities we took advantage of the single cysteine residue found
within each copy of chicken histone H3. These two cysteines are buried within the
histone octamer and are located very close to each other at nucleosomal dyad axis
(Camerini-Otero and Felsenfeld, 1977; Luger et al., 1997). To test for gross changes in
the structure of the (H3/H4), tetramer, we monitored the apparent rates of remodeling of
nucleosomal arrays that contain disulfide-linked (H3/H4), tetramers. We found that
SWI/SNF remodeled these substrates with rates equivalent to nucleosomal arrays. These
data indicate that SWI/SNF action does not require a significant rearrangement of the
tetramer.

To probe for more subtle changes in the structure of the histone octamer, we also
monitored the effects of ATP-dependent remodeling on the steady state fluorescence of
AEDANS-labeled nucleosomal and tetramer arrays. Steady state fluorescence of
AEDANS-H3 has been used to detect at least three distinct conformational states of the
nucleosome as a function of salt concentration (Dieterich et al., 1978; Dieterich et al.,
1979). Furthermore, the solvent accessibility of the AEDANS group, and thus its
fluorescence emission intensity, is predicted from previous fluorescence studies to be
highly dependent on the presence of one or both histone H2A/H2B dimers
(Feinstein and Moudrianakis, 1986; see also Figure IV-5B, left panels).

We found that, in contrast to increased salt concentrations, which have large
effects on fluorescence emission intensities of nucleosomal or tetramer arrays (Dieterich
et al., 1978; Dieterich et al., 1979); see also Figure IV-5B, left panels), addition of

SWI/SNF (one SWI/SNF per two nucleosomes), with or without ATP, had no measurable
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effect on fluorescence emission intensities (Figure IV-5B, right panels). These data
suggest that SWI/SNF does not change the overall structure or the solvent accessibility of

the histone octamer or tetramer.

What is ATP-dependent chromatin remodeling? Our data are consistent with
previous suggestions that ATP-dependent nucleosome remodeling by SWI/SNF disrupts
histone-DNA contacts without a structural change in the histone octamer (Bazett-Jones et
al., 1999; Cote et al., 1998); discussed in Peterson, 1998). How does SWI/SNF
accomplish this feat? The remodeling reaction randomizes the rotational setting of both
wraps of nucleosomal DNA without removing most of the DNA from the octamer
surface (Cote et al., 1998). Furthermore, SWI/SNF action does not enhance the reactivity
of nucleosomal DNA to potassium permanganate indicating that remodeling does not
involve an unwinding of the DNA double helix (Cote et al., 1998). We favor models in
which the energy of ATP hydrolysis is used to rotate the DNA helix along its long axis
relative to the histone octamer. In one such model, SWI/SNF would remain at a fixed
position relative to the histone octamer, and both SWI/SNF and the octamer would
remain in a fixed translational position relative to DNA. In this model, SWI/SNF would
rotate the DNA helix back and forth with each round of ATP hydrolysis, changing
rotational phasing and disrupting histone-DNA contacts throughout both wraps of
nucleosomal DNA. In another similar model, SWI/SNF would remain in a fixed position
relative to the octamer, but SWI/SNF and the ocfamer would not remain in a fixed

translational position relative to the DNA. In this model ATP-driven DNA helix rotation
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would “screw” the octamer along the DNA helix, changing the translational position of
the octamer (analogous to a model proposed in (Varga-Weisz and Becker, 1995). Either
of these models would be consistent with previous data (see above, Cote et al., 1998) as
well as with recent studies indicating that several members of the SWI/SNF family of
chromatin remodeling complexes can enhance nucleosome mobility (Hamiche et al.,
1999; Jaskelioff et al., 2000; Langst et al., 1999; Whitehouse et al,, 1999). Studies

designed to test and distinguish between these models are in progress.

Experimental Procedures

Reagent preparation. Array DNA template was isolated by digestion of plasmid
pCL7¢ with Notl, HindIII, and Hhal (New England Biolabs) followed by FPLC
purification on Sephacryl-500 (Pharmacia) essentially as described (Logie and Peterson,
1997; Logie and Peterson, 1999). Array DNA template was end-labeled as described
(Logie and Peterson, 1997; Logie and Peterson, 1999).

Chicken erythrocyte histone octamers were purified from chicken whole blood (Pel-
Freez) as described previously (Hansen et al., 1989). Tetramers were provided as a kind
gift from Jeff Hansen and were purified by stepwise elution from hydroxylapatite columns
as described (Hansen et al., 1989). Tetramers were dialyzed against Buffer T (1M NaCl,
10 mM Tris-HCI, pH 8.0, 0.25 mM EDTA, 0.1 mM DTT) prior to array reconstitution.
Disulfide-linked histone octamers were generated by first diluting histone octamers 2-fold
with Buffer D1 (10M urea, 2 M NaCl, 20 mM T ris-HCI, pH 8.0) followed by dialysis

against Buffer D2 (5M urea, 2 M NaCl, 10 mM Tris-HCI, pH 8.0) at 4° C with constant
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agitation for 4 days. Histone octamers were then reconstituted by dialysis against Buffer
D3 (2 M NaCl, 10 mM Tris-HCl (pH 8.0), 0.25 mM EDTA). Histone H3 oxidation
efficiency was analyzed by SDS-PAGE in the absence of reducing agent (see Figure IV -B,
lane 3). AEDANS-modified histone H3 was generated by first diluting histone octamers 2-
fold with Buffer D1, followed by addition of iodoacetylethylenediamine-(1,5) napthol
sulfonate (1,5-IAEDANS; Molecular Probes, Inc.) at a molar ratio of 20:1 (1,5-
IAEDANS:H3) and incubation for 2 hours at room temperature on a nutator. Reactions
were quenched with an excess of B-mercaptoethanol (Sigma) and dialyzed against Buffer
D2 to remove unreacted 1,5-IAEDANS. Samples were then dialyzed against Buffer D3 to
reconstitute histone octamers. Labeling specificity was verified by visualization of the
corresponding fluorescent histone band upon illumination with longwave ultraviolet light.

SWI/SNF complex was purified from yeast strains CY396 or CY743 (sin3A) as
described in Logie and Peterson (1999). The concentration of complex was determined to
be approximately 300 nM by comparative Western Blot and by ATPase assays (Logie and
Peterson, 1997; Logie and Peterson, 1999).

Reconstitution and analysis of nucleosomal arrays. Arrays were reconstituted onto
the 208-11S DNA template (Figure IV-1A) in a slide-a-lyzer dialysis cassette (Pierce)
using the salt dialysis protocol of Hansen and Lohr (Hansen and Lohr, 1993). Octamer
concentrations were determined by Aj3g (Stein, 1979). Array saturation and
nucleosome/tetramer positioning was determined by EcoRI or Mspl digestions using
approximately 20 nM array in Remodeling Buffer (5 mM MgCl,, 50 mM NaCl, 10 mM

Tris-HCL (pH 8.0), 1 mM DTT) as previously described (Hansen et al., 1989; Logie and




153

Peterson, 1997; Logie and Peterson, 1999; Logie et al., 1999). Arrays were digested for 30
minutes at 37° C and the reactions were electrophoresed on 4% native polyacrylamide gels
(See Figure IV-1C). The gel was briefly soaked in 2 pg/ml ethidium bromide and
photographed under ultraviolet illumination.

Assay conditions. Coupled array remodeling-restriction reactions were performed
in a final concentration of 5 mM MgCl,, 50 mM NacCl, 10 mM Tris-HCL (pH 8.0), | mM
DTT, 0.1 mg/ml BSA, 1 mM ATP, and 500 U/ml Hincll (New England Biolabs) as
previously described (Logie and Peterson, 1997; Logie and Peterson, 1999; Logie et al.,
1999).

Fluorescence spectroscopic studies were carried out using a PTI
QM1/SE901/SE910Q fluorescence spectrophotometer. Samples were excited at 344 nm
(slit width = 2.5 nm), and emission intensities were recorded from 450 nm to 500 nm (slit
width = 4 nm). Samples (80 pl in quartz microcuvettes) contained 4 nM AEDANS-labeled
octamer or tetramer array in Remodeling Buffer (described above) at room temperature. In
experiments assessing effects of monovalent salt, emission intensities were recorded
initially 0.5 minutes after adjustment to 50, 75, 150, and 300 mM NacCl; and 0.5, 60, 120,
240, 480, and 960 minutes after subsequent adjustment to 600 mM NaCl. In experiments
assessing effects of SWI/SNF, emission intensities were recorded initially at 5 minutes
after addition of a final concentration of 2, 10, or 20 nM purified SWI/SNF and 5, 10, and
60 minutes after subsequent addition of a 1 mM final concentration of ATP. For samples
in which SWI/SNF, ATP, or salt was added to the arrays, data were corrected for a buffer

addition control. All data were corrected for dilution.
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Chapter V
Functional Delineation of Three Groups of the ATP-dependent Family of

Chromatin Remodeling Enzymes

Introduction

The assembly of eukaryotic DNA into folded nucleosomal arrays is likely to have
a major impact on the efficiency or regulation of nuclear processes that require access to
the DNA sequence, including RNA transcription, DNA replication, recombination, and
repair. In fact, it is now generally recognized that disruption or remodeling of chromatin
structure may be a prerequisite step for most of these nuclear DNA transactions (Burns
and Peterson, 1997a; Cairns, 1998; Muchardt and Yaniv, 1999). Two classes of highly
conserved chromatin remodeling enzymes have been implicated as regulators of the
repressive nature of chromatin structure — the first class includes enzymes that covalently
modify the nucleosomal histones (acetylation, phosphorylation, methylation, ADP-
ribosylation, ubiquitination; reviewed by Spencer and Davie, 1999; Strahl and Allis,
2000), and the second class is composed of multi-subunit complexes that use the energy
of ATP hydrolysis to disrupt histone-DNA interactions (reviewed in Pollard and
Peterson, 1998; Kingston and Narlikar, 1999).

Each member of the ATP-dependent family of chromatin remodeling enzymes
contains an ATPase subunit that is related to the SWI2/SNF2 subfamily of the DEAD/H

superfamily of nucleic acid stimulated ATPases (Eisen et al., 1995). Seventeen members
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of the SWI2/SNF2 family have been identified in the yeast genome (Pollard and
Peterson, 1998), and to date, four of these ATPases have been purified as subunits of
distinct chromatin remodeling complexes SWI/SNF (Cairns et al., 1994; Cote et al.,
1994), RSC (Cairns et al., 1996b), ISW1 and ISW2 (Tsukiyama et al., 1999). Additional
ATP-dependent remodeling complexes that harbor SWI2/SNF2 family members have
been identified in Drosophila [ACF (Ito et al., 1997), ANURF (Tsukiyama et al.,
1995);dCHRAC (Varga-Weisz et al., 1997), Brahma (Elfring et al., 1994; Papoulas et al.,
1998)] , human [hNSWI/SNF (Kwon et al., 1994), NURD (Tong et al., 1998; Xue et al.,
1998; Zhang et al., 1998), RSF (LeRoy et al., 1998)], and frog [xMi-2 (Wade, 1998)].

| Although these complexes have a variable number of subunits (i.e. 2-15), and many
different types of assays have been used to monitor the activity of individual complexes,
each enzyme can apparently use the energy of ATP hydrolysis to alter chromatin
structure and to enhance the binding of proteins to nucleosomal DNA binding sites
(reviewed in Kingston and Narlikar, 1999; Muchardt and Yaniv, 1999). Furthermore, in
the case of the ySSWI/SNF, Drosophila Brahma, and hSWI/SNF complexes, remodeling
is required for transcriptional regulation of target genes in vivo (de la Serna et al., 2000;
Deuring et al., 2000) for review see Kingston and Narlikar, 1999)..

ATP-dependent chromatin remodeling complexes have been further divided into
three groups based on whether the sequence of the ATPase subunit is more related to
yeast SWI2 (ySWI/SNF, RSC, Brahma, hSWI/SNF), Drosophila ISWI (ISW1, ISW2,
dNURF, dCHRAC, dACF, hRSF), or human Mi-2 (hNURD, xMi-2) (reviewed in

Muchardt and Yaniv, 1999). Although each of these ATPases share a SWI2/SNF2-like
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ATPase domain, they harbor additional, unique sequence motifs adjacent to the ATPase
domain that are characteristic of each group — the SWI2 group contains a bromodomain
(Tamkun et al., 1992), the ISWI group contains a SANT domain (Aasland et al., 1996),
and the Mi-2 group contains a chromodomain (Paro and Hogness, 1991). Differences
among some groups are also apparent in the nucleic acid cofactor required for stimulation
of ATPase activity. For enzymes that contain a SWI2-like ATPase (ySWI/SNF, yRSC,
hSWI/SNF), ATPase activity is stimulated equally well by “free” DNA or nucleosomes
(Cairns et al., 1996b; Cote et al., 1994; Phelan et al., 1999). In contrast, the ATPase
activity of enzymes that contain an ISWI-like or Mi-2-like ATPase is optimally
stimulated by nucleosomes (Tong et al., 1998; Tsukiyama and Wu, 1995; Wade, 1998;
Xue et al., 1998; Zhang et al., 1998). In the case of ISWI-like ATPases, this requirement
for nucleosomal DNA may reflect obligatory interactions with the trypsin-sensitive,
histone N-terminal domains (Georgel et al., 1997).

Here we report the first direct comparison of the biochemical properties of six
different chromatin remodeling enzymes (ySWI/SNF, yRSC, dCHRAC, dNURF,
hSWI/SNF, xMi-2) which encompass all three previously suggested groups.
Surprisingly, each complex shows nearly identical ATPase activity on nucleosomal array
substrates, and they are each able to facilitate nucleosome mobilization within an array at
nearly equivalent rates. We have also investigated the nucleosome substrate
requirements for each enzyme by using reconstituted arrays with hyperacetylated or
trypsinized histone octamers, as well as histone (H3/H4), tetramers. ATPase and

remodeling assays with these different substrates identify new common features, as well
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as new distinctions among enzymes. In addition, we test the ability of the GAL4-VP16
chimeric transcriptional activator to recruit these remodeling complexes to a nucleosomal
array substrate. We report that yeast SWI/SNF is uniquely potent for recruitment by
GAL4-VP16 in this assay. Our data are consistent with the differential regulation of

ATP-dependent enzymes that each share a similar mechanism of nucleosome remodeling.

Results

ATPase and remodeling activities of chromatin remodeling enzymes. In order
to quantify the nucleosome remodeling activity of ATP-dependent remodeling enzymés,
we have developed a biochemical assay where nucleosome remodeling activity is
coupled to restriction enzymé activity such that remodeling is revealed as an
enhancement of restriction enzyme cleavage rates (Logie and Peterson, 1997; Logie and
Peterson, 1999). This assay uses a novel nucleosomal array substrate in which the central
nucleosome of an 11-mer nucleosomal array contains a unique Sall/HinclI site located at
the predicted dyad axis of symmetry (Logie and Peterson, 1997; Logie and Peterson,
1999). Restriction enzyme kinetics are bi-phasic in this system; the first phase is rapid
and reflects the fraction of Sall/HinclI restriction sites that are not occluded by a
nucleosome (due primarily in our assays to nucleosomes that occupy minor translational
positions; see Dong et al., 1990; Logie and Peterson, 1997; Pennings et al., 1991). The
second phase is slow and reflects a dynamic equilibrium between the occluded and
“open” nucleosomal DNA states (Polach and Widom, 1995; Polach and Widom, 1996).

In previous studies, addition of yeast SWI/SNF and ATP stimulated the second phase of
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Sall/HinclI digestion 20- to 30-fold (Logie and Peterson, 1997; Logie et al., 1999).
Recently we have found that SWI/SNF remodeling leads to a rapid redistribution of
nucleosome positions within these arrays and that the apparent rate of remodeling
determined in this assay provides an estimate of the rate of nucleosome mobilization
(Jaskelioff et al., 2000).

Purified preparations of ySWI/SNF, yRSC, hSWI/SNF, dCHRAC, dNURF, and
xMi-2 were analyzed in parallel for nucleosome-stimulated ATPase activity (see
Experimental Procedures). Each complex was titrated in an ATPase reaction that
contained 100 uM ATP and12 nM of a reconstituted, 11-mer nucleosomal array.
Surprisingly, the approximate concentration of each remodeling complex that was
required to achieve equivalent velocities of ATP hydrolysis were similar; for ySWI/SNF
(2 nM), yRSC (2 nM), hSWI/SNF (5 nM), dCHRAC (2 nM), and dNURF (4 nM); each
complex catalyzed the hydrolysis of 450-600 nmol of ATP per minute (Figure V-1A, see
also Logie et al., 1999). xMi-2 was slightly less active in this assay as ~15 nM was
required to achieve this level of ATPase activity (Figure V-1A). Given that our estimates
of active enzyme concentrations are only approximate (see Experimental Procedures), the
data shown in Figure V-1A indicate that each of these enzymes have similar nucleosome-
stimulated ATPase activities within an order of magnitude. The similar levels of ATPase
activity among complexes was unexpected given that each complex has different
associated subunits which, at least in the case of the h\SWI/SNF complex, can have a
large impact on the ATPase activity of the catalytic subunit (i.e. BRG1; Phelan et al.,

1999).
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Figure V-1. Comparison of ATPase and remodeling activities of ATP-
dependent chromatin remodeling complexes. A. ATPase assays. The indicated
remodeling complexes (~1-5 nM ySWI/SNF, hSWI/SNF, dNURF, dCHRAC or ~15 nM
xMi-2) were analyzed in ATPase reactions that contained (closed symbols) or lacked
(open symbols) 12 nM of nucleosomal array, and ATP hydrolysis was monitored with
time. Velocities of ATP hydrolysis were calculated from at least three reaction
timepoints. B. Nucleosomal array remodeling assays. HinclI digestion of nucleosomal
arrays incubated in the presence (closed symbols) or absence (open symbols) of the
indicated remodeling complexes. Hincll digestion rates were calculated from the slopes
of plots of the natural logarithm of the fraction of uncut array vs time. These results are
representative of multiple, independent experiments. Similar results were also obtained

with at least two independent enzyme preparations for each complex except yRSC.
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To assess the capacity of the six different complexes to remodel an 11-mer
nucleosomal array, each remodeling enzyme (1-5 nM ySWI/SNF, yRSC, hSWI/SNF,
dCHRAC, dNURF or 15 nM xMi-2) was added to 1.5 nM nucleosomal array and the
initial rates of HinclI digestion were measured in parallel reaction time courses in the
presence of ATP. We found that all six complexes enhanced the rate of Hincll digestion
essentially equivalently (Figure V-1B; see also Logie et al., 1999 for a detailed
comparison of ySWI/SNF and yRSC). The dCHRAC complex reproducibly yielded an
approximately 2-fold lower rate of HincII digestion than all other complexes which
probably reflects the fact that a significant amount of the ATPase activity of dCHRAC
appears to be contributed by topoisomerase II (see below). Since the initial rate of HinclI
digestion provides an indirect measurement of the rate of remodeling, these data indicate
that all six enzymes use similar amounts of ATP to remodel nucleosomal arrays at similar
rates. Furthermore, since it appears that this coupled restriction enzyme-remodeling
assay monitors the rate of nucleosome mobilization (Jaskelioff et al., 2000), all six
enzymes can apparently redistribute nucleosomes within an array at comparable rates.

A hallmark of our nucleosbmal array assay is that the SWI/SNF- dependent
enhancement of restriction enzyme accessibility requires continuous ATP hydrolysis
(Jaskelioff et al., 2000; Logie and Peterson, 1997). This requirement reflects a state of
constant redistribution of nucleosome positions in the presence of ATP, and the
subsequent inactivation of SWI/SNF “freezes” a random positioning of nucleosomes
which is characterized by a general occlusion of restriction enzyme sites (Jaskelioff et al.,

2000). We carried out similar remodeling/”’reversal” assays with hSWI/SNF, dCHRAC,
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dNURF, or xMi-2 and in all cases the enhanced rates of Hincll digestion were lost after
ATP was enzymatically removed with apyrase (data not shown; for gnalysis of yRSC see
Logie et al., 1999). Thus, these results indicate that all six complexes use the energy of
ATP hydrolysis to create a dynamic, reversible state of nucleosome mobilization. Our
results are consistent with previous demonstrations of mononucleosome mobilization
catalyzed by ySWI/SNF (Jaskelioff et al., 2000; Whitehouse et al., 1999), dCHRAC

(Langst et al., 1999), and dNURF (Hamiche et al., 1999).

Nucleosome moiety requirements of the chromatin remodeling complexes.
Previous studies have demonstrated that optimal ATPase activity of dNURF (Tsukiyama
and Wu, 1995), dCHRAC (Varga-Weisz et al., 1997) and xMi-2/NURD (Tong et al.,
1998; Wade, 1998; Xue et al., 1998; Zhang et al., 1998) complexes requires nucleosomal
DNA, whereas the ATPase activities of hSWI/SNF(Kwon et al., 1994), ySWI/SNF (Cote
et al., 1994)and yRSC (Cairns et al., 1996; Logie et al., 1999) complexes are stimulated
equally well by “free” DNA. Furthermore, in the case of the INURF complex, the
nucleosome stimulation of ATPase activity requires one or more trypsin-sensitive histone
N-terminal domain(s) (Georgel et al., 1997). To further define the nucleosome moiety
requirements for all six complexes, we reconstituted nucleosomal arrays with
hyperacetylated or trypsinized histone octamers, as well as with histone (H3/H4),
tetramers. To ensure that each type of array reconstitution was of similar quality, all
reconstitutions were analyzed for extent of DNA repeat saturation and for correct

positioning by multiple restriction enzyme mapping and native polyacrylamide gel
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electrophoresis (see Experimental Procedures). We then measured the ability of these
arrays to stimulate the ATPase activity of each complex (Figure V-2A). As expected,
ySWI/SNF and yRSC complex hydrolyzed ATP with similar kinetics on all substrates,
including “free” DNA (Figure V-2A; see also Logie et al., 1999). Likewise, the ATPase
activity of hSWI/SNF complex was stimulated by all substrates, with the exception that
activity was consistently 40-50% less in the presence of arrays reconstituted with histone
(H3/H4), tetramers (Figure V-2A).

In agreement with previous studies, we also found that the ATPase activity of
dNURF complex was maximally stimulated only by nucleosomal DNA (for analysis of
ATPase activity with DNA or hyperacetylated substrates, see Georgel et al., 1997); little
ATPase activity was detected with arrays reconstituted with trypsinized histone octamers
or histone (H3/H4), tetramers. Given that the ATPase activity of ANURF requires one or
more histone N-terminal domains (Figure V-2A; see also Georgel et al., 1997), the lack of
ATPase activity in the presence of the histone (H3-H4), tetramer arrays suggested that the
N-terminal domains of the histone H2A/H2B dimers might play a key role. However,
nucleosomal arrays reconstituted with hybrid histone octamers composed of intact histone
(H3-H4), tetramers and tailless histone H2A-H2B dimers yielded maximal stimulation of
dNURF ATPase activity (P. Horn and C.L.Peterson., unpublished observation). Thus, the
inability of (H3-H4), tetramer arrays to stimulate the ATPase activity of ANURF does not
reflect a key for the N-terminal domains of histone H2A/H2B dimers.

The dCHRAC complex, like AINURF, contains ISWI, which is a nucleosome-

stimulated ATPase. In addition, dCHRAC also contains topoisomerase II which is a
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Figure V-2. Nucleosome moiety requirements for ATP-dependent chromatin
remodeling enzymes. A. ATPase assays. The indicated remodeling enzymes were added
to ATPase assays that contained either 208-11S DNA template (DNA) or 208-118 arrays
reconstituted with histone octamers, hyperacetylated histone octamers, trypsinized histone
octamers, or isolated (H3-H4), tetramers. Each reaction represented an ATPase
timecourse, and ATP hydrolysis velocities were calculated for each substrate. Data is
presented as a percentage of the ATPase velocity exhibited with the nucleosomal array
substrate. Data shown for yRSC is the result of a single experiment which essentially
repeated our prior study (Logie et al., 1999). * Denotes that ATPase assays with DNA and
hyperacetylated array substrates were not performed with INURF (see Geogel et al., 1997
for detailed analysis). B. Nucleosomal array remodeling assays. Hincll digestion rates
were determined for each enzyme on each array substrate. For each substrate, rates were
calculated from the slopes of plots of the natural logarithm of the fraction of uncut array
versus time. Data is presented as a percentage of the remodeler-dependent Hincll
digestion rate of the nucleosomal array. With the exception of yRSC, the results shown
include experiments with at least two independent enzyme preparations for each complex.

* Denotes that remodeling of tetramer arrays was not performed with yRSC.
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DNA-stimulated ATPase (Varga-Weisz et al., 1997). Thus, the ATPase activity
associated with dCHRAC is a composite of ISWI and topoisomerase II which complicates
the analysis of the substrate preferences of this complex (Figure V-2A). The ATPase
activity of dCHRAC was stimulated by all substrates, although ATPase activity is
reproducibly higher in the presence of nucleosomal or hyperacetylated arrays. Since the
ATPase activity of NURF is only stimulated by a nucleosomal or hyperacetylated
substrate (Figure V-2A; see also Georgel et al., 1997), our data suggest that only 30-40%
of the overall ATPase activity of CHRAC is due to the ISWI subunit, and the remaining,
DNA-stimulated ATPase activity, is due to topoisomerase II.

The ATPase activity of the xMi-2 complex was distinct from both the SWI/SNF
(ySWI/SNF, yRSC, hSWI/SNF) and ISWI groups (AINURF, dCHRAC) of ATPases
(Figure V-2A). Like the ISWI group, the ATPase activity of xMi-2 was maximally
stimulated by nucleosomal arrays, although “free” DNA did stimulate a significant
amount of ATPase activity (27% of the nucleosomal level). In contrast to the ISWI
group, arrays reconstituted with trypsinized histones were still able to stimulate the
ATPase activity of xMi-2 to nearly 70% the level of intact nucleosomal arrays. Likewise,
arrays reconstituted with hyperacetylated histones or histone (H3-H4), tetramers were
more similar to the nucleosomal arrays. Thus, the observed preference for nucleosomal
arrays does not reflect an obligatory interaction with the histone N-terminal domains.
Thus, based on a preference for a nucleosomal substrate and a lack of histone tail
dependence, xMi-2 appears to define a third group of the ATP-dependent chromatin

remodeling family.




Table V-1: Substrate Specificity of ATP-Dependent Chromatin Remodeling Complexes

Remodeling Complex Array Substrates

DNA Nucleosomal Hyperacetylated Trypsinized Tetramer

ATPase' HincIl? ATPase Hincll ATPase Hincll ATPase Hincll ATPase Hincll

ySWI/SNF + NA + + + + + + + +/-
yRSC + NA + +3 + + + 43 + ND
hSWI/SNF +- NA + + + + + + +/- -
xMi-2 +- NA + + +/- + +/- + +/- -
dCHRAC +- NA + + + + +/- - +/- -
dNURF - NA + + + + - - - ND

' Relative ATPase activity; +/- was defined as 20 -75% of nucleosomal array-stimulated ATPase activity
? Defined as remodeler-dependent Hincll cleavage of substrate arrays

3Logie et al. (1999)

*Georgel et al. (1997)




170

We also performed coupled restriction enzyme-remodeling assays for each of the
different array substrates and each remodeling complex. As shown in Figure V-2B,
remodeling of the different substrate arrays paralleled the ATPase activity of the
complexes except in three cases. First, although arrays reconstituted with histone (H3-
H4), tetramers were able to stimulate the ATPase activity of ySWI/SNF and hSWI/SNF,
the apparent rate of remodeling of these tetramer arrays was reduced 10- to 50-fold
compared to remodeling of nucleosomal arrays (Figure V-2B; Boyer et al., 2000; see also
Chapter IV of this thesis for an extensive discussion). Second, although dCHRAC
showed high leveis of ATPase activity with all substrates, it was not able to remodel
- arrays reconstituted with either trypsinized histones or with the histone (H3/H4),
tetramers (Figure V-2B). These results suggest that the ATPase activity that is
presumably contributed by the topoisomerase II subunit of dCHRAC is not sufficient to
enhance restriction enzyme accessibility in these array assays. Furthermore, the results
from this remodeling analysis indicate that dCHRAC and dNURF, which each contain
the ISWI ATPase, have indistinguishable histone moiety requirements. And finally,
although the ATPase activity of xMi-2 was stimulated well by arrays reconstituted with
hyperacetylated histone octamers and (H3-H4)2 tetramers (Figure V-2A), these arrays
were only poorly remodeled by xMi-2 (Figure V-2B). The results from Figure V-2 are

summarized in Table V-1.

Targeting of the chromatin remodeling complexes by transcriptional

activators. Recently we have shown that the remodeling activity of ySWI/SNF can be
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targeted to reconstituted nucleosomal arrays by GAL4 derivatives that contain an acidic
transcriptional activation domain (Yudkovsky et al., 1999). For these targeting assays we
used a modified array DNA template which contains five high affinity GAL4 binding
sites adjacent to the 5S repeat that harbors the Hincll/Sall site (208-11S-GAL4;
Yudkovsky et al., 1999). Reconstitution of nucleosomal arrays with this DNA template
positions the GAL4 binding éites in the linker region between two positioned
nucleosomes (Yudkovsky et al., 1999). Targeting of remodeling activity is then assayed
in Hincll reactions which contain a **P-labeled 208-11S-GAL4 array and 15-fold molar
excess of an unlabeled 208-118 array (which lacks GAL4 sites). In the absence of
targeting, the remodeling enzyme is sequestered by the excess unlabelled, competitor
array and there is little stimulation of HinclI digestion kinetics. Targeting of remodeling
activity is scored by any stimulation of HinclI digestion kinetics due to a functional
GAL4 derivative (Yudkovsky et al., 1999). Note in this assay that a GAL4 derivative
does not affect Hincll digestion kinetics in the absence of remodeling complex or when
the labeled and unlabeled arrays lack GAL4 binding sites. Previously, using this assay
we were able to detect targeting of ySWI/SNF remodeling activity by GAL4-VP16 and
GAL4-AH acidic activators (Yudkovsky et al., 1999).

We wished to investigate whether other members of the ATP-dependent family of
remodeling enzymes could also be recruited by acidic activators in our purified system.
Each of the six remodeling complexes were added in parallel to Hincll targeting assays
which contained 0.2 nM of **P-labeled 208-11S-GAL4 nucleosomal array, 3 nM

unlabeled 208-118 nucleosomal array, and 10 nM of a GAL4 derivative (Figure V-3).




172

Figure V-3. Recruitment of ATP-dependent enzymes by GAL4-VP16.
Hincll digestion kinetics of reactions containing 0.2 nM labeled 208-11S-GAL4 array, 3 nM
unlabeled 208-11S competitor array in the presence or absence of 10 nM GAL4-VP16, and in
the presence or absence of the indicated chromatin remodeling complexes. Note that addition
of GAL4-VP16 had no effect on HinclI digestion kinetics in the absence of remodeling

complex. Experiment shown is representative of multiple, independent experiments.
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'Table' V-2. Recruitment of Chromatin Remodeling Complexes by GAL4-VP16

Complex -GAL4-VPI16 (rate*) +GAL4-VP16 (rate*) fold rate stimulation
ySWI/SNF {2 x107 12x10° 6

yRSC 9%x10° 4x107 2.5

hSWI/SNEF  |2x 107 2x107° 0

dCHRAC |8x10” 6x107 -1.3

dNURF 1x10° 2x107 2

xMi-2 2x107° 2x10° 0

*First order rates of Hincll digestion of 208-11S-GAL4 nucleosomal arrays

A .




175

Under these reaction conditions, little remodeling of the labelled 208-11S-GAL4 array
was observed in the absence of activator-dependent targeting. Likewise, addition of the
isolated GAL4 DNA binding domain did not enhance Hincll digestion kinetics in the
presence or absence of remodeling enzyme (data not shown). Furthermore, similar to our
previous studies (Yudkovsky et al., 1999), the remodeling activity of ySWI/SNF was
effectively targeted to the 208-11S-GAL4 array by both the GAL4-VP16 and GAL4-AH
acidic activators, as visualized by an activator- and ySWI/SNF-dependent stimulation of
HinclI digestion kinetics (Figure V-3 and data not shown; see also Table V-2). In
contrast, the remodeling activity of yRSC, hSWI/SNF, dNURF, dCHRAC, or xMi-2 was
not significantly targeted by either GAL4-VP16 or GAL4-AH activators (Figure V-3A
and data not shown; see also Table V-1). In fact, we reproducibly observed some
activator-dependent inhibition of remodeling by dCHRAC and yRSC (Figure V-3).
Similar results were obtained in several independent experiments and with a range of
remodeler concentrations. In the case of hSWI/SNF we also failed to observe targeting in
this assay using an immunoaffinity purified form of this enzyme (Sif et al., 1998; P.
Horn, R.E. Kingston, and C.L.Peterson, unpublished observations). Thus, for the six
purified remodeling complexes tested here, only the remodeling activity of ySWI/SNF is

effectively targeted by prototype acidic activators.

Discussion

Our results indicate that six different members of the ATP-dependent family of

chromatin remodeling enzymes use similar levels of ATP hydrolysis to rapidly establish a
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dynamic state of enhanced nucleosome mobilization. This “fluid” chromatin state is
characterized by an enhanced accessibility of restriction enzymes and DNA binding
transcription factors. Furthermore, the nearly identical rates of nucleosomal array
remodeling (Figure V-1B) and the common requirement for histone H2A/H2B dimers
(Figure V-2) are consistent with a similar remodeling mechanism for all members of this
ATP-dependent family. Although the mechanistic details of “remodeling” are not clear,
all of these enzymes can apparently transduce the energy of ATP hydrolysis into an
enhanced mobilization of nucleosomes within linear arrays (as suggested in Wolffe,
1994).

In contrast to our studies with nucleosomal arrays, some differences between
remodeling complexes have been observed with mononucleosome substrates. For
example, ySWI/SNF, dNURF, and recombinant ISWI have been shown to a move
histone octamer from a central position to an end position , whereas dCHRAC and
ySWI/SNF can also move histone octamers in the opposite direction. dCHRAC,
however, also contains the ISWI ATPase, and thus these differences are not intrinsic to
the catalytic subunit or to the basic mechanism of remodeling. Alternatively, the
differences in the direction of histone octamer movement may reflect the propensity of
some complexes (such as dACHRAC) to bind to DNA ends. In this scenario, protection of
the DNA ends may block end-directed movements and favor movements from the ends to
more central locations. In contrast, on nucleosomal arrays, where free DNA ends do not
flank individual nucleosomes, we proposé that the direction of histone octamer

movement is random for all remodeling complexes. This situation is consistent with our
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observation that the rates of nucleosome remodeling in the coupled array assay are
similar for all complexes.

We were surprised to discover that arrays reconstituted with histone (H3-H4),
tetramers are not efficiently remodeled by any of the complexes tested. In the absence of
remodeling enzyme, arrays of (H3-H4), are digested at rates only 3-5 fold faster than
nucleosomal arrays (see Chapter I'V of this thesis), whereas ATP-dependent remodeling
of nucleosomal arrays typically yields 20-30 fold increases in restriction enzyme rates.
Thus, arrays of (H3-H4), tetramers still provide a potent barrier to factor access and,
furthermore, the inability to score remodeling of tetramer arrays is not due to a high level
of restriction enzyme cleavage in the absence of remodeling enzyme. Interestingly, this
requirement for the histone H2A/H2B dimers also does not reflect an obligatory need for
the N-terminal domains of these two histones, since xMi-2, ySWI/SNF, and hSWI/SNF
are insensitive to removal of all the N-terminal domains (Figure V-2A). Instead, we
favor a model in which all of these enzymes require a cannonical nucleosome structure
either for substrate recognition or for the mechanism of remodeling. For instance, these
enzymes may need to interact with two adjacent gyres of DNA in order to induce
nucleosome mobilization (see also Chapter IV of this thesis).

Our data also suggest the dileneation of three groups within the ATP-dependent
family: 1) a SWI/SNF group (ySWI/SNF, yRSC, hSWI/SNF) whose ATPase activity
does not require an intact nucleosome and whose remodeling function is independent of
the histone tails; 2) an ISWI group (INURF, dCHRAC) whose ATPase activity requires

an intact nucleosome and whose remodeling function is histone tail dependent; and 3) a
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Mi-2 group (xMi-2) whose optimal ATPase activity requires an intact nucleosome and
whose remodeling function is histone tail independent. In fact, we found that the
remodelng activity of xMi-2 was actually enhanced by removal of the histone N-terminal
domains (Figure V-2B). Similar results have been obtained previously using a subset of
the complexes tested here as well as with recombinant BRG1 (ATPase subunit of
hSWI/SNF) and ISWI. We note, however, that recombinant ISWI also shows significant
stimulation of ATPase activity by free DNA. Furthermore, like INURF and dCHRAC,
the histone N-terminal domains promote efficient remodeling by ySWI/SNF and yRSC
complexes under different reaction conditions where these enzymes must be catalytic
(Logie et al., 1999). Thus, although the different nucleosome moiety requirements are
important for defining distinctions among enzymes, these distinctions are likely to reflect
subtle differences in nucleosome recognition or in regulation of the remodeling cycle
(Logie et al., 1999; see also Peterson, 1998), rather than key differences in the basic
remodeling mechanism.

Molecular phylogenetic analysis has been used to organize the SWI2/SNF2
family of DNA-stimulated ATPases into multiple subfamilies. These studies included
sequence comparisonsvamong different SWI2/SNF2 ATPase domains as well as among
sequences N-terminal or C-terminal to the ATPase domain. Interestingly, ATPases from
three of the subfamilies defined by phylogenetic analysis are the catalytic subunits
associated with the three groups of ATP-dependent remodeling enzymes delineated by
our biochemical analyses (e.g. SWI2, ISWI, Mi-2). "fhis correspondence between such

completely different experimental approaches was not expected, since the homology
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among the ATPase domains of SWI2, ISWI, and Mi-2/CHD proteins is very high. One
possibility is that a small number of amino acid changes can lead to large differences in
nucleic acid substrate requirements (i.e. nucleosomes versus free DNA). Consistent with
this view, previous studies have found that ATPase domain swaps between two members
of the same subfamily (i.e. brahma and SWI2/SNF2) yield a SWI2 protein that retains
function in vivo in yeast, whereas, swaps between members of different families (i.e.
ISWI and SWI2/SNF2) are not functional. Alternatively, sequence elements that are
unique to each subfamily that lie outside the ATPase domain (i.e. bromodomains, SANT
domains, chromodomains) might also contribute to the interactions with the histone N-
terminal domains or other nucleosomal components.

Although our comparative analysis delineates three groups of ATP-dependent
remodeling enzymes, our data also suggests that individual enzymes within a single
group are likely to be subject to differential modes of regulation. For instance, we found
that ySWI/SNF was recruited by an acidic activator in our nucleosomal array system,
whereas other members of the SWI/SNF group (e.g. yRSC, hSWI/SNF) were not. We
anticipate that yRSC and hSWI/SNF can be recruited by other types of activators in this
assay. Likewise, members of the ISWI or Mi-2 groups are likely to be recruited by
nonacidic activators or by transcriptional repressors. These ideas are consistent with
several previous studies. First, acidic activators are unable to recruit yRSC complex to
an immobilized DNA template from a yeast nuclear transcription extract (Yudkovsky et
al., 1999). Second, Mi-2 complexes are believed to function in transcriptional repression

(Kehle et al., 1998; Wade et al., 1999) and thus it is not surprising that an acidic activator
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is unable to recruit xMi-2. And finally, h\SWI/SNF has recently been demonstrated to be
targeted in vivo by the glucocorticoid receptor (Fryer, 1998), an isoform of C/EBP- f3
(Kowenz-Leutz and Leutz, 1999) and erythroid kruppel-like factor (EKLF) (Lee et al.,
1999).

Clearly, acidic activators are likely to recruit ATP-dependent remodeling
complexes in Drosophila and mammalian cells. One possibility is that there exists
additional, uncharacterized members of the ATP-dependent remodeling family that can
be recruited by acidic activators and which might play a key role in acidic activator
function. It is also possible that regulatory subunits, which might facilitate interactions
with acidic activators, have been lost during purification of one or more of the
remodeling complexes that we have tested here. Alternatively, several of the more
abundant complexes (e.g. dCHRAC and yRSC) may establish more global domains of

“fluid” chromatin, and thus they may not rely on gene-specific targeting proteins.

Experimental Procedures

Reagent preparation. The array DNA template contains eleven tandem, head-
to-tail repeats of a 208 bp Sea Urchin 5S rRNA gene (Logie and Peterson, 1997; Logie
and Peterson, 1999). Template was isolated by digestion of plasmid pCL7c (208-118) or
pCL8b (208-11S-Gal4) with Notl, HindlIl, and Hhal (New Englgnd Biolabs) followed by

FPLC purification on Sephacryl-500 (Pharmacia) essentially as described (Logie and
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Peterson, 1997; Logie and Peterson, 1999). Array DNA template was end-labeled by
Klenow fill-in reaction with [o-**P]dATP as described (Logie and Peterson, 1997; Logie
and Peterson, 1999).

Chicken erythrocyte histone octamers were purified from chicken whole blood
(Pel-Freez Biologicals) as described previously (Hansen et al., 1989). Hyperacetylated
histone octamers were purified from butyrate-treated HeLa cells as described (Workman
etal., 1991). Trypsinized histone octamers and (H3/H4), tetramers were provided as a
kind gift from Jeff Hansen and were purified as described (Hansen et al., 1989; Tse and
Hansen, 1997). (H3/H4), tetramers were dialyzed against Buffer T (1M NaCl, 10 mM
Tris-HCI, pH 8.0, 0.25 mM EDTA, 0.1 mM DTT) prior to array reconstitution.

ySWI/SNF complex was purified from yeast strains CY396 or CY743 (sin3A) as
described in Logie and Peterson (1999). The concentration of complex was determined
to be approximately 300 nM by comparative Western Blot and by ATPase assays (Logie
and Peterson, 1997; Logie and Peterson, 1999). yRSC (Cairns et al., 1996b), xMi-2
(Wade et al., 1999), dCHRAC (Varga-Weisz et al., 1997), ANURF (Tsukiyama and Wu,
1995), and hSWI/SNF “A” (Kwon et al., 1994) were purified as previously described.
Approximate concentrations were estimated from total protein concentration in the
puriﬁed fractions and complexes were assumed to be 100% active. Thus, our
concentration estimates are likely to be an overestimate. Most complexes had a high
degree of purity, but in the case of hRSWI/SNF “A”, purity was estimated to be ~10%.
We confirmed that the activity monitored was in fact due to hASWI/SNF by antibody

inhibition -- addition of antisera directed to the BRG1 subunit of hSWI/SNF eliminated
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remodeling activity, whereas addition of preimmune sera had no effect (D. Hill and
AN.Imbalzano, unpublished observations). For all the studies described here, each assay
was performed with two independent preparations of each remodeling complex, with the
exception of yRSC.

Reconstitution and analysis of substrate arrays. Histone proteins used for
array reconstitutions were analyzed by 18% SDS-PAGE and Coomassie staining.
Octamer concentrations were determined by Azso (Stein, 1979). Histone octamers were
reconstituted onto the 208-11S DNA templates (or 208-11S-Gal4 for recruitment assay)
in a slide-a-lyzer dialysis cassette (Pierce) by salt gradient dialysis as previously
described (Hansen et al., 1991). Each repeat of the 208-11S template (or 208-115-Gal4
for recruitment assay) is flanked by EcoRI restriction enzyme sites. In addition, a novel
Mspl site is located 30 bp from the predicted dyad axis of symmetry of each positioned
nucleosome. Array quality, saturation and positioning was determined by EcoRI or Mspl
digestion using approximately 20 nM array in Remodeling Buffer (5 mM MgCl,, 50 mM
NaCl, 10 mM Tris-HCL (pH 8.0), 1 mM DTT) as previously described (Chapter IV;
Hansen et al., 1991; Logie and Peterson, 1997; Logie and Peterson, 1999). Arrays were
digested for 30 minutes at 37° C and electrophoresed on a 4% native polyacrylamide gel.
The gel was briefly soaked in 2 pg/ml ethidium bromide and photographed under
ultraviolet illumination. Saturation of arrays was analyzed by digestion with EcoRI and
comparison of the ratio of nucleosome bound repeat to uncomplexed 208 bp 58S repeat.
Positioning was analyzéd by digestion with Mspl (Chapter IV of this thesis; Logie and

Peterson, 1997). Whereas, nucleosomal, trypsinized, and hyperacetylated arrays were
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inaccessible to digestion with Mspl, (H3/H4), tetramer arrays digested with Mspl
released a mononucleosome size fragment indicating that the (H3/H4), tetramers protect
less DNA as expected (Luger et al., 1997).

Assay conditions. ATPase reactions were performed with respect to the optimal
temperature for remodeling complex activity: 27° C for xMi-2, dCHRAC, and dNURF,
30°C for yRSC and ySWI/SNF, and 37°C for hSWI/SNF using 100 pM ATP and 0.2 pCi
of [y->*P]-ATP (Amersham) in 0.1% Tween, 20 mM Tris, pH8, 5% glycerol, 0.2 mM
DTT, 5 mM MgCl,, 1 mM PMSF, and 0.1 mg/ml BSA as described (Logie and Peterson,
1997; Logie and Peterson, 1999; Logie et al., 1999). Released phosphate was monitored
with time by resolution of P; from ATP on plastic plates coated with PEI cellulose (EM
Science) with 0.75 M KPO; (pH3.5) as solvent and quantified by Phosphorimager
analysis.

Coupled array remodeling-restriction reactions were performed in a final
concentration of 5 mM MgCl, 50 mM NaCl, 10 mM Tris-HCL (pH 8.0), 1 mM DTT, 0.1
mg/ml BSA, 1 mM ATP, and 500 U/ml Hinc II (New England Biolabs) as previously
described (Logie and Peterson, 1997; Logie and Peterson, 1999; Logie et al., 1999).
Assays were performed with respect to the optimal temperature for remodeling complex
activity (see above). Hinc Il cleavage was quantified by Phosphorlmager analysis, and
first order rates were determined by curve fitting. In multiple independent experiments,
the first-order rates of restriction enzyme cleavage for each particular combination of

array and remodeler varied by less than 20%.
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CHAPTER VI

CONCLUSIONS AND SUMMARY
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CONCLUSIONS

The role of chromatin in the regulation of DNA-mediated biological processes
such as replication, repair, recombination, and transcription has only been fully
appreciated in the last decade. Recent years have been witness to the identification of an
astonishing number of chromatin remodeling enzymes that have emerged as key
regulatory elements of DNA accessibility. These enzymes are functionally distinct and
can be categorized into two broad groups: ATP-dependent enzymes which use the
energy of ATP hydrolysis to disrupt histone-DNA contacts and enzymes which
covalently modify the histone proteins (for review see Workman and Kingston, 1998;
Kingston and Narlikar, 1999).

Recent studies have only begun to shed light on the functional role of the two
classes of multi-subunit enzymes in managing the equilibrium between inaccessible and
accessible chromatin states. Interestingly, many previously characterized coactivators
and corepressors of transcription have turned out to belong to one or the other group of
chromatin remodeling enzymes. Nature has devised a system in which several aspects of
these enzymes are conserved across eukaryotic phyla. The research presented in this
thesis has focussed on understanding some of the conserved features of chromatin
remodeling enzymes in order to obtain a more detailed understanding of how these

machines function to regulate transcription.
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Dissecting the Function of Individual Parts of the Machine

ATP-dependent chromatin remodeling enzymes are typically large,
macromolecular assemblies (reviewed in Muchardt and Yaniv, 1999; Vignali et al.,
2000). The purification and characterization of several complexes has led to the
surprising finding that the SWI/SNF family of ATPases consist of a core of conserved
subunits with homology to yeast SWI13, SNF5, and SWP73 (see Chapter II). In as much,
Swi2/Snf2p, Swi3p, and SnfSp homologs appear to define the functional core of these
enzymes in vitro (Phelan et al., 1999). We chose to study Swi3p as it consists of a
number of distinct motifs (Domains I, II, and III) which are also highly conserved in
other Swi3p-family members (see Chapter IT). Swi3p also contains a highly acidic amino
terminal region which is not conserved. At the time, it had been suggested that SWI/SNF
might function to remove histone H2A/H2B dimers to facilitate transcription factor
binding to nucleosomes. Thus, we proposed that this region of high acidic content of
Swi3p may serve an analogous function to that of histone chaperones to remove the
dimers. We were surprised to find that deletion of the entire region did not have a
negative effect on SWI/SNF activity, but rather promoted its activity nearly 2-fold. This
suggested that this domain might define a novel regulatory domain in SWI/ SNF by
interacting with a negative regulator or by masking an active site. Further studies to
distinguish between these possibilities should prove interesting, as it is unclear how these
macromolecular assemblies are regulated.

Our studies show that Domain I (rich in hydrophobic and aromatic residues) was

required for the assembly of a functional SWI/SNF complex. This suggested that
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Domain I is important for interaction among SWI/SNF subunits. In addition, Domain III,
which is composed of a putative leucine zipper, was also required for complex assembly.
Further studies indicated that this region mediated self-association of Swi3p. This
indicated that Swi3p was present in multiple copies in SWI/SNF. These data were
consistent with other studies in which the leucine zipper of Rsc8/Swh3p (Swi3p homolog
in RSC) was also required for self-association (Treich and Carlson, 1997). Interestingly,
self-association of Swi3p provided a binding surface for the Snf6p subunit of the
complex. Several studies also indicate that Swi3p family members can interact with both
Swi2/Snf2p and Swp73p family members (Crosby et al., 1999; Phelan et al., 1999; Treich
et al., 1995; Treich and Carlson, 1997; Treich et al., 1998). Together, these data suggest
that Swi3p (and family members) may function as a scaffold for the assembly of
SWI/SNF subunits. In this regard, self-association of Swi3p could provide an extensive
surface in which to nucleate the assembly of a functional complex.

Although it appears that only a small number of subunits are required for full
activity of these enzymes in vitro, most of the subunits (in addition to the conserved core)
in the 11 polypeptide 2 MD SWI/SNF complex are required for its function in vivo
(Cairns et al., 1996a; Laurent et al., 1993b; Peterson and Herskowitz, 1992). In as much,
subunits of RSC are essential for viability (Cairns et al., 1998; Cairns et al., 1996b; Cao
et al., 1997; Treich and Carlson, 1997). This suggests that the unique subunits among
these enzymes perform additional essential functions. Future experiments will
undoubtedly uncover the role of each subunit as it relates to the activity of the complex as

a whole.
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Swi3p also contains another highly conserved region, the SANT (Swi3, 4da2, N-
CoR, TFIIIB”) domain (Domain IT). Interestingly, this domain is contained within a
number of transcriptional regulatory proteins that have turned out to be subunits of both
groups of chromatin remodeling enzymes (see Chapter III; see also Table I-1.). The
SANT domain exhibits homology to the DNA binding domain of the c-Myb proto-
oncogene (Aasland, 1996; Ogata et al., 1992; Ogata et al., 1994). The presence of a ¢c-
Myb-DNA binding domain in chromatin remodelers was particularly interesting since it
was not known how these enzymes interacted with chromatin. In as much, SWI/SNF and
RSC complexes have been shown to possess high affinity for DNA (Quinn et al., 1996;
Cairns et al., 1996b). Thus, it scemed possible that the SANT domain could mediate an
interaction with nucleosomal DNA. We performed a structure/function analysis of Swi3p
(SWI/SNF), Rsc8/Swh3p (RSC), and Ada2p (ADA, SAGA) in yeast to ascribe a function
to the SANT domain in chromatin remodeling. Strikingly, this analysis showed that the
SANT domain was absolutely required for the function of these proteins in vivo. Our
studies, however, indicated that the SANT domain was unlikely to be involved in direct
interaction with DNA, but was more likely involved in mediating protein-protein
interactions.

Further analysis revealed the unexpected finding that the SANT domain may be
required for physical and/or functional interactions with histone ‘tails’. This was
surprising in that additional histone ‘tail’ binding domains (bromodomain) already
existed in the ATP-dependent and Histone Acetyltransferase (HAT) chromatin

remodeling complexes. However, the bromodomain is not required for activity in many
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cases (Elfring et al., 1998; Laurent et al., 1993b; Marcus et al., 1994), whereas the SANT

domain is absolutely required in all cases tested (Chapter III). The implication of these

findings are striking in that the SANT domain may be the major interacting surface that
functionally links chromatin remodeling enzymes to their substrate. In any case, it will
be interesting to determine the relationship between the bromodomain and the SANT
domain.

It is also possible that the SANT domain may be more indirectly involved in
histone ‘tail’ interactions. For instance, the SANT domain may be tethered to the
catalytic subunit and serve to report changes in conformation upon substrate binding to
the other subunits in the complex. This may be consistent with findings that a
conformational change in the Myb-DBD occurs upon substrate binding (Mclntosh et al.,
1998; Zargarian et al., 1999). This scenario would also fit with our data implicating
Swi3p as a scaffolding subunit thereby allowing the SANT domain to directly
communicate with the other SWI/SNF subunits. It is intriguing to speculate that the
SANT domain may undergo a conformational switching mechanism as a means for
chromatin remodeling enzymes to function catalytically. Such an allosteric mechanism
may be required to ‘reset’ the complex for additional rounds of ‘remodeling’. This would
be consistent with studies in which the histone ‘tails’ are required for catalytic

remodeling by SWI/SNF (Logie and Peterson, 1999) and with the notion that the

remodeling reaction is composed of a number of subreactions, each of which have to be
regulated (discussed in Peterson, 1998). A similar mode of action may be envisioned for

the activity of histone acetyltransferases as well. Obviously, more work needs to be done
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to dissect the role of this highly conserved domain in chromatin remodeling. For
instance, it would be predicted from these studies that SWI/SNF complexes that contain a
small deletion in the SWI13 SANT domain would be unable to support catalytic
remodeling on nuclesomal arrays in vitro. In addition, it would bé predicted that
mutations in the SANT domain of the ATP-dependent remodeler ISWI (which requires
histone ‘tails’ even for a single round of remodeling and lacks a bromodomain) would

affect its chromatin remodeling activity on nucleosomal arrays in vitro as well.

The Whole is More than the Sum of its Parts

SWI/SNF was the first member of the ATP-dependent family of chromatin
remodeling enzymes to be identified and has been shown to be fundamentally important
for the regulation of eukaryotic transcription. It has been shown that purified SWI/SNF
can disrupt nucleosome structure which leads to an enhanced accessibility of
nucleosomal DNA to DNase I (Cote et al., 1998; Cote et al., 1994; Owen-Hughes and
Workman, 1996), restriction enzymes (Logie and Peterson, 1997; Logie et al., 1999), and
sequence specific DNA-binding proteins (Cote et al., 1998; Cote et al., 1994; Utley et al.,
1997). However, the mechanistic basis for how SWI/SNF uses the energy of ATP
hydrolysis to alter nucleosome structure has remained controversial. Several groups
proposed that SWI/SNF disruption of chromatin leads to rearrangements of the histone
octamer or displacement of the histone H2A/H2B dimers (Cote et al., 1994; Hirschhorn
et al., 1992; Lee et al., 1999; Lorch et al., 1998; Luger et al., 1997; Schnitzler et al., 1998;

Spangenberg et al., 1998). However, studies from other groups indicated that SWI/SNF
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action does not dislodge the dimers, but alters the path of DNA around the histone
octamer (Bazett-Jones et al., 1999; Cote et al., 1998). In order to distinguish between
these possibilities, we took advantage of the amenability of the nucleosome to
modification and the sensitive nucleosome array remodeling assay (Chapter IV).

In this study, we were able to show that SWI/SNF required a canonical
nucleosome structure (which contains the full complemeht of histone proteins) for
efficient and catalytic remodeling. In as much, SWI/SNF could efficiently remodel
nucleosomes which contained a disulfide-linked (H3/H4), tetramer suggesting that
rearrangement of the tetramer interface is neither a requirement nor consequence of
remodeling as was alluded to in previous studies. We also exploited the functional utility
of an internal fluorescent probe within the histone octamer (covalently attached to a
single cysteine in histone H3) to analyze the effects of SWI/SNF on nucleosomal arrays.
Previous analysis with this type of fluorescently labeled nucleosome showed that the
histone octamer undergoes salt-dependent conformational transitions (Dieterich et al.,
1978; Dieterich et al., 1979). However, our study clearly indicated that neither dimer loss
nor rearrangement of the (H3/H4), tetramer was a result of SWI/SNF activity. Our data
is consistent with a model in which SWI/SNF disrupts histone-DNA contacts without
structural changes in the histone octamer. This has striking consequences for how we
view the mechanism of remodeling (discussed in more detail below).

One rather interesting side point of these studies was that an array of (H3/H4),
tetramers was sufficiently refractory to DNA binding factors and that accessibility was

enhanced by SWI/SNF although less efficiently as compared to nucleosomal arrays. This
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suggests that (H3/H4), may be a physiological target of remodeling enzymes and has
important implications for how we may view the regulation of chromatin structure during
periods of rapid histone turnover in chromatin. For instance, a tetramer of histones H3
and H4 are deposited on DNA and may remain this way for some time before a canonical
nucleosome is formed by addition of the histone H2A/H2B dimers during replication. It
is certain that binding factors still require access to DNA sequences during this time.
Thus, it is possible that factors with low affinity for DNA may require additional help
from chromatin remodeling enzymes as a result of tetramer deposition. This may provide
a low level of regulation of the intrinsic competition between DNA binding factors and
histones for DNA.

A growing number of ATP-dependent enzymes have been isolated from yeast to
human. Each member of the ATP-dependent family of chromatin remodeling enzymes
contains an ATPase subunit that is related to the SWI2/SNF2 subfamily of the DEAD/H
superfamily of nucleic acid-stimulated ATPases (Eisen et al., 1995). Several studies have
indicated that these enzymes are functionally distinct based largely on their activity in
different assays. Although these enzymes fall into three subgroups based on sequences
that lie outside of the ATPase domain (comparison included sequences within ATPase
domain as well), they are strikingly similar with regard to the ATPase domain (Eisen et
al., 1995). Thus, we wanted to compare these enzymes under a similar set of reaction
conditions in order to elucidate any functional similarities or differences (Chapter V).

We were surprised to find that ySSWI/SNF, yRSC, x-Mi-2, dCHRAC, dNUREF,

and hSWI/SNF, which encompass all three previously proposed subgroups, utilize similar
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amounts of energy to remodel nucleosomal arrays in the coupled array remodeling assay
(the remodeling assay is discussed in Chapters IV and V and in Logie et al., 1997). This
suggested that the basic remodeling reaction may be the same among all of these
enzymes. The studies shown in Chapter IV, together with this analysis, suggests that all
ATP-dependent enzymes work similarly to disrupt histone-DNA interactions without
consequence to the structurerof the histone octamer. Comparative analysis also showed a
common requirement for histone dimers for efficient remodeling by all of the ATP-
dependent chromatin remodeling enzymes. This is consistent with the idea presented in
Chapter IV that a canonical nucleosome is required for substrate recognition or for the
mechanism of remodeling.

Our data also suggest the delineation of three groups within the ATP-dependent
family: 1) a SWI/SNF group (ySWI/SNF, yRSC, and hSWI/SNF) whose ATPase
activity does not require an intact nucleosome and whose remodeling function ié
independent of the histone ‘tails’; 2) an ISWI group (dCHRAC, dNURF) whose ATPase
activity requires an intact nucleosome and whose remodeling function is histone ‘tail’
dependent; and 3) a Mi-2 group whose optimal ATPase activity requires an intact
nucleosome and whose remodeling function is histone ‘tail’ independent. Unexpectedly,
ATPases from three of the subfamilies defined by phylogenetic analysis are the catalytic
subunits associated with the three groups of ATP-dependent remodeling enzymes
delineated by our biochemical analyses (e.g. SWI2, ISWI, Mi-2).

The ATPase domains among the three subgroups may have evolved subtle

differences in nucleosome cofactor requirements or sequences outside the ATPase
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domain specific to each subgroup might contribute to interactions with the histone N-
terminal domains or other nucleosomal components. This may be the basis for these
enzymes being categorized as functionally distinct. However, our data would suggest
that although the different nucleosome moiety requirements are important for defining
distinctions among enzymes, these distinctions are likely to reflect subtle differences in
nucleosome recognition or in the regulation of the remodeling cycle (discussed in
Peterson, 1998), rather than key differences in the basic remodeling mechanism. How
might the ATP-dependent enzymes be regulated differently? One possibility is through
their differential recruitment to chromatin. This would be consistent with our data in
which only ySWI/SNF was recruited by an acidic activator in our nuclesomal array assay
system. This is also consistent with recent studies that recruitment of ySWI/SNF and
hSWI/SNF occur via different types of activators (Kim, 1999; Lee et al., 1999; Natarajan
et al., 1999; Neely et al., 1999; Yudkovsky et al., 1999; see below for further discussion).
How might these enzymes disrupt histone-DNA interactions without loss or
rearrangement of the histone octamer? This reaction may be directly related to the
mechanism by which another helicase superfamily member, PcrA, destabilizes duplex
DNA. This bacterial DNA helicase couples ATP binding and hydrolysis to localized
DNA helix distortion (Soultanas et al., 2000; Velankar et al., 1999). PcrA contains the
seven DNA helicase motifs that are also found in SWI2/SNF2 family members (Eisen et
al., 1995). Recent functional and structural studies of PcrA have suggested that this
monomeric enzyme utilizes ATP to carry out two distinct functions and that these

functions can be uncoupled (Soultanas et al., 2000). We propose that SWI/SNF may
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harbor only one of these two activities — ATP-dependent DNA duplex destabilization.
This would likely cause a local disruption of histone-DNA contacts that could be
propagated throughout the nucleosome. This hypothesis is entirely consistent with the
data presented in Chapters IV and V. It is also consistent with recent studies showing
that several ATP-dependent remodeling enzymes can apparently transduce the energy of
ATP-hydrolysis into an enhaﬁced mobilization of nucleosomes within linear arrays
(Hamiche et al., 1999; Jaskelioff et al., 2000; Langst et al., 1999; Whitehouse et al.,
1999). It has been estimated that SWI/SNF can hydrolyze approximately 1000 ATP’s per
minute. Thus, one could envision a scenario in which DNA duplex destabilization by
these extremely active enzymes could ultimately lead to large changes in nucleosome
positioning in a random fashion. Obviously, studies will need to be designed to test this

prediction.

Summary and the Big Picture

The studies presented in this thesis address a basic fundamental question. What is
the role of conserved features of chromatin remodeling enzymes? Our data support a
notion that there is an underlying functional similarity among ATP-dependent chromatin
remodeling enzymes and that functional similarities probably exist between the two
classes of chromatin remodelers as well. Although initially this may seem somewhat
surprising, it is important to note that these enzymes ultimately act on the same target —
chromatin. Of course, this is an overly simplistic view and it must be recognized that

ATP-dependent chromatin remodeling enzymes and histone acetyltransferases employ an
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entirely different mechanism to alter the accessibility of DNA in the context of
chromatin. The point of the matter is that there are conserved themes that underlay the
basic fundamentals of chromatin remodeling (e.g. both classes of enzymes exploit the
histone ‘tails’).

Why so many chromatin remodeling complexes? A number of studies suggest
that the actions of ySWI/SNF and GCNS5 are gene specific. Thus, each of these enzymes
may perform some specific function or may be regulated in such a way so that they are
available only for specific time periods. Alternatively, the activity of these enzymes may
be targeted to promoters by virtue of their interaction with DNA-binding proteins. This
interaction would provide the specificity and temporal regulation for these complexes.
This idea has recently received a great deal of attention (discussed in Brown et al., 2000;
Peterson and Workman, 2000; Vignali et al., 2000). It is interesting to note that the same
activators and repressors are able to recruit different remodeling complexes. Moreover,
these same activators and repressors can target members of the same class of remodeling
enzymes. Specificity would be governed by external cues such as growth factor or stress
signals or other chromatin modifications (see Strahl and Allis, 2000 for discussion).
Thus, it is interesting to speculate that the activity of chromatin remodeling enzymes may
be regulated by cellular cues. This would allow for combinatorial control of gene
regulation and woﬁld allow for the integration of multiple cellular signals to achieve the
proper transcriptional state and serve as a dynamic mechanism for regulation of higher
order chromatin structure. On the other hand, it is also possible that the function of

chromatin remodeling enzymes is context dependent. Consistent with this idea, it has
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recently come to light that SWI/SNF and SAGA are largely required for expression of
mitotic-specific genes (Krebs et al., 2000). Thus, the local chromatin structure may play
a role in determining which enzymes are needed. This may be consistent with the idea of
a histone code as presented by Strahl and Allis (Strahl and Allis, 2000).

How do chromatin remodeling enzymes work in vivo? The short answer is that
we doﬁ’t know. Although a great deal of genetic analyses and in vitro biochemistry
suggests that these enzymes modify chromatin structure as a means to regulate DNA-
mediated processes, it may not be that simple. What if our current tools are not targeted
at asking the appropriate questions? Only limited evidence links the in vitro studies to
the in vivo situation. For instance, SWI/SNF is required for the disruption of Mnase I
digestion patterns and presumably chromatin structure in the SUC2 promoter (Hirschhorn
et al., 1992; Wu and Winston, 1997). Histones are clearly a target for acetyltransferases
in vivo, however, it is not clear if this is the limit of what these enzymes can do. Studies
showing that HATs can also acetylate a variety of other proteins including transcription
factors and nonhistone components suggest that gene activation by HATs may be mofe
complex than we think. In the heart of transcriptional regulation is RNA polymerase II.
Is RNA Polll the ultimate target for chromatin remodeling enzymes? SAGA contains
many of the TaflIs found in TFIID as well as subunits thought to interact with TBP
suggesting that it may ﬁltimately communicate with RNA Polll (reviewed in Brown et
al., 2000). In some cases, HATé (e.g. CBP/p300) have been shown to be part of RNA
Polll holoenzyme (reviewed in Berger, 1999; Brown et al., 2000). However, in most

cases, it is unclear. It will also be interesting to determine how chromatin remodeling
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enzymes contribute to other DNA-mediated processes such as DNA replication,
recombination, and repair. Significantly, enzymes that have been implicated in these
processes are also members of the helicase superfamily in which the catalytic subunits of
ATP-dependent chromatin remodelers belong. Further studies await the generation of
tools that allow for dissection of the activities of chromatin remodeling enzymes in vivo.
Why is it important to understand how chromatin remodeling enzymes function as
transcriptional regulators? The manifestation of disease in many cases is a result of
aberrant or untimely gene expression. Given the fact that many of the chromatin
remodeling enzymes have been directly connected to transcriptional regulation, it is not
surprising that recent reports link the activity of these enzymes to cancer (for review see
Archer and Hodin, 1999; Jacobson and Pillus, 1999). An entire volume could be written
to discuss the evidence that chromatin remodeling enzymes are causative agents for
disease. The following will just provide a general overview. For instance, somatic
mutations truncating the hSNF5 gene have been identified in several aggressive pediatric
malignant rhabdoid tumors (Versteege et al., 1998). Thus, SWI/SNF in higher
eukaryotes may contribute to cellular proliferation. Consistent with this idea, SWI/SNF
can enhance the transcriptional activation of the estrogen, retinoic acid, and
glucocorticoid receptors (Fryer, 1998; Ichinose et al., 1997; Trouche et al., 1997). On the
other hand, SWI/SNF has recently been found in a complex with both Rb (retinoblastoma
protein) and HDACs to promote E2F-mediated G1 arrest (Zhang et al., 2000).
Interestingly, recent work also demonstrated the association between BRCA1 and a

human SWI/SNF-related complex providing a link between chromatin remodeling and
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breast cancer (Bochar et al., 2000). Thus, mutations in components of SWI/SNF appear
to contribute to cancer progression. K\VHistone acetyltransferases have also been broadly
implicated in cancer. One example is provided by numerous studies that support a role
for CBP and p300 as transcriptional integrators for physiological cues to coordinate cell-
cycle regulation, differentiation, DNA repair and apoptosis (discussed in Jacobson and
Pillus, 1999). It is obvious that disruption of important interactions mediated by or
functional abrogation of CBP/p300 could lead to alteration of one or more of these
processes and thereby lead to cancer or a variety of other diseases. There is little doubt
that continued investigations to further define the physiological role of chromatin
remodeling enzymes will provide a molecular basis for understanding disease. It is
intriguing to speculate that chromatin remodeling enzymes may become targets for gene

therapy or for novel drug therapies in the future.
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Actin-related proteins (Arps):
conformational switches for
chromatin-remodeling machines?

Laurie A. Boyer and Craig L. Peterson*

Summary

The actin superfamily of ATPases includes cytoskeletal
actins, the stress 70 proteins (e.g. hsc70), sugar
kinases, glycerol kinase, and several prokaryotic cell
cycle proteins. Although these proteins share limited
sequence identity, they all appear to maintain a similar
tertiary structure, the “actin fold”, which may serve to
couple ATP hydrolysis to protein conformational
changes. Recently, an actin-related protein (Arp) sub-
family has been identified based on sequence homology
to conventional actin. Although some Arps are clearly
involved in cytoskeletal functions, both actin and/or
Arps have been found as stoichiometric subunits of
several nuclear chromatin-remodeling enzymes. Here
we present two related models in which actin and/or
Arps function as conformational switches that control
either the activity or the assembly of chromatin-
remodeling machines. BioEssays 22:666-672, 2000.

© 2000 John Wiley & Sons, Inc.

Introduction

Over recent years, large multisubunit enzymes that regulate
the accessibility of nucleosomal DNA have emerged as key
regulators of eukaryotic transcription. It seems likely that
similar enzymes contribute to the efficiency of DNA replica-
tion, recombination and repair. These chromatin-remodeling
“machines” can be classified into two broad groups: (1) the
ATP-dependent enzymes, which use the energy of ATP
hydrolysis to increase the accessibility of nucleosomal DNA;
and (2) histone-modifying enzymes that phosphorylate,
acetylate, or methylate the N-terminal or C-terminal “tail”
domains of the nucleosomal histones." = Recently, conven-
tional actin and several members of an actin-related protein
(Arp) family have been identified as stoichiometric subunits
of ATP-dependent remodeling enzymes and nuclear histone
acetyltransferases (Refs. 4—7 and J. Cote, Y. Nakatani, and
C. Wu, pers. comm.). In the yeast Saccharomyces cerevi-
siae, the Arp family is composed of ten family members

Program in Molecular Medicine and Department of Biochemistry and
Molecular Biology University of Massachusetts Medical School.
Funding agency: NIH. Grant Numbers: GM54096 and GM49650.
*Correspondence to: Craig L. Peterson, 373 Plantation St, Biotech 2,
Suite 301,UMMS, Worcester, MA 01605. E-mail: craig.peterson@
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originally identified by virtue of sequence homology to
conventional actin® (Table 1). Arps are functionally distinct
from cytoplasmic actin and are highly conserved across
many eukaryotic phyla, suggesting an evolutionarily impor-
tant role for these proteins in many cellular processes.®~'®
Arps are most similar to the “actin fold” region of conven-
tional actin suggesting that these proteins are likely to
possess both structural and functional similarities to the actin
superfamily of ATPases.® By analogy to the functioning of
other members of the actin superfamily, here we explore the
possibility that Arps may function as conformational switches
that control the assembly or activity of chromatin-remodeling
enzymes.

Structural and mechanistic similarities

among actin superfamily members

The crystal structures for five members of the actin super-
family have been determined at atomic resolution (two actin
isoforms, hexokinase, glycerol kinase, and the 44-kDa
ATPase fragment of heat shock cognate 70 [hsc70]).t'4—29
Although sequence comparisons do not indicate strong
resemblances, the three-dimensional structures display
similarity. in domain organization.®'?? This has led to the
common classification of these proteins as members of an
extended protein superfamily. Despite the limited sequence
identity, a conserved ‘“sequence fingerprint” has been
identified to describe the ATP-binding pocket of these actin
superfamily members®'2? (Fig. 1). This highly conserved
domain is termed the “actin fold”.

The “actin fold” motif of hsc70 and actin is organized into
two domains, | and Il, which are further divided into the
subdomains la, Ib, Ila, and 11b®3~2% (Fig. 1). Domains la and
lla have a similar topology which consists of a common core
of five stranded B-sheets and three a-helices (Fig. 1). The
duplication of this common core leads to the appearance of
a lobed structure with bilateral symmetry. A single ATP
molecule is situated in the interdomain cleft that bridges the
symmetrically disposed halves of the protein structure.
Although the adenosine group is bound in a highly conserved
hydrophobic pocket between subdomains [la and IIb, no
specific side-chain contacts are made.®®=2® This provides
one explanation for the enormous sequence diversity that is
tolerated by this structure. The hydrophilic nature of the

666 BioEssays 22.7
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Table 1. Saccharomyces cerevisiae actin-related protein family

% identity Cellular

Actin-related protein to actin® localization Function Refs.

Arp1p (Act3/Act5) 45% Cytoplasm Major component of dynactin; involved in a wide 9-11
range of motile processes

Arp2p (Act2) 45% Cytoplasm Subunit of Arp2p-Arp3p complex; multifunctional 11-13
organizer of actin filaments

Arp3p (Act4) 39% Cytoplasm Subunit of Arp2p—Arp3p complex; multifunctional 11-13
organizer of actin filaments

Arp4p (Act3) 30% Nucleus Subunit of NuA4 histone acetyl-transferase; J. Cote pers.
transcription defects; interacts with core histones; comm. 28,43,44
ATP-binding protein

Arpbp 26% Nucleus Unknown 28

Arp6p 24% Unknown Unknown

Arp7p 22% Nucleus Subunit of SWI/SNF and RSC chromatin-remodeling 4,5

' complexes

Arp8p 21% Nucleus Unknown

Arp9p 17% Nucleus Subunit of SWI/SNF and RSC chromatin-remodeling 4,5
complexes

Arp10p 17% Unknown Unknown

2As identified in Ref. 8.

phosphate moieties from the bound nucleotide, along with
contributions from several other conserved residues, serve
to coordinate the position of the catalytically essential
metal ion cofactor (Mg? ™ or Ca2*+).3-2% Thus, the common
core includes the ATP-binding pocket and a large part of
the interface between subdomains la and lla. Importantly,
the structure appears to be rather flexible as the four
subdomains are held together mainly by ATP and salt
bridges. 2329

Outside of the conserved core, the structures of actin
superfamily members are quite differeni. For instance,
regions of subdomains la and lla that are not conserved
among superfamily members are found within solvent-
exposed loops, which in some cases mediate protein-protein

interactions (e.g. actin-actin interactions or sugar binding in
hexokinase).®27) In addition, subdomains Ib and b, which

are the least conserved among family members, appear to
have evolved even more specialized functions such as
mediating interactions with histones in the case of Arp4p.©®

A convergence of biochemical and genetic data for actin,
hsc70 (as well as its prokaryotic analogue, dnaK) and
hexokinase®®=2 has led to the common view that binding
and hydrolysis of ATP within the highly conserved “actin
fold” regulates distinct conformational states of the pro-
tein.®9=3") gpecifically, ATP hydrolysis and the subsequent
release of inorganic phosphate appears to destabilize
interdomain bridging -interactions which leads to the char-
acteristic “open” conformation in which there is a reorienta-
tion of the two domains around a central point or hinge.#3-2%
The turnover rate for ATP is generally slow (0.02 min~" for
hsc70), although this slow rate of ATP hydrolysis can be

modulated by the binding of other proteins.®” The coupling
of ATP binding and hydrolysis to distinct conformational
states provides a means to “switch” the functional properties
of an actin superfamily member. For instance, the ATP
hydrolysis cycle appears to control the polymerization and
stability of actin filaments, the binding and release of peptide
substrates by hsc70, and the phosphorylation of glucose by
hexokinase. 329

The Arps

The complete sequence of the Saccharomyces cerevisiae
genome facilitated the identification and classification of
an Arp family that currently comprises ten members; these
are designated Arpip to Arp10p in descending order of
homology to actin® (Table 1). The Arps share significant
homology to 29 conventional actins from many different
organisms over their entire sequence, and it is predicted that
these proteins have conserved the overall tertiary structure
common to actin superfamily members (i.e. the “actin fold™).
In particular, Arps appear to have conserved many of the
residues important for binding ATP, and thus, by analogy to
other actin superfamily members, Arps may undergo ATP-
dependent conformational changes that regulate the function
of these proteins.®'") However, so far, Arp1p and Arp4p are
the only family members that have been shown to bind
ATP;(283839)  the ATP-binding properties of other family
members have not yet been tested directly.

What is the function of the Arps? In almost every case
where an ARP deletion allele has been constructed
(ARP2,3,4,7,9), ARPs have been found to be essential for
yeast cell viability.®4%4? As described in more detail below,
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Figure 1. Domain organization of actin. Analysis of actin,
hsc70, hexokinase and glycerol kinase by X-ray crystal-
lography has revealed similar three-dimensional structures,
as represented here by the actin structure (adapted from ref.
14). The overall domain organization consists of two flexible
globular domains—I and Il—which are further subdivided into
subdomains a and b. Domain la and lla are the most highly
conserved among actin superfamily members and have
nearly identical topology. Recently, a conserved amino acid
sequence has been identified for the adenine nucleotide p-
phosphate-binding pocket in subdomain la, which may be
diagnostic of actin superfamily members: [He/Leu/Val]-X-[lle/
Leu/Val/Cys]-Asp-X-Gly-[Thr/Ser/Gly]-[Thr/Ser/Gly]-X-X-[Arg/
Lys/Cys], where X=any amino acid.®" Domains Ib and IIb
are less conserved and may provide the specificity for these
functionally divergent proteins. ATP and Mg?™* (represented
by the black ball) are situated in the interdomain cleft and are
essential to the function of these proteins.

ARP1, ARP2, and ARP3 encode cytoplasmic Arp proteins
involved in cytoskeletal functions,®~'®) whereas the majority
of the ARP 4—10 group appear to encode nuclear Arps that
are subunits of chromatin-remodeling complexes(5:28:43:44)
and J. Cote, Y. Nakatani, and C. Wu, pers. comm.).

Arp1p, Arp2p, and Arp3p: cytoskeletal regulators

Arpip, Arp2p, and Arp3p appear to be common to all
eukaryotes and are probably the best-characterized family
members.®~'¥ These three Arps are the most closely
related in sequence to actin (39-45% identity; see also
Table 1), and their cellular localization closely mimics
conventional actin.®~*® Arp1p is most similar to actin (45%
identity) and appears to be the only Arp to have maintained
the ability to polymerize into filaments, which contain multiple
Arp1p subunits, although these filaments are shorter.“S This
is not surprising considering that Arpip, in contrast to all

other Arps, has maintained many of the actin-actin interac-
tion surfaces.®'® Recent studies have shown that Arp1p
can bind and exchange ATP for ADP and AMP, 839 and like
conventional actin, Arp1p filament formation and stability is
probably controlled by an ATP-dependent mechanism. Arpip
filaments are part of a large multisubunit complex, called
dynactin, that mediates dynein-based motility along micro-
tubules.“® Arp1p, along with other dynactin subunits, has
also been shown to play a role in a wide range of motile
processes.*” 9 Interestingly, in addition to Arp1p multimers,
dynactin also contains one subunit of conventional actin.
Recent work has identified a protein complex that contains a
novel Arp and binds to the pointed ends of Arp1 filaments,
akin to the Arp2p—Arp3p complex, which binds to the pointed
ends of conventional actin filaments (also see below).®"

Arp2p and Arp3p were found to copurify as stoichiometric
subunits of a multiprotein complex required for polymeriza-
tion of actin filaments in Acanthomoeba.®® The Arp2p—
Arp3p complex is now thought to play a central role in
controlling actin dynamics in all eukaryotes by virtue of its
ability to nucleate assembly of actin filaments, to cap the
pointed ends of filaments, and to crosslink filaments into a
network.®® Like all members of the Arp family, Arp2p and
Arp3p are predicted to have maintained the “actin fold”, but
other domains have diverged such that Arp2p and Arp3p are
incapable of forming filaments and are likely instead to form
heterodimers.®* It is currently unclear whether Arp2p and
Arp3p are capable of binding or hydrolyzing ATP.

Arp4p to Arp10p: chromatin-remodeling proteins?
Whereas Arpip, Arp2p and Arp3p are localized in the
cytoplasm and play essential roles in cytoskeletal function,
much iess is known about the function of the more divergent
Arps. Arps 4-10 share significant homology to actin (17—
30% identity; see also Table 1) and they are still predicted to
maintain the overall tertiary structure of actin superfamily
members.® Interestingly, many members of this subgroup
(Arp4p, Arp5p, Arp7p and Arp9p) are localized to the nucleus
suggesting that a further subdivision exists among the Arp
classes®?® (see also Table 1). In the case of Arpdp, the
Drosophila homolog colocalizes with heterochromatin and
the heterochromatin-specific protein, HP1.%%

What role do Arps play in the nucleus? Recently, nuclear
Arps have been identified as stoichiometric subunits of many
different chromatin-remodeling complexes. Arp7p and Arp9p
are essential subunits of the related ATP-dependent chro-
matin-remodeling complexes, SWI/SNF and RSC, which are
required for transcriptional regulation and cell cycle control,
respectively.“® Arp4p and conventional actin are subunits of
the NuA4 histone acetyltransferase complex(®®® and J. Cote,
pers. comm.), and a novel ATP-dependent remodeling
complex, called ARI1, also contains multiple Arp subunits
as well as a copy of conventional actin (C. Wu, pers. comm.).
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The presence of Arps in chromatin-remodeling enzymes is
not peculiar to yeast, as conventional actin and Arps have
been discovered as subunits of both the mammalian and
Drosophila SWI/SNF complexes as well as theTIPE0 histone
acetyltransferase complex(®” and Y. Nakatani, pers. comm.).

Both genetic and biochemical evidence point to a
functionally relevant role for Arps in chromatin-remodeling
enzymes. Mutations in ARP7 or ARPY result in typical swi/
snf transcriptional defects, and null alleles share the lethal
phenotype of mutations in other RSC complex subunits. )
Likewise, mutant alleles of ARP4 exhibit phenotypes that are
similar to those due to mutations in ESAT which encodes the
catalytic acetylase subunit of the NuA4 histone acetyltrans-
ferase complex (J. Cote, pers. comm.). In addition, condi-
tional alleles of ARP4 affect the DNA-linking number of
episomal plasmids in vivo, and they lead to epigenetic
suppression of transcriptional defects caused by certain
transposon insertions (an Spt~ phenotype), further linking
Arp4p function to chromatin structure.®4457) |nterestingly,
arp7 and arp9 mutants also exhibit an Spt™ phenotype.®
More recently, Arp4p has also been shown to bind to all four
core histones, and this interaction is mediated via a novel
domain that is not conserved in other Arps but is inserted
between subdomains la and 1b.?® It seems likely that this
histone-binding domain of Arp4p influences the ability of the
NuA4 histone acetyltransferase complex to interact with its
chromatin substrate. Other Arps are also distinguished by
distinct sequence insertions relative to actin which may
account for additional functional diversity.©

Role of Arps in chromatin remodeling

Why are Arps essential subunits of highly conserved
chromatin-remodeling complexes? It has been proposed
that the presence of Arps in chromatin-remodeling com-
plexes may target these complexes to a cytoskeletal-like
nuclear architecture.®® Although this may be plausible for
complexes that contain a copy of conventional actin, it is
uniikely to be a general feature of Arps since protein surfaces
known to mediate interactions with cytoskeletal components
are not conserved in the nuclear Arps. In contrast, all Arps
have maintained the overall “actin fold” motif that is shared
by actin superfamily members. As described above, the
“actin fold” represents a flexible, hinged domain that is
characterized by its ability to convert between conformational
states in an ATP-dependent manner.®3=2% |n the following
sections we use this conserved feature of the “actin fold” as
a framework for two related modelis that explain how Arps
might control the function of chromatin-remodeling enzymes.

Arps regulate the catalytic activity of
chromatin-remodeling enzymes

In many complex biochemical reactions, ATP hydrolysis is
used to drive conformational changes in proteins that

irreversibly move reaction cycles forward or into abortive
reactions. Thus, one possibility is that Arps might use ATP
binding and hydrolysis as molecular switches that regulate
the activity of chromatin-remodeling complexes (Fig. 2A). For
example, we previously proposed that Arp7p and Arp9p may
regulate the dissociation of SWI/SNF (and by analogy RSC)
from its nucleosomal substrate.®® Specifically, the ATP-
bound form of Arp7p/Arp9p {(conformation 1) may yield a
SWI/SNF complex that is unable to bind one or more histone
N-terminal domains. Previous work has shown that the
histone N-terminal domains play an important role in
regulating the dissociation of SWI/SNF from nucleosomal
arrays.®® The slow hydrolysis of ATP by Arp7p/Arp9p might
function as an internal “clock” that couples a conformational
change (conformation 2) to subsequent binding of histone N-
terminal domain(s), which then promote dissociation of SWI/
SNF from the nucleosomal array. In essence, a similar model
has been proposed for how ATP governs binding and
release of peptide substrates by Hsc70.%7) It is interesting
to note that recent studies have also implicated the Arp4p
subunit of the NuA4 histone acetyliransferase complex in
binding histones.®

Several chromatin-remodeling complexes (human and
Drosophila SWI/SNF, NuA4, ARI1) contain at least one copy
of conventional actin, which would be able to provide the
ATPase activity required for this model. However, one
potential limitation of this model is that chromatin-remodeling
enzymes that lack actin (e.g. yeast SWI/SNF and RSC) may
contain Arps that do not bind ATP. To date, only Arp4p is
known to bind ATP, although the ATP-binding properties of
other nuclear Arps have not been investigated directly.
Furthermore, several single and muiltiple amino acid changes
in the putative ATP-binding pocket of Arp7p or Arp9p
(subunits of SWI/SNF and RSC) did not yield observable
phenotypes, suggesting that these proteins may not bind
ATP.® One possibility is that some Arps may rely on protein-
protein interactions to govern conformational changes that
might control chromatin remodeling activity. In such a model,
the transient binding of a regulatory protein (in place of ATP)
to the “actin fold” domain would drive the conformational
change and thereby govern the activity of the chromatin-
remodeling complex (Fig. 2A). in the case of the yeast SWI/
SNF complex, the histone N-terminal domains would
represent an excellent candidate for this type of interaction.

Arps regulate the assembly of

chromatin-remodeling enzymes

One common feature of all Arps is that they appear to be
obligate members of large multisubunit protein assemblies.
In the case of chromatin-remodeling enzymes, the NuA4,
SWI/SNF and RSC complexes each contain at least 11
different polypeptide subunits and range in size from 1-2
million Da.®88%8" Thus, a second model posits that Arps
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Figure 2. The role of actin-related proteins (Arps) in chromatin remodeling. Two general models are proposed in which Arps serve as
conformational switches for regulating the activity or assembly of chromatin-remodeling complexes. In the first model (A}, the energy of
ATP hydrolysis is used to drive a conformational change in the ARP, which regulates the activity of the chromatin-remodeling complex.
The slow rate of ATP hydrolysis generally associated with actin superfamily members may serve as an internal clock governing a
particular step in the remodeling reaction. The transient binding of a regulatory protein instead of ATP may also influence the
conformational state of the Arp and hence may also control the activity of the remodeling reaction. In Mode! {B), Arps may regulate the
assembly of multisubunit complexes. This model predicts that the binding of one subunit to the Arp drives a conformational change of the
protein such that it becomes competent to bind one or more additional subunits.

regulate the stepwise assembly of these chromatin remodel-
ing enzymes (Figure 2B). For example, an actin—Arp or Arp—
Arp heterodimer may exist initially in a conformation that is
only competent for binding of a hypothetical subunit “A”.
Binding of subunit “A”, however, would trigger a conforma-
tional change in the “actin fold” that promotes binding of
subunit “B”. In essence, this model predicts that the Arps
may provide a protein surface for nucleating the directional
assembly of large multisubunit complexes. This is consistent
with previous evidence that Arp1p filaments may act as a
protein scaffold for assembly of dynactin, and that the
Arp2p—Arp3p complex may provide a binding surface for the
nucleation of actin filaments.®'® This assembly model may
also provide an explanation for why different chromatin-
remodeling complexes harbor members of different Arp
classes. For instance, the NuA4 and SWI/SNF complexes do
not share common subunits, and each complex contains
different Arps. In contrast, the SWI/SNF and RSC complexes
contain a similar core of four highly related subunits, and

both complexes contain Arp7p and Arp9p.“-> One obvious
prediction of this model is that mutations in Arp subunits
should compromise complex assembly. Specifically, SWI/
SNF or RSC complexes could be isolated from strains
harboring temperature-sensitive alleles of ARP7 or ARP9. ®
Model A predicts that these arp mutations will alter the
activity of these complexes, whereas Model B suggests that
complexes isolated from cells grown at the nonpermissive
temperature would be incompletely assembled. Further-
more, Model B predicts that extragenic suppressors of arp7
or arp9 mutants might yield mutations in other SWI/SNF or
RSC subunits.

Conclusions

The recent identification of Arps as a common feature of
chromatin-remodeling compiexes has generated much sur-
prise and enthusiasm in both the cytoskeleton and transcrip-
tion fields. The actin superfamily of proteins is characterized
by a common tertiary structure that functions by coupling
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ATP hydrolysis to large protein conformational changes. As
such, it is predicted that the Arps might share this ATP-
dependent function. However, the question remains as to
whether all Arps bind nucleotides and, if not, whether they
bind other protein effectors that can also induce protein
conformational changes. In this paper, we have presented
two testable models to explain how Arps might control the
function of chromatin-remodeling enzymes. Studies are
under way to define the biochemical roles of Arps in
chromatin-remodeling reactions, and such studies will
undoubtedly yield new insights into how these large macro-
molecular enzymes operate and how they are regulated.
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SWI-SNF is an ATP-dependent chromatin remodeling
complex required for expression of a number of yeast
genes. Previous studies have suggested that SWI-SNF
action may remove or rearrange the histone H2A-H2B
dimers or induce a novel alteration in the histone octa-
mer. Here, we have directly tested these and other mod-
els by quantifying the remodeling activity of SWI-SNF
on arrays of (H3-H4), tetramers, on nucleosomal arrays
reconstituted with disulfide-linked histone H3, and on
arrays reconstituted with histone H3 derivatives site-
specifically modified at residue 110 with the fluorescent
probe acetylethylenediamine-(1,5)-naphthol sulfonate.
We find that SWI-SNF can remodel (H3-H4), tetramers,
although tetramers are poor substrates for SWI-SNF re-
modeling compared with nucleosomal arrays. SWI-SNF
can also remodel nucleosomal arrays that harbor disul-
fide-linked (H38-H4), tetramers, indicating that SWI-SNF
action does not involve an obligatory disruption of the
tetramer. Finally, we find that although the fluores-
cence emission intensity of acetylethylenediamine-(1,5)-
naphthol sulfonate-modified histone H3 is sensitive to
octamer structure, SWI-SNF action does not alter fluo-
rescence emission intensity. These data suggest that
perturbation of the histone octamer is not a require-
ment or a consequence of ATP-dependent nucleosome
remodeling by SWI-SNF.

The assembly of eukaryotic DNA into folded nucleosomal
arrays has drastic consequences for many nuclear processes
that require access to the DNA sequence, including RNA tran-
scription, DNA replication, recombination, and repair. The nu-
cleosome, which consists of 147 bp! of DNA wrapped nearly
twice around an octamer of histones H2A, H2B, H3, and H4,
can occlude DNA sequences both in vivo and in vitro. The
nucleosome is not a static structure but appears to be a dy-
namic and flexible assembly. For instance, moderate concen-
trations of NaCl can lead to several distinct changes in nucleo-
some conformation (1-4). In addition, nucleosomes isolated
from transcriptionally active chromatin appear to be depleted
of histone H2A-H2B dimers (diseussed in Ref. 5) and contain
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histone octamers the interiors of which are more accessible to
enzymatic and chemical modifications (6—8). Nucleosomes
from transcriptionally active chromatin can also be visualized
microscopically as extended, largely unfolded structures (9, 10).
These and other studies have led to the view that regulatory
factors might antagonize the repressive effects of chromatin by
disrupting the structure or conformation of the histone octamer
(discussed in Ref. 11).

Two types of highly conserved chromatin remodeling en-
zymes have been implicated as regulators of the repressive
nature of chromatin structure (12, 13). Several members of the
SWI2/SNF2 family of DNA-stimulated ATPases use the energy
of ATP hydrolysis to disrupt nucleosome structure, which can
lead to an enhanced mobility of nucleosomes (1416, 64). The
second type consists of the nuclear histone acetyltransferases
that covalently modify lysine residues within the flexible N-
terminal domains of the histone proteins. The Saccharomyces
cerevisice SWI-SNF complex is the prototype ATP-dependent
chromatin remodeling complex. This widely conserved 2-MDa
multisubunit assembly is required for the inducible expression
of a number of diversely regulated yeast genes and for the full
functioning of many transcriptional activators (reviewed in
Refs. 17 and 18). SWI-SNF can be recruited to target genes via
direct interactions with gene-specific activators (19-21), and in
several cases, SWI-SNF facilitates the binding of activators to
nucleosomal sites in vivo (22, 23). In vitro, the purified SWI-
SNF complex is a DNA-stimulated ATPase that can use the
energy of ATP hydrolysis to disrupt histone-DNA interactions.
Although the mechanism by which SWI-SNF disrupts nucleo-
some structure is not known, this “remodeling” reaction leads
to an enhanced accessibility of nucleosomal DNA to DNase I
(24-26), restriction enzymes (27, 28), and sequence-specific
DNA-binding proteins (24, 25, 29). More recently, SWI-SNF
has been shown to increase DNA accessibility of nucleosomal
arrays in a catalytic manner that is dependent on the presence
of histone N-terminal domains (27, 28).

Four different models have been proposed to explain the
mechanism by which ATP-dependent remodeling by the SWI-
SNF complex increases nucleosomal DNA accessibility. 1) Sev-
eral studies have suggested that SWI-SNF might remove or
rearrange the H2A-H2B dimers (24, 30-34). 2) SWI-SNF re-
modeling may induce a novel conformation of the histone octa-
mer (Refs. 35 and 36; discussed in Ref. 11) that might involve
conformational changes in the (H3-H4), tetramer analogous to
the transcription-associated transitions described above. 3)
SWI-SNF may use the energy of ATP hydrolysis to translocate
along DNA and destabilize histone-DNA interactions (dis-
cussed in Ref. 37). This model is similar to the octamer spooling
mechanism described by Studitsky et al. (38) for passage of
polymerases through nucleosomes. 4) Finally, SWI-SNF might
bind directly to nucleosomes and use the energy of ATP hydrol-
ysis to change the path of nucleosomal DNA (25) or to peel DNA
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off the surface of the histone octamer without changing octa-
mer structure (39).

In this study, we have directly tested whether ATP-depend-
ent chromatin remodeling by the SWI-SNF complex alters the
composition or conformation of the histone octamer. We use a
nucleosomal array remodeling assay (27, 28) to quantify SWI-
SNF activity on arrays of histone (H3-H4), tetramers and on
nucleosomal arrays reconstituted with histone octamers con-
taining internally cross-linked tetramers. In order to monitor
more subtle or transient changes in octamer structure, we also
measured the effects of SWI-SNF remodeling on the steady
state fluorescence of nucleosomal and tetramer arrays harbor-
ing a histone H3 derivative site specifically modified at residue
110 with the fluorescent probe acetylethylenediamine-(1,5)-
naphthol sulfonate (AEDANS) (1, 2, 40). Taken together, our
data are consistent with a model in which substrate recognition
by SWI-SNF requires an intact histone octamer, and subse-
quent ATP-dependent remodeling disrupts histone-DNA con-
tacts without a concomitant loss of histone proteins or pertur-
bation of the histone octamer.

EXPERIMENTAL PROCEDURES

Reagent Preparation—Array DNA template was isolated by digestion
of plasmid pCL7¢ with NotI, Hindlll, and Hhal (New England Biolabs)
followed by FPLC purification on Sephacryl-500 (Amersham Pharmacia
Biotech) essentially as described (27, 41). Array DNA template was
end-labeled as described (27, 41).

Chicken erythrocyte histone octamers were purified from chicken
whole blood (Pel-Freez) as described previously (42). Tetramers were
provided as a kind gift from Jeff Hansen and were purified by stepwise
elution from hydroxylapatite columns as described (42). Tetramers
were dialyzed against Buffer T (1 M NaCl, 10 mu Tris-HC], pH 8.0, 0.25
mM EDTA, 0.1 mMm dithiothreitol) prior to array reconstitution. Disul-
fide-linked histone octamers were generated by first diluting histone
octamers 2-fold with Buffer D1 (10 M urea, 2 M NaCl, 20 mmM Tris-HC],
pH 8.0) followed by dialysis against Buffer D2 (5 M urea, 2 M NaCl, 10
mM Tris-HCI, pH 8.0) at 4 °C with constant agitation for 4 days. Histone
octamers were then reconstituted by dialysis against Buffer D3 (2 M
NaCl, 10 mMm Tris-HCI (pH 8.0), 0.25 mm EDTA). Histone H3 oxidation
efficiency was analyzed by SDS-polyacrylamide gel electrophoresis in
the absence of reducing agent (see Fig. 1B, lane 3). AEDANS-modified
histone H3 was generated by first diluting histone octamers 2-fold with
Buffer D1, followed by addition of iodoacetylethylenediamine-(1,5)-
naphthol sulfonate (1,5-JAEDANS) (Molecular Probes, Inc.) at a molar
ratio of 20:1 (1,5-JAEDANS:H3) and incubation for 2 h at room temper-
ature on a nutator (Adams). Reactions were quenched with an excess of
B-mercaptoethanol (Sigma) and dialyzed against Buffer D2 to remove
unreacted 1,5-IAEDANS. Samples were then dialyzed against Buffer
D3 to reconstitute histone octamers. Labeling specificity was verified by
visualization of the corresponding fluorescent histone band upon illu-
mination with long wave ultraviolet light.

SWI-SNF complex was purified from yeast strain CY396 or CY743
(sin3A) as described (41). The concentration of complex was determined
to be approximately 300 nM by comparative Western blot and by
ATPase assays (27, 41).

Reconstitution and Analysis of Nucleosomal Arrays—Arrays were
reconstituted onto the 208-11 S DNA. template (Fig. 14) in a Slide-a-
lyzer dialysis cassette (Pierce) using the salt dialysis protocol of Hansen
and Lohr (43). Octamer concentrations were determined by A3, (44).
Array saturation and nucleosome/tetramer positioning was determined
by EcoRI or Mspl digestions using approximately 20 nM array in re-
modeling buffer (5 mm MgCl,, 50 mM NaCl, 10 mm Tris-HCI (pH 8.0), 1
mM dithiothreitol) as describéd previously (27, 28, 41, 42). Arrays were
digested for 30 min at 37 °C, and the reactions were electrophoresed on
4% native polyacrylamide gels (see Fig. 1C). The gel was briefly soaked
in 2 pg/ml ethidium bromide and photographed under ultraviolet
illumination.

Assay Conditions—Coupled array remodeling-restriction reactions
were performed in a final concentration of 5 mm MgCl,, 50 mM NaCl, 10
mM Tris-HC1 (pH 8.0), 1 mM dithiothreitol, 0.1 mg/ml bovine serum
albumin, 1 mM ATP, and 500 units/ml Hincll (New England Biolabs) as
described previously (27, 28, 41).

Fluorescence spectroscopic studies were carried out using a PTI
QMU/S.E.901/S.E.910Q fluorescence spectrophotometer. Samples were

SWI-SNF Action Does Not Disrupt the Histone Octamer

excited at 344 nm (slit width, 2.5 nm), and emission intensities were
recorded from 450 to 500 nm (slit width, 4 nm). Samples (80 ul in quartz
microcuvettes) contained 4 nM AEDANS-labeled octamer or tetramer
array in remodeling buffer (described above) at room temperature. In
experiments assessing effects of monovalent salt, emission intensities
were recorded initially 0.5 min after adjustment to 50, 75, 150, and 300
mM NaCl and 0.5, 60, 120, 240, 480, and 960 min after subsequent
adjustment to 600 mM NaCl. In experiments assessing effects of SWI-
SNF, emission intensities were recorded initially at 5 min after addition
of a final concentration of 2, 10, or 20 nM purified SWI-SNF and 5, 10,
and 60 min after subsequent addition of a 1 mM final concentration of
ATP. For samples in which SWI-SNF, ATP, or salt was added to the
arrays, data were corrected for a buffer addition control. All data were
corrected for dilution.

RESULTS

SWI-SNF Remodels Arrays of Histone (H3-H4), Tetram-
ers—It has been proposed that SWI-SNF increases the acces-
sibility of nucleosomal DNA by depletion or rearrangement of
the histone H2A-H2B dimers (Refs. 24, 30, 31, 32, and 34;
discussed in Ref. 33). In order to investigate whether loss of the
dimers is equivalent to the SWI-SNF remodeled state, we used
purified chicken erythrocyte histone octamers or (H3-H4), tet-
ramers (Fig. 1B, lanes 1 and 4) to reconstitute nucleosomal or
tetramer arrays. The DNA template used for these reconstitu-
tions is composed of 11 head-to-tail repeats of a nucleosome
positioning sequence from the Lytechinus variegatus 5 S TfRNA
gene, each of which is flanked by EcoRI restriction sites. Nu-
cleosomes that are reconstituted onto each of these 5 S repeats
assume a major translational position that is present in at least
50% of the population (45, 46). Minor translational positions
also exist and differ from the major frame by multiples of 10 bp.
The central repeat of our array template also bears a unique
Sall/Hincll restriction site close to the dyad axis of symmetry
of a nucleosome positioned at the major frame (27, 47). Array
reconstitutions were analyzed for extent of DNA repeat satu-
ration and for correct positioning by restriction enzyme cleav-
age (Fig. 1C; see also under “Experimental Procedures”) (27,
41, 42). EcoRI digestion of nucleosomal or tetramer arrays
releases primarily mononucleosome-sized particles and few of
the high molecular weight partial digestion products that
would be indicative of alternative positioning or oversaturation
(Fig. 1C). Digestion of nucleosomal or tetramer arrays with
Mspl (the site of which is located ~30 bp from the predicted
dyad axis of a nucleosome positioned at the major frame) dem-
onstrates that these sites are fully protected by nucleosomal
arrays but accessible in tetramer arrays (Fig. 1C). These data
are consistent with the fact that an (H3-H4), tetramer assumes
the same translational positions as an intact octamer (48, 49)
but that the tetramer assembles less DNA (34).

We then exploited a sensitive nucleosomal array remodeling
assay in which SWI-SNF remodeling activity is coupled to
restriction enzyme activity (27, 28). Previously we used this
assay to determine the kinetic parameters of ATP-dependent
nucleosomal array remodeling by the SWI-SNF and RSC (re-
models the structure of chromatin) complexes (27, 28, 41). To
quantify the remodeling capacity of SWI-SNF complex, 3 nM of
nucleosomal or tetramer array was exposed to 500 units/ml
Hincll, either in the presence or absence of 3 nm SWI-SNF
complex and 1 mm ATP (Fig. 2A). As described previously,
Hincll digestion of nucleosomal arrays is biphasic (27); the
first, rapid phase of the reaction represents digestion of arrays
harboring Hincll sites positioned between nucleosomes, and
the second, slow phase represents digestion of the nucleosomal
Hincll sites. By limiting our analysis to the second phase of
Hincll digestion, the first order rate of Hincll cleavage yields a
quantitative measurement of nucleosomal DNA accessibility
(27, 28, 47).

In the absence of SWI-SNF, the first order rate of Hincll




e e

k

SWI-SNF Action Does Not Disrupt the Histone Octamer 11547

Fic.1. Array reconstitutions. A,
schematic representation of the 208-11 S
template DNA used to reconstitute nu-
cleosomal and tetramer arrays. It consists
of 11 head-to-tail repeats of a 5 S rRNA
nucleosome positioning sequence, the cen-
tral repeat bearing an unique Sall/HincIl
restriction enzyme site. Each repeat is
flanked by EcoRI restriction enzyme
sites. In addition, an Mspl site is located
~30 bp from the predicted dyad axis of
symmetry of each positioned nucleosome.
B, analysis of histone proteins used for
array reconstitutions by 18% SDS-poly-
acrylamide gel electrophoresis and Coo-
massie staining. Lane 1, chicken histone
octamers; lane 2, chicken histone octam-
ers contained 1,5-IAEDANS conjugated
to histone H3; lane 3, oxidized chicken
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cleavage was 1.3 X 1075 for tetramer arrays and 2.4 X 107° for
nucleosomal arrays (Fig. 2; see also Table I). The 5-fold higher
rate for the tetramer arrays is comparable to the rate observed
previously for nucleosomal arrays reconstituted with histones
that lack their trypsin-sensitive N-terminal domains (28) and
is consistent with nucleosomal DNA being more accessible in
the absence of the histone H2A-H2B dimers (31, 48, 50, 51). In
the presence of SWI-SNF, the first order rate of Hincll cleavage
was 6.4 X 107° for tetramer arrays and 9.2 X 1075 for nucleo-
somal arrays (Fig. 2; Table I). The fact that the rate of cleavage
of nucleosomal arrays in the presence of SWI-SNF significantly
exceeded the rate of cleavage of tetramer arrays in the absence
of SWI-SNF (see Table I) indicates that remodeling is not
equivalent simply to loss of histone H2A-H2B dimers. The fact
that the rate of cleavage of tetramer arrays in the presence of
SWI-SNF is 5-fold higher than the rate in the absence of
SWI-SNF indicates further that SWI-SNF can remodel tet-
ramer arrays. However, SWI-SNF remodeling of tetramer ar-
rays appears to be quantitatively less efficient than SWI-SNF
remodeling of nucleosomal arrays, as the rate of cleavage of
tetramer arrays in the presence of SWI-SNF was 30% slower

than that of nucleosomal arrays in the presence of SWI-SNF
(Fig. 2C; see also Table I).

SWI-SNF Activity Is Not Catalytic on Arrays of (H3-H4),
Tetramers—Previously, we showed that SWI-SNF is able to
catalytically remodel multiple nucleosomal arrays and that
histone N-terminal domains are required for this reaction (27,
28). As remodeling of tetramer arrays appears to be quantita-
tively less effective than remodeling of nucleosomal arrays (see
above), we investigated whether SWI-SNF was able to function
catalytically, or only stoichiometrically, on tetramer arrays.
Remodeling assays were carried out in which there was a
10-fold molar excess of array to remodeling complex (12 nm
array to 1.2 nm SWI-SNF). Consistent with previous data,
SWI-SNF was able to stimulate Hincll cleavage of nucleosomal
arrays throughout the 150-min time course (Fig. 34, left panel;
see also Refs. 27 and 28). However, there was only minor
stimulation of Hincll cleavage by SWI-SNF on tetramer arrays
(Fig. 3A, right panel). In fact, the rate of Hincll cleavage on
tetramer arrays in the presence of SWI-SNF approximated the
rate determined in the absence of remodeling complex (Fig. 24,
right panel; and Table I). Fig. 3B shows the quantification of
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timal substrates for SWI-SNF. A, rep-
resentative time course for Hincll diges-
tion of 3 nM nucleosomal (left panel) or
(H3-H4), tetramer (right panel) arrays in
the presence (#) or absence (@) of 3 nM
SWI-SNF. Time point 0 reflects a 20-min
preincubation with Hincll in the absence
of SWI-SNF. The high percentage of tet-
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TABLE 1
Comparative analysis of array substrates

Rates of Hincll cleavage SWI/SNF-dependent rate

Array substrate Keont

Without SWI/SNF

With SWI/SNF stimulation

43 x107¢
2.3x1072
6.8 x 107¢
1.2 x 1078

Nucleosomal

Tetramer

Disulfide-linked nucleosomal
AEDANS-labeled nucleosomal

2.4 X 1076 (£2.0 X 1077
1.3 X 1072 (x1.7 X 107%)
3.8x107¢(£2.8 X 1077
6.6 X 1076 (+8.0 X 1077

-1

9.2 X 1075 (£1.0 X 107%)
6.4 X 1073 (6.6 X 107°)
9.6 X 1073 (=1.7 X 1079%)
1.1 X 107*(=1.5 X 107%)

min
37X (*x14%)

5X (£17%)
25X (£19%)
17X (£18%)

@ K, .u¢ is the conformational equilibrium constant and is defined as the ratio of the rate of digestion of substrate array to the rate of digestion
of naked DNA/unit of enzyme (47). The rate of digestion of naked DNA/unit of enzyme used for the K, determination is 5.6 X 107® min™".

the amount of SWI-SNF-dependent array cleavage during the
150-min time course. As expected, SWI-SNF was able to per-
form approximately 2.5 rounds (3 nM of array cleaved by 1.2 nm
SWI-SNF) of nucleosomal array remodeling in 150 min (~50
min per round; see also Ref. 27). In contrast, SWI-SNF was
unable to complete even one round of remodeling on tetramer
arrays (0.3 nM array cleaved due to 1.2 nm SWI-SNF) during
the time course. Therefore, SWI-SNF is unable to catalytically
remodel multiple arrays of (H3-H4), tetramers.

One possible explanation for the lack of catalytic remodeling
of tetramer arrays may be that SWI-SNF has a higher affinity
for tetramer arrays and is thus defective for product release
(analogous to the explanation for the lack of catalytic remod-
eling of trypsinized nuclecsomal arrays (28)). In order to inves-
tigate this possibility, SWI-SNF remodeling reactions were
assembled that contained labeled nucleosomal array and a 3- or
12-fold molar excess of free DNA, nucleosomal, trypsinized
nucleosomal, or tetramer competitor array. Under these condi-
tions, tetramer arrays competed for SWI-SNF activity to the
same extent as nucleosomal arrays or free DNA, In contrast,
trypsinized nucleosomal arrays were markedly more potent in
competing for SWI-SNF activity (data not shown; see also Ref.
28). This suggests that the defect in catalytic remodeling of
tetramer arrays, unlike the defect in catalytic remodeling of
trypsinized nucleosomes, is not due to a higher affinity of
SWI-SNF for these arrays.

SWI-SNF Remodeling Does Not Require Disruption of the
(H3-H4), Tetramer—Chicken histone octamers contain only
two cysteine residues (Cys-110 of each of the two copies of
histone H3), and these cysteine residues are in close apposition
within the interior of the histone octamer near the dyad axis of

symmetry (34, 52). The cysteine residues normally are inacces-
sible to chemical modification, although denatured histone H3
can be disulfide-linked or chemically modified in vitro with
minimal perturbation to the subsequently reconstituted his-
tone octamer (52-54). In contrast, these cysteine residues ap-
pear to be more exposed to solvent in nucleosomes isolated from
transcriptionally active chromatin (6—8) or when nucleosomes
are exposed to higher salt concentrations (1, 2).

To investigate whether SWI-SNF action might require a
structural transition of the (H3-H4), tetramer, we reconsti-
tuted nucleosomal arrays with histone octamers that contain
disulfide-linked histone H3 (Fig. 1B, lane 3; see under “Exper-
imental Procedures” for details). As desecribed above, 3 nm of
nucleosomal or disulfide-linked nucleosomal array was incu-
bated in the presence or absence of SWI-SNF and 1 mm ATP. In
the absence of SWI-SNF, the first order rate of cleavage by
Hincll was 3.8 X 107° for the disulfide-linked nucleosomal
array compared with 2.4 X 107® for nucleosomal arrays (Fig.
4A; Table I). This is consistent with previous observations that
disulfide-linked histone octamers can be reconstituted into nu-
cleosomes that are not grossly different from canonical nucleo-
somes (Refs. 52-54; see also Fig. 1C). We then quantified the
ability of SWI-SNF to increase the accessibility of nucleosomal
DNA to restriction enzyme cleavage on the disulfide-linked and
nucleosomal arrays. In the presence of SWI-SNF complex, Hin-
cll cleavage was stimulated 25-fold on the disulfide-linked
arrays and 37-fold on the control nucleosomal arrays (Fig. 44;
Table I). Furthermore, the first order rate of Hincll cleavage in
the presence of SWI-SNF was nearly identical for the disulfide-
linked and control nucleosomal arrays (Fig. 4B; Table I). These
data strongly suggest that structural perturbation of the his-
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tone (H3-H4), tetramer is not an obligatory intermediate or
product of ATP-dependent nucleosome remodeling.

SWI-SNF Action Does Not Alter the Steady State Fluores-
cence of AEDANS-modified Arrays—The cysteine residue of
histone H3 can also be modified with sulfhydryl-specific fluo-
rescent groups (1, 2, 40, 55-57). For instance, reconstitution of
nucleosomes with AEDANS-labeled H3 does not cause a signif-
icant perturbation of nucleosome structure (1, 2, 54), and
steady state AEDANS fluorescence has been used to detect
changes in octamer conformation as a function of monovalent
cation concentration (1, 2). We used this method in an attempt
to detect more subtle or transient changes in histone octamer
integrity and conformation as a result of ATP-dependent SWI-
SNF activity.

Nucleosomal and tetramer arrays were reconstituted after
modification of histone H3 with the sulfhydryl-specific fluores-
cent probe AEDANS (1-2; see under “Experimental Proce-
dures” for details). To confirm that the modification did not
disrupt the structure of the arrays or affect the activity of
SWI-SNF, we quantified the kinetics of Hincll cleavage of the
AEDANS-modified nucleosomal arrays in the presence or ab-
sence of SWI-SNF activity. In the absence of SWI-SNF, the first
order rate of cleavage by Hincll was 6.6 X 107° for the AE-
DANS-modified nucleosomal arrays and 2.4 X 107° for the
nucleosomal arrays (Fig. 5A; Table I). The higher rate of cleav-
age observed for the AEDANS nucleosomal arrays indicates
that this histone H3 modification may cause a slight perturba-
tion in the structure or stability of the arrays. In the presence
of SWI-SNF complex, however, the rate of Hincll cleavage was
nearly identical for the AEDANS-modified and nucleosomal
arrays (Fig. 5A; Table I). Thus, the data indicate that SWI-SNF
is fully functional on arrays reconstituted with AEDANS-HS3.

AEDANS-modified nucleosomal and tetramer arrays were
titrated with increasing NaCl concentrations in the absence of
SWI-SNF, and fluorescence emission intensities were recorded
30 s after each adjustment of NaCl concentration. Consistent
with previous studies (1, 2), a dramatic decrease in fluores-
cence emission intensity was detected with increasing NaCl
concentration, suggesting increased solvent accessibility of the
internal structure of the histone octamer (Fig. 5B, left panels).
After adjustment of NaCl concentration to 600 mm, fluores-
cence emission intensities of nucleosomal and tetramer arrays
were monitored as a function of time (Fig. 5B, left panels).
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Consistent with previous results (1, 2), a biphasic decrease in
fluorescence emission intensity was observed, with a fast com-
ponent on the second time scale (complete within 30 s) and a
slow component on the hour time scale (complete within 4 h).
These salt-dependent decreases in fluorescence emission inten-
sity were observed for both nucleosomal and tetramer arrays,
indicating that the observed decreases are not due to disrup-
tion of the interface between the (H3-H4), tetramer and the
H2A-H2B dimers. However, we note that AEDANS-modified
tetramer arrays exhibit a ~3-fold lower fluorescence emission
intensity than AEDANS-modified nucleosomal arrays (see Fig.
5B, left panels), suggesting that the presence of the H2A-
H2B dimers decreases solvent accessibility of the (H3-H4),
tetramer.

We next measured the effect of SWI-SNF remodeling activity
on the steady state fluorescence of AEDANS-modified nucleo-
somal or tetramer arrays. SWI-SNF (2, 10, 20 nM) was added to
arrays (4 nMm) equilibrated in remodeling buffer (see under
“Experimental Procedures” for details) in the absence of ATP,
and emission intensities were recorded (Fig. 5B, right panel,
and data not shown). Subsequently, ATP was added to a final
concentration of 1 mm, and emission intensities were recorded
5, 10, and 60 min after its addition (Fig. 5B; right panel). In
striking contrast to NaCl titration (Fig. 5B, left panels), neither
the binding of SWI-SNF (which occurs in the absence of ATP)
nor ATP-dependent remodeling altered the fluorescence emis-
sion intensities of arrays (Fig. 5B, right panels). Addition of
Hincll directly to the reaction cuvettes confirmed that SWI-
SNF and ATP stimulated Hincll cleavage of the arrays and
thus was active under these conditions (data not shown). Thus,
these data indicate that SWI-SNF remodeling is not accompa-
nied by the loss of the H2A-H2B dimers or by disruption or
changes in the internal accessibility of the (H3-H4), tetramer.

DISCUSSION

The S. cerevisiae SWI-SNF complex provides a paradigm for
a family of eukaryotic protein assemblies that function in an
ATP-dependent manner to alter chromatin structure. Although
it is evident that chromatin remodeling by SWI-SNF and other
related complexes results in enhanced accessibility of nucleo-
somal DNA and an increased mobility of nucleosomes, the
mechanism by which this reaction occurs remains controver-
sial. This study was designed to directly test simple predictions
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for several models that have been proposed for ATP-dependent
chromatin remodeling.

The “Dimer Disruption” Model—In the extreme case, the
dimer disruption model predicts that ATP-dependent remodel-
ing by SWI-SNF will generate a (H3-H4), tetramer. Although
assembly of a (H3-H4), tetramer is sufficient to position at
least 90 bp of DNA (34), several studies have shown that
DNA-tetramer particles are more accessible to DNA-binding
proteins (31, 50, 51), and removal of the histone H2A-H2B
dimers facilitates transcription in vitro (58). A simple predic-
tion of such a model is that the accessibility of DNA within
(H3-H4), tetramer arrays should be equivalent to that of nu-
cleosomal DNA after SWI-SNF remodeling. However, we find
that DNA wrapped around a (H3-H4), tetramer is only about
5-fold more accessible to Hincll digestion compared with DNA
assembled onto a complete histone octamer. SWI-SNF action,
on the other hand, enhances nucleosomal DNA accessibility by
~85-fold (see Table I). Thus, the remodeled state of a nucleo-
some is not equivalent to a (H3-H4), tetramer. The dimer
disruption model also predicts that SWI-SNF will not be able to
enhance the accessibility of (H3-H4), tetramers. We found,
however, that SWI-SNF can remodel arrays of (H3-H4), tet-
ramers, which leads to an additional 5-fold enhancement of
Hincll cleavage rates. Finally, we show that fluorescence emis-
sion intensity of AEDANS-modified tetramer arrays is signifi-
cantly lower than that of AEDANS-modified nucleosomal ar-
rays (presumably due to increased solvent accessibility of the
internal structure of the tetramer) (Fig. 5B). The fact that
SWI-SNF remodeling of AEDANS-modified nucleosomal ar-
rays does not decrease fluorescence emission intensity from the
level characteristic of nucleosomal arrays to the level of tet-
ramer arrays (Fig. 5B, right panels) also indicates that remod-
eling does not involve dimer disruption. Thus, SWI-SNF action
does not convert a nucleosome into a tetramer.

The “Nucleosome Spooling” Model—The nucleosome spooling
model for SWI-SNF action is based on the mechanism for
passage of some RNA polymerases through a nucleosome (38).
This model proposes that the energy of ATP hydrolysis might
be used to translocate SWI-SNF along DNA and around a
nucleosome in a “wave-like” fashion (discussed in Ref. 37). Such
ATP-driven translocation of SWI-SNF along the DNA would
disrupt histone-DNA contacts and may also lead to movement
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of the histone octamer. Such a reaction mechanism might also
result in transfer of intact histone octamers onto an acceptor
DNA, which has been observed during nucleosome remodeling
by the yeast RSC complex (59). The nucleosome spooling model
predicts that SWI-SNF will not discriminate between a tet-
ramer and nucleosomal substrate. In fact, one might predict
that the absence of H2A-H2B dimers might facilitate the abil-
ity of SWI-SNF to translocate through the residual histone-
DNA interactions of the (H3-H4), tetramer. Although SWI-
SNF does remodel the (H3-H4), tetramer arrays, the apparent
rate of remodeling was approximately 30% slower than the rate
for nucleosomal array remodeling. Furthermore, SWI-SNF was
inactive on the (J13-H4), tetramers in remodeling reactions in
which the concentration of tetramer array was in excess over
SWI-SNF. These results demonstrate that arrays of (H3-H4),
tetramers are poor substrates for ATP-dependent remodeling
by SWI-SNF, a result that is not predicted by the nucleosome
spooling model. Furthermore, SWI-SNF does not show ATP-de-
pendent tracking activity in a DNA supercoiling assay (60), nor
do other SWI2/SNF2 family members (e.g. Motlp) demonstrate
DNA tracking activity (61). Together, these data suggest that
ATP-dependent remodeling by SWI-SNF does not involve DNA
tracking, nor is it equivalent to the loss of the H2A-H2B
dimers. Our data do indicate that efficient remodeling activity
requires a canonical histone octamer that contains both an
(H3-H4),, tetramer and one or more H2A-H2B dimers.
SWI-SNF Action Does Not Perturb Octamer Structure—Sev-
eral groups have recently suggested the alternative possibility
that SWI-SNT activity might induce a novel conformation of
the nucleosome that may involve rearrangement of the histone
octamer without loss of histone proteins (32, 35, 36). This model
is consistent with recent electron microscopy studies that indi-
cated that ATP-dependent remodeling by SWI-SNF does not
change the protein mass of a nucleosome and that remodeling
is relatively insensitive to addition of an external cross-linking
reagent, dimethyl suberimidate to mononucleosomes or nucleo-
somal arrays (39). What is this alternate conformation? Lee et
al. (32) proposed that human SWI-SNF might use the energy of
ATP hydrolysis to rearrange one or both H2A-H2B dimers such
that only the flexible N-terminal domain contacts DNA close to
the nucleosomal dyad. This novel octamer conformation might
then have a propensity to form the dinucleosome-like particle
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Fic. 5. Effects of SWI-SNF on steady
state fluorescence emission intensity
of nucleosomal and tetramer arrays
reconstituted with AEDANS-H3. A,
SWI-SNF can remodel AEDANS-labeled
nucleosomal arrays (see also Table I).
Representative time course for Hincll di-
gestion of 3 nM nucleosomal (left panel) or
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that was previously observed (35, 36). Alternatively, SWI-SNF
action might lead to a conformational change in the (H3-H4),
tetramer that might mimic the “split nucleosome” or “lexo-
some” structure that that has been proposed for the structure
of transcriptionally active chromatin (6, 9, 10).

To test these possibilities, we took advantage of the single
cysteine residue found within each copy of chicken histone H3.
These two cysteines are buried within the histone octamer and
are located very close to each other at the nucleosomal dyad
axis (34, 52). To test for gross changes in the structure of the
(H3-H4), tetramer, we monitored the apparent rates of remod-
eling of nucleosomal arrays that contain disulfide-linked (H3-
H4), tetramers. We found that SWI-SNF remodeled these sub-
strates with rates equivalent to nucleosomal arrays. These
data indicate that SWI-SNF action does not require a signifi-
cant rearrangement of the tetramer.

To probe for more subtle changes in the structure of the
histone octamer, we also monitored the effects of ATP-depend-
ent remodeling on the steady state fluorescence of AEDANS-
labeled nucleosomal and tetramer arrays. Steady state fluores-
cence of AEDANS-H3 has been used to detect at least three
distinct conformational states of the nucleosome as a function
of salt concentration (1, 2). Furthermore, the solvent accessi-

450 460 470

-

480 490 500 450 460 470 480 490 500

Wavelength (nm)

bility of the AEDANS group, and thus its fluorescence emission
intensity, is predicted from previous fluorescence studies to be
highly dependent on the presence of one or both histone H2A-
H2B dimers (Ref. 57; see also Fig. 5B, left panels).

We found that in contrast to increased salt concentrations,
which have large effects on fluorescence emission intensities of
nucleosomal or tetramer arrays (Refs. 1 and 2; see also Fig. 5B,
left panels), addition of SWI-SNF (one SWI-SNF per two nu-
cleosomes), with or without ATP, had no measurable effect on
fluorescence emission intensities (Fig. 5B, right panels). These
data suggest that SWI-SNF does not change the overall struc-
ture or the solvent accessibility of the histone octamer or
tetramer.

What Is ATP-dependent Chromatin Remodeling?—Our data
are consistent with previous suggestions that ATP-dependent
nucleosome remodeling by SWI-SNF disrupts histone-DNA
contacts without a structural change in the histone octamer
(Refs. 25 and 39; discussed in Ref. 62). How does SWI-SNF
accomplish this feat? The remodeling reaction randomizes the
rotational setting of both wraps of nucleosomal DNA without
removing most of the DNA from the octamer surface (25).
Furthermore, SWI-SNF action does not enhance the reactivity
of nucleosomal DNA to potassium permanganate, indicating
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that remodeling does not involve an unwinding of the DNA
double helix (25). We favor models in which the energy of ATP
hydrolysis is used to rotate the DNA helix along its long axis
relative to the histone octamer. In one such model, SWI-SNF
would remain at a fixed position relative to the histone octa-
mer, and both SWI-SNF and the octamer would remain in a
fixed translational position relative to DNA. In this model,
SWI-SNF would rotate the DNA helix back and forth with each
round of ATP hydrolysis, changing rotational phasing and dis-
rupting histone-DNA contacts throughout both wraps of nu-
cleosomal DNA. In another, similar model, SWI-SNF would
remain in a fixed position relative to the octamer, but SWI-SNF
and the octamer would not remain in a fixed translational
position relative to the DNA. In this model ATP-driven DNA
helix rotation would “screw” the octamer along the DNA helix,
changing the translational position of the octamer (analogous
to a model proposed in Ref. 63). Either of these models would be
consistent with previous data (see above and Ref. 25), as well as
with recent studies indicating that several members of the
SWI-SNF family of chromatin remodeling complexes can en-
hance nucleosome mobility (14-16, 64). Studies designed to
test and distinguish between these models are in progress.
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ATP-dependent chromatin remodeling enzymes an-
tagonize the inhibitory effects of chromatin. We com-
pare six different remodeling complexes: ySWI/SNF,
yRSC, hSWI/SNF, xMi-2, dCHRAC, and dNURF. We find
that each complex uses similar amounts of ATP to re-
model nucleosomal arrays at nearly identical rates. We
also perform assays with arrays reconstituted with hy-
peracetylated or trypsinized histones and isolated his-
tone (H3/H4), tetramers. The results define three groups
of the ATP-dependent family of remodeling enzymes. In
addition we investigate the ability of an acidic activator
to recruit remodeling complexes to nucleosomal arrays.
We propose that ATP-dependent chromatin remodeling
enzymes share a common reaction mechanism and that
a key distinction between complexes is in their mode of
regulation or recruitment.

The assembly of eukaryotic DNA into folded nucleosomal
arrays is likely to have a major impact on the efficiency or
regulation of nuclear processes that require access to the DNA
sequence, including RNA transcription, DNA replication, re-
combination, and repair. In fact, it is now generally recognized
that disruption or remodeling of chromatin structure is a rate-
determining step for most of these nuclear DNA transactions
(1-3). Two classes of highly conserved chromatin remodeling
enzymes have been implicated as regulators of the repressive
nature of chromatin structure, the first class includes enzymes
that covalently modify the nucleosomal histones (e.g. acetyla-
tion, phosphorylation, methylation, ADP-ribosylation; re-
viewed in Ref. 4), and the second class is composed of multi-
subunit complexes that use the energy of ATP hydrolysis to
disrupt histone-DNA interactions (reviewed in Refs. 5 and 6).

Each member of the ATP-dependent family of chromatin
remodeling enzymes contains an ATPase subunit that is re-
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lated to the SWI2/SNF2 subfamily of the DEAD/H superfamily
of nucleic acid-stimulated ATPases (7). Seventeen members of
the SWI2/SNF2 family have been identified in the yeast ge-
nome (6), and to date, four of these ATPases have been purified
as subunits of distinct chromatin remodeling complexes ySWI/
SNF (8, 9), yRSC (10), ISW1 and ISW2 (11). Additional ATP-
dependent remodeling complexes that harbor SWI2/SNF2 fam-
ily members have been identified in Drosophile (dACF (12),
dNURF (13), dCHRAC (14), Brahma (15, 16)), human (hSWI/
SNF (17), hNURD (18-20), hRSF (21)), and frog (xMi-2 (22)).
Although these complexes have a variable number of subunits
(i.e. 3-15), and many different types of assays have been used
to monitor the activity of individual complexes, each enzyme
can apparently use the energy of ATP hydrolysis to alter chro-
matin structure and enhance the binding of proteins to nucleo-
somal DNA-binding sites (3, 5). Furthermore, in the case of the
ySWI/SNF, Drosophila Brahma, and hSWISNF complexes,
remodeling is required for transcriptional regulation of target
genes in vivo (Refs. 23 and 24, for review, see Ref. 5).

ATP-dependent chromatin remodeling complexes have been
further divided into three groups based on whether the se-
quence of the ATPase subunit is more related to yeast SWI2
(ySWI/SNF, yRSC, Brahma, and hSWI/SNF), Drosophila ISWI
(ISW1, ISW2, dNURF, dCHRAC, dACF, and hRSF), or human
Mi-2 (hNURD, xMi-2) (reviewed in Ref. 3). Although each of
these ATPases share a SWI2/SNF2-like ATPase domain, they
harbor additional, unique sequence motifs adjacent to the
ATPase domain that are characteristic of each group, the SWI2
group contains a bromodomain (25), the ISWI group contains a
SANT domain (26), and the Mi-2 group contains a chromeodo-
main (27). Differences among some groups are also apparent in
the nucleic acid cofactor required for stimulation of ATPase
activity. For enzymes that contain a SWI2-like ATPase (ySWI/
SNF, yRSC, and hSWIVSNF), ATPase activity is stimulated
equally well by “free” DNA or nucleosomes (8, 10, 28). In
contrast, the ATPase activity of enzymes that contain an ISWI-
like or Mi-2-like ATPase is optimally stimulated by nucleo-
somes (18—20, 22, 29). In the case of ISWI-like ATPases, this
requirement for nucleosomes may reflect obligatory interac-
tions with the trypsin-sensitive, histone N-terminal domains
(30).

Here we report the first direct comparison of the biochemical
properties of six different chromatin remodeling -enzymes
(ySWI/SNF, yRSC, dCHRAC, dNURF, hSWI/SNF, and xMi-2)
which encompass all three previously suggested groups. Sur-
prisingly, each complex shows similar ATPase activity on nu-
cleosomal array substrates, and they are each able to facilitate

This paper is available on line at http://www.jbc.org
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nucleosome mobilization within an array at nearly equivalent
rates. We have also investigated the nucleosome substrate
requirements for each enzyme by using arrays reconstituted
with hyperacetylated or trypsinized histone octamers, as well
as histone (H3/H4), tetramers. ATPase and remodeling assays
with these different substrates identify new common features,
as well as new distinctions among enzymes. In addition, we test
the ability of the GAL4-VP16 chimeric transcriptional activator
to recruit these remodeling complexes to a nucleosomal array
substrate. We report that ySWI/SNF is uniquely potent for
recruitment by GAL4-VP16 in this assay. Our data are consist-
ent with the differential regulation of ATP-dependent enzymes
that each share a similar mechanism of nucleosome
remodeling.

EXPERIMENTAL PROCEDURES

Reogent Preparation—The array DNA template contains 11 tandem,
head-to-tail repeats of a 208-base pair sea urchin 5 S rRNA gene (31,
32). Template was isolated by digestion of plasmid pCL7¢ (208-11S) or
pCL8b (208-115-Gald) with Notl, HindIll, and Hhal (New England
Biolabs) followed by fast protein liquid chromatography purification on
Sephacryl-500 (Amersham Pharmacia Biotech) essentially as described
(31, 32). Array DNA template was end-labeled by Klenow fill-in reaction
with (-32P]dATP as described (31, 32).

Chicken erythrocyte histone octamers were purified from chicken
whole blood (Pel-Freez Biologicals) as described previously (33). Hyper-
acetylated histone octamers were purified from butyrate-treated HeLa
cells as described (34). Trypsinized histone octamers and (H3/H4),
tetramers were purified as described (33, 35). (H3/H4), tetramers were
dialyzed against Buffer T (1 M NaCl, 10 mm Tris-HC}, pH 8.0, 0.25 mM
EDTA, 0.1 mM dithiothreitol) prior to array reconstitution.

ySWI/SNF complex was purified from yeast strains CY396 or
CY743(sin34) as described in Logie and Peterson (31). The concentra-
tion of complex was determined to be approximately 300 nM by com-
parative Western blot and ATPase assays (31, 32). yRSC (10), xMi-2
(36), dCHRAC (14), dNURF (29), and hSWI/SNF “A” (17) were purified
as described previously. Approximate concentrations were estimated
from total protein concentration in the purified fractions and complexes
were assumed to be 100% active. Thus, our concentration estimates are
likely to be an overestimate. Most complexes had a high degree of
purity, but in the case of hSWISNF A, purity was estimated to be
- ~10%. We confirmed that the activity monitored was in fact due to
hSWI/SNF by antibody inhibition, addition of antisera directed to the
BRG1 subunit of RSWI/SNF eliminated remodeling activity, whereas
addition of preimmune sera had no effect.! For all the studies described
here, each assay was performed with two independent preparations of
each remodeling complex, with the exception of yRSC.

Reconstitution and Analysis of Substrate Arrays—Histone proteins
used for array reconstitutions were analyzed by 18% SDS-polyacryl-
amide gel electrophoresis and Coomassie staining. Octamer concentra-
tions were determined by A, (37). Histone octamers were reconsti-
tuted omto the 208-11S DNA templates (or 208-11S-Gal4 for
recruitment assay) in a slide-a-lyzer dialysis cassette (Pierce) by salt
gradient dialysis as described previously (38). Each repeat of the 208-
118 template (or 208-11S-Gal4 for recruitment assay) is flanked by
EcoRI restriction enzyme sites. In addition, a unique Mspl site is
located 30 base pairs from the predicted dyad axis of symmetry of each
positioned nucleosome. Array quality, saturation, and positioning was
determined by EcoRI or Mspl digestion using approximately 20 nM
array in Remodeling Buffer (5 mm MgCl,, 50 mM NaCl, 10 m Tris-HCl
(pH 8.0), 1 mm dithiothreitol) as described previously (31, 32, 38, 39).
Arrays were digested for 30 min at 37 °C and electrophoresed on a 4%
native polyacrylamide gel. The gel was briefly soaked in 2 ug/ml
ethidium bromide and photographed under ultraviolet illumination.

Saturation of arrays was analyzed by digestion with EcoRI and com- .

parison of the ratio of nucleosome bound repeat to uncomplexed 208-
base pair 5 S repeat. Positioning was analyzed by digestion with Mspl
(32, 39). Whereas, nucleosomal, trypsinized, and hyperacetylated ar-
rays were inaccessible to digestion with Mspl, (H3/H4), tetramer arrays
digested with Mspl released a mononucleosome size fragment indicat-
ing that the (H3/H4), tetramers protect less DNA as expected (40).
Assay Conditions—ATPase reactions were performed with respect to
the optimal temperature for remodeling complex activity: 27 °C for

! D. Hill and A N. Imbalzano, unpublished observations.
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xMi-2, dCHRAC, and dNURF, 30 °C for yRSC and ySWI/SNF, and
37 °C for hSWISNF using 100 pM ATP and 0.2 uCi of [v-*2PJATP
(Amersham Pharmacia Biotech) in 0.1% Tween, 20 mMm Tris, pH 8, 5%
glycerol, 0.2 mM dithiothreitol, 5 mm MgCl,, 1 mM phenylmethylsulfo-
nyl fluoride, and 0.1 mg/ml bovine serum albumin as described (31, 32,
41). Released phosphate was monitored with time by resolution of P;
from ATP on plastic plates coated with PEI cellulose (EM Science) with
0.75 M KPO, (pH 3.5) as solvent and quantified by Phosphorlmager
analysis.

Coupled array remodeling-restriction reactions were performed in a
final concentration of 5 mM MgCl,, 50 mm NaCl, 10 mm Tris-HCl (pH
8.0), 1 mm dithiothreitol, 0.1 mg/ml bovine serum albumin, 1 mm ATP,
and 500 units/ml Hircll (New England Biolabs) as described previously
(31, 32, 41). Assays were performed with respect to the optimal tem-
perature for remodeling complex activity (see above). Hincll cleavage
was quantified by Phosphorlmager analysis, and first-order rates were
determined by curve fitting. In multiple independent experiments, the
first-order rates of restriction enzyme cleavage for each particular com-
bination of array and remodeler varied by less than 20%.

RESULTS

ATPase and Remodeling Activities of Chromatin Remodeling
Enzymes—In order to quantify the nucleosome remodeling ac-
tivity of ATP-dependent remodeling enzymes, we have devel-
oped a biochemical assay where nucleosome remodeling activ-
ity is coupled to restriction enzyme activity such that
remodeling is revealed as an enhancement of restriction en-
zyme cleavage rates (31, 32). This assay uses a nucleosomal
array substrate in which the central nucleosome of an 11-mer
nucleosomal array contains a unique Sall/Hincll site located at
the predicted dyad axis of symmetry (31, 32). Restriction en-
zyme kinetics are biphasic in this system; the first phase is
rapid and reflects the fraction of Sall/Hincll restriction sites
that are not occluded by a nucleosome (due primarily in our
assays to nucleosomes that occupy minor translational posi-
tions; see Refs. 32, 42, and 43). The second phase is slow and
reflects a dynamic equilibrium between the occluded and
“open” nucleosomal DNA states (44, 45). In previous studies,
addition of yeast SWI/SNF and ATP stimulated the second
phase of Sall/Hincll digestion 20-30-fold (32, 41). Recently we
have found that SWI/SNF remodeling leads to a rapid redistri-
bution of nucleosome positions within these arrays and that the
apparent rate of remodeling determined in this assay provides
an estimate of the rate of nucleosome mobilization (46).

Purified preparations of ySSWI/SNF, yRSC, hSWI/SNF, dCH-
RAC, dNURF, and xMi-2 were analyzed in parallel for nucleo-
some-stimulated ATPase activity (see “Experimental Proce-
dures”). Each complex was titrated in an ATPase reaction
which contained 100 um ATP and 12 nM of a reconstituted,
11-mer nucleosomal array. Surprisingly, the approximate con-
centration of each remodeling complex that was required to
achieve equivalent velocities of ATP hydrolysis were similar;
for ySWI/SNF (2 nm), yRSC (2 nM), hSWI/SNF (5 nm), dCHRAC
(2 nm), and ANURF(4 nm), each complex catalyzed the hydrol-
ysis of 450~600 nmol of ATP/min (Fig. 1A, see also Ref. 41).
xMi-2 was slightly less active in this assay as ~15 nM was
required to achieve this level of ATPase activity (Fig. 14).
Given that our estimates of active enzyme concentrations are
only approximate (see “Experimental Procedures”), the data
shown in Fig. 1A indicate that each of these enzymes have
nucleosome-stimulated ATPase activities that are similar
within an order of magnitude. The similar levels of ATPase
activity among complexes was unexpected given that each com-
plex has different associated subunits which, at least in the
case of the hSWI/SNF complex, can have a large impact on the
ATPase activity of the catalytic subunit (Z.e. BRG1; Ref. 28).

To assess the capacity of the six different complexes to re-
model an 11-mer nucleosomal array, each remodeling enzyme
(1-5 nM ySWI/SNF, yRSC, hSWI/SNF, dCHRAC, dNURF, or 15
nM xMi-2) was added to 1.5 nM nucleosomal array and the
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initial rates of HincIl digestion were measured in parallel
reaction time courses in the presence of ATP. We found that all
six complexes enhanced the rate of HinclIl digestion essentially
equivalently (Fig. 1B, see also Ref. 41 for a detailed comparison
of ySWI/SNF and yRSC). The dCHRAC complex reproducibly
yielded an approximately 2-fold lower rate of HinclI digestion
than all other complexes which probably reflects the fact that a
significant amount of the ATPase activity of dCHRAC appears
to be contributed by topoisomerase II (see below). Since the
initial rate of Hincll digestion provides an indirect measure-
ment of the rate of remodeling, these data indicate that all six
enzymes use similar amounts of ATP to remodel nucleosomal
arrays at similar rates. Furthermore, since it appears that this
coupled restriction enzyme-remodeling assay monitors the rate
of nucleosome mobilization (46), all six enzymes can apparently
redistribute nucleosomes within an array at comparable rates.

A hallmark of our nucleosomal array assay is that the SWI/
SNF-dependent enhancement of restriction enzyme accessibil-
ity requires continuous ATP hydrolysis (32, 46). This require-
ment reflects a state of constant redistribution of nucleosome
positions in the presence of ATP, and the subsequent inactiva-
tion of SWI/SNF “freezes” a random positioning of nucleosomes
which is characterized by a general occlusion of restriction
enzyme sites (46). We carried out similar remodeling/“reversal”
assays with hSWI/SNF, dCHRAC, dNURF, or xMi-2 and in all
cases the enhanced rates of Hincll digestion were lost after
ATP was enzymatically removed with apyrase (data not shown;
for analysis of yRSC, see Ref. 41). Thus, these results indicate
that all six complexes use the energy of ATP hydrolysis to
create a dynamic, reversible state of nucleosome mobilization.
Our results are consistent with previous demonstrations of
mononucleosome mobilization catalyzed by ySWI/SNF (46, 49),
dCHRAC (47) or dNURF (48). '

Nucleosome Moiety Requirements of the Chromatin Remod-
eling Complexes—Previous studies have demonstrated that op-
timal ATPase activity of dNURF (29), dCHRAC (14), and xMi-
2/NURD (18-20, 22) complexes requires nucleosomes, whereas
the ATPase activities of hSWI/SNF (17), ySSWI/SNF (8), and
yRSC (10, 41) complexes are stimulated equally well by free

- eitis

DNA. Furthermore, in the case of the dNURF complex, the
nucleosome stimulation of ATPase activity requires one or
more trypsin-sensitive histone N-terminal domain(s) (30). To
further define the nucleosome moiety requirements for all six
complexes, we reconstituted nucleosomal arrays with hyper-
acetylated or trypsinized histone octamers, as well as with
histone (H3/H4), tetramers. To ensure that each type of array
reconstitution was of similar quality, all reconstitutions were
analyzed for extent of DNA repeat saturation and correct po-
sitioning by multiple restriction enzyme mapping and native
polyacrylamide gel electrophoresis (see “Experimental Proce-
dures”). We then measured the ability of these arrays to stim-
ulate the ATPase activity of each complex (Fig. 24). As ex-
pected, ySWI/SNF and yRSC complex hydrolyzed ATP with
similar kinetics on all substrates, including free DNA (Fig. 24;
see also, Ref. 41). Likewise, the ATPase activity of the hSWI/
SNF complex was stimulated by all substrates, with the excep-
tion that activity was consistently 40—50% less in the presence
of arrays reconstituted with histone (H3/H4), tetramers
(Fig. 24).

In agreement with previous studies, we also found that the
ATPase activity of the dNURF complex was maximally stimu-
lated only by nucleosomal arrays (for analysis of ATPase activ-
ity with DNA or hyperacetylated substrates, see Ref. 30); little
ATPase activity was detected with arrays reconstituted with
trypsinized histone octamers or histone (H3/H4), tetramers.
Given that the ATPase activity of dNURF requires one or more
histone N-terminal domain(s) (Fig. 24; see also, Ref. 30), the
lack of ATPase activity in the presence of the histone (H3-H4),
tetramer arrays suggested that the N-terminal domains of the
histone H2A/H2B dimers might play a key role. However, nu-
cleosomal arrays reconstituted with hybrid histone octamers
composed of intact histone (H3-H4), tetramers and tail-less
histone H2A-H2B dimers yielded maximal stimulation of
dNURF ATPase activity.Z Thus, the inability of (H3-H4), tet-
ramer arrays to stimulate the ATPase activity of ANURF does

2P. Horn and C. L. Peterson, unpublished observation.
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not reflect a key role for the N-terminal domains of histones
H2A/H2B dimers.

The dCHRAC complex, like dNURF, contains ISWI, which is
a nucleosome-stimulated ATPase. In addition, dCHRAC also
contains topoisomerase II which is a DNA-stimulated ATPase
(14). Thus, the ATPase activity associated with dCHRAC is a
composite of ISWI and topoisomerase Il which complicates the
analysis of the substrate preferences of this complex (Fig. 24).
The ATPase activity of dCHRAC was stimulated by all sub-
strates, although ATPase activity is reproducibly higher in the
presence of nucleosomal or hyperacetylated arrays. Since the
ATPase activity of ANURF is only stimulated by a nucleosomal
or hyperacetylated substrate (Fig. 24, see also Ref. 30), our
data suggest that only 30—40% of the overall ATPase activity of
CHRAC is due to the ISWT subunit, and the remaining DNA-
stimulated ATPase activity is due to topoisomerase II.

The ATPase activity of the xMi-2 complex was distinct from
both the SWI/SNF (ySWI/SNF, yRSC, hSWI/SNF) and ISWI
groups (ANURF, dCHRAC) of ATPases (Fig. 24). Like the ISWI
group, the ATPase activity of xMi-2 was maximally stimulated

by nucleosomal arrays, although free DNA did stimulate a
significant amount of ATPase activity (27% of the nucleosomal
level). In contrast to the ISWI group, arrays reconstituted with
trypsinized histones were still able to stimulate the ATPase
activity of xMi-2 to nearly 70% the level of intact nucleosomal
arrays. Likewise, arrays reconstituted with hyperacetylated
histones or histone (H3-H4), tetramers were more similar to
the nucleosomal arrays. Thus the observed preference for nu-
cleosomal arrays does not reflect an obligatory interaction with
the histone N-terminal domains. Thus, based on a preference
for a nucleosomal substrate and a lack of histone tail depend-
ence, xMi-2 appears to define a third group of the ATP-depend-
ent chromatin remodeling family.

We also performed coupled restriction enzyme-remodeling
assays for most of the different array substrates and each
remodeling complex. As shown in Fig. 2B, remodeling of the
different substrate arrays paralleled the ATPase activity of the
complexes except in three cases. First, although arrays recon-
stituted with histone (H3-H4), tetramers were able to stimu-
late the ATPase activity of ySWI/SNF and hSWISNF, the
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apparent rate of remodeling of these tetramer arrays was re-
duced 10-50-fold compared with remodeling of nucleosomal
arrays (Fig. 2B; see also Ref. 39 for an extensive discussion).
Second, although dCHRAC showed high levels of ATPase ac-
tivity with all substrates, it was not able to remodel arrays
reconstituted with either trypsinized histones or with the his-
tone (H3/H4), tetramers (Fig. 2B). These results suggest that
the ATPase activity that is presumably contributed by the
topoisomerase II subunit of dCHRAC is not sufficient to en-
hance restriction enzyme accessibility in these array assays.
Furthermore, the results from this remodeling analysis indi-
cate that dCHRAC and dANURF, which each contain the ISWI
ATPase, have indistinguishable histone moiety requirements.
And finally, although the ATPase activity of xMi-2 was stimu-
lated well by arrays reconstituted with (H3-H4), tetramers
(Fig. 2A), these arrays were only poorly remodeled by xMi-2
(Fig. 2B). .

Targeting of the Chromatin Remodeling Complexes by Tran-
scriptional Activators—Recently we have shown that the re-
modeling activity of ySSWI/SNF can be targeted to reconstituted
nucleosomal arrays by GAL4 derivatives that contain an acidic
transcriptional activation domain (50). For these targeting as-
says we used a modified array DNA template which contains
five high affinity GAL4-binding sites adjacent to the 5 S repeat
that harbors the HincIl/Sall site (208-11S-GAL4; see Ref. 50).
Reconstitution of nucleosomal arrays with this DNA template
positions the GAL4-binding sites in the linker region between
two positioned nucleosomes (50). Targeting of remodeling ac-
tivity is then assayed in Hincll reactions which contain a
32P_labeled 208-11S-GAL4 array and 15-fold molar excess of an
unlabeled 208-11S array (which lacks GATI4 sites). In the ab-
sence of targeting, the remodeling enzyme is sequestered by
the excess unlabeled, competitor array and there is little stim-
ulation of Hincll digestion kinetics. Targeting of remodeling
activity is scored by any stimulation of HinclI digestion kinet-
ics due to a functional GAL4 derivative (50). Note in this assay
that a GAL4 derivative does not affect HinclI digestion kinetics
in the absence of remodeling complex or when the labeled and
unlabeled arrays lack GAL4-binding sites. Previously, using
this assay we were able to detect targeting of ySSWI/SNF re-
modeling activity by GAL4-VP16 and GAL4-AH acidic activa-
tors (50).

We wished to investigate whether other members of the
ATP-dependent family of remodeling enzymes could also be
recruited by acidic activators in our reconstituted nucleosomal
array system. Each of the six remodeling complexes were added
in parallel to Hincll targeting assays which contained 0.2 nm
52p-labeled 208-11S-GAL4 nucleosomal array, 3 nM unlabeled
208-11S pucleosomal array, and 10 nM of a GAL4 derivative
(Fig. 3). Under these reaction conditions, little remodeling of
the labeled 208-11S-GAL4 array was observed in the absence of
activator-dependent targeting. Likewise, addition of the iso-
lated GAL4 DNA-binding domain did not enhance HincII di-
gestion kinetics in the presence or absence of remodeling en-
zyme (data not shown). Furthermore, similar to our previous
studies (50), the remodeling activity of ySSWI/SNF was effec-
tively targeted to the 208-11S-GAL4 array by both the GAL4-
VP16 and GAL4-AH acidic activators, as visualized by an ac-
tivator- and ySWI/SNF-dependent stimulation of Hincll
digestion kinetics (Fig. 3 and data not shown; see also Table I).
In contrast, the remodeling activity of yRSC, hSWI/SNF,
dNURF, dCHRAC, or xMi-2 was not significantly targeted by
either GAL4-VP16 or GAL4-AH activators (Fig. 3A and data
not shown; see also Table I). In fact, we reproducibly observed
some activator-dependent inhibition of remodeling by dCHRAC
and yRSC (Fig. 3). Similar results were obtained in several
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TaBLE I
Recruitment of chromatin remodeling complexes by GAL4-VP16
-GAL4-VP16 +GAL4-VP16 Rate
Complex (rate)® . (rate)® stimulation
-fold
ySWI/SNF 2x 1072 12 X 1078 6
¥RSC 9 x 1072 4x10°8 -25
hSWI/SNF 2% 1072 2 X 103 0
dCHRAC 8x 1073 6% 1072 -13
dNURF 1x1078 2 x 1072 2
xMi-2 2x1072 2x1078 0

¢ First order rates of Hincll digestion of 208—11S-GAL4 nucleocsomal
arrays.

independent experiments and with a range of remodeler con-
centrations. In the case of hSWI/SNF we also failed to observe
targeting in this assay using an immunoaffinity purified form
of this enzyme (51).% Thus, for the six purified remodeling
complexes tested here, only the remodeling activity of ySWI/
SNF is effectively targeted by prototype acidic activators.

DISCUSSION

Our results indicate that six different members of the ATP-
dependent family of chromatin remodeling enzymes use similar
levels of ATP hydrolysis to rapidly establish a dynamic state of
enhanced nucleosome mobilization. This “fluid” chromatin
state is characterized by an enhanced accessibility of restric-
tion enzymes and DNA binding transcription factors. Further-
more, the nearly identical rates of nucleosomal array remodel-
ing (Fig. 1B) and the common requirement for histone H2A/
H2B dimers (Fig. 2) are consistent with a similar remodeling
mechanism for all members of this ATP-dependent family.
Although the mechanistic details of “remodeling” are not clear,
all of these enzymes can apparently transduce the energy of
ATP hydrolysis into an enhanced mobilization of nucleosomes

3P. Horn, R. E. Kingston, and C. L. Peterson, unpublished
observations, .
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within linear arrays (as suggested in Ref. 52).

In contrast to our studies with nucleosomal arrays, some
differences between remodeling complexes have been observed
with mononucleosome substrates. For example, ySWI/SNF,
NURF, and recombinant ISWI have been shown to move a
histone octamer from a central position to an end position
(46-48), whereas dCHRAC and ySWI/SNF can also move his-
tone octamers in the opposite direction (47, 49). dCHRAC,
however, also contains the ISWI ATPase, and thus these dif-
ferences are not intrinsic to the catalytic subunit or to the basic
mechanism of remodeling. Alternatively, the differences in the
direction of histone octamer movement may reflect the propen-
sity of some complexes (such as dCHRAC) to bind to DNA ends.
In this scenario, protection of the DNA ends may block end-
directed movements and favor movements from the ends to
more central locations. In contrast, on nucleosomal arrays,
where free DNA ends do not flank individual nucleosomes, we
propose that the direction of histone octamer movement is
random for all remodeling complexes. This situation is consist-
ent with our observation that the rates of nucleosome remod-
eling in the coupled array assay are similar for all complexes.

We were surprised to discover that arrays reconstituted with
histone (H3-H4), tetramers are not efficiently remodeled by
any of the complexes tested. In the absence of remodeling
enzyme, arrays of (H3-H4), tetramers are digested at rates
only 3-5-fold faster than nucleosomal arrays (data not shown;
see also Ref. 39), whereas ATP-dependent remodeling of nu-
cleosomal arrays typically yields 20-30-fold increases in re-
striction enzyme rates. Thus, arrays of (H3-H4), tetramers still

~ provide a potent barrier to factor access and, furthermore, the

inability to score remodeling of tetramer arrays is not due to a
high level of restriction enzyme cleavage in the absence of
remodeling enzyme. Interestingly this requirement for the hi-
stone H2A-H2B dimers also does not reflect an obligatory need
for the N-terminal domains of these two histones, since xMi-2,
ySWI/SNF, and hSWISNF are insensitive to removal of all the
N-terminal domains (Fig. 24) (41, 53). Instead, we favor a
model in which all of these enzymes require a canonical nu-
cleosome structure either for substrate recognition or for the
mechanism of remodeling. For instance, these enzymes may
need to interact with two adjacent gyres of DNA in order to
induce nucleosome mobilization (see also, Ref. 39).

Our data also suggest the delineation of three groups within
the ATP-dependent family: 1) a SWI/SNF group (ySWI/SNF,
yRSC, and hSWI/SNF) whose ATPase activity does not require
an intact nucleosome and whose remodeling function is inde-
pendent of the histone tails; 2) an ISWI group (dCHRAC,
dNURF) whose ATPase activity requires an intact nucleosome
and whose remodeling function is histone tail dependent; and
3) a Mi-2 group (xMi-2) whose optimal ATPase activity requires
an intact nucleosome and whose remodeling function is histone
tail independent. In fact, we found that the remodeling activity
of xMi-2 was actually enhanced by removal of the histone
N-terminal domains (Fig. 2B). Similar results have been ob-
tained previously using a subset of the complexes tested here
as well as recombinant BRG1 (ATPase subunit of hRSWI/SNF)
and ISWI (8, 14, 17, 28, 30, 41, 53). We note, however, that
recombinant ISWI also shows significant stimulation of
ATPase activity by free DNA (54). Furthermore, like INURF
and dCHRAC, the histone N-terminal domains promote effi-
cient remodeling by ySWI/SNF and yRSC complexes under
different reaction conditions where these enzymes must be
catalytic (41). Thus, although the different nucleosome moiety
requirements are important for defining distinctions among
enzymes, these distinctions are likely to reflect subtle differ-
ences in nucleosome recognition or in regulation of the remod-
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eling cycle (41, 56), rather than key differences in the basic
remodeling mechanism.

Molecular phylogenetic analysis has been used to organize
the SWI2/SNF2 family of DNA-stimulated ATPases into mul-
tiple subfamilies (7). These studies included sequence compar-
isons among different SWI2/SNF2 ATPase domains as well as
among sequences N-terminal or C-terminal to the ATPase do-
main. Interestingly, ATPases from three of the subfamilies
defined by phylogenetic analysis are the catalytic subunits
associated with the three groups of ATP-dependent remodeling
enzymes delineated by our biochemical analyses (e.g. SWI2,
ISWI, Mi-2). This correspondence between such completely
different experimental approaches was not expected, since the
homology among the ATPase domains of SWI2, ISWI, and
Mi-2/CHD proteins is very high (7). One possibility is that a
small number of amino acid changes can lead to large differ-
ences in nucleic acid substrate requirements (i.e. nucleosomes
versus free DNA). Consistent with this view, previous studies
have found that ATPase domain swaps between two members
of the same subfamily (i.e. brahma and SWI2/SNF2) yield a
SWI2 protein that retains function in vivo in yeast, whereas
swaps between members of different families (i.e. ISWI and
SWI2/SNF2) are not functional (15). Alternatively, sequence
elements that are unique to each subfamily that lie outside of
the ATPase domain (i.e. bromodomains, SANT domains, chro-
modomains) might also contribute to interactions with the hi-
stone N-terminal domains or other nucleosomal components.

Although our comparative analysis delineates three groups
of ATP-dependent remodeling enzymes, our data also suggests
that individual enzymes within a single group are likely to be
subject to differential modes of regulation. For instance, we
found that ySWI/SNF was recruited by an acidic activator in
our nucleosomal array system, whereas other members of the
SWI/SNF group (e.g. yYRSC, hSWI/SNF) were not. We antici-
pate that yRSC and hSWI/SNF can be recruited by other types
of activators in this assay. Likewise, members of the ISWI or
Mi-2 groups are likely to be recruited by nonacidic activators or
by transcriptional repressors. These ideas are consistent with
several previous studies. First, acidic activators are unable to
recruit yRSC complex to an immobilized DNA template from a
yeast nuclear transcription extract (50). Second, xMi-2 com-
plexes are believed to function in transcriptional repression
(36, 57) and thus it is not surprising that an acidic activator is
unable to recruit xMi-2. And finally, hSWI/SNF has recently
been demonstrated to be targeted in vivo by the glucocorticoid
receptor (58), an isoform of C/EBP-B (59).and erythroid krup-
pel-like factor (60).

Clearly, acidic activators are likely to recruit ATP-dependent
remodeling complexes in Drosophile and mammalian cells.
One possibility is that there exists additional, uncharacterized
members of the ATP-dependent remodeling family that can be
recruited by acidic activators and which might play a key role
in acidic activator function. It is also possible that regulatory
subunits, which might facilitate interactions with acidic acti-
vators, have been lost during purification of one or more of the
remodeling complexes that we have tested here. Alternatively,
several of the more abundant complexes (e.g. dCHRAC and
yRSC) may establish more global domains of fluid chromatin,
and thus they may not rely on gene-specific targeting proteins.
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