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ABSTRACT
DNA is a re-configurable, biological information-storage unit, and much remains to be learned about its heterogeneous structural dynamics.
For example, while it is known that molecular dyes templated onto DNA exhibit increased photostability, the mechanism by which the struc-
tural dynamics of DNA affect the dye photophysics remains unknown. Here, we use femtosecond, two-dimensional electronic spectroscopy
measurements of a cyanine dye, Cy5, to probe local conformations in samples of single-stranded DNA (ssDNA–Cy5), double-stranded DNA
(dsDNA–Cy5), and Holliday junction DNA (HJ–DNA–Cy5). A line shape analysis of the 2D spectra reveals a strong excitation–emission
correlation present in only the dsDNA–Cy5 complex, which is a signature of inhomogeneous broadening. Molecular dynamics simulations
support the conclusion that this inhomogeneous broadening arises from a nearly degenerate conformer found only in the dsDNA–Cy5
complex. These insights will support future studies on DNA’s structural heterogeneity.

© 2023 Author(s). All article content, except where otherwise noted, is licensed under a Creative Commons Attribution (CC BY) license
(http://creativecommons.org/licenses/by/4.0/). https://doi.org/10.1063/5.0131795

I. INTRODUCTION

For functions essential to life, DNA must be able to both
store and translate genetic information. Therefore, the structure of
DNA under physiological conditions must have the right balance of
flexibility and rigidity so that these biological macromolecules are
amenable to large conformational changes. For example, thermally
induced conformational fluctuations that occur on the timescale
of microseconds to seconds are referred to as “breathing,” which
originate from the interplay of hydrogen bonding and other inter-
molecular forces operating simultaneously.1 The conformational
variability and complementarity of the nucleobase pairing is not only
important for fundamental studies, but it has spawned the fields of

structural2 and dynamic3 DNA nanotechnology. The programma-
bility afforded by the Watson–Crick base pairing has proved to be
a powerful means with which to organize matter on the nanoscale,
as manifested by the variety of DNA nanostructures that have been
fabricated.4–7 The flexibility of DNA has enabled the animation of
matter on the nanoscale, as manifested by the variety of nanoma-
chines and devices driven by hybridization and strand–displacement
reactions that have been constructed.8–11 While the conformational
variability of DNA is advantageous in the construction of dynamic
DNA structures, it limits the rigidity of DNA-based nanostructures.
This has led to an interest in developing the means to engineer
the rigidity of nucleic acid-based structures12–15 and the dynamic
stability of DNA-nanostructures.16
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The mechanisms that give rise to the conformational changes
of DNA have been studied using a multitude of techniques, many of
which are optical microscopy and spectroscopy methods that probe
dyes that are attached to DNA. Indeed, dyes that are covalently
bound to a DNA or another biological macromolecule are often
used as probes of the local changes, in conformation with single-
molecule spectroscopy studies.17–20 Due to their convenient optical
and chemical properties, commercially available cyanine dyes, such
as Cy5, are often used in these types of optical studies.21 In addi-
tion to studies in which a dye is used to probe the DNA structure,
studies in which researchers use DNA nanostructures as a scaf-
fold or template to form and study molecular aggregates are also
common.22–26

Coherent multidimensional optical spectroscopy is a technique
that combines the signal specificity of multidimensional nuclear
magnetic resonance spectroscopy with the femtosecond time res-
olution of transient absorption spectroscopy.27–30 This family of
spectroscopy methods—now approaching its 25th anniversary as
celebrated in this special issue—has also been applied to learn
more about DNA structures and structural changes in a few
instances, including 2D infrared31 and 2D fluorescence spectroscopy
studies.32,33Two-dimensional electronic spectroscopy (2D ES)—
which is most often performed with a sequence of femtosecond
laser pulses at visible wavelengths—has yet to be applied to study
structural changes of DNA. Indeed, this four-wave mixing method
has most notably been used to study the mechanisms of electronic
energy transfer in photosynthetic systems.34–38 Yet, the rephasing
property of 2D ES enables the method to overcome some of the
ensemble averaging that leads to broad line shapes in conventional
spectroscopy techniques, and this way, it can provide insights into
sub-ensembles similar to single-molecule methods. This makes the
technique a viable method to identify and analyze heterogeneous
distributions of DNA structures in ensemble measurements.

In this contribution, we use 2D ES measurements—supported
by a theoretical model and computational results—to study four Cy5
monomer samples, three of which are attached to various forms of
DNA. The 2D ES of the free Cy5 dye, the single-stranded DNA
attached to Cy5 (ssDNA–Cy5), and the Cy5 attached in a four-
armed DNA Holliday junction (HJ-DNA–Cy5) sample—all show
very little correlation between the excitation and emission frequen-
cies. This suggests that the solutions either lack heterogeneity or
the dye is free to fluctuate among all allowed configurations quickly
enough to explore all energetically distinct environments within the
duration of the measurement. In contrast, the 2D spectra of the sam-
ple in which Cy5 is attached to double-stranded DNA (dsDNA–Cy5)
show strong correlation between excitation and emission frequen-
cies, which persists for the duration of the measurement. This
correlation arises from an inhomogeneous broadening mechanism
in the dsDNA–Cy5 sample that restricts the Cy5 from exploring all
possible allowed energetically distinct conformations.

II. THEORETICAL
To simulate the effect of inhomogeneous broadening in 2D

spectra arising from multiple DNA-Cy5 configurations, here, we
present a model that uses the response-function formalism applied
to a three-level electronic system model including static inhomo-
geneous broadening.39 We include states ∣g⟩, ∣e⟩, and ∣ f ⟩, having

energies ϵg , ϵe, and ϵ f , respectively. Following the crude adiabatic
approximation,40 the molecular Hamiltonian is given by

Ĥ = ∑

i∈{g,e, f }
ϵi∣i⟩⟨i∣. (1)

There are two optically allowed transitions—∣g⟩ → ∣e⟩ and ∣e⟩ → ∣ f ⟩.
The main resonance has a transition frequency ωeg , with transi-
tion dipole μeg , and the excited-state absorption pathways have
a frequency ω fe, with transition dipole μ fe. Under the Condon
approximation, the transition-dipole operator is given by

V̂ = μeg ∣e⟩⟨g∣ + μ f e∣ f ⟩⟨e∣ +H.c., (2)

where H.c. refers to the Hermitian conjugate. A 2D spectrum arises
from a two-dimensional Fourier transformation of the third-order
nonlinear signal

S2D(ω1, τ2, ω3) = F τ1 ,τ3[S
(3)
(τ1, τ2, τ3)], (3)

where the third-order nonlinear signal is a function of the time inter-
vals τ1, τ2, and τ3 among the laser pulses, which we assume to be
impulsive under the rotating wave approximation. The signal can
then be written as a sum of six response functions

S(3)(τ1, τ2, τ3) = (
i
̵h
)

3
θ(τ1)θ(τ2)θ(τ3)

6

∑

j=1
[Rj(τ1, τ2, τ3)

− R∗j (τ1, τ2, τ3)]. (4)

The response functions based on a Bloch model are given by

R(3)1 (τ1, τ2, τ3) = R(3)4 (τ1, τ2, τ3)

= ∣μeg ∣
4
∫ dΓ W(Γ)e−iωeg(Γ)(τ1+τ3)

× e−γeg(τ1+τ3)e−Γpτ2 , (5a)

R(3)2 (τ1, τ2, τ3) = R(3)3 (τ1, τ2, τ3)

= ∣μeg ∣
4
∫ dΓ W(Γ)e+iωeg(Γ)(τ1−τ3)

× e−γeg(τ1+τ3)e−Γpτ2 , (5b)

R(3)5 (τ1, τ2, τ3) = −∣μeg ∣
2
∣μ f e∣

2
∫ dΓ W(Γ)e+iωeg(Γ)τ1

× e−iω fe(Γ)τ3 e−γegτ1 e−γ feτ3 e−Γpτ2 , (5c)

R(3)6 (τ1, τ2, τ3) = −∣μeg ∣
2
∣μ f e∣

2
∫ dΓ W(Γ)e−iωeg(Γ)τ1

× e−iω fe(Γ)τ3 e−γegτ1 e−γ feτ3 e−Γpτ2 , (5d)

where γeg and γ fe are phenomenological dephasing parameters,
Γp accounts for excited-state population relaxation, and the inte-
gral over Γ accounts for static inhomogeneous broadening of the
transition frequencies.39 Response functions R(3)

{2,3,5} are the rephas-

ing pathways, while response functions R(3)
{1,4,6} are nonrephasing
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pathways. Response functions R(3)
{5,6} account for the excited-state

absorption components of the signal.
We, next, explicitly account for the static inhomogeneous

broadening by taking the difference between the fundamental
and excited-state absorption frequencies to be a constant, ω fe(Γ)
− ωeg(Γ) = Δ, the fundamental transition frequency to be given by
a constant plus the fluctuation, ωeg(Γ) = ωeg + Γ, and the distribu-
tion to be Gaussian, W(Γ) = 1

σ
√

2π
e−Γ2

/(2σ2
), where σ is the standard

deviation.39 These substitutions yield

∫

+∞

−∞

dΓ W(Γ)e+iωeg(Γ)t
= e+iωeg te−t2σ2

/2, (6)

where t serves as a generic time argument. Using this result, the
response functions become

R(3)1 (τ1, τ2, τ3) = R(3)4 (τ1, τ2, τ3)

= ∣μeg ∣
4e−iωeg(τ1+τ3)−(τ1+τ3)

2σ2
/2e−γ(τ1+τ3), (7a)

R(3)2 (τ1, τ2, τ3) = R(3)3 (τ1, τ2, τ3)

= ∣μeg ∣
4e+iωeg(τ1−τ3)−(τ1−τ3)

2σ2
/2e−γ(τ1+τ3), (7b)

R(3)5 (τ1, τ2, τ3) = −∣μeg ∣
2
∣μ f e∣

2e−iΔτ3 e+iωeg(τ1−τ3)−(τ1−τ3)
2σ2
/2

× e−γ(τ1+τ3), (7c)

R(3)6 (τ1, τ2, τ3) = −∣μeg ∣
2
∣μ f e∣

2e−iΔτ3 e+iωeg(τ1+τ3)−(τ1+τ3)
2σ2
/2

× e−γ(τ1+τ3), (7d)

where we have taken γeg = γ fe ≡ γ, and we have suppressed the
population-relaxation component, because the exponential term is

FIG. 1. Simulated, normalized 2D spectra using Eq. (7), with (right, σ = 40 THz)
or without (left, σ = 0 THz) static inhomogeneous broadening. The static inho-
mogeneous broadening leads to a persistent diagonally tilted node between the
excited-state absorption (blue) and ground-state bleach (red) signals. The solid
blue line indicates the node.

common to all paths and only serves as a common amplitude factor
that has no effect after normalization.

The expressions in Eq. (7) allow us to study the effects of inho-
mogeneous broadening in the presence of ESA signals that overlap
the GSB signal. We choose a set of parameters that resemble the
measured Cy5 spectra: ωeg = 460 THz, ω fe = 500 THz, μ fe = 0.8μeg ,
and γ = 40 THz and then plot the simulated spectra in Fig. 1 for two
distinct cases of static inhomogeneous broadening. The simulations
reveal that static inhomogeneous broadening leads to a persistent
diagonally tilted node between the ESA and GSB signals, and the
lack of inhomogeneous broadening causes the node to be vertically
orientated. In Sec. IV, we quantify the tilt of the node and use it as a
proxy for the presence of static inhomogeneous broadening.

III. METHODS
A. Sample preparation

We purchased the carboxylic acid form of Cy5 from Lumiprobe
and the Cy5 labeled and unlabeled 26-nucleotide (“nt”) DNA
oligomers from Integrated DNA Technologies. Table I presents
the DNA oligonucleotide sequences. The structure of Cy5 attached
to the 5′ and 3′ sides of the DNA backbone was published
previously,41,42 where there are two covalent bonds between the dye
and DNA, created using phosphoramidite chemistry.43,44 The Cy5-C
sequence is common to each of the DNA-templated monomers
studied here. Sequence C has a high cytosine and guanine base con-
tent relative to sequences A, B, and D; higher cytosine and guanine
content enhances the stability of the duplex, due to the stronger
bonding between cytosine and guanine relative to adenine and
thymine.45 The ssDNA–Cy5 monomer solution incorporates the
Cy5-C oligonucleotide only. The dsDNA–Cy5 monomer consists of
the Cy5-C, hybridized with its complement C′. The HJ-DNA–Cy5
monomer consists of the four sequences, A, B, Cy5-C, and D, each
of which have two domains complementary to two of the four
sequences, such that a four-armed junction is the most energetically
favorable structure.

We rehydrated the samples with ultrapure water (Barnstead
Nanopure, Thermo Scientific) to produce a 100 μM stock solu-
tion and prepared Cy5-labeled double stranded DNA (dsDNA–Cy5)
and four-armed Holliday junctions (HJ-DNA–Cy5), by combining
equimolar amounts of complementary oligomers to the Cy5 labeled
single-stranded DNA (ssDNA–Cy5) in a 1× TAE [40 mM tris-
(hydroxymethyl)aminomethane, 20 mM acetic acid, 1 mM ethylene-
diaminetetraacetic acid] buffer solution (pH 8.0) with 15 mM
added magnesium chloride (MgCl2), to obtain a final DNA con-
centration of 12 μM.42 The resulting solutions remained at room
temperature for 24 h for hybridization and self-assembly to form
the desired structure, and we conducted all measurements at room
temperature.

For femtosecond measurements, the peak optical density (OD)
of each sample was about 0.27 in a 1-mm path length cuvette (Starna
32-Q-1/UTWA2), and a magnetic stirrer (Ultrafast Systems) stirred
the samples during all time-resolved spectroscopy measurements.

B. Steady-state spectroscopy
We used a Cary 5000 UV–Vis–NIR spectrophotometer (Agi-

lent Technologies, Santa Clara, CA) and a Horiba Fluorolog 3
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TABLE I. Oligonucleotide sequences, where “iCy5” stands for internally labeled Cy5.

Label Sequence (5′–3′) Length (nt) Purification method

Cy5-C CAC TCA CAT TCC A/iCy5/C 26 HPLCTCA ACA CCA CAA
C’ TTG TGG TGT TGA GT GGA ATG TGA GTG 26 Desalting
A ATA TAA TCG CTC GCA TAT TAT GAC TG 26 Desalting
B CAG TCA TAA TAT GTG GAA TGT GAG TG 26 Desalting
D TTG TGG TGT TGA GCG AGC GAT TAT AT 26 Desalting

spectrofluorometer (Horiba Scientific, Edison, NJ) to collect the
steady-state absorption and fluorescence spectra, respectively. We
diluted samples for fluorescence measurements to a peak absorbance
of <0.05 OD, and we obtained fluorescence quantum yield (FQY)
values using a previously created reference sample25 and a standard
method.46

C. Time-resolved laser spectroscopy
We measured fluorescence lifetimes of the dilute solutions

using a time-correlated single photon counting (TCSPC) spectrom-
eter (PicoQuant FluoTime 250). The instrument response func-
tion (IRF) for the light source exciting at 594 nm was ∼60 ps.
The coefficients of determination (R2

) for a single-exponential fit
after the IRF time were 0.9987, 0.9983, 0.9995, and 0.9993 for the
free Cy5, ssDNA–Cy5, dsDNA–Cy5, and HJ-DNA–Cy5 samples,
respectively.

The output of a commercial 1 kHz amplified Ti:sapphire laser
(Coherent Astrella), producing ∼100 fs pulses, centered at 796 nm,
pumped a home-built noncollinear optical parametric amplifier
(NOPA), which is identical to the one used in prior works.47–50

The ultra-broadband laser pulses spanned ∼500 to 800 nm, and
the shot-to-shot stability was about 1% relative standard devia-
tion.51 A shortpass filter (Optosigma SHPF-25C-770) removed the
residual fundamental at wavelengths longer than ∼750 nm, and
a dispersion-compensating mirror pair (Novanta Laser Quantum
DCM9) adjusted the temporal dispersion of the pulse, which had
a duration of <9 fs based on transient–grating frequency-resolved
optical gating measurements,52 conducted using a 1-mm thick
Infrasil window (Thorlabs). Figure 3 shows the spectrum of the
NOPA laser pulse.

The four-wave mixing spectrometer replicated an instrument
detailed previously47–49 and was motivated by prior instruments.53,54

Briefly, two computer-controlled delay stages (Newport XMS50-S,
XMS160-S) adjusted the relative timing of four pulses arranged in
the BOX geometry. The electronics package for dual-chopper bal-
anced detection included two phase-locked, rotary optical choppers
(New Focus 3502), a data-acquisition board (NI PCI-6281), and
an amplified, silicon-based photoreceiver (New Focus 2001-FS).55,56

The spectrally resolved detector consisted of an Andor Shamrock
163 and Zyla 5.5 sCMOS camera, calibrated to an estimated ±1 nm,
using a linear fit to multiple peaks from an atomic lamp. We used
two quarter-area, ND 2.0 filters, each 0.25 mm-thick UV fused
silica, to attenuate the local oscillator power by a factor of 104 in
the 2D ES measurements. The energy of each excitation beam was
∼40 nJ/pulse, and the spot size was ∼80 μm in 2D ES measurements.

We report the spectra as normalized transient transmittance, ΔT/T,
as a function of frequency (THz). We evaluated the fidelity of the
instrument by measuring cresyl violet perchlorate—a laser dye that
has become a reference standard for evaluating newly constructed
femtosecond spectrometers.57 The phase stability of the interferom-
eter was ∼Λ/500, under conditions replicating a 2D measurement of
cresyl violet at τ1 = 0 , τ2 = 10 ps. We collected each 2D spectrum
by scanning the coherence time, τ1, from 0 to 70 fs in 2 fs steps for
each population time, τ2, which we stepped from 0.01 to 1000 ps in
11 logarithmic steps in the Cy5 measurements. We display the real
part of the total spectrum arising from the sum of the rephasing and
nonrephasing signals.58

We performed the spectrally resolved transient–absorption
reference measurements required for “phasing” the spectra immedi-
ately after performing the 2D measurements, by making only three
physical adjustments to the spectrometer. The first was to block two
of the excitation beams, and the second was to adjust the energy of
the remaining excitation beam to be equal to the total of the three
excitation beams in the 2D measurements. The third change was to
rotate one of the quarter-area ND 2.0 filters such that it remained in
the path of both beams, but no longer attenuated the probe beam;
this maintained the dispersion while attenuating the probe from
104 to 102 to increase the signal-to-noise ratio.

We used the curve fit functionality of Python and SciPy to
“phase” the 2D spectra, which means to determine each coefficient
ck of a Taylor expansion of the phase function

ϕ(ω3) = ∑
k=0

ckωk
3, (8)

which minimizes the difference, Δ(τ2), between the normalized
transient–transmittance spectrum, STT(τ2, ω3), and the normalized
projection of the 2D spectrum onto the emission frequency axis,
P2D(τ2, ω3),27,59,60

Δ(τ2) = STT(τ2, ω3) − P2D(τ2, ω3), (9)

where

P2D(τ2, ω3) = Re{∫ S2D(ω1, τ2, ω3)e−i2πϕ(ω3) dω1}. (10)

For each τ2 value, we compute the error between the projected 2D
spectrum and its corresponding transient–transmittance spectrum
using the coefficient of determination
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R2
(τ2) = 1 − ∫

(STT(τ2, ω3) − P2D(τ2, ω3))
2dω3

∫ (STT(τ2, ω3) − STT (τ2, ω3))
2dω3

, (11)

where STT(τ2, ω3) is the mean of the measured transient–
transmittance spectrum. The fitting algorithm achieved R2

> 0.99 for
all measurements.

D. Computational methods
1. DFT methods

We performed all density functional theory (DFT) and time-
dependent (TD-) DFT calculations using Gaussian16 software.61

First, we optimized the ground-state geometries using the M06-2X
functional62 with the 6-31+G(d,p) basis set to a residual force of
4.5 × 10−4 Hartree/Bohr. We then performed vertical excited-state
calculations to the lowest seven excited states. We used the integral
equation formalism polarizable continuum model (IEFPCM)63,64

to solvate the Cy5 molecules in water, assuming nonequilibrium
conditions for the excited-state calculations.

2. MD methods
We performed molecular dynamics (MD) simulations of a free

Cy5 dye in solution, a Cy5 dye attached to ssDNA, and a Cy5 dye
attached to dsDNA, using the DNA sequences shown in Table I, with
the GROMACS 2022.2 software package.65 We used the OL15 force-
field66,67 with non-bonded modifications68 for the DNA bonded and
non-bonded parameters and the general amber force-field (GAFF)69

for the Cy5 bonded and van der Waals parameters. To calculate the
atomic point charges of Cy5, we applied the restrained electrostatic
potential (RESP) fitting method,70 using the electrostatic potential
calculated at the HF/6-31G∗ theory level. We built the initial dye-
DNA structures using the UCSF ChimeraX software.71

We used the TIP3P water model72 in a truncated octahedral
box, ensuring a 1.2 nm separation between the dye/dye-DNA struc-
ture and box edge, neutralized the system’s Mg2+ and Cl− ions,
and included an excess MgCl2 concentration of 15 mM. We uti-
lized neighbor-searching, with a cutoff of 1.2 nm, limited the Van
der Waals interaction to 1.2 nm, and implemented the Particle
Mesh Ewald (PME) method with a real-space Coulomb cutoff of
1.2 nm. The LINCS algorithm was used to constrain the bonds to
the hydrogen atoms.73

To prepare the systems for MD simulations, we first energy-
minimized the structures with the steepest descent method for
1000 steps. Second, we ran two 1 ns equilibration steps, with har-
monic constraints of 1000 kJ/(mol nm2) for the first step and
100 kJ/(mol nm2) for the second step, applied to heavy atoms, keep-
ing the number of atoms, volume, and temperature constant. A third
step was performed with no constraints. We then performed MD
simulations for 500 ns at 1 atm and 300 K, keeping the number
of atoms, pressure, and temperature constant, with a timestep of
2 fs. We utilized the velocity-rescale thermostat74 with a coupling
time of 0.1 ps and the Parrinello–Rahman barostat75 with a coupling
time of 1.0 ps. Datasets arose from three replicas, each with different
initial velocities, for each system, where we treated the first 50 ns
of each replica as an equilibration period that was not used for
data analysis. Figure 2 details the parameters used to quantify dye
conformations.

FIG. 2. The vectors used to calculate the angle between the two ends of the Cy5
dye are shown in green, and the vector representing the length of the Cy5 dye is
shown in red. The green vectors were determined by calculating the unit vector
connecting the atoms labeled N1 and C1 to the C2 and C3 atoms for both ends.
The length of the Cy5 dye was calculated using the centers of mass of the atoms
in the two aryl rings at either end of the Cy5 dye.

IV. RESULTS AND DISCUSSION
As a first step to obtaining information provided by the Cy5

dye about the DNA structures, we analyzed the steady-state spec-
tra and the photophysical properties of the four samples. Table II
lists the properties based on the spectra displayed in Fig. 3 and
TCSPC measurements. The data reveal two key trends. The first is
that attachment to DNA redshifts the steady-state absorption and
fluorescence spectra by up to 10 nm relative to the free dye that was
in the aqueous buffer solution. Prior reports presented evidence sup-
porting the hypothesis that this redshift is due to a solvatochromic
effect caused by differences in solvation polarity.76–78

To support this hypothesis further, we tested the competing
hypothesis that the redshift is caused by a change in conjugation
due to the use of dual phosphoramidite linkers to attach the Cy5 dye
to the DNA. We, therefore, performed DFT computations of Cy5,
with and without its linkers, using a polarizable continuum model
of water as the solvent. After equilibrating the ground-state geom-
etry, we computed the excitation energies and oscillator strengths
for each structure. The optimized molecular structures of the Cy5
dyes, with and without linkers, are shown in Fig. 4. The two com-
putations yielded values that were identical to within ∼1% for the
seven lowest-energy excited states, which were singlets. For exam-
ple, the lowest-energy transition was 517.4 nm (515.8 nm) with
(without) the linkers. These computational results are not consis-
tent with the extended-conjugation hypothesis, and, therefore, the
solvatochromism mechanism is further supported.

The second major trend present in the tabulated data is that
the excited-state lifetime is increased when the dye is attached to
DNA. This also has been observed previously; Lee et al. showed
that DNA attachment enhances photostability of cyanine dyes.20

Here, we also measured the fluorescence quantum yield (FQY) val-
ues, and there is an increase in this value concomitant with the
increase in the excited-state lifetime. To gain additional insight into
the photophysics of each sample, we further calculated the radiative
and nonradiative decay rate constants from the measured lifetime
and FQY values.79 Keeping in mind that each sample could be a
heterogeneous mixture of conformers, we glean three key obser-
vations from these results: (i) The radiative decay rate of the free
Cy5 solution is the largest, while that of the dsDNA–Cy5 solution is
the smallest. (ii) The nonradiative decay rate of the free Cy5 solu-
tion is 4–5× larger than that of any DNA–Cy5 solution. (iii) The
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TABLE II. Steady-state and photophysical parameters of Cy5 samples; lifetimes, fluorescence quantum yields (FQYs), and
radiative and nonradiative decay rates.

Calculated decay rates

Sample
Absorption
max (nm)

Fluorescence
max (nm)

Stokes
shift (THz)

Lifetime
(ns)

FQY
(%)

Radiative
(ns−1)

Nonradiative
(ns−1)

Free Cy5 640 660 14.2 0.6 18 0.30 1.40
ssDNA–Cy5 648 670 15.2 1.8 45 0.25 0.31
dsDNA–Cy5 646 665 13.3 1.7 36 0.21 0.38
HJ-DNA–Cy5 651 670 13.1 2.1 48 0.23 0.25

nonradiative decay rate of the dsDNA–Cy5 solution is the largest
of the DNA–Cy5 solutions. That free Cy5 (dsDNA–Cy5) has the
largest (smallest) radiative decay rate indicates that it has the largest
(smallest) absorption strength, given the relationship between these
parameters established by Strickler and Berg,80 which we further
infer to indicate that the transition dipole moment amplitude of
free Cy5 (dsDNA–Cy5) is the largest (smallest). These results are
consistent with the notion that free Cy5 primarily adopts a mostly
all-trans, planar configuration in the solution, whereas the solu-
tion of dsDNA–Cy5 may consist of either a more cis-like, twisted
configuration or a mixture of cis and trans conformers. That the
nonradiative decay rate of free Cy5 is the largest is consistent with
the expectation that nonradiative decay, which is primarily medi-
ated in these samples by bond rotation following photoexcitation,
would be minimized in samples of Cy5 bicovalently attached to

FIG. 3. Sample structures and spectra. (a) Illustration of structures, where red
star represents the Cy5 molecule that is bicovalently attached to each DNA nano-
structure. The HJ illustration is not intended to represent a specific conformer. (b)
Absorption (solid) and fluorescence (dashed) spectra of the samples with the laser
pulse spectrum (NOPA; shaded area).

DNA. Finally, the unexpectedly large nonradiative decay rate of
the dsDNA–Cy5 sample (compared to the ssDNA–Cy5 and HJ-
DNA–Cy5 samples) is consistent with the interpretation proposed
above, wherein the molecules in the solution adopt a more cis-like,
twisted configuration, which is expected to facilitate nonradiative
decay. The data in Table II, therefore, reveal that attaching Cy5 to
DNA changes the solvation environment, causing a spectral red-
shift, and can promote a more cis-like, twisted configuration, causing
a decrease and increase in radiative and nonradiative decay rates,
respectively.

Interestingly, despite the redshift and lifetime trends, there is
no discernible trend in the Stokes shift values relative to that of the
free dye. The Stokes shift is a single value that describes the collec-
tive energy losses due to solvent reorganization and intramolecular
and intermolecular vibrational relaxation.81,82 Because a trend is not
observed, this reveals that the vibronic coupling environment is not

FIG. 4. DFT-optimized molecular structure of Cy5, with (bottom) and without (top)
linkers. Bonds connecting the Cy5 to the linkers or the linkers to the DNA were
capped with H atoms. Gray, white, blue, red, and yellow represent the C, H, N, O,
and P atoms, respectively.
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altered systematically by the attachment to the DNA. Indeed, the
intensities of the vibronic shoulders present in the absorption and
fluorescence spectra in Fig. 3 are qualitatively similar among all
samples.

The conventional spectroscopic characterization methods did
not provide detailed insight into the conformational distribution of
the DNA macromolecules, and, therefore, we turn to the advanced
spectroscopic tool of 2D ES. Here, we use a fundamental aspect of the
spectroscopic method—its phase-correlation property via the pho-
ton echo28—to gain insight into the structural properties of DNA,
by evaluating the line shapes of peaks in the 2D spectra of the Cy5
dye. Researchers have used line shape studies in 2D spectroscopy
to probe many properties,83 including spectral diffusion84 and the
dynamic Stokes shift.82 These studies rely on the dynamic changes
in the shapes of peaks in a 2D spectrum that can occur as the
waiting time (τ2) evolves. A 2D spectrum correlates the phase of
each excitation frequency to that of each emission frequency. The
information about these correlations is embedded in the shape of
a peak in a real-valued 2D correlation spectrum.58 In such a spec-
trum, the true line shape of a transition is given by the antidiagonal

linewidth of a peak.34,85 This is often known as ‘homogeneous’
broadening, because it refers to the instantaneous fluctuations that
inherently broaden a transition. For a condensed-phase sample, this
will depend on factors such as the solvent and temperature. In
addition to the homogeneous linewidth, some peaks will have a per-
sistent diagonal elongation. In 2D studies, diagonal elongation of the
ground-state bleach (GSB) peak that persists to very long (nanosec-
ond) timescales is often referred to as “inhomogeneous” broadening,
to distinguish it from homogeneous broadening. Such persistent
diagonal elongation implies that there is a microscopic mechanism
that prevents dyes excited by high-frequency light from exploring
environments or configurations that would be excited by low-
frequency light, and vice versa. In some samples, the inhomogeneous
line-shape has a straightforward physical explanation. For exam-
ple, a colloidal semiconductor-nanocrystal sample is a collection of
nanocrystals of varying sizes, and the transition energy depends on
the size of the nanocrystal.86 The nanocrystals cannot change sizes,
and, therefore, the line shape remains inhomogeneously broadened
at all waiting times.60 In the DNA–Cy5 samples studied here, we
would interpret any inhomogeneously broadened peaks as arising

FIG. 5. Normalized room-temperature 2D ES of the four samples at indicated waiting times. The spectra of free Cy5 were truncated slightly to attain adequate (R2
> 0.99)

phasing.
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from the DNA, preventing the dye from exploring energetically
distinct conformations or solvent configurations throughout the
duration of the measurement, which is 1 ns. The discussion above
applies to an idealized two-level system. Other molecular and spec-
troscopic properties, such as the dynamic Stokes shift, vibrational
coherences, and the presence of overlapping excited-state absorption
pathways, can complicate the analysis and interpretation.

We present the normalized room-temperature 2D spectra of
the four Cy5 monomer samples in Fig. 5 at representative waiting
time values of 100 fs (top row), 1 ps (middle row), and 316.2 ps
(bottom row). The peaks in the 2D spectra of the DNA–Cy5 sam-
ples present one issue that complicates a seemingly straightforward
line shape study: The primary GSB signal that one would typically
analyze is overlapped by an ESA peak. Indeed, the region surround-
ing the main peak at an emission frequency of about 475 THz
appears to have zero signal. This lack of signal appears in the ref-
erence TA spectrum, see the Appendix, but the absolute-value 2D
spectrum—although it does not have a physical interpretation in
a line shape study—does show high amplitude in this region. This
distinction reveals that the region of zero signal in the TA and real-
valued 2D spectra arises from significant interference between the
GSB and ESA signals, which have opposite signs. Because the GSB
peak is not isolated, we cannot use a typical analysis method, such
as the center line slope method.83,87,88 Instead, here, we analyze a
distinct spectral feature that will also contain the same informa-
tion about correlations between excitation and emission frequencies.
Specifically, we analyze the slope of the node that forms between the
GSB and ESA features. To do this, for each value of τ2, we selected a
specific ω1 slice through the 2D spectrum and identified the ω3 value
that was the minimum of the absolute values of the real-valued 2D
spectrum

ωmin
3 = min(∣Re{S2D(ω1, τ2, ω3)}∣(ω1 ,τ2)

∣). (12)

This yielded a set of about 20 (ωmin
3 , ω1) coordinate pairs, which we

then fit to a linear function. To remove the singularity that would
arise at a perfectly vertical node, we interchange the dependent and
independent variables to compute the inverse slope, χ,

ωmin
3 = ω1χ + ωb, (13)

where ωb is the intercept of the linear fit. Figure 6(a) shows an exam-
ple fit for the dsDNA–Cy5 sample at 316.2 ps waiting time. Panel
(b) in Fig. 6 illustrates the cases most relevant to this report, which
are χ = 0 and χ = 1. An inverse slope of χ = 0 indicates a completely
vertical line, which indicates no phase memory (correlation) among
the lower and higher frequencies. An inverse slope of χ = 1 would
indicate a node that is parallel to the diagonal. Figure 6(c) shows
the values of χ for each sample across four decades of waiting time.
Error bars represent one standard deviation of the fit error. Due to
the nonresonant response,89 we omitted the 2D spectra acquired at
waiting times of 10 and 31 fs from this analysis. Additionally, there
are non-negligible vibrational quantum beats that take ∼250 fs to
dissipate,90 and, thus, some of the spectra at 100 and 316 fs have
large errors. Due to its short lifetime, the 1 ns measurement of free
Cy5 had a weak signal, which led to a relatively large error. Some val-
ues in Fig. 6(c) are negative, which, in principle, indicates a negative

FIG. 6. (a) Fitted region of 2D ES of dsDNA–Cy5 sample at 316.2 ps. Contours
drawn at 1% intervals over the bounds of ±20%. The dark blue line indicates the
linear fit to the node. (b) Illustrations of cases χ ∈ {0, 1}. (c) Inverse slope of the
nodal line between GSB and ESA features, χ, for all samples across four decades
of waiting time (τ2).

correlation between the excitation and emission frequencies. How-
ever, most of the negative inverse slope values also have very large
uncertainties, indicating that these values likely arise from noise.
Mechanisms including vibrational coherences, pulse chirp, and the
dynamic Stokes shift could, in principle, induce a negative-valued
inverse nodal slope; however, this effect is outside the scope of the
current study, and most of the negative values are omitted from the
detailed analysis below.

A cursory inspection of the data presented in Fig. 6(c) qual-
itatively reveals that the dsDNA–Cy5 sample has χ ∼ 1, whereas
the other three samples have χ ∼ 0 across all four decades of mea-
sured waiting time. More quantitatively, the time-averaged χ values
for each sample are: −0.22 ± 0.24 for free Cy5, −0.24 ± 0.14 for
ssDNA–Cy5, +0.84 ± 0.15 for dsDNA–Cy5, and −0.33 ± 0.13 for
HJ-DNA–Cy5. These non-zero inverse slopes of the dsDNA–Cy5
reveal that dsDNA prevents the bicovalently bound Cy5 dye from
exploring all possible energetically distinct configurations in this
spectral region within 1 ns, and this contrasts with the other three
samples, wherein the dye can explore all energetically distinct con-
figurations in this spectral region within about 1 ps. Because the
dye is a cyanine dye with a conjugated methine bridge chain hav-
ing multiple conjugated carbon–carbon bonds, one can hypothesize
that the dsDNA locks the dye into certain preferred isomers or con-
formers in their ground states, and neither thermal fluctuations nor
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photoexcitation is adequate to induce isomerization of appreciable
yield within the measurement time.

To test the hypothesis regarding multiple conformers, we con-
ducted MD simulations on the ground electronic state of free Cy5,
ssDNA–Cy5, and dsDNA–Cy5. The HJ-DNA–Cy5 system was not
amenable to computational study because of its size. The simula-
tions ran for 500 ns. For each frame (10 ps), we quantified the angle
between the ends of the dye, θe, and the length of the dye to pro-
duce a two-dimensional histogram of occurrences. Each histogram
in Fig. 7 shows multiple preferential conformers of the dye. We
extracted the parameters for these preferential conformers and tabu-
lated them in Table III, and we also produced a visual image of each
conformer and displayed it in the bottom of Fig. 7. The most com-
mon configuration for the ground-state structure of the Cy5 dye in
all three environments is the trans, syn (planar) conformer, which
is characterized by θe ∼ 8○ and dye length of 1.37 nm and is high-
lighted by the blue circle in Fig. 7. Free Cy5 is also found—to a lesser
extent—in the trans, anti (planar) and cis, anti (planar) conformers.
Free Cy5 is rarely found in a twisted configuration. The MD results
reveal that ssDNA provides a microscopic environment that is even
more likely to avoid the two twisted conformers. Indeed, inspecting

the simulation frames reveals that the flexibility and coiling of the
ssDNA strand leads to stacking of the Cy5 with the nucleobases and a
lack of significant secondary conformers. By contrast, the secondary
conformers of Cy5 in the dsDNA environment are twisted, and the
MD simulation frames show that the dye is located primarily on the
outside of the double-stranded DNA base region. Because the only
relevant DNA–dye interactions on the outside of the double helix are
the two phosphoramidite linkers, the dual linkers may prevent the
formation of either anti (planar) structure, by restricting the amount
of twisting of the dye; to form an anti conformer and to remain bico-
valently bonded to the DNA, the linkers would have to stretch much
more than if the dye simply remained in the trans, syn (planar) or
one of the twisted conformers.

The MD results reveal that ssDNA leads to flexibility and
nucleobase stacking that strongly biases Cy5 to be primarily in
the trans, syn (planar) conformer. By contrast, the Cy5 molecule
attached to dsDNA is exterior to the helix and has two key sec-
ondary conformers, both twisted. The 2D spectra suggest that one
of the secondary conformers in dsDNA–Cy5 would have a transi-
tion frequency within about 10–20 THz of the dominant conformer,
which would be adequate to cause significant spectral overlap, but

FIG. 7. (top) Two-dimensional histograms from MD simulations for free Cy5, ssDNA–Cy5, and dsDNA–Cy5 (bottom) The five representative Cy5 conformers found in the
MD simulations, as marked in each histogram by colored circles.
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TABLE III. Parameters of five key Cy5 dye conformations from MD simulations.

Conformer Dye length (nm) θe (deg)

Trans, syn (planar) 1.37 8
Trans, anti (twisted) 1.37 90
Trans, anti (planar) 1.37 134
cis, anti (planar) 1.28 128
cis, anti (twisted) 1.28 99

not be completely degenerate and, thereby, would cause no line
broadening. To support this interpretation, one could, in princi-
ple, compute the transition frequency of each conformer; however,
previous studies have observed that cyanine dyes present a com-
putational challenge.91,92 Future work will include calculating the
transition frequencies of the predicted dye conformers, with par-
ticular focus on how the exchange-correlation functional, solvent
environment, and other relevant computational parameters affect
the electronic structure of the DNA-templated dye.

Combined, the 2D ES and MD results reinforce the conclu-
sion that dsDNA provides an environment for the dye that is unique
within the series of DNA structures studied here. Indeed, consider-
ing only the primary electronic transition, the 2D ES measurements
demonstrate that the environments around the dye in both ssDNA
and HJ-DNA are more similar to that of the dye free in solution than
to that of the dye in dsDNA. This was unexpected, not only because
the configurational space of Cy5 when attached to ssDNA is more
limited than that of both free Cy5 and dsDNA–Cy5, but also because,
in ssDNA–Cy5, there is base-pair stacking, which is not possible in
the free Cy5 solution. Evidence from literature also suggests that this
base-pair stacking is possible in HJ-DNA for Cy5 dimers,93 which
may also apply for a Cy5 monomer. By contrast, the results, here,
from 2D spectroscopy—which can reveal conformations that affect
the transition frequency—show that the rigidity of dsDNA locks
the dye into two or more subensembles that have non-degenerate
transition frequencies, causing peaks to overlap in a way that leads
to inhomogeneous broadening, observed as the persistent diagonal
elongation in the 2D spectrum. The MD simulations indicate that
the non-degenerate subensemble consists of twisted conformations
of Cy5 that are not present to an appreciable extent in the free Cy5 or
ssDNA simulations. Such behavior may be related to the rigid, orga-
nized, helical nature of dsDNA, discussed further by Asanuma et al.
in their seminal review.94

V. CONCLUSIONS
In this report, we have analyzed steady-state and femtosecond

2D electronic spectra of Cy5 monomers, either free in aqueous solu-
tion or bicovalently bound to three distinct DNA structures, with an
aim of extracting information about the DNA conformations. Due
to overlapping spectral features, we modified the conventional line
shape analysis to quantify the slope of the node that arose between
the ground-state bleach and excited-state absorption features. The
2D spectra revealed that ssDNA and HJ-DNA environments for the
dye were similar to that of aqueous solvation. In these three envi-
ronments, there was no correlation between excitation and emission

frequencies in the spectral feature of interest. This indicated that
the dye was in one dominant conformation relevant to this spec-
tral window. In contrast, the 2D spectra of dsDNA revealed a strong
correlation between excitation and emission frequencies that per-
sisted throughout the duration of the measurement. This signature
of inhomogeneous broadening indicates that, in dsDNA, the dye
is present in more than one conformer and is not able to explore
all energetically distinct environments within the duration of the
measurement. The MD simulations supported these findings and
provided further insights into the specific nature of the structures.
These results provide more context to DNA’s structural hetero-
geneity, relevant to optical probes in spectroscopy and microscopy
studies.
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APPENDIX: PHASING OF 2D SPECTRA

Following the suggested specifications for newly constructed
2D spectrometers,57 here, in Fig. 8, we report a representative exam-
ple of the phasing accuracy. Phasing corrects subwavelength errors
in pulse timings, imbalance between the rephasing and nonrephas-
ing signals, as well as the pulse chirp, that mixes the absorptive and
dispersive components of the signal.59,95 The blue trace is the ref-
erence spectrally resolved TA measurement, STT(τ2, ω3), conducted
immediately after the 2D scans of this sample, at an equivalent exci-
tation power. The dashed orange trace represents the projection
of the 2D spectrum, P2D(τ2, ω3), at this same waiting time, with
optimized phase function applied. The green trace represents the
residual, Δ(τ2), see Eqs. (9) and (10). Via Eq. (11), this dsDNA–Cy5
2D spectrum at 316.2 ps yielded an R2

= 0.996. The gray trace in the
bottom panel is the phase function, ϕ(ω3), applied to the complex-
valued 2D spectrum, to achieve the match to the reference TA
spectrum.

FIG. 8. (Top) Magnitude 2D ES. (Middle) Demonstrating phasing accuracy by
comparing the projected real-valued 2D spectrum to its reference TA spectrum.
(Bottom) Phase function applied to the complex-valued 2D spectrum in the top
panel, to achieve a match between the 2D projection and the reference TA
spectrum.
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