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Abstract: Rhododendrol (RD) is a naturally occurring phenolic compound found in many plants.
Tyrosinase (Ty) converts RD to RD-catechol and subsequently RD-quinone via two-step oxidation
reactions, after which RD-melanin forms spontaneously from RD-quinone. RD is cytotoxic in
melanocytes and lung cancer cells, but not in keratinocytes and fibroblasts. However, the function
of RD metabolites has not been possible to investigate due to the lack of available high purity
metabolites. In this study, an enzymatic strategy for RD-catechol production was devised using
engineered cytochrome P450 102A1 (CYP102A1) and Ty, and the product was analyzed using
high-performance liquid chromatography (HPLC), LC-MS, and NMR spectroscopy. Engineered
CYP102A1 regioselectively produced RD-catechol via hydroxylation at the ortho position of RD.
Although RD-quinone was subsequently formed by two step oxidation in Ty catalyzed reactions,
L-ascorbic acid (LAA) inhibited RD-quinone formation and contributed to regioselective production
of RD-catechol. When LAA was present, the productivity of RD-catechol by Ty was 5.3-fold higher
than that by engineered CYP102A1. These results indicate that engineered CYP102A1 and Ty can
be used as effective biocatalysts to produce hydroxylated products, and Ty is a more cost-effective
biocatalyst for industrial applications than engineered CYP102A1.

Keywords: rhododendrol; cytochrome P450; tyrosinase; biocatalyst; hydroxylation; bioconversion

1. Introduction

Biocatalysts are biological systems, such as purified enzymes and whole cells, that can catalyze
diverse chemical reactions. Enzymes can accept a wide range of molecules as substrates, and they
exhibit high catalytic activities towards simple and complex chemicals. Consequently, they are used as
biocatalysts in fields of chemical synthesis, biosensor production, and bioremediation. The biocatalysts
can also be used to support several cascade reactions during organic compound synthesis. In particular,
they are effective tools in the fine chemical and pharmaceutical industries because they exhibit chemo-,
stereo-, and regioselectivity for chemical production in eco-friendly ways [1–5].

Generally, cytochrome P450 (P450 or CYP) enzymes catalyze the monooxygenase reaction
(i.e., the insertion of one atom of molecular oxygen into a substrate and the reduction of the other
oxygen atom to water) [6]. Required electrons for the reaction are provided from nicotinamide adenine
dinucleotide cofactors (NADPH or NADH) via cytochrome P450 reductase (CPR). In addition, P450s
catalyze diverse reactions such as C-hydroxylation; N-oxidation; N-, O-, and S-dealkylation; C–C
bond cleavage; alcohol oxidation using diverse natural and non-natural compounds as substrates.
Accordingly, CYPs have considerable potential as biocatalysts for novel drug development [7–9].
CYP102A1 from Bacillus megaterium (BM3) consists of the catalytic heme domain and the reductase

Catalysts 2020, 10, 1114; doi:10.3390/catal10101114 www.mdpi.com/journal/catalysts
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domain in a single polypeptide [10]. CYP102A1 is more effective as a biocatalyst because of its high
activity and solubility. The engineering of CYP102A1 through site-directed and random mutagenesis
is reported to improve their activities toward various marketed drugs, steroids, and non-natural
substrates. However, bioconversions via CYP102A1 have drawbacks on an industrial scale because
they still require the use of a high-cost cofactor, NADPH [11–15].

Tyrosinase (Ty) is a copper-containing dioxygenase responsible for melanin formation in many
organisms. Two copper ions, CuA and CuB, coordinate six conserved histidine residues in the active
sites [16,17]. Ty catalyzes the ortho-hydroxylation of monophenols to ortho-diphenols (catechols) via
monophenolase activity, as well as the subsequent oxidation of ortho-diphenols to ortho-quinones via
diphenolase activity. The highly reactive ortho-quinones convert to melanin spontaneously, and are
involved in skin pigmentation and fruit and vegetable browning [18,19]. Ty has a considerable
potential to synthesize bioactive catechol derivatives because of regioselective ortho-hydroxylation via
monophenolase activity. However, Ty-associated melanin formation should be inhibited for industrial
applications of the bioactive catechol derivatives [20,21]. Protein engineering using site-directed and
random mutagenesis has been attempted to improve Ty’s activity and substrate specificity [22,23].
Furthermore, the inhibition of Ty’s diphenolase activity using catechol, NADH, and ascorbic acid was
found to enhance the production of catechol derivatives [24–26]. For the industrial use of Ty to produce
catechol compounds, the issue of further oxidation of catechol needs to be solved, but Ty seems to be
a more cost-effective biocatalyst compared with P450 because it does not require the redox partners
and NADPH.

Rhododendrol (RD, 4-(4-hydroxyphenyl)-2-butanol) is a naturally-occurring phenolic compound
found in many plants such as Acer nikoense and Betula pubescens [27–29]. In melanocytes, RD is
metabolized to RD-quinone via RD-catechol by a Ty-catalyzed reaction. Subsequent spontaneous
reactions convert RD-quinone to melanin [30]. RD metabolites and RD-derived melanin generated by
Ty cause oxidative stress and exhibit cytotoxicity in melanocytes [31]. RD is also cytotoxic in human
lung cancer cells [32], but not in keratocytes and fibroblasts [33]. However, the bioactive or adverse
effects of various RD metabolites are not well established because metabolites with high purity cannot
be obtained on a large scale.

The aim of this study was to produce a highly pure RD-catechol product using engineered
CYP102A1 and Ty as biocatalysts. We found that engineered CYP102A1 and Ty can catalyze the
regioselective hydroxylation at the ortho position of RD to produce an RD-catechol with high selectivity
(Figure 1). In addition, we compared the yield, final product concentration, and productivity for
RD-catechol production by engineered CYP102A1 and Ty. To the best of our knowledge, this study is
the first report of the production of a highly pure RD-catechol using engineered CYP102A1 and Ty.

Figure 1. Scheme for rhododendrol (RD)-catechol production using cytochrome (CYP)102A1 and
tyrosinase (Ty).

2. Results and Discussion

2.1. Hydroxylation of RD by Engineered CYP102A1

To find a CYP102A1 enzyme with a high activity towards RD, the catalytic activities of the
CYP102A1 wild type (WT) and its engineered enzymes toward RD were investigated at a fixed
substrate concentration of 200 μM for 30 min of incubation. An NADPH regenerating system
(NGS) was added to provide NADPH to the CYP102A1. The formation of RD-derived products
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by CYP102A1 was analyzed using high-performance liquid chromatography (HPLC). One major
product was generated by engineered CYP102A1. The retention times of RD and its major product
were 13.4 and 8.4 min, respectively (Figure 2). Among this study’s tested enzymes, WT CYP102A1
apparently could not oxidize RD, whereas ten engineered CYP102A1 showed high activity toward
RD with more than 200 nmol product/nmol P450. Engineered CYP102A1 #16 (M16) was selected for
further experiments because it showed the highest activity with 645 nmol product/nmol P450 among
the tested 45 engineered CYP102A1 (Figure S1).

Figure 2. High-performance liquid chromatography (HPLC) chromatogram of RD and RD-catechol
produced by engineered CYP102A1. The reaction mixtures contained 0.2 μM M16 or 200 μM
RD with or without NADPH regenerating system (NGS). RD and RD-catechol were eluted at
13.4 and 8.4 min, respectively.

M16 might produce RD-catechol or RD-resorcinol via hydroxylation at the ortho or meta
positions of the RD’s phenol ring. The major RD-derived product was identified using liquid
chromatography-mass spectrometry (LC-MS) and nuclear magnetic resonance (NMR) spectroscopy.
Although the molecular mass of RD is 166.22 g·mol−1, its mass to charge (m/z) value was calculated as
149 via LC-MS [34]. The m/z value of the major product was 165, which was 16 higher compared to
RD (Figure S2). The 1H and 13C NMR spectra of RD and the product of M16 are shown in Figures
S3–S6. Chemical structure and chemical shift assignments for RD and the product of M16 are shown in
Figure S7 and Table S1. These results indicate that engineered CYP102A1 regioselectively produces an
RD-catechol via hydroxylation at the ortho position.

2.2. RD-Catechol Production by Engineered CYP102A1

To increase the product concentration, M16 catalytic reactions were performed with various
RD concentrations. RD-catechol production increased with RD concentration, and the productivity
increased up to 200 μM RD (Figure 3). In this condition, product yield, final product concentration,
and productivity were 50.4%, 18.4 mg·L−1, and 36.7 mg·L−1·h−1, respectively. The maximum
RD-catechol was produced when RD concentration was 200 μM. The RD-catechol yield increased
until 100 μM RD, and then decreased. When RD concentration was 100 μM, the yield was highest at
53.8%. These results indicate that M16 catalytic reactions below 200 μM RD to produce RD-catechol is
efficient Further purification steps might be needed to obtain highly pure RD-catechol, as the yield
of RD-catechol was lower than 90%. Although M16 can catalyze the regioselective hydroxylation
of RD, M16 has limitations for industrial-scale applications due to its low yield and demand for
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NADPH. Therefore, it is necessary to develop alternative enzymes that can reduce cost and time of
RD-catechol production.

Figure 3. RD-catechol production by engineered CYP102A1 with increasing RD concentration.
The reaction mixtures contained 0.2 μM M16 with indicated RD concentration up to 500 μM, and NGS.
RD-catechol produced by M16 was analyzed using HPLC.

2.3. Inhibition of RD-Quinone Formation by Ascorbic Acid Analogs

To develop an alternative enzyme to overcome the limitations of the CYP102A1 catalysis requiring
NADPH, we attempted to produce RD-catechol using Ty as a biocatalyst. Ty produces RD-catechol and
RD-quinone from RD by catalyzing two-step oxidations of ortho-hydroxylation and the subsequent
oxidation. RD-quinone is spontaneously converted to RD-melanin via a non-enzymatic pathway [30].
The absorbance of RD at 280 nm changed after the Ty-catalyzed reactions. Within 3 min, absorbance
near 400 nm increased, and absorbance at 280 and 340 nm also increased over time (Figure S8).
This indicate that Ty rapidly produces RD-quinone and secondary quinone from RD [31]. Therefore,
secondary oxidation by Ty should be inhibited to selectively produce RD-catechol. It has been
reported that L-ascorbic acid (LAA) increases catechol production via the reduction of ortho-quinone
to ortho-catechol [26]. In addition, LAA and D-ascorbic acid (DAA), an isomer of LAA, act as a
suicide substrate against Ty in aerobic conditions [35]. In this study, we investigated the inhibitory
effects of LAA, D-ascorbic acid (DAA), and dehydroascorbic acid (DHA), an oxidized form of LAA,
on Ty-induced RD-quinone formation by monitoring absorbance at 400 nm. The inhibitory effects
of LAA and its analogs increased with increasing their concentrations. When Ty reacted with RD at
37 ◦C for 30 min, 1 mM LAA, DAA, and DHA inhibited RD-quinone formation by 86%, 95%, and 8%,
respectively (Figure 4). The inhibitory effects of LAA and its analogs at 25 ◦C were similar to those at
37 ◦C (Figure S9). These results indicate that LAA analogs act as inhibitors of Ty, not as antioxidants for
the reduction of ortho-quinone to ortho-catechol. In addition, it can be suggested that Ty has potential
as an alternative biocatalyst for RD-catechol production because RD-quinone formation is inhibited in
the presence of LAA analogs.
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Figure 4. Inhibition of RD-quinone formation by L-ascorbic acid (LAA), D-ascorbic acid (DAA),
and dehydroascorbic acid (DHA) at 37 ◦C.

2.4. Regioselective Production of RD-Catechol by Ty

For selective production of RD-catechol by Ty, LAA was selected as an inhibitor of its diphenolase
activity. Ty produced one major product at a temperature range of 25–45 ◦C when the reaction mixture
contained Ty, RD, and LAA. RD’s conversion to the product by Ty was the highest at 37 ◦C (Figure S10).
In addition, production of the major product by Ty was investigated when 5–100 mM LAA contained
in reaction mixture at 37 ◦C. RD’s conversion by Ty increased over time and was saturated within
30 min. Ty produced the highest product of 84.1 mg·L−1 when the reaction mixture containing 10 mM
LAA was incubated at 37 ◦C for 30 min (Figure 5).

Figure 5. Effect of LAA concentration on the production of RD-catechol. The reaction mixtures
contained five units of Ty and 500 μM RD in 250 μL of a 100 mM potassium phosphate buffer (pH 6.5)
with 5 (a), 10 (b), 50 (c), or 100 mM LAA (d). The reaction mixtures were incubated at 37 ◦C for
0–120 min. The RD-catechol produced by Ty was analyzed using HPLC. The circle (•) and square (�)
lines indicate concentration of RD and RD-catechol, respectively.
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The major product of Ty eluted at 8.4 min on HPLC (Figure S11), which was the same retention
time with the major product of M16 (Figure 2). To identify Ty’s product, LC-MS and NMR analyses
were performed. The m/z value of this product was 165 on LC-MS, which was 16 higher compared to
the RD (Figure S12). The 1H and 13C NMR spectra of Ty’s product were the same as those of M16’s
product (Figures S13 and S14). These results indicate that Ty catalyzes the ortho-hydroxylation to
regioselectively produce RD-catechol when LAA acts as an inhibitor of Ty’s diphenolase activity.

To increase RD-catechol production, Ty catalytic reactions were performed at high RD
concentrations. Ty’s RD-catechol production increased with RD concentration, and it became saturated
from 2 mM RD. In this condition, yield, product concentration, and productivity were 69.3%, 252 mg·L−1,
and 505 mg·L−1·h−1, respectively. The RD-catechol yield increased until 500 μM and then decreased.
When the RD concentration was 500 μM, the yield was highest at 93.9%. The final product concentration
and productivity were 85.6 mg·L−1 and 171 mg·L−1·h−1, respectively (Figure 6). These results suggest
that Ty can be used as an alternative biocatalyst for the selective production of RD-catechol with
high productivity.

Figure 6. RD-catechol production by Ty with increasing RD concentration. The reaction mixtures
contained five units of Ty, indicated concentrations of RD, and 10 mM LAA. RD-catechol produced by
Ty was analyzed using HPLC.

The production capability of enzymes is evaluated in terms of productivity (mg·L−1·h−1) and final
product concentration (mg·L−1). For pharmaceutical production, the estimated minimum productivity
and final product concentration are 1 mg·L−1·h−1 and 100 mg·L−1, respectively [36–39]. The production
abilities of M16 and Ty were compared when the RD concentration was 500 μM (Table 1). In this
condition, both biocatalysts produced mainly RD-catechol, and their selectivity values exceeded
90%. Ty yielded 93.9% RD-catechol from RD, whereas M16 produced 17.6% RD-catechol from RD.
The productivities of M16 and Ty were 32.1 mg·L−1·h−1 and 171 mg·L−1·h−1, respectively. These
results indicate that Ty produced 5.3 times more RD-catechol compared with M16. In addition,
one-pot synthesis of RD-catechol by Ty is possible without additional purification steps when the RD
concentration is 500 μM.

Table 1. Comparison of production abilities of engineered CYP102A1 and Ty.

Biocatalyst Selectivity (%) Yield (%)
Product Concentration

(mg·L−1)
Productivity
(mg·L−1·h−1)

CYP102A1 1 93.5 ± 1.4 17.6 ± 0.7 16.1 ± 0.7 32.1
Ty 2 90.4 ± 0.4 93.9 ± 1.8 85.6 ± 1.6 171

1 The reaction mixture contained 0.2 μM M16, 500 μM RD, and NGS in 250 μL of 100 mM potassium phosphate
buffer (pH 7.4) and was incubated at 37 ◦C for 30 min (Figure 3). 2 The reaction mixture contained five units of Ty,
500 μM RD, and 10 mM LAA in 250 μL of 100 mM potassium phosphate buffer (pH 6.5) and was incubated at 37 ◦C
for 30 min (Figure 6).
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In conclusion, we found that engineered CYP102A1 and Ty can catalyze the regioselective
hydroxylation of RD and produce RD-catechol. Additionally, LAA and its analogs inhibit Ty’s
diphenolase activity and contribute to selective RD-catechol production by inhibiting RD-quinone
and melanin formation. Compared with engineered CYP102A1, Ty can reduce the cost and time of
RD-catechol production because its productivity and yield were quite high at 171 mg·L−1·h−1 and 93.9%,
and it does not require high-cost NADPH. Taken together, these findings indicate that engineered
CYP102A1 and Ty can be used as efficient biocatalysts and immobilized systems to make hydroxylated
products. Ty is a cost-effective biocatalyst and is more appropriate for industrial applications compared
with engineered CYP102A1.

3. Materials and Methods

3.1. Materials

Glucose-6-phosphate dehydrogenase (G6PDH, from yeast), glucose-6-phosphate (G6P), NADP+,
Ty (from Agaricus bisporus), LAA, DAA, and DHA were obtained from Sigma-Aldrich (St. Louis, MO,
USA). RD was obtained from Tokyo Chemical Industry (Tokyo, Japan). All the other chemicals were of
analytical grade.

3.2. Preparation of Engineered CYP102A1

The engineered CYP102A1 enzymes used in this study are known to have high activities toward
non-natural substrates, and they were constructed by site-directed and random mutagenesis [14,40–42].
The changed amino acid residues of engineered CYP102A1 are shown in Table S2. CYP102A1
WT and engineered enzymes were expressed in Escherichia coli and were purified as previously
described [40]. The plasmid of CYP102A1 enzymes (in pCW vector) was transformed to E. coli
DH5α F’-IQ strain. The transformed cells were grown overnight in 5 mL of Luria–Bertani (LB) broth
with ampicillin (100 μg·mL−1) at 37 ◦C. Precultured cells were inoculated to 250 mL of terrific broth
(TB) containing ampicillin (100 μg·mL−1) and were grown at 37 ◦C with shaking at 250 rpm until
reaching 0.8 of A600. The expression of CYP102A1 enzymes was induced by adding 0.5 mM isopropyl
β-D-1-thiogalactopyranoside (IPTG) and 1 mM δ-aminolevulinic acid. The culture was grown at
30 ◦C with shaking at 190 rpm for 24 h. The cells were harvested by centrifugation at 5000× g for
15 min. The cell pellet was resuspended in a TES buffer (100 mM Tris-HCl, pH 7.6, 0.5 mM EDTA,
and 500 mM sucrose) and lysed by sonication. After the lysate was centrifuged at 100,000× g for 90 min
at 4 ◦C, the soluble cytosolic fraction was collected and used for the activity assay. The CYP102A1
enzymes’ concentration in the cytosolic fraction was determined from the CO-difference spectra using
ε = 91 mM−1·cm−1 [43].

3.3. Hydroxylation of RD by Engineered CYP102A1

The catalytic activity of RD hydroxylation by CYP102A1 was measured as described previously [44].
To measure the activity of the CYP102A1 WT and engineered enzymes, the reaction mixtures contained
0.2 μM enzyme, 200 μM RD, and NGS in 250 μL of 100 mM potassium phosphate buffer (pH 7.4).
To investigate the effects of RD concentration on RD-catechol production by M16, the reaction mixtures
contained 0.2 μM M16 and NGS in 250 μL of 100 mM potassium phosphate buffer with 0, 50, 100, 200,
or 500 μM RD. The reactions were initiated by adding NGS (10 mM G6P, 2 mM NADP+, and 0.5 μg yeast
G6PDH in 250 μL) and were stopped with 25 μL of 1 N HCl containing 2 M NaCl and 600 μL of ice-cold
ethyl acetate after incubating for 30 min at 37 ◦C. After centrifugation of the samples at 3000 rpm for
10 min, an organic layer was transferred to a new tube and evaporated under nitrogen gas. The samples
were dissolved using 180 μL of mobile phase. The reaction products were analyzed using an SPD-20A
UV-Visible detector (Shimadzu, Kyoto, Japan) on an LC-20AD HPLC (Shimadzu, Kyoto, Japan).
The products were separated by a Gemini C18 column (150 × 4.6 mm, 5 μm; Phenomenex, Torrance,
CA, USA) with a mobile phase of 10 mM formic acid in water/methanol (60:40, v/v). The sample was
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injected with 30 μL using a SIL-20A auto sampler (Shimadzu, Kyoto, Japan), and the flow rate was
0.5 mL/min. The RD and products were detected at 280 nm.

3.4. Inhibition of RD-Quinone Formation

RD-quinone formation by Ty was monitored using a UV-160 IPC UV–Visible spectrophotometer
(Shimadzu, Kyoto, Japan). The reaction mixtures contained 20 units of Ty, 500 μM RD, and 1 mM LAA,
DAA, or DHA in 1 mL of 100 mM of potassium phosphate buffer (pH 6.5), and were incubated at 25 or
37 ◦C for 30 min. The inhibitory effects were expressed as percentage of the absorbance decreased
relative to the absorbance at 400 nm of the sample without the inhibitor.

3.5. Production of RD-Catechol by Tyrosinase

The Ty reaction mixtures contained five units of Ty and 500 μM RD in 250 μL of 100 mM potassium
phosphate buffer (pH 6.5) with 5, 10, 50, or 100 mM LAA, and were incubated at 37 ◦C for 0, 1, 5, 10,
20, 30, 60, or 120 min. To increase RD-catechol production, five units of Ty; 0, 0.05, 0.1, 0.2, 0.5, 1, 2, 5,
or 10 mM RD; and 10 mM LAA were incubated in 250 μL of 100 mM potassium phosphate buffer (pH
6.5) at 37 ◦C for 30 min. The reaction mixtures were initiated by adding enzyme and were stopped
with 25 μL of 1 N HCl containing 2 M NaCl and 600 μL of ice-cold ethyl acetate. After centrifugation
at 1000× g for 10 min, an organic layer was transferred to a new tube and evaporated under nitrogen
gas. The samples were dissolved using 180 μL of mobile phase, and the products were analyzed via
HPLC as described above.

3.6. Identification of RD-Catechol by LC-MS

To investigate the mass of the major product, we used a CYP102A1 reaction mixture containing
0.2 μM M16, 500 μM RD, and NGS in 250 μL of 100 mM potassium phosphate buffer (pH 7.4). The Ty
reaction mixture contained five units of Ty, 500 μM RD, and 10 mM LAA in 250 μL of 100 mM potassium
phosphate buffer (pH 6.5). These mixtures were incubated at 37 ◦C for 30 min. Injection samples
were created as described above. The mass values of RD and its products were analyzed using a
TSQ Quantum™ Access MAX Triple Quadrupole Mass Spectrometer on an Accela 1250 HPLC system
(Thermo Fisher Scientific, Waltham, MA, USA). The samples were separated on a ZORBAX SB-C18
column (250 mm × 4.6 mm i.d. 5 μm; Agilent, Santa Clara, CA, USA) at a flow rate of 1 mL/min.
The mobile phases were (A) 10 mM formic acid in water and (B) methanol. The isocratic flow of
mobile phase was (A) 60%: (B) 40% on HPLC. The injection volume was 10 μL. The mass spectra were
recorded by electrospray ionization in positive mode to identify the RD metabolites. The collision
energy and scan rate were 10 V and 0.5 spectra/s, respectively.

3.7. Identification of RD-Catechol by NMR Spectroscopy

To identify the products of engineered CYP102A1 and Ty, reaction mixtures and injection samples
were prepared as described above. The samples were separated using HPLC, and the major product
eluted at 8.4 min was collected. The collected samples were dried using a freezing drier (Operon,
Gimpo, Korea). NMR experiments were performed at 25 ◦C on a Varian VNMRS 600 MHz NMR
spectrometer (Varian Inc., Palo Alto, CA, USA) equipped with a carbon-enhanced cryogenic probe.
Methanol-d4 was used as the solvent, and the chemical shifts for the proton NMR spectra were
measured in parts per million (ppm) relative to tetramethylsilane. All of the NMR experiments were
carried out with standard pulse sequences in the VNMRJ (v. 3.2) library and processed with the same
software (Agilent, Santa Clara, CA, USA).

3.8. Statistical Analysis

All experiments were performed three times. The values are presented as means with a standard
error of mean (SEM).
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Abstract: Enzyme-mediated esterification reactions can be a promising alternative to produce esters of
commercial interest, replacing conventional chemical processes. The aim of this work was to verify the
potential of an esterase for ester synthesis. For that, recombinant lipolytic enzyme EST5 was purified
and presented higher activity at pH 7.5, 45 ◦C, with a Tm of 47 ◦C. Also, the enzyme remained at least
50% active at low temperatures and exhibited broad substrate specificity toward p-nitrophenol esters
with highest activity for p-nitrophenyl valerate with a Kcat/Km of 1533 s−1 mM−1. This esterase exerted
great properties that make it useful for industrial applications, since EST5 remained stable in the
presence of up to 10% methanol and 20% dimethyl sulfoxide. Also, preliminary studies in esterification
reactions for the synthesis of methyl butyrate led to a specific activity of 127.04 U·mg−1. The enzyme
showed higher esterification activity compared to other literature results, including commercial
enzymes such as LIP4 and CL of Candida rugosa assayed with butyric acid and propanol which showed
esterification activity of 86.5 and 15.83 U·mg−1, respectively. In conclusion, EST5 has potential for
synthesis of flavor esters, providing a concept for its application in biotechnological processes.

Keywords: lipolytic enzymes; metagenome; family V; esterification; flavor esters

1. Introduction

With the increased environmental awareness, the utilization of enzymes may have special relevance.
Industrial biocatalysts, in comparison to chemical catalysis, lead to cost savings in the application
process, result in improved product quality, generate less waste, are more energy efficient, are able to
reduce or eliminate the formation of by-products, and are safe and environmentally friendly [1–3].
The use of industrial enzymes has arisen as a significant solution for green and sustainable industrial
products [4] and can be incorporated into the concept of the “circular economy” where nothing is
wasted [5].

In this context, lipolytic enzymes are highly useful in many industrially significant processes due
to their stability in the presence of solvents; exquisite chemo-, regio- and enantioselectivities; activity
over a broad range of substrates; and no need for cofactors [6–10]. Such characteristics allow lipolytic
enzymes to be used in the production of pharmaceuticals; in the food industry (with the global enzyme
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market being dominated by these two fields [11]); in the leather and paper industries; as additives
in detergents; in the synthesis and degradation of plastics and biopolymers; for the production of
biodiesel; and in bioremediation processes [12–16]. Thus, they are promising and have high-growth
potential in the valuable world industrial enzymes market; the global lipase market is expected to
reach $590.5 million in 2020 [17,18].

Lipolytic enzymes, comprising carboxylesterases (EC 3.1.1.1) and triacylglycerol lipases (EC 3.1.1.3),
are members of the α/β hydrolase fold family and differ from each other in their biochemical properties.
Carboxylesterases act on short-chain and usually water-soluble carboxylic esters, while lipases
preferentially hydrolyze ester bonds of triglycerides with long-chain fatty acids which are often
insoluble in water [19,20]. A classification of the bacterial lipases into eight families has been reported
previously by Arpigny and Jaeger (1999), based on their conserved sequence motifs and some
fundamental biological properties. Currently, many novel lipolytic enzymes have been discovered
from different microorganisms, as yeasts [21,22], fungi [23–25] and bacteria [26–29].

Lipases and esterases catalyze hydrolytic reactions in aqueous media as well as the synthesis of
esters from triglycerides/free fatty acids and alcohols in organic solvents or nonaqueous media [30].
Esterification reactions of carboxylic acids and alcohols generate important products as emulsifiers,
biopolymers, and flavor esters. These products have been widely applied in cosmetics, plastics,
medicine, food, etc. [12,16,31].

Conventionally, esterification reactions are performed using chemical catalysts, as acid solutions,
which do not meet the concept of sustainable development. Therefore, enzyme-based biochemically
produced carboxylic esters by lipolytic enzymes are interesting alternatives to their chemical
counterparts [32,33], which lack specificity, resulting in the production of unwanted by-products;
encounter difficulty in product recovery; consume more time and energy; have final products that
may contain residues toxic to human health; and involve environmentally harmful production
processes [33,34].

Therefore, characterization of novel lipases and esterases are potentially useful for industrial
processes. Several proposals are feasible to search for new enzymes, such as metagenomics.
Many lipolytic enzymes from metagenomic libraries have been discovered and characterized: the
esterase Est906 of the family V from the metagenome of paper mill wastewater sediments that presented
relevant characteristics for application in the detergent industry [35] and the lipase and its cognate
foldase Lip-LifMF3 isolated from a metagenomic library from soil contaminated with fat that presented
potential for application in biocatalysis [36]. In addition, we previously reported the characterization of
the esterases ORF2, Est16 and EST3 from a metagenomic library isolated from a microbial consortium
specialized in diesel oil degradation [37–39].

In a previous work, we sequenced the clone PL14.H10 and identified putative genes responsible for
lipolytic activity. Cloning, expression and characterization of one of them was previous reported [39].
In this work, a novel enzyme from PL14.H10 was cloned and recombinantly expressed. Biochemical
characterization of the enzyme was described, including substrate specificity, effect of additives on
enzyme activity and effect of temperature and pH on enzyme conformation. In addition, the potential
application of the enzyme as a catalyst for ester synthesis was highlighted.

2. Results and Discussion

2.1. Analysis of EST5

The sequence analysis of the insert DNA from clone PL14.H10 showed the presence of one
912 bp open reading frame (ORF), encoding a protein of 340 amino acids with predicted molecular
mass of 37 kDa and theoretical pI of 7.3, without putative signal peptide. The putative esterase gene
was designated est5. BlastP analysis based on the information in the GenBank database revealed
highest identity (78%) of the corresponding protein EST5 with a lipase/esterase from uncultured
bacterium derived from sea sediment sample (accession number: ADM63077.1), followed by 74%
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identity with an alpha/beta hydrolase fold protein from Parvibaculum lavamentivorans (accession number:
WP012110575.1), and 62% identity with an alpha/beta hydrolase from α-Proteobacterium Mf 1.05b.01
(accession number: WP029641682.1). The DNA sequence of est5 gene has been deposited in GenBank
with the accession number KY563703.

To analyze the phylogenetic relationship of EST5 with other lipolytic enzymes, a neighbor-joining
tree was constructed based on amino acid sequences of lipolytic enzymes representing the eight
families proposed by Arpigny and Jaeger (1999). As shown in Figure 1A, EST5 is most closely related to
esterases Est16 and ORF2, and all three are derived from the same metagenomic library. They formed a
separated group and showed identities of 50% and 40% to EST5, respectively. EST5 contains a catalytic
triad that is typical of proteins with α/β hydrolase fold: Ser120-Asp247-His27. Multiple sequence
alignment with closely related homologues (Figure 1B) revealed the catalytic nucleophile Ser located
in the typical family V conserved motif G-X-S-X-G-G; and the PTL motif varied among the enzyme
sequences. Regarding the catalytic site of aspartate, the enzymes EST5, Est16 and ORF2 showed the
conserved motif DPL.

2.2. Obtaining Protein EST5

The full-length est5 sequence was amplified and cloned into the expression vector pET-28a(+)
with an N-terminal 6× His tag. and expressed in E. coli BL21(DE3). The highest amount of protein
was achieved at 30 ◦C for 4 h. Following induction, the encoded EST5 was expressed in active
form in the soluble fraction of the host cells. Molecular mass of the recombinant enzyme was about
37 kDa, as analyzed by polyacrylamide gel electrophoresis (SDS-PAGE) (Figure 2A), in accordance
with information predicted from amino acid sequence. Figure 2B shows the purification of the enzyme,
in which two steps were combined: Ni-NTA affinity chromatography, where the protein was eluted
mostly at 50 mM imidazole, and size exclusion chromatography, to proceed with the circular dichroism
(CD) and fluorescence analysis.
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Figure 1. Sequence analysis of EST5. (A) Phylogenetic relationship of EST5 (filled triangle) and
other lipolytic enzymes. Lipolytic enzymes from the same metagenomic source as EST5 are in black.
Only bootstrap values higher than 50% are shown. The scale bar represents 0.2 changes per amino
acid. (B) Multiple sequence alignment of conserved regions of lipolytic enzymes belonging to family
V. Conserved motif is indicated with a gray box. The catalytic triad is indicated with black triangles.
Shaded areas (gray) represent the conserved pentapeptide of the lipolytic enzymes and the residues of
the catalytic triad are marked with an inverted triangle (�). Identical (*) or similar residues (. and :)
are symbolized below the alignment. The numbers next to the sequence indicate the positions of the
amino acids.
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Figure 2. SDS-PAGE analysis of EST5 purification. (A) Ni-NTA affinity chromatography purification
fractions of EST5 from E. coli BL21(DE3) cells carrying the pET28a-est5 vector. M: molecular weight
standard (Thermo Scientific). Lane 1: crude extract of non-induced cells. Lane 2: crude extract of
induced cells. Lane 3: soluble extract. Lane 4: flow-through fraction from affinity chromatography.
Lanes 5 and 6: eluted fractions with 20 and 50 mM imidazole, respectively. (B) EST5 crude extract (Lane
1), after affinity chromatography (Lane 2) and size exclusion chromatography (Lane 3). M represents
the molecular weight standard (Thermo Scientific).

2.3. Enzyme Activity and Its Affecting Factors

2.3.1. Effect of pH on Activity and Structure of EST5

The effect of pH on the enzymatic activity of EST5 was investigated using pNP-C4 as substrate in
a pH range from 3 to 10. The enzyme exhibited activity from pH 6.0 to 9.5, with maximum activity at
pH 7.5. EST5 retained more than 50% of its activity from pH 6.5 to 9, and the same activity among
both bounds (Figure 3A). To assess if the secondary structure and protein folding was correlated
to pH variation, CD spectra were measured at differing pH. The Far-UV CD spectra indicated that
EST5 displays stronger negative bands at 208 and 222 nm, mostly at different pH values 7.0 and
8.0. On changing the pH to 5.6 and 9.0, there was a decrease of helical content, as shown by the
slightly shallower signal in those wavelengths (Figure 3B) [40,41], in agreement with the pH that
the enzyme exhibited lower activity. Still monitoring the structure of EST5 face the variation of pH,
intrinsic tryptophan fluorescence was measured at pH 7.0, 8.0 and 9.0. EST5 has one tryptophan
(W41); exposure of the protein to more basic pH caused a decrease in fluorescence intensity (Figure 3C),
suggesting conformational changes of the protein. These data suggest that, at pH 8.0 and, mostly,
at pH 9.0, some changes occur in the protein structure that may affect its activity.

To date, no studies regarding the influence of pH on esterase structure using both circular
dichroism and intrinsic tryptophan fluorescence as a tool were reported. In our previous study the
esterase Est16 exhibited maximal activity at pH 9.0, although the loss of activity in lower pH was
not related to differences in the secondary structure, as evinced by CD analysis performed at pH 7.0,
8.0 and 9.0 [38].
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Figure 3. Effect of pH on EST5 activity and structure. (A) The effect of pH on enzyme activity.
The pH profile was determined in 50 mM Citrate (x), Phosphate (�), HEPES (•), Tris-HCl (�) and
CAPSO (�) buffers. The amount of released p-nitrophenol from pNP-butyrate was monitored at
348 nm. Measurements were performed in triplicate assays and error bars represent standard deviation.
Small letters on top indicate the significant difference between each condition performed in the
experiment, according to ANOVA and Tukey’s test at 5% probability. (B) Circular dichroism spectra at
pH 5.6 (�), 7.0 (•), 8.0 (�) and 9.0 (♦). The spectrum was obtained in the range from 195 to 260 nm with
2.9 μmol of protein. (C) Intrinsic tryptophan fluorescence recorded at 340 nm at pH 7.0 (•), 8.0 (�) and
9.0 (�).

2.3.2. Effect of Temperature on the Activity and Stability of EST5

The effect of temperature variation on the enzymatic activity of EST5 was investigated using
50 mM sodium phosphate buffer, pH 7.5. EST5 displayed high activity in a temperature range of
30 ◦C to 45 ◦C with highest activity at 45 ◦C (Figure 4A). To test EST5 thermostability, the enzyme was
preincubated at 10, 30, 37 and 45 ◦C and its residual activity was assayed. At 10 ◦C, 30 ◦C and 37 ◦C,
the activity was not affected after 15 min of incubation, and was reduced to 74% at 45 ◦C. After 1 h,
EST5 retained 60% of its activity at 45 ◦C; at 10 ◦C and 30 ◦C, the activity was higher than the control
(no incubation) and remained higher up to the maximum incubation period (4 h) (Figure 4B).
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Figure 4. Effect of temperature on EST5 activity and stability. (A) Enzyme activity determined from 15
to 65 ◦C. (B) Thermostability. The activity of EST5 was evaluated at different periods of incubation at
10 ◦C (�), 30 ◦C (•), 37 ◦C (�) and 45 ◦C (�). The assays in A and B were performed in 50 mM sodium
phosphate pH 7.5 using pNP-butyrate as substrate. (C) Thermal denaturation profile of EST5 monitored
by following the ellipticity at 222 nm from 20 to 110 ◦C at pH 7,0 (•), 8,0 (�) and 9,0 (�). Measurements
were performed in triplicate assays and error bars represent standard deviation. Small letters on top
indicate the significant difference between each condition performed in the experiment, according to
ANOVA and Tukey’s test at 5% probability.

The effect of temperature on stability of EST5 was also determined by CD spectra. The Tm
value of the enzyme was 47 ◦C when evaluated at pH 7.0 and 8.0, and 42 ◦C using buffer at pH 9.0
(Figure 4C). These data confirm low activity of the enzyme above 47 ◦C inferred from enzymatic activity
measurements and reinforce the lower activity of the protein in more basic pH, as conformational
changes were observed through intrinsic tryptophan fluorescence tests. Some studies on lipolytic
enzymes from metagenomic sources involving circular dichroism or fluorescence have already been
reported: a lipase from a metagenomic library of a hot spring soil sample was evaluated based on
variation of temperature. Circular dichroism assays revealed distortion in secondary structure at
temperatures above 35 ◦C. However, the study of intrinsic fluorescence data revealed that even with
the loss of secondary structure, its tertiary structure was retained [42]. The esterase rEst97 from a
high Arctic intertidal zone sediment metagenomic library was considered a cold-adapted enzyme,
by having optimum activity at mild temperature (35 ◦C) and loss of native protein structure at 35–40 ◦C,
as indicated by CD and calorimetry analysis [43]. Est16 protein from our previous study showed two
steps for complete unfolding when evaluated at pH 9.0 (40 ◦C and 95 ◦C) [38].

The Tm parameter of EST5 also indicated greater stability at the pH 7.0 and 8.0 in comparison
to pH 9.0. By contrast, the esterase Est16 exhibited maximal activity at pH 9.0, although the loss
of activity in lower pH was not related to differences in the secondary structure, as evinced by CD
analysis performed at pH 7.0, 8.0 and 9.0.
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Characterization of EST5 indicated highest hydrolytic activity at 45 ◦C. However, it is interesting
that the enzyme remained at least 50% active at low temperatures. These results show that even though
EST5 is a mesophilic enzyme, it has high activity at lower temperatures. Recently, many cold-active
or cold-resistant esterases have been isolated, mostly from marine environments or psychrophilic
organisms [44–48]. To our knowledge, EST5 is the first cold-active esterase that did not come from
low-temperature environment. Moreover, thermal stability analysis showed that incubation of the
enzyme up to 30 ◦C was responsible to increase its activity to 240%.

2.3.3. Substrate Specificity and Kinetic Parameters of EST5

The substrate preference of EST5 was determined under standard assay conditions at pH 7.5
and 45 ◦C, using pNP-esters with different chain lengths (C2–C14) as substrates. The enzyme could
hydrolyze all evaluated substrates, as shown in Figure 5. EST5 exhibited higher activity toward pNP-C5
and 78% of the maximum activity against pNP-C8. The activities toward pNP-C2 and pNP-C10 were
the same, 30% of the relative activity, whereas activities for longer-chain pNP-esters (C12 and C14)
declined considerably.

Figure 5. Substrate specificities EST5 on pNP-esters. pNP-esters of different chain lengths (C2-C14)
were assayed at 35 ◦C in 50 mM Tris-HCl buffer, pH 8.0. Measurements were performed in triplicate
assays and error bars represent standard deviation. Small letters on top indicate the significant
difference between each condition performed in the experiment, according to ANOVA and Tukey’s test
at 5% probability.

Kinetic parameters of EST5 are summarized in Table 1. The enzyme showed higher ratio of
Kcat/Km against pNP-C5 (1533.27 s−1·mM−1), suggesting that this was the most favored substrate
among the pNP-esters tested. The Vmax and Kcat/Km values are, respectively, 1.8- and 2.3-fold higher
for C8 in comparison to C4. The substrates C2 and C10 had similar values of catalytic efficiency (18.1
and 17.5 s−1 mM−1, respectively).
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Table 1. Kinetic parameters of esterase EST5 on pNP-esters.

Substrate Vmax (μM·s−1) Km (mM) Kcat (s−1) Kcat/Km (s−1 mM−1)

pNP-acetate (C2) 0.5 ± 0.03 1.1 ± 0.13 18.97 ± 1.18 18.1
pNP-butyrate (C4) 0.78 ± 0.04 0.4 ± 0.05 29.0 ± 1.46 67.7
pNP-valerate (C5) 2.4 ± 0.04 0.1 ± 0.01 88.9 ± 1.02 1533.27

pNP-octanoate (C8) 1.4 ± 0.03 0.3 ± 0.04 52.2 ± 1.28 158.24
pNP-decanoate (C10) 0.3 ± 0.02 0.73 ± 0.1 12.79 ± 0.74 17.5

Despite EST5 ability to hydrolyze substrates with different acyl chains, the enzyme displayed
relative activity markedly lower when the acyl chain length exceeded C10. In view of these findings,
the lipolytic enzyme EST5 can be classified as esterase rather than a lipase, since esterases show
preference for shorter triacylglycerols, while lipases act more efficiently on esters with longer carbon
chain lengths [49].

To date, only a few esterases from family V have been biochemically characterized. Among them,
esterase Est1 from metagenomic library derived from sediments of hot spring, which was capable
of hydrolyzing pNP-esters from C2 to C16 [50]. As EST5, this enzyme showed higher activity
toward C5, however Kcat/Km value about 1.6-fold lower. The esterase LC-Est1 from a leaf-branch
compost metagenome library exhibited higher catalytic efficiency for C4, with Kcat/Km value of
19.33 s−1·mM−1 [51]. Mostly, esterases from metagenomic libraries from different sources exhibited
higher activity on pNP-C4 [32,52,53]. Still comparing the catalytic efficiency of EST5 with esterases
from family V, Est16 [38] exhibited higher kinetic parameters values for almost all evaluated substrates,
although EST5 showed 2.3-fold higher catalytic efficiency for C5.

2.3.4. Effect of Additives on EST5 Activity

Many biotechnological processes occur in the presence of some ions in the reaction media that
can modify enzyme activity [54]. Thus, the activity of EST5 was evaluated in the presence of ions
and salts in the concentrations of 0.5 and 1 mM (Figure 6A). The activity increased in the presence
of almost all ions and salts tested at 0.5 mM, mostly Mn2+, K+ and Ca2+, which were responsible
for an increase of around 65%; Fe+2 and Na+ did not affect the enzyme activity, and neither Mn2+,
Ni2+, Ca2+ and Al+3 at 1 mM. Mg+2 increased EST5 activity in both tested concentrations, with an
increase of about 30%. By increasing the concentration of Na+ to 1 mM, the relative activity increased
to 141%. Some metal ions can increase the solubility of substrates, increasing their availability for the
enzyme [55]. In contrast, the enzyme was moderately inhibited by K+, Li+, Fe+2 and Co2+ (Figure 6A).
Cu+2 inhibited the activity of EST5 at 0.5 mM to 15%, and the enzyme showed no activity in the presence
of this ion at 1 mM. EST5 showed similar behavior with other esterases reported in the literature,
responding differently to the presence of certain metal ions [56–58]. At 0.5 mM, EDTA increased the
enzyme activity but showed slight influence when evaluated at 1 mM. The activity of the lipolytic
enzyme Lp_3562 from Lactobacillus plantarum was enhanced in the presence of EDTA, showing relative
activity of 121%, and also in the presence of Mg+2, Ni+2 and Mn+2 [59] similarly to the esterase EST5.
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Figure 6. Effect of additives on EST5 activity. (A) Effects of metal ions and salts. The enzyme activity
was determined in the presence of 0.5 mM (light gray) and 1 mM (dark gray) metal ions, salts and EDTA.
(B) Effect of detergents at 1 mM and 5 mM: Control (black), Tween 20 (dark gray), Triton X-100 (light
gray) and CTAB (striped). (C) Effect of organic solvents and glycerol at 1% (dark gray), 10% (light gray),
and 20% (striped). Controls are in black bars. Reactions were performed at 35 ◦C using pNP-valerate
in 50 mM sodium phosphate buffer, pH 7.5. All measurements were performed in triplicate assays
and error bars represent standard deviation. Small letters on top of the bars indicate the significant
difference between each condition performed in the experiment, according to ANOVA and Tukey’s test
at 5% probability.

Detergents are typically added to the reaction media of lipolytic enzymes to improve the quality
of the emulsion; however, high concentrations can denature the enzyme [60]. EST5 activity remained
stable in the presence of Triton X-100 (1 mM) and Tween 20 (1 mM and 5 mM). 5 mM Triton X-100
inhibited the activity of the enzyme, remaining only 10% of relative activity and Tween 80 caused
complete inhibition. Regarding ionic detergents, SDS completely inhibited enzyme activity; 1 mM
CTAB increased by almost 70% the activity of EST5 and, at 5 mM, the remaining activity was 24%
(Figure 6B).

The effect of organic solvents and glycerol at 1, 10 and 20% on the activity of EST5 is exposed in
Figure 6C. The enzyme was almost unaffected in the presence of dimethyl sulfoxide (DMSO), in the
three concentrations evaluated, or in the presence of 10% methanol, since no significant difference
was detected in comparison to the control. Methanol, ethanol, 2-butanol, and 2-propanol increased
enzyme activity at 1% concentration, however, except for methanol, 10% of these substances inhibit the
activity of EST5, resulting in 70, 83 and 41% of relative activity, respectively. At 20% concentration
of organic solvents, the activity was only detected in DMSO (86%) and 2-propanol (40%). In the
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presence of 1% and 10% glycerol, the activity of EST5 increased to 132% and 147%, respectively, being
inhibited in the presence of 20% of this substance. It is known that, despite the cryoprotectant effect,
high concentrations of glycerol have negative effects on the enzymatic activity due to reduced diffusion
of the hydrophobic substrate in the active site of the enzyme [61]. The same pattern was observed for
esterase EstOF4, which remained stable in 10% DMSO, was inhibited in the presence of 2-propanol
and 2-butanol and was slightly stimulated by 10% glycerol [62].

2.4. EST5 Showed Esterification Activity

The esterification activity of EST5 was evaluated using butyric acid and methanol as substrates.
The enzyme exhibited esterification activity of 127.04 U·mg−1. The esterase in the present study
exhibited the same or even higher ability to be used on esterification reactions as the lipases described
in Table 2. The commercial lipases Novozyme 435 (lipase B from Candida antarctica) and Lipozyme
TLIM (lipase from Thermomyces lanuginosus) were analyzed using lauric acid and dodecanol, exhibiting
activities of 9.89 and 3.54 U mg−1, respectively. The other commercial lipase CL from Candida rugosa
showed an activity of 15.83 U·mg−1 when assayed with butyric acid and propanol. The esterification
activity of EST5 was 1.47-fold higher than LIP4 from Candida rugosa and 14.32-fold higher than
immobilized Pseudomonas cepacia lipase (PS). Higher activities values were achieved for LIP2 (from
Candida rugosa), which shows preference for butyric acid as substrate, and for the lipase from yeast
Sporidiobolus pararoseus. The free Candida rugosa lipase Lipomod 34MDP showed higher conversions in
the esterification reactions of free fatty acids and polyols than two of the most popular commercially
available immobilized lipases [63], showing that there is always a demand for new enzymes.

Table 2. Specific esterification activity of lipolytic enzymes.

Enzyme Substrate Esterification (U·mg−1) Reference

EST5 Butyric acid/Methanol 127.04 This study
LIP4 Butyric acid/Propanol 86.5 [64,65]
CL Butyric acid/Propanol 15.83 [65]

LIP2 Butyric acid/Propanol 166 [65]
Immobilized Lipase PS Lauric acid/Dodecanol 8.87 [66]

Novozyme 435 Lauric acid/Dodecanol 9.89 [66]
Lipozyme TLIM Lauric acid/Dodecanol 3.54 [66]

YLL Lauric acid/Propanol 0.35 [67]
Sporidiobolus pararoseus lipase Oleic Acid/Ethanol 489.65 [68]

The fungal esterase RmEstA in free form produced butyl butyrate with an esterification efficiency
of 56%, 35% less than the immobilized form of the enzyme [69].

Most currently commercially available esters are obtained by chemical synthesis using strong
acids or bases as catalysts. Even though a considerable amount of current studies is focused on the
production of aromas and flavors, only a few are obtained biotechnologically in industrial scale [70].

The ability to produce methyl butyrate makes EST5 attractive for possible application in the
synthesis of flavor esters, especially fruity flavors used in food and pharmaceutical products [71,72].
Although complementary studies would be necessary, these preliminary studies of EST5 application
shows promising results. Probably, after optimization of reaction parameters, higher conversion rates
can be achieved.

Since EST5 showed preference for the pNP-esters C4, C5 and C8, valeric and caprylic acids could
be possible substrates for its esterification reactions. Short- and medium-chain esters have known
application as flavoring agents. Recently, environmental issues have driven research on sustainable
sources for fuels. The valeric acid is a lignocellulosic material, considered a cheap and renewable
feedstock. The esterification product of valeric acid and ethanol—ethyl valerate—was considered a
possible second generation biofuel [73,74].
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3. Materials and Methods

From the fosmid metagenomic library isolated from a microbial consortium specialized in diesel oil
degradation, 30 positive clones were selected based on the formation of clear halos around individual
colonies, which indicated hydrolysis of tributyrin in Luria–Bertani (LB) agar plates [38]. Recently,
we sequenced the clone PL14.H10, which assembled four Open Reading Frames (ORFs) identified as
putative genes encoding lipolytic enzymes [39]. One of the four potential lipolytic genes was selected
to be characterized in this work.

3.1. Sequence and Phylogenetic Analysis

Homology searches were performed using BLAST analysis at the National Center for Biotechnology
Information (NCBI, Bethesda, MA, USA). Signal peptides were predicted using SignalP 4.0 (http:
//www.cbs.dtu.dk/services/SignalP/) [75]. The molecular mass and pI of the encoded protein were
analyzed via ProtParam tool in the ExPASy website (http://www.expasy.ch/tools/protparam.html).

Lipases/esterases from the eight families proposed by Arpigny and Jaeger (1999) as well as those
novel enzymes recently described were used to construct a phylogenetic tree: EST3 [39], Est16 [38]
and ORF2 [37] from the same metagenomic library as EST5 (this study); Est_p6 [76]; J15 GDSL [77];
Est7k [78]; Est1 [50] and EST4 [32]. The retrieved sequences were aligned in Clustal W [79] in the
BioEdit Sequence Alignment Program (version 7.0.5.3, North Carolina State University, NC, USA,
1998). Phylogenetic tree was constructed by the neighbor-joining algorithm, as implemented in MEGA
6 [80] program package, with bootstrapping [81] based on 1,000 replicates.

3.2. Expression and Purification of the Recombinant Enzyme

For enzyme overexpression, the full length est5 gene was amplified using oligonucleotides forward
5′-GATGAATTCCCCATGACCGTCAACAT-3′ and reverse 5′-AGGTCTCGAGCCTTATTCCGCGG-3′
with the respective EcoRI and XhoI restriction sites (underlined). PCR was performed using
Pfu DNA polymerase (Thermo Scientific, Waltham, MA, USA) according to the manufacturer
recommendations. The purified PCR product was digested and cloned into pET-28a(+) vector
to obtain the recombinant plasmid pET28a-est5. DNA sequencing confirmed the constructed plasmid
integrity. Then, the recombinant plasmid was transformed into E. coli BL21(DE3) competent cells
for heterologous expression of the protein. Recombinant E. coli cells were cultivated in LB liquid
medium supplemented with 50 μg·mL−1 kanamycin and agitated at 200 rpm, 37 ◦C. For optimization
tests, when the optical density OD600 of the culture reached an absorbance of 0.6, 0.1 mM IPTG
(isopropyl-b-d-thiogalactopyranoside) was added to induce protein expression at different temperatures
(22–37 ◦C) and time (2–8 h) in rotary shaking at 200 rpm. After induction, the culture was centrifuged
at 11,953× g for 10 min at 4 ◦C and the pellet was then homogenized in Buffer A (50 mM Tris-HCl,
pH 8.0; 100 mM NaCl and 10% glycerol). Lysozyme was added at a final concentration of 4 μg·mL−1

and the material was incubated at an ice bath for 1 h. Cells were disrupted by sonication in ice using
the Branson sonifier equipment (Branson, CT, USA) with six cycles of 10 pulses at 30% amplitude with
20 s intervals and then centrifuged at 38,724× g for 20 min at 4 ◦C to pellet the cellular debris and
collect the supernatant containing the targeted protein.

The enzyme was purified by immobilized metal ion chromatography and size-exclusion
chromatography for characterization purposes. The recovered supernatant from the centrifugation
step was mixed with Ni-NTA agarose resin (Qiagen, Venlo, The Netherlands) previously equilibrated
with Buffer A containing 20 mM imidazole and loaded to a gravity flow column (Qiagen). The target
protein was eluted and then concentrated with Vivaspin 20 30,000 molecular weight cut-off (MWCO)
(Sartorius Stedim, Aubagne, France) under centrifugation at 200× g. Size-exclusion chromatography
was used as an additional purification step in a HiLoad 16/60 Superdex 200 column (GE Healthcare,
Little Chalfont, UK), at 4 ◦C using the elution buffer (20 mM Tris-HCl pH 8.0, 50 mM NaCl and
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5% glycerol). Purity and concentration was analyzed by SDS-PAGE [82] and Nanodrop ND-1000
spectrophotometer (Thermo Scientific), respectively.

3.3. Biophysical Analysis

The effect of temperature and pH on enzyme conformation was monitored by the circular
dichroism (CD) and fluorescence spectroscopic techniques. Circular dichroism measurements were
performed with JASCO J-810 spectropolarimeter fitted with a Jasco Peltier-type temperature controller
(PFD425S). Far-UV CD spectra were recorded at 10 ◦C in the wavelength region of 195–260 nm at
0.5 nm intervals, path length of 1 mm. 2.9 μmol of protein was used in buffers: 5 mM sodium citrate
pH 5.6; 5 mM sodium phosphate, pH 7.0 and 8.0; and 5 mM N-Cyclohexyl-2-aminoethanesulfonic
(CHES), pH 9.0. The thermal denaturation curve of the protein was obtained by monitoring the change
in CD values at 222 nm as the temperature increased from 20 ◦C to 110 ◦C with spectra collected at
1 ◦C intervals. The midpoint temperature (Tm) of the unfolding transition was analyzed.

Intrinsic tryptophan fluorescence measurements were carried out on K2 multifrequency
spectrofluorometer (ISS Inc., Champaign, IL, USA). Fluorescence spectra were measured at a protein
concentration of 1 μM in 5 mM Tris-HCl at pH 7.0, 8.0 and 9.0. The excitation wavelength was set at
295 nm and the emission spectra were recorded between 300 to 400 nm.

3.4. Enzyme Characterization

Enzyme activity was measured at 405 nm with a SpectraMax M2e spectrophotometer (Molecular
Devices, Sunnyvale, CA, USA) equipped with a temperature controller. Standard assays, unless
otherwise indicated, were performed at 35 ◦C for 5 min in 100 μL mixture containing: 27.01 nM
of the purified enzyme, 50 mM Tris-HCl buffer, pH 8.0, with 0.3% (v/v) Triton X-100 and 1 mM
p-nitrophenyl butyrate dissolved in isopropanol/acetonitrile (4:1 v/v). The amount of p-nitrophenol
produced by the reaction was determined from the absorbance with a molar extinction coefficient
value of 17,000 M−1·cm−1. One enzyme unit is the amount of enzyme that releases 1 μmol of product
from substrate per minute under standard assay conditions.

All measurements were carried out in triplicate and a blank reaction without enzyme was included
for each experiment. Data was analyzed using the R software (R Foundation for Statistical Computing,
Vienna, Austria, 2016). ANOVA and Tukey’s test at 5% probability were used to make comparisons
among the different conditions evaluated.

3.4.1. Substrate Selectivity

Substrate specificity of the enzyme was carried out using pNP-esters: pNP-acetate (C2),
pNP-butyrate (C4), pNP-valerate (C5), pNP-caprylate (C8), pNP-caprate (C10), pNP-laurate (C12),
pNP-myristate (C14) and pNP-palmitate (C16) (Sigma, St. Louis, MO, USA). Assays were performed
according to standard enzyme assay method. Initial reaction velocities were measured with pNP-esters
at a concentration range from 0.04 mM to 2.5 mM. Kinetic parameters were obtained by nonlinear
regression of the data on Michaelis–Menten equation using GraphPad Prism software version 5.0
(GraphPad Software, Inc, San Diego, CA, USA).

3.4.2. Effect of pH and Temperature on Enzyme Activity

To investigate the effect of pH on enzymatic activity, enzymatic assays were performed under
standard assay conditions and the following buffers were used at 50 mM: citrate (pH 3.0 to 6.0), sodium
phosphate (pH 6.0 to 8.0), 4-(2-Hydroxyethyl)piperazine-1-ethanesulfonic acid (HEPES) (6.5 to 8.0),
Tris-HCl (pH 7.5 to 9.0), and 3-(Cyclohexylamino)-2-hydroxy-1-propanesulfonic acid (CAPSO) (pH
9.0 to 10). The temperature effects on enzyme activity were determined by assessing the enzyme
activity from 15 to 65 ◦C, under standard conditions, with 50 mM HEPES buffer, pH 7.5. To study
thermostability, the enzyme was incubated from 10 to 60 ◦C for up to 4 h. After the enzyme solution was
heated to appointed temperature, the residual activity was measured under standard assay conditions.
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3.4.3. Effect of Additives on Enzyme Activity

To evaluate the effect of detergents, metal ions, organic solvents and chelating agents, the enzyme
was incubated in their presence for 5 min at 4 ◦C. The influence of metal ions (Na+, K+, Mg2+, Ca2+,
Mn2+, Co2+, Cu+2, Fe+2, Ni+2, Al+3 or Li+) and the chelating agent EDTA (ethylenediaminetetraacetic
acid) was investigated at final concentrations of 0.5 and 1 mM (w/v). To measure the effect of
detergents on the enzyme activity Tween 20, Tween 80, Triton X-100, sodium dodecyl sulfate (SDS) or
hexadecyltrimethylammonium bromide (CTAB) was added in the final concentrations of 1 and 5 mM
(w/v). Stability of the enzyme in the presence of organic solvents was tested with 1%, 10%, and 20%
(v/v) of methanol, ethanol, 2-propanol, 1-butanol and dimethyl sulfoxide (DMSO). The presence of
glycerol was also investigated in the same concentrations. Enzyme activity without additives was
defined as 100%.

3.5. Esterification Assays

Esterification activity was assayed according to method described previously [68]. A volume
of 0.0395 μmol of protein in solution (10 mM Tris-HCl, pH 8.0, and 50 mM NaCl) was added to the
reaction mixture containing 3.66 g of butyric acid and 0.7 g of methanol. The mixtures were incubated
for 40 min at 40 ◦C and shaken at 150 rpm. After incubation time, reactions were stopped by adding
20 mL of an acetone/ethanol solution (1:1, v/v). Unreacted fatty acids in the mixture were titrated
with 0.035 M NaOH up to pH 11.0. One unit of activity was defined as the amount of enzyme able to
consume one μmol of fatty acid per minute under assay conditions.

4. Conclusions

Characterization of the esterase in this study provided useful information about its function and
structure. EST5 showed activity toward a wide range of substrates and temperatures, was stable in the
presence of some detergents and organic solvents, and incubation at 10 ◦C and 30 ◦C for up to 4 h
increased its activity. In addition, EST5 had higher esterification activity than some previously reported
lipases, including commercial enzymes. EST5-catalyzed esterification reactions can be conducted at
lower temperatures in the presence of organic solvents and in solvents-free media. Thus, this enzyme
displays a high potential for biotechnological applications.
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Abstract: Pyridoxal-5’-phosphate-dependent transaminases catalyze stereoselective amination of
organic compounds and are highly important for industrial applications. Catalysis by transaminases
often requires organic solvents to increase the solubility of reactants. However, natural transaminases
are prone to inactivation in the presence of water-miscible organic solvents. Here, we present
the solvent tolerant thermostable transaminase from Thermobaculum terrenum (TaTT) that catalyzes
transamination between L-leucine and alpha-ketoglutarate with an optimum at 75 ◦C and increases the
activity ~1.8-fold upon addition of 15% dimethyl sulfoxide or 15% methanol at high but suboptimal
temperature, 50 ◦C. The enhancement of the activity correlates with a decrease in the thermal
denaturation midpoint temperature. The blue-shift of tryptophan fluorescence suggested that solvent
molecules penetrate the hydration shell of the enzyme. Analysis of hydrogen bonds in the TaTT
dimer revealed a high number of salt bridges and surface hydrogen bonds formed by backbone atoms.
The latter are sensitive to the presence of organic solvents; they rearrange, conferring the relaxation of
some constraints inherent to a thermostable enzyme at low temperatures. Our data support the idea
that the counterbalance of stability and activity is crucial for the catalysis under given conditions;
the obtained results may be useful for fine-tuning biocatalyst efficiency.

Keywords: biocatalysis; transaminases; enzyme stability; organic solvent; enzyme activation

1. Introduction

Pyridoxal-5’-phosphate (PLP)-dependent transaminases (TAs) catalyze stereoselective amination
of keto acids, ketones and aldehydes and are of particular interest as industrially relevant enzymes.
Catalysis by TAs requires the application of organic solvents to increase the solubility of reactants and
drive the reaction equilibrium towards the amination of ketones [1]. The industrial applications of
TAs require an improvement of their thermostability and solvent tolerance as well as a search for new
robust enzymes in nature [1]. In the optimized sitagliptin manufacturing process, (R)-amination of
the pro-sitagliptin ketone is performed by the engineered ATA-117-Rd11 transaminase that tolerates
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200 g/L ketone in 50% dimethyl sulfoxide (DMSO) at 40 ◦C [1,2]. For industrial applications, a search
for thermostable TAs is advantageous because of the proven feature of naturally thermostable
enzymes to manifest stability under various harsh conditions [3–5]. The enzymes engineered for
thermostability showed stability in the presence of organic solvents [6]. The stability of enzyme
molecules is largely determined by the non-covalent interactions of different natures and, in particular,
by the properties of the surface based on the amino acid composition [3,7]. Electrostatic interactions
of various intensity, namely, salt bridges, hydrogen bonds, long-range ion pairs, dipole-dipole
interactions, etc., are considered to be the main structural factors responsible for the thermostability
of a protein globule [8,9]. A large number of salt bridges on the surface of thermostable enzymes
maintain the structural integrity under “hot” water attacks due to a low temperature dependence of
electrostatic interactions as well as a lack of geometrical restrictions because of the central symmetry of
a charge [10,11]. A high number of charged residues promote the extensive hydrogen-bonding network
and tighten both the hydration shell and the interface of the enzyme molecules, thus defining the
balance between the structural integrity and the conformational flexibility at any temperatures [4,9,12].
Recent advances in the improvement of enzyme thermostability are based in particular on the insertion
of salt bridges into the protein globule [13,14].

The solvent tolerance as well as the enzymatic activity changes in water-organic solvent media
are still poorly understood. Somewhat counterintuitively, crystallographic studies of solvent-resistant
enzymes did not reveal significant changes in structures obtained from crystals grown (or soaked)
in organic solvents and showed almost indistinguishable protein conformation to that obtained in
buffers [15–19]. However, several solvent interaction sites were identified as well as changes in
the side-chain conformations [19,20]. In particular, it was observed that solvent molecules replaced
water molecules on the surface and even in the active site of enzymes [17–21]. It is considered that
water-miscible organic solvent–water mixtures destabilize the protein globule: solvent molecules
penetrate the hydration shell of the enzyme molecules and strip water from the surface, thus solvating
hydrophobic patches and disrupting the surface hydrogen bonds due to the interaction with backbone
atoms [7,22–26]. A water-miscible organic solvent can interfere with the activity of an enzyme
by substituting catalytic water molecules and breaking conserved hydrogen bonds in the active
site [27,28]. Thus, the ability of a protein molecule to maintain the integrity of its hydration shell
contributes to organic solvent tolerance [3,16,23]. The effective accumulation of water molecules
by the charged residues and the strengthening of Coulomb interactions in water-miscible organic
solvent–water media make an excess of charged surface residues a powerful instrument counteracting
solvent penetration [3,29–31]. Some enzymes can increase activity in the presence of water-miscible
organic solvents. The enhancement of specific activity was observed for proteases, laccases, lipases,
etc. [15,22,32–34]. The changes in non-covalent interactions and conformational flexibility as well as
the influence of a solvent on particular steps of the catalyzed reactions seem to facilitate the catalysis
and underlie the enzyme activation in water–solvent media [15,22,32,35]. Recently, the increase of
transaminase activity in cell-free lysates in the presence of organic solvents was demonstrated [36].

The effects of organic cosolvents depend on their physico-chemical characteristics. Non-polar
water-immiscible organic solvents do not penetrate the hydration shell, and enzymes preserve structural
integrity and the hydration shell in the presence of non-polar cosolvents [3,5]. The penetration potential
and water-stripping capacity of water-miscible organic solvents depend on such physical parameters
as hydrophobicity, polarity index, dipole moment, and the hydrogen bond donating/accepting
abilities [22,37,38]. The enzymes’ responses to the addition of organic solvents are complex and depend
on the concentration and properties of the organic solvents as well as the enzyme’s characteristics.

Here, we focus on the enhancement of the activity of recombinant thermostable transaminase
from Thermobaculum terrenum (TaTT) in water–methanol and water–DMSO media. Both DMSO
and methanol are water-miscible organic solvents and are employed in biocatalytic applications.
These organic cosolvents were selected for their different physico-chemical characteristics: they differed
by hydrophobicity (logP for DMSO is −1.35 and for methanol is −0.74), by dipole moment (μ for DMSO
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is 3.96 D and for methanol is 1.70 D) and by hydrogen bond formation ability. Methanol is a hydrogen
bond donating cosolvent, whereas DMSO is a hydrogen-bond-accepting cosolvent. We found that
TaTT significantly increased its activity in the presence of methanol and DMSO at the expense of the
thermal stability, with the impact of methanol being more significant. The hydrogen bonding of TaTT
in terms of its structural integrity and solvent tolerance is discussed.

2. Results and Discussion

TaTT is a highly thermostable enzyme [39]. The optimal temperature (Toptm) for the catalyzed
transamination reaction between L-Leu and α-ketoglutarate is 75 ◦C [39] (Scheme 1).

Scheme 1. Transamination reaction between L-Leu and α-ketoglutarate catalyzed by Thermobaculum
terrenum (TaTT).

The differential scanning calorimetry (DSC) profile of TaTT is represented by two calorimetric
domains with melting points (Tm) of 79.4 and 84.3 ◦C (Figure 1a). DSC rescanning indicated the
irreversibility of the thermal denaturation of TaTT. Kinetic stability assay revealed the 50% reduction
of TaTT only after 40 h incubation at 70 ◦C and 150 h incubation at 50 ◦C. TaTT retained 100% of the
initial activity after 24 h incubation in 50% DMSO and 70% of the activity after 24 h incubation in 50%
methanol at 50 ◦C (Figure 1b,c). The addition of 50% DMSO or 50% methanol in the standard assay
decreased the specific activity of TaTT by half. The addition of 30% methanol slightly increased the
specific activity of TaTT; 30% DMSO in the standard assay reduced the specific activity of TaTT by
10–15%. By contrast, the addition of 15% methanol and 15% DMSO led to an increase in specific activity
by 1.5-1.6 times; at the same time, after 24 h incubation in the presence of 15% methanol and 15%
DMSO at 50 ◦C, TaTT retained the initial activity. The latter indicated the absence of TaTT denaturation
and the reversibility of changes in the TaTT molecules at low concentrations of DMSO and methanol.

We examined the effects of 15% methanol and 15% DMSO on TaTT activity in the transamination
reaction between L-Leu and α-ketoglutarate at different temperatures. The temperature dependences
(Figure 2) showed the shift of Toptm to lower temperatures and, as a result, an enhancement of the TaTT
activity at 50 ◦C. The observed decrease in thermophilicity of TaTT in the presence of the cosolvents
pointed out small changes in protein molecule as well as possible effects of the co-solvent on the
enzymatic reaction at 50 ◦C. To clarify this issue, we determined the parameters of the transamination
reaction in the presence of 15% DMSO (DMSO was a better solvent for the indirect GDH assay,
see Material and Method section). The addition of 15% DMSO induced a 1.5-fold increase in maximum
velocity and Km value at 50 ◦C, with catalytic efficiency toward L-Leu remaining constant (Table 1).
Minor changes of kinetic parameters indicated the similarity of substrate binding and catalytic
transformations in both reaction media.
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Figure 1. Thermal stability of TaTT. (a) Differential scanning calorimetry (DSC) profile of 1.0 mg/mL
TaTT. (b)–(d) Residual activity of TaTT after incubation (b) in buffer S (50 mM Tris-HCl, pH 8.0,
containing 100 mM NaCl, 60 μM PLP) at 50 ◦C and 70 ◦C; (c) in buffer S with 50% DMSO (v/v) at 50 ◦C;
(d) in buffer S with 50% (v/v) methanol at 50 ◦C. 100% corresponds to 40 ± 4 U/mg in the standard assay.
Error bars represent standard deviation.

Figure 2. Temperature dependences of the specific activity of TaTT in the transamination reaction
between L-Leu and α-ketoglutarate in 50 mM Na-phosphate buffer, pH 8.0, containing 50 mM NaCl
(purple), and after the addition of 15% DMSO (orange), 15% methanol (olive) or 30% methanol (blue).
All measurements were performed at least in triplicates. Error bars represent standard deviation.
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Table 1. Steady-state kinetic parameters of the transamination reaction catalyzed by TaTT at 50 ◦C.

Solvent
Vmax,
U/mg

Km,
mM

kcat/Km,
s−1 M−1

Buffer 178 ± 23 7.8 ± 2.3 13,700 ± 4400
15% DMSO 280 ± 40 12 ± 4 14,000 ± 5000

To address the organic solvent-induced structural changes, we studied the thermal unfolding
of TaTT in the presence of 15% cosolvents using intrinsic fluorescence (Figure 3). T0.5 decreased
from 74.9 ◦C in the buffer to 68.3 ◦C and 64.5 ◦C in the presence of 15% DMSO and 15% methanol,
respectively. Notably, the cosolvents expanded the temperature range of the thermal unfolding of TaTT
from ~10 ◦C in the buffer to 20.5 and 22.5 ◦C in the presence of DMSO and methanol, respectively,
thereby significantly lowering the cooperativity of thermal transition. This is in line with the idea
that water-miscible cosolvents increase structural dynamics of the enzyme, promoting its structural
rearrangements in a wide range of temperatures and removing some structural constraints typical of
thermostable enzymes at low temperatures.

Figure 3. Thermally-induced unfolding curves of TaTT in Na-phosphate buffer (purple) and in the
presence of 15% DMSO (orange) or 15% methanol (olive). Inset: The dependence of I313/I370 for
0.1 mg/mL TaTT on percentage (v/v) of methanol (olive) and DMSO (orange) in Na-phosphate buffer at
50 ◦C. The data are the averages from triplicate experiments.

Additionally, we observed that 0-30% methanol or DMSO caused blue-shifts of the tryptophan
fluorescence spectrum of TaTT (Inset panel on Figure 3; Figure 4a) at 50 ◦C, implying an alteration
of the environment of tryptophan residues to more hydrophobic [40,41]. The addition of 30–50% of
either cosolvent caused a red-shift, which likely reflects the onset of denaturation provoked by an
excessive weakening of non-covalent interactions. Among eight tryptophan residues of the TaTT
subunit, all except one were exposed to the bulk solvent (Figure 4c). The blue-shift is in favor of
the notion that solvent molecules penetrate the hydration shell of TaTT, causing a decrease in the
water density near the hydrophobic indolyl groups and preferential solvation of tryptophan residues
(and similarly other exposed hydrophobic groups) by cosolvents [29,30,33]. Sharp growth in light
scattering indicated aggregation accompanying the unfolding (Figure 4b) due to the exposure of
hydrophobic patches. These changes as well as changes of TaTT thermostability and activity were
more pronounced in the presence of methanol. This is likely because of a higher hydrophobicity of
methanol (logP = −0.74), compared to DMSO (logP = −1.35). Overall, the T0.5 decrease coincided with
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the decrease in Toptm of the transamination reaction, suggestive of the common reason underlying the
changes. The solvent-induced structural changes can alter the conformational flexibility of the enzyme
and adjust the balance between rigidity and flexibility at suboptimal temperatures, i.e., lower than
75 ◦C.

Figure 4. Thermal unfolding of TaTT studied by using its intrinsic tryptophan fluorescence.
(a) Fluorescence spectra of 0.1 mg/mL TaTT in the PLP form in 50 mM phosphate buffer, pH 8.0,
containing 50 mM NaCl, (black) and in the presence of 30% methanol (pink) at 50 ◦C. Intensities at
313 nm and 370 nm correspond to the half of the maximum of the TaTT fluorescence spectrum. (b) Light
scattering accompanying thermally-induced unfolding of TaTT in Na-phosphate buffer (purple) or the
presence of 15% DMSO (orange) or 15% methanol (olive). (c) Model of the functional dimer of TaTT
(PDB ID: 6GKR). Two subunits forming the dimer are shown. In the right subunit, the small domain is
colored blue, the large domain is colored purple; in the left subunit, tryptophan residues are shown in
green. PLP molecules are colored yellow.

To interpret the effects of the organic solvents on the thermostability and thermophilicity of TaTT,
we focused on the analysis of hydrogen bonding in TaTT, considering hydrogen-bonding network
as a crucial structural factor of the stability of enzymes in harsh conditions. According to the recent
studies, the penetration of solvent molecules into the hydration shell of an enzyme molecule disturbs
the surface hydrogen bonds because of the amphiphilic nature of the cosolvents (dipole strength is
3.96 D for DMSO, 1.70 D for methanol, and 1.85 D for water) [24,26,29]. Both DMSO and methanol
can interact with the backbone atoms and outcompete water molecules to form surface hydrogen
bonds [24–26,33,39]. Present in the hydration shell, DMSO can interact with the exposed backbone
NH-groups via its oxygen atoms [29]. Methanol is instead a hydrogen-bonding donor, which can
form H-bonds with the backbone CO-group [25]. At the same time, both DMSO and methanol do not
significantly affect side-chain hydrogen bonds and salt bridges [24,25,29]. The analysis of hydrogen
bonds in the functional dimers of TaTT homologs showed that TaTT is distinguished by the excess of
surface hydrogen bonds, by hydrogen bonds formed by side chains of charged residues (salt bridges)
and by the number of hydrogen bonds per one amino acid residue (Figure 5, Table A1).
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Figure 5. Bar graphs showing the number of hydrogen bonds in functional dimers of TaTT (PDB
ID: 6GKR) and its homologs: TA_TU from Thermoproteus uzoniensis (Toptm in the standard assay is
95 ◦C [42], PDB ID: 5CE8,), TA_BP from Burkholderia pseudomallei (Toptm is unknown, the organism
grows optimally at 40 ◦C, PDB ID 3U0G) and TA_EC from Escherichia coli (Toptm in the standard
assay is 37 ◦C [43], PDB ID 1I1K). (a) Percentage of Surface–Surface (violet) and Inside–Inside (pink)
hydrogen bonds in the total number (100%, underlined by dash line) of hydrogen bonds in the dimers;
(b) Number of Charged–Charged hydrogen bonds (green, left axis), Charged–Neutral (light-green,
left axis) and Neutral–Neutral (grey, right axis) hydrogen bonds in the dimers.

The profound hydrogen-bonding network of the molecule of TaTT coincides well with the
thermostability and thermophilicity of the enzyme. It is noteworthy that in all TA dimers, the number
of Neutral–Neutral hydrogen bonds is the highest among all types of hydrogen bonds. While salt
bridges tolerate water-organic solvent media and maintain the integrity of both the protein globule
and the hydration shell, surface Neutral–Neutral and Neutral–Charged hydrogen bonds are much
more susceptible because of the interactions of organic solvent molecules with the exposed backbone
atoms. These solvent-induced disturbances can increase the flexibility of particular surface regions
and release extra tension in regions of the enzyme that are important for catalysis. We suggest that
the combination of hydrophobic effects and disturbances of hydrogen bonds induced by the addition
of organic solvents leads to a weakening of some constraints inherent for TaTT as a thermostable
enzyme at low temperatures. These changes induce an increase in the conformational flexibility of TaTT
molecules and enhance the catalysis at lower temperatures, compared with catalysis in buffer systems.

3. Materials and Methods

3.1. Enzyme Production and Activity Assays

Enzyme production was described in [39]. Briefly, the His6TEV-tagged TaTT was expressed
in E. coli BL21(DE3)pLys (Stratagene, California, CA, USA). The recombinant TaTT was isolated
using subtractive Ni-affinity chromatography and gel filtration. Fractions showing the activity were
stored in 50 mM Tris-HCl buffer, pH 8.0, containing 100 mM NaCl, 100 μM PLP and 50% glycerol
at −20 ◦C. The PLP form of TaTT was obtained by incubating TaTT with the excess of both PLP and
α-ketoglutarate overnight, followed by the transfer into the assay buffer using a HiTrap Desalting
column (GE Healthcare, Chicago, IL, USA).

In the standard assay, the activity of TaTT at 0.5-1.5 μg/mL was measured in the overall
transamination reaction with 5 mM L-Leu and 1 mM α-ketoglutarate in 50 mM Tris-HCl buffer,
pH 8.0, supplemented with 50 mM NaCl and 60 μM PLP at 50 ◦C. The amount of L-Glu product was
measured by the indirect photometric glutamate dehydrogenase (GluDH (Sigma-Aldrich, St. Louis,
MO, USA, cat. N G2626)) assay described in [39]. To evaluate the effects of organic solvents on the
overall reaction, the standard assay was carried out in the presence of 15–50% (v/v) methanol or DMSO.
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The effect of solvents on the GluDH reaction was taken into account, and the corrected calibration
curves were used accordingly. All measurements were performed at least in duplicate. The data were
analyzed using Origin 8.0 software (Origin Lab, Northampton, MA, USA).

3.2. Analysis of TaTT Stability

To evaluate the thermal stability, 1.0 mg/mL TaTT was incubated at 50 ◦C or 70 ◦C in buffer
S (50 mM Tris-HCl, pH 8.0, containing 100 mM NaCl, 60 μM PLP). After the thermal treatment,
the residual activity was estimated in the standard assay. The solvent stability was estimated by
measuring the residual activity after incubation of 1.0 mg/mL TaTT in buffer S, containing 15% or 50%
(v/v) organic cosolvents (DMSO, methanol) at 50 ◦C. After 1, 3, 5 and 24 h, aliquots were taken to
determine the residual activity using the standard assay.

Differential scanning calorimetry (DSC) was conducted on a MicroCal VP-Capillary calorimeter
(Malvern Instruments, Northampton, MA, USA) with tantalum capillary cells at a heating rate of
1 K/min in 50 mM Na-phosphate buffer, pH 8.0, containing 50 mM NaCl and 1.0 mg/mL TaTT in the
PLP form.

Steady-state fluorimetry was conducted using a Cary Eclipse spectrofluorimeter (Varian Inc.,
Victoria, Australia) equipped with a Peltier-controlled cuvette holder and thermosensor; λex was 297 nm,
λem was 313 nm and 370 nm (all slits were 5 nm). Intensities at 313 nm and 370 nm correspond to the half
of the maximum of the TaTT fluorescence spectrum at 50 ◦C, and were used to obtain thermal unfolding
curves upon constant heating of the sample at 1 ◦C/min [44]. The half-transition temperatures of
thermal denaturation (T0.5) were calculated using the Boltzmann model. Light scattering at 90 degrees
as recorded at λex 350 nm and λem 355 nm (5 nm slits). The buffer was 50 mM Na-phosphate, pH 8.0,
containing 50 mM NaCl; the final concentration of TaTT in the PLP form was 0.02 mg/mL.

3.3. Analysis of Hydrogen Bonds

Calculations of the number of hydrogen bonds in the dimers of TaTT and homologous TAs were
performed using the programm HBOND [45] and classification described in Appendix A. For TaTT
(PDB ID: 6GKR) and its counterparts, PLP and other ligands were removed from the models before the
analysis (for details see the Appendix A).

4. Conclusions

In this work, we studied the effects of methanol and DMSO on the activity of thermostable
transaminase from T. terrenum. Earlier, we characterized this PLP fold type IV transaminase as
highly thermostable (Toptm = 75 ◦C) and distinguished by the high rates in the transamination
reactions with branched-chain amino acids (maximum velocity 178 and 260 U/mg with L-leucine and
L-norvaline at 50 ◦C, respectively) and aromatic amino acids (maximum velocity 46 and 25 U/mg
at 50 ◦C with L-phenylalanine and L-tryptophan, respectively) and significant activity towards
(R)-(+)-1-phenylethylamine (0.33 U/mg at 50 ◦C) [39,46]. Here, we analyzed the solvent tolerance
and the activation of TaTT in water-miscible organic solvent–water mixtures: TaTT increased the
activity upon addition of 15% DMSO or 15% methanol 1.5–1.7-fold in the standard assay at high but
suboptimal temperature, 50 ◦C. The enhancement of the activity correlated with a decrease in the
thermal denaturation midpoint temperature from 74.9 to 68.3 and 64.5 ◦C upon the addition of DMSO
and methanol, respectively. The blue shift of tryptophan fluorescence suggested the penetration of
solvent molecules into the hydration shell of the enzyme. The analysis of the hydrogen bonding of
TaTT revealed a high number of salt bridges and surface hydrogen bonds formed by the backbone
nitrogen and oxygen atoms. We suggested that salt bridges stabilize the protein globule against
“hot” water attacks and organic solvent denaturation, but hydrogen bonds formed by the backbone
nitrogen and oxygen atoms are susceptible to the presence of solvent molecules and rearrange,
underlying a relaxation of some constraints inherent to a thermostable enzyme at low temperatures.
According to Botero et al. [47], the gram-positive thermophile T. terrenum shows optimal growth at 67 ◦C,
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implying that all its metabolic processes are adopted to this temperature. At 50 ◦C, the balance between
integrity and flexibility of the TaTT molecule is not optimal for catalysis. The addition of solvents seems
to release the extra tension characteristic of thermostable enzymes at suboptimal temperatures and
optimize conformational flexibility, thus improving the catalytic activity at a given temperature. At the
same time, the inherent stability prevents TaTT from denaturation in water-organic solvent mixtures.
Despite the challenge of the prediction of co-solvent effects, their great influence on the counterbalance
of stability and activity is a useful tool for fine-tuning the efficiency of biocatalytic processes.
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Appendix A

Procedure for the calculation and analysis of hydrogen bonds:
1. For each analyzed transaminase, a model from the Protein Data Bank (PDB) was taken, and a

file (in the pdb format) was prepared, which contained only those monomers that form functional
dimer. Water molecules and ligands were removed from the functional dimer model.

2. All potential hydrogen bonds (HBonds) in the model were determined using the program
HBOND (http://cib.cf.ocha.ac.jp/bitool/HBOND). The maximal distance between a donor and an
acceptor atom was 3.5 Å.

3. The accessible surface area (ASA) for each atom in the model was calculated using the program
AREAIMOL of CCP4 package [48]. Atoms with ASA values equal to 0.0 were considered as inner
atoms, other atoms were considered as surface atoms.

4. If a protein model contained some residues in multiple conformations, both files (output of
HBOND and AREAMOL) were corrected.

5. Both files (output of HBOND and AREAMOL) were merged into one single file. Depending
on the ASA value and the side group of the residue, all bonds were categorized into several groups.
We determined the number of hydrogen bonds between inner atoms (Inside–Inside), between atoms
on the surface (Surface–Surface), between atoms one of which either belonged to a side group of
a neutral residue or was N or O atom of the main chain and the other belonged to a side group
of a charged residue (Charged–Neutral), between the atoms of the side group of neutral residues
and/or N or O atom of the main chain (Neutral–Neutral) and between the atoms of the side groups of
charged residues (Charged–Charged). The difference between the total number of hydrogen bonds
and the sum of Inside–Inside and Surface–Surface hydrogen bonds is the number of Inside–Surface

hydrogen bonds formed between a solvent-accessible atom and an atom buried inside the globule.
Note, that Charged–Charged hydrogen bonds are nothing but the salt bridges.
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Table A1. Analysis of hydrogen bonds in functional dimers of TaTT and the counterparts: transaminase
(TA) from Thermoproteus uzoniensis (Toptm in the standard assay is 95 ◦C [42]), TA from Burkholderia
pseudomallei (Toptm is unknown, the organism grows optimally at 40 ◦C) and TA from Escherichia coli
(Toptm in the standard assay is 37 ◦C [43]). Two values for the TaTT dimer correspond to two dimers
composed of different subunits in the 6GKR model.

Dimer of

TaTT TA from
T. uzoniensis

TA from
B. pseudomalle

TA from
E. coli

Number of residues per subunit 316 295 307 309
Hydrogen bonds

• Total number in a dimer
• Per one a.a. residue in a dimer

• Number of Inside–Inside hydrogen bonds
(between atoms inside the globule)

• Number of Surface–Surface hydrogen bonds
(between atoms on the globule surface)

• Number of Neutral–Neutral bonds (between
atoms of the side group of neutral residues and/or
N or O atoms of the main chain)

• number of Charged–Charged bonds (between
atoms of the side group of charged residues)

• Number of Charged–Neutral hydrogen bonds
• Between subunits in the dimer

647/648
1.025

293/296

177/179

430/434

77/68

140/146
18/24

578
0.98
302

135

416

36

126
14

617
1.005
296

151

432

47

138
23

554
0.896
287

141

400

49

105
12

PDB ID: 6GKR 5CE8 3U0G 1I1K
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Abstract: Contemporary consumers demand healthier and more nourishing food, and thus, alternative
foods that are low-calorie in fats and/or sugars are preferred. These desired properties may be attained
by substituting the fatty acid esters of erythritol and pentaerythritol due to their antioxidant action
and low toxicity for humans. In this work, the catalyzed hydrolysis of five fatty acid tetraesters
of erythritol and/or pentaerythritol by both porcine pancreas type VI-s lipase (PPL) and Candida
antarctica lipase-B (CALB) were studied kinetically. In all cases, except the hydrolysis of pentaerythritol
tetrastearate by CALB, Michaelis–Menten kinetics were observed. In addition, the pKa values of the
fatty acids released due to the catalyzed hydrolysis of the studied tetraesters by CALB were estimated.
In the course of the aforementioned procedures, it was found that the CALB-catalyzed hydrolysis
was incomplete to various degrees among four of the five studied tetraesters (excluding erythritol
tetraoleate), and one or more estimated apparent pKa values were obtained. These results are novel,
and by means of applied methodology, they reveal that erythritol and/or pentaerythritol tetraesters of
medium- and long-chain fatty acids are suitable candidates for use as beneficial alternatives to butter
and/or sweeteners.

Keywords: erythritol; pentaerythritol; tetraesters; fatty acids; Candida antarctica lipase-B; low calorie
dietary foods

1. Introduction

Erythritol [(2S,3R)-butane-1,2,3,4-tetrol] is a low-calorie compound that occurs in nature and in
fermented products, and it can be produced through the bioconversion of starch and/or glucose [1].
It has been reported that erythritol may be helpful in reducing both the caloric value of foods that
contain carbohydrates and the side effects of other relative food additives [2]. In addition to erythritol
having an almost zero caloric value, it is a sweetener that can improve food taste and texture and
the stability of low-calorie foods [1]. These latter properties can meet the demands of contemporary
consumers for a healthier lifestyle [3], and erythritol has additional importance due to its confirmed
antioxidant action [4].

Tetrol pentaerythritol [2,2-bis(hydroxymethyl)propane-1,3-diol] is well known as an important
component in the manufacturing of cosmetics. Pentaerythritol has a low toxicity in the human body,
is released in the urine relatively quickly, and does not show mutagenic action against bacteria [5].
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Therefore, fatty acid esters of erythritol and pentaerythritol may be healthy, low-calorie alternatives to
butter and/or sweeteners; they may not cause caries, too [1].

This work comprises a detailed kinetic study of the lipase-catalyzed hydrolysis of three fatty acid
tetraesters of erythritol and two tetraesters of pentaerythritol. These five tetraesters have the potential
for being biotechnologically useful in food and in cosmetics applications as compared to the triesters of
glycerol [6]. All five studied tetraesters herein were hydrolyzed by two lipases, which contain similar
catalytic triads (S152/S105, H263/H224, D176/D187), namely, porcine pancreatic lipase (PPL) and Candida
antarctica lipase-B (CALB). Conversely, PPL and CALB differ in their catalytic mode. The former
requires interfacial activation due to a lid domain, whereas the latter lacks a lid domain and does
not require interfacial activation [7,8]. These differences in the catalytic modes of lipases CALB and
PPL, along with their very many applications, made these enzymes appropriate for the objectives
of this work. Additionally, the various applications of these lipases were based on their catalytic
strength in a wide range of experimental conditions (e.g., pH value and temperature). Furthermore,
the kinetic mechanisms of action of both CALB and PPL have been investigated extensively [8–13].
Hence, the hydrolytic function of these lipases on the fatty acid tetraester substrates of erythritol and
pentaerythritol was considered to be kinetically interesting, and it was essential to investigate their
use as low-calorie food substitutes. Subsequently, by means of an automatic titrator system and a
relatively new method, the corresponding Michaelis–Menten kinetics and other important parameters
were estimated, as well as the pKa values of the released fatty acids. The calculated pKa values through
the automatic titrator system contributed significantly to the conclusions of this work. In fact, the
results of this work converge to suggest that four among the five studied tetraesters may be used as
low-calorie dietary food alternatives.

2. Results and Discussion

2.1. Hydrolysis of the Tetraesters of Erythritol and Pentaerythritol by PPL and CALB

The kinetic experimental data were best fitted, in most cases, by the Michaelis–Menten equation
(see Supplementary Materials). The hydrolysis of pentaerythritol tetrastearate by CALB seems to follow
non-Michaelis–Menten kinetics. From the best fitting of the experimental kinetic data, these results,
i.e., the estimated parameter values (kcat, Km, kcat/Km, and additional parameters), are summarized in
Table 1.

  
(A) (B) (C) 

Figure 1. The kinetic data from the hydrolysis of pentaerythritol tetrastearate by CALB (curves (A,B))
are discontinuous and may be split into two groups. In curve (A) (sub-curves A1 and A2), the data
were fitted by Equation (2), i.e., are compatible with substrate activation conditions. In curve (B), there
were more experimental data due to the higher number of parameters, and these fitted with Equation
(3) as a whole. In contrast, the experimental data from the hydrolysis of the same substrate by PPL
(curve (C)) were fitted by the Michaelis–Menten Equation (1); saturation was not achieved due to the
limited solubility of tetraester in the corresponding reaction mixture.
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Table 1. The estimated parameters from the best fit of experimental data of the hydrolysis of the studied
tetraesters by both Candida antarctica lipase-B (CALB) and porcine pancreas type VI-s lipase (PPL).
The experimental data from the hydrolysis of pentaerythritol tetrastearate by CALB were best fitted by
Equations (2) and (3).

SUBSTRATE
kcat

(s−1)
Km

(mM)
kcat/Km

(M−1 × s−1)

CALB PPL CALB PPL CALB PPL

Erythritol
tetraolate 9.9 × 10−4 1.2 1.7 3.5 0.6 342.9

Erythritol
tetrapalmitate 7.0 × 10−4 1.5 1.8 2.1 0.4 714.3

Erythritol
tetralaurate 2.8 × 10−4 2.9 0.8 5.8 0.4 500.0

Pentaerythritol
tetrapalmitate 6.2 × 10−3 7.3 5.1 4.8 1.2 1520.8

Pentaerythritol
tetrastearate

(A1) 4.7 × 10−5 a

(A1) 5.5 × 10−4 b

(A2) 3.7 × 10−4 a

(A2) 4.3 × 10−4 b

(B) 3.2 × 10−4

(C) 0.3

(A1) 0.3 c

(A1) 11.2 d

(A2) 0.7 c

(A2) 0.3 d

(B) 1.9

(C) 1.6

(A1) 0.2 e

(A1) 0.1 f

(A2) 0.5 e

(A2) 1.4 f

(B) 0.2

(C) 187.5

(B) Virial coefficients⇒ V1 = −3.9; V2 = 9.4

All results were rounded to one decimal digit. In all cases of fitting, the goodness-of-fit (R2 value) was estimated to
be ≤ 0.998 ± 0.010. (A1), (A2), (B), and (C) refer to the corresponding curves of Figure 1. Subscripts a, b, c, d, e, and f
correspond to kcat1, kcat2, Km, KSS, kcat1/Km, and kcat2/Km, respectively, of Equation (2).

The kinetic analysis of hydrolysis of pentaerythritol tetrastearate by CALB was based on the
observation that the experimental points are apparently divided into two groups. The graphs of these
results, along with the best fit of the kinetics of the hydrolysis of pentaerythritol tetrastearate by PPL,
are depicted in Figure 1.

The kinetically discontinuous behavior of pentaerythritol tetrastearate (Figure 1A) could be
explained by both its structure and the relatively high concentration of CALB in the reaction mixture,
as compared to those of PPL (1700/0.884 ≈ 1923). Therefore, as the concentration of pentaerythritol
tetrastearate increases in the reaction mixture, a discontinuous saturation of the enzyme molecules
by substrate occurs, which is not uncommon. The enzyme–substrate complex was dispersed as an
emulsion where Traube’s Rule is valid [14] and was kinetically expressed as substrate activation.
The additional best fit of the experimental data of the hydrolysis of pentaerythritol tetrastearate
by CALB was performed by means of Equation (3), which is based on an expansion similar to the
virial one concerning real fluids. Therefore, an increase in the powers of [S] (>Km) is included in
Equation (3), depending on the mean value of all the possible enzyme and substrate contacts and
the conformational changes of the ES complex. Additionally, when the first and second derivatives
of the polynomial [S](1+A[S]+[B][S]2), in the numerator and denominator of Equation (3), take on a
zero-value simultaneously, one bending point is observed [15].

2.2. The Estimated pKa Values of the Released Fatty Acids

In most of the examined cases, more than one pKa value was calculated during the titration
procedures of the fatty acids released through the CALB hydrolysis of the studied tetraesters. However,
only one pKa value (5.12) was estimated (Figure 2A) from the hydrolysis of erythritol tetraoleate
by CALB and the release of oleic acid; for oleic acid, a pKa of 5.02 in aqueous solution has been
reported [16]. As opposed to the former result, four pKa values (i.e., 4.54, 6.38, 6.76, and 7.76) were
estimated when using the pentaerythritol tetrastearate (Figure 2B), while for stearic acid, a pKa of 4.78
has been reported [17].
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Figure 2. Automatically generated titration curves for the estimation of pKa values (CALB-catalyzed
hydrolysis). Curve (A) corresponds to the titration of erythritol tetraoleate (one pKa = 5.12), while curve
(B) corresponds to the titration of pentaerythritol tetrastearate (four pKa = {4.54, 6.38, 6.76, and 7.76}).

Three pKa values were estimated in the case of erythritol tetrapalmitate, i.e., 4.45, 6.77, and 7.51
(Figure 3A), whereas two pKa values were estimated in both cases of erythritol tetralaurate (i.e., 5.01
and 7.82) and pentaerythritol tetrapalmitate (i.e., 4.61 and 6.95), as depicted in Figure 3B,C, respectively.
Values of pKa = 4.75 and pKa = 5.30 have been reported for palmitic and lauric acid, respectively [18,19].
Figure 2A,B as well as Figure 3A–C were generated automatically by the utilized software. The pKa

values (HP in Figures 2 and 3) have been marked on the titration curves by considering half the volume
required to neutralize each of the released acids (EP—equivalence point in Figures 2 and 3). Therefore,
as monoprotic acids are titrated, the Henderson–Hasselbalch equation is degenerated to pH = pKa [20].

 
Figure 3. Automatically generated titration curves for the estimation of the pKa values (CALB-catalyzed
hydrolysis). Curve (A) corresponds to the titration of erythritol tetrapalmitate (three pKa = {4.45, 6.77,
and 7.51}), curve (B) corresponds to the titration of erythritol tetralaurate (two pKa = {5.01 and 7.82),
and curve (C) corresponds to the titration of pentaerythritol tetrapalmitate (two pKa = {4.61, 6.95}).

Solvent/solute interactions affect the equilibrium between the solute’s ionized/non-ionized forms
and influence the estimated pKa values [21]. In this work, the more likely to be released tri-, bi-, and
mono-esters and the corresponding fatty acid molecules may form micellar bilayers according to
Traube’s Rule, as well as through autocatalysis [14,22], where the solute’s ionized/non-ionized forms
are present in equal concentrations. Additionally, four out of the five studied substrates were subjected
to further hydrolysis during the titration process for the estimation of the pKa values by varying pH
values in a range of about six units. Hence, the more likely to be formed molecular species may yield
the observed apparent pKa values (pKa

app). The aforementioned argument explains why, in this work,
involving medium- and long-chain fatty acids, we observed these pKa

app values (Figures 2 and 3).
Consequently, it seems likely that in the CALB-catalyzed hydrolysis of erythritol and

pentaerythritol tetraesters, a complete hydrolysis was only achieved in the case of erythritol
tetraoleate. In the case of pentaerythritol tetrastearate, a less complete hydrolysis was observed,
because three pKa

app values were estimated. Intermediate cases were observed in the hydrolysis of
erythritol tetrapalmitate (two pKa

app values) and in the hydrolyses of both erythritol tetralaurate and
pentaerythritol tetrapalmitate (one pKa

app value).
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3. Materials and Methods

3.1. Materials

All analytical grade chemicals and reagents, including gum Arabic, PPL, as well as CALB
(recombinant, expressed in Aspergillus niger—62288), were purchased from Sigma-Aldrich (St. Louis,
MO, USA). Argon of high purity (≥99.99%) was purchased from Linde Hellas Ltd. (Linde Group).
The herein utilized tetraesters, i.e., erythritol tetraoleate, erythritol tetrapalmitate, erythritol tetralaurate,
pentaerythritol tetrapalmitate, and pentaerythritol tetrastearate, were synthesized as described
previously [6]. Because the yield of pentaerythritol tetrapalmitate, obtained from the acylation
of pentaerythritol by palmitoyl chloride in the presence of BF3·Et2O, was only 47% [6], we describe in
the Supplementary Materials the RCOCl/pyridine method for acylation, which gave 90% yield.

3.2. Solutions and Devices

Stock solutions of 0.1 M in dimethyl sulfoxide (DMSO) were prepared for all the utilized tetraester
substrates. Aqueous stock solution (5% w/v) of gum Arabic was prepared by dissolving 5 g in 96 mL of
bidistilled water and 4 mL of absolute ethanol to avoid formation of agglomerates. Standard solutions
of 0.005 N NaOH, 0.500 N NaOH, and 0.500 N HCl were also prepared. All stock and standard
solutions, including the bidistilled water, were degassed and stored under an argon atmosphere in
bottles equipped with suitable sealing valves. The stock solution of PPL was prepared by dissolving
the enzyme in 5% w/v solution of gum Arabic, as described previously [8], whereas the stock solution of
CALB was prepared by dissolving the enzyme in bidistilled water [8,23]. The enzymatic stock solutions
were degassed and stored under an argon atmosphere. All measurements were performed by means
of an automatic titrator system Metrohm 907 Titrando (Metrohm AG, Herisau, Switzerland), which
was computer-driven through appropriate software (Tiamo). The titrator system and the peripheral
devices are illustrated graphically in Figure 4.

Figure 4. Representation of the devices for the titrimetry of the lipase-catalyzed hydrolysis of the five
tetraester substrates employed in this work; the T-shapes indicate sealing valves. All reagents were
added to the reactor through the loading input.

3.3. Kinetic Measurements

These measurements were performed by recording the decrease in the pH value of the reaction
mixture vs. time due to the increased fatty acid concentration as a result of the lipase-catalyzed
hydrolysis of the aforementioned erythritol and pentaerythritol tetraesters. In all measurements, the
active concentrations of the employed lipases were kept stable in the reaction mixtures, i.e., 0.884 nM
and 1700 nM in the cases of PPL and of CALB, respectively.
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In a typical kinetic run, which was similar for both lipases, 27 mL of bidistilled water was
transferred into the reactor (Figure 4), followed by the addition of 3 mL of 5% w/v gum Arabic stock
solution, 20 μL of the appropriate lipase stock solution, and varied volumes of DMSO (<2.98 mL) so that
the sum of volumes of DMSO and substrate combined to be 2.98 mL. Then, the reactor was sealed, the
thermostat was fixed at 37 ◦C by means of a circulating bath, and argon gas was bubbled through the
reaction mixture under continuous stirring (150 rpm). The driving software (Tiamo) of the automatic
titrator was activated in order to set an initial pH value of 8.0 in the reaction medium (by adding
0.005 N NaOH standard solution) before starting the lipase-catalyzed hydrolyses. All of the hydrolytic
procedures were initialized by the addition of a suitable volume of the studied tetraester substrate
stock solution in the reaction mixture, followed by the end of the argon gas bubbling. The final volume
of DMSO was always 6% in a 33 mL total reaction volume.

The initial velocities of the hydrolytic reactions were recorded as Δ[H3O+] nM × s−1 during the
continuous decrease in the pH value of the reaction mixture. In all cases, the results were adjusted by
performing blank measurements at an initial pH value of 7.0 in the reaction medium, where the volume
of the studied substrate was replaced by an equal volume of DMSO. Each individual kinetic run was
performed three times depending upon the standard deviation, which was set to be less than or equal to
5% of the mean value; otherwise, the three measurements were repeated. The employed concentrations
of the tetraester substrates varied mainly from 0.10 mM up to 2.06 mM; however, in several cases, higher
concentrations of a substrate were used according to its solubility in the reaction mixture. Active site
titrations of the stock solutions with both lipases (PPL and CALB) were carried out under conditions
similar to those of the kinetic runs, using the irreversible inhibitor phenylmethylsulfonyl fluoride
(PMSF), as previously described [8], and then the active enzyme concentrations [E]0 were estimated.

3.4. Estimation of the pKa Values

The pKa values of the released fatty acids were estimated over the course of the CALB-catalyzed
hydrolysis of each of the studied tetraester substrates, when a high substrate concentration was used
in the corresponding kinetic run. The CALB-catalyzed hydrolysis was chosen due to the fact that the
corresponding Michaelis–Menten curves approached saturation much more rapidly than those of the
PPL-catalyzed hydrolysis in almost all cases. Therefore, after the end of each kinetic run, a suitable
driving software subroutine of the automatic titrator was activated, and the reaction mixture was
titrated by a standard solution of 0.500 N HCl up to a pH value of 3.50, along with the bubbling of
argon gas and continuous stirring. Subsequently, the bubbling was stopped, and the reaction mixture
was titrated by a 0.500 N NaOH standard solution through a suitable software routine of the automatic
titrator, up to a pH value of 10.00. Subsequently, the corresponding pKa values and the equivalent
points were recorded automatically.

3.5. Analysis and Curve Fitting of the Experimental Results

In most cases, the experimental results derived from the kinetic runs were best fitted by the
well-known Michaelis–Menten equation:

v =
kcat[E]0[S]
Km + [S]

(1)

However, in the case of the hydrolysis of pentaerythritol tetrastearate by CALB, both Equations
(2) and (3) best fitted the experimental data [15,24]:

v =
kcat1[E]0 +

kcat2[E]0 [S]
KSS

1 + Km
[S] +

[S]
KSS

(2)
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v =
kcat[E]0 [S](1 + V1[S] + V2[S]

2)

Km + [S](1 + V1[S] + V2[S]
2)

(3)

In Equations (1)–(3), the parameters kcat and Km have well-known meanings, whereas KSS in
Equation (2) is the equilibrium constant of the reaction ES + S⇔ SES (substrate inhibition), a parameter
similar to Km. In Equation (3), V1 and V2 are the virial coefficients [15]. All fitting procedures were
achieved by means of the OriginPro 2019 trial version, while different weighted least-squares tests
were considered as convergence criteria [13].

4. Conclusions

In this work, we studied the kinetics of the lipase-catalyzed (PPL and CALB; the latter being widely
used in biotechnological applications) hydrolysis of three fatty acid tetraesters of erythritol, as well as
two fatty acid tetraesters of pentaerythritol. The values of Michaelis–Menten parameters kcat, Km, and
kcat/Km were estimated during the hydrolysis of four of the aforementioned tetraesters by both lipases.
Although the PPL-catalyzed hydrolysis of pentaerythritol tetrastearate followed Michaelis–Menten
kinetics, in contrast, the CALB-catalyzed hydrolysis of this tetraester showed apparently discontinuous
non-Michaelis–Menten kinetics; subsequently, novel important parameters were estimated. This latter
kinetic behavior was explained in terms of substrate activation, as well as through Traube’s Rule.
Moreover, during the attempt to estimate the pKa values of the released fatty acids as a result of the
hydrolysis of the studied tetraesters by CALB, novel findings appeared. During these procedures, it was
found that, excluding erythritol tetraoleate, the other four tetraesters were incompletely hydrolyzed
by CALB, as between one and three apparent pKa values (pKa

app) were estimated (Figures 2 and 3).
Likewise, the calculated kcat and kcat/Km values were relatively low, and discontinuous kinetics of
the hydrolysis of the pentaerythritol tetrastearate were detected. These findings indicate that the
four tetraesters (erythritol tetrapalmitate, erythritol tetralaurate, pentaerythritol tetrapalmitate, and
pentaerythritol tetrastearate), which were hydrolyzed by CALB incompletely, can be considered to be
biotechnologically interesting. These compounds may be low-calorie foods and healthy alternatives
to butter and/or sweeteners, augmented by the low toxicity of both erythritol and pentaerythritol in
humans. Further research is necessary to synthesize substrates with similar structures that show much
lower kcat and kcat/Km values but with much higher Km ones when catalytically hydrolyzed by PPL.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/10/9/965/s1,
Figure S1: The best fitting (Michaelis-Menten) of the experimental kinetic data concerning the hydrolyses by
both lipases, i.e., PPL (curves A, C, E, G) and CALB (curves B, D, F, H), of the tetraesters erythritol tetraoleate
(A,B), erythritol tetrapalmitate (C,D), erythritol tetralaurate (E,F), and pentaerythritol tetrapalmitate (G,H),
respectively. Due to the limited solubility of several tetraesters, in the reaction mixtures, the corresponding
Michaelis-Menten curves did not reach saturation, Figure S2. (A) IR (KBr), and (B) 1H NMR (CDCl3, TMS) spectra
of pentaerythritol palmitate.
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Roman Paduch 4 and Anna Jarosz-Wilkołazka 2

1 Department of Industrial and Environmental Microbiology, Institute of Biological Sciences,
Maria Curie-Skłodowska University, Akademicka 19, 20-033 Lublin, Poland

2 Department of Biochemistry and Biotechnology, Institute of Biological Sciences, Maria Curie-Skłodowska
University, Akademicka 19, 20-033 Lublin, Poland; graz@poczta.umcs.lublin.pl (M.G.);
anna.wilkolazka@poczta.umcs.lublin.pl (A.J.-W.)

3 Department of Functional Anatomy and Cytobiology, Institute of Biological Sciences,
Maria Curie-Skłodowska University, Akademicka 19, 20-033 Lublin, Poland;
justyna.kapral-piotrowska@poczta.umcs.lublin.pl

4 Department of Virology and Immunology, Institute of Biological Sciences, Maria Curie-Skłodowska
University, Akademicka 19, 20-033 Lublin, Poland; rpaduch@poczta.umcs.lublin.pl

* Correspondence: kamila.wlizlo@poczta.umcs.lublin.pl (K.W.); jpolak@poczta.umcs.lublin.pl (J.P.);
Tel.: +48-815-375-958 (K.W.); +48-815-375-051 (J.P.)

Received: 22 July 2020; Accepted: 17 August 2020; Published: 20 August 2020

Abstract: Laccase from Pleurotus ostreatus was immobilised on porous Purolite® carriers and
amino-functionalised ultrafiltration membranes. The results indicated a correlation between the
carrier structure and the activity of laccase immobilised thereon. The highest activity was obtained
for carriers characterised by a small particle size and a larger pore diameter (the porous carriers with
an additional spacer (C2 and C6) and octadecyl methacrylate beads with immobilised laccase activity
of 5.34 U/g, 2.12 U/g and 7.43 U/g, respectively. The conditions of immobilisation and storage of
immobilised laccase were modified to improve laccase activity in terms of bisphenol A transformation.
The highest laccase immobilisation activity was obtained on small bead carriers with a large diameter
of pores incubated in 0.1 M phosphate buffer pH 7 and for immobilisation time of 3 h at 22 ◦C.
The immobilised LAC was stable for four weeks maintaining 80–90% of its initial activity in the
case of the best C2, C6, and C18 carriers. The immobilised laccase transformed 10 mg/L of BPA
in 45% efficiency and decreased its toxicity 3-fold in the Microtox tests. The effectiveness of BPA
transformation, and the legitimacy of conducting this process due to the reduction of the toxicity of
the resulting reaction products have been demonstrated. Reusability of immobilised LAC has been
proven during BPA removal in 10 subsequent batches.

Keywords: laccase; immobilisation; porous carriers; membranes; bisphenol A; environmental toxicity

1. Introduction

Laccases are well-known biocatalysts for industrial purposes. Given their substrate promiscuity
and the mild reaction conditions, this group of enzymes is widely studied in terms of green catalysis
and especially improvement of their properties, which allows adaptation of laccases to specific
biotechnological process conditions. Among modern approaches such as direct evolution and rational
design, immobilisation of enzymes contributes to increasing laccase stability in adverse reaction
conditions, such as extreme pH and temperature values or the presence of organic solvents [1].
Application of an immobilised enzyme in biocatalysis simplifies its separation from the reaction
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product and reuse in the continuous system of the biotechnological process. This reduces both the cost
of production of the biocatalyst and the process itself; hence, immobilisation is the most promising
method for industrial application of laccase and enzymes in general [2–4]. Many techniques and
carriers for immobilisation have been developed over the years; however, there is no universal method
of immobilisation or an ideal support for all enzymes and applications. Both have advantages and
disadvantages, which need to be balanced through the optimisation process. Regarding immobilisation
techniques, the choice is between the activity and stability of laccase, whereas the dilemma for the
support lies between the limitations of substrate diffusion and the amount of laccase loaded on the
support [5]. Therefore, the improvement of the immobilisation method in terms of the conditions of
laccase attachment and extension of preparation’s shelf life is still desired as well as searching for new,
cheap supports. An interesting group of supports among many materials used for immobilisation,
such as carbon and silica nanostructures, are acrylic resins due to their broad range of structural
diversity and ease of modification [6,7]. Depending on the structure, they can be applied as supports
for laccase immobilisation through covalent bonds and adsorption giving an efficient and repeatedly
used biocatalyst [8]. An alternative for porous carriers may be ultrafiltration membranes characterised
by low porosity, which are used especially for covalent attachment of laccase with simultaneous low
substrate adsorption. Promising results were reported for laccase encapsulated in alginate, as high
activity of immobilised laccase and simultaneous low substrate adsorption were noted [9,10]. However,
there may be possible leaking of physically immobilised enzyme from the carrier and limited mass
transfer, which are unfavourable phenomena [5,10].

Several groups of porous acrylic carriers (Purolite®) and amine-activated ultrafiltration membranes
were tested as potential supports for immobilisation of fungal laccase from Pleurotus ostreatus.
The supports differed in terms of the material they were made of, porosity, and immobilisation
technique. The goals of this study were to carry out (1) evaluation of the correlation between the
structure of the styrene and methacrylate carriers with the porosity ranged from 300 to 1800 Å as well
as cellulosic and polyethersulfonic membranes and the activity of immobilised laccase, (2) analysis
of the impact of the physicochemical factors of the immobilisation process and storage conditions
on the activity of immobilised laccase and long-term stability, (3) transformation of bisphenol A
(BPA) as a model endocrine chemical compound and analysis of the process efficiency, and (4)
evaluation of the process legitimacy based on the results of BPA transformation and the toxicity of its
transformation products.

2. Results and Discussion

2.1. Influence of the Carrier Structure

The carrier structure and immobilisation technique are major factors limiting the process of
enzyme bonding to the carriers and, consequently, the applicability of immobilised biocatalysts. The 18
tested supports represented two different groups, i.e., porous carriers and membranes. The former
group included ready-to-use (1) supports dedicated for covalent immobilisation and possessing a short
(C2) or long (C6) spacer arm, (2) supports used for adsorption and possessing octadecyl groups (C18),
and (3) supports used for adsorption without any functional groups (S0) (Figure 1).

The latter group comprised polyethersulfone (PES) and cellulose (CEL) membranes as potential
supports for covalent immobilisation, which were additionally functionalised through silanisation.
The scheme of LAC immobilisation on various types of carriers through covalent bonds and hydrophobic
interactions is summarized in Figure 2.
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Figure 1. Pictures of carrier’s beads and membranes used in BPA transformation; (A) C2C carrier,
(B) C6C carrier, (C) C18C carrier, (D) CEL100 membrane.

Figure 2. Schematic structure of tested carriers and the mechanism of laccase immobilisation covalently
and through adsorption.

The present study showed a high impact of the carrier structure on the activity of immobilised
laccase (LAC) from the Pleurotus ostreatus strain (Table 1). Both the LAC activity and the yield of protein
bonded on porous carriers were significantly higher than in the case of membranes (PES and CEL).
This was probably caused by the poor porosity and smaller surface area of the membranes, resulting in
low protein loading confirmed by the Bradford method.

As described in several papers, acrylic beads with high porosity provided 100% of protein
loading; hence, supports with high porosity are recommended for immobilisation of enzymes [11].
The highest LAC activity in the case of porous carriers with an additional C2 and C6 spacer and
octadecyl methacrylate beads (C18) was obtained for those characterised by a small particle size and a
larger pore diameter (acronyms ending in a letter C), i.e., a structure representing an optimal setup of
carrier capacity and flow properties [11]. Interestingly, in the case of the C2 and C6 carriers, the decrease
in the pore diameter reduced the immobilised LAC activity (C2B, C6B).

This may be the result of laccase immobilisation mainly on the carrier’s surface. Therefore, LAC
is not protected from external factors, which can be observed in the case of high porosity carriers [11].
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Moreover, substrate and product dispersion can be limited due to the smaller pore size; hence,
the detected activity of laccase is underestimated.

Table 1. Influence of the type of carrier and immobilisation technique on the activity of immobilised
LAC from Pleurotus ostreatus [U/g] and yield of protein immobilisation [%]—screening test.

Immobilisation Technique Carrier
Aimm

[U/g]
Yield
[%]

Covalent

C2A 2.47 ± 0.1 40.5 ± 5.4
C2B 1.58 ± 0.3 51 ± 1
C2C 5.34 ± 0.4 80.5 ± 2.5
C2D 1.86 ± 0.1 55.5 ± 5.5
C6A 2.75 ± 0.2 76 ± 3.6
C6B 2.12 ± 0 62 ± 2.1
C6C 2.12 ± 0.3 68 ± 0.1
C6D 2.65 ± 0.2 92 ± 0.5

CEL10 0.30 ± 0 1.23 ± 0.1
CEL100 0.33 ± 0 1.54 ± 0.1
PES10 0.55 ± 0 1.0 ± 0.5

PES100 0.88 ± 0 1.15 ± 0

Adsorption

C18A 1.04 ± 0.1 100 ± 0
C18C 7.43 ± 0.3 100 ± 0.1
C18D 2.55 ± 0.2 100 ± 0.1
S0A 5.80 ± 0.9 96 ± 0.4
S0B 1.05 ± 0.1 85 ± 3.5
S0D 3.87 ± 0.3 97 ± 2.1

The length of the spacer arm had an imperceptible impact on the immobilisation process.
This conclusion contradicts the general information that an optimal carrier should have a small
spacer [5]. Indeed, a short spacer arm promotes multipoint laccase binding, thereby preventing its
desorption, but may hinder the mobility of the bound enzyme molecules in contrast to those bound on
the longer spacer arm [12,13]. Such bonding and stiffening of the LAC structure may be more desirable
in terms of its long-term stability rather than activity.

The immobilisation of LAC was also possible on the tested membranes; however, the activity
obtained was much lower than on the porous carriers. Nevertheless, there was a correlation between
the pore diameter and the activity. Higher values were obtained after the immobilisation on membranes
with 100 kDa porosity, compared to 10 kDa, and the highest LAC activity was observed on the 100 kDa
cellulose membranes (CEL100).

Considering the immobilisation technique used, the highest activity of LAC was obtained via
adsorption on the C18C support, with a concomitant 100% protein bonding yield, whereas the lowest
activity of LAC was detected for the covalent attachment of LAC to the PES membranes. The yields of
protein bonding (covalently) to the C2 and C6 carriers were in the range from 40% to 92%, whereas
a 100% yield was noted in the case of the C18 and S0 supports (adsorption). This phenomenon was
associated with the actual activity of immobilised LAC; however, the enzyme-carrier interactions
were important. The cause of the lower activity of covalently immobilised LAC in groups C2, C6,
and membranes was not only the lower amount of bonded protein but also the stabilisation of
the LAC quaternary structure by strong covalent bonds and multipoint attachment to the carrier.
This contributed to LAC rigidity and, consequently, loss of activity, which is a well-known disadvantage
of this technique [14,15]. On the other hand, adsorption of LAC on C18 and S0 carriers is possible
through weak hydrogen, hydrophobic, and ionic bonds as well as van der Waals forces, allowing
sufficiently strong bonds without any distortion of the structure of the enzyme, which maintains its
activity [12].

The contribution of different types of bonds formed during the covalent LAC immobilisation was
calculated based on the activity of unbonded LAC in eluates obtained during the carrier washing steps
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(Figure 3). Covalent bonds represented the main type of immobilisation on both groups of carriers,
whereas unspecific bonds accounted for up to 12%. The percentage of unspecific bonds ranged from
3.8% to 12.1% in the C2 group and from 1.8% to 4.5% in the C6 group. The two groups of carriers
differed in terms of the proportion of unspecific bonds. There was a clear predominance of adsorption
over the other ones in the C2 group, whereas adsorption in the C6 group was negligible.

Figure 3. Percentage of bonds formed during immobilisation of LAC on porous carriers with C2 and
C6 spacer arms.

In the case of the membranes, most LAC was present in the decanted solution remaining after
immobilisation, due to the very low bonding on the poorly developed specific surface of the membranes.
In the case of the C18 and S0 groups, the adsorption of LAC on the porous carriers was so strong that
there was no LAC in the solution decanted over the carriers after the immobilisation. Consequently,
both factors contributed to the lack of LAC activity in the eluates during washing of the C18 and S0
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carriers and the membranes and thus it was not possible to determine the types of bonds formed
during LAC immobilisation thereon.

The differences in the immobilised LAC activity depended on the carrier structure and the
immobilisation technique, whereas the stability of LAC during long-term storage was not as obvious.
Generally, the activity of laccase immobilised covalently on any of the tested carriers remained above
50% activity after four weeks of storage (Figure 4).

Figure 4. Stability of LAC immobilised on different carriers via covalent bond formation and adsorption
during 4 weeks of storage at 4 ◦C.

LAC immobilised on the C6 supports exhibited the highest stability, as its activity exceed 66%
of the initial value. The results obtained on each carrier in its group were comparable, whereas
the following differences in the stability were noted between the groups: C6 group > C2 group >
membranes. High stability of LAC obtained through adsorption was noted in the case all the C18
carriers, with the value in the range from 66% to 89% of the initial LAC activity after four weeks
of storage. The largest discrepancies in the results were recorded for the S0 group. Only for S0B,
the carrier retained LAC activity above 60%, which decreased below 50% in the case of the S0A and
S0D carriers. Moreover, the dense packing of LAC molecules on the S0A and S0D carriers may have
favoured desorption of loosely bound molecules, which could not have been stabilised due to the lack
of any functional group on the carriers.

2.2. Immobilisation Conditions

Based on the screening test, six carriers were selected for further studies, i.e., two carriers made
from macroporous styrene (S0A and S0D), three made from methacrylate (C2C, C6C, C18C), and one
from cellulose membrane (CEL100).

The impact of four physicochemical factors on immobilisation efficiency was evaluated to obtain
high activity of immobilised LAC that allows maximising its biocatalytic potential in biotechnological
processes. The tested factors included pH values and the concentration of phosphate buffer as an
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environment of LAC immobilisation, temperature and time of LAC incubation with the support,
and the LAC concentration. In this step of the study, the activity of immobilised laccase expressed in
U/g was monitored.

2.2.1. Influence of Phosphate Buffer pH Value

Most papers described the use of 0.1 M phosphate buffer pH 7 for protein immobilisation [16,17].
The present results showed a slight effect of the phosphate buffer pH on the activity of immobilised
laccase (Table 2).

Table 2. Influence of phosphate buffer pH value on the activity of LAC [U/g] from P. ostreatus attached
covalently or through adsorption on different porous carriers.

Immobilisation Technique Carrier
Buffer pH

5 6 7 8

Covalent
C2C 5.41 ± 0.2 4.88 ± 0 4.5 ± 0.3 3.13 ± 0
C6C 5.26 ± 0.2 4.65 ± 0.2 3.99 ± 0 3.76 ± 0

CEL100 0.45 ± 0 0.45 ± 0 0.35 ± 0 0.23 ± 0

Adsorption
C18C 4.78 ± 0 4.95 ± 0 5.14 ± 0 4.72 ± 0
S0A 1.89 ± 0 2.06 ± 0 2.09 ± 0 1.5 ± 0
S0D 1.56 ± 0 1.53 ± 0 1.32 ± 0 1.07 ± 0

In the case of the covalently attached protein, the highest values were noted after using buffer of
pH 5 (C2C and C6C carriers), which decreased as the buffer pH increased, whereas the highest activity
of laccase adsorbed on the carrier was determined for the C18C carrier when buffer pH 7 was used
(Table 2).

The correlation between buffer pH and LAC activity in the case of the covalent immobilisation
can be the result of the impact of pH on functional groups, especially on ionisation of hydrogen in
primary lysine amino groups on the surface of laccase participating in multipoint attachment, which is
more likely to form at higher pH values [18]. In the case of adsorption on C18C, the elevated pH
may have negatively influenced the octadecyl groups and thus limited the availability of these groups
for interaction with laccase molecules. In contrast, the effect of buffer pH on adsorption on the S0

supports was marginal. However, samples of immobilised LAC obtained in the pH 5 buffer turned out
to be unstable. The process of LAC washing out from the carriers was monitored with the Bradford
method. After 7 days of storage, the activity of unbounded LAC present in the buffer solution was
higher in the case of laccase immobilised in the pH 5 buffer than in the samples obtained at pH 7
and pH 8. Similar correlations between the buffer pH value and immobilisation efficiency as well
as LAC release from the carrier were observed by Pezzella and co-workers, who noted the highest
immobilisation yield of laccase after incubation in phosphate buffer pH 7.5 with no simultaneous
desorption of covalently bound laccase [19,20]. Considering all these results, pH 7 buffer was selected
for further experiments. This is in agreement with literature data reporting that the phosphate pH 7
buffer is an optimal environment for laccase immobilisation, especially when glutaraldehyde is the
bi-functional coupling agent [6].

2.2.2. Temperature and Time of Immobilisation

From the wide range of parameters that are important for immobilisation process, the temperature
and time of incubation with the enzyme should be optimised, because they facilitate reduction of
the immobilisation process cost. Most of the enzyme-engaging processes occur at the temperature of
4 ◦C to minimise enzyme degradation. Application of 4 ◦C for immobilisation of LAC can increase
its half-life but can also limit its structure flexibility during attachment to the carrier surface or bond
formation. The results of the experiment showed the same correlation for all types of carriers used for
covalent immobilisation (Table 3).
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Table 3. Influence of the temperature on the activity [U/g] of covalently immobilised LAC from P.
ostreatus during 24-h incubation.

Carrier Temperature
Time of LAC Incubation [h]

1 3 5 24

C2C
4 ◦C 3.43 ± 0.4 4.73 ± 0.1 4.26 ± 0.3 4.44 ± 0.3
22 ◦C 4.41 ± 0.2 5.18 ± 0.1 4.55 ± 0.2 4.30 ± 0.4

C6C
4 ◦C 3.91 ± 0.2 4.16 ± 0.2 4.37 ± 0.2 4.38 ± 0.7
22 ◦C 4.55 ± 0.2 4.61 ± 0.4 3.72 ± 0.2 4.01 ± 0.6

CEL100
4 ◦C 0.55 ± 0.1 0.63 ± 0.1 0.61 ± 0 0.83 ± 0.1

22 ◦C 0.73 ± 0 0.68 ± 0 0.78 ± 0.1 0.83 ± 0.1

C18C
4 ◦C 4.02 ± 0.2 3.97 ± 0.2 3.63 ± 0.5 4.44 ± 0.3
22 ◦C 4.22 ± 0 4.37 ± 0.2 4.01 ± 0.5 4.59 ± 0.1

S0A
4 ◦C 2.20 ± 0.1 2.15 ± 0.1 2.26 ± 0.1 2.33 ± 0.3
22 ◦C 2.06 ± 0 2.63 ± 0.2 2.13 ± 0.1 2.51 ± 0.2

S0D
4 ◦C 2.40 ± 0.1 2.44 ± 0.1 2.57 ± 0.1 2.40 ± 0.1
22 ◦C 2.33 ± 0 2.99 ± 0.2 2.41 ± 0.2 2.83 ± 0.2

The activity of LAC obtained after incubation at 4 ◦C was lower than in preparations incubated
at 22 ◦C, especially during the first 3 h of incubation; these differences became less significant in the
following hours. The optimal time of carrier incubation with the LAC protein varied and depended
on the carrier used: it was 3 h for four out of the six carriers. The LAC activities obtained at 22 ◦C
were higher in comparison to their analogue obtained at 4 ◦C. This may suggest that, after more
than 3 h of incubation, the concentration of protein bound to the carrier was too high and restrained
dispersion of the substrate and the product [21]. This effect was also observed in the case of the
covalent immobilisation of Pleurotus florida laccase, where incubation of the enzyme with the porous
silica perlite carrier for more than 4 h had no effect on a further increase in the immobilisation yield
and the activity of immobilised LAC [19].

2.2.3. Laccase Concentration

The purified laccase from Pleurotus ostreatus was immobilised in optimal conditions in a
concentration range from 0.5 mg/g to 4 mg/g of the wet mass of the carrier. As presented in
Table 4, the concentration of LAC bound to the carrier had a significant impact on enzymatic activity.

Table 4. Effect of the LAC concentration applied for covalent immobilisation (C2C, C6C, CEL100) and
via adsorption (C18C, S0A) on the activity of immobilised LAC [U/g]; optimal conditions were: buffer
pH 7, buffer concentration—0.025 M for C2C and 0.1 M for C6C, time and temperature of incubation—3
h and 22 ◦C.

Carrier
LAC Concentration [mg/g]

0.5/0.25 * 1/0.5 * 2/0.75 * 4/1 *

C2C 5.38 ± 0.3 12.18 ± 0 8.14 ± 0.3 19.14 ± 0
C6C 3.82 ± 0.5 5.79 ± 0.2 10.73 ± 1.3 14.09 ± 1.4

CEL100 0.74 ± 0 0.77 ± 0.2 0.92 ± 0.1 0.97 ± 0.1
C18C 5.56 ± 0 7.51 ± 0.6 5.31 ± 0.2 5 ± 0.5
S0A 1.51 ± 0.1 3.13 ± 0.1 3.27 ± 0.2 3.56 ± 0.4

* values of LAC concentration only for CEL100.

The application of the higher concentration of LAC in the solution resulted in higher activity of
immobilised LAC (Table 4). The protein overcrowding on the carrier surface, affecting the activity
of immobilised laccase, is a well-known phenomenon, which limits the full use of carrier capacity.
For example, the declared capacity of most of the tested Purolite® carriers is estimated at 50 mg of
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protein per 1 g of carrier. The present results of immobilised LAC activity clearly indicated that this
concentration was far too high for the majority of carriers and did not affect the activity of the obtained
laccase proportionally. A drastic decrease in the efficiency after covalent binding of laccase was
observed, where the immobilisation yield dropped from 70% to 50% for preparations with 80 IU/g and
300 IU/g loading, respectively [19]. Overloading of the support is a well-known phenomenon, in which
a high number of enzyme molecules limit the dispersion of the substrate and reaction product [22].

2.3. Storage Conditions and Thermostability

2.3.1. Composition and pH Value of Buffer

The impact of the buffer composition and its pH value on the activity of both free and immobilised
LAC was evaluated during 4-week storage. The results showed that immobilisation of LAC significantly
improved its stability (Figure 5).

Figure 5. Stability of covalently immobilised laccase activity during 4-week storage in the McIlvain
buffer and sodium-tartrate buffer in the range of pH values from 3 to 6; immobilised LAC—filled, free
LAC—empty: pH 3—rhombus, pH 4—circle, pH 5—triangle, pH 6—square.

Moreover, it was noted that pH value of buffer had a significant impact on the activity of
immobilised LAC during the long-term storage. In the case of the covalent immobilisation, the optimal
buffer for storage of both immobilised and free LAC was pH 6, with a minimum influence of the
buffer composition. In the case of the porous C2C and C6C carriers, the highest stability of laccase
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was observed after using the McIlvain buffer, with 87% and 91% of retained activity respectively, after
four weeks of storage (Figure 5). Therefore, this buffer was selected for further studies of laccase
immobilised on those carriers, while the pH 6 sodium-tartrate buffer was selected for the CEL100
membrane as the best for preservation of the activity of immobilised laccase.

In the case of the adsorbed laccase, the pH value was the most important factor for the enzyme
stability as well; however, the composition of the buffer altered the optimal pH value. As shown in
Figure 6, the activity of laccase adsorbed on the C18C carrier varied between the different storage
buffer types (Figure 6). The highest values for the McIlvain buffer were noted after storage at pH 6,
whereas the peak of activity in the sodium-tartrate buffer was observed after storage at pH 5.

 

Figure 6. Stability of adsorbed laccase activity during 4-week storage in the McIlvain buffer and the
sodium-tartrate in the range of pH from 3 to 6; immobilised LAC—filled, free LAC—empty: pH
3—rhombus, pH 4—circle, pH 5—triangle, pH 6—square.

For laccase adsorbed on the S0A carrier, high activity was also noted in the pH 5 sodium-tartrate
buffer, but only after 2 weeks of storage. Immobilisation of laccase preserved its activity in comparison
with the free form of the enzyme. The results regarding the beneficial effect of immobilisation on LAC
activity preservation in adverse conditions during storage are consistent with those reported for inter
alia Trametes versicolor laccase immobilised covalently on metal-ion-chelated magnetic microspheres
and silica beads [23,24] and laccase adsorbed on vinyl-modified mesoporous fibres or on carbon-based
mesoporous magnetic composites [25,26].

2.3.2. Thermostability

One of the main goals of laccase immobilisation is to increase its resistance to adverse environmental
conditions such as high temperature. In this experiment, free and immobilised laccase was incubated
in the temperature range from 20 ◦C to 80 ◦C for 24 h to assess its stability. The results indicated that
the immobilisation of laccase improved its stability, compared to the free form (Figure 7). In the case of
covalent immobilisation, the highest activity of both immobilised and free laccase was maintained after
refrigerated storage and decreased along with the increase in the temperature up to 50 ◦C, above which
protein denaturing conditions were observed. Among the tested covalent carriers, C2C exhibited the
highest stability of immobilised laccase in the range of approx. 90% to 50% of the initial activity at the
temperature of 20 ◦C to 40 ◦C respectively, which constituted a 20% to 11% difference compared to free
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laccase (Figure 7). The better thermostability results of the C2C samples may have been caused by the
formation of multipoint bonds, which are more likely to form when functional groups are mounted on
the short spacer and prevent denaturation of the enzyme [18,27]. This feature has been repeatedly
described in the literature for different laccases and supports [13,23,27].

Figure 7. Thermostability of laccase immobilised covalently (A) and via adsorption (B) in comparison
to thermostability of free laccase (LAC free).

The activity of laccase adsorbed on the C18C and S0A carriers was maintained much longer
than in the case of the covalent immobilisation. In this case, the results showed approx. 99% and
85% of laccase initial activity at 20 ◦C and 30 ◦C, respectively. However, at 40 ◦C, the stability of
the immobilised laccase decreased drastically, even more than that of the free form of the enzyme,
which probably resulted from the low stability of the carriers themselves at high temperatures.

2.4. Degradation of Bisphenol A

Bisphenol A (BPA) is a well-known organic pollutant identified mainly in the aquatic
environment [28]. Numerous studies have shown that BPA present in drinking water enters the human
organism and is contained mainly in human body fluids such as urine, umbilical cord blood, and breast
milk [29,30]. Such distribution poses a threat to human health already at the stage of foetal life, since
the main harmful effect of BPA is hormonal disorders of the reproductive system [31]. In adults, it
leads to infertility in general but also to prostate cancer in men and ovarian cancer in women [32].
Therefore, transformation of BPA is important in terms of limitation of its concentration in wastewater,
its distribution in environment, and harmful effects on living organism. Therefore, the potential of
immobilised LAC to degrade BPA was assessed.

Samples of immobilised LAC were tested as a potential catalyst for bisphenol A degradation.
In the first stage of the experiments, several concentrations of BPA from 0.5 mg/L to 10 mg/L were
transformed using immobilised LAC with activity of 5 U/L. After 72 h of transformation, the BPA
depletion ranged from 50% to even 100% in the case of the C2C carrier and the C18C carrier, respectively
(Figure 8). To distinguish the enzymatic transformation from physical adsorption of BPA, a control
experiment regarding BPA adsorption was conducted. The results prompt a conclusion that the
depletion of BPA by most of the carriers is mainly due to adsorption of the compound. This was
especially visible in the case of the 100% removal by the C18C carrier, probably caused by the presence
of octadecyl groups and thus the hydrophobic nature of this carrier, to which BPA as a substance
sparingly soluble in water attaches easily. In the case of the C2C and C6C carriers exhibiting the same
porosity and particle size, but different functional groups BPA adsorption was no higher than 70%.
Interestingly, no BPA adsorption on the CEL100 carrier was observed, and the BPA loss was caused
only by the LAC transformation.
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Figure 8. Enzymatic transformation of BPA at a concentration from 0.5 mg/L to 10 mg/L using adsorbed
or covalently immobilised laccase and removal of BPA via adsorption on the surface of non-modified
selected carriers after 72 h. The standard error of the results did not exceed 5%.

Among the tested BPA concentrations, the highest percent of enzymatic transformation for 10 mg/L
BPA was observed in the case of the C2 and C6 carriers with covalently immobilised LAC. It could be
expected that the highest percentage of transformation would be observed at a lower concentration of
BPA. However, the results suggested that most of the BPA sample in the case of the lower concentration
was probably strongly adsorbed on the carrier and thus the transformation was inhibited.

To maximise the BPA transformation using immobilised LAC, the higher activity of 12 U/L was
applied. This increased the share of enzymatic transformation over adsorption in the BPA loss up to 39%,
45% and 21% for the C2C carrier, the C6C carrier, and the CEL100 membrane, respectively (Figure 9).
The best rate of BPA enzymatic degradation obtained for the C6C carrier was 45%, which corresponds
to 0.063 mg/L/h of BPA removal. This result was comparable to results obtained for laccase from
Trametes versicolor immobilised on Hippospongia communis, i.e., 0.08 mg/L/h of BPA removal, and even
higher than those reported for Coriolopsis gallica laccase immobilised on silica beads (>0.03 mg/L/h of
BPA removal) [33,34]. Noteworthy, our results were obtained using nearly 5-times lower LAC activity
than the activity of C. gallica LAC [33].

Figure 9. Enzymatic transformation and adsorption of BPA at the concentration of 10 mg/L using laccase
immobilised covalently and via adsorption on selected carriers after 24, 48 and 72 h. The standard error
of the results did not exceed 5%.

In the case of the C18C carrier, the increase in the LAC activity resulted in lack of transformation,
even though the LAC activity on this carrier was the highest and the mass of the carrier used in the
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transformation was the lowest. Therefore, it may be concluded that carriers with LAC immobilised
by adsorption are not suitable in BPA and other partially soluble in water substances transformation,
even though they exhibit high activity of LAC attached.

The main advantage of immobilised laccase application is its reusability, what was measured
during 10 batches of BPA (final concentration 10 mg/L) transformed by covalently immobilised LAC.
From four previously tested carriers, the C18C carrier was excluded due to the high adsorption of the
BPA. The highest BPA removal was obtained for C6C carrier in the first five batches comparing to C2C
carrier (Figure 10A). In next batches, BPA removal rate was equal for both carriers. The lowest reusability
was showed for CEL100 membrane, probably due to low surface area, which is a disadvantage of
membranes application [17]. Along with BPA removal activity of immobilised LAC activity also
decreased (Figure 10B) and retained about 50% of its initial activity in the fourth batch, which is
comparable to activity of laccase immobilised in cross-linked aggregates and metal-ion-chelated
magnetic microspheres [24,35].

Figure 10. Rate of bisphenol A transformation during ten subsequent batches (A) and residual LAC
activity (B) measured on the tested C2, C6 and CEL100 carriers.

2.5. Toxicity Evaluation

Biological degradation of micropollutants including enzymatic treatment generates reaction
intermediates with varied biological activity [36]. Moreover, in some cases, products of reaction may
be equally or even more toxic than the treated substrate [37].

Therefore, it is important to ensure that the transformation process is not only effective but also
mitigates the hazardous effect of the micropollutant. Since BPA mostly accumulates in the environment,
the ecotoxicity of BPA and its transformation products was evaluated and, since it pollutes drinking
water and enters the human body through ingestion, its cytotoxicity towards normal colon epithelial
cells tests was assessed.
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The ecotoxicity was tested using a Microtox® test based on inhibition of bioluminescence of
bacterial species Vibrio fisheri, which is one of the most common standardised methods used in
ecotoxicity assessment [38]. The results of the EC50 values indicated that BPA transformation products
are ca. 2.5-times less toxic than the BPA substrate (Table 5). These results are consistent with results of
BPA degradation with crude laccase from P. ostreatus, which reduced BPA toxicity to 4.65% of its initial
value [39].

Table 5. Environmental toxicity of BPA and its transformation products obtained using Microtox® test
after 5 and 15 min of incubation with Vibrio fisheri and expressed as EC50.

Time
EC50 [mg/L]

BPA Products

5 min 0.116 ± 0 0.316 ± 0.01
15 min 0.156 ± 0.01 0.375 ± 0.02

The MTT test showed no effect of BPA and its transformation products on mitochondrial activity
after 24 h of incubation with colon epithelial cells CCD-841CoTr (Table 6). After 48 h of incubation, a
decrease in the toxicity of the product compared to the substrate was noticeable but both values were
still low.

Table 6. Cytotoxicity effect of BPA and its transformation products after 24 and 48 h of incubation with
human colon cells evaluated using MTT and LDH tests and expressed as % of damaged cells.

Time
MTT LDH

BPA Products BPA Products

24 h 0 0 15 ± 1.82 5 ± 0.23
48 h 10 ± 0.77 7 ± 1.23 17 ± 2.5 3 ± 0.71

Thus, it may be assumed that BPA and its transformation product had a limited influence on
cell metabolic activity at the concentration of 4 mg/L; this corresponds to the concentration of 17 mM,
which was still over million times higher than that in drinking and surface water [40]. Lan et al.
reached similar conclusions after application of the MTT test of BPA in MA-10 cells. They showed
that BPA at a concentration lower that 100 μM had no apoptotic effect as well as a long-term use of a
low dose BPA below 1 μM [41]. On the contrary, the MTT test showed that a low dose of BPA in the
range from 0.1 nM to 10 μM stimulated proliferation of breast cancer MCF-7 and SkBr-3 cells, which is
consistent with the suggestion that even such a low dose of BPA exposure may lead to development of
breast cancer [42]. On the other hand, the tested concentration was sufficient to induce damage to the
plasma membrane demonstrated in the LDH test. After 24 h of incubation, the results for BPA showed
a 15% cytotoxic effect, which decreased in the case of the BPA product obtained after the immobilised
LAC treatment to 5%. Therefore, it can be argued that cell exposure to BPA causes a certain degree of
membrane damage first; however, the metabolic activity of cells is retained for some time.

3. Materials and Methods

3.1. Microorganism and Culture Conditions

The source of extracellular laccase (LAC) was the white rot fungus Pleurotus ostreatus (PO13)
obtained from the Fungal Collection of the Department of Biochemistry and Biotechnology,
Maria Curie-Skłodowska University (Lublin, Poland). The Pleurotus ostreatus strain was cultivated on
Petri dishes containing maltose agar medium (glucose 20 g/L, maltose extract 20 g/L, peptone 1 g/L,
agar 20 g/L), for 10 days in 25 ◦C and stored in 4 ◦C afterwards. The four 10 mm plugs of mycelium
were transferred to the 250 mL flasks containing 100 mL of PDB medium (glucose 20 g/L, potato extract
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4 g/L), and the culture was conducted for 14 days, which was used as inoculum for liquid culture of
Pleurotus ostreatus. The liquid culture was conducted in volume of 7 L, in Lindeberg-Holm medium
modified by addition of peptone (0.5 g/L) with idle air supplied (flow 3.5 mL/min). The laccase was
obtained after 12 days of cultivation [43]. Culture liquid was concentrated by ultrafiltration using
a Millipore polyethersulfone membrane (10 kDa) and purified by ion exchange chromatography
(HQ-Sepharose) using 1 M (NH4)2SO4 in TRIS-HCl (5 mM) with a linear grade from 0 to 50%. Purified
laccase was desalted, concentrated, and stored frozen at −18 ◦C until use for preparation of working
LAC with precise activity.

3.2. Chemicals, Reagents, and Carriers

Glucose, sodium hydroxide, cytric acid, tris(hydroxymethyl)aminomethane (TRIS), and amonium
sulphate were purchased from Avantor Performance Materials (Gliwice, Poland). 2,2-Azino-bis
(3-ethylbenzthiazoline-6-sulphonic acid) (ABTS), glutaraldehyde, (3-aminopropyl) triethoxysilane
bovine serum albumin (BSA), bisphenol A, the MTT dye, the LDH assay kit, and tartaric acid were
purchased from Merck-Sigma-Aldrich Company (St. Louis, MO, USA). Porous carriers used for laccase
immobilisation were purchased from Purolite® (Gdynia, Poland) whereas polyeterosulphone and
cellulose membranes used for LAC immobilisation were purchased from Merck.

3.3. Catalysts

The activity of free or immobilised LAC was determined spectrophotometrically by oxidation
of 2.5 mM 2,2′-azino-bis-(3-ethylbenzthiazoline-6-sulphonic acid) (ABTS) in 100 mM Na-tartrate
buffer at pH 3. The formation of ABTS+ was monitored spectrophotometrically at 414 nm
(λ414 = 34,450 M−1 cm−1). Laccase activity was expressed in U per litre (U/L). One unit of LAC (U)
oxidised 1 μmol of ABTS per 1 min at 25 ◦C. In the case of immobilised LAC, 5–10 mg samples of the
carrier were placed into a stirred vessel containing a three-fold higher volume of buffer and ABTS
than the free laccase activity assay; the reaction was monitored using a Cary 50 Bio spectrophotometer
(Varian, Pao Alto, CA, USA) equipped with a Peltier stirring module. The activity of immobilised LAC
was expressed in Units per gram of the carrier (U/g). The concentration of LAC was evaluated using
the Bradford method.

3.4. Immobilisation of LAC

Purified LAC from Pleurotus ostreatus was immobilised covalently and through adsorption using
the method developed by Bryjak and Rekuć, respectively [44,45]. For covalent immobilisation,
acrylic supports with amino groups (C2 and C6) as well as silanised polyeterosulphone (PES) and
cellulose membranes (CEL) were used. The silanisation procedure involved 30 min shaking of
membranes scraps in a 5% acetone silane solution (10 mL per 1 g of membranes scraps) and drying at
45 ◦Cduring the night. In the case of the adsorption technique, macroporous styrene (S0) and acrylic
beads with octadecyl groups (C18) were used. The characteristics of the carriers and immobilisation
techniques are shown in Table 7. The numbers used in the acronyms of the carrier names refer to the
number of carbon atoms on the carrier surface. In the case of carriers C2 and C6, it is the length of the
spacers: short, built of two carbon atoms, and long, built of six carbon atoms, both ending with an
amino group. In the case of the C18 carriers, there were 18-carbon chains as octadecyl groups. There
were no functional groups on the surface of S0 carriers. In turn, the numbers used in the acronyms of
membranes PES and CEL refer to the pore size: 10 kDa or 100 kDa (Table 7).
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Table 7. Characteristics and acronyms of tested carriers.

Group of
Carriers

Immobilisation
Technique

Type of Carriers
Functional

Groups
Pore Diameter

(Å)
Particle Size (μm) Acronym

Porous

Covalent
(C2 and C6

carriers)

Amino C2
methacrylate

NH2
(short spacer)

300–600
150–300 C2A

300–710 C2B

1200–1800
150–300 C2C

300–710 C2D

Amino C6
methacrylate

NH2
(long spacer)

300–600
150–300 C6A

300–710 C6B

1200–1800
150–300 C6C

300–710 C6D

Adsorption
(C18 and S0

carriers)

Octadecyl
methacrylate Octadecyl

350–450 150–300 C18A

500–700
150–300 C18C

300–710 C18D

Macroporous
styrene None

900–110
150–300 S0A

300–710 S0B

950–1200 300–710 S0D

- - - - Pore Diameter
(kDa)

Membrane
Diameter (mm)

Acronym

Membrane

Covalent
(CEL and PES

carriers)

Cellulose (disc) NH2
10 47 CEL10

100 47 CEL100

Polyethersulfone
(disc) NH2

10 47 PES10

100 47 PES100

3.4.1. Yield of LAC Immobilisation

The amount of LAC immobilised (LACimm) was calculated based on the difference between the
loaded concentration of LAC protein on the support (LACload) and the concentration of protein present
in eluates obtained after washing out of unbound laccase from the support (LACunbound) and expressed
in mg of protein per g of wet mass of the support according to Equation (1). The yield of protein
immobilisation was expressed in percent (%), based on Equation (2):

LACimm

(
mg
g

)
= LACload − LACunbound (1)

Yield (%) =
LACimm
LACload

× 100% (2)

3.4.2. Activity of Immobilised LAC

The activity of immobilised LAC was measured in sodium-tartrate buffer 0.1 M pH 3, at 25 ◦C,
using ABTS as a substrate. The activity (Aimm) was calculated based on formula 3 and expressed in U
per gram of wet mass of the support (U/g), which is the amount of enzyme able to oxidise 1 μmol of
ABTS, where ΔAmin is the absorbance per minute, Vt is the total volume of the sample (2.8 mL), ε414 is
the ABTS molar absorption coefficient (34.450), t is the time of reaction (1 min), and m is the mass of
the support used in the reaction (g):

Aimm =
Amin ∗Vt
ε414 ∗ t ∗m

(3)

The optimisation of the LAC immobilisation conditions was started from the screening of the type
of support and the immobilisation technique (Table 7). The next step was the optimisation of pH (5–8)
of phosphate buffer used for immobilisation. Those steps of the experiments were performed using
0.5 g of wet mass of each carrier on which 1 mg of laccase per 1 g of carrier was loaded. In the last
step, a concentration-dependent LAC activity test was performed in the range from 0.5 mg to 4 mg of
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protein per 1 g of wet mass of the support. The selection was based on the highest measured activity
(U/g) of LAC attached to the carrier.

3.4.3. Determination of the Bond Type

Unbound laccase after covalent immobilisation was washed off from the carriers using different
buffers to break the unspecific bonds formed between the protein molecule and the carrier. Eluted LAC
allowed determination of the type of unspecific bonds, such as adsorption (in phosphate eluates),
ionic bonds (in NaCl eluates), van der Waals forces (in phosphate-buffer eluates), and hydrophobic
bonds (in water eluates). TRIS-HCl buffer was used to block of unreacted active groups. The wash-off
procedure was as follows (10 mL of buffer per g of carrier): 0.1 M phosphate buffer pH 7 (washed four
times), 0.5 M NaCl (washed twice for 15 min), phosphate-citrate buffer pH 5 (washed three times for
30 min), 0.5 M TRIS-HCl pH 7 (washed three times), distilled water (washed six times for 10 min),
and again 0.1 M phosphate buffer twice. The percent of unspecific bonds allowed calculating the
percent of covalent bonds [46].

3.5. Stability of LAC

The selected conditions for long-term storage of immobilised LAC were optimised, i.e., the type
(Na-tartaric, McIlvain) and pH values (3.0–6.0) of the buffer and the concentration of Na-tartaric buffer
pH 5 and 6 (1–100 mM). Triple preparations of immobilised LAC weighing 0.5 g each were stored at 4 ◦C
and the activity of both immobilised and free LAC was measured every second week. The evaluation
of thermostability was performed using immobilised LAC samples (0.1 g) and corresponding activity
of free LAC suspended in a buffer that was optimal for the tested carrier. Samples of immobilised and
free LAC were incubated at the temperature from 4 ◦C to 80 ◦C for 24 h. Changes in LAC activity were
expressed as a percentage of initial LAC activity (time 0).

3.6. Transformation of Endocrine Disrupting Chemical

Bisphenol A (BPA) was first transformed in the concentration range from 0.5 mg/L to 10 mg/L
using LAC immobilised on four different carriers (C2C, C6C, CEL100, and C18C) with final activity
of 5 U/L. The amount of bonded protein differed in the case of each carrier and was 1 mg per 1 g of
carriers C2 and C6, 0.25 mg per 1 g of carrier CEL100, and 0.5 mg per 1 g of carrier C18. The reaction
was performed in 6-well plates containing a mixture of 0.1 M sodium-tartrate buffer pH 5.5 and the
substrate. The reaction mixture was incubated on a rotary shaker (115 rpm) at room temperature.
The reaction was conducted in a volume of 10 mL in 6-well plates for 72 h, and samples were taken for
analysis every 24 h. Afterwards, transformation of BPA at the concentration of 10 mg/L was performed
using preparations of laccase with final activity of 12U/L in analogical conditions. The amount of
immobilised protein was increased to 4 mg/g of carriers C2 and C6 or 1 mg/g of carriers CEL100 and
C18. In every step, control experiments of substrate absorption were performed using immobilised
bovine serum albumin (BSA) at a concentration adequate to the concentration of immobilised laccase
of 1 mg/g or 4 mg/g incubated with a mixture of the sodium-tartrate buffer and the substrate.

The reusability of immobilised LAC was performed for carriers C2C, C6C and CEL100 in analogical
conditions using LAC final activity of 12 U/L. Between each batch the carriers were washed 5-times
using 5 mL of 0.1 M sodium-tartrate buffer pH 5.

3.7. High Pressure Liquid Chromatogrpahy (HPLC)

Transformation mixtures containing samples of BPA were analysed using a Zorbax Eclipse-C18
reverse-phase HPLC column (Agilent®, Santa Clara, CA, USA) and eluent consisting of 70% methanol.
The sample volume was 5 μL and the analysis lasted 3 min. A signal was recorded at 275 nm and
225 nm.
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3.8. Ecotoxicity Microtox® Test

The environmental toxicity test of BPA and the product of its transformation by immobilised
laccase was carried out according to the Microtox® biotest methodology, which consists in analysing
the decrease in the bioluminescence of Vibrio fisheri bacteria under the influence of the tested
compound. The results demonstrated a 50% decrease in bioluminescence intensity designated
EC50, i.e., the concentration of tested substances producing a 50% effect. The initial concentration of
BPA in this test was 10 mg/L.

3.9. MTT and LDH Cytotoxicity Tests

The cytotoxicity tests examined the effect of BPA and the product of its transformation on the
metabolic activity and integrity of the cell membrane in human colon epithelial cells of the CCD-841CoTr
line. The solution of BPA and the mixture after its transformation used for the tests were diluted
2.5-times in a 2% solution of foetal bovine serum and a 4 mg/L final concentration solution was obtained,
which corresponds to a concentration of 17 mM. Cell viability tests using tetrazolium salt (MTT)
and lactate dehydrogenase activity (LDH) methods were performed according to the methodology
described in the literature [47].

4. Conclusions

The aim of present work was to describe novel porous Purolite® carriers and ultrafiltration
membranes, which had never been tested before as supports for laccase immobilisation, and their
utility in BPA degradation through biocatalysis. It is important, that commercially available carriers
were tested for this process. The main impact on the activity of immobilised LAC was exerted by the
structure of the carrier, which should have a well-developed porosity structure with simultaneously
small particle size. The immobilised laccase preparations were stable for one month with certain
diversity depending on the immobilisation technique. The selected immobilised LAC preparations
proved useful for BPA elimination by both enzymatic conversion and by adsorption of the substrate on
the carrier surface. It is reasonable to use enzymatic degradation of BPA for reduction of its ecotoxicity
and cytotoxicity, mainly damage to the cell membrane. However, more studies are necessary to
determine kinetic parameters of immobilised laccase as well as the operational stability of the most
efficient carrier.
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44. Bryjak, J.; Kruczkiewicz, P.; Rekuć, A.; Pęczyńska-Czoch, W. Laccase immobilization on copolymer of butyl
acrylate and ethylene glycol dimethacrylate. Biochem. Eng. J. 2007, 35, 325–332. [CrossRef]
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Abstract: A direct linear plot was applied to estimate kinetic constants using the product’s competitive
inhibition equation. The challenge consisted of estimating three kinetic constants, Vmax, Km, and Kp,
using two independent variables, substrates, and product concentrations, in just one stage of
mathematical treatment. The method consisted of combining three initial reaction rate data and
avoiding the use of the same three product concentrations (otherwise, this would result in a
mathematical indetermination). The direct linear plot method was highly superior to the least-squares
method in terms of accuracy and robustness, even under the addition of error. The direct linear plot
method is a reliable and robust method that can be applied to estimate Kp in inhibition studies in
pharmaceutical and biotechnological areas.

Keywords: direct linear plot; median method; product inhibition; kinetic constants; non-parametric;
distribution-free method

1. Introduction

The direct linear plot (DLP) is a graphic method to estimate kinetic constants from enzymatic
reactions based on the median as a statistic. The method was developed by Eisenthal and
Cornish-Bowden in 1974 [1]. The accuracy and robustness of this method were tested during
the estimation of Vmax and Km from the Michaelis–Menten equation [1,2]. As in this article, all of the
recent studies regarding the application of DLP are based on the estimation of these two parameters
from the Michaelis–Menten equation. The application of DLP to equations with more than two
parameters has not been studied until now [3]. This median-based method was applied herein to
estimate three kinetic constants from the substrate-uncompetitive inhibition equation. The results
indicated that DLP was not only applicable to equations with more than two parameters, but it
was reliable and robust when compared to the least-squares (LS) method. In the present article,
we explored the application of DLP to the product-competitive inhibition equation, which is a different
type of problem, as will be exposed. Some attempts to estimate inhibition constants from enzyme
kinetics using DLP have involved estimating apparent kinetic constants and using secondary plots
to estimate the values of these inhibition constants. The application of DLP to estimate inhibition
constants was first proposed by Eisenthal and Cornish-Bowden [1]. The literature contains outdated
examples of this application because the use of DLP to estimate inhibition constants in one-stage
has not been assessed [4–8]. In the literature, DLP has been used to estimate the apparent kinetic
constants Vmax and Km; however, studies have used secondary plots to estimate the inhibition constant
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Kp. The present article studied the application of DLP to estimate the product inhibition constant in
one-stage treatment, avoiding the estimation of apparent kinetic constants and secondary plots. As the
proper characterization of inhibition in pharmaceutical and biotechnological applications is a major
concern, the importance of this proposal is that it opens up the possibility of using a reliable and robust
method to estimate product inhibition constants. The purpose of this study is to estimate Vmax, Km,
and Kp from the competitive inhibition equation in just one stage of calculations, avoiding the apparent
constants and secondary plots. This means the values of the product inhibition constants must be
obtained from the DLP method, which has never been tried before. The problem is outlined as follows.

The equation for competitive product inhibition involves three parameters—Vmax, Km, and Kp—and
three variables—substrate concentration, product concentration, and initial reaction rate (Equation (1)).

v =
VmaxS

Km + S + Km
Kp

P
(1)

This is a different type of problem compared to previous articles where the substrate-uncompetitive
inhibition equation involved three parameters—Vmax, Km, and KS—but only two variables—substrate
concentration and initial reaction rate (Equation (2)) [3].

v =
VmaxS

Km + S + S2

Ks

(2)

The experimental dataset required is traditionally used in the initial reaction rate method,
which denotes a series of initial rates vs. substrate concentrations at constant product concentrations,
as indicated in the scheme of Figure 1.

P = P1  P = P2  P = Pm 

S v  S v  S v 
S1 v11  S1 v21  S1 vm1 …

 

…
  

…
 

…
  

…
 

…
 

Sn v1n  Sn v2n  Sn vmn 
 

Figure 1. Scheme of the traditional experimental design based on the initial reaction rate method to
estimate inhibition constants in enzyme kinetics.

Equation (1) can be rearranged to Equation (3) in the following form:

vijKm − SjVmax +
vijPiKm

Kp
= −vijSj (3)

The definition of vij is the rate of product concentration Pi and substrate concentration Sj. As the
estimation of three parameters is required, three data pairs and three equations are needed to solve the
matrix system in Equation (4).

⎛⎜⎜⎜⎜⎜⎜⎜⎜⎝
vii′ −Si′ vii′Pi
vjj′ −Sj′ vjj′Pj
vkk′ −Sk′ vkk′Pk

⎞⎟⎟⎟⎟⎟⎟⎟⎟⎠
⎛⎜⎜⎜⎜⎜⎜⎜⎜⎜⎝

Km

Vmax
Km
Kp

⎞⎟⎟⎟⎟⎟⎟⎟⎟⎟⎠ =
⎛⎜⎜⎜⎜⎜⎜⎜⎜⎝
−vii′Si′
−vjj′Sj′
−vkk′Sk′

⎞⎟⎟⎟⎟⎟⎟⎟⎟⎠ (4)
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Likewise, the definition of vii’ = v(Pi, Si’), i.e., i values are between 1 and m (the number of
product concentrations), and i’ values are between 1 and n (the number of substrate concentrations).
Alternatively, the solution for Equation (4) is presented in Equation (5) in algebraic form.

Vmax =
vii′vjj′vkk′(Pk(Si′−Sj′)+Pi(Sj′−Sk′)+Pj(−Si′+Sk′ ))

(Pj−Pi)Sk′vii′vjj′+(Pi−Pk)Sj′vii′vkk′+(Pj−Pi)Si′vjj′vkk′

Km =
PiSj′Sk′vii′(vkk′−vjj′)+PkSi′Sj′vkk′(vjj′−vii′)+PjSi′Sk′vjj′ (vii′−vkk′ )
(Pi−Pj) Sk′vii′vjj′+vkk′(−PiSj′vii′+PkSj′vii′+PjSi′ vjj′−PkSi′vjj′)

Km
Kp

=
Sj′Sk′vii′(vjj′−vkk′)+Si′Sj′vkk′(vii′−vjj′)+Si′Sk′vjj′ (vkk′−vii′ )
(Pi−Pj)Sk′vii′vjj′+vkk′(−PiSj′vii′+PkSj′ vii′+PjSi′vjj′−PkSi′vjj′)

(5)

The rank of the matrix in Equation (4) must be 3 for the system to have a solution. For the
case when three product concentrations are taken from the same set, Pi = Pj = Pk, the system has
no solution because the rank of the resulting matrix is 2. This problem can be easily checked by
observing the denominators of Equation (5) when replacing Pi, Pj, and Pk with the same value of
product concentration. The strategy proposed to solve this system is to take at least two different
values of product concentration. In this way, the total number of feasible data combinations will be
calculated using Equation (6).

In consequence, calculations of the kinetic constants Vmax, Km, and Kp will be obtained from the
combination of two P values from the same dataset, one P from a different one, and the combination
of three different P values from three datasets. A list of Vmax, Km, and Kp values from the total
combinations indicated in Equation (6) will be obtained. Finally, the estimators of Vmax, Km, and Kp

correspond to the median values from the list.

(
m·n

3

)
−
(

n
3

)
·m (6)

This article aims to compare the quality of the kinetic constant estimations from the product
inhibition equation between the DLP and the LS methods.

2. Results and Discussion

As in our previous article [3], this problem consists of estimating three kinetic constants, but in this
new case, three experimental variables will be used. Experimental data of initial rate perturbed with a
random error of variance σ2 were simulated in a dataset of 1000 runs. The dataset, according to Table 1,
considers the values of the kinetic constants 1, 1 and 10 for Vmax, Km, and Kp, respectively, and the initial
rates vs. the substrate concentrations at different product concentrations were plotted in Figure 2.

Table 1. Experimental design of substrate and product concentrations to calculate initial reaction rates.

P1 = 0 P2 = 0.5Kp P3 = Kp P4 = 2Kp P5 = 4Kp

S v S v S v S v S v

0.1 v11 0.1 v21 0.1 v31 0.1 v41 0.1 v51
0.2 v12 0.2 v22 0.2 v32 0.2 v42 0.2 v52
0.5 v13 0.5 v23 0.5 v33 0.5 v43 0.5 v53
1.0 v14 1.0 v24 1.0 v34 1.0 v44 1.0 v54
2.0 v15 2.0 v25 2.0 v35 2.0 v45 2.0 v55
5.0 v16 5.0 v26 5.0 v36 5.0 v46 5.0 v56

10.0 v17 10.0 v27 10.0 v37 10.0 v47 10.0 v57

These data were used to estimate the kinetic constants using the DLP and LS methods. An example
of the dataset obtained for the values of the kinetic constants Vmax, Km, and Kp with a normal distribution
of error and variance 0.01 is plotted in Figure 3.
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Figure 2. Initial reaction rates vs. substrate concentration for the different product concentrations
according to the experimental design presented in Table 1. Data plotted without error for illustration
purposes. The kinetic constant values for Vmax, Km, and Kp are 1, 1, and 10, respectively.

 

Figure 3. Three-dimensional projection of the direct linear plot (DLP) values obtained according to
the experimental design presented in Table 1. The kinetic constant values for Vmax, Km, and Kp are
1, 1, and 10, respectively. The median of each kinetic constant (red dots) is projected on the planes.
Some data are outside of the layers for illustration purposes only.

The number of kinetic constant values plotted in Figures 3 and 4 was 6370. This amount of
data was obtained avoiding the use of the same three product concentrations during the calculations
with Equation (4). The dispersion of the data was enormous compared to the value of the kinetic
constant, as can be observed in Figure 4. This is a typical result of the application of the DLP method
to the estimation of kinetic constants. This behavior can be observed in previous publications [1,3,9].
Many points were left out of the layers just for illustration purposes; however, the vast majority of data
are inside of layers corresponding to 98%, 99% and 99% for Vmax, Km and Kp, respectively. In terms of
dispersion, 56% of calculated Vmax values are in the range 0.95–1.05; 22% of calculated Km values are
in the range 0.95–1.05 and 24% of calculated Kp values are in the range 9.5–10.5. The amount of data
plotted in Figures 3 and 4 was obtained to estimate the kinetic constants Vmax, Km, and Kp by calculating
the median for each of them. This is the procedure needed in routine experiments to determine the
inhibition constant Kp. The statistical evaluation of DLP requires the repetition of this procedure to
avoid bias and erroneous conclusions. A total of 1000 experimental runs were carried out to evaluate
and compare the quality of the estimations between the DLP and the LS methods. A comparison of
the lower values of the sum of squared residuals (SSR) between DLP and LS is plotted in Figure 5.
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The DLP method obtained lower values of SSR for all the values of variance in the range from 0.001 to
0.020 when both procedures—calculation of the median of Km/Kp and the median of Kp—were carried
out. The calculation of the median of Km/Kp was slightly superior for almost all variances explored.
For example, at variance 0.010, the calculation of the median of Km/Kp obtained a frequency of 0.8
compared to 0.78 for calculation of the median of Kp. This was not significant to conclude that one
procedure was better than the other. However, when both calculations were compared regarding the
SSR between them, the result depended on the variance, as shown in Figure 6a. The calculation of
the median of Km/Kp obtained a lower SSR at variance values lower than 0.010. The calculation of the
median of Kp offered lower values of SSR at variances higher than 0.010. The effect of the ratio Kp/Km

was slightly superior to the calculation of the median of Kp, as shown in Figure 6b. However, this was
not significantly different. In consequence, which procedure is better, in terms of the SSR, depends on
the experimental error.

 
(a) (b) 

Figure 4. DLP for the competitive inhibition equation to estimate Vmax, Km, and Kp with real values of
1, 1, and 10, respectively, considering a normal distribution of error with variance 0.01. (a) Plot of Vmax

vs. Km; (b) plot of Vmax vs. Kp. The median values (red dots) are projected on each axis. Some data are
outside of layers for illustration purposes only. Data inside of layers is 98%, 99% and 99% for Vmax,
Km and Kp, respectively.

 
(a) (b) 

Figure 5. Frequency (fi) of the lower sum of squared residuals (SSR) obtained between DLP and
least-squares (LS) methods as a function of the variance (σ2) of the normal distribution of error (εi).
The total number of experiments was 1000. (a) DLP applied to the median of Km/Kp; (b) DLP applied
to the median of Kp. The dotted line represents the frequency 0.5, where both methods, LS and DLP,
obtained the same statistical quality. The results showed that DLP obtained a lower SSR than LS
approximately in 80% of the estimations.

The relative error of the estimated kinetic constants by LS and DLP methods was plotted for 1000
experimental runs in Figure 7. The DLP always resulted in a lower accumulation of relative error
during estimations of the three kinetic constants. The product inhibition constant Kp accumulated
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the highest relative error when estimated by both LS and DLP methods. However, the accumulated
relative error was less than half with DLP compared to LS. This result shows that DLP is a very accurate
method to estimate the competitive inhibition constant. The product inhibition constant Kp estimated
with DLP method accumulated a lower relative error than the LS method even at higher variance σ2

(experimental error), as shown in Figure 8. The behavior patterns of both the median of Km/Kp and the
median of Kp were repeated. The median of Km/Kp was slightly more accurate at variances lower than
0.010. At higher values, the median of Kp was more accurate.

  
(a) (b) 

Figure 6. Frequency (fi) of the lower SSR obtained between both the calculation of the median of
Km/Kp and the median of Kp. (a) Results of frequency as a function of the variance (σ2) of the normal
distribution of error (εi). (b) Results of frequency as a function of the ratio Km/Kp. The interpretation is
the same as Figure 5.

Figure 7. Relative error (ei) for the estimations of kinetic constants Vmax, Km, and Kp by LS and DLP
methods accumulated during iterations (i) of 1000 experimental runs with a normal distribution of
error (εi) and variance (σ2) 0.010. The Kp was estimated by DLP using the median of Km/Kp (red line)
and the median of Kp (blue line).

The effect of outliers was analyzed by adding fixed error values to the initial rate v34 (S = 1; P = 10).
The added error ranged from −0.01 to +0.01. The results are shown in Figure 9. The estimated values
of Vmax by LS were constant due to an artifact of the estimation method. The estimated Vmax was
obtained by choosing the highest value from the five non-linear regressions corresponding to the five
datasets of product concentrations. The error was added to the initial rate value corresponding to the
third dataset of product concentration; in consequence, the highest value of Vmax was not perturbed,
and it was always the same value. The DLP method estimated Km and the Kp with more accuracy
and with less perturbation than the LS method. Although the LS method estimated Kp with more
accuracy at some high positive values of fixed error, the results clearly showed that DLP was more
robust than the LS method. The perturbation generated by the added error is plotted in Figure 10.
The perturbation of Vmax was omitted due to the artifact during its estimation by the LS method.
The results indicated that the estimation of kinetic constants Km and Kp was much less perturbed when
the DLP method was used. Almost all the perturbations were maintained below 1%, compared to the
LS method, where perturbations were in the range from 4% to 8%.
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Figure 8. Total relative error (ei) accumulated for estimations of the product inhibition constants Kp

by LS and DLP methods after 1000 experimental runs plotted against variance (σ2) of the normal
distribution of error (εi). The Kp was estimated by DLP using the median of Km/Kp (red bars) and the
median of Kp (yellow bars).

Figure 9. Effect of the fixed error added to the initial rate v34 on the estimated values of the kinetic
constants Vmax, Km, and Kp by LS and DLP methods. Real kinetic constant value (dotted line),
estimated values by LS (black line) and DLP (red and blue lines). The Kp was estimated by DLP using
the median of Km/Kp (red line) and the median of Kp (blue line).

 
(a) (b) 

Figure 10. Perturbation percentage on the estimations of Km and Kp by LS and DLP methods caused by
adding fixed error to the initial rate v34 at different values of variance (σ2). (a) Km. (b) Kp. The perturbation
corresponds to the difference between the minimum and the maximum value obtained respect to the
original value of the kinetic constant (Equation (12)).

The DLP method exhibited the same pattern of behavior than that observed during application to
the uncompetitive inhibition equation [3]. Lower SSR and estimation errors compared to the LS method
were observed during estimations of the competitive inhibition constant. Again, the DLP method
demonstrated accuracy and robustness during the estimation of kinetic constants. The possibility of
using the DLP method to estimate inhibition constants in pharmaceutical and biotechnological studies
was demonstrated. The performance of the DLP method applied to the competitive inhibition equation
was different compared to the application of the substrate-uncompetitive inhibition equation previously
studied. The addition of a variable product concentration caused mathematical indetermination during
the calculations. The problem was overcome by avoiding using the same three product concentrations
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in Equations (4) and (5). This obligated a reduction in the number of combinations from 6545 to 6370,
where 175 combinations resulted in the indetermination of the matrix (Equation (4)). Another difference
is the dependence of Kp on the value of Km, which can be observed in Equation (5), where the calculation
consisted of the Km/Kp value, and Kp was calculated after obtaining Km. A significant implication of this
is the transmission of the Km error to Kp. Interestingly, based on the observations, this effect was not
important. In general, the estimation of Kp by DLP was more accurate and robust than estimation by the
LS method. The application of DLP to the uncompetitive inhibition equation exhibited a higher accuracy
just in some cases compared to the LS method. In terms of robustness, the DLP was highly superior
to the LS method. Presently, in this study, a higher superiority in terms of accuracy and robustness
was observed. Despite the higher complexity of the competitive inhibition equation, requiring one
more independent variable than the substrate-uncompetitive inhibition equation, the results were
better. The transmission of error from Km to Kp could be the key. This error is surely amplified when
transmitted from one constant to another, and based on the observations, the effect was better softened
by DLP compared to the LS method.

As Cornish-Bowden and Endrenyi commented [10], the median method cannot readily be
generalized to equations of more than two parameters. This sentence became true when we found a
mathematical issue during the application of the DLP to the product’s inhibition equation, where an
indeterminate system of equations (Equation (5)) is generated when the same value for the product
concentration was used. However, this problem can be solved by selecting the proper combination of
data. We, again, demonstrated that DLP can be applied to equations with more than two parameters.
Presently, we also demonstrated the application to equations with more than two variables.

We conclude that the DLP method is better than the LS method to estimate the product’s
competitive inhibition constant in terms of accuracy and robustness. We now count on a new tool to
estimate the product-competitive inhibition constant with reliable results.

3. Method

3.1. Experimental Design

The set of substrate and product concentrations was designed by first setting the real values of
kinetic constants Vmax, Km, and Kp. The chosen values were 1 for Vmax and Km, and five different
Kp values, including 10, 20, 50, 100 and 200, to study the effect on the estimation of the kinetic
constants. These values correspond to the dimensionless kinetic constants in the case of Vmax and Km.
Dimensionless Vmax is the limit of S/(S + Km) when S tends to infinity. Dimensionless Km is obtained
when the kinetic equation is written in the form S/Km/(S/Km + 1). In the case of Kp, the dimensionless
value corresponds to Kp/Km. As indicated by Cornish-Bowden et al. [2,10], the unitary values of
Vmax and Km involved no loss of generality because they finally depend on the units of measurement.
The values of substrate and product concentrations are listed in Table 1, corresponding to n = 7 and
m = 5, according to the nomenclature in the scheme of Figure 1.

The chosen values of substrate concentrations were based on their distribution around the Km

value from 0.1 Km to 10 Km, with three values below Km and three values above Km, as recommended by
Cornish-Bowden [11]. In the case of product concentrations, the choice was based on a Kp value-centered
distribution. The experimental design consisted of 35 reaction rates (vij), which were calculated using
the product-competitive inhibition equation (Equation (1)) assigning relative errors from a normal
population of error εi with variance σ2 (Equation (7)) to simulate the experimental error.

vij =
VmaxSij

Km + Sij +
Km
Kp

Pj
(1 + εi) (7)

The calculated reaction rates (vij) were used as experimental values to estimate the kinetic
constants Vmax, Km, and Kp. The estimations were carried out by DLP, using Equation (4), and by
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the LS method. The number of possible combinations of three initial rate values (vij) to calculate
the kinetic constants Vmax, Km, and Kp was 6370, according to Equations (4) and (5). The median for
each kinetic constant was obtained from this list. This procedure corresponded to one experiment to
calculate the estimators of the kinetic constants, which is equivalent to an empirical procedure based
on the initial rates method. A total of 1000 experiments were run to compare the accuracy of both
methods and the quality of parameter estimations. An algorithm was written in Python software
to perform all the calculations presented in this article. The algorithm can be downloaded from the
repository indicated in the Supplementary Material. Estimation of Kp was carried out by two optional
procedures: (i) calculating Km/Kp for each of the 1000 experiments, calculating the median for Km/Kp,
and finally obtaining the estimated Kp using the corresponding Km value, and (ii) calculating the Kp for
each of the 1000 experiments and calculating the median of Kp (see Equation (5)). In the case of the
LS method, a non-linear regression was applied to Equation (8), where the apparent Km (Kapp

m ) was
estimated. According to the experimental design, five values of Vmax and Kapp

m were obtained, one for
each product concentration. As Vmax is not affected by competitive inhibition, a higher value was
chosen as the estimated Vmax through the LS method. The Kapp

m values were plotted against the product
concentrations in a secondary plot, and the values of Km and Kp were obtained by linear regression
of Equation (9).

v =
VmaxS

Kapp
m + S

(8)

Kapp
m = Km +

Km

Kp
P (9)

The effect of the Kp/Km ratio was also evaluated. The values of Kp considered were 10, 20, 50,
100, and 200. The Kp/Km ratios corresponded to the same values, considering that Km was 1. As the
values of Kp were modified, the experimental values of product concentration (P) were changed to
maintain the same values of apparent Km, according to Equation (9), among the different datasets to
avoid negative effects in the experimental design.

3.2. Accuracy Test

The sum of squared residuals (SSR) was calculated for each of the 1000 experiments for both
methods, DLP and LS, to evaluate their accuracies, according to Equation (10).

SSR =
n∑

i=1

(vi − v̂i) (10)

where vi is the ith value of the experimental rate (Equation (7)), and v̂i is the ith value of the predicted
rate calculated according to Equation (1). The relative error (ei) from the difference between the real (θ)
and the estimated value (θ̂) was calculated for all kinetic constants according to Equation (11).

ei =

∣∣∣∣∣∣
θ̂− θ
θ

∣∣∣∣∣∣ (11)

The number of experiments (out of 1000) in which the LS resulted in a lower SSR and ei was
calculated and compared with DLP for different values of the variance σ2 for error εi.

3.3. Effect of Outliers

The sensitivity of both methods to outliers was tested by changing the initial rate value v34
from Table 1. This value corresponds to the substrate concentration equal to Km and the product
concentration equal to Kp. The initial rate v34 was changed by varying fixed values of εi from −0.1 to
+0.1. The rest of the experimental initial rates were calculated as mentioned above using Equation (6)
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with random εi with σ2 = 0.01. The perturbation generated on the estimated constant was calculated
according to Equation (12).

%Perturbation =
θ̂u − θ̂l
θ
·100 (12)

where θ̂u and θ̂l are the upper and lower estimated values of the real constant θ in the range of the
fixed error.

Supplementary Materials: The following are available online at https://github.com/bastiansepulveda/Inhibation-
Equation-by-Product-Algorithms.git, algorithms for the analysis of DLP applied to the product’s competitive
inhibition equation.
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Abstract: This study reports a new strategy for enzyme immobilization based on passive
immobilization in neat and magnetically responsive polyamide 4 (PA4) highly porous particles.
The microsized particulate supports were synthesized by low-temperature activated anionic
ring-opening polymerization. The enzyme of choice was laccase from Trametes versicolor and was
immobilized by either adsorption on prefabricated PA4 microparticles (PA4@iL) or by physical in situ
entrapment during the PA4 synthesis (PA4@eL). The surface topography of all PA4 particulate supports
and laccase conjugates, as well as their chemical and physical structure, were studied by microscopic,
spectral, thermal, and synchrotron WAXS/SAXS methods. The laccase content and activity in each
conjugate were determined by complementary spectral and enzyme activity measurements. PA4@eL
samples displayed >93% enzyme retention after five incubation cycles in an aqueous medium, and
the PA4@iL series retained ca. 60% of the laccase. The newly synthesized PA4-laccase complexes were
successfully used in dyestuff decolorization aiming at potential applications in effluent remediation.
All of them displayed excellent decolorization of positively charged dyestuffs reaching ~100% in
15 min. With negative dyes after 24 h the decolorization reached 55% for PA4@iL and 85% for PA4@eL.
A second consecutive decolorization test revealed only a 5–10% decrease in effectiveness indicating
the reusability potential of the laccase-PA4 conjugates.

Keywords: laccase; polyamide 4; enzyme immobilization; magnetic enzyme supports;
enzyme decolorization

1. Introduction

Biocatalysts (extracellular enzymes or whole-cells) constitute an alternative to traditional catalytic
systems, being able to cause transformation of natural or synthetic substrates under mild reaction
conditions, with high substance-, stereo-, and regiospecificity, and lack of toxic byproducts [1,2].
With the advances in the production of relatively inexpensive free enzymes, the steady increase of
their extensive implementation as effective catalysts in many industrial and biomedical applications is
beyond any doubt [3].

The wide use of industrial-scale processes with enzymatic catalysts is restricted by the free
enzymes’ inactivation by different denaturant agents and by their difficult or even impossible recovery
from the reaction medium after use. These problems can be resolved by immobilization (conjugation)
of the enzymes to prefabricated matrices of various nature, geometry, and topography. Immobilized
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enzymes, apart from their application as reusable heterogeneous biocatalysts, can serve as appropriate
platforms for the development of biosensors, biofuel cells, or microscale devices for controlled release
of protein drugs [4].

The most frequently used immobilization techniques can be sorted into five main groups, each
with its associated advantages and disadvantages [5]: (i) non-covalent adsorption or deposition;
(ii) immobilization via ionic interactions; (iii) entrapment in a polymeric gel or capsule (encapsulation);
(iv) covalent attachment to the support (tethering); and (v) cross-linking of the enzyme. In the first
three cases (i–iii), the enzyme immobilization is related to physical phenomena, i.e., entropy effects,
electrostatic interactions, or hydrogen bonding. The distinct advantage of these methods is that
neither the enzyme, nor the support, needs to be chemically modified or pretreated, which contributes
to a cleaner and cost-effective biocatalyst. Moreover, the enzyme retains mobility, thus avoiding
unfavorable screening of the active site. However, conjugates based on physical interactions often
suffer from enzyme leaching, especially if used in aqueous media. To avoid leakage, immobilization
protocols from groups (iv–v) are used. In them, covalent bonds across the enzyme–support interface are
produced or cross-linking of the polypeptide moieties of the enzyme is caused by appropriate chemical
reagents. These chemical modifications should be carefully directed so as not to cause deactivation of
the biomacromolecule. As a rule, the immobilization method is selected on a case-by-case basis, by trial
and error, although attempts to optimize this process by computer-aided analysis and molecular
modeling have also been communicated [3,6].

General requirements for polymer supports are that they should not deactivate the immobilized
enzyme, and for many important applications they have to be biocompatible. Therefore, traces
of solvents, emulsifiers, unreacted monomers, or other accompanying substances that could be
toxic or potentially deactivate the immobilized enzyme must be totally excluded. More specifically,
immobilization by enzyme entrapment requires formation of the polymer support in situ, e.g.,
by low-temperature processes in the presence of the respective enzyme, thus avoiding denaturation.
Furthermore, the monomer, the polymer support, and the enzyme should possess suitable functional
groups in order to enable covalent or non-covalent interactions before, during, or after the
polymerization. Finally, the polymer support should have appropriate physical structure and be
formable into controllable shapes and textures at various length scales [7].

A large number of supports have been employed for enzyme immobilization in the form of
beads, porous particles, membranes, and micro- or nanosized fibers made of inorganic materials [8]
or organic polymers such as polyacrylates, cross-linked styrene-based copolymers, smart polymers,
and modified polysaccharides [3]. Smart biocatalysts for industrial and biomedical applications
produced by conjugation of enzymes to stimuli-responsive polymer supports have attracted a growing
interest [9]. The activity of the enzyme can be favorably modified by complexation with supramolecular
linear-dendritic block copolymers [10] or amphiphilic block copolymers self-assembling into micelles
or physical networks [11].

Among the big variety of industrially relevant enzymes, the group of laccases (EC 1.10.3.2,
benzenediol:oxygen oxidoreductases) have generated significant biotechnological interest since they
require molecular oxygen as the final electron acceptor and release only water as a by-product [12].
Due to their broad specificity laccases are being used in different industrial fields for very diverse
purposes, from food additives and beverage processing to biomedical diagnosis, pulp delignification,
wood fiber modification, chemical or medicinal synthesis, or in the production of biofuels [13]. They
show great promise as ‘green’ synthesis and polymerization mediators [14–16] and catalysts for
Bisphenol A removal [17]. Also, laccases have great potential to biotechnological applications of
industrial effluent treatment including textile dye decolorization and degradation [18,19]. Enzymes
from the laccase group have also been studied intensely in nanobiotechnology for the development of
implantable biosensors and biofuel cells, as well as wastewater and soil remediation [20].

Synthetic polyamides are among the known supports for laccase immobilization since they
are cheap and can be easily produced in different forms. Thus, Fatarella et al. [21] explored the

86



Catalysts 2020, 10, 767

preparation of polyamide 6 (PA6) film or electrospun nanofiber carriers for covalently bonded laccase
from Trametes versicolor, reaching enzyme loadings of ca. 60% and 71%, respectively. As reported,
the resultant PA6/laccase conjugates are useful in industrial biocatalyst applications. Furthermore,
a nanofibrous membrane for 3,3′-dimethoxybenzidine detoxification was developed by Jasni et al. [22]
on the basis of PA66/laccase/Fe3+ conjugate produced by covalent bonding of the enzyme to the support
by glutaraldehyde crosslinking. The immobilized enzyme displayed enhanced storage stability and
a good potential for emerging pollutant detoxification. In a study of Silva et al. [23], laccase from
Trametes hirsuta was covalently immobilized on woven PA66 supports employing glutaraldehyde and a
1,6-hexanediamine spacer. The PA66-laccase conjugate obtained under optimized conditions displayed
higher half-life time than the free enzyme and potential for application in membrane reactors for
continuous decolorization of effluents.

To the best of our knowledge, at this point of time, no attempt has been reported on laccase
immobilization by polyamide particulate supports. Very recently, Dencheva et al. [24] synthesized
neat and magnetic responsive PA4 [(poly-2-pyrrolidone), PPD] microparticles in good yields, with
controlled size, shape, and porosity using activated anionic ring-opening polymerization (AAROP)
of 2-pyrrolidone (2PD) carried out at 40 ◦C. This low-temperature and solventless process produces
magnetic PA4 microparticles with controllable size, shape, and structure. There are certain advantageous
factors in this technique that can open promising routes towards novel recyclable and efficient
biocatalysts: PA4 is biodegradable in various environments [25,26], its monomer 2-pyrrolidone can be
produced by sustainable biosynthesis [27], and the polyamide support is synthesized directly in the
form of porous microparticles without the need of any additional treatment. Furthermore, the chemical
structure of PA4 with its dense amide linkages and final functional groups resembles that of the
proteins, thus enhancing the H-bonding between the support and the immobilized enzyme. Evidently,
the neat and magnetic responsive PA4 microparticles combine most of the requirements for effective
supports of biomolecules. Moreover, they have already been found to be good supports for model
proteins [24] or to be used in molecular imprinting [28].

The present work investigates the potential of neat and magnetic-responsive PA4 microparticles
obtained by low-temperature AAROP to serve as supports for immobilization of laccase. Two
immobilization strategies were employed: (i) physical adsorption of laccase upon preformed PA4
microparticles and (ii) in situ encapsulation (entrapment) of laccase during the AAROP of PA4
synthesis. The morphology and the crystalline structure of the PA4-laccase conjugates obtained by
these two methods were analyzed by microscopy, spectral and X-ray scattering techniques, and the
respective enzyme activities toward 2,2’-azino-bis (3-ethylbenzothiazoline-6-sulphonic acid (ABTS)
were compared. The biocatalytic capability of the synthesized PA4-laccase conjugates, as well as their
reusability, were tested in two reactions of environmental interest related to the treatment of effluents
from the textile industry. The activity of the immobilized laccase was tested in decolorization reactions
of two dyes, widely used as textile coloring agents (malachite green and bromophenol blue).

2. Results and Discussion

Three microparticulate PA4 supports, without and with magnetic susceptibility, designated as PA4,
PA4-Fe, and PA4-Fe3O4, were synthesized by low-temperature AAROP. They are in the form of fine
powders with white, grey or brownish color, respectively. The scheme for the AAROP representing the
chemical structure of all substances involved is presented in Figure S1 of the Supporting Information.
When the polymerization is carried out in the presence of magnetic micro/nanoparticles, the PA4 MP
become susceptible to external magnetic fields [24].

The 2PD monomer is a cyclic analog of the amino acids and the chemical composition of PA4 is
comparable to that of proteins and enzymes. This will expectedly enable intense H-bond formation
between the laccase and the PA4 supports: neat PA4, PA4-Fe, and PA4-Fe3O4. The fact that AAROP was
possible at 40 ◦C allowed the entrapment of active laccase into the shell of the forming PA4 MP during
the polymerization, resulting in three PA4@eL samples. Separately, the enzyme was immobilized
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by physical adsorption on prefabricated PA4 supports, thus preparing the three PA4@iL samples.
This work presents a comparative discussion on the morphology, structure, and the catalytic activity
of the three conjugates immobilized by adsorption PA4@iL and the three conjugates immobilized by
entrapment PA4@eL.

2.1. Synthesis and Morphology of Empty PA4, PA4-Fe, and PA4-Fe3O4 Microparticles

Some basic characteristics of the synthesized neat and magnetic PA4 microparticles (MP) are
listed in Table 1. The yields of polymer were in the 59–63 wt % range meaning that the presence of
iron micro- and iron (II, III) oxide nanosized particles in the reaction mixture did not affect the activity
of DL/C20 catalytic system and the kinetics of the AAROP reaction. Intrinsic viscosity (η) (see the
Supporting Information) of 0.926 dL/g was found for the neat PA4 MP, which is similar to the values of
PA4 microspheres obtained by a different method involving AAROP of 2PD [29].

Table 1. Designation and some characteristics of the PA4 MP empty supports.

Sample
PA4 Yield,

% (a)
% of

Oligo-mers

Real Fe
Content RL,

% (b)

η,
dL·g−1

dmax,
μm

dmax/dmin

PA4 59.4 4.4 - 0.926 8-15 1.1–1.2

PA4-Fe 61.2 6.9 1.7 - 10-20 1.2–1.3
3.6–4.1

PA4-Fe3O4 62.7 4.7 1.2 - 10-15 1.2–1.3
3.4–4.0

(a) In relation to the 2PD monomer; (b) Determined by thermogravimetric analysis (TGA) according to Equation (2)
(see Materials and Methods—Section 3.2).

The average maximum size of the particles dmax in all PA4 empty supports based on optical
microscopy with image-processing was found to be between 8–20 μm (Table 1, Figure S2 of the
Supporting Information). The dmax, of PA4 MP without magnetic load is the smallest, ranging between
8 and 15 μm. Similar values of 10–15 μm are registered for the support with nanosized Fe3O4 loads,
while in the presence of Fe the upper limit of dmax grows above 20 μm. The Fe- and Fe3O4 containing
PA4 microparticles become less spherical, as seen from the roundness parameter dmax/dmin (Table 1,
Figure S2). This means that the PA4-Fe MP would contain in their core up to 4–5 iron microparticles
whose proper size is 3–5 μm, while the PA4-Fe3O4 core would expectedly contain iron oxide particles
in the nanometer length scale [24,28]. The dmax/dmin in the range of 3–4 found in both magnetic empty
supports are attributable to self-assembly of magnetized Fe and Fe3O4 to higher aspect ratio aggregates
with their subsequent coating with PA4 during the AAROP.

All PA4 supports have porous structure as demonstrated by BET analysis (Table S1 of the
Supporting Information). The neat PA4 microparticles showed the largest specific surface area, SBET
= 2.766 m2/g with a total pore volume Vtotal = 0.012 cm3/g, followed by PA4-Fe3O4 (2.542 m2/g;
0.008 cm3/g) and PA4-Fe (2.052 m2/g; 0.004 cm3/g) samples. The largest average pore size σave = 85 Å
was found for the PA4 MP, the values of PA4-Fe3O4 and PA4-Fe being 42 and 32 Å, respectively. These
changes in σave, Vtotal, and SBET should be attributed to the presence of dense magnetic loads in the
microparticles core of the last two samples.

More details on the morphology of the empty supports′ particles can be obtained by SEM
(Figure 1).
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Figure 1. SEM images of empty PA4 particulate supports: (a–c) PA4; (d–f) PA4-Fe; (g–i) PA4-Fe3O4.

The micrographs of the neat PA4 support (Figure 1a–c) display spheroidal particles with sizes
of the individual entity between 5–8 μm, the latter forming also aggregates with average sizes close
to 20 μm. At larger magnifications, the PA4 particles display porous, scaffold-like topology with
visible pore diameters in the range of 100–150 nm. The use of Fe and Fe3O4 particles (Figure 1d,e,g–i,
respectively), seem to decrease the number of surface pores changing their distribution but with no
significant change of the pore size. Moreover, as seen from some selected EDX traces in Figure 1f,i,
the FeKα and FeKβ peaks only appear if the electron beam is directed into the pores (location Z1),
rather than if it hits a non-porous spot of the particles surface (location Z2). This means that most
of the magnetic particulate fillers (especially the much larger Fe particles) are embedded in the core
of the respective MP, thus confirming the supposed precipitation–crystallization mechanism of the
polyamide MP formation [24].

2.2. Immobilization of Laccase on PA4 MP Supports

2.2.1. Immobilization by Physical Adsorption

As previously mentioned, owing to the analogous chemical structure of PA4 and the
peptide-containing biomolecules, a high capacity toward H-bonding formation is expected between
the laccase and the PA4 supports during immobilization by adsorption. Since the laccase isoelectric
point is in the range of 3–4, if the adsorption is carried out at pH > 4 the enzyme will be negatively
charged. From the Z-potential measurements (see the Supporting Information, Table S2) it can be
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seen that under such conditions the three PA4 supports will also be negatively charged with values
of –35 eV at pH 7 and between −10 ÷ −12 eV at pH 5. Nevertheless, preliminary adsorption tests
confirmed that larger amounts of laccase are adsorbed in DDW at neutral pH than in PB, pH 5. This
means that the immobilization by adsorption is not upset by possible electrostatic repulsion between
the enzyme and the support, therefore all adsorption experiments were performed at pH 7.

Table 2 shows that, as expected, the particles of the three PA4@iL laccase-adsorbed samples do not
change their average size and roundness. Judging from the SEM images in Figure 2, the topography
of all particulate PA4@iL conjugates is noticeably smoother as compared to the starting PA4 support
particles, which is better expressed in the case of the PA4-iL sample (Figure 2c).

Table 2. Designation and some characteristics of the PA4 supports with adsorbed laccase
(PA4@iL samples).

Sample Real Fe Content, RL, % (a) dmax,
μm

dmax/dmin

PA4-iL - 8–15 1.1–1.2

PA4-Fe-iL 1.4 12–20 1.2–1.3
3.6–4.1

PA4-Fe3O4 -iL 1.3 10–15 1.2–1.3
3.4–4.0

(a) Determined by TGA, according to Equation (2) (see Materials and Methods—Section 3.2).

Figure 2. SEM images of laccase-adsorbed PA4@iL: (a–c) PA4@iL; (d–f) PA4-Fe@iL; (g–i) PA4-Fe3O4@iL.
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The next step in the PA4@iL preparation was to quantify the amount of the adsorbed enzyme.
Using the common method for determination of immobilized laccase, after adsorption completion,
the residual supernatants were subjected to activity test toward ABTS. All three samples showed no
activity, leading to the conclusion that there is no residual laccase in the supernatant, therefore almost
100% of the enzyme was adsorbed upon the PA4 supports (Table 3). This was a superior immobilization
efficiency as compared to previous studies disclosing laccase immobilization by covalent bonding on
PA6 [21] or carbon nanotube supports [30] with immobilization effectiveness (IE) values of 59–71% or
60–90%, respectively. However, the lack of activity of the residual supernatant means that it is free of
active laccase but could contain some amounts of inactive enzyme. Therefore, a second method to
verify the laccase content in the supernatant was used.

Table 3. Enzyme quantification in the PA4@iL samples.

Sample

Residual
Laccase
Activity,

μkat·mL−1 (a)

Immobilized
Laccase,

mg·mL−1 (b)

Immobilized
Laccase,

mg·mL−1 (c)

Laccase on
Support, mg

Laccase,
mg·g−1

Support

Immobilization
Efficiency, IE, % (d)

PA4-iL 0.0002 1.999 1.265 6.32 31.62 63.3
PA4-Fe-iL 0.0009 1.999 1.612 8.06 40.29 80.6

PA4-Fe3O4-iL 0.0002 1.999 1.072 5.36 26.81 53.6
(a) Activity of the residual laccase in the supernatant after immobilization; (b) Immobilized laccase calculated by
standard curve based on the activation test toward ABTS; (c) Determined by UV analysis of the supernatant after
immobilization using a standard curve based on the absorbance at λ = 286 nm; (d) Immobilization effectiveness (IE)
is the ratio between the amounts of immobilized laccase and starting laccase used in the adsorption process (see
Equation (3), Materials and Methods—Section 3.3.2).

An alternative method for laccase quantification can be based on its UV absorbance in the
280–290 nm range [31,32] due to the presence of aromatic amino acid residues: tryptophan, tyrosine, or
phenylalanine. Thus, all supernatants were studied for residual laccase by UV spectroscopy measuring
the intensity of the band appearing at 286 nm. As indicated in Table 3, 19–46% of residual laccase
was found in the supernatants, which showed no activity in the previous test with ABTS. A possible
reason for this behavior is that during the multiple adsorption/desorption processes in the PA4@iL
sample preparation, a structural change occurs leading to lowering of the redox potential of the
desorbed laccase, this effect depends on the PA4 support composition. Based on UV spectroscopy data,
the maximum amount of laccase (40.3 mg/g or 81% from the enzyme amount) was adsorbed on the
PA4-Fe MP support, whereas the PA4-Fe3O4 MP displayed the lowest IE of 54%. These IE values were
considered more reliable and were therefore used in all further calculations.

Employing the approach of Qui et al. [33], the data in Table 3 can provide information about the
mechanism of laccase adsorption on the PA4 supports of this study. Thus, since the size of laccase
macromolecule is found to be 6.5 × 5.5 × 4.5 nm [34], its largest footprint on a surface will be ca.
35.8 nm2. The surface areas of the three PA4@MP samples determined by BET (Table S1) were in the
range of 2.05–2.78 m2/g. Assuming that laccase molecules arrange in ideal monolayers when adsorbing
and that the laccase molecular weight is ca. 85,000 Da, then 1.0 g of PA4 support should theoretically
adsorb 8–11 mg enzyme. According to Table 3, however, the real values vary in the 27–40 mg range,
i.e., about 3–4 times larger. Evidently, the laccase adsorption occurs in multilayers, implying lateral
intra- and interlayer interactions between adsorption sites. This finding is in good agreement with
our previous work on protein adsorption upon similar PA4 microparticles [28] proving that without
special treatment of the PA4 support the adsorption data are consistent with the Freundlich isotherm,
thus proving the multilayer adsorption model.

2.2.2. Immobilization by Entrapment

Entrapment is defined as physical retention of enzymes in a porous solid matrix [35]. In our
case, the laccase entrapment occurs during AAROP. The enzyme is first suspended in the monomer
solution, and a subsequent polymerization process keeps the biomolecule trapped, preventing direct
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contact with the environment. To obtain laccase-entrapped PA4 MP with or without magnetic particles,
the same low temperature AAROP was used as for the preparation of the empty PA4 supports, however
carried out in the presence of the enzyme. The final 2PD conversion to PA4 was in the 45–58 wt % range
(Table 4), i.e., in average 5–10% lower than of the empty PA4 supports (Table 1). This is explained with
the more rigorous washing/purification procedure to eliminate not entrapped enzyme and oligomers
with lower conversion to PA4. It can therefore be concluded that the presence of laccase in the AAROP
reaction mixture did not significantly upset the catalytic system permitting to use the same protocol
for synthesis and purification as for the empty PA4 particulate supports. However, Table 4 indicates
larger average particle sizes of 15–25 μm and lesser roundness values of 1.2–1.3 in the PA4@eL samples
than in the respective empty and laccase-adsorbed supports (Table 2).

Table 4. Designation and some characteristics of PA4 supports with entrapped laccase (PA4@eL).

Sample
PA4-eL Yield,

% (a)
Real Fe Content,

RL, % (a)
dmax,
μm

dmax/dmin

PA4-eL 45.3 - 15–20 1.1–1.2
PA4-Fe-eL 48.4 1.7 15–25 1.2–1.3

PA4-Fe3O4 -eL 57.6 1.9 15–25 1.2–1.3
(a) In relation to the 2PD monomer; (b) Determined by TGA, according to Equation (2) (see Materials and
Methods—Section 3.2).

The possibility to carry out AAROP to PA4 in the presence of laccase at 40 ◦C had two major
advantages. First, no denaturation or other disruption of the enzyme′s secondary or tertiary structure
caused by temperature will occur during the polymerization process. Second, in AAROP of all
lactams, the chain propagation is accompanied by PA4 crystallization that affixes the topology of
the enzyme-loaded microparticles and results in their precipitation from the reaction medium, thus
facilitating the entrapment.

As seen from Table 5 showing the laccase quantification in the PA4@eL series, the total amount
of entrapped laccase was 45–58 mg, corresponding to 13–18 mg enzyme per gram of MP. These
concentrations are up to 2.5 times lower than in the case of immobilization by adsorption (Table 3).
As to the entrapment factor EF, it is dependent on the 2PD conversion to PA4. Thus, the highest degree
of 2PD conversion of ca. 70% was achieved with the PA4-Fe3O4@eL sample, which accounted for the
minimum amount of entrapped enzyme per gram support in this case.

Table 5. Enzyme quantification in PA4@eL samples.

Sample
Laccase in
AAROP

Mixture, mg

Yield of PA4
MP, % (a)

Laccase on
Support, mg (b)

Laccase
mg·g−1

Support

Entrapment
Efficiency, EE,

% (c)

PA4-eL 85.10 45.29 50.91 17.86 59.8
PA4-Fe-eL 85.10 48.30 52.00 16.72 61.1

PA4-Fe3O4-eL 85.10 57.58 59.25 13.47 69.6
(a) Based on the sample weight after removal of excessive laccase and oligomer extraction; (b) Calculated by UV–VIS
detection of the laccase in the combined DDW supernatants of the threefold wash. For more details, see the
Experimental part; (c) EE is the ratio between the quantity of the entrapped and the starting laccase used in the
syntheses (see Equation (4), Materials and Methods—Section 3.3.3).

Table 4 indicates larger average particle sizes of 15–25 μm and lesser roundness values of 1.2–1.3
in the PA4@eL samples than in the respective empty and laccase-adsorbed supports. Figure 3 displays
selected SEM images at different magnifications of the three PA4 supports carrying entrapped enzyme.
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Figure 3. SEM images of laccase-entrapped PA4@eL: (a–c) PA4@eL; (d–f) PA4-Fe@eL; (g–i)
PA4-Fe3O4@eL.

Unlike the three empty PA4 supports or the magnetic-loaded laccase conjugates PA4@iL,
the particles′ shapes in PA4@eL samples are far from being spherical or elliptical. Most probably, this
is due to the fact that upon its dispersion in the 2PD monomer the lyophilized enzyme produced
aggregates that were subsequently covered by PA4. The growing PA4 molecules wind up upon these
aggregates and, after reaching a critical molecular weight, crystallize upon them interacting by H-bonds
with the enzyme. As a result, the specific topography of the PA4@eL conjugates is produced with
visible average pore diameters up to 300–350 nm, being almost twice as large as in the other samples
and with quite distinct shape.

2.3. Structure Characterization of PA4 Empty Supports and Laccase Conjugates

The PA4 porous microparticles obtained by AAROP are used for the first time as enzyme supports.
The laccase-entrapped PA4@eL samples are also synthesized for the first time. Therefore, some initial
structural characterization of all samples of this study was necessary in order to be able to explain their
catalytic activity and decide about their potential as enzyme supports.

2.3.1. FTIR Spectroscopy

A FT-IR spectra comparison between the empty PA4 microparticles and the laccase-adsorbed and
entrapped samples are presented in Figure 4. In all samples, the bands at 3300 cm−1 were assigned to
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the valence stretching vibrations of hydrogen atoms in secondary NH groups. The shoulder with a
maximum at 3450 cm−1 was attributed to stretching vibrations in primary amines corresponding to
terminal amine groups. Also, the spectra show well defined peaks for Amide I at 1631.5 cm−1 and
Amide II at 1535.0 cm−1 with almost identical intensities. This is a clear indication for fixation of
the trans-conformation of the NH–CO group, being typical for high molecular weight polyamides
and proteins.

Figure 4. FTIR spectra with ATR of: 1—empty PA4 support; 2—PA4@iL; 3—PA4@eL; 4—native laccase.

The IR spectra in Figure 4 indicate undoubtedly that even at polymerization temperatures
as low as 40 ◦C AAROP of 2DP led to high molecular weight polyamide in all samples studied.
This was important to confirm for the PA4@eL and PA4@iL samples, in which the determination of
(η) by viscosimetry is technically impossible. All curves display also a weak peak at 1710–1712 cm−1

attributable to terminal carboxyl groups. In the neat PA4 sample (curve 1) this narrow and well-resolved
band belongs to the –COOH terminus of the polyamide macromolecule. In the enzyme-adsorbed
and entrapped samples (curves 2 and 3) a broader composite peak appears due to superposition of
the –COOH signal of PA4 with such belonging to laccase carboxyl groups. Curve 4 indicates that a
weak and broad band centered at 1641.0 cm−1 really exists in the free laccase spectrum. However,
FT-IR cannot provide more detailed quantitative or qualitative information about the entrapped or
adsorbed laccase.

2.3.2. DSC and TGA

A typical shortcoming of PA4 is the intense degradation that precedes or accompanies the melting
occurring normally in the broad range of 230–260 ◦C [24,36]. As shown previously, the presence of a
model protein adsorbed onto PA4 microparticles can significantly increase the thermal resistance of the
latter [28]. The TGA traces of all samples in this work displayed in Figure 5 confirm that the presence
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of laccase in the PA4@iL series can also considerably improve the thermal stability of the supports.
Thus, the temperature of initial degradation Tin

d of PA4-iL is 255 ◦C, which is 38 ◦C higher than of the
respective PA4 empty support particles. For the PA4-Fe-iL/PA4-Fe and PA4-Fe3O4-iL/PA4-Fe3O4 pairs
ΔTin

d = 20 and 26 ◦C, respectively. Similar behavior was observed in PA4 obtained by AAROP of 2PD
with subsequent conversion of the terminal –COOH into –NH2 groups [37], which in our case may
have occurred during the heating scan in the TGA.

Figure 5. TGA curves at 10 deg/min of empty PA4 supports, laccase adsorbed (PA4@iL) conjugates,
and laccase-entrapped (PA4@eL) conjugates.

It should be noted that the presence of magnetic particles alone in PA4 MP increases the Tin
d with

15–20 ◦C in comparison with the neat PA4 MP, most probably due to heat dissipation phenomena.
At the same time, the ΔTin

d for the entrapped PA4-eL/PA4 pair is only 12 ◦C. It can be hypothesized that
in the case of the laccase-entrapped PA4@eL samples the said conversion of PA4 terminal groups is
difficult or impossible. The TGA study permitted also to determine the carbonized residue at 600 ◦C of
each sample of this study and to calculate on this basis the real content of Fe or Fe3O4 by means of
Equation (2) (see Materials and Methods—Section 3.2).

The DSC curves of all samples presented in Figure 6 and the consolidated data extracted from
them (Table S3 in the Supporting Information) display a trend of increasing the melting temperature Tm

of PA4 in the presence of enzyme. After immobilization by adsorption in the PA4@iL series, the Tm of
the three resulting conjugates goes over 260 ◦C irrespective of the support type. This is definitely higher
than the Tm of the three empty supports, being in the range of 235–247 ◦C. As for the laccase-entrapped
samples, the two of them i.e., PA4-eL and PA4-Fe-eL melt at slightly higher or similar Tm, whereas the
PA4-Fe3O4-eL sample is the only one with a Tm with 11 ◦C lower than the respective empty support.
The fact that both TGA and DSC display similar degradation behavior and melting temperatures for
the empty supports and the laccase-entrapped samples means that the molecular weight of PA4 in
these two sets should be similar and relatively high.
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Figure 6. DSC (first scan, heating 10 deg/min) of empty PA4 supports, laccase adsorbed (PA4@iL) and
laccase-entrapped (PA4@eL) conjugates.

2.3.3. Synchrotron WAXS

The activity of laccase physically adsorbed onto or entrapped into PA4 MP and the efficiency of the
immobilization process in each case will directly depend on the nature and strength of the interactions
at the enzyme/PA4 support interface. The postulated intense H-bond formation between the laccase
and its structural analogue PA4 should have some influence on the enzyme configuration, or the
crystalline structure of the polymeric support that can be probed by X-ray scattering techniques. It is
important to know also whether or not the interior pores and channels of the PA4 microparticles that
are impossible to access for direct SEM observation are filled with enzyme. In an attempt to evaluate
these factors in the empty PA4 supports and in the respective adsorbed or entrapped PA4-laccase
conjugates, synchrotron WAXS and SAXS were employed. Moreover, no structure studies about the
PA4 crystalline structure by synchrotron X-ray were reported up to now.

Figure 7 shows a comparison between the linear WAXS patterns of samples representing the three
empty supports, as well as the three PA4@iL immobilized and the three PA4@eL entrapped samples.
All WAXS patterns display two strong reflections at q ≈ 14.5 nm−1 and 17.0 nm−1 that, according to
Bellinger et al. [38], should be ascribed to the monoclinic unit cell of the α-PA4 with dα[200] = 4.33 Å
and dα[020] = 3.69 Å. Moreover, in accordance with the same study, it should be postulated that the
PA4 chains are parallel to the lamellar normal and that an amide group is incorporated in the fold.
Such incorporation does not take place in PA6 or PA66, however it is very typical for the β-bends
in proteins [39]. Consequently, PA4 is really a closer structural analogue to all protein-containing
biomolecules than other polyamides.
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Figure 7. Background corrected linear WAXS patters of: (a) neat PA4 supports; (b) PA4@iL; (c) PA4@eL
conjugates. 1—PA4; 2—PA4-Fe: 3—PA4 Fe3O4 supports. The curves are shifted along the vertical axis
for better visibility.

The visual inspection of the WAXS patterns of the three PA4 supports in Figure 7a suggest that the
presence of Fe or Fe3O4 fillers does not seem to change the PA4 crystalline structure leaving the angular
position and the intensities of the two α-PA4 reflections unaffected. Figure 7a displays also the pattern
of a free laccase producing a wide diffuse scattering peak (halo) typical of amorphous materials and
centered at q f ree

a = 13 nm−1, i.e., the free laccase is amorphous at the length scale of various angstroms
that is probed by WAXS.

The patterns of PA4@iL samples (Figure 7b) represent a superposition of the laccase and PA4
support scatterings. The two α-PA4 reflections apparently maintain their form and position, but
the amorphous laccase halo appears centered at qads

a ≈ 20 nm−1. It is attributable to the adsorbed
bulk laccase deposited on the surface and within the pores of the PA4 particulate support. The shift
Δq ≈ 7 nm−1 is significant and can be explained as follows. Since the amorphous halo in WAXS is
related to intermolecular interactions [40], its position must be dependent on the degree of packing of
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the molecules (i.e., the density) of the respective amorphous phase. As pointed out by Alexander [41],
the dependence of the amorphous halo angular position qa on the intermolecular distance ra is given as

ra ∼ λ2qa
, nm (1)

which is the reciprocal dependence typical of all diffraction phenomena. Thus, the larger the scattering
vector qa, value is, the smaller the intermolecular distance and consequently the higher the density of
this phase will be. This means that the adsorbed enzyme in the PA4@iL samples has a denser packing
as compared to the free one, confirming the supposition for intensive interaction between the laccase
and PA4 via multiple H-bonds.

The patterns of the entrapped PA4@eL samples (Figure 7c) do not show any difference in
comparison to the empty PA4 supports in Figure 7a. This observation leads to two conclusions: (i) the
enzyme arrested in the PA4 particles during AAROP cannot form a separate amorphous reflection
and (ii) the entrapped enzyme does not upset the crystallization of the α-PA4 polymorph. It can be
therefore hypothesized that, in the PA4@eL series, the enzyme macromolecules are distributed within
the amorphous phase of the semi-crystalline PA4 support quite homogeneously with no significant
interaction between one another.

Further information about the crystalline structure of the samples can be extracted after
deconvolution of the WAXS patterns in Figure 8 by peak fitting. This procedure and the subsequent
quantification of the α- and β-PA4 crystalline phases is made according to earlier publications, resolving
the crystalline parameters and polymorph structure of PA4 [38] and PA6 [42]. All structural information
from the fitted WAXS patterns is presented in Table 6.

 
Figure 8. Examples for WAXS pattern deconvolution by peak fitting: (a) PA4 support; (b) PA4-iL;
(c) PA4-eL.
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Table 6. WAXS analysis of empty PA4 supports and PA4-laccase conjugates.

Sample
α,
%

β,
%

XWAXS
c % α/β

Δqa,
nm−1

dα(200)

Å
dα(020)

Å

dβ(002)

Å

dβ(200)

Å

PA4 22.85 32.56 55.41 0.70 - 4.33 3.70 4.30 3.72
PA4-Fe 21.44 30.26 51.70 0.71 - 4.33 3.70 4.24 3.72

PA4-Fe3O4 23.71 28.12 51.83 0.84 - 4.33 3.70 4.27 3.73

PA4-iL
17.14 19.13 36.27 0.90

6.84 4.35 3.72 4.36 3.6927.39 30.58 57.97 0.90

PA4-Fe-iL
18.43 20.96 39.39 0.88

7.21 4.36 3.73 4.34 3.7121.84 24.84 46.68 0.88

PA4-Fe3O4-iL
17.09 20.80 37.90 0.82

6.50 4.34 3.72 4.35 3.6920.77 25.28 46.06 0.82
PA4-eL 21.92 28.43 50.35 0.77 - 4.34 3.69 4.30 3.69

PA4-Fe-eL 21.54 26.62 48.16 0.81 - 4.36 3.69 4.15 3.71
PA4-Fe3O4-eL 21.91 30.60 45.25 0.72 - 4.36 3.68 4.30 3.70

Notes: For the d-spacings indexation presented the chain axis coincides with the b-axis [38]. The bolded values for
the PA4@iL samples are determined excluding the adsorbed laccase amorphous reflection; Δqa = qads

a − q f ree
a ; XWAXS

c
=WAXS crystallinity index. For more information, see the text.

All example deconvolutions in Figure 8 show that excellent fits with regression coefficients
R2 ≥ 0.99 were only possible if along with the two peaks of α−PA4 and the two amorphous halos
AH1 and AH2 two more crystalline peaks were considered that should be assigned to an additional
monoclinic phase designated by β-PA4. It was first described in the early work of Frederiks et al. [43]
and later on shown to co-exist with α-PA4 [24].

Table 6 shows that the values of the long spacings of these two PA4 phases almost coincide.
Thus, the reflections related to dβ(002) and dβ(200) are quite away from each other, which is typical
of a monoclinic unit cell, contrary to the two γ-PA6 peaks that are often described as belonging to a
pseudo-hexagonal unit cell [42,44].

Table 6 displays the structural data of all studied samples.
The α/β ratio in the empty PA4 supports and in the laccase-entrapped samples PA4@eL (Table 6)

seems to be relatively constant varying between 0.70–0.85. The α/β ratio rises to ca. 0.90 upon physical
adsorption of laccase in the PA4@iL samples, meaning that the PA4-enzyme interaction via hydrogen
bonds may cause some slight β−α transition.

According to Table 6, the WAXS crystallinity indices XWAXS
c of the empty PA4 supports vary in

the narrow range of 52–55%, i.e., values relatively high for polyamides. Entrapping laccase by in situ
AAROP drops the crystallinity with about 5%, being within the margin of the experimental error of the
deconvolution method. More fluctuations in XWAXS

c appear in the laccase-adsorbed samples. We are
inclined to explain this with an increased error in the deconvolution due to interactions between the
laccase halo AHlaccase and AH2 diffuse peak related to the PA4 own amorphous fraction, rather than to
alteration of the crystallinity index.

As regards the Δqa values displayed in Table 6 for all samples with laccase adsorption, it should
be noted that this difference is larger with the PA4-Fe-iL, followed by the PA4-iL and the PA4-Fe3O4-iL
samples. In accordance with Equation (1), in this sequence the density of the adsorbed bulk laccase is
expected to decrease as a function of the polymer support composition.

2.3.4. Synchrotron SAXS

The use of synchrotron SAXS allows further clarification of the structure of the PA4 MP before and
after laccase immobilization or entrapment. This method probes density periodicities with dimensions
in the 20–250 angstroms range, which includes the sizes of the crystalline lamellae typically found in
semi-crystalline polymers.

Figure 9 presents the background-subtracted and Lorentz-corrected SAXS linear profiles of the
three empty PA4 supports (neat PA4 MP and such containing Fe or Fe3O4 fillers) and the respective
laccase adsorbed (PA4@iL) and entrapped (PA4@eL) samples. To enable comparison, Figure 9b also
contains the SAXS curve of the free laccase.
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Figure 9. Linear SAXS patterns of: (a) empty PA4 supports; (b) PA4@iL and (c) PA4@eL samples. 1—PA4;
2—PA4-FE; 3—PA4-Fe3O4 supports. The laccase pattern is presented in Figure 9b for comparison.

It can be seen that the three empty PA4 supports (Figure 9a) show relatively well resolved Bragg
peaks, indicating lamellar stack morphology. The neat PA4 displays a long spacing value LB = 62 Å,
i.e., close to the 63–66 Å established previously in PA4 bulk samples [38]. The presence of Fe or

100



Catalysts 2020, 10, 767

Fe3O4 slightly reduces LB to 57 Å. Having in mind that the total WAXS crystallinity index of the
three empty supports is above 50% (Table 6), it should be concluded that it is the crystalline phase
which is predominant in the lamellae. All the three PA4 empty supports display well-expressed and
narrow SAXS peaks at qmax ≈ 3.75 nm−1 corresponding to LB = 1.5–1.7 nm that should be related to
nanoporosity in the PA4 microparticles not observable directly by SEM but undoubtedly established
by BET (Table S1). It is important to note that, as expected, this nanoporosity-related SAXS peak
disappears if the empty support particles undergo melting and recrystallization (Figure S3 of the
Supporting Information, the curves at 270 ◦C and at 30 ◦C after heating up to 270 ◦C).

As seen from Figure 9b, the free laccase does not show any periodicity in the SAXS q-range, which
agrees with the WAXS results. Nevertheless, the laccase-adsorbed PA4@iL samples display very well
resolved SAXS peaks with LB = 67–70 Å, suggesting a much better phase contrast between the densities
of the amorphous and crystalline regions, as compared to the respective neat PA4 supports (Figure 9a).

It should be noted that no significant changes in the crystalline structure of the PA4 supports could
possibly occur during the physical adsorption of laccase. Therefore, the SAXS curves in Figure 9b allow
the conclusion that after laccase immobilization most of the pores and channels of the empty supports
get filled with enzyme whose density should be comparable to that of the amorphous PA4. This creates
a clearer density gradient between the amorphous and crystalline fractions of the lamellar periodicity
resulting in better resolved SAXS peaks of the PA4@iL samples. Notably, the narrow SAXS peaks at
high q-values of the empty supports disappear completely after laccase adsorption, confirming its
relation to the PA4 nanoporosity.

Considering the SAXS patterns in Figure 9c with their clear peaks with LB = 65–67Å leads to the
conclusion that a lamellar stack system similar to that of the empty PA4 supports is built after AAROP
of 2PD in the presence of laccase that produces the PA4@eL samples. Let us note that the SAXS peaks
with qma ≈ 3.75 nm−1 remain present in all samples with enzyme entrapment, being the most intense in
the PA4-Fe-eL sample. This finding can be logically explained if the enzyme is arrested within the
amorphous phase of the PA4 support, leaving its nanoporosity unobstructed. At the same time, in the
laccase adsorbed samples, all enzyme seems to be located within the cavities of the particulate support,
completely obstructing its nanoporosity. This is an important structural conclusion that will be used in
the explanation of the enzyme activities of the two types PA4-laccase conjugates.

2.4. Specific Activity of Laccase Immobilized by Adsorption and Entrapment

The catalytic activity of all PA4-laccase conjugates was studied using ABTS as a substrate and
calculating its rate of oxidation in each case. As shown in preliminary studies, the free laccase displays
highest activity at pH 5, so this condition was assumed for all activity tests (0.0125 M PB, 25 ◦C).
Table 7 contains data on the total, specific, and relative activities of each PA4@iL and PA4@eL samples,
taking the free laccase activity as 100%. As expected, the laccases immobilized by either adsorption
or entrapment, was less active compared to the free laccase, the reduction of specific activity being
different for the two immobilization strategies. The laccase-adsorbed samples (PA4@iL) were about
1.7–2.6 times less active, whereas the entrapped laccases displayed 2.4–6.2 times lower specific activity,
as compared to the free laccase. Notably, the surface-immobilized laccase samples were from 1.4 to
3 times more active than the corresponding entrapped counterparts.

These results were expected having in mind the SEM and SAXS studies of the PA4@iL samples.
After the adsorption, there is a large amount of ‘exposed’ laccase covering the surface of the PA4@iL
and entering into their pores/cavities located near the surface. As seen directly from SEM and indirectly
from the SAXS data, the topography of the entrapped samples (PA4@eL) is completely different.
During the AAROP the laccase macromolecules are covered by a PA4 shell so there should be much
less (or no) ‘exposed’ laccase in these samples. The porous shell makes more difficult the access of the
ABTS substrate molecules to the active site of the entrapped enzyme. Moreover, the resulting oxidized
cation-radical ABTS+· should return to the aqueous medium where it is quantified by UV–VIS, which
is also hampered by the PA4 MP shell.
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Table 7. Specific activity of laccase immobilized by adsorption or entrapment.

Sample
Laccase Activity,

μkat·mL−1

Laccase Activity,
μkat·mL−1·g−1

Support

Specific Laccase
Activity,

μkat·mL−1·mg−1

Laccase

Relative
Laccase
Activity,

%

Free laccase 0.1472 - 0.1472 100
PA4-iL 0.0508 2.5417 0.0804 54.60

PA4-Fe-iL 0.0714 3.5694 0.0886 60.18
PA4-Fe3O4-iL 0.0303 1.5139 0.0565 38.36

PA4-eL 0.0085 0.4246 0.0238 16.15
PA4-Fe-eL 0.0203 1.0139 0.0606 41.19

PA4-Fe3O4-eL 0.0075 0.3750 0.0278 18.91

Note: The substrate is 0.1 mL ABTS (5 mM in DDW). For more details, see the Materials and Methods, Section 3.3.4.

As seen from Table 7, the conjugate with the highest laccase activity is the PA4-Fe-iL sample,
in which the laccase immobilization effectiveness is the highest (ca. 81%, Table 4). Logically, the
enzyme densification measured by WAXS data (Table 6, Δq values) is the largest in this sample. Among
the entrapped samples, it is also the Fe-containing PA4-Fe-eL that displays the highest activity. These
data suggest some synergism between the laccase activity and the presence of Fe0 in the PA4 support.

2.5. Laccase Retention Studies

Since both of our immobilization strategies count on H-bond formation between the PA4 support
and laccase, leaching of enzyme will be an inevitable feature of PA4@iL and PA4@eL samples, as it is in
all conjugates with no covalent bonding [33]. Figure 10 displays the laccase retention in each conjugate
type as a function of the support composition, in five consecutive application cycles.

Figure 10. Laccase retention as a function of the immobilization strategy and cycles of application.
Conditions: 50 mg of the respective PA4@iL or PA4@eL sample were dispersed in 5 mL PB, pH 0.0125M,
pH 5, and shaken at 37 ◦C for 15 min. For more details, see the Experimental Part Section 3.3.4.

The amount of laccase leached was below the detection limit of the spectroscopy method measuring
the absorbance at λ = 286 nm. Therefore, the supernatants after every application cycle were subjected
to activity testing, in which the higher the rate of laccase-catalyzed oxidation of ABTS substrate, the
higher the percentage of leached laccase (Section 2.3.4). The enzyme content in the starting conjugates
(Tables 4 and 5) was considered 100%.

102



Catalysts 2020, 10, 767

Figure 10 shows that the leaching from the PA4@eL samples is quite low and even after the
fifth cycle the enzyme retention is close to 95%, not depending on the PA4 support. This can be
explained with the steric hindrance of the enzyme entrapped deep in the PA4 shell. The laccase
release from the PA4@iL samples is notably higher, whereby the strongest drop is observed during
cycles 1–3. Apparently, the laccase that is closer to the surface leaches first at higher rates, and after
that a stabilization is attained. Moreover, the leaching rate in this series clearly depends on the PA4
support composition. The leaching is the strongest in the PA4-Fe3O4-iL sample ranging from 15%
(cycle 1) to a total 42% (after cycle 5). The other two samples of this series display leaching percentages
of 15–22% after the last cycle. In summary, the entrapment strategy affords better enzyme retention
than immobilization by absorption.

2.6. Decolorization of Dyestuff Employing PA4-Laccase Conjugates

Malachite green (MG) is a cationic (i.e., positively charged) dyestuffwidely used in the pigment
industry and in agriculture. Bromophenol blue (BPB) is negatively charged with major applications
as industrial or laboratory dyestuff and color marker. Both dyes contain polyaromatic hydrocarbon
moieties (Figure S4 of Supporting Information) that have carcinogenic and mutagenic health effects.
MG and BPB are frequently found in effluents from the textile industry and agriculture, so their
neutralization is an important problem. As was proven in a previous report [45], MG and BPB can
be successfully degraded by laccase oxidation. Therefore, the two dyes were selected in this study
as substrates for decolorization with both PA4@iL and PA4@eL samples, produced by two different
immobilization strategies. In both cases, the oxidizing activity of the conjugates was evaluated without
any mediator.

Figure 11 illustrates the decolorization kinetics of MG and BPB by the PA4@iL and PA4@eL
samples. For comparison, the action of the free laccase was also studied at the same conditions.
All PA4-laccase conjugates showed 90–95% effectiveness of the MG decolorization after 15 min only,
irrespective of the immobilization strategy, whereas about 300 min were necessary for the free laccase to
reach similar values (Figure 11a,b). These yields are worth comparing to the data of Bagewadi et al. [46]
who, in a similar experiment, reported 95–100% MG decolorization, but after 960 min using laccase from
Trichoderma harzianum immobilized in a sol–gel matrix and 1-hydroxybenzotriazole (HBT) mediator.

The decolorization of BPB occurred quite differently with a clear dependence on the way of
enzyme incorporation into the PA4 support microparticles. The adsorption-immobilized PA4@iL
samples were less active than the free laccase, showing a lower decolorization effectiveness within
the whole 24 h period that peaked only around 25–50% (Figure 11c,d). At the same time, the two
laccase-entrapped samples PA4-eL and PA4-Fe-eL displayed values of 70–80% in 120 min, the free
laccase value being 45% at this time. A final decolorization of 80–90% was achieved after 24 h against
100% of the free enzyme. The PA4-Fe3O4-eL sample maintains an effectiveness of ca. 50% after 150 min
that almost coincides with that of the free laccase. From this point on, the decolorization rate of the
free enzyme continues to increase linearly, whereas that of the Fe3O4-containing conjugate saturates.
Our results on the BPB decolorization can be favorably compared to the data of Forootanfar et al. [47]
who performed decolorization studies of BPB with free laccase from Trametes versicolor and reached
effectiveness values of 20% after 180 min without mediator and 32% with HBT mediator

Comparing the rates of decolorization of the two dyes by free laccase (Figure 11) suggests that
the MG substrate is more susceptible to oxidative degradation than BPB. This experimental fact can
be related to their different chemical structure. Thus, BPB contains bulky and heavy groups (four Br
atoms and one SO3 group) and its molecular weight is almost twice as high as that of MG, making BPB
more difficult to degrade [46].
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Figure 11. Decolorization of: (a,b)—malachite green (MG) and (c,d)—bromophenol blue (BPB) by
PA4@iL or PA4@eL samples. The decolorization percentage was calculated according to Equation (5)
(see Materials and Methods, Section 3.3.5).

When immobilized enzymes are used, theoretically, the disappearance of the color of the initial
dye solution can be caused both by enzymatic action and by adsorption in the support, whereby the
contribution of the latter could be quite significant and must be taken into account [48]. To assess
the contribution of the physical adsorption in the above decolorization experiments, the empty PA4
supports were incubated in DDW MG and BPB solutions. Further treatment was exactly the same as
indicated in Section 2.4. The results for MG and BPB are presented in Figure 12.

In the case of MG (Figure 12a), a ramp to 95% decolorization effectiveness was achieved within
15 min time with all three empty supports. This effect can only be due to the extremely high adsorption
capacity of the PA4 microparticles (Z-potential of −36 eV at pH7) toward the MG cation. Clearly,
this vigorous adsorption process is much faster than the enzymatic oxidative degradation of MG by
free laccase. In the case of BPB, however (Figure 12b), the PA4 particles of the support adsorb only
2–3% dye (PA4 MP) or ca. 15% (Fe and Fe3O4-containing PA4 MP), these amounts being constant
after 30 min exposure. The lower adsorption of BPB should be attributed to the electrostatic repulsion
between the negatively charged dye molecules and PA4 microparticles. Evidently, the presence of Fe0

or Fe2+,3+ in the PA4 support slightly enhances the BPB removal by physical adsorption.
The results shown in Figure 12 help assess the contribution of the adsorption by the supports in

the experiments in Figure 11. The instant decolorization of the MG substrate by PA4@iL or PA4@eL
conjugates in Figure 11a,b should be explained by strong adsorption in the support particles, which
influences the MG removal more than the oxidative degradation by laccase. In the case of BPB,
the results in Figure 11c,d could be corrected by subtraction of the adsorption-caused dye removal
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thus allowing the evaluation of the sole enzymatic decolorization. The corrected data is presented in
Figure 13.

Figure 12. Decolorization of MG (a) and BPB (b) solutions by empty PA4 MP supports due to
physical adsorption. The decolorization kinetics by free laccase are also given for comparison.
The decolorization percentage was calculated according to Equation (5) (see Materials and Methods,
Section 3.3.5). The structures of MG and BPB are presented in Figure S4 of the Supporting Information.

Figure 13. Resultant decolorization (RD) of BPB solution by: (a) PA4@iL samples and (b) PA4@eL
samples. RD is obtained by subtracting the adsorption-caused decolorization (Figure 13) from the total
decolorization (Figure 12).

The PA4@iL samples display slower decolorization kinetics than the free laccase in the whole 24 h
interval studied. The Fe0 and Fe2+,3+ containing samples of this series display negative values of ΔA in
the beginning of the experiment due to predominant adsorption-caused dye removal. As to the laccase
entrapped samples, the PA4-eL and the PA4-Fe-eL samples show excellent decolorization kinetics, being
faster than that of the free laccase during the first 3 h of the experiment. The maximum decolorization
effectiveness of BPB due only to the enzyme action was between 65–75%. The Fe2+,3+-containing
support displayed a clear negative deviation from this behavior. Since the specific and relative laccase
activities in the PA4-Fe3O4-eL sample are even slightly higher than those of the PA4-eL sample, the
significantly lower decolorization kinetics in the former case cannot be attributed to lesser amount
or lesser starting activity of the enzyme. Most probably, some laccase inactivation occurs by BPB
functional groups during the decolorization process.

On the other hand, as seen from Table 7, the samples with entrapped laccase displayed lower
activity toward the ABTS substrate, as compared to both free and PA4-immobilized laccases. The results
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in Figure 12 can be explained with some deactivation of the free laccase and that in the iL samples,
while the catalytic activity of the eL samples remained constant. It should be noted that all samples
were stored at exactly the same conditions and for the same time duration.

The potential of practical application of the PA4@iL and PA4@eL conjugates will be directly related
to the possibility to remove them rapidly and completely from the reaction mixture and use them
in several consecutive cycles. Figure S5 in the Supporting Information visualizes the removal of the
PA4-Fe-eL sample from its suspension in DDW by means of a constant magnet. Figure 14 displays the
second decolorization cycle of MG and BPB dyes by PA4@iL and PA4@eL conjugates.

Figure 14. Second cycle of decolorization of: (a,b)—malachite green (MG) and (c,d)—bromophenol
blue (BPB) by PA4@iL and PA4@eL samples. The decolorization percentage was calculated according
to Equation (5) (see Materials and Methods, Section 3.3.5).

The comparison of Figures 11 and 14 show that in the case of MG both the PA4@iL and PA4@eL
conjugates lose less than 5% of their decolorization capacity during the second cycle, which means
they can be reused in many additional decolorizing cycles. However, in this case, the contribution of
the enzymatic reaction cannot be evaluated due to the very rapid adsorption process. In regard to
the BPB decolorization, where the contribution of the adsorption is negligible, the laccase-entrapped
samples lose ~10% of their decolorization effectiveness. Supposing that this rate of loss is maintained in
subsequent cycles, at least 3–5 more uses will be possible for PA4@iL and PA4@eL series, respectively,
without adding free laccase.
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3. Materials and Methods

3.1. Materials

The 2PD functional monomer for the PA4 synthesis and all solvents used in this work are
of analytical grade and were supplied by Merck Life Science, Algés, Portugal. The laccase from
Trametes versicolor (≥0.5 U/mg) was also purchased from the same supplied and used without further
purification. As activator of the anionic polymerization of 2PD the commercial product Brüggolen
C20 from Brüggemann Chemical GmbH, Heilbronn, Germany was employed containing, according to
the manufacturer, 80 wt % of aliphatic diisocyanate blocked in ε-caprolactam. The polymerization
initiator sodium dicaprolactamato-bis-(2-methoxyethoxo)-aluminate (Dilactamate, DL), which is also
a commercial product was supplied by Katchem, Prague, Czech Republic and used without further
treatment. Soft, non-insulated iron particles (Fe content >99.8%), with average diameters of 3–5 μm
were kindly donated by the manufacturer BASF, Ludwigshafen, Germany. The Fe3O4 magnetic
particles are a product of Merck, Algés, Portugal with >99% purity and grain sizes of 50–80 nm.
Diammonium 2,2′-azino-bis(3-ethylbenzothiazoline-6-sulfonate) (ABTS) with a purity of ≥98% (HPLC),
as well as malachite green and bromophenol blue dyes, were purchased from the same supplier. All
buffer solutions in this work were prepared with double-distilled water (DDW).

3.2. Instrumentation and Methods

Fourier-transform infra-red spectroscopy with attenuated total reflection (FTIR-ATR):
The FTIR-ATR spectra were collected in a Perkin-Elmer Spectrum 100 apparatus (Waltham, MA,
USA) using a horizontal ATR attachment with ZnSe crystal. Spectra were acquired between 4000 and
600 cm−1 accumulating up to 16 spectra with a resolution of 2 cm−1. The PA4 samples were studied in
the form of fine powders.

Ultraviolet–visible spectroscopy (UV–VIS): The UV–VIS analysis was performed on a Shimadzu
UV-2501 PC spectrometer (Kyoto, Japan). The absorbance at λ = 286 nm of aqueous solutions placed
in quartz cuvettes was measured to determine the protein content and calculate the immobilization
efficiency (IE). The assessment of the laccase activity was performed using ABTS as substrate, measuring
the absorbance at λ = 414 nm as previously indicated by Claus et al. [19]. One unit of laccase activity
expressed in μkatals corresponds to the amount of enzyme transforming 1 μmol ABTS per second
at pH 5.0 and 25 ◦C. The absorbance in decolorization experiments was measured at the respective
wavelength of each dye that was λ = 616 nm for malachite green and λ = 591 nm for bromophenol blue.

Scanning electron microscopy (SEM): The SEM studies were performed in a NanoSEM-200
apparatus of FEI Nova (Hillsboro, OR, USA) using mixed secondary electron/back-scattered electron
in-lens detection. The pulverulent samples were observed after sputter-coating with Au/Pd alloy
in a 208 HR equipment of Cressington Scientific Instruments (Watford, UK) with high-resolution
thickness control.

Thermo-gravimetric analysis (TGA): The real iron load, RL, and the thermal stability of all
neat PA4 micro-particulate supports and laccase@PA4 MP samples were established by means of
thermo-gravimetric analysis (TGA) in a Q500 gravimetric balance (TA Instruments, New Castle, DE,
USA), heating the samples in the 40–600 ◦C range at 20 ◦C/min in a nitrogen atmosphere. The RL was
calculated according to Equation (2)

RL = (Ri −RPA4) × 100, (2)

where RPA4 is the carbonized residue at 600 ◦C of the neat PA4 particles and Ri represents the carbonized
residue of the respective Fe- or Fe3O4—containing PA4 MP or laccase@PA4 MP samples.

Differential scanning calorimetry (DSC): The DSC measurements were carried out in a 200 F3
equipment of Netzsch (Selb, Germany) at a heating/cooling rate of 10 ◦C/min under nitrogen purge.
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The samples were heated to 290 ◦C, cooled down to 0 ◦C, and then heated back to 290 ◦C. The typical
sample weights were in the 10–15 mg range.

Synchrotron X-ray studies: Synchrotron wide- (WAXS) and small-angle X-ray scattering (SAXS)
measurements were performed in the NCD-SWEET beamline of the ALBA synchrotron facility in
Barcelona, Spain [49]. Two-dimensional detectors were used, namely LH255-HS (Rayonix, Evanston,
IL, USA) and Pilatus 1M (Dectris, Baden Daettwil, Switzerland) for registering the WAXS and SAXS
patterns, respectively. The sample-to-detector distance was set to 111.7 mm for WAXS and 2700 mm for
SAXS measurements, the λ of the incident beam being 0.1 nm and the beam size 0.35 × 0.38 mm (h × v).
The 2D data were reduced to 1D data using pyFAI software [50]. For processing of the WAXS and SAXS
patterns, the commercial package Peakfit 4.12 (2016) by SYSTAT (San Jose, CA, USA) was implemented.

3.3. Sample Preparation and Activity Testing

3.3.1. Synthesis of Empty or Magnetic PA4 MP

The low-temperature AAROP of 2PD to empty PA4 MP or to PA4 MP with magnetic response
was described in detail in a previous publication [24]. Generally, 0.2 mol of 2PD were stirred with
1 wt % of Fe micro- or Fe3O4 nanoparticles at 25 ◦C for 30 min. Subsequently, the C20 activator and the
DL initiator were added under stirring, in an inert atmosphere. Then, the temperature of the reaction
mixture was set to 40 ◦C and the pressure to 50 mbar for the next 6 h. After AAROP completion, the
resulting reaction mixture was dispersed in acetone and filtered, followed by a two-fold wash with
methanol, thus removing most of the unreacted monomer. In order to eliminate the PA4 oligomers,
the resulting fine powders were extracted with methanol in a Soxhlet for 4 h, dried in vacuum, and
stored in a desiccator. For the synthesis of the empty PA4 MP, the procedure was the same but without
addition of any magnetic nanoparticles. Altogether, three types of PA4 MP supports were synthesized:
PA4, PA4-Fe, and PA4-Fe3O4. Some basic characteristics of these samples are presented in Table 1.

3.3.2. Immobilization of Laccase by Physical Adsorption

A typical immobilization was carried out by first preparing the laccase solution in DDW with
concentration of 2 mg/mL. 200 mg of each PA4 MP sample were introduced into 5 mL of this laccase
solution and the three sample tubes were incubated at room temperature for 24 h using a laboratory
orbital shaker. Thereafter, the samples were centrifuged, the supernatant was decanted, and the
laccase-immobilized PA4 MP samples were washed two times with distilled water to remove the
non-adsorbed laccase. UV analysis was performed to determine the residual laccase and calculate the
immobilization efficiency, IE, expressed as

IE =
C0 −Cs

C0
× 100, % (3)

where C0 is the starting laccase concentration and Cs is the laccase content in the resultant supernatant
after completion of the immobilization process. Two methods were applied for the determination
of Cs. In the first one, the absorbance at λ = 286 nm characteristic for the proteic part of the enzyme
was measured and the laccase concentration was determined using a standard calibration plot. In the
second method, the laccase activity toward ABTS was tested and Cs was assessed using an activity
standard calibration plot. Altogether, three samples of laccase immobilized by adsorption on PA4 MP
were prepared and designated as PA4-iL, PA4-Fe-iL, and PA4-Fe3O4-iL. They were stored in semi-dried
conditions at 4 ºC with basic characteristics listed in Table 2.

3.3.3. Immobilization of Laccase by Entrapment

The entrapment of laccase into the PA4 MP was carried out in situ during their synthesis by
AAROP. Thus, 1.0 wt % of the enzyme in respect to the monomer was used, stirring their mixture for
30 min in an inert atmosphere at room temperature. Thereafter, the respective magnetic micro/nano
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particles (if necessary) and the DL/C20 catalytic system were introduced and the AAROP was conducted
under the conditions described in Section 2.3.1. After 6 h of polymerization, the raw product was
dispersed in acetone and filtered. The resulting laccase-entrapped PA4 MP samples were washed three
times with DDW and stored at 4 ◦C. The water from each washing was stored separately and further
subjected to UV analysis to determine the efficiency of the laccase entrapment (EE) using the equation

EE =
(C0 −∑ Ci)

C0
× 100, % (4)

where C0 is the starting laccase concentration in the reaction mixture and Ci (i = 1–3) is the laccase
content in each DDW washing. To assess the content of the non-entrapped laccase, the two methods
already described in Section 2.3.2. were applied. Thus, three PA4 MP samples with entrapped laccase
were synthesized, namely: PA4-eL, PA4-Fe-eL, and PA4-Fe3O4-eL, with basic characteristics given in
Table 3.

3.3.4. Laccase Activity Assay

Native laccase and all conjugates of laccase-immobilized PA4@-iL and entrapped PA4@-eL were
assayed for their activities using ABTS as a color-generating substrate. The rate of the formation of
ABTS-cation radical (ABTS+·) due to the catalytic action of laccase was proportional to the enzyme
activity. In a typical assay of free laccase, 0.9 mL of the enzyme solution (1.0 mg/mL in 0.0125 M
phosphate buffer, PB, pH 5) were introduced into the spectrometer cell, followed by 0.1 mL of
freshly prepared 5 mM solution of ABTS in DDW. During the next 2 min the absorbance at 414 nm
(ε414 = 36,000 M−1·cm−1) was measured every 5 s. To determine the activity of the PA4@iL and PA4@eL
conjugates, 20 mg of each sample were added to 1.0 mL of 0.0125 M PB, pH 5. The mixtures were
stirred for 5 min followed by addition of 0.1 mL of ABTS solution. Then, the samples were centrifuged
and 1 mL from the decanted supernatant was subjected to UV analysis to measure the absorbance
at 414 nm for 10 min. In order to assay the amount and the activity of the laccase that possibly
leached from both adsorption-immobilized and entrapped laccase samples, they were subjected to
the following procedure: 50 mg of the respective PA4@iL or PA4@eL sample were dispersed in 5 mL
PB, pH 0.0125M, pH 5, and shaken at 37 ◦C for 15 min. Thereafter, the system was centrifuged and
the supernatant decanted and subjected to UV–VIS to determine the laccase concentration based on
activity test calibration curve. Then, new portion of fresh PB was added and the above procedure was
repeated up to five consecutive cycles.

In all tests the enzyme activities were expressed in microkatals. One microkatal of enzyme activity
(μkat) was defined as the amount of enzyme that converted 1.0 μmol of ABTS to ABTS+· per second,
at pH 5 and 25 ◦C. The enzyme activity assay was always performed in duplicate, and the standard
deviations in measurements were consistently below 3%. Throughout this study, enzyme activities are
expressed in μkat per milliliter (μkat·mL−1).

3.3.5. Application of Free, Adsorbed, and Entrapped Laccase

The enzyme-catalyzed decolorization of two structurally different dyes -malachite green (λmax =

616 nm) and bromophenol blue (λmax = 591 nm) were studied in the presence of free, immobilized and
entrapped laccases without any mediator. The process was followed using UV–VIS spectroscopy by
measuring the decrease in the λmax absorbance of each dye. The reaction mixture for the decolorization
contained a final concentration of 0.0153 mg/mL of individual dye in 0.0125 M PB, pH 5, and 1.0 mg free
laccase (0.5 U) or 10–30 mg of adsorption immobilized or entrapped PA4@laccase conjugates (~0.5 U)
in a total volume of 1.3 mL. All reaction mixtures were incubated at 30 ◦C for 24 h under shaking.
Aliquots of 1 mL were withdrawn from each sample at certain intervals to measure the residual dye
concentration. After the UV–VIS measurement the analyte was returned to the reaction mixture. After
24 h the immobilized or entrapped samples were reused for a second decolorization cycle. For that
purpose, the liquid phase was drained, the immobilized or entrapped laccase conjugates were washed
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consecutively with 2 × 1 mL ethanol, DDW and 0.0125M PB, pH 5 to remove the adsorbed dyes,
and then introduced into a fresh dye solution. All UV–VIS measurements were performed twice to
determine the standard deviation. The percentage of decolorization ΔA was calculated as

ΔA =
Ai −At

Ai
× 100, % (5)

where, Ai is the initial absorbance of the dye at the respective wavelength, and At is the absorbance of
the test sample.

4. Conclusions

This is the first study reporting on PA4 porous microparticles as effective supports for enzyme
immobilization and describes PA4-laccase conjugates with all aspects of their preparation and
characterization. The main objective was to investigate three new micron-sized particulate porous
supports based on PA4 obtained by low-temperature AAROP, with and without magnetic susceptibility,
establishing whether or not they are suitable for laccase immobilization. The structure and morphology
were investigated by microscopic, spectral, thermal, and synchrotron WAXS/SAXS technics.

Two immobilization strategies—i.e., by adsorption or entrapment—were applied. Comparing
the adsorption-immobilized (PA4@iL) and entrapped (PA4@eL) samples, an important difference in
the synthetic procedure of the PA4@eL should be noted. There, the polymerization was carried out
in the presence of the enzyme, whereby the PA4 is formed around the laccase molecules leading to
their distribution within the shell of the porous microparticles. In the case of PA4@iL, the enzyme is
adsorbed onto the surface and fills the pores of prefabricated PA4 microparticles. The SEM studies
confirm these morphological differences. On the other hand, the WAXS/SAXS studies provide evidence
for the different way of immobilization of the enzyme in PA4@eL and PA4@iL.

The adsorption strategy resulted in high content of immobilized laccase upon the PA4 supports
(27–40 mg/g), the immobilization efficiency being in the range of 54–81%. The entrapment
strategy produced 60–70% immobilization efficiency with enzyme content of 14–18 mg/g support.
The laccase-adsorbed samples PA4@iL showed up to three times higher specific activity as compared to
their entrapped laccase counterparts PA4@eL, whereby the highest specific activity of 0.09 μkat·mL−1

was registered with PA4-Fe-iL sample. The relative laccase activity of the PA4-based conjugates
determined in relation to the free enzyme was between 16–41% for the PA4@eL samples and 38–60%
for the PA4@iL series. The PA4@eL samples displayed >93% enzyme retention after five cycles
of incubation, whereas for the PA4@iL series this value was ~60%. The potential application of
the adsorption- and entrapment-immobilized PA4-laccase conjugates was tested in the enzymatic
decolorization of two synthetic dyes. All laccase conjugates displayed excellent decolorization of
malachite green dyestuff reaching ~100% in 15 min, which was mostly due to dye adsorption upon the
PA4 support. The decolorization after 24 h of the bromophenol reached 55% by PA4@iL and 85% by
PA4@eL samples. The reuse of the laccase-PA4 conjugates in a second consecutive decolorization test
resulted in only up to 10% decrease in their effectiveness. Supposing that this will be the decrease after
each cycle of utilization, it seems that the laccase-PA4 conjugates will be sufficiently active to use for
3–5 more consecutive cycles.

The present study justifies further investigations on PA4 microparticles as effective enzyme
supports for biotechnological applications. Compared to the common polyamides as PA6, PA66, and
PA12, PA4 has the advantage of biodegradability and possesses a crystalline structure, which is a closer
structural analogue of proteic biomolecules. The possibility to apply different immobilization strategies
and to use magnetic field as external stimulus could open the way to the use of PA4 microparticulate
supports of this study in smart green catalytic systems.
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Abstract: Serum uric acid (SUA) is an important biomarker for prognosis and management of gout
and other diseases. The development of a low-cost, simple, rapid and reliable assay for SUA detection
is of great importance. In the present study, to save the cost of enzyme production and to shorten the
reaction time for uric acid quantification, bifunctional proteins with uricase and peroxidase activities
were engineered. In-frame fusion of Candida utilis uricase (CUOX) and Vitreoscilla hemoglobin (VHb)
resulted in two versions of the bifunctional protein, CUOX-VHb (CV) and VHb-CUOX (VC). To our
knowledge, this is the first report to describe the production of proteins with uricase and peroxidase
activities. Based on the measurement of the initial rates of the coupled reaction (between uricase and
peroxidase), CV was proven to be the most efficient enzyme followed by VC and native enzymes
(CUOX+VHb), respectively. CV was further applied for the development of an assay for colorimetric
detection of SUA, which was based on VHb-catalyzed oxidation of Amplex Red in the presence of
hydrogen peroxide (H2O2). Under the optimized conditions, the assay exhibited a linear relationship
between the absorbance and UA concentration over the range of 2.5 to 50 μM, with a detection
limit of 1 μM. In addition, the assay can be performed at a single pH (8.0) so adjustment of the
pH for peroxidase activity was not required. This advantage helped to further reduce costs and
time. The developed assay was also successfully applied to detect UA in pooled human serum with
the recoveries over 94.8%. These results suggest that the proposed assay holds great potential for
clinical application.

Keywords: uricase; Vitreoscilla hemoglobin; bifunctional enzyme; uric acid; colorimetric detection

1. Introduction

Uric acid (UA) is the end product of purine nucleotide catabolism in the human body. The normal
ranges of serum uric acid (SUA) in females and males are 2.4–6.0 mg/dL (143–357μM) and 3.4–7.0 mg/dL
(202–416 μM), respectively. Elevation of SUA greater than 6.8 mg/dL (405 μM) is recognized as
hyperuricemia, which is known to associate with various diseases, e.g., gout, nephrolithiasis, kidney
failure, hypertension, and cardiovascular diseases [1]. Therefore, monitoring of SUA levels is essential
for the prevention, diagnosis and treatment of these diseases. To measure the SUA level, various
analytical methods such as spectral (UV, colorimetry, fluorescence), electrochemical (voltammetry,
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electrochemiluminescence, surface plasmon resonance), chromatographic (liquid and gas phase) and
capillary electrophoresis methods have been described. The details of these techniques have been
extensively reviewed elsewhere [2]. Although various modern techniques have been proposed, the most
widely employed technique for UA determination by automated systems in clinical laboratories is
classical spectrophotometry [3]. This is because the technique is designed with an automation-friendly
protocol and the cost is more favorable. The principle of this technique is based on the cascade reactions
of uricase and peroxidase enzymes [4,5].

In the presence of oxygen, uricase oxidizes uric acid to allantoin, carbon dioxide and
hydrogen peroxide (H2O2). The produced H2O2 is then consumed by peroxidase for the oxidation
of a chromogenic substrate to a color product, which can be measured spectrophotometrically.
Different types of chromogenic substrate (e.g., 3-methyl-2-benzothiazolinone hydrazine (MBTH)
plus N,N-dimethylaniline (DMA) [6], 2,4-dichlorophenol (2, 4-DCP) plus 4-aminophenazone [7],
p-hydroxybenzoate (PHBA) plus 4-aminoantipyrine (4-APP) [8], 3,5-dichloro-2-hydroxybenzene sulfonic
acid plus 4-aminophenazone [9], o-dianisidine [4], 2,2′-azino-bis (3-ethylbenzthiazoline-6-sulphonic
acid) (ABTS) [10], and 3,3′,5,5′-tetramethylbenzidine (TMB) [11]) and different sources of uricase have
been explored. Among the tested enzymes, microbial uricase (e.g., Aspergillus flavus, Candida utilis,
Bacillus fastidiosus and Arthrobacter globiformis) has been shown to be superior to uricase from other
higher organisms; microbial enzymes exhibited more stability and higher enzymatic activity [12–15].
Generally, uricase is more stable and exhibits the highest enzymatic activity at pH ≥ 8.0 [16], thus the
measurement of UA using uricase is performed at alkaline pH. Besides uricase, the other key enzyme
of the cascade reactions is a peroxidase. As opposed to the wide variety of uricase sources, the only
source of peroxidase is the horseradish plant (horseradish peroxidase; HRP). This may be due to the
fact that HRP has high activity, high stability and can be produced from the farmed plant (Armoracia
rusticana). Nevertheless, the activity of HRP is strictly dependent on pH. The optimal pH range for the
HRP reaction is 5.5–6.0 [17]. As a consequence, to assay SUA using uricase and HRP, the measurement
must be done with a two-step procedure. Uricase reaction is performed first at pH ≥ 8.0 then the
reaction pH is changed to <6 to facilitate HRP action [6]. This makes the uricase/HRP-based method
more complicated and several reaction buffers with different pH must be prepared. In fact, one could
also perform the test at a more neutral pH (7.0–7.5) [18]. However, at this pH range, HRP activity
is reduced to less than 80% [17]. Besides the pH incompatibility issue, classical production of HRP
from Armoracia rusticana roots is undesirable, since sufficient production of high-quality enzyme is
hampered by seasonal availability, long cultivation times, low production yields and low product
homogeneity [19,20]. To produce a uniform enzyme with defined characteristics, the production
of recombinant HRP (rHRP) using Saccharomyces cerevisiae [21] and Pichia pastoris [20–22] has been
attempted. The advantage of using yeast cells is that the recombinant protein can obtain glycosylation
as produced in plant cells. Nonetheless, glycosylation of rHRP in yeast cells has been reported to
occur non-specifically, resulting in more complicated downstream processes [20]. Besides yeast cells,
production of rHRP in E. coli have also been explored [23–27]. The enzyme can be produced up
to 1 g/1-Liter culture. However, the expressed protein formed inclusion bodies (IBs), which need
to be recovered through cumbersome protein-refolding processes. Although up to 10% of rHRP
can be successfully recovered from IBs, the enzyme specific activity was markedly reduced [26].
Besides direct expression in cytoplasm, rHRP was also targeted to express in the periplasmic space of
E. coli. Nevertheless, the production yields and enzymatic activity of the enzyme were even lower than
that of the enzyme recovered from IBs [26].

Previously, the peroxidase activity of Vitreoscilla hemoglobin (VHb) has been reported by our
group [28–30]. The protein can catalyze a wide variety of reducing substrates such as ferrocene
carboxylic acid, dopamine, L-dopa, ABTS [28] and Amplex Red [29]. Although the peroxidase activity
of VHb is much lower than that of HRP, soluble and active protein can be massively produced in
E. coli. Homogeneous protein with well-defined characteristics can be obtained by simple purification
using immobilized metal affinity chromatography (IMAC). The protein can also be engineered as
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a fusion protein while maintaining high solubility and sufficient peroxidase activity. More importantly,
VHb exhibits maximum peroxidase activity at pH 7.0 [28,31], which is closely related to the optimal
pH of uricase (8.0–9.0). These observations imply that uricase and VHb may be combined in a single
reaction for the detection of UA without the need for changing the reaction pH.

Therefore, in this study, quantification of UA using uricase and VHb was investigated. To reduce
the cost for enzyme production and to improve the reaction velocity of uricase-peroxidase cascade
reactions, which, in turn, can reduce the reaction time, bifunctional proteins with uricase and peroxidase
activities were engineered. The proteins were created by direct fusion of Candida utilis uricase (CUOX)
and VHb. The details for production, characterization and successful application of the bifunctional
protein for detection of UA in human serum are reported here.

2. Results and Discussion

2.1. Production of Native and Bifunctional Proteins with Uricase and Peroxidase Activities

Recombinant CUOX, VHb, CUOX-VHb (CV) fusion protein and VHb-CUOX-VHb (VC) fusion
proteins were successfully expressed in E. coli BL21 (DE3) and purified to homogeneity. Genes encoding
CUOX and VHb were fused in-frame, resulting in direct joining of the C-terminus of the first protein
to the N-terminus of the second protein. Schematic representation for the production of a fusion
protein (CV) is shown in Figure 1. To facilitate protein purification by IMAC, all proteins were
designed to express with a hexahistidine tag at the N-terminus. After IMAC-purification, SDS-PAGE
analysis revealed that CUOX, VHb and CV fusion protein had a molecular weight (MW) under
denaturing conditions of ~35, ~17 and ~50 kDa, respectively. However, VC fusion protein presented
with two protein bands with MW of ~50 kDa and ~25 kDa (data not shown). This result indicated
that VC was susceptible to protein degradation, which could be due to steric effects presented
within the engineered polypeptide chain. The degrading point is believed to be in the CUOX region
because the purified fraction had a MW larger than that of the VHb subunit. Nevertheless, as in
other IMAC-purified proteins, the mixture of full-length and degraded VC was subjected to further
purification by gel-filtration chromatography. As expected, CUOX, VHb and CV showed a single
protein peak in the chromatogram while VC showed two separated protein peaks (data not shown).
This result suggested that the full-length and the degraded fractions of VC can be successfully separated
from each other by gel-filtration chromatography.

All purified proteins were again subjected to SDS-PAGE analysis, which revealed that they were
purified to more than 95% homogeneity and the MW under denaturing condition of CUOX, VHb, CV
and VC were ~35, ~17, ~50 and ~50 kDa, respectively (Figure 2a). These MW values were closely related
to the values predicted by the ExPASy Compute pI/Mw tool (https://web.expasy.org/compute_pi/),
which were ~35.7, ~17.4, ~51.7 and ~51.7 kDa, respectively. A 1-L culture of E. coli yielded purified
CUOX, VHb, CV and VC up to 413, 118, 51 and 23 mg, respectively. In addition, based on gel-filtration
chromatography, MW under the natural condition of all proteins was calculated. The result revealed
that CUOX, VHb, CV and VC had natural MW of ~143 kDa, ~35 kDa, ~207 kDa and ~207 kDa,
respectively (Figure 2b). This result showed that recombinant CUOX and VHb were produced in their
natural forms, which are tetrameric and dimeric forms, respectively. More importantly, this result
confirmed that the fusion proteins assembled into the tetrameric complex as proposed in Figure 1.
One molecule of the tetrameric complex was composed of four CUOX subunits, arranged in its
naturally occurring tetrameric structure, and four VHb subunits, arranged in monomeric rather than
dimeric form.
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Figure 1. Schematic representation of the strategy for the engineering of bifunctional protein with
uricase and peroxidase activities. In-frame fusion of Candida utilis uricase (CUOX) and Vitreoscilla
hemoglobin (VHb) genes results in CUOX-VHb fusion protein, then, four monomers of the fusion
protein assemble into a tetrameric complex. Construction of VHb-CUOX fusion protein was also
performed by the same technique except that the VHb gene was put in front of the CUOX gene.

Figure 2. (a) SDS-PAGE analysis showing purity after protein purifications and molecular weight under
the denaturing condition of native and fusion proteins. Lane 1, protein molecular weight marker; lane
2, purified CUOX; lane 3, purified VHb; lane 4, purified CUOX-VHb fusion protein; and lane 5, purified
VHb-CUOX fusion protein. (b) The gel-filtration chromatography calibration curve was performed
according to the manufacturer’s protocol (GE Healthcare Life Sciences, PA, USA). The linear curve
representing Kav values versus molecular weights of the standard proteins including ribonuclease A,
ovalbumin, aldolase and ferritin. Kav of CUOX, VHb and fusion proteins are shown in red circles.

Nevertheless, VHb has been known to possess monomer-dimer equilibrium [32] and has been
reported to confer maximum peroxidase activity when present in monomeric form [31]. Therefore,
the absence of dimeric VHb seemed to have no effect on the peroxidase activity of the fusion proteins.
Besides the abovementioned experiments, three-dimensional (3D) structure of the fusion proteins was
predicted by the I-TASSER server [33]. The model with the highest C-score was evaluated by various
tools [34]. The secondary structure of the predicted model was evaluated by Ramachandran Plot
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through PROCHECK, which showed that the model had 71.9%, 24.3%, 2.1% and 1.7% of the amino
acid residues in most favored regions, additional allowed regions, generously allowed regions and
disallowed regions, respectively. The residue-wise local quality of the model structure was evaluated
by Pro-Q, which revealed LG-score and MaxSub-score of 2.965 and 0.126, respectively. Evaluation
of the predicted structure by ProSA showed that the Z-score value was −6.59, which was within
the range observed for a native set of proteins of the same size. The quality of the predicted 3D
structure was also evaluated by Verify3D. The result showed that the model possessed 79.3% of
amino acid with a 3D-1D profile score ≥0.2. Although the obtained value was not that high, this value
was very close to the expected value (80%) of a satisfactory predicted model. Overall, the predicted
model had fairly good and sufficient quality for further studies. The predicted model was then used
to construct the 3D structure of the tetrameric complex by PyMol 2.3.3 software. The constructed
model consisted of four CV-monomers, resulting in four active sites of CUOX and four active sites
of VHb (Figure 3). Conversely, the construction of the 3D structure of the tetrameric complex of VC
was not possible. The I-TAS SER-predicted model showed an infeasible structure, VHb and CUOX
portions leaned closely toward each other, preventing tetramerization of this fusion protein (data not
shown). This finding supported the abovementioned steric effect hypothesis on the degradation of
VC. Nevertheless, although VC was indicated to be subject to steric effects, more than 20 mg of the
protein in the tetrameric complex was successfully purified from a 1-L culture of E. coli. The apparent
colors of the purified proteins are shown in Figure 4a. CUOX is colorless while the other proteins are
red, which is characteristic of heme-containing VHb. The UV–vis absorption spectra of VHb, CV and
VC exhibited the Soret peak at 412 nm (Figure 4b), indicating that all proteins contain a mixture of
ferrous and ferric hemoglobin [35]. The ratios between absorbance at 412 nm and 280 nm of VHb,
CV and VC were 4.3, 0.89 and 0.97, respectively. This result indicated that, as compared to that of
VHb, heme content of CV and VC were 4.8- and 4.4-fold decreased, respectively. However, this is not
surprising since some part of the fusion protein (CUOX part) did not contain heme prosthetic group.
More importantly, both fusion proteins exhibited similar absorption spectra, including the Soret peak
(412 nm) and α-bands (540 and 577 nm), to that of native VHb, implying that protein engineering in
this study did not alter heme-binding characteristics of VHb.

Figure 3. Tetrameric structure of CUOX-VHb fusion protein constructed by assembly of 3D structure
of CUOX-VHb predicted by I-TASSER. One color represents one fusion protein chain. Heme prosthetic
groups in VHb active sites are represented by red sticks while 5-amino 6-nitro uracil molecules sitting
in uricase active sites are represented by blue sticks. (a) Top view of the tetramer. (b) Side view of the
tetramer. The distance between the adjacent CUOX and VHb active sites is 55 Å.
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Figure 4. (a) The apparent colors of the purified proteins. From left to right: native CUOX, CUOX-VHb
fusion protein, VHb-CUOX fusion protein and native VHb. (b) UV–vis absorption spectra of the purified
proteins (250–700 nm). The Soret peak is represented at 412 nm while the α-bands are represented by
the peak between 540 and 577 nm.

2.2. Characterization of Enzymatic Activity and Kinetic Parameters

The engineered proteins exhibited both uricase and peroxidase activities. Optimum pH of catalysis
for uricase and peroxidase was 9.0 (Figure 5a) and 7.0 (Figure 5b), respectively. Specific enzymatic
activities are shown in Table 1. CV and VC retained uricase activity 69% and 60% of that of CUOX,
and retained peroxidase activity 3.4% and 2.7% of that of VHb, respectively. However, when protein
molecular weight was taken into account CV and VC revealed relative uricase activity up to 99% and
88% of that of CUOX, and revealed peroxidase activity up to 20% and 15% of that of VHb, respectively
(Table 1). These results indicated that the engineering strategy hardly disturbs structure and, hence,
the function of uricase in the fusion proteins. Conversely, peroxidase activity of VHb in the fusion
proteins was markedly decreased. This is due to the following facts: firstly, the molecular weights
of the fusion proteins were ~3 times higher while the numbers of VHb active sites were the same.
Thus U/μmol should be used for activity comparison rather than U/mg (Table 1). Secondly, as compared
to HRP, the distal histidine and arginine are missing from the VHb active site, which has been suggested
to be problematic for substrate binding and account for low activity [30]. This evidence implied
that peroxidase activity of VHb is highly sensitive to structural change, which can occur with fusion
proteins. To improve peroxidase activity, introduction of distal histidine into VHb active site using
site-directed mutagenesis may be attempted [30]. Nevertheless, the obtained peroxidase activities of
the fusion proteins were sufficient for further experiments. Notably, uricase and peroxidase activities
of CV were higher than those of VC. These results suggested that the structure of CV may be more
energetically favorable than that of VC. This assumption was supported by the presence of protein
truncation in VC but not in CV. Besides specific activity, kinetic parameters were also studied (Table 2
and Figure 6). As compared to that of CUOX, the apparent Km of CV and VC were reduced to 65.82%
and 58.22% while the kcat increased 1.33-fold and 1.61-fold, respectively. These characteristics resulted
in 2-fold and 2.72-fold increase in catalytic efficiency of CV and VC, respectively.
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Figure 5. Effect of pH on (a) uricase and (b) peroxidase activities of native and fusion proteins.
Enzymatic activities were assayed at 25 ◦C, under different pH conditions.

Table 1. Molecular weight, specific and relative activity of the produced proteins.

Protein
Molecular

Weight (kDa)

Uricase Activity Peroxidase Activity

U/mg U/μmol U/mg (%) U/μmol (%) U/mg U/μmol U/mg (%) U/μmol (%)

CUOX 143 9.7 ± 0.2 1387.1 ± 28.6 100 100 - - - -
VHb 35 - - - - 20.0 ± 0.5 700.00 ± 17.5 100 100
CV 207 6.7 ± 0.3 * 1386.9 ± 71.7 69.07 99.98 0.68 ± 0.1 ** 140.76 ± 22.4 3.40 20.10
VC 207 5.9 ± 0.1 * 1221.3 ± 31.1 60.82 88.04 0.54 ± 0.1 ** 111.78 ± 16.4 2.70 15.96

Uricase activities (*) and peroxidase activities (**) of CV and VC were not significantly different. The statistical
analysis was performed by Mann-Whitney U test.

Table 2. Steady-state kinetics of the produced proteins.

Protein

Uricase Peroxidase

Km

(mM)
kcat

(s−1)
kcat/Km

(mM−1s−1)
KH2O2

m
(mM)

kcat

(s−1)
kcat/K

H2O2
m

(mM−1s−1)

CUOX 0.079 29.08 368.04 - - -
VHb - - - 1.84 4.72 2.56
CV 0.052 38.77 735.01 2.12 2.15 1.02
VC 0.046 46.93 1003.83 4.04 2.02 0.50

Figure 6. Comparison of uricase activity and peroxidase activity of native and fusion proteins. In the
uricase assay (a), the rate of substrate oxidation was calculated based on a linear decrease in the
absorbance of uric acid. The plots show the dependence of the initial rate of oxidation on uric acid
concentration. Whereas in peroxidase assay (b), the rate of substrate oxidation was calculated based on
a linear increase in the absorbance of resorufin. The plots show the dependence of the initial rate of
oxidation on hydrogen peroxide concentration. All plots were fitted to the Michaelis-Menten equation.
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For peroxidase kinetics, as compared to that of VHb, the apparent Km of CV and VC were increased
1.15 and 2.20-fold, while the kcat were decreased 2.2 and 2.3-fold, respectively. These kinetic behaviors
resulted in 2.52-fold and 5.12-fold decreases in catalytic efficiency of CV and VC, respectively. In the
present study, Amplex Red was used as a reducing substrate for the measurement of peroxidase
activity and kinetic parameters. In fact, both ABTS and Amplex Red were employed but only the data
obtained from using Amplex Red was presented, since only Amplex red was used as a chromogenic
substrate in the cascade reaction.

2.3. Optimization of Two-Enzymatic Cascade Reactions for Quantification of Uric Acid

A schematic representation of the cascade reactions is shown in Figure 7. Uricase catalyzes
the oxidation of uric acid to allantoin, carbon dioxide and hydrogen peroxide (H2O2). Then H2O2

and Amplex Red are stoichiometrically converted to the color product, resorufin. This final product
can be followed by measuring either absorbance at 571 nm or fluorescence emission at 585 nm.
Factors influencing catalysis of these cascade reactions including pH, reaction time, range of substrate
concentration and enzyme (either natives or fusions) were investigated. In the previous section,
we demonstrated that the optimal pH for catalysis of CUOX and VHb were 9.0 and 7.0, respectively
(Figure 5a,b). However, at pH 7.0, CUOX retained uricase activity less than 50% while at pH 9.0,
VHb retained peroxidase activity less than 50%. Thus, these two pH conditions are not appropriate
for the cascade reactions. Nevertheless, at pH 8.0, both enzymes retained activity up to 75%–80%,
and resorufin has been reported to be unstable at pH above 8.5 [36]. Therefore, pH 8.0 was chosen to
study the cascade reactions. The concentrations of uric acid were varied from 5–40 μM and reaction
times were varied from 5–40 min.

Figure 7. Schematic illustration of the colorimetric detection of uric acid using uricase and VHb
(peroxidase)-catalyzed oxidation of Amplex Red.

Three enzymatic systems including; (i). native CUOX + native VHb, (ii). CV fusion protein,
and (iii). VC fusion protein, were compared. In each system, the amount of uricase was fixed at
0.5 units/reaction. Based on the specific activities shown in Table 1, the ratio of uricase: peroxidase of CV
was approximately 10:1 units while that of VC was approximately 11:1 units. Thus, the ratio of uricase:
peroxidase in the system with native proteins was fixed at 10:1 units. However, at this ratio, the initial
rates of the reactions were very slow. Therefore, the uricase: peroxidase ratio in the system with native
proteins was changed to 10:2 units. The absorbance of the reactions was recorded immediately after all
components were mixed. The absorbance over time of reactions with different concentrations of uric
acid, catalyzed by native enzymes, CV and VC is shown in Figure 8a,c,e, respectively. At the maximum
concentration of uric acid (40 μM), the initial rates of cascaded reactions catalyzed by native enzymes,
CV and VC were 41.37, 258.62 and 82.75 nmol/min (resorufin), respectively, and at maximum reaction
time (40 min), these reactions gave maximum absorbances at 0.1, 0.3 and 0.15, respectively. These results
indicated that CV had higher catalytic efficiency for cascade reactions than the other protein systems.
This high efficiency could be due to the direct transfer of an intermediate (H2O2) produced by uricase
to the adjacent VHb active site without completely mixing with the bulk phase [37,38]. The schematic
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demonstration of direct substrate transfer is shown in Figure 9. Besides the absorbance over time of
reactions with different concentrations of uric acid, the graphs of absorbance over certain uric acid
concentrations at different time points were also plotted (Figure 8b,d,f). Reactions with native enzymes
showed linearity over the tested range of uric acid concentrations only when measured at 5 min,
but the signals were very weak (Figure 8b). Interestingly, CV gave linearity over the tested range of
uric acid concentrations at all measured time points, 5–40 min (Figure 8d). However, the graphs of
measurements made at 35 and 40 min were not different from that measured at 30 min, indicating that
reaction time at 30 min is enough for the cascaded reactions to reach saturation. For VC, the graph
with linearity over the tested range of uric acid concentrations was not obtained (Figure 8f).

Figure 8. Quantification of uric acid using native enzyme (CUOX+VHb) (a,b), CUOX-VHb fusion
protein (c,d) and VHb-CUOX fusion proteins (e,f). The graphs representing absorbance over time of
reactions with different concentrations of uric acid (a,c,e) were transformed to the graphs showing
calibration curves at different time points (b,d,f).
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Figure 9. Schematic demonstration of hydrogen peroxide channeling between adjacent CUOX and
VHb active sites.

2.4. Uric Acid Calibration Curve

Based on the results from the previous Section 2.3, CV was shown to produce the strongest
resorufin signal, which should give the best sensitivity for the assay. Therefore, only CV was chosen for
the construction of a linear calibration curve. The experiment was performed using final concentrations
of uric acid ranging from 1–60 μM (1, 2.5, 5, 10, 15, 20, 25, 30, 35, 40, 45, 50, 55, 60 μM). The absorbance
was measured after initiation of the reaction for 10 min. As shown in Figure 10a, the absorbance
increases gradually when the UA concentration increases from 0–60 μM. The color variation of the
reactions, from light-pink to deep-pink, is shown in the inset. The limit of detection (LOD) as observed
by eyes is as low as 10 μM. The absorbances at 571 nm from all reactions were plotted and shown in
Figure 10b. The linearity of the graph was obtained when UA concentration was within the range
2.5–50 μM. The linear regression equation was A = 0.0038C − 0.0041, where A is absorbance and C is
concentration of UA (μM). The correlation of coefficient (R2) was 0.9981. Comparison of the proposed
assay with the other uricase-based colorimetric methods for detection of UA is shown in Table 3.

The proposed method is sensitive enough for UA detection, and is comparable or even better than
the other methods. When the sample dilution factor in final reaction volume (1:10) was considered,
the theoretical linear range of the proposed method is 25–500 μM, which covers the normal range of
human serum uric acid, 142.77–416.41 μM (2.4–7.0 mg/dL). Besides good sensitivity, the proposed
method consumed much less time than that of the other methods. In addition, most of the published
methods required a 2-phases reaction, the first phase with pH ≥ 8 for uricase reaction and the second
phase with pH ≤ 7 for peroxidase reaction. Thus, several reagents must be prepared and the assay
must be performed through multiple steps. However, our method was performed in one step using
one reaction buffer. After all reagents were mixed and stood for 10 min, the reaction was ready to be
measured. More importantly, as compared to the other methods, the cost for peroxidase/peroxidase-like
enzyme can be omitted, because in our work, single production of the enzyme (CV) yielded both
uricase and peroxidase activities. Notably, as shown in Figure 8d, higher resorufin signals were
observed when the reaction is incubated for more than 10 min. Therefore, the sensitivity of our assay
may be improved if the test is incubated for more than 10 min. However, this should not exceed 30 min
since the signal was not increased after 30 min.
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Figure 10. (a) Absorption spectra of the assay with different concentrations of uric acid (1–50 μM)
at a reaction time of 10 min. Photograph of the corresponding reactions is shown in the inset. (b) A
dose-response curve between uric acid concentration and absorbance at 571 nm was constructed.

Table 3. Comparison of different uricase-based colorimetric methods for detection of UA.

Analytical
Method

Uricase/rxn Peroxidase or
Peroxidase-Like/rxn

Reaction Phase with
Optimal Condition
(pH/Temp./Time)

Total
Reaction

Time

Total
Volume

(μL)

Linear
Range
(μM)

LOD
(μM)

Reference

1. Uricase/HRP/ 200 μg * HRP 20 μg * 1. pH NR **, 37 ◦C, 30 min >30 min 2000 1.2–100 0.2 [39]
oxPOD and 2. pH 7.2–7.4, 37 ◦C, time
GSH-MQDs NR **

2. Uricase/ 2.5 μg * MoS2 0.18 μg 1. pH 8.5, 35 ◦C, 15 min 75 min 2000 0.5–100 0.3 [40]
MoS2/TMB 2. pH 4, 50 ◦C, 60 min

3. Uricase/Cu2+/ 2.5 μg * Cu2+ 8 μmol 1. pH 8.5, 35 ◦C, 15 min 75 min 2000 1–100 0.64 [41]
TMB 2. pH 4, 45 ◦C, 60 min

4. Uricase/ 1 U Co-Se- 1. pH 8.5, 40 ◦C, 10 min 40 min 4000 2–40 0.5 [42]
Co-Se-nano- nanocrystal 2. pH 8.5, 40 ◦C, 30 min
crystalline/ 260 μg
4-AAP/TOPS

5. Uricase/ 0.1 U MIL53(Fe) 1. pH 9.0, 37 ◦C, 15 min 55 min 1000 4.5–60 1.3 [43]
MIL53(Fe)/ 20 μg 2. pH 4, 55 ◦C, 40 min
TMB

6. Uricase/HRP/ 0.4 U HRP 1.2 U 1. pH 6.5, 25 ◦C, 5 min 25 min 1020 Up to 34 12 [18]
4-AAP/TOOS 2. pH 7.2–7.6, 25◦C, 20 min

7. UOX/VHb/ 0.05 U VHb 0.005 U 1. pH 8.0, 30 ◦C, 10 min 10 min 100 2.5–50 1 This study
Amplex Red

* Specific enzymatic activity (unit/mg) was not reported. ** NR = not reported. LOD = limit of detection.

2.5. Method Evaluation and Measurement of Uric Acid from Lyophilized Serum

Analysis of the standard curve showed that the assay had a good correlation between UA
concentration and absorbance. The limit of detection (LOD) and limit of quantitation (LOQ) were
1 and 2.5 μM, respectively. The systematic error of the method was assessed by performing a recovery
assay. The result showed that the recovery rate of UA obtained by the standard addition method was
between 94.8% and 100.1%, with RSD (n = 5) less than 2.3% (Table 4). To investigate the feasibility of
the proposed method for practical application, five samples of lyophilized human serum were assayed
for UA by the proposed method and a clinical chemistry analyzer, then the results obtained from the
two methods were compared. As shown in Table 5, the average relative error between the two methods
was 3.06%. These results indicated that the proposed method has good potential for the detection of
UA in human serum.
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Table 4. Spiked recoveries of UA in pooled serum.

Detected (μM) Added (μM) Found (μM) Recovery (%) RSD (%, n = 5)

327 ± 5.2

50 374.4 ± 6.1 94.8 1.63
75 399.4 ± 7.4 96.5 1.85
100 424.0 ± 8.0 97.0 1.90
125 452.6 ± 10.0 100.5 2.22
150 477.2 ± 10.4 100.1 2.19

Table 5. Determination of UA in lyophilized human serum using the developed assay and a clinical
chemistry analyzer.

Sample Developed Assay Automated Analyzer Relative Error (%) Average Relative Error (%)

Serum 1 285 298 4.5

3.06
Serum 2 349 360 3.1
Serum 3 466 453 2.7
Serum 4 539 525 2.5
Serum 5 672 655 2.5

3. Materials and Methods

3.1. Bacterial Strains, Plasmids and Chemicals

E. coli NovaBlue and BL21(DE3) strains, and pETDuet-1 plasmid were from Novagen
(EMD Bioscience, Madison, WI, USA). Restriction enzymes and T4-DNA ligase were from Fermentas
(Thermo Fisher Scientific, Waltham, MA, USA). KOD-Plus DNA polymerase was purchased from
Toyobo (Osaka, Japan). Uric acid, lithium carbonate and Amplex Red were from Sigma–Aldrich
(St. Louis, MO, USA). Hydrogen peroxide (30% v/v) was obtained from Merck. The concentration
of uric acid, hydrogen peroxide and resorufin were standardized using the extinction coefficient
of 12.6 mM−1cm−1 at 293 nm [44], 72.8 M−1 cm−1 at 230 nm [45] and 54,000 M−1 cm−1 at
571 nm [36], respectively.

3.2. DNA Manipulations

cDNA for Candida utilis uricase (XM_020212619.1) was synthesized by Integrated DNA
Technologies (Skokie, Illinois). The gene was PCR-amplified using primers shown in Table 6.
PCR product was then digested with BamHI and HindIII, and cloned into pETDuet-1 plasmid
pre-treated with the same enzymes. The constructed plasmid was designated as pETDuetCUOX.
To construct the plasmid expressing CUOX-VHb fusion protein, endogenous XhoI restriction site and
stop codon of the CUOX gene in pETDuetCUOX were removed by site-directed mutagenesis (SDM).
HindIII restriction site was introduced prior to the start codon of the VHb gene in pET46VHb [29] by SDM.
Then the VHb gene was excised by treating with HindIII and XhoI, and subcloned into pETDuetCUOX
pretreated with the same enzymes. The resulting plasmid was designated as pETDuetCUOX-VHb.
To construct the plasmid for expression of VHb-CUOX fusion protein, stop codon of VHb in pET46VHb
was changed to BamHI by SDM then the CUOX gene was excised from pETDuetCUOX by treating
with BamHI and XhoI then the gene was ligated to pET46VHb pretreated with the same enzymes.
The resulting plasmid was designated as pET46VHb-CUOX. Sequences of all primers used for PCR
and SDM reactions are shown in Table 6. The correctness of all recombinant plasmids was confirmed
by DNA sequencing analysis.
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Table 6. Primers for PCR amplification and site-directed mutagenesis. BamHI and HindIII restriction
sites were included in CUOX_FP (forward primer) and CUOX_RP (reverse primer), respectively.
The restriction sites are indicated as underlined text.

Primers Description DNA sequence (5′ → 3′)
CUOX_FP for construction

of pETDuetCUOX
CGGGATCCCATGTCAACAACGCTCTCATC

CUOX_RP CCCAAGCTTTTACAACTTGGTCTTCTCC

Remove XhoI
CUOX_FP for removal of XhoI site

from CUOX gene

CCACCTTTGCTCTTGAGAACTCTCCATCTG

Remove XhoI
CUOX_RP CAGATGGAGAGTTCTCAAGAGCAAAGGTGG

Remove stop
CUOX_FP for removal of stop

codon from CUOX gene

GAGAAGACCAAGTTGAAGCTTGCGGCCGC

Remove stop
CUOX_RP GCGGCCGCAAGCTTCAACTTGGTCTTCTC

Insert HindIII
VHb_FP for insertion of HindIII

site to VHb gene

CATCACGTGGATGACGACAAGCTTATGTTAGACCAGCAAACC

Insert HindIII
VHb_RP GGTTTGCTGGTCTAACATAAGCTTGTCGTCATCCACGTGATG

Insert BamHI
VHb_FP for insertion of BamHI

site to VHb gene

GCTCAAGCGGTTGAAGGATCCACCGGGCTTCTCCTC

Insert BamHI
VHb_RP GAGGAGAAGCCCGGTGGATCCTTCAACCGCTTGAGC

3.3. Protein Expression and Purification

pETDuetCUOX, pET46VHb, pETDuetCUOX-VHb and pET46VHb-CUOX were individually
transformed into E. coli BL21(DE3). Cells were grown in 1 L terrific broth supplemented with
100 μg/mL ampicillin at 37 ◦C with shaking at 180 rpm for 6–9 h. To induce protein expression
and to improve the heme content of VHb, the cultures were supplemented with 1 mM isopropyl
β-D-1-thiogalactopyranoside (IPTG) and 0.3 mM δ-aminolevulinic acid, respectively. Then the cultures
were continued for 16 h at 30 ◦C with shaking at 125 rpm. Cells were collected by centrifugation,
resuspended in 50 mM Tris-HCl buffer pH 8.0 supplemented with NaCl 500 and disrupted by
ultrasonic disintegration. Then, cell lysate was cleared by centrifugation at 27,216× g for 10 min and
the supernatant was filtered using a 0.45 μm syringe filter (Sartorius). Proteins were purified by IMAC
using Ni-nitrilotriacetic acid (Ni-NTA) agarose column as previously described [34].

3.4. Molecular Weight Determination

To further purify and simultaneously determine the molecular weight of the proteins,
each IMAC-purified protein was loaded onto a 16/60 Sephacryl S-300 HR gel-filtration chromatography
column pre-equilibrated with 50 mM phosphate buffer at pH 7.2 containing 0.15 M EDTA. The elution
was done with the same buffer at a flow rate of 1.0 mL/min. Standard protein markers ranging from
13.7 to 440 kDa were used for standard curve preparation. Experiments were run with an ÄKTA pure
protein purification system (GE healthcare life sciences, Sweden) under the operation of the Unicorn
6.3 software.

3.5. Measurement of Enzymatic Activity and Kinetic Parameters

Uricase activity and kinetic parameters were determined as previously described [34]. In the
kinetic assay, concentrations of uric acid ranging from 5–120 μM were used. One unit of uricase activity
was defined as the amount of enzyme required to convert 1 μmol of uric acid to allantoin per minute
at 25 ◦C, pH 8.0. Optimum pH for uricase reaction was studied over a pH range of 5.0–10.0 using
50 mM sodium citrate buffer (pH 5.0–6.0) and 50 mM Tris-HCl buffer (pH 7.0–10.0). VHb peroxidase
activity and kinetic parameters were assayed as previously described by Kvist M, et al. [28]. In the
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kinetic assay, concentrations of H2O2 were varied from 0.5–10 μM. ABTS and Amplex Red were
used as reducing substrates. One unit of peroxidase activity was defined as the amount of enzyme
required for consumption/production of 1 μmol of substrate/product per minute at 25 ◦C. Optimum
pH for peroxidase reaction was studied in buffers with pH 3.0–10.0 using 100 mM citrate–phosphate
(pH 3.0–7.0) 100 mM Tris–HCl (pH 8.0–10.0).

3.6. Investigation of Sequential Reactions Catalyzed by Uricase (CUOX) and Peroxidase (VHb)

Catalysis of the consecutive reactions by uricase and peroxidase was studied. The principle of
the reactions is shown in Figure 7. A volume of 50–400 μM of UA (50, 100, 150, 200, 250, 300, 350 and
400 μM), 1 mM of Amplex Red and 0.5 unit/mL of uricase (native CUOX, CV, and VC) were prepared
in 50 mM sodium borate buffer, pH 8.0. The solution of native CUOX also contained 0.05 units of
peroxidase (VHb). The assays were performed in a 96-well microtiter plate. The reactions were started
by the addition of 10 μL of enzyme solution [46] to 90 μL of the reaction mixtures containing different
concentrations of UA or serum samples. Please note that the standard UA or sample was diluted
10 times in the final reaction volume. The reaction system in a total volume of 100 μL consisted of
50 mM sodium borate buffer pH 8.0, 0.1 mM Amplex Red, 0.05 units of UOX, 0.005 units of peroxidase
(VHb) and 5–40 μM of UA. Production of final reaction product (resorufin) was followed by measuring
the absorbance at 571 nm using a microplate reader (Synergy HTX multi-mode, BioTek, Winooski,
VT, USA), at 5-min intervals for 40 min.

3.7. Preparation of a UA Calibration Curve

All reagents were prepared as mentioned in the latest experiment (3.6), except that the range
of UA concentrations was 10–600 μM (10, 25, 50, 100, 150, 200, 250, 300, 350, 400, 500, 550, 600 μM).
The reactions were performed using only CV fusion protein and the absorbance was measured at
10 min after the addition of the enzyme. All assays were performed in triplicate.

3.8. Method Evaluation and Quantification of UA from Lyophilized Human Serum

The assay was evaluated in terms of linearity, sensitivity, the limit of detection (LOD), limit
of quantitation (LOQ) and recovery. Recovery was evaluated by spiking known amounts of UA
(50, 75, 100, 125, 150 μM) into pooled human serum samples (Sigma–Aldrich, St. Louis, MO, USA)
then UA in each spiked sample was measured. To evaluate the reliability of the assay, five vials of
lyophilized human serum with different concentrations of UA were purchased from The External
Quality Assessment Schemes in Clinical Chemistry (EQAC), Faculty of Medical Technology, Mahidol
University. UA value of each vial was measured using the developed assay and routine clinical method
(measured by Roche Cobas C501 clinical chemistry analyzer).

3.9. Molecular Modeling

The 3D structures of single-chain CUOX-VHb and VHb-CUOX were modeled using I-TASSER
server [33]. The amino acid sequences of CUOX-VHb and VHb-CUOX were uploaded in FASTA
format then 3D structures were predicted in PDB format. The server generates five top models for each
entry, the one with the highest confidence score (c-score) represents the best model. The models were
evaluated for stereochemical quality by PROCHECK [47], Verify3D [48,49], ProSA [50] and Pro-Q [51].
The tetrameric structure of CUOX-VHb fusion protein was subsequently constructed using PyMol
2.3.3 software [52].

3.10. Statistical Analysis

Uricase activities and peroxidase activities between CV and VC were compared using the
nonparametric Mann–Whitney U-test. The alpha value was set at 0.05.
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4. Conclusions

Bifunctional proteins with uricase and peroxidase activities were constructed by direct fusion
of CUOX and VHb. The engineered proteins offer the advantages of the low cost of enzyme
production (single production yielded a protein with two enzymatic activities) and fast catalysis (due to
substrate channeling between the two enzymes), which helps to shorten the reaction time. Based on
VHb-catalyzed oxidation of Amplex Red, one of the engineered proteins, CV, was successfully applied
for the development of a simple, rapid and reliable assay for colorimetric detection of UA. The assay
had a good linear relationship (R2 = 0.9981) between absorbance at 571 nm and uric acid concentration
over the range of 2.5–50 μM, which covers the normal range of SUA. In addition, the assay can be
performed at a single pH (8.0), thus, adjusting the pH for peroxidase activity is not required. This helps
to save both cost and time. The proposed assay was successfully applied to detect UA in pooled human
serum, suggesting a promising potential for clinical application.
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Abstract: Enzyme catalyzed reactions are complex reactions due to the interplay of the enzyme,
the reactants, and the operating conditions. To handle this complexity systematically and make
use of a design space without technical restrictions, we apply the model based approach of
elementary process functions (EPF) for selecting the best process design for enzyme catalysis
problems. As a representative case study, we consider the carboligation of propanal and
benzaldehyde catalyzed by benzaldehyde lyase from Pseudomonas fluorescens (Pf BAL) to produce
(R)-2-hydroxy-1-phenylbutan-1-one, because of the substrate dependent reaction rates and the
challenging substrate dependent Pf BAL inactivation. The apparatus independent EPF concept
optimizes the material fluxes influencing the enzyme catalyzed reaction for the given process
intensification scenarios. The final product concentration is improved by 13% with the optimized
feeding rates, and the optimization results are verified experimentally. In general, the rigorous model
driven approach could lead to selecting the best existing reactor, designing novel reactors for enzyme
catalysis, and combining protein engineering and process systems engineering concepts.

Keywords: enzyme catalysis; optimal design; process intensification; elementary process functions;
benzaldehyde lyase; 2-hydroxy ketones

1. Introduction

The pharmaceutical industry is considering biocatalytic processes as a possible alternative to
chemocatalytic processes [1–3]. This is primarily due to the high stereoselectivity and specificity
of biocatalytic processes, which lead to efficient production of high-quality active pharmaceutical
ingredients (APIs) in fewer synthesis steps [2,3]. Less complex synthesis is of economic importance
to the pharmaceutical industry as it could translate into cost savings and greener pharmaceutical
processes [3]. In recent years, the design of biocatalysts for the efficient synthesis of APIs has witnessed
significant advancements [1].

To render enzyme processes economically viable, a high product concentration and low enzyme
cost must be ensured [2]. To this end, the advancements in protein engineering [1], appropriate reaction
engineering concepts [4], and process intensification strategies must be combined [5,6]. A traditional
method for performing this optimization is by carrying out numerous experiments in the lab that are
cost and time intensive. Therefore, computer aided model based approaches have been proposed to
complement laboratory experiments [7,8]. As examples of the application of model based approaches to
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optimize enzyme catalyzed reactions, Stillger et al. developed an enzyme-membrane continuous stirred
tank reactor (CSTR) for the carboligation of benzaldehyde and acetaldehyde catalyzed by benzaldehyde
lyase from Pseudomonas fluorescens (Pf BAL) to produce (R)-2-hydroxy-1-phenylpropanone (HPP) [9].
In their work, they performed simulations by using a kinetic model in combination with reactor models
to select the best performing reactor. Parallel to this work, Hildebrand et al. [10] investigated the
production of HPP by Pf BAL in a membrane CSTR using a kinetic model to simulate different reaction
engineering strategies to select the best reactor design. In their work, however, Pf BA inactivation
was observed, but was not included in the kinetic model and, thus, could neither be predicted nor
simulated [10]. Begemann et al. used a model based approach to analyze reactors and develop a
control strategy for a two phase biocatalytic oxidoreduction system catalyzed by Candida parapsilosis
carbonyl reductase 2 [11]. Based on simulations of their model, they showed that a fed-batch reactor
performed better than a batch reactor for the chosen reaction. Their simulations also showed that
controlling the pH could increase conversions and improve productivity. By performing simulations
with coupled kinetic models and reactor design equations, Braun et al. minimized the enzyme costs for
the biocatalytic production of 12-ketochenodeoxycholic acid in a batch reactor [7]. Marpani et al. [12]
utilized a kinetic model and simulation approach to determine the optimal operating conditions for
the biocatalytic conversion of formaldehyde to methanol in a batch reactor. Although their work
showed excellent agreement between the simulation and experimental results, it involved performing
hundreds of simulations [12].

Therefore, even simulation based approaches might be time consuming and could lead to
sub-optimal results [13]. Furthermore, there is no guarantee that the design space explored by the
simulations would lead to optimal results. Fortunately, model based process optimization methods
have been established in process systems engineering, which could lead to (at least locally) guaranteed
optimal reactor designs and operating conditions. Furthermore, most existing model based reactor
design approaches for enzyme catalysis are based on comparing a limited subset of existing reactor
types, which constrains the design space and limits the possibilities of designing novel intensified
reactors for enzyme catalysis.

In the last decade, a model based reactor design approach that is based on the concept of
elementary process functions (EPF) was proposed by Freund and Sundmacher. The basic premise
of the EPF concept is to design reactors based on their essential reaction functions rather than
optimizing predefined apparatuses or equipment [14] and, therefore, to formulate the reactor design
problem as a reaction function optimization problem. To describe and optimize processes with the
EPF approach, a fluid element is considered traveling through the thermodynamic state space of a
(bio)chemical reaction that is acted upon by internal and external mass and energy fluxes. These fluxes
are then designed to drive the fluid element to the desired state in the thermodynamic state space,
thus maximizing a particular objective function or performance metric, such as the final product
concentration, space-time yield, or total enzyme turnover number. Material and energy balances of
the fluid element are set up from first principles to model the fluid element. They are accompanied
by detailed reaction kinetics and thermodynamic relations, which explain the key phenomena taking
place within and outside the fluid element.

Given that the fluid element changes with time, a dynamic optimization problem is formulated
by using the balances, reaction kinetic and thermodynamic equations, and constraints that are inherent
to the particular process. The dynamic optimization problem is then solved for different intensification
cases. Based on the corresponding simulations, the best intensification strategy is selected and
then technically approximated by using an off-the-shelf reactor or by designing a novel reactor to
approximate the optimal fluxes obtained [15]. The EPF approach has been applied extensively to select
the best existing reactor or to design novel reactors for the optimal production of bulk chemicals [16–21].
Recently, we worked on extending the EPF approach to biotechnological processes [22,23]. In this
paper, we build on our previous work by presenting a clear guideline for applying the EPF approach
to enzyme catalysis.
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The objective of this paper is to implement and experimentally demonstrate the applicability
of the EPF approach for enzyme catalysis problems. As a case study, we chose the Pf BAL
catalyzed carboligation of propanal and benzaldehyde to form (R)-2-hydroxy-1-phenylbutan-1-one,
which is representative of biocatalytic carboligations to optically pure 2-hydroxy ketones,
key organic intermediates for producing a vast array of APIs [9,10,24]. The Pf BAL catalyzed
conversion of benzaldehyde in the presence of propanal can, in theory, yield four different
enantiopure compounds [25]: the two asymmetric products (R)-2-hydroxy-1-phenylbutan-1-one
and (R)-1-hydroxy-1-phenylbutan-2-one, as well as the two symmetric products (R)-benzoin and
(R)-propioin. However, in the case of Pf BAL catalyzed carboligation, the aromatic substrate
benzaldehyde is preferred as the donor molecule over the aliphatic aldehyde propanal, thus eliminating
two of the possible products [26]. In Figure 1, we show the corresponding reaction system, adapted
from Ohs et al. [27].

Figure 1. Branched reaction scheme for benzaldehyde lyase from Pseudomonas fluorescens (Pf BAL)
catalyzed carboligations with benzaldehyde and propanal as substrates.

The simplified network can be described as three coupled reaction pathways. In the first step,
benzaldehyde (B) forms a covalent bond with the ThDP cofactor in the Pf BAL (E) active site. Starting
from this first intermediate, the pathway branches into two separate reactions depending on the
second substrate: self-carboligation occurs if a second benzaldehyde molecule binds to the enzyme,
acting as an acceptor molecule. The resulting (R)-benzoin (BB) is regarded as a side product in this
study. In the cross-carboligation, propanal (A) acts as the acceptor substrate, leading to the desired
product (R)-2-hydroxy-1-phenylbutan-1-one (BA). The self-carboligation and the cross-carboligation
are modeled as ordered bi-uni-reaction mechanisms. The third reaction pathway describes the transfer
reaction between the two carboligation products and is modeled as a ping-pong-bi-bi mechanism.

Because the reaction rate and Pf BAL inactivation depend on the substrate concentration [27],
the objective is to maximize the final concentration of (R)-2-hydroxy-1-phenylbutan-1-one by tuning
the fluxes due to substrate feeding. To our knowledge, this work constitutes the first study that designs
and experimentally reproduces an optimal enzyme catalyzed carboligation using the model based EPF
approach with a kinetic considering enzyme inactivation.
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2. Results and Discussion

Following the EPF strategy, three intensification cases were investigated systematically to
ascertain the best process intensification scenario for the maximization of the final concentration
of (R)-2-hydroxy-1-phenylbutan-1-one produced from the Pf BAL catalyzed carboligation between
propanal and benzaldehyde. A batch reactor was selected as the reference case because it is the most
common reactor used for enzyme catalyzed reactions. Due to the rapid enzyme inactivation caused
by the substrates (propanal and benzaldehyde), it was hypothesized that dosing concepts could be
advantageous over the batch reactor resulting in the following case studies.

Case 1: Dosing of propanal. In this case, the propanal dosing flux was incorporated into the
material balance and dynamically optimized. In addition to the dosing flux of propanal, the initial
volume and the optimal initial concentrations of propanal and benzaldehyde required for the
highest possible concentration of (R)-2-hydroxy-1-phenylbutan-1-one were degrees-of-freedom in
the optimization.

Case 2: Dosing of benzaldehyde. In a similar fashion to Case 1, the dosing of only benzaldehyde
along the reaction coordinate was investigated. The dosing rate of benzaldehyde, the initial volume,
and initial concentrations of propanal and benzaldehyde were optimized with the same goal of
maximizing the final concentration of the target product.

Case 3: Dosing of propanal and benzaldehyde. In Case 3, all tunable operating conditions were
optimized for maximizing the cross-carboligation product concentration, namely the dynamic dosing
fluxes of the reactants propanal and benzaldehyde, as well as the initial concentrations of the substrates
and the enzyme.

In the subsequent sections, experimental data are presented for the reference case to confirm
the validity of the kinetic model derived previously and for the predicted best intensification
scenario. However, to carry out the model based optimization, a mathematical model of the
underlying reaction phenomena that includes material and energy fluxes is required first. Note that
in this study, energy balances are not considered, due to the mild conditions at which the Pf BAL
catalyzed carboligation is performed and the assumption that these conditions are not energy
intensive [2,3]. Only material balances that follow the so-called Lagrangian formulation [15] are
considered. The essential terms in these balances are the reaction rate expressions, which are defined
by a kinetic model in Section 3.1.2.

2.1. Reference Case: Batch Reactor

The concentration profiles of the optimized batch reactor are shown in Figure 2a-i, including the
concentration progress of the respective experimental data. For better readability, concentrations of
A and E are displayed on the second y-axis and indicated by arrows, and the concentration of active
enzyme in the system has been shortened to “enzyme concentration”.

The optimized initial concentrations for A and E of 100 mmol L−1 and 50 μg mL−1, respectively,
are restricted by the upper bounds, whereas that of B of 5.94 mmol L−1 is not (Table 1). The optimization
result is because the BA product formation rate is proportional to E and approximately proportional
to A and B (Equations (14)–(16)). Note that the enzyme is inactivated much more strongly by
benzaldehyde than by propanal, corresponding to the 15 fold higher inactivation rate parameters
(Table 2). Due to the increased reaction rate towards BA and the lower inactivation rate parameter
of A, a large excess concentration of the aliphatic compound compared to benzaldehyde seemed
beneficial for the investigated objective function. The simulated final concentration of the active
enzyme reached 1.08 μg mL−1, indicating nearly full enzyme inactivation of 97.8 % over the 180 min
reaction time. The simulated optimal final BA concentration of 5.83 mmol L−1 together with the
final propanal and benzaldehyde concentrations of 94.17 mmol L−1 and 0.11 mmol L−1, respectively,
showed that propanal and benzaldehyde were converted quantitatively, with a conversion of over 98 %
for the limiting substrate benzaldehyde and eliminating benzoin byproduct formation at the reaction
endpoint after 180 min.
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Table 1. Summary of the optimization results: initial concentrations Ci(t0), final concentrations Ci(t f ),
solution time for the reference case and the three process intensification scenarios, as well as the residual
sum of squares (RSS) and mean squared error (MSE) for the experimental validations.

Ref. Case Case 1 Case 2 Case 3

CA(t0) mmol L−1 100 100 100 100
CB(t0) mmol L−1 5.94 6.00 0.71 0.70
CE(t0) μg mL−1 50 50 50 50

sA(Dosing of A) - 0 1 0 1
sB(Dosing of B) - 0 0 1 1

CBA(t f ) mmol L−1 5.83 5.88 6.52 6.59
CE(t f ) μg mL−1 1.08 0.95 1.26 1.08

RSS mmol2 L−2 2.51 - - 3.22
MSE mmol2 L−2 0.05 - - 0.06

Solution time s 1.4 2.6 2.5 3.8

Table 2. Kinetic parameters for the Pf BAL kinetic model.

Rate Constant Unit Value

k1 mmol−1L min−1 6184
k11 min−1 93.2
k2 mmol−1L min−1 68,621
k22 min−1 7,294,883
k3 min−1 15,955
k33 mmol−1L min−1 26,158
k4 mmol−1L min−1 1.83
k44 min−1 0.00190
k5 min−1 41,610
k55 mmol−1L min−1 373

kinact,A mmol−1L min−1 0.000157
kinact,B mmol−1L min−1 0.00246

kinact,time min−1 0.00400

The initial decrease rate of B was higher than that of A for the first 7 min of the reaction,
which coincided with the rapid formation of byproduct benzoin (BB) (Figure 2a-ii). These initial rates
could be attributed to the higher affinity of the enzyme at the acceptor position to benzaldehyde over
propanal [26]. The byproduct benzoin (BB) concentration peak indicated that the net BB formation rate
equaled zero and may be explained by the enzyme specificity in the donor position, which was highest
for BB (Pf BAL has been discovered as lyase [28]) followed by the aromatic benzaldehyde (B). In contrast,
the aliphatic propanal was practically not accepted as the substrate in the presence of aromatic
compounds. The rate of AB formation exactly mirrored that of A consumption. The experimental data
successfully confirmed the predicted model optimum, although minor discrepancies could be observed;
see Figure 2a-i. The experimentally determined initial concentrations of B amounted to 6.23 mmol L−1

instead of the optimal value of 5.94 mmol L−1. The deviation in the initial concentrations, in turn,
led to an initially higher concentration of the byproduct BB during the first 30 min of the reaction
time. Up to around 60 min of the reaction time, the measured concentrations of substrate B and
product BA were nearly superimposable with the simulation results, but dropped below the predicted
values afterward. In addition, the mass balance with respect to B represented in the sum of B,
BA, and two times BB was not closed over the reaction period, but instead declined slightly due
to evaporation to finally reach 5.47 mmol L−1 or a loss of 11 %. The same evaporation loss also
applied to Compound A, which, however, was assumed to have a negligible impact on the progress
curves due to its high stoichiometric excess. However, the conversion of B to BA after the full
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reaction time matched the simulation. It is important to note the excellent quality of the optimization
prediction to the experimental reproducibility run, in particular given that the kinetic model was
obtained using a separate set of experimental data [27] and partially obtained in a different lab using
different instrumentation.

(a) Reference batch case
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(b) Case 1: Dosing of A
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(c) Case 2: Dosing of B
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(d) Case 3: Dosing of A and B
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Figure 2. Results of the dynamic optimization and their experimental verification. Columns: (a) Batch
reference, (b) Intensification Case 1 involving the dosing of A, (c) Intensification Case 2 involving the
dosing of B, and (d) Intensification Case 3 involving the dosing of A and B. Rows: (i) concentration
profiles, (ii) reaction rate profiles, and (iii) volumetric flow rate profiles. Starting concentrations within
the design space were optimized so that the concentration of BA at final time point t f = 180 min
was maximized. Lower concentration bounds were defined as 0 mmol L−1 and upper bounds as 100,
149.35, 2.78 mmol L−1, and 50 μg mL−1 for A, B, BB, and E, respectively. Experiments were conducted
at 30 °C in a reaction volume of 30 mL (70 % v/v TEA buffer with cofactors and 30 % v/v DMSO)
at pH = 8.5. Batch reference: CBA,sim(t f ) = 5.83 mmol L−1, CBA,exp(t f ) = 5.40 mmol L−1, Case 3:
CBA,sim(t f ) = 6.59 mmol L−1, CBA,exp(t f ) = 6.97 mmol L−1.

In summary, optimizing the batch case for a maximum concentration of BA led to nearly full
conversion of B with selectivity to the target compound of over 98%, albeit at the cost of almost
complete enzyme inactivation.
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2.2. Case 1: Dosing of Propanal

The optimization of the dosing of propanal (A) along the reaction coordinate led to a slightly
higher allowable initial concentration of B of 6 mmol L−1 (those of E and A were again restricted by
their upper bounds) and a slightly higher final BA concentration of 5.88 mmol L−1 at comparable
98 % conversion (Table 1). The concentration profile of reactant A remained at a constant value of
100 mmol L−1 throughout the course of the reaction (Figure 2b-i), which was given by the upper
bound defined in Equation (17j). The constant propanal concentration was achieved by a decreasing
propanal dosing rate along the reaction coordinate (Figure 2b-iii), which followed its consumption
rate (Figure 2b-ii). The maintained optimal concentration of A showed that an increased reaction rate
toward BA outweighed the enzyme inactivation caused by A. Note that setting the upper bound to a
higher value beyond the design space limit used in this study might further increase the concentration
of BA. Except for the concentration of A, all other concentration and reaction rate profiles resembled
those of the reference batch case (Figure 2a-i,a-ii). In summary, the only marginal increase in the final
concentration of BA for this case was essentially due to the constant concentration of A, but suggested
that the added experimental effort for the intensification was probably not warranted.

2.3. Case 2: Dosing of Benzaldehyde

In the case of dosing benzaldehyde (B) (Figure 2c-i), the optimal initial concentration of B was
reduced by nearly an order of magnitude to 0.71 mmol L−1 with A and E being restricted by their
upper bounds. The concentration profile for A resembled that of the reference batch case. A final BA
concentration of 6.52 mmol L−1 was obtained (Table 1), which corresponded to a 12 % increase over
the batch reference.

In Figure 2c-i, we show that the concentration of B was maintained at a relatively constant
low concentration. Similar to the propanal dosing case, the almost constant concentration of B
was achieved by the dosing profile (Figure 2c-iii) mirroring the benzaldehyde consumption rate
(Figure 2c-ii). However, the low B concentration drove the cross-carboligation pathway to maximize
the formation of BA while the competing side product BB was formed at a relatively low concentration.
In Figure 2c-ii, we highlight this effect, as the reaction rate of BB stays close to zero after a very
short initial formation phase. The consumption rates of A and B nearly overlapped, which further
supported the assumption that the optimal dosing of A shifted the reaction network significantly
toward the conversion of A and B to form the target compound BA. However, the low concentration
of B minimized the inactivation of the enzyme due to B, resulting in a significantly reduced enzyme
inactivation rate (Figure 2c-ii), which was accompanied by a less steep enzyme activity loss than in
the reference batch case (Figure 2a-i) and Case 1 (Figure 2b-i). As a result, a higher concentration of
active enzyme was available for the production of BA at any time point. The low concentration of B at
each time point, therefore, yielded the optimal balance between reaction kinetics toward BA and the
conservation of Pf BAL.

2.4. Case 3: Dosing of Propanal and Benzaldehyde

The results for the case of dosing propanal (A) and benzaldehyde (B) simultaneously are shown
in Figure 2d-i. The optimal initial concentration of B of 0.70 mmol L−1 was only slightly lower than on
dosing of benzaldehyde and led to a final BA concentration of 6.59 mmol L−1 (Table 1) with a yield
of 88 %. This product concentration corresponded to a 13 % increase over the batch reference case
and was only slightly higher than the value obtained for Case 2, thus confirming that dosing of B
played an essential role in maximizing the final concentration of BA.

The dosing of A and B in Case 3 could be considered as a superposition of Case 1 and Case 2.
Thus, the discussions for Cases 1 and 2 also apply here. Dosing of A and B simultaneously led to the
highest final BA concentration from the intensification cases. Therefore, dosing of propanal (A) and
benzaldehyde (B) was the best intensification strategy among all cases considered in this work and
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was selected for experimental reproducibility. The experimental setup was technically approximated
as a fed-batch reactor.

In Figure 2d-i, we show the overlay of the simulated concentration progress for the optimized
initial conditions and feeding profiles with the experimental data, which confirmed the optimization
results. The measured concentration of BA nearly perfectly overlayed with the simulation for
approximately 120 min and then slightly diverged to higher values by up to 6 %. As the measured
initial concentrations were in line with the optimization case, but more benzaldehyde substrate was
converted toward the end of the experiment compared to the model prediction, slower enzyme
inactivation in the real experiment than in the predicted model seemed a plausible cause for this
deviation. Measured concentrations of BB stayed constantly below 0.1 mmol L−1, which was in line
with the simulation. The high ratio of BA to BB also confirmed the optimization result that keeping
concentrations of B low during the experiment increased the selectivity toward BA and slowed down
enzyme inactivation.

In contrast to the progress of BA and BB, the experimental concentration progress of B varied
over time, presumably due to the manual sample withdrawal. Although the outlet of the dosing
tube was submerged in the reaction solution, non-ideal mixing may have led to increased substrate
concentrations near the tube outlet. For the products BA and BB, this issue did not apply as these
compounds were homogeneously produced in the liquid body. An additional source of experimental
error might exist due to HPLC sample storage in slightly variable vials, where the volatile substrate B
may evaporate to the headspace, whereas BA and BB have low vapor pressures at ambient conditions.

In summary, the initial concentrations and feed rates obtained from the model based optimization
applied to the laboratory setup could be experimentally reproduced and led to an enhanced final BA
concentration, thus demonstrating successfully that the concentration of BA after a total runtime of
180 min could be increased by switching from the optimal batch scenario to an optimized fed-batch
setup with time dependent feeding rates of Substrates A and B.

2.5. Data Summary

The optimized initial substrate and enzyme concentrations, together with the predicted final
BA concentration and solution times for all cases, as well as the residual sum of squares and mean
squared error for the experimental validations are summarized in Table 1. The solution times for all
cases computed were between 1 and 4 s and, thus, orders of magnitude faster than the time required to
perform laboratory experiments. As laboratory experiments successfully validated the model based
predictions, they could significantly reduce the time for the development of enzymatic processes.

The model based prediction quality surpassed the typical results of response-surface-model
optimization using statistical experimental design. Thus, this study bolsters the importance and
justifies the effort to identify the proper mechanistically based kinetic model.

3. Materials and Methods

3.1. Computational Methods

3.1.1. Material Balances

The dynamic model consisted of the material balances for Species A, B, BA, BB, and E. Instead
of using the mole balances, as typically done in the EPF approach, we used a concentration
basis because of numerical robustness during optimization. Furthermore, a perfectly mixed fluid
element was assumed to avoid additional complexity introduced by the residence time distribution.
The corresponding mass balances for the reactants A and B are as follows:

dCA

dt
=

jA
V

− CA

V
(sAqA + sBqB) + rA , (1)
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dCB

dt
=

jB
V

− CB

V
(sAqA + sBqB) + rB , (2)

where:
jA = sAqACin

A , (3)

jB = sBqBCin
B , (4)

and where CA and CB denote the concentrations of propanal (A) and benzaldehyde (B) in the reactor,
respectively; j, q, and r the corresponding fluxes, feeding rates, and reaction rates, respectively; whereas
Cin

A and Cin
B denote the inlet feed concentrations of pure liquid propanal and benzaldehyde of 13.946 M

and 9.8 M, respectively. To avoid redundancy and provide a generalized representation of the material
balances for all cases considered in this work, the binary terms sA and sB were introduced. That is,
the reference batch case and dosing of either A and B were modeled via the binary decision variables,
sA and sB. For example, the material balance equations for the reference batch case could be obtained
by setting sA = 0 and sB = 0. Moreover, note that the variables CA, CB, jA, jB, qA, qB, and V were
all time varying, but for the sake of readability, the time varying argument was omitted. This also
holds for variables CBA, CBB, and CE in the following paragraphs. Similarly, the material balances for
the products (R)-2-hydroxy-1-phenylbutan-1-one (BA) and benzoin (BB), and the enzyme Pf BAL (E),
where no dosing occurs, are defined as:

dCBA

dt
= −CBA

V
(sAqA + sBqB) + rBA , (5)

dCBB

dt
= −CBB

V
(sAqA + sBqB) + rBB , (6)

dCE

dt
= −CE

V
(sAqA + sBqB) + rE . (7)

Finally, the change in volume with time due to the amount of A and B added during the reaction
is defined as follows:

dV
dt

= sAqA + sBqB. (8)

3.1.2. Mechanistic Kinetic Model

The mechanistic kinetic model was based on the reaction mechanism shown in Figure 1 and was
derived by solving the mass balances for substrates, products, and enzyme species under steady state
conditions for the enzyme intermediates. Furthermore, the model considered the rate of inactivation of
Pf BAL, which was derived previously by combining progress curve analysis and optimal experimental
design [27]. In this work, we additionally considered thermal deactivation of the enzyme, described
by the reaction rate constant kinact,time. The mechanistic kinetic model is given by:

rA = −NBA

D
· CE (9)

rB = −2NBB + NBA

D
· CE (10)

rBA =
NBA

D
· CE (11)

rBB =
NBB

D
· CE (12)

rE = (−kinact,A · CA − kinact,B · CB − kinact,time)CE. (13)

For the ease of representation, the terms NBA, NBB, and D are defined as the following
constitutive equations:
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NBA = k22 · k33 · k4 · k5 · CA · CBB

− k2 · k3 · k44 · k55 · CB · CBA

+ k1 · (k22 + k3) · k4 · k5 · CA · CB

− k11 · (k22 + k3) · k44 · k55 · CBA, (14)

NBB = k2 · k3 · k44 · k55 · CB · CBA

− k22 · k33 · k4 · k5 · CA · CBB

+ k1 · k2 · k3 · (k44 + k5) · C2
B

− k11 · k22 · k33 · (k44 + k5) · CBB, (15)

D = k11 · (k22 + k3) · (k44 + k5)

+ k1 · (k22 + k3) · k4 · CA · CB

+ (k22 + k3) · k4 · k55 · CA · CBA

+ k33 · k4 · (k22 + k5) · CA · CBB

+ k1 · k2 · (k44 + k5) · C2
B

+ k2 · (k3 + k44) · k55 · CB · CBA

+ k2 · k33 · (k44 + k5) · CB · CBB

+ (k22 + k3) · k4 · k5 · CA

+ k1 · (k22 + k3) · (k44 + k5) · CB

+ k2 · k3 · (k44 + k5) · CB

+ (k11 + k44) · (k22 + k3) · k55 · CBA

+ (k11 + k22) · k33 · (k44 + k5) · CBB. (16)

Note that the original parameter values in [27] were not directly applicable as these parameters
were derived for a kinetic model without thermal Pf BAL inactivation. However, in this study, all kinetic
parameters in Equations (9)–(16) were estimated using the methods and data presented in [27] and are
summarized in Table 2.

3.1.3. Dynamic Optimization Problem and Solution Strategy

The dynamic optimization problem aimed to maximize the final concentration of BA with respect
to the time varying material balances, the volume change, and the reaction kinetic equations and is
defined for the various intensification cases as:
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maximize
jA(t), jB(t), CA0,

CB0, CE0, V0

CBA(tf) (17a)

subject to Material balances: Equations (1) − (7), (17b)

Volume change: Equation (8), (17c)

Reaction kinetics: Equations (9) − (16), (17d)

0 ≤ qi(t) ≤ 0.1 L min−1, for all i in {A, B}, (17e)

0 ≤ V0 ≤ 3 × 10−2 L, (17f)

0 ≤ V(t) ≤ 3 × 10−2 L, (17g)

0 ≤ Ci,0 ≤ CUB
i,0 , for all i in {A, B, BB, E}, (17h)

0 ≤ Ci(t) ≤ CUB
i , for all i in {A, B, BB, E}, (17i)

CUB
A,0 = CUB

A = 100 mmol L−1, (17j)

CUB
B,0 = CUB

B = 149.35 mmol L−1, (17k)

CUB
BB,0 = CUB

BB = 2.78 mmol L−1, (17l)

CUB
E,0 = CUB

E =
50

MwtE
= 8.4862 × 10−4 mmol L−1, (17m)

t f = 180 min, (17n)

The upper bounds on q(t) were set to 100 mL min−1, which was the maximum pumping rate
of the dosing pumps (Equation (17e)); those for V0 and V(t) were set to 3 × 10−2 L, which was the
maximum volume of the reactor used in the experimental setup (Equations (17f) and (17g)).

The inequality constraints (Equations (17h) and (17i)) represent the bounds for the initial and time
varying concentrations Ci,0 and Ci(t), respectively. The corresponding upper bounds were set to their
respective maximum values used when estimating the kinetic parameters with CUB

A of 100 mmol L−1

and CUB
E of 50 μg mL−1, with MwtE = 58919 g/mol (Equations (17j) and (17m)). The upper bounds for

B and BB were set to their solubility limits (Equations (17k) and (17l)). Finally, the maximum reaction
time tf was set to 180 min for the experimental duration time.

The dynamic optimization problem (Equation (17)) was solved by using the direct simultaneous
approach, because of its ability to efficiently handle numerical instabilities and path constraints [29,30].
Specifically, the dynamic optimization problem for all cases was transcribed into algebraic equations
by using the method of orthogonal collocation on finite elements [31]. The resulting system of algebraic
equations falls into a class of optimization problems called nonlinear programming (NLP) [30].
The NLP was implemented in the MATLAB API for CasADi 3.4.0, a framework for automatic
differentiation and numerical optimization [32]. Furthermore, 50 finite elements and three collocation
points were used to discretize the dynamic optimization problems for all intensification cases
considered. The number of 50 finite elements selected was found to provide a good trade-off
between numerical accuracy and computational cost; while the three collocation points were chosen as
recommended in [30]. The resulting NLP was solved by using IPOPT, an interior point solver designed
for large scale NLPs [33], in combination with the sparse symmetric linear solver MA57 [34,35].
All computations were performed on a Linux computer running a CentOS 7 operating system with an
Intel(R) Core(TM) i7-4789 processor at 3.60 GHz and 16 GB RAM.

3.2. Experimental Setup

3.2.1. Materials

All chemicals used in this study were of analytical grade and used as purchased.
Benzoin (racemic), propanal, thiamine diphosphate (ThDP), and triethanolamine (TEA) were
purchased from Sigma Aldrich; acetonitrile (ACN), dimethyl sulfoxide (DMSO), and Bradford
reagent from Carl Roth GmbH + Co. KG; 3,5-dimethoxy-benzaldehyde (DMBA), benzaldehyde,
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and bovine serum albumin (BSA) from Thermo Fisher Scientific; and trichloroacetic acid (TCA)
from PanReac AppliChem. No further purification steps were performed before the experiment.
Pure (R)-2-hydroxy-1-phenylbutan-1-one was provided by the Institute of Bio- and Geosciences
at Forschungszentrum Jülich, Germany. Pf BAL was kindly provided by the Institute of Bio-
and Geosciences at Forschungszentrum Jülich as well; the His tagged enzyme was expressed in
Escherichia coli SG13009, subsequently purified via immobilized metal affinity chromatography on a
Ni-NTA-column, and finally desalted with size exclusion chromatography [36]. The pooled fractions
were diluted to a concentration of 1 mg mL−1 with a desalting buffer (10 mmol L−1 TEA, 2.5 mmol L−1

MgSO4, 0.5 mmol L−1 ThDP, adjusted to pH 7.5 with 1 mol L−1 HCl), lyophilized for several days,
and then kept at −20 °C in an airtight container.

3.2.2. Preparation of Pf BAL Solution

Before each experiment, the enzyme solution and the reactant solution were freshly prepared in
separate flasks. For the enzyme solution, the Pf BAL lyophilizate was added to 10–20 mL of a prepared
TEA buffer solution (50 mmol L−1 TEA, adjusted to pH 8.5 with 1 mol L−1 HCl) containing cofactors
(0.72 mmol L−1 ThDP and 3.56 mmol L−1 Mg2+). The Pf BAL concentration in the stock solution was
determined with a standard Bradford assay [37] using a Tecan Spark photometer. The enzyme stock
solution was appropriately diluted with 50 mmol L−1 TEA buffer solution containing cofactors to the
concentration desired for the specific reaction.

Pf BAL activity was measured via the Pf BAL catalyzed ligation of fluorescent DMBA to
(R)-3,3′,5,5′-tetramethoxy-benzoin, causing a decrease in fluorescence over time [38]. Three different
solutions with 70 % v/v TEA buffer with cofactors and 30 % v/v DMSO were prepared for the activity
test. Solution I was obtained by diluting the enzyme stock solution with TEA buffer with cofactors
and DMSO to a final Pf BAL concentration of 15 μg mL−1. For Solution II, 2 mmol L−1 DMBA was
dissolved, and Solution III remained without further additions. Four samples and four blanks were
prepared in a 96 well microtiter plate by mixing 20 μL of Solution I with 180 μL of either Solution II
or III. The plate was placed inside the preheated plate reader (Tecan Spark) at a temperature of 30 °C,
and the emission intensity at 460 nm with an excitation at 362 nm was measured in intervals of 5 s for
a total time of 90 s. The activity of Pf BAL was calculated with an existing calibration curve for the
fluorescence of DMBA at varying concentrations.

For the reactant solution, benzaldehyde and propanal were dissolved in DMSO. This step was
done immediately before starting the experiment to avoid losses of any volatile substances.

3.2.3. Progress Curve Experiments

The results of dynamic optimization for the intensification cases were experimentally reproduced
by performing progress curve experiments under the respective optimal conditions. The experiments
were conducted in a magnetically stirred glass cylinder, which was placed in a water bath for
temperature control at 30 °C. To minimize the evaporation of volatile Substances A and B during the
experimental procedure, a PTFE lid was placed inside the glass cylinder right above the fluid level.
Small holes in the PTFE lid gave access for the feeding tubes. The position of the lid was manually
adjusted to correct for volume changes caused by sampling and, to a lesser extent, dosing.

The reaction was initiated by pouring both solutions (9 mL of reactant solution and 21 mL of
enzyme solution) into the glass cylinder. The liquid was homogenized with the magnetic stirrer,
and the lid was placed into position. After 10 s, a 100 μL zero sample was taken from the mixture
and transferred to a 1.1 mL high performance liquid chromatography (HPLC) vial containing 50 μL
of 1.25 % TCA solution to quench the enzymatic reaction immediately. About 950 μL of ACN were
added to dilute the sample for the following analysis and to minimize the headspace inside the HPLC
vial. Samples were taken at 6 to 10 min intervals for the first hour. Then, the sampling frequency was
reduced to minimize the overall extraction of the reaction volume. All samples were prepared for
analysis in HPLC on the same day or stored in a freezer at −20 °C until further processing.
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In the case of the fed-batch experiments, two glass syringes were filled with A and B, respectively,
before the start of the experiment and positioned in high precision neMESYS 290N syringe pumps
(Cetoni GmbH, Korbussen). PTFE tubes connected to the syringes were threaded through the holes
of the PTFE lid into the reaction vessel and submerged in the reaction mixture. The feeding profile
obtained from the dynamic optimizations for both substrates was individually programmed via
the neMESYS UserInterface software. Dosings of A and B were initiated simultaneously with the
zero sample.

3.2.4. HPLC Analysis

All samples from the progress curve experiments were filtered through 0.2 μm PTFE syringe
filters and were subsequently analyzed in reversed phase chromatography (RP-HPLC). About 30 μL of
the sample volume were injected onto an RP8-column (LiChrospher 100 RP-8 (5 μm), Merck KGaA)
at 40 °C. The eluent was a mixture of ultrapure water and ACN with a flow rate of 1.2 mL min−1.
Initially, the eluent composition was 82 % v/v ultrapure water and 18 % v/v ACN. After 5.5 min,
the composition was gradually changed within 2 min to 100 % ACN and maintained for 1 min. Then,
the composition was gradually changed back to 82 % v/v ultrapure water and 18 % v/v ACN within
2 min. The column was then flushed for 3 min to conclude the method, with a total runtime of
13.5 min. Peaks of the individual compounds appeared after retention times of 6.1 min for B, 8.5 min
for BA, and 9.1 min for BB. HPLC calibration was performed using standard samples of B, BB, and BA
dissolved in 70 % v/v TEA buffer solution and 30 % v/v DMSO.

4. Conclusions

This contribution presents the elementary process functions (EPF) approach as a viable model
based tool for designing optimal operating conditions for enzyme catalyzed reactions. For Pf BAL
catalyzed cross-carboligation of benzaldehyde and propanal, the final concentration of the product
(R)-2-hydroxy-1-phenylbutan-1-one was chosen as the objective function to be optimized, and three
process intensification scenarios were evaluated making use of the EPF concept.

The best final product concentration was obtained when dosing both aldehyde substrates, leading
to a 13 % increase compared to the optimized batch case that was used as the reference scenario. It was
found that dosing propanal only served in replenishing the amount converted during the reaction so
that the concentration constantly stayed at the upper limit specified in the design space. In contrast,
dosing of benzaldehyde was found to be optimal when the concentration was set to a low initial value
and never reached higher than 0.81 mmol L−1. This strategy slowed down the Pf BAL inactivation
considerably, as well as the competing reaction to the byproduct benzoin. Although fed-batch processes
are widely used in cases where substrates inhibit or even inactivate enzymes, determining time
dependent dosing strategies is feasible only using model based approaches as presented. The value
of the model based design becomes even more significant for optimization problems where the
objective function is less intuitive than the product concentration. In the case of dosing propanal and
benzaldehyde simultaneously and the derived optimal feeding profiles, experimental data confirmed
the predicted results in the lab.

The apparatus independent EPF approach presented in this work could serve as a tool that enables
process engineers to design novel processes and reactors systematically for enzyme catalyzed reaction
systems in general. Additional reaction conditions, such as temperature, pH value, and composition of
the reaction medium, might be incorporated into the kinetic model and open up the possibility for
further improvements. Once the effects of protein engineering become tractable by appropriate
structure–function relations, EPF based optimization of biocatalytic reactions may contribute to
combining protein engineering and process systems engineering concepts [6,39].
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Abbreviations

Mwt molecular weight (g mol−1)
E. coli Escherichia coli
Pf BAL benzaldehyde lyase from Pseudomonas fluorescens
A propanal
ACN acetonitrile
B benzaldehyde
BA (R)-2-hydroxy-1-phenylbutan-1-one
BB (R)-benzoin
CSTR continuous stirred tank reactor
DMBA 3,5-dimethoxy-benzaldehyde
DMSO dimethyl sulfoxide
E enzyme
EPF elementary process functions
HPLC high performance liquid chromatography
HPP (R)-2-hydroxy-1-phenylpropanone
NLP nonlinear programming
PTFE polytetrafluoroethylene
RP-HPLC reversed phase chromatography
TEA triethanolamine
ThDP thiamine diphosphate
Indices, subscripts and superscripts

f final
i species or component index
0 initial
in inlet feed
UB upper bound
Latin symbols

C concentration (mmol L−1)
D denominator term for the reaction rate
j dosing flux (mmol min−1)
k reaction rate constant
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N numerator term for the reaction rate
q feeding rate (L min−1)
r reaction rate (mmol L−1 min−1)
s binary variable (−)
t reaction time (min−1)
V volume (L)
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Abstract: Fishery processing by-products have been of great interest to researchers due to
their beneficial applications in many fields. In this study, five types of marine by-products,
including demineralized crab shell, demineralized shrimp shell, shrimp head, shrimp shell, and squid
pen, provided sources of carbon and nitrogen nutrition by producing a protease from Paenibacillus sp.
TKU047. Strain TKU047 demonstrated the highest protease productivity (2.98 U/mL) when cultured
for two days on a medium containing 0.5% of shrimp head powder (SHP). The mass of TKU047
protease was determined to be 32 kDa (approximately). TKU047 protease displayed optimal activity
at 70–80 ◦C and pH 9, with a pH range of stability from 6 to 11. TKU047 protease also showed stability
in solutions containing surfactants and detergents. Based on its excellent properties, Paenibacillus sp.
TKU047 protease may be a feasible candidate for inclusion in laundry detergents.

Keywords: marine chitinous by-products; Paenibacillus; protease; shrimp heads

1. Introduction

Every year, the seafood processing industry discards a large amount of by-products, including viscera,
shells, heads, squid pens, fins, and bones, even though they could be recycled to produce bioactive
compounds like gelatin [1–4], enzymes [4–17], chitin [8,18–26], chitin oligomers [7,11,12], α-glucosidase
inhibitors (aGI) [27–31], carotenoids [32,33], and bioactive peptides [34–40]. Consequently, much research
has gone into converting these by-products into bioactive products that have potential applications
in biotechnological, agricultural, nutritional, pharmaceutical, and biomedical industries [1,4,5,17].
Marine chitinous byproducts, such as shells of crabs and shrimps, and pens (gladius) of squids,
are a great source of chitin. However, these materials also contain a significant amount of mineral
salts and proteins [4,8,17]. As a result, strong alkalis and acids are typically used for deproteinization
and demineralization during the production of chitin and chitosan. However, there are several
drawbacks to the use of chemical procedures. With a more environmentally friendly production process,
these marine byproducts could be used as carbon/nitrogen sources for microorganism bioconversion
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to various high-value products, including chitinase/chitosanase [6,11–13,15,16,20], proteases [13,14],
exopolysaccharides [41–43], and tyrosinase inhibitors [44].

Proteases break down proteins to release peptides and amino acid bases upon catalyzing
the hydrolytic reaction [45]. Since there is a huge demand for proteases in many fields, including detergent,
brewing, meat, photography, leather, and dairy industries, research on the production and application of
proteases is ongoing [46,47]. Compared to plant and animal sources, proteases from microorganisms
have more advantages as they can be cultured at an industrial scale, have a short fermentation period,
and are easy to obtain [45]. In addition, microorganisms could utilize a wide range of C/N sources,
including various types of fishery by-products, to produce proteases [45], which would help reduce
the cost of protease production and make their application more attractive.

Paenibacillus is a useful bacterial family employed in the medical, industrial, and agricultural
fields [48]. Recently, when fishery processing by-products were used as the nutrition source
(carbon and nitrogen), several strains of Paenibacillus exhibited excellent abilities in the production
of bioactive compounds, including α-glucosidase inhibitors [49], exopolysaccharides [43],
anti-inflammatory medication [50,51], antioxidants [30], and chitosanases [11–13]. However, few
reports have examined proteases derived from Paenibacillus, especially using shrimp heads. While
several Paenibacillus strains demonstrated protease productivity on media containing squid pen or
demineralized crab shell, the properties of their proteases were not explored [13].

In the current study, a proteolytic strain screened from soil samples at Tamkang University,
Paenibacillus sp. TKU047, used squid pen powder (SPP) as the main source for providing carbon,
as well as nitrogen. The optimal conditions for protease production on five types of fishery processing
by-products including SPP, shrimp shell powder (SSP), demineralized crab shell powder (deCSP),
shrimp head powder (SHP), and demineralized shrimp shell powder (deSSP), as well as the enzyme
characteristics were investigated. In order to determine its industrial potential, the detergent
compatibility of Paenibacillus sp. TKU047 was also explored.

2. Results and Discussions

2.1. Screening of a Proteolytic Strain

More than 60 bacterial strains were obtained from soil samples using a medium containing 1% SPP.
Among them, TKU047 showed the highest protease activity (1.97 U/mL). In studies aimed to find
a bacterial strain which efficiently converted fishery processing by-products into worthwhile bioactive
compounds, TKU047 showed good potential for protease production. Thus, TKU047 was selected
for further experiments. TKU047 was proven to be a member of Paenibacillus by morphological,
biochemical, and 16S rDNA sequencing methods. However, its identified profile using the API 50
CHB/E kit did not match with any specific Paenibacillus species. As such, TKU047 was simply identified
as Paenibacillus sp. The biosynthesis of proteases by Paenibacillus have rarely been reported [52–54],
especially on fishery processing by-products [13], therefore the current study shows promise in seeking
to discover a novel protease.

2.2. Screening the C/N Source for Protease Production

Finding the best carbon/nitrogen (C/N) source was a necessary step for protease production in
numerous reports [10–16]. In the current study, five kinds of fishery processing byproducts were
used to grow Paenbacillus sp. TKU047, including SHP, SPP, SSP, deSSP, and deCSP. Each material
was added to a medium containing only basal mineral salts (0.05% MgSO4 and 0.1% K2HPO4) at 1%
concentration. As shown in Figure 1, protease productivity achieved the highest value at days 4 and 5,
with the exception of SHP (only 3–4 days). The greatest production was found with SHP (2.93 U/mL on
day 3 and 2.94 on day 4) and SPP (2.90 U/mL on day 5), followed by deCSP (2.63 U/mL on day 4), deSSP
(2.16 U/mL on day 5), and SSP (0.95 U/mL on day 4). Although there was no significant difference
between SHP and SPP in maximum protease productivity, TKU047 required a shorter incubation period
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with SHP than SPP (3 versus 5 days). As a result, SHP was chosen as the best source for producing
protease by TKU047. Compared to other bacterial strains producing protease, TKU047 had higher
protease productivity than Bacillus, Paenibacillus, and Serratia [13]. This suggested that Paenibacillus sp.
TKU047 had potential for the conversion of fishery processing by-products for protease production.

 
Figure 1. Screening of fishery processing byproducts as the C/N source for protease production in
Paenibacillus sp. TKU047. All points on the graph indicate the mean of each experiment (with n = 3)
and standard deviation (error bar). The letters n.s., *, **, and *** indicate not significantly different or
significantly different at p < 0.05, p < 0.01, or p < 0.001, respectively, in comparison with the control
group (C) based on one-way ANOVA analysis. The data point of SHP at day 4 was used to denote
the control group.

In many reports, protease production required extra sources, such as glucose [55], lactose [56], beef
extract [57], peptone [58], or yeast extract [44]. Due to their higher costs, these chemicals would increase
the price of enzyme production. By-products from agriculture and fishery processing could overcome
this drawback by providing the sole C/N source for the microorganisms [8,13,14,45]. Among these,
shrimp heads contain a high ratio of protein and chitin [13], which makes them a good C/N source for
producing various bioactive compounds via microbial fermentation [11,27,29].

2.3. Effect of Shrimp Head Powder Concentration

The effect of SHP concentration on producing protease was investigated herein. Different SHP
concentrations (0.1%, 0.5%, 1%, 1.5%, and 2%) were added to the basal medium (0.05% MgSO4,
and 0.1% K2HPO4) to determine optimal concentration. As shown in Figure 2, maximum protease
activity was found on days 2–4, but lower SHP concentrations achieved maximum protease activity
in a shorter period of time than higher concentrations of SHP (2 days with 0.1% SHP and 0.5% SHP,
3 days with 1% SHP and 1.5% SHP, and 4 days with 2% SHP). The highest protease activity was
generated with 0.5% SHP (2.98 U/mL, 2 days) and 1% SHP (2.97 U/mL on day 3 and 2.96 U/mL on
day 4). This result suggests that lower SHP concentrations may achieve a better result than higher
concentrations. Similarly, it was found that Paenibacillus sp. TKU042 expressed its highest protease
activity at lower SPP concentrations of 0.5–2% [13]. Due to its shorter cultivation time and the lack of
significant difference in protease activity compared to 1% SHP, 0.5% (w/v) was chosen as the best SHP
concentration for producing protease.
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Figure 2. Effect of SHP concentration on protease production in Paenibacillus sp. TKU047. All points
on the graph indicate the mean of each experiment (with n = 3) and standard deviation (error bar).
The letters n.s., *, **, and *** indicate not significantly different or significantly different at p < 0.05,
p < 0.01, or p < 0.001 (respectively) in comparison with the control group (C), based on one-way
ANOVA analysis. Data point of 0.5% SHP on day 2 was used to signify the control group.

2.4. Isolation of TKU047 Protease

TKU047 protease was purified from culture broth by the following steps: EtOH precipitation,
ion chromatography, and size-exclusion chromatography. Table 1 shows the purification profile.
The enzyme was efficiently concentrated by EtOH with 96.44% of activity retained and eluted on
a Macro-Prep High S column using a NaCl gradient from 0 M to 1 M. As shown in Figure 3, only one
activity peak appeared at the elution stage. The activity fractions were concentrated by lyophilization
for later use. A high performance liquid chromatography (HPLC) system with KW802.5 column was
used to purify TKU047 protease, and 7.83 g of TKU047 protease was collected with a recovery yield
of 34.70% and a specific activity of 16.18 U/mg. It had been reported that Paenibacillus sp. TKU042
and P. tezpurensis sp. nov. AS-S24-II had higher values of specific activity than the TKU047 protease.
However, the enzyme from TKU047 had the best recovery yield among the three [13,52].

Table 1. Purification of Paenibacillus sp. TKU047 protease.

Step
Total Protein

(mg)
Total Activity

(U)
Specific Activity

(U/mg)
Recovery

(%)
Purification

(Fold)

Cultural supernatant 1972.83 365.00 0.19 100.00 1.00
EtOH precipitation 125.56 352.00 2.80 96.44 15.15
Macro-Prep High S 88.88 272.30 3.06 74.60 16.56

KW-802.5 7.83 126.67 16.18 34.70 87.44

The purification of Paenibacillus sp. TKU047 was also analyzed by sodium dodecyl
sulfate-polyacrylamide gel electrophoresis (SDS-PAGE). As shown in Figure 4, the band of TKU047
protease clearly appears at the line of the culture supernatant, indicating that TKU047 may release
protease into the medium as one of its main products in the presence of SHP. According to protein
markers, the mass of TKU047 protease was 32 kDa, which was very similar to Paenibacillus sp. TKU042
protease (35 kDa) [13], but different from other Paenibacillus proteases, such as P. tezpurensis sp. nov.
AS-S24-II (43 kDa) [52], P. larvae strain 44 (59 kDa) [53], and P. lautus CHN26 (52 kDa) [54].
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Figure 3. A typical chromatogram of Macro-prep High S column of Paenibacillus sp. TKU047 protease.

 

Figure 4. Sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE) profile of the TKU047 protease.
M: Protein markers. 1 and 2: Crude enzyme after EtOH precipitation. 3: Adsorbed on Macro-prep High S
column. 4: Purified enzyme after HPLC analysis on KW802.5 column. →: Purified enzyme.
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2.5. Effects of Temperature and pH on TKU047 Protease

As shown in Figure 5, TKU047 protease displayed optimal activity between 70–80 ◦C. TKU047
protease also expressed thermal stability, while retaining over 80% of its activity at 60 ◦C. These results
suggest that TKU047 protease is a thermostable enzyme. Compared to other reports, TKU047 showed
a higher optimal temperature than P. tezpurensis sp. nov. AS-S24-II protease (45–50 ◦C) [52] or P. lautus
protease (20–30 ◦C) [54], and could be comparable with thermostable proteases from Bacillus strains [45].
A higher optimal temperature and thermostability are important factors for industrial applications;
therefore, Paenibacillus sp. TKU047 protease has a great advantage over other proteases.

 
Figure 5. Effect of temperature on the activity (A) and stability (B) of Paenibacillus sp. TKU047 protease.
All points on the graph indicate the mean of each experiment (with n = 3) and standard deviation
(error bar). Different letters (a, b, c, d, e, and f) indicate significant difference based on Tukey’s test with
p < 0.05.

The effect of pH on the activity and stability of TKU047 protease was also investigated. The optimal
pH of TKU047 was 9 and the enzyme was stable in a pH range of 6–11 (Figure 6). With over 80% of
enzyme activity retained at alkaline pH range (7–11), TKU047 protease was consequently defined
as an alkaline protease. The vast majority of Paenibacillus proteases express higher activity under
alkaline conditions; the optimal pH is approximately 9 [52,54]. Alkaline proteases have received
much attention due to their many applications in the detergent, food, pharmaceutical, and leather
industries [45]. It is therefore worthwhile to investigate Paenibacillus sp. TKU047 protease for other
valuable properties.

 
Figure 6. Effect of pH on activity (A) and stability (B) of Paenibacillus sp. TKU047 protease. All points
on the graph indicate the mean of each experiment (with n = 3) and standard deviation (error bar).
Different letters (a, b, c, d, and e) indicate significant difference based on Tukey’s test with p < 0.05.
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2.6. Substrate Specificity

As shown in Figure 7, TKU047 protease expressed the greatest activity in order of casein >
fibrinogen > keratin > albumin > gelatin > elastin > collagen. It suggested that TKU047 could exhibit
good caseinolytic and fibrinolytic ability compared to other activities. This result is different from
the protease produced by P. tezpurensis sp. nov. AS-S24-II strain, which demonstrated its best activity
on keratin [52].

Figure 7. Substrate specificity of Paenibacillus sp. TKU047 protease. All points on the graph indicate
the mean of each experiment (with n = 3) and standard deviation (error bar). Different letters (a, b, c,
and d) indicate significant difference based on Tukey’s test with p < 0.05. The values on top of the bars
(%) are the ratios of the activities of TKU047 protease on different substrates to those on casein.

2.7. Effect of Metal Ions, Protease Inhibitors, and Surfactants

Among the tested ion metals, Fe2+, Na+, and Ba2+ significantly increased the activity of TKU047
protease by 25%, 44%, and 56%, respectively; other metal ions showed only a slight effect on enzyme
activity (Figure 8). Na+ has been reported as a factor that enhances protease activity [8]; however,
the results for Fe2+ and Ba2+were different in other reports, which suggests that those metal ions inhibited
protease activity [45,54]. In the presence of surfactants, TKU047 protease showed good resistance, with
the retained activity higher than the control group (112% on tween 40, 116% on tween 20, and 161% on
SDS) with only Triton X-100 being the exception (retaining 54% of initial activity). Since no activity was
lost after incubating with 2-mercaptoethanol (2-ME), the thiol group may not contribute to the activity
of the TKU047 protease. In addition, the results of adding ethylenediaminetetraacetic acid (EDTA)
and phenylmethylsulfonyl fluoride (PMSF) revealed that TKU047 was only strongly inhibited by EDTA.
This indicates that TKU047 protease is part of the metallo-protease family. This is consistent with reports
that proteases from Paenibacillus strains are metallo- or serine-proteases [52,53].
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Figure 8. Effect of metal ions, protease inhibitors, and surfactants on Paenibacillus sp. TKU047 protease.
All points on the graph indicated the mean of each experiment (with n = 3) and standard deviation
(error bar). Different letters (a, b, c, d, e, and f) indicate significant difference based on Tukey’s test with
p < 0.05. The values on top of the bars (%) are the ratios of the residual activities to the protease activity
of the enzyme in the phosphate buffer (control).

2.8. Compatibility with Commercial Detergents

According to the above results, Paenibacillus sp. TKU047 protease expressed several valuable
properties, such as high productivity when converting shrimp heads, thermal stability, alkaline
tolerance, and resistance to surfactants. As such, TKU047 protease could be considered a good
candidate for a detergent additive. However, the detergent stability of this protease needed to be
investigated before any further steps were taken. To explore the compatibility of TKU047 protease
with detergent, four kinds of commercially available Taiwanese detergents: EKOS, Yigan Sanjing
(YGSJ), AMAH concentrated lavender laundry detergent (AMAH), and YEUHYANG eco-friendly
laundry powder (YEUHYANG), were used at 1% concentration. Before testing, all the detergents were
examined for protease activity, but none exhibited proteolytic ability on casein. As shown in Figure 9,
TKU047 protease had excellent compatibility with YEUHYANG detergent, with no protease activity
lost after treatment. The compatibility of TKU047 protease with EKOS, YGSJ, and AMAH detergents
was also acceptable, with over 70% of residual activity observed. It has been reported that some alkaline
proteases from bacteria express good detergent compatibility. For instance, Sardinella longiceps protease
retained over 90% of activity with Arial, Bahar, Tide, and Bonux detergents [59], while B. licheniformis
RP1 retained over 93% of activity with Axion and Dixan detergents [60] and Bacillus sp. SSR1 exhibited
over 70% of activity with tested detergents [61]. Due to its high detergent compatibility, TKU047
protease has potential as a detergent additive.
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Figure 9. Compatibility of Paenibacillus sp. TKU047 protease with some commercial detergents
(0.5%, w/v). All points on the graph indicate the mean of each experiment (with n = 3) and standard
deviation (error bar). Different letters (a and b) indicate significant difference based on Turkey’s test
with p < 0.05. The values on top of the bars (%) are the ratios of the residual activities to the protease
activity of the enzyme in the phosphate buffer.

3. Materials and Methods

3.1. Materials

Fishery processing byproducts, excepting shrimp heads (from Fwu-Sow Industry, Taichun, Taiwan),
were from Shin-Ma Frozen Food Co. (I-Lan, Taiwan) [7]. Crab shells and shrimp shells were treated
by acid to remove the mineral contents [11]. The resin of ion chromatography (Macro-prep High S)
was bought from BioRad (Hercules, CA, USA). HPLC columns (KW-802.5) were bought from Showa
Denko K. K (Tokyo, Japan). Other reagents were all laboratory chemicals with high quality.

3.2. Protease Activity Assay

The assay for determining protease activity followed the previous report with some
modification [12]. Briefly, a 50 μL sample was dropped into an Eppendorf containing 50 μL substrate
(2% casein in 50 mM phosphate buffer, pH 7). Later on, the Eppendorf was gently vortexed and kept
on an incubator at 37 ◦C for 30 min. The enzyme activity was eliminated by the addition of 300 μL
trichloroacetic acid (TCA) solution (5%). The solution was collected by centrifuging the Eppendorf
at 11,000× g for 15 min, and then transferred to a mixture of Folin–Ciocalteu reagent and 20% Na2CO3

at a ratio of 8:2:15, respectively. After 20 min, the color of the solution was quantified based on 660 nm
wavelength. Protease activity was described by the amount of required enzyme for liberating 1 μmol
of tyrosine during 1 min of proteolytic reaction.
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3.3. Screening of a Proteolytic Bacteria

The method of bacterial isolation was described in a previous report [8]. After isolation,
the bacterial strains were cultivated in a liquid medium containing SPP (1%, w/v), MgSO4·7H2O
(0.05%, w/v), and K2HPO4 (0.1%, w/v) at 37 ◦C (150 rpm) for 3 days. Later on, the culture supernatants
were separated from bacterial cells and other sediments by centrifuging the medium (9000× g for 30 min).
This supernatant was collected to measure protease activity, as described below. The screening step
was done by selecting the strain which exhibited the highest protease productivity. The selected strain’s
morphological and biochemical properties were characterized by light microscopy and API 50 CHB
system (bioMérieux, Inc., Durham, NC, USA). The scientific name of the bacterial strain was identified
by DNA sequencing method.

3.4. Screening C/N Source for Protease Production

Five fishery byproducts: deSSP, deCSP, SPP, SHP, and SSP, were supplemented to the basal
medium containing MgSO4·7H2O (0.05%, w/v), and K2HPO4 (0.1%, w/v) at the same concentration
(1%, w/v). Cultivation was started by injecting 1% of seed to the medium and maintained at 37 ◦C,
150 rpm for 3 days. The protease productivity of bacterial strain on different C/N sources were tested
every 24 h.

3.5. Isolation of TKU047 Protease

Paenibacillus sp. TKU047 was cultivated as per the conditions described above. Two hundred
milliliters of culture supernatant was concentrated with EtOH at a ratio of 1:4. The protein precipitate
was obtained by centrifuging the miscellaneous solution of culture supernatant and EtOH for 30 min
at 12,000× g, and then dissolved in sodium phosphate buffer (50 mM, pH 7). The first enzyme
isolation step was carried out by a Macro-Prep High S column. The fractions, which exhibited
protease activity, were pooled for the next isolation step via HPLC method (column, KW802.5; injection
volume, 20 μL; mobile phase, 50 mM sodium phosphate buffer; detector, ultraviolet 280 nm; flowrate,
1 mL/min; temperature, 20 ◦C). The molecular mass determination of the isolated protease was done
by SDS-PAGE method.

3.6. Effects of pH and Temperature

The optimal temperature of TKU047 protease was investigated by incubating the mixture of
enzyme (50 μL) and substrate (50 μL) at different temperature points (20–100 ◦C) for 30 min. Thermal
stability of TKU047 protease was determined by pre-incubating the enzyme solution in a range of
temperature (up to 100 ◦C) for 30 min. After heat treatment, the enzyme solution was measured for
activity under the protease activity assay as mentioned above. In order to investigate the optimum
pH of TKU047 protease, several buffers (50 mM) were used to prepare enzyme solutions as well
as substrate solutions, including sodium decarbonate–carbonate buffer (pH 9–11), sodium phosphate
buffer (pH 6–8), sodium acetate buffer (pH 3.6–5), and glycine HCl buffer (pH 2–3.6). The pH stability
of TKU047 protease was carried out by pre-incubating the enzyme at different pH points (pH 2–7)
for 30 min. Later on, the pH of the enzyme solutions was adjusted to pH 7 by using sodium phosphate
buffer (0.2 M). The treated enzyme solutions were measured for activity under protease activity assay
as mentioned above.

3.7. Effect of Metal ions, Protease Inhibitors, and Surfactants

TKU047 protease was prepared in various chemical solutions, including: Ba2+, Zn2+, Fe2+, Cu2+,
Ca2+, Mg2+, Na+, EDTA, PMSF, Triton X-100, tween 40, 2-ME, and SDS. The final concentration of
metal ions, and protease inhibitors in the solutions were 5 mM, whereas those of surfactants was 10%.
The mixtures were kept in an incubator at 37 ◦C for 30 min. Residual protease activity was then
measured, using the methods described above.
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3.8. Substrate Specificity

TKU047 protease was prepared in sodium phosphate buffer (50 mM) with numerous substrates.
These included casein, fibrinogen, keratin, albumin, gelatin, elastin, and collagen. Later on, the mixtures
were kept in an incubator under the following conditions of protease assay as mentioned above.

3.9. Detergent Compatibility

TKU047 protease was prepared in a sodium phosphate buffer (50 mM) with four kinds of
commercial detergents at 30 ◦C for 60 min. These included: EKOS from Maobao Co. (Hsinchu, Taiwan),
Yigan Sanjing from Maobao Co. (Hsinchu, Taiwan), AMAH concentrated lavender laundry detergent
from Magic Amah household Co. (New Taipei, Taiwan), and YEUHYANG eco-friendly laundry
powder from YEUHYANG Manufacture Technology (Hsinchu, Taiwan).

4. Conclusions

Paenibacillus has several strains with the potential to convert fishery processing by-products into
various bioactive compounds [11–13,30,43,48–51]. This study continued to reveal more abilities of
Paenibacillus, which could contribute to the biotechnological field. In the current study, protease was
produced by Paenibacillus sp. TKU047 using shrimp heads, a marine byproduct, as the sole source of
carbon and nitrogen. Purified Paenibacillus sp. TKU047 protease had a mass of 32 kDa. Characterization
revealed that the TKU047 enzyme was a thermotolerant, detergent-stable, alkaline protease. The excellent
characteristics of Paenibacillus sp. TKU047 suggest that it may be applied as a detergent additive.
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Abstract: G-quadruplex DNAzymes are short DNA aptamers with repeating G4 quartets bound in
a non-covalent complex with hemin. These G4/Hemin structures exhibit versatile peroxidase-like
catalytic activity with a wide range of potential applications in biosensing and biotechnology.
Current efforts are aimed at gaining a better understanding of the molecular mechanism of DNAzyme
catalysis as well as devising strategies for improving their catalytic efficiency. Multimerisation of
discrete units of G-quadruplexes to form multivalent DNAzyes is an emerging design strategy aimed
at enhancing the peroxidase activities of DNAzymes. While this approach holds promise of generating
more active multivalent G-quadruplex DNAzymes, few examples have been studied and it is not clear
what factors determine the enhancement of catalytic activities of multimeric DNAzymes. In this study,
we report the design and characterisation of multimers of five G-quadruplex sequences (AS1411,
Bcl-2, c-MYC, PS5.M and PS2.M). Our results show that multimerisation of G-quadruplexes that
form parallel structure (AS1411, Bcl-2, c-MYC) leads to significant rate enhancements characteristic of
cooperative and/or synergistic interactions between the monomeric units. In contrast, multimerisation
of DNA sequences that form non-parallel structures (PS5.M and PS2.M) did not exhibit similar levels
of synergistic increase in activities. These results show that design of multivalent G4/Hemin structures
could lead to a new set of versatile and efficient DNAzymes with enhanced capacity to catalyse
peroxidase-mimic reactions.

Keywords: G-quadruplex; DNAzymes; peroxidase; multimers; synergism

1. Introduction

Haem peroxidases use protein scaffolds that activate haem to react with H2O2 [1]. The reaction
mechanism and properties of peroxidases have been extensively studied and they have several
practical uses in research, bioanalysis and industrial applications. More recently, it was discovered
that certain DNA aptamers have the ability to catalyse reactions similar to those carried out by haem
peroxidases [2,3]. These DNA aptamers are Guanine-rich DNA oligonucleotides that form complexes
with hemin to form G-quadruplexes (often referred to as G4/Hemin) with catalytic activities that
mimic peroxidases [4–6]. The oligonucleotide sequences that form G-quartets are organised into
G-quadruplexes in the presence of cations to form high-affinity binding sites for hemin turning these
nanostructures into powerful catalysts that activate H2O2 for peroxidase-like oxidation reactions
(Figure 1). These complexes (often referred to as DNAzymes) are more stable to extreme reaction
conditions than protein enzymes, and are easier to synthesise and modify via chemical processes.
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Figure 1. Assembly of G-quadruplex-hemin DNAzymes and H2O2-activated oxidation of ABTS.
Guanine-rich DNA oligonucleotides fold to form G-quartet interactions (blue planes) which bind to
hemin (grey discs). The resulting DNAzyme complex activates H2O2 to oxidise a donor substrate (in
this instance ABTS) using a mechanism similar to haem peroxidase-catalysed reactions. The reduced
haem (brown disc) can react with H2O2 and initiate another round of ABTS oxidation. The reaction
product (ABTS•) has a bright green colour with absorption maximum around 412–422 nm.

G-quadruplex DNAzymes have the potential for development as nanodevices for applications
in biosensors, diagnostics, and bioremediation and other aspects of biotechnology [7,8]. However,
their relatively low catalytic activity in comparison to protein peroxidases currently restricts further
development and applications of these systems. In order to develop DNAzymes into useful applications,
it is necessary to characterize the structural and functional sequence parameters that influence the
efficiency of DNAzyme reactions and their functionalities in applied devices.

Several strategies are being explored to improve the catalytic efficiency and reaction properties
of peroxidase G-quadruplex DNAzymes [8]. One such approach is the finding that addition of
polycationic amines such as spermine, spermidine, and putrescine significantly increases the activities
of DNAzymes by favouring catalytically active conformations [9–11]. Similar rate-enhancements
were observed by the addition of the nucleotide ATP to DNAzyme reactions [12,13]. It has also been
reported that the conjugation of hemin with the G4-quadruplex moiety via covalent linkage [14] or
with cationic peptides [15] can enhance the activities of DNAzymes. Other studies have focused on the
rate-enhancing effects of flanking adenine or cytosine nucleotides on G-quadruplex activities [16–19].

Multimerisation of discrete units of G-quadruplexes to form multivalent DNAzymes is an
emerging design strategy aimed at enhancing the peroxidase activities of DNAzymes [20,21]. In
these multiple active site structures, individual DNAzyme molecular units are joined together by
polynucleotide linkers that do not participate directly in the reactions. Some studies show that the
linker length between individual DNAzyme molecules can be a determining factor in the activities
of multimeric DNAzymes [17,19]. It is thought that this rate enhancement results from synergistic
interactions between the individual subunits. In these arrangements, a multivalent DNAzyme sequence
would be more active than the sum activities of an equal number of monomeric sequence units [20,21].
One hypothesis that explains the rate-enhancing effect of mulitimerisation is that multimeric DNAzyme
structures potentially create additional high-affinity binding sites for haem incorporation, thereby
resulting in more than one active site per DNAzyme monomer. However, in certain cases, there is no
direct correlation between the number of units and the activity of the multimer [20,21]. This suggests
that certain structural features do not necessarily support activity enhancement in multimers. Gaining
a good understanding of the properties of such multivalent G-quadruplex DNAzymes would provide
more insight into strategies for rational design of highly active DNAzymes.

While multimerisation has the potential to generate more active DNAzymes, only a handful of
DNAzyme multimers have been reported [20–22]. It is not entirely clear what factors determine the
catalytic properties of multimers when compared to their monomeric G-quadruplexes. For example,
several key questions remained unanswered. Does multimerisation lead to cooperative and synergistic
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rate enhancement of activity in all G-quadruplexes that exhibit peroxidase activities? Is there a direct
correlation between the number of monomer subunits and catalytic efficiency? Do certain multimeric
combinations result in limited rate enhancement or potential inhibition of catalytic activity? Does
the number of G-quartets in a G-quadruplex aptamer determine catalytic efficiency? Can contiguous
multimerisation result in a redistribution of catalytic units or generation of high-activity pockets?

In an effort to understand these questions, we started by designing dimers and trimers of selected
DNAzymes in order to study their catalytic properties in detail. In this report, we describe the activities
of multimers of five different DNAzymes with their corresponding monomers. Using the dinucleotide
TT as the linker sequence, we made dimers and trimers of AS1411, also known as AGRO100 [23],
Bcl-2 [11,24], c-MYC [11], PS5.M and PS2.M [23]. Using the standard H2O2/ABTS oxidation assay, we
determined the effects of multimerisation on five G-quadruplex DNAzymes. Our findings indicate that
multivalency results in synergistic rate enhancements for some DNAzyme sequences, while multimers
of certain aptamers resulted in reduced activity per haem binding site.

2. Results and Discussion

2.1. Design of Multimeric DNAzymes

To study the properties of multimeric G-quadruplex DNAzymes, we selected five different
DNAzyme sequences (Table 1) that have been described in the literature. We selected AS1411, a
highly-active DNAzyme [11,23] that is also reported as an anti-cancer agent owing to its ability to
target the protein nucleolin which is highly expressed on the surface of cancer cells [25]. PS5.M and its
sequence-derivative PS2.M [3] were also chosen for their high activities. In addition, this group of
DNAzymes has been extensively studied and reported in the literature [26].

Table 1. Sequences of DNAzymes used in this study. The DNA sequences are written in 5′ to
3′ direction.

DNAzyme Sequence

AS1411 GGTGGTGGTGGTTGTGGTGGTGGTGG
Bcl-2 GGGCGCGGGAGGAAGGGGGCGGG

c-MYC GAGGGTGGGGAGGGTGGGGAAG
PS5.M GTGGGTCATTGTGGGTGGGTGTGG
PS2.M GTGGGTAGGGCGGGTTGG

c-MYC and Bcl-2 are less-characterised DNAzymes in comparison to the three described above.
The assumption is that these low-activity DNAzymes would be an ideal model system to test any
potential rate enhancement due to G-quadruplex multimerisation. c-MYC is derived from a G-rich
region in the promoter sequence of the human c-myc gene [27], while Bcl-2 was identified as a
G-rich segment of the Bcl-2 P1 promoter and shown to form mixed intramolecular G-quadruplex
structures [28,29].

In each case, the multimers (dimers and trimers) were made by joining the nucleotide at the 3’ end
of the DNAzyme sequence to the one on the 5′ end of the same sequence using a TT dinucleotide linker
(Figure 2F). It is known that the identity of the base composition and length of the linker sequence can
influence the activities of monovalent and multivalent DNAzymes [17]. To remove the potential for
linker-dependent effects on our analyses, we chose to use the relatively simple TT linker sequence in
order to obtain a relatively unconfounded effect of multimerisation on DNAzyme activity [20,21].
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Figure 2. Time course of DNAzyme-catalysed reaction between H2O2 and ABTS (A) AS1411 and
multimers; (B) Bcl-2 and multimers; (C) c-MYC and multimers; (D) PS5.M and multimers, (E) PS2.M and
multimers. The numerals 2 and 3 behind each DNAzyme name refer to dimer and trimer respectively
e.g., (AS1411)2 and (AS1411)3. Reactions were carried out in 25 mM HEPES-NaOH pH 7.4, 20 mM
KCl, 200 mM NaCl, 0.05% Triton X-100, 1% DMSO. The activities of 0.25 μM DNAzyme were assayed
using ABTS (2.5 mM) and H2O2 (0.425 mM). Each reaction was started by the addition of H2O2, and
change in A415 was monitored immediately after starting the reaction for 5 min. The absorbance values
shown were zeroed with those obtained in reactions that did not include the DNAzyme. Each trace is
representative of three different reactions. (F) Schematic illustration of the design of G-quadruplex
DNAzyme dimers and trimers. In the multimers, each monomeric unit is joined to the next by a
TT dinucleotide.

2.2. Catalytic Activities of DNAzymes

Several buffer systems have been used to assay the activities of G4/Hemin DNAzymes, and it is
clear that the reaction buffer pH as well as its composition play important role in the reaction rate and
the stability of the product radical [3]. A common issue in peroxidation reactions is disproportionation
of the reaction product [13], with certain buffers supporting the stability of the reaction product more
than others. We used 25 mM HEPES-NaOH, pH 7.4, as the reaction buffer in these experiments since this
buffer system supports both the actual peroxidase reaction as well as stability of the product [3,13,23,30].

All the 15 G-quadruplexes tested in this study displayed ABTS oxidation activities (Figure 2) and
preliminary assays showed that a linear relationship exists between the concentration of G-quadruplex
DNAzymes and peroxidase activities. In all cases, initial rates of ABTS oxidation increased linearly
with DNAzyme concentration providing the concentrations of the substrates ABTS and H2O2 are not
limiting (Figure 2).

AS1411: Consistently, AS1411 performed better in the reaction conditions used here than the
other 4 DNAzymes tested. Similar high activities for AS1411 have been reported [23]. Their initial rate
measurements showed that AS1411 is about 1.5-fold more active than PS5.M, and 2-fold more active
than PS2.M. Our results generally agree with these measurements, both in initial rate and turnover
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numbers (Figure 3). Initial rate measurements showed that the multimeric forms of AS1411 were more
active than the monomer. While there was a slight increase in the activity of the dimer (819 nM/s) over
the monomer (639 nM/s), a more remarkable effect was seen in the activity of the trimer (1472 nM/s).
Similar trends were seen in the amount of ABTS• radical formed after 5 min of reaction (Figure 3B).

Figure 3. DNAzyme activities of DNAzymes. (A) Initial Rates (expressed as Vo, nM/s) were calculated
from the slope of the initial linear portion (typically, the first 30 s) of the reaction curves shown in
Figure 2. (B) The amount of ABTS• radical produced after 300 s from the activity of 1 μM DNAzyme
were determined from the endpoint of the reaction time course shown in Figure 2. See Materials and
Methods.

Bcl-2: In comparison to AS1411, Bcl-2 is a relatively low activity DNAzyme [11,24]. As shown in
Figure 2B, multimerisation had a remarkable rate-enhancing effect on Bcl-2 activity. The initial rate
measurements (monomer, 83 nM/s; dimer, 360 nM/s; trimer, 634 nM/s) showed a 4-fold enhancement
effect from dimerisation and nearly 8-fold from trimerisation (Figure 3A). Similar trends were observed
in the total amount of ABTS• product formed (Figure 3B).

c-MYC: In a pattern similar to that seen with Bcl-2, multimerisation significantly enhanced the
ABTS oxidation activity of c-MYC. (Figure 2C). The initial rate measurements obtained were monomer
(111 nM/s), dimer (291 nM/s), and trimer (556 nM/s). The amount of product formed showed a
similar trend (Figure 3). These values represent approximately 3- and 5-fold increases as a result of
dimerisation and trimerisation, respectively.

PS5.M and PS2.M: PS5.M and PS2.M are two of the best-studied peroxidase DNAzymes and
have been used as model systems for characterising aspects of G-quadruplex DNAzymes catalytic
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mechanism. Indeed, PS5.M is one of the first DNA oligonucleotide aptamers shown to have the
ability to bind hemin and acquire peroxidatic catalytic activities [2,3]. The 18-nucleotide PS2.M was
derived from rational redesign of the 24-nucleotide PS5.M to achieve better catalytic activity [3]. In our
experiments, the activity of PS2.M (416 nM/s) (Figure 2D,E) was higher than that of PS5.M (364 nM/s)
(Figure 3A).

In contrast to the DNAzymes described above (AS1411, Bcl-2, and c-MYC), PS5.M and PS2.M
dimers were slightly less active than their corresponding monomers (Figure 2D,E and Figure 3A).
The initial rate values determined for PS5.M monomer (365 nM/s) and dimer (333 nM/s) were similar, an
indication that dimerisation of this aptamer did not have a synergistic effect on activity. Furthermore,
the initial rate value determined for the trimer (597 nM/s) is about 1.5-fold higher than that of the
monomer. Rather than having a rate-enhancing effect, these results suggest that multimerisation
resulted in reduced activity per haem binding site in PS5.M. Similar effects were seen in the activities
of PS2.M constructs. The dimer was 20% less active than the monomer, while the activity of the trimer
(485 nM/s) was about 16% higher than that of the monomer (416 nM/s) (Figure 3A).

2.3. AS1411 Multimers Display High Activities at Low DNAzyme Concentrations

The results presented above (Figures 2 and 3) show that AS1411 DNAzymes were generally more
active than the other aptamers tested in this study. The high activity seen with AS1411 trimer indicates
that this construct could be the starting point for further optimisation experiments aimed at designing
more active aptamers. From a catalytic perspective, it is desirable to have DNAzymes that display
high activities at low concentrations, i.e., those with high turnover per unit catalyst concentration.

We compared the activities of AS1411 monomer, dimer and trimer in reactions that contained 0.1,
0.25, 0.5 and 1.0 μM DNAzyme concentrations. We included PS5.M for comparison with the AS1411
constructs since it is one of the most studied high activity DNAzymes reported to date. The results
(Figure 4) show that all four DNAzymes are active at lower concentrations, and that there is a linear
relationship between DNAzyme concentration and ABTS oxidation activity. At 0.1 μM, the lowest
concentration studied, the initial rate for AS1411 trimer was 139 nM/s, which was approximately
4.5 times the value for PS5.M (31 nM/s) at the same DNAzyme concentration. The high activity
of AS1411 trimer at nanomolar concentrations could have practical use in applications where low
concentrations of the G4/Hemin DNAzyme are desirable.

2.4. Effects of Reactants’ Concentrations on Activities of AS1411 Multimers

To further understand the properties of the highly active AS1411 multimers, we examined the
effects of ABTS and H2O2 concentrations on the activities of the DNAzymes. We chose a range of
ABTS and H2O2 concentrations that will allow us to determine the nature of the relationship between
reactant concentration and DNAzyme activities. Assays were carried out in reactions that contained
0.25, 0.5, 0.75, 1.0, 1.5, 2.0, and 2.5 mM ABTS, representing a 10-fold increase from the lowest to the
highest concentration. The effect of H2O2 concentration was investigated in reactions that contain
0.106, 0.213, 0.319, 0.425, 1.063, 2.125, 3.188, and 4.250 mM, representing a 40-fold increase from the
lowest to the highest concentration.

The results (Figure 5) show that the rates of DNAzyme reactions are effectively controlled by the
concentration of H2O2 in the reaction mixture. The initial rates remained largely unchanged over a
10-fold increase in ABTS concentration (Figure 5G), an indication that the activities of the DNAzymes
do not depend on the concentration of the donor substrate. However, as shown in Figure 5A–C, the
amount of reaction product formed, as indicated by the endpoint after 5 min of reaction, is dependent
on the concentration of ABTS. It is observed that the time course curves show complete depletion of
the substrate at lower concentrations. The rate of this depletion is faster in the more active multimers.
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Figure 4. Effect of DNAzyme concentrations on activities of AS1411 multimers and PS5.M. (A) PS5.M;
(B) AS1411 monomer; (C) AS1411 dimer; (D) AS1411 trimer. In (A–D), the curves show time courses of
ABTS oxidation by 0.1, 0.25, 0.5, and 1.0 μM DNAzyme. (E) Initial Rates (expressed as Vo, nM/s) were
calculated from the slope of the initial linear portion of the curves shown in (A–D).
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Figure 5. Effects of ABTS and H2O2 concentrations on activities of AS1411 multimers. The effects of
ABTS concentrations on the time course of DNAzyme activities are shown in Panels (A–C). The final
ABTS concentrations in the reaction mixtures are 0.25, 0.5, 0.75, 1.0, 1.5, 2.0, and 2.5 mM. Reactions were
carried out at a fixed H2O2 concentration (0.425 mM), and 1.0 μM DNAzyme. Similarly, Panels (D–F)
show the effects of H2O2 concentrations on the time course of reactions at a fixed ABTS concentration
(2.5 mM), and 1.0 μM DNAzyme. The final H2O2 concentrations are 0.106, 0.213, 0.319, 0.425, 1.063,
2.125, 3.188, and 4.250 mM. The relationship between substrate concentrations and Initial Rates are
shown in Panel (G) (ABTS) and Panel (H) (H2O2). Panel (I) shows the linear relationship between
Initial Rates and H2O2 concentration at lower concentrations of the reactant (0.106, 0.213, 0.319, and
0.425 mM). Initial Rates (expressed as Vo, nM/s) were calculated from the slope of the initial linear
portion of the curves in (A–F).

In contrast to the effect of ABTS concentration, results shown in Figure 5D,E indicate that the
initial rates of the three DNAzymes are dependent on the concentration of H2O2. Figure 5H shows
the dependence of initial rates on H2O2 concentration. The pattern indicates a linear correlation
between H2O2 concentration and initial rates at the lower H2O2 concentration (Figure 5I). The trend
changed to what appears at first to be a saturation kinetics at higher H2O2 concentration, especially
with AS1411 and (AS1411)2. However, the time course of the reactions at high H2O2 concentrations
(over 2 mM) shows an early plateau of activity, an indication of inactivation of the DNAzymes at
high oxidant concentration. Suicide inactivation of natural protein peroxidases and G-quadruplex
peroxidase DNAzymes at high H2O2 concentration is a well-known phenomenon that limits the use
of peroxidases in certain applications [1,6,8]. In addition, high concentration of H2O2 is known to
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accelerate the disproportionation of ABTS• radical cation [23]. The response of the activities of the
DNAzymes to changes in ABTS and H2O2 concentrations observed here has also been reported in a
previous study where it was shown that DNAzymes behave differently from HRP, a natural protein
peroxidase [23].

Interestingly, the plot of Initial Rates versus H2O2 concentration (Figure 5H) shows that the
trimer, (AS141)3, appears to be more resistant to the reduction in activity at high H2O2 concentration.
This could be due to presence of multiple active sites or as a consequence of a more stable structural
arrangement that protects the hemin at the reaction centre. This property could make (AS1411)
particularly useful in reaction systems that require the use of H2O2 at high concentrations. Further
structural studies will provide more insights into the basis for this stability.

2.5. Determinants of Rate Enhancement by Multivalent DNAzymes

The goal in designing multivalent G4/Hemin DNAzymes is to achieve increased catalytic
performance. While it is expected that molecular coupling of DNAzyme units as dimers, trimers or
tetramers could have synergistic effects by resulting in a single molecule with activity higher than that
from the sum of the parts, this may not necessarily be the case. One of the key objectives of this study is
to gain an understanding of the factors that determine the outcome of multimerising G-quadruplexes
in terms of rate-enhancement or lack of it. The activities of G4/Hemin structures are strongly related to
the topological structures formed by the DNA sequence [31].

Generally, DNAzymes with parallel G-quadruplex structures tend to have higher activities than
those with antiparallel arrangements. It is suggested that the lower activities of antiparallel structures
are due to reduced hemin binding as a result of the steric hindrance caused by protruding loops at
their outer G-quartets, while parallel G-quadruplexes have no such constraints [32]. Based on several
studies, the activities of the different topological forms of G-quadruplexes follow the pattern: parallel >
mixed parallel/antiparallel > antiparallel [8,17,26]. The topology of a G-quadruplex sequence depends
on the length of the loops that connect two adjacent G-tracts. G-tracts with short loops tend to form
parallel structures, while long loops give antiparallel topologies [33,34]. In addition, the nature of
cations (Na+, K+, Mg2+, NH4+) present in the G-quadruplex structure can determine its topological
arrangement [8].

Our results show that the G-quadruplexes that are known to form predominantly parallel
structures (AS1411, Bcl-2, and c-MYC) showed increased activity upon multimerisation. AS1411
forms a parallel bimolecular quadruplex structure that consists of four pairs of stacked G-tetrads [25].
Similarly, c-MYC forms a parallel structure [11,35]. These parallel structural arrangements favour
external stacking of the hemin ligand [36]. Earlier studies using NMR showed that Bcl-2 forms mixed
parallel/antiparallel structure [28,29]. More recently, it was shown that Bcl-2 formed intramolecular
parallel G4 structures in experiments where CD spectra were measured in a buffer containing 10 mM
NaH2PO4/Na2HPO4, 100 mM KCl, and 2 mM MgCl2 [11]. It follows that certain buffer conditions might
favour a predominance of parallel G4 arrangements, which could explain the high rate enhancement
caused by multimerisation of Bcl-2 aptamers into multivalent unimolecular structures.

In contrast, PS2.M forms mixed parallel/antiparallel structure and its structural state seems
to be dependent on the nature of the cation used in inducing the folding of the sequence into the
G-quadruplex structure [3,32,37]. Hence, it is likely that a tendency toward antiparallel topology may
not support favourable binding of hemin thereby explaining the relatively modest rate enhancement
in multimeric PS2.M and PS5.M. Further mechanistic studies are required to understand why the
multimers of PS2. M and PS5.M behaved differently from those of the parallel topology-forming
AS1411, Bcl-2 and c-MYC.

It is anticipated that highly active DNAzymes, such as the ones reported in this study, will
have applications in designing highly sensitive sensors based on G-quadruplex peroxidase system.
The notably high activities of AS1411 multimers would require detailed mechanistic investigation
considering that AS1411 forms intermolecular G4 structures. Detailed spectroscopic and structural
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insights into the basis for the high activities of the multimers could provide valuable information on
how to design better DNAzymes. Such studies, which are beyond the scope of the work reported
here, will be a focus of our future investigation into the properties and applications of multimeric
G4/Hemin DNAzymes.

The effect of multimerisation on Bcl-2 and c-MYC shows that the strategy can be used to enhance
the activities of G4/Hemin sequences with low activity but which possess other desirable properties.
Certain DNAzymes have been designed for optimal activities in conditions of extreme pH, high
temperature or other non-standard conditions [8,17,19].

It is worth noting that a different buffer condition, especially one with a different composition
of cations, could yield a result pattern that is different from what we observed in this study. Careful
variations in ABTS and H2O2 concentration as well as the concentration of the DNAzyme could reveal
further aspects of the reaction properties of multivalent G4/Hemin structures. Further efforts will focus
on how flanking residues, linker length and sequence, and rate-enhancing boosting agents (ATP and
polyamines) affect the catalytic properties of multivalent G-quadruplex DNAzymes.

3. Materials and Methods

3.1. Reagents and DNA Oligonucleotides

HPLC-purified DNA oligonucleotides were purchased from Integrated DNA Technologies,
IDT (Leuven, Belgium) without further purification. These were dissolved in TE (1×) buffer
(10 mM Tris-HCl pH 7.5, 0.1 mM EDTA) as 100 μM solutions and stored at −20 ◦C when not
in use. DNA concentrations were determined using A260 and the molar extinction coefficient
calculated for each oligonucleotide according to its base sequence. All reagents and substrates were
purchased from Sigma-Aldrich, Dorset, UK, and were of analytical grade. The buffer reagent HEPES
(2-[4-(2-hydroxyethyl)-1-piperazinyl]ethanesulfonic acid) was prepared as a 200 mM stock solution and
stored at 4 ◦C. Buffers were prepared freshly each week and stored at 22 ◦C. The standard peroxidase
substrate, ABTS (2,2′-azino-bis(3-ethylbenzothiazoline-6-sulphonic acid) was freshly prepared in
water as 50 mM solution, and H2O2 was prepared freshly daily from a 30% aqueous stock solution
(Sigma-Aldrich, UK).

3.2. Preparation of G4/hemin DNAzyme

G4/hemin DNAzymes were prepared as 10 μM solutions and stored at −20 ◦C. Briefly, 50 μL
of 100 μM oligonucleotide solution in TE (1×) was added to 450 μL of a buffer that contains 25 mM
HEPES-NaOH pH 7.4, 20 mM KCl, 200 mM NaCl, 0.05% Triton X-100, 1% DMSO. The sample was
heated at 95 ◦C for 10 min, and cooled rapidly by dipping in ice. The sample was left at 22 ◦C for
30 min after which equivalent concentration of hemin was added and mixed thoroughly. The sample
was kept at 22 ◦C for a further one hour after which it was stored at −20 ◦C.

3.3. Determination of G4/hemin DNAzyme Activity

The activities of the G4/Hemin DNAzymes were determined in reactions that contained 25 mM
HEPES-NaOH pH 7.4, 20 mM KCl, 200 mM NaCl, 0.05% Triton X-100, 1% DMSO, 0.25 μM DNAzyme,
ABTS (2.5 mM) and H2O2 (0.425 mM). Each reaction was started by the addition of H2O2, and change
in A415 (characteristic for the reaction product ABTS•) was monitored immediately after starting the
reaction over 5 min on a CLARIOstar Plate Reader (BMG LABTECH). Absorbance changes were
converted to the amount of ABTS• formed using a molar extinction coefficient of 36000 M−1 cm−1 for
ABTS• [38]. The initial reaction rate, Vo, expressed as nM/s, and the amount of ABTS• formed after
5 min reaction, expressed as μM, were determined from the time course of the reaction. The absorbance
intensity at λ = 415 nm (corresponding to the amount of ABTS• formed) was measured as a function
of time. The initial rates (Vo) were calculated from the slope of the initial (30 s) linear portion of the
increase in absorbance [15,39].
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4. Conclusions

In this study, we have shown that multimeric G4/Hemin peroxidase DNAzymes derived from
parallel-forming G-quadruplexes show synergistic and cooperative catalytic activities when compared
to their monomeric units. The striking activity of AS1411 trimer makes it a candidate for further
designs with potential applications in sensor technologies and other aspects of biocatalysis. The simple
multimeric constructs reported in this study provides the basis for further investigation into how
this approach could be used to build more efficient catalytic DNA nanodevices. The evidence from
this work suggests that parallel topology-forming G-quadruplexes are more likely to form highly
active multimers. However, different linker lengths and additional rate-enhancing features could
improve the activities of multimers derived from antiparallel G-quadruplexes. Future studies on kinetic
characterisation and structural analyses will provide more insights into how multimeric G4/Hemin
systems fold and activate peroxidase catalysis.
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Abstract: (R)-2-Chloro-1-(2,4-dichlorophenyl) ethanol is a chiral intermediate of the antifungal agent
Miconazole. A bacterial strain, ZJPH1806, capable of the biocatalysis of 2-chloro-1-(2,4-dichlorophenyl)
ethanone, to (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol with highly stereoselectivity was isolated
from a soil sample. It was identified as the Acinetobacter sp., according to its morphological observation,
physiological-biochemical identification, and 16S rDNA sequence analysis. After optimizing the key
reaction conditions, it was demonstrated that the bioreduction of 2-chloro-1-(2,4-dichlorophenyl)
ethanone was effectively transformed at relatively high conversion temperatures, along with glycerol
as cosubstrate in coenzyme regeneration. The asymmetric reduction of the substrate had reached 83.2%
yield with an enantiomeric excess (ee) of greater than 99.9% at 2 g/L of 2-chloro-1-(2,4-dichlorophenyl)
ethanone; the reaction was conducted at 40 ◦C for 26 h using resting cells of the Acinetobacter sp.
ZJPH1806 as the biocatalyst. The yield had increased by nearly 2.9-fold (from 28.6% to 83.2%).
In the present study, a simple and novel whole-cell-mediated biocatalytic route was applied for
the highly enantioselective synthesis of (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol, which allowed
the production of a valuable chiral intermediate method to be transformed into a versatile tool for
drug synthesis.

Keywords: (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol; whole-cell catalysis; Acinetobacter sp.;
isolation; (R)-miconazole

1. Introduction

Azoles have been widely performed in the treatment of immunocompromised patients suffering
from undergoing invasive surgery or AIDS, graft reception, or anti-cancer therapy [1]. Pharmacological
studies have found that some of the antifungal activity of R-enantiomer is superior to that of the
corresponding S-isomer and its racemate, such as sertaconazole, which can significantly improve
drug efficacy [2]. Miconazole is a broad-spectrum antifungal agent and its mechanism of action is to
inhibit ergosterol biosynthesis and cause toxic methylated sterol levels, thereby inhibiting the growth
of fungi [3]. (R)-miconazole (Figure 1) appeared to account for a greater degree of the biological
activity than did racemic miconazole [2]. (R)-2-Chloro-1-(2,4-dichlorophenyl) ethanol is applied in the
synthesis of many antifungal intermediates, such as miconazole, econazole, and sertaconazol. Thus, it
is necessary to focus on the synthesis of (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol in the preparation
of (R)-miconazole.

Catalysts 2019, 9, 462; doi:10.3390/catal9050462 www.mdpi.com/journal/catalysts
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Figure 1. Structure of R-Miconazole.

To replace the above racemates, single enantiomers can be produced by chemical methods.
de Mattos reported that rhodium, ruthenium, and iridium were the most popular catalysts in
the hydrogenation of ketones. Sharpless dihydroxylation and oxazaborolidine catalysts were also
used to synthesize enantiomerically enriched single enantiomers [4]. Zhang sought to provide
an industrialized production method for (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol using borane
complexes and diphenyl proline in organic solvents, with 2-chloro-1-(2,4-dichlorophenyl) ethanone as
the substrate; the reaction was able to achieve a yield of 92.4% with 99.3% enantiomeric excess (ee) [5].
Luo et al. presented their chemical method using ruthenium and (1S, 2S)-(+)-N-(4-toluenesulfonyl)-1,
2-diphenylethylenediamine to reduce 2-chloro-1-(2,4-dichlorophenyl) ethanone, achieving 96.4% yield
and 99.2% ee [6]. The enantioselectivity of the product is related to the complexity of the ligands. Some
transition metals need additional enantiomeric ligands to achieve high enantioselectivity, and the cost
of transition metals limit the use of industrialization processes [7].

The asymmetric reduction of prochiral ketones is considered as an essential technique in preparing
optically active compounds [8]. Numerous works have been studied concerning the preparation of
single enantiomers employing biocatalysis in the culturing of plant, yeast, and bacterial products, which
mostly focus on the preparation of R-configuration [9–11]. The biological process for the production
of (R)-2-chloro-1-(2,4-dichlorophenyl)-ethanol was also reported. JuanMangas-Sanchez related that
commercially available purified alcohol dehydrogenase ADH A, using NADH as cofactor, can convert
1.0 mM 2-chloro-1-(2,4-dichlorophenyl) ethanone in 24 h with a yield of 74%. Under the same conditions,
ADH T used expensive NADPH as cofactor, and the yield was more than 99% [2]; additionally, Tang et
al. employed an enzymatic reduction process to produce (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol by
the recombinant expression of Candida macedoniensis AKU 4588, with the ee value they attained being
99% [12]; Yue-Peng Shang explored some technique without using additional cofactors, demonstrating
that a ketoreductase from Scheffersomyces stipitis CBS 6045, SsCR, in lyophilized cells was able to reduce
67 g/L 2-chloro-1-(2,4-dichlorophenyl) ethanone, at 88.2% yield and 99.9% ee [7]. Biocatalysts took
advantage of high chemo-, regio-, unsurpassed selectivity and observed the green principles [13].

However, current reports on the synthesis of (R)-2-chlorophenyl-(2,4-dichlorophenyl) ethanol
are mainly focused on chemical and pure enzyme synthesis [12]. Whole-cell catalysis, rather than
purified enzymes, may be more suitable for the large-scale production, because microbial whole-cells
used in production as catalysts contain multiple active enzymes and better protects desired enzymes
against inactivation. Therefore, whole-cell biocatalysis provides an attractive alternative to selectively
producing corresponding single enantiomers. In addition, the advantage of the in situ recycle of
cofactors reduces the process cost, making it an increasingly attractive method for biocatalysis [14–16].
In the present study, isolated ZJPH1806 was employed as a whole-cell biocatalyst in the asymmetric
bioreduction of 2-chloro-1-(2,4-dichlorophenyl) ethanone to (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol
in an aqueous medium using glycerol 20% (w/v) as cosubstrate; Acinetobacter sp. ZJPH1806 was
maintained at an enantiomeric excess (ee) of greater than 99.9% (Figure 2). The effects of some
key reaction parameters were studied to increase the yield for the production of single enantiomer
alcohol. The strain identified as Acinetobacter sp. ZJPH1806 had been newly isolated from a soil
sample for the enantioselective preparation of (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol. The strain
exhibited excellent enantioselectivity and thermotolerance at a wide catalytic range during enantiopure
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alcohol synthesis. Thermotolerant carbonyl reductase is a promising biocatalyst for single enantiomers
production and is consequently beneficial for industrial scale manufacturing.

Figure 2. Asymmetric synthesis of (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol.

2. Results

2.1. The Isolation of Strains for the Production of (R)-2-chloro-1-(2,4-dichlorophenyl) Ethanol

A variety of microorganisms including bacteria, yeasts, and molds were isolated from the soil
in order to obtain strains with excellent catalytic performance. Nine strains were thus discovered,
which displayed the required product yield. Among these, strain ZJPH1806 demonstrated a powerful
enantioselectivity and yield (Table 1). The results, determined through the use of high-performance
liquid chromatography (HPLC), are displayed in Figure S1.

Table 1. The results of the screening strain.

Strain Yield (%) ee (%) Stereoselectivity

NB1-2 17.9 57.1 S
CP2-3 23.4 79.6 S
SX4-7 15.8 99.9 S
BJ-1 9.0 72.1 S
AF-4 20.1 54.3 S
JX1-3 23.9 59.0 R
HZ1-6 12.1 99.9 R
XM1-1 15.0 99.9 R

ZJPH1806 28.6 99.9 R

2.2. Identification and Characterization of Strain ZJPH1806

Following cultivation on nutrient agar plate for three days at 30 ◦C, the isolate, ZJPH1806, grew
white colonies with diameters of around 0.2 cm. Physiological-biochemical identification results
revealed that the species can use the tyrosine aromatic amine enzyme, citrate (Na), to alkalize L-lactate
and succinate. The colony morphology of ZJPH1806 was illustrated in Figure S2.

The partial 16S rDNA sequence of ZJPH1806 (1467 bp) was determined and deposited in the
GenBank database (Accession no. MK784893), and related species of similar DNA sequence were
selected for the conduction of a homologous analysis with strain ZJPH1806. The phylogenetic tree of
Acinetobacter sp. ZJPH1806, based on 16S rDNA sequencing, is shown in Figure S3. Strain ZJPH1806 had
the highest homology with Actinetobacter sp. PAMU-1.11 (GenBank Accession no. 44885679), sharing
a high sequence identity of 95%. Based on the results of phylogenetic analysis and morphological
characterization, this wild strain was named Acinetobacter sp. ZJPH1806 and preserved in the China
Centre for Type Culture Collection (CCTCC), with the Accession code of CCTCC M 2019214.

2.3. The Growth Curve of Acinetobacter sp. ZJPH1806

The enzyme production conditions of Acinetobacter sp. ZJPH1806 were optimized. The composition
of the optimized medium was 27.63 g/L glucose, 57.35 g/L corn steep liquor, and 0.9 g/L KH2PO4,
pH 8.0. The inoculation amount was 6% at 250 mL, with the Erlenmeyer flasks containing 90 mL of
fermentation medium and cultured for 24 h on a rotary shaker at 30 ◦C and 200 rpm. The curves
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of growth and enzyme production of the strain were displayed in Figure 3. The 1H NMR nuclear
magnetic spectrum of product is shown in Figure 4, and the substrate’s spectrum is shown in Figure S4.

 
Figure 3. Curves of growth and enzyme production for Acinetobacter sp. ZJPH1806.

 
Figure 4. The 1H NMR spectrum of the product.

It can be concluded from Figure 3 that the strain was in a lag phase within 4 h, with a 5 to 15 h
logarithmic growth period, then entered a stable phase after 24 h, at which time the enzymatic activity
and biomass of the bacterial strain had stabilized.

2.4. The Cosubstrate-Coupled System for Cofactors Regeneration

The cosubstrate-coupled, enzyme-coupled, photochemical, and electrochemical approaches are
the most effective means by which the cofactors (especially NAD(H) and NADP(H)) can be regenerated
in asymmetric biological reduction reactions [17]. Cosubstrate coupling was considered the method
of choice. Its advantages were its low cost and ease of operation. The study selected several sugars
and alcohols, including glucose, maltose, sucrose, glycerol, alcohol, methanol, and isopropanol, as
cosubstrates for coenzyme regeneration (Table 2). It was indicated that glycerol reached the highest
yield at 50.1%, significantly higher than the control (at a 32.6% yield). Enantioselectivity remained
above 99.9%.
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Table 2. Effect of different cosubstrates on the asymmetric reduction.

Cosubstrate Yield (%) ee (%)

Glucose 49.4 99.9
Sucrose 40.6 99.9
Maltose 48.6 99.9
Glycerol 50.1 99.9
Alcohol 33.3 99.9

Isopropanol 40.4 99.9
Methanol 9.6 99.9
Control 32.6 99.9

Various glycerol concentrations, ranging from 5% to 25% (w/v), were used to improve the asymmetric
reduction of 2-chloro-1-(2,4-dichlorophenyl) ethanone to (R)-2-chloro-1- (2,4-dichlorophenyl) ethanol
with the Acinetobacter sp. ZJPH1806 as biocatalyst. As shown in Figure 5, the yield rose remarkably
with an increase in the glycerol concentration of up to 20% (w/v). Following that, the concentration
of glycerol was further increased, decreasing the efficiency of the reaction. This reduction may be
due to glycerol’s high viscosity causing problems in transfer efficiency [18]. Asami’s results coincide
with the above research, in that glycerol can be used to regenerate cofactors in the bioreduction of
1-[3,5-bis(dimethylcarbamoyloxy)phenyl]-2-chloroethanone by Williopsis californica JCM 3600 [19].

 
Figure 5. Effect of different glycerol addition on the asymmetric reduction.

2.5. The Effects of Buffer pH and Ionic Strength on the Asymmetric Reduction of
2-chloro-1-(2,4-dichlorophenyl) Ethanone

Varying the pH of the reaction system affects the permeability of the cell membrane, and the
dissociation state of the groups necessary for the enzyme activity center and substrate, thus affecting
the catalytic activity, stereoselectivity, and catalytic efficiency of the enzyme [20]. In this experimental
design, the Acinetobacter sp. ZJPH1806 mediated reduction of 2-chloro-1-(2,4-dichlorophenyl) ethanone
was investigated at different buffer pH levels within the range of 6.0 to 8.0. The results are shown in
Table 3. Stereoselectivity remained above 99.9% within this range, but the yield was greatly affected.
The yield was 56.2% when the pH was 7.6, but it did not significantly improve when the ionic strength of
the phosphate buffer was changed from 0.05 to 0.2 M at the same pH of 7.6, indicating that Acinetobacter
sp. ZJPH1806 can adapt to a wide range of ionic phosphate strengths. Reduction could maintain a high
yield and ee value under relatively wide pH conditions. This differed strikingly from Guo’s account in
which the optimized pH with Acinetonacter sp. SC13874 was 5.5 with 0.1 M potassium phosphate [21].
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Table 3. Effect of buffer pH on the asymmetric reduction.

Buffer Solution Condition Yield (%) ee (%)

pH a

6.0, 0.1 M 10.4 99.9
6.4, 0.1 M 37.8 99.9
6.8, 0.1 M 53.3 99.9
7.2, 0.1 M 55.3 99.9
7.6, 0.1 M 56.2 99.9
8.0, 0.1 M 50.1 99.9

pH 7.6 7.6, 0.05 M 55.8 99.9
7.6, 0.2 M 55.0 99.9

a A series of pH from 6.0 to 8.0.

2.6. The Effect of Temperature on the Asymmetric Reduction of 2-chloro-1-(2,4-dichlorophenyl) Ethanone

Temperature, likewise, plays an important role in catalytic reduction mediated by microbial
cells, including by affecting the activity of catalysts, the stability of enzyme production, reaction
stereoselectivity, and the equilibrium constant [22]. The carbonyl reductase in ZJPH806 was
expected to be a heat-resistant enzyme with good performance in biological reduction involving
2-chloro-1-(2,4-dichlorophenyl) ethanol in the interest of achieving a technical breakthrough in the
heat-resistant transformation of Acinetobacter sp. Therefore, the effect of different reaction temperatures
ranging from 25 to 50 ◦C on yield and enantioselectivity was subsequently investigated, and the
results displayed in Figure 6. As expected, the yield decreased slightly at higher reaction temperatures
(40–50 ◦C). The maximum yield of 59.3% was obtained at 40 ◦C with a product ee greater than 99.9% at
2 g/L for 2-chloro-1-(2,4-dichlorophenyl) ethanone.

 °

Figure 6. Effect of temperature on the asymmetric reduction.

2.7. Effects of Cell Concentration, Substrate Concentration, and Reaction Time on Biocatalytic Reduction

In biocatalytic reactions, increasing cell concentration can make a great difference on the product
yield [20]. At a certain point, with an increase in cell concentration, the amount of enzyme provided
also increases, which is conducive to the progress of the reaction and the improvement of the yield.
However, cell oxygen consumption also increases simultaneously, with the metabolites produced by
cell metabolism likewise increasing within a short period, leading conversely to a decrease in the yield.
Therefore, addition of the appropriate cell concentration plays an important role in improving the yield
of the reaction. Thus, cell concentrations varying from 50 to 300 g/L (wet cell weight) were designed in
order to ascertain the optimum concentration for the bioreduction of 2-chloro-1-(2,4-dichlorophenyl)
ethanone to (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol. The results revealed that the maximal yield for
(R)-form ethanol reached 76.6% at 150 g/L wet cell weight (approximately 26.7 g/L dry cell concentration)
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with >99.9% of product ee. However, a further increase in the wet cell concentration resulted in a
significant decrease in the yield. The ee value of the product remained optimal (Figure 7a).

(a) (b) 

 
(c) 

Figure 7. Effects of cell concentration (a), substrate concentration (b), and reaction time (c) on the
asymmetric reduction.

In order to evaluate the ZJPH1806 cells mediated biological capacity, 2-chloro-1-(2,4-
dichlorophenyl) ethanone was used with different concentrations of 1.5 to 6.0 g/L to examined
the effect of substrate concentration on the synthesis of (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol.
Figure 7b demonstrates the results, with 83.2% yield being achieved within 24 h at 1.5 g/L of
2-chloro-1-(2,4-dichlorophenyl) ethanone concentration. This paper attempted to increase the substrate
concentration, causing a reduction in the yield. This may be due to the existence of toxicity of substrates
and products to cells and enzymes [23]. When the substrate concentration was increased to 2 g/L, the
yield reached 83.2%when the reaction time was extended to 26 h, while the yield was only 65.12% at
2.5 g/L of substrate concentration (Figure 7c).

3. Discussion

Biocatalysts have been gradually introduced into the medical field. The biocatalytic method has
attracted significant attention due to its mild reaction conditions, fewer by-products, and reduced
pollution from biodegradability [24]. Zhu’s report used alcohol dehydrogenase from Pyrococcus furiosus
(PFADH), with a substrate concentration of 250 mM 2-chloro-1-(2,4-dichlorophenyl) ethanone, the
yield up to 92%, and 99% ee [25]. This route was dependent on NADH addition. Compared with
the use of purified enzymes, whole-cell biocatalysis does not require additional cofactors and is in
favor of maintaining the stability of intracellular enzymes [26]. In this study, whole cells were used
as biocatalysts to produce (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol, the key chiral intermediate
in chiral miconazole production. The strain ZJPH1806 was obtained by screening soil samples with
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perfect enantioselectity. Based on its morphology, physiological-biochemical identification and 16S
rDNA sequence analysis results identified the strain as an Acinetobacter sp. The key factors affecting
the yield and ee value were optimized, with the results demonstrating that the yield reached 83.2% in
26 h at 2 g/L of substrate concentration, which significantly improved the yield prior to optimization.

Some reports concern the synthesis of single enantiomers by using Acinetobacter sp. as a
biocatalyst and proved that Acinetobacter sp. has a good potential in biocatalysis applications.
Acinetobacter sp. SC13874 contained ketoreductase I, ketoreductase II, and ketoreductase III [21].
Among them, purified ketoreductase III was able to asymmetrically catalyze the transformation of
ethyl 3,5-diketo-6-benzyloxyhexanoate to syn-(3R, 5S)-dihydroxy ester with absolute stereoselectivity
and a yield of 99.3%. A diketoreductase (DKR), cloned from Acinetobacter baylyi ATCC 33305, was also
used to reduce these two carbonyl groups via the addition of NADH with more than 99.5% ee. In 0.1 M
potassium phosphate buffer, the ketoreductase III showed the pH optimum centered at pH 7.0, and the
DKR was pH 6.0 [27,28]. The pH of the reduction of ketones catalyzed differs from that of Acinetobacter
sp. ZJPH1806 under alkaline conditions. It is observed that Acinetobacter sp. ZJPH1806 possesses a
wide catalytic range for asymmetric reduction because the yield was not significantly influenced by
the pH and ionic strength of the phosphate buffer under the tested range. Furthermore, within the
tested range (40–50 ◦C), the species also maintained high catalytic capacity. For industrial biocatalysis,
novel biocatalysts with eminent biochemical properties such as thermostability and pH stability have,
therefore, become increasingly attractive [29].

4. Materials and Methods

4.1. Materials

2-Chloro-1-(2,4-dichlorophenyl) ethanone (≥99% purity) and (R)-2-chloro-1-(2,4-dichlorophenyl)
ethanol (≥98% purity) were purchased from Hangzhou Xinhai Biological Co., Ltd., China. Soil
samples were collected from different areas of China, such as Fujian, Shanxi, and Zhejiang Province.
Acinetobacter sp. ZJPH1806 was isolated from a soil sample collected in Jinghua, Zhejiang Province,
China. All other chemicals were obtained commercially and were of analytical grade or better.

4.2. Screening and Cultivation of the Microorganisms

One gram of soil sample was added to 100 mL of normal saline (0.85%, w/v) and vibrated for 30 min.
Subsequently, 1 mL of the turbid bacterial solution was added to a seeding solution and cultured it for 24
h. The seeding solution contained 15 g/L glucose, 20 g/L peptone, 10 g/L yeast extract, 2 g/L (NH4)2SO4,
2 g/L KH2PO4, 1 g/L NaCl, and 0.5 g/L MgSO4·7H2O in pH 6.5. 2-Chloro-1-(2,4-dichlorophenyl)
ethanone was used as the sole carbon source in the screening medium to select the best microorganisms
and was incubated at 30 ◦C and 200 rpm for 5–7 days. The screening medium contained 2 g/L
(NH4)2SO4, 2 g/L KH2PO4, 1 g/L NaCl, 0.5 g/L MgSO4·7H2O, and 2 g/L 2-chloro-1-(2,4-dichlorophenyl)
ethanone. The enriched culture was obtained and diluted to 10−4, 10−5, and 10−6, respectively. The
diluents (200 μL) were respectively plated over the screening medium agar (2 g/L (NH4)2SO4, 2 g/L
KH2PO4, 1 g/L NaCl, 0.5 g/L MgSO4·7H2O, 2 g/L 2-chloro-1-(2,4-dichlorophenyl) ethanone, and 20 g/L
agar, pH 6.5), and then incubated at 30 ◦C and 200 rpm for 5–7 days. Following maturation, the pure
colonies were obtained by continuous streaking of single colonies onto agar plates with all nutrition
culture mediums (15 g/L glucose, 20 g/L peptone, 10 g/L yeast extract, 2 g/L (NH4)2SO4, 2 g/L KH2PO4,
1 g/L NaCl, 0.5 g/L MgSO4·7H2O, and 20 g/L agar, pH 6.5) at 30 ◦C for 2–3 days.

The single colonies were inoculated into 100 mL seed medium of 250 mL shaken flasks and
incubated at 30 ◦C, 200 rpm for 12 h. Then, 10 mL of inoculum was transferred into 100 mL fermentation
medium of 250 mL Erlenmeyer flasks (15 g/L glucose, 20 g/L peptone, 10 g/L yeast extract, 2 g/L
(NH4)2SO4, 2 g/L KH2PO4, 1 g/L NaCl, 0.5 g/L MgSO4·7H2O, pH 6.5), and further incubated at 30 ◦C
and 200 rpm for 24 h.
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4.3. Phenotypic Characterization of Isolate ZJPH1806

The morphological characterization of strain ZJPH1806 was observed following the incubation on
the nutrient agar plates. Physiological-biochemical identification was performed by a standardized
method employing the VITEK 2 compact GN system (bioMérieux, France).

4.4. 16S rDNA Sequence Determination and Phylogenetic Analysis

The taxonomic identification of strain ZJPH1806 was performed through partial 16S rDNA
sequence determination using a SK8255 column bacterial genomic DNA extraction kit, and 16S rDNA
was amplified by PCR. The extracted whole cell genomes were amplified by PCR with the universal
primer 27F: (5’-AGTTTGATCMTGGCTCAG-3’) and 1429R: (5’-GGTTACCTTGTTACGACTT-3’).
The PCR amplification conditions were as follows: 94 ◦C for 4 min, repeated for 30 cycles of
45 s at 9 ◦C, 55 ◦C for 45 s, 72 ◦C for 1 min, and a final extension step of 72 ◦C for 10 min. The resulting
approximately 1467 bp PCR products were purified and sequenced by Sangon Biotech Co., Ltd.
For the homologous analysis, related sequences with high degrees of similarity were found through
the GenBank database (National Center for Biotechnology Information, NCBI). A neighbor-joining
phylogenetic tree with a nucleotide distance model and a bootstrap analysis for the evolution of the
phylogenetic topology was constructed with MEGA Version 6.0.

4.5. The Growth Curve of Acinetobacter sp. ZJPH1806

The cells were cultured in seeding liquid at 200 rpm and 30 ◦C for 12 h; then, they were inoculated
into an optimized fermentation medium (27.63 g/L glucose, 57.35 g/L corn steep liquor, and 0.9 g/L
KH2PO4, pH 8.0), and their biomass and enzymatic activity were measured.

4.6. Asymmetric Bioreduction Process

After culture fermentation, the bioreduction was performed in 50 mL Erlenmeyer flasks with
10 mL of phosphate buffer [0.1 M, pH 6.5, DMSO (10%, v/v)], 100 g/L cells (wet cell weight), 2 g/L
2-chloro-1-(2,4-dichlorophenyl) ethanone, and 100 g/L glucose. The samples at conditions of asymmetric
reduction were vibrated at 200 rpm and 30 ◦C for 24 h. The product was extracted with ethyl acetate
for 30 min. All bioconverted samples were carried out in triplicate for detection. The yield and product
ee were assayed by HPLC analysis.

4.7. Analytical Methods

Biomass was assayed by densitometry. Cell growth was monitored on a spectrophotometer
(model UV-16-1; Shimadzu, Japan) at a wavelength of 600 nm. One unit of enzyme activity was defined
as the amount of enzyme needed to produce 1 μmol of (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol per
minute under the assay conditions.

The NMR spectra of the substrate and product were detected by a method using a Bruker
spectrometer (AscendTM; Bruker Ltd., Germany). The product was recovered by ethyl acetate
extraction and purified by column chromatography on silica gel. (R)-2-Chloro-1-(2,4-dichlorophenyl)
ethanol: 1H NMR (600 MHz, DMSO): δ7.66–7.57 (m, 2H), 7.48 (d, J = 8.4 Hz, 1H), 6.10 (d, J = 4.9 Hz,
1H), 5.08 (dt, J = 7.8, 4.0 Hz, 1H), 3.78 (dd, J = 11.3, 3.8 Hz, 1H), 3.64 (dd, J = 11.3, 6.9 Hz, 1H). 13C NMR
(151 MHz, DMSO): δ138.39 (s), 132.90 (s), 131.97 (s), 129.87 (s), 128.44 (s), 127.44 (s), 68.75 (s), 48.48 (s).
2-Chloro-1-(2,4-dichlorophenyl) ethanone: 1H NMR (600 MHz, DMSO) δ7.82 (dd, J = 3.2, 5.2 Hz, 2H),
7.61 (dd, J = 8.4, 2.0 Hz, 1H), 5.05 (s, 2H). 13C NMR (151 MHz, DMSO) δ192.66 (s), 136.97 (s), 134.21 (s),
131.71 (s), 131.06 (s), 130.21 (s), 127.56 (s), 49.18 (s), 40.08–39.94 (m), 39.92 (s), 39.71 (d, J = 21.0 Hz),
39.51–39.35 (m), 39.35–39.30 (m), 39.22 (s), 39.08 (s).

The obtained substrate and product were subjected to HPLC analysis. HPLC analyses
for 2-chloro-1-(2,4-dichlorophenyl) ethanone and (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol were
performed on an LC-20A system (Shimadzu) combined with an SPD-20A UV detector (Shimadzu);
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The conditions were: Column of Daicel Chiralpak®OB-H (250 mm × 4.6 mm i.d., particle size 5 μm,
Daicel Chemical Ltd., Tokyo, Japan), mobile phase of isopropanol-n-hexane buffer (3:97, v/v), flow rate
of 1.0 mL min−1, and in the wavelength of 220 nm.

Yield (%) =
Cp
C0
× 100%

In the formula, Cp is the concentration of the resultant (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol,
and C0 is the initial concentration of 2-chloro-1-(2,4-dichlorophenyl) ethanone.

ee =
CS −CR

CS + CR
× 100%

In the formula, CS is the resultant concentration of (S)-2-chloro-1-(2,4-dichlorophenyl) ethanol; CR
is the resultant concentration of (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol.

4.8. The Effects of Key Variables on the Asymmetric Reduction

In the quest for enhancing the ability of asymmetric reductions, the cosubstrates, glycerol addition,
buffer pH, temperature, cell concentration, substrate concentration, and reaction time were optimized.
The yield and product ee were assayed by HPLC analysis.

4.8.1. Effect of Different Cosubstrates on the Asymmetric Reduction

The results are shown in Table 2. The reaction conditions were: 100 g/L wet cell weight, 10 mL of
phosphate buffer [0.1 M, pH 6.5, DMSO (10%, v/v)], 2 g/L of 2-chloro-1-(2,4-dichlorophenyl) ethanone,
and different cosubstrates at a fraction of 10% (w/v, or v/v), at 30 ◦C and 200 rpm for 24 h.

4.8.2. Effect of Different Glycerol Addition on the Asymmetric Reduction

The optimized results of glycerol addition are revealed in Figure 5. The reaction conditions are:
100 g/L Acinetobacter sp. ZJPH1806 cells, 10 mL of phosphate buffer [0.1 M, pH 6.5, DMSO (10%,
v/v)], and 2 g/L of 2-chloro-1-(2,4-dichlorophenyl) ethanone, using glycerol as the cosubstrate, with a
proportion of 5% to 25% (w/v), at 30 ◦C and 200 rpm for 24 h.

4.8.3. Effects of Buffer pH and Ionic Strength on the Asymmetric Reduction

In the phosphate buffer system, pH and ionic strength are optimized and the results are shown in
Table 3. The reaction conditions are: 100 g/L Acinetobacter sp. ZJPH1806 cells, 10 mL of phosphate
buffer [DMSO (10%, v/v)], 2 g/L of 2-chloro-1-(2,4-dichlorophenyl) ethanone, and 20% (w/v) glycerol, at
200 rpm and 30 ◦C, with a 24 h reduction time.

4.8.4. Effect of Temperature on the Asymmetric Reduction

The optimized results of temperature are outlined in Figure 6. Reaction conditions: 100 g/L
Acinetobacter sp. ZJPH1806 cells, 10 mL of phosphate buffer [0.1 M, pH 7.6, DMSO (10%, v/v)], 2 g/L
of 2-chloro-1-(2,4-dichlorophenyl) ethanone, and 20% (w/v) glycerol, at 200 rpm, and at different
temperatures (from 25 ◦C to 50 ◦C) for 24 h.

4.8.5. Optimization of Cell Concentration, Substrate Concentration, and Reaction Time on the
Asymmetric Reduction

Cell concentration, substrate concentration, and reaction time are optimized, and the results are
shown in Figure 7. The reaction conditions are: 10 mL of phosphate buffer [0.1 M, pH 7.6, DMSO (10%,
v/v)], 20% (w/v) glycerol, and 2 g/L of 2-chloro-1-(2,4-dichlorophenyl) ethanone (a) at 200 rpm and
40 ◦C for 24 h (a,b).
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5. Conclusions

In the present study, a biological method used to produce (R)-2-chloro-1-(2,4-dichlorophenyl)
ethanol with Acinetobacter sp. ZJPH1806 was successfully developed. The findings were that of
achieving the desired product in a single step by the whole-cell method. This study also provides a
useful strategy to develop efficient and economical approach to cofactor regeneration. Glycerol was
selected as an economical and environmentally friendly cosubstrate. Therefore, the reaction did not
depend on any additional coenzyme, and the cost of the biological process was reduced. Meanwhile,
the reaction was in an aqueous medium at mild conditions and the subsequent treatment was simple.
The results indicated that Acinetobacter sp. ZJPH1806 containing a thermophilic carbonyl reductase is a
promising biocatalyst for the production of the chiral intermediates and possessing a wide pH range for
asymmetric reduction. Although biosynthesis efficiency of (R)-2-chloro-1-(2,4-dichlorophenyl) ethanol
was considerably improved in the current research, similarly, the problem of substrate inhibition is a
limiting factor. Thus, the research on medium engineering for biocatalysis or the immobilization of the
enzyme-containing cells are important subjects worthy of further study to improve the efficiency of
this biological process.
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Abstract: Utilizing plant-based materials as a biofuel source is an increasingly popular attempt to
redesign the global energy cycle. This endeavour underlines the potential of cellulase enzymes
for green energy production and requires the structural and functional engineering of natural
enzymes to enhance their utilization. In this work, we aimed to engineer enzymatic and functional
properties of Endoglucanase I (EGI) by swapping the Ala43-Gly83 region of Cellobiohydrolase I
(CBHI) from Trichoderma reesei. Herein, we report the enhanced enzymatic activity and improved
thermal stability of the engineered enzyme, called EGI_swapped, compared to EGI. The difference in
the enzymatic activity profile of EGI_swapped and the EGI enzymes became more pronounced upon
increasing metal-ion concentrations in the reaction media. Notably, the engineered enzyme retained
a considerable level of enzymatic activity after thermal incubation for 90 min at 70 ◦C while EGI
completely lost its enzymatic activity. Circular Dichroism spectroscopy studies revealed distinctive
conformational and thermal susceptibility differences between EGI_swapped and EGI enzymes,
confirming the improved structural integrity of the swapped enzyme. This study highlights the
importance of swapping the metal-ion coordination region in the engineering of EGI enzyme for
enhanced structural and thermal stability.

Keywords: Endoglucanese I; Cellbiohydrolase I; Trichoderma reesei; Swapping; Protein Engineering;
divalent metal ion

1. Introduction

Lignocellulose is considered the most abundant and sustainable energy resource in the world [1,2].
Due to the growing demand on green alternative energy sources, a substantial global effort is
being exerted to redesign the global carbon cycle [3] in an effort to provide sustainabile fuels
from plant-based cellulosic materials [4]. Plant-based cellulosic materials as a biofuel resource offer
significant advantages over fossil fuel sources, e.g., decreasing global emission, providing a long-term
rural development [5,6], the particular challenges still have to be surmounted in the deconstruction
processes of cellulose to cellulosic biomass. The naturally endowed complexity of cellulose requires
the synergistic action of cellulase enzymes for the effective breaking down of cellulosic biomass [7,8].
Apart from efforts in different pre-treatment techniques for a more efficient breaking down of cellulose,
researchers focused on the development of new cellulase enzymes with improved efficiency via protein
engineering [9,10].
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In protein engineering, the combinations of experimental and computational methods are
frequently employed to study the structure-function relationships of enzymes and to reveal the
impacts of structural variations on their stability. Domain swapping is one of the prominent tools
in the protein engineering arsenal that aims to provide the alterations on the scaffold of proteins for
attaining the improvements in existing catalytic and enzymatic activities [11]. So far, numerous studies
were reported on domain swapping (DS), ranging from cysteine proteinase inhibitors [12], exploring
SH2 and SH3 domains [13], L-histidonol dehydrogenase proteins [14], and prion proteins [15].

Naturally occurring cellulase enzymes usually underperform in biotechnological and industrial
applications, and hence this limitation intrigues researchers to develop new cellulase enzymes that
can efficiently perform under less restricted conditions [16]. Understanding the molecular basis
of how enzymes maintain their stability at harsh conditions is a recurring topic biochemistry [17].
Thermostability could be affected by numerous factors; e.g., hydrogen bond networks, hydrophobic
and packing interactions, and charge clusters [18]. The presence of metal ions could directly alter
thermostability [18–20] via the enhancement of hydrogen networking and packing interactions with
the aliphatic residues’ tendency to interact with metal ions via unpaired electrons [21].

The aim of this study is to create a suitable environment for metal-ion coordination in EGI enzyme
via swapping a region from CBHI enzyme, being isolated from Trichoderma reseei [22,23]. The findings
indicate that swapping the metal-ion coordination region from the CBHI enhanced structural integrity
and resulted in a novel endoglucanase enzyme, EGI_swapped, which displayed unique structural and
functional properties and is a promising catalyst candidate for industrial applications. To the best of
our knowledge, the work presented here is the first study in terms of engineering the structural and
functional properties of an EGI enzyme from Trichoderma reesei via swapping in the literature.

2. Results & Discussion

2.1. Construction of EGI_Swapped and Cloning Approach

In this study, we aim to alter the existing structural features of EGI enzyme via domain swapping
from CBHI enzyme. These enzymes are both isolated from Trichoderma reesei by sharing the certain
level of structural similarity but differentiated in the mode of action (Figure S1). First, we perform the
structural alignment between EGI and CBHI (PDB id: 1EG1 and 1DY4) to find appropriate regions
for domain swapping. We find that choosing the Ala43-Gly83 region (CBHI numbering) is promising
due to its closeness to the Co2+ metal ion in the crystal structure of CBHI, which does not exist in
the crystal structure of EGI [24] (see Figure S2). Among many metal ions, Co2+ ion is reported as a
cellulase activator [25].

In the crystal structure of CBHI, two Co2+ ions are reported as one is linked to His206 and
Glu239, and another one is linked to Glu295 and Glu325. We just focused on a Co2+ ion linked to
His206 and Glu239 [24], based on the structural alignment results. Around this particular Co2+ ion,
there is a network of negatively charged and polar residues [24], e.g., Asp63, Asn64, and Glu65,
which can provide support for the coordination of Co2+. Before deciding on a swapped region, we
measure the distances of the OD1 atom of Asp63, ND2 atom of Asn64 and OE2 atom of Glu65 to
Co2+ ion, in CBHI, as ~5.6 Å, ~11 Å, and ~9 Å, respectively. Even these distances are out of range for
minimum direct metal-ion binding to residues (Asp/Glu) [26], yet these residues are in the range of
coordination as they are close enough to create a “high hydrophobicity” contrast [26,27]. Mainly, metal
ions are classified into three according to their polarizability; (i) hard, (ii) soft, and (iii) borderline.
Hard means a “low-polarizability” atom or ion that is deformed only by difficulty, and soft means a
“high-polarizability” atom or ion that is easily deformed [27,28]. The Co2+ ion is reported as borderline
based on its polarizability. Due to the nature of not being easily deformed, these particular distances
would be enough to keep Co2+ ion in true geometry with His residue [28,29].

Specifically, a fixed aromatic residue or negatively charged one provides an appropriate
environment for effective metal ion binding by creating new H-bond networking or contributing

192



Catalysts 2019, 9, 130

to the existing one in advance [21]. Hence, swapping of Ala43-Gly83 region of CBHI to EGI has
satisfied these constraints by covering the residues of Asp63 to Glu65, close to fixed Histidine in EGI’s
location in order to create a favorable neighbour pocket for Co2+ ion coordination. With Ala to Glu
replacement 64th position (EGI numbering) upon swapping, this favorable environment has been
also supported in EGI_swapped for Co2+ ion coordination, in terms of donating more electrons and
thus creating an advanced H-bond network, with respect to its native counterpart (see Figure S3).
In Figure 1, the domain swapping is described by indicating Co-linked His and Glu residues.

Stahlberg et al. reported that divalent metal ions, as Ni2+, Co2+, Ca2+, Mn2+, and Mg2+, seem to
be required by crystallization [24]. There are several CBHI structures containing the different ions,
e.g., Sm3+ and Gd3+, than divalent ones [30,31]. Before deciding on the swapped region for Co2+

coordination, the crystal structures displaying more than 95% sequence similarity and also the high
level of structural similarity within our reference structure (CBHI enzyme) are carefully examined.
Among 26 reported crystal structures, only 7 ones contain different metal ions than Co2+, e.g., Sm3+

in PDB id: 4P1H, Gd3+ in PDB id: 5TC9, and Ca2+ in PDB id: 1CEL, 2CEL, 3CEL and 4CEL [30–33].
To make a true decision for swapping, we also perform the structural alignments between EGI (PDB
id: 1EG1) with them. These alignment results suggest that the ion coordination regions of CBHI’s
structures are not well aligned in EGI’s structure with the existence of structural breaks, and thus they
are not suitable to perform swapping (Figure S4). Actually, Ca2+, Gd3+, and Sm3+ ions are coordinated
by CBHI in the region, covering Glu295 and Glu325, as similar to another Co2+ ion in our reference
CBHI enzyme. This particular region is too far from our swapped-region, Ala43-Gly83, as displayed in
Figure S4.

Figure 1. The rationality of the swapping approach. The crystal structures of CBHI (PDB id: 1DY4)
and EGI (PDB id: 1EG1) are drawn by colouring the swapped-domain in red. The catalytic residues
of CBHI, Glu212, Asp214 and Glu217, and EGI, Glu196, Asp198 and Glu201, are depicted in ‘licorice’
format and coloured as ‘green’. The His206 and Glu239 residues directly linked to Co2+ in CBHI’s
structure is drawn in ‘licorice’ format and colored as ‘yellow’. To perform distance measurement and
visualization of the structure, the Visual molecular dynamic is used [34].

It is stated in the literature that tunnel forming loops existed in the structure of CBHI is not
observed in EGI [24,35] due to the loss of particular genes via horizontal gene transfer during the
evolutionary process [36]. Even a certain level of structural similarity has been preserved between
the two, this particular gene loss results in the differentiation in their mode of action as depicted in
Figure S1. Instead of swapping just a few residues in close contact, the swapping of the whole region
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eliminates the possibility of generation of the low- or non-functional enzyme due to misfolding or
unfolding (Figure S2). Further, this swapped region is rich, for Gly content that provides additional
conformational flexibility in the swapped enzyme to adopt Co2+ coordination (Figure S3).

Before transforming the swapped gene into P.pastoris expression vector, the positive clones were
double-checked by EcoR I single digestion (Figure S5a,b). As displayed in Figure S3, there is a high
level of similarity and identity between EGI_swapped and EGI enzymes, 94.3% and 96.4% respectively.
In parallel to prediction (Table S1), the molecular weight of the swapped enzyme is reported around
~50 kDa, including a 6xHis tag in the expression vector used for the purification step, see Figure S6.

2.2. Enzymatic Activities

First, we find the optimal pH-buffer combinations for both EGI_swapped and EGI enzymes.
The optimal pH-buffer combination is found by scanning pH 4–5 and pH 6–7 ranges in 50 mM sodium
acetate and potassium phosphate buffers toward 0.5% w/v CMC at 50 ◦C for 3 h, respectively. For
EGI_swapped and EGI enzymes, the highest enzymatic activity is recorded at 50 mM sodium acetate
buffer pH 4.7 as in line with the reported PI value (Table S1). Then, the rest of all enzyme activity
and thermal stability tests are performed in 50 mM sodium acetate pH 4.7 buffer. Just for the circular
dichroism (CD) spectroscopy measurement, the concentration of buffer is decreased to 20 mM at
pH 4.7.

As depicted in Figure 1, the swapped region is not close to the catalytic triad. This particular
distance from the swapped region to the catalytic triad creates an expectation that alterations in
enzyme activity are most probably due to a change in the thermal stability of EGI_swapped. Among
1 h results, the first notable difference in enzymatic activities is captured at the highest temperature,
50 ◦C (see Figure S9). Upon extending the reaction time to 3 h, the notable difference is again recorded
at 50 ◦C (Figure 2). Indeed, the difference in activities of EGI and EGI_swapped become more visible,
around ~20% difference, at 6 h (Figure 2). These results point out the alterations in thermal stability of
EGI_swapped with respect to the EGI enzyme.

Figure 2. The enzyme activity profiles of EGI and EGI_swapped enzymes toward CMC for 3 h and 6 h
at 30–50 ◦C (/10 ◦C). Data are express as mean ± SD, n = 3. p-values between 0.1 and 0.05, and p-value
smaller than 0.05 are indicated with ‘*’ and ‘**’ on plots, respectively.

Moreover, we aim to investigate either there is any impact of Co2+ addition on enzymatic activities
of EGI and EGI_swapped, or not. To reveal this, we performed activity tests on enzymes toward
0.5% w/v CMC by following two paths; (i) pre-incubating enzymes with Co2+ (Figure 3) and (ii)
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pre-incubating CMC with Co2+ (Figure S7) prior to the hydrolysis reaction. We report that the relative
activities of EGI are 48% without any Co2+, and 47% for 0.05 mM and 0.1 mM Co2+ ion additions.
As Co2+ ion addition increases to 0.2 mM and 0.5 mM, its enzymatic activity dramatically decreases
to 28% and 24%, respectively. This particular trend could be explained as the accumulated Co2+ ions
randomly bind to the tertiary structure of EGI due to the lack of a favorable environment for ion
binding. This result is in line with the literature search that there is no reported crystal structure in
PDB, displaying more than a 70% sequence similarity with EGI (PDB id: 1EG1) to be considered as a
homolog, with the presence of Co2+ or any relevant metal ions [35].

Figure 3. The effects of Co2+-ion pre-incubation with enzymes prior to hydrolysis reaction on their
enzymatic activity profiles. Through enzyme assays toward 0.5% w/v CMC, the impacts of Co2+ ion
pre-incubation with enzymes were investigated for different Co2+ ion concentrations, 0 mM, 0.05 mM,
0.1 mM, 0.2 mM and 0.5 mM, in final. The highest data among all activity tests, EGI_swapped at 50 ◦C
for 6 h, is taken as 100% to calculate the rest. Data are express as mean ± SD, n = 3. To indicate the
significant differences in enzymatic activities of EGI and EGI_swapped enzymes, p-value smaller than
0.001 are indicated with ‘***’ on plots.

For EGI_swapped, we report that the relative activities of EGI_swapped are 58% without any Co2+,
63% with 0.05 mM Co2+ and 69% with 0.1 mM Co2+ (Figure 3). The most notable result is recorded as
92% with 0.2 mM and 77% with 0.5 mM Co2+ ion concentrations (Figure 3). Herein, we conclude that
Co2+ ion is coordinated better in EGI_swapped with 0.2 mM concentration. Due to the addition of
more Co2+ ion, its enzymatic activity decreases to 77% but still it is better than the enzymatic activity
of EGI_swapped with no Co2+ ion addition, at 57%. When we compare the enzymatic activities of
EGI_swapped with respect to native, Co2+ ion coordination is significantly different in EGI_swapped
with a p-value smaller than 0.001 for 0.2 mM and 0.5 mM Co2+ ion concentrations, see Figure 3.

As previously stated, two different paths [(i) and (ii)] are followed to investigate whether Co2+

ions inhibit enzymatic activity by binding to alternative sites in their tertiary structure or if they occupy
any side of the CMC, long polymeric chain, to prevent the proper attack of enzymes to CMC. Based on
the results of path (ii) in Figure S7, we conclude that Co2+ ion incubating with CMC does not alter
the results.

2.3. Thermal Stabilities of EGI and EGI_Swapped

Thermal stabilities of EGI and EGI_swapped enzymes are evaluated by measuring their remaining
activities toward 0.5% w/v CMC at 30 ◦C for 1 h after subjecting them to thermal incubation at
30–70 ◦C/10 ◦C for 30 min, 60 min, and 90 min. An enzymatic activity without any thermal incubation
30◦C for 1 h is taken as a reference, 100%, to calculate the rest. In parallel to the enzymatic activity
profile in Figure 2, the notable differences in enzymatic activities are captured upon the increase in
incubation temperature and extension in incubation time.
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As displayed in Figure 4, the first notable difference among 30 min incubation results is reported at
70 ◦C, e.g., EGI_swapped displays ~1.5-fold better activity than EGI. Among 60 min incubation results,
the notable differences are at 60 ◦C and 70 ◦C, e.g., EGI_swapped displays ~1.6-fold and ~2.8-fold
higher activity than EGI at 60 ◦C and 70 ◦C, respectively. Upon extending the incubation time to 90 min,
~1.8-fold at 50 ◦C and ~2-fold at 60 ◦C higher enzymatic activities are reported for EGI_swapped
with respect to EGI. Among all data sets, the most striking thermal stability result is reported for
90 min thermal incubation at 70 ◦C. Notably, swapped enzyme still shows enzymatic activity after
thermal incubation for 90 min at 70 ◦C, e.g., 14% relative activity, while the enzymatic activity of EGI is
completely lost. These thermal stability assay results together with the enzyme activity assay results
performed with and without Co2+ ions (Figures 2 and 3) prove to us that EGI_swapped is a more
promising catalyst than its native counterpart by meeting the demands of the harsh conditions of
biotechnological application.

Figure 4. The thermal stability results; (a) EGI and (b) EGI_swapped enzymes toward CMC. The
remaining relative activities of enzymes toward 0.5% w/v CMC were measured after incubating
enzymes at different temperatures (30–70 ◦C/10 ◦C) for 30, 60 and 90 minutes. For each EGI and
EGI_swapped enzymes, the enzymatic activities at 30 ◦C without any thermal incubation were set to
100% in order to calculate the rest. Data are express as mean ± SD, n = 3.

The thermal stability of the enzyme is controlled by numerous factors; e.g., hydrogen bond
networks, hydrophobic and packing interactions, and charge clusters [18]. It is stated for metal ions
that they can provide a geometrically defined scaffold, evolving into the reorganization of the local
interactions [26]. In some cases, this defined scaffold can modulate the active site of enzymes through
long-range interactions to some extent that are dependent on the position of metal in the protein,
its interaction with solvent, and the accessibility of counter-ions, etc. [26] Based on the findings in
Figure 4, we could conclude that swapping the Ala43-Gly83 region of CBHI to EGI has resulted in
an alteration to the enzyme’s structure; e.g., the enhancement of hydrogen networking and packing
interactions, [18–20]. Hence, we evidently end up with a novel endoglucanase enzyme and displayed
altered thermal stability with respect to its native counterpart. The existence of local reorganizations are
expected in proteins’ scaffold upon the metal ion binding [26]. Consequently, observing the significant
differences in thermal stabilities of EGI_swapped and EGI would imply the existence of these local
reorganizations in the scaffold of EGI_swapped.

2.4. Analysis of Coordinated Co2+ Ions in the Structures of EGI and EGI_Swapped Enzymes

As already demonstrated, EGI_swapped displays altered enzymatic activity and thermal stability
with respect to its native counterpart, see Figures 2–4. These findings strongly suggest that the favorable
environment for Co2+ ion coordination is created in EGI_swapped but still additional findings are
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required for further demonstrations. We perform ICP-OES measurements with EGI_swapped and EGI
enzymes. Immediately after 20 min heat denaturation of EGI_swapped and EGI_swapped at 95 ◦C,
the amount of released Co2+ ion is measured as 2.2 μM and 8 μM in EGI_swapped and EGI enzymes,
respectively. Herein, ~3.6-fold stronger Co2+ ion coordination in EGI_swapped with respect to EGI
could be accounted as another strong implication for the existence of Co2+ ion coordination in the
EGI_swapped enzyme. In ICP-OES analysis, we detected a minute amount of Co2+ ions in expression
buffer and thus free Co2+ ions alternatively bind to EGI’s structure and they are released upon heating
at 95 ◦C.

Stahlberg et al. suggested that divalent metal ions are required for the crystallization of the
CBHI (PDB id: 1DY4) enzyme [24]. This suggestion seems to be suffered since there are several CBHI
structures in literature that are crystallized with metal ion different than divalent ones; e.g., 4P1H
and 5TC9 with Sm3+ and Gd3+ [30–33] (see Figure S4). It has been already suggested in the literature
that there is a selective binding mode of metal ions to proteins, and it is controlled by several factors,
e.g., metal ion radii, number of unpaired electrons, coordination number and preferred coordination
geometry of metal ion, the availability of His, and Glu and Asp residues in proteins’ structure, etc. [27].
With the well-combination of all these factors, proteins bind to one appropriate metal ion much more
tightly than others [26]. To investigate whether EGI_swapped displays any specific binding to other
divalent atoms (Ca2+, Mg2+, and Zn2+) or not, we measured the amount of released Ca2+, Mg2+ and
Zn2+ ions upon the thermal denaturation of EGI_swapped and EGI enzymes at 95◦C for 20 min
through ICP-OES method. We report the ratio of released ions from EGI_swapped to EGI as ~1.0 for
Ca2+, ~1.1 for both Mg2+ and Zn2+. Hence, these particular differences in the ratio of released Co2+

and other divalent atoms from EGI_swapped to EGI enzymes, ~3.6 and ~1.0/~1.1, could be accounted
as strong evidence for specificity toward Co2+, but not Ca2+, Mg2+, and Zn2+. For Sm3+ and Gd3+ ions,
there is no proper detector in our ICP-OES instrument. That is why we could not report the amount of
released Sm3+ and Gd3+ ions from EGI_swapped and EGI enzymes.

There is no set of rules for metal ions’ binding to proteins as similar to their binding to inorganic
molecules, several constrains should be satisfied for metal ion binding to protein molecules. For
instance, the existence of true geometry in the protein structure, the presence of His and Asp/Glu
residues in proper geometry, and the overcoming size and shape limitations are several constraints that
originate from the proteins’ structures [26,27]. The polarizability, radii of metal ion, and the number of
unpaired electrons are other constraints’ coming from metal ions’ site [26,27]. Upon the meeting of
these constraints both from proteins’ and metal ions’ sites, the specific metal binding to protein has
occurred. In the light of enzyme assay, thermal stability and ICP-OES measurement results, we draw
a conclusion that swapping of Ala43-Gly83 region of CBHI to EGI enzyme enabled EGI_swapped
enzyme to provide the several constrains mentioned above that are actually lacking in EGI enzyme
(see Figures 2 and 3).

2.5. The Change in Secondary Structures Upon Swapping

The altered enzymatic activity and thermal stability results in the swapped enzyme have already
pointed out that domain swapping should transform the secondary structure of the EGI significantly.
Now we use Circular Dichroism (CD) spectroscopy approach in order to evaluate the possible structural
variations of EGI_swapped and EGI enzymes. The temperature sweep of CD spectra between 25 ◦C
and 70 ◦C reveals distinct conformational and thermal susceptibility between the secondary structure
of EGI and EGI_swapped enzymes, see Figure 5a,b. EGI enzyme shows antiparallel β-sheet features
in the spectra region of 210–240 nm with a distinctive peak ca. 215 nm. In contrast, EGI_swapped
demonstrates the superposition of an antiparallel β-sheet at ca. 215 nm and α-helix like features at ca.
225 nm [37]. Peculiarly, temperature dependent CD study reveals that the structure of EGI enzyme
significantly changes with increasing temperature. Although the maxima of ca. 215 is increased
slightly, the structural changes exhibit a significant broadening at ca. 230 nm. These structural changes
correlate with the temperature dependent activity assays of EGI enzyme. Increasing temperature
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induces critical alterations in the secondary structure of EGI enzyme, and prolonged temperature
exposures could render the enzyme completely inert as shown in Figure 4a.

Figure 5. Temperature scanning of EGI (a) and EGI_swapped enzymes (b). Through Circular Dichroism,
the change in the structure of endoglucanase I enzyme upon domain swapping has been displayed.
The enzyme samples were prepared in 20 mM sodium acetate buffer (pH 4.7) that was corrected for
the backgrounds. The changes in secondary structures of native and swapped enzymes upon an
increase in temperature (25–70 ◦C/5 ◦C) were captured. The secondary structure changes of native and
domain-swapped enzymes are carefully tracked within 210–220 nm and 215–230 nm, respectively. All
results are displayed in mean residue ellipticity ([θ]).

Unlike to EGI, the EGI_swapped enzyme exhibits subtle changes in temperature sweep.
Antiparallel β-sheet dominant CD feature ca. 215 nm does not show changes in increased temperature.
Meanwhile, α-helix associated CD absorption at ca. 225 remains highly stable until the temperature of
50 ◦C then is slightly reduced but remains prominent as it correlates with the temperature dependent
activity assays of EGI_swapped, see Figure 4b. Here, we deduce that the temperature-dependent
activity variation between EGI and EGI_swapped enzymes originates from the structural changes and
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confirms that domain swapping has altered the conformation of the enzyme, unequivocally leading to
a novel endoglucanase enzyme, EGI_swapped.

Furthermore, we also investigate the changes in secondary structures of EGI and EGI_swapped
enzymes upon thermal denaturation, for the duration of an hour at 95 ◦C. Conforming to the thermal
stability profiles (Figure 4), EGI_swapped contains a considerable level of its secondary structure while
antiparallel β-sheet structures of EGI is drastically degraded (Figure 6). Evidently, swapping of the
Ala43-Gly83 region of CBHI to EGI enzymes improves the structural integrity and thermal stability
significantly (Figure S10).

Figure 6. The CD spectroscopy measurement of EGI and EGI_swapped enzymes after 1 h denaturation
at 95 ◦C. Through Circular Dichroism, the change in structures of EGI and EGI_swapped was carefully
traced between 195 nm and 230 nm after 1-h heat denaturation at 95 ◦C and 3-h incubation at room
temperature. The CD measurement was performed at room temperature with samples prepared in
20 mM sodium acetate buffer (pH 4.7) that was corrected for the backgrounds. For EGI_swapped, the
peaks at 211 nm and 216 nm are indicated. All results are displayed in mean residue ellipticity ([θ]).

To elucidate the impact of Co2+ presence on secondary structures enzymes, we track the secondary
structure of these enzymes at various Co2+ concentrations (Figure 7). In the case of the EGI enzyme,
increasing Co2+ concentration results in narrowing and the red-shift of the antiparallel β-sheet
dominant CD profile. Upon the addition of 0.05 mM Co2+, two negative maxima in the CD pattern
emerges at a wavelength of 216 nm and 220 nm, as is similar to EGI_swapped but in a narrower range
(Figure 7a). With the addition of higher concentrations of Co2+ to EGI enzyme, the sharper peaks
are observed. The sharpened peaks remain to be linked with the presence of Co2+ while they are not
correlated with the concentration of Co2+ suggesting nonspecific interactions with Co2+. The enzyme
assay results performed with various Co2 ion concentrations (Figure 3a) and the release of ~2.2 μM Co2+

ion from the EGI enzyme upon heat denaturation are also verified by these non-specific interactions.
Contrary to EGI, the impact of Co2+ is more stable and obvious in EGI_swapped. Increasing Co2+

concentrations exhibit the correlation with a peak intensity ca. 211 nm. The newly formed peak could
be interpreted as the higher amount of stable antiparallel β-sheet formation, contributing the improved
enzymatic activity and higher thermal stability, as previously showed in Figure 4.

199



Catalysts 2019, 9, 130

Figure 7. The effects of Co2+ ion addition on secondary structures of EGI and EGI_swapped enzymes.
Through Circular Dichroism, the differences in secondary structures of EGI (a) and EGI_swapped (b)
upon Co2+ ion addition have been captured within 210–220 nm and 215–230 nm, respectively. Protein
samples were prepared in 50 mM sodium acetate buffer (pH 4.7) that was corrected for background at
room temperature. All results are displayed in mean residue ellipticity ([θ]).

3. Material & Methods

3.1. The Construction of EGI_Swapped and Cloning Approach

A foresight for swapped domain between EGI (pdb id: 1EG1) [35] and CBHI (PDB id: 1DY4) [24]
was provided with the structural alignment, performed via TM-Align web-server [38]. Based
on the structural alignment results, EGI_swapped was constructed, and the finalized nucleotide
sequence of the swapped enzyme was synthesized by Microsynth AG® (Balgach, Switzerland) in the
pUC57 plasmid.

To clone this swapped gene into pPICZαA vector, its initial amplification was performed with
PCR by using forward (FEGI) and reverse (REGI) primers. The reaction conditions were set to 96 ◦C
for 120 s, 94 ◦C for 30 s, 55 ◦C for 30 s, 72 ◦C for 4 min with 35 cycles and 72 ◦C for 7 min. After
digesting the amplified gene and pPICZαA vector with EcoRI and XbaI restriction enzymes (Thermo
Scientific, USA), the rapid ligation kit (Thermo Scientific, Waltham, MA, USA) was used to ligate the
digested EGI_swapped gene into the digested sites of a pPICZαA expression vector (Invitrogen, San
Diego, CA, USA). Finally, 20 μL of ligation mixture was transformed into Escherichia Coli XL-1 blue
cells, cultured on low-salt Luria-Bertani (LB) broth containing 25 μg·mL−1 of Zeocin [16]. The selection
of positive colonies from LB plates was done with colony PCR by priming the AOX site of pPICZαA
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vector and they were isolated with QIAprep miniprep spin kit (QIAGEN). For double verification,
these isolated plasmids were subjected to single digestion with EcoRI restriction enzyme. Prior to
transformation of selected plasmids to Pichia pastoris cells, they were linearized with SacI to enable its
integration to the AOX1 chromosomal locus of P. pastoris KM71H (AOX: ARG4, arg4) (Invitrogen). The
competent P. pastoris KM71H cells with slow methanol utilizing phenotype were prepared according to
a procedure of Wu and Letchworth [39]. Approximately, ~2 μg of linearized plasmid was transformed
into KM71H P. pastoris cells by using 1.5 kV charging voltage, 25 F capacitance and 200 Ω resistance.
The transformation product was spread onto YPD plates containing 100 μg·mL−1 of Zeocin. After 48 h
incubation at 30 ◦C, the positive ones were also selected with colony PCR from YPD-zeo plates by
priming the AOX site of pPICZαA vector. Eventually, they were transferred to YPD Broth medium at
30 ◦C for 48 h with 250 rpm shakings.

3.2. P. pastoris Expression & Purification

Previously, EGI enzyme was cloned into pPICZαA vector and expressed in P.pastoris [40].
By following a similar procedure, EGI and EGI_swapped genes in pPICZαA vector were initially
inoculated into 50 mL YPD-Broth medium for 48 h at 30 ◦C with 250 rpm shaking. As the optical density
of cultures was reached to ~30 arbitrary units at 600 nm, the cells were collected by centrifugation
(4200 rpm for 10 min at 4 ◦C). The pellets were suspended into expression buffer, containing 100 mM
potassium phosphate buffer (pH 6.0), 1.34% Yeast Nitrogen Base (YNB), 4 × 10−5 % biotin and 2% (v/v)
methanol in final. They were expressed at 30 ◦C for 72 h with 250 rpm shaking by inducing expression
cultures with 2% v/v methanol in final, in every 24 h. At the end of the expression, proteins were
collected by centrifugation at 4200 rpm for 25 min at 4 ◦C. After concentration of collected products
with Sartocon Micro and Ultrafiltration system with 10 and 100 kDa cutoffs (Sartorius Stedim), they
were purified with nickel-coated beads. During binding and elution steps, 20 mM sodium phosphate
buffers with 50 mM imidazole and 500 mM imidazole were used.

3.3. Gel Electrophoresis

Followed by purification, the presence of swapped enzyme was checked with sodium dodecyl
sulphate polyacrylamide gel electrophoresis (SDS-PAGE), prepared as 5% (w/v) stacking and 12%
(w/v) separation gel. Enzyme samples were boiled at 95 ◦C for 5 min before loading them to SDS-PAGE.
The gel was stained with Coomassie Brillant Blue Dye R-250 (Thermo Scientific, Waltham, MA, USA).

3.4. Bioinformatic Analysis of EGI and EGI_Swapped

Several bioinformatics tools were used to indicate changes in EGI enzyme upon swapping.
First, the missing parts of EGI, deposited up to Thr371 (PDB id: 1EG1) [35], were predicted with
I-TASSER [41,42] before performing its structural alignment with CBHI enzyme (PDB id: 1DY4) [24]
via TM-Align web-server [38]. For visualization purpose, Visual Molecular Dynamics (VMD) was
used [34]. By providing default parameters, the multiple alignments between EGI_swapped and EGI
enzymes was performed [43]. The change in molecular weight and PI value of enzyme was predicted
via ExPaSy-PI/MW tool [44,45].

3.5. Enzyme Assays

First of all, the purification buffer of enzymes was exchanged with reaction buffer through
Sartocon Micro and Ultrafiltration system with 10 kDa cutoffs (Sartorius Stedim, Göttingen, Germany),
and enzyme concentrations were determined via Bradford Assay [46]. The activities of these enzymes
were determined by the 3,5-dinitrosalicyclic acid (DNS) against Carboxymethyl Cellulase (CMC)
(Megazyme®, Bray, Ireland) as described by Gusakov et al [47]. The first step was to check the optimal
buffer and pH combinations for both. For this purpose, activity tests were performed in 50 mM sodium
acetate buffer (pH 4–5) and in 50 mM potassium phosphate buffer (pH 6–7) by narrowing pH ranges
as 4, 4.3, 4.7, and 5 for sodium acetate buffer and 6, 6.3, 6.7, and 7 for potassium phosphate buffer. The
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activities of enzymes were measured against 0.5% w/v CMC, prepared separately for each buffer-pH
combination, for 3 h at 50 ◦C by keeping the amount of enzyme as 20 μg in final.

After determination of optimal pH-buffer combination for enzymes, the following enzyme assays
were performed in 50 mM sodium acetate buffer (pH 4.7) for 1 h, 3 h and 6 h at 30–50 ◦C (/10 ◦C)
against 0.5% w/v CMC. Again, the amount of enzymes was kept as 20 μg in final. Prior to all assays,
enzymes and substrate were separately pre-incubated at the designed temperature for 10 min. To
terminate the reaction, DNS reagent was added to the reaction mixture that was boiled at 95 ◦C for
5 min. Upon cooling down the reaction mixture to room temperature, the absorbance of the reduced
sugar was measured at a wavelength of 540 nm. The amount of reduced sugar was calculated from
standard calibration curve after subtracting A540 background of enzymes and substrate. To test the
reproducibility of data, three samples from two independent protein expression and purification
batches of EGI and EGI_swapped enzymes, were taken. Since the reaction volume and the amount of
enzyme were kept constant in all reactions, mean values were represented as relative values, obtained
by setting the highest value to 100% for calculating the rest, with standard deviations below 10%.

Moreover, the enzyme activity tests were performed with the presence of Co2+ ions at several
final concentrations, 0 mM, 0.05 mM, 0.1 mM, 0.2 mM and 0.5 mM. Two different paths were followed
to reveal the impacts of Co2+ ions on activity; (i) incubating EGI_swapped and EGI enzymes with
Co2+ ions or (ii) incubating 0.5% w/v CMC with Co2+ ions for 10 min at room temperature just before
performing enzymatic assays described by Gusakov et al [47]. As outlined in above, the reaction was
terminated by adding DNS reagent to reaction mixture that was further boiled at 95 ◦C for 5 min.
The absorbance of reduced sugar was measured at a wavelength of 540 nm after cooling the reaction
mixture to room temperature. Followed by proper subtraction of enzymes’ and substrate’ absorbance
at 540 nm (A540), the amount of reduced sugar was calculated from the calibration curve. Three
samples from two independent protein expressions and purification batches were taken to test the
reproducibility of data. To follow the impact of Co2+ ion addition on enzymes’ activities, the highest
data among all activity test results, e.g., EGI_swapped at 50◦C for 6 h in our case, was taken as 100% to
calculate the rest.

3.6. Thermal Stability Assay

To delve into the effects of swapping on thermal stability, EGI_swapped and EGI enzymes were
initially incubated at 30–70 ◦C (/10 ◦C) for 30 min, 60 min and 90 min in 50 mM sodium acetate buffer
(pH 4.7) by keeping the amount of enzymes as 20 μg in final. Followed by thermal incubation, they
were chilled on ice for 20 min to allow structural recovery. Then, their remaining enzymatic activities
were determined by DNS against 0.5% w/v CMC at 30 ◦C for 1 h in the same way as described
above [47]. Similarly, the absorbance of reduced sugar was measured at a wavelength of 540 nm upon
cooling of the reaction mixture to room temperature, and the amount of reduced sugar was calculated
from standard calibration curve after subtracting A540 background of enzymes and substrate. To test
the reproducibility of data, three samples from two independent expressions and purification batches
of swapped and native enzymes were taken. The relative remaining activities were calculated by
setting the enzymatic activity value of each enzyme, at 30 ◦C for 1 h, without any thermal incubation
to 100%.

As mentioned above, all enzyme activity and thermal stability tests are performed by the
3,5-Dinitrosalicylic acid (DNS) method against 0.5% w/v CMC as outlined by Gusakov et al [47].
Among all available methods, colorimetric methods are most commonly used for measuring the
amount of reduced sugar released during the enzymatic reaction [48]. 3,5-Dinitrosalicylic acid (DNS)
is a recently used colorimetric assay [49]. Compared to the Nelson–Somogyi method, it is reported as
being faster, less toxic and more convenient compared to the Nelson–Somogyi method [50]. To obtain
the realistic results in DNS assay, we aimed to improve the sensitivity and precision of the method,
DNS assay for our case as much as possible. For this particular purpose, we initially satisfied it by
working on the linearization of enzyme assay with trying different enzyme-substrate combinations,
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incubation time and temperatures. The reproducibility of our data was also tested before reporting by
increasing the number of samples coming from two independent purification and expression batches.

3.7. Measurement of Co(II) Ion Concentration in EGI and EGI_Swapped Enzymes

To assess whether suitable environment for Co2+ ion coordination was successfully integrated into
EGI_swapped or not, we performed inductively coupled optical emission spectrometry measurement
(ICP-OES) (Vista-Pro Axial; Varian Pty Ltd., Mulgrave, Australia). Followed by expression and
purification steps, enzyme samples of 0.5 mg/ml concentration were boiled at 95 ◦C for 20 min,
and the amount of released Co2+ upon denaturation was detected with an ICP-OES measurement.
In addition to the Co2+ ion, the amount of released Ca2+, Mg2+ and Zn2+ ions were also measured
through ICP-OES method after 20 min of thermal denaturation at 95 ◦C.

3.8. Circular Dichroism (CD) Spectroscopy Measurements

CD spectrums of enzymes were collected by using a J-815 Circular Dichroism Spectropolarimeter
(Jasco International Co., Tokyo, Japon) under a N2 stream purge equipped with a thermostatically
controlled cuvette. The measurement was performed with a quartz cuvette (Hellma Analytics, 1.0 mm
path length) and the scanning speed was 100 nm/min [51]. Temperature scanning was performed
from 25 ◦C to 70 ◦C as 5 ◦C increments. In each temperature, ten scans were averaged to obtain the
full spectra of samples prepared in 20 mM of sodium acetate buffer (pH 4.7) that were corrected for
the background.

To explore more about the effects of Co2+ addition on the structures of EGI and EGI_swapped
enzymes, Co2+ ions at various concentrations (0.05 mM, 0.1 mM, 0.2 mM and 0.5 mM) were added to
the enzyme samples. Prior to the collection of full spectra, they were incubated for 10 min at room
temperature, in 20 mM sodium acetate buffer (pH 4.7). The full spectra of samples were collected at
room temperature with scanning speeds as 100 nm/min with ten scans that were averaged to obtain
the full spectra of samples.

Further, the effects of thermal incubation on enzymes’ structures were investigated with CD
spectroscopy measurement after they were subjected to thermal incubation at 95 ◦C.

Enzymes were subjected to thermal incubation at 95 ◦C for 1 h and then were incubated at room
temperature for 3 h. Again; CD spectra samples were collected as ten averages with scanning speed as
100 nm/min at room temperature. There was no Co2+ ion addition on enzyme samples that subjected
to thermal denaturation.

By using the following equation, the mean residue ellipticity was calculated;

[θ] =
θ

10 · c · l
(1)

where θ is the observed ellipticity mmDeg, c is the molar concentration, l is the cell length in
centimetres.

4. Conclusions

In this study, we present how swapping is a strong protein-engineering tool in order to create
an endoglucanase enzyme, called as EGI_swapped, with novel structural and functional properties.
Basically, we aimed to create the favorable environment for providing a Co2+ ion coordination in the
endoglucanase enzyme by swapping the Ala43-Gly83 region of CBHI to EGI.

In the first part of this study, we described the impacts of swapping on enzyme activities with
improvements in EGI_swapped. The difference in enzymatic activities of EGI_swapped and EGI
become more prominent upon increasing Co2+ ion concentrations. This particular result could be
considered as a strong implication for the existence of Co2+ ion coordination in EGI_swapped. As being
different than EGI, EGI_swapped displays improved thermal stability that becomes more apparent
with the extension of reaction time and temperature. Specifically, the EGI_swapped enzyme shows
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quantifiable activity against CMC while EGI enzyme completely loses its activity after 90 min thermal
incubation at 70 ◦C. ICP-OES measurements suggest that the existence of Co2+ ion in EGI_swapped is
significantly different than EGI; e.g.~3.6-fold stronger Co2+ ion coordination in EGI_swapped with
respect to the EGI enzyme. This particular difference could provide a basis to explain improvements
in enzymatic activity and thermal stability of EGI_swapped with respect to its native counterpart.

In the second part of the study, we identify the structural differences in EGI_swapped and native
enzymes via Circular Dichroism (CD) spectroscopy. Swapping the Ala43-Gly83 region of CBHI to EGI
leads to a transformation of the secondary structure, and results in distinct conformational and thermal
susceptibility. In EGI_swapped enzyme, the newly formed peaks are observed upon Co2+ ion addition
via CD spectroscopy. Unlike EGI, the considerable level of secondary structure is reported in CD
spectroscopy of EGI_swapped after heat denaturation at 95 ◦C for 1 h. This result verifies the thermal
stability results by indicating that swapping improves the structural integrity of the enzyme and
contributes significantly to its thermal stability without disrupting its activity. Indeed, we end up with
a novel endoglucanase enzyme with more promising enzymatic and functional properties, in terms of
meeting the demands of harsh conditions of industrial applications, compared to its native counterpart.

To the best of our knowledge, this study is the first attempt in literature to alter the functional
and structural properties of endoglucanase enzyme from Trichoderma reesei via swapping from
cellobiohydrolase I enzyme. The computational and experimental tools of protein-engineering
approaches have been perfectly combined to end up with a creation of new endoglucanase enzyme
with altered thermal and structural properties. In literature, this study can be considered as the first
successful attempt to understand the impacts of divalent metal ion coordination in endoglucanase
enzyme from Trichoderma reseei. We believe that this study will be used as a basis and motivation for
others, aiming to fulfill the gaps in cellulase research about the structural and functional importance of
metal ion coordination.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/9/2/130/s1,
Figure S1: The depiction of cellobiohydrolase and endoglucanase mode of action; Figure S2: The structural
alignment results between EGI and CBHI enzymes (a) TM-alignment results between enzymes are displayed.
‘:’ donates aligned residue pairs whose distances are smaller than 5 Å. The aligned region, Ala43-Gly83 (CBHI
numbering) is indicated with *. The structural break happened around His189 (EGI numbering) is indicated with
**. (b) The structural presentation of alignment results are provided in ‘cartoon’ format for overall, and ‘surf’
format just for swapped region. His206 in CBHI and His189 in EGI are drawn in ‘licorice’ format as yellow and
red, respectively. In ‘surf’ presentation, the end points of swapped domain (Ala43 and Gly 83 as CBHI numbering)
are indicated; Figure S3: The multiple protein alignment results between EGI_swapped and EGI; Figure S4: The
crystal structures of cellobiohydrolase I enzymes. These cellobiohydrolase I enzymes have displayed more than
95% sequence similarity to CBHI (pdb id: 1DY4). These structures are crystallized with metal ions different than
Co2+ ion. On the left side, the crystal structures are displayed with metal ions. Structures and metal ions are
drawn in ‘cartoon’ and ‘VDW’ format, respectively, with Visual Molecular dynamics. The corresponding parts
of our swapped region, Ala43-Gly83, in cellobiohydrolase enzymes are displayed by indicating the distances of
Ala43 and Gly83 to metal ions. On the right side, the structural alignment results of cellobiohydrolase enzymes,
pdb id: 1CEL, 4P1H and 5TC9, with EGI enzyme (pdb id: 1EG1) are displayed by indicating Glu residues involved
in metal ions coordination; Figure S5: The cloning results of EGI_swapped; (a) the colony PCR results and
(b) the double verification of isolated plasmid with EcoR I, and (c) Raw files of colony PCR results and single
digest verification with EcoR I. After selection of positive clones through colony PCR, the isolated plasmids (last
four ones) were double checked with single EcoR I digestion as displayed in (b). The colony PCR’s products
and linearized plasmid were visualized in 1.2% w/v Agarose gel by ethidium bromide staining. M indicates
a GeneRuler Ladder Mix (Fermentas); Figure S6. SDS-PAGE results of EGI_swapped; Figure S7: The effects of
Co2+-ion pre-incubation with CMC prior to hydrolysis reaction on their enzymatic activity profiles; Figure S8.
The construction of pH profiles for native and domain swapped enzymes; Figure S9: The enzyme activity profiles
of EGI and EGI_swapped enzymes toward CMC for 1 h at 30–50 ◦C(/10 ◦C); Figure S10: The temperature path of
EGI_swapped and EGI enzymes.
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Abstract: Methane is a promising carbon feedstock for industrial biomanufacturing because of its
low price and high abundance. Recent advances in metabolic engineering and systems biology
in methanotrophs have made it possible to produce a variety of value-added compounds from
methane, including secondary metabolites. Isoprenoids are one of the largest family of secondary
metabolites and have many useful industrial applications. In this review, we highlight the current
efforts invested to methanotrophs for the production of isoprenoids and other secondary metabolites,
including riboflavin and ectoine. The future outlook for improving secondary metabolites production
(especially of isoprenoids) using metabolic engineering of methanotrophs is also discussed.

Keywords: methane; methanotrophs; secondary metabolites; isoprenoid; metabolic engineering

1. Introduction

Methane is the major component of natural gas and a huge amount of methane is available due to
advances in natural and shale gas production technology [1]. Unfortunately, atmospheric methane
is 20 times as potent as carbon dioxide as a greenhouse gas that needs to be mitigated. Of the
total methane emissions, anthropogenic emissions (combustion of fossil fuels, livestock industry,
landfills, and biomass burning) account for 63%, and natural sources (wetlands, oceans, rivers, lakes,
and permafrost) account for 37%. Anthropogenic emissions have steadily increased, with an increase
in methane gas production as relevant industry develops [2,3]. Currently, most methane is used to
produce electricity in gas turbine boilers and is supplied to homes for heating and cooking [4].

One challenging technical issue on methane utilization is gas-to-liquid (GTL) conversion because
methane gas is not easily transported [5]. Various chemical GTL conversion technologies have been
developed to date, but there are some disadvantages. The chemical gas-to-liquid conversion technology
consists of a methane reforming process to produce syngas, a Fischer-Tropsch process to convert syngas
into hydrocarbons, and an upgrading and separation process [6]. Generally, these processes require high
temperature up to 800 ◦C and high-pressure conditions. Therefore, chemical gas-to-liquid conversion
requires high operating costs. Biological gas-to-liquid conversion technology is being developed
to address these issues [5]. Biological gas-to-liquid conversion technology uses methanotrophs,
which can use methane as a sole carbon source. This gas-to-liquid bioconversion using methanotrophs
shows higher efficiency than the chemical conversion [7]. In addition, bioprocess proceeds under
normal temperature and pressure conditions. By applying metabolic engineering and systems biology
approaches, currently, engineered methanotrophs have been deployed for the production of several
products, including secondary metabolites [8–10]. However, there are still some technical issues in the
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gas-to-liquid bioconversion using methanotrophs, such as limited mass transfer rates of methane, low
volumetric productivity, and instability of recombinant strains [11].

Secondary metabolites produced by plants and microorganisms have many useful biological
activities. Among the many secondary metabolites, isoprenoids are the largest family of natural
products, with more than 50,000 members identified [12–14]. Many isoprenoids have been used in
many applications such as pharmaceuticals, nutraceuticals, fragrances, as well as the chemical industry.
Additionally, due to the methyl-branched and cyclized hydrocarbon alkene structure, some isoprenoids
have attracted more attention for their potential use as advanced biofuels. Plants are the major sources
of isoprenoids. However, there are still many limitations for the production of high quantities of
natural isoprenoids, including slow growth and tissue-specific biosynthesis, and difficulties in harvesting
and extraction [12–14]. In contrast, a promising alternative method for isoprenoid production is the
reconstruction of isoprenoid biosynthesis pathways from plants into microbes. The application of
this approach has been extensively studied on model organisms like Escherichia coli or Saccharomyces
cerevisiae for a variety of isoprenoids [12,14]. E. coli and S. cerevisiae are promising hosts since they possess
simple genetic backgrounds, high growth rates as well as well-developed genetic tools. For example,
high production of isoprenoid-based biofuels has been achieved in the metabolic engineering of microbes
via endogenous or heterologous biosynthetic pathways in these hosts. However, the vast majority of
these microbe-based isoprenoid production cases rely on sugar-based metabolism, which is likely to
increase in the price of isoprenoids produced in large quantity.

The use of alternative carbon sources is attractive in industrial biotechnology for isoprenoid
production. Furthermore, different type of pathway regulation in different microbes utilizing unusual
carbon substrate like methane can play a vital role in metabolic engineering of various microbes
including model organisms. Thus, metabolic engineering of methane-utilizing methanotrophs has
recently attracted much attention, due to not only cheaper price of methane but also the novelty
and potential of secondary metabolites biosynthetic capability of methanotrophs. Some secondary
metabolites were naturally produced in methanotrophs, such as carotenoids and ectoine, which are
responsible for the pigmentation and osmotic stress in a high salt environment, respectively [8,10].
Recently, some rational metabolic engineering strategies have been used in methanotrophs as a microbial
cell factory platform for the bioconversion of methane to a variety of value-added products [9]. Based on
these backgrounds, in this study, the biosynthesis pathways and characteristics of isoprenoids and
other secondary metabolites in methanotrophs are reviewed. The current state of the production of
various isoprenoids, riboflavin, and ectoine using methanotrophs is overviewed. In later sections of
this review, we discuss the potential of methanotrophs and strategies for improving the production of
isoprenoids through metabolic engineering of methanotrophs.

2. Methane Metabolism in Methanotrophs

Methanotrophs play important roles in global methane cycling and in the degradation of harmful
substances. They use methane as a sole carbon source and were isolated in several conditions where
methane and oxygen are both present. Freshwater and sediments are sinks of atmospheric methane.
A variety of different methanotrophs inhabit these environments, and Methylomonas, Methylobacter,
Methylosarcina, Methylococcus, and Methylosoma are predominant. Landfills and rice field soils are
major sources of atmospheric methane. Studies have reported that landfills and rice field soils contain
a variety of methanotrophs, such as Methylomonas, Methylobacter, Methylosarcina, Methylomicrobium,
Methylococcus, Methylocaldum, Methylocystis, and Methylosinus. The distribution and abundance
of methanotrophs in these methane-generating environments are affected by oxygen availability.
Methanotrophs are also found in various extreme environments such as hot springs, the Antarctic,
peatbogs, and deep-sea environments [15].

Methanotrophs are bacteria that have the ability to assimilate methane. This has always been
considered a very unique microbial function. Over the past decade, knowledge of methane metabolism
has been broadened by the help of systems biology approaches [16]. However, it also highlighted a
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large amount of fundamental knowledge gaps of methanotrophs that must be addressed to exploit the
full potential of methanotrophs [17]. Oxidation of methane is carried out by methane monooxygenase
(MMO), a membrane-associated particulate methane monooxygenase (pMMO) and soluble methane
monooxygenase (sMMO) [18–20]. After that, methanol dehydrogenase (MDH) oxidized methanol into
formaldehyde, which is then assimilated through C1 metabolism [18–20]. While calcium-dependent
MDH encoded by mxaFI has been well-investigated, a novel MDH (i.e., lanthanide-dependent MDH
encoded by xoxF) has also been discovered [21]. The role of xoxF in methane and methanol oxidation
and the divergence and wide distribution of these enzymes among bacterial taxa demonstrated the
importance of xoxF enzymes environmentally, and furthermore, xoxF may be ancestral to mxaF.

There are two types of methanotrophs—γ-proteobacteria (Type I) and α-proteobacteria (Type II).
The distinction between these groups is based on the process of assimilating formaldehyde,
the organization and arrangement of cell membranes, and related characteristics such as cell
morphology [22,23]. Typically, type I methanotrophs assimilate formaldehyde through the RuMP
pathway (including Type X Methylocaldum and Methylococcus). They also form a flat, disc-shaped
inner cytoplasm and have a TCA cycle lacking α-ketoglurarate dehydrogenase activity [24]. However,
there have been many novel findings related to the methane metabolism of this group that have been
reported recently. For example, 13C carbon tracings were used to discover a complete oxidative
TCA cycle operating during methanotrophic growth in Methylomicrobium buryatense 5GB1 [25].
Others demonstrated that the Embden Meyerhof pathway (EMP) is the main route for C1 assimilation
in Methylomicrobium alcaliphilum 20Z and Methylomonas sp. LW13 [26,27].

The assimilation of formaldehyde in type II methanotroph is through the serine pathway. First,
formaldehyde is oxidized to formate, subsequently incorporating into biomass via tetrahydrofolate-
linked pathways and the serine cycle. The serine cycle first converts formaldehyde and CO2 into C3
and C4 compounds, converts them to acetyl-CoA, and sends them to the TCA cycle (carbon dioxide
accounts for about 50% of the total carbon) [18]. It has been hypothesized that an efficient pathway
for C1 assimilation requires the coupling of the serine cycle with a glyoxylate regeneration pathway
such as a glyoxylate shunt or an ethylmalonyl-coA (EMC) pathway. A flux analysis based on 13C
metabolomics technology was used to identify that the EMC pathway is essential for glyoxylate
regeneration in M. trichosporium OB3b [28]. Unlike type I methanotrophs, Type II methanotrophs
possess α-ketoglurarate dehydrogenase activity, but the TCA cycle does not work perfectly because
of its low activity. Type II methanotrophs also forms inner cytoplasm, which is similar to cytoplasm,
except in Methylocella [22,23].

3. Genetic Tool Development for Methanotrophs

Genetic tool development is basic requiment for enabling the potential of industrial methane
biocatalysis. To date, many attempts for the development of genetic tools for methantrophs have been
conducted [8,29]. The introduction of replicable plasmids containing RK2/RP4 origin into methanotrophs
via conjugation using Escherichia coli S17-1 as a donor strain was the most common method for foreign
gene transfer and expression in methanotrophs [8,17,18,29]. In addition, integration and deletion vectors
were also used in wide range of methanotrophs by marker exchange via homologous recombination
methods [8,28]. Along with this, counter-selectable marker-based techniques for mutagenesis was
developed for methanotrophs in which sacB or pheS gene were employed as the most common
markers [9,30].

Electroporation-based genetic manipulation methods have been developed in both type I and type
II methanotrophs [9,31]. Recently, one research group from the National Renewable Energy Laboratory
has successfully developed a dual-plasmid, broad-host-range CRISPR/Cas9 gene-editing system for
Methylococcus capsulatus (Bath) [32]. The DNA targeting and double-strand DNA cleavage by the
deployment of heterologous Cas9 endonuclease and synthetic single-guide RNA were applied to the
manipulation of cell vitality, fluorescent protein conversion, and protein function disruption by point
mutation. This is a proof-of-concept study of novel genetic toolbox development for methanotrophic
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genetic manipulation. The advances in genetic toolbox development will provide efficient methods to
study metabolic features of secondary metabolites in methanotrophs and enable genetic editing for
methanotrophs for production of high value-added secondary metabolites.

4. Isoprenoid Production in Methanotrophs

4.1. Isoprenoid Biosynthesis Via MEP Pathway

The basic isoprenoid building blocks isopentenyl pyrophosphate (IPP) and dimethylallyl
pyrophosphate (DMAPP) are synthesized through one of two distinct biosynthetic routes—the
mevalonic acid (MVA) pathway or the 2-C-methyl-d-erythritol 4-phosphate (MEP) pathway. Over the
last few decades, the MVA pathway was considered to be the unique pathway for IPP and DMAPP
biosynthesis [33]. However, in the early 1990s, an alternative pathway named the MEP pathway was
discovered in bacteria for the biosynthesis of IPP and DMAPP (Figure 1). While archaea and most
eukaryotes use the MVA pathway for IPP and DMAPP synthesis, the bacteria (including key pathogens
such as all Gram-negative bacteria and mycobacteria) use the MEP pathway [34].

The MEP pathway consists of seven enzymatic steps which initiate with the condensation of
pyruvate and d-glyceraldehyde 3-phosphate (G3P) to form 1-deoxy-d-xylulose 5-phosphate (DXP)
by 1-deoxy-d-xylulose-5-phosphate synthase (DXS). Next, DXP is converted to MEP by 1-deoxy-
d-xylulose-5-phosphate reductoisomerase (DXR) and is subsequently converted to methylerythritol
2,4-cyclodiphosphate (MEcDP) through three consecutive enzymatic steps, cytidylation (CTP
dependent), phosphorylation (ATP-dependent), and cyclization encoded by ispD, ispE, and ispF.
In the next step, MEcDP is converted to hydroxymethylbutenyl diphosphate (HMBDP) catalyzed
by HMBDP synthase (HDS) encoded by the ispG gene. In the final step, HMDBP is reduced to IPP
and DMAPP by the action of the ispH gene product, HMBDP reductase (HDR). IPP and DMAPP are
isomerized by isopentenyl diphosphate isomerase (IDI) [35]. The regulatory network of the MEP
pathway consists of different regulatory mechanisms involving intermediate metabolites and enzymes.
Methylerythritol cyclodiphosphate (MEcDP), the fifth intermediate of this pathway, was recently
reported as a key metabolite and may play a critical role in MEP pathway regulation. MEcDP may
connect the MEP pathway with other cellular metabolism in making precursors for isoprenoids [35].
An efficient fermentation-based process for isoprenoid production has been achieved in engineered
E. coli by the heterologous expression of the MVA pathway or upregulation of the native MEP pathway.
Among them, the expression of the heterologous MVA pathway is the superior route for enhancing
isoprenoid production compared to the MEP pathway. However, the MEP pathway possesses many
advantages for isoprenoid production, including higher theoretical yield and better balance than that
of the MVA pathway [36]. Specifically, the theoretical maximum IPP yield on glucose via the MEP
pathway is 0.83 C-mol IPP/C-mol glucose and is higher than that via the MVA pathway, which is 0.56
C-mol IPP/C-mol glucose IPP [37].

Methanotrophs currently play an important role in a wide range of biotechnological applications
with their ability to utilize single carbon (C1) feedstock, i.e., methane and methanol, to produce various
high-value compounds. Our genome analysis indicated the existence of a set of genes encoding
the methylerythritol 4-phosphate (MEP) pathway in both type I and type II methanotrophs [24]
(Table 1). Interestingly, many strains belong to type I methanotrophs such as Methylomonas sp. DH-1,
M. alcaliphilum 20Z, and M. buryatense 5GB1, and possess two genes encoding DXS, which catalyzes
the first step of the MEP pathway. On the other hand, some strains belonging to type II methanotrophs
such as M. trichosporium OB3b consisted of two copies of DXR, which converted DXP to MEP in the
second step of MEP pathway (Table 1). In contrast to E. coli and Bacillus subtilis, IDI, which isomerized
IPP and DMAPP in the last step of MEP, did not exist in either type I or type II methanotrophs.
These results suggest that the regulatory mechanism of the MEP pathway in methanotrophs might be
different compared to other microbes, which need to be elucidated in further studies. In agreement
with this suggestion, our comparative transcriptome analysis of Methylomonas sp. DH-1 showed
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the extreme upregulation of MEP pathway encoding genes when shifting substrates from methane
to methanol [38]. In addition, the pools of pyruvate and G3P, precursors for the MEP pathway,
were approximately 150 and 30-fold higher than that of the acetyl-CoA pool, suggesting that the MEP
pathway in methanotrophs is a suitable route to produce isoprenoid-related products [39].

Table 1. The existence of genes encoding the methylerythritol 4-phosphate (MEP) pathway in
methanotrophs and other microbes.

dxs1 dxs2 dxr1 dxr2 ispD ispE ispF ispG ispH idi

Methylomonas sp. DH-1 x x x x x x x x
Methylomicrobium alcaliphilum 20Z x x x x x x x x
Methylomicrobium buryatense 5GB1 x x x x x x x x

Methylomonas methanica MC09 x x x x x x x x
Methylosinus trichosporium OB3b x x x x x x x x

Escherichia coli K12 MG1655 x x x x x x x x
Bacillus subtilis x x x x x x x x

4.2. C5: Isoprene

Isoprene, a volatile 5-carbon hydrocarbon, is an important platform chemical for the production
of polyisoprene (for tires and the rubber industry), elastomers (for sporting goods), and isoprenoids
(for adhesives and pharmaceuticals) [40,41]. Isoprene is produced by direct separation from the oil
cracking fraction and dehydration of C5 isoalkanes and isoalkenes. However, seven gallons of crude oil
are needed to make one gallon of isoprene. In other words, demand is higher than supply, and studies
are being conducted to biologically synthesize isoprene to solve this problem. Biologically, isoprene is
produced by various organisms such as microorganisms, plants, and animals through the MVA and
MEP pathways [42]. Currently, algae and cyanobacteria are used as biomass for biological isoprene
production. These have the advantage of being renewable resources, but more than half of the mass is
composed of oxygen, which results in low conversion efficiency. This is because the oxygen content of
the isoprene is lower than the oxygen content of the cellulosic biomass, so oxygen must be removed as
waste [43]. Therefore, it is still not suitable for commercial production.

To solve this problem, studies are being conducted to synthesize isoprene from methane gas
through methanotrophs. Methanotrophs have genes encoding the enzymatic components of the MEP
pathway. Therefore, if methanotrophs have an isoprene synthase, it can synthesize isoprene from
both methane and methanol (Figure 1). Recently, recombinant technology of methanotrophs has been
developed, and the isoprene synthase (ispS) derived from sweet potato was expressed in M. alcaliphilum
20Z to synthesize 50 μg/mL of isoprene from methanol (Table 2) [44].

Figure 1. Biosynthetic pathway of isoprenoids in methanotrophs.
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4.3. C10: Limonene

Among the components contained in the epidermis of citrus fruits such as mandarins and oranges,
limonene is an essential component of plants. Its chemical formula is C10H16, and it is naturally
produced from monoterpene. (S)-limonene is an (S)-menthol precursor, which is the main component of
mint. (R)-limonene is widely used in antimicrobials, deodorants, food, pharmaceuticals, and cosmetics
and has recently been used as an alternative detergent. In recent studies, the efficacy of (R)-limonene’s
anticancer properties has been determined, and research has been actively conducted in the medical
field [51]. This limonene is produced by modifying the precursor geranyl pyrophosphate (GPP)
by limonene synthase to form aromatic rings. Therefore, methanotrophs with the MEP pathway,
which is the pathway for producing GPP, also have the potential to produce limonene (Figure 1).
The heterologous expression of Mentha spicata limonene synthase in Methylomonas sp. 16a resulted in
limonene production with a titer of 0.5 ppm (Table 2) [45].

4.4. C30 and C40: Carotenoids

Carotenoids are isoprenoid compounds that are often used as feed or food additives because
of their unique color. In addition, since they have a long double bond chain and a ketone group
or a hydroxyl group, they have strong antioxidative effects [52,53]. Currently, most carotenoids are
produced through chemical synthesis, but there is a growing interest in natural synthesis as well as in
the use of medicines and health foods.

Carotenoids are classified into C30 and C40 carotenoids depending on the number of carbon atoms.
The most commonly known C40 carotenoids are lycopene, β-carotene, canthaxanthin, and astaxanthin.
Many studies have been conducted on ways to biosynthesize these compounds. Studies have also been
carried out to biosynthesize C40 carotenoids in methanotrophs (Figure 1). Farnesyl pyrophosphate,
which is a precursor of carotenoids, was prepared through the MEP pathway of methanotrophs, and the
gene of the subsequent process was expressed. Rick et al. synthesized canthaxanthin, adonixanthin,
and astaxanthin by expressing crtE, crtB, crtI, crtY, crtW, and crtZ genes in Methylomonas sp. 16a.
The content of astaxanthin was increased by controlling the number of copies of crtW and crtZ genes to
synthesize up to 2.4 mg/g DCW (Table 2) [46,47]. Additionally, lycopene was naturally produced in
Methylomonas sp. ZR1, as confirmed by HPLC-DAD and HPLC-MS/MS analysis methods [54].

C30 carotenoids are less studied than C40 carotenoids. However, it is known that C30 carotenoids
such as diapolycopene, diapolycopen-dial, and diaponeurosporene have higher antioxidative
effects than tocopherol [55]. Therefore, C30 carotenoids can sufficiently replace C40 carotenoids.
C30 carotenoid biosynthesis related genes crtN, ald, and crtNb are contained in Methylomonas sp. [24].
It was confirmed that C30 carotenoid was synthesized via mutagenesis analysis. A colorless mutant was
isolated through deletion of a promoter upstream of the C30 encoding gene cluster [46]. Methanotrophs
can naturally synthesize C30 carotenoids so that high productivity could be achieved by applying the
recent studies on metabolic engineering and systems biology of methanotrophs.

4.5. Advances in Engineering Central Carbon Metabolism to Improve Isoprenoid Production in Methanotrophs

As noted above, the MEP pathway serves as a good candidate to enhance isoprenoid production
in methanotrophs by metabolic engineering. The MEP pathway uses glyceraldehyde 3-phosphate and
pyruvate in the same molar ratio. However, the EMP pathway that is the main route for C1 assimilation
in type I methanotrophs with 75% pyruvate produces an imbalanced ratio of G3P and pyruvate,
which is unfavorable for the efficiency of the MEP pathway. Engineering the feeding module of these
precursors via the Entner-Doudoroff (ED) pathway suggests the possibility to achieve the balancing of
precursor pool, which subsequently improves the isoprenoid titer. The isoprene titer was increased
3.1-fold compared to the strain that used the EMP pathway only by overexpressing the ED and the
pentose phosphate pathways [56]. Reconstruction of the MVA pathway in type I methanotrophs is
another promising strategy for isoprenoid production if the intracellular concentration of acetyl-CoA
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(which is a critical branch-point metabolite in central metabolism) can be enhanced. An effective
approach for metabolic engineering to improve acetyl-coA pools in methanotrophs could increase
carbon flux through the phosphoketolase (PKT) pathway (Figure 2). The overexpression of this
pathway in type I methanotrophs has been successfully used to increase the yield of acetyl-CoA.
High carbon flux through the PKT pathway was achieved by the overexpression of two PKT isoforms
in M. buryatense; among them, ptkB overexpression showed a two-fold increase in intracellular
acetyl-CoA [57]. Therefore, the integration of PKT and MVA pathways in type I methanotrophs could
improve isoprenoid production in type I methanotrophs. Furthermore, since glycogen and extracellular
polymeric substance are the main carbon sink in Group I strains, the elimination of these processes
could also increase the pool of secondary metabolites.

 

Figure 2. Central metabolism in methanotrophs and proposed engineering strategies for isoprenoid
production. Red arrows: predicted overexpression targets to improve carbon conversion efficiency for
production of isoprenoid via MEP and mevalonic acid (MVA) pathway; red X: suggested knockout
targets for improving flux into isoprenoids; blue arrows: heterologous expression of MVA pathway
in methanotrophs.

The serine cycle is the main route for the C1 assimilation pathway in type II methanotrophs, in
which formaldehyde was converted to formate and further incorporated into the serine cycle to produce
acetyl-CoA. It should be noted that the production of acetyl-CoA from the serine cycle enhances the
overall carbon conversion efficiency compared to RuMP-based C1 assimilation without loss of CO2 [17].
Type II methanotrophs possess higher flux to acetyl-coA production than type I methanotrophs and
could be increased by eliminating polyhydroxybutyrate accumulation. Therefore, isoprenoids could
also be produced by using both the heterologous expression of the MVA pathway and the endogenous
MEP pathway. During initiation of isoprenoid biosynthesis via the MVA pathway, two molecules
of acetyl-CoA are condensed to form acetoacetyl-CoA by an acetoacetyl-CoA thiolase. However,
the heterologous expression of this enzyme has often been difficult to express in non-native hosts.
Interestingly, this enzyme is also already presented in the primary metabolism of type II methanotrophs
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via the EMC pathway. This feature could be an advantage for engineering isoprenoid biosynthesis in
type II methanotrophs (Figure 2). By applying this approach, reconstruction of the MVA pathway in a
model methylotroph, Methylobacterium extorquens AM1, resulted in humulene concentrations of up to
1.65 g/L from methanol [58].

5. Non-Isoprenoid Secondary Metabolite Production from Methane Using Methanotrophs

5.1. Vitamin B2 (Riboflavin)

Riboflavin, a water-soluble vitamin, is biosynthesized by various microorganisms and most plants.
However, it is not biosynthesized in vertebrates, including humans, and should be replenished by
external food. It is a precursor to flavin adenine dinucleotide (FAD) and flavin mononucleotide (FMN),
the coenzyme necessary for the oxidation-reduction in all organisms and an essential nutrient for
humans [59]. Riboflavin is produced in an annual capacity of 9000 tons and can be produced by
chemical synthesis and biological synthesis. The chemical synthesis method is accomplished through a
complicated process from glucose via ribose, rivamine, etc. Also, the production cost is high since
the ribose is used as a precursor. Biological synthesis methods have been developed to replace the
chemical method. The biological synthesis method involving the isolation of the microorganisms
that naturally produce riboflavin is promising. There is also a method of producing riboflavin that
involves improving the microorganism by a genetic engineering method or a chemical-physical method.
The microorganisms that produce riboflavin include yeasts belonging to the genus Saccharomyces sp.
and Candida sp., bacteria belonging to the genus Clostridium, Bacillus, and Corynebacterium, and fungi
belonging to the genus Eremothecium and Ashbya [59,60].

Methanotrophs also biosynthesize riboflavin and release it in the form of riboflavin and flavin
mononucleotide (FMN) (Figure 3). Both Type I and II methanotrophs can release the flavin to the
medium. Methylocystis sp. strain M releases the flavin to the medium at 0.05 μM in the exponential
phase, 0.056 μM in the late exponential phase, and 0.102 μM in the stationary phase. In the case of iron
deficiency, up to 0.145 μM of flavin is released into the medium (Table 2). It is predicted that the flavin
mononucleotide (FMN) will chelate the iron and act as an iron shuttle for cell use and respiration [48].

 

Figure 3. Biosynthetic pathway of riboflavin and ectoine in methanotrophs.
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5.2. Ectoine

Ectoine (1,4,5,6-tetrahydro-2-methyl-4-pyrimidine carboxylic acid) is a substance produced by
microorganisms to withstand osmotic stress in a high salt environment. It prevents water loss,
regulates cell collapse, and does not interfere with cell metabolism. Ectoine can be used for cosmetic
and medical purposes. At present, ectoine has a demand of 15,000 tonnes per year, the market price is
$1000 USD per kg, and it is commercially produced using Halomonas elongate [61].

The ectoine biosynthetic pathways have been investigated in a variety of halophilic bacteria. First,
the aspartate commonly used in the synthesis of lysine, threonine and methionine is phosphorylated by
aspartokinase (ask) to synthesize aspartyl phosphate. It is then converted to aspartate semialdehyde by
aspartate semialdehyde dehydrogenase, which is used as a precursor to the ectoine synthesis pathway.
Ectoine is synthesized by three enzymes, diaminobutyric acid transaminase (EctB), diaminobutyric acid
acetyltransferase (EctA), and ectoine synthase (EctC). The synthesis of ectoine starts with conversion
of aspartate semialdehyde to l-2,4-diaminobutyric acid (DABA) by EctB. l-2,4-diaminobutyric acid
(DABA) is converted to acetyl-l-2,4-diaminobutyric acid by EctA. Acetyl-l-2,4-diaminobutyric acid is
synthesized as ectoine by EctC. The genes coding this synthetic pathway have been studied in several
halophilic bacteria and have been named ectABC, which is an ectoine synthesis cluster [62].

Studies on the synthesis route of ectoine were also conducted for methanotrophs. M. alcaliphilum
20Z, which is known to be a halophilic methanotroph, has an ectoine synthesis pathway. This pathway
includes ask, l-2,4-diaminobutyric acid transaminase (ectB), L-2,4-diaminobutyric acid acetyltransferase
(ectA) and l-ectoine synthase (ectC) (Figure 3), and it exists as one operon. Studies have been conducted
to find factors that regulate the ectoine biosynthesis of M. alcaliphilum 20Z. As a result, the promoters
ectAp1 and ectAp2 of the ectABAask operon were identified. This is similar to the σ70-dependent
promoters of E. coli. In addition, a MarR-like transcriptional regulator, EctR1, was identified above
the gene cluster, which acts as a negative regulator of the ectABCask operon. This confirmed that the
purified EctR1 specifically binds to the ectAp1 promoter [63,64].

Studies on the production of ectoine through M. alcaliphilum 20Z are also underway. According to
Cantera et al., the production of ectoine by M. alcaliphilum 20Z in stirred tank reactors (non-sterile
conditions) varies depending on the NaCl concentration and the stirring rates [49]. When the
concentration of NaCl in the medium increased from 3% to 6%, the intracellular ectoine content
increased to 37.4 mg/g cell from 16.5 mg/g cell (Table 2). A high agitation rate stresses the cells and
lowers the yield of ectoine. In addition, when the concentration of copper ion in the medium was
increased from 0.05 mM to 25 mM, the amount of ectoine released from the cell increased by about
20%, although it did not affect the production of the intracellular ectoine [49].

A bio-milking process for the commercial production of ectoine was used to increase the production
of ectoine from M. alcaliphilum 20Z. This is a method of continuously producing ectoine by sequentially
in the culture medium. M. alcaliphilum 20Z was cultured in 6% NaCl and then alternately cultured in 0%
controlling the NaCl concentration NaCl. As a result, it was observed that M. alcaliphilum 20Z released
the accumulated ectoine at a low osmotic pressure and absorbed the released ectoine at high osmotic
pressure. It was confirmed that the ectoine concentration in the cell was maintained at 70.4 mg/g cell in
6% NaCl and that 70% of the ectoine was released in 0% NaCl (Table 2). This shows that it is possible
to continuously produce ectoine from methane using methanotrophs [50].

6. Future Aspects for Secondary Metabolite Production from Methane Using Methanotrophs

Methanotrophs might have advantages for secondary metabolite production, especially isoprenoid
production, because the tolerance and the storage capacity are major limiting steps for isoprenoid
production in other microbes. That is, one of the potentials of methanotrophs is the ability to accumulate
higher amounts of isoprenoid on the basis of cell mass because methanotrophs need isoprenoids
as a modulator of the oxidative stress or reactive oxygen species generated from oxygen split for
C–H bond activation during methane oxidation. In addition, the carbon conversion efficiency (CCE)
and yield of the secondary metabolites produced from methane are much higher than those of
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other substrates, highlighting the potential of secondary metabolite production in methanotrophs.
For example, in comparison the theoretical yield for E. coli vs. methanotroph–based catalysts for
isoprene production, the theoretical yield in methanotrophs is 71% (w/w) and is much higher than that
of E. coli, which has a theoretical yield of 38% [18].

However, some critical issues need to be overcome to improve the productivity of both secondary
metabolites and other target compounds. First, transferring metabolic engineering strategies of
E. coli and yeast for increased isoprenoid production can be successfully applied to methanotrophs,
although productivity enhancement of isoprenoids in methanotrophs is still limited by an incomplete
understanding of flux control in the isoprenoid biosynthetic pathway. Isoprenoid production can be
increased by optimal gene combination and dosage in methanotrophs. The DXS, DXR, and HDR are
expected to act as the major flux control in MEP pathway, thus overexpression of these genes could be
possible solution to increase isoprenoids productivity in methanotrophs.

For an efficient production of isoprenoids using E. coli, MVA pathway has been reconstructed.
In addition, in order to circumvent energetically expensive MVA pathway consuming three ATP for the
biosynthesis of an IPP molecule, the archaeal MVA pathway has been reconstructed in E. coli to save one
mole ATP. However, MVA pathway reconstruction in methanotrophs might be not a good approach
because the cellular amount of acetyl-CoA in methanotrophs is very low compared to pyruvate and
GAP. Thus, metabolic engineering of the natural MEP pathway might be right option for constructing
methanotrophic cell factory for isoprenoid production.

To provide potential metabolic engineering strategies to improve productivity of isoprenoids
and other secondary metabolites in methanotrophs, a more deeper understanding on relevant
secondary metabolism and biosynthetic regulatory network in methanotrophs is absolutely needed.
For example, multi-omics studies together with construction of genome-scale model could be applied
to achieve a system-level understanding of cellular behavior for accumulation of isoprenoids and other
secondary metabolites, including specific and global gene expression regulation and control of their
carbon flux. In particular, a systems biology–based understanding of the interrelationship between
methane oxidation process and isoprenoids biosynthesis will be one of the key issues on isoprenoids
productivity enhancement.

M. alcaliphilum 20Z strain, one of the platform strains used in methane bioconversion, is capable of
growing under high salt conditions of up to 8.7%. Thus, M. alcaliphilum 20Z is expected to regulate the
synthesis of relevant secondary metabolite, for example, ectoine, with high salt-induced stress. Thus,
in-depth understanding of stress-regulatory network can play a key role in the isoprenoid production
from methane using methanotrophs. Of course, the first step for this approach will be identification of
appropriate stress factor.

The biosynthetic pathways and characteristics of isoprenoids in methanotrophs have not yet fully
discovered. This means there might be novel genes, enzymes, and biosynthetic route in methanotrophs
that can be used for the generation of new classes of isoprenoids. However, the amounts of
secondary metabolites are low—not enough to be isolated efficiently for structure analysis and function
characterization. Therefore, the development of precursor-overproducing platform methanotrophic
strain—for example, MEP-related intermediates-overproducing strains—can be a promising approach
for the production of novel isoprenoids that is too low to be isolated and characterized.
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Abstract: The role of phosphotriesterase as an enzyme which is able to hydrolyze organophosphate
compounds cannot be disputed. Contamination by organophosphate (OP) compounds in the
environment is alarming, and even more worrying is the toxicity of this compound, which affects the
nervous system. Thus, it is important to find a safer way to detoxify, detect and recuperate from the
toxicity effects of this compound. Phosphotriesterases (PTEs) are mostly isolated from soil bacteria
and are classified as metalloenzymes or metal-dependent enzymes that contain bimetals at the active
site. There are three separate pockets to accommodate the substrate into the active site of each PTE.
This enzyme generally shows a high catalytic activity towards phosphotriesters. These microbial
enzymes are robust and easy to manipulate. Currently, PTEs are widely studied for the detection,
detoxification, and enzyme therapies for OP compound poisoning incidents. The discovery and
understanding of PTEs would pave ways for greener approaches in biotechnological applications
and to solve environmental issues relating to OP contamination.

Keywords: phosphotriestease; structure; function or reaction; biotechnological application

1. Introduction

Organophosphate (OP) compounds—otherwise known as phosphotriesters—are a class of
highly neurotoxic synthetic compounds that are widely used as agricultural insecticides, petroleum
additives, plasticizers, refrigerants, dyes, and even as chemical warfare agents [1]. Contamination
by these compounds may occur because of terrorist attacks, unsafe disposal methods, and spillage
from poor handling by agricultural workers [2]. OP compounds are known to inhibit mammalian
acetylcholinesterases (AChE) [3–5]. Acetylcholinesterase (AChE) is an enzyme that hydrolyzes the
neurotransmitter acetylcholine (ACh) and serves as a regulator of neurotransmission [3]. The most
terrifying fact of its action is that the inhibition process is naturally irreversible, whereby the enzyme
can no longer hydrolyze acetylcholine resulting in paralysis of muscles, seizures, difficulty in breathing
and death by suffocation. In 2009, the World Health Organization reported that over 3 million people
were poisoned by OP pesticides, and 200,000 had died and furthermore these numbers are increasing
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yearly. Moreover, OP compounds have been reported to be involved in gene mutations, DNA damage,
cancerogenesis, and endocrine disorders.

OP compounds can be briefly divided into three major groups, which are the phosphotriesters,
thiophosphotriesters, and phosphorothiolesters [6]. Phosphotriesters such as paraoxon contain
a phosphate in the center with an o-linked group Figure 1A. Similarly, in thiophosphotriesters
(methyl parathion) and phosphorothiolesters (malathion), the phosphate group is still in the center but
the phosphoryl oxygen is replaced by sulfur and one or more of the ester oxygens are replaced by sulfur
Figure 1B,C. To date these compounds are still widely used especially in agricultural industries [7].
Moreover, OPs compounds are easily drained into ground water that in turn will pollute water supplies
and surrounding land areas [8]. Due to its high toxicity, numerous efforts to detect the presence of OP
compounds and to detoxify their effects on humans and the environment have been made.

Many alternative technologies have been studied and developed to resolve this problem,
using various chemical, physical, and biological methods. Unfortunately, most of these methods are
expensive and may not suitable or even safe for the decontamination of human beings [7]. They may
be very harsh and may not be very specific [3]. Currently, using enzymes is one of the more promising
and safer ways to solve this problem. Organophosphate hydrolysis enzymes (OPHs) are enzymes that
can hydrolyze the OP compounds to become nontoxic agents [9]. These enzymes have been reported
to be found in bacteria as well as in cephalopods (squids) and mammals [10,11]. The OP compounds
have been reported as being used as food by several bacteria species where they would cleave the
phosphorester bond, and thereby reduce their toxicity [12,13]. A few OPHs have been isolated recently
and are classified according to their protein homology. Phosphotriesterases (PTEs) are a group of these
OPHs and are classified under the aryldialkylphosphatase super family [14]. This enzyme has been
extensively studied in molecular biology and with much emphasis on their applications.

In this review, the 3D structure, mechanism of hydrolysis, and substrate specificity of PTEs are
described. The biotechnological application of this enzyme in bioremediation, biosensor development
and human therapy is also discussed.

Figure 1. Three major groups of organophosphate compound. (A) Phosphotriester (paraoxon),
(B) thiophosphotriester (methyl parathion), and (C) phosphorothiolester (Malathion). The red circles
embody the differences between the OP-S compounds. The structures were adopted from Pubchem.
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2. Structure and Function

2.1. Bacterial Phosphotriesterase 3D Structures

A number of bacteria that are capable of degrading OP pesticides have been identified from
soil samples from different parts of the world [15]. These include Pseudomonas pseudoalcaligenes,
Pseudomonas diminuta, Agrobacterium radiobacter, Alteromonas haloplanktis and Saccharomyces cerevisiae,
Pseudomonas monteilii, and Geobacillus stearothermophilus [13,16,17]. Flavobacterium sp. ATCC27551 is
the first OP degrading bacteria and was isolated in the Philippines in 1973 [1]. The gene encoding the
phosphotriesterase (PTE) enzyme was isolated and expressed in several expression hosts including
E. coli, yeasts, insect cells and in in vitro compartmentalization [13,14,18,19]. Some of the genes
showed a conserved sequence homology between two species such as with Pseudomonas diminuta and
Flavobacterium sp. ATCC27551 even though the plasmid containing the PTE genes were discovered
from among different plasmids [20]. Pseudomonas diminuta, Flavobacterium sp., and Alteromonas sp.
possess the best characterized PTE enzymes isolated from bacteria [19,21].

Phosphotriesterase (PTE) is a membrane-associated protein that is translated as a 29 amino
acid-long target peptide [22]. PTE is classified as a metalloenzyme or metal-dependent enzyme which
means that without the metal, the enzyme will not function [23]. The natural substrate for PTE is
still as yet unknown; however, the ability of PTE to hydrolyze the insecticide paraoxon at a rate
that approaches the diffusion-controlled limit, is remarkable [9,19,24]. Although PTE can hydrolyze
paraoxon efficiently, the PTE hydrolysis rates for malathion, phosalone, and acephate are approximately
1000-fold slower compared to that of paraoxon [13]. Thus, many efforts have been done to improve
the hydrolysis rate using molecular approaches such as mutation at the active site pocket, varying
the ribosomal operon and expression host. The enzyme has been reported to have three binding
pockets to accommodate the substrate [6,25,26]. The active site pocket of the PTE in a hydrophobic
condition contains two metal ions (Zn2+ Mn2+, Co2+, and Cd2+) bridged with side-chains of histidine
residues that are clustered around the metal atoms [22,27]. A number of the crystal structures of PTE
isolated from bacteria such as Pseudomonas pseudoalcaligenes (2.1 Å), Pseudomonas diminuta (2.0 Å),
Mycobacterium tuberculosis (2.27 Å), Agrobacterium radiobacter (1.99 Å), Geobacillus stearothermophilus
(2.09 Å), and Geobacillus kaustophilus HTA426 (2.05 Å) have been determined [4,7,16,28,29]. In this
review, three crystal structures of PTEs from Pseudomonas diminuta, Sphingobium fuliginis strain ATCC
27551, and Geobacillus stearothermophilus (PLL) are used as examples in this section to shown the
similarities and differences in their 3D structure Figure 2. All crystal structures reveal that there is some
degree of similarity in their structures, such as each containing an α/β-barrel motif Figure 2. All of these
PTEs are metal-dependent hydrolases and each naturally exists as a homodimer [5]. Although some
researchers reported that PTEs had varying protein folds ((β/α) 8 or TIM-barrel, β-lactamase folds,
and pita bread folds), all of these crystal structures are actually TIM-barrel folds [2,6,19]. In addition,
all PTEs require divalent metals to directly ligate the substrate to simplify the hydrolysis process
Figure 2(B1–B3) [5,6]. In this case, the metal ion in Pseudomonas diminuta and Sphingobium fuliginis
strain ATCC 27551 PTE have Zn2+, as the ion, whereas for the Geobacillus stearothermophilus PTE it
is Co2+ [7,30]. In the absence of a substrate, the α zinc metal was reported as buried near to His55,
His 57, and Asp 301, and the β zinc metal was more exposed to the solvent [6,7,30]. The divalent
metal ions in the active site center are reported to contribute to the activity and stability of the enzyme.
The zinc is reported to have the greatest effect on stability while, Co in the center of the enzyme,
increases the enzyme activity up to 300% [21]. Moreover, the carboxylated lysine and four histidine
residues, which coordinate the two divalent cations, are required in the active center for activity [28,31].
The metals ions in turn coordinate an activated hydroxyl group that functions as the nucleophile in the
OP hydrolysis reaction [32].

The 3D structure shows that the PTE enzymes have three detached binding pockets (small,
large and leaving groups) that allow the substrate (paraoxon) to attach to the phosphorus center
Figure 2B [2,6,32]. Due to their high similarity (of up to 90%) in structure and protein homology [10,12].

225



Catalysts 2019, 9, 671

PTE from Pseudomonas sp. and Sphingobium fuliginis have similar active site pockets. The small
binding pockets for Pseudomonas diminuta and Sphingobium fuliginis are Gly-60, Leu-303/Thr-303,
Ser-308, and Ile-106 [11,12,28]. Similarly, with the leaving group pocket, all hydrophobic residues were
conserved (Phe-306, Phe-132, Trp131, and Tyr-309) Figure 2(B1,B2) [16,23]. Unlike the large pocket,
His-254 and 257 are substituted by Gly-254 and Trp-257. Other residues namely Leu-271 and Met-317
are also well conserved [33]. The active site pocket for Geobacillus stearothermophilus was found to
be different from that of Pseudomonas sp. and Sphingobium fuliginis where the small binding pocket
contained F28, Y30, T70, C74, V268, W271, the large pocket (R230, I233, M236, V237, and W289), and the
leaving group pocket (Y100 and E103), see Figure 2(B3) (17) [30]. Moreover, the metal ion at the center
of Geobacillus stearothermophilus PTE is different from that of Pseudomonas sp. and Sphingobium fuliginis,
which is Co2+ [30]. The two metal ions are thus designated as α and β. The α metal is more buried and
is in direct coordination with His55, His57, and Asp301 (Pseudomonas sp. and Sphingobium fuliginis) [17].
The β-metal is more solvent-exposed and coordinated towards His201 and His230 [7,16].

Figure 2. Superposition of 3D structure and substrate binding sites of phosphotriesterase. (A) Colored
pink: Pseudomonas dimunita PTE; green: Sphingobium fuliginis PTE; blue: Geobacillus stearothermophilus
PTE. (B1) Pseudomonas dimunita PTE; (B2) Sphingobium fuliginis PTE; (B3) Geobacillus stearothermophilus
PTE. Residue colors: Gray: hexahedron residue for Zn2+; Cyan: Small binding pocket; Orange: Large
pocket; Black: Leaving group pocket. All coordinates were taken from PDB 1DPM, 1P6B, and 3F4D.
The cartoon diagram was generated using Chimera software.
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2.2. Mechanism of Hydrolysis and Stereoselectivity of PTE

Hydrolysis of OP by PTE depends on three factors: the metal ion in the enzyme, the pH of the
environment, and the substrate itself [22,34]. In detail, the structure of the PTE shows that the two
metal ions coordinated in the enzyme interact with a carboxylated lysine (Lys169) and a hydroxide
ion or water molecule [17,24,35]. The nucleophilic attack starts with these three components which
are water bridged between two divalent cations, the bimetal ion, and substrate in the active PTE
site [2,6]. The 3D crystal structure shows the presence of this hydroxide or water bridge between
the metal [6,19]. The nucleophilic attack occurs on the phosphorus center (P–O bond) followed by a
proton transfer [6,11,17]. Histidine 254 and Aspartic acid 233 extend the hydrogen bond network in
the binuclear metal center and Asp301 helps to shuttle protons from the active site to the solvent [6,17].
The polarization of the P–O bond of the substrate (pH and substrate factors) also contributes to the
nucleophilic attack [17,21,24]. The OH− then attacks the phosphorus center of the substrate, followed
by a proton transfer event to Asp301 Figure 3 [17,19]. The P–O bond is thus broken, and the products
are released from the active site. The proton is shuttled away from the active site with the assistance of
His254 and Asp233 [6,17]. This mechanism is called the SN2 mechanism where one bond is broken
and one bond is formed synchronously [5,36]. Moreover, the metal ion was found to depend on the
pH where protonation occurred from the bridging hydroxyl group [11,17]. The catalytic activity is lost
at a low pH because of the protonation [17]. Furthermore, polarizing the P–O bond of the substrate,
makes it more susceptible for a nucleophilic attack to occur [6,21,24].

Figure 3. Proposed mechanism of PTE hydrolysis. 1: Three components for nucleophilic attack;
2: Active site of PTE without the substrate; 3: Mechanism hydrolysis of OP compound; 4: Proton
transfer by Asp301.

The three distinct active site pockets (small, large, and leaving group) play an important role
in the stereoselectivity of PTE. Wild type PTE prefers paraoxon as a substrate and can hydrolyze a
variety of insecticides including phosphotriesters, thiophosphotriesters, and phosphorothioesters [2,37].
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Each pocket plays its own role in stereoselectivity [19,25,37]. The leaving group pocket has been reported
to play an important role in dictating the enzyme specificity [6,25]. The binding site pockets which are
the small pockets and large pockets play a role in the determination of the specificity for the side ester
groups on the substrate [6,27]. The PTE of the wild type is known to prefer SP-enantiomers for most
phosphate substrates [9,25]. The small pocket of the PTE has been reported as too small for malathion to
bind and a mutation has been done to enlarge the pocket [21,33]. Reducing the size of the small pocket
has been done by mutation at G60A and was found to increase the selectivity for the RP-enantiomer
compound from 9.4 × 10−1 M−1 s−1 to 2.1 × 104 M−1 s−1 by factor of 2 × 104 [2,6]. Similarly with the
large pocket of the PTE, mutation has been done by switching the residue H254Q/H257F, the catalytic
constant for Sp-enantiomer enhanced 2 times from the wild type [9,11]. Moreover, mutation at the
substrate binding pocket (H257Y/L303T) also enhances the kcat/Km of YT mutant towards G-type nerve
gases as compared to the wild type from 2.4 × 105 to 2 × 106; 1.5 × 104 to 5 × 105; and 2.3 × 105 to
8 × 105 M−1 s−1 for sarin (GB), soman (GD), and cyclosarin (GF), respectively [9,38]. The manipulation
of large and small pockets of PTE allows the researcher to enhance, diminish, or reverse the hydrolysis
of the substrate [6,7,15]. These approaches have enhanced the hydrolysis of the most toxic enantiomers
of GB and GD by over two orders of magnitude and approximately 25-fold for the nerve agent
VX [11,39]. In addition, mutation near the small pocket of PTE or Loop 7 using error prone PCR has
also given reliable results where the mutant L7ep-3a enhanced a 600-fold (2.6 × 103 M−1 s−1) faster
action in the detoxification of VR and VX nerve agents [40]. The substitution of the metal ion has also
been done to identify the influence of the metal ion towards selectivity and stability of the PTE [4,22]
Zinc is the native metal ion for PTE but can be substituted with other metals such as Co2+, Ni2+, Cd2+,
or Mn2+ to retain the catalytic activity [17]. The value of kcat/Km has been shown to decrease when the
Zn2+/Zn2+ (6.8 × 106 M−1 s−1) was substituted with Cd2+/Cd2+ (1.32 × 106 M−1 s−1) and Zn2+/Cd2+

(2.8 × 106 M−1 s−1) with paraoxon as the substrate, but not for parathion. The PTE with Zn2+/Cd2+

showed an increment value of up to 5.0 × 105 M−1 s−1 for this substrate [17] Therefore, by modifying
the active sites and their surrounding areas, the applicability of these enzyme can be expanded for
industrial purpose.

2.3. Industrial Application of Bacterial Phosphotriesterase

2.3.1. Biosensors

The specificity of PTE and its mutant to hydrolyze a broad range of OP compounds even at
low-level concentrations of these OPs is well documented [19,33]. This enzyme characteristic has
been exploited to develop detectors to identify the presence of OP compounds in the environment.
Even though many methods have been proposed for this purpose, the techniques are time-consuming
and may not be easily portable for use. Moreover, the techniques require trained technicians to perform
the analysis competently [41]. Thus, portable and specific enzymatic biosensors (especially for use in
field OP monitoring), with high selectivity and sensitivity, would be very beneficial [42,43].

In enzymatic biosensing of OP compounds, the detection is based on either their inhibition of AChE
or the hydrolysis process by the OP hydrolysis enzyme [42,43]. Detection using an inhibition-based
sensor has been reported to have a high sensitivity and is capable of ultralow OP detection [42,44].
However, enzymes can easily be inhibited by many other factors which include heavy metals,
temperature, pH, and detergents that normally found in the environment and may be subject to a slow
detection rate (owing to prolonged incubation and regeneration periods) [41,45,46]. Therefore, direct
measurement of the hydrolysis reaction is preferable compared to just measurement of inhibition.
Furthermore, the detection limit of sensors based on the PTE reaction is better when compared with
that of AChE activity detection [31,43].

PTE isolated from Brevudimonas dimunita and Flavobacterium sp. have been studied and used
as potentiometric, amperometric and optical biosensors [45,47,48]. The PTE biosensor is reported
to have high reusability (0.3% per time sensed), achieving up to 90% stability in 1000 s and 70%
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longevity and selectivity (with the detection of six similar nerve agents) [41]. The development
of this biosensor is based on the mechanism of hydrolysis of PTE in the OP compound [19,49,50].
Products from the hydrolysis process will change the pH and electrical charge, proton transfer
to Asp 301 will occur [11,17,42]. Immobilized PTE has also been used as a bioreceptor to detect
OP compounds. Immobilization supports such as graphene, chitosan, sulphate chitosan, bovine
serum, and glutaraldehyde have been used to stabilize and enhance the enzyme properties [41,50,51].
Currently, a novel microelectronic device based on a CMOS-compatible ISFET chip and PTE enzyme,
combined with a microfluidic system has been developed by Pozio and his coworkers to detect OP
compounds [43,49].

2.3.2. Bioremediation and Detoxification

Currently, PTE and other OPH enzymes have emerged as one of the biocatalyst candidates for
bioremediation purposes and the detoxification of agricultural pesticides as well as chemical warfare
agents [3,34,39]. Since the OPs are not toxic to bacteria and some species of bacteria are also able to
utilize OPs as a nutrient and carbon source, OPH bacteria like Pseudomonas, Aspergillus, Arthrobacter,
and Chlorella have been used as organophosphate-degrading microorganisms [15,37,52,53]. The use
of microbes offers effectiveness, low-cost, and an environmentally friendly method of removing these
toxic compounds from the environment [2]. Similarly, PTE isolated from Pseudomonas, Altromonas,
Geobacillus, and yeast have been also used as bioremediation to hydrolyze OP compounds [13,53,54].

PTE has also been considered as an important enzyme in the development of an enzyme-based
cocktail for the decontamination of chemical warfare agents and pesticides in a certain country [55,56].
In 2004, an OPH enzyme was patented by Genencor International (a company manufacturing industrial
enzymes and the Edgewood Chemical and Biological Center) for scale up and commercial purposes [8].
Detoxification of environments exposed to OP compounds is also a matter of crucial concern. There is
a need to develop an enzyme that meets the requirements for a decontamination system that is easy to
store and to transport. On top of that, the Defense Threat Reduction Agency (DTRA) has also their own
guidelines for an enzyme candidate that they want to use as a decontamination agent [11]. The enzyme
must be environmentally friendly, have activity/stability over broad pH and temperature ranges, and be
stable in the presence of harsh solvents, metals, detergents, and/or denaturants (DTRA 2008) [8,56].
Contamination can occur in the air, water and soil [3,13,15]. As OP compounds can easily seep or
dissolve into water, Istamboulie and his coworkers have tried to detoxify water using a PTE enzyme
as the detoxification agent. The pilot batch was tested in a column where water mixes with the OP
compound. The water was successfully detoxified by the PTE using an enzyme concentration of
500 IU [57]. These findings show that the role of this enzyme is very important in developing an ability
to clean up the environment and has a bright future in industry.

2.3.3. Enzyme Therapy

Recently, OP compound intoxication cases have been seen to gradually increase in occurrence
and represents a major public health problem [3]. An urgent need for the development of efficient
and safe detoxification treatments for OP poisoning is a must in the management of cases involving
the accidental use or misuse of these compounds [44]. A lot of effort has been made towards this
goal. OPs are inhibitors of acetylcholinesterase (AChE) and this enzyme is a neurotransmitter in the
peripheral nervous system [3,31]. Late treatment will result in the AChE aging and will ultimately
result in death [10,44]. Symptoms such as the acute effects of respiratory failure, central and peripheral
nervous damage, loss of muscle control and cardiac arrest are consequences of exposure to OP
compounds [31,35,44]. Current treatment of over exposure to OP compound is by the use of oximes,
atropine and benzodiazepines which are not necessarily successful [54].

PTE is also used in medical applications as an antidote or a therapeutic in preventing OP
poisoning [2,56]. PTE has emerged as one of leading candidates for the development of prophylactic
and postexposure treatments against OP compounds [2,8]. These enzymes break down the OP
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compounds to become nontoxic products before they enter the blood circulation and produce their
toxic effects at the neuromuscular junctions [2,35]. Moreover, some tests have been done to look at the
efficacy of PTE as a prophylactic in various animal models [2,10,40]. PTE was tested in mice which were
pretreated with PTE. The treated mice were able to resist even higher doses of nerve agents [3,10,19].

PTE can also be considered to be a bioscavenger in OP poisoning treatments. This has been
demonstrated from PTEs which were isolated from Pseudomonas sp., Plesiomonas sp., as well as
the dimethoate-degrading enzyme from Aspergillus niger, and chlorpyrifos-degrading enzyme from
an Enterobacter strain which showed an improvement in animal survivability in vitro [10,53,56,58].
The enzymes from Pseudomonas diminuta, Flavobacterium sp., and Alteromonas sp. can be considered the
best characterized bacterial PTEs [10]. The current issue at hand is how to deliver the enzyme into our
body and at the same time protect the enzyme from our own immune system. A number of experiments
have been done using erythrocytes and liposomes as carriers for PTE inside mice [3,49]. However,
the enzyme remained active for only 45 h at the most [8,14]. Similar results using encapsulation
techniques showed the enzyme activity could last up to 45 h, whereafter the enzyme began to decrease
in activity once beyond its half-life [1,35]. To prolong the enzyme half-life and to retain enzyme in an
active state inside the immune system, a safe and efficient nanoparticle delivery system is needed and
will be the focal point of research in the years to come.

3. Conclusions

In this review, it is clear that bacterium PTE possess an amazing property in which they are able to
hydrolyze OP compounds efficiently. Microbial PTEs are easy to manipulate and can be overexpressed
compared to the PTE of other organisms. These enzymes have wide hydrolysis activity levels with
varying OP compounds which occurs at the hydrophobic active site. The 3D structures of PTEs show
variations in protein folding and contain bimetal at the active site. Biotechnological applications using
microbial PTEs possess huge potential impact on detoxification, detection and therapy activities against
OP compound contamination. Large-scale commercialization of the production of these enzymes will
make them easier to obtain, and therefore their application in the detection, treatment and removal
of OP contamination which therefore can be carried out effectively. The use of PTEs as biosensors,
or in detoxification and biomedical applications, shows that they have a wide spectrum of application.
However, further work is crucial to engineer robust enzymes that meet the various requirements of
the industry and address the characteristics of OP contamination events. A molecular strategy can be
one of the tools used to enhance the stability and stereo selectivity of these enzymes, in addition to
increasing their catalytic activity. It is expected that through these approaches, the development of
PTE enzymes as one of the leading biocatalysts for OP compound contamination management will be
achieved in the near future.
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