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Adipose tissue is essential for whole-body glucose homeosta-
sis, with a primary role in lipid storage. It has been previously
observed that lactate production is also an important metabolic
feature of adipocytes, but its relationship to adipose and whole-
body glucose disposal remains unclear. Therefore, using a com-

binationofmetabolic labeling techniques, herewe closely exam-
ined lactate production of cultured and primary mammalian
adipocytes. Insulin treatment increased glucose uptake and
conversion to lactate, with the latter respondingmore to insulin
than did other metabolic fates of glucose. However, lactate pro-
duction did not just serve as a mechanism to dispose of excess
glucose, becausewe also observed that lactate production in adi-
pocytes did not solely depend on glucose availability and even
occurred independently of glucose metabolism. This suggests
that lactate production is prioritized in adipocytes. Further-
more, knocking down lactate dehydrogenase specifically in the
fat body of Drosophila flies lowered circulating lactate and
improved whole-body glucose disposal. These results empha-
size that lactate production is an additional metabolic role of
adipose tissue beyond lipid storage and release.

The importance of adipose tissue inwhole-body glucose home-
ostasis is demonstrated by the detrimental metabolic conse-
quences of lipodystrophies and beneficial effects of thiazolidinedi-
one treatment (1). In fact, reduced adipocyte glucose uptake is one
of the earliest defects observed in insulin resistance (2–4).
Although the adipose tissue only contributes�5% to whole-body
glucose disposal following a meal in humans (5), experiments in
micehave shown that expressionof the insulin-responsive glucose
transporter, GLUT4, in adipose tissue is essential for whole-body
insulin sensitivity (6, 7). Therefore, the way adipocytesmetabolize
glucose is likely central to whole-body glucose homeostasis.
One of the major functions of adipose tissue is lipid storage

(1), with glucose playing a key role as a substrate for lipogenesis
and the triglyceride-glycerol backbone. However, we recently
performed dynamic tracer metabolomics in cultured adi-
pocytes and found that lactate is a quantitatively substantial fate
for glucose.14 This is counterintuitive for adipocytes because
lactate production is typically associated with rapid cellular
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proliferation (8) or oxygen-limiting conditions, neither of
which apply to terminally differentiated adipocytes under nor-
moxia. Nevertheless, this has also been observed in primary
adipocytes, characterized in particular by the DiGirolamo lab-
oratory almost 3 decades ago (reviewed in Ref. 9). Intriguingly,
they found that lactate production was maintained in insulin-
resistant adipocytes, where glucose uptake is reduced (9). This
is unusual because lactate production is typically linked to glu-
cose uptake (10). Thus, we sought to clarify the dependence of
adipocyte lactate production on glucose availability, using
tracer labeling and liquid chromatography-coupled mass spec-
trometry (LC-MS).15
Furthermore, blood lactate is rapidly turned over in vivo (11)

and can influence glucose homeostasis, with a well-known
example being the Cori cycle, where muscle-derived lactate
fuels liver glucose production (12). However, to our knowledge,
there has been no direct assessment of the role of adipose lac-
tate in whole-body metabolism.
Here, we report that adipose lactate production is not solely

linked to glucose availability and is maintained during insulin
resistance. Conversely, inhibiting lactate production had little
impact on glucose oxidation or glucose uptake in adipocytes.
Together, this suggests that adipose lactate production oper-
ates independently of glucose uptake. However, on an organis-
mal level, impairing lactate dehydrogenase in the fat body of the

Drosophila flymarkedly improved organismal glucose disposal.
Together, this highlights the potential for an underappreciated
role for adipocyte glucosemetabolism, beyond lipid anabolism,
in whole-body glucose homeostasis.

Results

Cultured adipocytes are obliged to produce lactate

In this study, we wished to more closely examine the depen-
dence of adipocyte lactate production on glucose availability.
Using cultured adipocytes, insulin treatment markedly
increased glucose uptake (Fig. 1A), glucose oxidation (Fig. 1B),
and lactate production (Fig. 1C). This concurs with our previ-
ous observations that a substantial proportion of glucose is con-
verted to lactate under insulin-stimulated conditions.14 Thus,
we sought to test whether adipocyte lactate production mainly
serves to dispose of excess glucose (13), presumably once the
flux of glucose to other fates (e.g. oxidation to CO2) becomes
fulfilled or saturated. If true, one would expect that significant
lactate production would only occur when glucose uptake is
high. To test this, we exposed insulin-stimulated adipocytes to
a range of glucose concentrations and measured both glucose
uptake and lactate production.
Glucose uptake resembled the kinetics of GLUT4, which has

aKm for glucose of 7mM (14), at which point lactate production
was already nearlymaximal (Fig. 1D). This relationship became
more apparent when lactate production was plotted against
glucose uptake, which highlighted that substantial lactate pro-
duction occurred under unstimulated (control) conditions and
even when glucose uptake was zero (glucose was not present)
(Fig. 1E). This was specific to lactate production, because glu-

15 The abbreviations used are: LC-MS, liquid chromatography-coupled mass
spectrometry; DMEM, Dulbecco’s modified Eagle’s medium; LDH, lactate
dehydrogenase; PDH, pyruvate dehydrogenase; Glc, glucose; DCA, dichlo-
roacetate; GNE, GNE-140; TCA, tricarboxylic acid; KD, knockdown; KHB,
Krebs–Henseleit buffer.

Figure1.Adipocyte lactateproduction is not a result of excess glucose availability.A–C, 3T3-L1 adipocytes were treated with (Ins) or without (Ctrl) 100 nM

insulin for 1 h in Medium C supplemented with 10 mM glucose (Glc). The assay medium also contained [U-14C]Glc tracer for the determination of Glc
incorporation into CO2 (B). Following treatment, Glc oxidation (B) was determined by gas trapping, and Glc uptake (A) and lactate (Lac) production (C) were
determined by enzymatic assays. Data are presented as mean� S.E. (error bars) from four separate experiments. D, 3T3-L1 adipocytes were treated with 100
nM Ins for 1 h in Medium C supplemented with varying Glc concentrations. As in B, the assay medium also contained [U-14C]Glc tracer for determining Glc
oxidation. After the incubation period, Glc uptake, Glc oxidation, and Lac production were determined as in A–C. Data are presented as mean� S.E. (error bars)
from four separate experiments. Data from A–D were derived from the same experiments, with data from the 10 mM Glc� Ins condition replotted between
panels. E and F, data fromA–D replotted, with the inclusion of data from cells treated without insulin in the presence of 10 mM Glc (Ctrl). Data presented are from
individual experiments.
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cose oxidation increased concomitantly with glucose uptake
(Fig. 1, C and E). These relationships were observed when adi-
pocytes were incubated with (Fig. 1) or without (Fig. S1)
NaHCO3, which has been found previously to influence cellular
respiration (15). Thus, lactate production in adipocytes is not
directly related to, and can occur independently of, glucose
uptake.
This raises the possibility that at least some of the lactate

released from adipocytes is derived from nonglucose sources.
To directly quantify the contribution of glucose to lactate out-
put, we cultured adipocytes with 13C-labeled glucose and mea-
sured lactate isotopologues using a rapid, targeted LC-MS pro-
tocol. Insulin rapidly increased the proportion of lactate
derived from exogenous [13C]glucose (13C-fractional contribu-
tion) (Fig. 2A). Assessing the individual lactate isotopologues,
the most abundant isotopologue for insulin-treated adipocytes
was the m3 (maximally 13C-enriched) isotopologue (Fig. 2B,
right), where all carbon in lactate originated from the (exoge-
nous) [13C]glucose. This isotopologue became dominant after
10 min of insulin treatment (Fig. 2C), matching the kinetics of
glucose uptake (16) and glycolytic flux.14 Together, this dem-
onstrates that lactate was primarily glucose-derived under
insulin-stimulated conditions.
However, in the absence of insulin, the unlabeled (m0) isoto-

pologue was dominant (Fig. 2B, left). We hypothesized that
under this condition, lactate was being derived from glycogen
breakdown (Fig. 2D). Indeed, glycogen content decreasedwhen
insulin was absent, whereas insulin maintained cellular glyco-
gen content by utilizing glucose for glycogen synthesis (Fig. 2E).

Insulin also reduced the amount of m0 lactate produced (Fig.
2F). Impairing glycogen breakdown using glycogen phosphor-
ylase inhibitors (Fig. 2E) reduced bothm0 and total lactate pro-
duction (Fig. 2F). This demonstrated that glycogen can also
contribute to lactate production. Overall, lactate production
was unlikely to be driven solely by increased glucose availability,
but rather a metabolic requirement of adipocytes even when
glucose uptake is limiting.

Lactate production occurs in isolated primary adipocytes

To translate these observations from cultured cells to pri-
mary adipocytes, rat epididymal adipose tissuewas collagenase-
digested, and freshly isolated primary adipocytes were sub-
jected to a battery of assays to assess glucose partitioning (Fig.
3A). Classically, primary adipocyte metabolism has been stud-
ied using buffers where glucose was the only substrate (e.g. see
Ref. 17). Lactate output was then measured enzymatically and
assumed to be solely derived from glucose. Here, we performed
our experiments inDMEM, ensuring that other substrateswere
present, as would be the case for adipocytes in vivo, and
assessed the incorporation of 13C-labeled glucose into lactate.
In parallel, we measured glucose incorporation into CO2 and
lipid.
Glucose conversion into these fates was insulin-responsive

(Fig. 3, B–D), but lactate was more insulin-responsive than
other fates (Fig. 3E). To assess how this impacted glucose par-
titioning, we considered glucose conversion into each fate (lac-
tate, CO2, and lipid) as a proportion of total glucosemetabolism
(Fig. 3F). Total glucosemetabolismwas calculated as the sumof

Figure 2. Adipocyte lactate canbederived fromnonglucose carbon sources. A–C, 3T3-L1 adipocytes were treated with or without 100 nM insulin for 1 h in
Medium BS, supplemented with 25 mM [U-13C]glucose. Aliquots of media were taken at the indicated time points and subjected to lactate (Lac) determination
by LC-MS. Data are depicted as 13C-fractional contribution (A) or individual isotopologues (B and C). Data in C are reproduced from B to highlight the early time
points. Data in A–C are presented as mean � S.D. (error bars) from six biological replicates pooled from two separate experiments. The samples from one
experiment were generated in a previous study,14 but were reanalyzed here with our new LC-MS methodology (detailed under “Experimental procedures”).D,
hypothetical source of lactate carbon for control- or insulin-treated cells. Red circles, 13C-labeled carbon atoms. Glc, glucose. For details, see “Results.” E, 3T3-L1
adipocytes were treated for 1 h with or without insulin (Ins, 100 nM), CP-91149 (CP, 10 �M), or GPI (2 �M), in Medium BS, supplemented with 10 mM glucose and
[U-14C]glucose tracer. Cells were harvested either at the start (0 h) or end (1 h) of the treatment period. Glycogen was isolated by Na2SO4 precipitation and
assessed for glucose incorporation (radioactivity) and total glycogen content. Data are presented as mean� S.E. (error bars) from four separate experiments.
F, 3T3-L1 adipocytes were treated for 1 h with the same pharmacological agents as in E, except in Medium BS supplemented with 25 mM [U-13C]glucose.
Following treatment, lactate production was quantified by LC-MS. Data are presented as mean� S.E. (error bars) from four separate experiments.
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these fates (as used classically (e.g. see Ref. 17)), which could
explain a majority (�72%) of the glucose uptake in insulin-
treated cells (Fig. 3F). This demonstrated that CO2 and sapon-
ified lipid were themajor fates of glucose in primary adipocytes
(Fig. 3F), with similar partitioning observed in previous studies
where glucose was the only substrate (17). Only the proportion
of glucose incorporated into lactate increased substantially
upon insulin stimulation (Fig. 3,E and F). Indeed, them3 lactate
isotopologue was dominant under insulin-stimulated condi-
tions (Fig. 3B). Importantly, the m0 lactate isotopologue was
substantial when insulin was absent, accounting for �47% of

total lactate production (Fig. 3B), concurring with what we
observed in cultured adipocytes (Fig. 2, A and F). Together, this
suggests that lactate production occurs both with and indepen-
dently of exogenous glucose, similarly to cultured adipocytes.

Lactate production is maintained by adipocytes in insulin
resistance

We next examined whether lactate production occurred under
insulin-resistant conditions, where insulin-responsive glucose
uptake is lowered. In light of our data on lactate production in
response to different medium glucose concentrations (Fig. 1),
we hypothesized that insulin-resistant adipocytes would main-
tain lactate production, whether from glucose or other carbon
sources.We examined glucose uptake and lactate production in
several adipocyte models of insulin resistance (18, 19). This
included cultured adipocytes treated with different insults
reported to induce insulin resistance in vivo. These treatments
were chronic exposure to insulin (CI in Fig. 4) to mimic hyper-
insulinemia, tumor necrosis factor � (TNF) to mimic inflam-
mation, and dexamethasone (Dex) to mimic anti-inflammatory
steroids. Each model exhibited lowered glucose uptake (Fig.
4A). In contrast, changes in lactate production were smaller
(and mostly not significant) by comparison (Fig. 4B). Under
insulin-stimulated conditions, the ratio of glucose incorporated
into lactate (Fig. 4C) (or total lactate output; data not shown) to
glucose uptake was higher in the insulin resistance models.
Together, this suggests that glucose conversion into lactate is
maintained by adipocytes under insulin resistance despite
lower glucose uptake.

Glucose oxidation cannot compensate for impaired lactate
production

Thus far, our data suggest that lactate production in adi-
pocytes can occur independently of glucose availability, per-
haps being prioritized over other end points of glucose metab-
olism. We hypothesized that if lactate production was
impaired, the adipocytewould compensate by diverting glucose
to other fates (e.g. glucose oxidation). We tested this by divert-
ing glucose flow into the TCA cycle and measured lactate pro-
duction and glucose oxidation. We chose a pharmacological
approach to ensure acute inhibition (�1 h) without long-term
adaptive responses.We targeted two key control points, lactate
dehydrogenase (LDH) and pyruvate dehydrogenase (PDH),
with a panel of inhibitors (Fig. 5A). Hypothetically, these inhib-
itors should reduce lactate production and increase glucose
oxidation.
Initially, we used an activator of PDH, dichloroacetate

(DCA), which inhibits PDH kinase to derepress PDH activity
(Fig. 5A). Co-treatment with DCA reduced PDH phosphoryla-
tion without affecting total PDH levels (Fig. 5, B and C),
increased glucose oxidation (Fig. S2A), and reduced lactate pro-
duction (Fig. S2B). Parenthetically, we also tested a recently
developed PDH kinase inhibitor, PS10 (20), but found that
this drug had no effect on glucose oxidation (Fig. S2A), lactate
production (Fig. S2B), or PDH phosphorylation (Fig. S2C) in
cultured adipocytes. We complemented this approach by tar-
geting LDH isoforms with GNE-140 (GNE), a dual LDHA/B
inhibitor (21). Total lactate production was similarly reduced

Figure3. Lactateproduction isa substantialmetabolicoutputofprimary
adipocytes. A–D, mature primary adipocytes were isolated from rats and
from each batch, aliquots of adipocytes were subjected to various assays to
quantify glucose partitioning (A), as detailed under “Experimental proce-
dures.” Adipocytes were treated without (control, Ctrl) or with insulin (Ins, 20
nM) for 1 h. Following treatment, lactate content was determined by LC-MS
(B), glucose oxidation by gas trapping (C), and glucose incorporation into lipid
by MeOH-CHCl3 extraction and subsequent saponification (sap) (D). E, ratio
between insulin- and control-treated adipocytes, of the amount of glucose
carbon incorporated into lactate (B), CO2 (C), and lipid (D). Lipid data are pre-
sented as saponifiable lipid (triacylglyceride (TAG)-sap) or TAG-glyceride
(TAG-gly), the latter being the difference between total and saponifiable lipid.
F, data from B–D normalized to total glucose metabolism (sum of glucose
incorporated into lactate (B), CO2 (C), and lipid fractions (data from D, calcu-
lated as in E) or normalized to glucose uptake, determined by measuring
changes in glucose content by enzymatic assay. Data in B–F are presented as
mean � S.E. (error bars) from four separate batches of isolated adipocytes
(except lipid data from control-treated adipocytes, which was n� 3).

Lactate production by adipocytes impacts glucose homeostasis

86 J. Biol. Chem. (2020) 295(1) 83–98

https://doi.org/10.1074/jbc.RA119.011178
https://doi.org/10.1074/jbc.RA119.011178
https://doi.org/10.1074/jbc.RA119.011178
https://doi.org/10.1074/jbc.RA119.011178
https://doi.org/10.1074/jbc.RA119.011178


between cells treated with either DCA or GNE (Fig. 5D). Inter-
estingly, the distribution of lactate isotopologues varied
between the cells treatedwith each inhibitor (Fig. 5D), confirm-
ing that they impair lactate production via different mecha-
nisms of action.
Next, we considered glucose oxidation and uptake. GNE also

caused a slight increase in glucose oxidation (10.4� 1.7% with
25�MGNE) but had less of an effect thanDCA (19� 3.9%) (Fig.
5E). Nevertheless, neitherGNEnorDCA increased glucose oxi-
dation to the same magnitude to which lactate production was
decreased (nmol/mg/h scale (Fig. 5E) versus �mol/mg/h scale
(Fig. 5D), respectively). Furthermore, glucose uptake was
largely unaffected by these inhibitors (Fig. 5F), suggesting that
upon impaired lactate production, adipocytes did not rely upon
glucose oxidation as a major fate to maintain glucose disposal.
We explored this regulation of glucose oxidation further, by

comparing glucose metabolism under insulin-stimulated con-
ditions and when bioenergetic demand is maximized with a
mitochondrial uncoupler (BAM15). Treatment with BAM15
substantially increased both lactate production (Fig. 5G) and
glucose oxidation (Fig. 5H), even in the presence of DCA or the
absence of insulin. Interestingly, glucose uptake did not change
with BAM15 treatment (Fig. 5I), suggesting that in response to
BAM15, adipocytes divert glucose from other metabolic end
points to fuel lactate production and glucose oxidation.Overall,
this confirmed that adipocytes could increase glucose oxidation
under certain circumstances, but this is not observed with
impaired lactate production.
Overall, disrupting lactate production did not result in sub-

stantial compensation in glucose oxidation or uptake by adi-
pocytes. This suggests a specific role for adipocyte lactate pro-
duction beyond simply a mechanism for disposing of excess
glucose.

Impairing lactate production caused widespread changes in
adipocyte metabolism

Consequently, we evaluated how central carbonmetabolism,
beyond glucose oxidation, responded to impaired lactate pro-
duction. Consistent with lactate production (Fig. 5D), intracel-
lular lactate was lower in response to both DCA and GNE (Fig.
6A).We examined the response of othermetabolites by consid-
ering not only absolute abundance (Fig. 6A), but also the ratio of
inhibitor- versus control-treated cells (Fig. 6B). The latter anal-

ysis identified “crossover points”, whereby adjacentmetabolites
responded in opposite directions, corresponding to potential
sites of regulation (22, 23). For instance, DCA-treated cells
exhibited a crossover point between pyruvate and acetyl-CoA
(Fig. 6B), with less pyruvate (Fig. 6A) and increased glucose-
derived (13C-labeled) acetyl-CoA (Fig. 6A). These data are con-
sistent with DCA-mediated activation of PDH. In contrast,
GNE caused a crossover point between pyruvate and lactate
(Fig. 6B), with more pyruvate (Fig. 6A) as expected with LDH
inhibition. Together, these data confirmed that these inhibitors
impacted lactate production through different mechanisms.
Both inhibitors increased TCA cycle metabolites (Fig. 6, A

and B), except DCA lowered fumarate and malate abundance,
likely due to a reduction in pyruvate anaplerosis upon PDH
activation. Crossover points were also observed in nucleotide
synthesis, between PRPP and other pentose phosphate pathway
metabolites, and glycogen synthesis (Fig. 6B). Strikingly, there
was a crossover point between upper and lower glycolysis with
both inhibitors (Fig. 6B). This resulted in an accumulation of
metabolites in upper glycolysis and glycerol 3-phosphate (Fig.
6A). Given the high abundance of glycerol 3-phosphate (Fig.
6A), this could act as a potential carbon sink upon inhibition of
lactate production. In general, these responses of total metab-
olite concentrations mirrored those of 13C-labeled metabolites
(Fig. 6B), suggesting that inhibiting lactate production does not
result in the selective usage of glucose over other substrates (or
vice versa) for the production of these metabolites.
We also examined cellular energy and redox status (Fig.

6C–D). The proportion of NADH (relative to the sum of
NADH and NAD�) increased 3.1-fold with DCA and 1.9-
fold with GNE (Fig. 6D), consistent with the role of lactate
production in maintaining cytosolic redox status. Despite
this, the energy charge ratio did not decrease (Fig. 6C), sug-
gesting that this did not impact energy production (relative
to cellular demands). Overall, this reveals that impairing lac-
tate production causes metabolic changes beyond glucose
oxidation in adipocytes.

Lactate production may be important for whole-body glucose
disposal

It has been recently reported that there is high lactate turn-
over at the whole-body level in mice, with lactate serving as a
favored substrate for energy production (11). We hypothesized

Figure 4. Lactate production is maintained in insulin resistant adipocytes. 3T3-L1 adipocytes were rendered insulin-resistant by either chronic insulin
treatment (CI), tumor necrosis factor � (TNF), or dexamethasone (Dex). A and B, cells were treated for 1 h with or without 100 nM insulin (Ins), in Medium C
supplemented with 10 mM [U-13C]glucose. Following treatment, glucose uptake (A) was determined enzymatically, and lactate production (B) was quantified
by LC-MS. C, the amount of glucose converted to lactate was derived from the amount of 13C-labeled lactate produced (B) and presented as a proportion of
glucose uptake (A). Data in A–C are presented as mean� S.E. (error bars) from four separate experiments. *, p� 0.05; ns, p� 0.05, by two-sample t test. Ctrl,
control.
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that adipose lactate production contributed to whole-body lac-
tate levels. To our knowledge, there is no adipose-specific,
LDH-knockout rodent model available. This is further compli-
cated by the presence of two LDH isoforms. Although the pyru-
vate-to-lactate reaction is considered to be catalyzed mainly by
the LDHA isoform, inhibition of LDHA with either GSK-
2837808A (24) or FX-11 (25) was insufficient to alter glucose
oxidation or lactate production in cultured adipocytes (Fig. S2,
D and E). This suggests that an adipose-specific double LDH

knockout would be required to influence adipose metabolism
in mammals.
As a proof-of-principle experiment, we utilized Drosophila,

which only possess one LDH isoform, to examine the effect of
restricting lactate production on organismal glucose homeo-
stasis.We knocked down LDH (Fig. 7A) specifically in the fly fat
body. Although the fat body functions as both the adipose and
liver tissue in Drosophila, seeing any metabolic differences in
this model would lend support to the view that adipocyte lac-

Figure 5. Glucose oxidation cannot compensate for impaired lactate production in adipocytes. A, schematic depicting the control points in glucose
metabolism targeted pharmacologically in this study. AcCoA, acetyl-CoA; GSK, GSK-2837808A; PDK, PDH kinase. B, 3T3-L1 adipocytes were treated with or
without 1 mM DCA and 100 nM insulin (Ins) for 1 h in Medium C, supplemented with 10 mM glucose. Cells receiving DCA were also pretreated with DCA during
the last 1 h of the serum starvation period. Following treatment, cells were harvested and lysates were subjected to Western blotting. C, quantification of the
phosphorylation (pS293) and total levels of PDH-E1� from B, normalized to 14-3-3 and made relative to the insulin-only condition. *, p� 0.05; ns, p� 0.05, by
two-sample t test. D–F, 3T3-L1 adipocytes were co-treated with or without 100 nM insulin, 1 mM DCA (without pretreatment), or GNE (at the concentrations
indicated) for 1 h in Medium C, supplemented with either 10 mM [U-13C]glucose (D and F) or 10 mM glucose with [U-14C]glucose tracer (E). Cells were assayed
for glucose oxidation by gas trapping (E), and medium was used to quantify lactate production by LC-MS (D) or glucose uptake enzymatically (F). Data are
presented as mean � S.E. (error bars) from 4 –5 separate experiments. In E and F, *, p � 0.05; ns, p � 0.05, compared with the insulin-only condition, by
two-sample t test. G–I, 3T3-L1 adipocytes were treated and assayed as in D–F, except treatments included 1 mM DCA, 100 nM insulin, and 10 �M BAM15. Data
are presented as mean� S.E. from four separate experiments. In H and I, *, p� 0.05; ns, p� 0.05, by two-sample t test.
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Figure 6. Impairing lactate production causeswidespread changes in adipocytemetabolism. A–D, 3T3-L1 adipocytes were incubated for 1 h in Medium
C, supplemented with 10 mM [U-13C]glucose, in the presence of insulin (Ins, 100 nM), DCA (1 mM), and/or GNE (25 �M). Following treatment, intracellular
metabolites were extracted and subjected to targeted metabolomics analysis. Data were obtained from four separate experiments. A, isotopologue levels for
selected metabolites, in the absence (�) or presence of insulin (I), insulin and DCA (I�D), or insulin and GNE (I�G). The circles below each metabolite name
denote the number of labeled carbons considered for that metabolite. Data are presented as mean� S.E. (error bars) for individual isotopologues and separate
data points for total levels. B, effect of DCA and GNE on the total and 13C-labeled metabolite abundance was expressed relative to the insulin-only condition.
Data are presented as mean� S.E. C, energy charge ratio was calculated by (ATP� 0.5 ADP)/(ATP� ADP� AMP). Data are presented as mean� S.E. D, redox
state was assessed by NADH/(NADH� NAD�), expressed as a percentage. Data are presented as mean� S.E. For C and D, *, p� 0.05; ns, p� 0.05, compared
with the insulin-only condition, by two-sample t test. 2,3BPG, 2,3-bisphosphoglycerate; 2PG, 2-phosphoglycerate; 3PG, 3-phosphoglycerate; 6PG, 6-phospho-
gluconate; AcCoA, acetyl-CoA; cAco, cis-aconitate; Cit, citrate; DHAP, dihydroxyacetone phosphate; F1,6BP, fructose 1,6-bisphosphate; F2,6BP, fructose 2,6-
bisphosphate; F6P, fructose 6-phosphate; Fum, fumarate; G1P, glucose 1-phosphate; G3P, glycerol 3-phosphate; G6P, glucose 6-phosphate; GS, glycogen
synthesis; Lac, lactate; Mal, malate; PEP, phosphoenolpyruvate; PRPP, phosphoribosyl pyrophosphate; Pyr, pyruvate; R5P, ribose 5-phosphate; Ru5P, ribulose
5-phosphate; S7P, sedoheptulose 7-phosphate; Succ, succinate; UDP-G, uridine diphosphate glucose; �KG, �-ketoglutarate.
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tate metabolism plays an important role in whole-body
metabolism.
To examine the impact of fat body–specific LDHknockdown

(LDH-KD) on total lactate levels, we challenged flies with a
glucose tolerance test. This involved fasting flies overnight and
feeding them a high-glucose solution for 30 min before assess-
ing whole-fly glucose content at specified times during another
fasting period. We found that fat body–specific LDH-KD
reduced total fly lactate at every time point (Fig. 7B).
We speculated that this would lead to enhanced utilization of

alternate substrates, such as glucose. Indeed, we found that fat
body–specific LDH-KD improved glucose tolerance (Fig. 7C).
Importantly, flies donot synthesize glucose via gluconeogenesis
per se, instead utilizing trehalose as their dominant circulating
sugar (26, 27). Thus, any change in glucose levels reflects the
balance between dietary consumption and glucose utilization.
Normalizing to the glucose content at 30 min within each
strain, we found a lower area under the curve for LDH-KD flies
(3,393% 	 min (control) and 2,812% 	 min (LDH-KD); Fig.
7C), suggesting that LDH-KD increases glucose utilization.
Furthermore, LDH-KD had no effect on the incorporation of
blue dye during the feeding period (Fig. 7D), which can serve as
a surrogate for food intake during short-term experiments (28).
To specifically assess glucose utilization, we provided flies with
a diet containing radiolabeled [U-14C]glucose (29) and found
that LDH-KD increased glucose incorporation into CO2 (Fig.
7E), glycogen (Fig. 7F), and lipid (Fig. 7G). Together, this dem-
onstrates that fat body–specific LDH-KD reduces total fly lac-
tate levels and enhances whole-body glucose utilization in flies.

Discussion

In this study, we closely examined lactate production of cul-
tured and primary adipocytes, particularly its reliance and
impact on glucose disposal. As expected, insulin stimulated the
incorporation of glucose into lactate, leading to increased lac-
tate production (Figs. 1–3). However, we also found that lactate
production can occur independently of glucose availability
(Figs. 1–3) and was maintained during insulin resistance (Fig.
4). Conversely, impairing lactate production in adipocytes nei-
ther reduced glucose uptake nor was compensated for by
increased glucose oxidation (Fig. 5). Nevertheless, targeting fat-
body lactate dehydrogenase to reduce lactate production in
Drosophila improved organismal glucose disposal (Fig. 7).
These data highlight lactate production as an important aspect
of adipocyte metabolism.
To translate our findings in cultured adipocytes, we exam-

ined glucose partitioning in primary adipocytes. Past studies
had incubated primary adipocytes in a bufferwhere glucosewas
the only substrate and measured lactate enzymatically (e.g. see
Ref. 17), assuming that exogenous glucose was the dominant
substrate for lactate. Here, we utilized 13C-labeling and LC-MS
to show that this is the case only under insulin-stimulated con-
ditions. Furthermore, it is well-known that cellular metabolism
depends on the buffer system (15, 30). In contrast to previous
studies, we used a buffer that also contained vitamins and
amino acids (DMEM) and yet found a similar partitioning of
glucose (e.g. see Ref. 17), demonstrating the robustness of glu-
cose metabolism in adipocytes.

Figure 7. Fat body–specific knockdown of LDH improves whole-body
glucose disposal in Drosophila. A, Drosophila flies expressing either whole-
body control (ubi-GAL4�UAS-CGnoneGD3003, Ubi�Ctrl) or LDH-specific (ubi-
GAL4�UAS-ldhGD6887, Ubi�LDH-KD) knockdown were harvested for RNA, and
LDH RNA expression levels were quantified. Data are presented as mean� S.E.
(error bars) from three separate biological replicates. *, p� 0.05 by two-sample t
test. B and C, Drosophila flies expressing fat body–specific control (cg-
GAL4�UAS-CGnoneGD3003, Ctrl) or LDH-specific (cg-GAL4�UAS-CGnoneGD3003,
LDH-KD) knockdown were fasted overnight and subjected to a glucose tolerance
test (GTT). At specified time points, flies were subjected to MeOH/CHCl3 extrac-
tion, after which lactate (B) and glucose (C) content were determined enzymati-
cally. Data are presented as mean�S.E., from six separate biological replicates for
each time point from a single GTT experiment, representative of three separate
GTT experiments.D,Drosophila flies expressing fat body–specific Ctrl or LDH-KD
were fasted overnight and subjected to the 30-min “feed” phase of the GTT, in the
presence of blue dye. Blue dye was then extracted and quantified by spectropho-
tometry. Data are presented as mean� S.E. from 4–5 separate biological repli-
cates from a single experiment, representative of three separate experiments.ns,
p� 0.05 by two-sample t test. E–G, Drosophila flies expressing fat body–specific
Ctrl or LDH-KD were fasted overnight and incubated for 3 h in gas traps with food
containing [U-14C]glucose. At the end of the incubation period, glucose oxida-
tion was determined using the gas-trapping solution (E), whereas flies were sub-
jected to Na2SO4 precipitation for glycogen (F) or MeOH-CHCl3 extraction and
saponification for lipid (G). InG, glucose incorporation into both total and sapon-
ifiable (sapon) lipid fractions is presented. Data in E–G are presented as mean�
S.E., from four separate biological replicates. *, p� 0.05 by two-sample t test.
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Weobserved clear differences between cultured and primary
adipocytes. In particular, the incorporation of glucose into lac-
tate was higher in cultured adipocytes (�30%) versus primary
adipocytes (�10%). Although differences could arise from
long-term in vitro cell culture (and immortalization), another
possibility is the impact of cell density.One study demonstrated
that increasing the density of primary adipocytes led to a reduc-
tion in lactate production and increased glucose incorporation
into fatty acids and CO2 (31). It is possible that as a monolayer,
cultured adipocytes reflect a low-density scenario. Neverthe-
less, in both primary and cultured adipocytes, we found that
lactate production has a high degree of insulin-responsiveness
compared with glucose oxidation (Fig. 3F and Fig. S2F) and was
glucose-derived under insulin-stimulated conditions (Figs. 2
and 3B). Importantly, although lactate production was glucose-
responsive, substantial lactate production still occurred from
nonglucose sources in primary and cultured adipocytes (Figs. 2
and 3B).
Lactate production was also maintained in cultured adi-

pocytes rendered insulin-resistant, despite impaired insulin-re-
sponsive glucose uptake. This has also been observed in isolated
adipocytes from diabetic human subjects (32), adipose explants
from obese human subjects (33), and primary adipocytes
derived from rats exposed to long-term fasting (34–36) or a
high-fat diet (37), as well as older, obese rats (17, 34, 35, 38).
This would suggest that lactate production is prioritized, such
that as glucose uptake is lowered, other (lower-priority) fates of
glucose are reduced at the expense of maintaining lactate pro-
duction. Mechanistically, we speculate that this could happen
due to a combination of impaired anti-lipolysis and glucose
uptake (and fatty acid esterification) leading to an accumula-
tion of free fatty acids, whichwould suppress oxidation of other
substrates and thus divert (glucose) carbon to lactate. Together,
this demonstrates that adipose lactate production is main-
tained even under conditions of reduced glucose uptake.
Collectively, our results suggest that there are two aspects to

lactate production in adipocytes. First, insulin stimulates glu-
cose uptake and incorporation into lactate, with lactate produc-
tion responding more to insulin than other fates of glucose,
such as oxidation (Fig. 3F and Fig. S2F). This is intuitive, as
lactate can provide a carbon sink for handling high glucose
influx. Furthermore, LDH balances changes in cytosolic redox
status arising from glycolysis, concurring with a more reduced
environment (more NADH) observed upon the inhibition of
lactate production (Fig. 6). Second, lactate production appears
to bemaintainedwhen glucose uptake is diminished,with alter-
nate carbon sources (e.g. glycogen) being relied upon if glucose
substrate is insufficient to sustain lactate production. Paren-
thetically, inhibition of glycogen phosphorylase did not com-
pletely abolish unlabeled (nonglucose-derived) lactate (Fig. 2F),
andwe speculate that glucogenic amino acids also contribute to
lactate production. Overall, lactate production appears to be
prioritized in adipocyte metabolism, independent of glucose
availability.
If adipose lactate production does not serve to dispose of

excess glucose, what is its physiological role? Studies in mice
have shown that lactate has a high turnover rate in vivo (11),
with most tissues except the brain utilizing lactate. Further-

more, blood lactate rises in humans after a meal or a glucose
load (9) but is constitutively higher (with a diminished
response) in obese and/or insulin-resistant individuals (9, 39,
40). However, it is currently unclear which tissues are high lac-
tate producers. It has been observed that the up-regulation of
key glycolytic enzymes predisposes cells to lactate production,
suggesting that this is a common feature during carcinogenesis,
immune cell activation, and angiogenesis (10). Among differ-
entiated cells, astrocytes are well-known producers of lactate,
with astrocyte cultures producing lactate at a similarmagnitude
(nmol of lactate released/mg of protein) to cultured adipocytes
in this study (e.g. seeRefs. 41 and 42) and glycogen stores fueling
lactate production (42). Furthermore, studies in perfused heart
muscle have found lactate to be a significant output for glucose
under resting conditions (e.g. see Ref. 43). However, there is
mixed evidence about the contribution ofmuscle to lactate out-
put in the resting or postabsorptive state in humans (44–47).
Nevertheless, adipose tissue has been consistently shown to be
a contributor to blood lactate in both the fasting and postab-
sorptive state in human subjects (45, 46, 48–51). Furthermore,
although oxygen delivery to adipose tissue is diminished with
obesity in humans, oxygen availability appeared adequate for
adipose metabolism, consuming substantially less oxygen than
skeletal muscle (49). This suggests that the obligatory produc-
tion of lactate could be to generate cytosolicATP in a tissue that
has a low ability to oxidatively generate ATP. Together, these
studies suggest that adipose lactate production may contribute
substantially to whole-body lactate turnover, but because they
primarily relied on arteriovenous differences, the quantitative
contribution of adipose tissue (andother tissues) towhole-body
lactate turnover remains to be determined.
To our knowledge, there are no rodent models where LDH

isoforms have been knocked out in metabolic tissues. One sig-
nificant challenge would be the redundancy between LDH iso-
forms; in our hands, a dual-LDH inhibitor was required to
reduce lactate production in cultured adipocytes (Fig. 5 and Fig.
S2). Thus, we tested the metabolic impact of reducing lactate
production using Drosophila, which only possess one LDH iso-
form. Fat body–specific LDH-KDdramatically reduced total fly
lactate levels. Although a caveat to these experiments is that the
fat body functions as a combination of liver and adipose tissue
in flies, these results provide evidence of the potential quanti-
tative significance of adipose lactate production to whole-body
lactate turnover.
Interestingly, we found that reducing lactate production by

targeting either LDH or PDH did not substantially affect
adipocyte glucose uptake or oxidation, compared with the
decrease in lactate production. This implies that glucose is
diverted to other fates under these conditions. For instance, we
observed a disconnect betweenupper and lower glycolysis, con-
curring with GAPDH being a flux-controlling step in adipocyte
metabolism.14 This enabled glycerol 3-phosphate to act as a
carbon sink when lactate production was impaired. Further-
more, altered cellular redox would alter metabolic flux (e.g. the
inhibition of GAPDH by a high NADH/NAD� ratio may con-
tribute to the disconnect in glycolysis) (Fig. 6). The repartition-
ing of glucose carbon remains the subject of further investiga-
tion. Nevertheless, this provides further evidence that lactate
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production can vary independently of adipocyte glucose
uptake. Despite this, fat body–specific LDH-KD led to a sub-
stantial improvement in whole-body glucose disposal. This
suggests that lactate production, at least in flies, significantly
impacts glucose utilization by other tissues and thus whole-
body glucose homeostasis. It has been demonstrated in isolated
rat soleus muscle that lactate can suppress glucose oxidation
(52), and lactate itself can act as a substrate for synthesizing
glucose and glycogen (12, 53). This implies that adipocyte lac-
tate production, and a high lactate turnover in general, may
“spare” glucose utilization in vivo. Given recent evidence that
lactate itself may act as a signaling molecule (54), there are
several avenues by which lactate production from adipose tis-
sue may influence whole-body glucose homeostasis and could
contribute an additional mechanism for impaired glucose dis-
posal in obese individuals.
Overall, these data highlight lactate production as an addi-

tional metabolic role of adipose tissue, not solely dependent on
glucose availability and with the potential to have a significant
impact on mammalian glucose homeostasis. It would be of
great interest to see whether this metabolic feature is shared by
other metabolic tissues and whether this can be targeted ther-
apeutically as a means of improving glucose disposal in the
treatment of metabolic disease.

Experimental procedures

Pharmacological agents

The following chemicals were used in this study: insulin
(Sigma-Aldrich #I5500), CP-91149 (Selleck Chemicals
#S2717), GPI (Cayman #17578), FX-11 (Calbiochem, Merck-
Millipore #427218), GSK-2837808A (Tocris #5189), GNE-140
((R)-stereoisomer, MedChemExpress #HY-100742A/CS-
7646), and dichloroacetate (sodium salt; Sigma-Aldrich
#347795). In addition, BAM15 was a gift from Dr. Kyle Hoehn
(University of New South Wales, Sydney, Australia), and PS10
was prepared as described previously (20).

Cell culture

3T3-L1 fibroblasts were maintained as described previously
(55). Briefly, cells were cultured at 37 °C with 10% CO2 in
Medium A, consisting of bicarbonate-buffered DMEM (Life
Technologies, Inc., #11960), supplemented with 10% (v/v) fetal
bovine serum (Life Technologies #16000044) and 2 mM Glu-
taMAX (Life Technologies #35050061). 3T3-L1 fibroblasts
were differentiated into adipocytes as described previously (16,
55). Adipocytes were used between days 9–12 after the initia-
tion of differentiation, with the exception of insulin resistance
models (see below). At least 90% of the cells were differentiated
prior to experiments. These cells were routinely tested for
mycoplasma infection.
Insulin resistance models involved 3T3-L1 adipocytes being

treated with either chronic insulin, tumor necrosis factor �, or
dexamethasone as described previously (18), with experiments
being performed on day 13 after the initiation of differentiation.
Unless otherwise specified, prior to insulin stimulation treat-

ments, cells were serum-starved for at least 2 h. This involved
beingwashed three timeswith PBS and incubated inMediumB,
which consisted of bicarbonate-buffered DMEM (Thermo

Fisher #11960), supplemented with 0.2% (w/v) BSA (Bovostar)
and 2 mM GlutaMAX.
For experiments within the CO2 incubator, cells were

washed twice after the serum starvation period: once with PBS
and then with BSF-DMEM, which consisted of substrate-free
DMEM (Sigma-Aldrich #D5030), supplemented with 44 mM

NaHCO3 and adjusted to pH 7.4 with CO2 (dry ice). Cells were
then incubated inMediumBS, which consisted of BSF-DMEM,
supplemented with 0.2% (w/v) BSA, 1 mM GlutaMAX, 1 mM

glutamine, and glucose at a concentration specified in the figure
legends. Experiments were performed at 37 °C with 10% CO2.
For metabolic assays outside of the CO2 incubator (e.g. glu-

cose oxidation, where theCO2-trapping assay is not compatible
with a CO2 incubator), cells were washed twice after the serum
starvation period: once with PBS and then with HSF-DMEM,
which consisted of substrate-free DMEM (Sigma-Aldrich
#D5030) supplemented with 30 mM Na-HEPES (pH 7.4) and
adjusted to pH 7.4 with NaOH. Cells were then incubated in
Medium C, which consisted of HSF-DMEM, supplemented
with 0.2% (w/v) BSA, 1 mM NaHCO3 (added fresh), 1 mM glu-
tamine, 1 mM GlutaMAX, and glucose; unless otherwise speci-
fied, Medium C contained 10 mM glucose. Following the addi-
tion of assaymedia anddrug treatments, plateswere sealedwith
TopSeal-A PLUS (PerkinElmer Life Sciences) and incubated in
a 37 °C incubator.
For 13C-tracer experiments, glucose was replaced with

[U-13C]glucose (Omicron Biochemicals #GLC-082). For 14C-
radiotracer experiments, the medium was supplemented with
0.5–2 �Ci/ml [U-14C]glucose (PerkinElmer Life Sciences
#NEC042X001MC) tracer in addition to the 10 mM “cold”
glucose.

Measurement of glucose oxidation in cells

The incorporationof [14C]glucose intoCO2by cellswasmea-
sured as described previously (56). Briefly, after the addition of
assay media and drug treatments, a gas trap containing 2 M

NaOH was installed, and plates were sealed with TopSeal-A
PLUS (PerkinElmer Life Sciences). Using naive media, we con-
firmed that the gas trap system did not promote alkalinization
ofMediumC (data not shown). Following treatment, cells were
acidified with perchloric acid, and the radioactivity of the gas-
trapping solution was assessed by liquid scintillation counting.
Cell-free controls were performed to account for any cell-inde-
pendent signal.

Measurement of glucose uptake and lactate production by
cultured cells

Following treatment, the plate of cells was chilled on ice, and
the conditioned medium was removed. Medium was centri-
fuged for 5 min at 2,000 	 g to remove debris and measured
for glucose (enzymatically) and lactate (enzymatically or by
LC-MS) content as described below.

Quantification of lactate by enzymatic assay

Conditioned medium was assayed enzymatically using the
hydrazine sinkmethod as described previously (57). Briefly, the
assay buffer was 1 M glycine, pH 9.2, 0.4 M hydrazine sulfate in
1 M NaOH, and 2.5 mM EDTA, adjusted to pH 9.2 with NaOH
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prior to the addition of 4 mM NAD� and 2 units/ml lactate
dehydrogenase (RocheApplied Science). An aliquot ofmedium
sample was diluted in water (100 �l total) and incubated with
100 �l of assay buffer in a microplate format. Reactions were
protected from light and incubated at room temperature for at
least 1 h, after which the absorbance of NADHwasmeasured at
340 nm. Reactions with medium samples without lactate dehy-
drogenase were included as a negative control. Lactate levels
were quantified using a standard curve of lactate, added to naive
culture medium.

Quantification of glucose by enzymatic assay

Glucose content was measured with a coupled reaction
between glucose oxidase and peroxidase, using an assay kit
(Thermo #TR15221). Samples were diluted up to 30 �l with
water and incubated with 150 �l of reagent, with the assay oth-
erwise performed according to themanufacturer’s instructions.
Glucose levels were quantified using a standard curve of glu-
cose, added to the same matrix as the sample except without
glucose (e.g. added to naive, glucose-free Medium C for exper-
iments where cells were incubated with Medium C). Naive
treatment medium was included as a positive control. Glucose
uptake was determined by the disappearance of medium glu-
cose, obtained by subtracting the glucose content of the condi-
tionedmedium from the naive treatment medium. For this cal-
culation, negative values were adjusted to zero.

Isolation and quantification of glycogen

Glycogen was isolated using the Na2SO4 precipitation
method, as described previously (16, 58, 59) with some minor
modifications. Following treatment (in cell culture plates), cells
were washed three times with ice-cold PBS, aspirated dry, and
frozen at �20 °C. The plate was thawed on ice, and each well
was scraped in 200 �l of 1 M KOH. Samples were incubated in
theThermoMixerC (Eppendorf) for 20min at 70 °C,with shak-
ing at 1,000 rpm. Following the addition of 75 �l of saturated
Na2SO4 and 1 ml of ethanol, lysates were vortexed briefly and
centrifuged at 16,000 	 g and 4 °C for 15 min. The pellet was
washed by resuspending in 180 �l of water using the Thermo-
Mixer C at 1,000 rpm and 70 °C, adding 1.62 ml of ethanol, and
vortexing the mixture briefly before centrifugation at 16,000	
g and 4 °C for 15min. The pellet was dissolved in 400�l of water
using the ThermoMixer C at 1,000 rpm and 70 °C.
The incorporation of (14C-labeled) glucose into glycogenwas

quantified by measuring radioactivity. Half the sample was
mixed with Ultima Gold XR scintillation fluid (PerkinElmer
Life Sciences) and subjected to liquid scintillation counting
using the Tri-Carb 2810 TR scintillation counter (PerkinElmer
Life Sciences). Total glycogen content was determined by incu-
bating the remainder of the sample in 0.25 M sodium acetate
(pH 4.75) with 0.3mg/ml amyloglucosidase (Sigma #A1602) for
4 h at 37 °C with occasional shaking. These samples were then
assayed for glucose content, quantified enzymatically as
described above.

Quantification of lactate by LC-MS

Metabolites were extracted from conditioned medium as
described previously,14 with minor modifications. Specifically,

medium samples were combined with 4 volumes of extraction
buffer containing a 1:1 (v/v) mixture of LC-MS grade methanol
and acetonitrile (Thermo), with 0.25 �M D-camphor-10-sul-
fonic acid (Wako #037-01032) internal standard. The mixture
was vortexed briefly and centrifuged for 20 min at 16,000 	 g
and 4 °C. The supernatant was lyophilized using an EZ-2 cen-
trifugal evaporator (GeneVac), resuspended in water, recentri-
fuged, and supernatant was transferred into HPLC vials.
Metabolites were resolved by LC as described previously

(60), with several modifications to achieve a rapid, targeted
assay for lactate quantification; the total run time was 10 min
(versus 25 min for the original method). LC separation was
achieved using an Infinity 1260 pump (Agilent) with a Synergi
Hydro-RP column (Phenomenex, 100-mm length 	 2.1-mm
internal diameter, 2.5-�mparticle size). Buffer A was 95:5 (v/v)
water/acetonitrile containing 10 mM tributylamine and 15 mM

acetic acid (pH 4.9), and buffer Bwas 100% acetonitrile. The LC
gradient was as follows: 0 min, 10% B, 200�l/min; 0.5 min, 10%
B, 200 �l/min; 1.5 min, 70% B, 200 �l/min; 4 min, 70% B, 200
�l/min; 4.5min, 10%B, 300�l/min; 9.5min, 10%B, 300�l/min;
10min, 10% B, 200�l/min. Autosampler temperature was 4 °C,
and column temperature was 25 °C. Injection volume was 5 �l.
MS analysis was performed using an AB Sciex QTRAP 5500,
with MS source temperature set to 350 °C. Multiple-reaction
monitoring transitions were calibrated to include lactate isoto-
pologues (61), and acquisition was performed with a 40-ms
dwell time. Calibration standardswere diluted in naivemedium
and then extracted and subjected to LC-MS in parallel to the
samples.
LC-MS data were extracted using MSconvert (version

3.0.18165-fd93202f5) and in-house MATLAB scripts. Natural
abundance correction was performed as described previously
(16). These data were used to calculate the 13C-labeled frac-
tional contribution as described previously (62). The abun-
dance of 13C-labeled lactate was calculated as the product of
fractional contribution and total abundance of metabolite (16),
representing the amount of fully 13C-labeled lactate. For
instance, 1 mol of m1-labeled lactate (lactate with one of its
three carbon atoms 13C-labeled) is equivalent to 0.33 mol of
fully labeled (m3-labeled) lactate. Furthermore, because one
glucose molecule generates two lactate molecules, the 13C-la-
beled abundance of lactate was then halved to obtain the
amount of [13C]glucose incorporated into lactate.

Quantification of intracellular metabolites by targeted
metabolomics

Following treatment, cells were washed twice with cold 5%
(w/v) mannitol on ice and quenched by freezing the plates
on dry ice. Intracellular metabolites were extracted and ana-
lyzed by capillary electrophoresis– and ion chromatography–
coupled MS as described previously (16), with the exception
that fructose bisphosphates were measured using the latter
rather than the former metabolomics platform. Data analysis,
including natural abundance correction and derivation of 13C-
labeled abundance, was performed as described previously (16)
and above for lactate quantification.
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Normalization for cell culture experiments

Unless otherwise specified, data were normalized to protein
content, either from an aliquot of cell lysate used in the respec-
tive assay or derived from cells treated in parallel. Protein quan-
tification was performed using the Pierce bicinchoninic acid
assay kit (Thermo Fisher Scientific), according to the manufa-
cturer’s instructions.
DNA quantification was performed as described previously

(63), except adapted for non-96-well culture plates. Following
treatment, cells were washed three times with ice-cold PBS,
aspirated dry, and frozen. The plate was then thawed at room
temperature, and water was added to each well (e.g. 500 �l per
well for a 12-well plate). After at least three freeze-thaw cycles
were performed, 1 volume of TNE buffer (10 mM Tris-HCl, pH
7.4, 2 M NaCl, 1 mM EDTA) was added to each well, cells were
scraped, and lysates were gently mixed within each well by
pipetting. Aliquots of lysate were transferred to a black 96-well
plate (Corning) and made up to 100 �l with a 1:1 (v/v) mixture
of water and TNE buffer, before being stained with 100 �l of
Hoechst solution (10 �g/ml Hoechst-33342 (Life Technolo-
gies) in a 1:1 mixture of water and TNE buffer). Fluorescence
was measured at 360-nm excitation and 440-nm emission,
using the Infinite M1000 Pro (Tecan). DNA content was quan-
tified using a standard curve of salmon sperm DNA.

Western blotting

Following treatment, cells were washed three times with ice-
cold PBS and lysed at room temperature in PBS supplemented
with 1% (w/v) SDS, protease inhibitors (Roche Applied Sci-
ence), and phosphatase inhibitors (64). Lysates were processed
as described previously (65). Briefly, cells were scraped, soni-
cated (1 s on/off for 20 s total), and centrifuged at 16,000	 g for
20 min at 18 °C. After removal of the lipid layer, the protein
content of the supernatant was quantified using the Pierce
bicinchoninic acid assay kit (Thermo Fisher Scientific). Cell
lysate (10 �g) was resolved by SDS-PAGE, transferred to poly-
vinylidene difluoride membranes (Millipore), and immuno-
blotted as described previously (55). Antibodies detecting
pS473-Akt (clone 587F11, #4051), pT308-Akt (#9275), Akt
(clone 11E7, #4685), and pT642-AS160 (#4288) were obtained
from Cell Signaling Technology. The antibodies detecting
PDH-E1� (clone H-131, #sc-292543) and 14-3-3 (clone K-19,
#sc-629) were obtained from Santa Cruz Biotechnology, Inc.
The antibody detecting pS293-PDH-E1� (#ABS204) was
obtained from Millipore. Densitometric analysis was per-
formed using either ImageJ software or LI-COR Image Studio.

Metabolic assays in primary adipocytes

Mature primary adipocytes were isolated from rats and sub-
jected to metabolic assays, similarly in principle to previous
studies (e.g. see Ref. 17), but with severalmodifications in buffer
composition and miniaturization of assays into a multiwell
format.

Isolation and assay buffers—Buffers included Krebs–
Henseleit buffer (KHB: 120 mM NaCl, 4.7 mM KCl, 1.18 mM

KH2PO4, 1.17 mM MgSO4, 1.8 mM CaCl2, 30 mM Na-HEPES,
pH 7.4, 1 mM NaHCO3 (added fresh), 1% (w/v) fatty acid–free
BSA (Sigma), pH adjusted to 7.4 with NaOH), KHB-Glc buffer

(KHB supplemented with 10 mM glucose), and assay buffer
(HSF-DMEM supplemented with 1 mM NaHCO3 (added
fresh), 1 mM glutamine, 1 mM GlutaMAX, and 1% (w/v) fatty
acid–free BSA, with pH adjusted to 7.4 withNaOH). All buffers
were maintained at 37 °C throughout the experiment.

Isolation of mature primary adipocytes—Male Sprague–
Dawley rats were housed at 23 °C in individually ventilated
cages on a 12-h light/dark cycle with ad libitum access to stan-
dard rodent chow and water. Rat experiments were approved
by the University of Sydney Animal Ethics Committee (project
2018/1418).
At 7–8 weeks of age (200–300 g), rats were sacrificed with

CO2. Epididymal fat pads were isolated in KHB-Glc buffer and
minced before collagenase Type 1 (Worthington #CLS-1/
LS004196) was added to achieve a final concentration of 0.5
mg/ml, with 3ml of buffer volumeper 1 g of tissue. Tissueswere
incubated with gentle rocking at 37 °C until digested (�45
min), tapped once to break apart digested tissue, and filtered
through a 200-�m nylon mesh (SpectraMesh, VWR
#SPEC146487) into conical tubes. The isolated adipocytes were
resuspended in KHB and allowed to float to the top before the
infranatant was removed. This wash step was repeated once
with KHB and twice with assay buffer. These washes served to
remove not only collagenase and nonadipocyte cells (66), but
also glucose from the digestion buffer, as well as to condition
the adipocytes to the assay buffer. After the final wash, the
infranatant was removed, and 200-�l aliquots of adipocyte sus-
pension were dispensed using cut pipette tips for various assays
(Fig. 3A), described below. These assays were performed in par-
allel from the same batch of adipocytes, with each batch being
sourced from 5–6 rats.

Collection of untreated primary adipocytes—Cells were dis-
pensed into microcentrifuge tubes, which were immediately
frozen in dry ice. These aliquots were used for DNA quantifi-
cation (Fig. 3A, Aliquot 1) and served as a t � 0 control for
glucose and lactate assays (Fig. 3A, Aliquot 2).

Stable tracer experiments in primary adipocytes—To assess
glucose uptake and lactate production (Fig. 3A, Aliquot 2), cells
were dispensed into 24-well polystyrene tissue culture micro-
plates (Corning). To each well, 50�l of prewarmed assay buffer
containing [U-13C]glucose, PBS, and/or insulin was added. As a
result, each well contained a 250-�l final volume with 5 mM

[U-13C]glucose and either PBS control or 20 nM insulin. Plates
were then immediately sealed with TopSeal-A PLUS (Perkin-
Elmer Life Sciences) and gently rocked for 1 h with a rocking
platform in a 37 °C incubator.
Following treatment, cells were quenched by freezing the

plates on dry ice and stored at�80 °C until further processing.
Plates were thawed, and lysate was resuspended in extraction
buffer, which contained a 1:1 mixture of LC-grade MeOH and
water, supplemented with 78.125 nM D-camphor-10-sulfonic
acid (Wako #037-01032) as an internal standard. More specifi-
cally, to each well, 400 �l of extraction buffer was added, and
lysate was scraped into the buffer and transferred to a micro-
centrifuge tube. The well was washed with another 400 �l of
extraction buffer, such that the tube contained lysate resus-
pended with 800�l of extraction buffer. To each tube, 800�l of
CHCl3 was added, and then the mixture was briefly vortexed
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and centrifuged for 20 min at 16,000 	 g and 4 °C. The super-
natant was lyophilized using an EZ-2 centrifugal evaporator
(GeneVac), resuspended in 500 �l of water, and recentrifuged.
The resulting supernatant was assessed for glucose uptake by
enzymatic assay, and lactate production was assessed by
LC-MS, both as described above. In both assays, calibration
standards were added to t� 0 adipocyte samples, either before
or after extraction, and assayed in parallel to the samples. Naive
samples were generated by spiking the 5	mixture of [U-13C]-
glucose and PBS/insulin into the t� 0 adipocyte samples prior
to extraction in parallel to the samples.

Radiotracer experiments in primary adipocytes—To assess
glucose oxidation (Fig. 3A, Aliquot 3) or incorporation into
lipid (Fig. 3A, Aliquot 4), cells were treated similarly as in the
13C-tracer experiments above. Cells were dispensed into
24-well microplates and treated with 50 �l of prewarmed assay
buffer containing glucose, [U-14C]glucose, PBS, and/or insulin.
As a result, each well contained a final volume of 250 �l, with 5
mM glucose and 1 �Ci/ml [U-14C]glucose, and either PBS con-
trol or 20 nM insulin. For the glucose oxidation assay, gas traps
were also installed as described previously (56). Plates were
then immediately sealed with TopSeal-A PLUS (PerkinElmer
Life Sciences) and gently rocked for 1 h with a rocking platform
in a 37 °C incubator.
Following treatment, glucose oxidation was measured as

described above for cultured cells.
For incorporation into lipid, cells were quenched by freezing

the plates on dry ice and stored at �80 °C until further pro-
cessing. Plates were thawed, and lysate was transferred into
polypropylene tubes by scraping lysates in 1 ml of 0.6% (w/v)
NaCl (in water) followed by a wash with 100 �l of MeOH to
collect residual debris. Lipids were extracted by MeOH/CHCl3
extraction (67), with lysates resuspended in a final volume of 1
ml of 0.6% (w/v) NaCl and 4ml of a 2:1 (v/v) mixture of CHCl3/
MeOH prior to extraction. An aliquot of the organic phase was
evaporated to dryness under N2 gas and resuspended in scintil-
lant prior to assessing radiation as described for cultured cells;
this determined the incorporation of glucose into the total lipid
pool.
A second aliquot of the organic phase was evaporated to dry-

ness and saponified using ethanolic KOH; dried lipids were
resuspended in 1.5ml of 1 MKOH and incubated at 70 °C for 15
min. 1 ml of EtOH was then added, and samples were vortexed
before incubation at 70 °C for 2 h. Following saponification,
lipids were acidified by the addition of 0.25 ml of 9 M H2SO4
(confirmed by pH litmus strips), and free lipids were isolated by
three rounds of petroleum ether extraction (68). This involved
mixing the saponified sample with 1 volume of petroleum ether
(boiling point 60–80 °C) and incubating in dry ice to freeze the
lower (aqueous) phase. The upper (organic) phase was then
decanted into a separate tube, and the extraction was repeated
twice more. The collected organic fraction (�7.5 ml) was then
washed with 2.5 ml of water to remove any contaminating
aqueousmetabolites. The organic fractionwas then evaporated
to dryness under N2 gas, and radioactivity was assayed as
described above. This determined the incorporation of glucose
into the saponifiable lipid pool. The difference between total

and saponifiable lipid pools determined the incorporation of
glucose into the nonsaponifiable lipid pool.
In all radiotracer experiments, cell-free controls included 1)

naive media treated in parallel with the 5	mixture of glucose,
radiotracer, and PBS/insulin and 2) undiluted extraction buffer
(e.g. an aliquot of 0.6% (w/v) NaCl for the lipid incorporation
assay). These were processed alongside the samples to account
for any cell-independent background signal.

DNA quantification—The above metabolic measurements
were normalized to cellular DNA content. DNA is typically iso-
lated using proteinase K digestion and subsequent phenol/
CHCl3 extraction (69). However, the adipocytes were resus-
pended in a buffer containing 1% (w/v) BSA, rendering
proteinase K digestion inefficient. As an alternative, DNA can
be successfully isolated by freeze-thaw to promote cell lysis and
exposure to high salt conditions (1 M NaCl) to disrupt DNA-
protein interactions, which we employed for DNA normaliza-
tion in cell culture experiments (described above). Organic
extraction was also required to remove lipid, but we found that
such high-salt conditions were incompatible with phenol/
CHCl3 extraction (data not shown), and subsequently used
CHCl3 alone for organic extraction.
Consequently, t� 0 adipocyte samples were thawed, and 500

�l of a 1:1 (v/v) mixture of water and TNE buffer was added.
Samples were gently mixed before the addition of 500 �l of
CHCl3, mixing by inversion, and centrifugation for 20 min at
16,000	 g and 4 °C. The supernatant was collected and assayed
directly for DNA content using SyBr stain (Life Technologies),
according to the manufacturer’s instructions. DNA content
was quantified using a standard curve of salmon sperm DNA,
added to naive assay buffer that had been extracted alongside
the adipocyte samples. Extraction efficiency was determined by
adding salmon sperm DNA to a subset of adipocyte samples,
which were extracted and assayed in parallel to the samples.

Methodology for Drosophila experiments

Fly stocks, maintenance, and crosses—Fly strains used in this
study included CG-none RNAi GD12145 (Vienna Drosophila
ResourceCenter) andLdhRNAiGD6887 (#31192,ViennaDro-
sophila Resource Center), ubiquitous-GAL4/Cyo (Blooming-
ton #32551), and CG-Gal4 (Bloomington #7011).
Flies were maintained at standard temperature, humidity,

and 12-h light/dark cycle. Flies were kept on a diet of 1% (w/v)
agar (Sigma-Aldrich #A1296), 10% (w/v) brewer’s yeast (MP
Biomedicals #290331225), and 5% (w/v) sugar (Coles, Haw-
thorne East, Australia), supplemented with 3% (w/v) methyl
4-hydroxybenzoate (Sigma-Aldrich #H3647) and 0.3% (v/v)
propionic acid (Sigma-Aldrich #P5561) as preservatives.
To generate fat body–specific knockdown of Ldh (or corre-

sponding control), 20 CG-Gal4 females were crossed with five
Ldh RNAi or CG-none male flies, respectively. For whole-body
knockdown of Ldh (or corresponding control), ubiquitous-
GAL4/Cyo females were used instead.

Fly glucose tolerance test—The fly glucose tolerance test was
performed similarly in principle to previous studies (70), but
modified to enhance assay sensitivity, including a shorter “feed”
phase, additional time points, and organic extraction to pre-
serve metabolite stability.
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For each biological replicate, 15 adult (3–5-day-old) male
flies were collected and starved for 16 h in a vial with a Kimwipe
that was soakedwith 1ml of water. During the feed phase of the
assay, flies were transferred to vials withKimwipes, each soaked
in 1 ml of 10% (w/v) D-glucose (Sigma). After 30 min, flies
underwent the “post-feed” phase of the assay, being starved
again for up to 60min. Every 15min throughout the assay, from
just prior to the feed phase (t � 0 min) to the end of the post-
feed phase, six vials (biological replicates) were harvested for
each genotype.
Flies were initially quenched by emptying the vial into a small

sieve (derived from a tea strainer) in isopropyl alcohol. The
sievewas transferred to increasingly diluted solutions of isopro-
pyl alcohol (50, 25, 10, 5, and 0% (v/v) diluted with water) to
wash flies of any uneaten food. Flies were then subjected to
MeOH/CHCl3 extraction (67): flies were transferred to a
round-bottom microcentrifuge tube, 200 �l of a 2:1 (v/v) mix-
ture of CHCl3/MeOH was added, and flies were homogenized
with a 5-mm steel bead (Qiagen #69989) for 30 s at 30 Hz
(MixerMillMM400, Retsch). 600�l of CHCl3/MeOHmixture
was added, followed by 200 �l of 0.6% (w/v) NaCl in water, and
samples were briefly vortexed before being centrifuged for 20
min at 16,000 	 g and 4 °C. The supernatant was lyophilized
using an EZ-2 centrifugal evaporator (GeneVac), resuspended
in water, and recentrifuged briefly to clear debris. Glucose and
lactate content were determined enzymatically as described
above.

Fly food intake assay—This assay relied on the principle that
when blue food dye is added to fly food, the amount of ingested
dye can serve as a proxy for food intake during short-term
experiments (28). Flies were treated similarly to the glucose
tolerance test, with a 16-h fast and a 30-min feed phase, except
during the feed phase, vials contained Kimwipes soaked with
10% (w/v) glucose and 0.05% (v/v) FD&C1 blue dye (Queenie
Brand, Coles). At the end of the feed phase, flies were washed in
isopropyl alcohol and homogenized as in the glucose tolerance
test, except homogenization was performed in 100 �l of water.
Samples were briefly centrifuged to clear debris, and the super-
natant was lyophilized using an EZ-2 centrifugal evaporator.
Sampleswere reconstituted in 50�l of water, and absorbance at
628 nmwasmeasured. Blue dye contentwas quantified by com-
parison with a standard curve of blue dye.

Fly radiotracer experiments—Tomeasure glucose incorpora-
tion intoCO2, lipid, and glycogen, experimentswere performed
as described previously (56). Briefly, for each biological repli-
cate, 10 male adult (3–5-day-old) flies were starved for 16 h as
described for the glucose tolerance test. Flies were transferred
to a well in a 12-well tissue culture plate, which contained food
with [U-14C]glucose radiotracer (1% (w/v) agar, 5% (w/v) D-glu-
cose, 10% (w/v) bakers’ yeast, 0.5�Ci/ml [U-14C]glucose, 0.05%
(v/v) FD&C1 food coloring).Gas trapswere installed, and plates
were sealed for 3 h, after which trapped CO2 was measured by
liquid scintillation counting to assess glucose oxidation. Plates
were then resealed and frozen at�80 °C to quench the flies.
To assess glucose incorporation into glycogen or lipid, plates

were thawed and flies were washed in isopropyl alcohol and
homogenized as described for the glucose tolerance test. For
glycogen, homogenization was performed in 200 �l of 1 M

KOH, after which glycogen was isolated by Na2SO4 precipita-
tion and radioactivity was measured by liquid scintillation
counting, as described above. For lipid, homogenization was
performed in 200 �l of 0.6% (w/v) NaCl, after which lipid was
isolated by MeOH/CHCl3 extraction as described in the pri-
mary adipocyte radiotracer experiments, except adjusted to a
smaller sample volume.An aliquot of isolated lipidwas assessed
for radioactivity by liquid scintillation counting, and a second
aliquot was saponified and radioactivity was assessed, as
described for the primary adipocyte radiotracer experiments.

RNA isolation and quantitative PCR of knockdown—For each
biological replicate, 10 adult male flies were homogenized with
a 5-mmsteel bead (Qiagen #69989) for 30 s at 30Hz (MixerMill
MM 400, Retsch), in 200 �l of TRIzol reagent (Invitrogen).
RNA was extracted with 1,3-bromochloropopane and precipi-
tated with isopropyl alcohol as described previously (71). RNA
quality and quantity were assessed by a Nanodrop 2000c
(ThermoScientific), and reverse-transcribed using PrimeScript
(TakaraBio), according to the manufacturer’s instructions.
RNA expression was measured by quantitative real-time PCR,
using Fast-Start SyBrMix (RocheApplied Science) and a Light-
cycler 480 II (Roche Applied Science), according to the man-
ufacturer’s instructions. Primers were used to amplify the
following genes: Ldh (forward, 5
-CTCAAGAACATCATCC-
CCAAGC-3
; reverse, 5
-TTCCAGGCCACGTAGGTCA-3
),
tubulin (forward, 5
-TGTCGCGTGTGAAACACTTC-3
; re-
verse, 5
-AGCAGGCGTTTCCAATCTG-3
). PCR efficiency
was confirmed in each run by a serial dilution of pooled sample.
Gene expression was calculated using the ��Ct method.
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