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Decellularized extracellular matrix is one of the most promising biological scaffold supporting in vitro
tissue growth and in vivo tissue regeneration in both preclinical research and clinical practice. In case of
thick tissues or even organs, conventional static decellularization methods based on chemical or enzy-
matic treatments are not effective in removing the native cellular material without affecting the extracel-
lular matrix. To overcome this limitation, dynamic decellularization methods, mostly based on perfusion
and agitation, have been proposed. In this study, we developed a low-cost scalable 3D-printed sample-
holder for agitation-based decellularization purposes, designed for treating multiple specimens simulta-
neously and for improving efficiency, homogeneity and reproducibility of the decellularization treatment
with respect to conventional agitation-based approaches. In detail, the proposed sample-holder is able to
house up to four specimens and, immersed in the decellularizing solution within a beaker placed on a
magnetic stirrer, to expose them to convective flow, enhancing the solution transport through the spec-
imens while protecting them. Computational fluid dynamics analyses were performed to investigate the
fluid phenomena establishing within the beaker and to support the sample-holder design. Exploratory bi-
ological tests performed on human skin specimens demonstrated that the sample-holder reduces process

duration and increases treatment homogeneity and reproducibility.

© 2020 IPEM. Published by Elsevier Ltd. All rights reserved.

1. Introduction

In tissue engineering and regenerative medicine strategies, de-
cellularized extracellular matrix (ECM) was demonstrated to be a
promising biological scaffold to support in vitro tissue growth and
in vivo tissue regeneration in both preclinical research and clini-
cal practice [1-3]. The reasons for this are the native biochemical
and biomechanical properties and the three-dimensional (3D) ul-
trastructure of the ECM, which provides fundamental cues for cell
migration, proliferation, and differentiation [4]. Thus, to be effec-
tive, decellularization methods should remove the immunogenic
cellular material of the native tissue while preserving as much as
possible the ECM composition and architecture [5].
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The most widely applied decellularization methods are based
on static treatments with different chemical or enzymatic agents,
depending on the tissue to be treated [6]. However, in case of
thick tissues or even organs, static immersion in decellularizing so-
lution could not guarantee complete decellularization, since sim-
ple molecular diffusion could not be sufficient to reach complex
3D structures deep inside [7]. Moreover, long treatment duration
could affect the ECM composition and integrity, ultimately turn-
ing into a failure. For these reasons, dynamic decellularization ap-
proaches based on combined chemical/enzymatic and mechanical
methods were developed. Mostly based on convective flow gen-
erated to promote the transport of the decellularization solution
through the specimens, dynamic methods lead to faster and more
efficient bioprocesses than static methods [8,9]. Currently, the most
commonly adopted dynamic decellularization techniques are based
on perfusion and agitation [10]. In perfusion-based decellulariza-
tion processes, the specimen is housed within a sealed chamber
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connected to a perfusion circuit, designed to pump and force the
decellularizing solution to pass through the tissue/organ, reaching
its deepest regions [11]. The perfusion-based approach is generally
preferred in case of decellularization of organs, whose native vas-
culature is exploited to deliver treatment agents to cells and to
remove cellular material from the tissue [12]. In these systems, a
monitoring and control unit is usually needed since perfusion pres-
sure has to be strictly monitored and controlled to preserve the
integrity of the tissue, particularly in case of soft tissues [13]. Sev-
eral studies have proved that perfusion-based methods guarantee
efficient and reproducible decellularization processes [14-18], how-
ever, they are usually not conceived to treat multiple specimens
simultaneously, and they require dedicated and space-consuming
laboratory equipment, making the procedure complex and expen-
sive.

Contrarily, dynamic decellularization methods based on agita-
tion are extremely easy, cost-efficient, and performable with con-
ventional laboratory equipment. Usually, specimens are immersed
in decellularization solution, where they can freely float while
being subjected to agitation, typically obtained using a magnetic
stirrer, a vortex shaper or a centrifuge. Protocols adopting this
method have been defined for soft and rigid tissues [19-29]. Agita-
tion allows treating several specimens at once, however specimens
are subjected to heterogeneous flow fields within the containers,
where they can experience detrimental shear stresses and colli-
sions. Moreover, when soft tissues are treated using magnetic stir-
rers, specimens could be entrapped around the magnetic bar, with
consequent tissue damage. Although this last drawback could be
overcome by enclosing the specimens in embedding cassettes, the
random suspension of free-floating or embedded-in-cassette speci-
mens causes inhomogeneous and uncontrolled transport of the de-
cellularization solution, ultimately leading to low reproducibility of
the decellularization process.

In this study, we present a novel, low-cost, scalable sample-
holder for agitation-based decellularization of multiple specimens.
The sample-holder was designed to be easy to use with conven-
tional laboratory equipment, with the ultimate goal of increasing
time and cost efficiency, homogeneity and reproducibility of the
decellularization process. Briefly, the sample-holder, loaded with
the specimens and immersed in the decellularizing solution within
a beaker placed on a magnetic stirrer, exposes up to four spec-
imens to convective flow while protecting them from disruptive
forces generating within the beaker, avoiding specimen damage,
reducing process duration and increasing treatment homogeneity.
Computational fluid dynamics (CFD) was applied to identify the
fluid phenomena establishing within the beaker and to elucidate
their role in the decellularization process, and finally to support
the design of the device. Proof of concept biological tests were
performed on human skin specimens to demonstrate the sample-
holder performance in terms of decellularization effectiveness. This
latter was analyzed in terms of presence of cells, tissue architec-
ture preservation, and collagen retention.

2. Materials and methods
2.1. Design requirements

The sample-holder design was guided by the following spe-
cific requirements: ease of use, versatility, low manufacturing cost,
and need to improve process reproducibility and efficiency. More
specifically, the sample-holder should be easy to assemble, handle
and use with standard equipment of a cell culture laboratory. Ver-
satility and low-cost manufacturing requirements came from the
need to use the device for processing tissues of different type and
size, thus it should be based on customizable and scalable design
solutions, manufacturable by cost-efficient techniques. Lastly, the

A B C

Fig. 1. 3D CAD model of the sample-holder components. (A) Cross-shaped base
with central shaft. (B) Rectangular frame with T-shaped flanges. (C) Assembled
sample-holder.

design of the sample-holder should guarantee to perform more ef-
ficient and reproducible decellularization processes with respect to
current agitation-based techniques.

2.2. Design and manufacturing

Taking into account the specified requirements, the sample-
holder was designed using the computer aided design (CAD) soft-
ware Solidworks (Dassault Systemes, Vélizy-Villacoublay, France).
For in-house rapid, flexible, and low-cost manufacturing of the
sample-holder prototype, a fused deposition modeling (FDM) 3D
printer (uPrint SE Plus, Stratasys, Eden Prairie, MN, USA) was used.
The sample-holder components were printed in ABS plus-P430
thermoplastic material (Stratasys), used in combination with the
SR30 soluble support material (Stratasys) and suitable to manufac-
ture functional prototypes [30,31]. For guaranteeing the maximum
degree of manufacturing precision, all components were printed by
setting the minimum layer thickness (0.254 mm), the solid fill op-
tion, and the smart support strategy. The printing directions were
defined separately for each component to minimize the consump-
tion of support material and the working time.

2.3. Sample-holder components and use

The sample-holder is composed of a cross-shaped base with
a central shaft (Fig. 1A) and four removable rectangular frames
(Fig. 1B), designed to house commercial embedding cassettes, with
an overall size of 91 mm x 91 mm X 67 mm. In the upper part
of each rectangular frame, two T-shaped flanges allow to hook the
frames to the base shaft bi-directionally (Fig. 1C). The functioning
principle of the sample-holder is based on the continuous rotation
of the device, immersed in the decellularizing solution, within a
beaker placed on a magnetic stirrer, with the final aim to expose
to a controlled convective flow the tissue specimens housed in the
embedding cassettes. Fig. 2 shows step-by-step the sample-holder
assembling procedure for agitation-based decellularization. Firstly,
each tissue specimen is loaded in one embedding cassette, to be
inserted into one frame. Then, each frame is hooked to the base
(Fig. 2A), where a standard magnetic bar is inserted press-fit in
the bottom (Fig. 2B). The loaded sample-holder is then positioned
within a 1000 mL beaker filled with decellularizing solution and
placed on a magnetic stirrer, whose rotational velocity is gradually
increased up to the required value with consequent rotation of the
sample-holder. During the process, the frames containing the cas-
settes can be removed and rotated by 180° around their longitudi-
nal axis to expose the specimens to the same flow fields along the
treatment, as described in the Results section.
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Fig. 2. Sample-holder assembling procedure for agitation-based decellularization.
The step-by-step procedure consists of: 1) enclosing each specimen within one em-
bedding cassette; 2) inserting each embedding cassette in one frame; 3) hooking
the frames to the central shaft; 4) inserting press-fit the magnetic bar in the base
bottom; 5) positioning the loaded sample-holder within the beaker placed on a
magnetic stirrer; 6) filling the beaker with decellularizing solution; 7) switching on
the magnetic stirrer, setting the required rotational velocity. (A) Detail of the cou-
pling between the T-shaped flanges of the frames and the central shaft of the base.
(B) Detail of the magnetic bar inserted press-fit in the base bottom.

2.4. In-house tests

Preliminary in-house tests were performed to assess the cor-
rect coupling of the 3D-printed components and subsequently the
operational performance of the sample-holder prototype. In partic-
ular, the coupling between the frames and the cross-shaped base
was checked in terms of ease of assembling and stability. More-
over, the suitability of each frame to house a commercial embed-
ding cassette and of the base to accommodate a magnetic bar was
tested. The assembled device was then housed within a 1000 mL
beaker, filled with distilled water, and placed on a magnetic stirrer,
whose rotational velocity was gradually increased for assessing the
sample-holder prototype performance and the maximum rotational
velocity value that still guarantees stability.

2.5. CFD analysis

CFD simulations were performed to investigate the fluid envi-
ronment within the beaker and the action exerted by fluid forces
within the specimens. Indications from the CFD analysis were used
to support the sample-holder design and the definition of the op-
erating conditions for the sample-holder decellularization process.
Technically, a bidimensional section along the z-axis of the 3D
model of the central shaft, the four rectangular frames, and the
specimens was designed using the software Solidworks (Dassault
Systemes). Based on in-house preliminary tests, three different ro-
tational velocities of the sample-holder, i.e., 50, 100 and 150 rpm,
were simulated adopting time-step integration values equal to 1.2,
0.6 and 0.4 ms, respectively. Consistently with previous works

Table 1

Imposed porous medium parameters.
Parameter Value
Viscous resistance coefficient, 1/k 20108 m — 2
Inertial resistance coefficient, C, 5648 m ~ !
Porosity 0.8

[32,33] and in order to determine the onset of a turbulent flow
regime, the Reynolds number for the bulk flow within the beaker
was evaluated identifying the length of the stir element (given by
the sum of the length of the central shaft and two times the length
of the frame in the considered bidimensional section) as the char-
acteristic length Lg, with the velocity scale identification based on
the rotational velocity N (in revolutions per second) multiplied for
L, as it follows:
2
NI 1)
Vm

where vy, is the kinematic viscosity of the culture medium, de-
fined as the ratio of the dynamic viscosity to the density. The
Reynolds numbers characterizing the fluid dynamics in the bulk of
the proposed set up were equal to 6880 (at 50 rpm), 13,760 (at
100 rpm), and 20,640 (at 150 rpm). The geometry was discretized
with the meshing toolbox of Workbench (Ansys Inc., Canonsburg,
PA, USA) by using approximately 280 x 103 triangular elements.
The governing equations of motion were solved, in their discretized
form, by using the commercial finite-volume software FLUENT (An-
sys Inc). The rigid-body rotation of the sample-holder, responsi-
ble for setting in motion the decellularization solution, was pre-
scribed by using a rotating reference frame, while stationary wall
and no-slip conditions were imposed for the beaker. A dynamic
remeshing based on local cell skewness value was adopted for the
fluid zone corresponding to the decellularizing solution. Reynolds-
averaged Navier-Stokes (RANS) equations with RNG k-¢ turbulence
model [34] were solved assuming the decellularizing solution as an
incompressible Newtonian fluid, and a source term S was added to
simulate the flow through the specimens, modeled as porous me-
dia:

V.i=0 2
PR = _Vp—[V.20]~[V.20] 4+ pg+S @)

where u is the velocity vector, g is the gravitational acceleration, p
is the fluid density (103 kg/m3), p is the pressure, T is the shear
stress tensor decomposed in its laminar (i.e., viscous) and turbu-
lent components (7(!) and t(®, respectively), and the overbar de-
notes a time-averaged quantity. The source term S implemented
the Forchheimer equation, which defines pressure losses through
the porous medium as a sum of viscous losses, predominant in
case of laminar flow, and inertial losses, predominant in case of
turbulent flow:

Re =

sz—<%(a—wxr)+Cz%p|ﬁ—wxf|(ﬁ—wXr)> 3)

where pu is the dynamic viscosity of the fluid
(1.003 x 1073 kg/(mes)), @ is the rotational velocity of the
sample-holder, r is the radial distance of the fluid element from
the center of rotation, 1/k and C, are the viscous resistance co-
efficient and the inertial resistance coefficient of the specimens,
respectively [35]. For the specimens, the permeability parameters
were set according to the work of Israelowitz and colleagues on
porous scaffolds [36], reported in Table 1.

For each modeled angular velocity, three sample-holder revo-
lutions were simulated. The flow field was evaluated in terms of
velocity and static pressure distributions. The mechanical action
exerted by the decellularizing solution flowing within the speci-
mens was quantified also in terms of viscous shear stress () and
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turbulent shear stress 7). Technically, turbulent shear stress was
evaluated in terms of maximum turbulent shear stress (TSSmax),
calculated starting from the two principal stresses o; and o, of
the stress tensor T® as it follows:

1
TSSmax = j(al —02) (4)

Further details on the calculation of viscous shear stresses and
the TSSmax are provided in the Supplementary Material.

2.6. Exploratory biological tests

2.6.1. Tissue specimens and decellularization procedure

Human adult skin samples were obtained from patients under-
going plastic surgery (n = 4, mean age 34 + 1.15). Upon receipt,
samples were washed, hairs and adipose tissue were removed,
and multiple specimens from each patient were scaled down to
fit within commercial embedding cassettes (length = 30 mm,
width = 25 mm, thickness = 5 mm).

Based on a recently described protocol [28,29], a decellulariza-
tion solution containing 1% w/v sodium dodecyl sulfate (SDS), 1%
v/v Triton, and a combination of antibiotics (0.25 pg/ml Ampho-
tericin B, 100 U/ml Penicillin, 50 U/ml Streptomycin) was used. All
skin specimens were enclosed into embedding cassettes, in order
to protect them, and then treated with or without the sample-
holder under constant agitation, using a 1000 mL beaker filled
with 700 mL of decellularization solution and placed on a mag-
netic stirrer (rotational velocity = 150 rpm). In detail, the first sub-
set of cassettes was immersed directly in the decellularizing solu-
tion within the beaker, free to float in agitation, and indicated as
the free-floating cassette (FFC) group. The second subset of cas-
settes was inserted in the sample-holder within the beaker and
kept that way for the entire duration of the agitation-based de-
cellularization process, thus indicated as the sample-holder cas-
sette (SHC) group. The third subset of cassettes was inserted in
the sample-holder within the beaker and, after 12 h of treat-
ment in agitation, the frames housing the cassettes were rotated
by 180° around their longitudinal axis, so indicated as the rotated
sample-holder cassette (RSHC) group. The decellularization proce-
dure was considered complete when the specimens became thor-
oughly white. This occurred after 24 h in specimens treated us-
ing the sample-holder, and after 36 h in specimens treated using
free-floating cassettes. However, for comparing FFC, SHC and RSHC
groups, specimens from FFC group were harvested also after 24 h
of decellularization. Hence, after 24 or 36 h of treatment, all speci-
mens were rinsed for 24 h in antibiotic solution and for additional
30 min in sterile bi-distilled water. In addition, each SHC specimen
was then sectioned along its longitudinal axis into two halves, one
proximal and one distal to the sample-holder shaft, respectively.
Samples were processed for histological analysis, or snap frozen at
—80 °C for collagen quantitative assay.

2.6.2. Histochemistry

Treated specimens were fixed in 10% neutral-buffered formalin,
dehydrated in a graded series of alcohols, cleared in xylene, and in-
filtrated and embedded in paraffin, according to standard protocols.
Paraffin blocks were then sliced into serial 5-pum-thick sections
and placed on poly-lysine-coated glass slides. Sections of spec-
imens were deparaffinized, rehydrated and stained with Hema-
toxylin and Eosin or Masson’s trichrome stainings using specific
staining kits (Bio-Optica, Milan, Italy) to evaluate the effective-
ness of decellularization, tissue architecture and collagen retention.
Stained sections were observed by at least three independent ob-
servers using a light microscope 147 DM2000 Led (Leica Microsys-
tems, Wetzlar, Germany) equipped with an ICC50HD camera (Leica
Microsystems) for microphotography.

Fig. 3. 3D-printed sample-holder. (A) 3D-printed sample-holder components. (B)
Sample-holder loaded with one embedding cassette and provided with the mag-
netic bar.

2.6.3. Collagen quantitative analysis

The evaluation of the total collagen content in treated speci-
mens was performed by S1000/S2000 Sircol Assay (Biocolor, Ltd,
Carrickfergus, UK), a colorimetric dye-binding method suitable for
the quantification of soluble and insoluble collagen. In accordance
with the protocol provided by the manufacturer, 20 mg of each
specimen were digested in acetic acid (0.5 M in 0.1 mg/ml pepsin)
at 4 °C overnight for soluble collagen extraction. The digestion
was blocked by adding Acid Neutralizing Reagent (TRIS-HCI and
NaOH). For insoluble collagen extraction, specimens were then in-
cubated with Fragmentation Reagent (diluted acetic acid, antimi-
crobial agents and surfactants) at 65 °C in a temperature controlled
water-bath for 2 h. Successively, Sircol Dye Reagent (Sirius Red in
picric acid) was added to each specimen extract and incubated for
30 min on a shaker to allow the formation of a collagen-dye com-
plex precipitate. All specimens were then centrifuged, drained and
washed with Acid-Salt Wash Reagent (ice-cold acetic acid, sodium
chloride and surfactants) to remove unbound dye. Collagen-dye
complexes were finally dissolved in Alkali Reagent (0.5 M sodium
hydroxide) on a vortex to allow the release of Sircol dye from the
complexes before proceeding with absorbance reading. Each spec-
imen was transferred to individual wells of a 96-well plate. The
absorbance was read in an ELx800 Absorbance Microplate Reader
(BioTek Instruments, Winooski, VT, USA) and analyzed with Mi-
crosoft Excel (Microsoft Corp, Redmond, WA, USA) to generate the
calibration curve and calculate the final concentration of total col-
lagen for each absorbance reading.

2.6.4. Statistical analysis

Statistical analysis was performed using GraphPad Prism ver-
sion 5.00 for Windows (GraphPad Software, San Diego, CA, USA).
Measurements were performed in triplicate for each sample
(n = 4) and data were expressed as the mean + standard error
of the mean and analyzed using Kruskal-Wallis nonparametric test.
A value of p < 0.05 was used to identify any statistically significant
differences.

3. Results
3.1. In-house tests

The correct coupling and ease of assembling of the components
of the sample-holder prototype were confirmed (Fig. 3A), along
with the suitability of both the frames to house the embedding
cassettes and the base to accommodate the magnetic bar (Fig. 3B).
Tests performed with the assembled device put within a beaker,
filled with distilled water and placed on a magnetic stirrer showed
that the sample-holder starts to rotate when a rotational veloc-
ity of 50 rpm is imposed, and continues to rotate stably up to
160 rpm, with its rotating axis centered with the beaker and no
component detachment. For higher rotational velocity values, the
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Fig. 4. Computational velocity magnitude (A) and static pressure (B) distributions at the end of the third revolution imposing sample-holder rotational velocity values of 50,

100 and 150 rpm.

sample-holder starts to fluctuate unstably within the beaker (see
Supplementary Movie 1). This test confirmed the sample-holder
prototype performance and the ease of use with conventional labo-
ratory equipment. The 3D printing procedure took a global working
time of about 12 h.

3.2. CFD analysis

For all the simulated rotational velocities, the animations of
the velocity magnitude and static pressure distributions within the
beaker showed that the initial transient lasts less than one revo-
lution of the sample-holder (see Supplementary Movie 2). In de-
tail, the contour maps of the fluid velocity magnitude distribution
within the beaker at the three simulated rotational velocities (50,
100, and 150 rpm) highlighted that, as the rotational velocity in-
creases, the fluid velocity through the specimens increases as well,
maintaining similar relative spatial distributions (Fig. 4A). Concern-
ing the static pressure contour maps, it emerged that increasing
the rotational velocity, the static pressure within each specimen
increases, presenting a not uniform distribution within the spec-
imens (Fig. 4B). This interestingly suggested a “penetration pro-
file” for the decellularizing solution from the rear side of the spec-
imens which increases radially almost linearly starting from the
center of rotation, with higher static pressure values in the distal
parts of the specimens than in the proximal ones (Fig. 4B). Viscous
shear stresses (Fig. 5A) and TSSmax (Fig. 5B) within the specimens
presented similar distributions as the static pressure, with viscous
shear stress values at least two orders of magnitude smaller than
TSSmax values.

3.3. Exploratory biological tests

Exploratory biological tests were performed on human skin
samples treated under different conditions for evaluating the

sample-holder performance for agitation-based decellularization.
Recapitulating, all specimens were enclosed in embedding cas-
settes and treated under agitation (150 rpm). The FFC group con-
sisted of cassettes immersed directly in the decellularizing solution
within the beaker, free to float in agitation, and treated for 24 or
36 h. The SHC group was composed of cassettes inserted in the
sample-holder within the beaker and kept that way for the en-
tire duration of the decellularization process (24 h). Inspired by
the CFD outcomes, the RSHC group comprised cassettes inserted
in the sample-holder within the beaker and, after 12 h, rotated
with their frames by 180° around their longitudinal axis, for a to-
tal treatment duration of 24 h. Specimens of SHC and RSHC groups
became thoroughly white after 24 h, while FFC specimens needed
36 h. Decellularization effectiveness in terms of presence of cell
nuclei and tissue architecture preservation was assessed by Hema-
toxylin and Eosin staining and compared with native skin (Fig. 6A).
After 24 h of treatment, cell nuclei were still observable in the in-
ner dermis of FFC specimens (Fig. 6B), and additional 12 h of treat-
ment were necessary to achieve their thorough decellularization
(Fig. 6D). Differently, the absence of epidermal stratified epithe-
lium and dermal cell nuclei resulted evident in specimens treated
using the sample-holder already after 24 h of treatment (Fig. 6C
RSHC group, and Figs. 6E and 6F SHC group). Comparing com-
pletely decellularized specimens, although only slight differences
emerged from a macroscopic examination, the histological analy-
sis highlighted a better preserved tissue architecture in specimens
treated using the sample-holder (Figs. 6C, 6E, and 6F) than in FFC
specimens (Fig. 6D). Notably, in SHC specimens the part distal to
the sample-holder shaft (Fig. 6F), exposed to higher static pressure
and shear stress values, presented a less preserved tissue architec-
ture with respect to the proximal one (Fig. GE).

To evaluate the effects of the decellularization procedure on the
retention and distribution of collagen in treated specimens, the
Masson’s trichrome staining and the quantitative dye-binding assay
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Fig. 6. Representative images of hematoxylin and eosin staining of native skin (A) and treated specimens (B-F) for the evaluation of the effectiveness of the decellularization
procedure and tissue architecture after 24 h (B, C, E, and F) or 36 h (D) of treatment. After 24 h of decellularization treatment, inner dermal cells were still visible in
FFC specimens (B), while RSHC specimens (C) and the proximal (E) and distal (F) parts of the SHC specimens resulted thoroughly acellular and well preserved in their
architecture. Specimens decellularized using the sample-holder (C, E, and F) showed a better preserved organization of the dermal connective tissue than FFC specimens (D).

A-C scale bar = 50 um; D-F scale bar = 100 pxm.

were performed. Histological analysis showed collagen retention in Although the quantitative dye-binding assay highlighted that FFC
both FFC specimens treated for 36 h and in SHC and RSHC groups specimens retained higher amounts of collagen than RSHC and SHC
treated for 24 h (Fig. 7). However, the collagen network in RSHC specimens (14.09 + 2.05 vs 12.22 + 193 vs 10.22 + 1.29 ug/mg
specimens (Fig. 7B) was observed to be slightly better preserved dry tissue, respectively, Fig. 8), the observed difference was not sig-
than the network of the distal parts of the SHC group (Fig. 7D). nificant (p = 0.36).
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Fig. 7. Representative images of Masson’s trichrome staining for the evaluation of
collagen presence and distribution after 36 h (A) or 24 h (B-D) of treatment. Col-
lagen fibers (blue color) were retained in FFC specimens (A), RSHC specimens (B),
and in the proximal (C) and distal (D) parts of SHC specimens. However, in SHC
specimens an uneven preservation of collagen network emerged, as testified by the
darker blue color in the proximal half (C) of SHC specimens with respect to the
distal one (D). Scale bar = 50 pm.
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Fig. 8. Quantification of collagen by specific dye-binding assay. No statistically sig-
nificant difference emerged from the comparison of FFC, RSHC and SHC specimens.

4. Discussion

In native tissues, ECM is a crucial and active modulator of cell
behavior. Its biological and physical signals and complex 3D ul-
trastructure form together a dynamic environment that regulates
the survival, proliferation, migration, and differentiation of resident
cells [37]. Because of the challenges associated with preparing syn-
thetic materials recapitulating the entirety of ECM extrinsic signals,
significant efforts have been dedicated to develop efficient and re-
liable methods for extracting the native ECM from biological tis-
sues without adversely affecting its biochemical and biomechanical
properties [9]. In particular, a number of decellularization proce-
dures based on chemical, enzymatic and/or physical methods have
been proposed with the ultimate goal of removing all the antigenic
epitopes associated with cell membranes and intracellular compo-
nents, while preserving ECM composition and architecture [38,39].

Decellularized ECM has been successfully adopted as biologi-
cal scaffold to regenerate several tissues and organs, and recently
interest is increasing for human tissue grafts obtained by repop-
ulating decellularized scaffolds with patient’s own cells or hu-
man pluripotent stem cells [9,14,39-42]. In the perspective of clin-
ical applications, it becomes essential to translate highly special-
ized protocols to reproducible and scalable bio-processes [43]. In

this effort towards process standardization, we developed a low-
cost scalable sample-holder for agitation-based decellularization,
designed for treating multiple specimens simultaneously and for
increasing the homogeneity, reproducibility, and efficiency of the
decellularization process with respect to conventional agitation-
based approaches. The sample-holder was designed, 3D-printed,
and characterized adopting advanced engineering methods and
computational and experimental approaches. The use of the CAD
software streamlined the design phase and allowed modifying and
scaling easily the final geometry, and the adopted 3D printing tech-
nology enabled to produce the device in-house, providing strict
design-to-prototype timing, customization flexibility, and time and
cost effective rapid-prototyping. Preliminary tests performed in-
house demonstrated the ease of assembling of the sample-holder
prototype components, and the ease of use and correct operational
functioning of the device with conventional lab equipment. In de-
tail, the sample-holder, loaded with the specimens and immersed
in the decellularizing solution within a beaker placed on a mag-
netic stirrer, can rotate stably for rotational velocity values ranging
from 50 to 160 rpm (Supplementary Movie 1), allowing to be used
in several operating conditions. Moreover, its modular structure
permits to treat up to four specimens simultaneously while man-
aging each specimen independently. The customizable and scal-
able design makes the sample-holder versatile and suitable to be
adapted to specimens of different types and sizes.

The CFD approach was a valuable tool not only for provid-
ing a comprehensive analysis/identification of the physical phe-
nomena establishing within the beaker in presence of the sample-
holder in agitation, but also for supporting the sample-holder de-
sign, allowing to go beyond the common time and cost consum-
ing experimental trial-and-error approach [44-48]. CFD simulations
were carried out imposing three rotational velocities (50, 100, and
150 rpm). As expected, when the imposed rotational velocity was
increased, the fluid velocity, the static pressure, and the viscous
and turbulent shear stress values through the specimens increased
as well (Figs. 4 and 5). CFD simulations showed that increasing the
imparted rotational velocity the front and rear sides and the prox-
imal and distal parts of each specimen are exposed to markedly
different values of static pressure and shear stress (Figs. 4 and 5).
This suggests that the decellularizing solution is characterized by
a “penetration profile” that increases radially within the specimens
and could exert a not uniform mechanical action on them, lead-
ing to inhomogeneous decellularization treatment. Moreover, high
static pressure and shear stress values can promote and speed up
the decellularization process, but at the same time they could af-
fect the architecture of the tissue. These observations inspired the
design of the bidirectionally hookable frames, whose appropriate
cyclic rotation exposes all parts of the specimens to the same flow
fields along the treatment, ultimately increasing the process homo-
geneity.

This was confirmed by the exploratory biological tests carried
out to assess the performance of the sample-holder in terms of
decellularization effectiveness. In detail, human skin specimens
were enclosed in embedding cassettes to protect them, and then
they were treated under agitation in different conditions. A rota-
tional velocity of 150 rpm was imposed for all experiments, in-
spired by in-house tests and computational outcomes. Above all,
the use of the sample-holder allowed reducing the treatment du-
ration, indeed RSHC and SHC groups reached a complete decellu-
larization already after 24 h (Figs. 6C, 6E and 6F), while the FFC
group needed 36 h (Fig. 6D). The better preserved tissue archi-
tecture observed in RSHC (Fig. 6C) and SHC specimens (Figs. 6E
and 6F) compared to decellularized FFC specimens (Fig. 6D) con-
firms that the use of the sample-holder, by reducing the treatment
duration, improves the preservation of the ECM architecture. As
concerns the retained collagen content, all groups showed colla-
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gen retention (Fig. 7), with no statistically significant differences
(Fig. 8). Noteworthy, observing the SHC specimens, the parts dis-
tal to the sample-holder shaft were characterized by less preserved
tissue architecture (Fig. 6F) and collagen network (Fig. 7D) with re-
spect to the proximal ones (Fig. 6E and Fig. 7C, respectively). This
result, combined with the computational outcomes, indicates that
the higher static pressure and TSSmax values experienced by the
distal parts of the specimens compared to the proximal parts over-
all cause an inhomogeneous treatment of the specimens, which
can be avoided rotating the frames cyclically.

The biological findings, in accordance with the CFD analysis,
demonstrated that the use of the sample-holder exposes the spec-
imens to defined convective flow, which promotes the transport
of the decellularizing solution through them, leading to faster and
more reproducible decellularization processes. Moreover, the cyclic
rotation of the frames increases the treatment homogeneity, and
consequently the decellularization quality.

Some limitations could affect this study. For cleaning procedure,
the here adopted 3D printing material is not autoclavable, however
the sample-holder is at a prototypal stage and in the future dif-
ferent manufacturing technologies and materials will be accounted
for large-scale production, taking into account both the biocompat-
ibility and the manufacturing process requirements [49,50]. Con-
cerning the CFD analysis, several assumptions were made. Speci-
mens were assumed as rigid bodies, while in reality they are soft
and easily deformable tissues. However, being enclosed in embed-
ding cassettes, the latter served as structural and protecting sup-
port reducing the specimen deformation. Moreover, as concerns
the porous medium parameters adopted, values typical of rigid
scaffolds were assumed since we couldn’t find in literature data
on viscous and inertial resistance coefficients for human skin tis-
sue. In addition, it should be considered that, along the decellu-
larization process, the permeability of the specimens should in-
crease. In order to overcome these limitations, future studies will
account for permeability values calculated experimentally for the
specific treated tissues at different time points during the process
[51,52]. Lastly, although the adopted RNG k-¢ turbulence modeling
is tailored for isotropic turbulence, it allowed reducing the com-
putational effort and was sufficiently accurate for describing flows
involving rotation and high strain rates [53]. In the future, the
computational approach could be integrated with an advection-
diffusion-reaction model for characterizing in-depth the decellular-
izing agent transport through the specimens.

In conclusion, the sample-holder prototype met the defined de-
sign requirements of ease of use, versatility, and low-cost manufac-
turing, and ultimately allowed improving efficiency, reproducibil-
ity, and homogeneity of the decellularization process with respect
to conventional agitation-based approaches. Being scalable and de-
signed for transport-based processes, the proposed device could be
used also for tissue fixation, scaffold functionalization or scaffold
drug loading, supporting widespread accessibility and use in re-
search, industry, and clinics.
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