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SUMMARY

Skeletal muscle tissue exhibits a high degree of plasticity due to their muscle stem
cells, which are indispensable for muscle fiber repair, and the unique architecture of their
mitochondria, which provide the energy for muscle fiber function, maintenance, and
regeneration. In response to injury, quiescent muscle stem cells (MuSCs) undergo
myogenesis to activate, differentiate, and fuse into the muscle fiber as new myonuclei that
regulate myofiber repair. To meet the high energy demands of muscle regeneration, MuSCs
increase in mitochondrial content through the various phases of myogenesis. However,
when muscle mitochondria become dysfunctional, such as in peripheral artery disease
(PAD) and Duchenne muscular dystrophy (DMD), MuSCs are debilitated and myofiber
mitochondria remain defective, resulting in mitochondrial myopathy. Despite the
characterization of mitochondrial dysfunction in these two disease models, the relationship
between MuSC mitochondria and the bioenergetic function of the myofiber has not been
investigated. To address this, the overarching objective of this thesis was to explore the
role of MuSCs in remodeling the mitochondrial network and function of the myofiber in
mitochondrial myopathies. We first correlated the MuSC response with the stages of
mitochondrial network remodeling following a murine hindlimb ischemia (HLI) model of
PAD and discovered that MuSC-derived myonuclei drive mitochondrial biogenesis. As
direct evidence of MuSC-mediated remodeling of mitochondria, we then revealed that
mitochondrial dysfunction in the MuSC vyields deficient bioenergetic function of the
dystrophic myofiber, which can be rescued by transplantation of MuSCs with healthy

mitochondria. We tested this further in ischemic muscle after aging, which exacerbated the

XVil



mitochondrial dysfunction, and again observed significant improvements in bioenergetic
function following transplantation of healthy MuSCs. Overall, this thesis established that
MuSC mitochondria play a consequential role on myofiber bioenergetic function,
identified a source of mitochondrial dysfunction in dystrophic muscle, developed a model
of age-associated PAD, and provided a conceptual framework for MuSC transplantation as

a therapeutic approach for mitochondrial myopathies.
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CHAPTER 1. INTRODUCTION

1.1 Motivation

Skeletal muscle is one of the largest organs in the body and exhibits a high degree
of plasticity that allows it to adapt to various stressors, diseases, or injuries. This plasticity
arises from the shared volume of various niche components within the skeletal muscle that
provides robust cell-cell signaling and modulation of the tissue. The crosstalk between
myofibers, muscle stem cells that repair damaged myofibers, motor neurons that innervate
myofibers, and the vasculature that provides oxygen and nutrients for myofiber function is
critical to skeletal muscle homeostasis. Moreover, the mitochondria within these niche
components, particularly within the myofiber, present a unique, striated morphology
different than any other cell type and are vital for providing the energy required to maintain
skeletal muscle functions and regeneration upon injury. However, in some disease models
where the mitochondria are debilitated, the organized network of myofiber mitochondria
becomes disordered, crosstalk between the skeletal muscle niche components is disrupted,
and myofiber regeneration is significantly debilitated, underscoring the importance of
skeletal muscle mitochondria. Although the accumulation of mitochondrial dysfunction in
injury or disease has been shown to impair skeletal muscle regeneration, herein referred to
as mitochondrial myopathy, the role of muscle stem cell mitochondria on myofiber
regeneration has not been thoroughly studied. In fact, in two common mitochondrial
myopathies, peripheral artery disease (PAD) where there is an occlusion of a blood vessel
in the extremities resulting in ischemia-induced myofiber atrophy and Duchenne muscular

dystrophy (DMD) where a mutation in the dystrophin gene destabilizes the myofiber



membrane to invoke myofiber degeneration, several niche components of the muscle are
also impaired. Though there is currently no cure for either of these disease models, their
muscle stem cells and mitochondria have recently been explored as therapeutic targets to
enhance regeneration of the skeletal muscle tissues and restore the function of the

mitochondria upon onset of the disease.

To this end, the overarching objective of this dissertation is to explore the role of
muscle stem cells in remodeling the mitochondrial network and the function of
mitochondrial myopathies. We hypothesized that in these mitochondrial myopathies,
namely peripheral artery disease and Duchenne muscular dystrophy, muscle stem cells and
muscle stem cell-derived myonuclei of the myofiber play critical roles in restoring the
mitochondrial reticula and bioenergetic function of the pathological skeletal muscle. We

tested this hypothesis through three different specific aims.

1.2 Specific Aims

Specific Aim 1: Correlate the temporal response of the muscle stem cell to remodeling of
the mitochondrial network in ischemic myofibers. The primary objective of this aim was to
identify the temporal muscle stem cell response to blood vessel occlusion and correlate it
to remodeling of the myofiber’s mitochondrial network. We hypothesized significant
MuSC-mediated alterations to the myonuclear number, mitochondrial content, and
bioenergetic function of the myofiber during muscle regeneration in a surgical hindlimb
ischemia (HLI) model of PAD. To visualize recovery of the myofiber at various timepoints

up to 56 days following ischemic injury, we quantified myonuclei in isolated single fibers



and used multiple transgenic reporter mice for MuSCs (Pax7-tdTomato) and mitochondria
(mitoDendra2). Biochemical analyses, such as mtDNA copy number, and functional
mitochondrial assays, such as ATP production, O» consumption rate, and H2O> generation,
were also performed to determine changes in mitochondrial content and bioenergetics. We
also tested alterations to MuSC niche components of the skeletal muscle, such as the
vasculature and neuromuscular junction. Revascularization following HLI was assessed
through laser Doppler perfusion imaging and another transgenic reporter mouse model

(Thy1-YFP) was utilized to characterize the reorganization of the motor neuron.

Specific Aim 2: Demonstrate that transplanted muscle stem cells remodel the mitochondria
of dystrophic host skeletal muscle. The primary objectives of this aim were to assess the
relationship between endogenous dystrophic muscle stem cell mitochondria and myofiber
mitochondria, and to test whether muscle stem cell transplantation can enhance the
bioenergetic function of the dystrophic myofiber. We hypothesized that dystrophic muscle
stem cells, derived from the mdx mouse model of Duchenne muscular dystrophy, harbor
defective mitochondria that propagate to the myofiber through myogenesis, but
transplantation of muscle stem cells with healthy mitochondria to mdx muscle can improve
the bioenergetic function of the dystrophic myofiber. We first performed extensive
characterization of muscle stem cell mitochondrial content, gene expression, and function
at various stages of myogenesis using FACS-purified muscle stem cells from
mdx/mitoDendra2 muscles. We then ectopically transplanted healthy muscle stem cells to
visualize the mitochondrial network and quantify the bioenergetic function of engrafted

dystrophic myofibers. To establish the causal relationship between transplanted muscle



stem cell mitochondria and bioenergetic function of the engrafted myofiber, we also
transplanted muscle stem cells with dysfunctional mitochondria into mdx muscle as a loss-

of-function experiment.

Specific Aim 3: Investigate mitochondrial remodeling following muscle stem cell
transplantation into aged ischemic skeletal muscle. Because PAD is an age-associated
disease, the primary objectives of this aim were to identify age-dependent changes of the
muscle stem cell response and mitochondrial remodeling to ischemic injury, and to rescue
the age-related decline in muscle regenerative capacity and bioenergetic function with
muscle stem cell transplantation. Due to the muscle stem cell exhaustion observed in age,
we hypothesized that aged mice exhibit attenuated myonuclear accretion and mitochondrial
function following HLI, which can be improved through the transplantation of healthy
muscle stem cells. We quantified age-related changes in myonuclear number and
mitochondrial content/morphology by isolating and imaging single myofibers from
ischemic mitoDendra2 muscles. Mitochondrial function and gene expression were also
tested in young and aged ischemic muscles through respirometers and quantitative
polymerase chain reaction (QPCR). To assess age-dependent changes to other skeletal
muscle components, we performed laser Doppler perfusion imaging for revascularization
kinetics and employed the Thyl-YFP transgenic mouse model to investigate alterations to
the neuromuscular junction. Finally, after transplantation of healthy muscle stem cells to
aged ischemic muscle, we investigated changes to the mitochondrial network through
imaging, mitochondrial function with a respirometer, and mitochondrial gene expression

through qPCR.



1.3 Significance

Aim 1 was performed to inform the regeneration kinetics of skeletal muscle
components following hindlimb ischemia, particularly of the relationship between the
muscle stem cell and the myofiber’s mitochondrial network to demonstrate muscle stem
cell-driven modulation of the mitochondria. Because muscle stem cell transplantation has
been investigated to improve muscle regeneration, we then tested the ability of exogenous
muscle stem cells to remodel the host mitochondria and enhance bioenergetic function in
a less severe, dystrophic mitochondrial myopathy that models DMD in Aim 2. Once we
provided evidence that transplanted muscle stem cells can transfer their mitochondria into
dystrophic myofibers through myogenic fusion in order to improve bioenergetic function,
we then utilized this muscle stem cell transplantation technique to revitalize skeletal muscle
regeneration and mitochondrial function in an aged hindlimb ischemia mouse model,
which resembled a similar pathological manifestation to severe human PAD. Taken
together, the outcomes and knowledge gained from this project highlight the role of muscle
stem cells on moderating the mitochondrial network and provide insight into the
capabilities of muscle stem cell transplantation. These findings serve as a basis to further
develop multi-scale muscle stem cell-based therapies for complex mitochondrial

myopathies.



CHAPTER 2. BACKGROUND AND LITERATURE REVIEW

2.1 Skeletal Muscle, Stem Cells, and Mitochondria

2.1.1 Skeletal Muscle Physiology

2.1.1.1 Functions of Skeletal Muscle

Skeletal muscles are one of the largest organs of the body by mass (40% of total
body weight), and therefore requires many of the resources and nutrients within the body
(30-50% of whole-body protein turnover). Although skeletal muscles are composed mostly
of water (75%), 20% of muscle mass is constituted by structural, contractile, and regulatory
proteins while the remaining 5% includes fat, minerals, and carbohydrates. Moreover,
skeletal muscle is highly complex due to numerous cell types that make up the muscle that
must all interact with each other to maintain skeletal muscle homeostasis, but this
complexity also gives rise to the high degree of muscle plasticity. Myofibers, muscle stem
cells, endothelial cells that make up the vasculature, pericytes surrounding the blood
vessels, fibro-adipogenic progenitor cells, motor neurons, Schwann cells that direct motor
neurons, and immune cells like macrophages, neutrophils, and leukocytes are some of the
cells that find a home in skeletal muscle. Even mitochondria, which were once their own
cells prior to the evolutionary endosymbiosis into eukaryotic cells, play vital roles in the
communication between these skeletal muscle cells. This shared volume allows close cell-
cell signaling among these various cell types and can provide compensatory mechanisms

for the overall tissue to adapt to stress. However, when stress or injury overwhelms one of



these components and results in aberrant cellular responses, cell-cell interactions become

debilitated, the entire “home” collapses, and skeletal muscle functions are impaired.

Traditionally, the primary functions of skeletal muscle are to provide movement
(locomotion), maintain posture, and protect/support vital organs within various parts of the
body, all accomplished by converting chemical energy (in the form of ATP produced by
mitochondria) into mechanical energy. However, skeletal muscle is involved in several
other functions too. For example, not only does skeletal muscle generate energy for these
classical functions, but it can also store this energy long-term through glycogen synthesis,
after which glycogen can be consumed for energy production during high intensity
exercisel?. Interestingly, this is achieved by the uptake of glucose from the blood and then
conversion from glucose into glycogen in the muscle, allowing muscle to store this energy
metabolite as well as regulate blood glucose levels, thereby demonstrating a link between
skeletal muscle and the vasculature®*. Along with skeletal muscle’s ability to regulate
biochemical energy, it can also control thermal energy by producing heat for the
maintenance of core temperature. Furthermore, in terms of storage, muscles can act as a
reservoir for amino acids that can be transported to other tissues like the skin, brain, and
heart for the synthesis of organ-specific proteins®”’. Additionally, recent findings have now
established skeletal muscle’s role as an endocrine organ due to the release of myokines
(muscle-derived cytokines) that can exert paracrine and endocrine signalling to other
organs®®, or even autocrine effects that allow muscle to maintain the metabolic homeostasis
of lipids and proteins®®. The list of myokines produced in muscle is ever-growing, but
includes signalling factors such as PGC-1a (peroxisome-proliferator activated receptor y

coactivator 1a), BDNF (brain-derived neurotrophic factor), VEGF (vascular endothelial



growth factor), FGF21 (fibroblast growth factor 21), IL-6 (interleukin-6), and many
more!t® Together, the complexity and numerous functions of skeletal muscle highlight

the importance of this organ in maintaining healthy body physiology and homeostasis.

2.1.1.2 Myofibers

In order the conduct the skeletal muscle’s primary function of locomotion,
individual myofibers within the muscle contract and relax to shorten or lengthen the entire
muscle that is connected to different skeletal bones at each end with a tendon.
Anatomically, each muscle is comprised of thousands of myofibers that are wrapped
together with a connective tissue sheath (perimysium) into fiber bundles called fascicles®.
Contraction of these individual myofibers is controlled by myofilaments assembled
together in an orderly and characteristic arrangement (giving muscles a striated pattern)
and occurs within the sarcomere, which is the fundamental contractile unit of myofibers.
The two most abundant myofilaments are actin filaments and myosin heads, which bind
together and result in a conformational change in the myosin heads for the energy-
demanding myofiber contraction upon calcium ion release from the sarcoplasmic
reticulum. In order to unbind, ATP must be produced and bound to this complex to release
the myosin head from the actin filament, signifying the high energy requirements for this
binding/unbinding cycle (called the cross-bridge cycle)!’. The synthesis of these actin and
myosin proteins, as well as several thousand other contractile, structural, and regulatory

proteins are dictated by nearby myonuclei within the myofiber.

Skeletal myofibers are post-mitotic and multinucleated, so myofibers cannot

undergo cell division and, instead, form syncytia of many nuclei that each regulate a



discrete volume of myofiber surrounding it. While this feature remains consistent across
all myofibers, muscle fibers also exhibit a high degree of variability and heterogeneity
within the muscle. Myofibers can range in diameter from 20 pum to over 100 um, which
has been shown to be inversely related to the oxidative capacity of the fiber type,
distinguished by the various isoforms of myosin heavy chain (MHC)!®. There are slow-
twitch myofibers that rely on oxidative metabolism for fatigue resistance, but tend to be
smaller in width and generate low contractile force. Conversely, fast-twitch myofibers
utilize glycolytic metabolism, which makes these fibers susceptible to fatigue, but allows
for increased force generation per contraction. Typically, postural muscles like the soleus
are composed of primarily slow-twitch fibers while phasic muscles like the extensor
digitorum longus (EDL) contain mostly fast-twitch muscles. Other muscles, like the tibialis
anterior (TA) have a mixture of both fiber types, with slow-twitch myofibers towards the
periphery of the muscle and fast-twitch myofibers deeper within the muscle!®. There are
several underlying mechanisms that determine the type of a myofiber, and evidence shows
that the fiber type of a myofiber can switch under various stressors like exercise?’. Some
of these key contributors include metabolic activity of the myofiber and the type of motor

neuron that innervates the myofiber.

2.1.1.3 Motor Neurons

In order for myofibers to contract, they require innervation from a motor neuron
that can induce excitation-contraction initiated at the neuromuscular junction (NMJ). In
fact, a decline in innervation and loss of excitation-contraction coupling are known causes
of muscle degeneration?!. During excitation-contraction, an action potential is transmitted

through the motor neuron and its axon terminal releases the neurotransmitter acetylcholine



(ACh) at the NMJ. The acetylcholine receptors (AChR) on the post-synaptic endplate on
the myofiber bind to the ACh from the motor neuron to depolarize voltage-gated calcium
ion (Ca?") channels of the T-tubules in the myofiber, which in turn triggers the release of
Ca2* from the sarcoplasmic reticulum. Ca2?* ions can then bind to troponin, causing a
conformational change that allows it to move tropomyosin away from the myosin-binding

sites on actin so that the cross-bridge between actin and myosin can form for contraction.

There are two major regions of the NMJ that are critical for excitation-contraction
coupling: the pre-synaptic motor neuron and the post-synaptic endplate. The pre-synaptic
motor neuron is guided to the NMJ by terminal Schwann cells, which can be identified by
the canonical marker S1008%2. At the NMJ, axon terminals release ACh in synaptic
vesicles. These vesicles are produced in the cell body and contain vacuolar-type H* pumps
that use ATP to move protons into the vesicle. Neurotransmitter transport proteins
exchange the protons for ACh, and the v-SNARESs on the vesicle bind to t-SNARES on the
axon terminal to bind the vesicle to the membrane and prepare for release?. After release,
the vesicle is transported back to the cell body to be reloaded with more ACh?,
Importantly, these processes involved with neurotransmitter release, as well as
maintenance of the motor neuron’s membrane potential, require high amounts of energy.
Accordingly, motor neurons and their axon terminals contain high densities of
mitochondria to meet these energy demands?, though the mitochondrial content varies
depending on the type of motor unit. Type | motor units utilize oxidative metabolism to
generate energy while type Il motor units use glycolytic metabolism, and both types have
been shown to influence the myofiber type that they innervate by directing the metabolic

machinery and expression of protein isoforms of the myofiber?®. However, bidirectional
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communication between myofibers and motor neurons has recently been emphasized as an
important interaction for the maintenance of the neuromuscular system, particularly

through retrograde signalling pathways from the myofiber to the motor neuron?"28,

On the post-synaptic side of the NMJ on the myofiber, the endplate contains a
massive concentration of AChR grouped together in a pretzel-like morphology. Because
each myofiber only has one NMJ, it is critical for the pre-synaptic axon terminal to overlap
efficiently with the post-synaptic endplate for excitation-contraction to occur®®. However,
if the post-synaptic NMJ degenerates, the overlap between the axon terminal and endplate
is lost and the post-synaptic receptors become fragmented rather than displaying a
convoluted, pretzel-like shape. During post-synaptic endplate regeneration, driven and
regulated by subsynaptic nuclei located on the myofiber just beneath the AChR, the
receptors exhibit a more donut-shaped morphology, typically with an elongated oval
invagination®’. These subsynaptic nuclei are crucial for repairing the post-synaptic NMJ
by controlling the expression of important neurotrophic factors such as agrin, various

neuregulins, Wnt ligands, and more to facilitate the formation of a regenerating NMJ31-%,

2.1.1.4 Vasculature

Located in close proximity to motor neurons due to neurovascular congruency**,
blood vessels are another imperative component to skeletal muscle physiology. The
vasculature of skeletal muscle comes from primary arteries that branch into smaller
arterioles and capillaries that course parallel to motor neurons and myofibers in order to
supply the oxygen and nutrients required for cellular and mitochondrial function®.

Although skeletal muscles as a whole account for approximately 25% of the total cardiac
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output to meet basal metabolic needs, the capillary density within the muscle varies
dramatically based upon fiber type. Because of the greater oxygen needs in slow-twitch,
oxidative myofibers compared to fast-twitch, glycolytic myofibers, oxidative myofibers
contain a greater capillary density and number of interconnections between adjacent

capillaries to cater to the increased metabolic requirements®’.

Not only is the vasculature required for skeletal muscle homeostasis, but healthy
muscles also provide biomechanical and biochemical support for endothelial cell-driven
capillary growth, sprouting, and angiogenesis®®. For example, B1 integrin, a type of cell
adhesion molecule found in skeletal muscle, is necessary for endothelial cell differentiation
and capillary tube formation, and loss of these integrins resulted in impairments of
angiogenesis®>“L. Similarly, laminin, a structural protein that constitutes the myofiber
membrane, directly impacts endothelial cell morphology, differentiation, and migration
during neovascularization*>*3, From a biochemical standpoint, skeletal muscle expresses
vascular endothelial growth factor (VEGF), a potent inducer of angiogenesis that
stimulates endothelial cell migration, proliferation, and differentiation into vessel
structures, further exemplifying the reciprocal interactions between skeletal muscle and the

vasculature**#°,

2.1.1.5 Muscle Stem Cells

Skeletal muscle possesses a remarkable regenerative capacity and plasticity due to
the presence of endogenous resident muscle stem cells (MuSCs), also known as satellite
cells*®. These MuSCs, identified by the expression of the canonical marker, paired box

protein 7 (Pax7), reside between the basal lamina and the sarcolemma of the myofiber and
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are indispensable to muscle regeneration®®. Normally in a quiescent state under
physiological conditions (GO phase), MuSCs can rapidly enter the cell cycle upon injury
to the myofiber to initiate myogenesis for myofiber repair. Interestingly, recent evidence
has also shown that MuSCs are critical to maintenance of other skeletal muscle components
like the NMJ and vasculature*”. MuSCs are found in close proximity to and with higher
activity near the NMJ, and depletion of MuSCs disrupted regeneration of the NMJ
following a denervation injury due to diminished numbers of subsynaptic nuclei“.
Moreover, quiescent MuSCs have exhibited a propensity to localize near capillaries,
attributed to the reciprocal cross-talk between MuSCs and endothelial cells through DIll4
signaling of the Notch pathway*°. VEGF has also been heavily implicated in this cross-talk
because of the high VEGF expression of MuSCs that promotes capillary formation®®.
Reciprocally, endothelial cells exhibit high expression of a panel of growth factors (IGF-
1, HGF, FGF, PDGF, VEGF) that also maintain MuSC viability and proliferation®. Thus,
the MuSC niche is not only crucial for myofiber repair, but for growth and maintenance of

various other skeletal muscle components too.

2.1.2 Muscle Stem Cells in Skeletal Muscle Regeneration

Skeletal muscle regeneration is driven by adult myogenesis, the biological process
of repairing skeletal muscle tissue post-development, and is tightly regulated by the muscle
stem cell (MuSC) following stress or injury. Because mature myofibers are post-mitotic,
multinucleated syncytia formed by the fusion of differentiated MuSC-derived myoblasts,
MuSCs are required for myofiber formation, maintenance, and growth®?. Typically
quiescent in a homeostatic state, the MuSC enters the cell cycle and activates a set of

transcriptional factors in order to self-renew or asymmetrically differentiate following
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damage to the myofiber. Some of the MuSC progeny proliferate and self-renew to replenish
the quiescent stem cell pool for future rounds of regeneration. Meanwhile, other
populations of committed MuSC progeny (myoblasts), marked by expression of myogenic
regulatory factors like MyoD, MyoG, and Myf5°, can either form de novo myofibers to
generate new fibers, or differentiate and fuse with existing myofibers to increase the
number of myonuclei and volume of regenerating fibers. Prior to fusion into the myofiber,
differentiated MuSC progeny migrate to the site of injury driven by chemoattractants like
VEGF and bFGF, damage-associated molecular patterns controlled by Toll-like receptor-

mediated signaling, and TNFo and TGFB cytokines®>**7,

Interestingly, MuSCs exhibit significant heterogeneity based on the expression of
various transcription factors or cell surface markers that dictate the fate of the cell. For
example, relative expression of the Pax7 transcription factor determines whether a MuSC
is fated for self-renewal or myogenic differentiation. MuSCs with low Pax7 expression are
primed for myogenic commitment and display elevated metabolic activity compared to
MuSCs with high Pax7 expression®. It has been suggested that microRNAs, such as miR-
431, mediate MuSC heterogeneity by regulating the Pax7 levels within the cells during
regeneration®®, Other microRNAs like miR-1 and miR-133a have also been implicated as
mediators of MuSC heterogeneity by controlling the content and biogenesis of
mitochondria in quiescent muscle stem cells through DIk1-Dio3 gene cluster signaling,
which influences the metabolic capacity of MuSCs®. Not only do transcription factors
determine the fate of MuSCs, but cell surface markers like CD34 can also distinguish
subpopulations of MuSCs®. Indeed, MuSCs with high CD34 expression maintained

stemness properties due to FoxO inhibition while CD34-low MuSCs were primed for
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myogenic differentiation®?. Moreover, in these committed MuSCs that are fated for
myogenesis, the cells exhibit polarity of intracellular signaling proteins and cell adhesion
molecules during asymmetric division to determine the fate of each daughter cell, which
are then retained in the progeny®3°. The heterogeneity of MuSCs also extends beyond self-
renewal versus myogenic cell fates, and niche-directed MuSCs have been previously
described. A subset of MuSCs are located in close proximity to the neuromuscular junction
and assist with NMJ regeneration, and they have recently been identified by expression of
SRSF1%. Another subpopulation of MuSCs is destined to reside near the vasculature
through VEGF and Notch signaling, and can facilitate angiogenesis through interactions
with endothelial cells**®!, Because of these functional heterogeneities of MuSCs, it is
important to consider these differences in MuSC response during muscle regeneration on

a cell-to-cell basis following various modes of injury.

2.1.3 Myonuclear Domain

Several studies have indicated that muscle stem cells play a critical role in
determining the myofiber’s myonuclear domain, defined as the discrete cytoplasmic
volume surrounding each myonucleus that the nucleus transcriptionally regulates. When
myonuclear domain was first defined in 1989, it was thought to be a fixed property of
myofibers, with loss of myonuclei accompanied by myofiber atrophy and MuSC-derived
myonuclear accretion associated with hypertrophy in order to keep the myonuclear domain
constant®’®8, This concept was based on the foundation of post-natal developmental growth
of myofibers where the number of myonuclei scaled linearly with myofiber size in
uninjured EDL and diaphragm muscles from 2 to 6 weeks of age in mice, though the

myonuclear domain size becomes significantly larger at 5 months of age®®"°. Since then,
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many studies have further challenged this hypothesis through a variety of injury-induced
atrophy and exercise-induced hypertrophy models™. In a denervation model involving
transection of the peroneal nerve, investigators noted myofiber atrophy without the loss of
myonuclei, thereby decreasing the size of the myonuclear domain™. Likewise, acute
ischemia/reperfusion induced by a tourniquet led to myofiber atrophy without any changes
in myonuclear number’2. Moreover, through hindlimb suspension for 14-56 days and
subsequent mechanical unloading-induced atrophy, myonuclei were not lost in atrophied
myofibers”"®, though decreased myonuclear number was reported for long-term (90 days)
unloading’®. Importantly, however, after depletion of MuSCs in a Pax7-DTA transgenic
mouse model, the lack of muscle stem cell-mediated myonuclear accretion during
mechanical reloading inhibited myofiber regrowth despite the conserved myonuclear
number during atrophy, indicating that the MuSC plays a significant role in myofiber

hypertrophy’’.

By inducing myofiber hypertrophy through both resistance training and endurance
exercise, concomitant increases in myofiber size and myonuclear number were observed’®,
Hypertrophy following testosterone supplementation in both humans and mice further
validated this relationship between increased myofiber size and myonuclear number, and
again, MuSC depletion inhibited myofiber atrophy’®®. Conversely, some reports claim
that hypertrophy can occur independent of MuSC myogenic fusion following denervation,
resistance training, and mechanical overloading, where increased myofiber sizes were
observed prior to or even in the absence of myonuclear accretion®:-83, These findings imply
that resident myonuclei also play a role in myofiber hypertrophy and can compensate for

the lack of myonuclear accretion by upregulating their own transcriptional output. The
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plasticity of the transcriptional regulation of these myonuclei can be attributed to “muscle
memory” at the cellular level, initiated by the muscle stem cell. Recent investigations
revealed that myonuclei acquired from MuSCs during exercise overload training are
retained during disuse (detraining), and these MuSC-derived myonuclei can drive myofiber
hypertrophy during a subsequent bout of exercise re-training®®. This same phenomenon
was reported by subjecting sedentary mice to anabolic steroids to induce hypertrophy,
followed by a period of inactivity, then another round of steroid injection®. The authors
suggest that epigenetic changes in the MuSC in response to exercise or steroids are
propagated to their downstream myonuclei, which allow these MuSC-derived myonuclei
to transcriptionally promote myofiber hypertrophy within their myonuclear domain upon
secondary exposure to the same stress. These reports further highlight the importance and
the role of MuSCs in regulating the myonuclei that dictate myofiber size by governing their

individual domains.

2.1.4 Nuclear-Mitochondrial Genome Communication

Within the domain that each myonucleus modulates, a critically important
component of the cytoplasm that nuclei regulate are the mitochondria. In order to maintain
and remodel the myofiber’s mitochondrial network, nuclei must express both signaling
transcription factors to promote the synthesis of new mitochondria and proteins that
constitute the structure of mitochondria. While 13 proteins of the mitochondrial electron
transport chain complexes are encoded by mtDNA, thousands of mitochondrial proteins
are nuclear-encoded and need to be imported into the mitochondria, illustrated by the
proximity of mitochondrial reticula to the nucleus®”. Not only does the nucleus direct

synthesis of proteins involved in the mitochondrial structure, but it also codes for master
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regulators of mitochondrial biogenesis and dynamics. For example, PGC-1a, PPARa,
SIRT1, FOXO3, and AMPK are all expressed in the nucleus, but act as transcription factors
that induce mitochondrial biogenesis®°, Similarly, Drp1, Opal, Mfn1, Mfn2, Fis1, and
many more are also nuclear-encoded and play crucial roles in both mitochondrial fission
and fusion dynamics®. Furthermore, several molecules and proteins have been implicated
in the crosstalk between nuclei and mitochondria. Proteins such as the prohibitin isoforms,
which have been shown to possess both a mitochondrial- and nuclear-targeting sequence
to assist in the import of mitochondrial proteins, allow the mitochondrial genome and the
nuclear genome to communicate®>®*, Since prohibitin is translocated to the mitochondria
dependent on the mitochondrial membrane potential, the protein can also inform the
nucleus about the polarity and quality of the mitochondria®. If the mitochondria are indeed
impaired, for example double-strand breaks in the mtDNA, the nucleus senses
mitochondrial RNA in the cytoplasm released by BAX and BAK in order to initiate
apoptosis and trigger an immune response®. Other proteins, such as the transcription factor
G-protein Pathway Suppressor 2 (GPS2) have further demonstrated nuclear-mitochondrial
crosstalk by promoting mitochondrial biogenesis following GPS2 translocation from the
mitochondria to the nucleus®. Small molecules such as vitamin B or even the mtDNA-
encoded signaling peptide MOTS-c have also displayed important roles in the nuclear-
mitochondrial relationship. Several different vitamins (vitamin B1, B2, B3, B5, and B8)
act as nutritional cofactors or coenzymes for TCA cycle metabolites that are directly
involved in methylation or acetylation modifications to nuclear histones®’. The mtDNA-
encoded MOTS-c inhibits the folate cycle and purine biosynthesis in the nucleus,

consequently activating the AMPK metabolic pathway®®. A more thorough understanding
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of how these proteins and molecules facilitate the communication between myonuclei and
mitochondria, and how myonuclei regulate the mitochondria within its domain, will
provide a basis for exploring the relationship between MuSCs, MuSC-derived myonuclei,

and mitochondria during skeletal muscle regeneration.

2.1.5 Mitochondrial Domain

While MuSCs (and other mononuclear cells) exhibit a distinct relationship with their
mitochondria, the post-mitotic and multinucleated myofiber displays a more unique
mitochondrial network that is organized into columns of mitochondrial reticula along the
z-line of the contractile apparatus. Each of these columnar reticula can be compared to an
electric battery, both of which generate energy from chemical reactions. Thus, the
mitochondrial network, which allows efficient exchange of energy and metabolites
between reticula, is similar to an array of batteries in series, much like those found in
electric car battery packs that provide synergistically more power than the sum of the
individual battery cells, emphasizing the importance of an organized mitochondrial
network. However, when these reticula become disorganized and overlap, the myofiber
loses its ability to generate large amounts of energy. Moreover, skeletal muscle contains
one of the highest densities of mitochondria relative to other cells in the body, and the value
of mitochondria cannot be understated. Because of their responsibility in generating the
energy required for most of life’s functions, mitochondria have even been compared to the
traditional Asian medicine concept of “chi,” or the vital life force®®. From a philosophical
standpoint, mitochondria harness and produce the energy of life itself, and with so many

of these mitochondria residing within myofibers, skeletal muscle can be observed as a key
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player in maintaining the force of life. In this vein, when skeletal muscle mitochondria

become defective, so does the ability to sustain life.

As a repair mechanism for defective mitochondria in mononuclear cells, the cells can
segregate healthy and dysfunctional mitochondria during mitosis based upon the quality of
the mtDNA in order for one daughter cell to harbor the healthy mitochondria while the
other daughter cell retains the defective mitochondria and undergoes apoptosis'®. In
contrast, because myofibers are post-mitotic, they are unable to accomplish this replication-
based mitochondrial segregation. Instead, similar to the idea of the myonuclear domain,
the mitochondria of the myofiber are compartmentalized into discrete domains centered
around their myonucleus of origin, herein referred to as the mitochondrial domain*t, These
mitochondria of the myofiber can even be further classified as either interfibrillar
mitochondria, which provide the energy for contraction, or subsarcolemmal, which provide
energy for maintaining the membrane potential and integrity'®2.  Following injury,
however, defective interfibrillar mitochondria have revealed altered networks that span
several sarcomeres, likely due to the highly dynamic nature of mitochondria regulated by
fission and fusion events to remove damaged portions of the reticulum®®. These dynamic
events are coordinated by GTPases including Drpl, OPALl, Mfnl, Mfn2, and many
others®’. To remove damaged fragments of mitochondria, fission events pinch off the
dysfunctional portion of the mitochondria to be selectively degraded and eliminated
through PINK1- and Parkin-mediated mitochondrial autophagy (mitophagy)%41%,
Alternatively, dysfunctional mitochondria can also fuse together with healthy mitochondria

to dilute the effects of the deficient mitochondria.
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If enough defective mitochondria are present, the myofiber will fail to maintain its
health and consequently degenerate, thereby activating muscle stem cells to initiate skeletal
muscle regeneration. To meet the high energy demands required for muscle regeneration,
the mitochondrial content of the MuSC changes during adult myogenesis. While quiescent
MuSCs have few active mitochondria (in order to protect the reserve stem cell pool from
oxidative stress to ensure longevity) and rely on glycolytic metabolism%1% activated
MuSCs transiently depend more on fatty acid oxidation!®®, As myogenesis progresses,
differentiated MuSCs increase their mitochondrial content and again shift their metabolism
towards oxidative phosphorylation to provide the energy for myogenic fusion'®. Through
fusion, MuSCs also deposit their newly synthesized mitochondria into the regenerating
myofiber. However, when the shift from initial glycolysis to oxidative phosphorylation is
precluded by limiting oxygen availability or dysregulating electron transport chain activity,
differentiation of MuSCs and their myogenic fusion potential are significantly reduced®*-
11 “indicating that these phases of metabolic switching are required to meet the energy

demands of myofiber formation and regeneration.

2.2 Mitochondrial Myopathies

In this section, we describe several forms of mitochondrial myopathies, which we
define as a myopathy (pathological muscle due to disease, injury, or stress) associated with
mitochondrial dysfunction within the myofiber. The most commonly described
mitochondrial myopathies are caused by mutations in mtDNA that cause deficiencies in
complex activity of the electron transport chain, such complex | deficiencies. In these
models, the etiology of the disease stems directly from mitochondrial dysfunction that leads

to impairments in muscle function. Here, however, we outline forms of mitochondrial
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myopathies where mitochondrial dysfunction is a consequence of factors other than
mtDNA-based deficiencies, such as oxidative stress or calcium overload. In these diseases,
the ensuing mitochondrial dysfunction is also chronic, similar to traditional mitochondrial
myopathies, which exacerbates the pathophysiology of the disease and subsequently

further deteriorates skeletal muscle function.

2.2.1 Sarcopenia

Sarcopenia is defined as the age-related loss of skeletal muscle mass and strength.
There are several commonly described hallmarks of aging that may result in sarcopenia,
including stem cell exhaustion, mitochondrial dysfunction, loss of proteostasis, cellular
senescence, genomic instability, epigenetic alterations, altered intercellular
communication, deregulated nutrient sensing, and telomere attrition. While this list of
potential contributions towards sarcopenia is extensive, here we will focus on stem cell
exhaustion and mitochondrial dysfunction for the purpose of this thesis. However, it is
important to note that limited protein synthesis!*2t3 diminished myokine expression',
impaired angiogenesis due to senescent endothelial cells!*>!'® and degenerated motor
neurons leading to denervation of the myofiber!’11% also play major roles in the age-

related loss of muscle mass and function.

However, one of the key factors that leads to sarcopenia is the reduced MuSC
number and function of aged skeletal muscle. Thus far, several studies have reported the
depletion of MuSCs as an effect of age due to a reduced ability to maintain muscle stem
cell quiescence and self-renew to replenish the reserve MuSC pool*?°122, This is, in part,

caused by multiple rounds of skeletal muscle regeneration over the lifetime of the
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individual, which results in a gradual decline of quiescent MuSC number, but other studies
elaborate on this depletion by indicating that aged MuSCs also shift towards a myogenic
lineage rather than self-renewal'?. This functional deficiency of aged muscle stem cells
has been attributed to quiescent MuSC senescence and apoptosisi?. As expected, when
MuSCs were genetically ablated in aged mice, skeletal muscle exhibited a more severe
impairment in myofiber regeneration compared to younger mice, likely due to decreted
myonuclear number!?>26_ Similarly, ablated MuSCs in aged muscles also exacerbated
neuromuscular degeneration and fibrotic deposition, indicating that MuSCs have profound
effects on maintaining neuromuscular health and preventing fibrosis!?>2’  but are unable
to do so in old age when MuSCs are depleted and lose function. Even without genetic
MuSC ablation, aged muscle stem cells exhibited decreased VEGF gene expression and,
consequently, reduced MuSC-mediated angiogenic stimulation that impaired aged muscle
repair'?®, Though the underlying mechanism for aged MuSC dysfunction has yet to be
identified, numerous studies have pointed towards altered Notch and Wnt signaling in
quiescent aged MuSCs and their progeny*?®1%2_ Interestingly, the effect of age on MuSC
number and dysfunction is fiber type-dependent, with type Il glycolytic myofibers losing
MuSCs with age while type | oxidative myofibers exhibited no change with age!®,

suggesting that there may be a metabolic influence on aged MuSC number and function.

In the context of metabolism, mitochondrial dysfunction has a profound effect on
tissue bioenergetics, or the ability of cells to transform oxygen and organic substrates into
usable energy in the form of ATP through respiration'*13, In fact, mitochondrial health
plays a consequential role in sarcopenia due to the elevated oxidative stress in age,

136

commonly referred to as the mitochondrial theory of aging*>°. Mitochondria can become
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dysfunctional when electrons leak from damaged complexes and react with oxygen to
create reactive oxygen species (ROS) such as superoxide, which can induce oxidative stress
that damages the mitochondrial membranes, mtDNA, or mitochondrial enzymes, as well
as a slew of other cellular components. These defects in the mitochondria can accumulate
over age, resulting in greater ROS generation and, therefore, even more mitochondrial
damage'®*37, While scavenging antioxidant enzymes, such as superoxide dismutase
(SOD), can regulate oxidative stress by converting the highly reactive superoxide into the
signaling molecule hydrogen peroxide (H20:), an imbalance between ROS and
antioxidants can overwhelm the defense system and further damage the mitochondria,
resulting in a vicious cycle of ROS production and oxidative damage. Because
mitochondria are one of the primary sources for ROS such as superoxide, hydrogen
peroxide, and hydroxyl radical, it is critical to eliminate dysfunctional mitochondria and
remodel the network to restore bioenergetic function. Though the removal of dysfunctional
mitochondria typically occurs through mitochondrial dynamics and mitophagy, these
quality control mechanisms are debilitated in age*®1%, further leading to accumulation of
mitochondrial defects and impairing the ability of myofibers to remodel their mitochondrial
network. While it has been shown that sarcopenia is associated with MuSC dysfunction,
mitochondrial damage, and oxidative stress in the myofiber!?, the relationship and
interactions between these abnormalities, particularly in conjunction with other disease

models, remain unknown.

2.2.2 Peripheral Artery Disease

2.2.2.1 Pathophysiology
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Chronic age-related diseases affect nearly half of all Americans and can lead to
hospitalization, long-term disability, reduced quality of life, and death!1142, Specifically,
cardiovascular diseases, such as age-associated peripheral artery disease, remain the
leading cause of death and disability in the United States and are anticipated to magnify

with the nation’s aging population if not effectively addressed now43144,

Peripheral artery disease (PAD) is a progressive cardiovascular disease
characterized by abnormal perfusion to the extremities due to blockage of the blood
vessels, most commonly the femoral artery or popliteal artery**®. 12% of all Americans,
but 20% of Americans over the age of 60, are affected by PAD, delineating the age-
dependent prevalence of the disease. While some cases of PAD remain asymptomatic,
many patients progress to painful intermittent claudication or to the more severe critical
limb ischemia, where blood flow is insufficient to maintain tissue viability, thereby
resulting in amputation rates reaching 50% of patients!*¢-14%, The ischemia not only leads
to reduced viability and atrophy of the myofiber'>, but also induces degeneration of other
skeletal muscle niche components like the motor neuron and neuromuscular junction due
to their reliance of oxygen and nutrients provided by the blood®?. Furthermore, PAD has
been shown to be comorbid with other cardiovascular diseases, diabetes, renal artery
stenosis, hypertension, and obesity, exacerbating the pain and poor quality of life

associated with the disease!®1%2,

Through partial stenotic blockage or full occlusive blockage of the blood vessels'*®,
PAD manifests varying degrees of ischemic injury to the skeletal muscle, where the lack
of oxygen and nutrients leads to extensive tissue damage and consequent remodeling.

Along with alterations to the vascular network, ischemia has been shown to cause
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degeneration of the myofiber and dysfunction of the mitochondria due to unregulated
oxidative stresst401°0.151153 “Interestingly, several large clinical studies in PAD patients
have demonstrated that muscle function/oxidative capacity is the strongest predictor of
morbidity/mortality®>*1%°, Previous reports have also documented evidence of skeletal
muscle myopathies in PAD patients!®:12 although the mechanistic link between
myofibers and their mitochondria in ischemic muscle is incompletely understood. Over
the past several years, there have been reports that targeting skeletal muscle metabolism
(delivery of MTP-131/elampretide — a cardiolipin targeting compound; as well as
expression of a mitochondrial-targeted catalase) can reduce/prevent muscle necrosis,
improve muscle contractile function, and enhance limb perfusion recovery in mice
subjected to hindlimb ischemia, exemplifying the clear relationship between ischemic
myofibers and the quality of their mitochondrial®*%®. Moreover, another clinical study
discovered a novel ‘mitochondrial signature’, characterized by depression of mitochondrial
gene expression and respiratory function in skeletal muscle that associated with limb
amputation in PAD patients®®®. This growing body of evidence!401%8.167-174 estaplishes the
importance of skeletal muscle mitochondria to PAD pathophysiology. In order to develop
a successful treatment for PAD, it is necessary to understand the highly orchestrated
regenerative process of the skeletal muscle components following an ischemic injury to

provide a basis for a multi-scale therapeutic regimen.

Another potential therapeutic target for PAD is the MuSC, which is required for
myofiber repair. In PAD, MuSCs have demonstrated a marked reduction in myogenic
potential, although it is not clear whether it is due to a decreased number of MuSCs or their

impaired function®®. Through chronic rounds of regeneration, as observed after ischemic

26



injury, persistent stress may exhaust the endogenous MuSC reserve pool and diminish the
regenerative capacity of the ischemic muscle!?2126.175 - Alternatively, ischemia-induced
oxidative stress, characterized by high levels of reactive oxygen species (ROS), can
oxidatively damage critical components of the MuSC required for activation and
differentiation, such as their mitochondria. Indeed, researchers have demonstrated that
ROS dramatically reduce the viability, proliferation, and differentiation of MuSCs due to
impaired mitochondrial function*’®’. Conversely, protecting the mitochondria of the
MuSC by enhancing the expression of mitochondrial protein S-nitrosation attenuates both
myofiber damage and ischemia-induced denervation by allowing the ischemic MuSC to
generate more myonuclei and subsynaptic nuclei®>!. However, the precise mechanism
through which MuSCs communicate with their mitochondria following ischemia has not
been fully investigated and further studies are required to elucidate the interactions between

MuSCs and their mitochondria during adult myogenesis in PAD.

2.2.2.2 Animals Models

Although there are numerous animal models to test the cell/tissue responses,
biomolecular mechanisms, and therapeutic interventions for PAD, none of these models
have tested the age-related effects of the disease. Preclinical models for PAD include mice,
rats, pigs, cats, dogs, rats, rabbits, and even various species of primates, though current
research is performed overwhelmingly on rodents and pigs since they most closely
resemble human vascular anatomy*’8, Because of the varying degrees of PAD in humans
(asymptomatic, intermittent claudication, critical limb ischemia), various modes of
ischemic injury have been induced in mice to represent the degree of ischemia. Some

studies have performed transient ischemia/reperfusion injuries by using a tourniquet on the
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hindlimb in order to model intermittent claudication'®17°-18 More commonly, however,
surgical hindlimb ischemia procedures have been performed to represent more severe
models of PAD. These procedures are typically referred to as subacute and acute hindlimb
ischemia, where subacute ischemia ligates the femoral artery without removal of the artery,
and acute ischemia both ligates and excises a portion of the artery'®-18’. Among variations
in procedural or surgical protocols, strains of mice also exhibit vastly different sensitivities
to ischemic injury®®. BALB/c and 12952/Sv mice both present severe grades of necrosis to
hindlimb ischemia compared to C57BL/6J mice, and this has been attributed to fewer pre-
existing collateral vessels, reduced angiogenic potential, decreased oxidative capacity, and
worse myogenic potential'®-1%2_ Another mouse model that closely resembles human PAD
is the ApoE knockout mouse that develops a form of diabetes similar to humans with Type
1 diabetes mellitus, a frequent comorbidity with PAD®319 Nonetheless, similar species-
to-species variations in the sensitivity to ischemic injury have also been observed in pigs,
rats, and dogs®®*1%’. Although the vast majority of these investigations have been
conducted on young animals rather than aged animals that represent the pathophysiology
of aging associated with PAD, these findings emphasize the importance to consider the
mode of injury, strain, and genetic background of the animal model when testing cellular

responses to PAD and therapeutic approaches.

2.2.2.3 Current Treatments and Recent Advances

While treatments are available to manage the symptoms of PAD and slow the
progression of the disease, there is currently no cure. Based on the stage of PAD, treatments
can range from physical rehabilitation, like walking/exercise programs, to medications that

prevent blood clots and lower blood pressure to invasive surgical procedures such as
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angioplasty or bypass surgery!®®. However, even with early intervention, many patients
will still progress to the more severe critical limb ischemia and require amputation®®.
Recent regenerative medicine approaches have made attempts to address the cause of PAD
non-invasively through collateral vessel formation, but have had limited success. Various
growth factor treatments using vascular endothelial growth factor, fibroblast growth factor,
hypoxia-inducible factor-la, and/or hepatocyte growth factor, as well as cell-based
therapies using delivery of bone marrow-derived mononuclear cells, peripheral blood-
derived mononuclear cells, and mesenchymal stromal cells to promote angiogenesis have
been explored with inconsistent outcomes?®®2%2, In fact, recent evidence suggests that the
ischemia-induced loss of viable muscle tissue, which acts as an indispensable matrix of
growth factors and biomechanical support, may be the cause of failure for current
revascularization techniques®#. Furthermore, research has demonstrated that similar
degrees of stenosis in the blood vessels may present diverse degrees of symptoms,
indicating that perfusion alone does not dictate the underlying progression of the disease®.
Rather, skeletal muscle degeneration and the dysfunction of its mitochondria have also
been implicated in determining the prognosis of PAD®18818 This paradox further
demonstrates the need to elucidate the skeletal muscle regeneration mechanism in complex
musculoskeletal diseases such as PAD in order to develop a multi-disciplinary approach to

treat ischemia-induced myopathy.

2.2.3 Duchenne Muscular Dystrophy

2.2.3.1 Pathophysiology
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Another progressive degenerative mitochondrial myopathy that affects 1 in 3500
newborn males is Duchenne muscular dystrophy (DMD), where there is a slow atrophy of
skeletal muscle as the child ages. Although it is currently characterized as a genetic disease
due to an X-linked recessive mutation in the dystrophin gene, DMD was originally
considered a metabolic disease?®*. Though the altered metabolism in the pathogenesis of
DMD has since been overlooked and considered a secondary phenomenon to
dystrophinopathy, numerous studies in the last few years have brought the mitochondrial

dysfunction in DMD patients back to light?0>2%,

In patients afflicted with DMD, symptoms typically appear within 3 to 5 years after
birth, leading to muscle atrophy and the need for a wheelchair or other mobility aids after
the age of 10, and mortality before the age of 30 due to respiratory failure (usually of the
diaphragm muscle)?°’2%, The etiology of the disease is based on a multitude of different
mutations in the dystrophin gene that leads to total or partial loss of dystrophin function,
with 1 in 3 new cases resulting in a novel mutation?"?1°. Considered one of the largest
known human genes (2.5 Mb and 79 different exons), dystrophin is highly prone to
different mutations?'!. Physiologically, dystrophin is a protein that connects the
cytoskeleton of the myofiber to the membrane and extracellular matrix. Without functional
dystrophin, it has been hypothesized that the myofiber membrane becomes unstable and
the ensuing sarcolemmal tears allows an influx of extracellular calcium ions (Ca?*) into the
myofiber?2, Because mitochondria are responsible for buffering intracellular Ca?* ions
through the permeability transition pore, the Ca?* overload results in uptake of the ions and,
therefore, mitochondrial swelling?32%°, The swelling of mitochondria directly leads to

damage of the mitochondrial membranes, disrupted mitochondrial membrane potential,
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and eventual loss of function?”22, As a consequence, the mitochondria then induce
activation of apoptosis and necrosis of the dystrophic myofiber?®, though the precise
mechanisms of Ca?*-induced mitochondrial dysfunction in dystrophic cells and tissues

have not yet been fully elucidated.

Some studies suggest that the altered metabolism in DMD is a result of dysregulated
oxidative stress due to the Ca?" overload of dystrophic mitochondria. While healthy
mitochondria generate a low level of reactive oxygen species (ROS) required for cell-cell
signalling pathways, the disrupted mitochondrial membranes in dystrophic tissues result in
overproduction of ROS that lead to cycles of myofiber degeneration and regeneration?162%,
Using nuclear magnetic resonance spectroscopy and mitochondrial functional analyses, the
damaged mitochondrial membrane and elevated ROS production have also been shown to
be associated with diminished oxidative capacity and ATP generation of human and mouse
dystrophic mitochondria?8221, Indeed, by treating dystrophic mitochondria with
oligomycin, an ATP synthase inhibitor, no change in ATP production was observed,
insinuating that these mitochondria harbor impaired electron transport chain complexes
required for oxidative phosphorylation?'®. Moreover, dystrophic muscles seem to retain
these defective mitochondria rather than selectively removing them through autophagy,
likely due to impaired mitochondrial dynamics???, and stimulating mitochondrial
autophagy (mitophagy) through urolithin A treatment or AMPK activation demonstrated
marked improvements in dystrophic myofiber function??*224, Interestingly, however, these
deficiencies in mitochondrial function extend beyond dystrophic myofibers and have been
also been observed in myoblasts and epidermal melanocytes that do not require dystrophin

for cell membrane integrity, indicating that there may be intrinsic mitochondrial
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dysfunction in dystrophic cells regardless of dystrophin expression, and that Ca?* overload
due to sarcolemmal tears may not be the only contributing factor to the impaired energy
metabolism?6:22>227  Rather, the mitochondrial dysfunction may originate during
development or in progenitor cells via mtDNA mutations??®, which is then exacerbated by
Ca?" overload in the myofiber. Potentially, muscle stem cells may also possess
dysfunctional mitochondria, and through the cycles of degeneration and regeneration of
the dystrophic myofiber (and the resulting myogenic fusion of the MuSC into the

myofiber), the mitochondrial defects could accumulate over time.

Dystrophic muscle has been shown to not only exhibit deficiencies in mitochondrial
function, but muscle stem cell function too. In fact, recent findings have revealed that
MuSCs play a direct role in contributing to the etiology and progression of DMD, leading
to impaired myogenic capacity of dystrophic muscle??. This is, in part, due to MuSC
depletion through repeated rounds of degeneration and regeneration in dystrophic
mice??"%% More recent studies, however, have also pointed towards aberrant asymmetric
division of MuSCs that result in an imbalance between self-renewing and myogenic
MuSCs that impairs MuSC function as well as number?, To compensate for the stem cell
exhaustion, dystrophic MuSCs are more primed to self-renew and repopulate the reserve
MuSC pool rather than asymmetrically divide to generate committed myogenic
progenitors, leading to deficits in myofiber repair®. The impaired asymmetric division is
thought to be an effect of dysregulated polarity during MuSC division. There are several
regulatory factors that control polarity during asymmetric division, including Notch
signalling, phosphorylated Par-6 interactions with aPKC (atypical protein kinase C) and

Numb, Par-1 binding to MARK2 (microtubule affinity-regulating kinase 2), and more?>
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23 Importantly, however, RNA sequencing data have revealed that MuSCs highly express
dystrophin, which interacts with MARK2 to regulate cell polarity during asymmetric
MuSC division®. Without functional dystrophin, MuSCs are unable to effectively undergo
asymmetric division and the committed progeny are lost over time. Interestingly, although
these dystrophic muscle-forming progeny are diminished, this subpopulation still retains
similar myogenic capacity compared to healthy committed MuSCs?3":2%, Nonetheless, the
clear dysregulation in MuSC number, function, and asymmetric division rationalize the
MuSC as a promising therapeutic target to restore myogenic capacity in dystrophic

muscles.

2.2.3.2 Animal Models

There are several different animal models of muscular dystrophy that represent the
varying manifestations of the disorder based on the partial or total loss of dystrophin?3°,
The most commonly used animal model for DMD is the mdx mouse, which was first
discovered spontaneously in a colony of C57BL/10ScSn mice and found to have a nonsense
point mutation in exon 23 of dystrophin that aborted full-length dystrophin
expression?4®24 - Since then, several chemical variant mdx strains were crossed with
C57BL/6 mice to generate mdx®®', mdx>®', mdx*®, and mdx>®, which each carry a different
point mutation and manifest similar clinical presentations to each other?*2244_ Although
these mice only exhibit a 25% reduction in lifespan, compared to the 75% reduction in
DMD patients, these mice model the phenotype of early DMD before the onset of severe
symptoms, such as myofiber necrosis, cellular infiltration, high variability in myofiber
sizes, and numerous centrally nucleated myofibers?*®. Thus, this model allows the testing

of therapeutic interventions applicable to young DMD patients. To represent more severe
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manifestations of DMD, double knockout mice (dKO) have also been generated. Namely,
utrophin/dystrophin and «o7-integrin/dystrophin dKO mice have exhibited marked
reductions in lifespan and increased myofiber degeneration compared to traditional mdx
mice, though they are also more difficult to generate and care for?¢-2%°, Furthermore,
because utrophin and a7-integrin are expressed in a wide variety of tissues other than
muscle, there are deficits in various organs that may confound the impacts of muscular
dystrophy. More recently, another dystrophic mouse model was generated through double
knockout of dystrophin and telomerase, which also show more severe muscle wasting, but
may also have off-target effects that are not exhibited by human DMD patients?%2%°, While
each of these mouse lines present their own benefits and limitations, it is important to

consider using the appropriate strain to address each individual research goal.

2.2.3.3 Current Treatments and Recent Advances

Currently, there is no universal cure for Duchenne muscular dystrophy. Rather, the
majority of treatment options include physical therapy, exercise, mobility aids (wheelchairs
and walkers), and medication such as corticosteroids to improve muscle regeneration.
Because DMD is a genetic disorder, recent therapeutic approaches have focused
overwhelmingly on gene therapies to restore the function of dystrophin. There is only one
gene-based therapy on the market (Exondys 51) that allows exon skipping to restore the
reading frame of exon 51 in the dystrophin gene?!. However, due to the thousands of
different mutant variants in the dystrophin gene, this approach is only applicable for a small
subset of DMD patients?!?. Other advances in gene therapy have demonstrated great
therapeutic potential, but have so far only led to mild dystrophin restoration and poor

improvement in muscle phenotype due to lack of specificity, poor delivery, and low
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efficiency®22%, For example, adeno-associated virus delivery of CRISPR-Cas9 with
guided RNAs to remove exon 23 in mdx muscle and restore “mini dystrophin” has shown
some benefits, but with limited efficiency*2°. Although AAV-mediated approaches have
not been effective for MuSCs, lentiviral-mediated gene delivery of mini dystrophin into
MuSCs were shown to be sustained for years, implying that MuSCs can be a primary target
to improve the long-term efficacy of gene therapy due to their ability to self-renew?,
Again, however, this approach is confined by a specific mutation in the dystrophin gene
and was only effective in a small subset of dystrophic MuSCs, but this can be overcome
by transplanting MuSCs with a normal dystrophin gene to restore dystrophin in the

engrafted myofiber following myogenic fusion?®,

2.3 Therapeutic Transplantation Models

2.3.1 Muscle Stem Cell Transplantation

Due to the limitations of the current treatments and recent therapeutic approaches
for PAD and DMD, researchers have investigated transplantation strategies to functionally
repair muscles affected by mitochondrial myopathies. Because MuSCs are critical to
skeletal muscle regeneration, they have become a main therapeutic target in the treatment
of chronic musculoskeletal disorders that lead to the exhaustion or dysfunction of MuSCs
over time. To address the depletion, transplantation of freshly isolated, Pax7* MuSCs have
shown great therapeutic potential to replenish the myogenic pool in ischemic muscles’.
While direct injection of MuSCs shows promise, major limitations include low cell survival
and poor engraftment efficiency despite only requiring a small number of transplanted

MuSCs to generate thousands of myonuclei for efficient myofiber repair?®2°,
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Furthermore, hypoxic environments and oxidative stress in vivo, such as those found in the
tissue following ischemic injury, contribute to the cell death of transplanted MuSCs?®°. On
the other hand, MuSC transplantation into dystrophic muscles have shown much higher
efficiency, contributing to the regeneration of up to 94% of myofibers, restoring
dystrophin, and increasing contractile function. These transplanted MuSCs not only
remarkably improved myofiber stability and function, but also repopulated the quiescent
stem cell pool to facilitate regeneration following subsequent rounds of injury®®. However,
these transplanted MuSCs are confined to the injection sites due to their inability to migrate
over long distances. To address this, investigators have used PEG hydrogels as a delivery
vehicle for MuSCs to mimic the biomechanics of the MuSC niche and noted significantly
enhanced propagation of transplanted MuSCs?®*. By co-delivering MuSCs with Wnt7a in
a similar PEG hydrogel, migration of transplanted muscle stem cells was remarkably
enhanced to facilitate regeneration in deeper portions of the dystrophic muscle®®,
Moreover, preconditioning of the MuSCs either in vivo or in vitro has recently been

explored to further improve the therapeutic impacts of MuSC transplantation.

Because MuSCs are highly adaptive to stress, preconditioning MuSCs to mild stress
may induce epigenetic changes in gene expression to protect against a more severe stress.
When the MuSC is exposed to stress, the chromatin of its nucleus is remodeled through
histone methylation/acetylation to allow accessibility of transcription factors and DNA
binding proteins to various genes that regulate its stress response?®. For example,
preconditioning MuSCs in hypoxic culture (in vitro model of ischemic preconditioning)
has been shown to improve self-renewal and engraftment efficiency of transplanted cells

in ischemic hindlimb muscle!®24 although the epigenetic changes following
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preconditioning have not yet been characterized. Other stem cell types, such as
mesenchymal stromal cells, neural stem cells, and cardiac progenitor cells, have also
responded positively to ischemic preconditioning in terms of stem cell survival and
transplantation efficiency, with HIF-1, heat shock proteins, and mitochondria implicated
as important mediators of preconditioning-induced changes?®>2%®.  Exercise
preconditioning is another form of enhancing MuSC transplant efficiency by enriching the
mitochondrial content of transplanted cells through the PGC-1a pathway and priming the
MuSC to readily activate through the mTORC1 pathway?¢”28, Mitochondria specifically
play a critical role in the protection of cells through regulation of reactive oxygen species
(ROS) and antioxidant enzymes like SOD1266:26%270 -~ Appropriate ROS regulation in
mitochondria can effectively protect mesenchymal stem cells and cardiac progenitor cells

against consequent injurious oxidative stress induced by severe hypoxia?'*272,

In dystrophic muscle, hypoxic preconditioning is likely not needed due to more
effectively regulated oxidative stress compared to ischemic injuries. Rather, correcting the
polarity of MuSCs during asymmetric division is a priority. In one study, cells were treated
with a MAPK pharmacological inhibitor prior to transplantation to restore the polarity of
the engrafted cells during asymmetric division?”®. Another pharmacological agent that
could benefit transplanted cells is forskolin, which increases MuSC proliferation and
mitochondrial content, improving the number of transplantable MuSCs and allowing pre-
treated muscle stem cells to transfer more mitochondria to the engrafted myofiber?’,
Recent breakthroughs in stem cell research also provide another method to maximize the
number of transplantable MuSCs. MuSCs derived from embryonic stem cells have

demonstrated the ability to engraft effectively in dystrophic muscles to restore dystrophin
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and improve contractility?’>?’®, To minimize the risk of rejection, autologous
transplantation of MuSCs derived from induced pluripotent stem cells (iPSC) has also been
explored?”™. Importantly, these iPSCs can be genetically modified to repair the dystrophin
gene prior to conversion into MuSCs and transplantation into the muscle, allowing these
transplanted cells to simultaneously improve muscle regeneration and restore dystrophin
in the engrafted myofiber?®, Overall, there are several approaches to optimize MuSC
transplantation that show therapeutic potential, although more studies need to be conducted

to uncover the correct method for each disease model.
2.3.2 Mitochondrial Transplantation and Cell-Based Transfer

In many chronic illnesses where mitochondrial dysfunction is persistent,
synthesizing new dysfunctional mitochondria will not compensate for the stress-induced
mitochondriopathy. Therefore, transplantation of whole mitochondria into affected tissues
to replace or augment damaged mitochondria and restore tissue bioenergetics would be a
revolutionary approach when conventional therapies are unsuccessful. While the
phenomenon of mitochondrial transplantation dates back to 1982, little research into its
therapeutic value has been conducted?”’. In recent years, however, direct injection of
isolated mitochondria to ischemic skeletal or cardiac muscle has shown promise in its
ability to engraft into the tissue through macropinocytosis and improve functional
outcomes by restoring gait patterns, decreasing infarct size, and improving cardiac
output!’®278-280 |n stark contrast, other groups have presented opposing results where only
few mitochondria were internalized and did not exhibit any change in bioenergetics?®,
possibly due to poor quality of the transplanted mitochondria, which demonstrates the need

to further investigate mitochondrial transplantation as a potential therapy for mitochondrial
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myopathies?!. Another mechanism through which mitochondria can be transplanted is
through cell-based horizontal transfer from one cell to another?®2, Mesenchymal stromal
cells, endothelial cells, macrophages, cardiomyocytes, and even muscle stem cells have all
exhibited intercellular transfer of their mitochondria to another cell through tunneling
nanotubes®®2%’ Intercellular transfer of mitochondria from muscle stem cells into
myofibers are distinct from the mitochondrial transfer of other cells though. While most
cells transfer mitochondria through tunneling nanotubes between two different individual
cells that remain separate, MuSCs transfer their mitochondria to myofiber through cell-cell
fusion. However, the role of MuSC-mediated mitochondrial transfer following
transplantation has not been investigated. Because of the significant mitochondrial
dysfunction in endogenous cells due to high oxidative stress in PAD and calcium overload
in DMD, transferring damaged mitochondria from one damaged cell to another is not likely
to enrich bioenergetics. However, by transplanting MuSCs with healthy mitochondria into
diseased muscle, it is possible to engineer the mitochondrial network of the recipient
myofiber by enhancing both myogenic potential and mitochondrial transfer to optimize

functional recovery of the tissue.
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CHAPTER 3. MUSCLE STEM CELLS INITIATE
MITOCHONDRIAL REMODELING OF ISCHEMIC SKELETAL

MUSCLE!

3.1 Abstract

Ischemic injury as a result of peripheral artery disease leads to extensive damage and
alterations to skeletal muscle homeostasis. Although recent research has investigated the
tissue-specific responses to ischemia, the role of the muscle stem cell in the regeneration
of its niche components within skeletal muscle has been limited. To elucidate the
regenerative mechanism of the muscle stem cell in response to ischemic insults, we
explored cellular interactions between the vasculature, neural network, and muscle fiber
within the muscle stem cell niche. Using a surgical murine hindlimb ischemia model, we
first discovered a significant increase in subsynaptic nuclei and remodeling of the
neuromuscular junction following ischemia-induced denervation. In addition, ischemic
injury causes significant alterations to the myofiber through a muscle stem cell-mediated
accumulation of total myonuclei and a concomitant decrease in myonuclear domain size,
possibly to enhance the transcriptional and translation output and restore muscle mass.
Results also revealed an accumulation of total mitochondrial content per myonucleus in
ischemic myofibers to compensate for impaired mitochondrial function and high turnover

rate. Taken together, the findings from this study suggest that the muscle stem cell plays a

! Adapted from Mohiuddin M, et al. Critical Limb Ischemia Induces Remodeling of Skeletal Muscle Motor
Unit, Myonuclear-, and Mitochondrial-Domains. Sci Rep. 2019 Jul 2;9(1):9551. doi: 10.1038/s41598-019-
45923-4.
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role in motor neuron reinnervation, myonuclear accretion, and mitochondrial biogenesis

for skeletal muscle regeneration following ischemic injury.

3.2 Introduction

Peripheral artery disease (PAD) is an age-associated degenerative vascular disease
characterized by abnormal perfusion in the limbs due to occlusions of the blood vessels. In
its most severe form, referred to as critical limb ischemia (CLI), where blood flow is
insufficient to maintain tissue viability, amputation rates can reach up to 50%2%. While
recent regenerative medicine approaches on collateral vessel formation have made some
progress, the dysregulation of the skeletal muscle in PAD and the subsequent tissue
remodeling have not been thoroughly investigated?%22892% Recent evidence suggests that
the ischemia-induced loss of viable muscle tissue, which acts as an indispensable matrix of
growth factors and biomechanical support for new vessel formation, may be the cause of
failure for current revascularization therapies*'?!. This paradox emphasizes the
importance to elucidate the skeletal muscle regeneration mechanism in complex injuries

such as PAD.

Skeletal muscles possess a remarkable regenerative capacity due to the presence of
endogenous resident muscle stem cells (MuSCs), also known as satellite cells*. Upon
injury, Pax7* quiescent MuSCs, which reside adjacent to basal lamina and sarcolemma of
the multinucleated myofiber, undergo asymmetric division in which some committed
progenies can either form de novo myofibers to generate additional myofibers or
proliferate, differentiate, and fuse with existing myofibers to increase the number of

myonuclei and volume in regenerating fibers. Meanwhile, other populations of MuSC
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progeny self-renew to replenish the quiescent stem cell pool for future rounds of
regeneration®2. Emerging evidence suggests that MuSC function and regenerative capacity
are dictated by cellular and acellular interactions with its surrounding microenvironment,
or niche, such as the vasculature, neuromuscular junction (NMJ) of a neural network,
myofibers, interstitial stromal cells of the extracellular matrix, as well as various infiltrating
immune cells®3. Of these niche components, the vasculature and microvessels are located
close to MuSCs and provide necessary nutrients and growth factors required for MuSC
function and muscle homeostasis*®. Blood vessels also carry oxygen and carbon dioxide
that are essential for oxidative metabolism throughout the myofibers and within MuSCs to
generate energy and regulate redox signaling?®2%, In addition, vascular networks near
MuSCs play a crucial role in recruiting circulating stem cells and transporting immune
cells during the initial phase of muscle repair?®#2%, Thus, the lack of functional blood
perfusion to skeletal muscle not only disrupts cellular function and respiration by limiting

nutrient and oxygen delivery but also compromises muscle regeneration®°,

It has been well documented that motor neuron innervation maintains muscle
homeostasis by regulating excitation-contraction coupling as well as controlling the gene
expression pattern of myofibers®®®. Denervation of the muscle fiber due to injury or
neuromuscular disease results in muscle wasting and remodeling of motor units?®"2%,
Anatomically, peripheral nerves, such as lower motor neurons, are located close in contact
with the vasculature (neurovascular congruency)®* and exhibit functional interdependency.
In support of this notion, some of the axonal guidance factors are known to possess
angiogenic properties®®®, and other well-known angiogenic factors, such as vascular

endothelial growth factor (VEGF), guide terminal Schwann cell-mediated peripheral nerve
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regeneration®®, As such, when blood flow is restricted in ischemic injury, motor neurons
undergo rapid Wallerian degeneration, and their regenerative response is activated>11%3,
Moreover, a recent report showed that the regeneration of the motor neuron and its
corresponding neuromuscular synapses are in part linked to an increase in activation of
MuSC and myogenesis, supported by the proximity of the MuSC to the NMJ.
Conversely, genetic depletion of MuSCs diminishes the regenerative response of the
NMJ*, demonstrating crosstalk between the MuSC and the NMJ. Furthermore, it has been
revealed that synaptic mitochondria also play a role in maintaining NMJ3923%3 \While
ischemic injury has been linked to excessive generation of the deleterious mitochondrial-
derived reactive oxygen species (ROS) that oxidize the NMJ and other niche components
of the MuSC, protecting mitochondria against oxidative stress attenuates ischemia-induced
denervation and muscle atrophy®?. Yet, the majority of previous studies have reported
tissue-specific interactions in response to ischemic insults (i.e., ischemia — muscle stem
cell, ischemia— muscle fiber, ischemia — motor neuron), and a comprehensive investigation
elucidating the mechanistic crosstalk between collateral vascularization, motor unit
formation, muscle stem cell activation, muscle fiber regeneration, and the mitochondria

that drive these energy-demanding processes altogether has not been conducted.

To address this gap in knowledge, we characterized the remodeling of the MuSC
niche components, notably the vasculature, NMJ, and myofiber, at various time points to
elucidate the sequential regenerative response following ischemia/reperfusion injury.
Using the murine hindlimb ischemia (HLI) model that manifests similar pathophysiology
as human PAD, here we demonstrate ischemia-induced early necrotic degeneration of

muscle fibers and denervation of the NMJ. First, we show that an increase in subsynaptic
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nuclei and myonuclei throughout the muscle fiber are driven by proliferation and activation
of MuSCs, which facilitate the regeneration of these tissues. Second, the accretion of
myonuclei produces a smaller myonuclear domain, or cytoplasmic volume of myofiber
transcriptionally governed by each myonucleus, as a regenerative response to ischemia. In
parallel, the increased myogenesis and myonuclear number are coupled with an increase in
mitochondrial content that is compartmentalized into discrete domains around each
myonucleus. Moreover, we show that the high turnover rate of mitochondria through
autophagy at early stages of regeneration resets the mitochondrial domain, or the
mitochondrial network surrounding each myonucleus. Collectively, this study highlights
the highly orchestrated remodeling of the MuSC and its niche components following
hindlimb ischemia and provides a basis to investigate multi-scale therapies for complex

skeletal muscle injuries.

3.3 Methods

3.3.1 Animal Models

All animal procedures were conducted under the approval of the Institutional
Animal Care and Use Committee (IACUC) of the Georgia Institute of Technology and
performed in accordance with all relevant guidelines and regulations. All mice in this study
were either C57BL/6J genetic background or backcrossed with C57BL/6J for more than 6
generations and were initially purchased from Jackson Laboratory. Mice were bred and
maintained in pathogen-free conditions with a 12-12 light/dark cycle in the Physiological
Research Laboratory (PRL) at Georgia Institute of Technology. For muscle stem/satellite

cell reporter, mice expressing a tamoxifen-inducible Cre from the endogenous Pax7
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promoter were bred with mice carrying a loxP-flanked STOP cassette followed by
TdTomato in the ROSA26 locus. Alternatively, to deplete muscle stem cells, mice
expressing a tamoxifen-inducible Cre from the Pax7 promoter were bred with mice
carrying a loxP-flanked STOP cassette followed by diphtheria toxin-A (DTA) in the
ROSA26 locus. We also crossed this Pax7¢™ transgenic mouse with a mitochondrial
reporter, Rosa26"™MITO o trace the lineage of muscle stem cell-derived mitochondria
through myogenesis and fusion into the myofiber. Other transgenic reporter mice include:
Thy1-EYFP (line 16) for motor neuron®*, mitoDendra2 for mitochondria®3% mtKeima
for mitochondrial autophagy®°®3%’, and PV CrefR; ChR2-EYFP (tamoxifen-inducible Cre
recombinase inserted into PV locus bred with mice carrying a loxP-flanked STOP cassette
followed by ChR2-EYFP) for expression of EYFP driven by calcium-binding protein
parvalbumin to detect type 11B and 11X fast-twitch fibers®®®, Both males and females aged
between 3 and 6 months, considered young adults, were used in a randomized manner for
all experiments in this study. No differences in muscle regeneration were observed in

response to ischemic injury between 3-month old and 6-month old mice.
3.3.2 Surgical Procedure

To study the effects of peripheral artery disease, we employed a well-characterized
murine hindlimb ischemia (HLI) surgical ligation model®®. Briefly, a small unilateral
incision (1 cm long) was made from the ankle to the medial thigh to expose the femoral
vessels. The femoral artery and vein were then ligated with 5-0 sutures between the
superficial epigastric artery and profunda femoris artery. A second ligation was made
proximal to the branching of the tibial arteries, and the segment of vessels between the two

ligations was excised. The skin was then closed using both sutures and wound clips. The
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sham surgery, where the femoral artery and vein were exposed similar to the method above
without ligation or excision, was performed on the contralateral leg. Animals were
maintained in single-housed cages for 3-56 days following HLI. Laser Doppler Perfusion
Imaging (LDPI) was performed on a MoorLDI Imager at a scan resolution of 210x160
pixels and a height of 21 cm before euthanization by CO. inhalation. Perfusion was

quantified in the lower hindlimb using MoorLDI Software V5.3.

3.3.3 Histochemistry and Immunostaining

Immediately following euthanization of animals, the tibialis anterior (TA) muscles
were either snap frozen in 2-methylbutane cooled by liquid nitrogen for cryosectioning or
fixed in 4% paraformaldehyde for single myofiber isolation. Frozen TA muscles were
sliced into 10 pm sections while fixed TA was mechanically separated into 20-30 single
myofibers per sample from random areas of the muscle. The gastrocnemius was frozen in
liquid nitrogen for Western blot analysis while the extensor digitorum longus (EDL) was
fixed for immunostaining. Hematoxylin and eosin (H&E) and immunofluorescence were
performed as previously described®?. Materials and antibodies can be found in the
appendix for dilution factors, vendors, and catalog numbers of materials. All images were
taken on either Zeiss Axio Observer D1 or Zeiss 700 Laser Scanning Confocal microscopes
and quantified using ImageJ. Z-stack images were taken to obtain a 3D rendering of
myofibers in ImageJ and myofiber volume was approximated as the volume of a cylinder

using the average radius along a 500 pum length of the myofiber.

3.3.4 Western Blot Analysis
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Gastrocnemii were homogenized with 25 strokes using a 5 mL PTFE tissue grinder
with clearance 0.15-0.25 mm (VWR 89026-392, 89026-404) at 3,000 rpm in RIPA lysis
buffer (VWR 97063-270) supplemented with Roche cOmplete Mini Protease Inhibitors
(Roche 04693124001) and PhosSTOP Phosphatase Inhibitors (Roche 04906837001).
Following 3 freeze-thaw cycles in liquid nitrogen and on ice, the samples were centrifuged
at 18,400 g for 10 minutes, and the supernatants (homogenates) were normalized to total
protein concentration using a BCA protein assay kit (Thermo 23225). 50 g of protein were
run through 4-20% Criterion TGX Gels (Bio-Rad 5671093) at 150 V for 185 minutes and
transferred to a PVDF membrane using a Trans-Blot Turbo System at 2.5 A for 7 minutes.
Ponceau staining (Sigma P7170) was used as a loading control. Antibodies used can be
found in the appendix. Membranes were imaged on Li-Cor Odyssey CLx-1050 Infrared

Imaging System and bands were guantified on Li-Cor Image Studio V5.2.

3.3.5 RNA Isolation and Quantitative Polymerase Chain Reaction

Using the normalized tissue homogenate prepared for western blot analysis, 50 pL
of homogenate was added to 300 pL of RLT buffer supplied in the RNeasy® Mini Kit
(Qiagen 74104) supplemented with 1% [-mercaptoethanol to inactivate RNases. The
protocol according to Qiagen RNeasy® kit was followed for the remaining RNA isolation
steps. The RNA concentration was measured by a NanoDrop One while A260/230 and
A260/280 ratios were calculated for quality control. RNA content was then calculated by
normalizing the RNA concentration to total muscle mass. To reverse transcribe the RNA
to copy DNA, RNA concentrations were normalized to each other and the protocol
according to Applied Biosystems High-Capacity cDNA Reverse Transcription Kit

(Applied Biosystems 4368814) was followed, and the samples were run in a thermal cycler
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according to the recommended conditions. Finally, the Applied Biosystems PowerUp
SYBR Green Master Mix (Applied Biosystems A25742) was used with the primers listed
in the appendix using an Applied Biosystems StepOnePlus Real-Time PCR system to
perform the qPCR reactions. B-actin and B2M, which were found to be stably expressed

following ischemia, were used housekeeping genes to quantify relative fold induction.

3.3.6 Mitochondrial Functional Testing

Mitochondria were isolated from lower limb muscles distal to the knee by
differential centrifugation. Muscles from each leg were digested with 5 mL dispase I1 (100
pg/mL) and trypsin (1 mg/mL) in Chappel-Perry buffer (see appendix for detail). The
digested tissue was then homogenized, centrifuged at 12,000 g for 10 minutes, and
resuspended in 5 mL Chappel-Perry buffer Il (appendix). The suspensions were then
centrifuged at 600 g for 10 minutes, and the supernatants subsequently centrifuged at 7,000
g to pellet the mitochondria. 300 pg of mitochondria resuspended in respiration buffer
(appendix) was used immediately in the Oroboros Oxygraph-2k high-resolution
respirometer for basal (state 1) oxygen consumption rate and H>O> generation detected

with the Amplex Red assay Kkit.

3.3.7 Statistical Analyses

Sample sizes were chosen on the basis of preliminary experiments to ensure adequate
statistical power using G*Power. All statistical analyses in this study were performed on
GraphPad Prism 7 and data is presented as mean * standard deviation (SD). Data from the
contralateral controls did not change over time; therefore, multiple comparison tests for

significance were performed between the mean of control and each time point. Normality
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of data was tested with the Shapiro-Wilk test. For experiments in which data was collected
from different mice over time, a one-way ANOVA with Tukey’s post hoc test or Kruskal-
Wallis test with Dunn’s post hoc test were used based on whether or not normality can be
assumed. A paired two-tailed t-test or Mann-Whitney U test was used to compare the
injured hindlimbs to their contralateral controls based on normality. A two-way ANOVA
with Tukey’s post hoc test was performed for experiments with various time points where
each ischemic sample was compared to its contralateral control. A p-value of less than 0.05

was considered statistically significant.

3.4 Results

3.4.1 Hindlimb Ischemia Induces Skeletal Muscle Regeneration

To investigate morphological changes to the skeletal muscle fibers and muscle stem
cell niche following chronic hindlimb ischemia (HLI), we aimed to correlate blood
perfusion to muscle regeneration. First, laser Doppler perfusion imaging (LDPI) was used
to quantify the abnormal perfusion in the ischemic limb (right-hand side of each scan) to
demonstrate a significant decrease in perfusion to the ischemic limb compared to its
contralateral control (left-hand side of each scan) at all time points up to 56 days following
HLI (Fig. 1A, 1B, 1C). Perfusion did not significantly improve in the ischemic limb until

14 days after injury (Fig. 1C).
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Figure 1. Laser Doppler perfusion imaging following hindlimb ischemia. (A) LDPI of
ventral mouse hindlimbs 1 hour, 3 days, 7 days, 14 days, 28 days, and 56 days following
CLLI. Control leg on left, ischemic leg on right. Scale bar represents blood flow perfusion
by color. (B) Mean perfusion to hindlimb distal to the knee in ischemic leg and contralateral
control over 56 days. n=6, *p<0.05, **p<0.01 using two-way ANOVA with Tukey’s post
hoc test. (C) Ratio of perfusion in ischemic leg to control over 56 days. n=6, *p<0.05,
**p<0.01 compared to day 0 using one-way ANOVA with Tukey’s post hoc test.

Next, we assessed various parameters of skeletal muscle regeneration to correlate
to the perfusion. By first analyzing gross morphology of ischemic muscles, we noted that
only the soleus muscle, comprised of primarily slow-twitch myofibers, was decreased at
day 7 when normalized to overall body weight, which did not change over 56 days post-
HLI compared to initial body weight (Fig. 2A, 2B). We did not observe any other changes
in muscle wet weight over 56 days following injury. However, hematoxylin-eosin (Fig.
2C) and immunofluorescent staining (Fig. 2D) of cross-sections from the tibialis anterior
muscle (TA) showed extensive myofiber damage, and presence of necrotic fibers markedly
increased at days 3 and 7. A high number of nuclei within the interstitial space was also
observed at 7 days following HLI, implying immune cell infiltration required for clearance

of dead or damaged myofibers?®. Interestingly, when reperfusion to the ischemic limb
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improved at day 14, we found a coinciding peak in embryonic myosin heavy chain (eMHC)
positive myofibers (Fig. 2E), a marker for early stages of regeneration®l. This suggests
that sufficient perfusion through collateral vascularization parallels activation and
myogenesis of muscle stem cells for muscle regeneration. To further assess myofiber
regeneration, we noted a substantial increase in the percentage of centrally nucleated fibers,
characteristic of regenerating myofibers, at day 14 that persisted for up to 56 days (Fig.
2F). Furthermore, even though muscle fibers were regenerating, muscle atrophy, as
measured by overall fiber cross-sectional area, did not fully recover through at least day
56, suggesting that the functional deficiency may be prolonged following ischemic
myopathy (Fig. 2G). Plots of cross-sectional myofiber area distributions for days 14 and
28 following ischemia also demonstrated leftward shifts in the distribution, further
indicating atrophied myofibers (Fig. 2H). By measuring the cross-sectional area of only
centrally nucleated myofibers, we report a decrease in area of regenerating muscle fibers
at days 14 and 28 followed by a subsequent increase in the area by day 56 that is still not
fully healed compared to control (Fig. 2I). In accordance with other models of ischemia®®°,
we observed a delayed regenerative response to ischemia compared to chemical modes of
injury such as cardiotoxin and barium chloride, where immune cell infiltration was seen at
days 3-4 and both eMHC™ and centrally nucleated fibers were decreased by day 14
following injury®'2313, These data show a delayed ischemia-induced regenerative response
of skeletal muscle tissue, dependent on reperfusion to the hindlimb, which continues for at

least 56 days.
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Figure 2. Skeletal muscle regeneration following hindlimb ischemia. (A) Mean body
weights of mice before and after HLI at various endpoints. (B) Wet weights of various
hindlimb muscles normalized to endpoint body weight over 56 days following ischemic
injury. (C) H&E staining of TA cross-sections in control, and 3 days, 7 days, 14 days, 28
days, and 56 days following HLI. (D) Immunohistochemistry of TA cross-sections in
control, and 3 days, 7 days, 14 days, 28 days, and 56 days following HLI. Dystrophin
pseudo-colored in red, eMHC in green, nuclei in blue. Scale bars on cross-sections
represent 50 um. (E) Total number of eMHC+ fibers within a 0.33 mm? field of view for
control, 7 days, 14 days, 28 days, and 56 days following HLI. (F) Percentage of centrally
nucleated fibers in control, 14 days, 28 days, and 56 days following surgery. (G) Mean
cross-sectional fiber area of 4 random 0.33 mm? fields of view of the TA using dystrophin
in control, 14 days, 28 days, and 56 days following HLI. n=3, “p<0.05, **p<0.01,
***p<0.001, ****p<0.0001 using one-way ANOVA compared to control for all figures.
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(H) Distribution of cross-sectional fiber areas in control, 14 days, and 28 days following
HLI. (I) Mean cross-sectional area of centrally nucleated myofibers of the TA. n=3,
****n<0.0001 compared to control. *#p<0.01, *#p<0.001 compared to day 56.

3.4.2 Hindlimb Ischemia Induces Motor Unit Remodeling

In the next set of experiments, we examined the effects of ischemia on motor neuron
disruption and subsequent denervation at the neuromuscular junction (NMJ). Given that a
decline in innervation and loss of motor units are known causes of muscle degeneration??,
we tested whether denervation plays a role in the ischemia-induced atrophic process. Using
a well-established motor neuron reporter mice, in which YFP expression is driven by the
Thyl regulatory element® we observed marked alterations in NMJs in the ischemic
extensor digitorum longus muscle (EDL) compared to control (Fig. 3A). Notably, at day 3
and day 7, presynaptic terminals of the motor axons exhibited abnormal thinning and signs
of Wallerian degeneration while the postsynaptic endplates were severely fragmented
compared to the normal pretzel-like morphology seen at day 0. When muscle fibers are
innervated, the presynaptic nerve terminal and postsynaptic acetylcholine receptors
(AChR) of the NMJ overlay each other. Hence, to quantify innervation states of the muscle
fibers, NMJs of each group were categorized as normal NMJ morphology (pretzel-like,
convoluted folding structure with more than 75% overlay), partially denervated
(fragmented AChR with between 25% and 75% overlay), or completely denervated
(fragmented AChR with less than 25% overlay). Representative images of denervation
states are shown in Fig. 3C. Following HLI, we report a decrease in NMJs with normal
morphology and an increase in complete denervation in ischemia-affected muscle
compared to day O, with peak denervation observed on day 3. Interestingly, the loss of

normal NMJ morphology lasted until at least day 56 (Fig. 3D, 3E). By observing the post-
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synaptic endplates (acetylcholine receptors — AchR) on single myofibers randomly isolated
from the (TA) muscle, comprised of almost all fast-twitch oxidative-glycolytic (type 11A)
and fast-twitch glycolytic (types 11B/X) with few slow-twitch oxidative (type 1) fibers?®,
we can also investigate the subsynaptic nuclei that are responsible for maintaining and
remodeling the NMJ following denervation (Fig. 3B). Despite a transient decrease in
subsynaptic nuclei per NMJ at days 3 and 7, which may be attributed to smaller, fragmented
NMJs in denervated myofibers!!’, we observed a significant increase in the number of
subsynaptic nuclei 28 and 56 days following HLI compared to day O (Fig. 3F). Intriguingly,
the accumulation of subsynaptic nuclei precedes the increase in NMJ area. The increased
subsynaptic nuclei also coincide with the regeneration of the NMJ, indicating a dependence
of NMJ restoration on the number of subsynaptic nuclei. These data further suggest a
persistent functional deficiency in myofiber excitation-contraction coupling and

corroborates the continued regeneration of skeletal muscle tissues up to 56 days.
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Figure 3. Remodeling of the motor unit following hindlimb ischemia. (A) NMJ in EDL
1 hour (day 0), 3 days, 7 days, 14 days, 28 days, and 56 days following HLI. Nuclei pseudo-
colored in blue, a-bungarotoxin (for acetylcholine receptor-a subunit) in red, Thyl (for
motor neuron axon terminal) in green. Maximum intensity projection was performed on
images from confocal microscopy. (B) NMJ on single myofibers from TA from 1 hour
(day 0), 3 days, 7 days, 14 days, 28 days, and 56 days following HLI. Nuclei pseudo-
colored in blue, acetylcholine receptor-o subunit in red, actin in green. (C) Representative
images of normal, partially denervated, and completely denervated NMJ. Acetylcholine
receptor-a subunit (a-bungarotoxin) pseudo-colored in red, Thyl in green. (D) Percentages
of normal, partially denervated, and completely denervated NMJ in EDL (at least 20 NMJs
per sample) 1 hour (day 0), 3 days, 7 days, 14 days, 28 days, and 56 days following CLI.
(E) Average data values of NMJ denervation states as shown in Fig. 2c with significant
differences compared to day O denoted by asterisks using two-way ANOVA. (F) Number
of subsynaptic myonuclei within each NMJ (at least 15 NMJ’s per sample) and their
associated NMJ areas of single myofibers from the TA. All scale bars represent 50 pm.
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n=3, *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 using one-way ANOVA compared
to day O for all figures.

It is also worth noting that since fiber type is in part determined by innervation from
a specific motor neuron type, alteration in the motor unit organization may lead to a shift
in fiber type®. Indeed, we observed an ischemia-induced loss of slow-twitch type I fibers
14- and 28-days following injury while percentages of fast-twitch type I1A and types 11B/X
fibers were unchanged (Fig. 4A, 4B, 4C). Slow-twitch type | fibers rely on oxidative
metabolism and are high in mitochondrial content. Thus, the loss of these fibers indicate
that these oxidative fibers and their mitochondria that govern oxidative phosphorylation
are particularly susceptible to ischemia-induced damage. Together, these results suggest
that ischemia-induced denervation plays a role in muscle atrophy, and the generation of
subsynaptic nuclei assists in the repair of denervated NMJs and remodeling of the motor

unit for up to 56 days following HLI.
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Figure 4. Fiber type shifting following hindlimb ischemia. (A) TA cross-sections of PV-
Cre; ChR2-YFP mice for expression of fiber type 11B/IIX (MHC 11B/11X) and stained for
fiber type | (MHC I) in control, 14 days, and 28 days following HLI. Nuclei pseudo-colored
in blue, MHC I in red, and MHC 1IB/I1X in green. (B) TA cross-sections of wildtype mice
stained for fiber type 1A (MHC 1IA) in control, 14 days, and 28 days following HLI.
Nuclei pseudo-colored in blue, MHC IIA in white. Scale bars represent 50 um. (C)
Percentages of type I, 1A, and 11B/X fibers, respectively. n=3, “p<0.01 using one-way
ANOVA compared to control.

3.4.3 Muscle Stem Cells Decrease Myonuclear Domain Following Hindlimb Ischemia

To further elucidate the role of MuSCs, myogenesis, and myonuclear number in the
regenerative process of the ischemic myopathy, we examined changes to myonuclear
content throughout the entire myofiber after ischemia. To achieve this, single myofibers
were isolated (Fig. 5A) and as seen in immunohistochemistry images, ischemic fibers were
centrally nucleated. Myonuclei were assembled into longitudinal rows along the center of
the myofiber, notably at days 7 and 14, characteristic of newly fused myonuclei originating
from differentiated MuSCs!*. Surprisingly, despite the degeneration of muscle tissue
following ischemic injury, a substantial increase in myonuclei number was observed at day
7 that prevails for at least 56 days (Fig. 5B). In addition, we assessed alterations in the
myonuclear domain, defined as the cytoplasmic volume of myofiber transcriptionally
governed by each myonucleus. By taking z-stack images on a confocal microscope and
finding the average radius of the myofiber, the myofiber volume can be approximated as a
cylinder. The myonuclear domain is then quantified as the total volume of the myofiber
divided by the number of myonuclei within the myofiber. Interestingly, the size of the
myonuclear domain was significantly decreased at 7- and 14-days following injury (Fig.

5C), likely as a regenerative response to ischemia in order to enhance transcriptional
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regulation of the myofiber cytoplasm within its domain, but returns to normal after the
tissue perfusion had improved. Consistent with these data, the total amount of RNA
isolated from ischemic muscle homogenate was significantly higher at days 7 and 14

compared to control (Fig. 5D).
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Figure 5. Changes in myonuclear domain following hindlimb ischemia. (A) Z-stack
confocal imaging of single myofibers from TA of control, 3 days, 7 days, 14 days, 28 days,
and 56 days following HLI. Nuclei pseudo-colored in light blue, actin in red. (B) Number
of myonuclei per 500 um of myofiber (at least 20 fibers per sample) at various timepoints
(n=6). (C) Myonuclear domain of at least 20 single myofibers per sample over 500 um at
various timepoints, calculated as myofiber volume divided by number of myonuclei.
Myofiber volume was approximated as the volume of a cylinder using the average radius
along a 500 um length of myofiber (n=6). (D) Total isolated RNA levels in gastrocnemius
homogenate normalized to muscle mass. All data is presented as mean * standard
deviation. "p<0.05, “p<0.01, ***p<0.001, ““p<0.0001 using one-way ANOVA compared
to control for all figures.

Since myofibers are multinucleated syncytia formed by the fusion of the
differentiated myotubes®?, we then investigated the frequency of MuSCs following
ischemia to ascertain the origin of the accreted myonuclei in the MuSC niche. To explore
MuSC frequency, we isolated single myofibers from a tamoxifen-inducible MuSC reporter

mouse we generated by crossing Pax7 CrefR with ROSA26-tdTomato mice (Fig. 6A). As
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hypothesized, we observed a substantial increase in quiescent Pax7* MuSC content at days
7 and 14 following ischemia, with a peak at day 7 that accompanies the accretion of
myonuclei and a concomitant decrease in the myonuclear domain (Fig. 6B). Because Pax7
is a canonical marker for quiescent MuSC®?, the greater frequency of Pax7* cells implies
that MuSCs have undergone adult myogenesis and asymmetric division to increase self-
renewal of MuSCs following ischemia to replenish the pool of quiescent MuSCs to
continue regenerating and for future rounds of regeneration. Furthermore, the increased
number of myonuclei also indicates active differentiation and fusion events of MuSCs into
the myofiber following claudication of muscle, further supported by the augmented
embryonic myosin heavy chain expression at day 14. Taken together (Fig. 6C), these data
demonstrate that HLI muscle exhibit considerable MuSC-dependent remodeling of the
myonuclear domain to enhance the transcriptional and translation output of the newly

formed myofiber and restore muscle mass following injury.
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Figure 6. Ischemic muscle stem cells proliferate to increase myonuclear number. (A)
Z-stack confocal imaging of single myofibers from TA of Pax7-TdTomato mice control, 7
days, 14 days, and 28 days following HLI. Nuclei pseudo-colored in blue, Pax7 in red,
actin in green. All scale bars represent 100 um. Maximum intensity projection performed
on all z-stack images (n=3). (B) MuSC frequency of at least 20 single myofibers per sample
at various timepoints reported as percentage of Pax7* cells out of total myonuclei (n=3).
“p<0.05, “p<0.0001 using one-way ANOVA compared to control for all figures. (C)
Myofiber volume, myonuclei number, myonuclear domain, and MuSC frequency as a ratio
of ischemic to control myofiber. Dashed line represents a ratio of 1.

The Pax7-tdTomato transgenic mouse model also allows detection of MuSCs
undergoing myogenesis to fuse with existing myofibers or form de novo myofibers by
quantifying the number of tdTomato* myofibers*. Indeed, we observed substantial MuSC
fusion into myofibers at day 14 following ischemia (Fig. 7A, 7B). Interestingly, all
centrally nucleated myofibers were tdTomato*, consistent with previous literature that has
314

demonstrated that centrally located myonuclei are derived from differentiated MuSCs

Conversely, to deplete MuSCs before the ischemic injury, we generated a different

60



tamoxifen-inducible mouse model by crossing Pax7 CreER with ROSA26-diphtheria toxin-
A. Without MuSCs, the soleus muscle, predominantly composed of slow-twitch type |
myofibers!®, was unable to regenerate 28 days following injury (Fig. 7C), suggesting that
proliferation and fusion of MuSCs into the ischemic myofiber as new myonuclei are

required for effective muscle regeneration following HLI.
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Figure 7. Muscle stem cell fusion following hindlimb ischemia and myofiber damage
in soleus of muscle stem cell depleted transgenic mice. (A) Representative images of
immunostained gastrocnemius muscle in Pax7-tdTomato transgenic mice 14 days
following ischemic injury. Nuclei pseudo-colored in blue, actin in green, laminin in white,
and MuSC-fused myofibers in red. (B) Quantification of the number of MuSC-fused
myofibers 14 days following ischemic injury. n=3, ****p<0.0001 using a t-test compared
to control. (C) Representative images of hematoxylin and eosin staining of soleus of Pax7-
DTA transgenic mice, in which muscle stem cells are depleted. Soleus muscle is
demarcated by the dashed outline and shows extensive myofiber damage following
ischemic injury without muscle stem cells.
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3.4.4 Mitochondrial Network Remodels Following Hindlimb Ischemia

Another critical component of muscle repair is the bioenergetics of regenerating
myofibers3!®. Muscle regeneration is a highly energy-dependent process, and an increase
in mitochondrial content usually couples with adult myogenesis®-31637 Moreover, since
mitochondrial DNA accounts for only 13 of the proteins that constitute mitochondria while
over 99% of mitochondrial proteins are nuclear-encoded®’, we examined changes in
mitochondrial to myonuclear ratio. To this end, we isolated single myofibers from reporter
mice expressing a mitochondrial-targeted fluorescent protein (Dendra2)*® and imaged the
myofibers on a confocal microscope with a constant gain and laser power to delineate
relative mitochondrial content of the myofiber (Fig. 8A). In control samples, we noted local
mitochondrial networks as punctate and segregated into columns along the Z-line of the
myofiber contractile apparatus. At 7 days post-HLI, however, mitochondrial networks in
ischemic myofibers spanned several sarcomeres (Fig. 8A)%l. The reticulum of
mitochondria is observed again at 14 and 28 days following HLI. Surprisingly, we found
high mitochondrial densities found between the centralized nuclei at later time points,
indicated by the red arrowheads (Fig. 8A), suggesting that the new mitochondria are
synthesized by the MuSC-derived myonuclei. Because mitochondria are typically
compartmentalized to discrete domains centered around their nuclei of origin®t, we then
quantified mitochondrial domain, or relative mitochondrial volume per myonucleus, as a
metric to describe changes in the mitochondrial network surrounding each myonucleus.
Although there is no change in mitochondrial domain detected at 7- and 14-days following

ischemia when the myonuclear domain is at its smallest, we observed an ensuing dramatic
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increase in mitochondrial domain 28 days following HLI, after myonuclear domain size
has returned to normal, but myonuclei number is still elevated (Fig. 8E). Furthermore, to
support this striking increase in mitochondrial content, we also quantified relative mtDNA
copy number, which correlates with mitochondrial biogenesis®!8. To measure mtDNA copy
number31%320 we determined the mtDNA/nDNA ratio by quantifying the expression of an
mtDNA-encoded mitochondrial gene, mt-Col, relative to a nuclear-encoded mitochondrial
gene, Sdha®?. In parallel with the increased mitochondrial content observed in single
myofibers isolated from mitoDendra2 transgenic mice, mtDNA copy number is
significantly upregulated 28 days following ischemic injury (Fig. 8F). This increased
mitochondrial content and mtDNA expression at 28 days insinuate greater mitochondrial
biogenesis in regenerating myofibers, particularly near the MuSC-derived centrally located
myonuclei. To directly track mitochondria stemming from MuSCs, we generated a
transgenic mouse model for lineage tracing of mitochondria derived from Pax7-expressing
MuSCs (Pax7¢"ER crossed with Rosa26HAMIT0)322 28 days following ischemic injury,
isolated myofibers portrayed the interfibrillar MuSC-derived mitochondria as a landscape
similar to the total mitochondria seen in our mitoDendra2 transgenic model with
distinguishable mitochondrial densities between centrally located myonuclei (Fig. 8G),
indicating that MuSCs and MuSC-derived myonuclei are responsible for restoring the

mitochondrial network following hindlimb ischemia.

To test whether this increase in mitochondria was a compensatory response to prior
mitochondrial damage, we employed the mitochondrial-targeted Keima (mtKeima)
transgenic mouse model to delineate mitochondrial autophagy or mitophagy. Keima is a

pH-dependent fluorescent protein that when targeted to the mitochondria can be used to

63



assess relative quantities of healthy and dysfunctional mitochondria®®’. At the healthy,
physiological pH of mitochondria (pH 7.4), the Keima protein exhibits fluorescence with
an excitation wavelength of 488 nm and depicts a green signal (Fig. 8B). However, when
mitochondria are dysfunctional and selectively degraded by the lysosome through
mitophagy, the acidic environment (pH 4.5) shifts the excitation wavelength of the Keima
protein to 555 nm to display a red signal (Fig. 8C)3%". By merging the two channels after
confocal imaging of isolated myofibers, relative levels of healthy and autophagic
mitochondria within the skeletal muscle after an ischemic injury can be observed by
quantifying the mean fluorescent intensity of each signal (Fig. 8D). Consistent with
mitoDendra2 data, isolated myofibers from mtKeima mice 14 days following HLI
demonstrate high autophagic mitochondrial density between centrally located myonuclei,
demarcated by the white arrowheads, implying that the newly synthesized mitochondria
are dysfunctional and degraded through mitophagy. However, 28-day samples exhibit
increased healthy mitochondrial density between centrally located myonuclei, indicating
that most of these newly synthesized mitochondria are functional. Compared to the relative
levels of mitophagy and healthy mitochondria in uninjured control (red:green ratio), there
is a dramatic increase in mitophagy up to 14 days after ischemic injury while the relative
number of healthy mitochondria remains unchanged (Fig. 4g, h). However, by day 28,
mitophagy decreases, and there is a substantial accumulation of healthy mitochondria in
order to restore the physiological ratio of autophagic to healthy mitochondria (Fig. 4g, h).
These results suggest high rates of mitochondrial turnover in conjunction with increased

mitochondrial biogenesis through 28 days following hindlimb ischemia.
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Figure 8. Changes in mitochondrial domain following hindlimb ischemia. (A)
Confocal imaging of single myofibers from TA of mitoDendra2 mice control, 7 days, 14
days, and 28 days following HLI using constant gain and laser power. Nuclei pseudo-
colored in Dblue, mitochondria in white. Red arrowheads indicate areas of high
mitochondrial density. (B) Confocal imaging of single myofibers from TA of mtKeima
mice in 488nm channel to delineate healthy mitochondria. (C) Confocal imaging of single
myofibers from TA of mtKeima mice in 555nm channel to delineate Mitophagy. (D)
Merged images of mtKeima myofibers in green (B) and red (C) channels to portray relative
levels of healthy to autophagic mitochondria. Scale bars represent 50 pm. (E)
Mitochondrial domain of at least 20 single myofibers per sample at various timepoints
calculated as relative integrated fluorescent density of total mitochondria in mitoDendra2
mice divided by the number of myonuclei (n=3). (F) Relative mtDNA copy number
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quantified as expression of mitochondrial-encoded mt-Col normalized by expression of
nuclear-encoded Sdha (n=3). (G) Representative confocal image of single myofiber from
TA of Pax7-mitoTag mice to delineate myonuclei (blue) and MuSC-derived mitochondria
(purple). Scale bar represents 20 um. (H) Relative mitochondrial content of healthy and
autophagic mitochondria of at least 20 myofibers per sample in mtKeima mice calculated
as mean fluorescent intensity of each fiber (n=3). (I) Red to green ratio of myofibers in
mtKeima mice to represent mitochondrial autophagy to healthy mitochondria (n=3).
*p<0.05, **p<0.01, ***p<0.001 using one-way ANOVA compared to control for all
figures.

3.4.5 Mitochondrial Membrane is Altered Following Hindlimb Ischemia

In order to determine a potential mechanistic link between high mitochondrial
turnover and muscle stem cell-derived mitochondrial network remodeling, we next
investigated protein expression of OPAL, a nuclear-encoded dynamin-like GTPase that
plays an imperative role in the fusion of the inner mitochondrial membrane and
stabilization of the cristae ultrastructure®®3%, An OPA1 precursor containing a
mitochondrial targeting sequence is imported into the mitochondrion and proteolytically
cleaved into the long (L-OPA1) isoform and anchored to the inner membrane®%. While L-
OPAL is then subsequently processed into the short (S-OPAL) isoform in the matrix and
translocated to the intermembrane space®?’, a critical balance of both isoforms is necessary

for functional mitochondrial fusion dynamics®?®

. Western blot analyses demonstrated
considerably diminished protein expression levels of both L-OPAL1 (Fig. 9A, 9D, 9E) and
S-OPAL1 (Fig. 9B, 9D, 9E) at 7 and 14 days post-HLI. The decreased OPAL1 content of both
isoforms at days 7 and 14, coinciding with high levels of mitophagy at these time points,

suggests that OPAL plays a role in the elevated mitochondrial turnover due to impaired

mitochondrial dynamics. Interestingly, when Opal gene expression is substantially
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upregulated by day 28 (Fig. 9C), OPA1 protein levels recover, and the ratio of mitophagy
to healthy mitochondria is restored. Furthermore, prohibitin 2 (PHB2), a multi-functional
mitochondrial scaffolding protein localized in the inner membrane, is essential for proper
cleavage of OPAL1 into the L-OPAL isoform®. We observed PHB2 protein significantly
elevated at day 14 (Fig. 9F, 91, 9J), while Phb2 gene expression is downregulated (Fig.
9G). Since PHB2 import into the mitochondria is dependent upon the maintenance of
mitochondrial membrane potential, in severely damaged muscle, PHBZ2 is unable to target
depolarized mitochondria and regulate the cleavage of OPAL appropriately®?, further
suggesting that ischemia induces damage to mitochondria. Intriguingly, prohibitin 1
(PHB1), which is known to modulate mitophagy following oxidative stress®?, exhibited a
striking upregulation in gene expression at 14 and 28 days after ischemic injury (Fig. 9H),
indicating that PHB1 may contribute to the functional cleavage of OPA1 by day 28 to
compensate for the altered PHB2 expression. Overall, these findings indicate that OPA1,
PHB2, and PHBL1 are key processes that resolve mitochondrial dysfunction and augment

mitochondrial dynamics following HLI.
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Figure 9. Altered mitochondrial membrane protein expression after hindlimb
ischemia. (A) Quantified Western blot analyses 7, 14, and 28 days following CLI for the
long isoform of OPA1 protein expression (n=3). (B) Quantified Western blot analyses 7,
14, and 28 days following HLI for the short isoform of OPAL protein expression (n=3).
(C) Relative gene expression of Opal 7, 14, and 28 days following critical limb ischemia
(n=3). (D) Western blot analyses 7 days and 14 days following HLI for long (L-) and short
(S-) isoforms of OPAL and Ponceau S as loading control (n=3). (E) Western blot analyses
28 days following HLI for long (L-) and short (S-) isoforms of OPA1 and Ponceau S as
loading control (n=3). (F) Quantified Western blot analyses 7, 14, and 28 days following
HLI for prohibitin 2 protein expression (n=3). (G) Relative gene expression of prohibitin
2 7,14, and 28 days following HLI (n=3). (H) Relative gene expression of prohibitin 1 7,
14, and 28 days following HLI (n=3). (I) Western blot analyses 7 days and 14 days
following HLI for PHB2 and Ponceau S as loading control (n=3). (J) Western blot analyses
28 days following HLI for PHB2 and Ponceau S as loading control (n=3). *p<0.05,
**p<0.01 using multiple t-tests compared to control for all figures. Black bars represent
control and gray bars represent hindlimb ischemia for all figures.
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3.4.6 Mitochondrial Function is Impaired after Hindlimb Ischemia

Because mitochondrial dynamics are regulated by redox state®°, we next
investigated alterations to mitochondrial oxidative phosphorylation and ROS generation
by performing functional analyses and measuring levels of various proteins associated with
mitochondria at days 7, 14, and 28. We analyzed the bioenergetic function of isolated
mitochondria at day 7 by measuring basal (State 1) respiration. The basal oxygen
consumption did not reach a statistical difference. However, in State 1, mitochondrial
emission of H20, was ~3-fold higher in ischemic muscle compared to contralateral control
(Fig. 10A)'*°, To further assess mitochondrial function, Western blot analyses (Fig. 10B,
10C, 10D) for the electron transport chain complexes also revealed that subunits of
complexes 1, 11, and IV at day 7 and complex Il at day 14 were significantly declined,
suggesting a potential disruption in mitochondrial bioenergetics and concomitant release
of ROS following ischemia and reperfusion. However, by day 28, the expression of all
electron transport chain complexes returned to control (Fig. 10B, 10D). Furthermore, the
protein levels of key antioxidant enzymes that convert the highly reactive superoxide into
the H>O> signaling molecule, SOD2 (MnSOD) in the mitochondrial matrix and SOD1
(CuznSOD) in the intermembrane space and cytosol, exhibited no change in SOD2
content, but a significant decrease in SOD1 content on day 14 (Fig. 10E, 10F, 10G).
Finally, the amount of the oxygen-binding protein myoglobin, typically correlated with
mitochondria content®3, was decreased at day 14, supporting the loss of myoglobin-rich
type | fibers following ischemia and suggesting decreased oxygen utilization and high
mitochondrial turnover in the ischemic muscle (Fig. 10E, 10H). Taken together, these

results demonstrate a novel finding that an ischemia-induced mitochondrial dysfunction is
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strongly coupled with MuSC-induced mitochondrial domain remodeling and
mitochondrial biogenesis to restore skeletal muscle bioenergetic function in the newly

regenerated myofibers.
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Figure 10. Impaired mitochondrial function following hindlimb ischemia. (A) Basal
(state 1 respiration) oxygen consumption rate and mitochondrial hydrogen peroxide (H20>)
production from hindlimb skeletal muscles 7 days following HLI using Oroboros
Oxygraph-2k (n=3). (B) Quantified Western blot analyses 7, 14, and 28 days following
CLI for mitochondrial ETC complex | (NDUFB8-subunit), complex Il (SDHB-subunit),
complex 111 (UQCRC2-subunit), complex IV (MTCO1-subunit), and complex V (ATP5A-
subunit) relative protein expression (n=3). (C) Western blot analyses 7 days and 14 days
following HLI for mitochondrial ETC complexes and Ponceau S for loading control (n=3).
(D) Western blot analyses 28 days following CLI for mitochondrial ETC complexes and
Ponceau S for loading control (n=3). (E) Quantified Western blot analyses 14 days
following HLI for SOD2 (n=3), SOD1 (n=6), and myoglobin (n=6) protein expression. (F)
Western blot analyses 14 days following HLI for SOD2 and GAPDH as loading control
(n=3). (G) Western blot analyses 14 days following HLI for SOD1 and actin as loading
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control (n=6). (H) Western blot analyses 14 days following HLI for myoglobin and
GAPDH as loading control (n=6). 3 or 6 representative biological samples for each blotted
protein are shown and each protein blot was conducted on the same gel and membrane.
*p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 using multiple t-tests for panels A and E,
one-way ANOVA for individual complexes in panel B compared to control for all figures.

3.5 Discussion

In the present study, we report hindlimb ischemia-induced remodeling of various
niche components of the MuSC, particularly the neuromuscular junction of the motor unit,
myonuclear number, and mitochondrial content of the myofiber. Due to the delayed
regenerative response of skeletal muscle as a result of the abnormal perfusion to the tissues,
we observed incomplete regeneration of the MuSC niche components for up to 56 days.
Specifically, myofibers were still centrally nucleated while NMJs were incompletely
reinnervated for at least 56 days. Ischemia-induced denervation at early time points resulted
in a subsequent reorganization of the motor units that were associated with a loss of slow-
twitch, type | fibers at days 14 and 28. Moreover, the increase in subsynaptic nuclei that
maintain the NMJ synaptic transmission following ischemia supports the notion that
MuSCs play a role in the repair of the NMJ*L. In parallel, the MuSC-mediated increase in
number of the myonuclei within a muscle fiber and its concomitant decrease in myonuclear
domain, or cytoplasmic volume governed by each myonucleus, are likely a part of the
repair mechanism of skeletal muscle in order to restore the transcriptional and translational
output of contractile and structural components of regenerating myofibers. The smaller
myonuclear domain following an ischemia-induced fusion of MuSCs into damaged fibers

also allows enhanced expression of transcripts required for mitochondrial and myofibrillar
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network remodeling. We also demonstrate for the first time that ischemia/reperfusion-
induced changes in the myonuclear remodeling are significantly correlated with the
mitochondrial content adjacent to centrally located myonuclei, known as the mitochondrial
domain, to potentially support the high energy demands of the regenerating tissues and

remodel the mitochondrial reticulum of the myofibers.

In order to gain a more comprehensive understanding of mitochondrial biogenesis
during ischemia/reperfusion-induced skeletal muscle regeneration, it is necessary to
determine the origin of the accumulated mitochondria. While 13 proteins of the
mitochondrial electron transport chain are encoded by mtDNA, thousands of mitochondrial
proteins are nuclear-encoded and need to be imported into the mitochondria®’, illustrated
by the high mitochondrial density localized adjacent to myonuclei. For example, a scaffold
protein known as OPA1, which is encoded in the nuclear genome but contains a
mitochondrial targeting sequence, maintains the cristae organization and plays a major role
in mitochondrial dynamics by regulating fusion of the inner membrane3?*-*%, Based on the
findings from this study, there are several possible explanations for the increase in
mitochondrial content. First, oxidative stress and ROS may directly upregulate the genes
required for mitochondrial dynamics (fusion and fission)332. Because mitochondrial fission
of damaged fragments is a requirement of mitochondrial autophagy'®, there may be an
increase of fission events in myofibers following hindlimb ischemia. However, the
diminished levels of OPA1, required for mitochondrial fusion®23-32 and the sensitivity of
OPA1 to high levels of ROS generated after an ischemic injury®®, indicate that

mitochondrial fusion is debilitated. Therefore, it is unlikely that mitochondrial dynamics

dictate increased mitochondrial content.
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A second possible explanation for the increased mitochondrial content is that due
to the mitochondrial dysfunction and impaired bioenergetics®*3, myonuclei may respond as
an adaptive measure to upregulate expression of the genes required to produce functional
mitochondria and meet the high energy demands of skeletal muscle. This is accomplished
by MuSCs fusing with degenerating myofibers to increase the number of myonuclei that
can more generate transcripts for the biogenesis of their surrounding mitochondria. While
we observe an increase in quiescent Pax7* MuSCs that have few active mitochondria and
rely on glycolytic metabolism at day 7 following injury%, this is accompanied by an
increase in differentiating myogenic progenies through the asymmetric division of MuSCs
that can fuse into multinucleated myotubes®**. The myotubes then undergo a late fusion
into regenerating myofibers to produce mature myonuclei that migrate to the center of the
myofiber3!*, supported by the accretion of myonuclei and their locations after an ischemic
insult. These MuSC-derived myonuclei may also produce genes such as SIRT1, PGC-1a,
FOXO03, or AMPK in order to initiate mitochondrial biogenesis®*3%3% Due to the
ischemia-induced damage to the mitochondria, it is likely that these myonuclei synthesize
new mitochondria to remodel the mitochondrial network within its domain. To corroborate
this hypothesis, our findings display remarkably high mitochondrial densities located
between the centrally positioned myonuclei as a mechanism to reset its mitochondrial
domain. Proteins such as the prohibitin isoforms, which have been shown to possess both
the mitochondrial- and nuclear-targeting sequence to assist in the import of nuclear-
encoded mitochondrial proteins such as OPA1%%4, allow the mitochondrial genome and
the nuclear genome to communicate during muscle regeneration. Signified by the elevated

levels of prohibitin 2 and the close proximity of mitochondria to the myonuclei following
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ischemia, we suggest for the first time that MuSC-derived myonuclei drive biogenesis of
mitochondria to restore the compartmentalized architecture of the mitochondrial reticula
within a regenerating myofiber. To further elucidate the mechanism behind the
mitochondrial biogenesis, we plan to examine the roles of master regulators involved in
mitochondrial formation and dynamics and conduct a loss-of-function study by analyzing

myonuclei number and mitochondrial content in transgenic mice with depleted MuSCs.

While we establish a notable increase in mitochondrial content by day 28 following
ischemia, our data also contributes insight into the preceding ischemia-induced
mitochondrial dysfunction. While ROS, such as hydrogen peroxide (H20z), is required for
redox signaling and regulation of transcription factors, imbalanced homeostasis resulting
in excess H>O> production can oxidize lipids, proteins, and nucleic acids of the MuSC
niche®¥’. Mitochondria are one of the major sources of ROS and generate H2O. by
converting the highly reactive superoxide into the more stable H.O>, catalyzed by the
antioxidant enzyme superoxide dismutase (SOD). To elucidate the precise origin of
increased H>O2 production in ischemic mitochondria, the enzymatic activity of the
mitochondrial membrane complexes and isoforms of SOD as well as quantification of
superoxide levels are required. Although complex | releases ROS into the mitochondrial
matrix, complex 11 releases ROS to both sides of the inner membrane®®, Since the content
of SOD2 (MnSOD), primarily localized in the matrix, is unchanged while the contents of
SOD1 (CuznSOD) and OPAL, both found in the intermembrane space and along the inner
membrane, are decreased, we postulate that ROS are present in the intermembrane space
due to complex Ill-mediated electron leak. So, to fully characterize the mitochondrial

dysfunction following ischemia, we can analyze complex Il activity to test this hypothesis.
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Finally, because the vasculature is required in biological tissues to supply key
nutrients, growth factors, chemokines, oxygen, and immune cells that initiate tissue
regeneration and regulate mitochondrial function?%2-2%3% it js evident that functional
perfusion to the tissues is a key determinant in regeneration Kkinetics. It is noteworthy,
however, that our studies were conducted on C57BL/6J mice, which have been shown to
exhibit more pre-existing collateral vessels'®, greater angiogenic potential, higher
revascularization rates'®®, increased mitochondrial respiration!®!, and enhanced skeletal
muscle regeneration compared to other strains of mice (i.e., BALB/c, 12952/Sv)'%2. While
beyond the scope of this current study, similar genetic polymorphisms may manifest in the
population of human PAD patients and thus, it is worthwhile to study the effects of
ischemia in various mouse strains to provide a more representative animal model of PAD

despite genetic differences.

In summary, we demonstrate remodeling of MuSC niche components following
ischemic injury, notably through neuromuscular junction repair by subsynaptic nuclei,
increased myonuclei number, decreased myonuclear domain, and greater mitochondria
content per nucleus of skeletal muscle fibers. These data also indicate that HLI resets the
myonuclear and mitochondrial domains, coordinated by the muscle stem cell, as part of the
regenerative mechanism in ischemic conditions. The findings from this study illustrate the
complex regenerative response of the MuSC niche following critical limb ischemia and
serve as a basis to further explore mechanisms of mitochondrial biogenesis in skeletal

muscle regeneration.
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CHAPTER 4. MUSCLE STEM CELLS DICTATE
BIOENERGETIC FUNCTION OF DYSTROPHIC SKELETAL

MUSCLE

4.1 Abstract

Mitochondrial dysfunction has been implicated in various pathologies, including
muscular dystrophies, though the underlying source of these defective mitochondria
remains unclear. During muscle regeneration, resident muscle stem cells (MuSCs) undergo
adult myogenesis to form de novo myofibers or fuse to existing syncytia. Leveraging this
cell-cell fusion process, we postulated that mitochondria stemming from MuSCs could be
transferred to myofibers during muscle regeneration to remodel the mitochondrial network
and restore bioenergetic function. In this study, using FACS-purified MuSCs from
wildtype C57BL6/J and dystrophic mdx mice, we assessed the myogenic capacity and
bioenergetic function of these MuSCs in vitro. MuSCs were tested for gene expression,
differentiation potential, and oxygen consumption rate through the course of myogenic
progression. To test the ability of MuSCs to remodel the mitochondria in mature myofibers,
we then performed ectopic transplantation of MuSCs with mitochondrial fluorescent
reporters via intramuscular injections. Engrafted myofibers were identified and isolated
based on fluorescent markers. MuSC-engrafted myofibers were imaged for changes in
mitochondrial morphology, gene expression, and mitochondrial bioenergetic function.
First, the myogenic capacity of dystrophic MuSCs to form myotubes was significantly
impaired (77% reduction in myotube number, p<0.001). Along with altered mitochondrial

gene expression and content, MuSCs from mdx mice also manifested a significant
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reduction in mitochondrial respiration (28% decrease in basal respiration, p<0.01; 25%
decrease in ATP production, p<0.01). Furthermore, mitochondria stemming from
dystrophic MuSCs were shown to fuse with existing dystrophic myofibers to propagate
mitochondrial dysfunction (23% decline in ADP-stimulated respiration, p<0.01).
Conversely, by transplanting healthy donor MuSCs into dystrophic host muscle, the
organization of the mitochondrial network was restored, mitochondrial biogenesis was
improved (84% upregulation of mtDNA copy number, p<0.05; 41% upregulation of PGC-
la (ppargcl), p<0.05), and the bioenergetic function was rejuvenated (51% increase in
ADP-stimulated respiration, p<0.05). Similarly, when bioenergetically-compromised
donor MuSCs were transplanted, improvements in mitochondrial organization and
bioenergetic function were ablated in the dystrophic recipients. Overall, these findings
reveal a unique role of muscle stem cells as an essential regulator of myofiber
mitochondrial homeostasis and provide insight into a potential therapeutic target against

various mitochondrial myopathies.

4.2 Introduction

Duchenne muscular dystrophy (DMD) is a debilitating skeletal muscle disorder
characterized by a loss-of-function mutation in dystrophin, a structural protein that
connects the membrane and cytoskeleton of the myofiber to its surrounding extracellular
matrix?%340, As a consequence, unstable sarcolemmal membranes cause dystrophic
myofibers to become susceptible to contraction-induced injuries, invoking progressive
muscle wasting®**. To repair damaged muscle, quiescent muscle stem cells (MuSCs), also
referred to as satellite cells, commit to the myogenic lineage and initiate adult myogenesis

through activation of distinct transcriptional factors, followed by differentiation and fusion
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into de novo syncytia or existing multinucleated myofibers*. Proliferating MuSCs can also
self-renew to replenish the quiescent stem cell pool. However, in DMD, repeated rounds
of degeneration and regeneration impair the myogenic progression of MuSCs and
eventually deplete the muscle-forming stem cell pool®2%, These pathological features
exacerbate the regenerative capacity of DMD myofibers and ultimately lead to loss of
ambulatory function and early death caused by the failure of vital respiratory muscles??’.
Hence, considerable research effort has been directed towards developing cell-based
therapies to restore dystrophin and regenerative function in pre-clinical and clinical models

of DMD?**,

Prior to discovery of dystrophin, DMD was considered a metabolic disorder?®,
Recent studies reconfirmed that the loss of dystrophin is indeed accompanied by myofiber
mitochondrial dysfunction and a concomitant increase in oxidative stress??1:343-345,
Moreover, pre-clinical studies reported that restoration of mitochondrial bioenergetic
function ameliorates pathological progression in the animal models of DMD?2334¢, Several
investigators have reported correlative evidence that the unstable sarcolemmal membrane
and contraction-induced injuries cause an overwhelming influx of extracellular Ca®* that
alters mitochondrial buffering capacity and this, in turn, leads to mitochondrial swelling,
loss of mitochondrial membrane potential, a decline in oxidative phosphorylation, an
increase in reactive oxygen species (ROS) production, permeability transition pore (PTP)
opening, and apoptotic or necrotic death of myofibers®*3%, Recently, we demonstrated
that during muscle regeneration, damaged mitochondria are removed by macro-autophagy
(mitophagy), and newly synthesized mitochondria stemming from satellite cells

reconstitute mitochondrial networks to reestablish mitochondrial-nuclear genome
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communication in regenerating myofibers'%, Since myofibers are both multinucleated and
post-mitotic, and because of the short half-life of mitochondria relative to the myofiber®#,
the reciprocal interactions between myonuclei and the mitochondrial network are crucial
in maintaining the mitochondrial domains (distinct regions of mitochondria surrounding
and regulated by each myonucleus) within mature skeletal myofibers. Approximately 99%
of mitochondrial proteins are nuclear-encoded and must be transported from myonuclei
into mitochondria®°. Thus, without competent accretion of new myonuclei derived from
MuSCs, mitochondrial homeostasis and bioenergetic function are severely
compromised!!’**, In addition, muscle mitochondria form myofibrillar- and
subsarcolemmal-mitochondrial networks, allowing an efficient exchange of nascent
proteins encoded by different myonuclei®*?. Furthermore, despite their confined locations
within myofibers, muscle mitochondria readily regulate their size, shape, and volume
through mitochondrial dynamics (fission, fusion, and mitophagy) to maintain plasticity®°*,
Yet, very little is known on whether recurring degeneration and impaired asymmetric
division of MuSCs impact the formation of the mitochondrial network and whether
putative mitochondrial dysfunction found in DMD myofibers arise directly from MuSCs

as a consequence of repetitive rounds of adult myogenesis.

Herein, we demonstrate that MuSC mitochondria play a causal role in the
bioenergetic function of mature myofibers. In dystrophin-deficient MuSCs, which embody
defective mitochondria, bioenergetically-compromised mitochondria are transferred to
myofibers during muscle regeneration. Consequently, in DMD muscle, repeated
degeneration and myogenic fusion of MuSC-derived myotubes during muscle repair lead

to accumulation of bioenergetically-impaired mitochondria from muscle stem cells and
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cause chronic mitochondrial dysfunction in dystrophic myofibers. By leveraging ectopic
MuSC transplantation, we demonstrate that healthy donor MuSCs can reconstitute the
mitochondrial network of dystrophic host muscle and ameliorate mitochondrial function.
Conversely, the transplantation of MuSCs with damaged mitochondria abolishes this
metabolic enrichment, verifying that high quality of donor MuSC mitochondria is critical
in boosting the oxidative capacity of the diseased muscle during muscle regeneration.
These findings provide a conceptual foundation for using MuSC-derived mitochondrial
transplantation as a therapeutic tool that can be applied to numerous skeletal muscle

disorders, including mitochondrial myopathies.

4.3 Methods

4.3.1 Animal Models

Young (2-4 months) and aged (20-24 months) C57BL/6J mice, as well as
mitoDendra2, H2B-EGFP, Rosa26-tdTomato, p-actin-GFP, Pax7-tdTomato and DMD-
mdx4CV mice, all with C57BL/6J genetic background, were purchased at Jackson
Laboratory. Pax7¢" mice were crossed with Rosa26™™M!TO mice to generate a reporter
mouse for lineage tracing mitochondria derived from Pax7-expressing MuSCs. SOD1
knockout mice were provided by Dr. Holly Van Remmen (Oklahoma Medical Research
Foundation). All mice were housed, aged, and/or bred in pathogen free conditions in the
Jang lab mouse colony of the Physiological Research Laboratory (PRL) at Georgia Institute
of Technology. All procedures were performed in accordance with the Institutional Animal

Care and Use Committee (IACUC) at Georgia Institute of Technology.

4.3.2 Muscle Stem Cell Isolation and Transplantation
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MuSCs were isolated through a cell sorting procedure as previously
performed>334, Briefly, hindlimb muscle tissues were harvested from young (2-4 months
of age) and aged (20-24 months of age) mice, and then they were incubated in 20 mL of
DMEM media containing 0.2% collagenase type Il (Worthington Biochemical
Corporation) and 2.5 U/ mL dispase (Gibco) for 90 min. at 37 °C. After tissue digestion,
the resulting media were mixed with same volume of stop media (20% FBS in F10), filtered
using a cell strainer with a pore size of 70 um, and then centrifuged (300 g for 5 min. at 4
°C) (Allegra X-30R Centrifuge, Beckman Coulter, USA) to obtain the myofiber-associated
cell pellet. The cell pellets were washed with Hank’s balanced salt solution (HBSS)
containing 2% donor bovine serum (DBS), and the cells were incubated with primary
antibodies. For MuSC sorting, a cocktail mixture containing the following antibodies was
used: (1) APC conjugated anti-mouse CD11b (1:200; BiolLegend), CD31 (1:200;
BioLegend), CD45 (1:200; BioLegend), Sca-1 (1:200; BioLegend), and Ter119 (1:200;
BioLegend), (2) PE conjugated anti-mouse CD29 (1:100; BioLegend), and (3) biotinylated
anti-mouse CD184 (1:100; BD Biosciences). After incubation for 30 min. at 4 °C, the
primary antibodies-treated cells were washed, centrifuged (300 g for 5 min. at 4 °C), and
then treated with a secondary antibody (Streptavidin PE-Cy7) (1:50; Invitrogen) for 20
min. at 4 °C. Following propidium iodine (PI) treatment and strainer filtration (70 um), the
MuSCs (PI, CD11b, CD45, Sca-1, and Terl119; negative selection, CD29 and CD184;
positive selection) were subsequently isolated by fluorescence activated cell sorting
(FACS) (BD FACS Aria Ill, BD Biosciences, USA). 24 hours after BaCl> (1.2% wi/v)
injury to the tibialis anterior muscle (TA) of the recipient mouse to induce regeneration,

200,000 freshly sorted MuSCs suspended in 10 pul HBSS with 2% donor bovine serum
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were injected intramuscularly into the TA muscle with a Hamilton syringe. Donor MuSCs
were collected from f-actin-GFP mice to track transplanted cells following engraftment
and myogenic fusion into the myofiber. 4 weeks following MuSC transplantation, mice
were euthanized and the TAs were dissected for tissue analysis. Sham injury with BaCl»
injection but no MuSC transplantation was used as the contralateral control. No differences
in mitochondrial content or myofiber respiration were observed between naive mdx muscle

and BaClz-injured muscle 28 days after injection.

4.3.3 SPADE Tree Analysis

Using B1-integrin (CD29) and CXCR4 (CD184) as stemness markers of MuSCs
from FACS sorting data, we clustered purified MuSCs from wildtype and mdx mice based
on CD29 and CD184 expression using SPADE (spanning tree progression of density
normalized events) tree analysis to delineate the heterogeneity of the MuSC population in
2 dimensions. Each node represents a set of MuSCs clustered together based on expression
of all surface markers (CD11b, CD45, Sca-1, Ter119, CD29, and CD184). The size and
color of each node represents the relative number of cells and median marker expression.
SPADE was performed on MATLAB wusing a source code found at
http://penggiu.gatech.edu/software/SPADE/. The following parameters were used to
generate the SPADE trees: apply compensation matrix in FCS header, Arcsinh
transformation with a cofactor of 150, neighborhood size of 5, local density approximation
factor of 1.5, maximum allowable cells in pooled downsampled data of 50,000, target
density of 20,000 cells remaining, and number of desired clusters of 15. Within the SPADE
tree, nodes were then manually grouped to congregate nodes with high CD29/high CD184

expression, high CD29/low CD184 expression, low CD29/high CD184 expression, and
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low CD29/low CD184 expression. The total number of cells within each of these groups

were then counted and compared between wildtype and mdx MuSC populations.

4.3.4 Muscle Stem Cell Culture and Immunostaining

Following MuSC isolation, 8,000 purified cells were seeded into an ibidi 96 well
glass bottom plate in F10 media supplemented with 20% horse serum, 1% glutaMAX, 1%
penicillin/streptomycin, and 25 ng/mL basic fibroblast growth factor (b0FGF). For quiescent
MuSCs, cells were fixed with 4% paraformaldehyde after 12 hours to allow cells to adhere
to bottom of the plate. To proliferate MuSCs while inhibiting differentiation, 25 ng/mL
bFGF was supplemented daily. To differentiate MuSCs and facilitate fusion into myotubes,
MuSCs were first treated with 25 ng/mL bFGF for 4 days and then allowed to differentiate
and fuse for another 6 days before fixation. Fixed cells were then stained by treating cells
with Hoechst 33342 (1:1000 dilution) for DAPI and phalloidin-iFluor 555 (1:500 dilution)
for F-actin, diluted in blocking buffer (2% BSA, 0.5% goat serum, 0.5% Triton X-100 in
PBS). After staining, z-stack images of cells were taken on a Zeiss 700 Laser Scanning
Confocal microscope. Mitochondrial content was quantified by measuring relative

fluorescent intensity of Dendra2 signal in maximum intensity projections.

4.3.5 Mitochondrial Isolation and Transplantation

Mitochondria were first isolated by mincing and digesting mouse skeletal tissue
with 0.1 mg/ml dispase, 1 mg/ml trypsin in Chappell-Perry buffer (100 mM KCI, 50 mM
MOPS, 10 mM MgS0s-7H20, 10 mM ATP, pH 7.4). Isolated mitochondria were obtained
from digested tissue through differential centrifugation and a BCA assay was performed to

determine protein concentration. Recipient tibialis anterior muscles were injected with 2
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mg/ml hyaluronidase 1 hour before transplantation of 250 pg isolated mitochondria using
an insulin syringe. Transplanted muscles were dissected and fixed for cryosectioning 2 and

7 days following injection to visualize uptake of isolated mitochondria.

4.3.6 Myoblast Isolation

Myoblasts were isolated as previously described with some modifications®*®.
Whole hindlimb muscles were collected from euthanized mouse to isolate myoblasts.
Collected muscles were minced finely with surgical scissors and added to digestion
solution (0.2% type 2 collagenase in DMEM). Tissues were digested for 1 hour at 37 °C
followed by passing the tissue slurry through a 20G needle for several times to break the
remaining chunks. To stop the reaction, 40 mL PBS was added to the slurry. Single cells
were collected by using 40 um nylon mesh filter and the cell pellets were plated on collagen
coated dish with growth media (30% FBS, 1% Pen/Strep, 1% non-essential amino acids,
10 ng/mL FGF-2 in DMEM). After a 16-hour attachment, the cells in the supernatant were
transferred and attached to a new collagen-coated dish for 3 hours at 37 °C. Again, the
supernatant was collected to be transferred to a Matrigel-coated dish. After 24 hours, media
was changed to remove unattached cells. After another 24 hours, attached cells were
trypsinized and re-plated on a new collagen-coated dish that was shaken every 5 minutes
for 10 times. The isolated primary myoblasts in the supernatant were relocated onto a new

Matrigel-coated dish for further experiments.

4.3.7 Mitochondrial Respiration of Stem Cells and Myoblasts

Using the Lucid Scientific RESIPHER device on a 96-well plate, oxygen flux of

the cell monolayer can be quantified real-time throughout MuSC culture and myogenesis.
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Oxygen flux was quantified in wells with 8,000 seeded MuSCs during the first 4 days with
25 ng/mL bFGF supplementation to proliferate MuSCs and during the next 6 days without
bFGF to allow MuSC differentiation and fusion. For comprehensive analysis of
mitochondrial respiration in MuSCs, 8,000 cells per well in a Seahorse XFp miniplate were
supplemented with 25 ng/mL for 8 days until confluent. Myoblasts, validated through
lineage tracing (Pax7-tdTomato) as MuSC progenies, were also isolated via pre-plating®®®
for Seahorse mitochondrial analysis. Prior to running the Seahorse assay, media was
changed to XF Base DMEM with 1 mM pyruvate, 2 mM glutamine, and 10 mM glucose.
Sensor cartridges were loaded for sequential injections to result in final concentrations of
1 uM oligomycin, 1 pM carbonyl cyanide 3-chlorophenylhydrazone, and 0.5 UM rotenone.
MuSCs and the cartridge were placed in a Seahorse XFp Analyzer to test mitochondrial

function at various stress conditions.

4.3.8 Skeletal Muscle Immunofluorescent Imaging

Following euthanasia, mouse hindlimbs were fixed in 4% PFA and the tibialis
anterior muscles were dissected. For cross-sectional images, muscles were prepared as
previously described®® where muscles were cryopreserved with 20% sucrose overnight
then frozen in liquid nitrogen-cooled 2-methylbutane. Muscles were sectioned at 10 pm in
a cryostat and stained with phalloidin (for F-actin) (Thermo A22287), SOD2 (Enzo ADI-
SOD-100-F), and DAPI (Vector Labs H-1200) for fluorescent imaging on a Zeiss 700
Laser Scanning Confocal microscope. For single fiber images, fixed muscle fiber bundles
were first stained with phalloidin and DAPI, then mechanically separated into single
muscle fibers as previously described'®. Isolated muscle fibers were mounted on slides for

imaging on a confocal microscope.
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4.3.9 Biochemical Analyses

For Western blot analyses to quantify protein contents, tibialis anterior muscles
were homogenized in BioMasher homogenization tubes (VWR KT749625-0030) in RIPA
lysis buffer (VWR 97063-270) supplemented with Roche cOmplete Mini Protease
Inhibitors (Roche 04693124001) and PhosSTOP Phosphatase Inhibitors (Roche
04906837001) at 1 mL lysis buffer per 100 mg muscle tissue. After 3 freeze-thaw cycles,
muscle homogenates were centrifuged at 18,400 g for 10 minutes and the supernatants were
collected. The supernatants were normalized for protein concentration using a BCA assay
kit (Thermo 23225) and mixed with Laemmli buffer (Bio-Rad 161-0737). 50 pg of the
protein mix were run through a 4-20% Criterion TGX gel (Bio-Rad 5671093) at 150 V for
85 minutes and transferred to a PVDF membrane using the Trans-Blot Turbo System at 2.5
A for 7 minutes. Following antibody staining, membranes were imaged on Li-Cor Odyssey
CLx-1050 Infrared Imaging System and bands were quantified on Li-Cor Image Studio
V5.2. Membranes were subsequently stained with Ponceau solution (Sigma P7170) as a

loading control and imaged on Amersham.

For quantitative real-time polymerase chain reaction, muscles were homogenized
in a similar method to Western blot preparation with the exception of RLT buffer supplied
in the RNeasy® Mini Kit (Qiagen 74104) supplemented with 1% [B-mercaptoethanol
(Sigma M6250) instead of RIPA lysis buffer. Following collection of the supernatant, RNA
was isolated according to the protocol provided by Qiagen RNeasy® kit. RNA
concentration was measured in a NanoDrop One and samples were normalized according
to RNA content. The Applied Biosystems High Capacity cDNA Reverse Transcription Kit

(4368814) was used to reverse transcribe the isolated RNA into cDNA. The cDNA was

86



combined with Applied Biosystems PowerUp SYBR Green Master Mix (A25742) and
corresponding primers in 96-well plates and run in an Applied Biosystems StepOnePlus
Real-Time PCR system to perform the qPCR reactions. B-actin and B2m, which we found
to be stably expressed in our muscle samples, were used as housekeeping genes to quantify
relative fold induction. For the PCR array data, cONA was mixed with PowerUp SYBR
Green Master Mix, loaded into the Qiagen Mouse Mitochondria RT? Profiler PCR Array

(330231), and run in an Applied Biosystems StepOnePlus to quantify the data.

4.3.10 Mitochondrial Respiration of Permeabilized Myofibers

Immediately following euthanasia and dissection of the tibialis anterior, fresh
muscles were places in cold buffer X (7.23 mM K2EGTA, 2.77 Ca K:EGTA, 20 mM
imidazole, 20 mM taurine, 5.7 mM ATP, 14.3 mM phosphocreatine, 6.56 mM MgCl.-
6H20, 50 mM K-MES) as previously described®®. Fiber bundles with approximate wet
weights of 4 mg were mechanically separated under a dissecting scope with fine forceps
and permeabilized with 30 pg/ml saponin for 40 minutes. For transplanted muscles, a
NIGHTSEA Stereo Microscope Fluorescence Adapter (Electron Microscopy Sciences
SFA-LFS-RB, SFA-LFS-GR) was used to locate and isolate fluorescent engrafted fibers.
Following permeabilization, fiber bundles were washed in cold buffer Z (105 mM K-MES,
30 mM KCI, 10 mM KH2PO4, 5 mM MgCl,-6H20, 0.5 mg/ml BSA, 1 mM EGTA) for 15

minutes to remove any residual saponin.

Following permeabilization of fiber bundles, samples were loaded into an Oroboros
O2k Oxygraph with 2 mL buffer Z without MgCl, and supplemented with 2.5 mM

Magnesium Green (Thermo M3733) in order to simultaneously measure oxygen
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consumption and relative ATP production rates. Prior to loading samples in the chamber,
the system was calibrated using various titrations of ATP to ADP ratios to determine
relative ATP production due to the higher binding affinity of Magnesium Green to ATP
compared to ADP. After loading samples, the chamber was equilibrated for 15 minutes to
reach basal (State 1) respiration rates. Glutamate (10 mM) and malate (2 mM) were then
added to the chambers for complex I-linked State 2 respiration rates, followed by the
addition of ADP (5 mM) to initiate State 3 respiration. Oxygen consumption rates were
expressed as pmol/sec/mg fiber wet weight while relative ATP production rate was
measured as changes in the ATP to ADP ratio. All measurements were conducted at 37 °C

and a working [Oz] range ~250 to 175 pM.

4.3.11 SDH and COX Activity Staining

SDH (succinate dehydrogenase) activity staining was performed on 10 um thick
frozen sections of fresh (unfixed) TA muscles to observe oxidative fibers. The cross-
sections were incubated in 50 mM phosphate buffer containing 50 mM sodium succinate
and 0.5 mg/ml nitro blue tetrazoliumand (Sigma-Aldrich, N5514) for 50 minutes at 37 °C.
The SDH staining solution was made fresh before staining. Then, the sections were washed
with distilled H2O 3 times. Completely dried slides were then mounted with glycerol

containing mounting media.

For COX (cytochrome c oxidase) activity staining, the tissue section was prepared
the same way as the tissue section used for SDH staining. The COX staining solution
contains 75 mg/mL sucrose (Sigma-Aldrich, S9378), 2.3 uM 3,3'-diaminobenzidine

(Sigma-Aldrich, D8001), 0.1 mg/mL cytochrome c (Sigma-Aldrich, C2506), and 2 pg/mL
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catalase (Sigma-Aldrich, C1345) in 50 mM phosphate buffer and it was made fresh before
the incubation. The tissue sections were incubated with the COX staining media for 1 hour
at 37 °C followed by three times of wash with distilled H20. Then, the slides were dipped
in ascending concentrations of ethanol (50%, 70%, 95%, and 100%) to dehydrate the tissue.
Finally, slides were cleared with xylene solution and mounted with acrytol mounting

media.

4.3.12 mRNA Sequencing and Differentially Expressed Gene Analysis

For mRNA sequencing, mRNA isolation and preparation were conducted as
previously described’. Briefly, sorted MuSCs were collected in Trizol (Thermo) and total
RNA was purified with miRNeasy Micro kit (Qiagen) following the manufacturer’s
instruction. The quality of RNA and its concentration were measured by a
spectrophotometer (Nanodrop 2000c) and Bioanalyzer (Agilent 2100). cDNA libraries
were produced using SmartSeq4 protocol (Clontech) using 10 ng of total RNA following
the manufacturer’s instructions. We sequenced individual library using 76 paired-end reads
with an average depth of 50M reads per sample. RNA sequencing reads were then
processed with Trimmomatics (ver. 0.38)%% to remove potential adapter sequences and to
trim low quality sequences. Trimmed RNA-Seq reads were then mapped to Mus musculus
genome (GRCm38) and gene expression quantified using RSEM (ver. 1.2.28)%°. We used
tximport (ver. 1.8) to import expected read counts into DESeq2 (ver. 1.2) Bioconductor
package®®. We removed genes with FPKM < 1 across all samples to exclude lowly
expressed genes. Differential gene expression analysis was performed using DESeq?2.
Genes were determined to be significantly differentially expressed if an absolute average

expression fold change between WT and mdx groups was greater than 2 with P-value
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below 0.01 after multiple corrections. Gene Set Enrichment Analysis (GSEA) was

performed to determine significantly enriched GO terms and pathways>®*.

4.3.13 Endurance Exercise

Endurance-exercised donor mice were run on a 4-lane rodent motor-driven
treadmill (Omnitech, USA). For proper adaptation to the treadmill, mice were pre-trained
for one week at 5-10 meters/minute for 10-20 minutes each day. Following pre-training,
each training session for the main exercise was progressively increased from 5-10 m/min
to 15-20 m/min over 50-60 minutes each day. The mice underwent a warm-up session (2-
3 m/min) and a cool-down session (3-5 m/min) before and after the main exercise,
respectively. These exercises continued for 8 weeks at 5 sessions each week. After
completion of the exercise protocol, MuSCs were purified from exercised donor mice one
week after the last session to allow metabolic changes of the MuSC and skeletal muscle to

occur.

4.3.14 Statistical Analyses

All statistical analyses were performed on GraphPad Prism 7 and data is presented
as mean = standard deviation (SD). Samples sizes were chosen using G*Power based on
preliminary experiments to ensure adequate statistical power. Normality of data was tested
with Shapiro-Wilk test. For all experiments comparing 2 different groups of animals
(wildtype vs. mdx, young vs. aged, wildtype vs. SOD1KO), unpaired two-tailed t-tests
assuming Gaussian distribution were used to determine statistical differences. For
experiments comparing experimental conditions from the same animal with a treatment

group and contralateral control group (control mdx vs. transplanted mdx, control SOD1KO
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vs. transplanted SOD1KO), paired two-tailed t-tests assuming Gaussian distribution were
used to test statistical differences. For permeabilized fiber experiments comparing a control
group and transplanted group with various states of respiration measured for each sample,
multiple paired t-tests with Holm-Sidak correction was performed. p-value was computed
without the assumption of consistent scatter (standard deviation). For experiments with 3
different groups (wildtype vs. mdx vs. mdx + MuSC transplantation), ordinary one-way
ANOVA was performed using Tukey’s post hoc test for multiple comparisons. Gaussian
distribution was assumed, but Geisser-Greenhouse correction was performed because
sphericity was not assumed. A p-value of less than 0.05 was considered statistically

significant for all experiments.

4.4 Results

4.4.1 MuSCs from Dystrophin-Deficient mdx Mice Exhibit Mitochondrial Dysfunction

Studies have reported that muscles from mdx mice, an animal model of Duchenne
muscular dystrophy (DMD), show significant deficits in mitochondrial function?21:344:346,
To determine whether mitochondrial dysfunction in mdx myofibers originates from
MuSCs, as opposed to later in the myogenic progression of myofiber formation, FACS-
purified quiescent MuSCs from young wildtype and mdx mice were compared. First, to
examine morphological differences, mitochondrial reporter (mitoDendra2) mice, in which
the fluorescent protein Dendra2 is targeted to the mitochondrial matrix3°, were cross-bred
with mdx mice and their MuSCs were compared to MuSCs isolated from mitoDendra2
(referred to as WT). Prior to analyses of the mitochondrial fluorescent protein, Dendra2,

we first validated our mitochondrial reporter by comparing it to a commonly used
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mitochondrial stain, MitoTracker3®?. Interestingly, in both MuSCs and mature myofibers,
the Dendra2 fluorescent signal was retained following treatment of a mitochondrial
membrane uncoupler, CCCP, while MitoTracker was not (Fig. 11A). Thus, this allowed us
to track total mitochondria of cells and tissues using the mitoDendra2 system regardless of
mitochondrial membrane potential. Following FACS-purification of muscle stem cells,
overall MuSC yield was not different (Fig. 11B). However, the distribution of MuSC
diameter and mitochondrial content per MuSC, as measured by fluorescent pixel intensity
per cell, was shifted towards the right, displaying that quiescent MuSCs from mdx mice

possess greater mitochondrial content compared to WT controls (Figure 11C, 11D, 11E).
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Figure 11. Dystrophic MuSCs possess greater mitochondrial content. (A) Comparison
of mitoDendra2 fluorescent signal to mitoTracker staining from live MuSCS (left) and
myofibers from FDB muscle (right) with or without CCCP treatment. mitoDendra2 in
green, MitoTracker in red, nuclei in blue. (B) MuSC yield per gram of tissue from wildtype
and mdx skeletal muscle (n=4). (C) Histogram of diameter of 25 MuSCs from mitoDendra2
and mdx/mitoDendra2 muscle. (D) Representative maximum intensity projection of
confocal images of quiescent MuSCs purified from wildtype (WT)/mitoDendra2 and
mdx/mitoDendra2. Mitochondria are depicted in green, nuclei in blue, F-actin in red. (E)
Histogram of mitochondrial content (pixel intensity) of 25 MuSCs.

Next, to assess differences in mitochondrial molecular signature and metabolism,

we assessed bulk RNA sequencing on freshly isolated MuSCs from WT and mdx mice.
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The transcriptome profile revealed that gene sets regulating mitochondrial protein complex
and mitochondrial inner membrane were among the most differentially enriched pathways
in quiescent mdx MuSCs compared to WT control cells (Figure 12A). Running mRNA
samples through a mitochondrial PCR array further demonstrated substantial upregulation
of mitochondrial genes in mdx MuSCs (Figure 12B, 12D). Specifically, in mdx MuSCs,
the majority of the nuclear-encoded mitochondrial electron transport chain (ETC) genes
were upregulated, supporting the notion that dystrophic MuSCs comprise of higher
mitochondrial content than WT MuSCs. In stark contrast, all 13 ETC genes encoded by
mitochondrial DNA were dramatically downregulated in mdx MuSCs as shown by RNA
sequencing and RT-PCR validation (Figure 12C, 12D), suggesting a potential disruption

in nuclear and mitochondrial genome communication.
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Figure 12. Dystrophic MuSCs upregulate nuclear-encoded mitochondrial gene
expression. (A) Gene set enrichment pathway analysis of mdx MuSCs compared to
wildtype MuSCs. (B) Hierarchical clustering and heatmap of top fifty differentially
regulated mitochondrial gene expression. (C) mt-Col (mitochondrial-encoded cytochrome
c oxidase I) gPCR validation of RNA-seq data. (D) Diagram and changes in gene
expression of mitochondrial electron transport chain and oxidative phosphorylation using
RNA seq. data. Gene expression changes between mdx and WT MuSCs for ETC pathway
were illustrated using Cytoscape, Wikipathways plug-in (http://www.wikipathways.org).
Mean £ SD, ****p<0.0001 using t-test compared to wildtype control for all figures.
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Recent investigations showed that MuSCs from mdx muscle exhibit significant
deficits in myogenesis ex vivo®27, Specifically, dystrophic MuSCs lose their polarity
during asymmetric division that leads to a reduction of muscle-forming MuSC progeny.
The remaining quiescent MuSCs also tend to become senescent over time. Thus, we
assessed the relative expression of surface markers associated with stemness in WT
compared to mdx MuSCs and clustered similar subpopulations from each together via
SPADE tree analysis. Interestingly, dystrophic muscles in vivo partially lost the MuSC
subpopulation that co-expressed low levels of B1-integrin and CXCR4, stemness markers
which are required to maintain and produce viable quiescent cells®33%* (Fig. 13A, 13B).
These B1-integrin-/CXCR4-° MuSCs likely differentiate into committed progeny due to
their low stemness marker expression, and the reduction of this subpopulation further
elucidates the mechanism by which dystrophic muscle may lose these muscle-forming
MuSCs and supports the observation of an abnormal balance between self-renewing and

committed MuSCs claimed by Dumont et al.5®.
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Figure 13. SPADE tree analysis of FACS-purified MuSCs. (A) Cluster analysis of
wildtype and mdx MuSCs using SPADE tree analysis of p1-integrin and CXCR4 surface
marker expression. (B) Quantification of the percentage of MuSCs within each cluster (n=3
biological replicates). Mean + SD, *p<0.05 using multiple t-tests compared to wildtype
control for all figures.

To test whether the altered myogenic capability is linked to mitochondrial
bioenergetic function, we measured mitochondrial content and kinetic oxygen flux, a
metric for mitochondrial oxidative respiration, from all subpopulations of cultured MuSCs
through myogenic activation, proliferation, and differentiation into myotubes. Although
WT MuSCs have been shown to remarkably increase in respiration to cope with the high
energy demands of myotube formation®®% the ability of mdx MuSCs to fuse into
myotubes was significantly compromised (Figure 14A, 14B), corroborating the
observation of diminished muscle-forming MuSC progeny. Interestingly, even in cells that
formed multinucleated myotubes expressing myosin heavy chain (MHC), dystrophic

myotubes harbored fewer mitochondria quantified by mitoDendra2 fluorescent pixel

97



intensity per myotube (Figure 14C, 14D), implying that mitochondria may play a role in

this aberrant balance during asymmetric division.
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Figure 14. Dystrophic MuSCs have limited myogenic capacity and ability to form new
mitochondria. (A) Representative confocal images of MuSCs following differentiation
from WT/mitoDendra2 and mdx/mitoDendra2 mice. Mitochondria in green, nuclei in blue,
actin in red. (B) Quantification of number of multinucleated myotubes within each field of
view. Each sample represents biological replicates (n=6). (C) Representative confocal
images of myosin heavy chain (MHC)-positive MuSC-derived myotubes from
WT/mitoDendra2 and mdx/mitoDendra2 mice. Mitochondria in green, nuclei in blue,
MHC in red. (D) Quantification of total mitochondrial content (pixel intensity) from 20
MHC* myotubes per biological replicate. (E) Quantification of total mitochondrial content
normalized to the number of nuclei within myotubes. Each sample represents the mean
pixel intensity from n=3 biological replicates. Mean = SD, **p<0.01, ***p<0.001 using t-
tests compared to contralateral control for all figures.
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Next, we directly measured mitochondrial function at various stages of MuSC
culture and found that oxidative capacity was attenuated throughout myogenesis (Figure
15A), indicating a diminished ability to synthesize new mitochondria during differentiation
and fusion of muscle-forming MuSC progeny. To further assess this reduction in
bioenergetics seen in mdx MuSCs, we quantified oxygen flux of undifferentiated MuSCs
normalized to total protein content after administering mitochondrial ETC inhibitors to test
whether the altered mitochondrial function originates in the MuSCs prior to differentiation.
The basal oxygen consumption rate (OCR) of dystrophic MuSCs was decreased compared
to WT cells, even when normalized to total protein content (Figure 15B, 15D). When
MuSC mitochondria were stimulated with ATP synthase inhibitor (oligomycin) and
mitochondrial membrane potential uncoupler (CCCP) to allow free electron flow through
the ETC, mdx MuSCs also displayed deficiencies in ATP production, measured by the
difference in respiration before and after addition of oligomycin (Fig. 15E) and maximal
respiration, measured by the difference in respiration before and after addition of CCCP
(Fig. 15F). Following addition of a mitochondrial ETC complex I inhibitor, rotenone, to
stop ETC activity, we can measure non-mitochondrial respiration (Fig. 15L) and proton
leak, defined as the respiration due to protons leaking into the mitochondrial matrix through
ETC complexes other than ATP synthase and quantified as the difference in respiration
after oligomycin compared to rotenone, which was found to be diminished in mdx MuSCs
(Figure 15G). Seahorse analysis also allows quantification of coupling efficiency, or the
ability for cells to produce ATP per pmol of oxygen consumed, which was surprisingly
increased in dystrophic MuSCs (Fig. 15H), likely as a compensatory response to impaired

mitochondrial health. Spare capacity, or the difference between maximal mitochondrial
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respiration ability and resting basal state, did not change between WT and mdx MuSCs
(Fig. 151, 15J). Finally, the ratio between oxidative phosphorylation, measured by basal
OCR, and glycolysis, measured by basal ECAR, was also significantly reduced in mdx
MuSCs (Fig. 15K), despite dystrophic MuSCs also having decreased non-mitochondrial
respiration (Fig. 15L). Collectively, these data support the notion that dystrophic MuSCs
possess impaired mitochondria that limit the cells’ abilities to meet the energy demands of

myogenic progression.
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Figure 15. MuSC mitochondria in mdx mice have impaired bioenergetic function. (A)
Comparison of muscle stem cell oxygen flux rate in vitro. FACS-purified MuSCs from WT
and mdx were supplemented with 25 ng/ml bFGF for the first 4 days and monitored for 10
days. (B-L) Oxygen consumption rates (OCR) at various states of respiration, extracellular
acidification rate (ECAR), ATP production, proton leak, and coupling efficiency of MuSCs
cultured for 8 days with daily 25 ng/ml bFGF supplementation using a Seahorse XFp
Analyzer (n=3). Mean £ SD, *p<0.05, **p<0.01, ****p<0.0001 using t-tests compared to
wildtype control for all figures.
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4.4.2 Dysfunctional Mitochondria Propagate from Dystrophic MuSCs into Mature

Myofibers

During muscle regeneration, MuSC-derived myotubes form mature myofibers by
fusing their intracellular components, including mitochondria. Under homeostatic
conditions, myonuclei within the healthy, multinucleated myofiber each regulates a
discrete volumetric “domain” of mitochondria around it*%*. However, following damage to
the myofiber, myonuclei may be lost through apoptosis and the mitochondrial domain is
reorganized via MuSC fusion into the myofiber to generate more myonuclei that each
regulate a new mitochondrial domain. Indeed, using a transgenic mouse model for lineage
tracing of mitochondria derived from Pax7-expressing MuSCs (Pax7 CreER crossed with
Rosa26A-MIT0)322 \ye can visualize the mitochondrial domain of MuSC-derived myonuclei
(Fig. 16A). We hypothesized that if dystrophic MuSCs contain dysfunctional
mitochondria, fusion of these MuSCs and their mitochondria-regulating nuclei will
transmit their defective mitochondria into the myofiber. Thus, we analyzed the
mitochondrial morphology of mature myofibers isolated from mitoDendra2 control (WT)
and mdx/mitoDendra2 (mdx) muscles. Since bioenergetic function relies on the
mitochondrial morphology within the cell®2, we assessed the mitochondrial organization
of the myofibers. While myofibers from control mice display a healthy mitochondrial
network that is segregated into compartmentalized reticula along the contractile
apparatus'®, dystrophic myofibers portrayed a highly disordered mitochondrial
morphology (Fig. 16B), particularly near the subsarcolemmal region of the myofiber which
may be more susceptible to contraction-induced membrane instability®*®. Next, using

permeabilized myofiber bundles loaded into a high-resolution respirometer, we measured
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the oxygen consumption rate of isolated myofibers normalized to wet weight at basal
respiration without exogenous substrates (state 1), mitochondrial ETC complex I-linked
respiration with the addition of glutamate and malate (state 2)3%°, and ATP-converting
respiration by addition of ADP (state 3). Although there was no statistical difference in
OCR between WT and mdx myofibers at state 1 or state 2 respiration, state 3 respiration of
mdx myofibers was significantly reduced (Fig. 16C). Moreover, by assessing these various
states of respiration in isolated mitochondria derived from WT and mdx skeletal muscle,
we found diminished state 2 and state 3 respirations (Fig. 16D), though these mitochondria
may be derived from components of skeletal muscle other than myofibers, such as motor
neurons and vascular-associated cells and tissues. Together, these data are indicative of

disrupted bioenergetic function of dystrophic muscle, consistent with previous studies??!,
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Figure 16. Dystrophic skeletal muscle myofibers harbor dysfunctional mitochondria.
(A) Graphical representation of mitochondrial domain of MuSC-derived myonuclei and
representative image of mitochondrial domain of MuSC-derived myonuclei using lineage
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tracing of mitochondria from MuSCs (myofiber from transgenic Pax7-mitoTag muscle).
Myonuclei in blue, MuSC-derived mitochondria in green, F-actin in gray. (B)
Representative confocal images of isolated single myofiber from WT/mitoDendra2 and
mdx/mitoDendra? tibialis anterior muscle. Mitochondria in green, myonuclei in blue. (C)
Bioenergetic functional measurement of permeabilized myofibers from wildtype and mdx
tibialis anterior muscle. Basal (no substrate), state 2 (Complex I-linked substrates
glutamate and malate) (GM), and state 3 (GM+ADP) respiration of (n>5), all normalized
to basal WT respiration. (D) Basal, state 2, and state 3 respiration of isolated mitochondria
from homogenized skeletal muscles, normalized to basal WT respiration. Mean + SD,
*p<0.05, **p<0.01 using multiple t-tests compared to wildtype for all figures.

Due to the impaired bioenergetic function observed in both myofibers and isolated
mitochondria from whole muscle tissue, we then assessed functional parameters of skeletal
muscle health. Cytochrome ¢ oxidase (COX) and succinate dehydrogenase (SDH) are
mitochondrial ETC enzymes critical for oxidative phosphorylation that generates energy
for skeletal muscle functions. Although overall enzymatic activities and frequency of COX
and SDH were not statistically different, mdx muscles displayed clustering of COX* and
SDH™ myofibers, an attribute of motor unit remodeling following the pathological
denervation of dystrophic myofibers (Fig. 17A, 17B)%%®. To directly investigate innervation
of motor neurons, we employed a transgenic mouse model to visualize the Thy1 regulatory
element of the pre-synaptic axon (Thyl-YFP) and crossed it with mdx mice to generate
dystrophic motor neuron reporter mice (mdx/Thyl-YFP). Following staining of the post-
synaptic endplates with a-bungarotoxin (BTX) to visualize the a-subunit of acetylcholine
receptors (AChR) (Fig. 17C), we observed degeneration and thinning of the motor neuron
as well as fragmentation of the post-synaptic NMJ endplate (Fig. 17D). Taken together,
these data indicate that dystrophic MuSCs harbor defective mitochondria that limit their
myogenic capacity and not only contribute to the mitochondrial dysfunction of dystrophic

myofibers following myogenic fusion, but may also play a role in the deficiencies of MuSC
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niche components like the motor neuron. Therefore, our findings highlight the MuSC as a

source of mitochondrial dysfunction in pathological DMD muscle.
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Figure 17. Motor unit remodeling of dystrophic muscle. (A) Representative images of
COX activity and SDH activity staining of tibialis anterior muscles from WT and mdx
mice. (B) Quantification of COX™" fibers per field of view. (C) Neuromuscular junctions
from WT/Thyl-YFP and mdx/Thyl-YFP transgenic mice expressing YFP in the Thyl
regulatory element of the pre-synaptic motor neuron. Thy1 in green, AChR in red (stained
by a-bungarotoxin). (D) Quantification of NMJ fragmentation as measured by the number
of islands per post-synaptic endplate. Mean + SD, ****p<0.0001 using t-test compared to
wildtype control (n=3).

4.4.3 Transplanted MuSCs Transfer their Mitochondria to Myofibers
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Since dystrophin-deficient MuSCs embody defective mitochondria that convey to
the mature myofiber through myogenic fusion, we interrogated the ability of healthy,
transplanted MuSCs to remodel the mitochondrial domain of dystrophic myofibers,
generate myonuclei that effectively regulate mitochondrial homeostasis, and improve the
bioenergetic function of the myofibers. Because mitochondria are located in the cytoplasm
of the cell, and the vast majority of mitochondrial proteins (~99%) are nuclear-encoded®*®,
we isolated purified quiescent MuSCs through FACS (Fig. 18A) from transgenic reporter
mice with fluorescent proteins expressed in either cytosolic or nuclear compartments and
transplanted them into mdx muscle to delineate successful transfer of MuSC-derived
cytosol and myonuclei to dystrophic myofibers (Fig. 18B). Interestingly, centrally located
myonuclei, a spatial characteristic of myonuclei within regenerating myofibers, expressed
the nuclear fluorescence marker of transplanted MuSCs, suggesting that these centrally

located myonuclei were derived from the transplanted MuSCs.
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Next, to directly visualize MuSC-driven transfer of mitochondria into dystrophic
myofibers, we transplanted MuSCs isolated from mitochondrial reporter mice,
mitoDendra2, into mdx recipients (Fig. 19A) and indeed found that transplanted MuSC
mitochondria were engrafted into recipient myofibers, demonstrated by cross-sectional
imaging, single fiber imaging (Fig. 19B) and Western blotting of the whole muscle
homogenate (Fig. 19C). While most of the transplanted mitochondria formed an organized

interfibrillar mitochondrial network at 28 days following transplantation, we also observed
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high densities of mitochondria in newly regenerating fibers demarked by centrally located
myonuclei (Fig. 19B, bottom), implying that MuSC-derived myonuclei and newly
synthesized mitochondria form a nuclear-mitochondrial genome network and integrate into
the existing mitochondrial reticula of the recipient muscle. As an alternative approach, we
also tested whether transplantation of freshly isolated mitochondria into the dystrophic
muscle would provide similar bioenergetic improvements (Fig. 19D)'"°. However, donor
naked mitochondria failed to incorporate into host myofibers and we observed a significant
increase in interstitial infiltration of mononuclear cells and myofiber necrosis (Fig. 19E).
These observations exemplify the need for MuSCs as delivery vehicles for mitochondrial
delivery via cell-cell fusion and the necessity for nuclei to communicate with and

functionally regulate the transplanted mitochondria.
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Figure 19. Transplanted MuSCs transfer mitochondria to engrafted myofibers. (A)
Schematic diagram of mitoDendra2 MuSC transplantation into mdx tibialis anterior (TA)
muscle. (B) Representative images of mitochondrial transfer. Cross-section of TA (top)
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and 7 days following transplantation of isolated mitochondria. Nuclei in blue, transplanted
isolated mitochondria in green, F-actin in gray.

Next, to further validate efficient MuSC-based mitochondrial transfer, we
measured relative mtDNA copy number of muscle homogenates from mdx control and
transplanted mdx muscle and noted an elevated mtDNA copy number in transplanted
muscle, corroborating the mitochondrial synthesis driven by MuSC-derived myonuclei in
the recipient muscle (Fig. 20A). Furthermore, following mitochondrial transplantation, the
overall mitochondrial gene expression was drastically upregulated in the recipient muscle
(Fig. 20B). Among differentially regulated mitochondrial genes in the transplanted muscle,
the Slc25 family of proteins showed the most striking changes (Fig. 20B). SIc25 is a family
of nuclear-encoded mitochondrial proteins that are responsible for transporting substrates
and metabolites involved in the TCA cycle into the mitochondria®’. We verified this
finding of increased mitochondrial content by measuring elevated protein content of a key
mitochondrial electron transport chain component, complex | (NDUFB8 subunit) in MuSC
transplanted muscles (Fig. 20C, 20E), though we found no differences in TCA cycle
enzyme citrate synthase (Fig. 20D, 20F). It is also worth noting that after examining
relative mitochondrial content of engrafted myofibers by immunostaining for SOD2, an
antioxidant enzyme localized in the mitochondrial matrix, we discerned that MuSCs fused
without discrimination into both high mitochondrial, oxidative type fibers and low
mitochondrial, glycolytic type fibers (Fig. 20G). Altogether, these data indicate that donor
MuSCs transfer functional mitochondria to various host myofiber types, and a relative
increase in healthy mitochondria could lead to bioenergetic enhancements following

transplantation.
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expression. (A) mtDNA copy number of mdx control and MuSC transplanted TA of mdx
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subunit) Western blot analysis of muscle homogenate from mdx control and MuSC
transplanted mdx muscle (n=3). (D) Citrate synthase content following transplantation of
young MuSCs into mdx (n=3). (E) Western blot image of mdx control and transplanted
muscle homogenates for OXPHOS complexes. (F) Western blot image of mdx control and
transplanted muscle homogenates for citrate synthase content. (G) Mitochondrial content
(SOD2 immunostaining) of transplanted MuSC-engrafted myofibers. Engrafted myofibers
in green, SOD2 in red. Mean + SD, *p<0.05 compared to mdx control using t-test for all
figures.

4.4.4 MuSC-Derived Mitochondrial Transplantation Improves Bioenergetic Function

In the next set of experiments, we examined whether enhanced mitochondrial
content via healthy MuSC transplantation resulted in functional bioenergetic
improvements of the dystrophic host muscle. To address this, we assessed the morphology
and bioenergetic function of the transplanted mitochondria relative to the endogenous mdx
mitochondria. In multinucleated skeletal muscle, mitochondria form reticula in distinct
locations!®352, This morphological arrangement of mitochondrial reticula is tightly
correlated to the cell’s ability to generate energy>>?, so we first compared the various spatial
configurations of myofiber mitochondria. Whereas the segregated architecture of
endogenous mitochondrial reticula was lost in mdx/mitoDendra2 myofibers, transplanted
MuSC-derived mitochondria from young mitoDendra2 mice into standard mdx mice
restored the structural integrity of the mitochondrial network, similar to that of endogenous
mitochondria from WT/mitoDendra2 myofibers, and centrally located myonuclei were
surrounded by high densities of exogenous mitochondria (Fig. 21A, 21B, 21C). In support
of the high perinuclear mitochondrial density of transplanted myofibers, gene expression

of PGC-1a, a master regulator of mitochondrial biogenesis, was upregulated (Fig. 21D),
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demonstrating that transplanted MuSCs remodel the mitochondrial network within the

dystrophic myofiber.

Because mitochondria must form an organized network in order to efficiently
distribute ATP to the regenerating myofibers®?, we next performed direct functional
analyses of MuSC-derived mitochondria following transplantation to ascertain whether the
transferred mitochondria could improve the oxidative phosphorylation activity of
dystrophic myofibers. Although there was no statistical difference in oxygen consumption
rate between mdx controls and isolated transplanted myofibers with their own endogenous
substrates at basal respiration, the addition of complex I-linked substrate, glutamate and
malate (state 2), as well as supplementation of ADP (state 3) showed significant
improvements in oxidative phosphorylation of the engrafted myofibers (Fig. 21E). ATP
measurements from transplanted myofibers also exhibited increased ATP production at
state 3 respiration (Fig. 21F). In contrast, when mdx donor MuSCs were transplanted into
mdx recipient muscle (Fig. 21G), no improvements in mitochondrial biogenesis or
oxidative capacity were observed (Fig. 21H, 211, 21J), reaffirming our hypothesis that
mitochondria of transplanted MuSCs must be healthy to drive rejuvenation of the host

muscle.
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Figure 21. Transplantation of healthy MuSCs improves bioenergetic function in madx
mice. (A) Representative z-stacked images of single fibers from TA of WT/mitoDendra2,
mdx/mitoDendra2, and mdx transplanted with young mitoDendra2 MuSCs. Mitochondria
in green, myonuclei in blue, and position vectors along the myofibers in yellow. (B)
Quantification of mitochondrial network organization (relative fluorescent units) along 10
pm of fiber length (position vector) to portray segregation of reticula. (C) Average distance
between mitochondrial reticula along 100 um of fiber length (n>5). (D) Pgc-la gene
expression of contralateral mdx control and young MuSC transplanted TA in mdx (n=3).
(E) States 1, 2, and 3 OCR (normalized to mdx control state 1 respiration) of permeabilized
myofibers from mdx control and healthy MuSC transplanted TA in mdx (n=4). (F) ATP
production in states 1, 2, and 3 respiration (normalized to mdx control state 1 ATP
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production) of mdx control and young MuSC transplanted TA in mdx (n>3). (G) Schematic
diagram of transplantation of mdx MuSC donor into mdx host. (H) OCR of permeabilized
fibers (normalized to mdx control state 1 respiration) following transplantation of mdx
MuSCs into mdx host (n=3). (I) mtDNA copy number following transplantation of mdx
MuSCs into mdx host (n=3). (J) Pgc-/a gene expression following transplantation of mdx
MuSCs into mdx recipients (n=3). Mean + SD, *p<0.05, **p<0.01, ****p<0.0001
compared to contralateral control using one-way ANOVA for panel C, t-test for panels D,
I, and J, and multiple t-tests for panels E, F, and H.

The beneficial effects of endurance exercise training on skeletal muscle
mitochondrial biogenesis and mitochondrial function have been well characterized®®’.
Likewise, endurance exercise has been shown to promote myogenesis and myonuclear
accretion®%8, Although the transplantation efficiency of exercised MuSC mitochondria has
not yet been studied, we postulated that transplantation of bioenergetically-enriched
mitochondria from exercise-trained donor MuSCs would propagate to dystrophic
myofibers during myogenesis. Indeed, when we transplanted 8-week endurance-exercised
MuSCs as donors (Fig. 22A), we observed significantly upregulated mtDNA copy number
and PGC-la expression compared to control (Fig. 22B, 22C), implying increased
mitochondrial biogenesis in these muscles. To test whether this increased mitochondrial
content was associated with improved mitochondrial function, exercised-MuSC-fused mdx
myofibers were tested in a respirometer. We observed an elevated basal oxygen
consumption rate compared to mdx control (Fig. 22D), substantiating the increased
mitochondrial content demonstrated by mtDNA copy number data. Indicative of improved
oxidative function, these transplanted mitochondria also manifested higher state 2 and state
3 oxygen consumption rate than mdx control (Fig. 22D), demonstrating that transplanted
MuSCs from endurance exercise-trained MuSCs fuse their mitochondria to dystrophic

myofibers to promote mitochondrial biogenesis and restore bioenergetic function.
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Figure 22. Transplantation of exercised MuSCs improves bioenergetic function in
mdx mice. (A) Schematic of exercise-trained donor MuSCs transplanted into mdx host
muscle. (B) mtDNA copy number of mdx control and exercised MuSC transplanted TA in
mdx (n=6). (C) Pgc-/a gene expression of mdx control and exercised MuSC transplanted
TA in mdx (n=6). (D) States 1, 2, and 3 OCR (normalized to mdx control state 1 respiration)
of mdx control and exercised MuSC transplanted TA in mdx (n=6). Mean * SD, *p<0.05,
**p<0.01, ***p<0.001 compared to contralateral control using t-tests for panels B and C,
and multiple t-tests for panel D.

4.45 Transplantation of MuSCs with Dysfunctional Mitochondria Does Not Improve

Bioenergetic Function

To verify that the functional restoration of mitochondria following transplantation
depends on the fusion of healthy donor MuSC-derived mitochondria, we performed a
complementary analysis by transplanting MuSCs with defective mitochondria and
assessing their effect on the bioenergetics of engrafted myofibers. Mitochondrial
dysfunction is a hallmark of aging that has been thoroughly studied and linked to a number

of age-related diseases'’. To verify this, we characterized the mitochondrial function of

117



MuSC-derived myoblasts from young and aged skeletal muscle. In order to validate these
myoblasts as MuSC-derived, we first isolated myoblasts from a transgenic mouse model
with MuSC lineage tracing (Pax7-tdTomato) where the tdTomato fluorescent protein is
retained in MuSC progeny (Fig. 23A) and found that the vast majority of our cultured
myoblasts were tdTomato™. By comparing the oxygen flux of young and aged myoblasts
following addition of various substrates (Fig. 23B), we observed decreased basal
respiration (Fig. 23C), ATP production (Fig. 23D), maximal respiration (Fig. 23E), and
spare capacity (Fig. 23F) in aged myoblasts relative to young. This mitochondrial
dysfunction was also observed in aged mature myofibers (Fig. 23J), likely due to defective

mitochondria from MuSCs permeating into the myofiber following myogenic fusion.
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Figure 23. Characterization of aged MuSC mitochondria. (A) Image of cultured
myoblasts isolated from Pax7-tdTomato (transgenic mouse line for lineage tracing of Pax7*
MuSCs) skeletal muscle to delineate that cultured myoblasts are derived from MuSCs. (B-
I) Oxygen consumption rates, ATP production, and coupling efficiency of myoblasts
isolated from young (4 mos.) and aged (23 mos.) skeletal muscle using a Seahorse XFp
Analyzer (n=3). (J) States 1, 2, and 3 OCR (normalized to young state 1 respiration) of
permeabilized fibers from the TA of young and aged mice (n>7). Mean + SD, *p<0.05,
**p<0.01 compared to young control using t-tests for panels C-1 and multiple t-tests for
panel J.
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To test the effect of aged MuSCs on myofiber bioenergetic function, we
transplanted GFP™ aged MuSCs into mdx recipients (Fig. 24A) and, as anticipated,
engrafted mitochondria from aged MuSCs abolished the functional improvements
following transplantation despite effective aged MuSC fusion (GFP*™ myofibers).
Following aged MuSC transplantation, no differences were observed in mtDNA copy
number or PGC-1a expression compared to mdx control (Fig. 24B, 24C), showing that
transplantation of aged MuSCs does not increase mitochondrial content. Moreover, the
oxygen consumption rate on GFP™ myofibers following transplantation of GFP* aged
MuSCs did not show any signs of improvement (Fig. 24D), further demonstrating that
MuSC-based transplantation of impaired mitochondria does not enhance the bioenergetic

function of dystrophic myofibers.
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Figure 24. Transplantation of aged MuSCs does not improve bioenergetic function.
(A) Schematic of aged (22 mos.) donor MuSC transplantation into mdx host. (B) mtDNA
copy number following transplantation of aged MuSCs into mdx (n=4). (C) Pgc-/a gene
expression following transplantation of aged MuSC donors into mdx recipients (n=4). (D)
States 1, 2, and 3 OCR (normalized to mdx control state 1 respiration) of permeabilized
fibers following transplantation of aged MuSCs into mdx host muscle (n=4). Mean + SD
using t-tests for panels B and C, and multiple t-tests for panel D.
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To additionally examine the donor effects of MuSC mitochondrial transfer, we used
MuSCs from homozygous global Sodl knockout (SOD1KO) mice, which exhibit high
oxidative damage and mitochondrial myopathy due to a deficiency of this important
antioxidant enzyme!’. We first characterized the mitochondrial dysfunction of SOD1KO
myoblasts (Fig. 25A) and found significantly decreased basal respiration (Fig. 25B), ATP
production (Fig. 25C), and maximal respiration rates (Fig. 25D) compared to age-matched
wildtype myoblasts. Though coupling efficiency was increased in SOD1KO myoblasts
(Fig. 25E), like due to a compensatory response to impaired mitochondrial function, proton
leak (Fig. 25F) and spare capacity (Fig. 25G) were also diminished in these knockout
myoblasts. Further supporting the notion that MuSC mitochondrial dysfunction drives the
myofiber mitochondrial defects, myofibers isolated from MuSC-specific Sod1 knockout
muscle exhibited high mitochondrial oxidative damage throughout the entire myofiber
(Fig. 251), suggesting that myofiber mitochondria are directly impacted by the
mitochondrial quality of MuSCs. In support of previous findings'!’3%°, permeabilized
myofibers from global SOD1KO muscle demonstrated significantly reduced state 2 and
state 3 oxygen consumption rates compared to WT controls (Fig. 25J), again demonstrating
that myofiber mitochondria directly originate from and are regulated by MuSCs and

MuSC-derived myonuclei.
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Figure 25. Characterization of SOD1KO MuSC mitochondria. (A-H) Oxygen
consumption rates, ATP production, and coupling efficiency of myoblasts isolated from
wildtype (WT) and SOD1 knockout (SOD1KO) skeletal muscle using a Seahorse XFp
Analyzer (n=4). (I) Confocal images of single fibers from FDB of wildtype and Pax7-
SOD1 knockout mice stained with Calcein green and Mitotracker CM-H>XROS. (J) States
1, 2, and 3 OCR (normalized to WT state 1 respiration) of permeabilized fibers from the
TA of wildtype and SOD1 knockout mice (n=6). Mean + SD, *p<0.05, **p<0.01,
***p<0.001, ****p<0.0001 compared to wildtype control using t-tests for panel B-H and
multiple t-tests for panel J.

To further assess the impact of transplanted MuSCs with dysfunctional
mitochondria, we transplanted MuSCs from global SOD1KO muscles into mdx recipients
(Fig. 26A) and found abrogated accretion of functional mitochondria in the host muscle
(Fig. 26B, 26C), indicating that the bioenergetically-competent donor MuSC mitochondria
are vital for the enrichment of oxidative metabolism of the host myofiber. Finally, to

demonstrate that the therapeutic potential for MuSC-based mitochondrial transplantation
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is not restricted to DMD or dystrophic muscle, we transplanted healthy MuSC
mitochondria donors to Sod1 knockout recipient muscle (Fig. 26D). Although we did not
observe an increase in mtDNA copy number (Fig. 26E) or Pgc-1a gene expression in the
whole muscle homogenates, possibly due to the high level of mitochondrial turnover in
SOD1KO muscles, we found significant boosts in mitochondrial bioenergetic function
(Fig. 26G) of myofibers that retained mitochondria from the healthy transplanted MuSCs,
illustrating the therapeutic potential of MuSC transplantation for treating numerous

mitochondrial myopathies.
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Figure 26. Transplantation of SOD1KO MuSCs and transplantation of healthy
MuSCs into SOD1KO recipients. (A) Schematic diagram of SOD1KO MuSC donor
transplantation into mdx recipients. (B) mtDNA copy number following transplantation of
SOD1KO MuSCs into mdx (n=3). (C) Pgc-/a gene expression following transplantation of
SOD1KO MusSCs into mdx (n=3). (D) Schematic for transplantation of young MuSCs into
Sod1” TA. (E) mtDNA copy number following transplantation of healthy MuSCs into
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SOD1KO recipient. (F) Pgc-/a gene expression following transplantation of healthy
MuSCs into SOD1KO recipient. (G) State 1, 2, and 3 OCR (normalized to basal SOD1KO
control respiration) of permeabilized fibers following transplantation of young MuSCs into
SOD1KO (n=3). Mean * SD, *p<0.05, **p<0.01, compared to SOD1KO control (panels
E-G) using t-tests for panels E and F, and multiple t-tests for panel G.
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45 Discussion

Here, we demonstrate the consequential role of MuSCs in maintaining myofiber
mitochondria homeostasis of DMD skeletal muscle. When MuSC mitochondria are
impaired, such as in dystrophic MuSCs, the dysfunctional mitochondria are transmitted to
the myofiber during muscle repair. However, the bioenergetic function of dystrophin-
deficient muscles can be rejuvenated via transplantation of healthy mitochondria by
utilizing donor MuSCs as “delivery vehicles” to ectopically transfer new MuSC-derived
mitochondria into host dystrophic myofibers (Fig. 27). Despite numerous studies reporting
mitochondrial dysfunction in DMD patients and in pre-clinical models, its role in the
pathogenesis of DMD has been overlooked and considered a secondary phenomenon to
dystrophinopathy?®. Intriguingly, prior to the discovery of dystrophin, DMD was in fact
considered a metabolic disorder?®. Nonetheless, a considerable amount of research has
rather focused on restoring dystrophin via gene- or cell-based therapies?®+2°2342 although
restoration of mitochondrial function and the metabolic response has been largely ignored.
Hence, in support of a recent discovery pointing towards reduced mitophagy in MuSCs as
a cause of mitochondrial dysfunction in mdx myofibers??, the findings from this study
provide further insight into the MuSC as a source of the aberrant bioenergetic profile in
dystrophic muscle and validate the ability of transplanted MuSCs to revitalize metabolic

function of skeletal muscle.

MuSC transplantation will not only enhance bioenergetic function in DMD, but can
also directly restore dystrophin and replenish the quiescent MuSC pool in the
recipients?®22”, Importantly, this approach can be applied in conjunction with recently

developed dystrophin-targeting gene therapies (i.e., mini dystrophin, exon skipping using
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CRISPR/Cas9) to simultaneously target the genetic mutations in DMD while slowing the
progression of the disease®?2°3, However, clinical trials for gene therapy are mostly
offered before the onset of severe symptoms and, due to several different mutant variants
in the dystrophin gene that confines the pertinence of gene therapy, cell-based therapies
may be a better option for many DMD patients?9252253  Although MuSC availability may
limit the success of translational research, significant breakthroughs in the generation of
MuSCs from induced pluripotent stem cells or embryonic stem cells, combined with gene
correction approaches, can improve the clinical outcomes of MuSC-based therapy by

providing more transplantable cells to replenish the myogenic pool?®3273370,

Our data demonstrate that the quality of MuSC mitochondria has a profound effect
on muscle bioenergetics. In particular, this is evidenced by our studies using dystrophin-
expressing aged MuSC and SOD1KO MuSC transplantation. Though these MuSCs are
capable of replenishing dystrophin in mdx myofibers®227® and therefore restoring
sarcolemmal stability and myofiber health, successfully engrafted fibers did not improve
bioenergetic function due to myogenic fusion of their defective mitochondria. On the
contrary, however, MuSC transplantation to treat mitochondrial myopathies can be further
refined by manipulating donor MuSC mitochondria. For example, endurance-exercising
donors enriches the mitochondrial content of MuSCs through PGC-1a-mediated
biogenesis?®’ and primes the cell to readily activate through the mTORC1 pathway?2%8.
Alternatively, MuSCs can also be pre-treated or co-delivered with mitochondrial-targeted
small molecules or pharmacological agents to stimulate synthesis of new mitochondria or
enhance mitochondrial dynamics to promote transfer of functional mitochondria into the

myofiber??#27  In this context, other mammalian cells such as astrocytes, epithelial cells,
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and mesenchymal stromal cells have been shown to transfer mitochondria intercellularly
to boost the metabolic function of bioenergetically impaired tissues®'. Yet, MuSC-based
mitochondrial transfer is unique in that the MuSC-derived myonuclei that regulate
mitochondrial homeostasis and myofiber repair will also fuse into the regenerating fiber.
Thus, for DMD, not only does MuSC transplantation mitigate mitochondrial dysfunction,
but may also repair the downstream effects of dystrophin deficiency including, but not
limited to, the unstable sarcolemmal membrane, excessive Ca®* influx, and exercise
intolerance®*134’  thereby providing comprehensive therapeutic benefits to dystrophic

muscle.

In summary, we report that the oxidative capacity of dystrophic muscle can be
influenced by MuSC mitochondria via myogenic fusion. Interestingly, these findings
provide a greater understanding of DMD pathophysiology and suggest that mitochondrial
dysfunction is an intrinsic feature of the disease that originates in the MuSC and propagates
to the myofiber. Although this mitochondrial dysfunction debilitates the myogenic
program and cell fate mechanisms of dystrophic MuSCs®, transplantation of healthy
MuSCs resolves the metabolic function of DMD muscle by supplementing the engrafted
myofiber with viable myonuclei and mitochondria that reestablish the crosstalk between
the mitochondrial- and nuclear-genome. Overall, we provide evidence that mitochondrial
transplantation through MuSC fusion revitalizes the mitochondrial function of dystrophic
skeletal muscle, underscoring the value of an approach that can be used in conjunction with
other modes of therapy. This study also illuminates the novel capabilities of the MuSC in

muscle metabolism and its therapeutic potential for various other mitochondrial
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myopathies such as hindlimb ischemia, spinal cord injury, volumetric muscle loss, and

disuse atrophy.
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CHAPTER 5. MUSCLE STEM CELL TRANSPLANTATION
IMPROVES AGE-ASSOCIATED ISCHEMIC MITOCHONDRIAL

DYSFUNCTION

5.1 Abstract

Peripheral artery disease (PAD) is a progressive, age-associated degenerative
vascular disease that results in ischemia of the affected limb skeletal muscles. Although
recent regenerative medicine approaches have been investigated, they have been conducted
on young animals that do not capture the aging effects in the pathophysiology of PAD,
such as the loss of muscle stem cells (MuSC) and impaired mitochondrial function. To
determine the age-related sensitivities to ischemia, we performed a surgical hindlimb
ischemia model on young and aged C57BL/6J mice to assess differences in regeneration
and recovery. We first observed severe grades of necrosis in aged ischemic limbs due to
delayed revascularization. This, in turn, led to disruptions in the mitochondrial network,
bioenergetic function, myonuclear accretion, neuromuscular junction, muscle stem cell
response, and redox homeostasis of the aged ischemic skeletal muscle. Due to the MuSC
depletion characterized in aged muscle, we transplanted healthy MuSCs into aged ischemic
muscles to replenish the MuSC pool and enhance myogenic potential. Indeed, we observed
improvements in recovery in terms of the severity of necrosis. MuSC transplantation also
restored the mitochondrial network and enhanced the bioenergetic function of the aged
ischemic muscle. Taken together, we report drastic age-associated sensitivity and response
to ischemic injury and provide a foundation for a muscle stem cell-based therapeutic that

can facilitate regeneration of the aged ischemic skeletal muscle.
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5.2 Introduction

Peripheral artery disease (PAD) is an age-related cardiovascular disorder in which
blood vessels of the extremities are occluded by the atherosclerotic plaque and cholesterols
that are built up during aging. As a result, the impaired delivery of oxygen and nutrients
carried by blood leads to ischemic damage of the impacted muscles and subsequent
ischemia-induced tissue necrosis. In the most severe form of PAD where blood perfusion
is not sufficient to maintain tissue viability, amputation rates can reach up to 50%*.
Although there have been recent therapeutic approaches to restore blood flow and improve
muscle regeneration?%-292 these have been tested in young animals that do not represent
the age-associated pathophysiology characterized in human PAD. Thus, studies that
investigate the impact of age on the response to ischemia are needed to develop a clinically

relevant therapy for PAD.

During aging, skeletal muscle mass and function are progressively lost, known as
sarcopenia, in part due to limited protein synthesis and myokine expression!t3114372 Ag g
matrix of growth factors and biomechanical support for blood vessels, skeletal muscle
needs to remain viable in order to sustain the growth of new vessels and promote
angiogenesis®®33, However, with the muscle atrophy associated with sarcopenia, aged
muscles lose their capacity to support existing and newly formed blood vessels3/437,
Moreover, angiogenesis is also impaired in old age due to diminished proliferation and
migration of senescent endothelial cells'*>!1®, limiting the ability to form collateral vessels
to bypass an ischemic occlusion. Skeletal muscles also support motor neurons, which are
required for excitation-contraction of myofibers through innervation at the neuromuscular

junction (NMJ). With advanced aging, however, motor neurons exhibit abnormal thinning,
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distention, and sprouting while the post-synaptic endplates become fragmented and reduce
in size, leading to denervation of the myofibers!®, With an ischemic injury, motor neurons,
which reside in close proximity to the vasculature, become further degenerated and the
motor unit is remodeled%. The denervation associated with age is in part caused by high
levels of oxidative stress due to mitochondrial-derived reactive oxygen species (ROS),
commonly known as the mitochondrial theory of aging'®. Through aging, the electron
transport chain (ETC) of mitochondria lose their coupling efficiency, allowing leakage of
electrons from the ETC that bind to oxygen and generate ROS such as superoxide®’®.
Although antioxidant enzymes like superoxide dismutase (SOD) can convert the highly
reactive superoxide into the more stable signaling molecule hydrogen peroxide, remaining
superoxide molecules can oxidatively damage nucleic acids, proteins, and membranes of
cells, or even the mitochondria themselves which then leads to the production of more
ROS®*’. This vicious cycle of mitochondrial ROS generation leads to mitochondrial
dysfunction and impairments in energy production that limit the energy-demanding

regenerative processes of the various niche components of skeletal muscle.

In order for skeletal muscle fibers themselves to regenerate, endogenous resident
muscle stem cells (MuSCs), also known as satellite cells, are required for repair of the
multinucleated, post-mitotic myofiber*®. Upon damage to the myofibers, quiescent MuSCs
(marked by the expression of Pax7) activate a set of transcriptional factors to undergo
asymmetric division, where the committed progenies can either form de novo myofibers or
proliferate, differentiate, and fuse into the regenerating myofiber to increase the number of
myonuclei that regulate the fiber. During this process of myogenesis, MuSCs and their

progeny increase their mitochondrial content and metabolically shift from glycolysis to
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oxidative phosphorylation in order to meet the energy demands of muscle regeneration'®’.
With mitochondrial dysfunction that accumulates with age, however, MuSC function is
debilitated and aged MuSCs are unable to properly fuse into the myofiber'?4. Furthermore,
instead of generating muscle-forming progeny, MuSCs can also undergo symmetric
division to self-renew and replenish the quiescent stem cell pool for future rounds of
regeneration®2. However, after many rounds of regeneration over the course of aging, the
quiescent MuSC pool is eventually depleted and aged muscles lose their natural plasticity
and regenerative capacity®’8. To address this phenomenon, investigators have recently
explored transplantation of muscle stem cells to replenish the MuSC pool. While MuSC
transplantation in models of muscular dystrophy has provided promising therapeutic
outcomes®’938! the effects of MuSC transplantation into aged ischemic muscles, and

specifically its impact on mitochondrial function, has not yet been examined.

Therefore, here we demonstrate that MuSC transplantation improves the regenerative
capacity and limb retention of ischemic injury in aged C57BL/6J mice by employing a
well-characterized model of hindlimb ischemia (HLI). We first compared the sensitivity to
ischemia in young and aged mice and found severe necrosis of the aged ischemic tissues.
Aged myofibers also exhibited abnormal mitochondrial networks, mitochondrial
dysfunction, attenuated myonuclear accretion, and impaired NMJ remodeling following
ischemic injury. Transplantation of MuSCs into the ischemic tibialis anterior muscle
significantly improved the level of necrosis due to restoration of the mitochondrial
network, enhanced mitochondrial function, and repaired antioxidant capacity. Collectively,

these findings provide insight into the age-dependent response ischemic insults and a
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foundation for muscle stem cell transplantation as an effective therapeutic strategy for PAD

and other muscular disorders.

5.3 Methods

5.3.1 Animal Models

All animal procedures were conducted under the approval of the Institutional
Animal Care and Use Committee (IACUC) of the Georgia Institute of Technology and
performed in accordance with all relevant guidelines and regulations. All mice in this study
were either C57BL/6J genetic background or backcrossed with C57BL/6J for more than 6
generations and were initially purchased from Jackson Laboratory or donated by a
collaborating lab. Mice were bred and maintained in pathogen-free conditions with a 12-
12 light/dark cycle in the Physiological Research Laboratory (PRL) at Georgia Institute of
Technology. For muscle stem/satellite cell reporter, mice expressing a tamoxifen-inducible
Cre from the endogenous Pax7 promoter were bred with mice carrying a loxP-flanked
STOP cassette followed by tdTomato in the ROSA26 locus. Other transgenic reporter mice
include: Thyl-YFP for motor neuron®®, mitoDendra2 for mitochondrial®%, S700p-
EGFP for S100pB expression®®? provided by Dr. Gregario Valdez, and p-actin-GFP to track
GFP* MuSCs following transplantation. Both males and females aged between 4 and 6
months, considered young adults, and between 20 and 24 months, considered aged, were

used in a randomized manner for all experiments in this study.

5.3.2 Surgical Procedures
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To study the effects of peripheral artery disease, we employed a well-characterized
murine hindlimb ischemia (HLI) surgical ligation model, as previously described3®.
Briefly, a small unilateral incision (1 cm long) was made from the ankle to the medial thigh
to expose the femoral vessels. The femoral artery and vein were then ligated with 5-0
sutures between the superficial epigastric artery and profunda femoris artery. A second
ligation was made proximal to the branching of the tibial arteries, and the segment of
vessels between the two ligations was excised. The skin was then closed using both sutures
and wound clips. The sham surgery, where the femoral artery and vein were exposed
similar to the method above without ligation or excision, was performed on the
contralateral leg. Animals were maintained in single-housed cages for 3-56 days following
HLI. Laser Doppler Perfusion Imaging (LDPI) was performed on a MoorLDI Imager at a
scan resolution of 210x160 pixels and a height of 21 cm before euthanization by CO>
inhalation. Perfusion was quantified in the lower hindlimb using MoorLDI Software V5.3.
28 days following HLI, hindlimbs were graded for severity of necrosis using a previously
described necrosis grading scale where: grade O represents no necrotic tissue, grade | as
necrosis in the toes only, grade Il as necrotic toes and foot with loss of toes, grade 11 as
fully necrotic foot with autoamputation of the foot up to the ankle, and grade IV as fully

necrosis and autoamputation past the ankle86:383,

To isolate and study the effects of denervation, we utilized a validated model of
sciatic nerve transection (SNT). Mice were anesthetized by inhalation of 1-3% isoflurane.
The hindquarter was then carefully shaved, and depilation completed with generic Nair
hair removal cream. The skin was wiped 3 times with Chlorhexidine and 70% alcohol.

Then a small skin incision (<10 mm) was made 1 mm posterior and parallel to the femur,
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and the biceps femoris was bluntly split to expose the sciatic nerve. On the left leg, 1-2
mm sciatic nerve was then transected 5 mm proximal to its trifurcation, followed with
realignment of the distal and proximal nerve ends and closure of the incision with wound
clips (Autoclip, BD Clay Adams, Franklin Lakes, NJ). Sham surgery was performed on
the contralateral leg where procedures were performed without nerve transection. Mice
were given analgesic (0.5-1.0 mg/kg buprenorphine) and allowed to recover on a heating
pad. The wound clips were removed 14 days after the SNT surgery. Sciatic nerve
transections of S700p-GFP mice were performed at Brown University. For these
experiments, young adult (6 months old), female S7/005-GFP mice were deeply
anesthetized with ketamine/xylazine intraperitoneal injection (10mg Xylazine and 90 mg
Ketamine per kg body weight). After anesthesia, a small animal trimmer and depilatory
cream was used to remove the fur on one leg, the surgical site was disinfected with 70%
ethanol, and a small skin incision was made. The sciatic nerve from one leg was cut near
the hip and the incision closed with 4-0 nonfilament sutures. Analgesia (0.5-1 mg
buprenorphine per kg body weight) was administered at time of anesthesia. The
contralateral leg was left unoperated for each mouse. The tibialis anterior and extensor
digitorum longus muscles were harvested from injured and uninjured legs 28 days later for

histological analyses.

5.3.3 Muscle Stem Cell Isolation and Transplantation

MuSCs were isolated through a cell sorting procedure as previously
performed3®334, Briefly, hindlimb muscle tissues were harvested from young (1-3 months
of age) mice, and then incubated in 20 mL of DMEM media containing 0.2% collagenase

type Il (Worthington Biochemical Corporation) and 2.5 U/ mL dispase (Gibco) for 90 min.
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at 37 °C. After tissue digestion, the resulting media were mixed with same volume of stop
media (20% FBS in F10), filtered using a cell strainer with a pore size of 70 um, and then
centrifuged (300 g for 5 min. at 4 °C) (Allegra X-30R Centrifuge, Beckman Coulter, USA)
to obtain the myofiber-associated cell pellet. The cell pellets were washed with Hank’s
balanced salt solution (HBSS) containing 2% donor bovine serum (DBS), and the cells
were incubated with primary antibodies. For MuSC sorting, a cocktail mixture containing
the following antibodies was used: (1) APC conjugated anti-mouse CD11b (1:200;
BioLegend), CD31 (1:200; BioLegend), CD45 (1:200; BiolLegend), Sca-1 (1:200;
BioLegend), and Ter119 (1:200; BioLegend), (2) PE conjugated anti-mouse CD29 (1:100;
BioLegend), and (3) biotinylated anti-mouse CD184 (1:100; BD Biosciences). After
incubation for 30 min. at 4 °C, the primary antibodies-treated cells were washed,
centrifuged (300 g for 5 min. at 4 °C), and then treated with a secondary antibody
(Streptavidin PE-Cy7) (1:50; Invitrogen) for 20 min. at 4 °C. Following propidium iodine
(P1) treatment and strainer filtration (70 xm), the MuSCs (PI, CD11b, CD45, Sca-1, and
Terll19; negative selection, CD29 and CD184; positive selection) were subsequently
isolated by a Fluorescence activated cell sorting (FACS) (BD FACS Aria Ill, BD
Biosciences, USA). 7 days after hindlimb ischemia, 200,000 freshly sorted MuSCs
suspended in 10 pl HBSS with 2% donor bovine serum were injected intramuscularly into
the TA muscle with a Hamilton syringe. Donor MuSCs were collected from g-actin-GFP
or mitoDendra2 mice to track transplanted cells following engraftment and myogenic
fusion into the myofiber. 4 weeks following MuSC transplantation, mice were euthanized
and the TAs were dissected for tissue analysis. Sham transplantation with HBSS injection

without MuSCs was used as the contralateral control.
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5.3.4 Histochemistry and Immunostaining

Immediately following euthanasia of animals, the tibialis anterior (TA) muscles
were either snap frozen in 2-methylbutane cooled by liquid nitrogen for cryosectioning or
fixed in 4% paraformaldehyde for myofiber isolation. Frozen TA muscles were sliced into
10 pm sections while fixed TA was mechanically separated into myofiber bundles for
staining and then further separated into 20-30 single myofibers per sample from random
areas of the muscle. Hematoxylin and eosin (H&E) and immunofluorescence were
performed as previously described®?. Materials and antibodies can be found in the
appendix for dilution factors, vendors, and catalog numbers of materials. All images were
taken on either Zeiss Axio Observer D1 or Zeiss 700 Laser Scanning Confocal microscopes
and quantified using ImageJ. The motor units were quantified using the NMJ-morph plugin
on ImageJ. Z-stack images were taken to obtain a 3D rendering of MuSCs or NMJs in
Volocity. To calculate myonuclear domain, myonuclear numbers were divided by
myofiber volumes approximated as volumes of a cylinder using the average radius along a

500 um length of the myofiber.

5.3.5 Western Blot Analyses

Tibialis anterior muscles were homogenized with 25 strokes in BioMasher
homogenization tubes (VWR KT749625-0030) in RIPA lysis buffer (VWR 97063-270)
supplemented with Roche cOmplete Mini Protease Inhibitors (Roche 04693124001) and
PhosSTOP Phosphatase Inhibitors (Roche 04906837001). Following 3 freeze-thaw cycles
in liquid nitrogen and on ice, the samples were centrifuged at 18,400 g for 10 minutes, and

the supernatants (homogenates) were normalized to total protein concentration using a
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BCA protein assay kit (Thermo 23225). 50 g of protein were run through 4-20% Criterion
TGX Gels (Bio-Rad 5671093) at 150 V for 185 minutes and transferred to a PVDF
membrane using a Trans-Blot Turbo System at 2.5 A for 7 minutes. Ponceau staining
(Sigma P7170) was used as a loading control. Antibodies used can be found in the
appendix. Membranes were imaged on Li-Cor Odyssey CLx-1050 Infrared Imaging

System and bands were quantified on Li-Cor Image Studio V5.2.

5.3.6 Gene Expression Analyses

For quantitative real-time polymerase chain reaction, muscles were homogenized
in a similar method to Western blot preparation with the exception of RLT buffer supplied
in the RNeasy® Mini Kit (Qiagen 74104) supplemented with 1% [-mercaptoethanol to
inactivate RNases rather than RIPA lysis buffer. The protocol according to Qiagen
RNeasy® kit was followed for the remaining RNA isolation steps. The RNA concentration
was measured by a NanoDrop One while A260/230 and A260/280 ratios were calculated
for quality control. RNA content was then calculated by normalizing the RNA
concentration to total muscle mass. To reverse transcribe the RNA to copy DNA, RNA
concentrations were normalized to each other and the protocol according to Applied
Biosystems High-Capacity cDNA Reverse Transcription Kit (Applied Biosystems
4368814) was followed, and the samples were run in a thermal cycler according to the
recommended conditions. Finally, the Applied Biosystems PowerUp SYBR Green Master
Mix (Applied Biosystems A25742) was used with the primers found in the appendix using
an Applied Biosystems StepOnePlus Real-Time PCR system to perform the gqPCR
reactions. B-actin and B2M, which were found to be stably expressed following ischemia,

were used housekeeping genes to quantify relative fold induction. For the PCR array data,
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cDNA was mixed with PowerUp SYBR Green Master Mix, loaded into the Qiagen Mouse
Mitochondria RT? Profiler PCR Array (330231), and run in an Applied Biosystems

StepOnePlus to quantify the data.

5.3.7 Mitochondrial Respiration of Permeabilized Myofibers

Immediately following euthanasia and dissection of the tibialis anterior, fresh
muscles were places in cold buffer X (7.23 mM K:EGTA, 2.77 Ca K:EGTA, 20 mM
imidazole, 20 mM taurine, 5.7 mM ATP, 14.3 mM phosphocreatine, 6.56 mM MgCl.-
6H20, 50 mM K-MES) as previously described®. Fiber bundles with approximate wet
weights of 4 mg were mechanically separated under a dissecting scope with fine forceps
and permeabilized with 30 pg/ml saponin for 40 minutes. For transplanted muscles, a
NIGHTSEA Stereo Microscope Fluorescence Adapter (Electron Microscopy Sciences
SFA-LFS-RB, SFA-LFS-GR) was used to locate and isolate fluorescent engrafted fibers.
Following permeabilization, fiber bundles were washed in cold buffer Z (105 mM K-MES,
30 mM KCI, 10 mM KH2PO4, 5 mM MgCl,-6H20, 0.5 mg/ml BSA, 1 mM EGTA) for 15

minutes to remove any residual saponin.

Following permeabilization of fiber bundles, samples were loaded into an Oroboros
O2k oxygraph with 2 mL buffer Z or buffer Z supplemented with 50 uM Amplex Red
(Thermo Fisher A22188) and 0.1 U/ml horseradish peroxidase to measure oxygen
consumption and hydrogen peroxide production rates. After loading samples, the chamber
was equilibrated for 15 minutes to reach basal (State 1) respiration rates. Glutamate (10
mM) and malate (2 mM) were then added to the chambers for complex I-linked State 2

respiration rates, followed by the addition of ADP (5 mM) to initiate State 3 respiration to
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measure various rates of oxygen consumption. For hydrogen peroxide production, the
chamber was equilibrated for 15 minutes to reach basal H.O> production rates, then
addition of glutamate (10 mM) for complex I-linked H>O> production, followed by addition
of succinate (10 mM) for complex I- and I1-linked H20: production, and finally addition
of antimycin A (2.5 uM) for assay quality control. Oxygen consumption and H2O:
production rates were expressed as pmol/sec/mg fiber wet weight. All measurements were

conducted at 37 °C and a working [O2] range ~250 to 175 uM.

5.3.8 Mitochondrial Respiration of Myoblasts

For comprehensive analysis of mitochondrial respiration in myoblasts, 10,000
C2C12 cells per well in a Seahorse XFp miniplate were cultured with DMEM
supplemented with 20% FBS and 1% penicillin/streptomycin until wells reached 80%
confluency. Prior to running the Seahorse assay, media was changed to XF Base DMEM
with 1 mM pyruvate, 2 mM glutamine, and 10 mM glucose. Sensor cartridges were loaded
for sequential injections to result in final concentrations of 1 uM oligomycin, 1 pM
carbonyl cyanide 3-chlorophenylhydrazone, and 0.5 uM rotenone. Myoblasts and the
cartridge were placed in a Seahorse XFp Analyzer to test mitochondrial function at various
stress conditions and various parameters of mitochondrial function were quantified using

the Seahorse Wave software.

5.3.9 Invitro Isolated Mitochondria Transplantation

Mitochondria were first isolated by mincing and digesting mouse skeletal tissue
with 0.1 mg/ml dispase, 1 mg/ml trypsin in Chappell-Perry buffer (100 mM KCI, 50 mM

MOPS, 10 MM MgSOs-7H20, 10 mM ATP, pH 7.4). Isolated mitochondria were obtained
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from digested tissue through differential centrifugation and a BCA assay was performed to

determine protein concentration.

During mitochondrial isolation, an in vitro model of ischemic injury was performed
on C2C12 myoblasts as previously described®*, where cells were subjects to 3 hours of
hypoxia (2% oxygen) and nutrient deprivation (replacing growth media with HBSS).
Following hypoxia + nutrient deprivation (H+ND), the old growth media was restored and
cells were placed back in a 20% oxygen incubator. Myoblasts were directly co-cultured
with isolated mitochondria suspended in growth media at concentrations of 5 and 50 pg/ml.
Co-cultures were incubated at 37°C at 20% oxygen for 24 hours to allow uptake of
mitochondria, and the wells were then washed extensively with PBS to remove any
mitochondria that were not internalized into the myoblasts. Cultures were then immediately

prepped for the Seahorse metabolic assay.

5.3.10 Statistical Analyses

All statistical analyses were performed on GraphPad Prism 7 and data is presented
as mean = standard deviation (SD). Samples sizes were chosen using G*Power based on
preliminary experiments to ensure adequate statistical power. Normality of data was tested
with Shapiro-Wilk test. For experiments comparing the effects of ischemia between both
young and aged mice, a two-way ANOVA with Tukey’s post hoc test for multiple
comparison was performed to assess the simple effects of uninjured vs. ischemic injury or
young Vvs. aged. For experiments comparing a control group and injury group from the
same animal (protein expression of uninjured and ischemic aged muscle, hydrogen

peroxide production of uninjured and ischemic aged myofibers, quantification of S100p*
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cells in uninjured and denervated myofibers), multiple paired t-tests with Holm-Sidak
correction was performed. p-value was computed without the assumption of consistent
scatter (standard deviation). For experiments comparing experimental conditions to a
control group (control H+ND myoblasts compared to H+ND myoblasts with co-cultured
mitochondria), unpaired two-tailed t-tests assuming Gaussian distribution were used to test
statistical differences. For experiments with more than 2 separate groups (uninjured aged
muscle vs. ischemic muscle vs. ischemic muscle + MuSC transplantation, and control
myoblasts vs. hypoxic myoblasts vs. nutrient deprived myoblasts vs. hypoxia+nutrient
deprived myoblasts), ordinary one-way ANOVA was performed using Tukey’s post hoc
test for multiple comparisons. Gaussian distribution was assumed, but Geisser-Greenhouse
correction was performed because sphericity was not assumed. A p-value of less than 0.05

was considered statistically significant for all experiments.

5.4 Results

5.4.1 Regenerative Response to Ischemic Injury is Diminished with Age

It has been previously reported that C57BL/6J mice recover effectively from
hindlimb ischemia due to their high prevalence of collateral vessels and robust regenerative
potentials for angiogenesis and myogenesis'®1% though these studies have all been
performed on young mice. Because of the diminished capacity for neovascularization and
muscle growth in age, partially due to MuSC exhaustion and mitochondrial
dysfunction*”378:385 \ye tested the sensitivity to ischemic injury in young compared to aged
C57BL/6J mice. We first tracked the severity of necrosis following commonly used

necrosis grading scale guidelines after hindlimb ischemia where grade O represents no
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necrotic tissue, grade | as necrosis in the toes only, grade Il as necrotic toes and foot with
loss of toes, grade 11 as fully necrotic foot with autoamputation of the foot up to the ankle,
and grade IV as fully necrosis and autoamputation past the ankle®-383 (Fig. 28A). Of the
16 young mice operated on, no ischemic leg displayed necrosis more severe than grade |
by 28 days following injury (Fig. 28B), supporting the complete recovery from HLI in
C57BL/6J mice described in literature!®®. Surprisingly, however, the majority of the 25
aged C57BL/6J mice with ischemia manifested necrosis at grades 111 and 1V at day 28, with
most of these foot/limb loss occurring within 10 days of ischemic injury (Fig. 28B, 28C),
emphasizing the limited regenerative potential of aged muscle and manifesting a more
representative animal model of severe human PAD. Interestingly, of the mice that retained
their limbs, there were no differences in wet weight of the tibialis anterior (TA) muscle
between control and ischemic muscles when normalizing to body weight, though control
and ischemic aged muscles had consistently less relative mass compared to young mice
(Fig. 28D). To assess whether this difference in sensitivity to ischemia is due to altered
neovascularization, we performed laser Doppler perfusion imaging (LDPI) at various
timepoints following HLI (Fig. 28E). Although blood perfusion in the ischemic limb
significantly improved at day 14 compared to day 7 in both young and aged mice, the
increased blood flow was significantly attenuated in aged limbs by day 28. Thus, this
delayed angiogenic response to HLI likely plays a major role in the diminished recovery

and limb retention observed in aged C57BL/6J mice.

143



Hindlimb Necrosis Grading Scale
A Grade 0 Grade | Grade Il Grade Ill Grade IV

B Necrosis Grades Retention of Limb

O

TA X‘{et Weight

n=16 n=25 100 —— Young =3 Control

5

® — s
E

—~ Aged é " r 3 Ischemia
B

g? 5
>
50 3
o
2
=
k-
]
H
- v \ s
=

2
S

- v
-

I
- |
- 0

Percent of Mice (%)
8
Percent Limbs Retained (%) 0

il

Young Aged

F Laser Doppler Perfusion Imaging G Laser Doppler Perfusion Imaging
08 o 0.8
=3 Young -~ Young
22 — Sk )
d30s 3 g =506 =ihded
|4 To
£¢ ge
=3 =
504 s - 204
G & * 5 c
o2 oS
Z ‘z) 0.2 . d = % 0.2
B
T =
0.0 : v v 0.04 . . 2
Day 7 Day 14 Day 28 0 10 20 30
Days Following HLI Days Following HLI

Figure 28. Diminished limb retention and reperfusion in aged mice following
ischemia. (A) Representative images of hindlimb necrosis grades for grade 0 (normal),
grade I (necrotic toes), grade Il (necrotic foot and loss of toes), grade 111 (loss of foot up to
ankle), and grade 1V (loss of limb past ankle). (B) Percent of each necrosis grade at 28 days
following ischemia in young (5 mos.) compared to aged (22 mos.) hindlimbs (n=16 young
mice, n=25 aged mice). (C) Retention of foot in young and aged hindlimbs through 28 days
following HLI (n=16 young mice, n=25 aged mice). (D) Wet weight of tibialis anterior
(TA) muscle mass normalized to body weight in uninjured and ischemic hindlimbs from
young and aged mice (n=4). (E) Representative laser Doppler perfusion images (LDPI) of
the ventral side of young and aged hindlimbs at 7 days, 14 days, and 28 days following
HLI. Ischemic hindlimbs shown on right of each image and contralateral control limbs
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shown on left. Scale bar represents blood flow perfusion by color (n=4). (F) Mean
perfusion of ischemic leg normalized to perfusion of contralateral control shown as a bar
graph (n=4). (G) Mean perfusion of ischemic leg normalized to perfusion of contralateral
control shown as a line graph (n=4). All data presented as mean + SD, ***p<0.001
comparing young and aged mice, #p<0.05 compared to perfusion ratios at day 7 HLI,
#####p<0.0001 compared to perfusion ratios at day 7 HLI using two-way ANOVA.

Because mitochondrial dysfunction in age has been well characterized™®’, we
hypothesized that defective mitochondria may contribute to the pathophysiology of aged
ischemia. Consequently, we investigated differences in young and aged ischemia-induced
changes to the mitochondrial morphology, a typically highly organized network of
columnar reticula that can efficiently distribute metabolic intermediates and ATP to the
regenerating myofiber®®2. To accomplish this, we performed HLI in young and aged
mitoDendra2 mice, where the Dendra2 fluorescent protein is targeted to the mitochondrial
matrix®® (Fig. 29A). In previous studies, we have found a significant increase in
mitochondrial content and restoration of the mitochondrial network initiated by the MuSC
response in young mice 28 days after HLI'%, Similarly, single myofibers isolated from
young 28 days post-HLI TA delineated a remarkable increase in mitochondrial domain, or
the mitochondrial content governed by each nucleus of the myofiber, and displayed the
normal reticular morphology of interfibrillar mitochondria (Fig. 29B). As observed in other
studies assessing the mitochondrial network of regenerating myofibers, we also noted high
densities of mitochondria in between the MuSC-derived centrally located myonuclei. In
contrast, while aged myofibers also demonstrated increased mitochondrial domain and
content, the highly organized architecture of mitochondria was disjointed, as seen by many
mitochondrial reticula spanning several sarcomeres rather than localized into discrete
columns observed in healthy myofibers (Fig. 29A, 29B). Again, we observed relatively

higher densities of mitochondria between centrally located myonuclei, but these images
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suggest that these newly synthesized mitochondria are unable to effectively form an
organized network or integrate into the existing mitochondrial network, likely due to

disrupted nuclear-mitochondrial communication.

In order to generate new myonuclei to restore nuclear-mitochondrial crosstalk,
MuSCs must activate, differentiate, and fuse into the myofiber as myonuclei that can
regulate myofiber mitochondria. Thus, we quantified the myonuclear number along 500
pm lengths of myofibers to determine whether altered accretion of myonuclei played a role
in the inability to form a healthy mitochondrial network in aged ischemic myofibers. In
young myofibers, the number of myonuclei increased dramatically following ischemia,
corresponding to the restoration of the mitochondrial network. Although there was also an
increase in myonuclear number of aged ischemic myofibers compared to aged control, this
accretion of myonuclei was significantly attenuated compared to young ischemic
myofibers (Fig. 29C). Following quantification of the myonuclear domain, or the
cytoplasmic volume of myofiber governed by each myonucleus, both young and aged
ischemic myofibers demonstrated similar decreases in myonuclear domain size, which may
be attributed to the significant decrease in overall myofiber size from aged ischemic
muscles (Fig. 29D, 29E). Together, these data show that the impaired restoration of the
mitochondrial network in aged muscle parallels a reduced ability to generate new MuSC-

derived myonuclei.
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Figure 29. Impaired restoration of the mitochondrial network and accretion of
myonuclei in aged ischemic myofibers. (A) Representative confocal images of
interfibrillar mitochondria of single myofibers from young (5 mos.) and aged (22 mos.)
TAs of mitoDendra2 mice 28 days after HLI. Nuclei in blue, mitochondria in green. (B)
Mitochondrial domain of 20 myofibers per sample in young and aged mitoDendra2 mice
28 days after HLI. Mitochondrial domain calculated as total integrated fluorescent density
of Dendra2 divided by the number of myonuclei (n=4). (C) Number of myonuclei per 500
pm of myofiber with 20 myofibers counted per sample (n=4). (D) Mean diameter of 500
pm length of 20 myofibers per sample (n=4). (E) Myonuclear domain of 20 single
myofibers per sample over 500 um of myofiber length, calculated as myofiber volume
divided by number of myonuclei. Myofiber volume was approximated as the volume of a
cylinder using the average radius along a 500 pum length of myofiber (n=4). All data
presented as mean £ SD, *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 using 2-way
ANOVA.
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5.4.2 Mitochondrial Function is Reduced in Aged Ischemic Muscle

In multinucleated skeletal myofibers, the distinct morphological arrangement of
mitochondrial reticula is tightly correlated with the cell’s ability to generate energy>>2, and
so we next performed direct functional analyses of myofiber mitochondria to determine if
the disrupted mitochondrial network in aged ischemia mice was associated with a loss of
oxidative capacity. Following permeabilization of isolated myofiber bundles from TAs that
were loaded into a high-resolution respirometers, we measured the oxygen consumption
rate of the myofiber bundles normalized to wet weight at basal respiration without any
exogenous substrates (state 1), mitochondrial ETC complex I-linked respiration with the
addition of glutamate and malate (state 2)*®°, and ATP-converting respiration with the
addition of ADP (state 3). At all states of respiration, there was no significant difference
between control and ischemic myofibers in young mice 28 days following HLI (Fig. 30A,
30B, 30C). However, aged ischemic myofibers demonstrated significant deficiencies in
oxidative capacity at all three states of respiration compared to aged control (Fig. 30A,
30B, 30C), indicating that the altered mitochondrial morphology was indeed concomitant

with a loss of bioenergetic function.

In order to elucidate the mechanism behind this mitochondrial dysfunction observed
in aged ischemic muscle, we homogenized whole TAs and measured contents of proteins
that play key roles in regulating oxidative stress, a characteristic of ischemic injury due to
the increased levels of reactive oxygen species (ROS), such as superoxide, that are induced

140

by rapid changes in oxygen and nutrient concentrations~*". A key antioxidant enzyme,
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superoxide dismutase (SOD), is responsible for converting the highly reactive superoxide
into the hydrogen peroxide signaling molecule to maintain redox homeostasis, with the
SODL1 isoform primarily localized in the cellular cytosol and mitochondrial intermembrane
space while SOD?2 is localized within the mitochondrial matrix. 28 days following HLI,
aged ischemic muscles expressed decreased SOD content of both isoforms, suggesting an
abated capability to convert superoxide into less reactive forms (Fig. 30D). Indeed, when
we measured levels of aconitase, a mitochondrial matrix-localized TCA cycle enzyme with
Fe-S clusters that are susceptible to ROS-induced oxidative damage and rapidly degraded
by the Lon protease system®®, we found significantly reduced aconitase content in aged
ischemic muscle compared to aged control (Fig. 30D), indicating that ischemia in aged
muscles results in oxidative damage to cellular components within the mitochondrial
matrix. To further assess the mechanism of oxidative damage in aged ischemic
mitochondria with regards to the role of SOD, we loaded permeabilized fibers into a closed
chamber and measured hydrogen peroxide production following addition of various
substrates. At both basal respiration with no substrates and complex I-linked respiration
with the addition of glutamate (G), aged ischemic myofibers generated higher levels of
H20. (Fig. 30E), indicative of elevated superoxide concentration at resting state that is
converted into hydrogen peroxide. With the subsequent addition of succinate, a complex
I1-linked substrate localized in the mitochondrial matrix, aged control myofibers generated
higher levels of H,O> compared to the previous two states of respiration (Fig. 30E).
Conversely, the addition of succinate did not lead to an increase in H2O2 production in aged
ischemic myofibers (Fig. 30E), indicating that the SOD system (particularly SOD2 within

the matrix) is overwhelmed and unable to convert superoxide into hydrogen peroxide when
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complex Il (located on the matrix side of the mitochondrial inner membrane) is active.
Thus, these data imply that aged ischemic myofibers harbor dysfunctional mitochondria

with oxidative damage compartmentalized within the mitochondrial matrix.
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Figure 30. Oxidative damage of dysfunctional aged ischemic mitochondria is
compartmentalized in the mitochondrial matrix. (A) State 1 basal oxygen consumption
rate in young (4 mos.) and aged (21 mos.) control vs. ischemic myofibers (n=3). (B) State
2 complex I-linked oxygen consumption rate in young and aged control vs. ischemic
myofibers with the addition of glutamate and malate (GM) (n=3). (C) State 3 ATP-
producing oxygen consumption rate in young and aged control vs. ischemic myofibers with
the addition of ADP (GM + ADP) (n=3). (D) Relative protein concentrations of SOD1,
SOD2, and aconitase in aged control and aged ischemic (20 mos.) TA homogenate (n=3).
(E) Hydrogen peroxide production from permeabilized myofiber bundles at basal activity,
complex I-linked activity with the addition of glutamate (G), and complex I- and Il-linked
activity with the subsequent addition of succinate (G+S) (n=3). All data presented as mean
+ SD, *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 using 2-way ANOVA for OCR
experiments (A-C) and multiple t-tests for protein expression and H>O> production
experiments (D-E).

In order to test whether disrupted nuclear-mitochondrial genome communication
plays a key role in the mitochondrial dysfunction of aged ischemic muscles, we next
quantified the expression of various mitochondrial nuclear- and mtDNA-encoded genes

through qPCR. Cox1, an mtDNA-encoded gene for a complex | subunit, was significantly
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downregulated in both young and aged ischemic muscles compared to uninjured controls,
though aged control and ischemic muscles had significantly decreased expression relative
to young muscles (Fig. 31A). Sdha, a nuclear-encoded gene for a complex Il subunit, was
also significantly downregulated in both young and aged ischemic muscle compared to
uninjured controls (Fig. 31B). mtDNA copy number, calculated by dividing Cox1
expression by Sdha expression, was significantly downregulated in aged muscles
compared to young muscles (Fig. 31C), indicating a disturbance in the ability of the
mitochondrial genome to regulate mitochondria of aged muscles. Next, we investigated the
gene expression of important mitochondrial scaffolding proteins encoded by nuclear DNA.
For example, prohibitin (Phb) is a multi-functional mitochondrial protein on the inner
membrane that is transported from the nucleus into the mitochondria and plays a role in
modulating mitochondrial autophagy following oxidative stress. While the Phbl isoform
is significantly upregulated in young muscle following ischemic injury, aged nuclei did not
present a similar increase in Phbl expression after HLI (Fig. 31D). Likewise, expression
of the Phb2 isoform was also significantly decreased in uninjured and ischemic aged
muscles compared to young muscles (Fig. 31E), further exemplifying the disconnect
between nuclei and mitochondria in aged muscles and providing a mechanistic link for the
impaired removal of defective mitochondria. Moreover, nuclear-encoded genes with
mitochondrial targeting sequences that act as master regulators for mitochondrial fusion
and fission, such as Opal and Drp1, respectively, are required for mitochondrial turnover.
Gene expression analyses demonstrated that both Opal and Drpl are significantly
downregulated in aged muscle compared to young muscle (Fig. 31F, 31G), impairing the

mitochondrial dynamics necessary to form an organized mitochondrial network. These
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findings provide insight into the disrupted nuclear-mitochondrial communication that plays
a role in the mitochondrial dysfunction and limited regenerative capacity of aged ischemic

skeletal muscle.
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Figure 31. Disrupted mitochondrial-nuclear genome communication limits
mitochondrial dynamics in aged muscles. (A) Relative gene expression of Cox1 in young
(4 mos.) and aged (21 mos.) muscles following HLI (n=3). (B) Relative gene expression
of Sdha in young and aged muscles following HLI (n=3). (C) Relative mtDNA copy
number of young and aged muscles following HLI (n=3). (D) Relative gene expression of
Phbl in young and aged muscles following HLI (n=3). (E) Relative gene expression of
Phb2 in young and aged muscles following HLI (n=3). (F) Relative gene expression of
Opal in young and aged muscles following HLI (n=3). (G) Relative gene expression of
Drpl in young and aged muscles following HLI (n=3). All data presented as mean + SD,
*p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 using 2-way ANOVA.

5.4.3 Ischemia-Induced Regeneration of the Motor Unit is Impaired in Aged Mice
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Among proper mitochondrial function, innervation of muscle fibers is also necessary
myofiber regeneration due to the required excitation-contraction coupling during
homeostatic skeletal muscle maintenance. We have previously shown that ischemia results
in degeneration of the motor neuron, denervation of the neuromuscular junction (NMJ),
and remodeling of the motor unit!®, Hence, we tested whether a decline in motor unit
remodeling and reinnervation of the myofiber played roles in the age-associated limb loss
following ischemia. We performed HLI on young and aged motor neuron reporter mice, in
which the Thy1 regulatory element expresses YFP (Thy1-YFP)3%, and imaged pre-synaptic
axon terminals and post-synaptic acetylcholine receptor (AChR) endplates from extensor
digitorum longus (EDL) muscles (Fig. 32A). NMJs were 3D reconstructed (Fig. 32B) and
quantified using the NMJ-morph plugin on ImageJ to assess various characteristics of the
motor unit. For example, area of axon terminals were significantly reduced in aged
ischemic muscle due to Wallerian degeneration (Fig. 32C) while aged motor neurons
displayed significantly more terminal branches following ischemia (Fig. 32D). Aged
ischemic endplates were also less compact, a metric for the amount of AChR within the
endplate (Fig. 32E). The area of synaptic contact as well as the percentage of overlap
between the pre-synaptic axon and post-synaptic endplate were also diminished in aged
muscles (Fig. 32F, 32G). Finally, aged ischemic endplates were significantly more
fragmented than young counterparts (Fig. 32H) as measured by the number of AChR
clusters per NMJ. These analyses signify drastic degeneration of the motor neuron and
reduced reinnervation of ischemic muscles in aged mice that contribute to the diminished

muscle regeneration in response to HLI.
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Figure 32. Aged muscles exhibit degenerated motor units following ischemia. (A) Pre-
synaptic motor neuron and post-synaptic AChR endplate images from the EDL in young
(6 mos.) and aged (22 mos.) control vs. ischemic limbs. a-bungarotoxin (for AChR-a
subunit) in red, Thyl (for motor neuron axon terminal) in green. Maximum intensity
projections were performed from z-stacked images taken on a confocal microscope. (B)
NMJs from the EDL in young and aged control vs. ischemic limbs. Z-stacked images were
3D reconstructed using Volocity. (C) Area of axon terminals from young and aged control
vs. ischemic NMJs. (D) Number of axon terminal branches from young and aged control
vs. ischemic NMJs. (E) Compactness of AChR endplates in young and aged control vs.
ischemic NMJs. (F) Area of synaptic contact in young and aged control vs. ischemic NMJs.
(G) Percent of synaptic contact area over the entire endplate area in young and aged control
vs. ischemic NMJs. (H) Number of AChR clusters per endplate in young and aged control
vs. ischemic NMJs. All data presented as mean £ SD, *p<0.05, **p<0.01, ***p<0.001,
****p<0.0001 using 2-way ANOVA.
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During regeneration of the NMJ, subsynaptic myonuclei derived from MuSCs via
myogenesis are responsible for maintaining and remodeling the NMJ following
denervation. Therefore, we investigated whether the impaired reinnervation of aged
myofibers was an effect of altered number of subsynaptic myonuclei (Fig. 33A). Using the
mitoDendra2 mitochondrial reporter mouse model, both young and aged myofiber bundles
from the TA demonstrated increases in synaptic mitochondria required for generating
energy during NMJ regeneration (Fig. 33B) and number of subsynaptic nuclei per endplate
(Fig. 33C) compared to uninjured young and aged controls, respectively. However, due to
the high fragmentation rate of aged ischemic NMJs, synaptic area of these NMJs were
significantly larger (Fig. 33D). When we normalized the number of subsynaptic nuclei to
the synaptic area, the increase in subsynaptic nuclei in aged ischemic NMJs were abolished
(Fig. 33E). These data indicate that aged muscles do not generate enough myonuclei within

a confined space to facilitate NMJ remodeling following an ischemic injury.
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Figure 33. Aged muscles generate fewer subsynaptic nuclei per NMJ area than young
muscles following ischemia. (A) NMJs from myofiber bundles from the TA in young (5
mos.) and aged (22 mos.) muscles following ischemia. Maximum intensity projection was
performed on z-stacked images from confocal microscopy. Nuclei in blue, AChR-a in red.
(B) NMJ mitochondria from myofiber bundles from the TA in young and aged muscles
following ischemia. Maximum intensity projection was performed on z-stacked images
from confocal microscopy. Nuclei in blue, AChR-a in red, mitochondria in green. (C)
Number of subsynaptic nuclei in young and aged NMJs following ischemia (n=4). (D)
Area of synaptic endplate (um?) in young and aged NMJs following ischemia (n=4). (E)
Number of subsynaptic nuclei per um? of synaptic area in young and aged NMJs following
ischemia (n=4). At least 6 NMJs were quantified per sample for all experiments. All data
presented as mean = SD, ***p<0.001, ****p<0.0001 using 2-way ANOVA.

To directly determine the role of aged MuSCs in generating new subsynaptic nuclei
that aid in the repair of the NMJ, we assessed aged MuSC myogenic potential in a mouse
model of denervation through sciatic nerve transection (SNT). By crossing Pax7-CretR
mice with ROSA26-tdTomato, we generated a tamoxifen-inducible MuSC reporter mouse

(Pax7-tdTomato) to track MuSCs at specific stages of myogenesis following injury. By
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administering tamoxifen chow 14 days following SNT and isolating single myofibers at
day 28, we were able to label MuSCs that expressed the canonical quiescence marker Pax7
without labeling MuSCs that have already undergone myogenesis (Fig. 34A). Interestingly,
we observed a higher frequency of MuSCs in the NMJ region (within 250 pum of the NMJ)
in aged denervated myofibers compared to young denervated myofibers, although this may
be partially attributed to the diminished number of MuSCs per aged myofiber overall (Fig.
34B, 34C). Despite the relative increase in percent of MuSCs near the NMJ, aged NMJs
gained fewer subsynaptic nuclei than young NMJs following SNT, indicating that aged
MuSCs near the NMJ do not efficiently fuse into the injured myofiber as new subsynaptic
nuclei. While both young and aged NMJ-associated MuSCs displayed a remarkable change
in morphology by extending long projections towards the NMJ after SNT (Fig. 34E), aged
denervated MuSCs were substantially larger than young denervated MuSCs (Fig. 34F),
possibly due to aberrations in the ability for aged MuSCs to activate and fuse into myofiber

to generate subsynaptic nuclei.
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Figure 34. Aged MuSCs generate fewer subsynaptic nuclei following denervation. (A)
Representative images of single TA uninjured and denervated myofibers from young (2-3
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uninjured contralateral control and SNT myofibers from both young and aged mice (n=4,
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myofibers per sample). (D) Quantification of the number of subsynaptic nuclei per synaptic
area in control and SNT myofibers from young and aged mice, normalized to the
subsynaptic nuclei per area of young uninjured control (n=4, at least 10 NMJs per sample).
(E) 3D reconstructed MuSCs near the NMJ in control and SNT myofibers from young and
aged mice using Volocity for 3D rendering. (F) Voxel intensity of 3D reconstructed NMJ-
associated MuSCs in control and SNT myofibers from young and aged mice using ImageJ
for 3D quantification (n=4, 20 MuSCs per sample). All data presented as mean + SD,
***p<0.001, ****p<0.0001 using 2-way ANOVA.

Previous research with a collaborator, Dr. Carlos Aguilar from the University of
Michigan, has demonstrated through single cell RNA sequencing that a subset of MuSCs
are committed to the NMJ and express S100p, a canonical marker for terminal Schwann
cells that acts as a Ca?* binding neurotrophic factor to induce neurite growth3’. To
ascertain whether these S100B™ MuSCs facilitate the regeneration of the NMJ, we
performed SNT on S100B-GFP mice donated from the Gregorio Valdez lab at Brown
University and stained for Pax7 (Fig. 35A). Results portrayed S100p™ cells localized at the
NMJ in uninjured control with very few cells co-expressing S100p and Pax7 (Fig. 35B).
However, following denervation, we observed S100p" cells distributed along the length of
the myofiber and a striking increase in the number of S1003/Pax7* cells (Fig. 35B, 35C),
suggesting that these S100B-expressing MuSCs play a major role in the recovery from
denervation injury. While S100p typically induces cell proliferation and reduces
quiescence!?388  data from the Aguilar lab has demonstrated an increase in cells co-
expressing S100p and Pax7 with age (data not shown), despite the inefficient ability of
these aged NMJ-associated MuSCs to generate sufficient subsynaptic nuclei for NMJ
regeneration. Thus, these findings provide a mechanistic foundation to further explore the

response of aged S100p" MuSCs to NMJ injury models such as denervation and ischemia.
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Figure 35. Denervation induces S100f expression in MuSCs. (A) Representative
immunofluorescent images of isolated myofibers from young (3 mos.) uninjured and SNT
S100B-GFP transgenic mice stained with Pax7, Hoechst 33342, and a-bungarotoxin. S1008
in green, Pax7 in red, AChR-o in white, nuclei in blue. (B) Distance of S100p* and
S100p*/Pax7" cells from the NMJ in TA muscles from young uninjured control and young
SNT muscles. A total of 70 S100B* cells were quantified on single myofibers from 4
different mice. *p<0.05, **p<0.01 between groups within each bin for S100p* cells using
two-tailed T-test with Holm multiple testing corrections. No statistical significance
between groups for S100p */Pax7* cells. (C) Quantification of the number of S100p*/Pax7*
cells per myofiber in young uninjured control and young SNT muscles (n=4). Mean = SD,
**p<0.01 between groups using two-tailed paired T-test.

5.4.4 MuSC Transplantation Improves Bioenergetic Function of Aged Ischemic Muscle

Once we characterized the satellite cell and mitochondrial deficiencies in aged
skeletal muscle following ischemic injury, we tested whether transplantation of healthy,
young MuSCs can improve bioenergetic function and skeletal muscle regeneration to
reduce limb loss of aged ischemic mice. First, we performed a pilot study to determine the

optimal timepoint to transplant MuSCs following HLI. We transplanted GFP™ MuSCs into
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the ischemic TA muscle at days 1, 3, and 7, waited 14 days after transplantation to allow
sufficient time for MuSC fusion into the myofibers, and sectioned the muscles to visualize
relative engraftment rates. Transplantation at day 7 post-HLI provided the most MuSC
engraftment (Fig. 36A), likely due to impairments of transplanted MuSC fusion following
ischemia-induced oxidative damage at earlier timepoint schedules. Therefore, for all
subsequent studies, MuSCs were transplanted 7 days after ischemic injury. By appending
transplantation data to necrosis grading scale and limb retention data shown in Figure 28,
we noted remarkably improved grades of necrosis and retention of the foot in transplanted
limbs at 28 days following injury (Fig. 36B, 36C). In fact, no limb loss was observed after
10 days of ischemia (3 days after MuSC transplant), suggesting that limb loss is prevented
once transplanted MuSCs have adequate time to undergo myogenesis. To assess whether
the enhanced recovery from ischemia was due to MuSC-driven improvements in perfusion,
we conducted bilateral HLI surgeries and transplanted MuSCs into the TA of one limb
(Fig. 36D). Although LDPI quantification did not show significant improvements in
perfusion of the transplanted limb (Fig. 36E), LDPI may not be sensitive enough to detect

changes in perfusion through capillaries within the TA muscle.
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Figure 36. MuSC transplantation in aged mice improves the retention of ischemic
limbs. (A) Schematic diagram of transplantation of GFP* MuSCs into the TA of ischemic
hindlimbs at various timepoints and representative images of MuSC engraftment of each
transplantation schedule. TAs were dissected 14 days following each transplantation
regimen. (B) Percent of each necrosis grade for transplanted aged (19-22 mos.) ischemic
hindlimbs at 28 days following ischemia appended to necrosis data for young (4-6 mos.)
and aged (19-22 mos.) ischemic hindlimbs (n=16 young mice, n=25 aged mice, n=15 aged
transplanted mice). (C) Retention of foot in transplanted ischemic hindlimbs through 28
days following HLI appended to limb retention data of young and aged ischemic hindlimbs
(n=16 young mice, n=25 aged mice, n=15 aged transplanted mice). (D) Representative
laser Doppler perfusion images (LDPI) of the ventral side of aged (21 mos.) hindlimbs with
bilateral HLI where the TA of one hindlimb was transplanted with MuSCs and the other
hindlimb served as the contralateral control. Images were taken at 7 days (immediately
before transplantation), 14 days, and 28 days following HLI. Ischemic hindlimbs shown
on left of each image and ischemic hindlimbs with MuSC transplantation shown on left.
Scale bar represents blood flow perfusion by color. (E) Mean perfusion (flux) of ischemic
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legs and ischemic legs with MuSC transplantation over 28 days following HLI (n=4). Data
is presented as mean + SD, no statistical differences were detected between perfusion of
HLI and HLI with MuSC transplantation hindlimbs within each timepoint using multiple
t-tests.

Because we did not find any significant differences in functional perfusion of
transplanted limbs, we hypothesized that the improved limb retention outcomes were a
result of enhanced bioenergetics within the muscle. Accordingly, we analyzed the network
of endogenous mitochondria from uninjured aged mitoDendra2 myofibers, ischemic aged
mitoDendra2 myofibers, and ischemic aged wildtype myofibers transplanted with
mitoDendra2 MuSCs (Fig. 37A). When measuring the fluorescent intensities of Dendra2
along the position vector of the uninjured myofiber, we observed a regular waveform along
the myofiber due to the segregated architecture of mitochondrial reticula (Fig. 37B).
Following ischemia, however, the fluorescent intensity plot became highly irregular with
mitochondrial reticula spanning several sarcomeres (Fig. 37B). Transplanted
mitochondria, on the other hand, partially restored this organized spatial configuration with
distinguishable peaks and valleys in the mitochondrial fluorescent signal plot along the
myofiber (Fig. 37B). Although we did not observe any statistically significant differences
in the average distances between mitochondrial reticula (Fig. 37C), the variance of reticular
distances within a myofiber were significantly greater in aged ischemic myofibers
compared to control but was more uniform in the MuSC-derived mitochondrial network
following transplantation (Fig. 37D). Because mitochondria are regulated by myonucleli,
we also investigated whether the improved mitochondrial network was an effect of accreted
myonuclei and indeed found elevated myonuclear number in the engrafted myofibers
compared to aged control and aged ischemic myofibers (Fig. 37E). Because MuSC-

engrafted myofibers also displayed larger sizes compared to ischemic myofibers (Fig. 37F),
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there was no change in myonuclear domain between the two groups (Fig. 37G). Overall,
these data indicate that transplantation of healthy, young MuSCs can repair the
mitochondrial network of aged ischemic myofibers by increasing the number of MuSC-

derived myonuclei that supervise their surrounding mitochondria.
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Figure 37. MuSC transplantation remodels the mitochondrial network. (A)
Representative z-stacked images of single fibers from the TA of uninjured aged (22 mos.)
mitoDendra2, ischemic aged (22 mos.) mitoDendra2, and ischemic aged (21 mos.)
wildtype transplanted with young mitoDendra2 MuSCs. Mitochondria in green, position
vectors along the myofibers in yellow (top); mitochondria in green, nuclei in blue (bottom).
(B) Representative quantification of mitochondrial network organization (relative
fluorescent units) along 10 um of fiber length (position vector) to portray segregation of
mitochondrial reticula (n=4). (C) Average distance between mitochondrial reticula along
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100 um of fiber length (n=4). (D) Variance of the distances between mitochondrial reticula
along 100 um of fiber length (n=4). (E) Number of myonuclei per 500 um of myofiber (at
least 10 myofibers per sample) in aged control myofibers, ischemic aged myofibers, and
MuSC-engrafted myofibers in ischemic aged muscle. Dashed line represents myonuclear
number of ischemic young myofibers (n=4). (F) Average diameter of myofiber (10
myofibers per sample) along 500 pm in aged control, ischemic aged, and MuSC-engrafted
myofibers in ischemic aged muscle. Dashed line represents myofiber diameter in ischemic
young muscle (n=4). (G) Myonuclear domain of 10 single myofibers per sample over 500
pm, calculated as myofiber volume divided by number of myonuclei. Myofiber volume
was approximated as the volume of a cylinder using the average radius along 500 pm of
myofiber. Dashed line represents myonuclear domain of ischemic young myofibers. (n=4).
All data is presented as mean + SD, *p<0.05, **p<0.01, ***p<0.001, ****p<0.0001 using
one-way ANOVA.

Since the highly organized mitochondrial network of myofibers is correlated to the
energy production and oxidative capacity of myofibers®>?, we then directly tested whether
transplanted MuSC-derived mitochondria also improved mitochondrial function in terms
of oxidative phosphorylation activity in permeabilized myofibers. In all three states of
respiration (basal — state 1, GM — state 2, GM+ADP - state 3), aged ischemic myofibers
displayed significant deficiencies in respiration compared to aged control (Fig. 38A).
Following MuSC transplantation in aged ischemic muscle, engrafted myofibers
impressively replenished oxidative capacity at all three states of respiration (Fig. 38A).
Moreover, while ischemic myofibers did not generate increased H>O> following addition
of glutamate and succinate, likely due to the overwhelmed SOD2 system following
ischemia in aged muscles, transplanted myofibers showed improved H>O> generation (Fig.
38B), insinuating that nuclear-encoded SOD2 levels are partially restored following MuSC

engraftment into the myofiber.

To investigate mechanistic changes affecting mitochondrial bioenergetics, we
performed gPCR on genes related to mitochondrial-nuclear communication and

mitochondrial dynamics. While gene expression of nuclear-encoded Sdha was significantly
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upregulated following transplantation, expression of mitochondrial-encoded Cox1 and
mtDNA copy number did not improve (Fig. 38D, 38E, 38F), implying enhanced nuclear
regulation of mitochondria despite persistent deficiencies in the mitochondrial genome.
Although we did not detect any changes in Phb1 expression, gene expression of the Phb2
scaffolding protein was significantly upregulated following transplantation, signifying
enhanced nuclear-mitochondrial crosstalk (Fig. 38G, 38H). Finally, expression of Opal,
but not Drpl, was also upregulated in transplanted muscles (Fig. 38l, 38J), indicating
enhanced mitochondrial fusion, but not fission. Taken together, these results demonstrate
that transplantation of MuSCs into aged ischemic muscle restores mitochondrial oxidative

function by improving communication between the mitochondrial and nuclear genomes.
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Figure 38. MuSC transplantation improves mitochondrial function and gene
expression. (A) States 1 (basal), 2 (GM — complex I-linked respiration), and 3 (GM+ADP
— ATP producing respiration) oxygen consumption rates (normalized to basal aged control
state 1 respiration) of permeabilized myofibers from uninjured aged (23 mos.) control, aged
(23 mos.) ischemia, and aged (23 mos.) ischemia with transplanted MuSCs (n>3). (B)
Hydrogen peroxide production from permeabilized myofiber bundles at basal activity,
complex I-linked activity with the addition of glutamate (G), and complex I- and Il-linked
activity with the subsequent addition of succinate (G+S) from uninjured aged control, aged
ischemia, and aged ischemia with transplanted MuSCs (n=3). (C) Relative gene expression
of Cox1 in uninjured aged control TA, aged ischemic TA, and aged ischemic TA
transplanted with MuSCs (n=3). (D) Relative gene expression of Sdha in uninjured aged
control TA, aged ischemic TA, and aged ischemic TA transplanted with MuSCs (n=3). (E)

167



Relative gene expression of mtDNA copy number in uninjured aged control TA, aged
ischemic TA, and aged ischemic TA transplanted with MuSCs (n=3). (F) Relative gene
expression of Phbl in uninjured aged control TA, aged ischemic TA, and aged ischemic
TA transplanted with MuSCs (n=3). (G) Relative gene expression of Phb2 in uninjured
aged control TA, aged ischemic TA, and aged ischemic TA transplanted with MuSCs
(n=3). (H) Relative gene expression of Opal in uninjured aged control TA, aged ischemic
TA, and aged ischemic TA transplanted with MuSCs (n=3). (I) Relative gene expression
of Drpl in uninjured aged control TA, aged ischemic TA, and aged ischemic TA
transplanted with MuSCs (n=3). All data is presented as mean + SD, *p<0.05, **p<0.01,
***p<0.001, ****p<0.0001 using one-way ANOVA for each individual state of respiration
in panels A and B, and one-way ANOVA for panels C-I.

Previous studies have also shown that ischemic skeletal muscle can uptake isolated
mitochondria through ectopic transplantation. To test whether or not this internalization of
isolated mitochondria can lead to improved bioenergetic function in ischemic muscle, we
employed an in vitro model of hindlimb ischemia®“ on C2C12 myoblasts by subjecting
the cells to 3 hours of hypoxia (2% oxygen), 3 hours of nutrient deprivation (replacing
media with HBSS buffer), or both and characterized the mitochondrial activity with a
Seahorse analyzer (Fig. 39A). Although hypoxia alone did not alter basal respiration, ATP
production, maximal respiration, or proton leak when normalizing to total protein within
each well, hypoxia + nutrient deprivation decreased the respiration of all mitochondrial
functional parameters (Fig. 39B, 39C, 39D, 39E), validating this model as an in vitro
representation of the mitochondrial dysfunction found in ischemic muscle tissues. To test
the effects of mitochondrial transplantation, we co-cultured C2C12s with isolated
mitochondria derived from skeletal muscle at various concentrations for control and
hypoxia + nutrient deprivation (H+ND) myoblasts. Confocal images displayed
internalization of isolated mitochondria after 24 hours of co-culture at both 5 pg/ml and 50
pg/ml of mitochondria (Fig. 39F). Subsequently, we tested for functional bioenergetic

improvements by subjecting myoblasts to H+ND for 3 hours, immediately co-culturing 50
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pg/ml mitochondria for 24 hours, and then performing a Seahorse mitochondrial stress test
(Fig. 39G). Although there were no significant improvements in basal or maximal
respiration, ATP production and proton leak were enhanced following isolated
mitochondrial transfer (Fig. 39H, 391, 39J, 39K), demonstrating the therapeutic potential

for mitochondrial transplantation to ischemic cells and tissues.
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Figure 39. Isolated mitochondrial transplantation improves myoblast bioenergetic
function. (A-E) Oxygen consumption rates, ATP production, and proton leak of C2C12
myoblasts using a Seahorse XFp Analyzer after hypoxia (H), nutrient deprivation (ND), or
hypoxia and nutrient deprivation (H+ND) for 3 hours (n=3). (F) Representative confocal
images of control and H+ND C2C12s with no mitochondria, 5 pg/ml mitochondria, and
50 pg/ml mitochondria treatments for 24 hours. (G-K) Oxygen consumption rates, ATP
production, and proton leak of C2C12 myoblasts subjected to H+ND with and without 50
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pag/ml treatments of mitochondria for 24 hours using a Seahorse XFp Analyzer. All data
presented as mean + SD, *p<0.05, **p<0.01, ****p<0.0001 using one-way ANOVA for
H+ND characterization (panels B-E) and two-tailed t-tests for mitochondrial transplant
experiments (panels H-K).

5.5 Discussion

In this chapter, we first report dramatic age-dependent changes in sensitivity to
hindlimb ischemia in C57BL/6J mice. In young mice between 4 and 6 months of age, we
observed complete recovery of ischemic tissue. At 28 days post HLI, the majority of young
mice displayed normal physiology of the ischemic foot, with only some mice exhibiting
necrosis at the tips of the toes. In stark contrast, aged mice between 20 and 24 months old
all exhibited signs of necrosis in the ischemic hindlimb, with more than half losing the foot
to autoamputation due to the impaired angiogenesis and delayed reperfusion in aged
mice!>11618 Because of the hindered ability to form collateral vessels, the prolonged
ischemia in aged mice resulted in elevated oxidative stress that disrupted mitochondrial
network formation, oxidative capacity, muscle stem cell (MuSC) myogenesis, and motor
neuron regeneration, all of which rely on balanced redox homeostasis to resolve their
functional capabilities®”™. Specifically, reactive oxygen species (ROS) can oxidatively
damage portions of the mitochondria and diminish their oxidative capacity!®®. To
selectively remove defective portions of ischemic mitochondria through autophagy
(mitophagy), mitochondrial dynamics are altered to either fission off damaged segments of
the mitochondria or fuse together with healthy mitochondria to dilute the effects of the
dysfunction®®?, These altered dynamics, in turn, impede the ability of the myofiber to
restore the distinct morphology of the mitochondrial network*t. Furthermore, not only do

these changes in mitochondrial dynamics interfere with MuSC self-renewal and fate
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decisions®®®, but oxidative stress also directly hampers the MuSC differentiation
potential**°, both of which contribute to the aged MuSC depletion and dysfunction. Finally,
motor neurons, which are high in mitochondrial content in order to generate the energy
required for maintaining the membrane potential, are also susceptible to oxidative damage.
It has been shown that high levels of superoxide lead to neuromuscular junction (NMJ)
degeneration and impairments in motor neuron regeneration that are characteristics of

sarcopeniall’,

Although we were the first to characterize these age-dependent mitochondrial and
MuSC responses to ischemia in C57BL/6J mice, there have also been studies on strain-
dependent sensitivities to hindlimb ischemia that presented a similar pathophysiology to
aged mice. In particular, BALB/c and 129S2/Sv mice both manifest a severe grade of
necrosis following ischemic injury similar to aged C57BL/6J mice and have commonly
been used to test therapeutic approaches for peripheral artery disease!®’%!, These
exacerbated responses to ischemic insults in these different strains have been attributed to
fewer pre-existing collateral vessels, diminished angiogenic potential, and reduced
revascularization rates!®-1% all of which are also attributes of aging. Moreover, BALB/c
mice exhibited 40% reductions in mitochondrial respiratory capacity following ischemic
injury'®, similar to the discrepancy in respiratory capacity between young and aged
C57BL/6J ischemic muscles. Lastly, BALB/c mice have demonstrated poor muscle
regenerative capacity following injury due to diminished myogenesis of muscle stem

cells!®?

, presenting another parallel to the MuSC depletion and dysfunction of aged mice.
While this resemblance between the mechanisms of strain-dependent and age-dependent

sensitivities to ischemia are certainly interesting, these strains rely on inherent genetic

172



differences rather than the pathology of aging to model severe human PAD. Testing
therapeutic interventions for PAD in aged mice would provide a more clinically relevant

model that directly captures the etiologies of aging that is associated with PAD.

Although several therapeutic approaches have been explored, most have focused on
augmenting angiogenesis without improving the viability of ischemic muscle, which is
required to physically and biochemically support newly synthesized blood vessels®®4L.
Muscle stem cell transplantation is a promising therapeutic intervention that can improve
the regenerative capacity of skeletal muscle, but has not yet been investigated in ischemic
injuries. Here, we report that transplantation of MuSCs to aged ischemic limbs improves
the retention of the foot, partially restores the mitochondrial network, and enhances
bioenergetic function. It is worth noting that these enhancements were observed with a
limited number of transplantable cells, though this can be further upgraded through
sourcing or manipulating the MuSCs prior to injection. For example, impressive
breakthroughs in cell engineering have allowed the production of MuSCs from induced
pluripotent stem cells or embryonic stem cells to maximize the number of transplantable
cells to replenish the stem cell pool?”>370, Other techniques to bioenergetically-enrich
MusSCs prior to transplantation may also enhance therapeutic outcome, like the treatment
of forskolin to promote MuSC proliferation and mitochondrial biogenesis in order to
augment delivery of healthy mitochondria to the ischemic muscle?#3%, Ischemic
preconditioning of MuSCs has also been recently investigated to improve the tolerance to
oxidative stress and boost transplant efficiency of MuSCs'®3% allowing metabolic
reprogramming of the MuSC to maximize fusion of healthy mitochondria. Other

possibilities to precondition the MuSC, such as culturing MuSCs with factors to activate
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the mTORCL1 pathway and induce a Gaiert cell cycle state with increased mitochondrial
content?®8:3% will provide investigators the ability to optimize conditions for the MuSC as

a delivery vehicle to transplant mitochondria.

Alternatively, transplantation of isolated mitochondria has also recently been
explored to ameliorate the impacts of ischemic injury and enhance tissue function. When
isolated mitochondria were injected into injured muscles of young C57BL/6J mice in a
non-surgical, acute form of hindlimb ischemia-reperfusion, muscle regeneration and gait
patterns were significantly improved’®. The same group, led by McCully et al., also noted
a reduction in infarct size and revitalization of cell viability in a young rabbit model of
myocardial ischemia-reperfusion?°3% although none of these studies tested for
bioenergetic functional outcomes. Although we have reported marginal improvements the
in ATP production of hypoxic/nutrient deprived myoblasts following in vitro
mitochondrial transplantation, it is important to consider the age and severity of ischemic
injury in regards to the efficacy of mitochondrial transplantation. In aged mice with
surgical hindlimb ischemia, where ischemic conditions are prolonged and oxidative stress
is elevated, transplanted mitochondria may become dysfunctional without having their
corresponding nuclei to regulate their autophagy, dynamics, or biogenesis. Although not
yet examined, it may be possible to combine MuSC transplantation with mitochondrial
transplantation to restore the mitochondrial-nuclear communication by modifying MuSCs
with a mitochondrial targeting peptide (KALA), incubating the modified MuSCs with
isolated mitochondria, and then transplanting the mitochondria-decorated MuSCs to

ischemic tissues to maximize the therapeutic impact of cell-based transplantation3®®.

174



However, even without the in vivo delivery of isolated mitochondria, here we report
that the age-associated decline in recovery from ischemic injury can be rescued with only
MuSC transplantation. We observed delayed reperfusion in aged ischemic hindlimbs that
correlated to a disorganized mitochondrial network, debilitated mitochondrial function,
impaired MuSC-derived myonuclear accretion, and limited motor unit remodeling. On the
basis of replenishing the MuSC population of aged mice, we transplanted healthy MuSCs
and observed impressive recovery of the ischemic foot, more organized mitochondrial
reticula, and enhanced mitochondrial function and signaling. Taken together, these
findings provide a foundation for a MuSC-based therapeutic approach using a clinically
relevant PAD animal model and further propose muscle stem cell transplantation as a

candidate for treating mitochondrial myopathies.
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CHAPTER 6. CONCLUSIONS AND FUTURE DIRECTIONS

6.1 Overall Conclusions

It is well established that muscle stem cells (MuSCs) are indispensable for myofiber
repair and regeneration. However, the relationship between MuSCs and mitochondria of
the regenerating myofiber remained unknown. The findings of this thesis provide a causal
link between the mitochondria of the MuSC and mitochondria of the myofiber due to the
propagation of these organelles through myogenesis and fusion into the myofiber. These
results provide a foundation to develop MuSC-based therapies to treat challenging
mitochondrial myopathies and establish an avenue to further optimize the MuSC as a

delivery vehicle for mitochondrial transplantation.

6.1.1 Specific Aim 1: Correlate the temporal response of the muscle stem cell to

remodeling of the mitochondrial network in ischemic myofibers

In chapter 3, we investigated the response and subsequent remodelling of various
skeletal muscle niche components following an ischemic injury. By assessing the temporal
changes of the MuSC, myonuclear number, vasculature, motor units, and mitochondria, we
were able to effectively create a timeline for the regenerative responses of the niche
components and provide correlative relationships between the muscle constituents. We
noted concomitant increases in MuSC and myonuclear number at day 7 following hindlimb
ischemia (HLI), indicating that these ischemic MuSCs are both proliferating and
differentiating into myogenic progeny that fuse into the regenerating myofiber as new

myonuclei. We not only observed accreted myonuclei of the whole myofiber, but also
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increased subsynaptic nuclei that facilitated neuromuscular junction regeneration. These
MuSC-derived myonuclei also drive mitochondrial biogenesis, as observed by the high
mitochondrial densities surrounding the centrally located myonuclei stemming from
MuSCs. However, due to the ischemic conditions at day 7 and 14 post-HLI, these
mitochondria become dysfunctional and are removed through autophagy. After
revascularization of the ischemic muscle, the increased blood flow allows the MuSC-
derived mitochondria to restore their bioenergetic function. Taken together, these findings
support the hypothesis that MuSCs and their downstream myonuclei play a critical role in

generating and maintaining myofiber mitochondria after an ischemic injury.

6.1.2 Specific Aim 2: Demonstrate that transplanted muscle stem cells remodel the

mitochondria of dystrophic host skeletal muscle

After demonstrating the correlative link between MuSCs and myofiber
mitochondria, we next sought to directly test the impact of MuSC mitochondria on the
bioenergetic function of the myofibers they fuse into. Though several studies have shown
that dystrophic muscle harbors defective mitochondria, the origin of the mitochondrial
dysfunction remained unknown. In chapter 4, we showed that dystrophic MuSCs contain
dysfunctional mitochondria that impair their myogenic potential. Through differentiation,
fusion into myotubes, and later fusion into mature myofibers, these MuSCs carry their
mitochondria into the fused cells during myogenesis, resulting in bioenergetic deficiencies
within the dystrophic myofiber. However, by transplanting MuSCs with healthy
mitochondria, the myofibers generated from the exogenous MuSCs exhibit remarkably
improved bioenergetic function. In contrast, by performing loss-of-function experiments

by transplanting MuSCs with mitochondrial dysfunction from other disease models (aged
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MuSCs, SOD1KO MusSCs), the improvements of MuSC transplantation on bioenergetic
function were abolished, indicating that MuSC mitochondria play an important, causal role

on the myofibers they fuse into.

6.1.3 Specific Aim 3: Investigate mitochondrial remodeling following muscle stem cell

transplanted into aged ischemic skeletal muscle

In order to test the effects of MuSC transplantation into ischemic muscle, we first
generated a mouse model of hindlimb ischemia that represented the clinical manifestation
of severe human PAD. While young C57BL/6J mice exhibited complete recovery from
surgical hindlimb ischemia, aged mice demonstrated marked reductions in the regenerative
response to ischemic injury. Namely, aged mice portrayed significant proportions of limb
loss following hindlimb ischemia, representative of the necrosis and subsequent
amputation observed in severe human PAD. This was attributed to slower revascularization
rates, impaired regeneration of the neuromuscular junction, attenuated myonuclear
accretion, disorganized mitochondrial networks, and diminished bioenergetic function.
Although transplantation of healthy MuSCs into aged ischemic muscles did not
significantly improve revascularization, as measured by laser Doppler perfusion imaging,
the mitochondrial network was notably improved in organization and bioenergetic
function, likely as a result of increased myonuclear accretion that regulate these
mitochondria. These findings provide even further evidence for the relationship between
MuSC mitochondria and the regenerating myofiber and present a foundation for MuSCs to
not only enhance skeletal muscle regeneration in mitochondrial myopathies, but also as a

delivery vehicle to transfer functional mitochondria into diseased myofibers.
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6.2 Future Directions

6.2.1 Biomaterial-Based MuSC Delivery

Although our MuSC transplantation model for mitochondrial myopathy shows
great therapeutic potential, a limitation of this scheme is the high number of transplanted
cells required to provide benefits in the bioenergetic function of the host muscle. While
this may be potentially be attributed to cell death of transplanted MuSCs due to the high
oxidative stress within ischemic muscle®®, this can be overcome by delivering the MuSCs
in a biomimetic niche that recapitulates the stiffness of the MuSC microenvironment.
Previously, we have shown that delivering MuSCs in a synthetic, biodegradable hydrogel
based on a four-arm poly(ethylene glycol) (PEG) macromer functionalized with maleimide
(PEG-4MAL) to both dystrophic and aged muscle remarkably increases MuSC
engraftment compared to hydrogel-free delivery, even with notably fewer transplanted
cells®®!. Furthermore, we have demonstrated that MuSCs can be co-delivered with
recombinant proteins, such as Wnt7a to enhance myogenic potential and migration of
transplanted MuSCs?®2, providing a promising therapeutic avenue to optimize the
hydrogel-based co-delivery of MuSCs with recombinant proteins based upon the needs of

the host muscle.

For the purposes of aged ischemic muscle, we can employ other recombinant
proteins to facilitate regeneration of the diseased muscles. Because aged muscles exhibited
significantly slower revascularization rates following ischemic injury, VEGF recombinant
protein is a favorable candidate to promote angiogenesis while simultaneously improving

muscle regeneration and bioenergetic function with transplanted MuSCs. Indeed, previous
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work has shown that delivery of VEGF in the engineered PEG-4MAL construct
significantly improved perfusion to ischemic muscles in a murine HLI model by promoting
angiogenesis®®’. By using this system to co-deliver both VEGF and MuSCs in aged
ischemic muscle, transplanted MuSCs can be protected against the harsh ischemia-induced
oxidative stress while concomitantly accelerating revascularization. Thus, we would
expect advanced therapeutic outcomes with this co-delivery system compared to MuSCs

alone.

Other biomaterial-based MuSC transplantation models may also be explored to
enhance the angiogenic potential with growth factors. Various studies from the Botchwey
and Temenoff groups have provided a foundation for delivery of stromal derived factor-1a
(SDF-10) in heparin-based poly(ethylene glycol) diacrylate (PEGDA) microparticles or
poly(lactic-co-glycolic acid) (PLAGA) nanofibers to both modulate recruitment of pro-
regenerative macrophages and improve remodelling of the microvascular network3%8-4%,
Although these platforms have not yet been tested in conjunction with MuSC delivery or
in ischemic muscles, they offer a framework to further explore this system in other disease

models where perfusion is impaired, such as in PAD.

Alternatively, beyond improving revascularization rates in ischemic muscle,
mitochondria themselves can be targeted with a biomaterial-based approach. Due to the
ease in manufacturing and ability to modify with peptides, liposomes have also been
investigated as a delivery vehicle to enhance therapeutic outcomes in muscle cells3%. For
the purposes of MuSC delivery, transplanted MuSCs can be decorated with liposomes
containing mitochondria or drugs to augment the impact of treatment. For example, giant

unilamellar liposomes can be loaded with healthy mitochondria and modified with RGD
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peptides that can bind to the a7 1-integrins on transplanted MuSCs so that these MuSCs
transfer an extra load of functional mitochondria upon myogenic fusion into the ischemic
myofiber (Fig. 40A). However, this approach may be challenging due to the high
temperatures, long manufacturing times, sonication, and use of chloroform that may
diminish the quality of the transplanted mitochondria. Another option may be to load the
liposomes with a mitochondrial-targeted antioxidant drug, mitoTempol, which has been
shown to protect muscle mitochondria against oxidative damage®*. The smaller sizes of
liposomes required for this approach would allow easier and faster manufacturing of
mitoTempol-filled liposomes that decorate transplanted MuSCs that would not only protect
MuSC mitochondria but also endogenous mitochondria from oxidative stress following
delivery into ischemic muscles (Fig. 40B). While we have already shown proof-of-concept
that MuSC transplantation can improve the bioenergetic function of the host muscles, these
various biomaterial-based MuSC delivery systems would provide further enhancements to
the skeletal muscle regeneration and mitochondrial function upon delivery.
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Figure 40. Transplantation of MuSCs with decorated liposomes. (A) Transplanted
MuSCs decorated with large liposomes filled with mitochondria and targeted to the a7p1-
integrins of the MuSC. (B) Transplanted MuSCs decorated with small liposomes filled
with mitoTempol and targeted to the a7p1-integrins of the MuSC.
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6.2.2 Bioenergetic Enrichment of Transplanted MuSCs

Rather than providing transplanted MuSCs with additional resources to optimize
therapeutic outcomes following delivery, the exogenous MuSCs themselves can be
enhanced by enriching their mitochondrial quality. Because we show that MuSC
mitochondria has a consequential effect on the bioenergetic function of the engrafted
myofiber, improving the mitochondrial quality of the transplanted MuSCs can provide
robust bioenergetic enhancements to the host muscle. A relatively simple approach to
accomplish this is by sorting MuSCs based on their mitochondrial content. Quiescent
MuSCs represent a heterogeneous population dependent on various transcription factors
and cell surface markers. Studies show that expression of the Pax7 transcription factor is
inversely related to mitochondrial content in quiescent MuSCs®8. MuSCs fated for self-
renewal and replenishing the reserve pool express high Pax7 and maintain low levels of
mitochondria while MuSCs that form myogenic progenitors express low levels of Pax7
and comprise of higher mitochondrial content. Using these distinct subpopulations to our
advantage, we can fine tune the transplantation regimen based on the needs of the tissue.
Ischemic muscle would likely benefit from MuSCs with high myogenic capacity and high
mitochondrial content at earlier timepoints to assist in myofiber regeneration and fuse high
levels of mitochondria, but after resolution of the ischemic injury, aged ischemic muscles

can be transplanted with MuSCs with low mitochondria to repopulate the stem cell pool.

Due to the highly adaptive nature of muscle stem cells, another option to enrich

transplanted MuSCs is through preconditioning. In chapter 4, we demonstrated that MuSCs
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isolated from exercise preconditioned mice rejuvenated the bioenergetic function of
dystrophic muscle following transplantation, which we attributed to mitochondrial
enrichment of the donor MuSCs following exercise-induced PGC-1a-mediated biogenesis
and mTORC1 activation?®”-?%8, In the context of transplantation for ischemic muscle, it is
also possible to prime MuSCs for ischemic injury prior to delivery. The adaptive stress
response, known as hormesis, of MuSCs allows the cells to undergo epigenetic changes of
various transcription factors or growth factors in the presence of mild stress so they can
maintain their functions and respond strongly when exposed to a more severe stress of a
similar nature®®2, Taking advantage of this phenomenon, donor muscles can be
preconditioned to mild ischemia by regular yet transient applications of a tourniquet.
Ischemia preconditioned MuSCs can then be isolated and transplanted into severe ischemic
muscle following surgical hindlimb ischemia to respond more effectively to the ischemic
environment and regenerate the myofibers more robustly. Preliminary data shows that
muscles exposed to ischemia preconditioning for 4 weeks quickly restored muscle
morphology after surgical HLI (Fig. 41A, 41B) and attenuated the need to deposit as many
myonuclei into the regenerating myofiber compared to non-preconditioned muscles (Fig.
41C, 41D). However, it is currently unclear if this protective effect of ischemia
preconditioning is a result of an adaptive response of the MuSC or if preconditioned
muscles form more collateral vessels that allow more efficient revascularization following
severe ischemic injury. Further testing is required to elucidate the mechanism behind
ischemic preconditioning and determine whether ischemia preconditioned MuSCs can

provide superior therapeutic benefits following transplantation into ischemic muscles.
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Figure 41. Ischemia preconditioned muscles are protected against severe ischemic
injury. (A) H&E staining of control and ischemia preconditioned (4 weeks
preconditioning) TA muscles 14 days after surgical hindlimb ischemia. (B) Percentage of
centrally nucleated myofibers in control and preconditioned muscles from uninjured and
surgical HLI TA muscles. (C) Representative images of single myofibers isolated from the
TA muscle of control and preconditioned muscles following surgical HLI and uninjured
contralateral control. Nuclei in blue, actin in green. (D) Myonuclear number along a 500
pm length of myofiber isolated from the TA of control and preconditioned muscles
following surgical HLI or uninjured contralateral muscle. All data presented as mean £ SD,
*p<0.05, **p<0.01, ***p<0.001 between uninjured and surgical hindlimb ischemia, and
#n<0.05 between control and preconditioned muscles using one-way ANOVA.

Muscle stem cells can also be preconditioned prior to transplantation by exposing
the cells to various culture conditions or pharmacological agents. For example, MuSCs that
were subjected to hypoxic culture (1% oxygen tension) for 48 hours demonstrated marked
improvements in engraftment efficiency and self-renewal following transplantation into

ischemic tissue!®, which can be beneficial to replenish the stem cell pool in diseased aged
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muscles. However, because the primary objective of our transplantation models is to
transplant myogenic progenitors to facilitate muscle regeneration, other approaches using
pharmacological agents may be more applicable. One particular case is the use of forskolin,
which increases MuSC proliferation by enriching the mitochondrial content?’. This would
not only provide a higher number of transplantable cells, but would also provide the
recipient muscles with more healthy mitochondria to vastly improve bioenergetic function.
Interestingly, in a pilot experiment where we treated wildtype and dystrophic MuSCs with
forskolin in vitro, wildtype MuSCs exhibited astonishing increases in mitochondrial
content and shifted their growth toward proliferation rather than myogenic fusion (Fig. 42).
Due to the high mitochondrial content, we anticipate that these MuSCs will switch to a
myogenic lineage following transplantation, but direct testing is still needed. In contrast,
dystrophic MuSCs did not display a similar increase in mitochondrial content (Fig. 42),
possibly due to intrinsic defects in the ability to synthesize mitochondria. This preliminary
data indicates that mdx MuSCs do not respond effectively to forskolin treatment and
administration of the drug into dystrophic muscles may not result in the desired effect.
Rather, forskolin treatment of healthy MuSCs that can then be transplanted into dystrophic
muscles may provide the therapeutic benefits of MuSC-dependent mitochondrial transfer
into the regenerating myofibers, based upon the findings of this thesis. While the purpose
of this thesis is to provide a foundation for the improvements in bioenergetic function
following transplantation of healthy MuSCs, there are several avenues to further enhance

this transplantation model to maximize the effects of muscle stem cell transplantation.

185



Control ) Forskolin

Wildtype

Mitochondria

Figure 42. Forskolin treatment increases proliferation and mitochondrial content of
wildtype, but not dystrophic, MuSCs. Cultured MuSCs isolated from
wildtype/mitoDendra2 and mdx/mitoDendra2 muscles. Control MuSCs were cultured for
10 days in growth media while forskolin MuSCs were cultured for 10 days in growth media
supplemented with 50 pum forskolin, with daily 25 ng/pl bFGF for all groups for the first 4
days of culture. At day 10 of culture, cells were fixed with 4% PFA and imaged with a
confocal microscope. Mitochondria (mitoDendra2) shown in green, nuclei in blue, and
actin in red.
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APPENDIX A. SUPPLEMENTARY INFORMATION

A.1 gPCR Primer Sequences

Gene Sequence (5° — 3°) PrimerBank ID
p-actin (forward) GATCTGGCACCACACCTTCT A
p-actin (reverse) GGGGTGTTGAAGGTCTCAAA
B2m (forward) TTCTGGTGCTTGTCTCACTGA

31981890al
B2m (reverse) CAGTATGTTCGGCTTCCCATTC
mt-Col (forward) ATCACTACCAGTGCTAGCCG A
mt-Col (reverse) CCTCCAGCGGGATCAAAGAA
Sdha (forward) GGAACACTCCAAAAACAGACCT

15030102a1
Sdha (reverse) CCACCACTGGGTATTGAGTAGAA
Pgc-1a (forward) TATGGAGTGACATAGAGTGTGCT

6679433al
Pgc-1a (reverse) CCACTTCAATCCACCCAGAAAG
Phbl (forward) ACCCATTCACTTATGAGGACCC

27734098al
Phb1l (reverse) CTGCTCCGATGACCTCTTCA
Phb2 (forward) ATCCGTGTTCACCGTGGAAG

6671622al
Phb2 (reverse) CCCGAATGTCATAGATGATGGG
Opal (forward) TGGAAAATGGTTCGAGAGTCAG

19526960al
Opal (reverse) CATTCCGTCTCTAGGTTAAAGCG
Drpl (forward) ATGCCAGCAAGTCCACAGAA A
Drpl (reverse) TGTTCTCGGGCAGACAGTTT
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A.2 Buffer Formulations

Buffer Components
Chappel-Perry Buffer, pH 7.4 100 mM KCI
50 mM MOPS

5 mM MgS0O4-7H20
6.06 mg/mL ATP

Chappel-Perry Buffer Il, pH 7.4

100 mM KClI

50 mM MOPS

5 mM MgS0O4-7H20

1 mMEGTA

2 mg/mL bovine serum albumin

Mitochondrial Respiration
Buffer, pH 7.4

100 mM KClI
50 mM MOPS
0.5mM EGTA

Buffer X (BIOPS), pH 7.1

7.23 mM K2EGTA
2.77 mM Ca K:EGTA
20 mM Imidazole

20 mM Taurine

57 mM ATP

14.3 mM PCr

6.56 mM MgCl,-6H.0
50 mM K-MES

Buffer Z (Respiration Buffer),
pH 7.1

105 mM K-MES

30 mM KClI

10 mM KH2PO4

5 mM MgCl,-6H,0

0.5 mg/mL bovine serum albumin
1 mM EGTA (added fresh)
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