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Osteocytes are the most prominent cell type of bone tissue, comprising up to 95% of bone 

cells. They are terminally differentiated osteoblasts that reside in the mineral matrix of bone. 
Osteocytes have an important role in maintaining bone tissue homeostasis; they regulate the 
activities of bone producing osteoblast and bone resorbing osteoclasts. Osteocytes also produce 
proteins that are essential for bone matrix mineralization. In addition to their functions in healthy 
bone, osteocytes have central roles in various bone related diseases such as osteoporosis and 
different cancers of bone. 

Due to their importance in bone structure and regulation of bone homeostasis, osteocytes 
should be included in bone tissue engineering solutions and in vitro bone models. Isolation of 
mature osteocytes, however, is challenging as they are embedded deep in the bone matrix. 
Differentiating osteocytes from human bone marrow mesenchymal stem cells (hBMSCs) could 
be a viable option for acquiring osteocytes; hBMSCs can be expanded in large quantities and 
differentiated to osteoblasts in vitro. Since osteocytes descent from osteoblasts, differentiating 
osteocytes from hBMSCs should be possible. Collagen I hydrogel could be an optimal 
environment for achieving osteocyte differentiation, as it resembles the collagen matrix where in 
vivo osteoblast-osteocyte differentiation takes place. 

In the present work, various cell culture protocols were tested as conditions to differentiate 
hBMSCs towards osteocyte phenotype. hBMSCs were embedded in collagen I hydrogel directly 
or following an osteogenic pre-differentiation step on tissue culture plastic. Cell-laden hydrogels 
were cultured for 21 to 42 days in osteogenic culture conditions with and without S53P4 bioactive 
glass extract in the culture medium; S53P4 extract has shown to be a strong enhancer of 
osteogenic differentiation. As a reference condition, hBMSCs were cultured on collagen coatings, 
a condition which is known to induce osteoblast differentiation, rather than osteocyte 
differentiation. Confocal microscopy imaging was performed to assess cell morphology and 
presence of osteocyte marker dentin matrix protein (DMP1). Gene expression analysis and 
protein detection assays were performed for various osteoblast and osteocyte markers to 
determine the osteogenic differentiation state of the hBMSCs cultured in collagen hydrogels.  

hBMSCs stained positive for DMP1 and had formed some dendric processes, that are 
characteristic for osteocytes. Gene expression analysis and protein detection assays, however, 
did not show signs of enhanced osteocyte differentiation in collagen gels; expression of osteocyte 
markers podoplanin and sclerostin were highest with hBMSCs cultured on collagen coatings.  

In conclusion, some indications of osteocyte differentiation were seen in hBMSCs cultured in 
collagen gel, but mature osteocyte differentiation was not achieved in the present study. Based 
on the underlying biology and previous studies of osteocyte differentiation, culturing hBMSCs in 
collagen hydrogels is still a relevant set-up for acquiring osteocyte-like cells. Modifications to the 
collagen hydrogels and to other aspects of the cell culture environment could help to better mimic 
in vivo environment of differentiating osteocyte, and thus to achieve more mature osteocyte 
differentiation.  
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Osteosyytit ovat luukudoksen yleisin solutyyppi, kattaen 95 % luun soluista. Ne ovat terminaa-

lisesti erilaistuneita osteoblasteja, jotka sijaitsevat luun mineralisoituneessa väliaineessa. Oste-
osyyteillä on tärkeä rooli luun homeostasian ylläpitämisessä; ne säätelevät luuta tuottavien os-
teoblastien ja luuta hajottavien osteoklastien aktiivisuutta. Osteosyytit myös tuottavat proteiineja, 
jotka ovat olennaisia luun mineralisaation kannalta. Osteosyyteillä on myös keskeinen rooli 
luuhun liittyvissä taudeissa, kuten osteoporoosissa ja erilaisissa luun syövissä.  

Koska osteosyytit ovat tärkeitä luun rakenteen ja homeostaasin säätelyn kannalta, luu-
kudostekniikan ratkaisujen ja in vitro -luumallien tulisi sisältää osteosyyttejä. Osteosyyttien eris-
täminen on kuitenkin hankalaa, koska ne sijaitsevat syvällä luun väliaineessa. Osteosyyttien 
erilaistaminen ihmisen luuytimen mesenkymaalisista kantasoluista (LMKS) voisi olla toimiva 
vaihtoehto osteosyyttien hankkimiseksi; LMKS:ja voidaan monistaa suurissa määrin, ja ne 
kykenevät erilaistumaan osteoblasteiksi in vitro -olosuhteissa. Osteosyyttien polveutuessa 
osteoblasteista, osteosyyttien erilaistaminen LMKS:ista pitäisi olla mahdollista. Kollageeni I -
hydrogeeli voisi olla optimaalinen ympäristö osteosyyttierilaistumisen saavuttamiseksi, sillä se 
muistuttaa kollageeniväliainetta, jossa osteoblastien osteosyyteiksi erilaistuminen luonnollisesti 
tapahtuu. 

Tässä työssä testattiin erilaisia soluviljelyprotokollia osteosyyttien erilaistamiseksi LMKS:sta 
kollageeni I-hydrogeelissä. LMKS:t upotettiin kollageeni I-hydrogeeliin joko suoraan tai soluvilje-
lymuovilla suoritetun osteogeenisen esierilaistamisvaiheen jälkeen. Soluja viljeltiin hydrogee-
leissä 21–42 päivää osteogeenisissa viljelyolosuhteissa, S53P4 biolasiekstraktia sisältävässä 
sekä S53P4 biolasiekstraktia sisältämättömässä viljelymediumissa; S53P4 ekstraktin on aiemmin 
näytetty edistävän osteogeenista erilaistumista merkittävästi. Vertailuolosuhteena tutkimuksessa 
käytettiin kollageenipinnoitteilla viljeltyjä LMKS:ja. Kyseinen viljelyolosuhde indusoi osteoblas-
tierilaistumista, osteosyyttierilaistumisen sijaan. Solujen morfologiaa ja osteosyyttimarkkeri den-
tiinimatriksiproteiini-1:den ekspressiota tutkittiin konfokaalimikroskooppikuvantamisella.  Gee-
niekspressionanalyysi ja proteiinien havaitsemismäärityksiä suoritettiin eri osteoblasti- ja oste-
osyyttimarkkereille LMKS:jen osteogeenisen erilaistumisasteen määrittämiseksi.  

LMKS:t värjäytyivät positiivisiksi DMP1:lle ja olivat muodostaneet jonkin verran osteosyyteille 
tyypillisiä dendriittisiä haarakkeita. Geeniekspressioanalyysi ja proteiinien havaitsemismäärityk-
set eivät kuitenkaan osoittaneet merkkejä vahvistuneesta osteosyyttierilaistumisesta kollageeni-
geeleissä; osteosyyttimarkkerien podoplaniinin ja sklerostiinin ilmentyminen oli korkeinta kolla-
geenipinnoitteilla viljellyillä LMKS:lla. 

Yhteenvetona voidaan todeta, että kollageenigeelissä viljellyt LMKS:t osoittivat joitain merk-
kejä osteosyyttierilaistumisesta, mutta eivät täysin erilaistuneet osteosyyteiksi. Aiempien oste-
osyyttierilaistumisesta tehtyjen tutkimusten ja taustalla olevan biologian perusteella, LMKS:jen 
viljeleminen kollageenihydrogeeleissä on kuitenkin edelleen pätevä keino osteosyyttien hankki-
miseksi. Modifikaatiot kollageenihydrogeeleihin ja muihin soluviljely-ympäristön oosuhteisiin voi-
sivat auttaa paremmin jäljittelemään erilaistuvien osteosyyttien luonnollista ympäristöä ja siten 
johtaa kokonaisvaltaisempaan osteosyyttierilaistumiseen. 
 

Avainsanat: osteosyytti, kollageeni, hydrogeeli, ihmisen luuytimen mesenkymaaliset 
kantasolut 
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1. INTRODUCTION 

Bones support body, protect organs, and enable body movements together with skeletal 

muscles (Florencio-Silva et al., 2015). Additionally, bones also have an important role in 

calcium, phosphate, and magnesium metabolism (Iaquinta et al., 2019). Essentially, all 

bones consist of mineralized bone extracellular matrix (ECM) and different types of bone 

cells (Florencio-Silva et al., 2015). The properties of bones are mostly explained by the 

ECM; bone cells are important for bone integrity as they regulate bone tissue 

homeostasis (Florencio-Silva et al., 2015). 

Osteocytes, the most abundant cells in bone tissue, have a central role in the 

maintenance of bone tissue homeostasis (Bonewald, 2011). They regulate the activity of 

bone forming osteoblasts and bone resorbing osteoclasts by secreting different signaling 

molecules, most notably sclerostin (SOST) and receptor-activator of NF-kB ligand 

(RANKL) (Divieti Pajevic & Krause, 2019). Secretion of these signaling molecules by 

osteocytes is regulated by parathyroid hormone (PTH) and mechanical loading of the 

bone tissue (Divieti Pajevic & Krause, 2019). In addition to regulating activity of 

osteoblasts and osteoclasts, osteocytes contribute to bone structure by secreting non-

collagenous proteins (NPCs) that participate in mineralization of collagen (de Wildt et al., 

2019). In certain situations, osteocyte also can themselves deposit or resorb bone matrix, 

mimicking the functions of osteoblasts and osteoclasts (Robling & Bonewald, 2020). 

Osteocytes reside inside the bone ECM (Bernhardt et al., 2019). Osteocyte morphology 

is characterized by their rounded cell body and dendritic processes that connect them to 

other osteocytes, forming an extensive network in the bone ECM (Bonewald, 2011). The 

network reaches from outer surface of the bone to the of bone marrow, allowing the 

communication with other cells of bone tissue as well (Atkinson & Delgado-Calle, 2019). 

Osteocytes themselves reside in small chambers in the bone matrix and the dendritic 

processes travel in small ducts, called lacunae and canaliculi respectively (Bonewald, 

2011; Reznikov et al., 2014). As these spaces cause discontinuations in bone ECM, 

there is also a structural relationship between osteocyte network and bone tissue 

(Kerschnitzki et al., 2011).  

Importance of osteocytes on  bone integrity is well demonstrated in different pathologies. 

Reduction in the number of osteocytes and abnormalities in the osteocyte network are 

associated with diseases, such as osteoporosis and osteomalacia, which can lead to 

bone fractures. (Dallas et al., 2013; Tiede-Lewis & Dallas, 2019; Zarrinkalam et al., 

2012). Talking about pathologies, osteocytes also contribute to the progress of multiple 
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myeloma which is cancer of bone marrow and to bone metastasis of breast cancer and 

prostate cancer (Atkinson & Delgado-Calle, 2019; Delgado-Calle et al., 2016). 

Since osteocytes are such an integral part of bone structure, play an important role in 

maintaining bone homeostasis, and are involved in different bone related pathogeneses, 

they should be included when modeling bone tissue function in vitro. So far, isolating 

primary osteocytes has proven quite challenging, as osteocytes lie deep in the bone 

ECM (Bernhardt et al., 2019). Osteocytes have been isolated from human trabecular 

bone samples with repeated collagenase II and ethylenediaminetetraacetic acid (EDTA) 

digestion procedure (Prideaux et al., 2016). The yield of osteocytes using the isolation 

protocol has also been relatively low (Bernhardt et al., 2019), which is a major downside 

as osteocytes are a non-proliferative cell type (Nasello et al., 2020), and hence cannot 

be acquired in large quantities from one bone sample.  

To obtain osteocytes in large quantities, a viable option could be differentiating 

osteocytes in vitro from mesenchymal stem cells (MSCs). MSCs are multipotent stem 

cells that can be harvested relatively easily from many adult tissues, including bone 

marrow, adipose tissue, and dental pulp tissues (Andrzejewska et al., 2019; Han et al., 

2019). MSCs also have a good self-renewal capacity and they can be expanded in vitro 

to obtain large numbers of cells (Han et al., 2019; Iaquinta et al., 2019). They can 

differentiate into multiple cell types including osteoblasts, adipocytes, and chondrocytes 

(Andrzejewska et al., 2019; Pittenger et al., 2019). Since osteocytes are descent from 

osteoblast (Bonewald, 2011), it should be possible acquire osteocytes from MSCs 

through osteogenic lineage differentiation.  

There is quite clear consensus that the environment resembling the natural tissue can 

guide stem cells to differentiate towards the cell type of that tissue (Anderson et al., 2016; 

Bloom & Zaman, 2014; Salvatore et al., 2021). In vivo, osteocytes differentiation begins 

when osteoblasts get embedded in soft collagen matrix, which is later mineralized to 

produce mature bone ECM (Bonewald, 2011; de Wildt et al., 2019). Thus, culturing 

MSCs in collagen hydrogel is a logical set-up for differentiating osteocytes from MSCs. 

In addition to offering collagenous three-dimensional (3D) environment, hydrogels also 

mimic many other aspects of natural ECM (H. Liu et al., 2019; Tibbitt & Anseth, 2009). 

Ability of collagen I hydrogels to promote osteocyte differentiation is already shown in 

the context of human primary osteoblasts (Bernhardt et al., 2019; Skottke et al., 2019). 

In the present study it was assessed whether human bone marrow-derived 

mesenchymal stem cells (hBMSCs) cultured in collagen I hydrogel in osteogenic culture 

medium would acquire osteocyte-like phenotype. Different cell culture conditions were 
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established to test the effect of different factors on osteocyte differentiation. hBMSCs 

were embedded into collagen hydrogels directly or after a 7-day osteogenic pre-

differentiation in conventional two-dimensional (2D) culture to tests if initiating osteoblast 

differentiation prior the 3D culture would be beneficial for osteocyte differentiation. With 

hBMSCs directly embedded in collagen gels, two different culture periods were used to 

test if longer culture period leads to more osteocyte-like phenotype. All the forementioned 

cell culture conditions were cultured both with and without S53P4 bioactive glass (BAG) 

extract in the culture medium to test its effect on the osteocyte differentiation. S53P4 

extract medium was generated by incubating S53P4 glass granules in the medium, 

resulting in release of ions from the S53P4 to the medium. S53P4 ions have previously 

shown to enhance osteoblast differentiation of MSCs (Ojansivu et al., 2015), which could 

mean that they can also help to achieve osteocyte phenotype as osteocytes descent 

from osteoblasts.  

The osteocyte differentiation stage of hBMSCs was assessed with laser scanning 

confocal microscopy (LSCM), gene expression analysis, and protein detection assays. 

LSCM was utilized for analyzing the cell morphology and expression of osteocyte marker 

protein. Gene expression analysis and protein detection assays were performed for 

different osteoblast and osteocyte markers to determine the osteogenic differentiation 

state of the hBMSCs cultured in collagen hydrogels.  

Before getting in more depth to the materials and methods used, and to the results, the 

background of the most important topics related to the present study are covered in detail 

in a literature review section. At the end, the results are discussed in the lights of earlier 

studies, and finally a brief conclusion of this study is drawn. 
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2. LITERATURE REVIEW 

2.1 Mesenchymal stem cells 

Stem cells are undifferentiated cells that possess two inherent features. First, they can 

self-renew, meaning that as they divide, they give rise to new stem cells. Second, they 

can differentiate to specialized cell types upon external and internal signals and cues. 

These features enable the simultaneous production of specialized cells found in mature 

tissues and maintenance, or even growth, of the stem cell pool. Stem cells play a key 

role during the development, tissue repair, and in maintenance of tissue homeostasis, 

but are also involved in development of some cancers. (Morrison & Kimble, 2006; 

Zakrzewski et al., 2019) 

Stem cells are found in individuals during their whole life cycle, from the embryonic 

development to old age. While embryonic stem cells can differentiate to any cells of the 

organism, stem cells found in adult individuals have more limited differentiation capacity. 

For instance, hematopoietic stem cells (HSCs) can only differentiate to different blood 

cells and osteoclasts. (Charbord, 2010; Kursad, 2012; Zakrzewski et al., 2019) 

Similarly with HSCs, mesenchymal stem cells (MSCs) are adult stem cells with 

multilineage differentiation capacity (Charbord, 2010; Pittenger et al., 2019). MSCs are 

perhaps the best known for their capacity to differentiate to osteoblasts, adipocytes, 

myocytes, and chondrocytes (Andrzejewska et al., 2019; Pittenger et al., 2019). These 

are the major cell types of bone, fat, muscle, and cartilage, respectively, which all are 

connective tissues derived from mesenchymal tissue of embryo. (Charbord, 2010; 

Pittenger et al., 2019; Robert et al., 2020). There are also reports of MSCs differentiating 

towards cells of non-mesenchymal origin, including neurons, hepatocytes, and 

endothelial cells (Charbord, 2010; Pittenger et al., 2019).  

Besides differentiating to major cell types of different tissues, MSCs have important 

supporting functions as well. For instance, they can promote vascularization by 

differentiating into pericyte-like cells and by secreting pro-angiogenic factors (Mykuliak 

et al., 2022). In addition to pro-angiogenic factors, MSCs influence behavior and 

differentiation of other cells by secreting immunomodulatory factors and many other 

signaling molecules to their surroundings (Andrzejewska et al., 2019; Robert et al., 

2020).  

Due to their self-renewal potency, differentiation capacity, and paracrine effects, MSCs 

have been sought to use in regenerative medicine, where the aim is to replace the 

damaged tissues or their functions. (Iaquinta et al., 2019; Pittenger et al., 2019). MSCs 
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have been combined with biomaterial scaffolds to develop tissue engineering implants 

to treat major bone and cartilage injuries (Iaquinta et al., 2019; Oryan et al., 2017; Robert 

et al., 2020). The paracrine effects of MSCs have been utilized for example in treating 

heart tissue injuries; injection of MSCs to the site of an ischemic injury leads to a 

reduction in tissue injury and scar tissue formation, which is due to the paracrine and 

supporting effects of MSCs rather than differentiation of MSCs to cardiomyocytes 

(Pittenger et al., 2019).  

 

Figure 1. Mesenchymal stem cells are found in many tissues, and they possess 
multilineage differentiation capacity. Figure was created using images retrieved 
from Servier Medical Art.   

 

As MSCs and cells differentiated from MSCs have high abundance and central role in 

many tissues, MSCs are also used in microfluidic cell culture devices that aim to recreate 
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natural tissue environments to study normal tissue function, cell differentiation, disease 

progression, or efficacy of different drugs and substances in controlled and easily 

observable in vitro environment (Ahadian et al., 2018; Wnorowski et al., 2019; J. Zhang 

et al., 2017).  

MSC can be isolated from many different tissues, including bone marrow, adipose tissue 

dental pulp, and placenta, among others (Andrzejewska et al., 2019; Han et al., 2019; 

Iaquinta et al., 2019). Most common sources for MSCs isolation have most likely been 

adipose tissue and bone marrow, due to their accessibility and renewability  (Iaquinta et 

al., 2019; Pittenger et al., 2019) 

Even though all MCSs are unified by their ability to differentiate to same cell types and 

by their shared cell surface markers, it is worth noting that MSC subtypes still show some 

differences regarding their differentiation potential (Andrzejewska et al., 2019; Mykuliak 

et al., 2022; Robert et al., 2020). BMSCs and adipose tissue derived MSCs (AMSCs) 

have superior osteogenic differentiation compared to umbilical cord stem cells and 

placental stem cells. (J. S. Heo et al., 2016). Some studies suggest that be osteogenic 

potential is higher in BMSCs than ASCs (Liao, 2014; Mohamed-Ahmed et al., 2018; 

Sakaguchi et al., 2005), which seems logical considering the origins of the BMSCs and 

ASCs. All and all BMSCs possess excellent osteogenic differentiation potential, and they 

are also most frequently used MSCs for acquiring osteoblasts (Han et al., 2019). 

Heterogeneity regarding differentiation capacity also exists between different donors and 

even between individual MSCs (Andrzejewska et al., 2019; Robert et al., 2020). 

MSCs reside in stem cell niches, which are microenvironments that also contain 

extracellular matrix (ECM), vasculature, and supporting cells, including endothelial cells 

and adipocytes (Kurenkova et al., 2020; H. Lin et al., 2019). This microenvironment 

provides a set of physical and chemical cues that maintain stemness of the cells by 

regulating quiescence, self-renewal, proliferation, and differentiation of MSCs (H. Lin et 

al., 2019; Pittenger et al., 2019). When cells in the surrounding tissue need to be replaced 

due to injury, or natural cell turn-over, MSCs in the niche receive signals that promote 

their proliferation and migration(An et al., 2018; H. Lin et al., 2019; Walker et al., 2019). 

This results in some of the cells migrating away from the niche; as cells move away from 

the niche, they differentiate to specialized cell types (Anderson et al., 2016; Pittenger et 

al., 2019). Fate of MSC is determined by signals provided by their environment, which 

include growth factors and other small molecules, mechanical cues, and cell-cell 

interactions (Cheng et al., 2019). These signals alter the gene expression and epigenetic 

state of the MSCs, leading to their differentiation (Cheng et al., 2019).  
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Effects of soluble factors on MSC fate is well documented. Maintaining the stemness of 

MSCs in vitro has proven to be challenging, but self-renewal capacity of MSCs have 

been improved by supplementing cell culture media with growth factors, such as 

fibroblast growth factor 2 (FGF2), epidermal growth factor (EGF), and stem cell factor 

(SCF) (Pal & Das, 2017). It is well known that adding growth factors and other 

supplements to cell culture media can also be used to guide MSCs towards adipogenic, 

osteogenic, and chondrogenic differentiation on 2D surfaces (Andrzejewska et al., 2019; 

Cheng et al., 2019; Pittenger et al., 1999). Addition of ions found in bone ECM to culture 

media have also shown to promote osteogenic differentiation (Ojansivu et al., 2015). 

Besides the type of the soluble factors, their concentration and the timing of the exposure 

also seems to play a role in the fate determination of MSCs (Alm et al., 2012; Bhandi et 

al., 2021).  

ECM was originally thought of as a passive scaffold for the cells, offering merely 

structural support (Salvatore et al., 2021). It is, however, much more as it contains 

multiple cell binding motifs and affects phenotype of cells through various cues 

(Salvatore et al., 2021). Increasing amount of evidence points to the conclusion that a 

microenvironment characteristic to specific tissue type causes MSCs to differentiate to 

the cell type of that tissue. Convincing evidence of this microenvironment guided cell 

differentiation was provided by a study where matrix elasticity was shown to affect MSC 

differentiation (Engler et al., 2006). The study showed that when MSCs are cultured on 

a substrate with stiffness corresponding to a natural tissue, MSCs started to differentiate 

towards the mature cells of that tissue, in an irreversible manner. After that, the effect of 

matrix elasticity on MSC, and cells in general has been much studied. Influence of 

substrate stiffness on MSC linage specification is explained by a phenomenon called 

mechanotransduction (B. Li et al., 2013; Martino et al., 2018; Naqvi & McNamara, 2020; 

Steward & Kelly, 2015). Briefly, mechanotransduction is conversion of mechanical 

signals to biochemical intracellular responses (Martino et al., 2018; Steward & Kelly, 

2015). This can occur either via mechanoresponsive ion channels, or integrin mediated 

cell-ECM interactions (Steward & Kelly, 2015).  Integrins are cell surface receptors that 

bind to ECM proteins. Binding of integrin to ECM leads to activation of intracellular 

signaling pathways that affect cellular behavior and differentiation (Martino et al., 2018; 

Naqvi & McNamara, 2020). Substrate stiffness increases the number of bound integrins 

and affects the signal that is generated via integrin-ECM binding; stiffer substrates lead 

to increased cytoskeletal tension, which can lead to changes in cell morphology, and 

furthermore affect the lineage specific differentiation of MSCs (Martino et al., 2018; Naqvi 

& McNamara, 2020; Steward & Kelly, 2015). Other factors than the bulk mechanical 
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properties of the substrate have also shown to affect cell differentiation and behavior 

(Chaudhuri et al., 2020; Doyle et al., 2015).  

Also, other matrix properties such as surface topography, and surface chemistry of the 

material affect MSC fate (Anderson et al., 2016). Effect of the matrix chemistry on MSC 

differentiation is well demonstrated in the context of osteogenic differentiation. MSCs 

cultured on materials that contain elements found in natural bone have shown enhanced 

or even induced osteogenic differentiation (Viti et al., 2016). These materials include 

bioactive glasses, and calcium phosphates, and calcium silicates (Gao et al., 2017).  

Culturing MSC in 3D microenvironment leads to enhanced osteogenic, adipogenic and 

hepatocytic differentiation (Bae et al., 2017; H. Kim et al., 2019), which is not surprising 

considering these cell types naturally reside in 3D environment. Differentiation of MSCs 

is also improved when other cell types, such as endothelial and hematopoietic, are 

present in the 3D environment, which is usually the situation in the natural tissue 

environment as well (H. Kim et al., 2019). Also, other external factors such as hypoxia 

and dynamic mechanical stimuli affect MSCs differentiation (Binder et al., 2015; Goetzke 

et al., 2018).  

By now it is clear that MSC differentiation, and behavior of cells in general is greatly 

affected by their microenvironment. Therefore, the biomaterials, and the 

microenvironment in general, used for the purposes of regenerative medicine or for in 

vitro modelling of tissues should mimic the natural ECM and tissue environment as 

closely as possible (Ahadian et al., 2018; B. Li et al., 2013; Salvatore et al., 2021; Wu et 

al., 2020).  

2.2 Collagen  

As already stated, ECM surrounds cells and provides them with structural support, but 

also with biochemical and biomechanical cues that affect cell differentiation and 

behavior. Thus, the ECM largely determines the properties of each tissue and organ. 

ECM of each tissue is characteristic for the tissue type and reflects the functionality of 

the tissue. However, ECM in al tissues shares the basic structural components. ECM 

comprises from proteins, polysaccharides, and water. Fibrous proteins are the main 

structural component of ECM. They build fiber networks with various organizations and 

contribute to the mechanical properties of ECM. They also offer binding sites for cells 

and proteoglycans. Other proteins and polysaccharides also contribute to the 

mechanical properties and shape of ECM, as they bind water and different cations. They 
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also bind growth factors (GF) and GF receptors and thus contribute to cell behavior. 

(Frantz et al., 2010; Yue, 2014)   

Collagen is the most abundant of the fibrous proteins in ECM, and altogether accounts 

about a third of the total protein content in human body (Frantz et al., 2010; Shoulders & 

Raines, 2009). In addition to bone, it is found in dentin, skin, tendons and ligaments, 

arteries, and cartilage. Collagen is synthesized by the cells in the corresponding tissues, 

most notably by fibroblasts and osteoblasts (Boraschi-Diaz et al., 2017; Frantz et al., 

2010). Collagens greatly contributes to mechanical properties of these tissues, most 

notably to their tensile strength (Buehler, 2006; Fratzl, 2008; Roeder et al., extrac 2002). 

Collagen also affects cellular behavior as it offers numerous binding sites for integrins 

and other various cell surface receptors (Boraschi-Diaz et al., 2017). In addition to cell, 

collagens also associate with other ECM proteins and proteoglycans (Boraschi-Diaz et 

al., 2017). 

High mechanical properties and multiple binding motifs for other ECM components make 

collagen an ideal ECM component. These properties are explained by a quaternary 

protein structure of collagen molecules, where three left-handed α-chains have tightly 

wound together to form a right a right-handed triple helix. This structure allows 

simultaneously maximal presentation of binding motifs on the surface of the structure 

and tight packing of the polypeptide chains resulting in high mechanical properties. There 

arre, in fact, as many as 28 different collagen types, some of which differ significantly 

from each other regarding their structure and function, but they all are considered to be 

part of the collagen protein family as they contain the triple helix structure described 

above (Fidler et al., 2018; Ricard-Blum, 2011). 

The primary protein structure of α-chains in different collagen types also varies, but all 

α-chains comprise repeating sequence of three amino acids, where every third amino 

acid is glycine (Gly). This triplet of amino acids referred as Gly-X-Y, X and representing 

the two other amino acids. X and Y are most commonly proline (Pro) and hydroxyproline 

(Hyp), respectively, Pro occupying the X position with 28% frequency, and Hyp 

occupying the Y position with 38% frequency. Over 10% of all the triplets in collagen α-

chains are Gly-Pro-Hyp (Ramshaw et al., 1998). 

All these amino acids contribute to the formation of the triple helix structure. Proline 

residues induce polypeptide chains to the left-handed conformation seen in the α-chains. 

Glycine residues on the other hand provide the chains with flexibility and due to their 

small size can be buried inside the triple helix structure, allowing tight packing of the left-

handed chains. Furthermore, the triple-helix is stabilized by hydrogen bonds formed 
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between the amine group of the glycine and carboxyl group of the second amino acid of 

the triplet in an adjacent chain. Post-translational modification of the prolines in the Y 

position to hydroxyprolines help to stabilize the triple helix structure through 

stereochemical effects and specific hydration. The important role of proline and 

hydroxyproline for the α-chain structure and triple helix stability is most likely explained 

by their pyrrolidine ring structure, which is not found in other amino acids (Fidler et al., 

2018; Shoulders & Raines, 2009).  

2.2.1 Higher order collagen structure  

Collagen types (denoted with roman numerical) can be categorized based on their 

structural roles. These categories include fibril-forming collagens, network-forming 

collagens, fibril associated collagens with interrupted triple helixes (FACITs), membrane 

collagens and multiplexins. Structure of a single collagen molecule between these 

categories varies substantially. While in fibril-forming collagen I, the triple helix is a 

predominant structure (96%), in collagen XII (FACIT), its portion is less than 10% Also, 

fibril-forming collagens have just a single triple helical domain, whereas network forming 

collagens and FACITs have multiple shorter triple helix domains, separated by short non-

helical segments. In addition to helical domains, different collagen types have a variable 

sets of other protein domains, that can interact with other collagen molecules and 

surrounding tissue. (Ricard-Blum, 2011)  

Fibrillar collagens are the most abundant collagens in ECMs of connective tissues, such 

as bone, skin, and cartilage, and thus, they largely determine mechanical properties and 

structure of these tissues (Ricard-Blum, 2011; Shoulders & Raines, 2009). Collagen 

types belonging to other categories also have important roles in different tissue. Collagen 

IX and VII, two non-fibrillar collagens that comprise only a small portion of tissues, are 

known to be important for integrity of articular cartilage and skin, respectively (Ricard-

Blum, 2011). From here on the focus is going to be on fibrilla collagens, as the fibrillar 

collagen I is the most abundant protein component in bone tissue, and commercial 

hydrogels used in tissue engineering applications consist of single type of fibrillar 

collagen (Antoine et al., 2014). 

Fibrillar collagens form collagen fibrils in a process called fibrillogenesis. Once the triple 

helixes have formed, they have non-helical regions in their both ends. These non-helical 

propeptides are crucial for the triple helix formation but they must be cleaved by 

proteinases for the fibrillogenesis to occur. After the cleavage, only a very short non-

helical telopeptides are left on both ends. Triple helical structures with telopeptides in 

both ends are referred to as tropocollagens, which in collagen I are 300 nm in length and 



11 

 

under 2 nm in diameter. Tropocollagen monomers form collagen microfibrils as illustrated 

in Figure 2. Collagen microfibrils consist of multiple sequent bundles of tropocollagen. In 

collagen I these bundles consist of five tropocollagen monomers that are twisted relative 

to the central axis, which results in right-handed twist in the microfibers. Aggregation of 

the tropocollagens to these bundles is driven by hydrophobic, hydrophilic, and 

electrostatic interactions (Raspanti et al., 2018). The tropocollagens in a single bundle 

are not completely in a same plane relative to each other. There is a small stagger, which 

results in short overlap of the tropocollagens in the subsequent bundles (Figure 2). The 

short overlap is important as it allows formation of covalent cross-links between the 

telopeptides of the subsequent tropocollagen bundles, in a reaction catalyzed by lysyl 

oxidase. Tropocollagens and microfibrils further aggregate with each other to form 

mature collagen fibrils, which can have diameter of 500 nm and length of 1 cm (Shoulders 

& Raines, 2009).  

 

Figure 2. Assembly of fibrillar collagen from triple helix to higher collagen network. 
Adapted from de Wildt et al., 2019. 

 

Collagen fibrils form higher order structures that vary greatly in different collagenous 

tissues such as bone, skin, tendons, cartilage, and cornea; in some tissues the fibrils can 

be parallelly aligned, whereas in other tissues they form network-like structures.  (J. Lin 

et al., 2020; Raspanti et al., 2018). These differences in orientation and alignment of 

collagen fibrils greatly contribute to differences in mechanical properties of these tissues 

(J. Lin et al., 2020; Revell et al., 2021). In addition to the organization of collagen fibrils, 

mechanical properties of collagenous tissues are also affected by covalent cross-links 

and weak interactions between collagen molecules (Depalle et al., 2015; Fratzl, 2008; 

Nam et al., 2016; Ricard-Blum, 2011; Shoulders & Raines, 2009; Sorushanova et al., 

2019). It is highly likely that there is an interplay between all these aspects. There is 
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evidence that the collagen fibril organization and cross-linking are affected by each other 

(Herchenhan et al., 2015; Svensson et al., 1999; L. Wang et al., 2014). It is also highly 

likely that the weak interactions also contribute to the organization of the collagen fibrils, 

as weak interactions play a central role in any protein-protein interaction.  

Collagen fibrils in natural tissue environment, or cell cultures, are heterotypic meaning 

that they contain combinations of different fibrillar collagens. Collagen I, which is the 

most prominent in all tissues except cartilage, co-exists with two other fibrillar collagens, 

collagen III and V. In cartilage, the most abundant collagen is collagen II, which forms 

the collagen fibrils together with collagen XI. (Raspanti et al., 2018). Proportion of these 

different collagens also appears to influence the organization and mechanical properties 

of collagen matrices (Piechocka et al., 2011; Raspanti et al., 2018).  

It is good to keep in mind that other aspects than collagen also play a role in determining 

the properties of ECM. As mentioned at the beginning of this section, proteoglycans, 

different inorganic components, and hydration, also affect the properties of the ECM. 

(Frantz et al., 2010; Salvatore et al., 2021). This is perhaps the most evident in bone 

where inorganic mineral phase provides bone ECM its characteristic hardness (Koons 

et al., 2020; Salvatore et al., 2021). 

2.2.2 Collagen self-assembly 

In vivo other ECM components are required for proper assembly of most abundant 

collagens.  Collagens V and XI, are crucial for in vivo collagen fibrillogenesis; their 

absence leads to impaired fibril formation of collagen I and II, both during development 

and tissue maturation (M. Sun et al., 2011, 2020). Formation of collagen I containing 

fibrils is also dependents on presence of fibronectin, an ECM glycoprotein (Kadler et al., 

2008; Kubow et al., 2015). Collagen I co-localizes with fibronectin as the collagen 

fibrillogenesis occurs, and blocking the collagen binding sites of fibronectin prevents 

collagen fibrillogenesis (Kubow et al., 2015). As fibronectin polymerization is a cell-

mediated process where fibronectin monomers interact with integrins on cell surface, 

cells of the ECM are also involved in the regulation of collagen fibrillogenesis (Kubow et 

al., 2015). However, in vitro, collagen I tropocollagens correctly self-assemble into fibrils 

without any assistance (Kadler et al., 2008). This points to the conclusion that collagen 

fibrillogenesis is a self-assembly process, which in vivo is disturbed by the large number 

of potential collagen binding partners present in natural tissue environment, and 

therefore needs to be regulated by other collagens and fibronectins (Kadler et al., 2008).  
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2.3 Collagen hydrogels 

Being a natural polymer, highly abundant in many tissues, collagen possesses many 

desirable qualities for a biomaterial, including biocompatibility, biodegradation, and 

bioactivity (Delgado et al., 2017). These properties make collagen a promising 

scaffolding material for tissue engineering applications and for in vitro modelling of 

natural tissue functions (Salvatore et al., 2021; Terrell et al., 2020). Collagen I has 

already been used widely in the fields of skin, bone, cartilage, and tendon tissue 

engineering (X. Liu et al., 2019; Salvatore et al., 2021; Sarrigiannidis et al., 2021). 

Scaffold types used include hydrogels, porous sponges, nanofibers, and films (Irawan et 

al., 2018; Salvatore et al., 2021; Sorushanova et al., 2019). 

Hydrogels are a popular scaffolding material as they mimic many aspects the natural 

tissue ECM (H. Liu et al., 2019; Thiele et al., 2014). Hydrogels are polymer networks with 

high water content (Terrell et al., 2020; Tibbitt & Anseth, 2009), a composition greatly 

resembling natural ECMs of connective tissues, which are essentially composed of 

fibrous proteins, water, proteoglycans, and glycoproteins (Frantz et al., 2010; Yue, 2014). 

Hydrogels also offer cells a 3D microenvironment, which is important as many cell types 

in natural tissues are surrounded by ECM, and cell matrix interactions play a central role 

in cell differentiation and behavior (Ahmed & ffrench-Constant, 2016; H. Liu et al., 2019; 

Yue, 2014). In addition, hydrogels allow the diffusion of gases, nutrients, waste, and 

soluble molecules, which is crucial for cell viability and for paracrine signaling (Antoine 

et al., 2014; Thiele et al., 2014; Tibbitt & Anseth, 2009). 

Both synthetic and natural hydrogels are used for 3D cell cultures. Synthetic materials 

enable more control over the physical and chemical properties, and microstructure of the 

hydrogel compared to hydrogels derived from natural materials (Chaudhuri et al., 2016; 

Thiele et al., 2014). They, however, do not offer natural cell binding sites, which promote 

cell adhesion, survival, proliferation, and migration (Liaw et al., 2018; Thiele et al., 2014). 

In addition to these binding sites, natural hydrogels, possess other properties essential 

for many natural tissues; they can be reshaped and degraded by cells, which allows the 

cells to modify their surroundings, which is a common phenomenon in natural tissues  

(Chaudhuri et al., 2016; Creecy et al., 2021; Davidson et al., 2019; Shiflett et al., 2019; 

Thiele et al., 2014). Natural hydrogels are viscoelastic and show stress relaxation 

behavior, which is also the case in the natural tissues (Chaudhuri et al., 2016; Nam et 

al., 2016). This aspect of the natural environment is also important for the biomaterial as 

viscoelasticity and stress relaxation properties affect the behavior and differentiation of 

cells cultured in hydrogels (Chaudhuri et al., 2016).  
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Collagen hydrogels are easily generated in vitro, as solubilized collagen monomers self-

assemble to form fibrillar networks, similarly as in vivo, but without the need for 

assistance by other collagen types or molecules of the ECM (Kadler et al., 2008; Kubow 

et al., 2015). Collagen I is the most popular collagen for hydrogel preparation (Antoine 

et al., 2014). It can be isolated from connective tissues of various animals including 

bovine, rat, porcine, equine, and fish (Antoine et al., 2014; Terzi et al., 2020). Collagen 

with low cross-linking density can be directly solubilized with acetic acid extraction; for 

collagen with higher cross-linking density a pepsin digestion is needed before it can be 

solubilized (Terrell et al., 2020; Terzi et al., 2020). Either way, the aim is to generate a 

monomeric collagen solution. Pepsin digested collagen, i.e., atelocollagen, lacks 

telopeptides, as they have been cleaved off to cut the cross-links between the collagen 

monomers; in the directly solubilized collagen the telopeptides are retained 

(Sarrigiannidis et al., 2021; Terzi et al., 2020). Thus, the collagen extracted by directly 

solubilizing to acetic acid is called telocollagen, basically consisting of tropocollagen 

molecules. Neither method produces completely pure monomeric solutions, but rather a 

mix of monomers and aggregates of still cross-linked molecules. Atelocollagen, however, 

usually has higher fraction of monomers when compared to telocollagen (Terzi et al., 

2020). In vitro assembly of the solubilized collagen to hydrogel can be initiated by altering 

the temperature or pH of the solution (Antoine et al., 2014).  

Even though collagen hydrogels capture many aspects of in collagen matrices, they still 

fail to mimic some aspects of in vivo collagen matrices. Hydrogels do not have similar 

level of covalent cross-linking between the collagen molecules as in vivo assembled 

collagen (Sarrigiannidis et al., 2021). They also fail to recapture the specific hierarchical 

organization of collagen fibrils seen in many tissues (Salvatore et al., 2021). Additionally, 

collagen hydrogels lack the other components present in tissue ECM as well. These 

shortcomings have two important implications. First, they lead to relative weak 

mechanical properties, which limits usage of hydrogel as a scaffold material for tissue 

regeneration in load-bearing tissues such as bone and cartilage, and also leads to 

shrinkage of cell-laden hydrogel (Salvatore et al., 2021; Sarrigiannidis et al., 2021). 

Second, they mean that the hydrogel does not recapture the exact structural 

organization, mechanical properties, and surface chemistry of in vivo tissues. This is 

problematic from the point of view of both regenerative medicine and in vitro modeling 

as all these aspects are known to affect cell differentiation and behavior (Anderson et 

al., 2016; Antoine et al., 2014; Liaw et al., 2018; Salvatore et al., 2021).  

Another problem of collagen hydrogels is their batch-to-batch inconsistencies (Antoine 

et al., 2014; Dippold et al., 2019; Sorushanova et al., 2019; Walters & Stegemann, 2014), 
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a common issue with natural-derived biomaterials, which hampers their reproductivity 

(Dippold et al., 2019; Hussey et al., 2018; H. Liu et al., 2019; Stoppel et al., 2015). 

Various approaches have been sought to modify the properties of collagen hydrogels, to 

better mimic in vivo collagenous tissues (Antoine et al., 2014; Sarrigiannidis et al., 2021; 

Walters & Stegemann, 2014). Various covalent cross-linking methods have been applied 

for collagen, including treatment with carboimides, glutaraldehyde, ultraviolet irradiation, 

and transglutaminase (Delgado et al., 2015; Sarrigiannidis et al., 2021). Increase in 

density and strength of cross-links leads to increased mechanical strength and affect the 

viscoelastic properties of hydrogels as the they prevent the collagen fibrils sliding past 

each other (Depalle et al., 2015; Sarrigiannidis et al., 2021).  

Microstructure of collagen hydrogels have also been altered by different means. 

Adjusting hydrogel gelation parameters has shown to change the fibril size and network 

pore size of collagen hydrogels (Achilli & Mantovani, 2010; Antoine et al., 2015; Raub et 

al., 2008; Roeder et al., 2002). These adjustments also affect the mechanical properties 

of the hydrogels. For instance, increase in gelation pH and ionic strength correlate with 

smaller pore size, smaller collagen fiber diameter, and increased mechanical strength of 

collagen gels (Achilli & Mantovani, 2010; Antoine et al., 2015; Raub et al., 2008; Roeder 

et al., 2002).  Change in the fibril diameter is caused by increased the bundling of the 

fibrils seen at the lower temperatures; fibril size has shown to alter cellular behavior via 

affecting the hydrogel stiffness on much smaller, focal adhesion, scale (Doyle et al., 

2015). The pore size on the other hand affects passing of nutrients, gases, and waste 

products and migration of the cells in the hydrogel (Thiele et al., 2014). 

Organization of collagen hydrogels have been altered also in more controlled manner 

than tuning the fabrication parameters. For example, magnetic flow, electrochemical 

fabrication, stretching, extrusion, and bioprinting have been utilized for tuning the 

microstructure of collagen hydrogels (Sarrigiannidis et al., 2021). These methods can 

offer more control over the orientation of collagen fibrils, which can be beneficial for 

mimicking natural tissues and thus guiding cell differentiation and behavior (Salvatore et 

al., 2021; Sarrigiannidis et al., 2021).  

Collagen hydrogels have been combined with other materials to improve their properties. 

These materials include polymers and particulates, and they can be both natural and 

synthetic origin (Thoniyot et al., 2015; Walters & Stegemann, 2014). These composite 

materials usually come with improved mechanically properties, but they have many other 

advantages as well. Adding other natural polymer, such as fibrin, can be used to alter 

cell signaling and gene expression, whereas adding synthetic polymers gives more 
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control over the chemical and properties and microstructure of the resulting hydrogel 

(Liaw et al., 2018; H. Liu et al., 2019; Thiele et al., 2014; Walters & Stegemann, 2014; 

Zhao et al., 2020). Particles, including minerals, metals, and non-metals, on the other 

hand can functionalize the hydrogels in various ways (Thoniyot et al., 2015; Walters & 

Stegemann, 2014; Zhao et al., 2020). For instance, silver and gold nanoparticles have 

elicited antimicrobial effects (Thoniyot et al., 2015; Zhao et al., 2020), and hydroxyapatite 

and nanosilicates in collagen hydrogels have promoted osteoblastic differentiation and 

mineralization (Y. Li et al., 2021; Walters & Stegemann, 2014). In addition to adding other 

biomaterials, also growth factors have been added to collagen hydrogels to provide cells 

with functional cues (Liaw et al., 2018; Sarrigiannidis et al., 2021). 

It is good to keep in mind that cells embedded in hydrogels also affect the properties of 

the hydrogels as they secrete extracellular matrix molecules and various enzymes that 

affect the properties of the hydrogel (Ahearne et al., 2010). Cells can also actively 

reshape their surrounding matrix (Shiflett et al., 2019). So, the hydrogel and cells have 

complementary effect on each other. Still, it is probable that the initial properties of the 

gel have substantial effect on the cells as it determines how the cells start to behave in 

their environment. Especially regarding stem cells, as their environment during early 

differentiation can impact the rest of the differentiation process, and after certain point 

the differentiation process cannot be reverted (Alm et al., 2012; Engler et al., 2006; 

Jaiswal et al., 1997).    

2.4 Bone tissue 

Bone is a connective tissue that supports the body, protects organs and together with 

skeletal muscles enables body movements (Florencio-Silva et al., 2015). Bone also 

holds bone marrow, and has an important role in calcium, phosphate, and magnesium 

metabolism (Iaquinta et al., 2019).  How bone can do all this is explained when the 

structure of bone tissue is examined.   

Basic structure of bone tissue is similar as any other tissue. It consists of cells surrounded 

by ECM (Koons et al., 2020).  Bone ECM contains both organic (30-40%) and inorganic 

components (60-70%), proportion of which can vary depending on age, sex, and health 

conditions (de Wildt et al., 2019; X. Lin et al., 2020). The composite structure of the ECM 

explains the characteristic mechanical properties of bones, which enable the bone to 

serve as a structural support for body and organs (Koons et al., 2020). Organic 

components of bone provide bone with tensile strength and elasticity, whereas the 

inorganic mineral compounds contribute to the compression strength and rigidity of bone 

(de Wildt et al., 2019; Wittkowske et al., 2016).  
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Main structures of bone are illustrated in Figure 3. On a macroscopic level there are two 

distinct bone types: cortical and cancellous bone. Cortical bone forms the hard outer 

layer of bones, whereas cancellous bone usually is found in the bone interior (Koons et 

al., 2020; Morgan et al., 2018). Cortical bone accounts for 80% of bone weight and 

majorly contributes to mechanical properties of bones (Iaquinta et al., 2019; Morgan et 

al., 2018). Proportion of these bone types differ between bone types, which contributes 

to various anatomical roles of different bone types (Lopes et al., 2018). Trabecular bone 

is more minor contribution to the mechanical strength of bones, but nevertheless 

important, as it plays an important role in load transfer (Morgan et al., 2018; Oftadeh et 

al., 2015).  

 

Figure 3. Organization of cortical and compact bone in long bones. Cortical bone 
consists of network of trabeculae. Compact bone consists of osteon, also called 
haversian system, where osteocytes reside inside highly organized bone ECM. 
Figure was created using images retrieved from Servier Medical Art.   

Cortical bone consists of functional units called Haversian systems (Reznikov et al., 

2014). These cylindrical units, also called osteons, consist of 5 to 30 concentric lamellae, 

in middle of which travels Haversian canal, which supplies vasculature and innervation 
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to the bones (Lefèvre et al., 2019). In long bones multiple osteons are placed next to 

each other, so that their Haversian canals are aligned relative to each other and so that 

their direction is along the axis of the bone (Reznikov et al., 2014). Osteons in cortical 

bone are tightly packed next to each other, which results in low porosity (5-15%). 

Cancellous bone on the other hand has quite high porosity (40-95%) and low tissue 

density as it consists of a 3D network of intervening, differently oriented trabecular rods, 

and plates (Morgan et al., 2018; Oftadeh et al., 2015). Due to these structural differences, 

cortical bone resists compression and tension in longitudinal direction, whereas 

cancellous bone resists forces equally form all directions (Lopes et al., 2018; Morgan et 

al., 2018). Cortical and cancellous bone also differ in their relative composition and 

organization of the organic and inorganic matrix elements and level of hydration, which 

also greatly contribute their mechanical properties (Lefèvre et al., 2019; Morgan et al., 

2018; Oftadeh et al., 2015).  

Cancellous bone also serves other purposes than load transfer. It holds soft bone 

marrow in its intertrabecular space; bone marrow is home for hematopoietic stem cells 

and mesenchymal stem cells (Iaquinta et al., 2019; Oftadeh et al., 2015). It also has 

significantly higher turnover rate than cortical bone, which indicates that trabecular bone 

plays an important role on calcium and phosphate metabolism (Wittkowske et al., 2016). 

Calcium and phosphate contribute to the mechanical properties of bones, but also have 

important biological functions in other tissues (Blaine et al., 2015). Bone tissue can be 

utilized for regulating the concentration of calcium and phosphate in blood, and thus their 

supply for cells. If the amount of calcium and phosphate in the blood is low, bone can be 

resorbed to release calcium and phosphorus from it, and vice versa, if calcium and 

phosphate concentration is too high, more bone can be formed to take up calcium and 

phosphate from blood (Blaine et al., 2015). This regulation of calcium and phosphate 

metabolism is controlled by renal system, together with bone tissue (Blaine et al., 2015). 

Bone is also remodeled for other reasons than to maintain calcium and phosphate 

homeostasis. Bone resorption and formation occurs during growth and after injuries, but 

also throughout life in response to changes in mechanical loading (García-Rodríguez & 

Martínez-Reina, 2017; Wittkowske et al., 2016). 2-3% of cortical bone is resorbed 

annually, which is sufficient for maintaining bone strength (Wittkowske et al., 2016). 

Disorders in the maintenance of bone homeostasis can lead to pathologies such as 

osteoporosis and osteopetrosis (García-Rodríguez & Martínez-Reina, 2017). Bone cells 

are responsible for maintaining bone homeostasis. Old bone is resorbed by osteoclasts, 

and new bone deposited osteoblasts, which both reside on the surface of the bone 

(García-Rodríguez & Martínez-Reina, 2017; Iaquinta et al., 2019). Osteoblasts have 
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three possible fates: they can go under apoptosis or differentiate to bone lining cells or 

osteocytes (Florencio-Silva et al., 2015). Osteocytes are embedded in the mineral matrix 

of bone and regulate the activity of osteoblasts and osteoclasts, in response to 

mechanical stimuli and hormonal regulation (Bonewald, 2011). Location of different bone 

cells in bone tissue are illustrated in in Figure 4.  

Injuries and different pathologies can lead to large bone defects, which cannot be 

replaced by bone tissue’s own regeneration capacity. Metal implants and bone 

transplants have been used to treat such conditions. They, however, include downsides 

such as need for surgical removal of the device, and possible disease transmission or 

unwanted immune reaction. To overcome these limitations and risks, development of 

tissue engineering applications to replace absent bone are under way. In general, tissue 

engineering combines stem cells and biomaterial scaffolds to recreate natural tissues. 

(Koons et al., 2020). In addition to replacing natural tissues, principle of tissue 

engineering has been utilized for developing 3D in vitro models. These models aim to 

mimic natural tissue environment to study natural tissue function, disease progression, 

and effect of different drugs and treatments (de Wildt et al., 2019). To engineer bone 

tissue, a microenvironment that resembles the natural bone as closely as possible should 

be created. That includes the components, structure, and different interactions 

contributing to the formation and maintenance of bone ECM (de Wildt et al., 2019).

 

Figure 4. Different bone cell types in bone tissue. Image was retrieved from Servier 
Medical Art 
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2.4.1 Bone ECM 

Some aspects of bone ECM structure have already been discussed in the previous 

chapter. In this section different components of bone ECM and their roles in the formation 

and structure of bone ECM are discussed.  

Organic phase of the ECM mainly consists of collagens but also contains non-

collagenous proteins (NCPs), such as osteocalcin, osteopontin, and DMP1 (dentin 

matrix protein 1) (de Wildt et al., 2019; X. Lin et al., 2020). The inorganic, mineral phase 

on the other hand mainly consists of hydroxyapatite [HA; Ca10(PO4)6(OH)2] crystals, but 

contains also other inorganic components such as magnesium, potassium, copper, and 

ferrous ions (Florencio-Silva et al., 2015; Iaquinta et al., 2019). 

There are two pathways of bone formation. Intramembranous ossification, where MSCs 

cluster and directly differentiate to osteoblast, which secrete bone ECM. 

Intramembranous ossification occurs after tissue injury and is responsible for the 

formation of the flat bones of skull and part of the clavicles. Endochondral ossification on 

the other hand happens through a cartilage intermediate, which later mineralizes and 

turns into bone tissue, as chondrocytes inside the cartilage matrix turn hypertrophic. 

Long bones are formed through endochondral ossification during fetal development. 

(Lopes et al., 2018) 

Bone formation referred from now on refers to intramembranous ossification, as most of 

the in vitro and tissue engineering applications aiming to recreate bone tissue rely on 

direct differentiation of MSCs to osteoblasts, and their subsequent bone ECM deposition 

(Lopes et al., 2018). After the clustered MSCs have completely differentiated 

osteoblasts, they start to deposit collagen I and other components, which leads to 

formation of soft ECM, termed osteoid. Some osteoblasts get entrapped in the osteoid 

and start to differentiate to osteocytes (Lopes et al., 2018). Osteoblast and osteocytes 

then together contribute to the mineralization of the ECM (Barragan-Adjemian et al., 

2006; Bonewald, 2011).  

Collagen is the main organic component of the bone ECM, and a major contributor to 

mechanical properties of bone and an important support for bone cells. Collagen I is by 

far the most abundant individual protein of bone ECM, as collagens account 90% of the 

bone ECM proteins and collagen I accounts 90% of the total collagen; other collagens of 

bone include collagens III, V. Collagens assemble as already discussed under section 

2.2. Briefly, triple helical collagen I tropocollagen molecules assemble to form collagen 

fibrils, which further aggregate to form collagen fibers. Other collagens regulate the 

assembly and organization of collagen I fibrils and contribute to the stability the collagen 
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network. Collagen fibers in freshly formed woven bone are randomly organized, whereas 

in mature, lamellar bone collagen fibers are oriented in arrays of parallel fibers (de Wildt 

et al., 2019; Wittkowske et al., 2016). Lamellae of osteons are organized so that the 

parallel fibers in successive lamellae are differently oriented (Wittkowske et al., 2016). 

Woven bone forms only when no bone matrix is already on the site, so during 

ontogenesis, or at the site of large bone defects (X. Lin et al., 2020; Wittkowske et al., 

2016). Osteoblasts are responsible for collagen deposition, but it is not clear what leads 

to the alignment seen in lamellar bone (Wittkowske et al., 2016). It is postulated that 

alignment of collagen fibers seen in lamellar bone is driven by nanofibrillar topography 

of bone and dynamic mechanical forces, as they affect alignment of osteoblasts, which 

in turn is thought to affect collagen fibril organization (Kerschnitzki et al., 2011).  

It is well known that degree of collagen cross-linking, and organization of collagen fibrils 

influence the mechanical properties of bone (Garnero, 2015). Organization of collagen 

itself contribute to the differences in the mechanical properties of tissues (J. Lin et al., 

2020; Revell et al., 2021). In bone, collagen organization also influences the 

mineralization of the ECM as the collagen network serves as template and nucleation 

site for HA, affecting the size and distribution of the HA crystals (Alford et al., 2015; 

Tavafoghi & Cerruti, 2016; Wittkowske et al., 2016).   

Osteoblasts also are responsible for the deposition of components required for collagen 

mineralization. They produce the components of HA, phosphate and calcium ions, but 

also various enzymes and NCPs essential for the mineralization process (Wittkowske et 

al., 2016). ALP is a membrane bound enzyme produced by osteoblast, which is thought 

to contribute to the mineralization process by increasing local phosphate concentration 

and by breaking down mineralization inhibitors (Wittkowske et al., 2016). NCPs 

contribute the mineralization by regulating the formation of collagen network, but also 

serving as nucleators for HA formation and facilitating the interactions between mineral 

and collagen (Alford et al., 2015; Tavafoghi & Cerruti, 2016). Some NCPs bind to 

collagen and attract phosphate and calcium ions to raise their local concentrations high 

enough for the nucleation to occur (Tavafoghi & Cerruti, 2016).  For instance, NCPs such 

as osteocalcin, bone sialoprotein, asporin, and keratocan are known to contribute to the 

mineralization of bone (Alford et al., 2015; X. Lin et al., 2020). Some osteocyte secreted 

proteins such as DMP1 also are involved in bone mineralization process (T. Liu et al., 

2019).  

HA crystallization initiates inside, or at immediate proximity, of the gap zones of collagen 

fibrils as crystal plates, after which mineralization proceeds along collagen fibrils 

eventually filling all intrafibrillar space (D. Kim et al., 2016; Wittkowske et al., 2016). In 



22 

 

addition to this intrafibrillar mineral, mineral is also found in the spaces between the fibrils 

(D. Kim et al., 2018; Y. Liu et al., 2011). Extrafibrillar mineralization occurs in vitro through 

a spontaneous calcium phosphate aggregation which first results in formation on mineral 

spheres which later are deposited on the outer surface of collagen matrix, inhibiting 

intrafibrillar mineralization (D. Kim et al., 2016). Occurrence of intrafibrillar mineralization 

is probably important for bone integrity, as it significantly contributes to the mechanical 

properties of mineralized matrices (Y. Liu et al., 2011). 

As discussed in previous chapters, bone ECM formation is a process where collagen, 

NCPs and inorganic components interact to form an organized, mineralized ECM, with 

high mechanical properties. All these components are deposited by osteogenic lineage 

cells (de Wildt et al., 2019; Wittkowske et al., 2016). It is, however, worth noting that the 

ECM also has various effects on the behavior and differentiation of osteogenic lineage 

cells (X. Lin et al., 2020). Also, other environmental factors likely affect the bone mineral 

formation; for example, modest fluid shear stress has shown to enhance the formation 

of hydroxyapatite (Niu et al., 2016). All in all, it can be said that the bone ECM formation 

is a dynamic process between the cells and their environment.   

2.5 Osteocytes 

Osteocytes are the most prominent cell type of bone tissue comprising up to 95% of bone 

cells (Skottke et al., 2019). They are embedded in the mineral matrix of bone (Bernhardt 

et al., 2019). Osteocyte morphology is characterized by their rounded cell body and 

dendritic processes that connect them to other osteocytes, forming an extensive network 

in the bone ECM (Figure 5) (Bonewald, 2011). The network reaches from outer surface 

of the bone to the surface of bone marrow, allowing osteocytes to forward messages to 

other cells found in bone tissue (Atkinson & Delgado-Calle, 2019). Osteocytes 

themselves reside in small chambers in ECM and the dendritic processes travel in small 

ducts, called lacunae and canaliculi, respectively (Bonewald, 2011; Reznikov et al., 

2014). As these spaces cause discontinuations in bone ECM, there is a structural 

relationship between osteocyte network and bone tissue (Kerschnitzki et al., 2011). 

Osteocytes also are essential for maintaining bone tissue homeostasis; they regulate the 

activity of bone forming osteoblasts and bone resorbing osteoclasts, mainly by secreting 

sclerostin and receptor-activator of NF-kB ligand (RANKL) (Divieti Pajevic & Krause, 

2019). Sclerostin regulates bone homeostasis by affecting Wnt/β-catenin pathway 

(Skottke et al., 2019). It acts as a Wnt inhibitor and inhibits bone formation of osteoblasts. 

Decrease in mechanical stress upregulates RANKL expression, which leads to bone 
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resorption due to RANKL being an osteoclastogenesis promoting factor (Divieti Pajevic 

& Krause, 2019; Skottke et al., 2019).  

 

 

Figure 5. Natural osteocyte morphology. Fluorescent microscope images of 
osteogenic line OmGFP66 cells in bone bone-like structure (A) and osteocytes in 
7-day-old mouse calvarium. Three-dimensional structure of avian osteocytes. 
Digital reconstruction of fluorescent microscope image and (C) field emission 
scanning electron microscope image of single osteocyte. Modified from Robling & 
Bonewald, 2020. 

Secretion of sclerostin and RANKL is regulated by mechanical cues detected by 

osteocytes. Increase in mechanical load suppresses sclerostin expression, whereas 

decrease in load upregulates it (Divieti Pajevic & Krause, 2019). Osteocytes sense 

mechanical stress via bending of the matrix microenvironment and through fluid flow on 

the in canaliculi; fluid shear stress on the surface of the bone is involved in the 

mechanosensory response of osteocytes as well (Wittkowske et al., 2016). In addition to 
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mechanical cues, both RANKL and sclerostin expression of osteocytes is molecularly 

regulated by parathyroid hormone (PTH) (Divieti Pajevic & Krause, 2019). Oxygen 

tension is also suggested to be important for osteocyte function. In vivo osteocytes are 

in low oxygen tension environment and hypoxic environment has shown to increase 

osteocyte mediated bone formation through HIF-1α signaling (Stegen et al., 2018). 

Besides regulating activity of osteoblasts and osteoclasts, osteocytes contribute to bone 

structure by secreting NPCs that participate in mineralization of collagen (de Wildt et al., 

2019). Osteocytes also can themselves deposit or resorb bone matrix in certain 

situations (Robling & Bonewald, 2020). This process, termed perilacunar, remolding also 

has important implications regarding bone homeostasis (Yee et al., 2019).   

Irregularities concerning osteocytes are associated with different pathologies.For 

instance, increase in osteocyte apoptosis and necrosis, reduction in the osteocyte 

density, and abnormalities in the osteocyte network are associated pathological bone 

loss (Andreev et al., 2020; Ru & Wang, 2020; Tiede-Lewis & Dallas, 2019; Zarrinkalam 

et al., 2012). Loss of osteocytes can be caused by changes related to aging, excess of 

glucocorticoids, microfractures, inflammation, unloading, sex hormone deficiency, and 

by multiple myeloma (MM), a cancer of the bone marrow (Atkinson & Delgado-Calle, 

2019; Giuliani et al., 2012; Ru & Wang, 2020). Relationship between MM and osteocytes 

extend beyond MM induced osteocyte death. Presence of MM cells also causes 

increased RANKL and sclerostin expression by osteocytes, which together with the 

osteocyte apoptosis leads to increased bone resorption and thus contribute to the 

formation of myeloma-induced bone disease (Atkinson & Delgado-Calle, 2019). The 

apoptotic effect of MM cells on osteocytes is inflicted through Notch signaling, which is 

a common type of cell-cell signaling (Delgado-Calle et al., 2016). The Notch signaling 

also leads to increased MM cell proliferation, which means that osteocyte-MM cell 

interactions also contribute to the progression of MM. Osteocytes are also involved in 

the progression of breast and prostate cancer, as they play a role in the bone remodeling 

needed for their bone metastasis (Atkinson & Delgado-Calle, 2019).   

2.5.1 Osteocyte differentiation 

Transformation to osteocyte phenotype is characterized by decreased cell motility and 

proliferation, and changes in cell morphology and gene expression profile (Dallas et al., 

2013; Nasello et al., 2020; Shiflett et al., 2019). It has been already established that 

osteocytes descent from osteoblasts that get embedded in the bone ECM (Bonewald, 

2011). There is, however, no clear consensus on whether the embedding is a passive or 

an active process (Bonewald, 2011; Robling & Bonewald, 2020). There are indications 
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of multiple different ways the cells can get entrapped in the collagen matrix of developing 

bone (Shiflett et al., 2019). 

Anyhow, after the cells get entrapped in the collagen matrix, they start to acquire 

osteocyte phenotype and to modify their surrounding matrix. One of the first changes to 

occur is the formation of dendritic processes, which is thought to be dependent on the 

expression of podoplanin (PDPN), also called E11 and gp38 (Bonewald, 2011; Staines 

et al., 2017). At the same time, the osteoblasts going through osteocyte differentiation 

participate on the matrix mineralization process (Bonewald, 2011). Prior to the 

mineralization, differentiating osteocytes also have shown to modify the collagen matrix 

(Shiflett et al., 2019). Matrix proteins, such as osteocalcin, also known as bone gamma-

carboxyglutamate protein (BGLAP), and DMP1 are known to play an important role in 

the bone ECM mineralization (de Wildt et al., 2019; Lu et al., 2011; Zoch et al., 2016). 

As osteoblasts mature and begin to differentiate to early osteocytes, the expression of 

early osteoblast markers, such as RUNX2 and ALP is downregulated (Bonewald, 2011; 

Dallas et al., 2013; Komori, 2019). Osteocalcin is already expressed by late osteoblasts, 

whereas expression of PDPN and DMP1 is considered to start during early osteocyte 

phenotype (Bonewald, 2011; Komori, 2019). Osteocalcin and PDPN continue to be 

expressed by differentiating osteocytes but are not expressed by mature osteocytes 

embedded in mineralized bone ECM (Dallas et al., 2013). DMP1 on the other hand is 

expressed in the mature osteocytes as well (Dallas et al., 2013). Phosphate regulating 

neutral endopeptidase on the chromosome X (PHEX) expression is also turned on during 

the earlier stages of osteocyte differentiation process and is expressed in matures 

osteocytes as well.  Matrix extracellular phosphoglycoprotein (MEPE), fibroblast growth 

factor 23 (FGF23), RANKL, and sclerostin are considered to be expressed exclusively 

by mature osteocytes (Robling & Bonewald, 2020). In the previous sections it was 

established that the environment of the cells plays an important part in the cell 

differentiation process. After this chapter it is obvious that osteoblasts and differentiating 

osteocytes also actively modify their environment. Thus, it seems that the osteocyte 

differentiation is a quite dynamic process between the differentiating cells and their 

environment.  

2.5.2 Acquiring osteocytes 

Since osteocytes are the most prominent cell type in bone, contribute to structure of 

bone, play a key role in maintaining bone homeostasis, and are involved in many bone-

related pathologies, they should be included when modeling bone tissue in vitro. 

Presence of osteocytes would also be beneficial from the viewpoint of regenerative 
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medicine; osteogenic differentiation of MSCs and bone formation have been showed to 

enhanced when osteocytes are in the proximity (Birmingham et al., 2012; Woo et al., 

2011). So far, osteocytes used in in vitro studies have been mostly derived from 

osteocyte-like murine cell lines (MLO-Y4 and IDG-SW3) (Bernhardt et al., 2019; 

Prideaux et al., 2016; Vazquez et al., 2014). Using immortalized cell lines has various 

downsides (Prideaux et al., 2016) and mouse bone tissue does not completely 

recapitulate all structures of human bone (T. Liu et al., 2019). Therefore, using human 

osteocytes would be more preferrable for modeling bone tissue function. 

Primary osteocytes have been isolated from human and mouse bone, using repeated 

collagenase II and EDTA digestions (Prideaux et al., 2016; Stern et al., 2012). Osteocyte 

phenotype of the isolated cells were characterized by their osteocyte morphology and 

expression of osteocyte marker genes; isolated human primary osteocytes also were 

shown to respond to PTH similarly as osteocyte in natural bone ECM (Prideaux et al., 

2016; Stern et al., 2012). Isolated primary osteocytes tend to dedifferentiate and lose 

their osteocyte phenotype after the isolation (Bernhardt et al., 2019; Honma et al., 2015; 

Skottke et al., 2019). Therefore, isolated primary osteocytes have been embedded in 

collagen gels to maintain their osteocytic phenotype (Bernhardt et al., 2019; Honma et 

al., 2013, 2015; Skottke et al., 2019). Collagen hydrogels are considered a logical choice 

platform for osteocyte cultures as they resemble the natural environment of osteocytes 

(Bernhardt et al., 2019; Honma et al., 2013; Nasello et al., 2020; Skottke et al., 2019; 

Vazquez et al., 2014). Mouse primary osteocytes embedded in collagen I, expressed 

osteocyte marker genes after 9 days of cultivation in osteogenic media, but the 

expression of mature osteocyte markers SOST and Fgf23 were constantly 

downregulated during the culture period (Honma et al., 2015). The forementioned study 

found that using composite hydrogel of collagen and Matrigel, instead of pure collagen 

gel, and using lower serum concentration in the media diminished the downregulation of 

SOST and Fgf23. Addition of Matrigel to the hydrogel composition also led to more 

osteocytic cell morphology. Human primary osteocytes embedded in collagen hydrogels 

have shown osteocytic morphology and positive staining for osteocyte marker DMP1 

(Bernhardt et al., 2019; Skottke et al., 2019). Unlike with mouse primary osteocytes, no 

downregulation of late osteocyte marker genes was seen. Vice versa, expression of 

osteocyte marker genes SOST and MEPE, had increased after 7 days of culture in 

collagen gels (Bernhardt et al., 2019; Skottke et al., 2019). Even though these results 

seem promising, there is downsides for using isolated primary osteocytes as a main 

source for osteocytes. Because osteocytes lie in the mineral matrix of the bone, isolating 

osteocytes from bone samples is a time-consuming multistep process (Bernhardt et al., 
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2019). The yield of osteocytes using the isolation protocol has also been relatively low 

(Bernhardt et al., 2019), which is a major downside as osteocytes are a non-proliferative 

cell type (Nasello et al., 2020). Hence, primary osteocyte cannot be acquired in large 

quantities from one bone sample. 

Osteocyte-like cells have also been acquired by differentiating from osteoblastic cells. 

When cultured in collagen I hydrogels, primary human pre-osteoblast and mature 

osteoblasts have shown to acquire osteocytic features, including osteocyte-like 

morphology, positive immunostaining for osteocyte proteins, and expression of 

osteocyte marker genes (Bernhardt et al., 2019; Nasello et al., 2020; Skottke et al., 

2019). The relative expression levels of osteocyte marker genes in the osteoblasts 

cultured in collagen I gels were similar with primary human osteocytes isolated with the 

protocol described by Prideaux et al. and cultured in collagen gels (Skottke et al., 2019). 

Additionally, osteoblasts cultured on top collagen hydrogels have shown to invade the 

hydrogels and differentiate towards osteocyte phenotype (Uchihashi et al., 2013). These 

results show that in addition to maintaining osteocytic phenotype, 3D collagen I 

environment can also promote osteocytic differentiation. One study also showed a 

comparison of collagen hydrogel and 2D culture, where it was found that collagen gel 

supported osteocyte differentiation of osteoblast better than conventional 2D culture 

(Sawa et al., 2019). The positive effect of 3D environment and collagen on osteocyte 

differentiation is demonstrated individually as well (Boukhechba et al., 2009; Q. Sun et 

al., 2017; Yang et al., 2020). 

Other approaches than using pure collagen gels have also been shown to promote 

osteocytic differentiation of osteoblastic cells. The importance of 3D environment for 

osteocyte differentiation has been demonstrated by studies culturing human and mouse 

primary osteoblast within biphasic calcium phosphate particles (Boukhechba et al., 2009; 

Q. Sun et al., 2017). These culture set-ups allowed to control the distance between the 

cells and prevented proliferation of the cells, as the cells were entrapped in the spaces 

between the microbeads. These set-ups led to enhanced osteocyte differentiation 

compared to conventional 2D cultures. Another study showed that culturing mouse pre-

osteoblastic cells in microbial transglutaminase (mtgase) gelatin hydrogels in media 

absent of osteogenic supplements induces their osteogenic differentiation (McGarrigle 

et al., 2016). Even though these other culture set-ups have shown to promote osteocyte 

differentiation, using collagen hydrogels still possesses some notable benefits. 

Especially if considering modeling osteocyte function in wider, tissue-wide context, or 

modeling the function of bone tissue, collagen hydrogel is a superior option as collagen 

offers cells natural binding sites and also otherwise an environment that resembles the 
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natural tissue ECM. For instance, modification of collagen network and mineral 

deposition inside the collagen fibers are integral for bone ECM development and occur 

simultaneously and interdependently with osteocyte differentiation (de Wildt et al., 2019; 

Robling & Bonewald, 2020; Shiflett et al., 2019). Both these processes can, at least in 

theory, occur in collagen hydrogels, as they consist of similar collagen networks as native 

tissues (Antoine et al., 2014). 

As MSCs can differentiate to osteoblasts in vitro and osteoblasts can be differentiated to 

osteocyte-like cells in vitro, in vitro differentiation of osteocytes from MSCs should also 

be possible. MSCs would be a convenient source for osteocytes, as MSCs can be 

isolated from multiple tissues, and they can be expanded in large quantities. There are 

no reports of osteocyte differentiation of MSCs in hydrogel or microbead set-ups 

described above. Spheroid culture of MSCs, however have shown to result in 

upregulation of mature osteocyte marker genes (J. Kim & Adachi, 2021).  
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3. OBJECTIVES 

The aim of the study was to develop effective environment for osteocyte differentiation 

from hBMSC. To achieve this, hBMSCs were cultured in collagen I hydrogel in various 

culture conditions. Collagen I hydrogel was considered an optimal environment for 

osteocyte differentiation due to its resemblance to natural environment of differentiating 

osteocytes, and as collagen I hydrogel has shown to promote osteocyte differentiation 

of osteoblasts (Bernhardt et al., 2019; Nasello et al., 2020; Sawa et al., 2019; Skottke et 

al., 2019). 

It was studied if longer culture period or osteogenic pre-differentiation step on 2D surface 

would enhance osteocyte differentiation of hBMSCs cultured in collagen I hydrogel. Also, 

the effect of adding S53P4 bioactive glass extract to the culture medium was studied. 

S53P4 extract wad hypothesized to promote osteocyte differentiation of hBMSCs, as it 

has previously shown to enhance osteogenic differentiation of MSCs (Ojansivu et al., 

2015). 
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4. MATERIALS AND METHODS 

3.1 Medium compositions 

Four medium compositions were used in this study. These included basic medium (BM), 

osteogenic medium (OGM), osteocyte medium (OCM), and S53P4 BAG extract OCM. 

BM consisted of Alpha Minimum Essential Medium (αMEM, Gibco™, Thermo Fisher 

Scientific, USA), 5% human serum (HS), and 100 U/mL penicillin and 100 µg/mL 

streptomycin (P/S, Lonza / Biowhittaker, Thermo Fisher Scientific, USA). OGM was 

prepared by supplementing BM with 200 µM ascorbic acid (Sigma Aldrich, USA), 10 mM 

β-glycerophosphate (Sigma Aldrich, USA), and 5 nM dexamethasone (dex, Sigma 

Aldrich, USA). OCM had a similar composition as OGM with the exceptions of omitting 

dex and using 2% HS instead of 5%, as osteocytes cultures have shown to benefit from 

lower serum concentrations (Honma et al., 2015; Prideaux et al., 2016). 

S53P4 extract OCM was prepared using commercially available SP53P4 granules (0.5-

0.8 mm, Bonalive Biomaterials, Finland). The granules first were disinfected in absolute 

ethanol (Altia Oyj, Finland) for 10 min and then in 70% ethanol for 10 min, after which 

they were left to dry for 2 hours. The 70% ethanol was diluted from absolute ethanol 

using sterile H2O. Disinfected granules were incubated in αMEM containing 1 % P/S for 

24 h at concentration of 87.5 mg/ml. S53P4 comprises oxides of silica, sodium, 

phosphorus, and calcium and it has shown to release ions of these metals to the medium 

using the extraction protocol described above (Ojansivu et al., 2015). After the 

iextraction, the medium was sterile filtered and human serum, ascorbic acid, and β-

glycerophosphate were added to generate OCM. The S53P4 extract OCM was stored 

for maximum of 14 days (4 ˚C).  

3.2 hBMSC isolation and culture 

hBMSCs used in this study were isolated from a trabecular bone sample obtained from 

a male patient, aged 59, during a surgical procedure performed at Coxa Hospital for Joint 

Replacement. The sample was obtained with patient’s written consent and under 

approval of the Ethics Committee of the Pirkanmaa Hospital District, Tampere, Finland 

(R15174).  

hBMSCs were isolated as previously described (X. Wang et al., 2019). Trabecular bone 

sample was rinsed in Dulbecco’s phosphate buffered saline (DPBS, Gibco™, Thermo 

Fisher Scientific, USA) to obtain the bone marrow. Volume ratio of bone to DPBS was 

approximately 1:3. The solution containing the bone marrow in DPBS was rinsed through 
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a 100 µl cell strainer. The strainer was rinsed further with DPBS, which was then added 

to the bone marrow aspirate dilution. Volume of the DBPS used for the rinsing was equal 

to the volume of the bone sample. Mononuclear cells were separated by creating a 

density gradient, using Histopaque-1077. 2.6 ml of Histopaque-1077 (Sigma-Aldrich, 

USA) per 1 ml of the bone sample volume was added to a 50 ml centrifuge tube. The 

diluted bone marrow was layered on top of the Histopaque-1077 and centrifuged at 800 

g for 20 min. After the centrifugation, mononuclear cells were collected from the liquid 

interface and washed twice with αMEM (centrifugation at 400 g for 5 min). After the 

second wash, cell pellet was resuspended into BM. 

Isolated cells were plated on tissue culture polystyrene (TCPS) and expanded in BM 

supplemented with 5 µg/ml human fibroblast growth factor 2 (hFGF2, Miltenyi Biotec, 

Germany) at 37°C and 5% CO2. Medium was changed twice a week. After reaching 80% 

confluency, cells were detached using TrypLE (Gibco™, Thermo Fisher Scientific, USA) 

and cryopreserved in vapor phase nitrogen. Surface marker expression of the cells was 

characterized to confirm the stemness and mesenchymal origin of the cells.  

After the cryopreserved hBMSCs were thawed, they were expanded for one week in BM 

with 5 µg/ml hFGF2 on TCPS, after which they were detached using TrypLE and 

resuspended in BM. hBMSCs suspended in BM were then cultured in various conditions, 

in an incubator at 37°C and 5% CO2. Detailed descriptions of the cell culture conditions 

used in this study are given in the following sections and on table 1.  

3.3 Osteogenic pre-differentiation of hBMSCs 

Osteogenically pre-differentiated hBMSC were acquired by culturing hBMSC on TCPS 

for one week in osteogenic medium (OGM). After the pre-differentiation period, the 

hBMSCs were incubated in collagenase I (Gibco™, Thermo Fisher Scientific, USA) 

solution (1.5 mg/ml) for 15 min to degrade the collagen matrix formed by the cells, after 

which the cells were detached using TrypLE, and resuspended in BM. 

3.4 hBMSCs on collagen I coated TCPS 

Rat tail-derived collagen I solubilized in acetic acid (3mg/ml, Gibco™, Thermo Fisher 

Scientific, USA) was further diluted with acetic acid to concentration of 50 µg/ml. 

Standard 6-well plates (Nunc™, Thermo Fisher Scientific, USA) were coated with 

collagen by adding the 50 µg/ml solution into 6-well plate wells at a concentration of 5 

µg/cm2. After 1 hour incubation, the solution was removed from the wells and hBMSCs 

suspended in BM (section 3.2) were plated on the plated collagen I coated 6-well plates 
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at a density of 2500 cells/cm2. Cells were cultured for 21 days in BM or OGM. 3 ml of 

medium per well were added; medium was changed twice a week. 

3.5 hBMSCs in collagen I hydrogels 

Collagen gels were prepared by mixing the rat tail-derived collagen I solubilized in acetic 

acid (3 mg/ml) with 10X DPBS (Gibco™, Thermo Fisher Scientific, USA) and sterile H2O, 

to obtain 2.5 mg/ml collagen solutions in 1X DPBS. The resulting solutions was 

neutralized with NaOH to obtain collagen solution with physiological pH (6.5-7.5). 

hBMSCs and osteogenically pre-differentiated cells suspended in BM (sections 3.2 and 

3.3, respectively) were centrifuged and resuspended in the collagen solution at a 

concentration of 2.5 x 104 cells/ml. Cell-laden solutions were plated into µ-Slide 8 Well 

plates (ibidi, Germany) and standard 24-well plates (Nunc™, Thermo Fisher Scientific, 

USA); volumes plated were 100 µl and 1000 µl, respectively. The cell-collagen solutions 

were incubated for 30 min at 37°C and 5% CO2 for the gelation to occur, after which 

OCM or S53P4 extract OCM was added on top of the cell-laden hydrogels. hBMSCs 

directly embedded in collagen hydrogel were cultured for 21 and 42 days and 

osteogenically pre-differentiated hBMSCs were cultured for 21 days. Cells in collagen 

gels were cultured in OCM, both with and without S53P4 extract in the culture medium. 

For the µ-Slide 8 Well plate wells 200 µl well medium per well and for the 24-well plate 

wells 1 ml medium per well were added; in all conditions, medium was changed twice a 

week. 

 

Table 1. List of cell culture conditions used in the study. In all conditions, cells were cultured at 
37°C and 5% CO2 

Cell type Pre-differentiation  Culture platform  Cell density 
Culture  
period 

Medium 
S53P4 

in medium 

hBMSC - 
On collagen I coated 

TCPS 
2500  

cells/cm2 
21 days BM - 

hBMSC - 
On collagen I coated 

TCPS 
2500 

 cells/cm2 
21 days OGM - 

hBMSC - In collagen I hydrogel 
2.5 x 104 

 cells /ml 
21 and 42 

days 
OGM - 

hBMSC - In collagen I hydrogel 
2.5 x 104 

 cells /ml 
21 and 42 

days 
OGM + 

hBMSC 
7-days on TCPS  

in OGM 
In collagen I hydrogel 

2.5 x 104 

 cells /ml 
21 days OGM - 

hBMSC 
7-days on TCPS  

in OGM 
In collagen I hydrogel 

2.5 x 104 

 cells /ml 
21 days OGM + 
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3.6 Isolation of primary osteocytes 

Isolation of human primary osteocytes was done according to a previously described 

protocol (Prideaux et al., 2016). In total, six digestions were performed, using 

collagenase II solution (2mg/ml in αMEM, 1% P/S) and EDTA (Sigma-Aldrich, USA) 

solution (0.005M in Hanks′ Balanced Salt solution, (Gibco™, Thermo Fisher Scientific, 

USA), 1 % P/S, 0,1% bovine serum albumin (BSA, Sigma-Aldrich, USA)). First, three 

collagenase II digestions were performed (digestions 1, 2, and 3), after which EDTA 

digestion was performed (4), followed by another collagenase digestion (5) and a final 

EDTA digestion (6). All the digestions are performed for 25 min at 37˚C with mild 

agitation. Digests were collected to three fractions (digests 1&2, 3&4, and 5&6) and 

pelleted (centrifugation 1000 rpm, 5 mins) after which RNA isolation was performed as 

described in the section 3.8. 

3.7 Immunocytochemistry 

hBMSCs in collagen gels in µ-Slide 8 Well plates were fixed with 4% paraformaldehyde 

(PFA, Electron Microscopy Sciences) for 1 h at room temperature (RT). After the fixing, 

the constructs were washed twice with DPBS for 10 min and permeabilized with 0.3% 

Triton X-100 (Sigma-Aldrich, USA) in DPBS for 10 min at RT. Permeabilized gels were 

blocked with a solution of 1% BSA and 0.1% Triton-X in DPBS for 2 h at RT. After the 

blocking, samples were washed with the blocking solution for 5 min at RT. Cells were 

stained with 2 µg/ml rabbit monoclonal anti-DMP1 (TaKaRa Bio, Japan) antibody in the 

blocking solution for 70 h at 4°C.  

After the incubation one short wash and three long washes (2-3 h) were performed with 

1% BSA in DPBS at RT. Secondary antibody staining was done by incubating with 5 

µg/ml donkey anti-rabbit Alexa Fluor 488 antibody in 1% BSA in DPBS for 20 h at 4°C.  

After the secondary antibody staining, the samples were washed multiple times with 

DPBS at RT. To stain the cell nuclei and the actin cytoskeleton, the samples were 

incubated with 1:1500 4′,6-diamidino-2-phenylindole (DAPI, Sigma-Aldrich, USA) and 

1µg/ml tetramethylrhodamine (TRICT) conjugated phalloidin (Sigma-Aldrich, USA) in 

DPBS for 2 h at RT. Finally, samples were washed three times (30 min and 1h at RT, 

and overnight at 4°C) with DPBS. Fresh DPBS was added, and cells were imaged with 

LSM 780 confocal laser scanning microscope (Zeiss, Germany), using a 10x air objective 

lens. 
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3.8 Gene expression analysis 

Relative expression of RUNX2, BGLAP and PDPN, were quantified by a quantitative 

real-time reverse transcription polymerase chain reaction (qRT-PCR or qPCR). First, 

cells for the RNA isolation were harvested from the collagen cell-laden hydrogels 

cultured in 24-well plates, with a collagenase II digestion procedure described in 

Bernhardt et al. 2019. Hydrogels were incubated in collagenase II (Gibco™, Thermo 

Fisher Scientific, USA) solution (3 mg/ml in αMEM, 10% fetal bovine serum, 1% P/S), for 

90 min, after which the digests were transferred to centrifuge tubes and the cells were 

pelleted by centrifugation (1000 rpm, 5mins); digest from two 24-well plate wells were 

combined for one sample. Cell pellets were washed twice with DPBS (centrifugation 

1000 rpm, 5 mins), after which the RNA isolation was done using Nucleospin™ RNA 

isolation kit (Macherey-Nagel, Germany) according to the kit instructions. For the 

hBMSCs cultured on the collagen coated TCPS and osteocytes isolated from trabecular 

bone sample, RNA was isolated according to Nucleospin RNA isolation kit instruction. 

RNA concentration and purity was measured using Nanodrop 2000 spectrophotometer 

(Thermo Fisher Scientific, USA). 

Isolated RNA was reverse transcribed to cDNA using High-Capacity cDNA Reverse 

Transcription Kit (Applied Biosystems™, Thermo Fisher Scientific, USA). A maximum of 

100 ng/µl RNA was transcribed. PCR reaction mixtures contained SYBR Green PCR 

Master Mix (Thermo Fisher Scientific, USA), 300nM forward and reverse primers 

(metabion, Germany) and at most 50 ng of cDNA. qPCR reaction was run with 

QuantStudio™ 12K Flex Real-Time PCR System -instrument (Thermo Fisher 

Scientific,USA) with initial enzyme activation at 95°C for 10 minutes, followed by 45 

cycles of denaturation at 95°C for 15 seconds and anneal and extend at 60°C for 60 

seconds. Primers sequences used in the PCR reactions are listed on table 2. Relative 

Table 2. Primer sequences used for qPCR reaction 

Gene  Sequence  
Product 
 size (bp) 

Accession 
number 

RPLP0 
Forward: AATCTCCAGGGGCACCATT 
Reverse: CGCTGGCTCCCACTTTGT 

74 NM_001002 

RUNX2 
Forward: CCCGTGGCCTTCAAGGT 

Reverse: CGTTACCCGCCATGACAGTA 
73 NM_001024630.4 

BGLAP 
Forward: CCACCGAGACACCATGAGAGCC 

Reverse: TTGCTGGACTCTGCACCGC 
108 NM_199173.6  

PDPN 
Forward: AACGTGGCCACCAGTCACTC 
Reverse: GGGCGAGTACCTTCCCGAC 

180 NM_006474.5 
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gene expression was calculated using Pfaffl method (Pfaffl, 2001); RPLP0 was used as 

a normalizer gene. 

3.9 Protein detection assays 

Conditioned medium from each well of 24 well-plate and 6-well plate was collected into 

2 ml Eppendorf tubes and centrifuged for at 1000 g for 10 min at 4°C. The supernatant 

was stored at -80°C before analysis.  

For detection of ALP activity, the conditioned medium samples were mixed with 4-

Nitrophenyl phosphate (NPP, Sigma-Aldrich, USA) and 2-amino-2-methyl-1-propanol 

(AMP, Sigma-Aldrich, USA), and incubated for 10 min at 37 °C, after which the reaction 

was stopped with NaOH. Mixing ALP with AMP and NPP results in colorimetric reaction 

(Sabokbar et al., 1994). Resulting absorbance was measured using Wallac 1420 Victor2 

Microplate Reader (Perkin Elmer, USA), at 405 nm.  

The concentration of sclerostin in the conditioned medium samples was measured with 

commercial sclerostin ELISA kit (InvitrogenTM, Thermo Fisher Scientific, USA), according 

to the kit’s instructions. Briefly, the conditioned medium samples were added to 96-well 

plate wells, with antibodies for sclerostin attached to the well bottom. Also, sclerostin 

stock solution was diluted to different concentrations, and the sclerostin dilutions were 

added into the 96-well plate wells to generate a standard curve for quantifying the 

sclerostin amount in the samples.  After 2.5 hours incubation at RT, samples and 

sclerostin dilutions were removed and biotin conjugate solution was added to the wells 

and incubated in the wells for 1 hour at RT. During this time the biotin conjugates bind to 

the sclerostin antigens that were bound to the antibodies presented on the well bottoms. 

Next biotin conjugate solution was removed, and Streptavidin-HRP solution was added 

to the wells and incubated in the wells for 45 min at RT, followed by removal of the 

Streptavidin-HRP and addition of TMB substrate. Streptavidin-HRP binds to the biotin 

conjugates, and its reaction with the TMB substrate leads to a colorimetric reaction. After 

30 min incubation, stop solution was added to the wells, and absorbance value of each 

well was measured using Wallac 1420 Victor2 Microplate Reader, at 405 nm. 

In both assays, the intensity of the absorbance is in relation to the enzyme activity or 

protein concentration, which allows to determine the enzyme activity of ALP and 

concentration of sclerostin based on the measured absorbance. In both assays the 

mediums used for culturing the cells were used as blank samples and their values were 

deducted from the measured absorbances to remove the effect of the background 

absorbance.   
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3.10  Data handle and statistical analysis 

Confocal microscope images were processed using Imaris image analysis software 

(9.0), and Fiji ImageJ software (2.1.0). Image panels and illustrative figures were created 

using Inkscape vector graphics editor (1.0.2.2) 

Results of the gene expression analysis, and the ALP and sclerostin detection assays 

are reported as bar charts, where the bar represents mean value of the three biological 

replicates from each cell culture condition, and error bars represent standard deviation 

of the three replicates. All the charts were generated using Microsoft® Excel® for 

Microsoft 365 MSO (16.0.14326.20850). 

With each analysis, two-tailed Welch’s t-test was used to assess whether there was a 

statistically significant difference in the mean values of BMSCs cultured on collagen 

coated TCPS in OGM., and the other cell culture condition. P-values < 0.05 were 

considered statistically significant. It was assumed that the values of each analysis come 

from population following standard distribution. The test was performed using R 

Statistical software (4.0.3). 
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5. RESULTS 

Following abbreviations are used for the culture conditions used in the study from here 

on. CC-BM: hBMSCs cultured on collagen coated TCPS in BM; CC-OGM: hBMSCs 

cultured on collagen coated TCPS in OGM; D21: cultured 21 days in collagen hydrogel 

in OCM; PD: osteogenically pre-differentiated hBMSC cultured 21 days in OCM; D42: 

hBMSCs cultured 42 days in collagen hydrogel in OCM. With hBMSCs cultured in 

collagen gels (D21, PD, D42), +/- after the condition indicates whether S53P4 extract 

was added to the culture media. With CC-BM and CC-OGM, S53P4 extract media was 

not used.  

When the effect of the pre-differentiation, longer culture period, and S53P4 extract on 

the protein expression and cell morphology are discussed in sections 4.2., 4.3, and 4.4., 

D21- is used as a reference condition. D21- can be considered as a baseline condition 

for the hBMSCs cultured in collagen hydrogels, as in all the conditions BMSCs are 

cultured embedded in collagen at least for 21 days.  

4.1 hBMSCs in collagen at higher cell density 

Originally BMSCs were cultured in collagen hydrogels at a density of 105 cells/ml. This 

resulted as a similar shrinkage of the collagen gels as with primary osteocytes embedded 

in collagen gels shown by Bernhardt et.al, 2019 (Figure 6). Due to the shrinkage, cell 

concentration in subsequent experiment were lowered to 2.5 x 104 cells/ml, which 

prevented the shrinkage of the collagen hydrogels. All the results presented in the 

following sections are from the experiment done with cell density of 2.5 x 104 cells/ml. 
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Figure 6. Collagen hydrogel shrunken, as a result of cultivating 105 osteocytes/ml 
embedded in the gel, demonstrated by Bernhardt et al. Similar shrinkage was 
seen in this study as well. Image modified from Bernhardt et al., 2019.   

4.2 Confocal microscope imaging  

Results of confocal microscope imaging are presented in Figures 7 and 8. Figure 7 

shows hBMSCs cultured in collagen hydrogel without S53P4 extract in OCM, and Figure 

8 shows BMSCs cultured in collagen hydrogel with S53P4 extract in OCM. hBMSCs 

cultured in collagen I hydrogels show positive staining for osteocytic marker DMP1. Cell 

morphology on the other hand does not show clear indications of osteocyte 

differentiation. Some of the cells have extended dendritic processes, which is 

characteristic for osteocytes, but the phenotype is still quite far from a natural osteocyte 

(Figure 6), and virtually no interconnections have formed between the cells. 

Cell culture conditions seem to affect the DMP1 expression. D21- and D42- show quite 

weak DMP1 staining. Addition of the osteogenic pre-differentiation step and SP53P4 

extract seem to lead to higher DMP1 expression levels as the staining for DMP1 is the 

strongest with PD-, D21+, and D42+.  Counterintuitively to the results mentioned so far, 

the combined effect of pre-differentiation step and S53P4 does not lead to increased 

DMP1 expression as the staining in PD+ is relatively weak. 
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Figure 7. Confocal images of hBMSCs cultured in collagen gel, without S53P4 
extract in the culture medium. Cell nuclei were stained with DAPI (blue) and actin 
cytoskeletons with phalloidin-TRICT (red). Also, immunostaining for osteocyte 
specific marker DMP1 (green) was performed. Scale bar represents 200 µm. 

 

Differences in the cell morphology are less pronounced than differences in DMP1 

staining. Formation of dendritic processes has occurred at least to some degree in all 

culture conditions. Some of the cells in D21- and D42- have formed dendritic processes, 

but at the same time many of the cells have not formed any processes and most of the 

cells are quite narrow and elongated, which is not characteristic for osteocytes. Longer 

culture period alone has not affected the cell morphology as there are no notable 

difference between the D21- and D42- conditions. Pre-differentiation step and S53P4 

extract on the other hand seem to influence the morphology. With PD-, cells are less 

elongated and have formed dendritic processes. Addition of the S53P4 extract has 

resulted in thicker cell bodies and also seems to result in higher relative number of 

dendritic processes. This was not quantified, but the differences can be seen when D21+ 

and D42+ are compared to D21- and D42-. Although longer culture period itself did not 

lead to any changes, combination with S53P4 and longer culture period seem to 

influence morphology, as the individual cells with highest number of dendritic processes 

are found with D42+. Similar to DMP1 staining, the pre-differentiation step and addition 
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of S53P4 extract do not seem to have a cumulative effect. PD+ are quite have quite 

narrow cell bodies and they have formed proportionally lower number dendritic 

processes compared to PD-. However, the processes of PD+ are generally longer than 

the processes of PD-. 

 

Figure 8. Confocal images of hBMSCs cultured in collagen gel, without S53P4 
extract in the culture medium. Cell nuclei were stained with DAPI (blue) and actin 
cytoskeletons with phalloidin-TRICT (red). Also, immunostaining for osteocyte 
specific marker DMP1 (green) was performed. Scale bar represents 200 µm.   

 

4.3 Gene expression analysis 

In gene expression analysis, CC-OGM was set as a reference condition and expression 

of genes in different conditions are reported as a relative expression compared to the 

reference condition. Relative gene expression of RUNX2, BGLAP, and PDPN are 

reported in Figures 9, 10, and 11, respectively 

Based on the qPCR results, expression of early osteoblastic marker RUNX2 was 

substantially higher in the hBMSCs directly embedded into collagen I hydrogels 

compared to the hBMSC cultured on the collagen coated surfaces in OGM, as the 

relative expression values for D21- and D42- conditions were in ten-folds compared to 

the OGM. With these conditions, addition of S53P4 further upregulated RUNX2 
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expression, as the relative expression values for D21+ and D42+ were in hundred folds. 

Much more modest upregulation of RUNX2 was seen with PD- condition and both 

fractions of isolated primary osteocytes, slightly over 2-folds in each condition. PD+ and 

CC-BM on the other hand showed lower relative expression compared to CC-OGM.  

There were notable differences between the three biological replicates in each condition 

where hBMSCs were cultured in collagen gels, which can be seen as high standard 

deviations in these conditions. 

Expression of the late osteoblast marker BGLAP was notably lower in all the cell culture 

conditions except D21-, when compared to CC-OGM With D21-, triplicate samples 

yielded widely different values from each other as evident by the high standard deviation 

value. Both cell fractions from the osteocyte isolation procedure showed increase in the 

BGLAP expression. Fraction from digestions 3-4 showing approximately 10-fold 

expression and fraction from digestions 5-6 showing approximately 2-fold expression.  

Compared to the CC-OGM, most of the cell culture conditions, and in the cells obtained 

with the osteocyte isolation showed lower expression of the osteocyte marker gene 

PDPN. Two conditions showed higher PDPN relative expression than CC-OGM, D21- 

showing approximately 2-fold relative expression and D42+ a more modest, 

approximately 1.2-foldrelative expression. 

 

Figure 9. Relative expression of early osteoblast marker gene RUNX2 in the different 
culture conditions and in cells acquired with osteocyte isolation protocol.   
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Figure 10. Relative expression of early osteoblast marker gene BGLAP in the 
different culture conditions and in cells acquired with osteocyte isolation protocol. 

 

 

Figure 11. Relative expression of early osteoblast marker gene PDPN in the 
different culture conditions and in cells acquired with osteocyte isolation protocol. 

4.4 Protein detection assays 

Results from the sclerostin ELISA assay and ALP activity assay described in the section 

2.4 are represented on Figures 12 and 13, respectively.  
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culture conditions are discussed below. Differences seen are relatively small as the 

measured values ranged from 23 to 46 pg/ml. Highest concentrations for sclerostin are 

seen with CC-BM and CC-OGM. Regarding BMSCs cultured in collagen gels, results 

show that osteogenic pre-differentiation of the BMSCs and combined effect of longer 

culture period and S53P4 led to higher in sclerostin concentration. Longer culture period 

alone did not affect the sclerostin concentration, whereas S53P4 extract seemed to 

decrease it. No trend in the effect of the SP53P4 extract on the sclerostin concentration 

was seen. Effect was different with each culture condition. With D21 it resulted in 

decrease, but with D42 it led to increase, resulting in highest concentration of the BMSCs 

cultured in collagen hydrogels. With PD conditions it had no effect on detected the 

sclerostin concentration. 

 

Figure 12. Measured sclerostin concentration in each cell culture conditions 
used in the present study. 

Compared to the changes in sclerostin concentration, relative changes were greater in 

ALP activity. The ALP activity in different cell culture conditions is reported as a relative 

activity compared to ALP activity seen with CC-OGM.  All the cells embedded in collagen 

show notably lowered ALP activity compared to CC-OGM. ALP activity was quite low 

with CC-BM as well. Regarding the BMSCs culture in collagen gels, pre-differentiation 

and longer culture period seemed to lead to lower ALP expression as D42 and PD show 

lower ALP activity than D21. S53P4extract in the culture medium, led to lower in ALP 

activity across the culture conditions. With PD+ and D42+ conditions measured ALP 

activity was virtually non-existent. 
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Figure 13. Relative ALP activity of each culture conditions used in the present 
study, with CC-OGM used as a reference condition. 

4.5 Statistical analysis 

Differences between the reference condition (CC-OGM) and the other cell culture 

conditions in the gene expression analysis were found to be statistically non-significant 

(p > 0.05), with all the studied genes. ALP activity analysis showed some significant 

differences from the reference condition. Significant p-values were seen with BM, D42+, 

PD-, and PD+. With sclerostin ELISA assay, D21+ was the only condition to significantly 

differ from CC-OGM. 
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6. DISCUSSION 

This study aimed to differentiate osteocyte-like cells from hBMSCs by culturing them in 

collagen I hydrogels. This experimental set-up seemed a potential way for acquiring 

osteocytes, as osteocytes are known to descent from BMSCs via osteoblast 

differentiation (Bonewald, 2011), and collagenous 3D microenvironment has shown to 

be a promising platform for osteocytic differentiation, likely due to its resemblance of 

natural osteocyte environment (Bernhardt et al., 2019; Nasello et al., 2020; Skottke et 

al., 2019). In the current study, some indications of osteocytic differentiation were seen 

in the confocal microscope images but based on the gene expression analysis and 

sclerostin detection assay, the 3D environment provided by collagen hydrogel did not 

promote osteocytic differentiation any more than 2D environment provided by collagen 

coated TCPS.  

It is good to note that most of the measured differences between CC-OGM and the 

hBMSCs cultured in collagen hydrogels were found to be statistically non-significant. The 

data set generated in this study was relatively small, which can partly explain the lack of 

non-significant results. Higher number of biological replicates would be needed for 

meaningful statistical analysis of the results.  

Anyhow, in the following sections, the effect of different cell culture conditions of this 

study on the osteocyte differentiation are discussed. Also, other parameters that possibly 

could influence osteocyte differentiation are briefly gone through. 

5.1 3D environment  

Confocal images of the BMSCs cultured in collagen gels showed some indications of 

osteocytic differentiation, but gene expression data and results from the protein detection 

assays do not show enhanced osteocytic differentiation with BMSC cultured in collagen 

gels compared to BMSCs cultured on collagen coated TCPS in OGM.    

Dendritic processes are characteristic for osteocyte morphology and essential for their 

function (Dallas et al., 2013; Prideaux et al., 2016).  Therefore, the formation of dendritic 

processes can be considered a positive indication for osteocytic differentiation. In this 

study, some of the hBMSCs cultured in collagen gels had formed dendritic processes, 

but overall, the cell morphology is quite far from natural osteocyte morphology. In vivo, 

osteocytes have rounded cell body, and extend far greater number of dendritic processes 

than the cells imaged in this study (Figure 5). Here the number of dendritic processes 

branching from the cells also is lower when compared to studies, where primary human 

osteocytes, pre-osteoblasts, and mature osteoblasts were cultured in collagen I 
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hydrogels in similar osteogenic conditions (Bernhardt et al., 2019; Skottke et al., 2019). 

Cells have neither formed interconnections with each other; in natural tissues osteocytes 

form great number of interconnections, creating networks which allow them to 

communicate with each other and other cells of bone tissue (Atkinson & Delgado-Calle, 

2019; McGarrigle et al., 2016). Lack of cell interconnectivity is also seen in other studies 

where cells have been cultured in collagen hydrogels for osteocytic differentiation 

(Bernhardt et al., 2019; Nasello et al., 2020; Skottke et al., 2019). These results evoke a 

question whether collagen hydrogel is a suitable culture environment for generating a 

model or engineering a tissue, that can replicate the natural function and morphology of 

osteocytes. The lack of interconnectivity seen in these studies could be caused by the 

relatively low cell density used in all these studies. The effect of the cell density on 

osteocytic differentiation is covered in more detail in a coming section. 

Positive staining for DMP1 seen in this study can be considered an indication for 

osteocytic differentiation as DMP1 is known to play key role in osteocyte maturation 

(Bonewald, 2011; Lu et al., 2011). Positive DMP1 staining has also been seen in 

osteocytes and osteoblasts cultured in collagen hydrogels, with similar intracellular 

localization as seen in this study (Bernhardt et al., 2019; Nasello et al., 2020). This goes 

to show that BMSCs cultured in collagen gels have acquired some of the same features 

as the more mature osteogenic lineage cells cultured in collagen hydrogels. 

Gene expression analysis did not show enhanced osteocytic differentiation in the 3D 

environment. Of the cells embedded in collagen gels, D21- and D42+ were the only 

conditions showing higher relative expression of early osteocyte marker PDPN than CC-

OGM. D21- also was the only condition which, showed higher relative expression of late 

osteoblast marker BGLAP than CC-OGM. However, with both D21 and D42, clearly the 

highest relative expression value is seen with RUNX2. RUNX2 is essential for the pre-

osteoblast differentiation, regulating activity of other osteoblast lineage genes, but during 

later stages of osteogenic differentiation RUNX2 expression is downregulated, as 

RUNX2 inhibits mature osteoblast and osteocyte differentiation (Komori, 2002, 2019). 

As the high RUNX2 expression levels in this study are coupled with low BGLAP 

expression, it seems that these cells have not reached later stages of osteoblast 

differentiation. If this is the case, osteocyte differentiation is also unlikely to occur as 

osteocyte differentiate from mature osteoblasts and proteins secreted by osteoblasts are 

known to play key roles in bone ECM mineralization, which is an integral step in the 

osteocyte differentiation (Robling & Bonewald, 2020; Wittkowske et al., 2016). 

Expression of other osteoblast markers, in addition to BGLAP, could be studied to verify 

the state of the osteoblast differentiation of BMSCs in this study. Based on the literature, 
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the low BGLAP expression and diminished osteogenic differentiation should not be due 

the 3D environment. Comparative studies between MSC cultured on collagen coated 

TCPS and MSCs cultured in collagen hydrogels have shown the 3D environment to 

enhance osteogenic differentiation (Lund et al., 2009; Naito et al., 2013). These studies 

also showed upregulation of RUNX2, although not to similar extent as seen here. In 

addition to RUNX2, more mature osteoblast markers including Osterix and BGLAP, and 

its protein product osteocalcin, were also upregulated in the 3D environment. Also, a 

more recent study has shown strong positive staining for osteocalcin with MSCs cultured 

in collagen gels (Vuornos et al., 2019). These results indicate that the 3D collagen 

environment enhances osteogenic differentiation to some degree but not enough to 

generate mature osteoblasts or osteocytes where RUNX2 is downregulated. Absence of 

similar enhanced osteogenic differentiation in the present study could be explained by 

slight variations in the cell culture conditions in relation to these earlier studies, which are 

discussed briefly in the coming sections.  

Low relative expression of PDPN in BMSCs cultured in collagen gels compared to CC-

OGM could simply be explained by the more mature state of osteogenic differentiation 

of CC-OGM, evidenced by the higher relative BGLAP expression; as the BMSCs have 

not differentiated to mature osteoblasts, they cannot differentiate to osteocytes either 

and therefore do not express the early osteocyte marker. Relative expression values, 

however, are generally higher in PDPN compared to BGLAP, which indicates that 

upregulation of osteocyte marker genes can occur even though the cells have not 

achieved late osteoblast phenotype. With BGLAP and PDPN this is a quite reasonable 

assumption as their gene products serve completely different purposes. Whereas 

osteocalcin has a role in the mineralization of bone tissues, podoplanin is involved in 

dendrite formation of osteocytes, and is also expressed in other tissues during 

development and in adults (Astarita et al., 2012; Staines et al., 2017; Zoch et al., 2016). 

Therefore, it is possible that expression of these genes is not dependent on each other, 

even though they are both involved in osteocyte differentiation. Previous study has 

shown that the 3D microenvironment provided by collagen hydrogel to support PDPN 

expression better than BGLAP expression. Primary human osteocytes and osteoblast 

cultured in collagen hydrogel showed upregulation of PDPN and downregulation of 

BGLAP during 7-day and 28-day culture period, respectively (Bernhardt et al., 2019). It 

is good to note that the results of the study are not completely comparable to this study, 

as the osteogenic differentiation state of the cells was different at the moment when the 

cell were embedded in the collagen hydrogels. 
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Positive DMP1 staining is contradictory to the gene expression data as it is considered 

a more mature osteocyte marker than BGLAP and PDPN, which showed low relative 

expression values compared to CC-OGM. Seeing positive DMP1 counterintuitively to the 

gene expression is not something extraordinary, as Bernhard et al. showed positive 

staining for DMP1, when no DMP1 gene expression was detected (Bernhardt et al., 

2019). They speculated that even a low DMP1 expression could lead to the positive 

signal, which would explain the simultaneous positive immunostaining and low gene 

expression. Here DMP1 expression was not analyzed, but it could be expressed, even 

when relative expression values of BGLAP and PDPN are low. As was already discussed 

in the previous chapter, different proteins have different functions in the osteogenic 

differentiation process, and therefore it could be possible that they are expressed 

separately from each other. DMP1 and PDPN expression are related to different cellular 

processes. DMP1 has been associated with bone ECM mineralization (Ling et al., 2005; 

T. Liu et al., 2019; Y. Sun et al., 2015), whereas PDPN has a role in the dendritic 

formation of osteocytes (Staines et al., 2017; K. Zhang et al., 2006). It is possible that 

the BMSCs embedded in collagen gels have acquired some aspects of osteocytic 

phenotype, and thus express DMP1, but not PDPN. That could be the situation here as 

cells in the gels showed visible mineral deposition (no data) but did not form dendritic 

processes to same extent as osteocytes in natural tissues. Situation regarding low 

BGLAP expression and positive DMP1 staining is somewhat more puzzling as they are 

both involved in mineralization of bone (T. Liu et al., 2019; Zoch et al., 2016). Even 

though osteocalcin and DMP1 are both NCPs of bone and involved in the mineralization 

process, seem to have different role in the mineralization. Their exact functions are not 

known, but absence of these proteins have very different impacts on the mineralization. 

Depletion of DMP1 leads to reduced mineralization, whereas osteocalcin knockout leads 

to increase in bone formation rate and bone mass (Ducy et al., 1996; Ling et al., 2005). 

DMP1 is also thought to be possibly involved in other cellular processes as it has also 

shown to localize inside the nucleus of osteoblast lineage cells (Ravindran & George, 

2015). Considering these facts, it does not sound impossible that DMP1 would be 

expressed simultaneously with low BGLAP expression, even though the cells have not 

differentiated to late osteoblasts or osteocytes. Study of bone mineralization using 

osteoid-like collagen model showed that this can be the case (Silvent et al., 2013). They 

studied the expression of both BGLAP and DMP1 at five time points (7, 14, 21, 28, and 

60 days). Initial upregulation of BGLAP was seen was at day 14, and highest BGLAP 

expression was seen on day 60. On days 21 and 28 BGLAP expression was notably 

lower than on day 14. Initial DMP1 upregulation on the other hand was seen on day 21, 

so during the period of low BGLAP expression (Silvent et al., 2013). 
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As the gene expression data has been discussed in the previous chapters, it is good to 

note at this point that some aspects of the gene expression data raise some questions 

on the validity of the gene expression values seen in this study. It seems relatively 

unlikely that D21- surpasses the relative expression of BGLAP and PDPN of all the other 

conditions, since it does not show signs of osteocytic differentiation in the other assays 

and has high relative expression of RUNX2. High RUNX2 expression values of the 

BMSCs directly embedded in collagen gels could also be questioned. As already 

discussed, upregulation of RUNX2 in 3D environment is seen in previous studies in much 

more moderate scale (Lund et al., 2009; Naito et al., 2013). The gene expression data 

itself gives even greater reason to doubt its validity. All these high expression values 

(RUNX2: D21-, D21+, D42-, D42+; BGLAP: D21-) showed substantial variation between 

biological replicates as evident by the high standard deviation values. Some of the 

replicates showed reduced relative expression, whereas others showed over thousand-

fold relative expression. This great variance between the parallel samples indicates that 

some of the expression values could be due to technical errors rather than actual gene 

expression differences. It is unclear what could cause this error, but one possibility is a 

protein contamination from the gel which has disturbed the RNA or DNA sample, or the 

qPCR reaction. Other issues concerning the RNA isolation protocol resulting in a sample 

that does not represent the real mRNA content in the cell cannot be excluded either, as 

the protocol have not been validated in our research group. Studies previously using the 

protocol, however, have not reported issues with extracting RNA from pure collagen I 

gels (Bernhardt et al., 2019; Skottke et al., 2019). Anyhow, whether the variance is 

caused by a technical error or not, it is obvious that clear conclusions cannot be drawn 

based on these results due to the high variance. The experiment should be repeated, 

possibly with more parallel samples, to get clarity regarding the RUNX2 expression seen 

with hBMSCs directly embedded in collagen gels.  

It has so far been established that osteogenic differentiation is quite complex process, 

and has different aspects, and therefore it is hard to draw conclusions based on the 

expression of three genes and the immunostainings of the cells, especially considering 

the uncertainties regarding some of the gene expression values. As discussed earlier, 

analysis of additional osteoblast and osteocyte genes could offer more insights on the 

differentiation state of the cells. It is, however, quite clear that hBMSCs do not show 

strong differentiation towards osteocyte phenotype, evident by the high RUNX2 

expression and lack of osteocytic morphology. This conclusion is supported by the 

results of the sclerostin detection assay. Sclerostin is protein expressed by mature 

osteocytes (Stegen et al., 2018), and the results of this study indicate that no sclerostin 
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expression was seen in any of the cell culture conditions. Overall, the sclerostin 

concentrations across all the samples (23-45 pg/ml) can be considered quite low as the 

sclerostin concentration in serum of healthy humans varies between 200-1000 pg/ml 

(Delanaye et al., 2014; Drake et al., 2018). Furthermore, all the values, except the 

highest, fall below the reported range of the assay (40.96 - 10 000 pg/ml), which indicates 

that the modest sclerostin expression seen here could be explained by an error margin 

or caused by technical aspects or other substances present in the medium, rather than 

actual sclerostin expression. This is supported by the fact that the highest sclerostin 

concentration was seen with CC-BM, a condition that should be least likely to promote 

osteoblast or osteocyte differentiation. Studies that have aimed to differentiate 

osteocytes by embedding pre-osteoblasts or mature osteoblasts in 3D matrices have not 

presented results regarding sclerostin protein expression (Bernhardt et al., 2019; Nasello 

et al., 2020; Skottke et al., 2019). Reason for this is not revealed but could be simply 

because no sclerostin have been detected. If that is the case it indicates that embedding 

cells capable of osteocytic differentiation in 3D matrix and culturing them in static 

conditions might not be enough for differentiating mature, sclerostin secreting 

osteocytes. Murine primary osteocytes cultured in collagen hydrogels have showed 

higher sclerostin expression when compared to osteoblasts, and primary mouse 

osteoblast cultured on 2D surface (Honma et al., 2013, 2015). Sclerostin concentration 

was measured with and ELISA assay from cell culture media. This goes to show that if 

cells express sclerostin, it should be possible to quantify the expression of sclerostin in 

cell culture.  

Results of the ALP activity measurement do not give a clear indication on how the 

osteogenic differentiation state of the hBMSCs cultured in collagen gels. Some consider 

low ALP activity to be a positive indication of osteocytic differentiation, as ALP expression 

is more characteristic for osteoblast than osteocytes (Bernhardt et al., 2019; Skottke et 

al., 2019). As ALP is well known osteoblast marker (Sabokbar et al., 1994), lowered ALP 

activity could mean that the cells have differentiate past the osteoblast stage and towards 

osteocyte phenotype. Conclusions on the osteocytic differentiation based on the ALP 

expression alone, however, cannot be drawn as lack of osteoblast phenotype does not 

automatically indicate osteocytic differentiation. Reduced ALP expression can offer 

further confirmation on the osteocytic differentiation detected in other assays, that have 

showed signs of osteocytic differentiation. Here the sclerostin expression assay or the 

gene expression data, however, do not show indication on osteocytic differentiation to 

support the findings of ALP activity assay. Thus, lowered ALP activity could be as well 
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seen as an indication of diminished osteogenic differentiation, signs of which are seen 

with the gene expression data as well.  

Some cell culture conditions show basically non-existent ALP activity. It is still possible 

that these cells express ALP. The experimental protocol used here might not be optimal 

for measuring lower ALP amounts. As ALP is a membrane bound enzyme, the optimal 

way of measuring ALP activity is to solubilize ALP from cell samples with combination of 

Triton-X treatment and freeze-thaw cycle (Sabokbar et al., 1994). Here the ALP activity 

was measured from the conditioned medium, which only includes the ALP enzymes 

released to their surrounding by cells, which could lead to lower signal, compared to the 

ALP activity measured from cell samples. Even though the protocol most likely is not 

optimal for measuring ALP activity, there is still reason to believe that the ALP activity 

detected in this study is due to actual ALP expression, as the differences in the activities 

do not seem to occur by chance. Most notably, the difference in the activity between CC-

OGM and CC-BM shows that addition to osteogenic supplements leads to increased 

ALP activity, which is expected as ALP is a well-known osteoblast marker and these 

supplements are known to induce osteogenic differentiation (Birmingham et al., 2012; 

Jaiswal et al., 1997; Sabokbar et al., 1994; Vater et al., 2011).  

It is already established that results of the ALP activity do not offer definitive information 

on the state of osteogenic differentiation of the hBMSCs embedded in collagen 

hydrogels. The situation is worsened by an incomplete experimental set-up the protein 

detection assays; detected sclerostin and ALP were not normalized in relation to the cell 

amount.   Without the normalization there is no certainty whether the differences in the 

protein amount or activity are caused by differences in the expression of these proteins 

by the cells or by the differences in number of viable cells. For the normalization, amount 

of DNA or total protein content for each sample should have been measured. Quantifying 

cell amounts could also offer other insights beyond the normalization of protein 

concentrations, as it is known that transition to non-proliferative state is an integral step 

in the osteoblast osteocyte differentiation (Nasello et al., 2020). As ALP upregulation is 

also known to occur simultaneously with the transition to non-proliferative state, Nasello 

et al., postulated that higher ALP expression could indicate that osteoblasts have started 

their differentiation towards osteocytes. In addition to ALP activity, they assessed the 

presence of other osteoblastic and osteocytic markers, and measured cell proliferation 

over a 21-day culture period. It was indeed found that higher ALP activity correlated with 

transfer to quiescent cell type and increase in expression of osteocyte markers and 

decrease in other osteoblast markers (Nasello et al., 2020). This further highlights the 

complexity of ALP as marker of osteocyte differentiation. 
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It has been established that the 3D environment set-up established in this study did not 

lead to mature osteocyte phenotype. There is still a good reason to believe that the 3D 

environment provided by collagen I hydrogel is a viable option for differentiating 

osteocytes from hBMSCs, as collagen I hydrogel can capture such many aspects of 

natural environment of differentiating osteocytes, and it is known that hBMSCs possess 

the capability to differentiate to osteocytes. Osteocyte features acquired by osteoblasts 

in collagen I hydrogel also speaks for the collagen hydrogels as a platform for osteocyte 

differentiation (Bernhardt et al., 2019; Sawa et al., 2019; Skottke et al., 2019). 

Modifications to the culture set-up could help to promote osteocyte differentiation of 

hBMSCs in collagen hydrogel. Effect of the other culture parameters of this study are 

discussed below, as the information gathered here can possibly be utilized in future 

studies aiming for osteocyte differentiation. 

5.2 Osteocyte medium composition  

Osteocyte medium (OCM), which was used in all collagen gel cultures, diverged from 

the classical osteogenic medium composition (OGM) in two ways. Serum concentration 

of OCM was 2% instead of the 5% used with OGM and dex was omitted from the OCM. 

2% serum concentration was used, as lowering serum concentration has shown to be 

beneficial for maintaining osteocyte phenotype in vitro (Honma et al., 2015). Lower 

serum concentration has also been shown to benefit osteogenic differentiation of MSCs 

(Bhandi et al., 2021; Binder et al., 2015), and therefore is most likely an optimal choice 

for differentiating osteocytes from BMSCs as well. 

Dex was omitted as previous study aiming to differentiate osteocytes from primary 

osteoblasts suggested that omitting dex could be beneficial for osteocyte differentiation 

(Bernhardt et al., 2019). They did not show data regarding this, but they considered an 

upregulation of ALP seen with the osteoblasts cultured in collagen gels to be a negative 

indicator of osteocyte differentiation, and as dex is known to upregulate ALP, they 

suggested that omitting dex could lead to more osteocyte like phenotype. The logic is 

somewhat solid when aiming to differentiate osteocyte from mature osteoblasts, but 

when differentiating from BMSCs the omitting of dex should be reconsidered. Dex is 

known to promote osteogenic differentiation by enhancing RUNX2 transcription but also 

by activating RUNX2 via transcriptional co-activator with PDZ-binding motif (TAZ) and 

mitogen-activated protein kinase (MAPK) phosphatase (MKP-1) (Langenbach & 

Handschel, 2013). As osteocyte differentiation is in the end the results of osteogenic 

differentiation and RUNX2 is early master regulator of osteogenic differentiation, 

promoting expression of multiple osteogenic marker genes, dex should be included in 
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the medium composition for differentiating osteocytes from BMSCs, at least during the 

first stages of culture to promote the beginning of osteogenic differentiation. Lower 

BGLAP expression in 3D environment compared to 2D environment, which was 

contradictory to earlier studies, could be explained by the absence of dex in the 3D 

cultures of this study (Lund et al., 2009; Naito et al., 2013). Absence of dex could lead to 

low BGLAP expression directly through reduced RUNX2 transcription as RUNX2 is 

known to promote BGLAP expression. Here D21 and 42, however, showed relatively 

high RUNX2 expression. As already stated, the RUNX2 expression data exhibited high 

variance, which gives a reason to suspect the validity of the RUNX2 expression values 

seen in this study. But even if the other cell culture conditions had caused D21 and D42 

express RUNX2 in higher levels than CC-OGM, it is still possible that absence of dex 

has caused the low BGLAP expression shown in BMSCs cultured in collagen gels. As 

already stated, dex also regulates the activity of RUNX2; it has been shown that RUNX2 

mediated mineral formation and BGLAP expression is notably enhanced in vitro (Mikami 

et al., 2007; Phillips et al., 2006). To confirm the effect of omitting dex, the study done 

here ought to be repeated with dex in the culture medium.  

If absence of dex indeed affects RUNX2 activity, it could also explain the simultaneous 

positive DMP1 staining and very low BGLAP expression. When effect of RUNX2 ablation 

on different osteogenic marker genes, including BGLAP and DMP1 was studied, it was 

seen that DMP1 was the only gene that could be expressed independently from RUNX2 

(Nakamura et al., 2020).     

5.3 Osteogenic pre-differentiation 

In addition to directly embedding hBMSCs into collagen gels, hBMSCs were also 

embedded into collagen gels after 7-day pre-differentiation step. Since osteocyte decent 

from hBMSC through osteoblast interphase and primary osteoblasts have shown to 

acquire osteocyte features when cultured in collagen gels (Andrzejewska et al., 2019; 

Bernhardt et al., 2019; Skottke et al., 2019), it was studied if initiating the hBMSCs 

differentiation in culture conditions that are known to promote osteogenic differentiation 

would be beneficial for differentiating osteocytes from hBMSCs. Based on the confocal 

microscope images the osteogenic pre-differentiation step is beneficial for osteocyte 

differentiation as PD- showed stronger DMP1 signal and had formed proportionally more 

primary dendritic processes compared to D21-.  

Gene expression data does not support the findings of confocal images. It indicates that 

the pre-differentiation step has not resulted in enhanced osteoblast or osteocyte 

differentiation, as the relative expression of all the genes studied here is lower with PD- 
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compared to D21-. This could, however, be caused by the possible faulty results with 

D21- gene expression data, discussed earlier.  

ALP activity with PD- is lower compared to D21-, which could indicate either diminished 

osteoblast differentiation or enhanced osteocyte differentiation. As other analyses do not 

show conclusive evidence of neither, no conclusions based on the ALP activity data 

cannot be drawn. Furthermore, the reduced ALP activity could be caused by differences 

in number of viable cells between PD- and D21-, and therefore renders the ALP activity 

data unsuitable for comparing differences between PD- and D21-. 

This study did not show indisputable evidence in favor for differentiating osteocytes from 

osteogenically pre-differentiated BMSCs compared to undifferentiated BMSC, but as the 

osteocytes are known to decent from osteoblast, osteogenic pre-differentiation prior to 

culturing hBMSCs in osteocyte differentiation supporting conditions should be still 

considered as a valid option for aiming to differentiate osteocytes from hBMSCs. Effect 

of longer pre-differentiation step could be studied to see if differentiation to more mature 

osteoblasts prior to embedding hBMSCs into collagen gel would benefit osteocyte 

differentiation. 

Including cells at the different stages of osteogenic differentiation simultaneously in the 

cell culture set-up should also be considered. It would help to mimic the natural 

environment of differentiating osteocyte; in the bone microenvironment all the 

osteoblasts do not differentiate to osteocytes, and therefore it is likely that there are cells 

in the different state of osteogenic differentiation present in the tissue environment 

(Florencio-Silva et al., 2015). Biochemical signals from osteoblasts and osteocytes have 

shown to promote osteogenic differentiation of MSCs (Birmingham et al., 2012). It is not 

completely unthinkable that hBMSCs or osteoblasts not differentiating to osteocytes 

could play a role in the regulation of osteocyte differentiation, as they are both integral 

part of bone tissue environment and MSCs are already known to have different 

regulatory functions (Andrzejewska et al., 2019; Robert et al., 2020), and they have 

shown to affect the differentiation of other cell types in vitro (Mykuliak et al., 2022). 

Therefore, it should be tested if adding osteoblasts in the culture set-up at the beginning 

of the culture or adding more hBMSCs later during the culture would enhance the 

osteocyte differentiation. 

5.4 Cell culture period 

hBMSCs directly embedded into collagen were analyzed after 21 days and 42 days of 

culture to assess if longer culture period would promote osteocyte differentiation. 
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Based on the results seen here D42- did not show enhanced osteocyte differentiation, 

or osteogenic differentiation in general, compared to D21-. In confocal images, no 

differences are seen between the two conditions, whereas the gene expression data 

indicated enhanced osteogenic differentiation with D21- compared to D42- as the 

expression of all the genes analyzed here were higher with D21-. Again, as already 

discussed in the previous section, the difference could be caused by the possibly faulty 

expression data of D21-. The results seen here could be seen as a support of this, as it 

seems rather unlikely that longer culture period in osteogenic conditions would lead to 

diminished osteogenic differentiation.  

The situation regarding ALP activity data is also similar as with the pre-differentiation 

results, meaning that it is not known if the reduce in activity as the result of longer culture 

period is caused by reduced ALP activity or reduced number of viable cells. As the only 

difference between the culture is the culture duration, the reduction in the cell number 

would be caused by the transformation to less proliferative and more apoptotic cell type, 

which would be characteristic for osteocytes (Nasello et al., 2020). And as discussed 

with the gene expression data, it seems rather unlikely that the longer culture period 

would lead to diminished osteogenic differentiation. So based on the ALP activity data it 

could be argued that that the longer culture period has led to more osteocytic phenotype, 

but since the other analyses do not show indications of osteocyte differentiation, no 

conclusions can be drawn.  

Studies that have examined murine osteoblasts cultured in mtgase gelatin hydrogels and 

migrating to collagen I hydrogels have shown longer culture periods to benefit osteocyte 

differentiation (McGarrigle et al., 2016; Uchihashi et al., 2013). MC3T3-E1 cells were 

cultured in the mtgase gelatin hydrogels up to 56 days and on the collagen gels up to 35 

days. Expression of osteocyte marker genes PDPN and PHEX have also been shown to 

increase during 28 day of culturing primary osteoblasts in collagen gel, when gene 

expression was assessed on day 0, 14, and 28. Skottke et al cultured pre-osteoblasts in 

collagen gels for 6 weeks, which resulted in more osteocyte-like morphology compared 

to this study (Skottke et al., 2019). This offers probably the best reference point for the 

present study regarding osteocyte differentiation, as the osteogenically pre-differentiated 

hBMSCs most likely pay quite close resemblance to pre-osteoblasts. Culture periods in 

this study can be considered shorter as the maximum culture periods in collagen gels for 

pre-differentiated cells and for non-differentiated hBMSCs here were 21 days and 42 

days, respectively. Therefore, even longer culture periods could have been applied for 

hBMSCs embedded in collagen gels to see whether it would result in more osteocytic 

phenotype. In general, it is unlikely that longer culture period would have negative effect 
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on the osteocyte differentiation, as osteocytes are terminally differentiated osteoblasts 

and single osteocyte can reside inside the bone matrix for decades (Atkinson & Delgado-

Calle, 2019). However, if the culture conditions are not otherwise sufficient to promote 

osteocyte differentiation, prolonging the culture is most likely not a solution for achieving 

more osteocyte-like phenotype.  

5.5 S53P3 extract 

S53P4 extract has shown to be a potent enhancer of osteogenic differentiation (Ojansivu 

et al., 2015). In this study it was assessed whether it would promote osteocyte 

differentiation as well. Effect of S53P4 extract was studied only in 2D environment, but 

impact of another BAG extract on the osteogenic differentiation of MSCs in collagen 

hydrogels has previously been studied (Vuornos et al., 2019). The study used an 

experimental glass (2-06) which releases potassium and boron ions in the medium, in 

addition to the ions released by S53P4. In 2D cell cultures, influence S53P4 and 2-06 

extracts on osteogenic differentiation were similar with each other; compared to non-

BAG control, both showed downregulation of RUNX2, upregulation of late osteoblast 

markers, Osterix and DLX5, and increased mineralization (Ojansivu et al., 2015).  As 

S53P4 and 2-06 share many of their components and their effect in osteogenic 2D 

environment has shown to be similar, it can be considered that they quite likely have 

similar effects in osteogenic 3D environment as well. Therefore, the MSCs cultured in 

collagen hydrogels with 2-06 extract medium can also be considered as a good reference 

point for the hBMSCs directly embedded to collagen hydrogel in this study. 2-06 extract 

was shown to enhance osteogenic differentiation in the 3D environment similarly as in 

the 2D environment; early osteoblast markers ALPL and RUNX2 were downregulated, 

whereas other osteoblast markers Osterix and DLX5 were upregulated, and mineral 

deposited by the MSCs was increased (Ojansivu et al., 2015; Vuornos et al., 2019).   

5.5.1 hBMSCs directly embedded into collagen gels 

Based on the confocal images, S53P4 extract influenced the phenotype of D21 and D42, 

possibly promoting osteocyte differentiation. Changes seen in cell morphology do not 

offer clear indication of enhanced osteocytic differentiation. Implication of the thicker cell 

body, seen with D21+ and D42+, on osteocyte differentiation is not known, but it does 

not resemble the natural osteocyte morphology notably closer than the thinner cell 

morphology seen with D21- and D42-. The increased dendritic formation seen with D42+ 

compared to D42-, is mostly due to secondary or tertiary dendrite formation, meaning 

that the dendrites do not extend from the cell body but from the existing dendrites. As 
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osteocytes are characterized by their primary dendrites extending directly from the cell 

body (Figure 5) (Bonewald, 2011), the increased dendritic formation with D42+ 

compared to D42- cannot necessarily be considered as a sign of enhanced osteocytic 

differentiation.  

Stronger DMP1 signal in the presence of S53P4 extract on the other can be considered 

as an indication for enhanced osteocytic differentiation, as DMP1 is a known to be 

expressed by osteocytes (Bonewald, 2011). Increase in the DMP1 expression appears 

a logical consequence for addition of S53P4, considering the role of DMP1 in the bone 

mineralization process and the mineralization promoting effects of S53P4 and 2-06 

extracts in 2D and 3D, respectively  (Ling et al., 2005; T. Liu et al., 2019; Ojansivu et al., 

2015; Vuornos et al., 2019). Mineral deposition was not quantified in this study, but a 

notable increase in the mineral deposition was seen with D42+ compared to D42-, when 

cells were examined under phase contrast microscope. In contrary to the DMP1 

expression and mineral deposition, gene expression and ALP activity data did not show 

signs of enhanced osteogenic differentiation. The gene expression data was also 

contrary to the earlier results considering S53P4 and 2-06 extracts, as here RUNX2 

expression was upregulated and more mature osteoblast marker BGLAP was 

downregulated. (Ojansivu et al., 2015; Vuornos et al., 2019). Downregulation of BGLAP 

was also contrary to the increased osteocalcin deposition in the presence of S53P4 

extract in seen in 2D cultures (Ojansivu et al., 2015).  The situation seen in this study is, 

however, completely possible, as osteocalcin is not similarly essential for mineral 

formation and nucleation as DMP1 (Ducy et al., 1996; G. He et al., 2003). The divergence 

from the studies done by Ojansivu et al. and Vuornos et al. remains unclear. The most 

notable difference in the cell culture conditions regarding osteogenic differentiation 

potential between this study and the forementioned studies are the absence of dex from 

the medium composition in this study, and the source of MSCs. Vuornos et al. and 

Ojansivu et al. used human adipose tissue derived MSCs (hAMSCs), which do not have 

as high osteogenic differentiation potential as hBMSCs, even though they can 

differentiate undergo osteogenic differentiation (Liao, 2014; Mohamed-Ahmed et al., 

2018). There is, however, not an obvious scenario which would explain the differences 

between this and he previous studies. As the cells in the earlier study show enhanced 

osteogenic differentiation compared to this study. It is unlikely that the different 

osteogenic differentiation potential of hAMSCs and hBMSCs would explain the detected 

differences. One explanation could be that the absence of dex has prevented the RUNX2 

mediated upregulation of BGLAP but not DMP1, as discussed in the previous section. 

This however still does not explain the upregulation of RUNX2 or downregulation of 
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BGLAP. Even if RUNX2 is somehow upregulated by the S53P4 extract, it does not 

explain the downregulation of BGLAP; absence of dex has shown to diminish or prevent 

RUNX2 mediated upregulation of other osteoblast marker genes, not lead to their 

downregulation. In conclusion, it is still quite unclear why the results of the gene 

expression data seen here wre not in line with previous studies. As PDPN was not 

measured in the previous studies, and here the effect on the D21 and D42 varied, it is 

difficult to draw conclusion on the impact of the S53P4 regarding the early osteocyte 

marker. The upregulation of PDPN seen with D42, is in the line with the cell morphology 

as PDPN is involved with the dendrite formation of cells (Staines et al., 2017; K. Zhang 

et al., 2006), but as stated in the previous chapter, the dendritic process formation seen 

with D42+ cannot necessary be considered an indication of osteocytic differentiation. 

With D21 the downregulation may be due a technical error, since the gene expression 

results from D21- do not necessarily accurately represent the real gene expression 

profile, as discussed previously. There are altogether relatively small number of studies 

concentrating on the effect of BAG extracts on osteogenic differentiation, which makes 

it somewhat difficult to assess the validity of results seen here.  

Reduced ALP activity in all the conditions from S53P4 extract medium on the other hand 

was in line with previous studies. As discussed previously, ALP activity was not 

normalized to the cell amount in this study, which means that the reduction seen here 

may have been due to lower number viable cells in the conditions containing S53P4 

extract. Based on the previous studies this does not, however, seem probable as 2-06 

extract was shown to increase the number of viable MSCs cultured in collagen gel after 

21 days (Vuornos et al., 2019). Low ALPL expression seen with 2-06 extract has been 

suggested to be caused by more advanced stage of mineralization, as decrease in ALPL 

was associated with increased mineral formation  (Vuornos et al., 2019). The situation 

could be same here, as D42+ showed the lowest ALP activity of hBMSCs directly 

embedded in collagen gels and was the condition where an increase in mineral 

deposition was clearly visible under phase microscope inspection. This could mean that 

S53P4 addition is beneficial for osteocyte differentiation as the matrix mineralization is 

an integral part of the osteocyte differentiation process (Dallas et al., 2013; Robling & 

Bonewald, 2020).  

5.5.2 Osteogenically pre-differentiated hBMSCs 

Regarding the ALP activity assay, PD showed to react similarly to S53P4 extract as 

hBMSCs directly embedded into collagen hydrogel. Based on the gene expression data, 

it seems that addition of S53P4 had somewhat positive effect on the osteocyte 
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differentiation, as it resulted in downregulation of RUNX2, and in modest upregulation of 

BGLAP and PDPN.  

Confocal microscope images on the other hand do not offer as clear indications of 

osteocytic differentiation. Number of dendritic processes did not increase as a result 

S53P4 extract, but the dendritic processes appear longer in PD+ compared to PD-, which 

some studies consider a sign of enhanced osteocyte differentiation (Nasello et al., 2020). 

Lower DMP1 signal seen with PD+ could be considered a negative indicator of osteocyte 

differentiation. One potential explanation for the lowered signal could be that PD+ have 

already differentiated past the DMP1 expressing osteocyte state. This is, however, not a 

likely scenario as the relative expression of osteocyte marker genes is low compared to 

other conditions, and there is no sclerostin expressed by the cells. Instead, different 

differentiation state of cells could explain the different effects seen with PD and directly 

embedded hBMSCs. This theory is, however, hard to confirm as there are no studies 

regarding the effect of S53P4 extract on osteoblasts. The timing of S53P3 addition to the 

cell culture could also explain the detected difference between PD and hBMSCs directly 

embedded into collagen. PD is cultured without the S53P4 extract for the first week of 

their differentiation, meaning the osteogenic pre-differentiation step. This could explain 

the difference in the reaction to S53P4 extract, as the conditions during the early stages 

of the differentiation are known to affect the whole osteogenic differentiation process of 

MSCs (Jaiswal et al., 1997). For instance, dex supplementation during the first week 

induces osteogenic differentiation similarly as dex supplementation for the whole four-

week culture period, whereas dex supplementation during second or third week of culture 

leads to substantially diminished osteogenic differentiation (Alm et al., 2012). 

5.5.3 Mechanism of action  

S53P4 extract clearly influenced the differentiation of hBMSCs, also affecting some 

aspects of osteocyte differentiation. Effects of S53P4 extract on the differentiation can 

be simply due the enhanced osteogenic differentiation that the ions released from S53P4 

have shown to have on MSCs (Ojansivu et al., 2015). As osteocytes descent from 

BMSCs through osteoblast interphase, it could be that increase in osteoblast 

differentiation directly leads to increase in osteocyte differentiation, when cultured in an 

environment that supports osteocytic differentiation. 

Other mechanisms could also explain the impact of the S53P4 extract on the 

differentiation of hBMSCs. 2-06 BAG has shown to affect the mechanical properties of 

acellular collagen hydrogels after a 21-day incubation period, most likely due to 

increased ionic cross-linking between collagen fibrils (Vuornos et al., 2019). 2-06 BAG 
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also resulted in increased mineralization inside collagen hydrogels, which also possibly 

further modify the properties of hydrogels, as the mineral phase of bone is known to 

significantly contribute to its mechanical properties (de Wildt et al., 2019; Wittkowske et 

al., 2016). Mineralization of the collagen gels or the mechanical properties of the gels 

were not quantified in this study, but there is no reason to believe that the S53P4 would 

have substantially different effect on the properties of collagen hydrogels compared to 

2-06 extract. As the mechanical properties of the environment are known to affect cell 

differentiation of MSCs (Anderson et al., 2016; Engler et al., 2006), the S53P4 extract 

could also have affected the differentiation through altering the mechanical properties of 

the gels. Increased mineral deposition could also help to better mimic the natural 

environment of osteocytes and therefore enhance osteocyte differentiation. 

Bernhardt et al. did not found mineralization of collagen to be beneficial for osteocyte 

differentiation (Bernhardt et al., 2019). It might be that the mineralized collagen did not 

mimic the environment of early osteoid, and thus did not benefit osteocyte differentiation. 

BAG extract mediated mineralization could be better opinion as the gel is mineralized 

efficiently as the BMSC differentiate, but initially offers softer environment that resembles 

the early osteoid better. There is, however, no certainty if the in vitro mineral deposition 

results in intrafibrillar mineralization, which is the situation in vivo. Extrafibrillar 

mineralization does not result in as strong mechanical properties and may fail to mimic 

the natural bone ECM structure (D. Kim et al., 2016; Y. Liu et al., 2011). 

Bioactive ions are known to have diverse effects on cell differentiation and behavior in 

general (F. He et al., 2021; Saghiri et al., 2015). Hence, it is not unthinkable that in 

addition to their known effects they promote the later stages of osteogenic differentiation 

as well, thus promoting osteocyte differentiation. At least phosphate ions have already 

demonstrated to enhance osteocyte differentiation (Sai et al., 2018). 

5.6 Cell density and collagen shrinkage 

Cell density is well known to affect the osteogenic differentiation of MSCs (Bitar et al., 

2008; Noda et al., 2019). Impact of cell density on osteocyte differentiation was not 

studied here. Two different cell densities, however, were tested. Analyses of osteogenic 

differentiation were performed for hBMSCs embedded in collagen gels at a density of 

2.5 x 104 cell/ml due shrinkage of collagen hydrogel seen with higher cell density (105 

cell/ml). The phenomenon seen here is not an unusual one as rapid contraction of 

collagen in 3D cultures has been reported by others, with MSCs and osteoblasts, and it 

has been shown that collagen gel contraction becomes more rapid as cell density is 

raised (Bernhardt et al., 2019; Chieh et al., 2010; Lund et al., 2009). Collagen shrinkage 
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has also been reported with fibroblasts and chondrocytes cultured in collagen I (Jin & 

Kim, 2017; Zhu et al., 2001). It is commonly accepted that the collagen hydrogel 

shrinkage in cell cultures is due to the cell mediated collagen contraction (Chieh et al., 

2010; Zhu et al., 2001).  

The relatively low cell density used in this study could be one explanation for the lack of 

osteocytic phenotype. The cell density used here (2.5 x 104 cell/ml) was significantly 

lower than osteocyte density reported in natural bone tissue (Mullender, Meer, Huiskes, 

& Lips, 1996). Thus, the 3D microenvironment created here does not mimic the natural 

microenvironment of osteocytes in this regard. Raising cell density would probably help 

to solve the problem of lacking cell interconnectivity seen in this study, and other studies 

that aimed to differentiate osteocytes from osteoblasts (Bernhardt et al., 2019; Skottke 

et al., 2019); at least intuitively, closer proximity of cells with each other should help to 

establish cell-to-cell connections.  

Using higher cell densities has, indeed, shown to increase cell interconnectivity, and led 

to more osteocytic phenotype overall, when culturing pre-osteoblasts or osteoblasts in 

hydrogels. McGarrigle et al. compared three cell densities (0.25 x 106, 1.0 x 106, 2.0 x 

106 cells/ml) in mtgase gelatin hydrogels; the highest cell density supported osteocytic 

phenotype the best, both regarding dendrite formation and cell interconnectivity 

(McGarrigle et al., 2016). Nasello et al. embedded cells in collagen gel at two different 

densities: 2.5 x 105 and 2 x 106 cellls/ml. The higher cell density supported osteocyte 

differentiation better during 21-day culture period. Compared to the lower cell density, 

the cells had more dendritic cell morphology, and showed increased expression of DMP1 

and decreased expression bone sialoprotein 2 (BSP2), an osteoblast marker protein 

(Nasello et al., 2020). Also, with the higher density, the cells were non-proliferative which 

is characteristic for osteocytes. Spheroid culture of murine pre-osteoblast cell line also 

speaks for importance of high cell density for osteocyte differentiation (J. Kim & Adachi, 

2019). It was found that the cells in the of the spheroids had acquired osteocytic 

phenotype. The authors postulated that the osteocyte phenotype was due to the cell 

condensation that occurred in the spheroid culture (J. Kim & Adachi, 2019).; as raising 

high cell density appears to positively influence osteocyte differentiation with osteoblasts 

and pre-osteoblasts, the effect of higher cell density should be tested with hBMSCs as 

well. 

Nasello et al. cultured primary osteoblasts in collagen with quite high cell density (2 x 106 

cellls/ml) for 21 days and did not report of hydrogel shrinkage. This might be due to 

higher collagen concentration used (6mg/ml) compared to this study. This is in line other 

studies; with MSCs, fibroblasts, and chondrocytes the shrinkage of collagen has been 
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less pronounced when the collagen concentration has been raised (Chieh et al., 2010; 

Jin & Kim, 2017; Zhu et al., 2001). Increase in collagen I concentration has also been 

demonstrated to increase shear modulus and compressive modulus of collagen I gels 

(Antoine et al., 2015; Valero et al., 2018). These facts point to the conclusion that cell 

mediated collagen shrinkage is affected by the mechanical properties of the collagen 

hydrogel, which are known to be relatively weak (J. Heo et al., 2016). Thus, improving 

mechanical properties of collagen gel could help to culture BMSCs in collagen I at higher 

cell density for longer time periods without gel shrinkage. There are multiple means for 

improving the mechanical properties of collagen hydrogels, including covalent cross-

linking, alteration of collagen gelation parameters, and altering the orientation of collagen 

fibrils through different means (Sarrigiannidis et al., 2021). This could, however, be 

disadvantageous for osteocyte differentiation as lowering the substrate stiffness has 

shown to promote osteocyte differentiation (McGarrigle et al., 2016; Mullen et al., 2013). 

Shrinkage of collagen hydrogel was considered a problem in this study. There is, 

however, some evidence showing that the shrinkage of the hydrogel could actually be 

beneficial for osteocyte differentiation. For instance, hydrogels that permit cell mediated 

degradation have shown to promote osteogenesis, whereas covalently cross-linked 

hydrogel with similar stiffnesses that do not allow matrix degradation promoted 

adipogenesis (Khetan et al., 2013). Faster stress relaxation rate in collagen I hydrogels 

also has shown to induce osteogenesis (Chaudhuri et al., 2016). Also, areas with 

different arrangement of collagen in cell contracted collagen hydrogel have shown 

different stages of osteogenic differentiation and matrix mineralization (Klumpers et al., 

2013). These results imply that ability of cells to deform or reshape their surrounding 

matrix is important for osteogenic differentiation of MSCs. Collagen reorganization has 

been shown to occur during osteocyte differentiation as well. Cell mediated tissue level 

movement of collagen fibrils have been shown during the osteocyte differentiation 

(Shiflett et al., 2019). The same study showed condensation of collagen at the site of the 

mineralization. Ability of the cells to reorganize their surrounding matrix has also been 

shown to be important for the formation of cellular networks in the context of endothelial 

cells (Davidson et al., 2019). These results imply that matrix reorganization by cells could 

play a role in osteocyte differentiation and formation of osteocyte networks as well. 

Knowing this, cell mediated gel shrinkage could be seen as a solution rather than 

problem, regarding osteocyte differentiation. The shrinkage of collagen hydrogel would 

also lead to increase in cell density, and possibly to cell condensation, which are both 

shown to benefit osteocyte differentiation (J. Kim & Adachi, 2019; McGarrigle et al., 2016; 

Nasello et al., 2020; Shiflett et al., 2019). Allowing the hydrogel shrinkage would also 
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enable the usage of higher cell density with softer substrates. The hydrogel shrinkage 

would, of course, be problematic if the original size and shape of the construct must be 

maintained. But if the goal is merely to achieve osteocyte differentiation, the shrinkage 

itself would not be an issue. Many in vitro culture set-ups would also allow subsequent 

addition of cell-laden collagen to replace the shrank area of the construct. 

5.7   Future considerations 

The analyses used in this study were not sufficient to determine the exact differentiation 

state of the BMSCs embedded in collagen gels, due to limitation of the study, possible 

faulty data, and just simply due to the narrowness of the gathered data, both regarding 

quality and quantity. To confirm some of the conclusions drawn here, further analyses 

should be conducted. First, the number of viable cells should be quantified to normalize 

the data from protein detection assays, and to gain information about the proliferation 

state of the BMSCs embedded in collagen gels. Second, expression of more genes could 

be analyzed to get better picture of the differentiation state of the BMSCs; most 

comprehensive picture would be provided by RNA-seq, which could even give new 

insights on the genes involved in the different aspects of osteocyte differentiation. In 

addition to the new analyses, higher number of biological replicates should be included 

so that statistically significant results could be obtained. Also, hBMSCs from different 

donors should be analyzed, as there can be donor variability in the differentiation 

potential of MSCs (Andrzejewska et al., 2019; Robert et al., 2020).   

Even though the results in this study are not conclusive, it is obvious that the 

experimental set-up established was not sufficient to differentiate hBMSCs to osteocyte-

like-cells. Therefore, in addition to the further analyses, some modifications to the 

experimental set-up should be made in future. As discussed already, longer pre-

differentiation period, longer culture period, addition of dex to the medium composition, 

using higher cell density, and including cells at different stage of osteocyte differentiation 

to the culture set-up could be viable options to promote osteocyte differentiation.  

An important aspect that has not been yet discussed is the collagen hydrogel itself. In 

the sections 2.3, it was established that even though collagen hydrogels recapture many 

aspects collagenous tissues, but at the same time lacks some properties of natural 

collagenous tissues. There is growing evidence that close mimicry of collagen orientation 

in the natural tissues is beneficial for guiding the stem cells to differentiate towards the 

mature cell type of the respective tissue (Salvatore et al., 2021). In mature lamellar bone, 

collagen is highly organized, but in woven bone, that develops at the site of large 

fractures, collagen is randomly organized, and woven bone still includes osteocytes 
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(Kerschnitzki et al., 2011). This points to the conclusion that no highly organized collagen 

fibril network is required for osteocyte differentiation. As stated in the previous sections, 

a hydrogel resembling more mature bone does not either appear to promote osteocyte 

differentiation any better than a relatively soft, unmineralized hydrogel (Bernhardt et al., 

2019; McGarrigle et al., 2016). Modification of collagen hydrogel properties for achieving 

enhanced osteocyte differentiation should still be considered, as multiple aspects of 

collagen hydrogels, that extend to viscoelastic properties and local, cell adhesion scale, 

stiffness, have shown to affect cell differentiation and behavior (Chaudhuri et al., 2016; 

Doyle et al., 2015). Optimization of the collagen hydrogel properties can, however, be 

challenging in by due to the batch-to-batch variability seen with collagen hydrogels 

(Antoine et al., 2014).  

There is the possibility that in vitro assembled collagen matrix is not sufficient to mimic 

the environment of differentiating osteocyte, as collagen hydrogel initially lacks the NCPs 

of bone ECM that are known to regulate the collagen mineralization (de Wildt et al., 2019; 

Wittkowske et al., 2016). Correct mineralization of bone could be important for osteocyte 

differentiation as the matrix mineralization occurs simultaneously with osteocyte 

differentiation (Dallas et al., 2013; Robling & Bonewald, 2020). One approach to acquire 

collagen matrix that resembles the natural osteocyte environment could be to rely on 

cells’ own collagen deposition. Cell deposited collagen would most likely mimic the 

natural collagen better than in vitro assembled solubilized collagen. Collagen matrix 

deposition rate by cells in vitro, unfortunately, is quite low, which hampers the production 

of cell generated 3D matrices (Kumar et al., 2015). Macromolecular crowding (MMC) of 

cell culture media has shown to enhance collagen deposition by MSCs, osteoblasts, and 

fibroblasts (Kumar et al., 2015; Satyam et al., 2014; Zeiger et al., 2012). MMC led to 

increased deposition of different collagens and various NCPs as well (Kumar et al., 2015; 

Satyam et al., 2014), which goes that the cell deposited collagen matrix mimics the 

natural ECM more closely than in vitro assembled collagen hydrogels. Even if the ECM 

deposition enhanced by MMC would not be enough to create sufficient amount of ECM 

for osteocyte differentiation, it could be used as a combination with other approaches; 

for instance, to create newly synthesized matrix to replace some of the area lost due to 

cell mediated gel shrinkage. This sort of set-up where collagen is reorganized, and new 

collagen is similarly synthesized would capture the dynamicity of the natural tissue 

environment much more closely than a set-up where cells are cultured in hydrogel that 

does not go through any major reorganization. 

Another major aspect that was missing from this experimental set-up did were dynamic 

external cues that are normally present in natural tissues environment. For instance, 
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mechanical forces are known to affect cell differentiation, and external mechanical stimuli 

has shown to positively affect MSC differentiation to different cell types in vitro (Goetzke 

et al., 2018; B. Li et al., 2013). It would seem logical that this would apply for osteocyte 

differentiation as well, since osteocytes are known to sense mechanical stimuli in vivo. 

Mechanical loading has shown to upregulate earlier osteocyte markers PDPN and DMP1 

expression by osteocytes in vivo (Gluhak-Heinrich et al., 2003; K. Zhang et al., 2006). 

Similar upregulation was not seen with osteoblasts, so there is no certainty if mechanical 

loading would stimulate osteocyte differentiation of BMSCs or osteoblast. 

Compared to direct mechanical loading, applying fluid flow could be more applicable way 

to mechanically stimulate cells in vitro. It might also mimic the natural situation more 

closely, since osteocytes are proposed to sense the mechanical loading via fluid flow on 

the bone surface and in the canaliculi (Qin et al., 2020; Wittkowske et al., 2016). Fluid 

flow has already been utilized in cultures aiming for osteocyte differentiation from 

osteoblasts in 3D microbead system, and in organ-on-chip (OOC) device where primary 

osteoblasts were cultured in collagen gels (Nasello et al., 2020; Q. Sun et al., 2015, 

2017). Both platforms showed indication of osteocyte differentiation but neither studied 

the effect of the flow. Osteoblast differentiation and bone formation on the other hand 

are known to be affected by fluid flow (Wittkowske et al., 2016; Yu et al., 2017), which 

gives a reason to assume that osteocyte differentiation could also benefit from fluid flow. 

OOC devices allow the formation of fluidic flow that can both brush the surface of the 

hydrogel or the cells, but also to flow through the hydrogel at the same time (Mykuliak et 

al., 2022; J. Zhang et al., 2017). Thus, an OOC device can capture both ways by which 

the osteocytes sense fluid flow in vivo. OOC device would also allow co-culture of 

multiple cell types, either together in the same hydrogel, or in different compartments of 

the device (Wu et al., 2020), which could also help to mimic in vivo bone environment 

and possibly help to promote osteocyte differentiation, as discussed in the section 5.3. 
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7. CONCLUSIONS 

This study assessed osteocyte differentiation of hBMSCs cultured in collagen I 

hydrogels. Some indications of osteocyte differentiation were seen; the cells showed 

positive staining for osteocyte marker DMP1, and had formed some dendritic processes, 

that are characteristic for osteocyte phenotype. However, the experimental set-up 

established in the present study was not sufficient for differentiating mature osteocytes 

from hBMSCs, as evident by the lack of sclerostin expression and osteocyte morphology, 

and a gene expression profile that is uncharacteristic for osteocytes. 

Based on the underlying biology and earlier studies of osteocyte differentiation, culturing 

hBMSCs in collagen I hydrogel is still a potential way for acquiring osteocyte-like cells. 

Modifications to the current culture set-up could help to enhance the osteocyte 

differentiation. Based on the present study, osteogenic pre-differentiation step in 2D 

culture, and addition of S53P4 extract in the culture medium potentially enhance 

osteocyte differentiation. Based on literature, higher cell density could also benefit 

osteocyte differentiation. It is also obvious that the environment provided by in vitro 

assembled collagen I does not capture the environment of differentiating osteocyte; in 

vitro collagen may differ regarding the fibril organization and most likely does not have 

the same degree of covalent cross-linking as in vivo assembled collagen I. Also, other 

components essential for bone ECM organization, such as NCPs and other collagen 

types, are missing from collagen I hydrogels. Therefore, more effort should be put on 

developing a collagen matrix that mimics the environment of differentiating osteocyte. 

Ability of cells to reorganize their surroundings and to produce new ECM could also be 

utilized for achieving natural environment for osteocyte differentiation. This approach 

could also better recapture the dynamic interactions between the differentiating 

osteocytes and their environment. 

Including other cell types and external mechanical stimuli to the culture set-up should 

also be considered as they are an integral part of osteocyte environment and have shown 

to affect differentiation of MSCs. Culturing hBMSCs in collagen hydrogel in an OOC 

device could be a potential platform for future osteocyte differentiation studies, as it 

would allow the incorporation of the forementioned elements to the cell culture set-up.  
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