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Mitochondria are the powerhouses of cells; however, mitochondrial dysfunction
causes energy depletion and cell death in various diseases. The altered oxidative phospho-
rylation and ion homeostasis are associated with reactive oxygen species (ROS) produc-
tion, resulting from the disassembly of respiratory supercomplexes and electron transfer
chain disruption [1]. In pathological conditions, the dysregulation of mitochondrial home-
ostasis promotes Ca2+ overload in the matrix and ROS accumulation, which induce the
mitochondrial permeability transition and pore formation responsible for morphological
mitochondrial changes [2] linked to membrane dynamics, and ultimately, cell death.

The Special Issue, entitled “Impaired Mitochondrial Bioenergetics under Pathological
Conditions”, includes 19 contributions, among which 5 are research articles and 14 are
reviews. This research topic aimed to shed further light on the role of altered bioenergetics
in diseases, a paramount argument in both basic and medical research. The energy trans-
duction system has a supramolecular structure in order to better meet the bioenergetic
demand of cellular activities.

Herein, the biochemical machinery alterations of oxidative phosphorylation (OX-
PHOS), hosted by the inner mitochondrial membrane, responsible for mitochondrial dys-
functions, and involved in several neurodegenerative and age-related diseases, have been
discussed by considering: (i) the physio(patho)logical role of respiratory supercomplexes
and (ii) the bifunctional features of ATP synthase as a life and death enzyme [3]. The
structures of the mitochondrial electron transport chain in different supercomplexes (SCs)
are all characterized by the presence of Complex III. Rugolo et al. highlight the genetic
alterations that hinder the assembly of Complex III, which cause noticeable perturbation
of the SCs architecture associated with several significant metabolic disturbances [4]. In
mammalian mitochondria, Complex I is the largest respiratory complex, with 31 additional
supernumerary subunits. Even if the accessory subunits are not necessary for enzyme
activity, Zickermann’s group and Vik’s group discuss the mutations in these subunits
which modify the Complex I assembly and lead to detrimental enzyme activity associated
with many mitochondrial disease states [5,6]. A novel mutation of human mtDNA in the
ATP6 gene has detrimental consequences on ATP synthase on yeast, with a pathogenicity
resembling that which compromises human health [7]. However, altered expression of
nuclear and mitochondrial genes of the ATP synthase is associated with neurodegenerative
diseases and other age-related diseases in humans [8]. Indeed, Pamplona’s group report
that ageing and the alteration of mitochondrial oxidative stress and lipid metabolism repre-
sent a positive loop in the progression of Alzheimer’s diseases [9]. Neurodegeneration and
primary mitochondrial diseases, triggered by a defective respiratory chain, comprise im-
paired respiratory complex assembly and function. However, Needs et al. [10] consider that
mitochondrial protein import is important for normal organelle physiology and observed
an interlink with the regulation of respiratory complex assembly and function in human
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diseases. Moreover, in the paper by Franco et al., the human mitochondrial disorders that
affect the OXPHOS activity have been suggested to be studied by using the Saccharomyces
cerevisiae as a model to gain an understanding of the underlying molecular consequences
of pathogenic mutations in mitochondria [11].

Ageing-related diseases are supported by mitochondrial-mediated regulated and pro-
grammed cell death in the myocardial structure, which promotes the development of heart
failure [12]. Pinton’s group examines the disequilibrium in mitochondrial bioenergetics
that leads to unbalance of the energy consumption/generation with increasing age and the
imbalance in mitochondrial dynamics as impaired conditions in the failing heart [13]. Struc-
tural integrity and the coordination of mitochondrial enzyme activity in energy metabolism
and redox homeostasis is also ensured by mitochondrial phospholipid cardiolipin (CL).
However, diabetic cardiomyopathy and heart failure are cardiomyopathies described in
Barth syndrome, a dysfunctional CL disease [14].

In metabolic diseases arising with age, mitochondrial ROS production might have a
key role in inflammaging. Exercise induces improvements in mitochondrial function limit-
ing ROS production by reducing inflammation and ensuring an adaptation of immune cell
metabolism to fight against virus infection [15]. Indeed, Elesela and Lukacs consider that
viruses exploit mitochondrial dynamics to induce negative impacts on the cell metabolism
and promote viral life processes during infection [16]. The mitochondrial shaping and
mitochondrial ROS production and release provide an intricate vicious circle, subject to
maintaining physiological states or contributing to pathological conditions [17].

The accumulated evidence of cell bioenergetics of different tissues highlights a corre-
lation with the pathogenesis of type 2 diabetes. In particular, mitochondrial dysfunction
is related to the coupling mechanism of metabolism and the exocytosis of insulin and
glucagon in diabete [18]. An increased risk of developing diabetes mellitus is found in
patients with the m.3243A>G mutation, and excessive palmitate showed a negative ef-
fect on respiratory rates, promoting insulin resistance [19]. Therefore, measurement of
mitochondrial bioenergetics by a new frozen respirometry protocol utilizing non-invasive
analysis might facilitate the clinical monitoring of mitochondrial function in samples col-
lected at remote sites [20]. In addition, mitochondrial oxidation and substrate oxidation
measurement by in vitro myopathy assays was also considered a prognostic method for
use on equine muscle biopsies [21].

In summary, studies on impaired mitochondrial bioenergetics in pathology could
provide molecular tools to counteract diseases associated with mitochondrial dysfunctions.
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Abstract: Mitochondrial bioenergetic function is a central component of cellular metabolism in
health and disease. Mitochondrial oxidative phosphorylation is critical for maintaining energetic
homeostasis, and impairment of mitochondrial function underlies the development and progression
of metabolic diseases and aging. However, measurement of mitochondrial bioenergetic function can
be challenging in human samples due to limitations in the size of the collected sample. Furthermore,
the collection of samples from human cohorts is often spread over multiple days and locations, which
makes immediate sample processing and bioenergetics analysis challenging. Therefore, sample
selection and choice of tests should be carefully considered. Basic research, clinical trials, and
mitochondrial disease diagnosis rely primarily on skeletal muscle samples. However, obtaining
skeletal muscle biopsies requires an appropriate clinical setting and specialized personnel, making
skeletal muscle a less suitable tissue for certain research studies. Circulating white blood cells and
platelets offer a promising primary tissue alternative to biopsies for the study of mitochondrial
bioenergetics. Recent advances in frozen respirometry protocols combined with the utilization of
minimally invasive and non-invasive samples may provide promise for future mitochondrial research
studies in humans. Here we review the human samples commonly used for the measurement of
mitochondrial bioenergetics with a focus on the advantages and limitations of each sample.

Keywords: bioenergetics; fibroblasts; frozen tissue; leukocytes; mitochondria; oxygen consumption;
platelets; respirometry; skeletal muscle

1. Introduction

Mitochondrial function is essential to meet energy demand and coordinate cellular
function. Mitochondria are often referred to as the powerhouse of the cell. However, in
addition to converting nutrients into energy that can be used by the cell, mitochondria
also play an important role in intercellular signaling, calcium buffering, biosynthesis, and
apoptosis [1]. Consumed nutrients get broken down into small molecules that can be used
either to enter catabolic or anabolic processes. In the catabolic processes, nutrients break
down into small molecules that are used to fuel the mitochondrial electron transport chain
(ETC) to either produce adenosine triphosphate (ATP) through oxidative phosphorylation
(OXPHOS) or generate heat. On the other hand, the anabolic processes involve building up
molecules that can be used by the cells as storage or for structural purposes. The balance
between catabolism and anabolism defines the metabolic signature in every tissue [2–5].
Therefore, mitochondrial metabolism is critical for maintaining energetic homeostasis and
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mitochondrial dysfunction promotes the development and progression of metabolism- and
aging-related disorders.

Mitochondrial diseases are genetically inherited, clinically heterogeneous disorders
mainly affecting post-mitotic tissues with high energy demand, such as the brain, heart,
and skeletal muscle. Since symptoms are varied, affecting multiple organs in the body,
diagnosing mitochondrial disease can be challenging. Genetic testing (Figure 1) is the most
reliable way to diagnose and categorize a mitochondrial disorder but requires the right
choice of starting material and sequencing technique [6]. Specifically, for mitochondrial
deoxyribonucleic acid (mtDNA) encoded diseases, the variability observed by mutational
heteroplasmy and copy number in different tissues needs to be considered. A negative
genetic result does not exclude a mtDNA-related disorder and sampling of tissues such
as the urinary tract and buccal epithelial cells or skeletal muscle is often needed. More-
over, some mtDNA variants, specifically deletions and depletion-causing mutations, are
detectable only in the high-energy demand affected tissue [7]. Therefore, even with genetic
testing available, molecular diagnosis often requires functional characterization. For that,
muscle biopsy is the gold standard sample to perform enzymatic activities and/or histology
in clinical settings. In research, besides the use of muscle biopsies, skin biopsy-derived
fibroblasts are also used for functional characterization of mitochondrial disorders with
newly discovered mutations and genes. In this case, assessing the ETC function is required
for analysis of mitochondrial-dependent cell metabolism with measuring oxygen consump-
tion, namely respirometry, as the gold standard measurement of mitochondrial function.
Respirometry provides an integrated measurement of oxidative mitochondrial metabolism.
Platforms and applications for measuring respiration in fresh samples are well established
and have been extensively described and reviewed [8–24].

However, measuring respiration in primary tissue samples from humans can be
challenging given that a muscle biopsy may not be accessible, sample amount may be
limiting, and, when measuring respiration using the traditionally established protocols,
there is the limitation that fresh tissue and extensive processing is required. This is due
to the fact that freeze-thawing samples damages membranes resulting in cytochrome c
release from the mitochondrial intermembrane space, which makes the electron transport
chain inefficient as cytochrome c is an essential electron carrier. In addition, damage to
mitochondrial membranes causes respiration to uncouple energy production. For these
reasons, respirometry must be performed quickly and is done primarily on-site, which
limits the use of respirometry as a diagnostic approach, for use in clinical trials, and
in previously frozen samples stored in biobanks. These limitations make translational
mitochondrial research challenging and largely unfeasible on a large scale. To address these
challenges, new approaches are emerging to make use of existing samples for respirometry
and use less invasive samples, which will be discussed later in this review.

6
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Figure 1. Overview of human samples and bioenergetic assessment used for clinical diagnosis and research. The primary
approach for medical diagnosis of mitochondrial disorders (green boxes) is genetic testing of non-invasive or minimally
invasive samples. Follow-up testing may be required in skeletal muscle biopsies when additional molecular characterizations
are needed for diagnosis or to determine the extent of mitochondrial dysfunction. These include histology and biochemical
analysis. For mitochondrial function evaluation in research (purple box), skeletal muscle, primary fibroblasts, and circulating
blood samples are routinely used for molecular and biochemical analysis, histology, and bioenergetic testing. Further
optimization and development of non-invasive samples may provide a future path for expanding bioenergetics research in
human subjects to include large-scale population studies and clinical trials. Created with BioRender.com on 10 August 2021.

2. Materials and Methods

2.1. Cell Culture

Lymphoblastoid cell lines were cultured according to the manufacturer’s instructions
in Roswell Park Memorial Institute (RPMI)-1640 medium supplemented with 2 mM glu-
tamine and 15% fetal bovine serum (FBS). Frozen LCLs went through three freeze-thaw
cycles with liquid nitrogen before use in enzymatic assays or respirometry. Lymphocytes
were cryopreserved and did not require cell culture. Thawed lymphocytes were treated
with 0, 0.1, 0.5, or 1 µM rotenone for 10 min and then frozen at −80 ◦C.

2.2. Material and Reagents

Table 1 presents all the reagents with the associated supplier and catalog number that
were used to generate data for this review.
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Table 1. Vendor and catalog number information for reagents used in the proof of concept assays completed for this review.

Reagent Supplier Catalog Number

Acetyl-CoA Sigma A2181
Adenosine 5′Diphosphate (ADP) Sigma A5285

ATP Sigma A26209
Alamethicin Sigma A4665

Antimycin A (AA) Sigma A8674
Ascorbic Acid (Asc) Fisher A61-100

Azide Sigma S8032
Coenzyme Q1 Sigma C7956
Cytochrome c Sigma C2506

Dulbecco’s Modified Eagle Medium (DMEM) Sigma D5030
5,5-dithiobis(2-nitrobenzoic acid) (DTNB) Sigma D218200

Ethylene glycol-bis(2-aminoethylether)- N,N,N’,N’-tetraacetic acid (EGTA) Sigma E4378
FBS Corning 35010CV

Carbonyl cyanide p-trifluoromethoxyphenylhydrazone (FCCP) Enzo BML-CM120
Glucose Sigma G5767

Glutamine Gibco 25030081
4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES) Gibco 15630080

Reduced nicotinamide adenine dinucleotide (NADH) Sigma N8129
Magnesium Chloride Sigma M0250

Mannitol Sigma M9546
MitoTracker Deep Red (MTDR) Invitrogen M22426

Oligomycin (Oligo) Sigma 495455
Oxaloacetic acid Sigma O4126

Phosphate Buffered Saline (PBS) Gibco 14190250
Poly-D-Lysine Sigma P6407

Potassium cyanide Sigma 60178
Potassium phosphate Sigma P5655

RPMI-1640 Gibco 11875119
Rotenone (Rot) Sigma R8875

Sodium Pyruvate Gibco 11360070
Succinic Acid (Succ) Sigma S9512

Sucrose Sigma S0389
N, N, N’, N’-tetramethyl-p-phenylenediamine (TMPD) Sigma 87890

XF plasma membrane permeabilizer (XF PMP) Agilent 102504-100

2.3. XF96 Extracellular Flux Analysis in Fresh and Frozen Cells

In all respirometry assays, lymphocytes and LCLs were spun down on poly-d-lysine-
coated plates on the day of the assay. LCLs were plated at 200,000 cells per well and
lymphocytes were plated at 400,000 cells/well. Cells were added to the plate at a total
volume of 175 µL per well and centrifuged at 400× g for 5 min with no break. Table 2
presents the mitochondrial-targeted compounds and substrates used and the associated
mechanism of action.

2.3.1. Intact Cell Respirometry

Intact lymphocytes respirometry was measured in a DMEM assay medium containing
5 mM glucose, 2 mM glutamine, 1 mM pyruvate, and 5 mM HEPES. Injections resulted
in a final concentration of 2 µM oligomycin from Port A, 3 µM FCCP from Ports B and
C, and 2 µM antimycin A and rotenone from Port D. Measurements included three basal
measurements, three measurements after injection of oligomycin, four FCCP measurements,
and three antimycin A and rotenone measurements. Respiration measurements were
conducted with four technical replicates.
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Table 2. The mitochondrial compounds/substrates used to investigate mitochondrial function in fresh and frozen samples.
The compounds used to measure mitochondrial respiratory function and their corresponding functions are listed. Abbre-
viations: ADP: Adenosine diphosphate; ATP: Adenosine triphosphate; CI: Complex I; CII: Complex II; CIII: Complex III;
CIV: Complex IV; CV: Complex V; ETC: Electron transport chain; NADH: Reduced nicotinamide adenine dinucleotide;
OXPHOS: Oxidative phosphorylation; TMPD: N, N, N’, N’-tetramethyl-p-phenylenediamine.

Mitochondrial Compound/Substrate Function

ADP Induce State 3, ADP-stimulated respiration
ATP Induce Complex V (CV) hydrolysis in uncoupled mitochondria

Alamethicin Permeabilize the mitochondrial inner membrane
Antimycin A Complex III (CIII) inhibitor

Ascorbate Maintains TMPD in the reduced state
Azide Complex IV (CIV) inhibitor

Cytochrome c Soluble component of ETC; added to replace the cytochrome c that is lost with freezing
FCCP Chemical uncoupler of OXPHOS to measure maximal respiration

NADH Complex I (CI) substrate
MitoTracker Deep Red Fluorescent dye to measure mitochondrial content

Oligomycin CV inhibitor
Rotenone CI inhibitor

recombinant perfringolysin O (rPFO) or XF PMP Permeabilize the plasma membrane
Succinate Complex II (CII) substrate

TMPD Electron donor to cytochrome c/CIV

2.3.2. Permeabilized Cell Respirometry

Permeabilized lymphocytes respirometry was measured in Mitochondrial Assay Solu-
tion (MAS) (70 mM Sucrose, 220 mM Mannitol, 5 mM KH2PO4, 5mM MgCl2, 1 mM EGTA,
2 mM HEPES; pH 7.2) containing 4 mM ADP, 2 µM rotenone, 5 mM succinate, and 5 nM
XF PMP. Cells were spun down in Seahorse assay medium and then washed twice with
MAS before adding MAS supplemented with ADP, succinate, rotenone, and XF PMP. Cells
were incubated at 37 ◦C for 10 min before initiating the respirometry assay with the per-
meabilized cells starting in State 3 respiration. Injections resulted in a final concentration
of 2 µM oligomycin from Port A, 1 µM FCCP from Port B, and 2 µM antimycin A and
rotenone from Port C, and 0.5 mM TMPD and 1mM Asc from Port D. Measurements
included three State 3 measurements, three measurements after injection of oligomycin,
two FCCP measurements, two antimycin A and rotenone measurements, and three mea-
surements after injection of TMPD/Asc. Respiration measurements were conducted with
four technical replicates.

2.3.3. RIFS

Respirometry in previously frozen lymphocytes was measured in MAS. Cells were
resuspended and spun down in 20 µL of unsupplemented MAS. The samples were cen-
trifuged at 2100× g for 10 min and stopped without a break. The samples were brought
to a final volume of 150 µL with MAS supplemented with 10 µg/mL cytochrome c and
2.5 µg/mL alamethicin. Injections resulted in a final concentration of either 2 µM rotenone
and 5 mM succinate or 1 mM NADH from Port A, 2 µM antimycin A and rotenone from
Port B, 0.5 mM TMPD and 1mM Asc from Port C, and 50 mM sodium azide from Port D.
Measurements included one measurement before injection of substrates (NADH or succi-
nate and rotenone), two maximal respiration measurements after injection of substrates,
two measurements after injection of antimycin A and rotenone, two TMPD/Asc mea-
surements, and two measurements after inhibition of CIV with azide. Respiration was
measured in triplicate.

2.3.4. Complex V ATP Hydrolysis Assay

ATP hydrolysis was measured in frozen samples in MAS. Cells were resuspended and
spun down in unsupplemented MAS (20 µL of cell suspension). After spinning the cells in
the XF96 plate 130 µL MAS containing 5 mM succinate plus 2 µM rotenone was added per
well. Injections resulted in a final concentration of 2 µM antimycin A from Port A, 10 mM
ATP plus 1 µM FCCP from Port B and C. Port B and C are injected consecutively to assess
maximal ATP concentration. Measurements included two measurements before injection
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of Port A, two measurements after injection of Port A and three maximal ATP hydrolytic
activity (ECAR) after injection of Port B/C. Respiration was measured in triplicate.

2.4. MitoTracker Deep Red in Frozen Cells

Cells were stained with 500 nM MTDR in PBS for 10 min in a black 96-well plate
imaging plate. Cells were then washed with PBS to remove the MTDR. Fluorescence
intensity was measured from the bottom of the plate in a Tecan Spark 10 M Multimode
Plate Reader using an excitation wavelength of 633 nm and an emission wavelength
of 678 nm.

2.5. Enzymatic Assays in Frozen Cells

2.5.1. Complex I Activity

CI activity was measured in cell lysates following NADH oxidation at 340 nm as
described previously [25].

2.5.2. Citrate Synthase Activity

Citrate synthase activity was performed in cell lysates using DTNB, as described in [5].

2.6. Statistical Analysis

Assays were run as proof of concept that the RIFS protocol is comparable to traditional
CI spectrophotometric assays and only run in one independent experiment. Therefore,
statistics were not performed on the data.

3. Gold Standards: Human Samples for Assessment of Mitochondrial
Bioenergetic Function

3.1. Bioenergetics Testing in Mitochondrial Disorders

Impaired oxidative phosphorylation is a hallmark of mitochondrial disorders with
progressive clinical manifestations that can vary from single organ to multisystem disorders,
often affecting organs with high energetic demands [26]. Mitochondrial diseases have
an estimated prevalence of one in 4300 adults, making them the most common inherited
metabolic disorder [27–30]. Defects in CI are the most commonly observed respiratory
chain disorder [31–33], making the complex a good candidate for bioenergetic testing.

In patients suspected to have mitochondrial disorders, genetic testing and metabolic
screening are recommended before biochemical assays to evaluate mitochondrial func-
tion due to the precision in categorizing and less-invasive nature of these measurements.
Analyte testing of blood, urine, or even cerebrospinal fluid (CSF) in specific cases, for pyru-
vate, lactate, amino acids, creatine kinase, and carnitine, can provide information about
alterations in metabolism in these patients and provide a biochemical metabolic signature
of mitochondrial disease [34,35]. Additionally, pathogenic variants in over 400 genes,
both mitochondrial and nuclear, have been identified as contributors to mitochondrial
disorders [26]. Pathogenic mutations in mtDNA and nuclear DNA (nDNA) can be used to
confirm primary mitochondrial disease due to abnormal OXPHOS function. A genetics-first
approach has been facilitated by the availability of exome and whole genome sequencing
that has improved the identification of mitochondrial disease genes diagnosis [36–38]. Iden-
tification of nuclear mitochondrial disease genes are also used to diagnose mitochondrial
dysfunctions [39–42]. Secondary mitochondrial dysfunction, which can be influenced by
environmental factors in addition to genetic mutations, adds a further level of complexity
and can lead to metabolic and neurodegenerative diseases [43]. While advances in sequenc-
ing have made rapid diagnosis possible in a large number of patients, mtDNA or nDNA
mutations cannot always be identified even in the presence of a clinical mitochondrial
phenotype. Therefore, tissue testing for functional validation may still be necessary [42,44].

Functional, biochemical assays to detect alterations in enzymatic activity, respiration
capacity, or ATP synthesis in primary tissue can be used to confirm mitochondrial defects
as well as histopathology and mtDNA copy number measurement. However, it is impor-
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tant to note that these assays cannot distinguish between primary defects in OXPHOS
enzymes and secondary mitochondrial dysfunctions. Measurement of respirometry and
ATP synthesis requires fresh tissue since freezing will disrupt the inner mitochondrial mem-
brane and uncouple oxygen consumption from ATP synthesis. Given the need for same
day processing and assaying, the expertise required to run these samples, and limitations
in the availability of tissue, bioenergetic alternatives to respirometry and ATP synthesis
measurements can be run in frozen samples, such as enzymatic assays measuring ETC
complex activities.

Although the electron transport chain and ATP synthesis uncouple when samples are
frozen, the mitochondrial electron transport complexes remain structurally intact and func-
tional [45,46]. For that reason, a common method used to assess mitochondrial function
in frozen samples has been to measure spectrophotometric enzymatic assays that provide
information on the activity of individual ETC complexes or the combination of CI + CIII or
CII + CIII. The protocols to measure enzymatic activities often use supraphysiological con-
centrations of some reagents and non-physiological electron donors and acceptors. Table 3
provides an overview of assays to measure enzymatic activities in mitochondria. Although
these measurements were successfully used in a relatively high-throughput manner to
diagnose primary mitochondrial diseases, namely diseases caused by a primary defect in
electron transport chain function [47–49], they cannot provide a single measurement of the
coordinated function of the electron transport chain function working at more physiological
rates. Taken together, these observations suggest that spectrophotometric assays might be
less sensitive to detect defects in mitochondrial architecture and complex ultrastructure,
such as the ones associated with secondary mitochondrial dysfunction. However, since the
integrated measurement of mitochondrial respiration or ATP synthesis is often unfeasible
in these samples these assays provide a useful alternative.

Table 3. Spectrophotometric approaches to measure mitochondrial enzymatic activities for assessment of mitochondrial
bioenergetic function. The table presents the metabolic enzyme of interest, the metabolic pathway the measurement would
evaluate, and methodology references. Abbreviations: ATP: Adenosine triphosphate; CI: Complex I; CII: Complex II;
CIII: Complex III; CIV: Complex IV; DH: Dehydrogenase; ETC: Electron transport chain; NADH: Reduced nicotinamide
adenine dinucleotide; OXPHOS: Oxidative phosphorylation; TCA: Tricarboxylic acid cycle.

Enzyme Metabolic Pathway References

CI: NADH/CoQ1 Oxidoreductase ETC, OXPHOS [50,51]
CII: Succinate DH ETC, OXPHOS, TCA [25,50,51]

CIII: Coenzyme Q: Cytochrome c—oxidoreductase ETC, OXPHOS [50,51]
CIV: Cytochrome c oxidoreductase ETC, OXPHOS [50,51]

Combined CI + CIII ETC, OXPHOS [51]
Combined CII + CIII ETC, OXPHOS [51]

Combined CI + CIII + CIV ETC, OXPHOS [52]
CV: ATP hydrolysis ETC, OXPHOS [53,54]

Creatine kinase ATP homeostasis [55]
Adenylate kinase ATP homeostasis [55]
Citrate synthase TCA [50,51]

α-ketoglutarate DH TCA [56,57]
Isocitrate DH TCA [58]

Malate DH TCA [55–57]
Aconitase TCA, Redox balance [50,56,59]

Manganese Superoxide dismutase (MnSOD) Redox balance [60]
Nicotinamide nucleotide transhydrogenase Redox balance [61–63]

Catalase Redox balance [56]
Glycerol-3 phosphate DH Glycerophosphate shuttle [25,51]

Pyruvate DH Glucose and Fatty acid oxidation [64]
β-Hydroxyacyl CoA DH Fatty acid oxidation [50,55]

Short-chain hydroxyl-acyl-CoA DH Fatty acid oxidation [58,65,66]
β-hydroxybutyrate DH Ketone body [67–69]

Hexokinase Glucose metabolism [55,70]
Arginase Urea cycle [71]
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3.2. Skeletal Muscle Biopsies

Muscle biopsies have long been the gold standard for investigating changes in mi-
tochondrial function via respirometry in human samples [9,18]. Measurements of mito-
chondrial function can be performed in intact muscle fibers, permeabilized muscle fibers,
or isolated mitochondria from muscle biopsies [13,18]. Skeletal muscle biopsies provide a
terminally differentiated, post-mitotic sample that requires less mtDNA replication and
may maintain stable levels of mtDNA heteroplasmy compared with mitotic cells [72–74].
Skeletal muscles have both high energy demand and mitochondrial content making skele-
tal muscle a valuable primary tissue sample to measure mitochondrial respiration and
ATP synthesis. Measuring respiration in muscle fibers offers the ability to probe specific
complexes of the ETC, providing information about underlying mechanisms of altered
mitochondrial function. As mentioned previously, mitochondrial bioenergetics can also
be assessed in these samples through spectrophotometric assays to measure different
metabolic pathways (Table 3) and, in the case of citrate synthase, provide a measure of
mitochondrial content. Histology can provide information about mitochondrial structure
and bioenergetics through commonly used stains such as modified Gomori trichrome
(muscle structure, mitochondrial accumulation, and ragged red fiber), cytochrome oxidase
(CIV), succinate dehydrogenase (CII, nDNA encoded), and NADH dehydrogenase (CI), as
well as stains to assess intramuscular lipid accumulation [75].

While a wealth of mitochondrial information can be gained from skeletal muscle,
this technique can be invasive and not available outside clinical settings or the amount of
material obtained can be limiting depending on the technique used [75,76]. For example,
open biopsies that require a clinical setting are invasive but provided plenty of material
while needle biopsies are less invasive, but the amount of sample obtained may be limiting.
While a needle biopsy does not require an operative setting, it does require local anesthesia,
sterile conditions, and some specialization to obtain the sample [75,77]. Therefore, there
has been a push towards the use of more accessible samples with the development of new
techniques. To that point, in vivo, non-invasive applications to measure mitochondrial
respiratory capacity are available, such as near-infrared spectroscopy (NIRS), which corre-
sponds with the high-resolution respirometry in muscle biopsies [78]. While the use of this
and other in vivo techniques is suitable to study human mitochondrial function, there is
still a need for more specific, higher throughput techniques that require less expertise to
run for use in translational research studies and clinical applications.

While testing of muscle biopsies was considered the gold standard, before the ge-
nomics era, to measure mitochondrial bioenergetic function and diagnosis of primary mito-
chondrial disease [79], alternative methods would be preferentially useful for diagnosis
and research when genetic screening is not enough for categorization of the deficiency [80].
Identifying suitable alternatives to muscle biopsies and systemic biomarkers of mitochon-
drial function has become a major research focus. This is due to the fact the evaluation of
mitochondrial bioenergetic function remains an important parameter for basic research
and, in some cases, diagnosis, as a way to determine the extent of mitochondrial dys-
function. Functional readouts of mitochondrial bioenergetics also have applications for
translation research and for clinical trials where genetic monitoring may not provide a
suitable alternative.

3.3. Human Fibroblasts

Fibroblasts from human patients can be generated from minimally invasive samples
(1 mm punch skin biopsies) and maintain DNA mutations, although heteroplasmy is not
necessarily maintained with passages, and cumulative cellular damage [81]. Respirometry
measurements are straightforward in fibroblasts across multiple platforms [82–84]. Table 4
provides a general overview of the advantages and limitations of measuring mitochondrial
bioenergetics in intact cells, permeabilized cells, and isolated mitochondria, all of which
can be utilized in fibroblasts.
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Table 4. Advantages and disadvantages of respirometry measurements in intact and permeabilized cells and isolated mitochondria. Adapted from [12]. Abbreviations: ETC: Electron
transport chain; OCR: Oxygen consumption rate.

Intact Permeabilized Isolated Mitochondria

Advantages

• Greater physiological context
• Cellular control of metabolism/nutrient preference
• Intact mitochondrial architecture
• Information for oxygen consumption rate (OCR)

and glycolysis can be obtained simultaneously
• Limited material needed

• Experimental control of substrates
• Mechanistic analysis of ETC and mitochondrial

metabolism
• Native intracellular environment
• Intact mitochondrial architecture
• Limited material needed

• Experimental control of substrates
• Extra-mitochondrial metabolism does not limit O2

consumption
• Mechanistic analysis of ETC and mitochondrial metabolism
• Reproducible, robust OCRs with high dynamic range
• Normalizing to total protein should normalize for

mitochondrial content

Drawbacks

• Cell culture conditions, confluence, and
experimental media influence outcomes

• Less mechanistic insight
• May be more difficult to interpret since so many

processes can alter OCR
• Changes in OCR could reflect changes in

mitochondrial content
• Normalization is required

• No cellular control of metabolism/nutrient
preference

• Careful titration of permeabilizing agent
required

• Changes in OCR could reflect changes in
mitochondrial content

• Normalization is required

• No cellular control of metabolism/nutrient preference
• Loss of intracellular environment
• Loss of mitochondrial morphology
• Isolation procedure can damage mitochondria
• Selection bias
• More starting material required
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Fibroblast cell respirometry has been reported to be a faster and more sensitive mea-
sure of electron transport chain defects than traditional spectrophotometry enzymatic
assays [85]. In a study of Leigh and Leigh-Like Syndrome patients, respirometry was able
to detect impairment in the mitochondrial respiratory chain in 50% of patients that could
not be identified with measuring individual ETC complex activities alone [84]. This study
demonstrates that detection of causative mutations, biochemical, and respiratory defects
vary between individuals and that using combinations of these approaches has the best
diagnostic rates. Additionally, enzymatic impairment is not always consistent between
muscle biopsies and fibroblasts, suggesting that testing multiple samples, when possible,
is the best practice.

Patient fibroblasts provide an important research tool to measure mitochondrial
bioenergetics as well as a full characterization of mitochondria including, but not lim-
ited to, mitochondrial morphology, turnover, and in-depth analysis of mitochondrial
metabolism [86,87]. For research purposes, commercially available fibroblasts can be ob-
tained for different mitochondrial disorders and diseases of aging. This makes it possible
to better understand the full range of mitochondrial impairment caused by certain muta-
tions or in particular diseases. It also opens up the ability for pre-clinical assessment of
mitochondrial function in these cells in response to interventions, such as compound treat-
ments. Fibroblasts can present the metabolic signatures observed in mitochondrial disease
patients, such as a metabolic shift from oxidative phosphorylation to increased glycolysis
for ATP synthesis [88,89]. Therefore, these cells can be a particularly important tool to test
compounds that are not expected to improve mitochondrial function in healthy, control
cells but only under mitochondrial dysfunction. Compound testing in fibroblasts can
facilitate determining compound effects on metabolically stressed cells without needing to
use exogenous stressors such as calcium, reactive oxygen species (ROS), or mitochondrial
inhibitors that can be difficult to titrate and often have narrow exposure windows between
impaired function and apoptosis.

Considerations for Utilizing Fibroblasts for Respirometry Studies

Given that fibroblasts proliferate in culture, the amount of sample is not limited to the
same extent as with tissue biopsies. However, some considerations arise from measuring
metabolism in cultured fibroblasts. In vitro culture conditions, such as the amount of
glucose in the culture medium, have been shown to change cellular metabolism across
multiple cell lines including fibroblasts [90–94]. Costa et al. demonstrate that culturing
fibroblasts in low glucose conditions, a more physiological condition than standard high
glucose conditions, results in remodeling of the mitochondrial network and a push towards
a more oxidative phenotype without causing an extensive metabolic reconfiguration of
substrate preference compared with high glucose cultured cells [95]. On the other hand,
growing cells in galactose cause both mitochondrial and metabolic remodeling resulting in
increased oxygen consumption rates, ATP levels, and mitochondrial biogenesis. Galactose
culturing is a useful approach for screening for drug-induced mitochondrial toxicity as it
increases sensitivity to mitochondrial respiratory chain inhibitors [96]. Galactose culturing
can also improve the testing of interventions that increase mitochondrial bioenergetic
function by preventing compensatory ATP synthesis through glycolysis [97]. There are
additional considerations besides media composition, for example, modifying the culturing
oxygen concentration has been shown to increase the in vitro lifespan of fibroblasts [98].
Therefore, it is important to consider the conditions under which fibroblasts are grown
and how these conditions could affect mitochondrial function and metabolism when
investigating mitochondrial phenotypes in vitro.

Furthermore, when utilizing primary fibroblasts it is important to consider population
doubling time as these cells have limited proliferative capacity and will become senescent
over time [99]. Indeed, human skin fibroblasts display hallmarks of aging senescence and
are used as a model of aging in vitro [100–102]. However, changes in fibroblast metabolism
with increasing passage numbers have technical implications for the experimental use of
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these cells for the investigation of mitochondrial function. Glucose uptake and lactate
production increase with fibroblast population doublings, which is consistent with a switch
towards glycolysis as cells become senescent [103,104]. Senescent fibroblasts also display
changes in mitochondrial bioenergetics with increased mitochondrial membrane potential
heterogeneity, a decreased respiratory control ratio, and uncoupling of mitochondrial
respiration from ATP synthesis without changes in total respiratory capacity [105]. There is
also evidence that mitochondrial content increases in senescent fibroblasts [100]. However,
this may represent compensation for increased cell volume that occurs during senescence
and not necessarily a change in mitochondrial density [105]. Subculturing of fibroblasts
can also induce shifts in mitochondrial heteroplasmy in cells with mtDNA mutations [106].
Taken together, these data highlight the importance of considering passage doubling when
using fibroblasts as a model for studying mitochondrial function and comparing across
similar passage numbers.

Primary fibroblasts represent the biological and chronological age of the subjects from
which they are derived [81,107]. Fibroblasts derived from old subjects display slower
proliferation rates and alterations in mitochondrial function and metabolism compared
with fibroblasts from young subjects [107–109]. Therefore, a final consideration for using
fibroblasts for investigating mitochondrial function is what control should be used for
patient cells including considerations of age, sex, and genetics. Age and sex-matched fibrob-
lasts should be used as controls and, whenever possible, those cells should be derived from
a relative, such as an unaffected sibling, to better control for genetic differences between
the patient and control fibroblasts. Another option is to generate isogenic controls using
the corrected disease-causing mutation, for example by clustered regularly interspaced
short palindromic repeats (CRISPR)—associated protein 9 (CRISPR-CAS9) correction or
overexpressing the wild-type complementary DNA (cDNA), making the comparison more
precise by keeping the same genetic background [110].

3.4. Summary of Benchmark Human Samples to Study Mitochondrial Bioenergetics

There is growing evidence that impaired mitochondrial function contributes to aging
and age-related diseases. Age-related impairments in mitochondrial function include
decreased OXPHOS capacity and ATP synthesis and well as increased ROS generation
and accumulation of mtDNA mutations and deletions [111–113]. Therefore, monitoring
mitochondrial function could provide a useful clinical tool for both diagnosis and monitor-
ing the effectiveness of treatments. To accomplish this, there is a need for a less invasive
way to monitor mitochondrial function than testing primary tissues. While fibroblasts
provide an important research model that can be used for disease diagnosis and pre-clinical
research, this approach is not suitable for clinical testing and monitoring due to poor scala-
bility. Muscle biopsies are optimal for bioenergetics measurements, nevertheless collecting
these samples is often considered as a last resort due to availability and invasiveness [42].
Therefore, other minimally invasive samples are needed to provide a translational ap-
proach to monitoring mitochondrial respiratory function. There is growing evidence that
respirometry measurements in circulating blood cells may be a systemic biomarker of
mitochondrial bioenergetic function. Blood-based bioenergetics present a model that is
minimally invasive to obtain and more feasible to test in clinical settings and on a larger
scale in clinical trials.

4. Blood-Based Bioenergetics—Respirometry as a Systemic Biomarker of
Mitochondrial Function

Mitochondrial content, substrate preference, protein composition, and mitochondrial
morphology vary between tissues based on energetic and metabolic demands. Therefore,
there are clear advantages to measuring mitochondrial function in the tissue of interest,
which is the approach commonly used in basic research. However, primary tissue samples
can be difficult to obtain in human subjects and the amount of sample can be limiting
for downstream bioenergetic applications. Therefore, functional measurements of mito-
chondria cannot always be used in translational research or to identify impairment in
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mitochondrial function clinically, even if it would be a useful readout. While there is
differential mitochondrial function between tissues, there is also evidence that circulating
cells can act as a biomarker for overall mitochondrial function. Using platelets and leuko-
cytes as a less invasive biomarker of mitochondrial function has emerged as a potential
approach for situations when testing primary tissue samples is not feasible. These cells
represent an attractive systemic biomarker candidate and an alternative to invasive tissue
biopsies in human studies, since blood can be easily obtained in sufficient quantities for
respirometry assays and other bioenergetic measurements. Additionally, isolated blood
cells can be cryopreserved for later testing if the cells need to be isolated at an off-site
location and shipped for respirometry analysis. Cryopreservation allows for samples that
are collected at different times to be stored and subsequently run together in the same
experiment, which may cut down on variability. However, long-term cryopreservation can
also decrease cell viability and impair mitochondrial bioenergetic parameters and should
be considered when using this approach [114].

Protocols for measuring respirometry in circulating blood cells have been well estab-
lished for both intact and permeabilized cells and previously described [115–117]. Oxygen
consumption measurements in circulating blood cells are compatible with any respirometry
platform. Given that platelets and leukocytes are non-adherent, they are well suited for
measurements in oxygraph closed-chamber respirometers, but they can also be tested
in plate-based respirometers by coating plates to promote cell adhesion. The primary
advantage of using a plate-based respirometer, such as the Seahorse Extracellular Flux
Analyzer, is minimizing the amount of sample required for measurements, which is about
ten times less in the Seahorse XF96 compared with an oxygraph [118].

Tyrrell et al. have compared respirometry in permeabilized muscle fibers to intact
platelets and monocytes in healthy vervet/African green monkeys [119]. Their data demon-
strate that the maximal respiratory capacity of circulating blood cells correlates with the
maximal OXPHOS capacity of permeabilized skeletal muscle from the same animal. Both
platelet and monocyte maximal oxygen consumption displayed a significant correlation
with (1) the combined CI and CII-linked OXPHOS (State 3 respiration) in permeabilized
skeletal muscle fibers and (2) the respiratory control ratio in isolated skeletal muscle mito-
chondria. Comparisons of skeletal muscle bioenergetics and circulating blood cells have
also been completed in human subjects [120]. Braganza et al. show significant correlations
between bioenergetic parameters in platelets and permeabilized skeletal muscle fibers from
the same subject. Maximal respiration in platelets significantly correlated with maximal
respiration in muscle and platelet proton leak correlated with State 4 (leak) respiration in
muscle. Furthermore, basal and ATP-linked respiration was decreased in older subjects
compared with a younger cohort. However, not all studies demonstrate correlations be-
tween circulating blood cells and muscle fibers. In a study of 32 women, Rose et al. did not
observe a correlation in intact respirometry in peripheral blood mononuclear cells (PBMCs)
or platelets with permeabilized muscle fibers, though there were some correlations with
permeabilized platelets and permeabilized muscle [118]. Taken together, these results
suggest that bioenergetic profiling of platelets and leukocytes may be used as a biomarker
of mitochondrial function and, in some cases, reflect the bioenergetic capacity of muscle
tissues and potentially other highly metabolic primary tissues.

Pecina et al. could identify defects in CI in permeabilized lymphocytes isolated
from pediatric patients, some with known mitochondrial disorders, using high-resolution
respirometry [121]. The authors used a combined approach testing functional methods and
protein analysis and were able to detect several types of isolated OXPHOS disorders. They
suggest that lymphocytes are a suitable sample to detect isolated defects of CI, CIV, and ATP
synthase and that repeated analysis of lymphocytes could allow for monitoring changes
in mitochondrial function during disease progression. Additionally, changes in platelet
and leukocyte mitochondrial respiratory function have been reported in several diseases
including type 2 diabetes, human immunodeficiency virus (HIV), neurodegenerative
diseases, as well as in aging [120,122–132]. Interestingly, there does not seem to be a
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single respiratory parameter that demonstrates consistent differences in healthy controls
compared with disease patients. Changes in respiration, both increased and decreased,
have been found in basal, ATP-linked, and maximal respiration [133], can be variable, and
sex-associated differences in oxygen consumption rates have been reported [130,134]. The
wide range of mitochondrial changes observed in these studies could be due to different
bioenergetic impairments and compensations between diseases. Additionally, there could
be differences arising from the subpopulation of cells tested or potential confounding
factors such as the presence of other, contaminating cell types, or inadvertent cell activation
during isolation.

Considerations for Utilizing Circulating Blood Cells for Respirometry Studies

An important consideration for blood-based bioenergetics is selecting an appropriate
cell type to use for respirometry experiments and whether mixed cell populations, such
as PBMCs, are suitable samples for respirometry. Rausser et al. used a high-throughput
mitochondrial phenotyping platform to compare PBMCs to leukocyte subtypes from the
same individual [135]. They show large functional differences in both mitochondrial con-
tent and respiratory chain enzymatic activity between immune cell subtypes. Furthermore,
PBMC cell type composition can vary between individuals and within the same individual
over time. Therefore, they caution that using PBMCs for mitochondrial bioenergetics
measurements can mask age- and sex-related changes. Furthermore, Darley-Usmar et al.
have shown that respiration rates, the ratio of OXPHOS to glycolysis, as well as mito-
chondrial protein composition vary between circulating blood cell subpopulations [116].
For example, platelets have the highest basal and ATP-linked OCR compared with leuko-
cyte cell types but lower maximal respiration and reserve capacity [116,136], which could
alter bioenergetic results and interpretation if platelet contamination is present in the
test samples.

Platelets are a common contaminant in human PBMC samples and vary depending on
blood collection and PBMC isolation strategies [137]. Urata et al. have demonstrated that
platelet contamination is common and can vary to a large extent amongst PBMC prepara-
tions [138]. They measured mtDNA copy number before and after platelet depletion and
showed that the amount of platelet contamination varied between individuals and that
PBMC mtDNA content is overestimated almost two-fold due to platelet contamination.
This work was framed in the context of using PBMC mtDNA copy number as a potential
biomarker to monitor disease but has implications for blood-based bioenergetics, as well.
Additionally, cellular and mitochondrial metabolism including mitochondrial bioener-
getic profiles changes in resting cells compared with activated cells [122,139]. Thrombin-
activated platelets increase basal and ATP-linked oxygen consumption and glycolysis
compared with control cells [140]. Therefore, it is important to consider cell activation,
optimal collection, and isolation conditions when isolating platelets and leukocytes from
whole blood [141,142].

For further information on respirometry in circulating blood cells, Braganza et al. have
published a comprehensive review of blood-based bioenergetics outlining the research
published in platelets and leukocytes as well as considerations for the use of blood-based
bioenergetics as a translational and clinical tool [133]. While more research is needed
to understand what cell populations are most representative of systemic mitochondrial
function and specific diseases, blood-based bioenergetics offers a minimally invasive
alternative to muscle biopsies and could provide a systemic biomarker of mitochondrial
function and key readout for clinical trials. However, one major consideration for the
utilization of this approach is that samples generally need to be collected and immediately
processed to isolate circulating platelets and leukocytes from whole blood. Further isolating
subpopulations of cells requires more starting material and processing. Therefore, there is
still a need for a non-invasive sample that requires minimal on-site processing.
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5. Mitochondrial Function in Previously Frozen Specimens: Overview and
Commentary on an Updated Approach to Respirometry

Several attempts have been made to carry out respirometry on cryopreserved tissue
samples. In these approaches, samples were collected and frozen in different solutions
trying to preserve the structure and integrity of the mitochondrial membrane. However,
the outcome of these attempts was variable and not standardized [143–147]. Mitochondrial
complexes and supercomplexes can be isolated from frozen samples and separated in
native gels. These isolated complexes and supercomplexes preserve their enzymatic
activity and more interestingly, mitochondrial supercomplexes respire [45,46]. These works
demonstrate that the electron transport chain is not destroyed by freeze-thawing and that
previously frozen sample respirometry is feasible [46]. The challenge is to convert the
assay performed in isolated mitochondrial supercomplexes to previously frozen samples,
without the need to isolate the ETC components.

We have recently published a new approach to measure respirometry in frozen sam-
ples (RIFS) that reconstitutes maximal mitochondrial respiration in previously frozen
samples [148,149]. Using RIFS, maximal oxygen consumption of the ETC is measured
by providing physiological electron donors and acceptors with oxygen consumption as
an integrated readout. It is important to consider that in previously frozen samples, the
natural provider of electron equivalents, the tricarboxylic acid (TCA) cycle, is not directly
feeding the ETC. For that reason, we need to bypass the components that are lost during the
freeze-thaw step by providing electron donors directly to the ETC and correct for variable
permeabilization of mitochondrial membranes, when necessary. For example, NADH is
used rather than pyruvate + malate since NADH, a reducing equivalent that donates elec-
trons to CI of the ETC, does not have a permeability barrier in frozen tissue. The protocol
is straightforward in almost all cases except for tissues that contain a high proportion of
fibers and collagen such as skeletal muscle or tissues that are rich in membranes such as the
brain. In these tissues, an additional protocol step is required for either enzymatic digestion
(skeletal muscle) or additional membrane permeabilization (brain) for the reagents and
electron donors, particularly NADH, to be accessible to mitochondria.

The RIFS protocol was optimized and validated using the Seahorse XF96 Extracellular
Flux Analyzer, but should be suitable for any respirometry platform. The RIFS assay
includes injection of NADH to measure maximal CI respiratory capacity, succinate to
measure maximal CII respiratory capacity, as well as TMPD to measure CIV activity. TMPD
provides electrons to CIV by directly reducing cytochrome c. Inhibitors of CI, CIII, and CIV
are used as controls in each assay to determine sensitivity to respiratory chain complexes.
RIFS preserves 90–95% of the maximal respiratory capacity in frozen samples and can be
applied to isolated mitochondria, cells, and tissue homogenates with high sensitivity. As
an example in cells, Figure 2 compares fresh and frozen respiration in human lymphocytes
from two donors. In fresh intact and permeabilized cells, these lymphocyte samples demon-
strated low inter-individual variability and the expected response to injected compounds
in all assays (Figure 2A,B). However, oxygen consumption rates were lower than expected in
permeabilized cells possibly due to incomplete permeabilization. RIFS formulation allows
for simultaneous measurements of respiration driven by electron entry through CI and CII
while determining individual CIV activity. Additionally, CV, or ATP synthase, activity can
be measured via ATP hydrolysis. In lymphocyte cell lysates, respiration driven through CI
and CII, as well as CIV and CV activity can be measured with low inter-individual variability.
Furthermore, CV is sensitive to dose-dependent inhibition with oligomycin (Figure 2C–E).
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Figure 2. Extracellular flux analysis in fresh and frozen lymphocytes from two donors. Respirometry was measured in
fresh (A,B) and frozen lymphocytes (C–E). (A) Oxygen consumption was measured in intact cells before and after injection
of oligomycin (CV inhibitor), FCCP (chemical uncoupler), and antimycin A (CIII inhibitor) and rotenone (CI inhibitor).
(B) Respiration in permeabilized cells with CII substrates. A final injection of TMPD was included to measure CIV. (C) RIFS
protocol with succinate and rotenone to drive respiration through CII. (D) CV activity measured by media acidification
as a result of ATP hydrolysis. (E) Oligomycin-sensitivity in the CV measurement. Abbreviations: AA: Antimycin A; ATP:
Adenosine triphosphate; FCCP: Carbonyl cyanide p-trifluoromethoxyphenylhydrazone; oligo: Oligomycin; Rot: Rotenone;
Succ: Succinate; TMPD: N, N, N’, N’-tetramethyl-p-phenylenediamine.

To measure CV activity, the extracellular acidification (ECAR) is measured to mon-
itor the acidification of the experimental medium in response to hydrolysis of injected,
saturating levels of ATP, as previously described in Divakaruni et al. [150]. CV activity
can be measured in previously isolated, frozen mitochondria as well as tissue and cell
homogenates. In this application, the addition of the CV inhibitor oligomycin acts as an
important control to determine that the increased ECAR after injection of ATP is a result of
ATP hydrolysis and not non-specific acidification.

This ECAR approach will provide a measure of maximal hydrolytic capacity as a
readout of CV enzymatic activity. However, it is important to note that ATP hydrolysis,
both through ECAR measurements or with spectrophotometric assays, may underestimate
CV deficiencies depending on the specific mutated subunit. For example, mutations in the
mtDNA-encoded ATP synthase Fo subunit 6 that cause severe impairment in ATP synthesis
may show little or no defects in ATP hydrolysis [151]. Therefore, while CV activity is a
useful readout, it cannot replace measurement of ATP synthesis or respirometry in fresh
samples or provide information on physiological levels of ATP hydrolysis.

The simplified sample preparation with RIFS, particularly with homogenates, and
the 96-well format of the Seahorse XF96 Analyzer allows using significantly less biological
material. RIFS does not require isolation of mitochondria or the use of detergents or plasma
membrane permeabilizers, which simplifies the methodology and minimizes changes
induced by partial or over permeabilization due to the use of detergents. Acin-Perez et al.
provide validation in mouse, zebrafish, and human samples [148]. Another advantage of
using total tissue lysates is that it accounts for tissue-specific mitochondrial function, where,
for example, soleus showed significantly higher respiration than quadriceps, as previously
described [152]. In homogenates and cell lysates, respirometry can also be normalized to
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mitochondrial content to provide a measure of respiration per functional unit. In addition
to traditional methods to measure mitochondrial mass, we have recently described a
high throughput MitoTracker Deep Red protocol that requires minimal biological samples
that can be run in parallel to RIFS and used to normalize respiration [148,149]. Since
differences in mitochondrial content can account for differences in respiration rates in
homogenates, the normalization step can differentiate between changes in mitochondrial
content and function when homogenate samples or cell lysates are loaded per total protein.
Normalization to mitochondrial content is not necessary with isolated mitochondria since
respiration in these samples is already normalized to mitochondrial content when loaded
per total protein.

The RIFS technique demonstrated that highly oxidative tissues such as heart, brown
adipose tissue, and brain showed higher mitochondrial respiration rates per milligram of
tissue whereas white adipose tissue, known for its low mitochondrial content, showed the
lowest respiration rates. These results suggest that RIFS reveals physiological differences
depending on the energy and metabolic demand of the tissue. When comparing RIFS to
traditional methods used in frozen samples such as spectrophotometric enzymatic assays,
the latter provides information about the maximal activity of the individual complexes or
some of them combined, whereas RIFS allows for an integrative measure of the ETC from
CI or CII to the natural electron acceptor that is oxygen. Additionally, RIFS often requires
less sample to perform the assay compared to enzymatic assays and can show increased
sensitivity to specific inhibition of the ETC complexes, as displayed in Figures 3 and 4
where results were obtained with half as much starting material compared with enzymatic
assays. In addition, the assay is straightforward where the number of reagents needed is
minimal in comparison to spectrophotometric assays. The simple, standardized protocol
of RIFS could limit the inter-laboratory variability that has been reported with enzymatic
spectrophotometric assays [153].

Snap freezing samples in liquid nitrogen is the best approach for RIFS. However, due
to possible delays between sample collection, freezing, and storage for clinical samples,
an initial concern was how quickly samples need to be frozen to preserve mitochondrial
function. For that reason, different sampling procedures were tested to determine which
approach best preserved maximal respiratory rates when samples could not be immediately
flash-frozen in liquid nitrogen. Samples placed on ice for up to 3 h after collection as well as
samples immediately stored at −20 ◦C preserved the integrity and function of mitochondria
ETC complexes suggesting that this approach could be suitable for samples that require a
delay in processing [148,149].

5.1. Applications for Respirometry in Previously Frozen Samples

There are numerous applications where RIFS can be used in preexisting, stored frozen
samples. In adipose samples from pheochromocytoma patients, differences in maximal
respiratory capacity that were observed in fresh clinical samples were maintained after
long-term storage at −80 ◦C [154]. RIFS generated comparable data to those initially
obtained in freshly isolated mitochondria including increased respiration through CI, CII,
and CIV and increased mitochondrial content. Furthermore, RIFS made it possible to
assay all the samples together compared to fresh samples that had to be run one at a time.
This application could be particularly important in age-related studies since it enables a
longitudinal design in which bioenergetic profiling can be monitored and compared over
years across the same patients. RIFS could also be used as a functional test for patients
with mitochondrial disease using less invasive samples. We tested the RIFS protocol in
lymphoblastoid cell lines (LCLs), an immortalized B lymphocyte cell line, from patients
with the mitochondrial disorder Leber optic atrophy (LHON). These cells were derived
from patients with a mtDNA mutation in the NADH dehydrogenase subunit 4 gene. Both
RIFS and spectrophotometric assays were able to detect impaired CI activity compared
with control cells and revealed similar differences between the LHON lines (Figure 3A).
Moreover, we were able to detect impaired NADH-driven respiration with half the amount
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of sample or the same amount of sample while simultaneously getting information about
CII-driven respiration and CIV activity, both of which were, for the most part, similar to
the control cells with the exception of LHON LCL line 1 that showed some decrease in
maximal CII respiration (Figure 3B). Comparing a citrate synthase assay to the MTDR assay
to measure mitochondrial content, the results from both assays were comparable, but again
RIFS required less starting material, fewer reagents, and was less time-sensitive than the
citrate synthase assay (Figure 3C).

Figure 3. Comparison of RIFS and spectrophotometric approaches in Leber optic atrophy lymphoblastoid cell lines. (A) CI
activity compared with the RIFS protocol. The spectrophotometric CI assay required 0.5 × 106 cells/well compared
with 0.2 × 106 cells/well with RIFS. The data were also normalized to control cells as a more direct comparison of the
two techniques. (B) CI, CII, and CIV results were obtained using RIFS. (C) Mitochondrial content measurements with
citrate synthase activity and the MitoTracker Deep Red plate reader assay. Abbreviations: LCL: Lymphoblastoid cell line;
LHON: Leber optic atrophy; RIFS: Respirometry in frozen samples.
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Figure 4. Comparison of RIFS and spectrophotometric approaches to measure Complex I in human lymphocytes treated
with rotenone prior to freezing. (A) CI activity compared with the RIFS protocol. The spectrophotometric CI assay required
1 × 106 cells/well compared with 0.4 × 106 cells/well with RIFS. The data were also normalized to control cells as a more
direct comparison of the two techniques. (B) Compiled CI, CII, and CIV results from two donors were obtained using RIFS.
Abbreviations: CI: Complex I; RIFS: Respirometry in frozen samples; ROT: Rotenone.

An additional potential application for RIFS is in monitoring environmental toxicants
to which mitochondria are a key target [155]. For that reason, applications targeted to direct
screening of compounds leading to mitochondrial toxicity can benefit from RIFS by testing
the functional impact of environmental exposures within a large population [155,156]. We
tested rotenone exposure in lymphocytes treated with different concentrations of rotenone
before freezing and compared the RIFS protocol to a CI activity spectrophotometric assay.
Both approaches were able to reveal impairment in CI, but the RIFS assay was more than
twice as sensitive and required half as much starting material (Figure 4A). Additionally,
given the high oxygen consumption rates with the RIFS protocol, it is likely that less
material is required than was used in these proof-of-concept assays (0.4 × 106 cells/well).
The requirement of less starting material could be particularly important when the amount
of sample is limited. In addition to CI, RIFS also provide information on CII and CIV
demonstrating that the rotenone-induced defect was limited to CI (Figure 4B).

5.2. Limitations of RIFS

While the RIFS protocol was not developed to replace traditional respirometry ap-
proaches, it is an alternative method when using fresh samples is not feasible due to sample
size and availability, or immediate access to instrumentation is not possible, a problem
particularly relevant for testing human samples. Table 5 provides a comparison of the
advantages and disadvantages of measuring respiration in fresh and frozen tissue samples.
Respirometry in fresh samples will undoubtedly provide the most complete information
about mitochondrial function and the bioenergetics of a sample given the coupled nature
of fresh samples, that is, respiration is coupled to ATP synthesis. However, RIFS can
provide a convenient alternative when respiration in fresh samples is not feasible or as a
complementary method to determine maximal respiratory capacity in an integrated, yet
uncoupled, system.
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Table 5. Advantages and disadvantages of respirometry measurements in fresh and frozen tissue samples. Abbreviations:
ATP: Adenosine triphosphate; TCA: Tricarboxylic acid cycle.

Fresh Frozen

Advantages

• Greater physiological context
• Coupled mitochondria that synthesize ATP
• Intact mitochondria that maintain morphology with

some techniques
• Metabolic pathways and transporters can be

investigated
• Respiration can be measured in intact and

permeabilized cells and isolated mitochondria

• Integrated oxygen consumption measurement
• Maximal respiratory capacity often correlates with

disease phenotypes
• Minimal sample requirement and processing
• Samples can be collected off-site
• Samples can be stored and run together in one assay
• Maximal respiration can be measured in

homogenates and normalized to mitochondrial
content

Drawbacks

• Samples have to be processed and run on the same
day

• Mitochondrial isolation requires sufficient starting
material

• Control and patient samples cannot always be run
simultaneously increasing variability

• Samples are not coupled and ATP synthesis capacity
cannot be assessed

• Broken mitochondria that do not maintain
mitochondrial morphology or membrane integrity

• Metabolic pathways cannot be assessed
• TCA cycle and transporters are not active

Since freeze-thaw cycles will disrupt the integrity of the mitochondrial membranes
and results in the loss of soluble matrix components, an important limitation is that coupled
respiration or ATP synthesis cannot be measured with RIFS. These limitations should be
considered when using this approach as it will not be sensitive to changes in substrate
transport, substrate oxidation, ATP turnover, or TCA cycle flux. However, it has been
demonstrated that disease-related phenotype often correlates with a decrease in maximal
respiration [119,157–159] and that defects in coupled respiration are mostly related to some
mechanism of uncommon drug toxicity [160]. Therefore, there are multiple applications
for RIFS when testing fresh samples is logistically impracticable. While the data presented
in this review are preliminary as proof of concepts for use of RIFS in circulating blood cells,
the data suggest it could complement the current blood-based bioenergetics approaches.
Furthermore, as the field continues to search for a biomarker of mitochondrial function,
the RIFS approach provides an additional method for measuring maximal mitochondrial
respiration and may be useful for non-invasive samples.

6. Future Outlook: Respirometry in Non-Invasive Samples

In the last decade, there have been substantial improvements in approaches to measure
mitochondrial function in human samples. In particular, measurement of mitochondrial
function in circulating platelets and leukocytes has elevated translational mitochondrial
research and improved the prospects of clinical monitoring of mitochondrial bioener-
getics. However, blood collection still needs to be completed in a medical setting and
requires fresh processing. This processing can be intensive, especially when isolating
sub-populations of PBMCs, which can present challenges in the ability to scale up for
clinical trials. Additionally, blood-based bioenergetics do not always demonstrate changes
in mitochondrial function observed in primary tissues [161], which suggests that subpop-
ulation testing is an important consideration as subpopulation bioenergetic correlations
may differ between tissues and diseases. More research is needed to understand the
bioenergetic differences between subpopulations, population variability, and selection of
the appropriate cell type so that this approach can be standardized. With the growing
number of mitochondrial drug targets being developed and tested in clinical trials, there
is a need for further minimally/non-invasive samples that can be scaled up for clinical
testing and large-scale population studies. The RIFS protocol has the potential to be used
for these applications if it can be optimized from non-invasive samples such as cells from
urine or saliva, or buccal mucosa cells collected from cheek swabs, which can be easily
obtained and immediately frozen without processing for later testing. Since RIFS requires
minimal starting material, it could be modified for use in non-invasive samples that require
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minimal processing. While it is still unknown whether RIFS will be a suitable approach
for non-invasive samples, there is some evidence that buccal swabs may be an interesting
foundation for the development of non-invasive samples.

Buccal mucosa cells represent a potential non-invasive sample that can be used for
mitochondrial bioenergetics profiling. Buccal swab testing of electron transport chain
activity is possible [162], but has been reported to show poor sensitivity and specificity for
mitochondrial disease [41]. Frederiksen et al. showed that there is a significant correlation
in mutation load of the common A3243G mtDNA point mutation in four different tissues:
blood leucocytes, buccal cells, skeletal muscle cells, and urine epithelial cells [163]. They
suggest that genetic testing of buccal cells and urine epithelial cells may provide an
important supplement to the diagnosis of mitochondrial diseases, but also note that skeletal
muscle was still the most informative tissue with the highest mutation load [163]. Buccal
swabs from a 6-year old patient with suspected myoclonic epilepsy and ragged red fibers
(MERRF) presented common mtDNA deletions and decreased ETC activities compared
with controls [164]. In a study of 40 patients with suspected mitochondrial disease, when
comparing enzymatic activities in buccal mucosa cells to muscle biopsies, there was a
77% correlation for an isolated CI deficiency, 86% for combined CI and CIV defects, and
100% in CIV. Overall, detection of mitochondrial impairment was 82% in buccal swabs
compared to muscle biopsies [165]. Alterations in buccal mitochondrial DNA and function
have also been reported in lung cancer patients and autism spectrum disorder patients
(ASD) [166,167]. Additionally, there is evidence that buccal swab samples can be used to
monitor mitochondrial enzymatic activity in response to treatment. In a study of ASD
children with or without mitochondrial disease, CI, CIV, and citrate synthase activity in
response to fatty acid and folate supplementation was measured in buccal extracts [168].
The results suggest that changes in CI and citrate synthase activities can be observed in
buccal swabs in response to common interventions and that increased activity in these
enzymes was more discernable in the mitochondrial disease subgroup.

While studies measuring mitochondrial function in buccal swabs are still limited,
enough data demonstrate mitochondrial functional changes in buccal swabs to warrant
further investigation. It is possible that an integrated readout, such as RIFS, would provide
both better sensitivity and specificity for buccal samples. However, a potential limitation to
buccal swab bioenergetics measurements could be bacterial contamination that decreases
measurement specificity to the human samples [169,170]. Removal of bacteria from these
samples will likely be an important step to improve sensitivity in the respirometry assay
and ensure that outcomes are accurate. While this approach in buccal mucosa is still
hypothetical and would require optimization and validation, it could provide a method to
rapidly screen maximal mitochondrial respiratory capacity and provide a complementary
approach to blood-based bioenergetic measurements and measurements in primary tissues.

7. Summary

Impaired mitochondrial function has been shown to contribute to the development
and progression of various diseases. There is an unmet need to clinically monitor mito-
chondrial function. However, until now this has been limited due to the labor-intensive
immediate processing of the samples. Blood-based bioenergetics have met some of this
need but do not exclude the necessity of immediate processing. With the development
of RIFS as a complementary technique to measure mitochondrial function in previously
frozen samples, the possibility of clinical monitoring of mitochondrial function in sam-
ples collected at remote sites, or retrospectively in samples residing in tissue biobanks
becomes more apparent. While these emerging approaches require further optimization, in
some cases, and validation of population variability and sensitivity to detect differences
between healthy and disease patients, they represent a potential step forward in translation
bioenergetic monitoring in human samples.
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Abstract: Equine atypical myopathy is a seasonal intoxication of grazing equids. In Europe, this
poisoning is associated with the ingestion of toxins contained in the seeds and seedlings of the
sycamore maple (Acer pseudoplatanus). The toxins involved in atypical myopathy are known to inhibit
ß-oxidation of fatty acids and induce a general decrease in mitochondrial respiration, as determined
by high-resolution respirometry applied to muscle samples taken from cases of atypical myopathy.
The severe impairment of mitochondrial bioenergetics induced by the toxins may explain the high
rate of mortality observed: about 74% of horses with atypical myopathy die, most within the first two
days of signs of poisoning. The mechanism of toxicity is not completely elucidated yet. To improve
our understanding of the pathological process and to assess therapeutic candidates, we designed
in vitro assays using equine skeletal myoblasts cultured from muscle biopsies and subjected to toxins
involved in atypical myopathy. We established that equine primary myoblasts do respond to one of
the toxins incriminated in the disease.

Keywords: atypical myopathy; high-resolution respirometry; toxicity assays; cell culture; equine
primary myoblasts

1. Introduction

Equine atypical myopathy (AM) is a severe environmental intoxication linked to the
ingestion of certain maple (Acer) seeds and seedlings. In Europe, the incriminated tree is
the sycamore maple (Acer pseudoplatanus) [1], whereas in the United States, the box elder
(Acer negundo) has been linked to the poisoning [2]. Two toxins, hypoglycin A (HGA) [3–5]
and methylenecyclopropylglycine (MCPrG) [6] are involved in the poisoning [7]. These
molecules are not toxic per se but once in the body are transformed into their active metabo-
lites, methylenecyclopropylacetyl-CoA (MCPA-CoA) and methylenecyclopropylformyl-
CoA (MCPF-CoA), respectively [8–10]. Both toxins are known inhibitors of fatty-acid
ß-oxidation, which results in an impaired capacity of energy production using oxidative
metabolism [10–13]. The MCPA-CoA inhibits also dehydrogenases involved in the degrada-
tion of branched-chain amino acids [10]. The ingestion of maple toxins led to the detection
of toxins, conjugated toxic metabolites, and fatty esters in blood [1,2,5,7,14–17].
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Clinical signs in intoxicated horses include muscle weakness and stiffness, eventual
recumbency, and, in 74% of cases, death [18]. Macroscopic, histologic, and histochemical
analyses confirm multifocal degeneration and necrosis with variable severity between
cases and muscles [19]. Indeed, muscular lesions seem to be more constant and severe in
the myocardium and respiratory and postural muscles [19,20], therefore, oxidative muscle
fibers appear to be particularly affected by the toxin [19]. Transmission electron microscopy
revealed several ultrastructural changes affecting especially mitochondria, as matrix loss
and cristae fragmentation [19].

Previous studies performed on skeletal muscle show that structural alterations are as-
sociated with mitochondrial functional consequences [13]. Using high-resolution respirom-
etry (HRR), a severe depression of mitochondrial oxidative phosphorylation (OXPHOS)
and electron transfer system capacities (ET capacity) in AM affected horses was found [13]
using standardized substrate-uncoupler-inhibitor titration (SUIT) protocols validated for
respirometric assessments of equine muscle cells [21].

Since AM outbreaks are seasonal (i.e., autumnal and spring outbreaks resulting from
the consumption of seeds and seedlings, respectively) and do not occur to the same extend
every year [22], in vivo sampling is naturally limited. Also, because of the acute nature
of AM and the rapid progression of the condition with a mean survival time of 38 h [23],
complementary examinations and sampling might be difficult to perform. Additionally,
the use of surrogate animals to study AM may not be valid, since both rodents and rabbits
display damage of different organs than horses after HGA intoxication and do not show
signs of rhabdomyolysis [24,25]. Because of these obstacles, an in vitro model was designed
attempting to reproduce mitochondrial dysfunction by adding methylenecyclopropylacetyl
(MCPA) (i.e., the sole toxin commercially available) during HRR experiments. Ultimately,
our final goal will be to define a treatment for AM based on the ability of the drug to restore
an adequate mitochondrial function. The aim of the present study was: (1) to reproduce
specific changes in OXPHOS capacity and respiratory control patterns observed in skeletal
muscle of AM affected horses using conventional SUIT protocols [13]; (2) to measure the
effect of MCPA on fatty acids utilization, and (3) to determine the cytotoxicity and viability
of equine primary muscle cells subjected to HGA and MCPA.

2. Materials and Methods

2.1. Cell Culture of Equine Primary Myoblasts

Equine primary skeletal myoblast cultures were purchased from RevaTis® (RevaTis,
Aye, Belgium). A vial containing 2.5 million cells was thawed at 37 ◦C in a water bath. The
cells were then cultivated in an 80 cm2 culture Tflask and multiplied from passage 5 to
passage 8. All manipulations were performed under streamline flow hood.

Cells were cultured in the maintenance media Dulbecco’s modified Eagles’s low-
glucose DMEM 1 g/L (Lonza, Verviers, Belgium) supplemented with 20% fetal bovine
serum, 1% L-glutamine, 1% penicillin-streptomycin, and 0.5% amphotericin B (Thermo
Fisher Scientific, Karlsruhe, Germany). When 80% confluence was reached, culture medium
was removed, and the flasks were washed using Dulbecco’s phosphate-buffered saline
(DPBS) without Ca2+ and Mg2+. Cells were subsequently trypsinized (TrypLETM Express,
Thermo Fisher Scientific, Karlsruhe, Germany), centrifuged, and counted according to
Ceusters et al. [26]. The equivalent of one 175 cm2 culture T-flask was used to continue cell
culture to further passages.

At each passage, part of the cells was immediately processed for HRR. Ten thousand
cells per well were seeded in a 96 clear bottom white plate (Cellstar® Greiner Bio-One,
Vilvoorde, Belgium) and supplemented with DMEM medium until further analysis. Plates
and flasks were incubated at 37 ◦C and 5% CO2 in a humidified incubator.
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2.2. Toxicity Assays

The cell toxicity of MCPA was assessed using the CellToxTM Green assay (Promega
Benelux, Leiden, The Netherlands). This assay was developed to determine toxic effects by
binding DNA of cells with impaired membrane integrity.

Plated cells were kept in a humidified incubator at 37 ◦C and 5% CO2 until 80% of
confluence was reached. Confluence was assessed by light microscopy after 24 to 36 h.
Once confluent, the cells were washed with DPBS without Ca2+ and Mg2+. The cells
were then exposed to different concentrations of MCPA (Merck, Darmstadt, Germany)
with DMSO as solvent and HGA (Toronto Research Chemicals, Ontario M3J2K8, Canada)
suspended in DMEM medium without phenol red. CellToxTM Green dye was added to
each well. The bottom of the plate was covered with a BrightMaxTM seal (Greiner Bio-One,
Vilvoorde, Belgium) and subsequently placed in the EnSpire® Multimode Plate Reader
(PerkinElmer, Waltham, MA, USA) for reading. Data was recorded for 24 h after toxin
exposure in order to determine the evolution of cytotoxicity.

Additionally, a real-time viability assay through reducing potential measurement was
performed. The nonlytic dye contained in the RealTime-GloTM MT Cell Viability Assay
(Promega Benelux, Leiden, The Netherlands) allows for continuous reading and is based on
the continuous reduction of the viability substrate by the viable cells contained in each well.
The DMSO concentrations in each well were of 0.5% in order to exclude DMSO induced
toxicity to the cells.

2.3. High-Resolution Respirometry

After centrifugation, the cells were counted and then placed in MiR05 mitochon-
drial respiration medium (0.5 mM EGTA, 3 mM MgCl2. 6 H2O, 20 mM taurine, 10 mM
KH2PO4, 20 mM HEPES, 1 g/L BSA, 60 mM potassium-lactobionate, 110 mM sucrose,
pH 7.1) at 37 ◦C. In total, 2.5 to 3 million cells were added to each 2 mL Oxygraph-2k
chamber (Oroboros Instruments, Innsbruck, Austria). Oxygen concentration (µM) and
oxygen flux per million cells (pmol O2·s−1·106 cells−1) were recorded online using DatLab
software (Oroboros Instruments, Austria). Experiments were conducted using specific
SUIT protocols and oxygen levels were maintained between 200 and 500 µM O2 to avoid
any oxygen-related limitations of respiration and to align with previous studies [13,21,27].
Oxygen flux was expressed as respiration per million cells (pmol O2·s−1·106 cells−1), or
as control ratios, namely flux control ratios (FCR). These ratios have the advantage of
being independent of cell count, mitochondrial content, and density, indicating qualitative
changes of mitochondrial respiratory control [28].

Several SUIT protocols were applied, using both fatty acids and reduced nicotinamide
adenine dinucleotide (NADH)-linked substrates in order to assess mitochondrial pathways
at different levels of integration. In order to have a global overview, the electron transfer
(ET) pathway was fed by the NADH junction (N-junction) substrates pyruvate, glutamate
in the presence of malate. Fatty acids are catabolized via ß-oxidation and support ET
pathways through both reduced flavin adenine dinucleotide (FADH2) junction (F-junction)
and N-junction (see level 5; Figure 1). Therefore, ß-oxidation relies on the combination of
F-junction and N-junction pathways.

Muscle cells suspended in MiR05 were added to the Oxygraph-2k chambers contain-
ing a final volume of 2 mL per chamber maintained at 37.0 ◦C. In SUIT1, electron flow was
sustained by the NADH-linked substrate glutamate and co-substrate malate (GM; 10 and
2 mM, respectively) followed by a saturating concentration of ADP (D; 2.5 mM). In SUIT2,
the initial substrate was pyruvate with malate as co-substrate (PM; 5 and 2 mM, respec-
tively) with subsequent addition of digitonin (Dig; 10 µg·106 cells−1) and ADP (D; 2.5 mM)
followed by addition of glutamate (G; 10 mM). Three fatty acids’ protocols were performed
and started with the addition of acetylcarnitine (Act; 5 mM; SUIT3), octanoylcarnitine (Oct;
0.5 mM; SUIT4), and palmitoylcarnitine (Pal; 0.04 mM; SUIT5), and malate (2 mM; SUIT3,
SUIT4, SUIT5) as co-substrate. In SUIT3 to 5, electrons from both the electron-transferring
flavoprotein complex (CETF) and the Complex I (CI) entered the Q-junction. In all proto-
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cols, digitonin (Dig; 0.01 mM) was added before ADP. Optimal digitonin concentration
was determined by careful titration experiments as previously described [29]. In all SUIT
protocols, ADP-stimulated respiration represents OXPHOS capacity, P whereas ET capacity,
E was obtained by addition of the uncoupler FCCP, rendering this state as not limited by
the capacity of the phosphorylation system [28].

μ ∙ −

μ μ

Figure 1. ET-substrate types are linked to ET-pathway types in substrate-uncoupler-inhibitor titration (SUIT) protocols.
Electrons from multiple upstream origins feed into the Q junction. These origins include (5) fatty acid ß-oxidation (FAO)
providing electrons from FADH2 to the electron-transferring flavoprotein complex (CETF; F pathway), (4) dehydrogenases
and enzymes converging at the N-junction and providing electrons from NADH to complex I (N pathway), (3) succinate
(S) providing electrons from FADH2 to Complex II (CII; S pathway). From the Q junction, electrons are then transferred
to Complex III, cytochrome c and complex IV, before their transfer to O2 to form H2O. Figure from Gnaiger (2020) with
permission [28]. Abbreviations: FADH2 = flavin adenine dinucleotide; NADH = Nicotinamide adenine dinucleotide.

In every protocol, succinate (S; 10 mM) was subsequently added for electron flow
from Complex II (CII) into the Q-junction to give the flux through the NS-pathway (N
and S pathway combined) or the F- and S-pathway combined. By stepwise addition of
the non-physiological uncoupler FCCP (U; 0.05 µM, followed by 0.025 µM steps until
maximal oxygen flux was reached), ET-capacity, E, was obtained. Electron input into the
Q-junction through CII only was subsequently measured by inhibition of CI with rotenone
(Rot; 0.5 µM). Finally, residual oxygen consumption state was obtained by addition of
antimycin A (Ama; 2.5 µM) to inhibit Complex III (CIII). For each protocol, MCPA [9 mM]
was added to a parallel chamber after ADP addition. The concentration was defined
beforehand by toxicity assays. All protocols are summarized in Table 1.

For all protocols, a second oxygraphic run was performed to establish if cytochrome c
(Cyt c; 10 µM) addition induced an increase in O2 flux. Cytochrome c release is considered
as an essential quality control because of the possible limitation of active respiration
when the outer mitochondrial membrane has been damaged by the laboratory procedures,
allowing the loss of cytochrome c located in the intermembrane space [28].
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Table 1. Substrate-uncoupler-inhibitor titration (SUIT) protocols performed.

SUIT Protocols

SUIT1 1 1GM; 2D; 3S; 4U; 5Rot; 6Ama
SUIT2 1 1PM; 2D; 3G; 4S; 5U; 6Rot; 7Ama
SUIT3 2 1ActM; 2D; 3S; 4U; 5Rot; 6Ama
SUIT4 2 1OctM; 2D; 3S; 4U; 5Rot; 6Ama
SUIT5 2 1PalM; 2D; 3S; 4U; 5Rot; 6Ama

1 NS-pathway. 2 F-pathway and S-pathway. Abbreviations: GM = Glutamate & malate; PM = Pyruvate & malate;
ActM = Acetylcarnitine & malate; OctM = Octanoylcarnitine & malate; PalM = Palmitoylcarnitine & malate;
D = ADP; G = Glutamate; S = Succinate; U = Uncoupler (FCCP); Rot = Rotenone; Ama = Antimycine A.

2.4. Total Protein Content

Total protein content was measured using the PierceTM 660 nm Protein Assay. Ab-
sorbance was recorded using a spectrophotometer and MPM6 analysis software. Measure-
ments were performed for each passage of one vial in duplicate (N = 1, n = 2).

2.5. Data Analysis

Raw respirometric data was normalized by FCR to allow direct comparison with the
results presented in Lemieux et al. [13]. The pathway control ratios of oxygen flux with
substrate types provided separately for the N- and S-pathways were normalized for flux
through the combined NS-pathway (i.e., N/NS and S/NS). All respiratory states were
corrected for residual oxygen consumption. For treated cells, MCPA was added after
ADP and raw data were collected after MCPA addition. The different nominators and
denominators were calculated by subtracting residual oxygen consumption from every
calculated raw data. Regarding our ratios, CIP and CI + CIIP are relative to OXPHOS
capacity whereas CI + CIIE and CIIE are relative to ET capacity. Also, it is assumed
that S-pathway linked respiration is not influenced by uncoupling [13,21] and therefore
CIIE = CIIP. The ratios obtained for SUIT1 and SUIT2 in MCPA-treated cells were compared
to ratios calculated in MCPA affected horses. Two vials from the same horse were used
for respirometric analysis and runs were performed in duplicate (N = 2, n = 2), when
not specified otherwise. Additionally, for each raw parameter in MCPA treated cells,
a percentage from the control cells was calculated. Similarly, the effect of MCPA was
evaluated with SUIT3, SUIT4, and SUIT5.

For a same respirometric parameter, a two-tailed t-test was performed between control
and treated cells. Statistical significance was set at p < 0.05. In the tables, means are
represented ± standard error of the mean (SEM). Additionally, ratios of MCPA treated cells
were compared to previously published ratios of AM affected horses in Lemieux et al. via
unpaired two-tailed t-test. For this comparison, ratios of different passages were pooled.

Regarding toxicity assays, data were analyzed by GraphPad Prism and a non-linear
regression (sigmoidal, 4PL, least squares fit) was performed. For cell reduction potential, a
non-linear regression (sigmoidal, 4PL, least squares fit) was also performed for each tested
MCPA concentration at different times.

3. Results

3.1. Toxicity Assays

When analyzed independently, the kinetics of recorded fluorescence show a steep
augmentation reaching a plateau at approximatively 10 h after toxin exposure. Plateau
values were grouped for each concentration. After a 24-h exposure, wells submitted to
15 mM MCPA displayed between 78 and 105% of maximal response compared to the
lysis solution (Promega Benelux, Leiden, The Netherlands). An important increase of
cytotoxicity was observed between 10 and 15 mM (Figure 2). Best-fit values for total data,
regardless of the passage indicated an IC50 of 15.7 mM. This value should however be
interpreted with caution since a complete confidence interval could not be calculated. Also,
it is notable that the differences between individual passages do result in very different
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responses to MCPA. Indeed, cytotoxicity ranged widely from 25 to 67% for 8 mM and from
29 to 76% for 10 mM. Lowest toxicity was measured at passage 8 with 25 and 28% for 8 mM
and 29 and 31% for 10 mM.
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Figure 2. Methylenecyclopropylacetyl (MCPA) induced cytotoxicity measured by CellToxTM Green.

Regarding cell reducing potential, a non-linear regression (sigmoidal, 4PL, least
squares fit) was also performed for each tested MCPA concentration at different times. Best-
fit values indicated an IC50 of 8.09 ± 0.55 mM depending on the time recorded (Figure 3).
In neither toxicity assay, HGA addition to cell cultures at concentrations ranging from
0.25 to 1 mM resulted in changes compared to control cells (data not shown). According to
best-fit values, MCPA addition for subsequent experiments (i.e., HRR) was set at 9 mM.
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Figure 3. Cell reduction capacity depending on methylenecyclopropylacetyl (MCPA) concentrations
at different time points.
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3.2. High-Resolution Respirometry

At any passage, the addition of cytochrome c resulted in a slight (i.e., ≤10%) increase
in O2 flux thus confirming the preservation of the outer mitochondrial membrane integrity.
When comparing obtained FCR of control vs. MCPA treated cells in the SUIT1 protocol
(with glutamate and malate), a significant difference was observed for the ratio CIP/CIIE,
which was increased with 9 mM MCPA (Figure 4). For the three ratios with CI + CII at the
denominator, there were no significant changes with MCPA treatment.
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Figure 4. Ratios in control cells and cells treated with 9 mM methylenecyclopropylacetyl (MCPA) for
the substrate-uncoupler-inhibitor titration protocol 1 (SUIT1). Each dot represents one passage, and
the same passage are represented with or without MCPA. The bar represents the mean. * Significantly
different from controls (p < 0.05) with a t-test were indicated with a *. Abbreviations: CIP = Complex
I linked OXPHOS capacity; CIIE = Complex II linked ET capacity; CI + CIIP = Complex I&II linked
OXPHOS capacity; CI + CIIE = Complex I&II linked ET capacity.

In SUIT2, significant differences between groups were also detected. Compared to
the control cells, the MCPA treated cells showed an increase in the ratios of CIP

a/CI + IIP

and CIP
a/CIIE and a decrease in the ratio CIIE/CI + IIP (Figure 5). Interestingly, the ratio

CIP/CI + IIP was significantly different between groups when pyruvate and malate were
used as substrates, but not when glutamate was added (Figure 5). The ratio of CII/CI + II
was significant only when the denominator (CI + II) was taken under the P state, but not
when it was taken under the E state (Figure 5).

Without considering cell passages, a decrease in oxygen flux of 46% in average
(SEM ± 0.08) was recorded after MCPA addition to the chamber in SUIT1. This de-
crease remained relatively constant for the rest of the protocol: CI + IIP = 43% of control
(SEM ± 0.15), CI + IIE = 40% of control (SEM ± 0.2), CIIE = 32% (SEM ± 0.13) (Table 2).
Similarly, a decrease in oxygen flux to 53% of control cells (SEM ± 0.11) was recorded after
MCPA addition to the chamber (CIP). A constant decrease was noted for the rest of the
protocol: CI + IIP = 43% of control (SEM ± 0.10), CI + IIE = 40% of control (SEM ± 0.17),
CIIE = 29% (SEM ± 0.09).

Table 2. Respirometric value percentage of MCPA treated cells compared to control cells.

Protocol CIP FP CI + IIP CI + IIE CIIE

SUIT 1 46% - 43% 40% 32%
SUIT 2 53% - 43% 40% 29%
SUIT 3 - 67% 61% 72% 51%
SUIT 4 - 74% 62% 56% 49%
SUIT 5 - 67% 60% 58% 37%
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Figure 5. Ratios in control cells and cells treated with 9 mM methylenecyclopropylacetyl (MCPA) for the substrate-
uncoupler-inhibitor titration protocol 2 (SUIT2). Each dot represents one passage, and the same passage are represented
with or without MCPA. The bar represents the mean. * Significantly different from controls (p < 0.05) with a t-test were
indicated with a *. a using glutamate and malate as N pathway substrates. b using pyruvate, malate and glutamate as N
pathway substrates.

Similarly, for fatty acid protocols using acetylcarnitine as substrate, oxygen flux
immediately after MCPA addition was on average 67% of the control value (SEM ± 0.2).
When Succinate was added, 61% of control (SEM ± 0.24) and after FCCP addition 72% of
control (SEM ± 0.08). Finally, after rotenone addition, 51% (SEM ± 0.12) of control were
attained. When the fatty acid substrate was octanoylcarnitine, oxygen flux immediately
after MCPA addition was on average 74% of the control value (SEM ± 0.24). For the
rest of the protocol: CI + IIP = 62% of control (SEM ± 0.14), CI + IIE = 56% of control
(SEM ± 0.24), CIIE = 49% (SEM ± 0.15). Fatty acid protocols using palmitoylcarnitine as
substrate, oxygen flux immediately after MCPA addition was on average 67% of the control
value (SEM ± 0.07). For the rest of the protocol: CI + IIP = 60% of control (SEM ± 0.11),
CI + IIE = 58% of control (SEM ± 0.31), CIIE = 37% (SEM ± 0.25). Hence, a decrease in
respiration was recorded in all SUIT protocols used. Also, whatever the protocol, initial
LEAK respirometric parameters were similar between control and treated cells.

Regardless of the substrate sustaining electron flow used, the addition of MCPA
depressed respiration in treated cells. This effect was noted at each cell passage.

3.3. Total Protein Content

In order to compare macroscopic cell count to an internal measure, total protein
content was analyzed (Table 3). Despite a similar cell count, the total protein content
seemed to vary between runs (no statistical analysis performed). Since total protein content
was not measured for each vial used, internal normalization by ratios was preferred. These
ratios are independent of cell count or tissue mass [28].

Table 3. Total protein content (±SEM) at each passage performed in duplicate (n = 2). Protein
concentration is expressed in µg/µL).

P5 P6 P7 P8

4.17 ± 0.44 4.89 ± 0.55 3.79 ± 0.32 3.85 ± 0.12

4. Discussion

Regardless of the protocol, an immediate effect of MCPA on mitochondrial elec-
tron transfer system (ETS) complexes was observed. This is interesting as it corrobo-
rates the in vivo observations obtained in horses with AM [11]. Similar to findings in
Lemieux et al. [13], mitochondrial respiration seemed to be more depressed with glutamate-
malate sustained respiration (SUIT1) compared to pyruvate-glutamate-malate (SUIT2).
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Indeed, a severe depression of both OXPHOS and ET capacity could be reproduced in vitro.
In all five SUIT protocols, the addition of MCPA resulted in an immediate effect on the
N- and S-pathway but also on the F-pathway, sustained by fatty acid ß-oxidation. When
analyzing SUIT2, the contribution of the S-pathway was similar to the N-pathway in af-
fected and control horses [13]. However, in our study, the S-pathway seemed to be more
affected and therefore resulted in a strong diminution of OXPHOS and ET capacity, no
matter which protocol was used. This finding is probably linked to a longer exposure time
to the toxin since CII-linked activity is measured after CI and CETF sustained O2 flux.

Regarding fatty acid substrates, it is also important to note that ß-oxidation supplies
electron transfer through the N-junction as well as the rate-limiting F-junction pathway
branches. Even though a progressive decrease in respiration was also recorded with SUIT3,
4 and 5, F-pathway combined with S-pathway sustained respiration resulted in better
supported respiration than the NS-pathway.

Overall, MCPA addition to the oxygraphy chamber resulted in a generalized inhibitory
effect, acting either on all ETS complexes, or having a specific target in downstream ETS
components as Q, CIII or CIV. In order to address this question, enzymatic assays testing
either the individual complexes’ response to the toxin or related enzymes upstream (e.g.,
PDH) and other SUIT protocols targeting specific downstream complexes will need to be
applied in future studies. Also, it cannot be excluded that the IC50 calculated on the basis
of toxicity and viability assays was too high to identify the first target and resulted in a
general decrease of O2 flux.

It is also noteworthy that despite the recording of a depression in mitochondrial
respiration, without considering the passage and the cell batch, the differences between
the different passages should be further explored in order to define the cause of variability.
The use of undifferentiated equine primary myoblasts implies that metabolism and mito-
chondrial function may significantly differ compared with differentiated myotubes [30].
Therefore, it seems plausible to suspect that the oxidative phenotype, which depends
on oxidative capacity and fiber type composition [30], would be impacted by myogenic
differentiation and therefore is not completely reflected in situ metabolism. While the toxic
effect of MCPA and MCPrG on ß-oxidation is well documented [9,10] it is worth noting
that in this study as well as in the study performed by Lemieux et al. [13], the pathologic
pathway is not restricted to an inhibition of ß-oxidation since SUIT1 and SUIT2 both result
in a severe depression of the OXPHOS and ETS homeostasis.

The concentrations used in the cytotoxicity/viability study ranged from 1 to 15 mM
MCPA and from 0.25 to 1 mM HGA. Regarding the latter, no effect was observed at the
aforementioned concentrations. This might indicate a lack of metabolization by the cell
culture used within the time of the experiment. When analyzing both cytotoxicity and
cell reduction capacity, it appears that a wider range of concentration must be tested in
future experiments. Indeed, at 8 mM MCPA, cell reduction capacity, which is cumulative,
increases. This may be imputed to the immediate effect of MCPA on the cells. It is, however,
unclear if only some cells are less impacted by low concentrations of MCPA. In any event,
at the lowest concentration after several hours the reductive capacity of the cells is restored
and similar to control cells. However, it is clear that even at 1 mM, there is an immediate
reaction to the toxin indicating cellular impairment. Also, best-fit value calculated for IC50
in our cytotoxicity experiment was 15.7 mM. This concentration would indicate that almost
two times more MCPA is necessary to induce a cytotoxic effect compared to an effect on
cell reductive capacity. When analyzed in detail, the calculated cytotoxicity IC50 value for
passages 6 and 7 is 9.02 mM (±0.58 mM), similar to the IC50 obtained for the reducing
potential. This raises the question of the fluctuation of cell types and maturity between
passages as well as the sensitivity of these assays for these types of cells. Concentrations
of MCPA (i.e., 9 mM) induced a severe decrease in mitochondrial respiration by HRR,
compatible with a 50% decrease depending on the evaluated mitochondrial complex.
However, the range of concentrations needs to be larger in future experiments in order
to determine the minimal concentration at which a toxic effect of MCPA can be recorded.
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Also, despite a similar cell count, total protein content varied between runs. The differences
between passages may also be related to a variable response on the cellular level to the toxin.

In any case, our study manages to replicate mitochondrial alterations in response to
MCPA intoxication. However, current mitochondrial activity assessment still relies on end-
point assays, which yield limited kinetic and therefore prognostic information [31]. Indeed,
our assays are based on oxygen flux recordings depending on substrates, pathways, and
oxidative phosphorylation. Since in this case the clinical picture is a myopathy secondary
to poisoning, it is essential to determine if the mitochondrial damage is consequential
to the ß-oxidation defect and therefore toxic lipid accumulation. To determine if altered
oxidative phosphorylation/mitochondrial respiration is causal or consequential to the
clinical symptoms observed in AM affected horses, tissue-tissue interactions might need to
be monitored to detect early if onsets of mitochondrial stress precede acute rhabdomyolysis.
Even though cellular adaptations might be far-fetched and unrealistic in such an acute
disease, defining the onset of stress in the first affected tissue will enhance chances of
therapy. Since the mainly affected muscle fibers are oxidative, a mitochondrial dysfunction
leading to a shift from oxidative phosphorylation to glycolysis, these cells may be less
equipped to assume their role because of their limited ability to generate ATP by alternative
means or because of the ultrastructural mitochondrial changes [19].

So far, many factors have been cited as potential contributors in the pathophysiol-
ogy of mitochondrial dysfunction involved in a wide variety of disorders as decreased
mitochondrial content, altered substrate delivery, muscle inflammation, morphological
distortion of mitochondria due to glycogen cytoplasmic accumulation, oxidative damage
and mitochondrial damage induced by gluco- and lipotoxicity secondary to intracellular
substrate accumulation [32–34]. Since the direct effect of MCPA can be replicated on a
cellular model, a down-regulation of nuclear and mitochondrial genes in AM does not
seem plausible. However, the larger scale consequences on organs and organelles of HGA
and MCPrG metabolization are to date unknown and may also constitute a therapeutic
target strategy. Indeed, if the toxins have an impact on mitochondrial proteostasis, the
damage may occur at different scales; the horse’s whole metabolism can be impacted, the
mitochondrion’s interaction with the cell and the mitochondrion itself may be damaged,
which will activate pathways to counteract the damage [35].

In the same line, MCPA-carnitine concentrations quantified in serum of AM-affected
horses went up to several thousand nmol/L [7,15]. It is therefore imperative to compare
our results to a direct dosage of MCPA-carnitine in muscle of AM affected horses as
well as to more sensitive techniques, able to detect event slight augmentations of low
concentrations. Additionally, purchased cells originated from one donor horse, and the
reaction of these cells are therefore not to be extrapolated to all animals susceptible to HGA
and MCPA intoxication. Through an immortal cell line, an easy-to-use and alternative
can be found [36,37], providing a pure population of cells to reproduce results obtained
in this preliminary study. A standardized cell culture with an immortal cell line will also
minimize horse-associated reactions to the toxin as well as passage-dependent responses.

In conclusion, our cellular in vitro model reproduced MCPA linked toxicity to a certain
extend. For result reproduction, cytotoxicity assessment and in fine high throughput
screening of therapeutic molecules, the use of an immortalized cell line is the next step.
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Abstract: NADH:ubiquinone-oxidoreductase (complex I) is the largest membrane protein complex
of the respiratory chain. Complex I couples electron transfer to vectorial proton translocation across
the inner mitochondrial membrane. The L shaped structure of complex I is divided into a membrane
arm and a matrix arm. Fourteen central subunits are conserved throughout species, while some
30 accessory subunits are typically found in eukaryotes. Complex I dysfunction is associated with
mutations in the nuclear and mitochondrial genome, resulting in a broad spectrum of neuromuscular
and neurodegenerative diseases. Accessory subunit NDUFS4 in the matrix arm is a hot spot for
mutations causing Leigh or Leigh-like syndrome. In this review, we focus on accessory subunits
of the matrix arm and discuss recent reports on the function of accessory subunit NDUFS4 and its
interplay with NDUFS6, NDUFA12, and assembly factor NDUFAF2 in complex I assembly.

Keywords: mitochondrial disease; Leigh syndrome; NADH dehydrogenase; respiratory chain;
oxidative phosphorylation; assembly factor

1. Introduction

Mitochondrial complex I (proton pumping NADH:ubiquinone oxidoreductase) is the
largest and most intricate membrane protein complex of the respiratory chain [1–4]. It is
a redox-driven proton pump that couples electron transfer from NADH to ubiquinone
(Q) with vectorial proton translocation across the inner mitochondrial membrane. With a
proton pump stoichiometry of 4 H+ per NADH consumed, complex I contributes about
40% of the proton motive force that drives ATP synthase. Mitochondrial complex I from
a broad range of species can reversibly switch from an active A form into an inactive
D form [5,6]. The A/D transition is thought to protect against excessive formation of
reactive oxygen species [7,8]. The structure of complex I has been determined by X-ray
crystallography [9,10] and cryo-EM [1,11–16] and is now well described.

Mammalian complex I comprises 45 subunits [17]. We have established Yarrowia lipolytica
as a yeast genetic model organism to study eukaryotic complex I [18]. Y. lipolytica complex
I comprises 43 subunits of which 40 are orthologues of mammalian complex I [19]. In
this review, we use the nomenclature for human complex I also for orthologous proteins
from other organisms (Table 1). The large number of polypeptides is divided into central
subunits and accessory subunits [20,21]. The 14 central subunits are conserved from
bacteria to man and are assigned to three functional modules [21]. The N module (central
subunits NDUFS1, NDUFV1, NDUFV2) for NADH oxidation and the Q module (central
subunits NDUFS2, NDUFS3, NDUFS7, NDUFS8) for Q reduction are located in the matrix
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arm of complex I (Figure 1, Table 1). In the membrane arm, the P module (central subunits
ND1 to ND6 and ND4L) for proton translocation is subdivided in a proximal PP and a
distal PD module [22]. The genes for the seven central subunits of the membrane arm
represent a substantial part of the mitochondrial genome. All other complex I subunits
and all assembly factors are encoded by nuclear DNA. The N module harbors the NADH
oxidation site with the initial electron acceptor FMN. The N and Q modules together
comprise eight FeS clusters [23,24]. Cluster N1a is thought to have a function for transient
storage of electrons to prevent excessive ROS formation and/or to control NADH binding
in the active site [25]. The other seven FeS clusters are arranged in an electron transfer
chain connecting the NADH oxidation site with the Q reduction site [26]. Cluster N2
is the immediate electron donor for Q. In contrast to other Q reactive enzymes, the Q
reduction site of complex I is buried in the protein structure and is located remotely from
the membrane phase [27]. The hydrophobic Q has to transit through a tunnel into the
Q module to receive electrons from N2 [9,28,29]. It is generally accepted that the energy
driving the proton pumps is released in the Q module. However, the coupling mechanism
of complex I has remained controversial.

The large majority of accessory subunits is only found in eukaryotic complex I. A
notable exception are subunits NDUFS4, NDUFS6, and NDUFA12 that are already present
in complex I from α-proteobacteria [30]. The accessory subunits are arranged around the
core of central subunits [10,16,31,32]. In general, their function is less clear, but in many
cases, severe complex I assembly defects were found after knock out (KO) of individual
genes coding for accessory subunits in human cell lines [33].

Mutations causing a broad spectrum of pathological conditions were reported for
central and accessory subunits and assembly factors, and they have been reviewed re-
cently [32,34–36].

Here, we focus on accessory subunit NDUFS4 in the matrix arm of complex I and the
interplay of accessory subunits with assembly factor NDUFAF2 during the attachment of
the N module.

Table 1. Subunits of the peripheral arm of respiratory complex I.

Homo sapiens Yarrowia lipolytica Bos taurus Comment

central subunits peripheral arm

NDUFS1 NUAM 75-kDa 2x Fe4S4; 1x Fe2S2
NDUFV1 NUBM 51-kDa FMN; NADH; 1x Fe4S4
NDUFS2 NUCM 49-kDa Q-binding
NDUFS3 NUGM 30-kDa
NDUFV2 NUHM 24-kDa 1x Fe2S2
NDUFS8 NUIM TYKY 2x Fe4S4
NDUFS7 NUKM PSST Q-binding; 1x Fe4S4

accessory subunits peripheral arm

NDUFA2 NI8M B8
NDUFS4 NUYM 18-kDa/AQDQ
NDUFS6 NUMM 13-kDa Zn2+

NDUFA12 N7BM B17.2 paralog of assembly factor NDUFAF2
NDUFA7 NUZM B14.5a
NDUFA5 NUFM B13
NDUFA9 NUEM 39-kDa NADPH
NDUFA6 NB4M B14 LYRM6

NDUFAB1 ACPM1 SDAP ACPM
NDUFV3 9-kDa

ST1 sulfur transferase
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Figure 1. Functional modules of complex I and accessory subunits of the matrix arm. (A) The central
subunits of complex I are assigned to functional modules for NADH oxidation (N module, orange),
ubiquinone reduction (Q module, green), and proton pumping (P module, cyan). (B) Accessory
subunits of the matrix arm of human complex I (PDB ID: 5xtd) are shown in color, all other subunits
are shown in gray. (C) Accessory subunits of the matrix arm of Y. lipolytica complex I (PDB ID: 6rfr;
color code as in (B)); the sulfur transferase subunit ST1 is not part of the model; note that FV3 is not
present in Y. lipolytica complex I.

2. Accessory Subunits of the Matrix Arm in Yeast and Mammalian Complex I

The matrix arm of mammalian and yeast complex I comprises 10 accessory subunits.
Overall, the same set of subunits is found, but subunit NDUFV3 of mammalian complex I
is not present in the yeast enzyme complex. NDUFV3 is the only subunit for which
tissue specific isoforms have been reported [37–39]. On the other hand, only Y. lipolytica
complex I is associated with the sulfur transferase subunit ST1 [40,41]. Binding of ST1 is
substoichiometric and the deletion of the ST1 gene has no impact on complex I function
or biogenesis.

NDUFA9 is the largest accessory subunit of the matrix arm. It has the fold of a
short chain dehydrogenase [42] and binds NADPH [43]. The cofactor is present in all
structures of the eukaryotic complex with sufficient resolution and is therefore a tightly
bound component of the subunit [1,11]. The NADPH molecule is too far away from the
nearest FeS cluster to allow electron transfer and its function remains unknown. It has been
shown recently that NDUFA9 binds the head groups of several phospholipid molecules,
which is remarkable for a subunit of the peripheral arm [19]. The subunit is thought to
undergo a conformational change in the A/D transition [44] and the relaxation of the
protein structure in the C-terminal domain of the subunit has been reported for the D form
of mammalian complex I [45].

Mammalian complex I binds two copies of the mitochondrial acyl carrier protein
(ACPM) subunit NDUFAB1. In contrast, the yeast enzyme comprises two different but
closely related ACPM variants [46]. In all cases, a fatty acid is appended to the phos-
phopantethein group of the ACPM [47,48]. This fatty acid is inserted into the interior
of a mitochondrial LYR (Lys-Tyr-Arg motif) protein that forms a heterodimer with an
ACPM [32,49,50]. The mitochondrial LYR proteins were initially implicated in FeS cluster
biogenesis [51], but are now recognized to be associated with different macromolecular
complexes in the mitochondrion [49]. ACPM/LYRM heterodimers are bound to the Q
module of complex I (NDUFAB1α/NDUFA6) [50] and to the tip of the membrane arm
(NDUFABβ/NDUFB9) [52]. It is interesting to note that free NDUFAB1 has an essential

47



Life 2021, 11, 455

function in mitochondrial fatty acid synthesis to generate the octanoic acid precursor for
lipoic acid [53]. The ACPMs associated with complex I carry longer chain fatty acids and
a regulatory function is debated [54]. We have shown that binding of the LYRM protein
NDUFA6 to the matrix arm is essential for the Q reductase activity [50]. More recently, we
determined the structures of NDUFA6 mutants and showed that single exchanges at the
contact site with the functionally important ND3 loop have a strong impact on the interface
region of the matrix and membrane arms [55].

NDUFA5 has been noticed in connection with the A/D transition, because the interface
of this subunit and accessory subunit NDUFA10 must rearrange during deactivation [45].
Since NDUFA10 is lacking in complex I from Y. lipolytica, the longer lifetime of the A form
in mammalian complex I might be connected with this specific structural feature [13].

NDUFA2 has a thioredoxin-like fold, but its function has remained unclear. In mammals,
the subunit has two cysteine residues, but in Y. lipoytica, only one cysteine is conserved.

The three subunits NDUFS4, NDUFS6, and NDUFA12 are distinguished by the fact
that they are already found in complex I from α proteobacteria [30]. NDUFS4 has attracted
a lot of attention, because it is a hot spot for pathogenic mutations. Knock-out mouse
models (Ndufs4 KO) are widely used to study Leigh syndrome (LS) [56,57]. Moreover,
NDUFS4 can be singled out because, in mammalian species, it harbors a canonical serine
phosphorylation site [58]. However, analysis of bovine complex I by mass spectrometry
did not provide evidence for phosphorylation of the subunit [59,60]. Phosphorylation
is thought to play an important role during import and/or maturation of the precursor
protein [61,62]. NDUFS6 has a zinc binding site [63]. It is interesting to note that NDUFA12
is a paralog of assembly factor NDUFAF2 [64]. Several lines of evidence have indicated
that the interplay of subunits NDUFS4, NDUFS6, and NDUFA12 with assembly factor
NDUFAF2 is critical for the attachment of the N module to nascent complex I.

3. Leigh Syndrome and the Ndufs4 KO Mouse Model

In humans, inactivation of the NDUFS4 gene on chromosome 5 is known to cause
severe neurologic disorders [65–68]. In most cases, LS or Leigh-like syndrome is diagnosed
(Table 2) [69–75]. LS is a rare disease with a prevalence of roughly 1:40.000 live births and a
generally poor prognosis [76–78]. A recent meta-analysis showed that 35% of LS cases are
associated with defects in respiratory complex I [79]. In 2016, a ratio of 22 cases of NDUFS4-
linked LS for a group of 198 patients with complex I-linked LS was reported [73]. Genotyp-
ing of microsatellite DNA markers and array-comparative genomic hybridization has been
utilized for diagnosis and might be used for patients with a high pre-test probability in the
future [80,81]. Blue native (BN) PAGE consistently revealed abnormal assembly profiles in
skin fibroblasts from affected patients and was proposed as a reliable and specific screening
method [82]. Ndufs4 KO mouse models as well as human and murine cell lines have been
used extensively to study LS and to explore strategies to counteract the pathophysiological
consequences of complex I deficiency [56,57]. Attempts to alleviate disease progression
such as expression of plant NDH-2 [83], administration of redox-modulators [84], or target-
ing of NAD+-metabolism [85,86] have been reported. Inhibition of mTOR by rapamycin
was shown to dramatically improve survival and health in Ndufs4 KO mice [87], probably
by rescuing a dysfunctional α-ketoglutarate/glutamate/glutamine metabolic axis [88]. The
metabolite α-ketoglutarate is thought to sustain sufficient OXPHOS capacity and substrate
level phosphorylation even when complex I activity is compromised [89]. In addition, there
is evidence that glutamatergic neurons, in particular, drive disease development [88]. The
link between mTOR inhibition and the neuron-specific neurotransmitter metabolism opens
up a further possible explanation for the positive effect of rapamycin. mTOR is present
in two distinct complexes, mTORC1 and mTORC2. mTORC2 was initially described as
rapamycin insensitive; however, chronic rapamycin treatment is thought to decrease the
formation of new functional mTORC2 [90], resulting in a decrease of PKC-β-dependent
pro-inflammatory signaling [91]. Rapamycin treatment thus exerts its positive effect via the
inhibition of both mTORC complexes, resulting in changes in metabolism and a decreased
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tendency to inflammation. In another promising approach at the preclinical stage, it was
shown that hypoxia treatment with 11% O2 not only ameliorated symptoms but, in fact, led
to the reversal of neurological impairment in the Ndufs4 KO mouse model [92–94]. It was
recently demonstrated that hypoxic breathing normalizes a detrimental hyperoxia in brain
tissue, while activation of the hypoxia-inducible factor (HIF) is not a crucial factor [95].
A new perspective on LS has recently been opened by the observation that switching
from glycolytic metabolism to OXPHOS is critical for early neuronal morphogenesis [96].
Defective metabolic reprogramming due to mutations in OXPHOS complexes is thought to
be incompatible with normal brain development and might lead to early termination of
pregnancy in more cases than previously known.

Table 2. Summary of pathogenic mutations in NDUFS4, NDUFS6, NDUFA12, and NDUFAF2.

Subunit Mutation DNA Mutation Protein Disease Reference

NDUFS4

c.44 G > A p.Trp15* Leigh like syndrome [65]
c.44 G > A no complex I assembly Leigh like syndrome [68]

c.99-1 G > A
c.462delA

p.Ser34Ilefs*4
p.Lys154Asnfs*34 Leigh syndrome [97]

c.221delC p.Thr74Ilefs*17 Complex I deficiency [97]
c.289delG p.Tyr97* Leigh like syndrome [68]
c.291delG p.Trp97* Leigh syndrome [73]

c.316 C > T p.Arg106* Leigh like syndrome [98]
c.340 T > C p.Trp114Arg Leigh syndrome [99]
c.355 G > C
c.462delA

p.Asp119His
p.Lys154Asnfs*34 Leigh syndrome [72]

c.393dupA p.Glu132Argfs*15 Leigh syndrome [70]
c.462delA p.Lys154Asnfs*34 Leigh syndrome [69]

c.466-470 AAGTC duplication frameshift, elongation of the
carboxyl terminus by 14 residues Leigh like syndrome [68,75]

NDUFS6

c.186+2 T > A splicing abnormality, deletion Complex I deficiency [100]
c.313_315delAAAG p.104Lys_106Thrfs Complex I deficiency [101]

c.343 C > A
c.309 + 5 G > A p.Cys115Arg Leigh syndrome [102]

c.344 G > A p.Cys115Tyr lactic acidemia [103]

NDUFA12

c.86G > A p.Arg29Lys Leigh syndrome [104]
c.178C > T p.Arg60* Leigh syndrome [105]

c.178C > T p.Arg60* Mucolipidosis Type II, Leigh
syndrome [106]

c.224G > A p.Trp75* Leigh syndrome [104]
c.253G > T p.Glu85* Leigh syndrome [104]
c.395delA p.Lys132Argfs*50 Leigh syndrome [104]

NDUFA2

c.1A > T p.M1L hypotonia, nystagmus, ataxia,
acute episodes of encephalopathy [107]

c.9G > A p.Trp3* Leigh syndrome [108]
c.103delA p.Ile35Serfs* Leigh syndrome [97]
c.114C > G p.Y38* Leigh syndrome [109]
c.182C > T p.R45* progressive encephalopathy [110]
c.221G > A p.Trp74* Leigh syndrome [97]

Gene therapy approaches in the Ndufs4 KO mouse model were also pursued as an
alternative to pharmacological therapy options [111,112]. Adeno-associated viral vector
(AAV)-based gene replacement showed promising results in Ndufs4 KO mice, but differ-
ences in the blood brain barrier between mouse and human are still an obstacle for future
clinical applications [112].

4. NDUFS4-Linked Complex I Dysfunction at the Molecular Level

Several lines of evidence indicate that NDUFS4 plays a role in the late stage of com-
plex I assembly [66,68,113,114]. In animal models and patient cell lines, quantitative mass
spectrometry showed that deletion of NDUFS4 caused an increase of assembly factor ND-
UFAF2 and induced a near complete loss of accessory complex I subunit NDUFA12 [115].
In BN PAGE, an 830 kDa subcomplex harbouring NDUFAF2, but lacking the N module,
has been observed. However, in intact tissue, substantial rotenone sensitive Q reductase
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activity was found, which argues against the complete loss of the N module under in vivo
conditions [116]. It is interesting to note that integration of complex I into supercomplexes
appears to have a stabilizing function for complex I lacking NDUFS4 [117].

We have studied the impact of a NDUFS4 gene deletion on complex I function and
assembly in the aerobic yeast Y. lipolytica [118]. We found that in the yeast KO strain,
complex I levels were decreased and ubiquinone (Q) reductase activity in membranes
was reduced. Complexome profiling of intact mitochondria showed that assembly factor
NDUFAF2 was bound to complex I, but in clear contrast to the situation observed for
mammalian species [115], we did not find a substantial decrease of NDUFA12. In the
yeast system, large scale purification of complex I is straightforward. We found that in
purified complex I from the NDUFS4 deletion strain, all subunits except NDUFS4 were
present and the amount to NDUFAF2 was clearly substoichometric. This suggests that
NDUFAF2 was only loosely attached to complex I before solubilization and was easily
removed during protein purification. The purified complex showed reduced ubiquinone
reductase activity while the formation of ROS under turnover conditions was increased.
The EPR spectrum of mutant complex I showed a marked change in the N1b and N3 signals.
The cryo-EM structure of the mutant (Figure 2) [19] offered a straightforward explanation
for the biochemical and spectroscopic data. We found that the absence of NDUFS4 exposes
clusters N1b and N3 to solvent. Thus, the change in EPR spectra is caused by the loss of
the shielding function of the accessory subunit. Interestingly, in T. thermophilus complex I,
the NDUFS1 subunit has an extra loop that partially matches the position of the NDUFS4
subunit in mitochondrial complex I [118]. The increased ROS formation of the mutant
might be linked with the greater solvent accessibility of FeS clusters or a longer dwell-time
of electrons on FMN, which is known to be critical for the generation of superoxide [119].

Figure 2. Structure of complex I lacking NDUFS4 and of an assembly intermediate harboring assem-
bly factor NDUFAF2. (A) Cryo-EM structure of Y. lipolytica complex I purified from ndufs4∆ strain
(PDB ID: 6rfs); the red arrow indicates direction of view for (B) and (C). (B) Detail view on NDUFS4
in wild type Y. lipolytica complex I (PDB ID: 6rfr), direction of view (see (A)). (C) Same as (B) for
ndufs4∆ mutant (PDB ID: 6rfs); FeS clusters N1b and N3 are solvent exposed. (D) Structure of com-
plex I assembly intermediate purified from Y. lipolytica ndufs6∆ strain (PDB ID: 6rfq). The assembly
intermediate harbors assembly factor NDUFAF2 and all subunits, except NDUFS6 and NDUFA12.
For clarity, only NDUFAF2 and NDUFS4 are shown in color. The position of NDUFAF2 matches the
position of NDUFA12 in wild type complex I.
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5. The Role of NDUFS4, NDUFS6, and NDUFA12 in Complex I Assembly

The intricate assembly pathway of mammalian complex I has been studied in de-
tail [120–122]. Five submodules are initially formed and then combined in a stepwise pro-
cess to yield complete complex I. At least 15 assembly factors are known to associate with
submodules and play an indispensable role in the assembly process [120]. Assembly factor
NDUFAF2 was originally identified as a c-Myc controlled mitochondrial protein (Mimitin)
with similarity to complex I subunit NDUFA12 [123]. Whole genome subtraction of fermen-
tative and non-fermentative yeasts gave strong indications that NDUFAF2 is a complex I
assembly factor and a null mutation of the associated gene was shown to cause progres-
sive encephalopathy [110]. Analysis of mutants in the fungus Neurospora crassa [114] and
complementation assays using human mitochondria derived from patients [113] showed
that NDUFAF2 function is tightly associated with the attachment of the N module and that
NDUFS4, NDUFS6, and NDUFA12 must work together to release the assembly factor in the
final step of complex I biogenesis. Since NDUFAF2 and NDUFA12 are paralogs, it had been
proposed that both polypeptides occupy the same position in the mature enzyme complex
and in the preceding assembly intermediate [64]. We have shown that deletion of the
gene encoding NDUFS6 in Y. lipolytica caused accumulation of an assembly intermediate
that lacked NDUFA12, while NDUFAF2 remained firmly bound [63]. The Q reductase
activity of the NDUFS6 KO mutant was reduced to 44%. Mutations in the zinc binding site
stalled complex I assembly to varying degrees. Pathogenic mutations in NDUFS6 have
been reported (Table 2) and exchange of a cysteine ligand of the metal binding site was
shown to cause fatal neonatal lactic acidosis [103]. Taking advantage of straightforward
His-tag affinity purification of Y. lipolytica complex I, we obtained a preparation of the
assembly intermediate of sufficient quality for high-resolution structure determination by
cryo-EM (Figure 2) [19]. The structure shows that in the assembly intermediate NDUFAF2
in fact matches the position of NDUFA12 in mature complex I. The NDUFAF2 structure
also clashes with the position of NDUFS6. The structure thus offers a straightforward
explanation for why NDUFS6 and NDUFA12 are required for the release of NDUFAF2. At
first sight, the role of NDUFS4 was less clear, because the subunit appeared to be separated
from the assembly factor binding site. Interestingly, no cryo-EM density was observed
for a sequence stretch of about 100 amino acids in the C-terminal part of the assembly
factor indicating disorder. A finger-like protrusion of NDUFS4 penetrates a narrow cleft
between the N and Q modules and comes close to the site where the NDUFAF2 structure
is unresolved. We have proposed that in the assembly intermediate NDUFS4 has already
pushed out a domain of the assembly factor which becomes flexible after detachment
from the complex. The major part of the assembly factor remains bound because NDUFS6
is lacking and the NDUFS6/NDUFA12 tandem cannot be formed for complete removal
of NDUFAF2. In the NDUFS4 KO, a weak association of complex I with NDUFAF2 is
possible because the protein surface occupied by this accessory subunit in the wild type is
still available for the assembly factor in the mutant. The C-terminal end of the assembly
factor binds to NDUFS1 and anchors the N module. We propose that before the binding of
NDUFS4, the un-modelled sequence stretch of the assembly factor is bound to the assembly
intermediate and forms a platform for the docking of the N module. Thus, the C-terminal
part of the assembly factor guides the N module to its attachment site, while the N terminal
domain is responsible for a stable connection with the nascent complex. These results
give a consistent picture for Y. lipolytica, but cannot explain why NDUFAF2 remains firmly
bound in mammalian NDUFS4 KO cells [115]. We propose that there is no fundamental
difference in the N module assembly but that only the relative contribution of NDUFS4,
NDUFS6, and NDUFA12 for the detachment of NDUFAF2 is different. In Y. lipolytica,
NDUFS4 plays a minor part, while, in mammals, the lack of NDUFS4 precludes NDUFAF2
detachment, which in turn blocks the association with NDUFA12. This may also explain a
weaker binding of the N module in the mutant complex I.

A recent report showed that the N module is turned over faster than the rest of
complex I [124]. The N module is thought to be more exposed to oxidative damage because
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of superoxide formation at the FMN cofactor [119,125]. Selective exchange of dysfunctional
N module is advantageous, because it has a lower energetic cost than de novo synthesis of
the complete enzyme complex. Interestingly, the three subunits discussed here are among
the group of subunits with the highest exchange rate in agreement with their role in the
attachment of the N module.

6. Conclusions

The central subunits of complex I harbor all bioenergetic core functions. Nevertheless,
there is increasing evidence that mutations in accessory complex I subunits can have dra-
matic consequences and cause fatal disease. The pathophysiology of NDUFS4-linked Leigh
syndrome is increasingly well understood. However, therapeutic approaches are still at an
experimental stage. Loss of NDUFS4 affects complex I assembly and causes detrimental
structural changes in assembled complex I. While animal models and mammalian cell lines
are indispensable to study LS and possible therapeutic approaches, the yeast Y. lipolytica
offers the advantage of straightforward gene manipulation and large-scale purification of
complex I variants for biochemical, spectroscopic, and structural analysis of complex I and
complex I variants.
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Abstract: The heart is responsible for pumping blood, nutrients, and oxygen from its cavities to
the whole body through rhythmic and vigorous contractions. Heart function relies on a delicate
balance between continuous energy consumption and generation that changes from birth to adult-
hood and depends on a very efficient oxidative metabolism and the ability to adapt to different
conditions. In recent years, mitochondrial dysfunctions were recognized as the hallmark of the onset
and development of manifold heart diseases (HDs), including heart failure (HF). HF is a severe
condition for which there is currently no cure. In this condition, the failing heart is characterized by a
disequilibrium in mitochondrial bioenergetics, which compromises the basal functions and includes
the loss of oxygen and substrate availability, an altered metabolism, and inefficient energy production
and utilization. This review concisely summarizes the bioenergetics and some other mitochondrial
features in the heart with a focus on the features that become impaired in the failing heart.

Keywords: mitochondria; heart failure; bioenergetics; mitochondrial dynamics

1. An overview of Mitochondrial Bioenergetics and Function in the Healthy Heart

Over recent years, mitochondrial dysfunction was recognized as the hallmark of
manifold heart diseases (HDs) in their onset and development [1,2]. Despite the advance-
ment of specific prevention guidelines and relevant therapeutic strategies, HD remains
the main cause of death in Western countries [3]. Mitochondria occupy 30% of the total
volume of cardiomyocytes and are localized in three different areas among cardiac fibers [4];
these structures are highly dynamic during all phases of heart development and exhibit
continuous changes in terms of their bioenergetics and biology during cardiomyocyte
differentiation [5]. This mitochondrial abundance is justified by the high-energy supply
required by the heart that is provided by mitochondria, defined as “the powerhouse of the
cells”. In fact, via oxidative phosphorylation (OXPHOS), mitochondria generate 95% of the
adenosine triphosphate (ATP) needed to maintain cardiac activities [6]. In cardiac tissue,
the principal source of energy is generated by fatty acid oxidation (FAO), which occurs
in the mitochondrial matrix. The products obtained by beta-oxidation enter the Krebs
cycle and are ultimately utilized by the electron transport chain (ETC), which takes place
along the inner mitochondrial membrane (IMM), and this phenomenon creates a proton
electrochemical gradient and consequently generates the mitochondrial transmembrane
potential (∆Ψm). Under physiological conditions, the ∆Ψm is −180 mV across the IMM
and thus acts as a driving force for cations, such as calcium (Ca2+), which is considered
the most important second messenger in cells. Mitochondrial Ca2+ plays a crucial role in
controlling cell physiopathology and cell fate [7]. In the heart, its importance is highlighted
by the fact that it is fundamental for the contractile function of cardiomyocytes [8]; indeed,
excitation and contraction are paired to cardiomyocyte depolarization and Ca2+ fluxes.
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Concomitant with an action potential, the sarcolemma depolarizes, and Ca2+ enters a
dedicated area across the sarcolemma through L-type voltage-operated calcium channels
(VOCCs). Here, the Ca2+ concentration increases from very low levels (nanomolar ranges)
to approximately 10 µM to give rise to the so-called Ca2+ sparklet. These Ca2+ sparklets
induce ryanodine receptor 2 (RyR2) opening and Ca2+ release from the main store inside
cells, the sarcoplasmic reticulum (SR), which might generate higher Ca2+ sparks into the
cytosol and thus allow cell shortening and blood pumping in the heart.

Mitochondrial Ca2+ also leads to the generation of ATP via the activation of dehy-
drogenases [9] and increasing the activity of the ATP synthase [10] when muscles are
stimulated. ATP cycling, as well as Ca2+, constitutes a key point for the control of both
muscle contraction and relaxation. Indeed, ATP is used by the sarcoendoplasmic reticulum
Ca2+-ATPase cardiac isoform 2a (SERCA2a) to remove Ca2+ from the cytosol in the diastolic
phase to ensure muscle relaxation and the correct Ca2+ reuptake into the SR for the next
muscle contraction. Thousands of these events occur with each action potential. Although
other systems of Ca2+ removal exist in the cells, such as Plasma membrane Ca2+ ATPase
(PMCA) and Na+/Ca2+ exchanger (NCX), SERCA2a handles about 75% of cytosolic Ca2+.

Ca2+ is also responsible for activating cell death pathways. Indeed, it is widely
reported that persistent accumulation of Ca2+ into the cytosol and mitochondrial Ca2+

overload trigger the opening of the mitochondrial permeability transition pore complex
(PTPC), a biological event that, if sustained, leads to cell death [11,12].

An important consequence of mitochondrial function is reactive oxygen species (ROS)
production [13]. Indeed, ROS are physiologically generated by the ETC via the reduction of
oxygen to superoxide and by the Krebs cycle in the mitochondrial matrix. Although a bal-
ance exists between ROS production and scavenging systems and that ROS regulate some
physiological processes, a significant dysregulation may occur in or as a consequence of dis-
eases; indeed, ROS bursts can damage proteins, lipids, and mitochondrial DNA (mtDNA),
which trigger inflammation and ultimately cell death as well as PTPC opening [14].

Heart failure (HF) is a severe condition for which there is currently no cure, and
only medications are administered to maintain a patient’s life as normally as possible.
Approximately 30 million people worldwide are suffering from HF, and these patients
need new therapies that address the disease rather than only providing symptom relief.
The clinical scenario is represented by two main conditions: either a reduction of left
ventricular (LV) ejection fraction, named as heart failure with reduced ejection fraction
(HFrEF) [15], which results in an enlarged LV that cannot contract as it should, or a
preserved LV ejection fraction (HFpEF), where the LV preserves its ability to contract but,
being less than the necessary volume of blood which enters in the left chamber during an
improper diastole, it does not meet the body’s requirement. Mitochondria, intracellular
Ca2+ and ATP cycling not by chance are associated with significant alterations during HF,
and understanding these changes might have a potential impact on the search for new
pharmacological treatments. Two of the main intracellular alterations in HF are the elevated
cytosolic Ca2+ levels in diastole and its decrease in availability in the SR during systole.
This leads to an inefficient cycle of excitation contraction coupling (ECC). Several studies
in human and animal models have associated these defects in Ca2+ cycling to SERCA2a
dysfunction [16,17] in terms of reduced expression and impaired regulation [18].

HF develops through stages of cardiac adaptation in terms of macroscopic (e.g.,
hypertrophy) and microscopic (e.g., metabolism) changes. During cardiac hypertrophy, a
metabolic shift from FAO to glycolysis occurs [19]. This finding is supported by a seminal
paper that, using the carbon isotope labelling techniques [20], showed the importance of
the glycolytic pathway in producing ATP in hypertrophic hearts to compensate for the
significant decrease in OXPHOS [21]. Despite enhanced glycolysis, various studies showed
either decreased or normal glucose oxidation, leading to an uncoupling between the uptake
of glucose and its oxidation [19]. If the energy for low work load becomes inefficient, which
means deeply impaired contractility, the advanced stage of HF begins which continues
to be characterized by repression of FAO and high glycolysis. Here, the use of ketone
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bodies and branched-chain amino acids (BCAAs) as alternative metabolic substrates are
prevailing. These can be further converted to acetyl-CoA to enter the tricarboxylic acid
cycle and ETC to produce ATP.

This review aims to describe mitochondrial dynamics and bioenergetics in the heart
with references to HF.

2. Mitochondria-Related Metabolic Abnormalities in the Failing Heart

The mammalian heart is considered a metabolic omnivore with the capacity to oxidize
fatty acids, ketone bodies, carbohydrates (glucose and lactate), and BCAAs to meet its
high energy demand after birth [22]. Cardiac metabolism maintains a dynamic state of
equilibrium for efficient energy transfer and is a highly concerted plethora of chemical
reactions leading to the conversion of ATP both to sustain cell function and allow contrac-
tion, growth, repair, and regeneration. The metabolic alterations in the failing myocardium
have been explored; from many points of view [23], HF is considered a return to fetal
stages due to the shift from FAO-based metabolism (which mainly manifests as a 35%
decrease in the ATP concentration and changes in substrate utilization) to glycolysis (the
main active pathway during the fetal period) accompanied by progressive degeneration of
the myocardium [24,25] (Figure 1). Accordingly, cardiac metabolism in HF was recognized
as a field of active research for well over a century [26] and will be discussed in the first
part of this review.

Figure 1. Metabolic and mitochondrial ultrastructural changes in HF. The figure summarizes the first part of the review
which reports all metabolic changes and main mitochondrial ultrastructural abnormalities accompanying HF development
in humans.

2.1. Substrate Changes

2.1.1. Fatty Acids

The beta-oxidation of fatty acids was first demonstrated by Knoop in 1904. FAO
represents a predominant fuel source for the myocardium and typically exhibits high
flexibility following changes in substrate availability [27]. FAs pass the plasma membrane
via tissue-specific transporters and are processed to enter mitochondria for oxidation. Each
cycle of FAO produces acetyl-CoA, NADH, and FADH2 for ATP production, and this
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production is estimated to equal 50% to 70% of the ATP consumed during contraction [28].
In HF, a reduction in the expression of genes encoding FAO enzymes was observed in
patients and animal models [29], and this decrease is linked to a reduction in mitochondrial
respiration; both of these effects are directly correlated with the stage (worsening from
early to advanced) and the cause of HF. Accordingly, one of the most consistent metabolic
changes in HF is the marked downregulation of fatty acid utilization, which is mainly
described in end-stage HF studies [24,30,31] (Figure 1). Cardiac lipid accumulation is also
observed in failing hearts from patients who are affected by diabetes and obesity-related
metabolic complications, triggering a phenomenon known as “lipotoxicity” [32]. Reduced
levels of FAO pathways and the accumulation of incompletely oxidized fatty acids trigger a
mismatch between the supply and oxidation of FAs [33]; moreover, the oxidation of glucose
and lactates becomes impaired, which leads to an uncoupling of yet increased glycolysis
and less cardiac efficiency and function.

In addition to respiratory inhibition, lipotoxicity leads to other mitochondrial dysfunc-
tions caused by a free FAs-dependent drastic permeability of mitochondrial membranes
increasing proton conductance [34] and, being long-chain acyl-CoA esters, potent inhibitors
of adenine nucleotide translocator (ANT) [35], with serious implications in ROS genera-
tion. In the first scenario, free FAs lead to the dissipation of the membrane potential by
continuously passing across the IMM from the intermembrane space (IMS) to the matrix
and there, releasing protons. Indeed, the matrix has higher pH than IMS. In a second
step, FAs come back to the IMS as anions taking advantage of ANT; here, for each of
these cycles, the mitochondrial matrix is enriched by one proton. This action would affect
membrane permeability and bioenergetics, and trigger cell death [36,37]. Recently, it was
demonstrated that introducing omega-3 FA into the diet modifies the composition of free
FA, shifting from the precursors of inflammatory states (arachidonic acid) to those involved
in their resolution (eicosapentaenoic acid), thus ameliorating cardiac dysfunction [38].

In addition to their impact as energy-providing substrates, FAs act as mediators of
signal transduction and as ligands for nuclear receptor peroxisome proliferator-activated
receptors (PPARs)-α. The PPAR-α/PXRα complex (retinoid X receptor pathway) and
its transcriptional partner Peroxisome proliferator-activated receptor gamma coactivator
1-alpha (PGC1-α) are considered master regulators of mitochondrial biogenesis [39] and
FAO by sensing dietary needs and pathological states. Interestingly, in almost all studies in
the field, these two compounds were found to be significantly downregulated and thus
become the culprits of the metabolic shift toward glycolysis in HF [40–42]. In support
of this finding, preclinical studies observed repression of OXPHOS, increased oxidative
stress, and accelerated HF following pressure overload in cardiac PGC1-α-knockout (KO)
transgenic animals.

2.1.2. Glucose

In an effort to counteract the decrease in ATP generation due to OXPHOS impairment,
glycolysis rates become elevated in HF [43].

In 1907, Locke and Rosenheim were the first to study myocardial glucose uptake
in an isolated rabbit heart model [44]: Glucose and its metabolites play several roles in
cardiac myocytes, and their uptake is regulated by the membrane translocation of glucose
transporter (GLUT) 1 and GLUT4 followed by phosphorylation into 6-phosphoglucose
(G6P). Of note, glycolysis and glucose oxidation are differentially regulated in the heart.
Therefore, in failing hearts, the elevated rate of glycolysis is not needed to translate into
enhanced glucose oxidation [45]. A plethora of studies support this notion: Patients with
HF present enhanced levels of cardiac glycolysis without increases in glucose oxidation,
lactate, and pyruvate accumulation [46]. Instead, significant abolition of glucose oxidation
was detected in many animal models of HF and in a pool of patients with congestive
HF [47] and is currently considered a metabolic marker that proceeds with the development
of cardiac deterioration in HF [48]. This feature is due to deregulation of the overall
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mitochondrial oxidative capacity and alterations in pyruvate dehydrogenase (PHD) activity,
which lead to a reduction in the conversion of pyruvate into acetyl-CoA [49–51].

Nevertheless, the literature reports apparently conflicting evidence for glucose utiliza-
tion in HF over time. Additional studies showed that the glucose oxidation rates either
remained unchanged in a compensated HF rat model [21] or were elevated in canine
cardiac-pacing experiments [41]. The reason for this contradictory evidence is unclear. The
most accredited hypothesis is that glucose oxidation varies according to the severity of HF
(and to a small extent to the cause); it starts to increase at initial stages and then remains
unchanged until it decreases at advanced stages [52].

2.1.3. Ketones

New metabolic changes, including ketone bodies and branched-chain amino acids
(BCAAs), were recently identified as alternative substrates in end-stage HF (Figure 1).

Ketone bodies are small molecular energy substrates that are rapidly mobilized and
produced during fasting and starvation through hepatic ketogenesis and provide three
types of ketones: acetone, β-hydroxyburate (βOHB), and acetoacetate. Ketones can enter
cardiomyocytes and be translocated to the mitochondrial matrix, where βOHB is oxidized
into acetoacetate by the key enzyme βOHB dehydrogenase (BDH1); thus, acetoacetate
is stimulated by succinyl-CoA to acetoacetyl-CoA and then converted to acetyl-CoA by
acetyl-CoA acetyltransferase. Consequently, acetyl-CoA is able to enter the tricarboxylic
acid cycle and ETC to produce ATP [53,54].

Recent studies by Aubert and associates found that BDH1 was significantly upregu-
lated at least two- to three-fold in an HF mouse model, and this increase is accompanied
by significant stimulation of ketone metabolism, which suggests the role of ketone bodies
as alternative substrates when glucose oxidation is downregulated in failing hearts [55].
Consistent with previous findings, enhanced myocardial ketone body oxidation rates were
found in an ex-vivo-isolated murine heart [56], and significantly higher ketone body levels
were detected in the peripheral blood of patients affected by HF than in normal subjects [57].
Although metabolomics studies confirmed that HF utilizes ketones as an alternative sub-
strate in an effort to supply energy at the end stage of human HF, this change does not
apport beneficial effects to the evolution of the pathology. Indeed, the plasma ketone
concentration and acetone are reportedly linked with malignant prognosis in patients with
chronic HF [58,59]. These findings might provide new insights for therapeutic approaches
toward HF [60].

2.1.4. BCAAs

Similarly, BCAAs are an important group of essential amino acids and an integral part
of myocardial energy metabolism and thus play a crucial role in the pathophysiology of
end-stage failing hearts. BCAAs act as key building blocks for peptide synthesis and are
effective sources for the biosynthesis of sterol, keto bodies, and glucose. In addition, BCAAs
are essential for normal growth and function at the cellular and organism levels [61].

Cardiac BCAA absolute levels were found to be significantly enhanced in a mouse
model of HF that underwent transverse aortic constriction [62]. This evidence was cor-
related with a significant reduction in BCAA catabolic enzymes and in the % of EF, and
was associated with insulin resistance [62–64]. Moreover, recent studies reported that
branched chain alpha-keto acids (BCKAs), which are produced after the initial step of
BCAA metabolism, are also increased in the myocardium of HF patients [63]. Enhancing
BCAA oxidation in the myocardium can ameliorate the progression of HF by improving
cardiac function (increasing the % EF and reverting insulin sensitivity) in a mouse model,
which suggests that the imbalance between BCAA availability and use in failing hearts
might be correlated with contractile dysfunction [63]. The improved BCCA catabolism was
obtained by using 3,6-dichlorobenzothiophene-2-carboxylic acid (BT2), an inhibitor of the
branched-chain α-keto acid dehydrogenase kinase (BCKDK) which phosphorylates and
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inactivates the key enzyme (branched-chain α-keto acid dehydrogenase) responsible for
providing substrates used by the TCA cycle [64].

Cardiac BCAA catabolism is described to be deregulated also in myocardial infarction
(MI)-operated mice, and this effect contributes to post-MI HF and remodeling by enhancing
the mammalian target of rapamycin (mTOR) signaling, a modulator of various anabolic
(e.g., protein synthesis) and catabolic (e.g., autophagy) pathways [65]. Alterations in
mTOR signaling contribute to the progression of failing hearts [66,67]. Furthermore, the
amino acids aspartate and glutamate play a key role in the transfer of reducing equivalents
across the mitochondrial membrane for the oxidation of cytosolic NADH through the
mitochondrial ETC.

3. Mitochondrial Dynamism in the Failing Heart

The development of real-time methods involving the use of chemical dyes and fluores-
cent proteins or the use of transmission electron microscopy (TEM) has allowed scientists
to see mitochondria and study their real morphology, which is highly dynamic and impacts
cell function, physiology, and disease [68]. It is interesting to note how several lines of
evidence show key roles for mitochondrial fitness in a broad range of cardiac and metabolic
disorders, including the development and progression of HF and hypertrophy [69]. In car-
diomyocytes, mitochondria are clustered among the myofibrils and the plasma membrane
(subsarcolemmal mitochondria or SSM), across the sarcomere myofibrils (intermyofibrillar
mitochondria or IMF), and tightly adjacent to the nucleus [70]. Together, these mitochon-
dria are associated with the sarcoplasmic reticulum (SR), a subcellular compartment that
participates in cardiac contraction by controlling the processes of Ca2+ storage, and release
and reuptake in skeletal muscles [71,72].

Overall, the mitochondrial morphology is controlled by known phenomena of bal-
anced fusion and fission that interconnect with each other and to events involving an in-
creased mitochondrial mass (biogenesis) and “in excess” organelle removal (mitophagy) [73].
Whether changes in these pathways are a cause or consequence, or simply accompany the
pathology of heart diseases, remains unclear [74].

3.1. Ultrastructural Abnormalities

Important ultrastructural abnormalities were detected from an analysis of mitochon-
dria in HF tissues, and these abnormalities, which include the loss of mitochondrial
granules, swelling with disorganization of the cristae, vacuolar degeneration, mitochon-
drial fragmentation, deep structural lesions (disruption of the OMM and IMM and loss of
the electrodense matrix), and a strong reduction in the mitochondrial volume [52,75–78],
become increasingly prominent from the initial to end stages of the disease. All of these
abnormalities can often contribute to cytochrome c release, which ultimately leads to
apoptosis, and were found with both IFM and nuclear mitochondria but not SSM mitochon-
dria [79–82]. Moreover, the surrounding environment undergoes corresponding changes,
including disorganization of sarcomeres and T-tubules.

For correct maintenance of the morphology and structure of the cristae, some pro-
teins located in the IMM that result in being impaired in HF are important; these include
mitofilin and cardiolipin [83,84]. Mitofilin is a structural protein, whereas cardiolipin is
a phospholipid that is needed to support energy production and regulation of the mito-
chondrial structure, biogenesis, and dynamics [56–58]. Recent studies demonstrated that
the downregulation of mitofilin in living cells induces the formation of mitochondria with
disorganized inner membranes, loss of mitochondrial function, increased ROS production,
and apoptosis [85]. Notably, low levels of mitofilin were also found in tissues of human
hearts with HF [86]. However, the downregulation of cardiolipin in HF induces an in-
crease in the production of ROS and mitochondrial dysfunction in cardiomyocytes until
death [87]. The maintenance of mitochondrial function through the prevention of mitofilin
and cardiolipin is thus important to limit the development of HF.
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3.2. Biogenesis

As previously mentioned, several studies using animal models of HF showed that
the expression of some key regulators of energy metabolism, such as PGC-1α and β, is
strongly reduced [88–90]. Normally, PGC-1α is a protein with a key role in mitochondrial
biogenesis and improves OXPHOS and FAO [91]. Its overexpression, which usually occurs
in response to external stimuli (i.e., physical exercise and exposure to cold temperatures),
triggers a significant increase in the volume of the whole mitochondrial network. Moreover,
PGC-1α is able to bind several transcription factors, including nuclear respiratory factor
(NRF) 1 and 2, to activate transcription factor A (TFAM), which is responsible for initiating
the transcription of nuclear-encoded proteins with structural and mtDNA replication
properties [92]. In response to PGC-1α deregulation, abnormal mitochondrial biogenesis
rates were observed in animals with HF and in patients with different etiologies [86]. As
opined by Karamanlidis and colleagues, the main mitochondrial dysfunctions (including
their reduced turnover) in failing hearts are due to defects in the mtDNA amount and
integrity instead of alterations in the gene expression profile [93]. Indeed, in a significant
number of failing human hearts, a reduction in mtDNA-encoded proteins derived from a
loss of mtDNA was also observed [93,94].

Nevertheless, several kinds of cardiovascular diseases including HF in advanced
stages were observed accompanying the course of mitochondrial-based pathologies caused
by mtDNA mutations [95,96]. Among those, MELAS (mitochondrial encephalomyopathy,
lactic acidosis, and stroke-like episodes) syndrome was observed in concomitance to 3243
A>G mtDNA substitution [97,98].

In addition to its role in mitochondrial biogenesis and its relationship with energy
metabolism, PGC-1α can also improve contractility and endothelial function in models
of HF [99–102]. Recent studies performed using PGC-1α-KO mice showed an accelerated
development of HF, which was linked to downregulation of OXPHOS genes [90] and
deficiencies in the function and reserve of cardiac energy [103,104].

3.3. Fusion and Fission Machinery

The process of mitochondrial biogenesis is tightly interconnected with two additional
pathways named fusion and fission, and these pathways allow the origin of an intercon-
nected and fragmented mitochondrial network, respectively [105]. It was shown that
proteins contributing to mitochondrial dynamics are greatly expressed in the mammalian
myocardium, and their ablation is deadly [72,106–109]. This finding suggests that in car-
diomyocytes, mitochondrial dynamism is essential for noncanonical functions governing
mitochondrial quality control, Ca2+ signaling, cardiac development, and cell death [110].

Although an imbalance in mitochondrial dynamics usually accompanies several
cardiovascular diseases, such as ischemia-reperfusion (I/R) and diabetic cardiomyopa-
thy [111], very few studies have addressed these pathways in HF [112]. Mitochondrial
dynamics represent continuous events of fission and fusion occurring at all developmental
stages of a cell and contribute to cell division, cell death, mtDNA, and nutrient exchange to
sustain metabolism in the heart properly [79–81,113]. Proteins involved in mitochondrial
fusion and fission were highly preserved during evolution [114]; they utilize GTP energy to
guide conformational changes and exhibit distinct mitochondrial sublocalization [105]. Mi-
tochondrial fusion is a complex mechanism involving three steps: tethering, OMM fusion,
and IMM fusion. Tethering occurs through one or two homologous proteins that belong
to the superfamily of mitochondrial transmembrane GTPases. Proteins that are located
on the OMM and involved in fusion are mitofusin 1 (Mfn1) and 2 (Mfn2) [115,116]. These
mediators can form three different molecular complexes: (i) Mfn1 homotypic oligomers, (ii)
Mfn1-Mfn2 heterotypic oligomers, and (iii) Mfn2 homotypic oligomers [117,118]. Fusion of
the OMM is normally followed immediately by IMM fusion directed by another dynamin
superfamily GTPase, optic atrophy 1 (Opa1), which leads to the final formation of filamen-
tous organelles [119]. This protein is located on the IMM and is redistributed to the IMS. In
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addition to controlling IMM fusion, Opa1, according to certain protein modifications, can
also exert specific effects on the cristae structure [120].

Previous studies showed the essential role of mitofusins during adulthood, which in-
volve conferring protection against long-term cardiac dysfunction, and in early embryonic
cardiac development [121]. Unexpectedly, their absence induces mitochondrial fragmenta-
tion, and this effect is accompanied by respiratory dysfunction and progressive HF [108].
Additionally, a reduction in Opa1 is representative of mitochondrial variations affected
by HF in humans. All these protein changes reflect a population of smaller mitochondria
with a truly fragmented network controlled by posttranscriptional events and always
associated with apoptosis and consequent loss of functional cardiomyocytes [122,123].
Among all established models of HF, Opa1 is the only protein that always shows a decrease
in expression during HF [123]. Indeed, perhaps in an effort to compensate for this loss in
OPA1, mitofusins were found to increase following HF.

A report study conducted by Menezes T. and colleagues found that Mfn1 is a substrate
target for PKCβII (a Ca2+-dependent protein kinase). PKCβII accumulates in the OMM
during HF and produces extensive mitochondrial fragmentation following the phosphory-
lation of Mfn1 at serine 86, which results in a loss of GTPase activity, as detected in both
animal and human samples.

Contrary to what is known, Mfn1-dependent fusion in cardiomyocytes fails in re-
sponse to dysregulation of Ca2+ cycling and inefficient cardiac contractility [124]. Being
all features that characterize HF, further studies should be performed in in vivo sam-
ples to confirm the possibility that targeting Mfn1 expression can be fully considered as
therapeutic opportunity.

Mitochondrial fission in mammalian cells is led by the cytoplasmic protein dynamin-
related protein-1 (Drp-1), which forms complexes at fission sites on the OMM [125], and
fission protein-1 (Fis-1), which encircles the outer mitochondria and promotes the assembly
of protein complexes on the OMM [126,127]. Indeed, Fis-1, mitochondrial fission factor
(Mff), and mitochondrial dynamics proteins 49 and 51 (MiD49 and MiD51) act as receptors
for the recruitment of Drp1 to the mitochondrial surface [128]. Drp1 performs multiple func-
tions, often at the intersection between mitochondrial fission and mitophagy [129]. Drp1
cytoplasm-mitochondria shuttling is crucial for its roles and this is finely regulated by many
post-translational modifications including phosphorylation, SUMOylation, palmitoylation,
and ubiquitination [129].

In HF models, Fis-1 appears to play a minor role because its levels usually remain
unchanged; otherwise, the overall amount of Drp1 tends to be higher in human samples of
HF while these data are not confirmed in animal models [123]. In light of this finding, on
one hand, Drp1 might also play minor roles in HF, including its crucial direct role in cell
death when it is upregulated; on the other hand, post-translational modifications (PTM)
rather than changes in the overall amount of the protein may occur in HF. For example, it
was observed that Sentrin/SUMO-specific protease 5 (SENP5) is able to deSUMOylate and
repress Drp1-dependent mitochondrial fission. SENP5 is upregulated in HF and induces a
phenotype of apoptotic cardiomyocytes [130]. However, the most well described PTM for
Drp1 is phosphorylation, especially at Serine 616 (S616), which ensures Drp1 translocation
at mitochondria and fragmentation. In a mouse model subjected to pressure overload,
mitophagy is transiently upregulated in the hypertrophic heart in the first week, in a
manner dependent from the phosphorylation of Drp1 at S616. This pathway is not further
maintained in later stages of hypertrophy where this repression determines irreversible
dysfunctions and HF [131].

3.4. Mitophagy

Both under baseline conditions and in response to stress, cells activate a highly regu-
lated mechanism, called mitophagy, to digest senescent and damaged mitochondria [74].
The organelles are engulfed by autophagosomes and are subsequently delivered to lyso-
somes for degradation. This mechanism is crucial for the maintenance of cellular home-
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ostasis; defects in mitophagy trigger and amplify mitochondrial dysfunction (due to the
accumulation of aberrant mitochondria), and this effect is accompanied by the develop-
ment of cardiomyopathies and ultimately HF with severe contractile dysfunction [132].
This process could be regulated by mitochondrial PTEN-induced kinase 1 (PINK1) and
the cytosolic ubiquitin ligase Parkin. Normally, when mitochondria are healthy, PINK1 is
imported into the mitochondrial matrix through the translocase of the outer membrane
(TOM) complex. In contrast, when a damaged mitochondrion exhibits a loss of mitochon-
drial membrane potential, PINK1 accumulates on the OMM [133], which results in the
recruitment of Parkin from the cytosol to the mitochondrial membrane [134]. However,
to initiate Parkin-mediated mitophagy, two events induced by PINK1 are needed. The
first event is the phosphorylation of Mfn2, which causes attraction on the mitochondrial
surface of Parkin, whereas the second event consists of the phosphorylation of Parkin at
Ser65 (ubiquitin-like domain), which increases its E3 ligase activity [135,136]. These steps
introduce the ubiquitination of mitochondrial proteins to promote phagosome recruitment
and the successive degradation of mitochondrial proteins by the lysosome. Studies suggest
that for degradation by the autophagosome, mitochondrial protein ubiquitination via the
Lys63 linkage plays a signaling role in the recognition of damaged organelles. In this mech-
anism, some adaptor proteins, such as NBR1 and p62, bind to ubiquitinated mitochondrial
proteins and interact directly with LC3 on the autophagosome, creating a link between
mitochondria and autophagosomes [137,138]. In addition, the ubiquitination of mitofusins
via Lys48 linkage induces their degradation by the ubiquitin/proteasome system [139] to
prevent the fusion of both healthy and damaged mitochondria, which aids the final aim
of mitophagy.

From these findings, it is clear that mitophagy is a critical mitochondrial quality con-
trol mechanism in myocytes [140–142]. Defects in mitophagy associated with the proteins
PINK1 and Parkin have negative consequences for cardiomyocytes. Although cardiac
function is normal in young Parkin-KO mice, as they age, they accumulate abnormal mito-
chondria, develop irreversible HF, and show increased cell death following myocardial
infarction [141]. Similarly, the absence of PINK1 leads to cardiac mitochondrial dysfunc-
tion with a great burst of ROS and irreversible cardiac hypertrophy [140]. The loss of
PINK1 in mice also increases susceptibility to pressure overload-mediated HF and I/R
injury [140,143]. Similar findings were also documented in humans affected by advanced
HF, and these can be characterized by inefficient mitophagy as a consequence of the re-
duction in the overall PINK1 levels. Although the knowledge of mitophagy as a cause or
consequence of HF remains controversial, a recent report suggested that a shift between
two isoforms of AMP-activated protein kinase (AMPK) alpha (from 2 to 1) occurs in failing
hearts and is responsible for its pathogenesis [144]. Restoring AMPKα2 and thus increas-
ing the phosphorylation of PINK1 at serine 495 increases mitophagy to efficient levels to
prevent the progression of HF [144].

Increasing evidence in the last decade highlighted a role also for Parkin- and PINK1-
independent pathways in the activation of mitophagy under conditions of stress, as those
occurring under I/R [132,145]. These molecular routes would include additional players
such as cardiolipin, Bcl2/adenovirus E1B 19 kDa protein-interacting protein 3 (Bnip3),
a receptor for LC3-II binding at the OMM and FUNDC1, a protein that under hypoxia
becomes phosphorylated at S17 by Unc-51 similar to autophagy activating kinase (Ulk1),
and dephosphorylated by phosphoglycerate mutase family member 5 (PGAM5) at S13,
triggering mitophagy [145,146]. Moreover, and of great interest, an in vivo model of
cardiac ischemia showed the activation of a phosphorylations cascade involving S555 of
Ulk1, S179 of Rab9, and S616 of Drp1. These actively participate in the formation of a
multiprotein complex in which Ulk1 is phosphorylated by AMPK, indirectly inducing the
phosphorylation of Drp1 (and thus mitochondrial fission and mitophagy) via assembling
with the Rab9-Rip1-Drp1 axis [147].

The fine balance among all these pathways (biogenesis, fusion, fission, and mitophagy)
is crucial either to prevent or overcome injuries following stressful conditions and can thus
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be considered a promising and feasible therapeutic target [1,25,94]. To understand this fine
balance better, increased mitophagy might cause excessive mitochondrial clearance, which
would leave the myocytes with too few mitochondria to produce sufficient ATP. During
acute cardiac injury, such as MI or I/R, a limited increase in mitophagy could be beneficial
to clear damaged mitochondria, but in chronic cardiac diseases, such as HF, sustained
upregulation of mitophagy might be harmful [132].

These studies clearly show that the dysregulation of mitophagy has the potential to
lead to the accumulation of abnormal mitochondria, contractile dysfunction, and ultimately
the progressive loss of myocytes.

3.5. Mitochondrial Permeability Transition Pore Complex (PTPC)

Dissipation of the mitochondrial membrane potential, which is the signal for PINK1-
and Parkin-dependent mitophagy, is usually caused by permeabilization of the IMM in
a phenomenon called mitochondrial permeability transition (MPT). MPT occurs when
proteinaceous channels, by a still partially unknown entity, open across the IMM and OMM,
which causes uncontrolled fluxes of solutes and thereby osmotic stress, mitochondrial
swelling, and pro-apoptotic factor release into the cytosol [148–150]. Years of intense
research found strong similarities between ATP synthase and PTPC, and, in fact, the latter
is currently considered a molecular rearrangement of the dimeric form of ATP synthase
into monomers with contributions from a plethora of additional proteins with either
structural [151] or modulatory properties [152–154], as observed following exposure to
stressful conditions [150]. The alteration of the ATP synthase structure (in the putative
PTPC conformation) exerts major effects on the disturbance of mitochondrial energy and
respiration and hence on cardiac performance. Currently, only little information is available
regarding the involvement of the PTPC in HF, and, thus, knowledge on its cause/effect
consequentiality remains elusive. Of note, as mentioned above, metabolic changes in HF
(especially lipids accumulation) might first contribute to membranes’ permeability and
membrane potential dissipation, triggering the opening of the PTPC [155].

The activation of mitochondrial phospholipases in the failing heart reportedly prompts
the formation of toxic metabolites in a Ca2+-dependent manner. These hydroxyeicosate-
traenoic acids induce PTPC opening by Ca2+ overload, which further worsens the HF
scenario and increases the percentage of nonfunctional mitochondria and cell death [156].
This final endpoint was also suggested by independent groups: The final stages of HF are
characterized by increased oxidative stress, increased diastolic Ca2+ overload, and episodes
of ischemia, all of which prompt abrupt PTPC opening [157]. The pharmacological inhi-
bition of the PTPC, such as by the use of cyclosporin A (CsA), reduced PTPC opening,
the dissipation of mitochondrial potential and respiratory deficits, ameliorate the adverse
conditions surrounding HF [158].

Another crucial determinant in PTPC opening is ROS. Major sources of ROS in the
heart are caused by ETC function, nicotinamide adenine dinucleotide phosphate (NADPH)
oxidases (Noxs), and uncoupled NO synthases (NOS). Evidence about the importance in
limiting oxidative stress in the heart comes from in vivo studies using transgenic mice with
impaired levels of intracellular antioxidants, such as SOD2 [159,160], peroxiredoxins [161],
glutathione peroxidase [162], and thioredoxin reductase [163]. In all cases, the alteration of
the antioxidant expression correlated with the extent of oxidative stress, with important
implications in cardiovascular diseases [164]. In the same way, PTPC opening is also depen-
dent on the action of scavenger enzymes in the cell, especially on the glutathione content
and function [165]. This phenomenon was in principle analyzed in single cardiomyocytes
and described as a vicious cycle of ROS-induced ROS release (RIRR) [165,166] in which
the PTPC opening (triggered by ROS) is essential to generate a ROS burst in contiguous
mitochondria, and is associated with a significant dissipation of their membrane potential.
The use of selective inhibitors, such as rotenone for complex I of ETC and bongkrekic acid
for PTPC, inhibited RIRR, providing the proof of evidence that the ROS burst derives from
mitochondria and is generated solely by PTPC opening consequences [165].
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Further research on the modulation of PTPC in the failing heart might lead to the
discovery of new therapeutic approaches for the treatment of symptoms and regression.

3.6. Calcium Cycling and Handling

Ca2+ plays an important role in the pathophysiology of the heart [1,167,168]. Its
homeostasis is considered an essential mediator in regulating ECC and modulating systolic
and diastolic function. Here, Ca2+ transduces action potentials in mechanical force. In
healthy hearts, the action potential depolarizes the sarcolemma, allowing the passage of
low amounts of Ca2+ from the extracellular space to the cytosol via L-type calcium channels
(LTCCs). As consequence, the magnitude of Ca2+ action increases, due to the induced
and highly synchronized Ca2+ sparks from the RyRs of SR in the whole cell [169,170].
After systole, Ca2+ should be removed from the cytosol to guarantee the correct muscle
relaxation and, thus, the diastolic phase. SERCA2a, PMCA, and NCX are deputed to do
this [171] in an ATP-dependent manner in the first two cases, evidencing further roles
and the importance ascribed to ATP in muscle relaxation before a new EC cycle. All these
proteinaceous channels are highly regulated by cytosolic proteins which often contribute
to the end of the EC coupling but also to pathological states.

SR membranes are closely juxtaposed to mitochondria giving rise to a subcellular
compartment named as mitochondria-associated membranes (MAMs) which, in lieu of
material exchange, signal transduction and metabolic regulation [172,173]. During ECC it
was demonstrated that Ca2+ fluctuations occur in mitochondria after SR Ca2+ release [174]
but they remain controversial if they take part in the regulation of cytosolic Ca2+ levels, as it
was estimated that mitochondria can handle up to 15% of cytosolic Ca2+, compared to other
extrusion systems [175]. However, mitochondrial Ca2+ uptake has great repercussions
on cardiomyocytes fate; in healthy bodies, by ensuring bioenergetics and cardiac contrac-
tility [9,10,176], and in disease bodies, where an overload can induce the PTPC opening
upon I/R and a vicious cycling of ROS generation, oxidation of RyR2, and SR Ca2+ leak in
HF, associated with mitochondrial fragmentation and dysfunction [177]. Mitochondrial
Ca2+ dysregulation was reported also as defects in MAMs’ morphology where the distance
among contact sites between SR and mitochondria is increased in stages immediately
preceding HF such as hypertrophy, chronic noradrenaline stimulation, and aging [178,179].

Myocytes from failing hearts are characterized by reduced and slower cytosolic Ca2+

transients ([Ca2+]i); indeed, SR Ca2+ storage and release are impaired (Figure 2). Although
this feature is mainly associated with a reduction in the SERCA2a protein amount, which
becomes significantly downregulated in failing hearts compared with nonfailing hearts, its
regulation might also play a crucial role because serine 16 phospholamban phosphorylation
is reportedly reduced accordingly [16]. Moreover, increased Ca2+ leakage from the SR
was explored as a secondary cause due to the dissociation of FKBP12.6 from RyR2 fol-
lowing protein kinase A (PKA)-dependent hyperphosphorylation at serine 2808 [180,181]
(Figure 2). RyR2 expression does not change in HF but assumes aberrant gating based on
the previously mentioned model.

Confirming the undoubtedly essential function of SERCA2a, the restoration of its
expression with adeno-associated (AAV) vectors was classified as successful gene therapy
in preclinical models of HF [17,182]. Recently, multiple ongoing clinical trials (as reviewed
in [183]) are studying the use of AAV to improve SERCA2a expression and function.
In addition, pharmacological treatments, such as the use of Istaroxime [184], stimulate
SERCA2a and completely restore Ca2+ cycling.

The recorded elevation in cytosolic Ca2+ load is also caused by an altered influx from
the extracellular milieu. Indeed, pathological SR Ca2+ depression activates the function
of LTCCs and store-operated calcium entry (SOCE), which rewire a notable amount of
extracellular Ca2+ into the cytosol [185] (Figure 2).

Concomitant with this finding, an additional molecular mechanism was observed in
some models of HF, including humans: An increase in NCX function attempts to remove
excess cytosolic Ca2+ to compensate for inefficient SERCA2a function and also further
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depresses SR calcium [186,187]. In contrast, other studies found that NCX is impaired by
working in a reverse mode due to high [Na+] conditions [188]. These combinatorial effects
lead to a complete change in the spatiotemporal fluxes of intracellular Ca2+, which reflect a
markedly defective systolic contraction and diastolic relaxation of the heart [189].

Figure 2. Calcium cycling in the failing heart. The figure summarizes calcium cycling in the normal heart and how it
changes in the failing heart. Proteins responsible for these alterations are highlighted in red (e.g., SERCA2a expression and
molecular regulation; RyR2 aberrant gating), and the pathways to which they refer are described in the text. The importance
of ATP in muscle contraction and relaxion is also depicted. On the right, a graphical abstract highlighting biogenesis and
fusion-fission machinery in HF.

4. Epigenetics in HF

In the last decade, and this is still an evolving field of research, evidence showed
the involvement of epigenetics signature in HF. Although it is known that many factors
affect epigenetics patterns (environmental, diet, lifestyle, pollutants) [190], and, in turn,
epigenetics may be the cause of given pathological states (including HF) [191], we would
summarize how mitochondrial function intersects with epigenetics in HF. In detail, the con-
sequences of mitochondrial alterations or metabolites produced during the development
of HF are emphasized accordingly to the topic of this review.

Epigenetics programs include DNA methylation, histone acetylation/methylation,
and noncoding RNAs [192]. Chromatin acetylation involves acetyltransferases and deacety-
lases which make it more or less accessible to DNA binding elements, respectively. The
role of this couple of enzymes was strongly matched to irreversible cardiac remodeling
due to either the activation (when acetylated) or depletion (when deacetylated) of GATA
Binding Protein 4 (GATA4) and Myocyte Enhancer binding Factor 2 (MEF2), transcription
factors responsible for the gene expression rewiring during cardiac hypertrophy [193–195].
Chromatin methylations are reversible and can be related to activation and inhibition of the
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transcriptional activity; Kaneda et al. demonstrated the significant relationship between a
triple addition of the methyl group to lysine 4 or 9 of histone H3 and HF [196]. Interestingly,
three genes located close to these modifications are RYR2, CACNB2 (encoding for the
subunit beta 2 of the voltage-dependent calcium channel), and CACNA2D1 (encoding for
the alpha-2 and delta subunits of the voltage-dependent calcium channel complex), respon-
sible for intracellular Ca2+ cycling [196]. Instead, DNA methylation is usually synonymous
with gene expression “shutdown”. In animal models of pressure overload and cardiac
hypertrophy, increased DNA methylation led to significant repression of the transcriptional
activity in the left ventricle and allowing for cardiac contractility [197,198]. Otherwise,
noncoding RNAs alter gene expression in a wide variety of modes which are not the focus
of this review and are reviewed elsewhere [199].

It is clear that changes in metabolism play a crucial role in HF. Additionally, metabo-
lites’ availability influences epigenetics patterns, because most of them act as cofactors for
enzymes inducing chromatin modifications and control the transcriptional program as a
consequence [200]. Of interest, some of these metabolites are part of those intermediates
becoming altered and concurring in HF development; these are ketones (such as βOHB,
α-ketoglutarate), Acetyl-CoA, NAD+, FAD+, and mitochondrial ROS.

Acetyl-CoA is one of the main regulators of protein acetylation due to the possibil-
ity to supply acetyl groups to enzymes in charge of modifying histones [201]. Thus, the
rate of FAO (and its changes during HF) would be associated to either higher or lower
gene expression on the basis of the Acetyl-CoA produced [202]. This indeed constitutes
a critical factor in cycles of acetylation/deacetylation. βOHB also increases acetylation
of proteins being a potent inhibitor of histone deacetylases [203]; this action can lead to
beneficial effects in HF due to the activation of neighboring genes such as Forkhead Box
O3 (FOXO3), which confers resistance to oxidative stress and sirtuins, already known
to have strong cardioprotective roles [204]. Moreover, NAD+, an essential cofactor for
many enzymes involved in energy production in cardiomyocytes [205,206] and found to
be decreased during HF stages, is also essential as a cofactor for sirtuins function [207].
Sirtuins are a family of proteins able to deacetylate chromatin with crucial roles. In this
context, the absence of NAD+ has negative effects on the expression of sirtuins which
determine no longer protective roles to counteract HF [208]. NAD+ levels are further finely
regulated by Nicotinamide Nucleotide Adenylyltransferase 2 (NMNAT2), whose upregu-
lation protect from hypertrophy [205]. During HF, a significant amount of mitochondrial
ROS are produced; as well as the role already addressed, they alter both DNA and histone
methylation [200], the first one by oxidizing guanosine in 8-oxo-20-deoxyguanosine and
producing as a consequence a hypomethylation state of the DNA; this triggers the onset
of inflammation and oxidative stress due to the activation of gene expression involved
in those pathways [209]; the second, by reducing S-adenosil metionina (SAM), which is
responsible for methylation of histones [210].

5. Conclusions and Future Perspectives

HF is caused by a multitude of risk factors and is involved in many cardiovascular
pathologies such as coronary artery disease, hypertension, faulty heart valves, and congen-
ital defects. For this reason, it is of great interest and involves a considerable percentage
of patients. Cardiology has made great strides worldwide in prevention and patient care,
but many steps of basic research are still poorly understood, and translational approaches
should be improved. If on the one hand, the metabolic switch and related consequences
during the adaptative stages and advanced HF are fairly known, further research about
Ca2+ cycling, handling, signaling, and interconnections with mitochondrial fusion-fission
machinery deserves attention. In particular, a focus on the Ca2+ spatio-temporal route
and which proteins are involved in it, from the extracellular milieu to the cytosol, would
be noteworthy. Then, the contribution of mitochondria as organelles closely related to
SR and able to buffer Ca2+ to orchestrate a plethora of downstream events would also
be noteworthy. Although animal models for the in vivo study of MAMs are lacking, and
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investigations on patients continue to be limited, efforts in this way may improve the
creation of targeted therapeutic strategies to recover mitochondrial and SR function in HF.
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Abstract: The fact that >99% of mitochondrial proteins are encoded by the nuclear genome and
synthesised in the cytosol renders the process of mitochondrial protein import fundamental for
normal organelle physiology. In addition to this, the nuclear genome comprises most of the proteins
required for respiratory complex assembly and function. This means that without fully functional
protein import, mitochondrial respiration will be defective, and the major cellular ATP source
depleted. When mitochondrial protein import is impaired, a number of stress response pathways are
activated in order to overcome the dysfunction and restore mitochondrial and cellular proteostasis.
However, prolonged impaired mitochondrial protein import and subsequent defective respiratory
chain function contributes to a number of diseases including primary mitochondrial diseases and
neurodegeneration. This review focuses on how the processes of mitochondrial protein translocation
and respiratory complex assembly and function are interlinked, how they are regulated, and their
importance in health and disease.

Keywords: protein import; mitochondrial dysfunction; respiratory complex assembly; supercom-
plexes; neurodegeneration; mitochondrial proteostasis

1. Introduction

Mitochondria provide the main source of cellular energy in the form of ATP. This is
particularly important in high energy consuming cells such as cardiac and muscle cells as
well as in neurons. On top of this vital role in ATP synthesis, mitochondria have a plethora
of other roles, including regulation of cellular metabolism, calcium storage and signalling,
reactive oxygen species (ROS) signalling, damage-associated molecular patterns (DAMPs)
production in inflammation and immunity, and programmed cell death [1]. The presence of
key enzymes and proteins in different submitochondrial compartments is indispensable for
these roles. Consequently, protein translocation becomes a fundamental process for efficient
mitochondrial physiology. Due to their diverse proteome, mitochondria have distinct
import pathways, which must be fully operational to maintain a healthy organelle [2]. The
first section of this review will cover how cytoplasmic translated proteins are imported
into mitochondria, as well as how mitochondrial-encoded proteins are translocated from
the matrix to the inner mitochondrial membrane (IMM). We then explore the special
case of respiratory complexes, which are multimeric proteins assembled from subunits
encoded by both the nuclear and mitochondrial genomes to highlight the importance of
the import machineries.
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Due to the fundamental importance of mitochondrial homeostasis for the regulation of
multiple central processes and pathways, it is not surprising that mitochondrial defects, and
more specifically mitochondrial import defects, have been implicated in several diseases [3].
These include most neurodegenerative diseases [4], as well as mitochondrial diseases
associated with deficiencies of the respiratory complexes due to mutations affecting the
import machineries [5]. These will be discussed later, followed by a discussion of the recent
advances therein and with respect to the most common mitochondrial stress response and
proteostatic pathways thought to counteract import dysfunction.

2. Protein Translocation

All but 13 of the estimated >1000 human mitochondrial proteins [6] required to
perform key mitochondrial functions are encoded by the nucleus and synthesised on
cytoplasmic ribosomes and thus must be imported into mitochondria through highly
conserved protein translocation pathways (Figure 1). Owing to the double membrane
bound structure of mitochondria, these multistep protein translocation pathways involve
numerous protein complexes (Figure 1 and Table 1). Moreover, their proteome consists
of soluble, membrane-bound, and transmembrane proteins with different mitochondrial
sub-localisations. Therefore, specialised import machinery has evolved to successfully
import all classes of proteins.

 

usually do not cross the Tom40 channel. Instead, OMM α

Figure 1. Overview of human mitochondrial protein import pathways. The TOM complex acts as the central entry gate
for precursor proteins to enter the IMS, where they are diverted into one of five pathways, depending on their structure,
function, and target destination. The MIM pathway (only currently understood in yeast) is an exception in that proteins
usually do not cross the Tom40 channel. Instead, OMM α-helical proteins are recognised by Tom70 and transferred through
MIM to be inserted into the OMM. The five major pathways proteins take after crossing the TOM channel are the following.
The presequence pathway: Presequences containing precursor proteins are transported via the presequence pathway.
Of these proteins, proteins with a hydrophobic sorting sequence are inserted into the IMM by the TIM23SORT complex,
whereas hydrophilic matrix proteins are pulled through the TIM23MOTOR complex, with the help of the PAM complex and
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ATP hydrolysis cycles. The presequences of both these groups of proteins are cleaved by MPP on the matrix side. The
OXA1 pathway: N-terminally inserted multispanning membrane proteins, once passed through TIM23MOTOR and cleaved
by MPP, are passed to OXA1L, which inserts them into the IMM in the N-terminal formation. OXA1L is also responsible
for the insertion of mtDNA encoded proteins into the IMM. The SAM pathway: β-barrel proteins are transported to the
TOM complex by cytoplasmic chaperones. They are then passed through the TOM complex and received by small TIM
chaperones on the other side for insertion into the OMM by the SAM complex. The MIA pathway: Cysteine-rich proteins in
an unfolded, reduced state are passed via the TOM complex to the MIA complex, which inserts disulphide bonds in them,
allowing them to reside in a folded, oxidised state in the IMS. Carrier pathway: Proteins with internal targeting signals are
protected in the cytosol by cytosolic chaperones (Stage I), which pass them to the TOM complex (Stage II). They are received
on the IMS side by small TIM chaperones (Stage III), which transfer them through the IMS to the TIM22 complex (Stage IV)
for insertion into the IMM (Stage IV).

Table 1. Structure and function of subunits of the mitochondrial translocase complexes in humans and their
yeast counterparts.

Pathway Complex
Subunit

(Mammalian)
Yeast

Homolog
Main Function Topology

TOM

TOM-Holo
Complex Core complex

TOM40 and
TOM40L Tom40 Channel protein

β-barrel (19 β strands) and
one N-terminal α-helical

segment located inside pore

TOM22 Tom22

Receptor protein.
Located at the dimer

interface between TOM40
pores.

α-helical (single TMD);
Cin-Nout

TOM5 Tom5 Complex assembly/stability α-helical (single TMD);
Cin-Nout

TOM6 Tom6 Complex assembly/stability α-helical (single TMD);
Cin-Nout

TOM7 Tom7 Complex assembly/stability α-helical (single TMD);
Cin-Nout

Receptors
TOM70 Tom70 Receptor for carrier

precursors
α-helical (single TMD);
N-terminally inserted

TOM20 Tom20 Receptor for presequence
precursors

α-helical (single TMD);
N-terminally inserted

SAM SAM Complex

SAM50 Sam50 Core subunit responsible for
β-barrel protein insertion β-barrel (16 β-strands)

MTX1 and
MTX3 Sam37 Accessory subunit N/A

MTX2 Sam35 Accessory subunit N/A

MIM MIM Complex
Unknown Mim1 Biogenesis of α-helical

OMM proteins –

Unknown Mim2 Biogenesis of α-helical
OMM proteins –

MIA MIA Complex

CHCHD4 Mia40 Oxidoreductase Helix-loop-helix attached to
a flexible helical arm

ALR Erv1 Reoxidises Mia40 α-helical (a1-5) bundle

Cytochrome
C/ETC

Cytochrome
C/ETC Final electron acceptor Class I of the c type

cytochrome

AIF - Anchors CHCHD4 to the
IMM

One C-terminal TMD; Nin,
Cout
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Table 1. Cont.

Pathway Complex
Subunit

(Mammalian)
Yeast

Homolog
Main Function Topology

TIM23/
Presequence

TIM23SORT

Complex

TIM21 Tim21
Recognition/direction of

precursor proteins to
TIM23

α-helical (single TMD)
with a large IMS domain;

Nin-Cout

ROMO1 Mgr2 Lateral release of proteins
into the IMM

Two α-helical TMDs,
joined by a basic loop

TIM23MOTOR

Complex

TIM17A/B Tim17 Channel forming 4 TMDs and a small IMS
domain

TIM23 Tim23 Channel forming
Multiple TMDs, and

IMS exposed
hydrophilic domain

TIM50 Tim50 Receptor Protein
Single TMD, large IMS

exposed C-terminal
domain

PAM
Complex

TIM44 Tim44
Scaffold for complex &

binding emerging
precursor

Peripheral membrane
protein on matrix side

mtHSP70
(Mortalin)

SSC1
(mtHsp70) ATPase β-sheet and α-helical

domains

DNAJC15 and
DNAJC19

Pam18
(Tim14)

Stimulates ATPase activity
of mHsp70

Single α-helical TMD, with
large C-terminal matrix

domain and small
N-terminal IMS domain

TIM16 Pam16
(Tim16)

Inhibits Pam18 stimulatory
effect on ATPase activity of

mHsp70

Three α-helices forming an
antiparallel hairpin

GrpEL1/2 Mge1 Regeneration of mtHSP70

Long N-terminal α-helical
region, small helical
bundle region, and a

C-teminal β-sheet domain

Unknown Pam17 Binds precursor:chaperone
complex in matrix –

TIM22/Carrier TIM22 Complex

TIM22 Tim22 Channel 4 TMs that form a curved
surface; IMS-facing N-helix

TIM29 - Scaffold
Matrix-facing N-helix,

single TM and an
IMS domain

AGK - Assembly and function N-terminally inserted with
an IMS α/βmotif

TIM9 Tim9 Chaperone
Donut-shaped

hexamer structure
TIM10A Tim10 Chaperone

TIM10B Tim12 Chaperone

- Tim54 Holds chaperone ring in
tilted conformation

N-terminally inserted with
an IMS α/βmotif

- Tim18 Docking platform for
chaperones

3 TMs and an amphipathic
helix on the IMS side

- Sdh3 Docking platform for
chaperones

3 TMs and an amphipathic
helix on the IMS side

OXA
Pathway OXA Complex OXA1L OXA1

Insertion of mtDNA
encoded proteins and

N-terminal insertion of
nuclear encoded proteins

into the IMM

5 TM helices and a large
internal C-terminal
domain; Nout-Cin
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2.1. Crossing the Outer Membrane

All proteins destined to the mitochondria must first cross the outer mitochondrial
membrane (OMM), which they gain access to via the translocase of the outer membrane
(TOM) complex (Figure 1). The TOM core complex (TOM-CC) consists of five components:
TOM40, TOM22, TOM7, TOM6, and TOM5. The TOM holo-complex is formed following
weak association of the TOM-CC with an additional two subunits: TOM20 and TOM70 [2,7].
These subunits are highly conserved between humans and yeast (Table 1); however, we
refer to the yeast translocases in the following section, since this was the first organism
it was discovered in. Precursor proteins are recognised by the receptor proteins Tom20,
which recognises proteins with a mitochondrial targeting sequence (MTS), i.e., presequence
proteins [8,9], and Tom70, which specifically recognises precursors with internal targeting
signals, such as those belonging to the solute carrier family (SLC25) [10,11]. Proteins are
then passed to the Tom40 pore via another receptor component, Tom22, which has also been
shown to assist in the assembly of the TOM complex [12–14]. Tom22 physically interacts
with Tom40 via its transmembrane segment, whilst its cytosolic domain has been suggested
to act as a docking site for the other receptor proteins, Tom70 and Tom20. Recently, the
OMM porin metabolite channel (also known as the voltage-dependent anion channel)
has been reported to regulate Tom22 integration into the TOM complex in yeast, thus
regulating the assembly and stability of the TOM complex [15,16]. Por1, the major yeast
isoform of Porin, binds newly imported Tom22 and integrates it into the TOM complex,
promoting formation of the mature trimeric form of the TOM complex required for import
of precursor proteins [15]. Por1 also sequesters dissociated Tom22, stabilising the dimeric
TOM complex under situations where this is preferable, i.e., for the import of proteins
destined for the mitochondrial intermembrane space (IMS) assembly (MIA) pathway [15].
Porin is also thought to cooperate with Tom6 in regulating trimeric TOM assembly and
stability and thereby modulating protein import during the cell cycle [15,17].

The different oligomeric states of the TOM complex and the nature of these different
states remains unclear. Whilst it had generally been accepted that the mature form of TOM
complex exists as a trimer [18–21], a cryogenic electron microscopy (cryo-EM) study in
Neurosposa crassa showed the TOM complex in a dimeric form [22]. More recently, high
resolution cryo-EM studies in Saccharomyces cerevisiae showed that the TOM-CC exists
as dimers and tetramers. The latter is essentially a dimer of the dimeric form of TOM-
CC, achieved by lateral stacking of the dimeric TOM complex [7]. Due to the dynamic
properties of the TOM complex, it may be proposed that the trimeric complex is formed by
dissociation of a monomer from the tetrameric form.

Of note, the only protein of the TOM complex with a significant IMS domain is
Tom22, which is important for its role in directing emerging precursor proteins to the
Tim50 receptor of the translocase of the inner membrane 23 (TIM23) complex for further
translocation [23]. Structural analysis of the interactions between these differing structural
subunits showed that association is mainly mediated by hydrophobic interactions, along
with high surface complementarity between the transmembrane domains [7].

2.2. Biogenesis of OMM Proteins

Evidence has also shown that, in yeast, Tom40 may simultaneously act as an insertase,
assisting in the lateral release and insertion of proteins destined for the OMM. However,
this is highly dependent on specific determining factors within the precursor sequence
and is not yet fully understood [24]. Although this initial observation was monitored
using an artificial import substrate, it has since been suggested that a similar process might
be responsible for the accumulation of high-molecular weight PINK1 in the OMM in a
TOM7-dependent manner in human cells [25,26].

Recently, it has been proposed that in addition to their role in quality control, PINK1/Parkin
also regulate protein import under physiological conditions where mitochondrial function
remains normal [27]. It is proposed that ‘local dysfunction’, as in mitochondrial membrane
potential (∆ψ) depolarisation or import efficiency, is sensed by the PINK1/Parkin pair,
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which phosphorylates several subunits of the TOM complex, namely Tom20, Tom70 and
Tom22, facilitating the import of presequence precursors. Importantly, the ubiquitylation
pattern under this condition is significantly different from the PINK1/Parkin activation
experienced from global mitochondrial dysfunction. Conversely, the mitochondrial ubiqui-
tylase USP30 antagonises these effects [27–29]. Additionally, USP30 was shown to work in
a reciprocal manner to MARCH5, a E3 ubiquitin-protein ligase of the OMM, under basal
conditions, for deubiquitinating presequence substrates during translocation, facilitating
their import. For other regulatory mechanisms of protein import, please see [30].

2.2.1. Insertion of β-Barrel Proteins in the OMM

Precursors of β-barrel proteins destined to be inserted into the OMM are passed via
small TIM chaperone proteins to the sorting and assembly machinery (SAM) complex, for
insertion into the OMM [31,32]. The SAM pathway has been described in detail in another
review [33]. The human SAM complex consists of accessory subunits MTX2 (yeast Sam35),
MTX1, and MTX3 (yeast Sam37) and OMM associated β-barrel core subunit SAM50 (yeast
Sam50; Table 1) [34]. In yeast, β-barrel precursor proteins are translocated through the
TOM complex, where they are bound by small TIM chaperones and transferred through
the IMS to the SAM complex (Figure 1). Substrate proteins are recognised by Sam35, which
interacts with the β-signal located in the last strand of the substrate protein. This initiates
insertion into Sam50, which is responsible for folding and inserting substrates into the
OMM [32]. Sam37 is required for substrate release and has also recently been proposed
to assist in the formation of a SAM-TOM supercomplex, mediated by physical interaction
of Sam37 and Tom22 on the cytosolic side of the OMM [35]. This SAM–TOM interaction
has been shown to be essential for coupling of the two OMM complexes and promoting
efficient precursor transfer [35]. Though not a part of the core SAM complex, Mdm10 is
thought to associate with the SAM complex and have an important role in Tom40 assembly
into the TOM complex [36]. This pathway is very similar to that observed for β-barrel
proteins of the outer membrane in bacteria, which are folded and inserted into the outer
membrane by the bacterial assembly machinery (BAM) complex, the E.Coli homolog of
SAM [34].

2.2.2. Incorporation of α-Helical Anchors in the OMM

Over 90% of integral OMM proteins contain α-helical membrane anchors, yet the
import pathway undertaken by these proteins is still relatively poorly understood, particu-
larly in humans [37]. In yeast, the majority of these proteins are recognised by the Tom70
receptor of the TOM complex and passed on to the insertase of the outer mitochondrial
membrane (MIM) complex, which aids in their insertion into the OMM (Figure 1 and
Table 1) [38,39]. Multiple copies of Mim1 arrange themselves in such a way that, when
reconstituted into the lipid bilayer, a channel is formed, and along with a couple of copies
of Mim2, this establishes the MIM complex [40,41].

There are, however, known exceptions to this rule, whereby these α-helical proteins
are passed through the Tom40 channel into the IMS prior to insertion into the OMM, aided
by the MIM complex [42,43]. Interestingly, one of these proteins, yeast Om45, has been
shown to require the TOM, TIM23, and MIM complexes for insertion into the OMM, where
it is anchored by its N-terminal signal sequence with the bulk of the protein exposed to
the IMS [42]. The final topology of Om45 is thus opposite to the Nin-Cout topology typical
of MIM pathway proteins. The other known exception, yeast Mcp3, is also directed via
TOM and TIM23, but is then processed by the inner mitochondrial membrane protease
(IMP) before being transferred via MIM and inserted into the OMM with a final topology
of Nout-Cout [43]. Notably, whilst both proteins interact with components of the TIM23
complex and are dependent on ∆ψ, they do not cross or interact with the IMM [42,43].
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2.3. Co- and Post-Translational Translocation

Importantly, preproteins must be unfolded in the cytosol and subsequently stabilised,
in an ATP dependent process, by molecular chaperones of the heat shock protein (hsp)
families Hsp70 and Hsp90, to then be efficiently imported [44,45]. Conversely, the sub-
sequent translocation of these unfolded preproteins through the TOM channel occurs
independently of ATP and ∆ψ, and instead relies on an indirect driving force. That is
the increased affinity of the presequences for the trans over cis side of the TOM channel,
allowing transport of the preproteins across the channel where the presequence is bound
by TIM50 [46]. This transport is also thought to rely on the sequential binding of the
presequence to acidic domains of receptor proteins in what is known as the ‘acid chain’
hypothesis [47].

Interestingly, whilst the majority of preproteins are synthesised in the cytosol and must
be unfolded prior to insertion into the TOM complex, others are unable to be imported into
mitochondria post-translationally, and instead must undergo co-translational translocation
whereby cytosolic ribosomes associate with mitochondria [48]. For this subgroup of
proteins, it is thought that signals within the 3′-untranslated region (UTR) and coding
regions of their mRNAs mediate their targeting to the cytosolic side of the OMM [49–51],
where cytosolic ribosomes have also been observed [52,53].

2.4. Staying in the Intermembrane Space—The Disulfide Relay System

Proteins destined for the IMS take the route of the MIA pathway (Figure 1 and Table 1),
which has been reviewed in great detail previously [54]. This class of proteins lack an MTS,
are generally small, and share a conserved coiled coil-helix1-coiled coil-helix 2 domain
(CHCHD). These cysteine-rich proteins contain two pairs of cysteines separated by three
or nine amino acid residues (Cx3C or Cx9C) in the helices [54]. The small TIM chaperones
of the IMS, important for translocase of the inner mitochondrial membrane 22 (TIM22)-
dependent translocation described below, and assembly factors of IMM proteins, such as
the respiratory complexes (see below and Table S1), are some examples of MIA substrates.
The substrates are also relatively unstable and prone to degradation prior to their reduction
by the relay system [55]. These cysteine-rich proteins undergo oxidation driven import
whereby, upon passing through the TOM complex in an unfolded, reduced state, they form
transient disulphide bonds with Mia40 [56,57]. CHCHD4 is the human ortholog of yeast
Mia40 and shows high conservation despite the smaller size (16 vs. 40 kDa, respectively),
lack of MTS, and no transmembrane anchor domain [58]. Instead, the human CHCHD4
interacts with the apoptosis inducing factor (AIF) and its cofactor NADH for association
with the IMM [58].

The second player in the MIA pathway is ALR (Erv1 in yeast), a FAD-linked sulfhydryl
oxidase that enables new rounds of precursor import and oxidation by re-oxidising reduced
CHCHD4 after it has carried out its role as an oxidoreductase, thus allowing the cycle
to continue [59]. Similarly, reduced ALR can relay its electrons to cytochrome c and,
afterwards, to CIV of the respiratory chain [60]. Therefore, despite not requiring ATP or
∆ψ to operate, the MIA pathway still depends on a functional electron transport chain
(ETC) to successfully oxidise its substrates.

2.5. Crossing or Insertion in the Inner Membrane

Proteins that are destined elsewhere within the mitochondria, namely the matrix
or its membrane, must subsequently pass through or into the IMM (Figure 1). This
membrane crossing (or insertion) import event is facilitated by one of two translocase
complexes, the translocase of the inner mitochondrial membrane 23 (TIM23) complex, or
the TIM22 complex.

2.5.1. TIM23 Complex (Presequence Pathway)

Precursor proteins destined for the mitochondrial matrix, along with some IMM
sorted proteins, containing an N-terminal presequence (i.e., MTS), are passed directly
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from the TOM complex to the TIM23 complex [2,30]. The MTS is a cleavable region of
15 to 50 amino acids that precedes the mature protein and which is rich in hydrophobic,
hydroxylated, and basic residues, with an overrepresentation of arginine residues and a
near absence of acidic residues, forming a positively charged, amphipathic α-helix [61].
Interestingly, it has recently been suggested that preproteins may also contain additional
internal MTS-like signal sequences (iMTS), located in the mature region of the preprotein,
which act similarly to presequences and mediate the binding of the preprotein to Tom70,
increasing the efficiency of protein import via the presequence pathway [62].

The TIM23 complex is anchored to the IMM and exists as a hetero-oligomeric complex,
composed of various subunits (Table 1). It consists of an integral membrane embedded core
complex as well as an import motor [63]. The core complex contains three essential subunits:
TIM17A/B, TIM23, and TIM50 (Tim17, Tim23, and Tim50 in yeast) [46,64–66]. Additionally,
the membrane-embedded part has two non-essential subunits: TIM21 and ROMO1 (Tim21
and Mgr2 in yeast) [12,67]. The import motor, also known as the presequence translocase-
associated motor (PAM) complex, drives translocation across the IMM, aided by ATP
hydrolysis, and consists of TIM44, mtHSP70, DNAJC15/19, TIM16, and GRPEL1/2. In
yeast, the homologs are Tim44, SSC1 (also known as mtHsp70), Tim16 (also known as
Pam16), Tim14 (also known as Pam18), and Mge1, as well as Pam17, which is not known
to have a human homolog [68–73].

In yeast, precursor proteins released from the TOM complex and destined for the
presequence pathway are recognised by Tim50 and the IMS region of Tim23, which act
as receptor proteins for the incoming precursors [63]. This is achieved by binding of the
hydrophilic, IMS-exposed part of the Tim23 subunit and the IMS-extending part of the
Tim50 subunit in the IMS [46,65,66,74]. The Tim23 pore acts as a voltage gated channel and
is ~13 Å wide, thus wide enough for only one α-helix to pass through at a time [75,76]. The
pore is formed by the hydrophobic, C-terminal membrane domain of Tim23, and Tim17,
which has been shown in the yeast model to be important for formation of the twin-pore
structure, since it is unable to form in Tim17-depleted mitochondria [77]. In the handover
of proteins from the TOM complex to the TIM23 complex, Tim50 also interacts with various
partner proteins, including Tom22 and Tom21, which are necessary for the correct recog-
nition and direction of precursor proteins across the IMS to the TIM23 channel [74,78–80].
Notably, it has recently been shown that phosphorylation/dephosphorylation of mam-
malian TIM50 is required for regulation of import activity, that is, phosphorylation of
TIM50 reduces mitochondrial import, whilst its dephosphorylation by human phosphatase
PPTC7 enhances it [81]. TIM50/Tim50 is phosphorylated on its matrix-facing segment in
both mouse and yeast (T33 and S103, respectively) [81], but the identity of the kinase(s)
responsible for this effect is still unknown. Furthermore, various matrix proteins were
found to have phosphorylation sites around their MTS, the dephosphorylation of which
is also thought to be important for enhancing their import and processing within the
matrix [81]. This study highlights the importance of further work to dissect the currently
unclear mechanisms regulating translocation.

The crossing of precursor proteins across the import channel of the IMM is driven by a
number of forces: the proton motive force, i.e., ∆ψ and ∆pH, the affinity of the presequence
for the cis side over the trans side of the membrane, and ATP hydrolysis [63,82]. As
mentioned above, the higher affinity of presequences towards Tim50 initiates the handover
from TOM to TIM23 complex. Additionally, the positively charged MTS means that the ∆ψ

across the IMM exerts an electrophoretic effect on the proteins, facilitating the threading
through TIM23.

As soon as the precursor emerges from the channel, it immediately interacts with
Tim44. Importantly, it was shown that the affinity of presequences is higher for Tim44
compared to Tim50 [78], strengthening the directionality of presequence movement across
the IMM. Additionally, Tim44 is known to act as a scaffold and to recruit the PAM com-
plex (Table 1) [83]. In this model, one arm of Tim44 is anchored to Tim23 while another
arm is dynamic and interacts with mtHsp70, Tim16 and, indirectly, Tim14, controlling
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the active:inactive state of the motor [76]. A typical cycle would involve the recruitment
of ATP-bound mtHsp70 followed by a loose binding to the emerging precursor. Then,
Tim14 would stimulate the ATPase activity of mtHsp70, trapping the bound polypeptide
and consequently releasing the chaperone from Tim44, allowing the sliding of the precur-
sor:chaperone complex into the matrix. The binding of Mge1 to this complex in the matrix
allows the release of ADP and subsequent binding of a new ATP molecule coupled with
the release of bound precursor [84]. The presequences are cleaved off by mitochondrial
processing peptidase (MPP), leading to protein folding and maturation [12].

Nonetheless, not all precursors that are passed to the TIM23 complex are destined
for the matrix. In fact, TIM23 is also responsible for the sorting and lateral insertion
of membrane proteins into the IMM. These proteins contain a stop transfer signal, a
region adjacent to the presequence of ~20 amino acids, which is rich in hydrophobic
residues flanked by charged resides, also known as a sorting signal sequence, which targets
them for this pathway of insertion [85]. The assembled TIM23 complex responsible for
protein insertion into the IMM differs from the motor associated TIM23 in that it contains
TIM21 (Tim21) and ROMO1 (Mgr2) and lacks the PAM complex [12], since it does not
require the motor activity, but is instead driven supposedly solely by ∆ψ [85,86]. For these
reasons, the motor-associated TIM23 complex is known as TIM23MOTOR complex, whilst
the lateral release TIM23 complex is known as the TIM23SORT complex. Tim21 is important
in regulating the lateral release of IMM proteins [87,88]. Furthermore, Mgr2 is important in
aiding the binding of Tim21 to the TIM23SORT complex, as well as in the lateral release of
proteins into the IMM [89]. The ability of Mgr2 to be crosslinked to precursors in transit
suggests that it may make up part of the channel [67].

2.5.2. TIM22 Complex (Carrier Pathway)

In the previous section, we described how proteins resident in the IMM, containing
a single transmembrane domain and a mitochondrial targeting sequence, use the TIM23
complex for insertion. However, some hydrophobic proteins destined for the IMM are
synthesised without a presequence and comprise multiple transmembrane domains and
consequently, require a different import pathway named TIM22 or carrier pathway [90–92].
The majority of these proteins belong to the solute carrier family, typically containing
six α-helical domains with multiple internal targeting sequences within the mature pro-
tein [90,93]. However, the exact mechanism by which these internal targeting sequences
target carrier proteins to the IMM remains to be fully elucidated. The carrier pathway is
particularly important for mitochondrial protein translocation as a whole since some of its
substrates include translocase subunits Tim17, Tim22, and Tim23 [94].

Recent cryo-EM studies have determined the structure of the human TIM22 complex
at 3.7 Å from overexpression in HEK293T cells [95] and yeast TIM22 at 3.8 Å resolution
from endogenous protein levels [96]. The obtained models revealed notable structural
differences between the two. Human TIM22 is a complex of ~440 kDa, and the cryo-EM
structure (approx. 100 Å height and 160 Å width) revealed six subunits: TIM22, TIM29,
acylglycerol kinase (AGK), TIM9, TIM10A, and TIM10B (Table 1) [95]. This structure shows
the complex mainly extending into the IMS, along with a transmembrane region consisting
of four transmembranes of TIM22 and one transmembrane of TIM29 and AGK. TIM29 acts
as a scaffold, holding both TIM9-TIM10A-TIM10B and AGK in proximity to the TIM22
channel. The human TIM22 structure showed the chaperone ring to be tilted at a 45◦

angle [95]. It is also thought that TIM29 links the TIM22 and TOM complexes, mediating
transfer of the carrier protein, a link that has not yet been shown in yeast [97,98]. Recent
studies have revealed that AGK, which is involved in lipid biosynthesis, is important for
TIM22 assembly and function [99,100].

In yeast, the TIM22 complex is ~300 kDa and consists of seven subunits: Tim22,
Tim18, Tim54, Sdh3, Tim9, Tim10, and Tim12 (Table 1) [96]. The yeast structure showed
that the small TIM subunits (Tim9–Tim10–Tim12) sit on the membrane in a hexameric
ring formation and are anchored to the rest of the TIM22 complex via a docking platform
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consisting of Tim18-Sdh3 and Tim22. Tim54 is also required to hold Tim9–Tim10–Tim12 in a
tilted conformation, like in humans, at around 45◦, allowing them to receive substrates and
pass them to the Tim22 channel [96]. Interestingly, Sdh3 is also a component of respiratory
Complex II [101]. However, there is no evidence to suggest that the human Sdh3 homolog
SDHC associates with the TIM22 complex.

Overall, the TIM22 carrier import pathway can be divided into five distinct and
consecutive stages (Figure 1) with different energy requirements, producing perceivable
transport intermediates to be monitored in vitro [102]. The stages are described in yeast
below but are thought to be very similar in humans. In Stage I, the recently translated
precursor is found in a soluble chaperone-bound form (chaperones of the Hsp70/Hsp90
families) not associated with mitochondria.

Then, during Stage II, the precursor–chaperone complex is passed on to the Tom70
receptor in an energy-independent manner, driven solely by the affinity of the receptor
towards the precursor and the tetratricopeptide repeats in the chaperone. The Tom70
molecules contain two binding sites, one for the precursor and one for the chaperones [103],
and aid in the transfer of the protein to Tom22 for insertion into the Tom40 channel [104,105].
More recently, the biological significance of Tom70 has been challenged, and it is suggested
that the receptor acts as a general interface between cytosolic chaperones and the mito-
chondrial import machinery, and not as a specific receptor for carrier precursors [106].
In this regard, Tom70 would play a key role in reducing precursor-induced proteostasis
stress. Next, ATP binding to the cytosolic chaperone triggers the release of the precursor
and progression through the Tom40 channel. Importantly, the precursor can be arrested
in Stage II by ATP depletion [102]. Interestingly, it is thought that carrier proteins are
inserted into the Tom40 channel with both termini remaining in the cytosol, in a loop-like
formation [107].

During Stage III, the precursor emerges from the IMS-facing side of the Tom40 channel,
binding the small TIM chaperones (Tim9–Tim10), which tend to exist as hetero-hexameric
complexes, for handover to the TIM22 complex. However, experimental data where ∆ψ

was dissipated showed the accumulation of two distinct populations, suggesting that
the following stages, namely insertion, are ∆ψ-dependent, and that Stage III is further
divided in two sub-stages. Stage IIIa represents the precursor deeply inserted in the
TOM complex and protected from exogenous proteases [102]. Stage IIIb represents a fully
translocated precursor across the OMM, tethered to the TIM22-bound TIM chaperone
complex (Tim9–Tim10–Tim12) via hydrophobic interactions [102]. Tim12 is bound to the
TIM22 complex, and thus aids in passing chaperoned carrier proteins to the Tim22 channel
via the Tim54 docking site. Recently, it has been shown in yeast that Porins can assist
the translocation by recruiting and interacting with the TIM22 complex, forming contact
sites between OMM/IMM, to spatially coordinate inner and outer membrane transport
steps [108]. However, others have identified that these juxtapositions are maintained by
the interaction of TIM22 with the mitochondrial contact site and cristae organising system
(MICOS) complex in humans [109]. Conversely, MICOS is found in association with the
TIM23 complex in yeast [109].

Interestingly, the last two stages of the translocation of carrier precursors show differ-
ential dependence on ∆ψ, confirmed experimentally through the use of ionophores [92].
Stage IV, also known as docking, can occur in a partially depolarised membrane (−120 to
−60 mV) whereby the precursor is in full association with the TIM22 complex and one
of its loops is inserted in the Tim22 channel [92]. Despite the low ∆ψ, the electrophoretic
effect experienced by the positive charges on the matrix loops of the carrier precursor is
apparently sufficient to drive its partial translocation into the complex. Finally, Stage V re-
quires a fully energised membrane (>−120 mV) to successfully insert the carrier precursor
into the IMM after lateral opening of TIM22 [92,102].

Recently, the canonical even-numbered paired transmembrane helices with Nout- and
Cout-terminal rule for TIM22 substrates has been challenged [110]. In this report, authors
observed that the yeast mitochondrial pyruvate carrier, which has an odd number of
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transmembrane segments and a matrix-facing N-terminus, was imported specifically via
the TIM22 complex. Similarly, it has been recently reported that human sideroflexins, a
class of IMM proteins that contain five transmembrane domains and that do not belong to
the SLC25 family, are imported via TIM22 [111]. Therefore, we can assume that the TIM22
substrate spectrum is less intransigent and contains proteins with paired and non-paired
transmembrane domains.

2.5.3. Oxa1

Despite the endosymbiotic character of mitochondria, the organelle lacks a SecY-like
translocon and possesses instead an import machinery that more closely relates to the
bacterial membrane insertase YidC [112]. The so called IMM protein oxidase assembly
protein 1 (OXA1L, OXA1 in yeast; Figure 1 and Table 1) is highly conserved from bacteria
to mammals and plants [113].

OXA1 is nuclear-encoded, translated in the cytosol, and imported into the mito-
chondria by the TOM/TIM23 pathway via its N-terminal MTS in an mtHsp70- and ATP-
dependent manner [114]. Interestingly, recently imported OXA1 is first observed in the
matrix and then uses endogenous OXA1 to successfully insert itself into the IMM [114].
Mature OXA1 (36 kDa) is known to form oligomers, although its behaviour is still contro-
versial. For example, in Neurospora crassa, it exists as a homo-tetramer [115], while human
OXA1L has an apparent mass of 600–700 kDa, suggesting a hetero-oligomeric complex of
unknown identity [116].

Since the majority of mtDNA-encoded proteins are highly hydrophobic, it is pre-
dictable that OXA1L interacts with mito-ribosomes for a co-translation process, whereby
nascent chains associate with the insertase to suppress possible aggregation of the polypep-
tide in the matrix. This interaction occurs via the long C-terminus of OXA1L/OXA1, in
both humans and yeast [117]. Recently, a cryo-EM structure showed an association between
human OXA1L and mitochondrial ribosomes in a native state, coupling protein synthesis
and membrane delivery [118].

In addition to its role in the insertion of mtDNA-encoded proteins, OXA1 is also
responsible for N-terminal insertion of some nuclear-encoded proteins [119]. In these
cases, proteins with N-terminal MTS are not arrested during import via TIM23SORT but
are fully imported into the matrix via TIM23MOTOR and thereafter sorted for export from
the matrix via OXA1 after cleavage of the MTS [119]. Similarly, multispanning proteins
such as the ABC transporter Mdl1 can cooperatively make use of the stop-transfer (TIM23)
and conservative (OXA1) sorting for integration into the IMM [120]. In regard to yeast
Mdl1, the insertion topology occurs as follows: transmembranes 1 and 2 are imported via
stop-transfer; the subsequent transmembranes 3 and 4 are imported into the matrix in an
mtHSP60/ATP-dependent manner, and exported into the IMM via OXA1; transmembranes
5 and 6 are OXA1-independent and probably use the stop-transfer mechanism. Interestingly,
the middle two TM helices 2 and 3 (of Mdl1), dependent on Oxa1 for their insertion, are
not particularly hydrophobic. This ties in well with the noted evolutionary conservation
and striking structural similarity of the Oxa1/YidC family with EMC3 of the ER membrane
complex [121–123]. Given their common mechanism for membrane protein insertion, it is
perhaps significant that the EMC is also recruited for the incorporation of TM helices with
reduced hydrophobicity [124]. Therefore, the possibility that OXA1 assists more widely in
the insertion of less-hydrophobic TM helices, such as those possessed by transporters (like
Mdl1), proton translocators and carriers, is worthy of further investigation.

In regard to energy dependence, OXA1 does not require ATP for protein insertion,
similarly to TIM22; however, its dependence on ∆ψ is not as obvious. For example, export
of the N-terminus of nuclear-encoded proteins requires an energised membrane [125],
as is the case for the mtDNA-encoded Cox2 yeast protein [126], but not for yeast Cox1,
Cox3, or cytochrome b [126]. Interestingly, this same correlation is observed in regard to
negative charges, i.e., substrates with negatively charged N-terminus and/or IMS loops are
∆ψ-dependent, while those with less negative or neutral character are not [127], suggesting
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that the content of charged residues in an IMM protein determines its dependence on the
OXA1 translocase.

3. The Respiratory Chain and Supercomplexes

The IMM is extremely rich in protein content and accommodates among other classes
a vital group of proteins known as the ETC. Under physiological conditions, the respiratory
complexes forming the ETC can exist as individual entities and/or in association with one
another to form high-order structures, known as supercomplexes (SC) [128]. Interestingly,
it has been suggested that an important role of SC is to participate in the assembly and/or
stability of single respiratory complexes [129–131]. In fact, defects in one complex can
lead to multi-complex deficiencies [132–134]. Additionally, CI and CIII intermediates were
found to bind CIII and CIV subunits before maturation of the respiratory complex [135].

There are numerous reported interactions between components of the ETC and the
import machinery. For example, Tim21 and the two regulatory PAM subunits Pam16 and
Pam18, all part of TIM23, were found to interact with SCIII2IV in yeast [86,136]. Moreover,
human TIM21 was co-purified with CI assembly intermediates and identified as a CI inter-
actor by complexome profiling [137]. Other import-related proteins have also been found
to associate with respiratory complex subunits in yeast, such as mHsp70, which was found
to interact with Mss51, an MTCO1 mRNA-specific translation activator [138], and also with
CIV subunit Cox4 [139]. These interactions suggest a functional interdependence between
the import machinery and the respiration complexes, which still needs to be clarified.
Hypothetically, a direct interaction with the translocase system might favour a faster and
more efficient regulation of the ETC complexes assembly, possibly in response to cellular
signalling. Alternatively, the import machinery in the direct vicinity of proton-pumping
respiratory complexes could benefit from the higher ∆ψ [140] required for protein import.

3.1. Respiratory Complexes Assembly

As mentioned earlier, the OXPHOS machinery is composed of both nuclear and
mitochondrial-encoded subunits, requiring the synchronisation of a series of pathways
and cellular machineries (Figure 2). Firstly, nuclear and mitochondrial gene expression
must be coordinated. This process has been observed in yeast [141], but the underlying
mechanisms are still poorly understood. It is believed that the translation of mtDNA-
encoded mRNAs is regulated by a series of translational activators acting on the 5′-UTR,
while other translational activators could interact with ribosomes or play a role in transcript
stabilisation [142–145]. Moreover, feedback regulation mechanisms linking respiratory
complex subunits’ expression with the state of complexes assembly have been described
for CIII [146,147], CIV [148–151], and CV [152,153].

Interestingly, the route of import can vary for different OXPHOS subunits as well as
for assembly factors (Table S1). It has long been known that the mRNA encoding nuclear
proteins targeted to mitochondria can form polysomes with several ribosomes and localise
to the surface of the OMM where it is translated and imported, a phenomenon known
as co-translation [154–156]. This mechanism, observed for example for the CV subunit
ATP2 in yeast [50], is thought to promote import and assembly efficiency and requires
specific nucleotide signals in the mRNA 3′-UTRs in addition to the MTS [50,157]. However,
other ETC subunits, such as CIV COX4 [158], are encoded in a different type of polysomes,
known as ‘free polysomes’, which are not attached to the organelle membrane [51,159–162].
Moreover, detailed observations revealed that evolutionary ancient proteins are mainly
synthesised at the mitochondrial surface, the core subunits (bacterial orthologs), or pro-
teins involved in the synthesis of metal and heme co-factors, while eukaryotic-specific
supernumerary subunits are more likely to be produced in free polysomes [163].
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Figure 2. Spatial orchestration of mitochondrial respiratory complexes import and assembly and their organisation in the
IMM. ETC complexes I, III, IV, and V are composed of both mitochondrial and nuclear-encoded subunits. Transcripts from
the mitochondrial genome (1) are co-translated by mitochondrial ribosomes (here depicted as a simple arrow for clarity)
and proteins inserted in the IMM via OXA1L. These newly synthesised proteins are then assembled together with the
nuclear-encoded subunits, which are imported primarily through the TOM/TIM23 (2,3) complex. Additionally, proteins
carrying a hydrophobic segment downstream of the MTS are arrested in the Tim23 channel and laterally inserted into the
IMM through a stop-transfer sorting mechanism acquiring a Nin/Cout topology. Proteins with a Nout/Cin topology are
instead fully imported and inserted into the IMM from the matrix side through a process known as conservative sorting,
involving OXA1L (4). The import and insertion of these subunits in the IMM take place predominantly in IBM, a section
of the IMM that runs parallel to the OMM. Then, the ETC subunits undergo a series of post-translational modifications
and are incorporated in a nascent enzyme, often due to the interaction with assembly factors or chaperons. This process
can occur in the monomeric enzymes and/or in the high-order SCs. Fully assembled enzymes and SCs are enriched in the
cristae region of the IMM (5). Note: the size of monomeric respiratory complexes, supercomplexes, import machineries, and
ribosomes are not to scale.

Quantitative immunogold electron microscopy studies in both isolated mammalian
mitochondria and yeast cells showed that fully assembled Complexes I-IV and SC are
found preferentially in cristae membranes [164,165]. However, it has been observed that
complexes intermediates might localise in specific regions of the IMM during different
maturation stages [166]. Therefore, respiratory complex assembly requires the temporal
and spatial coordination of two independent protein synthesis machineries. In this regard,
it was initially proposed that mitochondrial-encoded subunits translated in the matrix
are inserted into the cristae membrane and that imported nuclear-encoded subunits are
primarily inserted in the inner boundary membrane (IBM) for later incorporation in the
nascent enzymes [165].
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Using super-resolution microscopy and quantitative cryo-immunogold-EM a group
of authors addressed this issue in yeast and concluded that although mature CIII, CIV, and
CV localise mainly in the cristae, the early stages of assembly are enriched in the IBM [166].
Nonetheless, the complete assembly pathway of CV appears to develop specifically at IMM
invaginations [166]. Mature CV is known to reside at the tip of these invaginations and to
play a role in membrane curvature and cristae organisation [167,168].

Lastly, ETC subunits can undergo a series of post-translational modifications, in
particular cleavages and insertion of prosthetic groups, such as heme groups, copper
centres, and iron/sulphur (Fe/S) clusters, that are incorporated in the nascent enzymes, as
extensively reviewed [169–171]. The insertion of these subunits occurs in a precise order
and might require the involvement of assembly factors, as described more in detail in the
following sections.

3.1.1. CI Assembly

Complex I (CI) is composed of 44 different subunits in mammals [172], organised in
three structural domains: the P-module, inserted in the IMM, and the N- and Q-modules,
protruding into the mitochondrial matrix (Figure 3a and Table S1). While the N- and
Q-modules are formed exclusively by nuclear-encoded subunits, the P-module contains
seven mitochondrial-encoded proteins (NDs; Figure 3a) [173]. CI assembly requires the
formation of six independent modules, N, Q, ND1/PP-a, ND2/PP-b, ND4/PD-a, and
ND5/PD-b, and the incorporation of each of them in a specific order [174]. The ND2
module is generated first [137] and is stabilised by its interaction with numerous assembly
factors: ACAD9, ECSIT, TMEM126B, NDUFAF1, COA1, and the putative assembly factor
TMEM186, which form the mitochondrial CI intermediate assembly (MCIA) [175,176].
Then, ND3, ND6, and ND4L are added to this intermediate. At least two of these assembly
factors, namely TMEM126B and NDUFAF1, have been recently reported to be imported in
a TIM22-dependent manner [111].

In parallel, a Q-module intermediate starts emerging through the binding of the
assembly factor TIMMDC1 and the subunits ND1, NDUFA3, NDUFA8, and NDUFA13
(Figure 3a) [137]. In the intermediate phase of CI assembly, the ND4 module is formed,
involving the assembly factors FOXRED1, ATP5SL, and TMEM70, followed by the ND5
module, the distal extremity of the membrane arm, which binds the assembly factor
DMAC1/TMEM261 [177]. Finally, the N-module, composed of NDUFV1, NDUFV2,
NDUFS1, and NDUFA2, is incorporated, generating the functional enzyme (Figure 3a).

It is worth noting that all mtDNA-enconded subunits, i.e., the NDs, are inserted
in the IMM via OXA1. Still, most CI subunits are synthesised in the cytosol and then
targeted to mitochondria by their N-terminal MTS, and thus preferentially use the TIM23
route [178]. Contrarily, NDUFS5, NDUFB7, NDUFB10, and NDUFA8 have been shown
to be imported to the IMS using the MIA pathway [179,180]. The remaining 12 subunits
(NDUFA5, NDUFS5, NDUFC2, NDUFB10, NDUFB6, NDUFB9, NDUFB3, NDUFA3, ND-
UFA8, NDUFA13, NDUFB1, NDUFB4) [177] and three CI assembly factors (TMEM126B,
FOXRED1, and TIMMDC1) [181] do not contain a cleavable MTS and are imported into
the organelle as a result of uncharacterised internal signals. Notwithstanding, it has
been recently demonstrated that NDUFB10, TIMMDC1, and TMEM126B are imported
via TIM22 [111], possibly suggesting a similar import route for this class of proteins that
requires further investigation. This pathway is also used by NDUFA11, a supernumerary
subunit of CI that is conspicuously located at the interface between CI and CIII in SCs.
Interestingly, TIMMDC1 and NDUFA11 belong to the Tim17 family [182], providing an-
other link between protein import and respiratory/SC assembly and function. A direct
involvement can be observed in plants where in this case the NDUFA11 homolog B14.7 is
directly associated with TIM23 complex [183].
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Figure 3. Assembly pathways for the different respiratory complexes. For the purpose of simplification, only a small por-
Figure 3. Assembly pathways for the different respiratory complexes. For the purpose of simplification, only a small
portion of subunits and assembly factors are depicted in the figure, namely those for which the import route is known or
expected (see Supplementary Table S1). For detailed view, please see [174]. Panel (a)-Complex I (CI) assembly pathway
is modular and takes place in the IMM. After the synthesis, import, and maturation of both the mitochondrial- and the
nuclear-encoded subunits, six subassemblies are independently formed: ND2, ND1, ND4, ND5, Q, and N-module. The
preassembled modules associate with each other in a precise order. Initially, the central structure of the enzyme is formed,
starting from the ND2-module and continuing with the subsequential addition of the ND1, Q, and then ND4 modules.
Secondly, the extremities of the enzyme are incorporated, starting from the ND5-module, the last part of the membrane
domain of CI, and finishing with the N-module, the FMN-containing intermediate that binds NADH and completes the
assembly of the functional enzyme. mtDNA-encoded subunits (NDs) are indicated in red, while modules containing only
nuclear-encoded subunits are indicated in blue. Panel (b)-Complex III (CIII) assembly starts with the maturation and
insertion in the IMM of the single mitochondrial-encoded subunit, cytochrome b (MTCYB). The remaining nine subunits (in
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blue or gray, for those with known and unknown import routes) are incorporated on top of this ‘seed’, following a precise
order. For CYC1, the two debated import routes are shown as dashed line. Few assembly factors (in green) are known for
CIII and are involved in the maturation of MTCYB and the Rieske protein (UQCRFS1). Different assembly factors are also
shown in green. Mature CIII dimerisation is required for full activity and competence. Panel (c)-Complex IV (CIV) assembly
is modular and is initiated by the parallel formation of the MTCO1 and of the COX4/COX5A modules. The MTCO1 module
associates with a variety of assembly factors including Tim21, forming the MITRAC complex. One of the last subunits to be
added is NDUFA4, which was initially misattributed to Complex I. Structural subunits are shown in red/blue and assembly
factors in green colour. Panel (d)-Complex V (CV) is comprised of three modules: F1, Fo, and the peripheral stalk. The
mtDNA subunits ATP6 and ATP8 (in red) together with other nuclear-encoded subunits (in blue), including the c-ring,
form the Fo domain inserted in the IMM. The F1 domain is the matrix-facing part of the enzyme. The peripheral stalk is
important for the stability of the complex and also contains key subunits required for the dimerisation of mature CV.

Once imported, several core subunits need further maturation and insertion of pros-
thetic groups, such as Fe/S clusters. To date, only one assembly factor is known to be
involved in the incorporation of 4Fe/4S clusters in the peripheral arm: NUBPL, a member
of the Mrp/NBP35 ATP-binding proteins family [184,185]. However, it is expected that
several other unidentified proteins play a role in this process.

3.1.2. CII Assembly

CII subunits (SDHA-D) are all nuclear-encoded and imported into mitochondria post-
translationally. The hydrophilic membrane domain (SDHC and SDHD) contains a heme b
group and two ubiquinone binding sites [186] and forms an intermediate subcomplex [187].
In contrast, the mature forms of SDHA and SDHB are produced and inserted independently.

A flavine adenine dinucleotide (FAD) cofactor is inserted in SDHA via the interaction
with the assembly factor SDHAF2/Sdh5 [188], while SDHAF1, assisted by SDHAF3,
promotes the insertion of SDHB Fe/S clusters ([2Fe-2S], [4Fe-4S], and [3Fe-4S]) [189–192].

Interestingly, the yeast ortholog of SDHC, Sdh3, was found to form a subcomplex
with Tim18 and participate in the biogenesis and assembly of the TIM22 complex [193].
However, Tim18 arose from duplication of the Sdh3 gene and does not have an ortholog in
mammals. Similarly, the mammalian SDHC subunit has never been detected interacting
with the TIM22 complex, suggestive of divergent mechanisms for the formation of the
translocase between the two organisms [98], as discussed in the previous section.

3.1.3. CIII Assembly

Complex III (CIII) is composed of 10 subunits in both yeast and mammals. All CIII
subunits are encoded by nuclear DNA except cytochrome b [194,195].

CIII assembly (Figure 3b) begins with the synthesis and insertion of the mtDNA-
encoded subunit cytochrome b in the IMM, in both yeast and in mammals. The insertion
of the yeast subunit has been shown to occur via Oxa1 [126], while in mammals, the
depletion of OXA1L only marginally affects the biogenesis and function of the enzyme,
suggesting a possible alternative route or compensatory mechanisms [196]. In yeast, this
process is highly coordinated with the synthesis of nuclear-encoded proteins as a result of
translational activators that regulate the expression of mitochondrial genes and their own
expression in relation to mitochondrial respiration [197]; however, the same mechanism has
not been observed in mammals yet. Four translational activators are known to be involved
in the stability and translation of cytochrome b mRNA: Cbp1, Cbs1, Cbs2, and the complex
Cbp3/Cbp6 [198]. However, only three factors are known in mammals, the ubiquinol–
cytochrome c reductase complex assembly factors 1 and 2 (UQCC1 and UQCC2) [199],
orthologs of Cbp3/Cbp6, and UQCC3, ortholog of Cbp4 (Table S1) [200].

In both yeast and mammals, the second step of CIII maturation involves the inser-
tion of the subunits Qcr7 and Qcr8 (UQCRB and UQCRQ in mammals) [201], whilst the
following proceedings differ between the two model organisms. In yeast, for example, an
independent subassembly module containing the two large structural core subunits, Cor1
and Cor2, and the catalytic subunit cytochrome c1 is formed [202]. This intermediate is then
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incorporated into the nascent enzyme together with the Qcr6 subunit [202–204]. In humans,
however, CYC1 forms sub-assemblies with UQCR10 and potentially UQCRH (Qcr6 in
yeast), without interacting directly with the core proteins UQCRC1 and UQCRC2 [131].
Moreover, this intermediate can be found in association with CIV subunits [131], suggesting
that CIII might use CIV or modules of CIV as a structural scaffold during biogenesis. An
alternative hypothesis is that CIII intermediates sequester CIV subunits when SC formation
is impaired [131]. Importantly, it has been shown that dimerisation of two nascent CIII
occurs during this stage [205].

During the intermediate assembly process, another player is added to the CIII complex.
Mature Cyt1 contains a single heme centre and is anchored to the IMM via a single
transmembrane segment near its C-terminus with its mature N-terminus soluble in the
cytosol [206]. The full mechanism for the insertion and maturation of this atypical topology
of an MTS-containing protein is still under debate. Nonetheless, both models share the
initial steps with the Cyt1 precursor being translated in the cytosol and imported via
TOM/TIM23 complexes into the mitochondria, where its N-terminal bipartite presequence
is cleaved into two independent processes [207]. According to one proposed mechanism,
the whole protein is fully imported into the mitochondrial matrix, and only after the first
cleavage is performed, the hydrophobic sequence is re-located into the membrane, allowing
the second proteolytic cleavage in the IMS [208]. However, earlier studies showed that
depletion of matrix ATP has no impact on the import and maturation of Cyt1, suggesting
that the precursor does not cross the IMM completely during translocation [209]. Therefore,
the second model suggests that although the positively charged portion of the MTS reaches
the mitochondrial matrix, the internal hydrophobic signal halts import, allowing for the
lateral release (stop-transfer) of Cyt1 from the TIM23 channel and its insertion in the
membrane [198]. The positive-charged MTS is then cleaved by MPP in the matrix, while
the C-terminal α-helix is inserted into the IMM and the heme group is subsequently added
to the protein by the holocytochrome c1 synthetase (Cyt2 or HCCS1 in mammals) [210].
This modification leads to a conformational change that exposes the second hydrophobic
targeting sequence for cleavage by Imp2, leaving the N-terminal of the mature Cyt1 soluble
in the IMS [211].

The last stages of CIII assembly involve the incorporation of Qcr9 (UQCR10 in mam-
mals), Qcr10 (UQCR11), and Rip1 (UQCRFS1) [212,213]. Once more, minor differences
in the import of the nuclear-encoded Rip1/UQCRFS1 subunit exist between yeast and
mammals. In yeast, the subunit is imported into the matrix via the TOM/TIM23 route [214]
and subsequently cleaved by matrix proteases, MPP and mitochondrial intermediate pep-
tidase (MIP), for complete removal of the MTS [215]. Next, Rip1 is translocated back
across the IMM to the IMS, where it is incorporated in the complex. In this regard, Bcs1 is
thought to be involved in the export of the Rieske Fe/S domain from the matrix into the
IMS [216], since it is able to recognise the correctly folded Rieske protein and act as a protein
translocase. In fact, cryo-EM structures of Bcs1 in yeast [217] and mouse [218] suggest
the formation of an airlock-like mechanism for Rip1/UQCRFS1 translocation. Conversely,
Mzm1 (LYRM7 or MZM1L in humans) stabilises Rip1 in the matrix before translocation to
the IMS [219,220].

In contrast to yeast, the mammalian UQCRFS1 N-terminal import signal is not cleaved
during import but rather after successful incorporation of the subunit, and in a single
cleavage step. Importantly, the cleaved segment remains attached to the enzyme as an extra
subunit [221]. Then, mammal-specific assembly factor TTC19 binds to fully assembled CIII
for clearance of UQCRFS1 fragments, converting it to a fully functional and competent
respiratory complex [222,223].

3.1.4. CIV Assembly

Mammalian CIV is composed of 14 subunits, 11 of which are nuclear-encoded and the
remaining three are encoded by mtDNA (MTCO1, MTCO2, and MTCO3) [224]. Similar to
CI, CIV assembly also occurs in a modular fashion (Figure 3c), and the first subassembly
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structure formed during CIV biogenesis contains two nuclear-encoded subunits, COX4I1
and COX5A [225], as well as an assembly factor, HIGD1A [226].

Next, the MTCO1 module, also known as ‘MITRAC’ (MItochondrial Translation Reg-
ulation Assembly intermediate of Cytochrome c oxidase) [227,228], is generated. This
subassembly is composed of the mitochondrial-encoded subunit MTCO1 and a series of
assembly factors necessary for its insertion into the IMM (including COX14/C12ORF62,
COA3/CCDC56/MITRAC12, and OXA1 [126,227,229–231]) and for its maturation (in-
cluding COX10, COX15, and SURF1 involved in the heme group biosynthesis and inser-
tion [145,232,233] and COX11, COX17, and COX19 involved in the incorporation of the
CuB group [234–236]). Interestingly, Tim21, a subunit of TIM23, was found to be associated
with the MITRAC complex and seems to shuttle imported CIV subunits from the TIM23
translocase to the nascent enzyme [227]. Tim21 was also suggested to play a possible role
in CI biogenesis [227].

Following the formation of MITRAC, the next assembly step requires the incorporation
of the MTCO2 module (Figure 3c). The mtDNA-encoded subunit MTCO2 is inserted into
the IMM via OXA1L together with the assembly factors COX18, COX20/FAM36A, and
TMEM177, which are required for the export of MTCO2 C-terminal domain [237–239].
Afterwards, the copper-binding proteins COX17, SCO1, and SCO2 [240–242] together with
COA6 [243,244] and COX16 help with the insertion of the CuA centre [245,246]. In the
meantime, the nuclear-encoded subunits that form this module (COX5B, COX6C, COX7C,
COX8A, and, most probably, COX7B) are incorporated. Finally, the MTCO3 module
(MTCO3, COX6A1, COX6B1, COX7A2) is formed and added to the nascent enzyme [225],
followed by NDUFA4, initially described as a CI subunit and later assigned to CIV [145].

3.1.5. CV Assembly

Complex V (CV), also known as ATP synthase, is organised in two domains: the
entirely nuclear-encoded F1 domain facing the mitochondrial matrix, and the Fo domain
embedded in the IMM, containing both nuclear- and mtDNA-encoded subunits, namely
ATP6 and ATP8 [247,248].

The formation of CV occurs through three independent sub-assembly steps (Figure 3d) [249].
First, the F1 subcomplex is formed through the interaction of chaperones ATPAF1/ATP11
and ATPAF2/ATP12 with the subunits ATP5B and ATP5A1, respectively [250]. The c-ring
module is then assembled independently via mechanisms that remain unclear. Finally,
the peripheral stalk is incorporated in two steps: first there is the inclusion of b/ATP5F1,
d/ATPH, F6/ATP5J, and OSCP/ATP5O and then the addition of e/ATP5I, g/ATP5L, and
f/ATPJ2 [251,252].

Interestingly, the mammalian c-subunit is encoded by three nuclear genes (ATP5G1,
ATP5G2, and ATP5G3), which differ in their cleavable N-terminal targeting sequences
but give rise to identical mature proteins [253,254]. The mechanisms behind the import
and insertion of mammalian c-subunit(s) in the IMM are still unclear. However, studies
in Neurospora crassa suggest that the MTS and the first transmembrane region could be
initially translocated to the matrix via the TIM23 complex. Then, following the removal of
the presequence, the transmembrane domain would be inserted into the membrane and the
N-terminus exported to the IMS [125]. In bacteria, the insertase YidC, homolog of OXA1,
facilitates the membrane insertion of the c-subunit [255]. The second transmembrane
domain, instead, might be imported in a follow up step through a stop-transfer mechanism
via the TIM23 complex as previously described for Cox2 in plants [256]. Interestingly,
two assembly factors previously known for being involved in CI assembly, TMEM70 and
TMEM242, were found acting as a scaffold for c-ring assembly [257,258].

4. Pathologies with Underlying Mitochondrial Import Defects

As mentioned earlier, TIM23 is responsible for the import of the vast majority of
matrix and IMM proteins. Therefore, it is no surprise that TIM23 knockout in mice is
embryonic lethal, even prior to implantation [259]. Similarly, TIM23 haploinsufficiency
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displays neurological defects and premature aging phenotype, further demonstrating the
importance of protein import to maintain mitochondrial function and body health [259].

However, there are other occasions where the dysfunction might result from precur-
sors clogging the channel or impaired ETC unable to provide driving force energy, rather
than issues with the translocase per se. The cell has developed methods to detect and try to
repair these problems, discussed in more detail in the next section. However, whenever
this repair system fails or become overwhelmed, it creates cell and tissue stress, leading to
general mitochondrial dysfunction, cytosolic toxicity, and disease. In regard to neurodegen-
eration, whilst mitochondrial dysfunction, amongst other effects, has long been recognised
as a contributing factor in the pathogenic mechanisms of neurodegenerative diseases, the
involvement of mitochondrial protein import, be it in a causative or consequential manner,
is just beginning to emerge more recently. These defects have been summarised in Table 2.

Table 2. Summary of import defects associated with neurodegenerative diseases and their consequences on
respiratory complexes.

Pathology Import Defect(s) Known Consequence(s)
Model

Organism/System
Reference

Alzheimer’s Disease

APP accumulation in Tom40
and Tim23 channels, with

higher levels in AD susceptible
brain regions.

Inhibition of import of CIV 4
and 5b, and subsequent
reduction in CIV activity,
leading to increased ROS.

Human AD brains. [260]

Chronic, sub-lethal Aβ
exposure induces a significant

reduction in mitochondrial
protein import.

Reduction in ∆ψ, altered
mitochondrial morphology,

and increased ROS
production.

PC12 cells. [261]

Tau accumulation in OMM and
IMS, and interactions between
N-terminal Tau fragment with

OPA1 and Mfn1.

N/A HEK293T cells, HeLa
cells. [262,263]

Parkinson’s Disease

α-syn localises to and
accumulates within

mitochondria, mediated by a
cryptic non-canonical MTS, in

an ATP and ∆ψ

dependent manner

N/A
Human dopaminergic

neuronal cultures,
PD brains.

[264]

A53T version of α-syn is
imported more efficiently than

wildtype variant.

May account for faster
development of cellular

abnormalities seen in cells
expressing the A53T version

of α-syn compared to
the wildtype.

Human dopaminergic
neuronal cultures, PD
brains, A53T mutant

alpha-synuclein-
inducible PC12

cell lines.

[265,266]

Mitochondrial α-syn
accumulates at IMM and

interacts with CI.

Reduction in CI activity,
increase in ROS production,
inducing oxidative stress.

Human dopaminergic
neuronal cultures, PD
brains, rat SN neurons,
human neuroblastoma

cell line
(SK-N-MC cells).

[266]

S129 phosphorylated α-syn
binds tightly to Tom20,

inducing loss in Tom20-Tom22
interaction.

Impaired protein import, loss
of ∆ψ, reduced respiratory

capacity, and increased
oxidative stress.

Rescued by in vivo
knockdown of endogenous
α-syn, and by in vitro

Tom20 overexpression.

SH-SY5Y cells and
dopaminergic neurons

from SN of
post-mortem PD

patient brains.

[267]
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Table 2. Cont.

Pathology Import Defect(s) Known Consequence(s)
Model

Organism/System
Reference

Parkinson’s Disease

Tom40 downregulation,
corresponding with α-syn
accumulation in PD brains.

N/A
Midbrain of PD

patients and α-syn
transgenic mice.

[268]

Excessively low levels of
mitochondrial import in cells

from PINK1- and
PARK2-linked PD patients.

N/A
Import defects reversed by

phosphomimetic ubiquitin in
cells with residual

Parkin activity.

Cells from PINK1- and
PARK2-linked
PD patients.

[27]

Huntington’s Disease

Disease variant Htt localises to
mitochondria and directly

interacts with the
TIM23 complex.

Inhibited import and
subsequent respiratory

dysfunction, triggering cell
death, rescued by TIM23

overexpression.

Isolated mitochondria
from human HD brains,

primary neurons
expressing Htt variant,
forebrain synaptosomal

mitochondria in HD
mice at early stages

of HD.

[269]

Dysfunctions in MIA pathway
associated with mutant Htt:
reduced levels and ratio of

Erv1 and Mia40.

Reduced import of MIA
pathway precursors, CIV

assembly defects, deficient
respiration, alterations in

mtDNA, altered
mitochondrial morphology.

Neuronal cell lines. [270]

Amyotrophic Lateral
Sclerosis

Variants of SOD1 accumulate
in IMS, matrix, and OMM, and
interact with OMM proteins.

Excessive ROS production,
mitochondrial dysfunction,
and toxic effects on the cells

rescued by selective IMS
targeting of wildtype SOD1.

Transgenic mouse
models, spinal cord

mitochondria.
[271–273]

Increased levels of TOM
subunits Tom20, Tom22, and
Tom40. Overall reduction in

import efficiency by 30%.

Changes in CI related protein
expression levels.

Rat spinal cord of
ALS-linked variant

SOD1G93A.
[274]

Novel CHCHD10 mutant,
Q108P, discovered in a patient
with rapidly progressing ALS,
almost completely abolishes

its import.

Reduced mitochondrial
respiratory capacity, an effect

that is rescued by Mia40
overexpression.

HeLa cells and primary
rat embryonic neurons

transduced with
genomic DNA from a
young ALS patient.

[275]

4.1. Mitochondrial Diseases

Mitochondrial diseases are generally provoked by genetic mutations in complexes’
subunits or assembly factors, as extensively discussed in numerous other reviews [276–280].
However, defects in the machinery involved in the import of these subunits have also been
identified as the cause of mitochondrial pathologies, leading to different clinical features.

Mutations in TIMM50, which encodes a subunit of TIM23 complex, have been associ-
ated with severe lactic acidosis and seizures, linked to defects in import of ETC proteins,
alterations in SC formation and a general respiratory deficiency [281–283]. Biochemical
analysis of a patient with impaired TIM23 complex due to compound heterozygous mu-
tations in TIMM50 revealed reduced steady state levels of CI, II, and IV, but interestingly
not CIII and V [282]. These results suggest the possibility of alternative import routes
for certain ETC subunits or different interactions with the import machinery for subunits
transported into the matrix or inserted into the IMM. Another study with patients with
two homozygous missense mutations in the TIMM50 gene, however, produced opposite
results, showing normal activities of Complex I–IV and defective activity of CV [281]. A
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possible explanation for this phenotype is that, as shown in yeast, the import of subunits
9 and β of CV is highly dependent on TIM50, whilst import of CIII subunit CYC1 and
CIV subunit COX5A import is only mildly affected by TIM50 defects [66]. Finally, another
subject carrying compound heterozygous mutations within the IMS domain of TIMM50
exhibited 3-ethylglutaconic aciduria, symptoms of Leigh syndrome, and dilated hyper-
cardiomyopathy, associated with altered mitochondrial morphology [283]. Additionally,
patients also experienced a general decrease in the levels of fully assembled complexes and
their activity alongside a reduction in SC formation and a drop in the maximum respiratory
capacity [283].

Interestingly, defects in other TIM23 complex subunits do not result in impaired
mitochondrial respiration. For example, alterations in the formation of the DDP1/TIMM8a–
TIMM13 complex found in a patient with deafness/dystonia and with a de novo mutation in
DDP1(C66W) did not lead to defects in the activity of any of the respiratory complexes [284].
More recently, another reported case of neuromuscular presentation of mitochondrial dis-
ease was found to be associated with compound heterozygous mutations in TIMM22 [285].
However, while cellular respiration was reduced in the patient cells, no evident defect
in respiratory complexes or SC assembly was found. In a different report, where TIM22
assembly and activity was impaired by the removal of AGK, a mild CI assembly defect and
respiration impairment was observed [111]. In contrast to the compound heterozygous
variant, this observation suggests a direct involvement of the TIM22 complex in the import
of CI subunits and/or factors required for CI assembly that requires further investigation.

Regarding defects at the TOM complex level, a patient with severe anaemia, lactic
acidosis, and developmental delay were identified with compound heterozygous variants
in the TOMM70 gene [286]. Interestingly, this patient presented with respiratory complex
deficiencies with a primarily marked defect in CIV, including decreased steady state levels
of fully assembled enzyme, activity, and a reduction in CIV-containing SC, while SCI:CIII2
species appeared unaffected.

Finally, defects in OXA1L, essential for the re-localisation of newly imported nuclear-
encoded proteins in the matrix into the IMM, could have an impact on complexes’ assembly
and activity. One patient was identified with mutations in OXA1L and tissue-specific
combined respiratory complex deficiencies, which led to severe encephalopathy, hypotonia,
and developmental delay [196]. Interestingly, skeletal muscle biopsy from this patient
showed defects primarily at the CIV and CV level with only milder defects in CI despite
the fact that neuropathology experiments indicated an isolated CI deficiency in the central
nervous system. Although the tissue-specificity observed in this patient remains unclear, it
suggests a possible differential expression of OXA1L isoforms in different tissues or the
presence of alternative insertases in human mitochondria.

4.2. Alzheimer’s Disease

Alzheimer’s disease (AD) is the most commonly occurring form of neurodegenera-
tion, and growing evidence is linking it to mitochondrial dysfunction at all levels of AD
neuropathology. AD is characterised by the death or loss of neurons in specific, susceptible
areas of the brain, as well as by the presence of two pathological hallmarks: extracellular
senile plaques and neurofibrillary tangles (NFTs) [287].

Senile plaques are deposits of accumulated amyloid-beta peptide (Aβ), a 40–42 amino
acid peptide that is produced by specific, sequential proteolytic cleavages of amyloid
precursor protein (APP). The biology of APP processing and its relevance in AD is reviewed
in great detail in a previous review [287]. In a study carried out in mitochondria from
human AD brains, APP has been found to accumulate in the TOM40 channel, forming
a stable complex of ~480 kDa (Table 2) [260]. It also accumulates with both TOM40 and
TIM23 to form a supercomplex of ~620 kDa [260]. Interestingly, mitochondrial APP levels
varied both among patients, corresponding to the severity of AD, as well as across brain
regions, with higher levels displayed in the regions of the brain that are more vulnerable
to AD: the cortex, hippocampus, and amygdala [260]. Furthermore, the levels of APP
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accumulation in the mitochondria of AD brains directly correlates with mitochondrial
dysfunction [260], suggesting that APP-mitochondrial translocase complex formation and
aggregation may in fact be a causative factor in AD progression.

Furthermore, a study in PC12 cells showed that chronic, sub-lethal Aβ exposure
induces a significant reduction in mitochondrial protein import, and that this, when
sustained over long periods, leads to mitochondrial dysfunction highlighted by a reduction
in ∆ψ, altered mitochondrial morphology, and increased ROS production (Table 2) [261].
This consequential negative impact on mitochondrial function is likely due to the loss of
important proteins that are usually imported via TOM40, such as proteins necessary for
respiratory complex activity and assembly, as well as ROS scavenging proteins.

The second characteristic hallmark of AD, neurofibrillary tangles, insoluble aggrega-
tions made up primarily of hyperphosphorylated Tau protein, is a symptom of not only
AD, but of all tauopathies. Cell line studies have shown that various forms of aggregation-
prone Tau (wildtype, hyperphosphorylated, or caspase cleaved N-terminal fragment) are
imported into mitochondria and localised to the IMS and OMM (Table 2) [262,263]. Whilst,
to the best of our knowledge, no studies have specifically looked at the impact of Tau on mi-
tochondrial protein import efficiency, the body of evidence highlighting Tau accumulation
in mitochondria suggests this would be worth investigating.

4.3. Parkinson’s Disease

Parkinson’s disease (PD) is very closely associated with mitochondrial dysfunction,
owing to consistent evidence suggesting reductions in CI activity in PD patient brains
and other tissues [288,289], in addition to genetic links between familial PD and mito-
chondrial dysfunction [290]. These well characterised mitochondrial abnormalities in
PD and potential therapeutic strategies to target them have been reviewed extensively
previously [291].

Lewy bodies, which form in the SN, are the main pathological hallmark of PD and
are made up mainly of aggregated alpha-synuclein (α-syn), an abundant presynaptic
molecule [292,293]. Alpha-synuclein is a 140 amino acid molecule, which is thought to
play a role in neuronal plasticity and synaptic function [292,294,295]. The aggregation
of α-syn is highly neurotoxic, and studies of transgenic mice overexpressing α-syn have
shown that its accumulation can lead to a PD-like phenotype, consisting of the formation of
prominent intraneuronal inclusion bodies, loss of dopamine neuron terminals, and motor
deficits [296]. Intriguingly, much evidence has suggested that neuronal injury caused by
α-syn may be mediated by mitochondrial dysfunction and degeneration [264,266,297–301].

Multiple studies have shown that α-syn localises to, and accumulates within, mi-
tochondria (Table 2) [264,266,300,301]. This is thought to be mediated by a cryptic, non-
canonical MTS within the N-terminal 32 amino acids of α-syn [266]. The transport of α-syn
into mitochondria does not occur in the presence of oligomycin, which inhibits ATP syn-
thase and thus depletes mitochondrial ATP, or, carbonyl cyanide-m-lorophenylhydrazone
(CCCP), which disrupts the mitochondrial ∆ψ, highlighting that its import is dependent
on both ATP and ∆ψ, consistent with the import requirements for known mitochondrial
proteins [266]. The A53T point mutation that occurs in rare familial PD cases is also
imported into mitochondria, but with significantly higher efficiency than the wildtype
protein [266], which may account for the faster development of cellular abnormalities seen
in cells expressing the A53T version of α-syn compared to the wildtype [265].

It has been previously shown by electron microscopy that the majority of mitochon-
drial α-syn accumulates at the IMM and that it interacts with CI [266]. This causes a
significant reduction in CI activity, as well as an increase in ROS production, inducing
oxidative stress [266], which may account for some of the toxic effects on dopaminergic
neurons. Importantly, α-syn lacking the N-terminal MTS failed to localise to mitochondria
and did not exhibit any of the mitochondrial dysfunctions seen in the wildtype [266].

A study carried out in cell models of PD showed that in vitro treatment with rotenone
leads to an increase in S129 phosphorylation ofα-syn [267]. The resulting post-translationally
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modified α-syn species were observed to bind with high affinity to TOM20 molecules,
leading to a loss of the critical interaction between TOM20 and TOM22 (Table 2) [267].
Consequently, mitochondria have impaired protein import and widespread mitochondrial
dysfunction, displayed by a loss of ∆ψ, reduced respiratory capacity, and increased ox-
idative stress in SH-SY5Y cells [267]. This α-syn/ TOM20 interaction and subsequent loss
of import were also detected in the dopaminergic neurons from the SN of post-mortem
brains of PD patients [267]. The authors highlighted mechanisms for rescuing this disorder,
namely by in vivo knockdown of endogenous α-syn and by in vitro TOM20 overexpres-
sion, both of which preserve mitochondrial import and thus present potential therapeutic
strategies for further investigation [267,302].

It has been shown that the core component of the TOM complex, TOM40, is downreg-
ulated in the midbrain of PD patients as well as in α-syn transgenic mice (Table 2) [268].
Importantly, levels of TOM20 remained the same, suggesting that this is a specific ef-
fect of TOM40, rather than a general reduction in mitochondrial proteins. Furthermore,
this reduction in TOM40 levels corresponded with α-syn accumulation in PD brains, in-
ferring a further functional link between α-syn aggregation and mitochondrial import
dysfunction [268].

A recent study showed that, in addition to the key roles in mitochondrial quality
control and biogenesis already established [303–308], Parkin, an E3 ubiquitin ligase, also
plays a part in stimulating mitochondrial protein import, whilst stimulation of import is
not achieved by disease-causing Parkin variants (Table 2) [27]. Furthermore, the results of
this study showed that this effect relies on PINK1-mediated Parkin activation and results
in ubiquitylation of TOM40 subunits, as well as an increase in K11 ubiquitin chains on
mitochondria [27]. The importance of PINK1-Parkin regulation of mitochondrial import is
highlighted by data showing excessively low levels of mitochondrial import in cells from
PINK1- and PARK2-linked PD patients. This effect may be reversed by phosphomimetic
ubiquitin in cells with residual Parkin activity, probably by bypassing the need for PINK1-
dependent Parkin activation or by enhancing Parkin activity [27].

4.4. Huntington’s Disease

Huntington’s disease (HD) is an autosomal dominant neurological disorder charac-
terised by neuronal loss in the striatal and cortical regions of the brain. The genetic cause
of HD is an abnormal expansion of polyglutamine repeats (encoded by the CAG codon) in
the huntingtin gene (HTT) [309].

N-terminal fragments of variant Huntingtin proteins, which form cytotoxic aggre-
gates [310,311], have been shown to interact directly with mitochondria in cell and mouse
models of HD (Table 2) [312,313]. Furthermore, a study showed that the variant Huntingtin
localises to mitochondria from human HD brains isolated mitochondria, and that it directly
interacts with the TIM23 complex, inhibiting import as a result (Table 2) [269]. These
import defects were consistent in primary neurons expressing Huntingtin variant as well
as in forebrain synaptosomal mitochondria in HD mice at early stages of the disease [269].
Notably, these import defects were not found in liver mitochondria from the same mice,
suggesting that the import defects are specific to neurons [269]. Additionally, the inhibition
of import preceded mitochondrial respiratory dysfunction and acted as a trigger for cell
death, which was rescued upon augmentation of mitochondrial import by overexpression
of TIM23 complex subunits, highlighting this pathway as a potential therapeutic strategy
against HD [269].

Considering the early detection of impaired import in HD mice [269], it suggests that
import defects precede the other mitochondrial insults described in HD models, namely
decreased ∆ψ [314], reduced respiratory capacity and ATP levels [315,316], defective
calcium buffering function [317], and altered mitochondrial morphology and number [318].
A plausible explanation is that inhibition of import would prevent key respiratory complex
proteins from being imported and carrying out their functions, resulting in widespread
mitochondrial damage.

103



Life 2021, 11, 432

Mutant Huntingtin has been linked to dysfunctions in the MIA pathway (Table 2) [270].
In neuronal cell lines, the expression of proteins of the MIA pathway were found to be
significantly different to levels in control cells [270]. More specifically, ALR and CHCHD4
levels were reduced, and the ratio altered compared to control cells, whilst cytochrome
c levels were increased, compared to the control group. Proteins that require the MIA
pathway for import also displayed reduced expression levels, whilst CIV proteins not
imported via this route, such as MTCO3, were unchanged, highlighting that this effect is
specific to MIA substrates rather than a CIV effect [270]. In cells with a homozygous variant,
however, levels of MTCO3 were also reduced [270], suggesting that there may be some CIV
assembly defects. The observed effects on the MIA pathway were accompanied by deficient
respiration, alterations in mtDNA, and changes in mitochondrial morphology [270]. These
effects are consistent with what has been shown previously in both HD models and MIA
deficient models [319–324].

4.5. Amyotrophic Lateral Sclerosis

Amyotrophic lateral sclerosis (ALS) is a rare motor neuron disease, strongly associated
with mutations in SOD1, a ROS scavenging enzyme [325,326]. Characteristic features of
mitochondrial dysfunction have been observed across ALS patients, and respiratory chain
impairment has been highlighted as a common feature in the muscles of ALS patients,
even prior to neuronal deficits being found [327–329]. This finding is consistent across
both patient samples and experimental model systems and has highlighted mitochondrial
dysfunction as a major pathological feature in ALS [330].

A small proportion of wildtype SOD1 is known to localise to the IMS under physiologi-
cal conditions in both yeast and mammals [331,332]. Its antioxidant role in detoxifying ROS
species produced by the ETC (mainly CI and CIII) is well established [332,333]. Disease
associated variants of SOD1, however, have been shown to accumulate not only in the IMS
but also within the matrix and the OMM, where it aggregates and interacts with OMM
proteins (Table 2) [272,273]. This mislocalisation of SOD1 variants lead to excessive ROS
production and subsequent mitochondrial dysfunction and toxic effects on the cells, which
can be rescued by selective targeting of wildtype SOD1 to the IMS [271]. Evidence also
shows alterations in activity of the respiratory complexes and in mitochondrial calcium
buffering capacity associated with disease-causing SOD1 variants [317,334].

A proteomic screen of protein level changes in mitochondria from rat spinal cord
of ALS-linked variant SOD1G93A showed vast changes in mitochondrial import and CI
related proteins compared to SOD1WT mitochondria (Table 2) [274]. Levels of TOM sub-
units TOM20, TOM22, and TOM40 were increased in the affected mitochondria although,
surprisingly, in vitro import assays highlighted a 30% reduction in protein import levels in
these mitochondria compared to wildtype [274].

Furthermore, variants of mitochondrial IMS protein CHCHD10, which is crucial for
cristae remodelling, have been linked to progression of ALS as well as frontotemporal
dementia [275]. The native version of this protein is imported via the MIA pathway, where
disulphide bonds are formed within the CHCHD of the protein [275]. A novel CHCHD10
variant, Q108P, discovered in a patient with rapidly progressing ALS, has been shown to
almost completely abolish its import, resulting in reduced mitochondrial respiratory capac-
ity, an effect that is rescued by overexpression of CHCHD4 (Table 2) [335]. Interestingly,
the C9orf72 protein, which is often mutated in cases of ALS and frontotemporal dementia,
has recently been shown to be an IMM protein vital for the assembly and stabilisation of
CI, and its translocation occurs via the MIA pathway [336]. These studies demonstrate the
importance of mitochondrial protein import and proper respiratory function in the preven-
tion of motor neuron diseases such as ALS, highlighting import pathways as interesting
potential targets for treatment.
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5. Repair Pathways

In order to maintain the integrity and function of the mitochondria, a complex hi-
erarchy of quality control mechanisms exists. This consists of repair mechanisms at
the molecular, organelle, and cellular levels via a plethora of complex systems includ-
ing mitochondrial chaperones and proteases, mitochondrial dynamics and distribution,
mitochondrial-derived vesicles (MDVs), mitophagy, and apoptosis [337]. In addition to the
emergence of links between mitochondrial import defects and neurodegenerative diseases,
there is also evidence implicating stress response pathways in neurodegeneration. This
evidence suggests that the pathways may have either a protective or exacerbating role
in disease progression in different models. This section will discuss some of the stress
response pathways that cells have developed in response to mitochondrial dysfunction for
restoration of mitochondrial import function, respiratory capacity, and mitochondrial and
cytosolic proteostasis.

5.1. UPRmt

The mitochondrial unfolded protein response (UPRmt) is known to be directly ac-
tivated in response to impaired proteostasis in the mitochondrial matrix and has been
extensively studied in Caenorhabditis elegans, where it was first identified [338]. The UPRmt

is a transcriptional response pathway that eliminates proteotoxic stress and fine-tunes
mitochondrial respiration [339,340].

The sensor for this pathway is stress activated transcription factor (ATFS-1, ATF5 in
mammals), which contains both a weak N-terminal MTS and a strong C-terminal nuclear
localisation sequence (NLS) [341]. Proteotoxic mitochondrial stress, caused by a variety
of mitochondrial stressors including: impairment of the import machinery (timm23 or
tomm40(RNAi) or paraquat application via CI inhibition), loss of ETC quality control (spg-
7(RNAi)), or mtDNA depletion (ethidium bromide application) [341], results in retargeting
of ATFS-1 primarily to the nucleus. There, ATFS-1 acts with transcriptional regulators
DVE-1 and UBL-5 to induce the production of mitochondrial chaperone proteins HSP-6
and HSP-60, as well as proteases CLPP-1, LONP-1, SPG-7, and YMEL-1, metabolic genes
GPD-2 and SKN-1, and core component of the TIM23 complex, TIM17 [339,342,343]. ATFS-
1 is also responsible for repressing the expression of ETC genes, thus shifting expression
capacity to increase mitochondrial protein folding and reducing the proteotoxic stress from
mistargeted proteins in the cytosol [344].

Importantly, the localisation of ATFS-1 is mediated by HAF-1, the previously iden-
tified UPRmt regulator and general attenuator of mitochondrial protein import during
stress [345]. In the absence of HAF-1, ATFS-1 is unable to transition to the nucleus under
stress conditions, thus failing to activate the UPRmt [341,345]. It is important to note that
ATFS-1 has a relatively weak MTS, meaning that minor effects on mitochondrial protein im-
port efficiency, such as partially depolarised mitochondria, can trigger the stress response
pathway, even though some mitochondrial proteins with stronger targeting sequences may
still be imported successfully under these conditions [346].

In mammalian cells, the UPRmt is thought to act in a similar way to that described
above for C. elegans, where transcription factor ATF5 is regulated and triggers a stress
response very similar to that described for the C. elegans homolog ATFS-1 [347]. However,
studies have shown that integrated stress response (ISR) factor ATF4 is also involved in
the transcriptional reprogramming of the mammalian UPRmt [348,349]. It is also thought
that the heat shock response (HSR) is activated alongside the UPRmt in what is known
as the mitochondrial to cytosolic stress response (MCSR) [338]. The HSR is activated by
dysfunctional ETC activity or complex assembly and restores cytosolic proteostasis via
transcription factor HSF-1 [350].

Given the vast mitochondrial dysfunction described in neurodegeneration, it is not
surprising that there is an emerging body of evidence linking the UPRmt to neurodegenera-
tion. In PD, variants of C. elegans PINK1 and Parkin orthologs PINK-1 and PDR-1 lead to
increased activation of the UPRmt, which mitigates mitochondrial dysfunction caused by
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the corresponding mutations, subsequently increasing dopaminergic neuron survival [351].
However, a study in C. elegans showed that prolonged UPRmt activation can in fact ex-
acerbate mitochondrial dysfunction and dopaminergic cell death by favouring retention
of dysfunctional mitochondria [352], which is important to note given the long-term and
progressive nature of neurodegenerative diseases. Furthermore, the HSR has been shown
to be activated in mouse and cell models of PD [353,354], and studies have also highlighted
heat shock protein overexpression as an attenuator of α-syn aggregation and subsequent
dopaminergic cell death [355].

In vivo studies also reveal that the accumulation of ALS SOD1 variant SOD1G93A

in the IMS leads to activation of the UPRmt [356], consistent with other studies showing
that activation of the UPRmt precedes disease onset and increases throughout disease
progression in ALS mutant mice [357]. Similarly, in AD, accumulation of Aβ has been
shown to activate the UPRmt [358], and there are high levels of UPRmt marker genes in post-
mortem brain samples from AD patients [359]. Interestingly, the inhibition of UPRmt by
knockdown of genes coding for key UPRmt proteins HSP-6, HSP-60, and DVE-1 exacerbates
AD phenotypes in C. elegans [360], suggesting that the UPRmt may play a protective role in
AD progression.

Recently, evidence has shown that an earlier form of the UPRmt precedes the classical
UPRmt, and is activated by the accumulation of unprocessed precursor proteins inside
mitochondria, due to impaired processing by MPP [361]. In this case, yeast nuclear tran-
scription factor Rox1 is relocalised to mitochondria, binding to mtDNA and regulating
mtDNA transcription and translation, and maintenance of mitochondrial respiratory and
import functions [361].

5.2. UPRam

The ‘UPR activated by the mistargeting of proteins’ (UPRam) is another major stress
response pathway that responds to mitochondrial import defects via the TIM23 or MIA
pathways [362]. It has been well characterised in yeast, and there is some evidence that
suggests that it also takes place in mammalian cells [362,363]. In yeast, the trigger for
this is not the lack of import of a sensor protein, like ATFS-1 in the UPRmt, but instead
the accumulation of cytosolic precursor proteins [362]. This accumulation of cytosolic
precursors leads to increased proteasome assembly, triggered by increased activity of
proteasome assembly factors Irc25 and Poc4, and subsequent proteasomal degradation of
the accumulated cytosolic precursor proteins [362]. This is accompanied by an inhibition
of protein synthesis, which acts to prevent further accumulation of mistargeted proteins in
the cytosol [362].

The UPRam pathway is in part identical to the UPRmt and is probably activated
simultaneously alongside the UPRmt; however, they differ in that the UPRmt acts by
regulating the abundance of mitochondrial chaperones and proteases, whilst the UPRam

regulates the expression of all mitochondrial proteins, as well as activating the proteasome
to clear aggregated proteins [214,364].

To the best of our knowledge, there have been no studies thus far directly implicating
the UPRam pathway in neurodegeneration. However, proteasomal degradation via the
ubiquitin–proteasome system is known to be downregulated in the affected neurons of
many neurodegenerative diseases including AD, PD, HD, and ALS, and it is thought that
this is mainly caused by the accumulation of cytotoxic protein aggregates [365–367]. For ex-
ample, in AD, aggregated, ubiquitinated Tau can block entry of unfolded proteins to the 19S
catalytic subunit of the proteasome by binding to the recognition site, resulting in impaired
proteasomal degradation and enhancing the accumulation of precursor proteins [368].

5.3. mPOS

The mitochondrial precursor over-accumulation stress (mPOS) pathway is a mech-
anism of mitochondria mediated cell death, and has been characterised in yeast [369].
mPOS is usually triggered by any dysfunction that leads to over-accumulation of precursor
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proteins in the cytoplasm. Usually, this accumulation would occur as a consequence of
import dysfunctions, but it can also be related to other mitochondrial damage, particularly
damage that alters IMM integrity such as misfolding of IMM proteins [369]. mPOS is
thought to lead to cell degeneration due to the toxic cytosolic accumulation of misfolded
proteins exceeding the cells’ capacity to remove these proteins [369]. However, there is a
large network of genes responsible for suppressing mPOS and thus promoting cell survival
by means of modulating ribosomal biogenesis, translation of specific transcripts, increasing
protein chaperones and turnover, and decapping mRNA [369]. Of these proteins in yeast,
Gis2 and Nog2 are particularly important in encouraging cell survival. Gis2 is involved in
promoting cap-independent translation whilst Nog2 inhibits the nuclear export of the 60S
RNA subunit of the ribosome, promoting cell survival and attenuating mPOS [369–371].
Furthermore, the mPOS pathway can trigger additional stress response pathways within
the cell, including the ISR, which restores cellular homeostasis by reducing global protein
synthesis, triggered by phosphorylation of eukaryotic translation initiation factor 2 alpha
(eIF2α) [372].

Though there have been no specific examples of mPOS in neurodegeneration as of yet,
it may have extremely important implications, especially given the mutations in genes of
the anti-degenerative network seen in some neurodegenerative diseases such as ALS [373]
and PD [374], which have been implicated in suppressing mPOS. The potential association
of mPOS in neurodegeneration has been discussed in detail in a recent review [375].

5.4. mitoCPR

The mitochondrial compromised protein import response (mitoCPR) pathway was
discovered in yeast and is activated when a mitochondrial protein is stalled in the Tom40
channel, inducing mitochondrial import stress and accumulation of proteins on the mito-
chondrial surface [376]. In yeast, the mitoCPR is activated and transcription factor Pdr3
induces the expression of CIS1. Cytosolic protein Cis1 binds to Tom70 and recruits the
AAA+ ATPase Msp1, which removes stalled precursor proteins from mitochondrial chan-
nels and targets them for proteasomal degradation [376]. This allows mitochondria to
maintain their functions under import stress conditions. This is interesting in the context of
AD, especially given that APP, the precursor protein responsible for the production of toxic
amyloid plaques in Alzheimer’s brains, was shown to accumulate within TOM channels,
driving mitochondrial dysfunction in AD [260]. This indicates that the mitoCPR pathway
may be defective under these conditions, or may not be sufficient to rescue mitochondrial
dysfunction associated with APP-TOM aggregation [377].

5.5. mitoTAD

The mitochondrial protein translocation-associated degeneration (mitoTAD) pathway
differs from those described already in that it is a quality control pathway that occurs
constitutively under non-stress conditions [378]. In yeast, it is triggered by precursor
proteins trapped in the Tom40 channel, sensed by Ubx2, which consistently interacts
with the TOM complex under normal conditions, monitoring protein import through
Tom40 [378]. If Ubx2 senses that a precursor protein is arrested within the TOM complex, a
pool of Ubx2 binds to TOM and recruits the AAA+ ATPase Cdc48 for removal of arrested
precursor proteins from the Tom40 channel [378]. The mitoTAD pathway was discovered
in yeast, and interestingly, shows similarities to a quality control pathway in the ER, which
involves Ubx2 exporting unfolded proteins from the ER [379,380]. No examples of the
mitoTAD pathway have been described in models of neurodegeneration as of yet; however,
as discussed above for the mitoCPR pathway, it is intriguing in the context of studies
showing accumulation of proteins in the mitochondria during neurodegeneration, and
further research into this link would be most interesting.
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6. Concluding Remarks

Over recent years, remarkable progress has been made towards understanding the
processes of mitochondrial protein import and respiratory complexes assembly. Recent
advances in structural biology have begun to further elucidate the different structural
properties of the mitochondrial translocases in high resolution, and this sheds further light
on the various processes of mitochondrial protein import for specific protein classes. Whilst
progress has been made, there remain areas of uncertainty regarding the organisation
and dynamic action of the translocase complexes. Advances in import assay methods,
such as the one recently developed [381], are also of paramount importance to dissect
the mechanism of the import process and its kinetics. Hopefully, a revamped in cell
assay will allow one to perform drug and phenotypic screenings, allowing for the easy
identification of new players and modulators as well as small molecules that target this
biological pathway.

Here, we highlight the body of evidence surrounding how closely interlinked mito-
chondrial protein translocation pathways are with the assembly of respiratory complexes
and their function. Recent advances have begun clarifying exactly which translocation
pathways are taken by nuclear-encoded respiratory complex proteins, though much more
is yet to be done. Elucidating this link between import and respiratory function will be
of vital importance, especially since in cases of mitochondrial disease, the importance
of import pathways for respiratory complexes assembly and function is now clear. This
suggests that targeting import pathways in cases of mitochondrial disease may become a
credible therapeutic strategy.

Whilst mitochondrial dysfunction has long been recognised as a key factor in neurode-
generative diseases, mitochondrial protein import is now being implicated as a key factor
in this dysfunction, across all levels of neurodegenerative disease models from the simple
cell line setup right up to animal models and patient samples. Interestingly, the findings
from these studies suggest that dysfunctional mitochondrial import is a driving force
for the prominent mitochondrial irregularities observed in these diseases. This therefore
represents an important target for further research to address the major outstanding ques-
tions. Namely, are the links between mitochondrial import defects and disease causative or
consequential? What exact role might such defects play in disease progression?

This review has also outlined the various stress response pathways that have been
shown to be activated in response to mitochondrial protein import defects. We highlight
their importance in maintaining cell proteostasis and fine-tuning respiratory processes that
rescue mitochondrial function. It is thought that these pathways are interlinked with one
another; for example, the UPRam and UPRmt, the two most well characterised pathways to
date, are thought to be activated simultaneously, despite having different triggers [364].
Interestingly, the UPRam and mPOS pathways both share a common trigger, that is, they
become activated by accumulation of precursor proteins in the cytosol, yet thus far no
evidence has shown their simultaneous activation. Interestingly, the mitoCPR and mitoTAD
pathways also share the same trigger. It is thought that the mitoTAD pathway is active
under non-stress conditions, whilst the mitoCPR pathway is activated only under stress
conditions. Does this mean that mitoCPR is activated only when the mitoTAD pathway
has failed? Since these stress response pathways are relatively new concepts, much more
research is required. As more evidence emerges, enlightening the precise mechanisms of
these pathways, they may generate therapeutically interesting targets for interventions
against neurodegenerative diseases.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/
10.3390/life11050432/s1, Table S1: Supporting Table for Main Figure 3 on the Assembly of human
Respiratory Complexes.
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Abbreviations

∆ψ: mitochondrial transmembrane potential; α-syn: alpha-synuclein; Aβ: amyloid-beta peptide; AD:
Alzheimer’s Disease; AGK: acylglycerol kinase; AIF: apoptosis inducing factor; ALS: Amyotrophic
lateral sclerosis; APP: amyloid precursor protein; CCCP: carbonyl cyanide-m-lorophenylhydrazone;
CHCHD: coiled-coil-helix-coiled-coil-helix domain; CI-V: mitochondrial respiratory complexes one
to five; cryo-EM: cryogenic electron microscopy; DAMPs: damage-associated molecular patterns;
Drp1: mitochondrial fission GTPase dynamin-related protein 1; eIF2α: eukaryotic translation initia-
tion factor 2 alpha; ER: endoplasmic reticulum; ETC: electron transport chain; Fe/S: iron/sulphur;
HD: Huntington’s disease; HSR: heat shock response; Hsp: heat-shock protein; HTT: Huntingtin;
IBM: inner boundary membrane; IMM: inner mitochondrial membrane; IMS: intermembrane space;
iMTS: internal mitochondrial targeting sequence like signal sequence; ISR: integrated stress response;
LHON: Leber hereditary optic neuropathy; MCIA: mitochondrial complex I intermediate assembly;
MCSR: mitochondrial to cytosolic stress response; MDVs: mitochondrial-derived vesicles; MIA:
mitochondrial IMS assembly; MICOS: mitochondrial contact site and cristae organising system;
MIM: insertase of the outer mitochondrial membrane; MIP: mitochondrial intermediate peptidase;
mitoCPR: mitochondrial compromised protein import response; mitoTAD: mitochondrial protein
translocation-associated degeneration; MITRAC: Mitochondrial Translation Regulation Assembly
intermediate of Cytochrome c oxidase; mPOS: mitochondrial precursor over-accumulation stress;
MPP: mitochondrial processing peptidase; mtDNA: mitochondrial DNA; MTS: mitochondrial tar-
geting sequence; NFTs: neurofibrillary tangles; NLS: nuclear localisation sequence; OMM: outer
mitochondrial membrane; OXA1: mitochondrial oxidase assembly protein 1; PAM: presequence
translocase-associated motor; PD: Parkinson’s disease; ROS: reactive oxygen species; SAM: sort-
ing and assembly machinery; SC: supercomplexes; SN: Substantia Nigra; TIM22: translocase of
the inner membrane 23; TIM23: translocase of the inner membrane 23; TOM: translocase of the
outer membrane; TOM-CC: translocase of the outer membrane core complex; UQCC1 and UQCC2:
ubiquinol-cytochrome c reductase complex assembly factors 1 and 2; UPRam: UPR activated by the
mistargeting of proteins; UPRmt: mitochondrial unfolded protein response; UTR: untranslated region.
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Abstract: Current shreds of evidence point to the entorhinal cortex (EC) as the origin of the
Alzheimer’s disease (AD) pathology in the cerebrum. Compared with other cortical areas, the
neurons from this brain region possess an inherent selective vulnerability derived from particular
oxidative stress conditions that favor increased mitochondrial molecular damage with early bioener-
getic involvement. This alteration of energy metabolism is the starting point for subsequent changes
in a multitude of cell mechanisms, leading to neuronal dysfunction and, ultimately, cell death. These
events are induced by changes that come with age, creating the substrate for the alteration of several
neuronal pathways that will evolve toward neurodegeneration and, consequently, the development
of AD pathology. In this context, the present review will focus on description of the biological
mechanisms that confer vulnerability specifically to neurons of the entorhinal cortex, the changes
induced by the aging process in this brain region, and the alterations at the mitochondrial level as
the earliest mechanism for the development of AD pathology. Current findings allow us to propose
the existence of an altered allostatic mechanism at the entorhinal cortex whose core is made up of
mitochondrial oxidative stress, lipid metabolism, and energy production, and which, in a positive
loop, evolves to neurodegeneration, laying the basis for the onset and progression of AD pathology.

Keywords: aging; ATP synthase; energy metabolism; entorhinal cortex; lipoxidation-derived damage;
mitochondrial dysfunction; neurodegeneration; oxidative damage

1. Introduction

Population aging is a global phenomenon. Demographic projections from the United
Nations Aging Program [1] and the Centers for Disease Control and Prevention [2] esti-
mate that the number of people in the world aged 65+ will increase from 420 million in
2000 (7% of total population) to about 1 billion by 2030 (12% of the world population).
Considering that aging represents the single biggest risk factor for Alzheimer’s Disease
(AD), it is clear that this dementing disorder presents a challenge to medicine, preventive
medicine, public health, and elderly care systems in all countries across the world.

The global prevalence of dementia in the world is estimated at around 3.9% in people
aged 60+ years but there are regional differences ranging from 1.6% in Africa to 6.4% in
North America [3]. Furthermore, more than 25 million people in the world are currently
affected by dementia with around 5 million new cases occurring every year [3–5]. The
two most common forms of dementia around the world are AD (50–70%) and vascular
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dementia (15–25%), with AD the predominant form that affects the elderly. The data from
population-based studies in Europe suggest that the age-standardized prevalence in people
65+ years old is 6.4% for dementia and 4.4% for AD [6]. In the US, a study evaluating people
aged > 70 years showed a prevalence for AD of 9.7% [7]. The age-specific prevalence of AD
almost doubles every 5 years after age 65. In industrialized countries, approximately 10%
of people over 65 and more than 30% over 85 are affected by some degree of dementia [8,9].
Thus, AD is the most prevalent form of dementia predominantly affecting the aged.

In Europe, there is a rate of incidence of 19.4 per 1000 people every year in those over
65. In the US, data from two large-scale studies of people aged 65+ showed an incidence
rate for AD of 15.0 (male, 13.0; female, 16.9) per 1000 person-years [10,11]. Furthermore,
the rate of incidence of AD increases with increasing age until 85 years of age [6,11,12]
and seems to decline in the early 90s and later [13] suggesting a resistance to this age-
related disease in long-lived humans, as well as the possibility that the aging trajectory
of long-lived humans differs from the ‘normal’ or pathological aging probably ascribed
to biological differences. Currently, Alzheimer’s disease has no cure, although intense
research is being carried out aimed at improving understanding of the molecular and
cellular mechanisms of the disease and early detection in preclinical stages of the disease,
as well as identifying targets for specific treatments.

Mitochondria are evolutionarily conserved intracellular organelles present in all eu-
karyotic cells, and neurons are no exception. These organelles participate in a multitude
of cellular physiological processes, particularly in cell bioenergetics and the biology of
free radicals [14]. Both functions are relevant for neuronal cells, both to support their
high energy demands in order to maintain neuronal homeostasis and survival, and to
limit the potentially detrimental effects induced by the oxidative stress conditions which
are inherently favored by the own neuronal structure and function [15–21]. However,
neurons are long-lived post-mitotic cells with a lifespan identical to the organism itself,
indicating the presence of efficient molecular mechanisms designed to ensure neuronal
survival [22,23]. Other critical cellular processes in which mitochondria are also involved
include biosynthesis of lipids, iron-sulfur clusters, heme groups, presynaptic neurotransmit-
ters, calcium homeostasis, and cell death, among others [24]. To accomplish this diversity
of functions, mitochondria show a great dynamism and establish a coordinated network
and crosstalk among themselves and with other cell organelles including, for instance,
endoplasmic reticulum and nucleus, in order to adapt their response to a continuously
changing microenvironment under physiological and pathological conditions [25–27].

Dysfunction of mitochondria has been associated with several neurodegenerative
diseases, including amyotrophic lateral sclerosis, Huntington’s disease and Parkinson’s
disease [28–32]. Here we will review available evidence that demonstrates mitochondrial
alterations in the brain of AD patients. Furthermore, we will show that mitochondrial
defects in particular metabolic pathways of specific vulnerable neurons of the entorhinal
cortex (EC) trigger the onset of AD pathology.

2. The Alzheimer’s Disease Pathology

AD pathology is a human age-related biological process that causes progressive
degeneration of the brain and is characterized clinically by cognitive impairment and
dementia. At the cellular level, AD is characterized by a selective and progressive loss of
nerve cells, spines and synapses, impaired neurotransmission, and progressive isolation of
remaining nerve cells. Neuropathologically, AD is currently characterized by extracellular
deposits of β-amyloid (Aβ40 and Aβ42 as the main species) in the brain parenchyma
forming senile plaques (SPs) and giving rise toβ-amyloid angiopathy around cerebral blood
vessels, and intraneuronal deposits of hyper-phosphorylated, abnormally-conformed, and
truncated tau configuring neurofibrillary tangles (NFTs), dystrophic neurites of senile
plaques, and neuropil threads [33]. In this context, AD could be considered a pathology
with abnormal accumulation of specific protein aggregates leading to neurodegeneration.
Unfortunately, these two markers have attracted so much attention in biomedical research
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that a third potential hallmark, altered lipid metabolism, first described by Alzheimer, has
gone practically unnoticed. Furthermore, we should note that studies in the late 1960s
and 1970s also reported important changes at the mitochondrial level whose meaning was
absolutely ignored until recently (see later).

In terms of disease progression and spread, and again based on SPs and NFTs as a
neuropathological reference, early abnormal tau deposition appears in selected nuclei of
the brainstem followed by the EC and olfactory bulb and tracts; later on, it extends to the
hippocampal complex, basal forebrain, and limbic system, and eventually to the whole
cerebral cortex and other regions such as the striatum and thalamus [34–38]. Systematic
anatomical studies have allowed the categorization of stages of disease progression based
on the accumulation of lesions in the brain. Thus, Braak and Braak stages I-II are manifested
by NFTs in the olfactory bulb and tracts, and EC, followed by the transentorhinal cortex
and initial CA1; stages III-IV show increased numbers of NFTs in the preceding regions
and extension of NFTs to the whole CA1 region of the hippocampus, subiculum, temporal
cortex, magnocellular nuclei of the basal forebrain including Meynert nucleus, amygdala,
anterodorsal thalamic nuclei, and tubero-mammillary nucleus; stages V-VI entail, in ad-
dition to increased severity in the above-mentioned areas, the cortical association areas
including the frontal and parietal cortices, the claustrum, reticular nuclei of the thalamus,
and, finally, the primary sensory areas compromising the primary visual cortex [34,35,38]
(Figure 1A). Regarding β-amyloid deposits, these first appear in the orbitofrontal cortex
and temporal cortex, and they then progress to practically the whole cerebral cortex, di-
encephalic nuclei, and, lastly, the cerebellum [34,35,39] (Figure 1B). Regarding SPs, Braak
and Braak stage A is characterized by plaques in the basal neocortex, particularly the
orbitofrontal and temporal cortices; stage B involves, in addition, the association cortices;
and stage C, the primary cortical areas [34,35].

–
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Figure 1. Progression and spread of Alzheimer’s disease in humans based on tau (NFTs) and β-amyloid (SPs) as a
neuropathological reference. (A) Progression of tau pathology (Braak staging), and (B) progression of β-amyloid pathology
(β-amyloid deposits). For details, see main text. Reproduced and modified with permission from [40].

Importantly, cognitive impairment clinically categorized as mild or moderate may
appear at stages III-IV, whereas dementia can occur in individuals with AD pathology
at stages V-VI [41–43]. The delay between the first appearance of AD-related pathology
and the development of cognitive decline and dementia has been estimated to be several
decades in those individuals in whom dementia eventually occurs [44]. It is worth stressing
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that AD-related pathology, including stages I-II, is present in about 85% of individuals aged
65+ years [38,45,46]. Therefore, AD can be considered a very common and relatively well-
tolerated degenerative process for a long time, depending on cognitive reserve, but it may
have devastating effects once thresholds are exceeded [46]. This concept highlights the need
for discovering early biomarkers and prompt interventional measures to maintain neuronal
function. Discovering the triggering pathological events is relevant for the adoption of
these interventions.

One of the reasons for the lack of knowledge concerning AD is the limited amount
of information regarding early stages of the neurodegenerative process. This caveat in
knowledge is secondary to the fact that the disease’s clinical features—those that permit
its recognition—occur at relatively advanced stages, once the degenerative process has
reached thresholds that overwhelm the system’s allostatic capacity as a whole to maintain
essential neuronal functions. Thus, little is known about physiological aging changes,
intertwined with the process’s silent earliest stages (Braak stages I-II). Thus, attention
should be given to those stages in which neurofibrillary pathology (one of the hallmarks
of AD) is restricted to the EC, in order to improve understanding of early pathogenic
mechanisms and identify possible targets for therapeutic intervention geared to curbing or
retarding progression to clinical stages [46–48].

3. The Entorhinal Cortex as Starting Point

In mammals, the EC is located in the medial temporal lobe, adjacent to the hippocam-
pus. This brain region presents two major divisions, the medial EC (MEC), which is located
next to the pre- and parasubiculum, and the lateral EC (LEC), which is adjacent to the
neocortex. The EC has five cell layers, in contrast to the neocortex which has six layers.
There are three superficial layers (layers I, II, III), a relatively cell-free central layer (lamina
dissecans), and two deep layers (layers V and VI). The principal cells of the EC are gluta-
matergic and include pyramidal neurons (located in layers II, III, V and VI), and stellate
cells (located in layer II). GABAergic local circuit neurons (interneurons) are dispersed
throughout the layers, similar to neocortex. From a neurophysiological perspective, the EC
plays a critical role in memory consolidation [49].

3.1. Selective Neuronal Vulnerability of the Human Entorhinal Cortex

Human evolution is closely linked with rapid expansion of brain size and complexity,
a prerequisite for the appearance of cognitive functions. These evolutionary changes
have been associated with and supported by brain metabolism adaptations, especially
concerning increased energy supply, and fatty acid uses [50–54]. The human brain’s
complexity is expressed at many levels, such as the organization in different regions,
the diversity of functions (motor, sensory, regulatory, behavioral, and cognitive), and
the morphological and functional diversity of neurons. This neuronal diversity requires
specific gene expression profiles, in addition to the housekeeping genes required for the
basic functions of every cell that in essence are linked to cell metabolism [55]. The gene
expression profile supports a given proteomic profile which, in turn, configures a neuron-
specific metabolomic fingerprint. Additionally, the fact that specific regions of the central
nervous system exhibit differential vulnerabilities with respect to the aging process and
neurodegenerative disease development indicates that neuronal responses to cell-damaging
processes are heterogeneous [15,18,56]. To better understand the mechanisms involved
in neuronal resistance/sensitivity to stress, disease, and death, it is crucial to define the
different brain regions’ cell vulnerability in physiological conditions.

In this context, developmental, structural, and functional traits suggest that neurons
in EC, particularly neurons in layer II, have a selective vulnerability compared to other
neurons. Thus, it has been observed that primates display a developmental precocity of the
EC relative to other cortical regions [57]. This could be a factor in increased vulnerability of
the EC to the effects of age [58] due to their neurons’ high longevity. An additional factor
of neuronal vulnerability is the morphological complexity and presence of long myelinated
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axons which carry a high energy cost to maintain their integrity [58–60] (Figure 2). Fur-
thermore, the intraregional differences in the firing properties of the different neurons also
introduce differential vulnerability based on the necessary adaptation of cellular pieces of
machinery [58]. Other factors associated with a specific profile of layer II of the EC can be
found at the gene expression profile level. For instance, high reelin expression has been
described, involved in neuronal development and synaptic plasticity [61].

the different brain regions’ cell vulnerability in physiological conditions.

due to their neurons’ high longevity. An additional 
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Figure 2. High longevity and morphological complexity are traits that confer selective vulnerability
to neurons in layer II of the medial and lateral entorhinal cortex in humans. For details, see main text.
Reproduced and modified with permission from [58].

Neurons in EC can also present a selective vulnerability based on specific metabolic
traits. Thus, we find that a cross-regional comparative study designed to identify traits that
characterize the selective neuronal vulnerability in three functionally and evolutionarily
distinct brain regions—EC, hippocampus, and frontal cortex [19]—showed the existence
of higher energy demand, mitochondrial stress, and higher one-carbon metabolism (par-
ticularly restricted to the methionine cycle) specifically in EC and hippocampus. These
findings, along with the worse antioxidant capacity and higher mTOR signaling also seen
in EC and hippocampus, suggest that these brain regions are especially vulnerable to stress
compared to the frontal cortex, which is a more resistant region [19]. Therefore, specific,
as–yet unknown, tradeoffs between energy metabolism, mTOR signaling, antioxidant
capacities, and stress resilience could operate in these brain regions.

The one-carbon metabolism can be considered as an integrative network of nutrient
status. Thus, inputs in the form of amino acids (which donate carbon units) enter the
metabolic network, and are metabolized into intermediate metabolites that become a
substrate for diverse biological functions, which include regulation of methylation reactions
and redox status, biosynthesis of cell components, and regulation of nucleotide pools. The
partitioning of carbon units into these different intermediate cellular metabolites involves
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three interrelated pathways: the folate cycle, the methionine cycle, and the transsulfuration
pathway [62]. Several studies have shown that defects in one-carbon metabolism in the
brain induce profound disturbances in cell physiology due to the relevant pathways where
one-carbon metabolism is involved and, more importantly, through the toxic effects derived
from the metabolites that shape the core of the methionine cycle. Thus, a connection has
been established between high levels of homocysteine and cognitive function, from mild
cognitive decline to vascular dementia and AD) [63]. In contrast, low methionine and
derived metabolite content, either constitutively or induced by nutritional intervention, is
associated with resistance to oxidative stress and greater longevity [64–66]. Hence, we may
infer that the higher one-carbon metabolism observed in EC is a physiological adaptation
that imparts vulnerability to stress in this region.

mTOR is a conserved serine/threonine kinase which regulates metabolism in response
to nutrients, growth factors, and cellular energy conditions. Available evidence indicates
that the mTOR signaling pathway is involved in brain aging and age-related neurode-
generative diseases [67–69]. In line with this, several studies show that increased mTOR
signaling in the brain negatively affects multiple pathways including glucose and lipid
metabolism, energy production, mitochondrial function, and autophagy. Conversely, at-
tenuation of the mTOR signal, through nutritional or pharmacological intervention, is
associated with a healthy lifespan, including improvement in brain function, and also
increases longevity [67,69]. Consequently, we may also infer that the higher mTOR con-
tent observed in EC is a physiological adaptation which imparts vulnerability to stress in
this region.

Lipids have played a determinant role in the human brain’s evolution [54]. It is
postulated that the morphological and functional diversity among the human central
nervous system’s neural cells is projected and achieved through the expression of particular
lipid profiles [18,20]. A recent study evaluated the differential vulnerability to oxidative
stress mediated by lipids through a cross-regional comparative approach [20]. To this
end, the fatty acid profile and vulnerability to lipid peroxidation were determined in
12 brain regions of healthy adult subjects. Additionally, different components involved
in polyunsaturated fatty acid (PUFA) biosynthesis, and adaptive defense mechanisms
against lipid peroxidation, were measured. The results evidenced that the EC possesses a
lipid profile that is highly vulnerable to oxidation due to the presence of a higher content
of highly unsaturated fatty acids (UFAs) and a higher steady-state level of lipoxidation-
derived protein damage compared to other cortical brain regions. Consequently, the lipid
profile of the EC is prone to oxidative damage.

Globally, available information from a cross-regional comparative approach suggests
that EC presents specific bioenergetic and lipid profile traits and signaling pathways that
make this brain region more susceptible to damage compared to other cortical brain regions.
Whether this fact is stochastic or is related to functional constraints is not known.

3.2. The Entorhinal Cortex during Physiological Aging

Very little is known about what occurs in the EC during normal aging (i.e., in the
absence of dementia). Indeed, functional-structural studies with magnetic resonance
imaging (MRI) in healthy subjects covering adult lifespan have demonstrated that the EC is
a region relatively well preserved with aging [70–72]. Nevertheless, this does not exclude
a number of changes that occur with age. Several studies have reported declines in EC
volume and/or thickness with aging [71,73–80], even though the rate of change within this
region is thought to be lower than other related regions such as the hippocampus [75,81].
Reinforcing these observations, recent studies using quantitative structural high resolution
MRI applied to healthy subjects covering adult lifespan demonstrate that the trajectory
of EC volume, thickness, and surface area initially increased with age, reaching a peak at
about 32 years, 40 years, and 50 years of age, respectively, after which they decreased with
age [79,82]. Importantly, it seems that there are right-left hemisphere differences, as well as
differences derived from gender. Furthermore, there is a correlation between changes in
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EC volume and cognitive decline in functions ascribed to the EC in aging [83,84]. On the
whole, these studies suggest that across the healthy adult lifespan the EC suffers minor but
significant morphological and functional changes with age affecting volume and thickness,
as well as cognitive functions specifically ascribed to the EC.

At the cellular level, a recent study using stereological measurement of the neuronal
soma demonstrated slight but significant increases in the neuron body size in layer II
of EC in old subjects (65+, without signs of dementia) compared to younger healthy
adult individuals [85]. Other findings include increased numbers of astrocytes with age,
increased lipofuscin granule content (aggregates with oxidized lipids and a hallmark of
aging), and nuclei that are rounder and more prominent than in younger subjects [86].
Diffuse SPs and NFT were not common traits [86]. Importantly, there is no significant
neuronal loss with age in the EC [86,87], in contrast to a previous observation [88] reporting
a highly significant correlation between loss of neurons and age in the EC. The biological
meaning of these changes in neuronal soma is at present unknown.

At the biochemical level, age-related alterations of the phospholipid profile of mito-
chondrial and microsomal membranes from the EC of healthy humans ranging from 18 to
98 years have been also described [89]. Specifically, the proportion of total phosphatidyl-
choline (PC) of the mitochondrial fraction and the most abundant phospholipid present
within the human brain, PC 16:0_18:1, increased in the EC with age. In contrast, the total
mitochondrial phosphatidylethanolamine (PE) content decreased with age. Importantly,
many specific mitochondrial PE molecular species containing docosahexaenoic acid (DHA)
increased with age, although this did not translate into a generalized age-related increase
in total mitochondrial DHA. When compared to other regions of the brain such as the hip-
pocampus and frontal cortex, the phospholipid profile of the EC remains relatively stable
in adults over the lifespan [89]. Nevertheless, the increase, although slight, in phospholipid
species with highly unsaturated fatty acids like DHA, also highly susceptible to oxidative
damage, can cause the mitochondrial membrane to become more vulnerable to oxidative
damage which, in turn, may extend the molecular damage to other mitochondrial and
cellular components. This observation may be relevant because it has been demonstrated
in experimental animal models that very small variations in the degree of unsaturation of
cell membranes in brain are translated into a magnified increase in the lipid peroxidation
level and subsequent lipoxidation-derived molecular damage [90].

In consonance with this relative preservation of mitochondrial lipid profile during EC
aging, the level of lipoxidation-derived protein adducts (neuroketal-protein adducts, and
MDA-lysine adducts) is maintained, at least in total tissue, in old-aged individuals [91].
This maintenance suggests successful regulation of oxidative stress during aging, so that
the potential increased damage is probably restricted to selective targets. In agreement
with this idea, no differences in the content of COX-2 (enzyme involved in the generation
of lipids with neuroinflammatory properties) or CYP2J2 (involved in the generation of
neuroprotective lipid products) were observed in old-aged individuals [91]. In this line,
comparing the expression of inflammatory mediators (complement system, colony stimu-
lating factor receptors, toll-like receptors, and pro- and anti-inflammatory cytokines) in the
brains of subjects without NFTs (mean age: 47.1 ± 5.7 years) with those with no neurologi-
cal disease and neurofibrillary pathology stages I-II (mean age: 70.6 ± 6.3 years) revealed
no differences either in EC or in any examined region [92]. Moreover, gene expression of
significant anti-oxidative stress responses did not match neuroinflammation in aging or
increased regional susceptibility to major neurodegenerative diseases [92].

Globally, these findings suggest minor but potentially relevant changes in neuronal
vulnerability of EC with age. Importantly, mitochondrial membrane lipids prone to oxida-
tive damage can offer the substrate for the alteration of several neuronal pathways through
lipoxidation-derived molecular damage that could evolve, depending on its intensity, to a
normal aging process or to become the basis of a neurogenerative process. Whether these
findings can be attributed to specific neuron types present in the EC or whether all neurons
are similarly affected are questions that remain to be answered.
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4. The Entorhinal Cortex in AD

4.1. Early Bioenergetic Defects

Whereas the EC as a region is relatively resistant to detrimental aging phenomena,
EC tissue loss with age is considered an important marker of early AD. Among all brain
regions, EC volume and thickness loss (using neuroimaging) provides the best resolution
between cognitively intact individuals and patients with mild cognitive impairment (MCI)
or AD [93–98]. Additional studies have also demonstrated the presence of atrophy in
the EC, hippocampus, and amygdala associated with clinical disease severity, and have
even detected atrophy in the EC earlier than hippocampal and amygdala atrophy [99–103]
and years before AD conversion [104,105]. More recent MRI studies have focused on
evidence of atrophy that precede clinical symptoms [106–113], often detecting these smaller
changes using time-series data analysis and survival analysis. In this line, a recent study
detected a break point in the rate of atrophy in the EC 8–11 years prior to a diagnosis of
MCI, and even earlier (9–14 years prior) in the transentorhinal cortex [103]. Interestingly,
these observations are consistent with autopsy findings that verify neuronal changes in the
EC. It may be inferred that these findings underestimate the time for the first events that
trigger the AD pathology, based on the idea that the accumulation of the neuropathological
hallmarks of AD (the NFTs and SPs) is an ‘advanced step’ in the origin of AD pathology.

The first electron microscopic (EM) studies revealed the structure of β-amyloid deposi-
tion and the presence of surrounding dystrophic neurites filled with altered mitochondria,
residual bodies, and abnormal filaments in SPs, together with disorganization of the nor-
mal cytoskeleton and accumulation of paired helical filaments such as the subcellular
substrates of NFTs [114–116]. In the 1970s, EM pictures of AD brains revealed altered
mitochondrial structures [117,118]. Initial reports, though, offered little speculation as to
the cause or significance of this basic finding. Later studies confirmed and extended the
observation [119,120].

In the 1980s, fluorodeoxyglucose positron emission tomography (FDG PET) studies
showed brains from AD patients used less glucose than those from control subjects [121–123].
PET studies designed to quantify brain oxygen consumption in vivo showed decreased
oxygen consumption by AD brains [124,125]. These studies boosted interest in a poten-
tial metabolic component for this disease [126–129]. Later, different biochemical studies
demonstrated activity deficiencies in bioenergetic-related enzymes such as cytochrome
oxidase (COX), pointing to a mitochondrial compromise [59,119,130–133]. Furthermore,
cytoplasmic hybrid cells in which mitochondria from sporadic cases of AD were fused with
other cells also indicate a defect in mitochondria function in AD [134–136]. Reinforcing this
idea, reduced mitochondrial activity was described as an early and persistent phenomenon
in the EC [137,138]. Furthermore, the major abnormalities in mitochondrial structure and
dynamics and derived oxidative molecular damage (to mitochondrial DNA, proteins,
and lipids) are selective and restricted to the EC’s vulnerable neurons [119], suggesting
an intimate and early association between these features in AD. Therefore, accumulated
data suggest that mitochondrial-bioenergetic dysfunction represents a fundamental AD
event [128,139,140].

Among the myriad of reactions taking place in mitochondria, the principal and
earliest AD-linked alteration is found in ATP synthase or complex V of the mitochondrial
respiratory chain, which catalyzes the synthesis of ATP from adenosine diphosphate (ADP)
and inorganic phosphate. ATP synthase is selectively damaged (lipoxidized) as a unique
and prime target and its function is reduced in the EC as early as Braak stage I-II, exclusively
affecting neuronal cells [137]. Interestingly, the modification of ATP synthase has also been
verified in different regions of the human brain cortex at advanced Braak stages of AD [141].
This event is crucial because in addition to the defect in the energy metabolism, this loss-
of-function can have a detrimental effect on electron transport chain activity leading to
increased free radical (reactive oxygen species) production, with subsequent lipid oxidation
and lipoxidation-derived molecular damage. Consequently, these alterations suggest an
impairment in cellular oxidative stress conditions and later neuronal damage [46,142–146].
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In this scenario, it is proposed that there is an altered allostatic mechanism in the EC whose
core is made up of mitochondrial oxidative stress, lipid metabolism, and energy production,
and that a positive loop or feedback leads to mitochondrial failure that becomes the onset
of the AD pathology (see Figure 3).

–
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Figure 3. The triad formed by the activity of the mitochondrial electronic transport chain, the lipid profile, and the activity
of ATP synthase constitutes the basic component whose alteration at the level of the neurons of the entorhinal cortex gives
rise to the origin and subsequent progression of Alzheimer’s disease pathology.

4.2. ATP Synthase as the Key Target of AD

ATP synthase is a macromolecular structure inserted in the inner mitochondrial
membrane and is the last complex (complex V) of the electron transport chain with a
key role in energy metabolism. Complex V has a central role in cellular energy (as ATP)
supply. Figure 4 shows the structure of the mitochondrial ATP synthase in light of current
knowledge [147,148].

Available evidence demonstrates that ATP synthase is a selectively damaged vital
protein. This modification consists of the nonenzymatic modification of different complex
V subunits by reactive compounds generated from lipid peroxidation (lipoxidation-derived
protein damage) [18,141,147,149]. The lipoxidation damage mostly and preferentially
affects the α and β subunits [149], although the specific residues targeted are still unknown.
Whether this preferential and early modification of ATP synthase expresses a particular
vulnerability of this complex in the individuals that will go on to develop AD is currently
unknown. For this reason, proteomics, transcriptomics and genomics studies should be
directed specifically to the analysis of the ATP synthase to detect or rule out particularities
that may be underlying the susceptibility of an individual to developing AD. Why does
the molecular onset of AD take place at the adult stage however? It is hypothesized that at
the adult stage (40–50 years old), the changes that have been progressively implemented
by age are the substrate that will determine a trajectory of normal (physiological) aging if
these changes have been slight, or else there will be a bifurcation and change of trajectory
to a pathological condition (AD) if the changes have crossed a threshold. We propose
that the conditions of oxidative stress at the mitochondrial level reached at the adult age
by the population susceptible to developing AD mark the critical point or threshold for
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modification of vulnerable ATP synthase and, thus, the onset of the pathological condition.
The optimal conditions to trigger this modification are offered in specific neurons of the EC.

membrane and is the last complex (complex V) of the electron transport chain with a key 
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Figure 4. Structure of the mitochondrial F0F1 ATP synthase (complex V) in mammals. Human mitochondrial ATP 
Figure 4. Structure of the mitochondrial F0F1 ATP synthase (complex V) in mammals. Human mitochondrial ATP synthase
is a protein complex composed of 28 subunits and organized into two domains: a membrane-embedded F0 domain, and a
membrane-extrinsic and matrix-oriented F1 catalytic domain. The two domains are connected by a peripheral and central
stalk. For additional structural and functional details see [147,148]. Functionally, the F0 domain is a trans-membrane channel
that translocates protons and F1, a synthase domain that binds to ADP and inorganic phosphate and synthesizes ATP. ATP
synthase is also involved in mitochondrial cristae formation, as well as in the formation of the permeability transition pore
(PTP), which triggers cell death. Importantly, some of the functional properties of ATP synthase and regulatory mechanisms
are associated with the integrity of specific residues such as cysteine, arginine, and lysine [150]. Thus, for instance, specific
post-translational modifications play important roles in ATP synthase regulation by modifying ε-amino groups of lysine,
with the resulting conformational changes of the active sites and decreased enzymatic activity. Similarly, the integrity of
structural lysine residues is a key point to promote interaction with membrane lipids, particularly cardiolipin, in order
to ensure correct ATP synthase activity [150]. The oxidative and lipoxidative non-enzymatic modificationm—ediated by
reactive oxygen species (ROS) and carbonyl species (RCS), respectively—of ATP synthase observed during early stages of
AD pathology mostly and preferentially affects the α and β subunits. Reproduced and modified with permission from [147].

This selective and preferential damage of ATP synthase may be due to several factors
such as functional characteristics, structural traits, and location, all of which influence
this specificity [149,151]. Concerning structural traits, it has been demonstrated that the
presence of alpha helices and loops, globular shapes that additionally form soluble coiled-
shaped molecules with hydrophobic groups to the center and exposed hydrophilic groups,
and the presence and exposure of amino acids like lysine which are particularly vulnerable,
render ATP synthase susceptible to lipoxidative damage [149–151]. As to location, ATP
synthase is a complex located inside the inner membrane and spatially oriented toward
the mitochondrial matrix. Thus, ATP synthase is exposed to a potentially dangerous
environment because of its proximity to the main generators of free radicals, mitochondrial
complexes I and III [149], and its insertion in a lipid bilayer highly enriched in PUFAs.

4.3. Advanced Effects in the Early Stage Resulting from Mitochondrial Dysfunction and
Oxidative-Derived Damage

The selective oxidative damage of ATP synthase leads to a progressive mitochondrial
bioenergetic failure with the cell’s deleterious effects postulated as the earliest molecular
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event from which AD pathology will progress in EC and spread to the rest of the brain.
These deleterious effects, representing the first steps of disease progression, may be grouped
as follows: (a) expansion of the modified proteins and functional consequences at the
mitochondrial and cellular levels, and (b) mitochondrial functional alterations, cellular
dysfunction, and neuronal death.

Thus, once the oxidative lesion of ATP synthase and its functional defect are estab-
lished as an early marker, and given the persistence of free radical production and lipid
peroxidation, there will be an increase in the diversity of modified proteins, particularly
at the mitochondrial level, amplifying the functional defects associated with them. Thus,
there is a significant number of selectively modified proteins described in different cortical
regions of the brain at different stages of AD [18,141,144,146,149,152]. Interestingly, this
apparent diversity of modified proteins can be grouped into highly restricted functional
categories such as bioenergetics, proteostasis, neurotransmission, antioxidant, and ion
channel [18,144,149]. Bioenergetics is the most affected functional category, deepening the
bioenergetic worsening already initiated by the ATP synthase injury. Table 1 shows a list
of modified proteins at the mitochondrial level by lipid peroxidation-derived compounds
(lipoxidation reactions) identified with redox proteomics in different regions of the human
cerebral cortex during different stages of AD. In this context, it may be hypothesized that
this mitochondrial bioenergetic defect will end up affecting an additional number of mito-
chondrial functions that, in turn, will affect cellular functions beyond the mitochondria.

Thus, protein damage can be extended beyond mitochondria, increasing the pool of
modified proteins. Effectively, several observations confirm a greater number of modified
proteins, and these can again be restricted to very specific functional categories such
as neurotransmission, cytoskeleton, and oxygen metabolism [144]. Importantly, synaptic
proteins constitute another group of major deregulated AD targets [144,152–155]. Although
mostly described in other brain regions such as hippocampus and frontal cortex, these
targets probably are also modified in EC. However, this point needs to be confirmed.

Table 1. Mitochondrial lipoxidized proteins identified with redox proteomics in different cerebral cortex regions affected by
aging and AD pathology in different stages.

ID (Entry Human) Protein Gene Biological Process Reference

Q99798 Aconitate hydratase ACO2 Energy metabolism (TCA cycle) [151,155–159]
P00367 Glutamate dehydrogenase 1 GLUD1 Energy metabolism (TCA cycle) [141]
P40926 Malate dehydrogenase MDH2 Energy metabolism (TCA cycle) [156–159]
P20674 Cytochrome c oxidase subunit 5a COX5A Energy metabolism (ETC) [159]
P09622 Dihydrolipoyl dehydrogenase DLD Energy metabolism (ETC) [151]

O75489 NADH dehydrogenase (ubiquinone)
iron-sulfur protein 3 NDUFS3 Energy metabolism (ETC) [159]

P31930 Ubiquinol-cytochrome c reductase
complex core protein 1 UQCRC1 Energy metabolism (ETC) [141]

P25705 ATP synthase subunit alpha ATP5F1A Energy metabolism (OxPhos) [137,151,155–160]
P06576 ATP synthase subunit beta ATP5F1B Energy metabolism (OxPhos) [137,141,160]
O75947 ATP synthase subunit d ATP5H Energy metabolism (OxPhos) [159]
P48047 ATP synthase subunit o ATP5PO Energy metabolism (OxPhos) [159]
P12532 Creatine Kinase U-type CKMT1A Energy metabolism (energy transduction) [159]
P15104 Glutamine synthetase GLUL Neurotransmission [141,156–159]
P49411 Elongation factor Tu TUFM Proteostasis [156–159]
P10809 Heat shock protein 60KDa HSPD1 Proteostasis [141,151,159]
Q99497 Protein/nucleic acid deglycase DJ-1 PARK7 Proteostasis [151]
P04179 Manganese superoxide dismutase SOD2 Antioxidants [156–159]

P21796 Voltage-dependent anion-selective
channel protein 1 VDAC1 Ion channel [159]

Brain regions from which modified proteins have been identified are entorhinal cortex, cingulate gyrus, hippocampus, parietal cortex,
temporal cortex, and frontal cortex, see also: [18,141,144,146,149,152].

As a consequence of the bioenergetic defects and loss-of-function of many mitochon-
drial proteins, it is feasible to postulate that additional mitochondrial activities, e.g., the
machinery for the import of proteins/subunits of nuclear origin, and the communication
between mitochondrion and nucleus, among others, can be affected, inducing a dysfunc-
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tion in the gene expression of mitochondrial structural and regulatory components. In
light of this bioenergetics compromise, we might also explain early EC changes in AD
as the altered expression of several subunits of mitochondrial complexes and enzymes
involved in energy metabolism [138,161–165], altered mitochondrial DNA methylation
pattern [161,166], and alteration of the phosphorylation state of the mitochondrial channel
VDAC (Voltage-dependent anion channel) [167]. Remarkably, bioinformatics processing
has identified a large cluster of altered protein expression in the EC at relatively early stages
of the disease, as shown in Figure 5 [144]. A dominant cluster is composed of mitochondrial
proteins. This cumulative evidence points to an aggravation of mitochondrial dysfunction.

Other changes at the neuronal level are also described in the EC of AD-related pathol-
ogy at initial stages includes deregulation of purine metabolism [168], alteration of pro-
NGF [169], minor changes in microRNA expression [170], abnormal expression and dis-
tribution of metalloproteinase MMP2 [171], and alterations in the phosphorylation of the
translation initiation factor 2 alpha (TIF2) [172].

An additional point that needs to be explored is related to lipid metabolism. The
accrual of lipid granules was noted in the central studies of Alois Alzheimer. Recent studies
have confirmed and provided further details of alteration in brain lipid metabolism in AD
in general [18], and in the EC in particular [173–175]. These alterations include changes in
lipidomic profiles, which must be added to the role as a prime target of oxidative damage
for unsaturated acyl chains in the context of lipid peroxidation and lipoxidation-derived
molecular damage previously treated in this review. This increased damage to PUFAs,
along with potential alterations in biosynthesis pathways (currently unknown), could
explain the reduced content of these fatty acids described in the EC and in the lipid rafts
from EC at early stages I-II of AD [173,174]. This change in fatty acid profile is relevant for
neuronal membrane properties (fluidity, thickness, curvature, packing, and activities of
membrane-bound proteins) because the biophysical traits of polyunsaturated phospho-
lipids do not favor the formation of highly ordered lamellar microdomains, whereas a
relative increase in phospholipids containing short-chain saturated or monounsaturated
fatty acids interacts favorably with cholesterol and sphingolipids in lipid rafts [176]. Thus,
these features point to an increased propensity of neuronal membranes of EC in the earliest
stages of AD (AD I/II) to form lipid rafts [173,174].

Furthermore, these lipid rafts show alterations in their profiles of lipid classes (in-
creased content of phosphatidylcholine, sphingomyelins, and gangliosides) [173,174] which
determine an increased membrane order and viscosity in these microdomains [174]. The
physiopathological consequences of these changes in lipid profile in the onset and pro-
gression of AD in the EC are given credence by the specific accumulation of beta-secretase
within AD subjects’ lipid rafts even at the earliest stages. So, these findings provide a
mechanistic connection between lipid alterations in these microdomains and amyloido-
genic processing of amyloid precursor protein (APP) and subsequent cytotoxic effects [174].
Consequently, these changes in lipid metabolism seem to precede and play a causal role in
forming SPs and probably NFTs, and thus represent an early event in the onset of AD at
the EC. Similarly, the relevant role of amyloid fragments as cholesterol-binding proteins in
cellular homeostasis of this vital lipid [177] and the upregulation of its subcellular transport
towards mitochondrially associated membranes of endoplasmic reticulum in neurons [178]
reinforces the relevance of lipid changes in the pathophysiology of AD.

We hypothesize the existence of a detrimental self-sustained loop between mitochon-
drial oxidative stress, lipid peroxidation-alteration of lipid metabolism, and bioenergetic
defects in AD. We propose that this loop could be the basis of additional functional al-
teration at mitochondrial levels described in EC (and other brain regions) during AD.
These secondary alterations would include altered mitochondrial genomic homeostasis,
dysfunctional mitochondrial fusion and fission, deficits in mitochondrial axonal trafficking
and distribution, impaired mitochondrial biogenesis, abnormal endoplasmic reticulum-
mitochondrial interaction, and impaired mitophagy [140,179,180]. Overall, all these phe-
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nomena would lead to cell failure and eventual neuronal death. Table 2 shows a summary
of alterations described in human EC during aging and AD.

–
Figure 5. Interactome map of deregulated proteins in the EC of AD at III–IV stage. Edge colors: (i) protein level correlations
of proteomic data obtained by Orbitrap Velos, and (ii) interactions retrieved from the public databases BIND, CCSB, DIP,
GRID, PubMed, Reactome, KEGG, HPRD, IntAct, MDC, and MINT. Node colors indicate cellular components provided by
GO. A large cluster in the center corresponds to deregulated mitochondria-related proteins. Reproduced and modified with
permission from [144].
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Table 2. Summary of changes reported in human entorhinal cortex during aging and AD.

Aging Alzheimer’s Disease

Minor loss of volume, thickness, and surface area ↓↓ volume and thickness
↑ neuron body size Abnormalities in mitochondrial structure and dynamics

↑ number of astrocytes Mitochondrial-bioenergetic failure
Minor changes in fatty acid profile Loss-of-function of mitochondrial ATP synthase

Minor changes of the phospholipid profile of mitochondrial and
microsomal membranes: ↑ phosphatidycholine content, and ↓

phosphatidylethanolamine (PE) content (but increase PE molecular
species containing DHA)

Alterations in lipid metabolism and lipidomic profile of
neuronal membrane

↑ lipoxidation-derived protein adducts ↑↑ lipid peroxidation and lipoxidation-derived molecular damage

↑ lipofuscin granule content
Expansion of molecular damage to components belonging to
bioenergetics, neurotransmission, cytoskeleton, proteostasis,

antioxidants, ion channel, and oxygen metabolism

No changes in the expression of inflammatory mediators
Alterations of several mitochondrial activities (import of proteins,

fusion and fission, mitophagy, cross-talk with other cell compartments)
and gene expression

No loss of neurons Neuronal death

5. Conclusions

The origin of AD pathology seems to be associated with alterations located explicitly in
the EC. Particular neurons from this brain region possess an inherent selective vulnerability
prone to oxidative damage with early involvement of energy metabolism. This bioenergetic
alteration is the onset for subsequent changes in a multitude of cell mechanisms leading to
neuronal dysfunction and, eventually, cell death. Changes induced during physiological
aging are the substrate for the emergence of dysfunctional mechanisms which will evolve
toward neurodegeneration and, consequently, the development of the AD pathology. Cur-
rent observations allow us to propose the existence of an altered allostatic mechanism in the
EC whose central nucleus is made up of increased mitochondrial oxidative stress, lipid oxi-
dation, and bioenergetic failure, and which in detrimental self-sustained feedback evolves
to neurodegeneration, laying the basis for the onset and progression of the AD pathol-
ogy. Since these alterations are already identified in middle-aged individuals, it seems
reasonable to act upon the appropriate free radical-producing targets and lipid metabolism
at the appropriate middle-age window. The present observations form a framework for
further experiments and provide potential new targets for neuroprotective therapeutic
interventions in AD pathology at the earliest stages. Curiously, the evolutionary traits
that support human longevity are based on our vulnerability to age-related degenerative
processes. Two key traits that define long-lived animal species (humans included) are
the presence of cellular components resistant to oxidative stress and a low generation
rate of molecular damage. These two characteristics are expressed at the biological level
in the lipid profile and the mitochondrial production of free radicals. Curiously, both
mechanisms, when altered, are the basis for a pathological condition, in this case AD,
which limits human longevity.
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Abstract: The mitochondrial respiratory chain encompasses four oligomeric enzymatic complexes
(complex I, II, III and IV) which, together with the redox carrier ubiquinone and cytochrome c, catalyze
electron transport coupled to proton extrusion from the inner membrane. The protonmotive force is
utilized by complex V for ATP synthesis in the process of oxidative phosphorylation. Respiratory
complexes are known to coexist in the membrane as single functional entities and as supramolecular
aggregates or supercomplexes (SCs). Understanding the assembly features of SCs has relevant
biomedical implications because defects in a single protein can derange the overall SC organization
and compromise the energetic function, causing severe mitochondrial disorders. Here we describe in
detail the main types of SCs, all characterized by the presence of complex III. We show that the genetic
alterations that hinder the assembly of Complex III, not just the activity, cause a rearrangement of
the architecture of the SC that can help to preserve a minimal energetic function. Finally, the major
metabolic disturbances associated with severe SCs perturbation due to defective complex III are
discussed along with interventions that may circumvent these deficiencies.

Keywords: respiratory complexes; respiratory supercomplexes; oxidative stress; mitochondrial DNA;
MTCYB mutations; cytochrome b; complex III; mitochondrial diseases

1. Introduction

The mitochondria are cytosolic organelles of eukaryotic cells in charge of ATP produc-
tion through the process of oxidative phosphorylation (OXPHOS). However, several other
important pathways are associated with mitochondria, such as the citric acid cycle [1,2],
the fatty acids oxidation [3] and lipid droplets formation [4], the iron–sulfur (Fe–S) protein
biogenesis [5] and amino acids catabolism [6]. Furthermore, mitochondria are implicated in
the buffering of cytosolic calcium concentration [7], in generation of reactive oxygen species
(ROS) [8], and in regulation and execution of different types of cell death [9]. They are
also involved in an array of adaptive responses triggered by perturbations of intracellular
homeostasis [10], orchestrating anabolic and catabolic reactions, which are finely adjusted
according to different cytosolic conditions. All these interconnected functions are sustained
by the activity of the “mitochondrial proteome”, estimated to contain at least 1000 (in
yeast) [11] to 1500 (in humans) [12] different proteins, 15% of which are directly involved
in energy metabolism and the OXPHOS system. Note that recent bioinformatics analysis
in yeast provided evidence for more proteins than expected, cryptically localized inside
mitochondria [13].

As typically described in the textbooks, mitochondria have two membranes, the outer
membrane, which acts a barrier separating mitochondria from the cytoplasm, and the inner
membrane surrounding the matrix, where soluble enzymes of intermediary metabolism,
ribosomes and the mitochondrial genome (mtDNA) are hosted. The inner mitochondrial
membrane is characterized by an extraordinarily high protein content and, in particular,
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encloses many copies of the respiratory chain components that together with the ATP
synthase (named also complex V, CV) form the molecular machinery of OXPHOS, i.e.,
the ATP production from ADP and inorganic phosphate. The mitochondrial respiratory
chain consists of four enzymatic multi-subunit complexes, namely the NADH-coenzyme
Q reductase (Complex I, CI), the succinate-Coenzyme Q reductase (Complex II, CII), the
ubiquinol-cytochrome c reductase (Complex III, CIII), and the cytochrome c oxidase (Com-
plex IV, CIV). Two mobile redox-active compounds, the lipophilic coenzyme Q (CoQ) and
the hydrophilic cytochrome c, connect the enzymatic complexes, thus allowing the electron
transfer from soluble reducing equivalents (NADH and FADH2) to molecular oxygen.

Unlike the oxidation of NADH which only occurs via CI, FADH2 can be oxidized at
the inner membrane mainly by CII, but also by other less abundant proteins such as the
glycerol-3-phosphate dehydrogenase [14], the electron transfer flavoprotein dehydroge-
nases [15–17], the dihydroorotate dehydrogenase [18], the choline dehydrogenase [19], the
sulfide CoQ reductase [20], and the proline dehydrogenase [21]. All these proteins are
able to feed electrons to CoQ and in turn to CIII, which therefore can be considered the
central collector delivering electrons through cytochrome c to CIV. The electron transport is
coupled to proton extrusion from the matrix into the intermembrane space generating a
transmembrane proton gradient at the level of CI, CIII and CIV, but not of CII. This later,
together with other FAD-linked enzymes, does not contribute to energy conservation.

2. Mitochondrial Proteins Are Encoded by Two Genomes

Most mitochondrial proteins are encoded in the nucleus, synthesized in the cytosol
and then imported into mitochondria by specific targeting mechanisms. However, these
organelles are characterized by the presence of an independent genome, the mtDNA.
This peculiarity is believed to be due to the evolutionary origin of mitochondria from
alpha-proteobacteria integrated into proto-eukaryotic host, of which the details are still
debated [22]. Most mitochondrial genes were then transferred to the nucleus, although
a few of respiration-competent genes were conserved as an independent genome. The
mtDNA is a circular double-stranded DNA, in humans of approximately 16.5 kb, encoding
for thirteen polypeptides, all essential subunits of the OXPHOS system, and also for two
ribosomal RNAs and twenty-two transfer RNAs, required for the intra-mitochondrial
translation of the thirteen proteins. The evolutionary pathways involved in maintaining
this transcriptionally active genome in addition to nuclear DNA are still poorly understood.
New system biology and bioinformatics approaches have confirmed that the very high
hydrophobicity of the proteins encoded by mtDNA is crucial to limit their translocation
from the cytoplasm to the mitochondrial membrane and to favour mistargeting to the
endoplasmic reticulum. In addition, the high CG content has been shown to increase
the thermodynamic stability of the mtDNA, protecting from environmental insults [23].
Of note is that the high GC content might be related also to the surprisingly very high
local temperature (about 50 ◦C) recently determined inside mitochondria [24]. Finally,
the preferential encoding of components essential for organelle function in the mtDNA
would allow localized control of gene expression and therefore the assembly of protein
complexes [25].

3. Both Genomes Contribute to the Onset of Mitochondrial Diseases

Mitochondrial diseases are genetically heterogeneous disorders caused by mutations
in nuclear genes encoding OXPHOS structural proteins or assembly factors, which are
proteins required for the correct maturation of the complexes, but not contributing to the
final structures. Mutations can also affect the molecular machineries of mtDNA replica-
tion and maintenance, of mitochondrial transcription and translation, as well as proteins
involved in cristae shaping, network dynamics and quality control, composition of mem-
brane lipids or mechanisms of antioxidant defences. Disorders can also be caused by
mutations in the mtDNA, encoding structural OXPHOS subunits. In this case the genetic
features are very peculiar, since the mtDNA inheritance mode follows the maternal lineage.
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Furthermore, each cell presents multiple copies (100–1000) of this genome, so that mutated
and non-mutated copies can co-exist in the same individual, generating a phenomenon
called heteroplasmy. Accordingly, the clinical phenotype and the severity of biochemical
dysfunctions are highly variable, and pathology only manifests when the percentage of
mutated mtDNA exceeds a threshold, which is variable for each kind of mutation. For a
recent exhaustive review on the genetic basis of primary mitochondrial diseases we refer
to Fernandez-Vizarra and Zeviani, 2020 [26].

4. The OXPHOS System

The structures of individual mitochondrial respiratory chain complexes have been
determined by X-ray crystallography [27–30] or electron cryo-microscopy [31–35]. The
bovine or human mitochondrial CI contains 44 different subunits, forming an L-shaped
structure. The minimal functional unit of CI, which is conserved from bacteria to mammals,
comprises 14 subunits known as core subunits. Subunits ND1-ND6 and ND4L form the
hydrophobic membrane arm, the other seven core subunits form the hydrophilic arm
protruding into the matrix and comprising a flavin mononucleotide (FMN) and eight iron–
sulfur clusters as redox active prosthetic groups. This latter contains the NADH binding
and electron transfer sites, whereas the membrane arm performs the proton translocation.
The other supernumerary subunits play significant roles in the assembly, stabilization and
regulation of CI [35–37].

CII is composed of four subunits, forming a hydrophilic head, containing a FAD
binding protein and an iron–sulfur protein, and the hydrophobic arm with two membrane-
anchor proteins (CybL and CybS). Three kinds of prosthetic groups, FAD, heme and
iron–sulfur clusters, were recognized in CII, coupled with two Q-binding sites [38,39].

The mammalian CIII monomer is composed of three respiratory subunits (cytochrome
b/MTCYB, cytochrome c1/CYC1 and the Rieske iron–sulfur protein/UQCRFS1, two core
proteins (UQCRC1, UQCRC2) and six low-molecular-weight proteins (UQCRH/QCR6,
UQCRB/QCR7, UQCRQ/QCR8, UQCR10/QCR9, UQCR11/QCR10 and a cleavage prod-
uct of UQCRFS1). CIII is present as dimer (approx 450 kDa), although it is still controversial
whether the two monomers of CIII2 function cooperatively or independently [40,41].

The CIV monomer has a mass of approximately 200 kDa and is believed to occur
in the membrane both as a monomer and a dimer [42]. Each CIV monomer consists of
14 subunits [43], since NDUFA4, which was considered to be a subunit of CI, is actually a
subunit of CIV [44]. The four redox-active metal centres constituting the electron transport
pathway are heme a3 and CuB, forming the binuclear centre that binds oxygen, and heme
a, located in subunit COXI. The CuA center is incorporated in COXII [45]. The remaining
subunits (COX4, 5A, 5B, 6A, 6B, 6C, 7A, 7B, 7C, 8A) are thought to have a structural role in
the stabilization of the complex [46,47].

5. OXPHOS Optimization by the Inner Membrane Architecture

The general notion that the inner membrane is heavily folded to form the cristae has
been reconsidered after 3D electron microscopy (EM) tomographic analysis in mitochondria
from a wide variety of organisms, revealing that the cristae membrane opens toward
the intermembrane space through narrow tubular structures, the crista junctions [48].
The molecular components of these cristae junctions have been subsequently identified,
the most relevant being the mitochondrial contact site and cristae organizing system
(MICOS) [49–51] and the high-molecular-weight GTPase Optic atrophy 1 (OPA1) [52–54]
(Figure 1).

Furthermore, the observation of mitochondrial specimens in their native environment
by means of the immuno-EM and cryo-EM tomography allowed to demonstrate that
dimers of CV are arranged in long rows along the tightly curved ridges of the cristae
membrane [55] (Figure 1). These ribbons of CV dimers are involved in the folding of the
crista membrane [56]. It seems therefore that the intra-mitochondrial architecture is more
complex than initially believed, with MICOS, OPA1 and CV dimers playing a structural
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role, together with the abundance of non-bilayer cone-shaped phospholipids, such as
cardiolipin and phosphatidylethanolamine [53,57,58].

Figure 1. Architecture of the inner membrane and unequal distribution of OXPHOS complexes. CI, CIII and CIV are in the
cristae membrane, CV dimers are at the cristae tip, whereas CII is also found in the inner boundary membrane. MICOS and
OPA1 stabilize the cristae junctions, providing constrains to membrane mobility of complexes.

Of note is that the presence of MICOS and other proteins at the cristae junctions
provides severe constraints to the mobility of protein complexes along the inner membrane,
and therefore two sub-compartments with unequal protein distribution and functions can
be envisaged: the cristae membrane, protruding in the matrix, and the inner boundary
membrane, facing the outer membrane. The respiratory complexes are mainly found in
the cristae membrane [56]. Further, sophisticated analysis of diffusion and directionality
of movement of single complexes by super resolution microscopy revealed that all the
complexes are trapped in the laminar part of cristae, except CII which is also found in the
inner boundary membrane [59] (Figure 1). It has to be noticed that CII is a rather small
complex and does not associate in supramolecular assemblies with other complexes. It
follows that the specific geometry of the inner membrane, dictated by the cristae junction
organization at the bottom and CV dimers on the top of crista, has a critical impact on the
energetic function of mitochondria. As summarized in Figure 1, protons ejected by CI,
CIII and CIV segregated on the laminar part of the cristae, are enriched in the intracristal
space and flow back into the matrix through CV. This arrangement was predicted to be
highly efficient in promoting energy conversion [56]. However, the intracristal membrane
geometry has not been shown to influence the local pH gradients [60,61], consequently
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it has been proposed that the tight packing of the OXPHOS machinery in the cristae
membranes favours the kinetic coupling between proton pumping and ATP synthesis [61].
The extraordinary power of super resolution live-cell imaging in combination with EM
tomography and genome editing will further illuminate the functional details and dynamic
aspects of this important microcompartment.

6. Supramolecular Organization of the Respiratory Complexes

The unequal protein complex distribution within the inner membrane subcompart-
ments is also favoured by their size and their ability to interact with other complexes to form
high-molecular-weight macromolecular aggregates. Differently form CII, which is always
found alone, the proton-pumping CI, CIII and CIV can assemble in non-covalent associa-
tions defined as respiratory supercomplexes (SCs). Respiratory SCs were first identified by
non-denaturing blue native gel electrophoresis (BN-PAGE) of mitochondrial membrane
extracts, using the mild detergents Triton X-100 and digitonin, as high-molecular-weight
gel bands, showing activity for CI, CIII and CIV [62,63]. The mammalian SCs containing
CI, CIII dimer (CIII2), and CIV with different stoichiometry are sometimes referred to
as respirasomes, because they contain all the components required to transfer electrons
from NADH to molecular oxygen [63–65]. In human cells, the respirasome comprises
most of CI (>90%), approximately 40–50% of CIII2 and 20–30% of CIV. Differently from
CI, significant amounts of CIII2 (50–60%) and CIV (70–80%) can be also found as isolated
complexes within the membrane. The CIII+CIV SC represents about 5% of total amount of
the complexes [66].

6.1. The CI+CIII2+CIV SC or Respirasome

The structures of the CI+CIII2+CIV SC isolated from different mammalian mitochon-
dria have been determined by single-particle electron cryo-EM at resolutions ranging from
~30 to ~4 Å [67–70] or by electron cryotomography (cryo-ET) at ~30 Å resolution [71,72].

In the structure of respirasome, CIII2 borders the concave arc of CI membrane arm,
and CIV is located near CIII2 at the distal end of the CI membrane arm, with cardiolipin
molecules filling the gaps between the individual complexes [67,71]. In the respirasome,
two distinct arrangements have been identified, a major “tight” and a minor “loose” form,
which mainly diverge for the position of CIV. As illustrated in the cartoon of Figure 2, the
most extensive and stable interactions take place between CI and CIII2.

Figure 2. Proposed interactions between the respiratory complexes of the respirasome (according to [69]). Nomenclature of
human subunits is indicated. The number of tight contacts between CI and CIII is greater than those between CI–CIV and
CIII–CIV.

151



Life 2021, 11, 351

Two are the major interaction points: in the inner membrane between CI subunit
NDUFA11 and the CIII subunits UQCRB, UQCRQ and UQCRH, and at the matrix between
the CI subunits NDUFB4 and NDUFB9 and CIII subunits UQCRC1 and UQCRFS1 [69].
Another important interaction occurs between CI subunit NDUFB7 and subunit UQCRH
on CIII2. Of note is that both subunits contain disulphide bonds, suggesting that redox
regulation might modulate the interactions between the respiratory complexes [69].

Few interactions occur between CI and CIV, the most important linking the CI ND5
subunit to COX7C at the interface between matrix and inner membrane, the other between
NDUFB3 subunit and COX8B. The contacts between CIII and CIV mainly involve the CIV
COX7A subunit with the UQCRC1 and UQCR11 subunits and COX5B subunits with the
UQCRC1 subunit [69].

Interestingly, high-molecular-weight bands above the CI+CIII2+CIV SC were previ-
ously described by BN-PAGE analysis [63]. More recently, mass spectrometry analysis has
suggested that the main components of these bands are subunits of CI, CIII and CIV, and
EM analysis detected a minor population of particles with circular arrangements. This
led to proposing a higher oligomeric state named megacomplex CI2+CIII2+CIV2. This
assembled structure is shaped by a central CIII2 surrounded by two copies each of CI
and CIV. This arrangement may be an oligomerization form of respiratory complexes
operating under the most efficient emergency conditions, because both monomers of the
CIII dimer could receive CoQH2 from each CI and pass reduced cytochrome c to one
adjacent CIV. Further analysis by cryo-EM allowed to better define the architecture of the
megacomplex [73], although these results were intensely debated, mainly due to limitations
of cryo-ET technology in the reconstruction of supramolecular assemblies.

6.2. The CI+CIII2 SC

CI can also assemble with the CIII dimer alone to form the CI+CIII2 SC. Recently, a
functional CI+CIII2 SC has been isolated from ovine heart mitochondria and characterized
by cryoEM, demonstrating that the contacts between CI and CIII2 are evolutionarily
conserved [72] and are similar to those of the respirasome, confirming the stabilizing
role of CIII2 on CI [69,74].

6.3. The CIII2+CIV SC

Isolated CIII2 and CIV coexists with the CIII2+CIV SC, which has not been structurally
characterized in mammalian tissues, likely due to its low relative abundance. Cryo-EM
studies on yeast, which lacks CI, detected a CIII dimer at the core of the SC flanked by a
CIV monomer on either side. The CIII–CIV interface revealed protein-protein interactions
on either side of the membrane and with lipids within the membrane. The majority of
interactions occur on the matrix side between Cor1/UQCRC1 and the N-terminus of
COX5A, whereas the C-terminal domain of COX5A interacts with both Qcr6/UQCRH
and cytochrome c1 on the intermembrane space. Within the membrane, COX5A contacts
the N-terminal helix of Rip1/UQCRH and Qcr8/UQCRQ via a cardiolipin molecule and
another lipid modelled as phosphocholine. Two other cardiolipins indirectly support the
CIII–CIV interface highlighting again their crucial role in SC formation [75].

7. SCs Assembly Factors

Several molecules able to directly or indirectly promote mitochondrial SCs assembly
and stability have been identified, such as cardiolipins, stomatin-like protein 2, prohibitin
1 and 2, and others (for a recent review, see [76]). Here we consider the protein factors
involved in SCs assembly, the most studied being HIGD2A (hypoxia inducible domain
family member 2A) [66,77–80] and COX7A2L [81]. HIGD2A mainly functions in CIV
assembly [77,82] and mediates CIV integration within the respirasome, as well [66,80].
The mammalian homologous HIGD1A has been reported to assist the assembly of CIII
and CIII-containing SCs biogenesis, having overlapping functions with HIGD2A [82].
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These findings suggest the involvement of multiple pathways to assemble the respiratory
complexes and to gather the SCs [82–84].

COX7A2L (also called SCAF1) has been the subject of various studies with contradic-
tory results, due to the presence of two variants (long and short forms) differently expressed
in mouse strains and tissues [81]. There is an agreement that long COX7A2L can bind to
both CIII2 and CIV and is required for formation of the CIII2+IV SC [79,83,84], as well as
for the assembly of the megacomplexes [73], but is dispensable for the respirasome [66,80].

Assembly factors specifically interacting with CIII were identified in yeast and their
orthologs validated in human cells, namely, Cbp3 (UQCC1) and Cbp6 (UQCC2) [85] and
Cbp4 (UQCC3) [86]. The best-characterized is UQCC3 (ubiquinol-cytochrome c reductase
complex assembly factor 3; also known as C11orf83), which is involved in the early phase of
CIII assembly and in the stabilization of CIII-containing SCs [86,87]. Interestingly, UQCC3
was reported to be indispensable for simultaneously maintaining both OXPHOS and
glycolysis during hepatocarcinoma cells hypoxia adaption, suggesting a role in energetic
reprogramming [88].

Table 1 summarizes the genetic alterations affecting CIII structural subunits and
assembly factors, which will be considered in the following paragraphs, also indicating the
redox activities and the assembly state of complexes/SCs.

8. Models of SC Organization

The question of the organization of the respiratory chain has been debated since the
pioneering studies aimed at identifying the molecular components and catalytic mech-
anisms [89,90]. Hackenbrock et al. (1986) described the ”fluid” or “random collision
model” of electron transfer, where each complex acts as an individual entity, CoQ and
cytochrome c freely diffuse within the lipid bilayer, and electron transfer occurs during
random and transient collision events [91]. The alternative solid-state model derives from
the early observations reporting that CI and CIII preferentially associated in the native
membranes [92]. Since 2000, the solid-state model has received strong support from isola-
tion of SCs by BN-PAGE and then by development of protein crystallography and cryo-EM
approaches. According to the solid model, a unique multicomplex unit is able to execute all
the steps of respiration. More recently, the two models have been merged in the so-called
“plasticity” model [64,93], based on the coexistence of individual CIII and CIV complexes,
with a variable combination of SCs. Dynamic SC association/dissociation can be triggered
under physiological conditions by availability of different substrates (NADH and FADH2),
determining a variety of different structural options that allow to adapt the efficiency of
the respiratory chain to metabolic demands. One consequence of the possibility to pref-
erentially use NADH- or FADH2-dependent substrates through isolated complexes and
SCs is the presence of partially dedicated pools of the mobile electron carrier CoQ [81,94].
However, demonstrating the presence of two CoQ pools is experimentally difficult and
therefore this issue has been disputed [95,96]. According to the working model proposed
by the Enriquez group, under normal circumstances, the superassembly in the respirasome
generates a CoQ fraction within the SCs functionally dedicated to NADH oxidation. Given
that also individual CIII2 co-exist with the SC, CoQH2 generated by CII or by other FADH2-
dependent enzymes can be oxidized by the free CIII out of respirasome. Under conditions
of block/lack of CIII or CIV, all CIII is associated with CI and CoQH2 can diffuse out and be
oxidized outside the SCs, and, on the other hand, the ubiquinol generated by CII can diffuse
in and be oxidized by CI+CIII2 SC [81,94]. Additionally, for cytochrome c the existence of a
unique pool is also unlikely, given that this protein, besides transferring electrons between
CIII and IV, can interact with many mitochondrial and non-mitochondrial components,
exerting a variety of roles, among them the trigger of apoptotic cell death. SCAF1, which
has been shown to be required for CIII and CIV interaction, plays an important role in the
cytochrome c pool functional segmentation and likely in the efficient use of respiratory
substrates. For a detailed discussion on CoQ and cytochrome c segmentation in SCs, we
refer to [97].
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9. Functional Roles of the SCs and CIII Involvement

Even if the evidence in support of SCs in detergent extracts is beyond question and
the SCs in situ arrangement in the mitochondrial inner membrane has been defined, their
physiological functional significance is still debated. The hypothesis of a catalytic advantage
provided by SCs [67,81,98] has been questioned [65,72,95,96,99]. Catalytic advantage would
imply substrate channelling, i.e., a defined conduit for the hydrophobic quinol from its
reduction site in CI to CIII, where it is oxidized. However, no structural evidence for such
a protein-defined conduit between CI and CIII2 was obtained [100].

As alternative hypotheses, it has been proposed that SC organization could support
CI assembly and stability [101,102], preventing dangerous casual protein aggregations
within the membrane [100,103]. Finally, it has to be recalled that CI and CIII2 are the
main sources of reactive oxygen species (ROS) in the mitochondrial matrix and in the inner
membrane [104–107], and that experimental dissociation of the SCs results in increased ROS
production from CI [108]. It was, therefore, proposed that SCs organization could reduce
ROS generation and subsequent oxidative damage to membrane components [108,109],
although the molecular mechanism was not clearly defined. Analysis of recent structural
data allowed to propose that in the respirasome, the interactions of CIII2 with CI and CIV
break the symmetry of CIII2, ensuring efficient oxidation of QH2 and allowing CI to operate
at full rate, thus helping to reduce ROS formation at CI [100].

The relationship between SCs and ROS is intriguing, because it is difficult to dissect
how important SCs are to prevent ROS production and how ROS production depends on
SCs disassembly. There is evidence that the production of ROS due to CIII dysfunction
plays a role in the stability of SCs. It has been reported that some pathogenic mutations
in BCS1L, the chaperone protein needed to incorporate the UQCFRS1 protein in CIII,
affected CIII activity, inducing ROS production and secondary CI and CIV activity/stability
alteration [110]. Furthermore, in a mouse cellular model lacking UQCFRS1 protein, the
increase of ROS production due to CIII deficit induced a general reduction in the assembly
and stability of CI, CIV, and in turn of SCs; however, this latter defect was partially rescued
in presence of antioxidants treatment or hypoxia [111].

In addition to a direct ROS production by CIII due to its defective activity, it has
been shown that the lack of CIII, by increasing the CoQH2/CoQ ratio, could promote the
backflow of electrons from CoQH2 to CI by the reverse electron transfer (RET) reaction
through CI. RET produced the oxidation of cysteine residues of CI, triggering its degra-
dation and in turn hampering SC formation [94]. Although in this study the occurrence
of RET and ROS production was not directly demonstrated, the ROS involvement was
suggested by partial rescue of CI assembly after treatment with the CI inhibitor rotenone
and under hypoxic conditions, all interventions that prevent RET. The overexpression of
SOD2, however, was not effective [94]. An interesting finding has been recently reported,
showing that Na+ modulates ROS production during acute hypoxia through the regulation
of inner membrane fluidity [112]. Noticeably, this increased ROS production was associated
with reduction in combined CII+CIII enzymatic activity and respiratory capacity, whereas
combined CI+CIII activity and respiration remained unchanged. This finding reinforces
the general idea of that formation of the CI+CIII2 SC limits the production of ROS.

Finally, in a human cellular model carrying an 18-bp frame deletion in MTCYB associ-
ated with a severe impairment of CIII, CI and CIV assembly and ROS production, treatment
with the antioxidant N-acetyl cysteine partially rescued respirasome formation [113]. Taken
together, these data indicate that ROS production may affect respiratory complexes and
SCs assembly, thus, it is reasonable to speculate that the correct assembly of SCs could be
useful to reduce ROS production in a healthy respiratory chain.

The fact that the mutual arrangement of CI and CIII2 is essentially conserved from ob-
ligate aerobic yeast to mammals, and plants seems to favour the hypothesis that specifically
these two complexes have a functional role in maintaining the respiratory chain stability
reducing ROS production [51]. Further structural and biochemical work is needed, also
considering that in some cases a slight increase of ROS was detected, but the assembly of
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respiratory complexes and SCs was normal, suggesting that ROS levels could modulate
the response to this supermolecular organization [114–116]. The influence of tissue-specific
subunit isoforms is also to be taken into account [83].

10. SCs Biogenesis and Role of CIII

An important issue to be elucidated concerns the SCs biogenesis, i.e., how CI, CIII and
CIV interact in the respirasome formation. Currently, two models have been presented.
The first model proposes that the close interplay among the three complexes favours
better structural stability, implying that the isolated forms of respiratory complexes, in
particular CI, are more prone to degradation. Accordingly, the complexes are supposed
to follow separate assembly pathways to build mature individual complexes and to form
SCs in a second step [93,117]. The second model suggests a central role of CI acting as a
scaffold for the sequential incorporation of CIII2 and CIVn subassemblies to form mature
SCs [102]. However, this latter model does not rule out the occurrence of a dynamic
exchange of CIII2 and CIV once the respirasome assembly has been completed, allowing
the formation of the other SCs and the co-existence with free complexes [66]. Both models
have been developed from data obtained in experiments in which SCs biogenesis was
studied following the time-course of respiratory complexes assembly after mitochondrial
translation inhibition, by using diverse antibiotics and different experimental conditions,
and this may explain some conflicting results. Recently, interesting information obtained
by combining the Stable Isotope Labelling by Amino acids in Cell culture (SILAC) and
complexome profiling techniques, suggested a new main role of CIII in SCs formation as a
structural and functional platform for the overall respiratory chain biogenesis [118,119]. In
particular, Protasoni et al., 2020 [118] analyzed human cells bearing a 4-bp MTCYB deletion
that induced a frameshift with the loss of the encoded protein and of CIII2, associated
with hampered CI biogenesis due to the stall in N-module incorporation and decreased CI
stability. Furthermore, the CIV assembly was also defective because some CIV subunits
were recruited within the accumulated CIII subassemblies. A similar analysis was carried
out by Páleníková et al. (2021) [119], in cells bearing a 18-bp frame deletion in MTCYB
gene that produced a protein shortened of six amino acids and induced a strong defect of
CIII2 activity/assembly as well as of CI and CIV [113,120,121]. These cells, differently from
those with the 4-bp deletion, exhibited some amount of isolated CIII2 and CI, that were
associated in the enzymatically active CI+III2 SC [113,121], in agreement with structural
data demonstrating the existence of multiple interactions between the two complexes [74].
However, Páleníková et al. (2021) showed that several sub-complexes with mixed CIII, CI
and CIV subunits were also present, indicating that the decreased CIII2 assembly leads the
formation of intermediates that trap other respiratory complex subunits impairing their
assembly [119]. Taken together, these data support a cooperative assembly model in the
respiratory chain structural and functional maturation and in SCs biogenesis, highlighting
the central role of CIII2 as scaffold for the ordered association with mixed CI and CIV
subunits. Exhaustive studies focused on the mechanisms of SCs biogenesis in presence of
CIII deficiency are still lacking; however, after reviewing literature it appears that mutations
that disrupt CIII assembly also induce an impairment of CI and CIV and of SCs formation as
well. Indeed, severe mutations in both CIII structural subunits or in early assembly factors
strongly affect CIII structure and reduce CI and CIV stability [85,86,111,112,118,122–128]
(Table 1). Unfortunately, several reported mutations that could be relevant for CIII structure,
such as truncating mutations in cytochrome b, were poorly or not at all investigated for CIII
assembly and related influence on CI, CIV and SCs structure (Table 1). However, it appears
that most MTCYB missense mutations affect neither the assembly of CIII nor CI and CIV
(Table 1), except for the p.Y278C mutation that was associated with a slight reduction of
CI activity only and a reduced amount of the CIII2 +CIV SC [129], and the p.E373K that
disassembled CIII and CI, but not CIV [130]. Taken together, these findings indicate that the
assembly of CI and CIV depends on the physical presence of assembled CIII species and not
on their catalytic activity, although ROS production could play a role in specific cases [111].
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However, the role of CIII structure in SCs biogenesis is far from being clarified; for instance,
some authors suggested that the complete formation of the CIII2+CIV SC is important
to safely activate CI only when the respiratory chain is fully assembled [102], but some
data show that CI could interact with a pre-CIII to form enough SC to ensure sufficient
respiratory chain activity [115,131]. These data suggest that regardless of the mutation,
there is a tendency to maintain respiratory complex stability and SC assembly to mitigate
CIII dysfunction. This latter piece of evidence is supported by recent papers showing that
missense mutations in MTCYB that induce defective CIII enzymatic activity when detected
in the isolated complex, are mitigated when CIII activity is measured under conditions
in which the respiratory complex is organized into SCs [129,132]. Although further work
is clearly needed, recent structural details obtained from cryo-EM analysis of active SC
particles from sheep mitochondria highlighted the specific involvement of cytochrome b in
the crosstalk between CI and CIII2, confirming its role in structural/functional interactions
between the two complexes [74].

11. Metabolic Disturbances and Treatment Options

Defective CIII and associated perturbation of the supramolecular organization of
CIII-containing SCs result in several significant metabolic alterations, which are briefly
summarized in Figure 3 and discussed in detail below, providing also some hints on
experimental treatments specifically aimed at improving these metabolic disturbances. For
an extensive recent review of the therapeutic strategies to treat mitochondrial disease, we
refer to [133].

Figure 3. Major metabolic alterations associated with perturbed supramolecular organization of CIII-containing SCs and
proposed treatments.

11.1. Unbalanced Intracellular Redox Homeostasis

It is widely accepted that even under physiological conditions the electron flow
through the mitochondrial respiratory chain results in mild ROS production [134,135], with
CI and CIII being the main redox components responsible for molecular oxygen reduction
to superoxide anions [104–107,136]. As mentioned above (point 9), one of the proposed
roles of the supramolecular organization into SCs is to limit ROS formation, avoiding the
diffusion of free radicals with damaging effects at protein and lipid levels [100,137,138].
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Accordingly, different experimental conditions causing disruption or prevention of the
association between CI and CIII were shown to increase ROS production, supporting the
view that dissociation of SCs may strictly link oxidative stress and energy failure [108].
Furthermore, pathological conditions leading to dismantling the SCs organization, such
those described in cells with 4- and 18-bp MTCYB deletions, were also shown to enhance
ROS generation [94], and, due to up-regulation of intracellular efficient antioxidant defences
in both cytosol and mitochondrial compartments, to cause a significant unbalance in the
redox homeostasis [113,121,139]. Of note, mild to moderate increase in oxidative stress
associated with parallel SCs depletion was detected in different brain areas of neuron-
specific mice KO for the UQCRFS1 gene, demonstrating that ROS can modulate the SCs
architecture to cope with a high level of ROS [140]. This conclusion is further supported by
previous finding that a superoxide dismutase mimetic compound and SOD2 overexpression
induced a partial increase in SCs in the UQCRFS1 KO cells [111,140]. Moreover, the
prolonged treatment of cells bearing the 18-bp MTCYB deletion with N-acetyl cysteine
(NAC) significantly increased the rate of ATP synthesis driven by CI substrates as well
as the amount of free CI, CIII and CIV and of the respirasome. It is likely that NAC
may provide optimal redox conditions for respiratory complexes interactions and SCs
re-organization [113], also considering that both CI subunit NDUFB7 and CIII subunit
UQCRH contain disulphide bonds [69].

11.2. Accumulation of the Reduced Form of Pyridine Nucleotides and CoQ

Direct consequences of defective CIII are energy failure and metabolic derangements,
as indicated by a huge number of case reports describing lactic acidosis and hypoglycaemia
as recurrent clinical phenotypes of patients bearing mutations in different CIII-related genes,
i.e., MTCYB [120,141], UQCRC2 [127,142], UQCC3 [86] and others. Metabolomics analyses
in liver of the mouse model of CIII dysfunction (Bcs1lc.232A>G mutant) revealed a decrease
in carbohydrate intermediates, demonstrating an increase in glycolysis to compensate for
the reduced mitochondrial ATP production [143]. Subsequently, targeted metabolomics
detected increases in glucogenic and ketogenic amino acids in circulation, supporting a
starvation-like condition [144]. Of note is that this mouse model, despite the severe CIII
dysfunction, does not present significant perturbations in the SCs organization [115].

On the other hand, when the assembly of CIII-containing SCs is compromised, in
addition to CIII, the amount of CI collapses as well, leading to elevation of the cellular ratio
of reduced and oxidized pyridine nucleotides (NADH/NAD+). The inability to oxidize
NADH in the mitochondrial matrix affects not only the efficiency of OXPHOS but also the
flux of metabolites through the Krebs cycle. As a consequence, the cells become heavily
dependent on aerobic glycolysis for survival. The glycolytic flux relies on the activity of
glyceraldehyde-3-phosphate dehydrogenase which requires NAD+, generated from NADH
oxidation by the cytosolic lactate dehydrogenase enzyme. In agreement with this notion,
we found that the amount of lactate released into the growth medium by the homoplasmic
cells bearing the 18-bp MTCYB deletion was significantly greater than WT cells. Noticeably,
cells bearing the p.278Y>C MTCYB mutation impairing CIII activity without affecting SCs
organization failed to increase lactate release [121], in accord with the clinical phenotype of
patients, presenting lactic acidosis in the patient bearing the 18-bp MTCYB deletion [120],
but not in that with the p.278Y>C mutation [145]. The molecular mechanism underlining
this metabolic switch is unknown, although the possible role for UQCC3 may be worth
investigating [88].

Interestingly, previous studies described benefits in lifespan and energetic func-
tion of defective CI by interventions targeting NADH elevation, such as supplemen-
tation with NAD-precursor [146] inhibition of mTOR [147] and of mitochondrial serine
catabolism [148], as well as hypoxia treatment [149]. To circumvent the CI deficiency,
some studies took advantage of the xenotopic expression of the single-subunit yeast en-
zyme NADH dehydrogenase (Ndi1) [150–152]. In yeast, Ndi1 catalyses the oxidation of
NADH in the matrix like CI, but is unable to restore the proton pumping. Ndi1 protein
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expression in human cultured cells lacking CI restored the NADH-dependent respiration
as well as the growth in glucose-free medium containing galactose [153,154]. Recently,
McEllroy et al. (2020) generated a mouse that conditionally expresses Ndi1, confirming that
its expression dramatically prolong lifespan, but was unable to significantly improve motor
function in a mouse model of Leigh syndrome due to loss of the NDUFS4 CI subunit [155].
In the absence of structural data showing Ndi1 association with SCs, it is reasonable to
speculate that the ability of Ndi1 to ameliorate the cell viability does not depend on asso-
ciation with other respiratory complexes, rather it depends on the restoration of NADH
oxidation allowing for a compensatory increase in glycolysis and sufficient metabolite flux
in the Krebs cycle.

At cellular level, the primary consequence of the specific drop/lack of CIII is the block-
ade of CoQH2 oxidation, preventing the NADH and FADH2 oxidation by CI and CII. As
mentioned above, elevation of CoQH2/CoQ ratio causes reverse electron transport through
CI, with local generation of superoxide, triggering CI subunits degradation and tuning
the amount of this complex [94]. This is in agreement with previous data showing that
CIII can be released from CI-containing SCs under metabolic conditions (e.g., starvation)
when electron flux from FAD overwhelms the oxidation of CoQ, supporting the plasticity
model of SCs organization [81]. The alternative oxidase (AOX) is a single-protein electron
transport system present in bacteria, lower eukaryotes and plants that can perform CoQH2
oxidation instead of CIII and CIV, by transferring electrons directly from quinols to oxygen
without proton translocation [156]. The xenotopic expression of tunicated AOX in mouse
was recently investigated, failing to show any association of AOX with SCs. This finding
supports the notion that xenotopically expressed AOX acts as a freely diffusible redox
partner [157]. Of note is that the expression of AOX from Emericella nidulans in MTCYB
KO cells induced CoQH2 oxidation, thus reducing the oxidative stress and inhibiting CI
degradation. Despite the increased CI amount, the SCs were not restored due to the lack
of CIII [94], further corroborating the central role of CIII as a scaffold for incorporation of
CI and CIV [118]. Furthermore, AOX was reported to provide a full functional rescue of
the cardiomyopathy of the Bcs1lc.232A>G mutant mice, by restoring respiration to wild-type
level. Noticeably, the CIII and CI+CIII2+CIV assembly was partially rescued in cardiac
mitochondria, likely secondary to the general improvement in mitochondrial structure and
function [144].

The observation that expression of a single enzyme, such as AOX, can bypass defective
oxidative reactions carried out by dozens of proteins is intriguing. Besides representing
a useful tool for detecting the contribution of ATP requirement from the NAD+ and
CoQ regeneration, the oxidase may be of potential use for respiratory chain deficiencies,
although a gene therapy approach seems quite problematic at present. In fact, it has to be
considered that correction of the mutated gene in affected tissue of monogenic diseases by
CRISPR/CAS9 genome editing, already shown to be promising in animal models, requires
sophisticated gene-specific tools and is still under development for mtDNA interventions.
Conversely, the expression of one protein such AOX might be, in theory, beneficial for
restoring most of the metabolic stress induced by OXPHOS impairment caused by a wide
variety of mutations.

11.3. Elevation of Succinate and Effects on Gene Expression Regulation

The lack of CIII and the extremely limited availability of oxidized CoQ results in the
inability of the Krebs cycle to progress from succinate to fumarate, as demonstrated by the
markedly increased levels of succinate and reduction of fumarate and malate detected by
us in cells with the 18-bp MTCYB deletion [121] and also in cells bearing the 4-bp MTCYB
deletion [158]. In cells with the p.278Y>C MTCYB mutation, with normal SCs organization,
we also detected a weak increase of succinate, but increased malate and normal fumarate,
suggesting that some succinate can be oxidized to fumarate which in turn produces malate,
likely as a consequence of CIII assembly in the respirasome, that can preserve significant
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electron transport [121]. Elevation of succinate and fumarate was reported in the liver of
Bcs1lc.232A>G mutant mouse, in line with the blockade of the Krebs cycle flux [159].

Succinate accumulation in the cytosol has been shown to have a strong impact in gene
expression regulation, by inhibiting the 2-oxoglutarate-dependent dioxygenases, which
catalyse hydroxylation reactions on various types of substrates. In particular, succinate,
competing with 2-oxoglutarate, inhibits the activity of prolyl hydroxylases, leading to
stabilization of Hypoxia Inducible Factor-1α (HIF-1α) under normoxia, defined as a pseudo-
hypoxic condition [160]. HIF-1α can then translocate from cytoplasm to the nucleus where
it associates with HIF-1β, to activate transcription of HIF-1α-target genes, among which
are those encoding glycolytic enzymes [161]. It is likely that the huge increase of succinate
levels determined in cells with the 18-bp MTCYB deletion may be at least in part responsible
for the glycolytic switch revealed by increased extracellular lactate production [121].

In addition to succinate and fumarate, the levels of the oncometabolite 2-hydroxyglutarate
(L-2-HG) were increased in RISP/ UQCRFS1 KO cells [162] and also in cells bearing the 4-bp
MTCYB deletion [158]. All these Krebs cycle metabolites competitively inhibit the activity of 2-
oxoglutarate-dependent dioxygenases, including also JmJC domain-containing histone lysine
demethylases and ten-eleven translocation TETs family of 5-methlycytosine hydroxylases,
involved in oxidizing 5-methylcytosine into 5-hydroxymethylcytosine [163]. Accordingly,
the DNA and histone methylation were increased upon loss of RISP in fetal hematopoietic
stem cells, impairing their differentiation and maintenance of stemness [162]. The increase in
these metabolites, through inhibition of the histone and DNA demethylases, can therefore
represent a very important factor affecting the epigenetic landscape of the cells and causing
wide-ranging effects on cell physiology (for a review on Krebs metabolites and epigenetics,
see [164]).

12. Conclusions and Perspectives

The development of cryo-EM technology has provided a powerful tool to analyse at
atomic level the specific associations of CI, CIII and CIV into the respirasome, the CI+CIII2
and the CIII2+CIV1-2 SCs. However, these techniques suffer from some limitations, mainly
associated with the mitochondrial purification procedures and the type/amount of deter-
gent. In this regard, the development of the “in situ” reconstruction of SCs in eukaryotic
cells in vivo by using the proximity-dependent labeling followed by mass spectrometry
will open the possibility to identify potentially interacting proteins and their subcellular
spatial localization [165,166]. Dynamic rearrangements between individual complexes and
SCs have been demonstrated to occur (Table 1). It is necessary to identify the functional
consequences of these arrangements as well as their implications in the regulation of the
respiratory function under different physiological conditions. More biochemical and bio-
physical experiments, in combination with advances in super-resolution light microscopy
are needed for clarify the functional mechanism of the SCs. This information will be crucial
to elucidate the pathogenic mechanisms underlying the mitochondrial disorders associated
with both nuclear and mtDNA mutations, and, hopefully, to identify effective treatments.
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Table 1. Disease genes encoding structural subunits and assembly factors associated with CIII deficiency.

Mutated Gene
Mutation Enzymatic Activity Isolated Complexes Assembly Supercomplexes Assembly

Refs.
CIII CIII CI CIV CIII CI CIV CI+CIII+CIV CI+CIII CIII+CIV

Structural subunits

MTCYB

p.14I> * ↓ ↓ ↓ ↓ ↓ ↓ ↓ ↓ ↓ [118,167,168]

p.34G>S ↓ mild ↓ = n.d. n.d. n.d. n.d. n.d. n.d. [169]

p.35S>P ↓ n.d. n.d n.d. n.d. n.d. n.d. n.d. n.d. [170]

p.40C>R mild ↓ mild ↓ mild ↓ n.d. n.d. n.d. n.d. n.d. n.d. [171]

p.113W> * ↓ n.d. n.d n.d. n.d. n.d. n.d. n.d. n.d. [169]

p.135W> * ↓ n.d. n-d ↓ n.d. n.d. n.d. n.d. n.d. [172]

p.141W> * ↓ = = n.d. n.d. n.d. n.d. n.d. n.d. [169]

p.142G> * ↓ ↓ n.d. n.d. n.d. n.d. n.d. n.d. n.d. [173]

p.151S>P ↓ n.d. n.d. ↓ n.d. n.d. n.d. n.d. n.d. [172]

p.166G> * ↓ n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [174]

p.166G>E ↓ n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [175]

p.∆251-258 ↓ mild ↓ = n.d. n.d. n.d. n.d. n.d. n.d. [169]

p.271E>K mild ↓ = = = = = = = = [132]

p.278Y>C ↓ mild ↓ n.d. = = = mild↑ mild↑ ↓ [129,145]

p.290G>D ↓ n.d. n.d n.d. n.d. n.d. n.d. n.d. n.d. [176,177]

p.297S>P ↓ = = ↓ = = n.d. n.d. n.d. [178]

p.∆300-305 ↓ ↓ ↓ ↓ ↓ ↓ ↓ ↓ ↓ [113,120]

p.318K>P ↓ ↓ = ↓ ↓ = n.d. n.d. n.d. [122]

p.326W> * ↓ n.d. n.d n.d. n.d. n.d. n.d. n.d. n.d. [169]

p.339G> * ↓ n.d. n.d n.d. n.d. n.d. n.d. n.d. n.d. [179]

p.339G>E ↓ n.d. n.d n.d. n.d. n.d. n.d. n.d. n.d. [180]

p.352Q> * ↓ ↓ ↓ n.d. n.d. n.d. n.d. n.d. n.d. [123]

p.373E>K ↓ ↓ = ↓ ↓ = n.d. n.d. n.d. [130]

UQCRB Change at C-term ↓ ↓ ↓ n.d. n.d. n.d. n.d. n.d. n.d. [124]

UQCRQ p.45S>F; p.45S>F ↓ ↓ = n.d. n.d. n.d. n.d. n.d. n.d. [125]
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Table 1. Cont.

Mutated Gene
Mutation Enzymatic Activity Isolated Complexes Assembly Supercomplexes Assembly

Refs.
CIII CIII CI CIV CIII CI CIV CI+CIII+CIV CI+CIII CIII+CIV

CYC1 p.96W>C; p.215L>F ↓ ↓ ↓ n.d. n.d. n.d. n.d. n.d. n.d. [126]

UQCRC2
p.183R>W; p.183R>W ↓ ↑ ↓ ↓ ↓ = ↓ ↓ n.d. [127]

p.183R>W; p183R>W ↓ ↓ = ↓ ↓ n.d. n.d. n.d. n.d. [142]

UQCRFS1

p.14V>D; p.204R> * reduced overall respiration ↓ n.d. n.d. n.d. n.d. n.d. [181]

p.72V>T81del10;
p.72V>T81del10 reduced overall respiration ↓ n.d. n.d. n.d. n.d. n.d. [181]

mouse KO ↓ ↓ ↓ ↓ ↓ ↓ ↓ ↓ ↓ [111]

Assembly Factors

BCS1L

p.35G>R; p.184R>C ↓ n.d. n.d. ↓ n.d. n.d. = n.d. ↓ [182]

p.45R>C; p.56R> * ↓ ↓ = ↓ ↓ ↓ n.d. n.d. n.d. [110,183]

p.50T>A; p.50T>A mild ↓ n.d. n.d. mild↓ = n.d. n.d. n.d. n.d. [110,184]

p.R56 *;
g1181A>G/g1164C>C ↓ = ↓ ↓ = ↓ n.d. n.d. n.d. [110,183]

p.R56 *; p.327V>A = = = n.d. n.d. n.d. n.d. n.d. n.d. [185]

p.R56 *; p.69R>C = = = ↓ = = n.d. n.d. n.d. [186]

p.73R>C; p.368F>I ↓ = = = = = = = = [187]

p.78S>G; p.144R>Q = = = n.d. n.d. n.d. n.d. n.d. n.d. [185]

p.99P>L; p.99P>L ↓ ↓ ↓ ↓ ↓ ↓ n.d. n.d. n.d. [110,188,189]

p.109R>W; p.109R>W = = = ↓ = ↓ n.d. n.d. n.d. [186]

p.129G>R; p.129G>R ↓ n.d. n.d. ↓ n.d. n.d. n.d. n.d. n.d. [190,191]

p.155R>P; p.353V>M ↓ n.d. = n.d. n.d. n.d. n.d. n.d. n.d. [188]

p.183R>C; p.184R>C ↓ = = = = = = = = [187]

p.184R>C; g1892A>G ↓ = = = mild ↓ = = n.d. ↓ [110]

p.184R>C; p.280L>F n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [192]

p.277S>N; p.277S>N ↓ n.d. = n.d. n.d. n.d. n.d. n.d. n.d. [188]

decreased levels BCS1L ↓ n.d. ↓ ↓ = = n.d. n.d. n.d. [193]

mouse p.78S>G: p.78S>G ↓ = = ↓ = = mild ↓ mild ↓ mild ↓ [115]

mouse KO [116]
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Table 1. Cont.

Mutated Gene
Mutation Enzymatic Activity Isolated Complexes Assembly Supercomplexes Assembly

Refs.
CIII CIII CI CIV CIII CI CIV CI+CIII+CIV CI+CIII CIII+CIV

TTC19

p.54P>A * ↓ n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [194]

p.77Q>R *; p.77Q>R * ↓ n.d. n.d. = n.d. n.d. n.d. n.d. n.d. [195]

p.173Q> * ↓ = = ↓ n.d. n.d. n.d. n.d. n.d. [196]

p.185L>P n.d. n.d. n.d. = n.d. n.d. n.d. n.d. n.d. [197]

p.186W> *; p.322G>M * ↓ n.d. ↓ n.d. n.d. n.d. n.d. n.d. n.d. [198]

p.194R>N * n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [199]

p.219L> * ↓ = = ↓ n.d. n.d. n.d. n.d. n.d. [196]

p.261E>G *; p.261A>G * n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [200]

p.277Q> *; p.277Q> * n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [201]

p.313Q> * ↓ n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [202]

p.321A> *; p.321A> * ↓ n.d. n.d. ↓ n.d. n.d. n.d. n.d. ↓ [114]

p.324L>P n.d. n.d. n.d. = n.d. n.d. n.d. n.d. n.d. [197]

mouse and human KO ↓ = = mild ↓ = = = = = [203]

UQCC2
Protein absent ↓ ↓ ↓ ↓ mild ↓ mild↑ ↓ ↓ ↓ [85]

p.[8R>P;10L>F];[8R>P;10L>F] ↓ ↓ = ↓ ↓ = ↓ ↓ ↓ [128]

UQCC3 p.20V>E; p.20V>E ↓ mild ↓ = ↓ ↓ = n.d. n.d. n.d. [86]

LYRM7 p.13T>H *; p.13T>H * ↓ n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [204]

LYRM7

p.18R>D *; p.18R>A * ↓ mild ↓ mild ↓ ↓ mild ↓ mild ↓ n.d. n.d. n.d. [205]

p.25D>N; p25D>N ↓ n.d. n.d. ↓ n.d. = n.d. n.d. n.d. [206]

p.25D>N; p25D>N ↓ n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [204]

p.72Q> *; p72Q> * ↓ n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [204]

p.82K>N *; p.82K>N * ↓ n.d. n.d. ↓ n.d. n.d. n.d. n.d. n.d. [204]

Protein absent ↓ n.d. n.d. n.d. n.d. n.d. n.d. n.d. n.d. [207]

*, a stop in the protein synthesis; ↓, decrease; ↑, increase; =, no change; n.d., not determined.
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Abstract: Mitochondria are key intracellular organelles involved not only in the metabolic state of
the cell, but also in several cellular functions, such as proliferation, Calcium signaling, and lipid
trafficking. Indeed, these organelles are characterized by continuous events of fission and fusion
which contribute to the dynamic plasticity of their network, also strongly influenced by mitochondrial
contacts with other subcellular organelles. Nevertheless, mitochondria release a major amount of
reactive oxygen species (ROS) inside eukaryotic cells, which are reported to mediate a plethora of
both physiological and pathological cellular functions, such as growth and proliferation, regulation of
autophagy, apoptosis, and metastasis. Therefore, targeting mitochondrial ROS could be a promising
strategy to overcome and hinder the development of diseases such as cancer, where malignant cells,
possessing a higher amount of ROS with respect to healthy ones, could be specifically targeted by
therapeutic treatments. In this review, we collected the ultimate findings on the blended interplay
among mitochondrial shaping, mitochondrial ROS, and several signaling pathways, in order to
contribute to the dissection of intracellular molecular mechanisms involved in the pathophysiology
of eukaryotic cells, possibly improving future therapeutic approaches.

Keywords: mitochondrial dynamic; cell signaling; ROS; cancer

1. Introduction

Mitochondria are intracellular organelles present in eukaryotic cells that evolutionarily
originated from symbiotic resident proteobacteria [1]. These organelles are involved in
many cellular functions, such as oxidative phosphorylation, the regulation of cell prolif-
eration, differentiation, and death. Their different roles in several cellular processes are
largely dependent on ATP and reactive oxygen species (ROS) production, both generated
during oxidative phosphorylation [2]. Indeed, targeting mitochondrial metabolism with
molecules able to specifically disrupt mitochondrial fitness and trigger cell death has
become a promising strategy against several diseases [3].

Importantly, mitochondria are physically interconnected with other subcellular or-
ganelles, such as endoplasmic reticulum (ER), lipid droplets, Golgi apparatus, lysosomes,
melanosomes, and peroxisomes [4]. Indeed, mitochondria–organelle contact sites represent
real signaling hubs that are involved in multiple cellular functions, such as lipid trafficking,
mitochondrial dynamics, calcium (Ca2+) flow, and ER stress, such that the contacts not only
result in physical but also functional links that finely tune multiple signaling pathways.

Moreover, the capability to establish these interactions with other intracellular or-
ganelles is strongly dependent on mitochondria’s high attitude to fuse and divide, leading
to modification of the intracellular mitochondrial network [5].

In addition, ROS figure as byproducts of oxygen consumption and cellular metabolism,
and 45% of their total amount is related to mitochondria, specifically to Complex I and

173



Life 2021, 11, 332

Complex III leakage of electrons, which is involved in superoxide (O2
−) and hydrogen

peroxide (H2O2) production [6]. While ROS production was at first believed to be only
detrimental for the cell in physiological conditions, in the last two decades, it has been
considered that its presence in a sublethal concentration could act as a secondary messenger
that specifically modulates distinct cellular pathways [7] and mitochondrial dynamics and
morphology [8]. As a consequence, ROS homeostasis is strictly regulated by enzymatic and
nonenzymatic mechanisms, with the aim of maintaining balance among ROS production
and scavenging [9]. Once this critical equilibrium is impaired, ROS overload is one of the
main players in the onset of a plethora of different diseases, including cancer [6], where it
exerts a dual regulation, influencing cell survival and oxidative stress, leading to cell death,
as well as mediating redox signaling events beneficial for the progression of the disease [9].

In this review, we describe the known signaling pathways mediated by mitochondrial
structure rearrangements or by mitochondrial ROS release, focusing also on possible
therapeutic targets against disease formation.

2. Mitochondrial Dynamics: A Multiplayer Regulation

Proper mitochondrial integrity and physiology is essential for cell homeostasis. Mito-
chondrial fusion and fission dynamics, organelle transport, mitophagy, interaction with
other organelles, such as the endoplasmic reticulum (ER) and the cytoskeleton, and ge-
nomic mitochondrial control are only a few of the several mechanisms involved in the
fitness of these fundamental organelles. Thus, the improper surveillance on mitochondrial
dynamics and partitioning on daughter cells can give rise to a wide spectrum of syndromes
and diseases [5].

Focusing on the fusion and fission processes, these are mainly regulated by proteins
belonging to the dynamin-related family of large GTPases that utilize GTP hydrolysis to
drive mechanical work on biological membranes (Figure 1) [10].

−

 

Figure 1. Modulation of fusion and fission processes. Left panel: the endoplasmic reticulum is wrapping the mitochondria
in the site of fission, where polymers of dynamin-related protein 1 (DRP1) (main interactor in the fission process) are
present. Right panel: the two different events of outer mitochondrial membrane (OMM) fusion and inner mitochondrial
membrane (IMM) fusion are separately shown. Essentials components for OMM fusion are Mitofusins. In the IMM fusion
process, instead, the role of long and short optic atrophy protein 1 (OPA1) is fundamental, as well as their interaction
with cardiolipins. Green arrows point out the positive regulators of these processes, whereas the red ones represent the
negative modulators.
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The membrane potential is also a crucial player in the mitochondrial fission process,
by triggering dynamin-related protein 1 (DRP1) activity [11,12]. DRP1 translocates from
the cytoplasm to the outer mitochondrial membrane (OMM) via a physical interaction
with several adapter proteins, such as mitochondrial fission factor (MFF), mitochondrial
dynamics protein 49 and 51 (MID49, MID51), and mitochondrial fission 1 protein (Fis1) [13].
Specifically, DRP1 firstly binds GTP through its GTP-binding site. This mediates a confor-
mational change that allows DRP1 to interact with the OMM receptors and polymerize,
encircling the mitochondria in a spiral fashion [14]. Once a complete turn is performed,
contacts between the GTPase domains of the DRP1 polymers trigger the GTP hydrolysis
causing the detachment of filaments from the OMM receptors and the constriction of the
spiral [15]. Nevertheless, it seems that DRP1 itself is not sufficient to completely perform
the fission process. In fact, it has been shown that Dynamin-2 is a fundamental component
that works in concert with DRP1 in order to orchestrate sequential constriction events
that ultimately lead to division [16]. Some authors suggested that the fission process
occurs in sites that have been previously wrapped by a smooth ER protrusion. These ER–
mitochondria contact sites act as the fission starting point, so that DRP1 can cooperate with
the actin-nucleating protein inverted formin 2 (INF2) causing the accumulation of actin in
the site of fission. Actin filament accumulation can ultimately facilitate the formation of
the initial constriction, supporting the subsequent DRP1 activity [13,17].

In particular, ER–mitochondria contact sites, also known as mitochondria–ER contacts
(MERCs), are relevant for mitochondrial fitness and plasticity regulation. Therefore, the
characterization of the proteins involved in MERCs revealed the presence of several players
that allow the connection between the two organelles. In fact, the existence of dynamic
bridges that consist of proteins inserted in the OMM, such as voltage-dependent anion
channel (VDAC), physically connected to the ER membrane proteins (such as inositol 1,4,5-
triphosphate receptor (IP3R)), by linker proteins (e.g., glucose-regulated protein (GRP75)
and transglutaminase type 2 (TG2)), contribute to the modulation of many mitochondrial
events such as lipid trafficking, Ca2+ homeostasis, and ER stress [16]. Moreover, the
functional role of such contacts is highlighted by their involvement in several pathologies,
such as diabetes, neurodegenerative diseases, and cancer [18]. Interestingly, very recently,
it was demonstrated that downregulation of transglutaminase type 2, which is involved
in ER–mitochondria contacts [19], is linked to a decrease in canonical Wnt signaling
targets, such as β-catenin and Lymphoid enhancer binding factor 1 (LEF1), suggesting
new possible ways of modulating Wnt-dependent proliferation, strongly associated with
diseases development [20].

Since mitochondria are characterized by a double membrane, the fusion process
requires the coordination of two separate events which occur almost simultaneously.
Indeed, mitochondrial fusion is a mechanism mediated by MFN1 and MFN2 at the level of
the OMM and by optic atrophy protein 1 (OPA1) in the inner mitochondrial membrane
(IMM) [10,17]. While MFN1 and MFN2 must both be present in the OMM in order to
mediate outer membrane fusion, it is enough for OPA1 to be present in only one of the
IMMs to mediate inner membrane fusion [10]. Fusion onset is established by the docking
of two Mitofusin molecules. This interaction mediates conformational changes that trigger
Mitofusin-mediated GTP hydrolysis and the subsequent OMM fusion [17].

Concerning IMM fusion, the opa1 gene encodes eight different long isoforms [21], and
all of them are firstly inserted into the IMM thanks to the presence of the mitochondrial
targeting sequence (MTS), which is subsequently cleaved by the matrix processing protease
(MPP). Once inserted into the IMM, OPA1 isoforms can be processed by two inner mem-
brane peptidases: zinc metallopeptidase (OMA1) and ATP-dependent zinc metalloprotease
(YME1L1), thus forming the essential short form of OPA1. Up to now, it seems that both
the isoforms are required in order to guarantee the correct and physiological levels of
mitochondrial fusion [22]. Then, the heterodimer of one IMM, formed by long-OPA1 and
short-OPA1, interacts with cardiolipin of the other IMM and mediates IMM fusion [17]. It
is important also to remember that OPA1 is essential in cristae structure maintenance [10].
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3. Mitochondrial Plasticity and Cell Signaling: A Two-Way Interaction

In recent years, numerous studies pointed out links between key oncogenic signaling
pathways and mitochondria [13]. These networks among the two players have been deeply
explored, revealing not only that mitochondrial plasticity could be influenced by distinct
cellular pathways, but also that mitochondrial shaping could be crucial for the modulation
of several signaling cascades.

Indeed, Malhotra et al. explored the role of Sonic Hedgehog (Shh) signaling in
mitochondrial biogenesis regulation in cerebellar granule neuron precursors (CGNPs),
the progenitor of Shh-associated medulloblastoma. Surprisingly, the authors observed
a decreased mitochondrial membrane potential (MMP) and overall ATP production in
CGNP cells upon Shh induction, along with an increase in glycolysis levels, which resulted
in higher intracellular acidity leading to mitochondrial fragmentation and reduced cristae
network formation. These results are quite controversial since decreased MMP is usually
linked to a reduction in proliferation and apoptotic induction. Inversely, these cells are
characterized by a rise in the proliferation rate and absence of cell differentiation. This
effect seems to be derived from the Shh-mediated lowering of MFN1 and MFN2 activity.
Really interesting is that the phenotype can be rescued by the inhibition of the Shh pathway,
as well as through the downregulation of DRP1, remarking the importance of the delicate
balance between fission and fusion mechanisms involved in mitochondrial biogenesis [23].

Canonical Wnt-signaling is involved in a plethora of different cellular functions,
such as neuroprotection, stemness maintenance, self-renewal, and regulation of mitochon-
drial dynamic inside eukaryotic cells [24–26]. Strikingly, recent studies demonstrated a
novel mechanism via which damaged mitochondria promote restoration of the mitochon-
drial pool through the activation of canonical Wnt-signaling via the Pgam5/β-catenin
axis. Presenilins-associated rhomboid-like (PARL)-mediated cleavage of the mitochondrial
Serine/threonine-protein phosphatase Pgam5 occurs in stressed mitochondria character-
ized by a decreased membrane potential. This cleaved and cytosolic form seems to be
able to interact with Axin at the level of the β-catenin destruction complex. Such inter-
action counters the casein kinase 1 α (CK1α)- and glycogen synthase 3 (GSK3)-mediated
phosphorylation of β-catenin, thus avoiding its degradation and leading to an increased
transcriptional activity performed through the activation of the canonical Wnt/β-catenin
axis. This cell-intrinsic stimulation of the Wnt/β-catenin cascade can trigger the mitophagy
process, in order to degrade or recycle the old and dysfunctional mitochondria, thus
supporting the process of mitochondrial biogenesis [27].

Several other pathways are involved in the regulation of mitochondrial dynamics. For
instance, it has been shown that the activity of mothers against decapentaplegic homolog
(Smad) proteins—mediators of the transforming growth factor β (TGF-β) signaling—are
able to modulate mitochondrial fusion when present in their inactive and cytoplasmatic
form. In fact, SMAD2 can promote mitochondrial fusion through its interaction with MFN2
at the level of the OMM. In particular, a model has been established in which SMAD2
colocalizes with Ras and Rab interactor 1 (RIN1) and MFN2 at the level of the OMM
and stimulates the process of fusion. Problems or mutations at the level of any of these
characters can interfere with the modulation of mitochondrial dynamics, thereby favoring
the development of different kinds of diseases, such as carcinogenesis and metabolic
issues [28].

Indeed, increased mitochondrial fission is often associated with tumor formation,
e.g., lung cancers and breast cancers. In particular, the presence of a mitochondrial fission
and Notch signaling positive feedback loop has been elucidated in triple-negative breast
cancers (TNBCs). In fact, it seems that mitochondrial fragmentation is linked to an in-
creased cytoplasmic Ca2+ level, causing the subsequent activation of calcineurin. Therefore,
calcineurin activates Notch signaling, increasing the level of the cleaved and active Notch
intracellular domain (NICD) inside the nucleus. In turn, Notch signaling promotes the
upregulation of DRP1 and the downregulation of MFN1, thus establishing a vicious cycle.
Moreover, this positive feedback loop enhances the apoptotic resistance and survival of
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tumor cells through the Notch-mediated upregulation of the inhibitor of apoptosis (IAP)
protein Survivin [29].

Moreover, some types of human breast cancers are characterized by dysregulated Myc
signaling. Overexpression of Myc leads, among all the other targets, to the overexpression
of Phospholipase D Family Member 6 (PLD6)—a phospholipase of the OMM involved in
the regulation of lipid metabolism, which is able to mediate mitochondrial fusion in order to
improve lipid metabolism, but which also cooperates with the increased nucleotide demand
during DNA synthesis. This Myc-mediated metabolic reprograming, in part caused by
the overstimulated mitochondrial fusion derived by PLD6 activity, strains cellular energy
resources and leads to 5’ adenosine monophosphate-activated protein kinase (AMPK)
activation. AMPK is also able to phosphorylate and inhibit yes-associated protein (YAP),
and YAP inactivation is characteristic of some types of Myc-dependent triple-negative
mammary carcinomas. Another effect mediated by PLD6-dependent mitochondrial fusion
is also the increase in the levels of glutaminolysis, an essential process for tumor survival
since MYC-driven cell growth depends on glutamine [30].

Additionally, mitochondrial fission is also correlated to other diseases, such as uni-
lateral unilateral obstruction (UUO)-induced renal tubulointerstitial fibrosis. Indeed, it
has been shown that Honokiol (2-(4-hydroxy-3-prop-2-enyl-phenyl)-4-prop-2-enyl-phenol,
HKL) is able to stimulate the activity of Sirtuin 3 (SIRT3), which sequentially mediates the
activation of OPA1 and decreases DRP1 expression, restoring the correct mitochondrial
fusion and fission dynamics and normal mitochondrial shape and function. Thus, targeting
mitochondrial dynamics can be a novel therapeutic approach for the treatment of acute or
chronic kidney diseases [31].

Recently, the importance of signal transducer and activator of transcription 3 (STAT3)
was also elucidated in the regulation of mitochondrial dynamics. Indeed, Zhang et al.
demonstrated in diabetic mice and in albumin-treated proximal tubular HK-2 cells how
anomalies resulting from diabetes, e.g., hyperglycemia and ROS, can mediate the over-
expression or overactivation of the dipeptidyl peptidase-4 (DPP4) enzyme, leading to
DPP4-mediated cleavage of stromal cell-derived factor-1α (SDF-1α) and suppression of the
SDF-1α/C-X-C Motif Chemokine Receptor 4 (CXCR4) phosphorylation of STAT3 at the
level of serine-727. Thus, this impedes STAT3 translocation into the mitochondria and its
interaction with OPA1, ultimately leading to increased mitochondrial fragmentation. This
result highlights novel targets for managing diabetic kidney disease [32].

The connection between STAT3 and mitochondrial fusion protein OPA1 has also been
described in a myocardial ischemia and reperfusion mouse model. In this study, it was
demonstrated how κ-opioid receptor (κ-OR) activation mediates mitochondrial fusion
through enhanced OPA1 expression. In particular, this suggests that κ-OR activation
can stimulate STAT3 phosphorylation at the level of tyrosine-705, allowing its nuclear
translocation where it can mediate OPA1 overexpression. This result allows novel insight
into therapeutic strategies for myocardial ischemia and reperfusion injury [33].

Thus, STAT3 induction of mitochondrial fusion through the modulation of OPA1
seems to be quite clear. Nevertheless, a more in-depth investigation is still needed into the
effective mechanism.

4. Mitochondrial ROS in the Modulation of Cell Signaling

ROS are small molecules that figure as byproducts of oxygen consumption and cellular
metabolism, which derive from the partial reduction of molecular oxygen. The most known
molecules among the ROS family are the highly unstable oxygen free radicals, superoxide
(O2

−) and hydroxyl (OH−), which can be converted into more stable non-radical and
diffusible forms, e.g., hydrogen peroxide (H2O2) or hypochlorous acid [6,34].

As it is well known, mitochondria represent one of the major contributors to ROS
generation. In fact, it was recently demonstrated that, in resting C2C12 myoblasts, mi-
tochondria account for the 45% of the total amount of reactive oxygen species produced
inside the cell [35], and that up to 1% of the mitochondrial oxygen is utilized for superox-
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ide production [36]. In addition, 11 distinct sites associated with substrate oxidation in
the electron transport chain (ETC) in mammalian mitochondria resulted in the release of
electrons involved in the production of superoxide (O2

−) and hydrogen peroxide (H2O2).
In particular, Complex I and Complex III are the main sources of ROS both in healthy and
in pathological conditions, which are required for a plethora of biological processes such as
cell differentiation and proliferation, oxygen cell sensing, and Hypoxia-inducible factor
(HIF) activation [7,37–39].

Inside the mitochondria, mitochondrial ROS are mainly produced by Nicotinamide
adenine dinucleotide phosphate (NADPH) oxidases (NOX) and, to a minor extent, by
other enzymes such as cyclooxygenases (COX), lipoxygenases, xanthine oxidases, and
cytochrome P450 enzymes [34,40–43]. Moreover, the electron transport chain is intrinsically
leaky; indeed, even in physiological conditions, 0.2–2% of the electrons generated by
the respiratory chain are not coupled with the production of ATP but contribute to the
generation of superoxide anion (O2

−) or hydrogen peroxide (H2O2) due to their premature
interaction with oxygen. Thus, a minor percentage of ROS is physiologically released
during all the respiratory processes, playing a crucial role in mitochondria and cell fate [44].

Actually, ROS generation is involved in the regulation and induction of both physio-
logical and pathological cellular pathways. For a long time they were considered with a
negative connotation in physiological conditions, being responsible for the induction of
oxidative stress and consequent apoptosis and necrosis, ultimately resulting in alterations
in cell survival rate [45]. Indeed, mitochondrial dysfunction in the ETC is strongly linked to
an unregulated release of mitochondrial ROS, which causes both DNA and macromolecular
oxidative damage, leading to the development of degenerative pathologies and biological
aging [46]. For this reason, ROS homeostasis must be strictly regulated by enzymatic and
non-enzymatic mechanisms, such as superoxide dismutases (SODs), catalases, glutathione
peroxidases (GPX), peroxiredoxins (PRX), thioredoxins (TRX), and vitamins A, C, and E
(for extended reviews, see [9,47–49]).

Accordingly, ROS are well recognized mediators of DNA damage, affecting the DNA
damage response (DDR), and their accumulation can also induce mitochondrial DNA
lesions, strand breaks, and degradation of mitochondrial DNA [50]. Specifically, ROS-
induced DNA damage and the consequent inability to evoke the DNA repair system are
responsible for Cellular tumor antigen p53 (p53) activation and mitochondrial-mediated
apoptosis, a pathway that is elicited by different anticancer drugs, leading to the suggestion
that ROS modulators could be promising for cancer targeting [51,52].

Interestingly, in the latest two decades, a new role for mitochondrial ROS emerged. In
fact, sublethal concentrations of ROS could act as potential secondary messengers which
could be used to specifically modulate distinct cellular pathways, introducing new possible
therapeutic approaches [7,53]. Specifically, via the reversible oxidation of specific cysteine
(and also methionine) residues within redox-sensitive proteins, ROS can modify a putative
target protein activity or conformation, altering the signal transduction. In this regard,
ROS can act on phosphatases, kinases, proteases, and transcription factors [54], regulating
growth factor cascades, cell proliferation and differentiation, cellular oxygen sensing, and
hypoxia (and the consequent angiogenic stimulation), while also finely tuning aging-related
mechanisms, immunity responses, inflammation, and autophagy [9,44,45,53,55–57].

Moreover, a role for ROS in the modulation of mitochondrial dynamics was recently
elucidated, suggesting a link between the redox homeostasis of the cell and the regulation
of mitochondrial morphology [8]. In particular, high levels of ROS, if not counterbal-
anced by an efficient antioxidant system, promote mitochondrial fragmentation, swelling,
or shortening, whereas a reduction in ROS leads to mitochondrial filamentation. In fact,
exogenous concentrations of hydrogen peroxide induced dose-dependent mitochondrial
fragmentation in human umbilical vein endothelial cells (HUVECs) and the expression
of several fusion and fission-related genes [58]; in C2C12 myocytes, hydrogen peroxide
induced mitochondrial membrane depolarization, stimulating fragmentation involving
an increased DRP1 activity [59,60]. On the contrary, lowering ROS levels in fibroblasts
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triggered MFN2-dependent mitochondrial filamentation [61]. The redox regulation of
fission and fusion proteins by ROS is mediated by post-translational modifications, such as
phosphorylation, ubiquitination, and sumoylation, in addition to the S-glutathionylation
and S-nitrosylation of their Cys residues [62]. Moreover, ROS also act at the transcriptional
level, stimulating the expression of factors that are involved in both redox regulation
and mitochondrial dynamics; an example is the peroxisome proliferator-activated recep-
tor gamma coactivator (PGC1α/β), which is redox-sensitive and associated with MFN2
regulation [63]. Another important role in the link among mitochondrial dynamics and
ROS is played by AMPK; once activated, it phosphorylates MFF and DRP1, necessary for
mitochondrial fission [62].

5. Mitochondrial ROS Involvement in Cancer

Interestingly, when an imbalance among the production and the scavenging of ROS
species occurs, impaired ROS homeostasis results in the onset and the progression of
various pathologies, including neurodegenerative diseases [64], diabetes [65,66], cardiovas-
cular diseases [67], and cancer [6,68]. More specifically, it is clear that mitochondrial ROS
can act in a dual mode during the progression of these pathologies; as oxidants, at elevated
concentrations, they influence cell survival and oxidative stress, ultimately leading to cell
death, whereas, at lower concentrations, they act as signaling molecules which mediate
redox signaling events beneficial for the progression of the disease [9,37].

In addition, cancer cells are characterized by increased ROS levels with respect to nor-
mal cells; this is due to their abnormal metabolism, which exploits normal cell machinery
in a constitutive way in order to maximize cellular growth and proliferation, to enhance
aerobic glycolysis (the so-called “Warburg effect”) [9], and to promote altered expression
of pro-tumorigenic networks (as for example, Kras and Myc overexpression [69,70]), as
well as the inhibition of tumor suppressors [71]. Moreover, the accumulation of mutations
in mitochondrial DNA (mtDNA), increased tumor-derived hypoxia, and mitochondrial
shape changes, along with alterations in the antioxidant system and in cellular signaling
pathways, all contribute to the increased ROS level in neoplastic cells [45].

High ROS levels have been demonstrated to be causative of a cascade of multiple
events in cancer—perpetuating the tumorigenic transformation—including DNA dam-
age [50], genetic instability, enhanced cell proliferation, cellular injury, cell death, and
resistance to drugs [34]. Moreover, ROS species work as signaling intermediates in several
pathways that are physiologically used by healthy cells in order to sustain both prolifera-
tion and cellular growth [71]. Crucial pathways that are activated by ROS accumulation are
the mitogen activated-protein kinase (MAPK)/extracellular-regulated kinase 1/2 (ERK1/2)
and phosphatidyl inositol 3 kinase (PI3K) signaling cascades that are mainly responsible
for cell proliferation, growth, and survival. Indeed, ROS have been found to be involved
in the inhibition of the phosphatase and tensin homolog (PTEN) via cysteine oxidation,
thereby promoting Akt activity and positively regulating the PI3K pathway, which, in turn,
results in higher proliferation rates [72].

Moreover, it was recently discovered that high concentrations of mitochondrial ROS
in cancer stem cells (CSCs) promote cancer metastasis, via fatty acid β-oxidation, involving
the activation of PI3K/AKT and ERK signaling, leading to epithelial-to-mesenchymal
transition (EMT) [73]. In addition, Wang et al. demonstrated that, in colorectal cancer,
elevated cholesterol levels increased ROS production, which, in turn, activated the MAPK
signaling pathway, stimulating tumor progression (Figure 2) [74].

Even STAT3, which is activated in a plethora of cancers and controls the expression of
multiple genes involved in tumor initiation, progression, and chemoresistance, has been
proven to be regulated by mitochondrial ROS production. Normally, STAT3, in its inactive
form, is present as a monomer in the cytoplasm, whereas, once activated by Janus activated
kinases (JAKs), proto-oncogene tyrosine-protein kinase Src (Src), and MAP kinases, on
its tyrosine-705 (Y705) and serine-727 (S727), it dimerizes, migrates into the nucleus, and
regulates the transcription of several proliferative and antiapoptotic genes such as cyclins,
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Bcl-2, Bcl-xl, and Survivin [75,76]. Moreover, a distinct pool of STAT3 resides in the
mitochondria and is responsible for the control of ETC, modulation of ROS production,
Ras transformation, cellular growth, and protection from ischemia/reperfusion injuries
through the regulation of the mitochondrial permeability transition pore (MPTP) [77]. Very
recently, Lee et al. elucidated a role in hepatoma cell invasiveness of ROS-induced STAT3
activation, which in turn promoted Nrf2 transcription and syntaxin 12 expression [78].

Figure 2. Mitochondrial reactive oxygen species (ROS) regulation of cellular signaling pathways. Many convergent signaling
pathways that contribute to autophagy, proliferation, metastasis, and apoptosis are deeply modulated by an increase in
mitochondrial ROS. In blue are depicted several drugs discussed in the text and reported in Table 1, which have been
demonstrated to target key mediators of the pathways involved in ROS signaling.

Dysregulated mitochondrial dynamics have been reported in various diseases includ-
ing cancer, and they can contribute to development, progression, and chemoresistance of
tumors. Recent studies demonstrated that higher levels of ROS induce a DRP1-mediated
mitochondrial fission in metastatic cancer and tumor-initiating cells, increasing migration
and chemoresistance [79]. As an example, hypoxia-induced ROS in ovarian cancer cells are
responsible for an increase in mitochondrial fission rate through the activation of DRP1
and downregulation of MFN1, leading to cisplatin resistance [80].

Generally, high levels of ROS production are counterbalanced by enhanced levels
of antioxidant and scavenging activity, carefully maintaining a redox balance in order
to avoid reaching a toxic amount of ROS which would lead to programmed cell death
by apoptosis or necrosis. The most important way in which tumor cells potentiate their
antioxidant system is through the activation of the nuclear factor erythroid 2-related factor
2 (Nrf2) [81]. Normally, this protein interacts with Kelch-like Enoyl CoA hydratase (ECH)-
associated protein 1 (KEAP1) and ubiquitine ligase cullin3 (CUL3) and is targeted for
proteasomal degradation. In elevated ROS condition, the oxidation of several cysteine
residues in KEAP1 releases Nrf2, which translocates into the nucleus, associates with the
MAF proteins, and binds to antioxidant-responsive elements (AREs) within the regulatory
regions of several antioxidant genes [71], including those encoding Glutathione (GSH)
S-transferase (GST), heme oxygenase 1 [53], and HIF1α (Figure 3) [82].
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Figure 3. Mitochondrial ROS regulation of cellular processes at a transcriptional level. Antioxidant response, angiogenesis,
proliferation, metastasis, and apoptosis are strictly regulated events by an increase in ROS production in the mitochondria
(mROS). Indeed, mitochondrial ROS increase promotes the translocation into the nucleus of important factors that possess
transcriptional activity, leading to the synthesis of genes related to these main events. In blue, several drugs that target
intermediates of different signaling cascades are shown, as reported in Table 1.

Along with cell proliferation, other ROS-dependent signaling pathways are important
for the adaptation of tumor cells to hypoxia-induced metabolic stress. Generally, in non-
hypoxic conditions, hypoxia-inducible factors (HIFs) form heterodimers made up of two
subunits: HIF1α and HIF1β. The oxygen-sensitive HIF1α is then hydroxylated by prolyl
hydroxylases (PHDs) and targeted to proteasomal degradation due to its ubiquitylation
by von Hippel–Lindau protein [83]. Instead, hypoxia stabilizes the HIFs, and the larger
production of ROS inhibits PHD2 [84], thereby stabilizing HIF1α that, in turn, translocates
into the nucleus, dimerizes with HIF1β, and regulates the expression of proangiogenic
genes, including vascular endothelial growth factor (VEGF) [54]. Eventually, ROS are also
able to directly enhance VEGF production at a transcriptional level. Finally, once bound
to its receptor VEGFR2, VEGF promotes the proangiogenic signaling cascade, leading to
activation of the ERK/MAPK pathway (Figure 3) [54,85].

An excessive level of ROS could give rise to apoptotic and autophagic responses,
through the interaction with fundamental signaling molecules. Indeed, either extrinsic
or intrinsic apoptosis has been demonstrated to be activated by mitochondrial ROS. For
instance, ROS oxidation of thioredoxin (Trx) mediates the separation of Thx from Apop-
tosis signal-regulating kinase 1 (ASK1), a mitogen activated protein (MAP) kinase kinase
kinase (MAPKKK) that upstream regulates c-Jun n-terminal kinase (JNK) pathways. ASK1
homo-oligomerization and activation by autophosphorylation phosphorylates JNK that,
in turn, phosphorylates Bim and Bmf proteins, further activating Bcl-2-associated death
promoter Bax and Bak, to initiate apoptosis. Moreover, JNK can increase p53 expression
inducing apoptosis [68]. Additionally, other signaling cascades have been demonstrated
to drive apoptosis through higher ROS levels, such as the mitogen-activated protein ki-
nases (MAPKs), the signal transducer and activator of transcription-3 (STAT3), and the
nuclear factor κB (NF-κB) signaling pathways. MAPK signaling includes extracellular-
signal-regulated kinase (ERK), JNK, and p38, which regulate not only proliferation but
also a variety of other cellular behaviors [86]. In fact, JNK (as previously reported) and
p38 are considered mediators of apoptosis and are activated through phosphorylation by
MAPK in response to several stress signals, including ROS. On the contrary, ERK, which is
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activated by growth factors, is considered pro-survival and oncogenic, and it antagonizes
apoptosis by phosphorylating proapoptotic Bax and antiapoptotic Bcl-2 proteins, inhibiting
and promoting their functions, respectively (Figure 2) [87]. Activated ROS production also
plays a role in JAK2/STAT3 signaling suppression and subsequent apoptosis induction; for
example, Cao et al. demonstrated that CYT997, a novel synthetic microtubule-disrupting
agent, through the upregulation of mitochondrial ROS, triggers protective autophagy and
inhibits the JAK2/STAT3 pathway, inducing gap 2 (G2)/mitosis (M) arrest and apoptosis
in gastric cancer cells [88].

Furthermore, the activity of NF-κB, which is part of a family of signal-responsive
transcription factors, has been shown to be modulated by ROS levels. In fact, in the classical
pathway, NF-κB can be maintained inactive within the cytoplasm through interactions and
binding to inhibitor of κB (i-κB) in normal cells, whereas it is constitutively activated in
cancer cells; the phosphorylation of i-κB protein results in it being targeted by protease,
releasing NF-κB that is translocated to the nucleus where it acts as transcription factor,
leading to the expression of genes related to apoptosis, cell cycle control, adhesion, and
migration [89]. All these processes are strictly related to tumor progression [90]. Chen
et al. recently discovered that deferoxamine (DFO), an iron chelator and anticancer drug,
was able to increase mitochondrial ROS and, in turn, elicit NF-κB and TGF-β pathways,
promoting migration of a TNBC cell line MDA-MB-231 (Figure 2) [91].

Lastly, a complex interconnection among ROS and autophagy is present in cancer
cells. Autophagy stands for the regulated self-degradative process in mammalian cells
where unnecessary or dysfunctional cytoplasmic organelles are degraded in the lysosomes.
This process has been demonstrated to be elicited by several anticancer drugs [92]. Au-
tophagy driven by mitochondrial ROS possesses a double role; the first is to decrease the
intracellular ROS level, mediating the mitophagy (degradation of damaged mitochon-
dria) that contributes to oxidative stress. Mitophagy is achieved through the NIX/ B-Cell
lymphoma 2 (BCL2) and adenovirus E1B 19kDa-interacting protein 3 like (BNIP3L) and
ubiquitin-protein ligase PARKIN/PTEN induced putative kinase 1 (PINK1) molecular path-
ways [93,94]. On the other hand, elevated ROS levels contribute to defective autophagy
in cancer cells, leading to autophagic cell death [95]. As an example, hydrogen peroxide,
through the activation of BNIP3, inhibits mammalian target of rapamycin (mTOR) activity
and induces autophagy in C6 glioma cells after sanguinarine treatment [96]. Moreover,
under starvation conditions, autophagy related 4 (ATG4) protease becomes a target of
mitochondrial produced hydrogen peroxide that oxidates its cysteine residue, mediating its
inactivation, and promoting the lipidation of LC-3, starting the autophagosome formation
process (Figure 2) [97] (for extended reviews on ROS control of autophagy, see [98,99]).

Table 1. Novel pharmaceutical treatments based on mitochondrial ROS exploitation which proved to be effective in cancer
management.

Pharmacological
Treatments

Cancer
Types

Cell Lines Mechanism of Action Reference

Resveratrol +
salinomycin

Breast
cancer MCF-7

↑ ROS impairs mitochondrial membrane potential;
decreased Bcl2 expression, activation of caspases 7,8,9,

chromatin condensation, PARP cleavage, apoptosis
[100]

Resveratrol +
salinomycin

Breast
cancer MCF-7 ↑ ROS activates MAPK pathway, phosphorylates JNK

and p38, leading to apoptosis [100]

Withaferin A (WA)
Colorectal

cancer HCT-116, RKO
↑ ROS reduces mitochondrial membrane potential,
decreasing Bcl-2/Bax ratio, activating caspase 3–9,
leading to apoptosis, and activating JNK pathway

[101]

Carnosic Acid (CA)
Colon
cancer HCT-116 ↑ ROS diminishes STAT3 phosphorylation, decreasing

STAT3 gene products [76]

Quinalizarin Breast
cancer MCF-7 ↑ ROS affects MAPK, STAT3, and NF-κB signaling

pathways, inducing cell-cycle arrest and apoptosis [102]
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Table 1. Cont.

Pharmacological
Treatments

Cancer
Types

Cell Lines Mechanism of Action Reference

Quinalizarin Lung cancer A549 ↑ ROS affects MAPK, STAT3, and NF-κB signaling
pathways, inducing cell-cycle arrest and apoptosis [103]

Cucurbitacin (CuD)
Pancreatic

cancer Capan-1 ↑ ROS induces G2/M cell-cycle arrest and mediates
p38/MAPK pathway, promoting cell death [104]

Imiquimod (IMQ) Skin cancer BCC/KMC-1,
B16F10 and A375

↑ ROS causes mitochondrial membrane potential loss,
mitochondrial fission, and mitophagy [105]

Isorhamnetin (IH) +
chloroquine (CQ)

Breast
cancer

MDA-MB-231,
MCF-7, BT549,

MCF-10A

ROS-mediated phosphorylation of CaMKII/Drp1
promotes Bax translocation and release of cytochrome

c, mitochondrial fission, caspase activation,
and apoptosis

[106]

Cetuximab +
oridonin

Laryngeal
cancer Hep-2, Tu212 ↑ ROS, through NF-κB, PI3K/Akt, and JAK2/STAT3,

induces apoptosis [107]

Valproic acid (VPA) +
Trichostatin A (TSA)

Pancreatic
cancer PANC1, PaCa44 ↑ ROS triggers autophagy [108]

Legend: ↑: increase; ROS: reactive oxygen species; Bcl-2: B-cell lymphoma 2; PARP: poly adenosine phosphate-ribose polymerase;
MAPK: mitogen activated protein kinase; JNK: c-Jun N-terminal kinase; Bcl-2/Bax; B-cell lymphoma 2/Bcl-2-associated X protein; STAT3:
signal transducer and activator of transcription; NF-κB: nuclear factor kappa-light-chain-enhancer of activated B cells; CaMKII/Drp1:
Ca2+/calmodulin-dependent protein kinase II/Dynamin-1-like protein; PI3K/Akt: Phosphatidylinositol 3 Kinase/Protein Kinase B; JAK2:
Janus kinase 2.

6. Hints for Anticancer Therapy: Exploitation of Mitochondrial ROS

As clearly stated in the previous paragraphs, tumor cells generate and maintain
high levels of ROS to preserve pro-tumorigenic signaling cascades, granting proliferation,
growth, and metabolic adaptation. However, their level must be tightly regulated by
the antioxidant system of the cell, in order to not exceed the toxic threshold ROS level,
preventing cell death due to oxidative stress. This duality represents the specific challenge
in the effort to find an effective ROS therapy in cancer.

Indeed, manipulating ROS in the context of cancer treatment is a promising approach
recently developed, either by decreasing or by increasing their levels in cancer cells. The
first approach relies on trying to decrease ROS levels while increasing antioxidant systems,
in order to diminish the pro-tumorigenic activity of ROS. The reduction in ROS levels
not only decreases cell survival and proliferation but also reduces DNA damage and
genetic instability, lowering the pro-tumorigenic signaling and the exacerbation of the
tumorigenicity. A great variety of studies aimed at investigating the effects of a range
of antioxidants on tumor growth and yielded different outcomes, from no effect to, in
some cases, increased cancer-related mortality [109]. On the other hand, metformin, a
pleiotropic drug that targets mitochondrial complex I with antineoplastic functions, seems
to suppress ROS production, decreasing ROS levels and inhibiting inflammatory signaling
and metastatic progression in breast cancer [110]; moreover, metformin decreased the
viability of Mia PaCa and PANC1 pancreatic ductal adenocarcinoma cell lines through the
reduction in intracellular ROS, increasing MnSOD and decreasing NOX2 and NOX4 [111].

The second approach consists of pushing the ROS concentration over the threshold of
toxicity, selectively killing tumor cells by disabling antioxidants and activating different cell
death processes such as apoptosis, necrosis, and autophagy-mediated cell death. Necrosis,
for example, is a programmed cell death characterized by organelle swelling and membrane
rupture. As apoptosis, it involves a controlled signaling cascade which requires the receptor-
interacting protein kinase 1 (RIP1)/ receptor-interacting protein kinase 3 (RIP3) complex,
whose formation was proven to be regulated by mitochondrial ROS [112]. A novel type
of cell death is ferroptosis, an iron-dependent programmed cell death occurring when
the intracellular levels of lipid reactive oxygen species exceed the activity of glutathione
peroxidase 4 (GPX4), leading to the collapse of redox homeostasis. Mitochondria are focal
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hubs for iron metabolism and homeostasis; moreover, the free and redox active iron pool
has been demonstrated to participate in the accumulation of mitochondrial ROS, which
can interact with polyunsaturated fatty acids, leading to lipid peroxidation, initiating
ferroptosis in cancer and healthy cells [113]. Lastly, pyroptosis could also be an option.
This mechanism is mediated by the gasdermin family, accompanied by inflammatory and
immune responses; in the last few years, it has been considered a potential cancer treatment
strategy [114]. One of the latest updates in ROS-exploiting cancer therapy, in fact, identifies
iron as an amplifier of ROS signaling to induce pyroptosis (a lytic programmed cell death
initiated by inflammasomes), via the Tom20/Bax/caspase-3-cleaved gasdermin E (GSDME)
pathway in melanoma cells [115].

Chemotherapy, the most common treatment in cancer, in the majority of cases, elevates
intracellular levels of ROS, in general pushing the cancer cell over a threshold to induce
cell death; this is one of the proposed mechanisms via which chemotherapeutics provoke
tumor regression. There are two causes for the increase in ROS level in the tumor cell:
mitochondrial ROS generation and inhibition of the antioxidant system [116]. Intracellular
ROS increase promotes a series of signaling cascades, including the activation of MAPK
and NF-κB pathways; moreover, DNA damage induced by ROS accumulation can promote
p53 accumulation, activating the p53/Bax pathway and resulting in apoptosis [117].

The combinatorial therapy against breast cancer using resveratrol (RESV)—a natural
polyphenol having antiproliferative activity against breast cancer cells—and salinomycin
(SAL)—a monocarboxylic polyether ionophore—in MCF7 cell lines has been observed
to elicit an apoptotic response through the enhancement of mitochondrial ROS, because
of mitochondrial impairment. In fact, after the combinatorial treatment, ROS increase
induced mitochondrial membrane potential disruption, decreasing the expression of Bcl-2.
This led to the activation of caspases 7,8,9, chromatin condensation, and Poly adenosine
diphosphate (ADP)-ribose polymerase (PARP) cleavage, inducing apoptosis. In addition,
ROS activated the MAPK pathway, which responds to cellular stress and metabolism
by phosphorylating JNK and p38 and leading to apoptosis [100]. In the same direction,
Xia et al. studied for the first time on colorectal cancer cells the effect on tumor cells
of Withaferin A (WA), an active steroidal lactone derived from Withania somnifera that
exhibits antitumor activity in several cancers, including breast cancer, lung cancer, and
pancreatic cancer, via ROS production. They validated the hypothesis that ROS production,
driven by mitochondrial dysfunction, inhibited cell growth and increased apoptosis; the
reduction in mitochondrial membrane potential started the traditional apoptotic cascade
(decrease on Bcl-2/Bax ratio, subsequent activation of caspase 3–9) and activated of the JNK
pathway [101]. Carnosic acid (CA), an antioxidant compound derived from Rosmarinus
officinalis, was able to induce apoptosis in HCT116 colon cancer cell line via ROS generation
and inactivation of STAT3 signaling. Specifically, treatment with CA, generating ROS,
diminished the phosphorylation of STAT3, JAK2, and Src kinases (it is likely that ROS
may cause oxidative modification of Cys residues on these proteins), decreasing also the
expression of STAT3 gene products, such as D-cyclins and survivin [76]. Quinalizarin, an
anthraquinone component isolated from Rubiaceae, has been demonstrated to link ROS
generation to MAPK, STAT3, and mitochondrial dynamics and inheritance during cell
division, as well as the development and disease NF-κB signaling pathways, leading the
MCF7 breast cancer cell line and A549 lung cancer cell line to cell-cycle arrest and caspase-
dependent apoptosis [102,103]. Cucurbitacin (CuD), a common phytochemical derived
from Trichosanthes kirilowii, was used in Capan-1 pancreatic cancer cell line, demonstrating
that the drug-induced ROS production induced G2/M cell-cycle arrest and mediated the
p38/MAPK pathway, promoting cell death (Figures 2 and 3) [104].

More studies, instead, are needed to understand the exact mechanism and correlation
among mitochondrial ROS production and mitochondrial dynamics in cancer, to utilize
these findings for therapeutic purposes, in order to overcome chemoresistance and/or to
improve patient prognosis [79]. Meanwhile, Chuang et al. very recently demonstrated
that imiquimod (IMQ), a Toll-like receptor (TLR) 7 ligand, induced severe ROS produc-
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tion that in turn caused mitochondrial membrane potential loss, mitochondrial fission,
and mitophagy in skin cancer cells [105]. Moreover, isorhamnetin (IH), a flavonoid that
is present in plants of the Polygonaceae family, in combination with chloroquine (CQ),
was able to induce apoptosis in triple-negative breast cancer cells, via an ROS-mediated
phosphorylation of CaMKII/Drp1, leading to Bax translocation and release of cytochrome
c, mitochondrial fission, caspase activation, and apoptosis [106].

In the last few years, the role of ROS in cancer therapy, especially the increase in ROS
levels elicited by targeted therapy, has received more and more attention; monoclonal
antibodies and small-molecule inhibitors, which specifically target tyrosine kinases, have
been demonstrated to show ROS-mediated anticancer effects, eliciting signaling cascades
that provoke apoptosis [68]. Moreover, other targeted therapies such as proteasome in-
hibitors, histone deacetylase (HDAC) inhibitors (HDACi), and STAT3 inhibitors have been
shown to sensitize tumor cells by increasing the level of ROS. Cetuximab, in combination
with oridonin, inducing ROS production, enhanced mitochondrial apoptosis through the
NF-κB, PI3K/Akt, and JAK2/STAT3 pathways in laryngeal squamous carcinoma cells [107].
Moreover, histone deacetylase inhibitors valproic acid (VPA) and trichostatin A (TSA) in
PANC1 and PaCa44 pancreatic cancer-derived cell lines triggered autophagy through ROS
production [108].

Photodynamic therapy (PDT) is a method for the treatment of tumors, based on a
photochemical reaction between a photosensitizer (PS) and molecular oxygen. These three
apparently harmless components, taken together, result in the formation of ROS [118].
When the PS, after intravenous, intraperitoneal, or topical administration, is exposed to
light with a precise wavelength, it changes from a ground (singlet) state to an excited
(triplet) state. The excited state can undergo two kinds of reactions; it can react directly
with substrates in the cells, such as the membrane or a molecule, transferring an electron or
a proton to form radical anion or cation species (type I reactions), whereby these radicals
react with oxygen to form oxidizing free radicals and singlet oxygen [119]. Alternatively,
excited PS can be restored to the ground state, which then releases energy inducing the
conversion of oxygen to the excited state singlet oxygen. Both species produced exert a
cytotoxic effect on the cell, as they both interact with lipids, proteins, and nucleic acids. The
irradiation of the tumor can selectively activate the photosensitive drug in situ, triggering a
photochemical reaction and tumor destruction, via three different mechanisms: (1) PDT can
kill the malignant cells directly, through ROS generation; (2) PDT can damage the tumor-
associated vasculature, leading to tumor infarction; (3) PDT can activate an inflammatory
and immune response against tumor cells [120]. Focusing on the first mechanism, PDT can
evoke apoptosis, necrosis, and autophagy-associated cell death pathways. As an example,
mitochondria-associated PSs leading to the photodamage of Bcl-2 is a permissive signal
for mitochondrial outer membrane permeabilization (MOMP), mediating the release of
caspase activators cytochrome c and Smac/DIABLO or proapoptotic molecules such as
apoptosis-inducing factor (AIF) [121]. Moreover, other nonapoptotic pathways could be
elicited, including the necrosis signaling cascade [122] and autophagy that can have both a
cryoprotective and a pro-death role, depending on the PDT doses [123,124]. However, it
has been demonstrated that cancer cells exploit their antioxidant activity to neutralize ROS
derived for PDT, as an increase in SODs and other antioxidant enzymes has been observed
following PDT [125]. Moreover, PDT induces the expression of proteins that are related to
signaling pathways such as apoptosis [126] or are responsible for cell survival mechanisms,
in order to cope with the oxidative stress and damage. Transcription factors such as Nrf2,
activator protein 1 (AP-1), HIF1, and NF-κB are among the factors that are expressed, in
addition to those that mediate the proteotoxic stress response [127,128]. New combinatorial
approaches to increase the efficacy of the therapy are now being studied, while also
integrating chemotherapeutic drugs and PSs into nanocarriers [129,130]. Developed on the
basis of PDT, sonodynamic therapy (SDT) is a novel noninvasive approach for use against
solid tumors, with low-intensity ultrasound and sonosensitizers [131,132], inducing an
excess of ROS, thereby promoting cell death pathways via downregulation of Bcl-2 family
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proteins [133]. Lastly, new ways to improve traditional PDT are being developed; since
PDT has limited killing capacity due to hypoxia in the tumor niche, strategies are taken into
consideration not only to increase the ROS killing effect, but also to inhibit ROS defense
systems (Figures 2 and 3) [134].

7. Conclusions and Future Perspectives

In this review, we discussed the currently known intracellular pathways mediated
either by mitochondrial structure rearrangements or by mitochondrial ROS production and
release. In particular, we demonstrated how finely tuned the regulation of mitochondrial
shaping is, reporting the presence of a two-way modulation of mitochondrial dynamics by
several pathways and the existence of a vice versa axis [23,27–30]. Interestingly, these two
players can also establish more intricated positive feedback loops or vicious cycles, directly
responsible for the maintenance of physiological states or contributing to pathological
conditions. For instance, we reported that mitochondria can restore their own biogenesis
in normal tissues through an upregulation of canonical Wnt via the Pgam5/β-catenin
interaction, which stimulates mitophagy and organelle remodeling [27], while a mitochon-
dria/Notch cascade alters mitochondrial fusion and fission rates, ultimately supporting
tumor proliferation [29].

Moreover, we addressed the possibility of exploring the functional role of “contac-
tology” in cell signaling modulation, especially to unravel possible links with disease
formation and development. Nevertheless, we believe that mitochondrial biology is now
evolving into “organellar biology”, via which several different organelles work together to
regulate important intracellular pathways. In this regard, further studies may be helpful
to more deeply investigate the role of ER/mitochondria in cell signaling modulation, but
further experiments will be necessary to address this issue.

The existence of a direct link between mitochondrial ROS and cell signaling was
also reported in this review, resulting in the modulation of important cellular functions
such as proliferation, autophagy, and apoptosis, also acting on a transcriptional level,
as summarized in Figures 2 and 3. This leads to the possibility of taking advantage of
mitochondrial ROS production for anticancer treatment in multiple ways, by both lowering
and enhancing mitochondrial ROS levels inside the cells, resulting in the promotion of
cell death via, for instance, DNA damage or mitochondrial impairment, which ultimately
provokes the block of tumor progression [68]. To support the idea of the efficacy of this
strategy, we collected the novel findings on mitochondrial ROS-targeting drugs (Table 1)
which proved to be useful in in vitro studies and could be possibly employed for future
clinical trials. The presence of innovative approaches, such as the introduction of photo-
dynamics [118–121] and sonodynamics [131–133], to specifically activate mitochondrial
ROS targeting pharmaceuticals to treat cancer supports the relevance of the exploitation of
this molecular species, underlining the importance of dissecting cell signaling cascades in
which they are involved.

In conclusion, it is clear that mitochondrial physiology has a fundamental role in
tuning intracellular functions, leading to the possibility to target these organelles to treat
several human diseases. Further work will be necessary to improve drug selectivity to
preferentially hit pathological cells while sparing healthy ones.
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Abstract: Human diseases range from gene-associated to gene-non-associated disorders, including
age-related diseases, neurodegenerative, neuromuscular, cardiovascular, diabetic diseases, neurocog-
nitive disorders and cancer. Mitochondria participate to the cascades of pathogenic events leading
to the onset and progression of these diseases independently of their association to mutations of
genes encoding mitochondrial protein. Under physiological conditions, the mitochondrial ATP
synthase provides the most energy of the cell via the oxidative phosphorylation. Alterations of
oxidative phosphorylation mainly affect the tissues characterized by a high-energy metabolism, such
as nervous, cardiac and skeletal muscle tissues. In this review, we focus on human diseases caused
by altered expressions of ATP synthase genes of both mitochondrial and nuclear origin. Moreover,
we describe the contribution of ATP synthase to the pathophysiological mechanisms of other human
diseases such as cardiovascular, neurodegenerative diseases or neurocognitive disorders.

Keywords: ATP synthase; human disease; mitochondria

1. Introduction

Mitochondria support aerobic respiration and produce the majority of cellular ATP
by oxidative phosphorylation (OXPHOS) [1]. Electrons derived from the oxidation of
fatty acids, carbohydrates and amino acids are shuttled to oxygen along the respiratory
chain complexes (I–IV) embedded in the inner mitochondrial membrane (IMM), producing
water and releasing the energy necessary to pump protons from the mitochondrial ma-
trix to the intermembrane space (IMS). This results in the formation of a transmembrane
electrochemical gradient across the IMM, which enables the ATP synthase to produce
ATP from ADP and inorganic phosphate [2]. A reverse catalytic process can occur under
anoxia, a condition in which ATP synthase couples ATP hydrolysis to the generation
of a transmembrane potential [3,4]. The mitochondrial OXPHOS is the only metabolic
pathway that is under dual genetic control. It is therefore possible to distinguish genetic
defects caused by (i) alterations in mitochondrial DNA (mtDNA), ∼15%, e.g., Neuropathy,
Ataxia, Retinitis Pigmentosa (NARP), Maternally Inherited Leigh’s Syndrome (MILS) and
Leber’s Hereditary Optic Neuropathy (LHON) [5] and (ii) nuclear DNA (nDNA) mutations,
which are inherited as Mendelian disorders. A recent review provided an update on the
contribution of nuclear genes that impair mitochondrial respiration in patients and have
been characterized in yeast [6]. More than 150 distinct genetic mitochondrial dysfunction
syndromes characterized by a diminished OXPHOS capacity have been described [5,7–11].
Typical clinical traits include visual/hearing defects, encephalopathies, cardiomyopathies,
myopathies, diabetes, liver and renal dysfunctions [12–14]. In other cases, mitochondria
participate to the cascades of pathogenic events leading to the onset of several diseases,
but they are not linked to their genetic origins. Mitochondria are damaged during the
reperfusion of ischemic heart, age-related diseases and all the major neurodegenerative
diseases—-Parkinson’s (PD), Alzheimer’s (AD) and motor neuron diseases such as Amy-
otrophic Lateral Sclerosis (ALS).
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In this scenario, ATP synthase has been shown to participate to the pathogenesis of
different human diseases. The mitochondrial enzyme occupies the IMM of the organelle
and forms dimers. Each monomeric unit (Figure 1), as shown in the latest dimeric mam-
malian enzyme by electron cryo-microscopy [15], is an assembly of 28 polypeptide chains
of 17 different subunits organized into a catalytic globular domain, which is attached to an
intrinsic membrane domain by a central stalk and a peripheral stalk [16]. This membrane-
bound enzyme is a rotary machine. The membrane-bound rotor consists of eight identical
c subunits (c- ring) in close association with a single a (or ATP6) subunit and is attached
to the asymmetrical central stalk (subunits γ, δ and e) [17,18], which extends from the
membrane domain and penetrates into the extrinsic globular catalytic domain along its
central axis. As the central stalk rotates, it causes structural changes in the three catalytic
sites, found mainly in each of the three β subunits, which alternate with three α subunits
in the spherical extrinsic domain [16,19]. These structural changes lead to the enzyme’s
catalytic activity. The peripheral stalk, composed of the subunits oligomycin sensitivity
conferral protein (OSCP), b, d, F6 and the membrane extrinsic region of A6L (or ATP8),
links the external surface of the catalytic domain (F1) to the a subunit in the membrane
domain (Fo) [20,21]. The subunits e, f, g, A6L and 6.8 proteolipid also contribute to the
membrane domain of the peripheral stalk [22–24], and in the dimeric complex, some of
them are involved in forming the interface between monomers [24]. Another subunit,
previously known as diabetes-associated protein in insulin sensitive-tissues (DAPIT) [23],
may be involved in the formation of links between dimer units in the rows of dimers [25].
In this review, we mainly focus on mutations in mitochondrial and nuclear genes encod-
ing ATP synthase subunits and factors important for their association to human diseases.
Moreover, we describe the contribution of this enzyme to the pathogenic mechanisms of
cardiovascular, neurodegenerative diseases and neurodevelopmental disorders. Due to
space constraints, the modulation and regulation of the ATP synthase in cancer has not
been addressed in this review; however, for details, see [26,27].

––Parkinson’s (PD), Alzheimer’s (AD) and motor n

attached to the asymmetrical central stalk (subunits γ, δ and e) 

lytic sites, found mainly in each of the three β subunits, which alternate with three α sub-

zyme’s catalytic activity. The pe

–

Figure 1. Subunit composition of the bovine ATP synthase monomer is mapped according to [15],
(Protein Data Bank (PDB): 6ZQM). In the upper part, the subunits α(3) and β(3) of the catalytic
domain are red and yellow, respectively; the three central stalk subunits γ, δ and ε, are blue, indigo
and green. In the lower part, the membrane domain is composed of the c8-ring and the a subunit
(dark grey and light blue); the supernumerary subunits e, f, g, A6L, 6.8PL and DAPIT are khaki, straw
yellow, forest green, brick red, lime green and dark pink. On the right of the model, the peripheral
stalk subunits OSCP, b, d and F6 are teal, light pink, orange and magenta.
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2. Gene Mutations of ATP Synthase and Its Assembly Factors in Human Disease

Disorders caused by ATP synthase deficiencies can be classified depending on the
mitochondrial or nuclear genetic origin (Table 1). These diseases are often severe encephalo-
or cardiomyopathies and manifest shortly after birth. Interestingly, they are less frequent
than other OXPHOS-related diseases [28].

Table 1. Human pathogenic mutations occurring in ATP synthase subunits and assembly factors. The mutant subunits,
or the mutant assembly factors of the ATP synthase found in human diseases are listed. Their specific nucleotide and
amino acid substitutions and the related consequences on ATP synthase activity, assembly or mitochondrial morphology
are summarized (nd, not defined).

ATP Synthase Subunit
or Assembly Factor

mtDNA or nDNA
Mutation

Protein
Mutation

ATP Synthase References

Activity Assembly
Mitochondrial

morphology

ATP6
(a subunit)

m.8993T>G p.Leu156Arg decreased normal nd [29–33]
m.8993T>C p.Leu156Pro decreased nd nd [29–31]
m.9176T>G p.Leu217Arg decreased impaired altered cristae [28,34]
m.9176T>C p.Leu217Pro decreased impaired altered cristae [28,35]
m.9035T>C p.Leu170Pro decreased nd nd [36]
m.9185T>C p.Leu220Pro decreased nd nd [37–39]

m.9191T>C p.Leu222Pro decreased impaired (in the
yeast model) nd [37,39]

m.8969G>A p.Ser148Asn decreased nd nd [40–42]

m.8611_8612 insC p.Leu29Profs*36 decreased impaired
distorted mitochondria,

aberrant cristae
formation

[43]

ATP6 (a subunit)
and ATP8

(A6L subunit)

m.8528T>C
a p.Met1Thr +

A6L
p.Trp55Arg

decreased impaired nd [44,45]

m.8529G>A a p.Met1Ile +
A6L p.Trp55 * decreased impaired nd [46]

m.8561C>G
a p.Pro12Arg

+ A6L
p.Pro66Ala

decreased impaired nd [47]

m.8561C>T
a p.Pro12Leu

+ A6L
p.Pro66Ser

decreased impaired nd [48]

ATP5F1E
(ε subunit)

c.35A>G p.Tyr12Cys decreased impaired nd [49]

ATP5F1A
(α subunit)

c.985C>T p.Arg329Cys decreased impaired nd [50]
c.962A>G p.Tyr321Cys decreased nd nd [51]

ATP5F1D
(δ subunit)

c.245C>T p.Pro82Leu decreased impaired decreased number of
cristae [52]

c.317T>G p.Val106Gly decreased impaired nd [52]
ATP5MK

(DAPIT subunit)
c.87+1G>C / decreased impaired altered cristae shape [53]

ATPAF2 c.280T>A p.Trp94Arg decreased Impaired normal [54,55]

TMEM70 c.317–2A>G / decreased impaired

different alterations
including swollen, giant
or small mitochondria;
or irregularly shaped
mitochondria (with

concentric, fragmented
or aggregated cristae)

[56–59]

Note. (*) indicates a STOP codon.

2.1. Mitochondrial Gene Mutations of ATP Synthase

The better characterized ATP synthase diseases are caused by mutations in the mtDNA
ATP6 and ATP8 genes [28], encoding for the human a and A6L subunits, respectively.
The open reading frame of these two subunits overlap for 46 nucleotides; thus, changes
occurring in this region can affect the expression of both subunits [44–48]. The majority
mutations that cause defects of ATP synthase involve the ATP6 gene. We focused our
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attention here on ATP synthase mutations, at the level of the ATP6 gene, leading to
altered enzyme functions that have been characterized, while we refer to other detailed
reviews [11,28,60,61] and www.mitomap.org (accessed on 7 April 2021) for updated lists
for the other ATP6 mutations.

The most common of these mutations are the m.8993T>G/C (p.Leu156Arg/Pro)
and the m.9176T>G/C (p.Leu217Arg/Pro) substitutions, which cause different clinical
phenotypes varying from NARP to MILS, depending on mtDNA heteroplasmy [28]. These
four mutations compromise mitochondrial ATP production with different degrees of
severity and have also been modeled in yeast, in order to better clarify their role in the
ATP synthase activity and assembly [34,35,62,63]. Not surprisingly, mutations in the yeast
mitochondrial ATP6 gene impair the ATP synthase function, since the a subunit is involved
in the formation of the proton channel at the interface with the c-ring, which is formed in
the Fo sector of the enzyme and is fundamental for the catalytic activity [15,64]. Another
common mutation is the m.9035T>C, reported in studies of large patient cohorts [36,65,66].
Although a high level of heteroplasmy in patients has been shown to be required to develop
a phenotype [36,66], the m.9035T>C mutation causes lower ATP levels, decreased ATP
hydrolysis and increased reactive oxygen species (ROS) in patient tissues [42].

As clearly reported, the mtDNA 8993T>G mutation is associated with a more severe
NARP/MILS clinical phenotype than the 8993T>C mutation [28]. Biochemical studies
aimed at elucidating the pathogenic mechanisms of the two mutations showed that, in
NARP/MILS patient cells harboring a high mutant load (>80%), the ATP synthase activity
was drastically reduced (about 70%) and only slightly affected (about 20%) compared to
the controls, when the mutations were the 8993T>G and 8993T>C, respectively [29–31].
Although, both mutations lead to cellular energy deficiency and increased ROS levels,
the latter was reported as a major contributor to the pathogenesis of the NARP/MILS
associated to the 8993T>C mutation [30]. In addition, a high percentage of 8993T>G
mutation did not significantly affect either the ATP hydrolytic activity or the ATP-driven
proton transport in mitochondria of patient cells, excluding that the mutation affects
the assembly of the ATP synthase complex [32,33]. However, biochemical analyses in
NARP/MILS lymphocytes revealed that the Leu156Arg mutant a subunit slightly affected
the proton translocation through the enzyme, suggesting that the coupling between proton
translocation through Fo and ATP synthesis on F1 was altered in the mutant ATP synthase
complex [29]. These studies also suggested a close relationship of biochemical defect and
tissue heteroplasmy. In addition, the clinical phenotype associated to mutations at both
8993 and 9176 nucleotides was found to be worsened by defects in respiratory complex
function and assembly [67]. These findings elucidate plausible factors that might contribute
to the difference in severity of the clinical phenotype associated with MILS and NARP,
which the alteration in ATP synthase alone was unable to explain. The rescue of the energy
deficiency that characterizes the cells of NARP and MILS patients has been positively
targeted by both genetic and biochemical approaches providing different tools for the
development of therapeutic strategies for patient treatment [68–70].

The m.9185T>C or m.9191T>C mutations of ATP6 are variants of the early described
NARP-MILS clinical spectrum. In both cases, leucine is changed into proline, at position 220
or 222 in humans, respectively, near the C-terminus of the protein. The first mutation was
reported in many patients with a mild clinical phenotype [37,38] and was associated with
decreased Mg2+-ATPase activity in isolated muscle mitochondria but normal respiratory
chain enzyme activity [37,38]. The second mutation was instead discovered in a two-year-
old patient who died presenting a severe clinical phenotype. This second mutation caused a
severe reduction in Mg2+-ATPase activity accompanied by a decrease in the mitochondrial
respiration rate, indicating a possible reduction also in ATP synthesis [53].

The Saccharomyces cerevisiae yeast equivalent of the m.9185T>C mutation (p.Ser250Pro,
corresponding to human p.Leu220Pro) partially impaired the yeast ATP synthase activity
with a 30% decrease in mitochondrial ATP production without any evidence of a proton
leak [39]. The equivalent of the human m.9191T>C mutation (p.Leu252Pro in S. cerevisiae)
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instead caused a more severe dysfunction in terms of a >95% decrease in the ATP synthesis
rate accompanied by a defective ATP synthase assembly. Subcomplexes of the ATP synthase
and free F1 were detected by BN-PAGE analysis, suggesting that the mutant a subunit was
not stably incorporated in the enzyme complex and, therefore, degraded. Since the proline
amino acid is indeed a well-known α-helix breaker residue, a possible explanation of the
described impaired ATP synthase assembly might reside in the fact that this mutation
prevents the correctly folded structure of the a subunit and alters its proper interaction
with the c-ring [39].

Another less frequent mutation is the ATP6 m.8969G>A transition, which leads to the
replacement of a highly conserved serine residue at position 148 of the human sequence
with asparagine. This mutation was found in a six-year old male with Mitochondrial
Myopathy, Lactic Acidosis and Sideroblastic Anemia (MLASA) [40], and in a 14-year old
female with a severe nephropathy, carrying a high mutation level (>89%) in the kidney [57].
Biochemical investigations of mutant yeast and human cells revealed a decreased basal and
oligomycin-sensitive respiration [40,41], indicating that the substitution of this serine into
an asparagine severely compromised the ATP synthase activity, with a block of the proton
transfer through the Fo [41]. Later on, it was shown that these detrimental consequences
are caused by the amino acid substitution for asparagine. According to the authors, the
asparagine (Asn175 in yeast), which replaces the serine of the normal sequence, binds
(with the hydrogen bond) and neutralizes the nearby glutamate (Glu172 in yeast), which is
critical for the proton flux in yeast ATP synthase [42].

A novel frameshift mutation (m.8611_8612insC) in the ATP6 gene was discovered in
2017 in a patient with ataxia and encephalopathy symptoms [43]. A biochemical analysis
revealed impaired assembly and accumulation of subcomplexes of ATP synthase, decrease
in the enzyme activity and altered mitochondrial ultrastructure with aberrant cristae
formation. All these features were attributed to an aberrant a subunit translation, with the
consequent formation of a truncated form [43].

Mutations in the ATP8 gene are less common. The mutations that cause ATP synthase
deficiency are those occurring in the overlapping region of the ATP6 and ATP8 genes, thus
interfering with the synthesis of both subunits. Two different nucleotide substitutions,
m.8528T>C and m.8529G>A, both affecting the first amino acid residue in the human a
subunit, and the amino acid residue in position 55 of the human A6L subunit (m.8528T>C
(a subunit p.Met1Thr and A6L subunit p.Trp55Arg), m.8529G>A (a subunit p.Met1Ile
and A6L subunit p.Trp55*)), were identified in patients suffering from severe cardiomy-
opathies [44–46]. The other two mutations, occurring in the overlapping region in the
nucleotide m.8561 caused amino acid residue changes in position 12 and 66 of the human
a and A6L subunits, respectively (m.8561C>G (a subunit p.Pro12Arg and A6L subunit
p.Pro66Ala) and m.8561C>T (a subunit p.Pro12Arg and A6L subunit p.Pro66Ser)). These
mutations were detected in individuals who had also early-onset ataxia and severe neuro-
logical signs [47,48]. In all these reported cases, the ATP synthase deficiency was due to an
altered enzyme assembly that causes a consequent increase in the F1 subcomplex [46–48]
and a decrease in ATP production [44–48].

2.2. Nuclear Gene Mutations of ATP Synthase and Its Assembly Factors

Mutations in the nDNA genes encoding for ATP synthase subunits are very rare. Only
a few different cases have been discovered over the years. The first mutation was reported
in the ATP5F1E gene, which encodes ε subunit in the central stalk of the enzyme [49]. More
recently, different mutations were found in the ATP5F1A (α subunit) [50,51], in the ATP5F1D
(δ subunit) [63] or in the ATP5MK (DAPIT subunit) [64] genes. These nDNA mutations cause
a similar and marked decrease in the content of fully assembled ATP synthase complexes,
with a consequent decrease in their activity [49–52] and are detailed below.

The first case, the mutation causing Tyr12Cys amino acid residue substitution in
the ε subunit, was described in a 22-year old woman presenting a neonatal-onset lactic
acidosis, 3-methylglutaconic aciduria, mild mental retardation and developed peripheral
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neuropathy [49]. An analysis on patient fibroblasts with the homozygous missense muta-
tion c.35A>G showed a decrease in the mitochondrial ATP synthase activity (both in ATP
synthesis and hydrolysis) and assembly, caused by a reduction in the enzyme subunit level.
Unlike the expression of the other subunits, the c subunit was found to accumulate and
aggregate in a detergent-insoluble form, an accumulation that was also described in other
disorders, such as Batten disease and fragile X syndrome, which will be discussed below.
Overall, these findings suggest that the ε subunit is important for proper biosynthesis
and assembly of the ATP synthase and for the proper incorporation of the c subunit into
the rotor structure [49]. In line with these results, the downregulation of the ε subunit
in HEK293 cells [71] or in yeast [72], caused a decrease in mitochondrial content and the
activity of ATP synthase, with an effect on c subunit accumulation in HEK293 cells depleted
of the ε subunit [71].

One of the other mutations (c.985C>T) of the nuclear ATP5F1A gene encoding the α
subunit mentioned above was found in two different siblings who died in the first weeks
of life [50]. The severity of this phenotype depends on the fact that the wild-type allele of
the mother was not expressed in the siblings. Patient fibroblasts showed a reduction in the
oxygen consumption rate, possibly caused by impairment of ATP synthase assembly and
function. These cells displayed, in line with a decreased enzyme assembly, a decreased
content of the subunits α, β, OSCP or d, which are important for the enzyme catalysis [50].
The authors showed that the expression of the wild-type gene encoding the α subunit
in patient fibroblasts rescued the ATP synthase complex content and activity [50]. The
possible explanation of the functional effects of the described mutation proposed by the
authors implies that the substitution of arginine 329 for cysteine abolishes the three α-β
interactions in the catalytic core of the enzyme, with the consequent loss of stability of the
entire ATP synthase complex [50]. Another case is the homozygous c.962A>G mutation in
the ATP5F1A gene that was described in two sisters born from consanguineous first-cousin
parents. They both died early after birth with microcephaly, pulmonary hypertension and
heart failure [51]. Patient muscle tissue showed OXPHOS deficiency and mtDNA depletion.
Additionally, in this case, the p.Tyr321Cys mutation involved a highly conserved residue.
The expression of the analogous yeast variant (ATP1: p.Tyr315Cys) in an ATP1 knockout
strain reflected the same severe phenotype with mtDNA loss, decrease of mitochondrial
membrane potential and petite phenotype [51]

Other examples of nuclear mutations known to cause a mitochondrial dysfunction
involved the δ subunit and its ATP5F1D gene. Two different homozygous mutations,
c.245C>T (p.Pro82Leu) and c.317T>G (p.Val106Gly), were found in two unrelated indi-
viduals with a metabolic disorder [52]. Cultured skin fibroblasts from these individuals
showed an impaired ATP synthase assembly, as revealed through BN-PAGE, and decreased
enzyme activity. Moreover, in both subjects, the amount of the δ subunit was unchanged
but not that of other subunits like α, β or OSCP, which were decreased in abundance.
Through in silico modeling, the authors found that each of the amino acid substitutions
induces changes in the predicted structure of the protein. According to these data, they
hypothesized that these changes can alter the ability of the δ subunit to bind and interact
with the F1 subunits and thus affect the proper assembly of the enzyme. The pathogenic-
ity of the two ATP5F1D variants was corroborated by studies performed in Drosophila.
Indeed, both the mutated proteins were unable to complement the phenotypic defects
caused by the δ subunit depletion in Drosophila, whereas the human wild-type subunit
did [52]. Interestingly, and in line with the effect on the enzyme assembly, fibroblasts from
the patient with a c.245C>T mutation showed significant decrease in mitochondrial cristae
content [63], a fact consistent with the role of ATP synthase dimers in maintaining normal
mitochondrial cristae morphology [73,74].

Recently, a novel homozygous splice-site mutation (c.87+1G>C) in the ATP synthase
ATP5MK gene (encoding the DAPIT subunit) was described in three unrelated Ashkenazi
Jewish families. The mutation negatively affects enzyme dimerization and ATP synthesis
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rate. Rescue with wild-type ATP5MK cDNA in patient fibroblasts restored the DAPIT
protein levels, and enhanced ATP synthase dimers and their activity [53].

The biosynthesis of the eukaryotic ATP synthase is a highly organized process that
requires the action of specific assembly factors [56,75–79]. It was shown that mutations
in some of these “chaperone” proteins, named ATPA12 and transmembrane protein 70
(TMEM70), can be responsible for secondary ATP synthase deficiencies [80], leading to
altered assembly and compromised activity of the enzyme.

The ATP12 protein is known to interact with the unassembled α subunit and is essential
for its incorporation into the ATP synthase complex [78]. In a genetic study, De Meirleir et al.
discovered a homozygous T>A missense mutation in exon 3 of the ATPAF2 gene in a
girl [54]. This mutation caused the amino acid substitution of a conserved tryptophan to
an arginine at position 94 (p.Trp94Arg), which decreased the solubility of the protein with
a tendency to aggregate [55]. The consequence is a severe decrease in the ATP synthase
complex assembly and activity [54], even if no alteration in the mitochondrial morphology
was observed in the fibroblasts derived from the patient carrying this mutation [55].

The other important regulatory protein in ATP synthase assembly is TMEM70, lo-
calized in the inner mitochondrial membrane [77]. Different mutations have been found
over the years for TMEM70, with a broad spectrum of phenotypes and severity. The most
common features of the syndrome caused by TMEM70 mutations are a severe neonatal
lactic acidosis, 3-methlyglutaconinc aciduria, cardiomyopathy, facial dysmorphism and
mental retardation [7,81]. Early evidence for the role of TMEM70 in the enzyme assembly
came in 2008 [56] and was later confirmed when it was shown that TMEM70 promotes
the ATP synthase assembly by interacting with subunit c. This interaction facilitates the
incorporation of the c subunit into the rotor structure of the enzyme within the inner
mitochondrial membrane [76,77]. The c.317–2A>G mutation, which was firstly reported at
the end of the second intron of the TMEM70 gene, resulted in aberrant splicing and the loss
of the transcript. As a consequence, low ATP synthase activity and assembly were observed.
Fibroblast carrying this mutation were complemented with the wild-type TMEM70, which
rescued structural and functional changes of ATP synthase, suggesting, for the first time,
the importance of TMEM70 in the enzyme assembly [56]. All patients affected by this
common mutation that were later diagnosed and exhibited ATP synthase deficiencies
similar to the aforementioned case [57–59]. Other, less-common mutations on the TMEM70
gene were found in many patients from different ethnic groups, with various phenotypes
ranging from the absence of TMEM70 protein due to the premature stop codon, to the
synthesis of an incomplete truncated form of the factor, lacking functional or structural
domains [7,58,81–84]. As expected, a mitochondrial defect characterized by a decrease
in ATP synthase assembly and activity was described in these patients [58,83,84]. Mito-
chondrial ultrastructural analysis in some TMEM70 mutant samples showed a fragmented
mitochondrial network and impaired mitochondrial morphology, swollen mitochondria
or altered and concentric cristae [57–59,84] in line with the role of properly assembled
ATP synthase in cristae shaping [73,74]. However, it has been shown that the disrupted
mitochondrial cristae architecture in some patients also impairs the activity and localization
of other OXPHOS complexes, increasing the severity of the disease [57,58,84]. Importantly,
the mitochondrial effects caused by TMEM70 mutations could be completely restored by
complementation with the wild-type gene [84].

3. ATP Synthase Dysfunctions in other Human Diseases

The ATP synthase dysfunctions involved in the pathogenic events, leading to cardio-
vascular, neurodegenerative and neurocognitive diseases are described below and shown
in Figure 2.
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Figure 2. Schematic representation of the ATP synthase modifications involved in the progression of
human diseases. Cardiovascular, Alzheimer’s, Amyotrophic Lateral Sclerosis (ALS), fragile X, Batten
and Parkinson’s diseases are shown with different colors in the external perimeter. Changes in ATP
synthase catalytic activity, assembly, subunit levels or subunit post-translational modifications and
their consequence on mitochondrial morphology are listed inside the circle in correspondence of
each related disease.

3.1. Cardiovascular Disease and Cardio-Protection

Myocardial cell death due to ischemia–reperfusion is a major cause of morbidity
and mortality in western nations. Rouslin has first demonstrated downregulation of the
mitochondrial ATP synthase activity in ischemic heart tissue from different animals [85,86].
Under ischemic condition, the ATP synthase works in reverse hydrolyzing ATP. Thus, inhi-
bition of the ATP synthase hydrolytic activity under these conditions conserves cellular ATP
levels. The membrane potential prevents uncontrolled influx of ATP into the mitochondrial
matrix via the electrogenic ATP/ADP translocator, thus limiting ATP hydrolysis. Further-
more, it is stated that during ischemia, the mitochondrial ATPase inhibitor protein (IF1)
binds to and inhibits the mitochondrial ATPase, thereby conserving ATP [85,87–89]. IF1
can also contribute to the myocardial ischemic preconditioning, reducing the mitochondria
damage during early reperfusion [90]. Cyclophilin D (CyPD), the permeability transition
pore modulator, which also inhibits the ATPase catalytic activity [91], may contribute in
preventing ATP dissipation as an additional mechanism of ATP synthase modulation.

The reintroduction of oxygen during reperfusion allows the generation of ATP, but
the damage to the electron transport chain results in increased mitochondrial generation of
ROS. The catalytic activity of ATP synthase has been shown to be regulated in the presence
of ROS in several cardiovascular studies, a fact which might be caused by oxidation of
specific enzyme residues [92]. Mitochondrial Ca2+ overload and increased ROS can result
in opening of the mitochondrial permeability transition pore, which further compromises
cellular energetics and induces cell death. Apart from permeability transition-directed
therapies [93], the cardioprotective strategy of ischemic preconditioning (PC), first de-
scribed in 1986, provided an indication of the magnitude of the possible cardioprotective
effect [94]. The rate of ATP consumption during ischemia is slower in PC hearts [95,96].
The full mechanism by which PC reduces ATP break down during ischemia remains still
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unknown. Interestingly, cardiac-specific overexpression of the antiapoptotic protein Bcl-2,
overexpression of the cardioprotective PKC-ε and adenosine pretreatment have all been
shown to slow the rate of ATP breakdown during ischemia [97–99]. Di Lisa et al. used the
fluorescent membrane potential-sensitive dye JC1 to measure mitochondrial ∆ψ in anoxic
rat cardiomyocytes and showed a biphasic decline in ∆ψ [100]. These authors showed that
glycolytically generated ATP was used to maintain ∆ψ, since ∆ψ was shown to decline
more rapidly during ischemia in the presence of oligomycin, an ATP synthase inhibitor.
Leyssens et al. obtained similar results using JC1 to measure ∆ψ in rat cardiomyocytes
metabolically inhibited with cyanide and 2-deoxyglucose [101]. These data support the con-
clusion that ATP synthase is a major consumer of ATP during ischemia and/or metabolic
inhibition, and they further demonstrated that the consumption of glycolytic ATP is used
to maintain ∆ψ [87].

It was proposed that PC promoted earlier binding of the IF1 to ATP synthase. How-
ever, studies by two different groups using submitochondrial particles found no evidence
supporting inhibition of the ATPase in PC hearts [102,103]. Other groups, on the other hand,
have reported that PC and diazoxide enhance the IF1 binding to ATP synthase [104–106]. A
previous study has also reported that pharmacological PC with adenosine results in increased
phosphorylation of the β subunit of the ATP synthase [107], although the functional effects of
phosphorylation on the ATPase activity were not addressed. Subsequent studies aimed at
generating different yeast mutants to better define the role of the β subunit phosphorylation,
demonstrated its impact on enzyme assembly/stability and catalytic activity [108].

Additionally, changes in the amount of ATP synthase subunits have been shown in
other cardiac patients. During an inflammatory cardiomyopathy occurring in patients
affected by chronic Chagas disease, the most characteristic histopathological lesions are con-
sistent with inflammation and a myocardial remodeling process such as T-cell/macrophage-
rich myocarditis, hypertrophy and fibrosis [109]. Protein analysis showed a 20% decrease
in the ATP synthase subunits α and β in the myocardium of chronic Chagas patients com-
pared to myocardial samples from individuals without cardiomyopathies [110]. Since the
analysis of the mRNA levels did not show significant differences [110], it seems plausible
that a modulation at the level of subunit turnover or enzyme assembly might occur in
chronic Chagas patients.

3.2. Neurodegenerative Diseases

The neurodegenerative diseases include AD, PD, ALS and Multiple Sclerosis (MS), injury
to the central nervous system (CNS) through chronic low-grade hypoxia, the rarer Hunting-
ton’s disease (HD), Wilson’s disease and Freidreich’s Ataxia. In all these diseases, impaired
ATP generation causes a failure of cellular homeostasis, with a number of consequences,
including the ionic imbalance, altered Ca2+-dependent transmission of information in the
CNS and ultimately, necrotic or apoptotic cell death, depending on ATP depletion.

The first study to implicate ATP synthase in AD etiology found decreased level of the
entire complex in the hippocampal tissue of AD patients through BN-PAGE analysis [111].
Whether the impaired complex stability in AD patients during detergent extraction also
reflects changes in the catalytic activity of ATP synthase is still debated in the literature.
An early study found no significant decrease in the ATP synthase catalytic activity in iso-
lated mitochondria from AD patient hippocampal tissue, motor cortex and platelets [112].
However, there is evidence of post-translational modifications occurring in AD with conse-
quences on the ATP synthase activity. In the hippocampus of AD patients, theα subunit was
shown to be excessively nitrated in comparison to age-matched control brains [113], a post-
translational modification that has been shown to inhibit the ATP synthase catalysis [92].
The α subunit can be subjected to glycosylation with O-linked β-N-acetylglucosamine
(O-GlcNAcylated) on the Thr432 residue. This modification was reduced in brains of AD
patients, Tg AD mice and in Aβ-treated mammalian cell cultures–resulting in reduced ATP
levels [114]. Molecular modelling and co-IP experiments with deletion mutants of the α
and β subunits showed that Aβ directly blocks the O-GlcNAcylation of this Thr432 residue.
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Interestingly, the O-GlcNAcylation of Thr432 that had been inhibited by Aβwas rescued
by treatment with the O-GlcNAcase inhibitor. These findings are particularly noteworthy
as the authors demonstrated a chemical mechanism for the interaction of the Aβ peptide
with mitochondrial ATP synthase, which could provide a potential therapeutic target for
AD [114]. Another post-translational modification was shown in the presence of a lipid
peroxidation product, 4-hydroxy-2-nonenal (4-HNE) [115]. This product was shown to
modify the α subunit of ATP synthase. It caused a 35%-decrease of ATP hydrolysis in the
hippocampal tissue of early stage AD individuals with mild cognitive impairment [116]
and a 30%-decreased ATP synthase activity in the entorhinal cortex [117], suggesting that
oxidative stress precedes the presence of Aβ in the affected tissue.

Multiple studies have pointed to a decrease in the levels of ATP synthase subunits in
AD models. A decreased expression was observed in several of the nuclear ATP synthase
genes in the posterior cingulate cortex, hippocampal field CA1, middle temporal gyrus,
entorhinal cortex and posterior cingulate neurons [118]. A study using induced pluripotent
stem cell (iPSC) -derived hippocampal neuronal cells, with familial associated presenilin
1 (PS1) mutation M146, observed a decreased level of the ATP synthase complex while
PS1 expression was kept at physiological levels [119]. Neuroblastoma cells expressing the
ApoE4 allele of the ApoE gene, the major genetic risk factor for sporadic AD, showed a
reduction in the levels of all detected ATP synthase subunits [120]. A reduced expression
of the catalytic β subunit mRNA levels by over 50% was found in the mid-temporal cortex
of AD patient brains [121]. In another study linking Aβ peptides with ATP synthase in AD,
rats receiving a bilateral intrahippocampal injection of Aβ showed a significant decrease in
the levels of β subunit of ATP synthase [122]. Gene expression analysis of the entorhinal
cortex of AD patient brains showed reduced expression of γ, δ, c, and β subunit genes [123].
The subunits β, d, e, and F6 were down-regulated in the early-onset AD, as revealed by
the iTRAQ quantitative mass spectrometric technique [124], whereas another proteomics
analysis of hippocampal subcellular fractions from a murine AD model showed a decreased
level of the peripheral stalk subunit d [125]. Interestingly, the d subunit gene was firstly
thought to be genetic risk factor for AD in a genome wide association study [126].

On the contrary, increased expression was found for the ATP synthase α subunit gene in
a Transgenic Swedish APP mouse (Tg2576) model for AD, with increased levels of amyloid
plaque formation in the brain [127]. Moreover, a transgenic mice line (J20 Tg) producing a
mutant form of APP, corresponding to the Swedish and Indiana familial forms of AD, showed
a 12.2-fold increase in the α subunit level in a whole brain homogenate [128]. One might
speculate that the increased subunit levels are due to an adaptive response only occurring
in the AD animal models. Yet, in 2004 a study in AD patients by Manczak et al. showed
increased mRNA levels for the mitochondrial ATP6 and ATP8 genes in brains, while increased
levels of the δ subunit in the frontal cortex by immunofluorescence analysis [129].

ATP synthase is further controlled by possible interactions with other proteins mod-
ulating its activity and influencing neurodegeneration. Selective loss of the peripheral
stalk subunit of ATP synthase, OSCP, was found in the brains of AD individuals and in
an AD mouse model [130]. OSCP loss and complex interactions with Aβ leads to reduced
ATP production, elevated oxidative stress and activated permeability transition [130]. The
authors suggested that the restoration of OSCP ameliorates Aβ-mediated mouse and hu-
man neuronal mitochondrial impairments, including the effects on ATP synthesis and the
resultant synaptic injury [130]. This finding demonstrating the OSCP involvement in AD is
of particular interest, given that this subunit is the molecular-binding site for the CypD, the
matrix prolyl-cis-trans-isomerase, which has been shown to modulate ATP synthase cat-
alytic activity [91] and the ATP synthase transition to the permeability transition pore [131].
A previous study in an AD mouse model showed that neuronal and synaptic stress due to
the interaction of CypD with mitochondrial Aβ are attenuated in CypD-deficient cortical
mitochondria. CypD deficiency protected neurons from Aβ- and oxidative stress-induced
cell death, in a mechanism involving the permeability transition pore [132], which was
also confirmed in other AD transgenic mouse models [133]. Moreover, CypD levels, which
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increased in aging mice, have been shown to decrease ATP synthase activity and to promote
mitochondrial dysfunction [134]. Compared with non-synaptic mitochondria, the synaptic
mitochondria showed a greater degree of age-dependent accumulation of Aβ and deficits in
mitochondrial function, as shown by increased mitochondrial permeability transition and
decline in respiration [135]. In an AD animal model (5×FAD mice) the genetic depletion
of CypD mitigates OSCP loss via ubiquitin-dependent OSCP degradation and attenuates
OSCP/Aβ interaction preserving the ATP synthase function, mitochondrial bioenergetics
and improved mouse cognition [136]. The authors’ interpretation is that CypD is a critical
mediator that promotes OSCP deficits in AD-related conditions, providing a promising
therapeutic strategy to correct mitochondrial dysfunction for AD therapy.

The most frequent form of neurodegenerative disorder affecting movement, PD, is
caused by death of dopaminergic neurons in the mesencephalic region called substantia
nigra pars compacta. In astrocytes derived from PINK1-knockout mice, proliferation de-
fects were associated with a decrease in mitochondrial mass, membrane potential and ATP
production as well as an increase in cellular ROS. Treatment of wild-type astrocytes with
the ATP synthase inhibitor oligomycin was sufficient to mimic the proliferation phenotype
observed in PINK1-deficient murine cells [137]. Protein aggregation and mitochondrial
dysfunction are two central pathogenic processes in both familial and sporadic PD. How-
ever, the way in which these two processes converge to cause neurodegeneration was only
recently proposed. Protein aggregation causes α-synuclein to switch from its physiolog-
ical role to a pathological toxic gain of function form. Under physiological conditions,
monomeric α-synuclein improves ATP synthase efficiency [138]. On the other hand, ag-
gregation of α-synuclein monomers generates beta sheet-rich oligomers localized in the
mitochondria in close proximity to several mitochondrial proteins including ATP synthase.
Oligomers induce selective oxidation of the ATP synthase β subunit and mitochondrial
lipid peroxidation. These oxidation events are proposed to increase the probability of
permeability transition pore opening, triggering mitochondrial swelling and, ultimately,
cell death [139]. Moreover, the protein DJ-1, linked to early onset PD, if defective, binds the
ATP synthase β subunit. The interaction with the wild-type form of DJ-1 decreased the
mitochondrial uncoupling and enhanced ATP production, while mutations in PARK7 gene
encoding DJ-1 (or PARK7-knockout) increased mitochondrial uncoupling and depolarized
neuronal mitochondria [140]. The Authors suggested that this observation may depend on
the presence of a leak at the level of the c-ring of ATP synthase in the membrane, which
may be closed by pharmacological treatment [140].

ALS is an appalling neurodegenerative disease characterized by the loss of spinal
motor neurons, which is rapidly progressive and lethal [141]. The most common genetic
form of the disease is caused by GGGGCC repeat expansion in the C9ORF72 gene. It was
found that poly(GR) preferentially binds to the ATP synthase α subunit and promotes its
degradation via the ubiquitin-proteasome pathway. Moreover, inducing the expression
of ATP5F1A gene in poly(GR)-expressing neurons or reducing the poly(GR) level in adult
mice after disease onset, rescued poly(GR)-induced neurotoxicity [142].

In a small subset of patients, the disease is caused by mutations in superoxide dismutase
1 [143]. Transgenic mice producing the mutant protein display mitochondrial alterations,
including swelling, respiratory inhibition and an elevated generation of ROS [144,145].
Another form of ALS is caused by mutant forms of fused in sarcoma or translocated in
liposarcoma (FUS), which is a multifunctional DNA/RNA-binding protein associated with
neurodegeneration. In both cellular and animal models, the expression of wild-type or
an ALS-associated mutant (p.Pro525Leu) FUS disrupts the formation of the mitochondrial
ATP synthase supercomplexes and suppresses the activity of ATP synthase, resulting in
mitochondrial cristae loss followed by mitochondrial fragmentation. Expression of FUS
increases levels of the β subunit which is not properly assembled, and importantly, the
downregulation of this subunit by RNA interference partially rescues neurodegenerative
phenotypes [146]. In other studies, fibroblasts from patients affected by frontotemporal
dementia and ALS presented mitochondrial ultrastructural alterations and fragmentation of
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the mitochondrial network together with respiratory chain deficiency. A missense mutation
was identified (c.176C>T; p.Ser59Leu) in the CHCHD10 gene which encodes a mitochondrial
coiled-coil helix protein, whose function is unknown. Blue native-PAGE analysis of patient
muscles revealed altered ATP synthase assembly which might contribute to the described
abnormal organization of cristae morphology in these patients [147].

3.3. The c Subunit of ATP Synthase and Neurodevelopmental Disorders

Fragile X-related disorders are due to a dynamic mutation of the CGG repeat in the
FMR1 gene on chromosome X, encoding for the RNA-binding protein FMRP. In patients
these disorders are associated to mental retardation and neurocognitive deficits. In primary
human-derived fibroblasts, mitochondrial morphology is altered and displays “donut-
shaped” organelles [148]. The mouse model of fragile X syndrome, the knockout of FMR1,
resembled the human phenotype. Mouse brain mitochondria displayed a decreased ATP
synthesis, while showing higher activities of the isolated respiratory chain complexes
than in controls, suggesting a possible defect at the level of ATP synthase [149]. More
recently, Elizabeth Jonas and coworkers showed that fragile X-affected neurons from mouse
synthesized lower levels of cellular ATP [150]. These authors observed for the first time an
increased level of the ATP synthase β subunit, an accumulation of the c subunit in insoluble
aggregates in brain mitochondria and the presence of a proton leak in the Fo sector of the
enzyme [150]. This finding can explain the decreased ATP synthesis in spite of a fully
active respiratory chain shown in FMR1- knockout mouse [149]. The presence of c subunit
aggregates was also revealed in the group of neuronal ceroid-lipofuscinoses diseases that
are linked by common clinical and pathological features falling under the description of
Batten disease. Although the ceroid-lipofuscinoses present pathologically as lysosomal
storage diseases, there is severe but selective neurodegeneration that leads to the clinical
signs of dementia, blindness, seizures, and premature death. It was the accumulation of
subunit c of mitochondrial ATP synthase in lysosomes of ovine tissues that are models of
ceroidlipofuscinosis that first drew attention to the possible association of mitochondrial
dysfunction with the pathogenesis of these diseases. It was reasoned that accumulation
of storage bodies containing the c subunit within lysosomes was the consequence of a
defect in its catabolic pathway [151]. This hypothesis was extended to include its initial
disassembly from the “Fo complex domain” of ATP synthase in the inner mitochondrial
membrane [152]. This would be the initial step in the catabolic pathway and could depend
on enzymes such as phospholipases rather than a protease [152]. Ca2+ causes a decrease
of ATPase activity in isolated liver mitochondria from the ovine model of the disease, in
comparison to controls displaying higher ATPase activity in the presence of Ca2+ [152], a
fact that might be explained by proton leak but awaits further studies to be clarified.

4. Conclusions

The mitochondrial ATP synthase is a multi-subunit complex fundamental for the
mitochondrial function and ATP synthesis under physiological conditions. In this review,
we gave an update on the involvement of this mitochondrial enzyme in human diseases,
such as encephalo- and cardiomyopathies of mitochondrial or nuclear origin, cardiovascu-
lar, neurodegenerative diseases or neurocognitive disorders, ranging from those that are
caused by specific ATP synthase gene mutations to those that are instead initiated by other
factors but are promoted by dysfunctions in the enzyme assembly and catalytic activity.

We here analyzed altered expressions of ATP synthase genes, enzyme subunit compo-
sition, post-translational modifications and interactions as causes of altered ATP synthase
complex assembly and activity in human diseases, leading to mitochondrial morphology
alterations and cell death.

Author Contributions: Conceptualization, V.G., A.B. and C.G.; writing—original draft preparation,
V.G. and A.B.; writing—review and editing, V.G., A.B., C.G. and S.C. and funding acquisition, V.G.
All authors have read and agreed to the published version of the manuscript.

204



Life 2021, 11, 325

Funding: The research in the authors’ laboarory received funding from AIRC under the MFAG
2017-ID. 20316 and PRIN 2017–ID. 201789LFKB projects, P.I. Giorgio Valentina.

Institutional Review Board Statement: Not applicable.

Informed Consent Statement: Not applicable.

Conflicts of Interest: The authors declare no conflict of interest. The funders had no role in the design
of the study; in the collection, analyses or interpretation of data or in the writing of the manuscript.

References

1. Saraste, M. Oxidative Phosphorylation at the Fin de Siecle. Science 1999, 283, 1488–1493. [CrossRef] [PubMed]
2. Boyer, P.D. The Atp Synthase—A Splendid Molecular Machine. Annu. Rev. Biochem. 1997, 66, 717–749. [CrossRef] [PubMed]
3. Rees, D.M.; Montgomery, M.G.; Leslie, A.G.W.; Walker, J.E. Structural Evidence of a New Catalytic Intermediate in the Pathway

of ATP Hydrolysis by F1-ATPase from Bovine Heart Mitochondria. Proc. Natl. Acad. Sci. USA 2012, 109, 11139–11143. [CrossRef]
[PubMed]

4. Sgarbi, G.; Barbato, S.; Costanzini, A.; Solaini, G.; Baracca, A. The Role of the ATPase Inhibitor Factor 1 (IF1) in Cancer Cells
Adaptation to Hypoxia and Anoxia. Biochim. Biophys. Acta Bioenerg. 2018, 1859, 99–109. [CrossRef] [PubMed]

5. Wallace, D.C. Mitochondrial DNAMutations in Disease and Aging. Environ. Mol. Mutagen. 2010, 51, 440–450. [CrossRef]
[PubMed]

6. Franco, L.V.R.; Bremner, L.; Barros, M.H. Human Mitochondrial Pathologies of the Respiratory Chain and ATP Synthase:
Contributions from Studies of Saccharomyces Cerevisiae. Life 2020, 10, 304. [CrossRef]
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et al. Mitochondrial ATP Synthase Deficiency Due to a Mutation in the ATP5E Gene for the F1 ε Subunit. Hum. Mol. Genet. 2010,
19, 3430–3439. [CrossRef] [PubMed]

50. Jonckheere, A.I.; Herma Renkema, G.; Bras, M.; van den Heuvel, L.P.; Hoischen, A.; Gilissen, C.; Nabuurs, S.B.; Huynen, M.A.; de
Vries, M.C.; Smeitink, J.A.M.; et al. A Complex v ATP5A1 Defect Causes Fatal Neonatal Mitochondrial Encephalopathy. Brain

2013, 136, 1544–1554. [CrossRef]
51. Lieber, D.S.; Calvo, S.E.; Shanahan, K.; Slate, N.G.; Liu, S.; Hershman, S.G.; Gold, N.B.; Chapman, B.A.; Thorburn, D.R.; Berry,

G.T.; et al. Targeted Exome Sequencing of Suspected Mitochondrial Disorders. Neurology 2013, 80, 1762–1770. [CrossRef]
52. Oláhová, M.; Yoon, W.H.; Thompson, K.; Jangam, S.; Fernandez, L.; Davidson, J.M.; Kyle, J.E.; Grove, M.E.; Fisk, D.G.; Kohler,

J.N.; et al. Biallelic Mutations in ATP5F1D, Which Encodes a Subunit of ATP Synthase, Cause a Metabolic Disorder. Am. J. Hum.

Genet. 2018, 102, 494–504. [CrossRef] [PubMed]
53. Barca, E.; Ganetzky, R.D.; Potluri, P.; Juanola-Falgarona, M.; Gai, X.; Li, D.; Jalas, C.; Hirsch, Y.; Emmanuele, V.; Tadesse, S.; et al.

USMG5 Ashkenazi Jewish Founder Mutation Impairs Mitochondrial Complex V Dimerization and ATP Synthesis. Hum. Mol.

Genet. 2018, 27, 3305–3312. [CrossRef] [PubMed]
54. De Meirleir, L.; Seneca, S.; Lissens, W.; De Clercq, I.; Eyskens, F.; Gerlo, E.; Smet, J.; Van Coster, R. Respiratory Chain Complex V

Deficiency Due to a Mutation in the Assembly Gene ATP12. J. Med. Genet. 2004, 41, 120–124. [CrossRef] [PubMed]
55. Meulemans, A.; Seneca, S.; Pribyl, T.; Smet, J.; Alderweirldt, V.; Waeytens, A.; Lissens, W.; van Coster, R.; De Meirleir, L.; Di Rago,

J.P.; et al. Defining the Pathogenesis of the Human Atp12p W94R Mutation Using a Saccharomyces Cerevisiae Yeast Model. J.

Biol. Chem. 2010, 285, 4099–4109. [CrossRef]
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Abstract: Under aerobic conditions, mitochondrial oxidative phosphorylation (OXPHOS) converts
the energy released by nutrient oxidation into ATP, the currency of living organisms. The whole
biochemical machinery is hosted by the inner mitochondrial membrane (mtIM) where the protonmo-
tive force built by respiratory complexes, dynamically assembled as super-complexes, allows the
F1FO-ATP synthase to make ATP from ADP + Pi. Recently mitochondria emerged not only as cell
powerhouses, but also as signaling hubs by way of reactive oxygen species (ROS) production. How-
ever, when ROS removal systems and/or OXPHOS constituents are defective, the physiological ROS
generation can cause ROS imbalance and oxidative stress, which in turn damages cell components.
Moreover, the morphology of mitochondria rules cell fate and the formation of the mitochondrial
permeability transition pore in the mtIM, which, most likely with the F1FO-ATP synthase contribu-
tion, permeabilizes mitochondria and leads to cell death. As the multiple mitochondrial functions are
mutually interconnected, changes in protein composition by mutations or in supercomplex assembly
and/or in membrane structures often generate a dysfunctional cascade and lead to life-incompatible
diseases or severe syndromes. The known structural/functional changes in mitochondrial proteins
and structures, which impact mitochondrial bioenergetics because of an impaired or defective energy
transduction system, here reviewed, constitute the main biochemical damage in a variety of genetic
and age-related diseases.

Keywords: oxidative phosphorylation; respiratory supercomplexes; ROS; ATP synthase/hydrolase;
mitochondrial dysfunction; mitochondrial permeability transition pore; cristae; cellular signaling

1. Introduction: Functions of Mitochondria. The Oxidative Phosphorylation System

The advancement of molecular medicine has pinpointed the role of mitochondria in
the etiology and pathogenesis of most common chronic diseases [1–4], so much that the
term “Mitochondrial Medicine” has been proposed [5] and then widely used [6–9].

The early biochemical studies on mitochondria were centered on their role in energy
conservation. The energy-transducing membrane-bound enzyme complexes of inner mito-
chondrial membrane (mtIM) drive biochemical reactions involved in energy transformation
or bioenergetics. Oxidation of substrate by respiratory complex and ATP production by
ATP synthase are tightly coupled molecular mechanisms in the oxidative phosphorylation
(OXPHOS) system as explained by Mitchell’s chemiosmotic hypothesis [10].

Once the major aspects of the OXPHOS system were clarified, the interest in mito-
chondria somewhat decreased. However, in recent years it has been raised again due to a
series of novel findings assigning new roles to mitochondria in molecular and cell biology,
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such as mitochondrial DNA and mitochondrial genetics, the role of mitochondria in gener-
ation of reactive oxygen species (ROS) and in cell signaling, in cellular quality control and
apoptosis (programmed cell death). Nevertheless, these newly discovered functions are
strictly intertwined with the central role of electron transfer and ATP synthesis.

This review intends to outline the major structural and functional aspects of mitochon-
drial bioenergetics that are at the basis of changes leading to pathology; in particular, we
will deal with recent advances of the supramolecular structure of the respiratory chain com-
plexes and of F1FO-ATP synthase/hydrolase; for this reason, this review will not analyze
other important aspects in much detail such as the intimate mechanisms of electron transfer
and proton translocation on one hand, and the analysis of the individual pathologies on
the other.

2. The Respiratory Chain of Mitochondria

The major mechanism of energy conservation in eukaryotes is OXPHOS, performed
by a multi-enzyme system embedded in the mtIM and constituted by two portions: the
respiratory chain and the ATP synthase complex.

The membrane electron transfer system (membrane-ETS) is a series of enzymes that
collects electrons which stem from the oxidations of intermediary metabolism and drives
them downhill to oxygen molecules which are reduced. The free energy fall that accompa-
nies electron flux creates an electrochemical proton gradient (∆µH+) since H+ are pumped
from the mitochondrial the matrix, namely the compartment inside the mitochondrion,
to the intermembrane space (IMS) localized between the inner and outer mitochondrial
membranes [11]. The energy associated to the proton gradient is then largely used to
synthesize ATP from ADP and Pi by the ATP synthase complex. The ATP synthesized is
transferred to the cytoplasm in exchange with ADP by the ATP/ADP translocase, also
exploiting the H+ gradient.

As previously revised in [12], it was Hatefi et al. [13] who first isolated from mitochon-
dria four enzyme multi-subunit complexes that concur on the oxidation of NADH and
succinate, namely NADH-Coenzyme Q reductase (Complex I, CI), succinate-Coenzyme
Q reductase (Complex II, CII), ubiquinol-cytochrome c reductase (Complex III, CIII or
cytochrome bc1 Complex) and cytochrome c oxidase (Complex IV, CIV) [14].

The connection among these enzyme complexes is ensured by two mobile transporters
of electrons, i.e., Coenzyme Q (CoQ, ubiquinone) and cytochrome c (cyt. c) [14]. The former
is a lipophilic quinone incorporated in the lipid bilayer of the mtIM, while cyt. c is a
hydrophilic hemoprotein facing the mitochondrial IMS, in contact with the external surface
of the mtIM. The membrane-ETS operates through the following sequence of the respiratory
enzyme complexes: (Equations (1) and (2))

NADH → CI → CoQ → CIII → cyt. c → CIV → O2 (1)

or
succinate → CII → CoQ → CIII → cyt. c → CIV → O2 (2)

In addition, the membrane-ETS consists of other proteins having electron transfer
activity [12] that converge at the CoQ junction. Glycerol-3-phosphate dehydrogenase is
involved in a shuttle of reducing equivalents from cytosol to mitochondria [15], electron
transfer flavoprotein (ETF) dehydrogenase is involved in fatty acid oxidation [16], dihy-
droorotate dehydrogenase catalyzes a step of pyrimidine nucleotide biosynthesis [17],
choline dehydrogenase is important for the regulation of phospholipid metabolism [18],
and sulfide dehydrogenase is involved in the disposal of sulfide [19]. A schematic repre-
sentation of mammalian respiratory chain is found in Figure 1.
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Figure 1. A schematic drawing of the respiratory chain depicting the protein complexes and their substrates. Complex
I, Complex III and Complex IV are shown in their free form (modified PDB ID: 6YJ4, 2YBB, 1V54). Blue, CI, NADH-
ubiquinone oxidoreductase; yellow, CII, succinate-ubiquinone oxidoreductase (modified PDB ID: 1ZOY); red, CIII, ubiquinol-
cytochrome c oxidoreductase; green, CIV, cytochrome c oxidase; AOX, alternative oxidase; CoQ, Coenzyme Q (ubiquinone);
Cytc, cytochrome c. Four enzymes that reduce CoQ are also shown together with an indication of their metabolic path-
ways: from the intermembrane space (IMS), glycerol-3.P dehydrogenase (green) and dihydroorotate dehydrogenase
(blue); from the matrix, electron transfer flavoprotein (ETF) dehydrogenase (brown) and choline dehydrogenase (purple).
(see text for details).

For reviews see, e.g., Sousa et al. [20] and, for individual complexes: Parey et al. [21]
for CI, Bezawork-Geleta et al. [22] for CII, Xia et al. [23] for CIII, and Zong et al. [24]
for CIV.

2.1. Organization of the Respiratory Chain: Historical Outline

The advancement of science is long and tortuous: it often happens that novel discov-
eries, rather than providing further clarifying information on the existing basic knowledge,
bring doubts and contradictory issues. This happened for the discovery of the respiratory
chain supercomplexes (SCs) and for the elucidation of their function. Therefore, we per-
form a concise historical survey of the respiratory chain, since some early findings came
out before the present knowledge, but their significance was not understood.

As we mentioned in the previous section, Hatefi et al. [13] accomplished the systematic
resolution and reconstitution of four functional respiratory complexes from mitochondria,
and proposed that the overall electron transfer from substrates to oxygen results from both
intra-complex and inter-complex redox reactions: intra-complex electron transfer takes
place in the “solid” state of redox components (e.g., flavins, FeS clusters, cytochromes)
having fixed steric relation, whereas inter-complex electron transfer operates by rapid
diffusion of the mobile components acting as co-substrates, i.e., CoQ and cyt. c [14]. In
the following years, this proposal was confirmed by the kinetic analysis of Kröger and
Klingenberg [25,26], leading Hackenbrock et al. [27] to postulate the Random Collision Model
of Electron Transfer:

“Electron transport is a diffusion-coupled kinetic process; Electron transport is a
multicollisional, obstructed, long-range diffusional process; The rates of diffusion of the
redox components have a direct influence on the overall kinetic process of electron transport
and can be rate limiting, as in diffusion control . . . It is concluded that mitochondrial
electron transport is a diffusion-based random collision process, and that diffusion has an
integral and controlling effect on electron transport.”

The random collision model was accepted by most researchers in this field. Neverthe-
less, the accumulation of further experimental evidence obtained with newly developed
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techniques has led to the proposal of a different model of supramolecular organization
based upon specific interactions between individual respiratory complexes [28].

Indeed, a supramolecular assembly of respiratory components had been already
present in the pioneering studies of Chance and Williams [29], who described the respira-
tory chain as an aggregate of coenzymes (flavins and cytochromes) in solid-state, embedded
in a protein matrix.

Surprisingly, evidence for a non-random arrangement of respiratory complexes also
derived from the same early investigations of Hatefi’s group, reporting isolation of CI+CIII
units [30], suggesting that such units preferentially assemble in the native membrane. These
aggregates were considered physiological by their discoverers, indicating the existence of
supramolecular units of electron transfer. It is therefore clear that SCs, as well as the entire
NADH oxidase (known as the respirasome, see later) had been isolated and reconstituted.
The publication of the fluid mosaic model of biomembranes [31] was applied also to
mitochondrial membranes, thus favoring the random collision model of Hackenbrock.
Thus, Hatefi’s idea of specific associations among complexes was overlooked.

The idea of fixed associations, however, was never completely abandoned: in fact,
some authors reported the possible existence of specific associations between respiratory
complexes, either fixed [32] or dynamic [33].

At the turning of the century, Schägger and Pfeiffer [34] applied the technique of
Blue-Native Gel Electrophoresis (BN-PAGE) to digitonin-solubilized yeast and mammalian
mitochondria and found electrophoretic bands of high molecular weight indicating specific
associations among respiratory complexes. According to their discoverers, these associa-
tions represent the state of the respiratory chain under physiological conditions. The same
study also provided evidence for a dimeric ATP synthase complex.

The supramolecular arrangement of the respiratory complexes is well established [35,36],
although the functional role of respiratory SCs is still controversial and their relationship with
a random distribution of the individual complexes partially remains to be clarified [37–40].

2.2. Distribution and Composition of Respiratory Supercomplexes

All SCs exhibit highly ordered structures, thus they are not the result of artificial
protein–protein interaction due to the extraction and solubilization procedures [41].

In most studies, SCs appear to contain the three “core” respiratory complexes, i.e., CI,
CIII, and CIV, whereas the other respiratory enzymes may be randomly distributed in the
lipid bilayer [12]. These “core” complexes have the common feature of carrying out proton
translocation and of having subunits encoded by mitochondrial DNA.

Respiratory SCs have been described and characterized in the mitochondria of several
mammalian tissues and in many other organisms, also including plants, fungi and bacteria [42].

The supramolecular structural organization of the “core” respiratory complexes CI,
CIII, and CIV is conserved in all higher eukaryotes. The SC I1III2IV1–4 contains all three
complexes required for the complete oxidation of NADH by molecular oxygen, and for this
reason it was called “respirasome”. SCs containing only two components are also normally
found in large amounts, as the SC I1III2 in which CIV is not present, as well as SCs III2IV. In
bovine heart mitochondria, only a small aliquot of CI is present in free form in the presence
of digitonin [43]; thus, it is believed that all CI is bound to CIII in the native membrane.

A higher level of complexity in the organization state of SCs may be due to the
presence of additional protein components unrelated to electron transfer complexes (e.g.,
Shy1, SCAF1, Rcf2, HIGD2A) occasionally found by BN-PAGE [44].

Wang et al. [45] described a multifunctional mitochondrial fatty acid β-oxidation
(FAO) complex that is physically associated with SCs. Analysis of genetic defects in both
fatty acid oxidation and OXPHOS [46] revealed that some patients with primary FAO
deficiencies exhibit secondary OXPHOS defects. These metabolic interrelations support the
view that OXPHOS proteins and FAO are physically associated, and that these interactions
are critical for both functions.
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The other respiratory enzymes not comprising the “core” of the proton translocation
machinery appear not to be associated in SCs [47]. In most studies of BN-PAGE, CII was not
found associated with other complexes of the respiratory chain. In addition, mitochondrial
glycerol phosphate dehydrogenase is absent in the respirasome.

Fang et al. [48] observed that mitochondrial function is hampered by dihydroorotate
dehydrogenase deficiency; the enzyme was shown to physically interact with respiratory
complexes CII and CIII by immunoprecipitation and BN/SDS/PAGE analysis.

Sulfide-quinone oxidoreductase and sulfite oxidase, involved in sulfide oxidation,
which transfer electrons to the respiratory chain, were also described to be associated with
SCs containing CIV [49].

3. Supercomplexes May Provide a Kinetic Advantage to Electron Transfer

The discovery of SCs led to the proposal that these aggregates form to improve
substrate channeling or enhance catalysis in inter-complex electron transfer. Substrate
channeling is the direct transfer of an intermediate between the active sites of two enzymes
which catalyzes reactions which occur one after the other [50]; in the respiratory chain, this
means that electrons are directly transferred between two consecutive enzymes by alternate
reduction and re-oxidation of an intermediate which is not diffused in the medium. In such
a case, inter-complex electron transfer cannot be distinguished from intra-complex electron
transfer. Therefore, the mobile intermediates predicted to exhibit substrate-like behavior in
the random collision model, i.e., CoQ and cyt. c, would be buried in the interface between
two consecutive complexes within the SC.

In the CoQ region, the occurrence of electron transfer by channeling of CoQ between
adjacent CI and CIII contrasts with the so-called CoQ “pool behavior”, previously sustained
by the kinetic analysis of Kröger and Klingenberg [25]. To better understand the following
sections, we believe it necessary to briefly mention their kinetic analysis. These authors
showed that steady-state respiration can be described as a simple two-enzyme system,
where the first enzyme reduces ubiquinone (Vred) while the second one oxidizes ubiquinol
(Vox), kinetically behaving as a homogeneous pool. Thus, the total CoQ molecules must
randomly link any number of the dehydrogenase(s) with any number of the oxidase(s); the
overall steady-state activity (Vobs) is related to Vred and Vox as shown by the so-called pool
equation: (Equation (3))

Vobs = (Vred × Vox)/(Vred + Vox) (3)

It has been shown that cyt. c also exhibits “pool behavior ” [51].
In the following sections, the relations existing between the two models and the ensu-

ing controversial findings will be analyzed. The main challenge to study the physiological
role of SCs is to selectively disrupt respiratory SCs in the cell [40].

3.1. Structural Evidence Suggesting Channeling

3.1.1. Molecular Structure of Supercomplexes

If channeling occurs between CI and CIII by the common intermediate CoQ, the redox
groups involved in CoQ reduction by CI and CoQH2 re-oxidation in CIII must be in close
contact in order to form a driving pathway containing CoQ itself; similar reasoning applies
to cyt. c between CIII and CIV. An essential requirement for this condition is the availability
of a high-resolution map of the molecular structure of the SCs.

In the initial studies, purified SCs were analyzed by negative-stain electron microscopy
and single-particle cryogenic electron microscopy (cryo-EM) [52,53]. Pseudo-atomic models
of the respirasome (SC I1III2IV1) were produced by fitting the known X-ray structures of
the component complexes to the 3D maps of the respirasome. Evidence for channeling
in the respirasome stems from the observed distinct arrangement of the three component
complexes, in which the CoQ-binding sites in CI and in CIII face each other and are divided
by a gap within the SC membrane core, which most likely contains lipids. Althoff et al. [52]
proposed that CoQ may cover a trajectory through such a 13 nm-long gap.
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Further high-resolution studies by cryo-EM of mammalian mitochondrial SCs [54–57]
may be useful to predict the CoQ pathway between CI and CIII, as shown in Figure 2.

Figure 2. Bovine mitochondrial supercomplex (SC) I1III2IV1. Fitted model by single particle cryo-EM. Side view (on the
left) and view from the IMS (on the right) showing two CL (cardiolipin) molecules (in space filling mode) in the cavity of
each monomer of CIII formed by cytochromes c1 and b. Image modified from Mileykovskaya and W. Dowhan [58]. The
enzyme subunits are drawn as ribbon representations obtained from modified PDB ID code: 2YBB. Blue, CI; red, CIII dimer;
green, CIV.

In theory, channeling within the SC may occur through either close docking of the
active sites with real tunneling of substrate among proteins, or covering relatively long
distances presumably by substrate-restricted diffusion (microdiffusion) within the space
between the two active sites; both alternatives share a channeling which necessarily occurs
between two fixed sites of the same SC. Microdiffusion is kinetically distinguished from
bulk diffusion (pool behavior), where the interaction of the substrate molecules stochas-
tically occurs by collisional encounters with a large number of possible sites in distinct
respiratory complexes attained by random diffusion.

Information on channeling within the SC molecular structure must be compatible with
the known CoQ reduction mechanisms by CI and its re-oxidation by CIII dimers. Ubiquinol
oxidation occurs via a cyclic mechanism known as the Q-cycle [59,60]. On considering
the functional asymmetry of the CIII dimer [61], it is suggestive to consider that in the
supercomplexed CIII dimer only one monomer is active for NADH-dependent respiration
and CoQ-channeling, since the CoQ reducing site I CI and the Qo site where ubiquinol is
reoxidized are close to each other. On the contrary, the other monomer, which lacks such
constrictions, might be easily available to interact with the CoQ pool at the (distal) Qi site.

The group of Kuhlbrandt [57] showed that the CoQ reduction site of CI in the SC is
11 nm far from the proximal CIII monomer, whereas the distal one is 18 nm away, thus
suggesting that the latter is functionally inactive. The linear CI arrangement with the active
CIII monomer and with CIV is strongly in favor of channeling for electron transfer between
complexes in the respirasome by substrate microdiffusion.

On the other hand, the respirasome structure reported by Letts et al. [54] indicates that
both CoQ interaction sites in CI and CIII are separated and easily accessible to the mem-
brane, and are likely to provide no limit to free CoQ diffusion in the inner mitochondrial
membrnae (IMM).

The SC structure, resolved at up to 3.8 Å in four distinct states, suggests that CoQ oxi-
dation may be rate limiting because of unequal access of CoQ to the active sites of CIII2 [62].
CI changes between “closed” and “open” conformations, while a key transmembrane helix
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rotates in a striking way. Moreover, the CI state influences the conformational flexibility
within CIII2, demonstrating crosstalk between the enzymes.

According to Letts et al. [62], under high turnover conditions, individual CIs may
overcome the capacity for CoQ pool balance, so that the local CoQH2 pool may attain
higher concentration than in the bulk membrane. By ensuring close association of CI and
CIII2 in SCs, but still allowing free CoQ exchange with the bulk, the SCs would prevent
any local accumulation of CoQH2, without limiting CI’s activity by making it entirely
dependent on the adjacent CIII2 for the CoQH2 re-oxidation.

The structural analysis of SCs allows analogous considerations for cyt. c between CIII
and CIV.

The structural evidence of purified SCs by cryo-EM adds structural reasons for the
looseness of CIII–CIV interactions in mammalian mitochondria. In ovine mitochondria,
Letts et al. [54] identified two distinct arrangements of SC I1III2IV1: a major “tight” form
and a minor “loose” form. In both structures, the density for CIV is weaker relative to
that for CI and CIII, indicating the greater conformational flexibility of CIV. In the tight
respirasome, CIV contacts both CI and CIII, whereas CIV in the loose respirasome has
defined contacts only with CI. Tight and loose architectures may represent independent
structures or may interconvert each other, according to distinct stages of assembly or
disassembly. The presence of two respirasome forms with distinct CIV linkages was also
detected by Sousa et al. [57] and ascribed to instability of the purified SC.

3.1.2. Supercomplexes Are Dynamic Structures: The Plasticity Model

Together with kinetic evidence by flux control analysis in favor of CoQ channeling
(See Section 3.2.2), we also postulated [63] that the SC I1III2 may be in equilibrium with
free CI and CIII. In fact, we found that NADH-cyt. c reductase activity in reconstituted
proteoliposomes can occur either by channeling or by random diffusion, depending on the
protein density in the lipid bilayer of the proteoliposomes.

Acín-Pérez et al. [64] in a study of purified SCs showed by BN-PAGE that other
types of associations exist besides the respirasome, such as CI+CIII or CIII+CIV. They
therefore suggested that a variety of associations between respiratory complexes is likely
co-exists in vivo with free complexes and proposed an integrated model, the plasticity
model, for the organization of the respiratory chain. According to their view, the previous
contrasting models, solid vs. fluid, are only the two extremes of a dynamic range of
molecular associations between respiratory complexes [64]. The plasticity model proposes
that both CoQ and cyt. c are sequestered into distinct sub-domains and are both trapped
into SCs and freely diffusible. This promiscuity can stem either from the dissociation of
SCs or from the escape of CoQ or cyt. c from the supramolecular assemblies [36,65].

The plasticity model and the dynamics and stability of mitochondrial SCs [37] are
still debated issues. The putative factors involved in association/dissociation of SCs,
such as membrane potential and post-translational changes, are reviewed by Genova and
Lenaz [42]. However, even if indirect evidence shoulders the SC dynamic assembly and
disassembly, up to now no direct demonstration exists that SCs physiologically form and
dissociate in vivo.

3.1.3. The Role of Lipids: Cardiolipin in Supercomplexes

SCs have 2–5 nm gaps at the transmembrane interfaces of the individual complexes
(Figure 2) that are presumably filled with lipids. Wu et al. [56], in their high-resolution
structure of the purified SC I1III2IV1 from porcine heart, localized many phospholipid
molecules including cardiolipin (CL) involved in the protein–protein interactions [66]. Sub-
stantial progress was made by studying Barth syndrome, a genetic syndrome characterized
by severe cardiopathy, in which cardiolipin remodeling is altered due to the mutation of
the gene Tafazzin; in Barth syndrome patients SCs are unstable, leading to a functional
impairment characterizing the disease [67]. In immortalized lymphoblasts from Barth’s
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syndrome patients the amount of SCs is decreased, as well as the amount of individual CI
and CIV [68].

Direct involvement of CL in the formation of SC III–IV was demonstrated in genetically
manipulated strains of S. cerevisiae in which the CL content can be regulated in vivo. Yeast
mutants lacking CL have normal amounts of individual complexes, but lack the stable SC
III2IV2 as observed in the wild type parental strain [69]. Since S. cerevisiae lacks CI, these
studies could not provide information on SCs containing CI.

In contrast with CL depletion that destabilizes SCs, the loss of phosphatidylethano-
lamine (PE) favors the formation of larger SCs between CIII and CIV in S. cerevisiae mi-
tochondria. The reason why CL and PE, even if both associate in non-bilayers, act in an
opposite way on SC stability may depend on the different charge, since, at physiological
pHs CL is anionic and PE is zwitterionic. Using yeast mutants of PE and phosphatidyl-
choline (PC) biosynthesis, Baker et al. [70] showed a specific requirement for mitochondrial
PE, but not PC, in CIII and CIV activities, but not for their formation. Neither PE nor PC
were involved in respiratory SC formation, emphasizing the specific requirement of CL in
SC assembly.

Our laboratory has stressed the importance of CL in stabilizing CI-containing SCs.
Reconstitution of binary CI/CIII proteoliposomes from bovine heart mitochondria at
high lipid to protein ratio (30:1 w:w) prevents formation of SC I1III2 [71]. However,
SC I1III2 and related NADH-cyt. c reductase activity are maintained if these high-lipid
proteoliposomes are enriched with 20% CL (w:w), resembling the percent content of
CL in the mitochondrial membrane (M. Kopuz, Y. Birinci, S. Nesci, G. Lenaz and M.L.
Genova, unpublished data). Likewise, the dilution of native protein-bound CL in the
excess exogenous phospholipids prevents SC assembly, but the effect is reversed by in-
creasing the CL content of the liposomes, therefore shifting again the equilibrium to CL
binding to protein.

Addition of reactive oxygen species (ROS) to mitochondria affects the respiratory
activity due to cardiolipin peroxidation, since CL is required for the optimal activity of
respiratory complexes [72,73]. We showed by flux control analysis (cf. Section 3.2.2) that
the SC I1III2 in proteoliposomes disappears if lipid vesicles are peroxidized before protein
reconstitution [71]. Evidently, the distortion of the lipid bilayer induced by peroxidation
and the alteration of the phospholipid annulus originally present in the purified SC I1III2
determines its dissociation.

CL deficiency was reported to cause a defect in respiratory function and a decrease
in ATP synthesis [74], an indirect demonstration of CL role in the structure of the SCs.
Rieger et al. [75] investigated the effect of ALCAT1 overexpression. This enzyme catalyzes
the incorporation of polyunsaturated fatty acids into CL. The resulting CL species are
more susceptible to oxidative damage, leading to increased ROS production and mitochon-
drial dysfunction. Using galactose as sugar supply, cells must employ OXPHOS for ATP
synthesis, shown as a significant increase in basal- and ADP-linked respiration; ALCAT1
overexpression prevents the galactose-induced increase in respiration.

Likewise, a genetic defect of CL synthase induces loss of SC assembly and of respira-
tory activity as well as other mitochondrial defects [76].

3.2. Kinetic Evidence for Channeling in the Coenzyme Q Region

3.2.1. Rate Advantage Imposed by SCs

The overall rate in a diffusion-coupled pathway is always less than that of the rate-
limiting step and only approaches the latter when it is widely different (i.e., much slower)
compared to the rate of the other step(s) in the pathway [25]. On the contrary, the rate
is expected to be equal to the rate of the limiting step if channeling of the intermediate
substrate(s) occurs.

Ragan and Heron [77] investigated in detail the reconstitution of CI in the respiratory
chain; they showed that purified CI and CIII, when mixed as concentrated solutions,
reversibly associate in a 1:1 molar ratio to form an SC I+III endowed with NADH-cyt.
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c reductase activity. The study demonstrated a stoichiometric behavior for this activity,
revealing the existence of an active SC formed by CI and CIII: electron transfer is fast within
the SC and conversely very slow from the SC to free CIII via the CoQ pool.

On the other hand, prevailing CoQ-pool behavior could be induced and CI and
CIII could be made to operate independently of each other if the SCs were functionally
dissociated into “free” complexes, by raising the amount of phospholipid and ubiquinone
in the concentrated mixture. Under this condition, electron transfer from CI to CIII is still
ensured by CI+CIII2 units that however dissociate and reform at rates exceeding the rates
of electron transfer in the individual complexes.

According to Heron et al. [78], the mobility of CI and CIII in the membrane is lost and
the complexes are frozen in their SC assembly when phospholipids are not in excess with
respect to the content needed to form a lipid annulus around the protein. Such frozen state
favors a stable orientation of the site of CoQ reduction by CI with respect to the site of
oxidation by CIII. They also showed that protein-bound CoQ10 leaks out of the SC I+III
in the lipid bilayer when an extra phospholipid is present in the proteoliposomes; the
consequent decrease in activity could be reversed by adding additional quinone. As a
corollary, we may deduce that a large amount of ubiquinone found in the natural membrane
is needed to maintain the CoQ10 content in the SC unit when it is formed.

Our laboratory provided a direct evidence that the phospholipid amount affects the
choice of channeling with respect to CoQ-pool behavior [79]. A proteoliposome system
obtained by fusing a crude mitochondrial fraction enriched in CI and CIII with different
amounts of phospholipids and CoQ10 allowed us to discriminate between these two
mechanisms. The experimental NADH-cyt. c reductase activity was compared with
the theoretical values obtained from the pool equation of Kroger and Klingenberg [25],
showing overlapping results in the range from 1:10 to 1:40 (w/w) protein to lipid ratios.
However, pool behavior was not shown at low (1:1 w/w) lipid to protein ratio. Moreover,
the observed rates of NADH-cyt. c reductase were higher than the theoretical values;
this 1:1 ratio corresponds to the mean nearest distance between respiratory complexes
in mitochondria.

Several studies point out that SC disorganization by several causes is accompanied by
decreased electron transfer and energetic efficiency (cf. also Section 3.1.3).

Recently Garcia-Poyatos et al. [80] in Enriquez’s group investigated the physiological
role of SCs, generating two null allele zebrafish lines for supercomplex assembly factor
1 (SCAF1). The scaf1−/− fish showed altered OXPHOS activity due to the disrupted
interaction of C III and CIV.

Solsona-Vilarrasa et al. [81] studied the effects of increased cholesterol levels, as occur-
ring in vivo in alcoholic and non-alcoholic fatty liver, or by in vitro cholesterol enrichment
of mouse liver mitochondria. Cholesterol feeding caused oxidative stress and mitochon-
drial GSH (mGSH) depletion, which lead to liver steatosis and damage. The overload
of cholesterol in mitochondria disrupts mitochondrial functional performance and the
organization of respiratory SC assembly, thus potentially contributing to oxidative stress
and liver injury.

Tomkova et al. [82] showed that Tamoxifen-resistant cells show a significant decrease
in mitochondrial respiration accompanied by a decrease in mitochondrial respiratory SC
and significantly increased levels of mitochondrial superoxide (See Section 5).

Balsa et al. [83] showed that endoplasmic reticulum (ER) stress and glucose deprivation
stimulate mitochondrial OXPHOS and formation of respiratory SCs by action of protein
kinase R-like ER kinase (PERK). Accordingly, PERK genetic ablation or pharmacological
inhibition abolishes nutrient and ER stress-mediated increase in SC levels and reduce
OXPHOS-dependent ATP synthesis.

These studies suggest that electron transfer between CI and CIII in NAD-linked
respiration can take place either by CoQ channeling within the SC I1III2 or by a less efficient
random diffusion behavior, depending on the state of the membrane lipids: nevertheless, it
appears that channeling is preferred under physiological conditions.
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3.2.2. Metabolic Flux Control Analysis

Our laboratory first exploited flux control analysis [84] to establish the functional as-
sociation between individual respiratory complexes in beef heart mitochondria [63]. Using
specific inhibitors to establish the extent of metabolic control exerted by each individual
complex over the entire NADH-dependent respiration, we demonstrated that CI and CIII
are both rate-limiting, since they exhibit flux control coefficients (FCC) close to 1, thus
behaving as a single enzymatic unit (e.g., SC I1III2); we therefore concluded that electron
transfer through CoQ is accomplished by channeling between CI and CIII [63]. Using
the same method for succinate oxidation we found that CII, but not CIII, is rate-limiting,
confirming the notion that CII does not form SCs and that the oxidation of succinate follows
pool behavior.

A decade later, Blaza et al. [85], on the basis of flux control analysis, criticized the
evidence for channeling in the respiratory chain: accordingly, rotenone competes with CoQ
and, consequently the CI inhibition extent is affected by the additional quinone analog
used as substrate in the CI assay, but absent in the NADH aerobic oxidation assay. Indeed,
using rotenone and CoQ1 as substrate they find an FCC for CI exceeding 1 that is certainly
artefactual. However, in our study we used decyl-ubiquinone (DB) rather than CoQ1.
DB has much lower affinity than CoQ1 for CI [86], thus exerting lower competition with
rotenone and lower influence on the inhibition efficiency measured by us [63]. Moreover,
the FCC values found by Blaza et al. [85] using alternative inhibitors of CI (e.g., piericidin
and diphenyleneiodonium, not competitive with CoQ) are unrealistically low, indicating
the presence of a rate-limiting step downhill. Most likely, the limiting amount of cyt. c in
their sample would shift the main control of the chain to the cyt. c region. Significantly, in
Blaza’s study, addition of exogenous cyt. c to the mitochondrial samples enhanced the FCC
from 0.19 to 0.67.

Overall, we must emphasize that our major clue [36] to demonstrate association of CI
to CIII was not so much the high FCC of CI but the high FCC of CIII in NADH oxidation,
which is incompatible with a CoQ-pool model where CI and CIII independently float in
the membrane. Flux control of CIII was not performed in the study by Blaza et al. [85].
Such high FCC value of CIII over NADH-dependent respiration was measured by inhibitor
titration with mucidin, and is clearly not artefactual because the corresponding FCC of
CIII measured by using the same inhibitor in succinate oxidation is low (as expected
from the rate-limiting role of CII and the lack of SC II+III). It is evident that the FCC
of CIII is close to 1, indicating a rate-limiting step in CIII, only if the preceding COQ-
reductase is assembled with CIII in an SC, which is the case only for CI, but not for CII. In
addition, the high FCC that CIII shows over NADH-cyt. c reductase activity in reconstituted
proteoliposomes is strongly lowered when the SC I1III2 is dissociated [71] by reconstitution
in excess phospholipids or in peroxidized phospholipids.

The few other studies addressed to SCs using metabolic control analysis have con-
firmed the possibility that the respiratory chain is arranged as functionally relevant
supramolecular structures [87–89].

3.2.3. Coenzyme Q Compartmentalization

The possibility that the CoQ pool may not be homogeneous has been advanced long
time ago. Gutman and Silman [90] observed partial additivity and competition between
succinate oxidation and NADH oxidation. On the basis of their observations (and those
of others) [91], they proposed a compartmentalization of the CoQ pool, in which two
sub-domains partially interact through a spill-over diffusion-mediated mechanism.

Gutman [92] also investigated NADH and succinate oxidation in submitochondrial
particles (SMP), as well as the rates of energy-dependent reverse electron transfer from succinate
to NAD+ and of forward electron transfer from NADH to fumarate, concluding that:

“The electron flux from succinate dehydrogenase to oxygen (forward electron transfer
towards Complex III) or to NADH dehydrogenase (reverse electron transfer) employs the
same carrier and is controlled by the same reaction” whereas “the electron transfer from
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NADH to oxygen does not share the same pathway through which electrons flow in the
NADH-fumarate reductase”.

In other words, CI and CII (reverse electron transfer) are linked by a different pathway
with respect to CI and CIII (forward electron transfer), even if CoQ is a common interme-
diate for both pathways. We can clearly interpret this non-homogeneity of the CoQ pool
with respect to succinate and NADH oxidation as deriving from sequestration of CoQ in
the SC I+III in contrast with the free CoQ molecules that connect CII and CIII.

In past years, several other reports have suggested that the CoQ pool is not homoge-
neous and questioned its universal validity [93]. Similar observations were made by other
authors [94] who observed different functional CoQ pools in mitochondria.

Lapuente-Brun et al. [95] demonstrated that the physical association of CI and CIII
determines a preferential pathway for electrons mediated by a dedicated subset of CoQ
molecules. This compartmentalization would prevent significant cross talk and mixing
up between NADH oxidation (CI-dependent) and succinate oxidation (dependent on
CII) or other flavoenzyme-dependent oxidations. Moreover, the CIII units within the
SC I+III are exclusively dedicated to oxidation of NADH whereas free CIII is dedicated
to oxidation of other substrates using the free CoQ pool (e.g., fatty acids through ETF,
succinate, glycerol-3-phosphate and choline).

On the contrary, Blaza et al. [85] showed that the steady-state rates of aerobic NADH
and succinate oxidation were only partly additive in bovine heart submitochondrial parti-
cles SMP; moreover, cytochromes bH, bL, c and c1 in the same cyanide-inhibited particles
were reduced to a similar extent by either NADH or succinate or a mixture of the two
substrates. Blaza et al. [85] interpreted the results as a demonstration that a single homo-
geneous pool of CoQ molecules exists that receives electrons indifferently from CI and
CII. Note that these data were obtained on the whole pathway of electrons from ubiquinol
to oxygen and therefore also comprise the steps through cyt. c and CIV. It is therefore
not possible to discriminate whether the pool behavior is due to the homogeneity of the
CoQ-pool or of the cyt. c pool.

To overcome this uncertainty, we carried out experiments on succinate and NADH
oxidation by exogenous cyt. c in KCN-inhibited mitochondria, thus shortening the electron
route for both oxidation reactions by only including CoQ and CIII as redox partners [36].
Under such conditions, NADH and succinate oxidation by cyt. c was completely or almost
completely additive and close to the theoretical sum of the two individual reactions, thus
suggesting that two separate CoQ-compartments may exist.

Notably, we also obtained similar results (Tioli G, Falasca AI, Lenaz G and Genova
ML, data communicated at EBEC2016-Session P4) using proteoliposomes enriched in CI,
CII, and CIII. In these proteoliposomes, the additivity of NADH and succinate oxidation
decreased at increasing CIII inhibition by mucidin, thus substantiating the hypothesis that
the CoQ molecules in the SC I+III are in a dissociation equilibrium with the molecules in
the pool [96], cf. next section.

Fedor and Hirst [97] in another study incorporated an alternative quinol oxidase (AOX)
into mammalian heart mitochondrial membranes to have another competing pathway for
ubiquinol oxidation. Since AOX strongly increased the rate of aerobic NADH oxidation,
they concluded that the quinol generated in SCs by CI is more rapidly reoxidized in the
CoQ pool by AOX than by CIII inside the SC. Based on these results, Hirst [98] concludes
that quinone and quinol diffuse freely in and out of SC: no substrate channeling occurs,
since it is not required to support respiration.

In our opinion, this criticism is inconsistent for the same reasons discussed above for
concomitant NADH and succinate oxidation in presence of a CIII inhibitor, since Fedor
and Hirst used KCN to block electron transfer through CIV: under this condition electrons
from ubiquinol are forced to follow the alternative pathway by dissociation into the CoQ
pool (cf. Section 3.3.1). It is intuitive that channeling is largely predominant during high
turnover of the respiratory chain, whereas at low turnover, CoQ diffusion in the pool
would preferentially take place.
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Recently, our analysis was strongly supported by Szibor et al. [99] who expressed
AOX in mouse mitochondria and observed that electron input by succinate (CII), but not
by NADH (CI), almost completely reduces the Q pool (>90%) irrespective of the respiratory
state. AOX enhances the forward electron flux from CII and decreases reverse electron
transport. Interestingly, AOX does not act on CI substrates, except in the presence of a
respiratory inhibitor (as proven by Fedor and Hirst [97]).

Recently, Enriquez’s group [100] also presented results confirming that the SC of CI
and CIII allows the partial segregation the CoQ pool and allows substrate channeling.
Their results with different cellular models suggest that when CI is not superassembled,
as in CIII-KO cells, CoQ occurs in a unique pool, whereas CI superassembly triggers the
formation of two partially different CoQ pools.

3.3. If Electron Transfer Occurs via Channeling, What Is the Role of Coenzyme Q Pool?

Since a mobile pool of CoQ in the mtIM coexists with CoQ sequestered in SCs, we
may ask whether this pool is a mere reservoir of an excess of CoQ molecules without a
specific function or whether the CoQ pool is in any way required for physiological electron
transfer and/or for additional functions.

3.3.1. Dissociation Equilibrium of Bound Coenzyme Q

Compelling evidence that electron transfer from CI to CIII occurs physiologically
by channeling/restricted diffusion stems from the observation that CI is almost totally
associated in an SC with CIII. However, we reasoned that an excess of entrapped CoQ in the
pool is also required for channeling to occur [96]. In fact, the CoQ molecules bound in the
SC, that ensure electron transfer directly from CI to CIII are in dissociation equilibrium with
the CoQ pool. Therefore, the extent of CoQ binding to the SC depends on the equilibrium
with free CoQ in the pool and on the size of the pool itself. The existence of this equilibrium
is widely confirmed by a series of studies, such as the previously reported findings by
Heron et al. [77] on CI to CIII association, by the saturation kinetics for CoQ exhibited
by the integrated activity of CI and CIII (NADH-cyt. c oxidoreductase) [101] and by the
decrease in respiration in mitochondria fused with phospholipids causing subsequent
dilution of the CoQ pool [102].

In conclusion, besides acting as a diffusible substrate of several flavin reductases
not involved in SC organization (cf. next section), free CoQ molecules are a reservoir for
binding to the SC. Studies on respiration under pathological conditions [103,104] showed
that SC assembly is required for proper respiration, even if activity of the individual
complexes is normal. On the other hand, reconstitution in vitro as described in the previous
Section 3.2, suggests that respiration can occur in both modes (channeling and diffusion), if
CoQ is available. In a proteoliposome system where CI was reconstituted together with
an alternative oxidase (AOX) and CoQ10, and in absence of SC, Jones et al. [105] found
high rates of NADH oxidation through AOX, demonstrating that CI can deliver electrons
through the CoQ pool.

The dynamic character of CoQ bound within the SC, which is in dissociation equilib-
rium with the free pool of CoQ in the membrane, is the major point favoring controversy
concerning channeling. We propose that the CoQ molecules trapped in a lipid micro-
domain within the SC and are channeled from CI to CIII during electron transfer at steady
state, without significant exchange with the free pool; however, CoQ dissociation from
the SC to the pool becomes significant when electron transfer in the respiratory chain is
slow or blocked by an inhibitor. In this respect, the plasticity model would be a functional
rather than structural feature of the respiratory chain, a possibility taken into account by
Enriquez himself [37]. According to this idea, the SCs are stable structures that do not
readily dissociate under physiological conditions, while CoQ is said to behave in a highly
dynamic fashion: CoQ channeling and diffusion shall occur in proportions depending on
the turnover rates of the respiratory chain.
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3.3.2. Electron Transfer between Free Complexes

Several flavoenzymes reduce CoQ as outlined in Section 2. Among these, the most
widely investigated is CII. All evidence converges in the statement that electron transfer
from CII to CIII takes place only through the CoQ pool. Accordingly, succinate oxidation
kinetically follows pool behavior after extraction and reconstitution [101] and in intact
mitochondria [106] in accordance with the notion that CII does not participate in SC
formation (see previous sections). For the same reason, also energy-dependent reverse
electron transfer from succinate to NAD+, taking place through sequential activity of CII
and CI connected by CoQ, must take place by collisional interactions in the CoQ pool.
The hyperbolic relation experimentally found by Gutman [92] between the rate of reverse
electron transfer and succinate oxidase is in complete accordance with the pool equation.

Other CoQ reductases such as glycerol-3-phosphate dehydrogenase, ETF dehydroge-
nase, dihydroorotate dehydrogenase, choline dehydrogenase, sulfide dehydrogenase, that
are present in minor amounts, are probably inserted in the respiratory chain by interaction
through the CoQ pool [12], but kinetic evidence is poor.

Some knowledge exists for mitochondrial glycerol phosphate dehydrogenase (mt-
GPDH). A study [107] demonstrated that in brown adipose tissue (BAT) mitochondria
the inhibition curve of glycerol phosphate-cyt. c reductase is sigmoidal in the presence of
myxothiazol or antimycin A. Such type of inhibition suggests the occurrence of a homoge-
neous CoQ pool between mtGPDH and CIII [26]. CIII reduction by mtGPDH in human
neutrophil mitochondria was also shown to occur in absence of SC organization and of
NAD-linked respiration [103], providing further evidence that mtGPDH functions through
the CoQ pool. Preliminary studies by BN-PAGE (M.L. Genova, M. and H. Rauchova,
unpublished) showed that mtGPDH is not apparently linked to any of the respiratory com-
plexes. Mráček et al. [108] demonstrated that mtGPDH associates into homo-oligomers but
also in high molecular weight SCs of more than 1000 kDa whose composition is unknown,
but not associated with CI, III, or CIV as shown by BN-PAGE analysis. No association was
found between CI or other OXPHOS complexes and the electron transferring flavoprotein
(ETF) that participates in fatty acid oxidation.

Indirect evidence, however, suggests that fatty acyl CoA oxidation proceeds through
a separate CoQ pool with respect to NADH oxidation (cf. Section 3.5).

3.4. Electron Transfer through Cytochrome c: Is There Evidence for Channeling?

BN-PAGE clearly shows that a fraction of CIV, as well as CIII, participates in SC
assembly (cf. Section 2). However, metabolic flux control analysis [63] showed that CIII
has a high FCC, as well as CI, in NAD-linked respiration, whereas CIV has a low FCC;
this means that CI and CIII behave as a functional enzyme unit, whereas CIV seems to be
functionally independent.

These results cannot be easily explained [109]. It is true that most of CIV appears to be free
in the BN-gels (cf. Section 2), and one might consider that the cytochrome c oxidase activity
in the respirasome is masked by the large excess of active enzyme randomly distributed in
the membrane. On the other hand, this would mean that channeling is not a major feature
of electron transfer in the cyt. c region. The latter means that the free molecules of CIV are
involved in electron transfer from NADH and implies that the molecules of CIV assembled in
the respirasomes are not involved in the channeling of cyt. c [38,42], but do behave similarly to
the free CIV units in electron transfer by random diffusion.

The conclusion that the absence of channeling in the cyt. c region of mammalian mito-
chondria is a physiological feature, is supported by the observation that the respirasome
of potato tuber mitochondria is completely functional in cyt. c channeling, as detected by
the same flux control analysis in mammalian mitochondria [71]. This difference may be
ascribed to a tighter binding of cyt. c in the potato respirasome, as shown by BN-PAGE.

The structural evidence of purified SCs by cryo-EM adds structural reasons on the
looseness of CIII–CIV interactions in mammalian mitochondria. In ovine mitochondria,
Letts et al. [54] identified two distinct arrangements of SC I1III2IV1: a major “tight” form
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and a minor “loose” form (resolved at the resolution of 5.8 Å and 6.7 Å, respectively). In
both respirasome structures, CIV has a weaker density than the other complexes in the
respirasome, indicating the greater conformational flexibility of CIV. In the tight respira-
some, CIV contacts both CI and CIII, whereas CIV in the loose respirasome only interacts
with CI. Tight and loose architectures may represent independent structural entities or may
interconvert, indicating different stages of assembly or disassembly. The presence of two
forms of the respirasome having distinct CIV linkages was also detected by Sousa et al. [57]
and ascribed to instability of the purified SC.

In partial contrast with the above considerations, Lapuente-Brun et al. [95] demon-
strated that at least part of CIV forms a functional SC with channeling of cyt. c, but the SC
formation depends on the availability of the SC assembly factor SCAF1. They showed that
when CIV participates in SCs due to the presence of SCAF1, a significant proportion of CIV
activity is not utilized in cell respiratory activity. They also identified three CIV populations,
one of which is dedicated exclusively to receive electrons from NADH oxidation (forming
SC I+III+IV), presumably by cyt. c. channeling. The second population receives electrons
from FAD-dependent enzymes (forming SC III+IV and presumably operating by cyt. c
channeling), whereas the third major one is in free form and receives electrons from both
NADH and FADH2 oxidization, presumably using the free cyt. c pool. On the contrary, if
CIV is maintained permanently detached from SCs by elimination of SCAF1, all CIV is in
free form and electron transfer takes place via diffusion of a single pool of cyt. c.

Functional evidence for cyt. c channeling was also found in S. cerevisiae [110] mitochon-
dria which are characterized by having all CIV bound to CIII in a supercomplex [111], thus
preventing electron transfer through free CIV units. The structural evidence by single particle
cryo-EM sustains channeling, since in the III2IV2 SC (there is no CI in this yeast species) the
distance between the binding sites of cyt. c, i.e., cytochrome c1 of CIII and the CuA-subunit
II of CIV, is considerably shorter than that in bovine mitochondria [112]. At odds with this
structural evidence, however, Trouillard et al. [113] showed that the time-resolved oxidation
of cyt. c by CIV in yeast mitochondria is a random-collision process.

Rydström Lundin et al. [114] studied the kinetics of aerobic quinol oxidation in
S. cerevisiae mitochondria as a function of the respiratory SC factors Rcf1 and Rcf2 that
mediate supramolecular interactions between CIII and CIV forming SCs III2IV1-2. They
demonstrated that Rcf1 promotes formation of a direct electron-transfer pathway from
CIII to CIV via a tightly bound cyt. c. Accordingly, in these mitochondria under steady-
state conditions in the presence of added homologous cyt. c, the direct electron transfer
through the bound cyt. c (i.e., cyt. c channeling), is faster than the equilibration of electrons
with the cyt. c pool. Interestingly, when using heterologous cyt. c (from horse heart),
electron transfer between CIII and CIV occurs only via the cyt. c pool. Realistic theoretical
assumptions indicate that electron transfer between CIII and CIV can become rate limiting.
Hence, there is a kinetic advantage of bringing CIII and CIV together in the membrane to
form SCs [115]. In a yeast mutant defective in SC formation, but containing fully functional
individual complexes, the diffusion of cyt. c between the separated complexes is delayed,
thus reducing electron transfer efficiency [116].

Moreover, other results indicate that in the absence of Rcf1, the interactions required
for stability of the SC III+IV are disrupted [117]. Consistently, Rydström Lundin et al. [114]
demonstrated that direct electron transfer does not take place in the absence of Rcf1 and
electrons are only transferred via the cyt. c pool in the Rcf1∆ strain.

In the next Section 3.5, we will discuss the possible physiological reasons why
there is no major channeling of cyt. c in mammalian mitochondria, contrary to yeast or
plant mitochondria.

3.5. Supercomplexes and Regulation of Metabolic Fluxes

Does CoQ channeling occur under physiological conditions? As discussed in the
previous Section 3.3, the presence of a bottleneck downhill CoQ might induce interaction of
the NADH pathway (via channeled CoQ in SC I1III2IVn) with the succinate pathway (CoQ
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pool behavior) by shifting the CoQ dissociation equilibrium. However, if a rate-limiting
step is situated upstream, i.e., in or before the dehydrogenases, the reducing pressure of
CoQ on its partner oxidases (particularly in the case of CIII assembled in the SC I1III2IVn)
may not be present and the two routes would take place independently. On the other hand,
in mammalian mitochondria, it appears that the two fluxes mix up in the cyt. c region
where most evidence excludes cyt. c channeling (Section 3.4).

The existence of two different functional CoQ compartments, one for NADH oxida-
tion an another one for oxidation of succinate and other FAD-linked substrates, has deep
implications for the metabolic adaptation to the feeding state. The flux of electrons in the
respiratory chain is conditioned by the orientation of metabolism to use different fuels. The
use of different fuel molecules generates different proportions of NADH and FADH2, that
require an optimal equilibrium between the corresponding routes of electron transfer in
the respiratory chain. In a well-fed individual, the oxidative metabolism largely follows
the glycolytic pathway and the Krebs cycle, so that the oxidation of NAD-linked substrates
exceeds succinate oxidation (ca. 5:1) and the electron flux proceeds mainly through SC
I1III2. On the other hand, metabolic adaptation of liver mitochondria to fasting forces fat
mobilization and FAO [118]. In fact, an increase in the FADH2-dependent respiration, as
in FAO, induces saturation of the CoQ pool reoxidation capacity and promotes reverse
electron transport from ubiquinol to CI [119]. The resulting local generation of superoxide
triggers protein degradation of CI subunits by oxidative damage, and consequent disin-
tegration of the complex, as well as lipid peroxidation, disassembly of SCs and further
instability of their enzyme components. Thus, we can infer that CoQ redox status acts
as a metabolic sensor that fine-tunes the configuration and supramolecular organization
of the respiratory chain in order to match the prevailing substrate profile [120]. In order
to avoid such saturation of the CoQ pool oxidation capacity, fasting conditions require
proper disassembly of SCs to achieve adjustment of respiratory SC proportions favoring
the FAD-linked route. Similar adaptations may occur when the increase in FAO results in
response to high-fat diet. Impairment of this adaptation may be relevant to pathological
processes associated to obesity.

As postulated by Lapuente-Brun et al. [95], at the metabolic level, the fast kinetic
adjustments of the mitochondrial respiration are followed by gene expression changes in
the level of individual respiratory complexes.

Why appreciable channeling may not exist at the level of cyt. c in mammalian mi-
tochondria? (cf. Section 3.4). Mammalian mitochondria have several dehydrogenases
directing electrons to CoQ, however they usually have only one oxidase (CIV) receiving
electrons from CIII via cyt. c. For this reason, it may be worth speculating that, whilst it
may be useful to separate the major NADH-dependent flux from CI from those departing
from succinate, fatty acid oxidation and other metabolic pathways by separating the CoQ
compartments, there is no such need for cyt. c that is by and large receiving electrons
univocally from CIII. This assumption is reinforced by the fact that, contrary to what is
found in mammalian mitochondria, CIII and CIV of plant mitochondria are functionally
operating as an SC and, at the same time, cyt. c is tightly bound in the SC, as revealed
by flux control analysis [63] and BN-PAGE [71]. Not surprisingly, plant mitochondria
are characterized by a high branching of the electron transfer pathways feeding electrons
directly to cyt. c [121], which requires adjustment of the different routes as a response to
physiological needs, as it happens in mammalian mitochondria at the CoQ level. In plant
mitochondria, segmentation might be achieved by regulating different compartments of
free and bound cyt. c.

4. Overview of the F1FO-ATP Synthase/Hydrolase and Its Supramolecular Structure

The mitochondrial respiratory chain and its arrangement in SCs, detailed in the
previous sections, has the main bioenergetic role to build the electrochemical gradient
which allows the F1FO-ATP synthase to build ATP, namely, to accomplish the so-called
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energy transduction, which converts a transmembrane proton movement into chemical
energy, which can be used for all the energy-consuming processes of the cell.

The rotary ATPase family, which embraces structurally similar membrane-bound
enzyme complexes working as energy transduction mechanisms, consists of three sub-
families, A-, V- and F-type ATPases, which originate from a common evolutionary ancestor.
A-type ATPases occur in Archaea and some bacteria, V-type ATPases are typical of eukary-
otic vacuoles, while F-type ATPases occur in eukaryotic mitochondria, tylakoid membranes
of chloroplasts and in bacterial cell membranes [122]. In mitochondria, the hydrophilic (F1)
and hydrophobic (FO) ATPase domains are joined laterally by a single stalk stator and in
the middle by a central stalk. The F-type ATPases can function as ATP synthesis or ion
pumps coupled to ATP hydrolysis, a bifunctional mechanism unique in nature [123,124].
The F1FO-ATPase has a mushroom shape, in which FO is membrane-embedded and F1 pro-
trudes outside the mtIM. The enzyme complex is universally known as the nano-machine
that produces ATP, the “molecular energy currency” under aerobic conditions [125,126].
The hydrophilic enzyme domain basically consists of a spherical extrinsic hexamer formed
by three catalytic β subunits alternated with three non-catalytic α subunits. The (αβ)3
hexamer contains in the core the asymmetrical central stalk (in turn composed by γ, δ, and
ε subunits). The central stalk is joined to the loop of each c subunit hairpin. The number of
c subunits is species dependent: these subunits are arranged as a cylindric palisade to form
the c-ring. This subunit assembly, namely the c-ring and the central stalk, makes up the ro-
tor. The membrane-embedded a subunit with unusual “horizontal” hairpin helices named
H5–H6 matches the concave barrel-like c-ring where the H+ sites lie and perfectly fits the
ring size in order to create the H+ translocation pathway. A static structure peripheral to
the rotor, which spans for the entire enzyme complex length, acts as a stator to prevent
the (αβ)3 rotation torque of the central stalk. The peripheral stalk is composed by various
subunits, namely the hydrophilic oligomycin sensitivity-conferring protein (OSCP), F6, b, d,
linked to F1-catalytic domain and embedded in the mtIM by the hydrophobic portion of b
and A6L subunits. The peripheral stalk is also associated to the supernumerary membrane
subunits (sms) e, f, g, and 6.8-kDa proteolipid (6.8PL). However, 6.8PL was erroneously
believed to be inserted in the central hole of the c-ring [127] and another supernumerary
subunit, diabetes-associated protein in insulin-sensitive tissue (DAPIT), in the tetrameric
F1FO-ATPase porcine model was misassigned, since recently it was reported as localized at
the furthest edge of FO domain [128] (Figure 3). So, the emerging advances in the enzyme
knowledge make researchers continuously re-consider and re-evaluate the F1FO-ATPase
structure and function.

In mammalian mitochondria, this astonishing enzyme complex has recently revealed
versatile roles, in addressing cells to life or death, in the maintenance of the mitochondrial
morphology and raised great expectations as a drug target [129,130]. Accordingly, the
modulation of the enzyme functions, often compromised by mitochondrial dysfunctions
associated with severe diseases, may contribute to innovative therapeutic strategies at the
molecular level.

4.1. The F1FO-ATP Synthase from the Energy Production to Mitochondrial Morphology

In the energy-transducing mtIM, the synthesis of ATP is based on the coupling of
the rotary mechanisms of the two main sectors, namely the hydrophobic FO and the
hydrophilic F1 [131,132]. The protonmotive force (∆p), built by substrate oxidation in
the respiratory chain, drives H+ translocation through FO domain by generating torque
and allowing conformational changes in F1 which leads to ADP phosphorylation to yield
ATP. In mitochondria, the bi-functional enzyme can also work in reverse when the ∆p
drops. In this case, ATP hydrolysis by the F1 domain fuels H+ pumping by FO which re-
energizes the mtIM [133]. This energy-dissipating mechanism has also been associated with
a variety of pathological conditions [134]. Both in the forward and in the reverse reaction,
H+ translocation across the mtIM is due to the reversible protonation/deprotonation of
carboxylic sites, which also converts H+ flux into FO rotation. The disconnection between

228



Life 2021, 11, 242

these two matched activities, namely H+-translocation and catalysis, “uncouples” the
F-ATP synthase and often leads to mitochondrial dysfunctions. The enzyme sensitivity
to the antibiotic oligomycin, which by binding to the enzyme covers the H+ binding sites
and blocks the c-ring rotation and enzyme catalysis in either directions [135], is taken as a
parameter of the efficient coupling between the two domains.

This amazing rotary enzyme complex offers a good example of how molecular struc-
ture and function are tightly linked features [130], which cannot work without each other.

 

Δ

Δ

Figure 3. Structure of the mitochondrial F1FO-ATPase in mammals. The enzyme subunits are drawn
as ribbon representations obtained from modified PDB ID code: 6TT7. The differently colored letters
identify the subunits, drawn in the same color as the letter.

4.2. Structural Basis of the Bioenergetic Mechanism

Among all F-ATPases, the mitochondrial enzyme complex has the most complex
subunit composition [136]. F1 protrudes in the mitochondrial matrix as an asymmetric
hexagonal globular assembly of α and β subunits, arranged as (αβ)3 around the γ subunit
of central stalk which connects FO to F1. The hexamer, in which α and β subunits alternate,
hosts three catalytic and three non-catalytic sites. The three catalytic β-sites can adopt
three conformations, namely “open”, “closed”, and “semi-closed”, defined as βE, which is
empty, βTP, which contains Mg-ATP or Mg-ADP and βDP, which hosts Mg-ADP. Each of
the three non-catalytic α subunits binds Mg-ATP [137] and also Mg-ADP [128]. According
to the binding change mechanism, the β conformations interconvert each other as the c-ring
rotates and transmits the rotation to central stalk [138], which when it meets the catalytic
sites, changes their conformation and affinity for nucleotides. So, during a complete
turn (360◦) each catalytic site undergoes (stepwise) all the three different conformations
leading to synthesize/hydrolyze three ATP molecules. Moreover, Mg-ATP bound to
the non-catalytic sites allows ADP release from the βDP site and removes the Mg-ADP-
driven enzyme inhibition during multiple ATP hydrolysis turnover [139]. Interestingly, the
mammalian γ subunit shows two isozymes, a “heart isoform” and a “liver isoform”, which
differ by a single amino acid, an additional aspartate at the C-terminus of the liver enzyme.
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The former is expressed in tissues with a high and variable energy demand such as heart,
muscle, diaphragm, while the latter is expressed in brain, thyroid, spleen, pancreas, kidney,
testis and liver, which, apart from brain, show a low ATP consumption and a steady energy
demand. Even if the C-terminus Asp in the liver γ-subunit may form salt linkages and
decrease the enzyme efficiency, no differences in enzyme kinetics were found, so the two γ
isoforms probably only have a regulatory function [140].

Other than by the γ subunit, the functional coupling of the two main sectors FO
and F1 in mammalian mitochondria is ensured by the peripheral stalk and especially
by OSCP [134].

The membrane-embedded FO domain, which allows H+ flow across the mtIM, hosts
the a subunit, which channels H+, and the cn-ring, namely the rotor, which consists of
a cylindrical palisade of n subunits. The number n varies in the range 8–15 among the
species, is constant in the same species and determines the ATP bioenergetic cost, which
is obtained from the ratio between the number of translocated H+ and the three ATP
molecules constantly produced in a complete (360◦) rotation of the rotor. Accordingly, the
number of transported H+ per complete rotation of the c-ring is related to the number of H+

binding site(s) on each c subunit. In general, an increase in the c-ring size and consequently
in the number of H+-binding c-subunits, implies an increase in the bioenergetic cost of
ATP, since more H+ should flow downhill across the mtIM to produce one ATP molecule.
Mammals which show a small c-ring (n = 8) are highly efficient by dissipating less H+ to
yield one ATP, namely they obtain ATP at a low bioenergetic cost [141]. So, the number
of c subunits, and of H+ binding sites, can be taken as a rotor efficiency parameter. In
the OXPHOS system the transmembrane driving force ∆p which links substrate oxidation
to ADP phosphorylation to yield ATP, consists of an electrical ∆Ψ (membrane potential
difference) and of a chemical component, ∆pH (pH gradient) between the positive and
negative side of the mtIM. During evolution, species have adapted the c-ring size to the
prevailing electrochemical parameter, ∆Ψ or ∆pH. Accordingly, when ∆Ψ prevails and
the pH gradient is low, the c-ring is small [142]. This is the case of mammals, generally
vertebrates and some invertebrates [143]. Conversely, a prevailing ∆pH is associated with
the large c-rings (n = 11–15), typical of chloroplasts and bacteria [144,145].

The H+ pathway within FO only recently has been elucidated. It is built step by step
within the a subunit by selected amino acid side chains, which form a quite unexpected
route along the mtIM allowing membrane crossing in a perpendicular way to the two
aqueous half-channels. The two half-channels are discontinuous and open one in the matrix
and the other in the lumen and both contain two horizontal highly conserved α-helices,
named H5 and H6, which lie along the mtIM and are juxtaposed to the c subunits, thus
providing access to the c-ring H+ binding sites [146]. This α-helix arrangement in the mtIM
features all rotary A-, F- and V-type ATPases [147]. Each c subunit is hairpin-shaped and
spans the mtIM. These gathered hairpins form a sort of hourglass, seen laterally from
the membrane side, whose concavity hosts the H+-binding sites on the outer C-terminal
α-helices of c subunits. Therefore, the horizontal α-helix arrangement perfectly fits the
rotor concavity [148].

The H+ transfer across the mtIM in either direction requires subsequent protona-
tion/deprotonation steps of H+ binding sites that consist of amino acid side chains that
interconvert between the protonated and deprotonated states. Interestingly, in mitochon-
dria at the edge of the cristae, the pH value is higher than that in the IMS opposing the
inner boundary membrane (IBM), as well as the cristae ∆Ψ generated by the respiratory
chain [149] is higher than in the IBM [150]. The H+ flow through FO for ATP synthesis
occurs from the lumen or intracrista space of the half-channel formed by the hydrophilic
cavity created by the end of H5 and H6 helices of a subunit, and H3 helixes of b and f
subunits. The H+ pathway starts from aHis-168 and aHis-172 on H5 helix and ends at
aGlu-203 on H6 helix of a subunit, which acts as intermediate H+-donor to cGlu-58 of the
c-ring [128,151]. The Glu-His interactions establish multiple H-bridges in the membrane
half-channel that, by changing the carboxylic group pKa, allow its protonation. On the
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opposite half-channel on the luminal side viewed from the intracrista space, the aGlu-145
on H5 (matrix) helix acts as “de-protonator” which restores the original pKa of cGlu-58
allowing the H+ detachment. The half-channel arises where a conserved aPro-153 bends
the aH5 helix [151]. Then, the folding is enforced by DAPIT subunit and H4 helix of a
subunit in order to make the half-channel hydrophilic core conformationally adapt to the
c-ring shape (Figure 4).

α

α

α α

ΔΨ

 

Figure 4. Proton translocation pathway within FO during ATP synthesis. On the top the H+ entry and exit into and from the
half channels, viewed from the IMS. On the left and right sides, the H+ outlet and inlet half-channels, respectively, after the
rotation angles above the arrows are shown. The horizontal helices H5 and H6 of a subunit (violet) and four c subunits
(gray), drawn as ribbon representations, were obtained from modified PDB ID code: 6TT7. The amino acids of a subunit
involved in H+ translocation are drawn as ball and stick models.

During the H+ translocation through the membrane-embedded FO domain, a puta-
tive participation of hydronium ion (H3O+) was also suggested [152]. Accordingly, in
prokaryotes and eukaryotes the bell-shaped pH profile of the F1FO-ATPase inhibition by
dicyclohexyl-carbodiimide (DCCD), which covalently binds to c-subunit carboxylates, is
not compatible with carboxylate protonation of H+ binding sites, but it may be explained
by H3O+ coordination [143,153]. Indeed, on considering the position of molecules able to
establish hydrogen bonds in the half-channels, whose core is hydrophilic, H+ translocation
may be coordinated by water molecules by the Grotthuss mechanism, namely by proton
jumping from covalent to H-bonds and vice versa [128,154]. During ion translocation, the
cGlu-58 adopts different conformations, namely the H+-unlocked anionic form (carboxy-
late) to face the aqueous environment of the half channels, and the H+-locked form of
the protonated carboxylic group to face the hydrophobic environment of the mtIM. In the
locally hydrated luminal half-channel, the cGlu-58 carboxylate is oriented in an outward-
facing (H+-unlocked) conformation before protonation and turns to an inward-facing
closed (H+-locked) conformation when protonated. On the opposite half-channel, which
faces the matrix, the cGlu-58 in the H+-locked conformation turns to the H+-unlocked
conformation after deprotonation. The c-ring key carboxylates embedded in the mtIM
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are always in the H+-locked conformation to enter the lipophilic mtIM [155] and make
the c-ring rotate due to Brownian motion [131]. The rotation direction when viewed from
FO toward F1 is clockwise during ATP synthesis and counterclockwise during ATP hy-
drolysis [133,156]. The low pH in the luminal half-channel favors cGlu-58 protonation
and the consequent locked conformation, pushed by ∆p that favors the entry to the mtIM.
When an almost entire rotor rotation is completed, the cGlu-58 reaches the half-channel
on the matrix side where the low H+ concentration as well as the negative charge of the
“H+-releasing site” on H5 helix of a subunit, favors its deprotonation associated with the
H+-unlocked carboxylate form. The positive charge of a crucial arginine, aArg-159, acts
as electrostatic barrier between the two half-channels, prevents H+ short circuiting and
attracts the negatively charged cGlu-58 carboxylates [157]. Moreover, aArg-159 helps the
cGlu-58 de-protonation during H+ translocation and prevents salt bridges between a and
c subunits which would block the rotation. Interestingly, aArg-159 and the H+-unlocked
cGlu-58 are too far (about 4.5 Å) and cannot interact [144], so the two half-channels for H+

entry and exit at the a/c-ring interface are spatially offset to allow the rotation direction
adjust to ∆p [135].

During ATP hydrolysis the transition between the three β conformations in F1 drives the
rotations of the γ subunits and of the c-ring and increases the ∆p by pushing H+ uphill [134].

The coupling of energy transduction and H+ translocation is allowed by conforma-
tional adaptations of the F1 and FO domains [158] that adapt to each other, helped by
flexible regions in the peripheral stalk. The latter undergoes torsion during catalysis, but
also the c-ring shows conformational fluctuations when it contacts the a subunit. Therefore,
coordinated conformational changes within the enzyme proteins produce and synchronize
the torsion.

4.3. The ATP Synthase Supramolecular Arrangement and the Mitochondrial Shape

The mitochondrial F1FO-ATPase functions are ensured by the enzyme supermolecular
arrangement. By self-assembling in dimers and tetramers, the F1FO-ATPase rules most
bioenergetic and structural functions in eukaryotic mitochondria [159]. Accordingly, the
occurrence of sms, which lack in bacteria and chloroplasts, in FO is linked to the sms involve-
ment in supercomplex arrangement and in the mtIM ultrastructure [130]. Consistently, no
F1FO-ATPase dimers were found in prokaryotes and chloroplasts, while some differences
between yeast and mammalian F1FO-ATPases occur in the building of contact sites. It
seems to have been ascertained that, while the basic subunits allow the overall functionality
of the enzyme complex, these sms are required to join the monomers and to bend the
membrane. The sms were differently named according to the taxa: A6L, e, f, g, and DAPIT,
which corresponds to the k subunit in yeasts, and mammalian 6.8PL, which corresponds
to the orthologue i/j in yeasts [128]. The membrane subunits are mainly encoded by nu-
clear genes, apart from a, A6L and c subunit (identified also as 6, 8 and 9 subunit) for
yeast F1FO-ATPase and only a and A6L in mammals which are encoded by the mitochon-
drial DNA. Notably, different sms structurally contribute to the F1FO-ATPase dimerization
in yeasts and in mammals [127,160]. Three different isoforms occur in the mammalian
c subunit.

F1FO-ATPase monomers form dimers arranged in long rows on the mtIM and MICOS
(mitochondrial contact site and cristae organizing system) complex at cristae junctions
cooperate to yield the cristae morphology in agreement with their opposing effects on
membrane curvature [161–163]. Moreover, recent work shows that the F1FO-ATPase dimer-
ization factor subunit e interacts with the MICOS component Mic10, which stabilizes the
enzyme oligomers and possibly temporal orchestration of cristae biogenesis. Moreover, the
F1FO-ATPase dimerization and the MICOS component Mic60 induce opposite membrane
curvature, namely the former promotes a negative curvature and the latter a positive
curvature (concave and convex as viewed from the matrix, respectively). Most likely, the
interaction between MICOS and dimeric F1FO-ATPase, which implies a high mobility of
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the enzyme monomers in the crista membrane, enables spatial and temporal coordination
during crista biogenesis and dynamics [164].

Interestingly, the dimerization interface in different species shows different subunit
composition with no apparent homology [136].

Four different types of F1FO-ATPase dimers were described in mitochondria. In
mammals (e.g., Bos taurus, Sus scrofa domesticus, and Ovis aries heart) and yeasts (Saccha-
romyces cerevisiae) V-shaped dimers, named type I dimers, are localized on the rim of the
cristae with an mtIM convexity of about 90◦ [137,149]. Type II, III and IV dimers, which
differ in the angle between monomers, were only found in algae, protozoa and small
invertebrates [148,159].

Mammalian F1FO-ATPases can also form a H-shaped tetramer, which in turn con-
sists of two assembled type I dimers that lie antiparallel to each other. The dimers are
joined by two IF1 subunits, an endogenous protein inhibitor [127], evolutionary conserved
throughout eukaryotes, which only blocks ATP hydrolysis but not ATP synthesis. Most
likely, IF1 normally is not essential for cell survival, but can be crucial under pathological
or stress conditions [165], as suggested by its overexpression associated to the decrease in
OXPHOS in some cancer types [166]. However, IF1 not only prevents ATP dissipation by
ATP hydrolysis, but also contributes to mitochondrial morphology [127,167,168]. The IF1
dimer, which becomes active at acidic pHs in the matrix and stems from the dissociation of
the tetramer, inhibits ATP hydrolysis when ∆p collapses. In the tetramer, IF1 links two F1
domains of two opposite dimers; it binds to the catalytic interface between the αDP and
βDP subunits in loose binding conformation. Therefore, the two monomers of the laterally
opposite dimer are connected by the same IF1; these two IF1 proteins make the tetramer
steady and block ATP hydrolysis by a ratchet-like action on the rotor. The F1FO-ATPase
dimers are also maintained in rows by a long-range attractive force that stems from the
relief of the overall elastic strain of the mtIM [169]. Other than by interactions with IF1
dimers, the mammalian tetramer is maintained by e-e and g-g interactions between two
opposed and diagonally arranged monomers [170]. Moreover, the monomers are joined
side-by-side in a row through DAPIT interaction with a subunit at the matrix space and
with g subunit both at the matrix side and the intracrista space. The dimers are linked
by interactions of one monomer 6.8PL with f and e subunits of the other monomer, and
vice versa, at the matrix and intracrista space, respectively. In addition, the subunits a-a in
the middle of mtIM, the f -f at the matrix and e-e at the intracrista space establish multiple
contacts between each monomer pair [128].

Moreover, the association of two FO domains depends on e and g subunits and on
a putative conserved dimerization GxxxG motif in the transmembrane α-helices of both
subunits [171,172]. The substitution of a glycine residue by leucine into the e subunit
motif led to the loss of g subunit, destabilized the dimer and resulted in an onion-like
structure in the cristae [171]. The individual α-helix of e subunit and the H3 of g subunit
interact with their respective GxxxG motif and joined to H2 of b subunit form the triple
transmembrane helix bundle (TTMHB). The TTMHB tilt is driven by a U-turn structure
formed by H2 and H3 helices of b subunit. This subunit assembly creates a reminiscent
BAR-like domain that bends the mtIM [128,173] to form the apex of cristae, but e and g
subunits also keep the monomers together. Accordingly, disulfide cross-link experiments
showed the interactions between e-g or e-e/g-g increase the stability of F1FO-ATPase dimers
and oligomers, respectively, in mitochondrial digitonin extracts [172].

In mammals, subunit–subunit interactions produce the F1FO-ATPase supermolecular
arrangement, in which monomer pairs form dimers and dimer pairs form tetramers, which
in turn form long rows of oligomers. This structural arrangement produced by subunit–
subunit interactions, also forces the mtIM to be convex at the apex of the cristae. The
enzyme subunits involved in oligomerization, though not directly involved in catalysis,
contribute to the maintenance of cristae architecture, which is essential for an efficient
respiration by acting as proton sink. A mutation in subunit k/DAPIT results in aberrant
cristae formation, defective F1FO-ATPase dimerization and a mild Leigh syndrome phe-

233



Life 2021, 11, 242

notype [164]. Cristae remodeling and F1FO-ATPase dimerization may be also involved in
cell differentiation [174].

Interestingly, in some forms of cancer, the overexpression of IF1, which leads to the
F1FO-ATPase dimerization and cristae formation, could contribute to neoplastic degenera-
tion and evasion of apoptosis. The absence of IF1 in Luft’s disease, a rare mitochondrial
disease, is associated with densely packed mitochondrial cristae [175]. Moreover, the acidic
phospholipid CL is critical for oligomerization of F1FO-ATPase multimeric complexes ei-
ther by direct interaction with the enzyme or by inducing the proper membrane curvature.
CL, acting like a non-bilayer forming phospholipids, interacts with the F1FO-ATP synthase
and may reduce the free energy of the extreme mtIM curvature to stabilize high-curvature
folds [164,176]. From these few examples it seems clear that any change in at least one
among the multiple factors which rule the mitochondrial morphology can easily lead to
pathology. The F1FO-ATPase can work in monomeric and dimeric form; however, the
loss of the supramolecular organization of the F1FO-ATPase causes aberrant membrane
morphology results in respiratory defects.

On these bases CL defects, as in Barth Syndrome (see Section 3.1.3) can affect the
supramolecular arrangement of the F1FO-ATPase, the mitochondrial shape and, as depicted
in the following section, the mitochondrial permeability transition.

During aging, the typical rim shape of the cristae disappears and the F1FO-ATPase
dimers dissociate into monomers. Consistently, the mitochondrial morphology changes,
showing a vesicular mtIM, leading to mitochondrial dysfunction and cell death [177]. Even
if most results come from in vitro studies on experimental models and should be deepened
and confirmed in vivo, recent advances suggest that mitochondrial changes are a driving
force, rather than a consequence, of the aging process and neurodegeneration [176]. The
connection among the F1FO-ATPase supramolecular arrangement, the mitochondrial shape
and some human diseases, as pointed out by these few examples, is also made clearer by
the enzyme involvement in the mitochondrial permeability transition pore (mPTP), the
topic of the following section.

4.4. How the ATP Synthase/Hydrolase Is Involved in the Mitochondrial Permeability
Transition Pore

In recent years, the F1FO-ATPase has been implicated in the mPTP, a large pore in the
mtIM, which permeabilizes the mtIM to ions and other solutes [178–180]. As the mem-
brane becomes permeable, the massive water influx in the matrix results in mitochondrial
swelling. For short full openings, the mPTP is reversible, but prolonged openings are
irreversible and trigger the release of cyt. c and other pre-apoptotic factors which drive the
cell to death [181]. The mPTP formation is stimulated by ROS and Ca2+ increase, by the
binding of the mitochondrial protein cyclophilin D (CyPD) in mitochondria and inhibited
by H+, Mg2+, adenine nucleotides, and cyclosporin A (CsA), which displaces CyPD and
desensitizes the mPTP to Ca2+ [182]. The mPTP activity mainly appeared as a property
of mammalian and yeast mitochondria, where it was intensively investigated. However
recently the mPTP was also reported in mussel [183], in sea urchin oocytes [184], in the
nematode Caenorhabditis elegans [185], in plathelminths [186] and insects [187,188], while it
is still controversial in crustaceans [189,190]. Indeed, it is not a “vertebrate invention” to
rule cell fate, as initially thought [191].

At present, the problem of the involvement of F1FO-ATPase in the mPTP and especially
its structural participation in the mechanism of mPTP formation and opening is near to
being solved [128]. This quite surprising task of the F1FO-ATPase, which has been supposed
by different research groups, points out the versatility of this intriguing enzyme complex,
which emerges as the playmaker of cell life and cell death. Two main F1FO-ATPase sites
have been involved in the mPTP formation: the c-ring [179,180] or the monomer–monomer
interface of the dimer [178].

The hydrolytic function of the F1FO-ATPase, namely ATP hydrolysis, can be sustained
by metal divalent cations different from the natural cofactor Mg2+, such as Ca2+, which is
unable to activate the enzyme complex in the opposite function of ATP synthesis [192–195].
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Interestingly, Ca2+ rise in the mitochondrial matrix initiates a cascade of events which lead
to cell death. So, in recent times Ca2+ binding to the F1FO-ATPase in replacement of Mg2+,
an event which can easily occur in the presence of relatively high Ca2+ concentrations in
mitochondria, since the enzyme affinity for Ca2+ is lower than that for Mg2+ [193,196], has
been associated with the mPTP opening [192,195,197–199].

Accordingly, the structure of mammalian F1FO-ATPase exposed to Ca2+ and revealed
by cryo-electron microscopy, shows unusual states, not identified when Mg2+ acts as co-
factor, which can be ascribed to mPTP opening. Indeed, in the new “bent-pull” model,
the Sazanov lab highlights the role of c-ring and of some sms in mPTP formation. Ac-
cordingly, when Ca2+ replaces Mg2+ in the catalytic binding site, the cation insertion in
the Ca2+-activated F1FO-ATPase, due to the higher steric hindrance, would promote con-
formational changes of F1 domain, in turn transmitted by the peripheral stalk [198] to
membrane subunits that form the mPTP [198]. Notably, when the Ca2+-activated F1FO-
ATPase activity is decreased by various inhibitors, the mPTP formation is delayed or
even prevented [196,197,200]. The c-ring contains two different phospholipids at the two
opposite sides of its cavity. At the matrix side, phosphatidyl serine is anchored by ionic
interactions to the positive charge of Arg-38 of c subunits, while at the intracrista side,
Lys-71 of e subunit coordinates a lyso-phosphatidylserine. Since the phosphatidylser-
ine double acyl-chain does not have enough space around the c-ring plug and is linked
to the c-ring, it rotates together with the rotor. Conversely, the monoacyl chain of lyso-
phosphatidylserine acts as “lubricated” lipid plug. The two lipids inside the c-ring are
separated by the conserved cVal-16 [128]. The F1FO-ATPase distortion and tilt induced
by Ca2+ trigger changes in the conformational states of the Ca2+-activated F1FO-ATPase
that open the mPTP. Most likely, the signal propagation from F1 to FO through the long
helix of b subunit modifies the TTMHB assembly and changes the position of e subunits,
which expel the lyso-phosphatidylserine from the central hole inside the c-ring and opens
the channel at the positive mtIM side [181]. Consequently, the curved crista ridges and
the F1FO-ATPase dimerization are lost [177,199,201]. According to Sazanov’s hypothesis,
the water molecules inside the c-ring destabilize the phosphatidylserine which pushes out
the lipid plug and creates a pore through the c-ring, while the consequent conformational
change detaches F1 from FO. Thus, structural/conformational F1FO-ATPase changes are
involved in the (ir)reversible mechanism of the mPTP, which opens and closes and rules
cell fate. The most recent data strongly sustain the hypothesis that these changes mainly
involve the c-ring, which emerges as the main character in mPTP formation (Figure 5).

However, this matter is still hot and some debate on this topic remains. The pos-
sibility that differently sized pores can be formed and coexist in the mtIM satisfactorily
combines the conclusions drawn from different experimental approaches. Accordingly,
the mtIM could be depolarized by any increase in conductance upon mitochondrial Ca2+

overload, due to transmembrane channels and/or transporters [202]. In this scenario, the
Ca2+-activated F1FOATPase would contribute to the membrane depolarization by induc-
ing the largest mPTP pore. It seems reasonable to think that smaller sub-conductance
activities, which contribute to the mPTP can be ascribed to many other mitochondrial
channels/transporters [203]. However, the mitochondrial F1FO-ATPase remains the most
likely candidate as main high-conductance major channel or mPTP by definition, proven
to be inhibited by CsA, but not by bongkrekate (BKA), which is known as inhibitor of the
adenine nucleotide translocase [202,204].

Moreover, the adenine nucleotide translocase isoforms could form a secondary low-
conductance mPTP inhibited by both CsA and BKA [205]. Notably, the mPTP activity
can be enhanced by Ca2+ and pharmacologically modulated by selective inhibitors of
F1 [196] and FO domain [206–208]. Newly, purified and functionally active F1FO-ATPase
monomers [209] and dimers [210] act as a voltage-gated ion channel endowed with mPTP-
like properties.
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Figure 5. Model of mitochondrial permeability transition pore (mPTP) formation from the Ca2+-activated F1FO-ATPase.
On the left Ca2+ bound to the catalytic sites activates the enzyme by triggering the structural change which opens the
mPTP. On the right, the pore forms in the core of the c-ring when the lipid plug is pulled out. mPTP opening dissipates the
mitochondrial ∆p and water entries in the matrix driven by oncotic pressure.

Dysregulated mPTP opening is involved in mitochondrial dysfunctions which fea-
ture a variety of diseases such as neurological and cardiovascular disorders, type 1-
diabetes [211], cancer [212], inflammatory bone diseases [213] and diseases due to the
exposure to contaminants [214]. In general, pathological conditions associated with ox-
idative stress also involve mPTP dysregulation [182]. Notably, the mPTP has been also
involved in lifespan [215] and bone repair [216]. So, the discovery and design of mPTP
rulers is at present a great challenge in pharmacology [217–219]. Recently, the use of natural
products such as mPTP modulators raised a great interest in ethnomedicine [220].

5. SCs Association Protects from ROS Damage

The supramolecular organization of the respiratory chain has revealed a hitherto
unknown link between mitochondrial structure and generation of the so-called ROS. In
this section we will provide evidence that there is a biunivocal relation between ROS and
SC association, i.e., SC association protects mitochondrial structure from ROS damage, but
at the same time the SC association limits ROS generation from the respiratory chain.

ROS, in the past considered exclusively as major factors for cellular toxicity, are
recognized today to be important physiological factors involved in cell signaling, by
affecting the redox state of signaling proteins [221].

ROS is a collective term including oxygen derivatives, either radical or non-radical,
that are oxidizing agents and/or are easily converted into radicals. Transition metals such as
iron and copper, when in a free state, have a strong capacity to reduce O2. Stepwise addition
of an electron generates in sequence the superoxide radical anion O2

−, the peroxide ion
(which is a weaker acid and is protonated to hydrogen peroxide H2O2), and the hydroxyl
radical OH. The hydroxyl radical is extremely reactive with a half-life of less than 1 ns;
thus, it reacts close to its site of formation.

5.1. Mitochondrial Sources of ROS

In the cell environment, ROS can stem from exogenous and endogenous sources [222].
Exogenous sources of ROS include UV and visible light, ionizing radiation, drugs and
environmental toxins. On the other hand, endogenous sources of ROS embrace enzyme
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activities such as: xanthine oxidase, cytochrome P-450 enzymes in the endoplasmic retic-
ulum, peroxisomal flavin oxidases and plasma membrane NADPH oxidases. However,
the membrane-ETS in the mtIM is probably the major source of ROS. Other mitochondrial
enzyme systems can significantly contribute to ROS generation [223], as dihydrolipoamide
dehydrogenase (a subunit of the α-ketoglutarate and pyruvate dehydrogenase complexes),
monoamine oxidase, mitochondrial nitric oxide synthase and the adaptor protein p66Shc.
These systems are not relevant to this review and will not be considered here.

ROS from the Respiratory Chain

In mammalian mitochondria, and particularly in the respiratory chain and related en-
zymes, at least ten different sites of superoxide/H2O2 production have been identified [224].
The FMN and CoQ-binding sites of CI and the QO site (at the outer or positive side) of CIII
are considered as the most important sites for superoxide production. However, other sites
have also been defined (Figure 6).

−

α

 

α

Figure 6. Major sites of superoxide production from the respiratory chain. The arrows represent the sources of su-
peroxide at different sites in relation to the inner mitochondrial membrane. Blue, CI, NADH-ubiquinone oxidoreduc-
tase; yellow, CII, succinate-ubiquinone oxidoreductase; red, CIII, ubiquinol-cytochrome c oxidoreductase; green, CIV,
cytochrome oxidase; NDi and NDe, internal and external alternative NAD(P)H dehydrogenases; AOX, alternative oxi-
dase; αGP, glycerol-3-phosphate; ETF, electron transfer flavoprotein; Q, Coenzyme Q (ubiquinone); Cyt C, cytochrome c;
(see text for details).

Most of superoxide is generated at the matrix side of the mtIM, as superoxide is detected
in SMP, which are inside-out vesicles, namely have an opposite orientation with respect to
mitochondria. However, a significant amount of superoxide is formed at the outer face of
the mtIM [225]. It is likely that CI releases ROS in the matrix, while CIII releases ROS mostly
in the IMS. The superoxide released at the IMS may be directly exported to the cytoplasm
through an anion channel related to the Voltage-Dependent Anion Channel, VDAC.

CI is a major source of superoxide production in different mitochondrial types. Several
prosthetic groups in CI were proposed to directly reduce oxygen, including FMN [226–228],
ubisemiquinone [229,230], and iron sulfur (FeS) cluster N2 [231–233].

Grivennikova and Vinogradov [234] observed both superoxide and hydrogen perox-
ide generation by CI and attributed superoxide formation to FeS cluster N2, an hydrogen
peroxide formation from 2-electron oxidation of fully reduced FMN. Rotenone, a spe-
cific inhibitor of CI, enhances ROS formation during forward electron transfer in the
respiratory chain [231].

The highest rate of ROS generation in isolated mitochondria occurs during oxidation
of succinate [235]. Since this ROS production is inhibited by rotenone [229,236,237], it is
commonly attributed to CI during the energy-dependent reverse electron transfer from suc-
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cinate to NAD+ through CoQ [238–240]. See also Section 3 for the role of the reduced CoQ
pool in reverse electron transfer and ROS-dependent CI destruction (cf. Guáras et al. [120]).

The formation of superoxide in CIII depends on its peculiar mechanism of electron
transfer, the so-called Q-cycle [241]. If the lifetime of the semiquinone (Q) at the outer QO
site, is prolonged, as in the controlled state when the electric potential is high, it reacts
with oxygen, thus forming superoxide [242,243]. This conclusion is also reached by the
superoxide increase induced by the specific CIII inhibitor, antimycin [244].

More recent studies, however, suggest that the oxygen reductant is the semiquinone
formed in the so-called semi-reverse reaction in which cytochrome bL reduces the fully
oxidized quinone [245,246]. Osyczka [247,248] proposes that a metastable radical state, non-
reactive with oxygen, safely holds electrons at a local energetic minimum during the oxida-
tion of ubiquinol. This intermediate state is formed by interaction of a radical with a metal
cofactor of a catalytic site, presumably the FeS cluster, under physiological conditions.

The other sites in the respiratory chain which may be a source of ROS (e.g., CII, glycerol
phosphate dehydrogenase, dihydroorotate dehydrogenase, ETF and ETF dehydrogenase)
are reviewed in [249].

5.2. Control of ROS Production

The steady-state concentration of ROS in a cell depends on many factors, including
the rate and site of production, their lifetimes and diffusion constants, the interconversions
between different ROS, and the removal rate by different antioxidant systems.

The ROS generation by isolated mitochondria accounts for 0.1–0.2% of oxygen con-
sumed, but the rate and extent vary among different tissues and substrates [250,251].

The mitochondrial ROS level is physiologically regulated, as expected for their role as
cellular signaling molecules (cf. Section 5.3).

Mitochondrial ROS production increases in State 4 (controlled non-phosphorylating
state) when the membrane potential is high and the electron transfer rate decreases [252].
In fact, under this condition the respiratory carriers capable of donating electrons to
oxygen are more reduced. For this reason, uncoupling may limit the production of ROS
by releasing excessive membrane proton potential. In rat hepatocytes, a futile cycle of
H+ pumping and proton leak may account for 20–25% of respiration [253] and even more
in perfused rat muscle. Uncoupling may be achieved by activating proton leak through
uncoupling proteins (UCP) [244] (for a different role postulated for uncoupling proteins, cf.
Wojtczak et al. [254]). In this way, although a tissue may dissipate a conspicuous part of the
energy conserved by its mitochondria, the mitochondrial respiratory chain is maintained
under more oxidized conditions, thus preventing the overproduction of damaging species.

UCP2 structure supports a fatty acid cycling mechanism for uncoupling [255]: UCP2
expels fatty acids in their anionic form from the negative matrix, while the protonated acids
flow back from the positive exterior by passive diffusion through the bilayer. The resulting
effect is H+ back diffusion to the matrix, so that ∆p dissipation decreases superoxide
formation. UCP-mediated antioxidant protection and its impairment are expected to play
a major role in cell physiology and pathology [256]. Mitochondrial uncoupling could be
exploited to treat human diseases, such as obesity, cardiovascular diseases, or neurological
disorders [257] (cf. Section 6).

Besides high membrane potential, other reasons may induce a decrease in the rate of
electron transfer in CI leading to overproduction of ROS: for example, subunit phospho-
rylation that inhibits CI activity, enhances its ROS generating capacity [258–260]. Hence,
endocrine alterations may affect ROS formation by changing the phosphorylation state of
the complex.

Kadenbach et al. [261] proposed a ROS-generating mechanism that depends on reg-
ulation of cytochrome c oxidase. The cAMP-dependent phosphorylation of subunit I of
the oxidase, by increasing its sensitivity to allosteric ATP inhibition, decreases H+ translo-
cation by the enzyme, with resulting decrease in mitochondrial membrane potential and,
consequently, in ROS generation by the respiratory chain. On the contrary, dephospho-
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rylation of CIV under stress conditions would induce increase in membrane potential
and a burst of ROS generation by mitochondria. The discovery of a mitochondrial cAMP
signalosome [262], modulating the allosteric inhibition of CIV by ATP, underlies a universal
mechanism for metabolic regulation in eukaryotes.

In addition, cyt. c is regulated by different mechanisms, including post-translational
modifications [263,264]. Specific cyt c residues may be phosphorylated in a tissue-specific
mode. These modifications adjust electron flux and membrane potential to minimize
ROS production under normal conditions. Conversely, under pathologic and acute stress
conditions, such as ischemia-reperfusion, the dephosphorylation leads to membrane hy-
perpolarization, excessive ROS generation, and cyt. c release.

Other protein modifications in the respiratory complexes can modulate ROS production [265].

5.3. ROS as Signals

It is now established that ROS can act as second messengers [265–274] by modulating
the expression of several genes involved in signal transduction. The effects related to ROS
signals are different and even opposite, depending on the concentration. ROS may be
oncogenic and promote proliferation, invasiveness, angiogenesis and metastasis [275,276],
and accordingly ROS generation increases in various cancers. Nevertheless, ROS can also
promote anti-tumorigenic signaling and trigger oxidative stress-induced tumor cell death.

Many of the ROS-mediated cellular signals paradoxically protect the cell against
oxidative stress, but above a given threshold ROS become harmful and induce oxidative
stress [268]. Not all ROS are equally suitable for signal transduction: the OH· radical is
too aggressive to participate in catalyzed reactions, whereas O2

− and H2O2 are known
as important signaling molecules. Moreover, other reactive species are involved in redox
signaling, such as nitric oxide, hydrogen sulfide and oxidized lipids [274].

Because some ROS such as H2O2 are oxidants, they modify the redox state of signaling
proteins by oxidizing specific sulfhydryl groups [274,277,278] in enzyme-catalyzed reactions.

Several transcription factors contain redox-sensitive cysteine residues at their DNA-
binding sites [279,280]. The ensuing formation of disulfide bonds acts as a redox switch to
transduce the response of the protein to redox signaling [271,281].

Following the oxidation of signaling proteins by ROS, other post-translational changes
(e.g., phosphorylation, acetylation, ubiquitination, and SUMOylation [270]) may occur in
the same protein and in other proteins of the signaling cascade.

Nrf2 is an important example of mitochondrial ROS signaling which leads to nuclear
gene expression changes [282]; in the presence of ROS, NRf2 is transferred from the
cytoplasm to the nucleus, where it binds the DNA antioxidant response element of genes
involved in the antioxidant response (e.g., heme oxygenase, NRF-1 and other inducers of
mitochondrial biogenesis) [283].

Signaling proteins modified by ROS include phosphoprotein phosphatases (PTPs),
Ras, large G-proteins, serine/threonine kinases of the MAPK families, transcription factors
as AP-1, NFκB, p53 and others. A different effect is exerted on these proteins: PTPs are
inhibited, while nuclear transcription factors are activated [284]. Different combinations of
activation or deactivation of these proteins may drive the cell to either survival or death.

Mitochondrial ROS production is involved in preconditioning, by which low doses of
a noxious stimulus promote a protective response against future injury [285–287]. Some
protective pathways converge on the inhibition of mPTP opening during reperfusion [287].

Mitochondrial ROS are also important signals which rule the inflammation by acti-
vating the inflammasome [288,289]; treatment with antioxidants could scavenge excessive
ROS and attenuate inflammatory responses by suppressing inflammasome activation [290].
ROS also regulate autophagic processes including mitophagy [291].

5.3.1. Regulation of Mitochondrial ROS in Cell Signaling

Mitochondrial ROS levels depend on the dynamic equilibrium between their rates of
production and removal.
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Studies on ROS generation under different substrate, inhibitor conditions and different
oxygen tensions in rat liver mitochondria lead to the conclusion that only CI may be a
significant source of ROS at physiological O2 concentration [292]. The factors directly
associated with respiratory activity (e.g., the redox potential of the NAD+/NADH couple
and the proton-motive force) regulate the reduction in oxygen [268]) but these factors are
in turn dependent on other parameters (cf. also Section 5.2).

Moreover, mitochondria enhance ROS generation in response to external stimuli, such
as TNFα [293], hypoxia ([294], cf. Section 5.3.2), serum deprivation [295] and oxidative
stress itself (ROS-induced ROS release, Zorov et al. [296]). Several proteins, such as p53,
p66Shc, the Bcl-2 family and Romo-1 [267] control mitochondrial ROS generation.

An interplay of mitochondria with non-mitochondrial ROS generating systems also
occurs, as with the NADPH oxidases (NOX) family [297–299].

On the other hand, control of ROS signaling may be operated by their removal by a
series of enzymatic systems [300], including various isoforms of superoxide dismutase,
catalyzing the dismutation of superoxide, whereas catalase, glutathione peroxidase and per-
oxiredoxins remove H2O2. In addition, an integrated set of thiol systems in mitochondria
prevents oxidative damage [271] and may transduce redox signals.

Peroxiredoxins (Prxs) are small dithiol proteins constituting a major family of per-
oxidases (six isoforms in mammals). Due to their high sensitivity to oxidation by H2O2,
Prxs are sensors and transducers of H2O2 signaling [301] by transferring their oxidation
state to effector proteins. The mitochondrial matrix contains large amounts of Thioredoxin-
2 [302,303] and Prx3 [304].

The appropriate mitochondrial redox environment is greatly ascribed to glutathione [305–307]
which is abundant and versatile to counteract hydrogen peroxide and lipid hydroperoxides,
being a cofactor of glutathione peroxidase or glutathione-S-transferase. The mitochon-
drial GSH:GSSG ratio generally exceeds 100 and is widely used as an indicator of the
redox status [308].

Protein glutathionylation is a regulatory mechanism that occurs through thiol disul-
fide exchange by protein disulfide isomerase [309,310]; the primary sistem catalyzing
de-glutathionylation of protein-mixed disulfides with glutathione is glutaredoxin [311].
Mitochondrial proteins are highly susceptible to reversible S-glutathionylation, a post-
translational modification which is favored by the unique physico-chemical properties of
the mitochondrion [312], which contains a variety of S-glutathionylation targets playing
important physiological roles: if these reactions are defective, pathological consequences
are expected to occur.

5.3.2. Hypoxia and ROS Production

Among the many signaling functions, ROS appear as hypoxic signaling molecules. It
seems paradoxical that a decrease in the level of the required substrate, O2, would result in
an increase in ROS production. However, there is large evidence of its occurring [313–315].

Indeed, ROS appear to activate the hypoxia-inducible factor HIF-1α. Rho0 cells, which
lack mtDNA and thus electron transport, do not show the HIF-1 DNA-binding activity
following hypoxia [316]. Therefore, mitochondrial respiration is required for propagation
of the hypoxic signal. Exogenous or endogenous H2O2 stabilize HIF-1α, thus inducing its
activation during normoxia [316], suggesting that HIF stabilization and activation may be
induced by ROS.

Many studies demonstrate activation of HIF-1α by ROS [317,318], that are supposed to
act by inhibiting the prolyl-4-hydroxylase that addresses the factor to proteolytic digestion.
Once stabilized, HIF-1α binds to hypoxia-responsive elements in the DNA and stimulates
the expression of a large array of genes [319].

The oxidized cyt c level in the IMS seems to be essential to control mitochondrially-
derived ROS [320,321]; accordingly, cyt. c in the IMS oxidizes superoxide produced by CIII
to O2, thus preventing H2O2 production [321,322].
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Inhibition of cytochrome c oxidase by hypoxia [323] enhances ROS formation by the
respiratory chain; most likely because of the increased membrane potential [324] or by
inducing a more reduced state of cyt. c.

The ROS produced by mitochondrial CIII seem to be critical for hypoxia
signaling [294,325–328]. Hernansanz-Augustin et al. [329], however, showed that CI is
involved in the superoxide burst under acute hypoxia in endothelial cells.

In addition, it should be pointed out that the plasma membrane NADPH
oxidase [313,330] also seems to be involved in the enhanced ROS production during hypoxia.

5.4. ROS and Mitochondrial Quality Control

A major device for physiological control of the cells is the removal of damaged molecules;
in particular, oxidized proteins are ubiquitinated and directed to the proteasome, a member
of the ATP-dependent AAA+ proteases, where they are completely digested [331,332].

Mitochondrial proteins may particularly suffer from oxidative damage since they are
close to the main sites of their generation, so that they must be removed in order to maintain
mitochondrial integrity [333,334]. Internal mitochondrial proteins are translocated to the
outer mitochondrial membrane, where they are ubiquitinated and then presented to the
proteasome for degradation.

Mitochondrial dysfunction due to loss of cellular protein homeostasis (proteostasis) is
a hallmark of aging and aging-related degeneration disorders [335], such as Alzheimer’s
disease and Parkinson’s disease. Thus, mitochondrial proteins should be finely tuned.
Although mitochondria form a proteasome-exclusive compartment [336], it is the cy-
tosolic ubiquitin–proteasome system that plays a major role in the quality control of
mitochondrial proteins.

The ATP-stimulated Lon protease in the mitochondrial matrix is devoted to the
selective degradation of oxidized proteins, as for example the selective degradation of
the Cox 4-1 subunit during hypoxia [337,338]. Defects in protein degradation have been
involved in the age-related accumulation of oxidized proteins [339,340].

Also, entire cellular organelles undergo turnover and are finally directed to autophagy
by digestion in the lysosome compartment [341–343].

Non-selective autophagy as well as selective mitophagy are triggered by ROS in
response to several stressing signals [291,344,345]. Damaged mitochondria promote
ROS generation, and excessive ROS can trigger mitophagy so as to remove impaired
mitochondria and reduce ROS levels. Therefore, mitophagy helps to maintain cellular
homeostasis under oxidative stress. Low ROS levels can trigger mitophagy in a mito-
chondrial fission-dependent way, if these levels are insufficient to trigger non-selective
autophagy [346]. Therefore, a very specific and selective signaling cascade initiated by ROS
has been suggested.

5.5. Supercomplexes Protect Complex I from ROS Damage and Limit ROS Generation

Our group first suggested that SC arrangement represents the missing link between
oxidative stress and energy deficiency [96]. We speculated that oxidative stress dissociates
the SCs, with loss of electron channeling and causing electron transfer to depend only
upon the diffusion-coupled collisional encounters of the free ubiquinone molecules with
the partner complexes.

5.5.1. Supercomplex Association Protects from ROS Damage

As predicted by Lenaz and Genova [96], SC dissociation also induces disassembly of CI
and CIII and consequent loss of their catalytic activity. Therefore, the alteration of electron
transfer may stimulate ROS generation. Here we briefly summarize the experimental
evidence supporting this hypothesis.

Analysis of the SCs in patients with an isolated deficiency of single complexes [347]
and in cultured cell models harboring cytochrome b mutations [348–350] showed that SCs
enhance the stability of CI. Genetic mutations causing loss of CIII prevent SC formation
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and determine a secondary loss of CI, and consequently primary CIII assembly deficiencies
appear as joint CIII/I defects. On the other hand, however, the absence of CI does not
affect CIII stability.

It was recently suggested that the absence of CIII blocks CI biogenesis by preventing
the incorporation of the NADH module rather than decreasing its stability [351].

Most evidence, however, is in line with the idea that misassembly of CIII affects CI
stability because of their physical interaction within the SC. Misassembled CIII would
prevent SC formation, and a lack of SC would induce an enhanced ROS generation from
CI (see Section 5.5.2), with consequent damage to CI itself [350,352] which is vulnerable to
oxidative stress both directly and through the lipid peroxidation, particularly of CL [353].
According to Guaras et al. [120], saturation of CoQ oxidation capacity keeps a highly
reduced state of CoQ itself and induces reverse electron transport from reduced CoQ to
CI; the resulting local superoxide generation oxidizes specific CI proteins, triggering their
degradation and the disintegration of the complex.

An ischemia/reperfusion injury enhances ROS generation in mitochondria which
promotes the opening of the nonselective mPTP [354]. The mPTP opening further com-
promises cellular bioenergetics and increases mtROS, resulting in SC disintegration and
ultimately leading to cell death.

A reconstitution study [71] showed that lipid peroxidation before formation of CI-
CIII proteoliposomes abolishes the SC formation, as determined by flux control analysis.
It is likely that the distortion of the lipid bilayer induced by peroxidation provokes the
dissociation of the SC.

Mitochondrial ROS also affect CI and CIV activity through CL peroxidation in beef
heart SMP [353,355]. CL liposomes exogenously added to mitochondria from aged rats
almost completely restored the activity of these enzyme complexes to the values of young
control animals [356,357]. Other phospholipid classes, as well as peroxidized CL, could not
mimic the CL effect.

5.5.2. Supercomplex Association Limits ROS Generation

Indirect considerations are compatible with the possibility that loss of SC organization
may enhance ROS generation by the respiratory chain [12,96,358]. There are two possible
reasons to support this hypothesis: a tight assembly of the respiratory complexes within
SCs may screen auto-oxidizable groups hindering their reaction with oxygen (cf. [55]),
and/or enhanced electron flow from NADH in the chain because of channeling would
keep the prosthetic groups in a more oxidized form, thus preventing their interaction with
oxygen [250]. On the other hand, on succinate oxidation, the reverse electron flow through
CI keeps its centers more reduced favoring production of superoxide.

The molecular structure of the individual complexes and of the SCs does not provide
structural evidence of such screening, since the prosthetic groups of CI in the matrix arm do
not seem to be in close contact with CIII [359,360]. However, the SC I1III2IV1 from bovine
heart has a different CI conformation with respect to the free complex, that appears to be
bent in such way as to be closer to CIII [359]. This observation agrees with the notion that
CI may undergo important conformational changes [361].

A different kind of indirect evidence on the protection exerted by SC organization
against ROS generation comes from the observation that high mitochondrial membrane
potential supports ROS generation, while uncoupling decreases ROS production [243,249].
Although these effects may have different explanations, they are compatible with the
suggestion [87] that high membrane potential induces SC dissociation.

A direct demonstration that loss of SC organization enhances ROS production by
CI was obtained in our laboratory [362] using a model system of reconstituted CI/CIII
proteoliposomes at high lipid-to-protein ratio (30:1), where formation of the SC I1III2 is
prevented. In this system, the generation of superoxide was much higher than in a similar
system reconstituted at a 1:1 ratio, which is rich in SCs. In addition, we also dissociated
the reconstituted proteoliposomes by mild detergent treatment using dodecyl maltoside
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and observed that the dissociation of CI was accompanied by a three/four-fold increase
in ROS generation. An increase in ROS also occurs in mitochondrial membranes after
detergent treatment.

A significant finding supporting our in vitro conclusions comes from a study of mito-
chondrial CI supramolecular structure in neurons and astrocytes. Lopez-Fabuel et al. [363]
observed that CI is largely assembled into SCs in neuronal mitochondria, whereas astro-
cytes have higher content of free CI. The presence of free CI in astrocytes correlates with the
severalfold higher ROS production by astrocytes compared with neurons. Thus, regulation
of ROS generation by CI assembly into SCs may contribute to the bioenergetic differences
between neurons and astrocytes. Nevertheless, ROS levels were found to be controlled by
an efficient antioxidant system in astrocytes, to regulate redox signaling [364]. By exerting
this control in ROS levels, metabolic functions are finely tuned in both neural cells.

A study of CI activity in the basidiomycete Ustilago maydis [365] suggested that the
contacts between CI, CIII2 and CIV in the respirasome increase the catalytic efficiency of CI
and regulate its activity to prevent ROS production.

The results of our proteoliposome study [362] are supported by many observations in
cellular and animal models showing that SC dissociation is concomitant with enhanced
ROS production.

Diaz et al. [352] showed enhanced ROS generation in mouse lung fibroblasts lacking
the Rieske FeS protein of CIII and hence devoid of the SCs containing CI.

Mouse fibroblasts expressing the activated form of the k-ras oncogene and having low
levels of high molecular weight SCs also produce higher ROS in comparison with wild
type fibroblasts [366]. Hyperglycemia prevents SC formation, while increasing ROS levels
in liver mitochondria of streptozotocin-diabetic rats. On the other hand, physical exercise
was found to induce the chronic assembly of CIs into SCs in skeletal muscle [367], thus
protecting mitochondria against oxidative damage.

Other studies in yeast mutants lacking the SC assembly factor Rcf1 and thus devoid of
SCs CIII-CIV [117,368,369], showed enhanced ROS generation. Since the yeast S. cerevisiae
lacks CI, in this case we may consider the origin of the extra ROS being presumably CIII.
Thus, a major function of SC assembly appears to be this limitation of ROS production [370]:
in the above case the decreased ROS generation by the Rcf1-stabilized SC III2-IV2 may be
due to the more efficient electron transfer between CIII and CIV by cyt. c.

Several compounds including phospholipids, proteins, and certain chemicals are
known to promote or stabilize mitochondrial SCs directly or indirectly [371], thus hindering
ROS generation. Overexpression of the CL conversion enzyme ALCAT1 reduced SC
formation and promoted ROS production, while preventing upregulation of coupled
respiration [75]. These data suggest that the amount of ALCAT1 is critical for coupling
mitochondrial respiration and metabolic plasticity.

The CL defect in Barth syndrome, a cardio-skeletal myopathy with neutropenia char-
acterized by respiratory chain dysfunction, results in destabilization of the SCs, with
higher levels of superoxide production in lymphoblasts from patients, compared to
control cells [67,68]. Analogous results were obtained un studies on CL-lacking yeast
mutants [372,373]. Moreover, Chen et al. [368] observed that yeast mutants, which cannot
synthesize CL, exhibit increased protein carbonylation, an indicator of ROS.

Stein et al. [374] described a highly conserved 56-amino-acid microprotein named
mitoregulin (Mtln). Mtln localizes to the mtIM where it binds CL and influences protein
complex assembly. In cultured cells, Mtln overexpression increases mitochondrial SCs and
mitochondrial activity while decreasing mitochondrial ROS.

The subunit composition of CI is crucial for SC formation and control of ROS pro-
duction. Hou et al. [375] demonstrated that CI subunit AB1 (NDUFAB1), also known as
mitochondrial acyl carrier protein, coordinates the assembly of respiratory CI, CII, and CIII,
and SCs and is a crucial regulator of mitochondrial energy and ROS metabolism.

Jang and Javadov [376] observed that the pharmacological inhibition of CI and CII
stimulated disruption of the respirasome accompanied by reduced ATP formation and
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increased ROS production. Overall, these studies provide biochemical evidence that the
CI activity, and the NDUFA11 subunit are important for assembly and stability of the
respirasome. The SDHC subunit of CII is not involved in the respirasome however the
complex may play a regulatory role in respirasome formation.

Ramirez-Camacho et al. [377] found that mitochondria from reperfused hearts treated
with N-acetyl-cysteine reduced oxidative stress and maintained SCs assemblies containing
CI, CIII, CIV and the adapter protein SCAF1. The associations of the mitochondrial respi-
ratory chain components into SCs could have pathophysiological relevance in metabolic
diseases, as supramolecular arrangements, by sustaining a high electron transport rate,
might prevent ROS generation [378].

6. Physiological and Pathological Implications

As we have pointed out in the Introduction, mitochondria are deeply involved in
pathological processes. Mitochondrial dysfunction is often present in pathological states:
at the end of this review, we intend to demonstrate that mitochondrial dysfunction is
causative in the pathogenesis of most systemic diseases.

What are the signs showing mitochondrial dysfunction? There are many of them
that are more or less specific. Among these we have changes of electron transfer, such as
uncoupling, i.e., the occurrence of electron transfer not accompanied by ATP synthesis,
changes of mitochondrial shape and number, alterations in quality control, changes in
supramolecular structure (SCs) accompanied by decreased respiration and enhanced ROS
generation, and finally opening of the mPTP and cell death.

We first briefly examine OXPHOS uncoupling. As for ROS generation cf. Section 5,
for quality control see Section 5.4, and for the nature and role of the mPTP cf. Section 4.4. A
possible role of SC disassembly as the initial pathogenetic event in many complex diseases
will be described in Section 6.3.

6.1. Uncoupling: When Proton Movement and ATP Synthesis Are Disjointed

The term uncoupling in bioenergetics indicates that the H+ pumping activity of
respiratory complexes which forms the ∆p is not exploited to synthesize ATP from ADP
and Pi by F1FO-ATPase. Uncoupling is often associated with another term, mitochondrial
dysfunction, which suggests that mitochondria do not work properly and are unable
to fully perform their bioenergetic task. Uncoupling can have variable extent. We can
distinguish between mitochondrial uncoupling, due to the downhill H+ flux through
pathways outside the F1FO-ATPase, and intrinsic F-ATPase uncoupling, which means that
the enzyme complex itself cannot match ATP synthesis to H+ channeling, due to molecular
defects. While the mitochondrial uncoupling has a recognized physiological role, even if
many mechanisms remain to be clarified [257], as far as we are aware the F1FO-ATPase
uncoupling only represents a basic biochemical symptom of pathologies [379].

6.1.1. Mitochondrial Uncoupling Due to Dissipative Pathways

The mitochondrial uncoupling can be defined as the detachment of H+ movement
across the mtIM from the F1FO-ATPase activity [134]. Accordingly, the mitochondrial
membrane potential generation is not used to build ATP. Even if it seems surprising,
normally OXPHOS is not completely coupled, and the coupling extent depends on multiple
factors. The mitochondrial uncoupling can be detected directly as a decrease in ∆p or
indirectly as a decrease in the phosphorylation efficiency, namely in the ADP/O ratio
and or in the respiratory control ratio (RCR), which corresponds to the ratios of State
3 (ADP-stimulated) and State 4 (basal) respiratory activities. State 4 respiration, after
subtraction of the non-mitochondrial oxygen consumption detected upon respiratory chain
inhibition, mirrors the oxygen consumption of the so-called proton leak. The latter consists
in the futile cycle of H+ that from the IMS flow downhill in the mitochondrial matrix
through pathways independent of the F1FO-ATPase [380]. The proton leak extent can be
modified by protein complexes, exogenous compounds or permeability changes due to
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changes in the mtIM composition. Even if, at first, the mitochondrial uncoupling was
only associated with mitochondrial dysfunction, at present, it emerges as key ruler of
biological processes, as suggested by the occurrence of endogenous natural uncouplers,
even if they can also have pathological meaning [257]. Accordingly, dissipative pathways
normally occur in variable amounts in different cell types. In mammals, the most known
physiological uncoupling occurs in the brown adipose tissue, where an integral membrane-
bound protein (UCP-1) channels H+ and dissipates the electrochemical gradient resulting
in thermogenesis. Other uncoupling proteins (UCP-2 and UCP-3) rule insulin secretion
in pancreatic β cells and fatty acid metabolism in muscle, brown adipose tissue and
heart, respectively [381]. Additionally, the four-membered family of adenine nucleotide
translocators (ANTs), which catalyzes the ATP/ADP exchange across the mitochondrial
membrane, possesses uncoupling properties [382].

Lastly, mitochondrial uncoupling can be also produced by exogenous chemicals,
protonophores, namely lipophilic weak acids which can cross the mtIM, or non-protonophores,
able to activate latent proton leaks.

A severe mitochondrial uncoupling leads to ATP depletion and eventually cell death,
while mild mitochondrial uncoupling can have positive effects. Mitochondrial uncoupling
can play opposite roles: it can promote cell death but also helps to protect cells against
cell death, according to the cell type, the uncoupler and the uncoupling extent [257].
Uncoupling should prevent an excessive ∆Ψ rise which would block electron transfer
along the respiratory chain. The decrease in ∆Ψ and consequently in ∆p also decreases
ROS generation and vice versa, an increased ROS generation is known to decrease proton
leak. On the other hand, the ATP synthase inhibition leads to electron accumulation
in the respiratory complexes and ROS overproduction, which leads to oxidative stress
and mitochondrial dysfunction. Endogenous mitochondrial uncoupling could prevent
excessive ROS production. Accordingly, mitochondrial uncouplers have been tried to treat
diseases featured by oxidative stress such as diabetes, obesity, cardiovascular diseases,
neurodegenerative and aging-related diseases [134].

6.1.2. Intrinsic ATP Synthase Uncoupling Due by Amino Acid Changes in the a Subunit

The term F-ATPsynthase/ase uncoupling refers to any condition that inhibits the
coupling between the catalytic activity carried out by the hydrophilic portion and H+

translocation by the transmembrane portion FO [383]. Frequently, it stems from struc-
tural changes that modify the H+ pathway of the F1FO-ATPase across the mtIM. The tight
relationship between structure and function of mitochondrial complexes, described in
the previous sections, means that any change in the primary sequence, due even to a
mutation which changes a single amino acid can dramatically modify the protein prop-
erties, especially when amino acid substitutions involve crucial enzyme domains such as
those in the a subunit where some amino acids are essential to build the H+ route. The
mitochondrial F1FO-ATPase is a good example of how point mutations in some protein
sectors result in severe diseases. Mutations in the nuclear genes that encode F1FO-ATPase
subunits are rare and associated with severe diseases nearly incompatible with life. The
most known mutations, associated with diseases whose severity is related to mitochon-
drial heteroplasmy [384], are localized in the mtDNA, which encodes a and A6L sub-
units of the FO domain. In mammals, the mtDNA shows a higher mutational rate than
nuclear DNA [385].

The most frequent mutations in the F1FO-ATPase associated with human pathologies
occur in the mitochondrial ATP6 gene, which encodes the a subunit. The structural ar-
rangement of this subunit which, by positioning specific amino acids and exploiting the
chemical properties of their side chains, forms the half-channels for H+ flow within the
mtIM, remained enigmatic for years, thus making it difficult to envisage the link between
altered molecular function and pathology. However, recent studies, which highlighted
the H+ route, provided a satisfactory explanation on how point mutations are associated
with mitochondrial dysfunctions and depicted a link between the bioenergetic defect and
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the syndrome. Up to now, several point mutations have been described [379]. The most
severe mutation is the m.T8993>G transversion, namely the substitution of thymine by
guanine, which results in the replacement of the hydrophobic leucine by the positively
charged arginine, namely a missense mutation (aLeu156Arg) [386]. This molecular change
is related to pathologies known as Neuropathy, Ataxia and Retinitis Pigmentosa (NARP) or
Maternally Inherited Leigh Syndrome (MILS). These diseases are both associated with the
same molecular defect, but exhibit various degrees of severity and are differently classified
depending on the heteroplasmy degree [384]. The different chemical nature of the two
amino acid side chains can satisfactorily explain the bioenergetic defect: since the inserted
arginine is close to the crucial electrostatic barrier of aArg-159, the two positive guanidine
groups are close to each other to hamper both the H+ flux across the mtIM and ATP synthe-
sis [140]. The consequence is a severe bioenergetic failure. Accordingly, the F1FO-ATPase
becomes unable to pump H+ in the IMS and re-energize the mtIM, even if the two sectors F1
and FO are still structurally and functionally joined, as proven by the observation that the
enzyme complex remains sensitive to the selective inhibitor oligomycin, a clear evidence
of the coupling of the two domains [387]. Similarly, the m.T9176>G transversion in the
mitochondrial ATP6 gene that changes a conserved leucine into arginine (aLeu220Arg) on
position 220 of a subunit [379] is associated with NARP and MILS diseases. In addition,
in this case, as the aLeu-220 is close to the essential aArg-159, this transversion changes
the situation and makes two Arg residues occur in close positions, thus destabilizing the a
subunit due to steric hindrance and electrostatic repulsions. Accordingly, the two vicinal
Arg would act as a positively charged barrier, which prevents H+ translocation across the
mtIM and decreases ATP synthesis and CIV respiration. Moreover, since ATP hydrolysis
becomes uncoupled to H+ transport, as proven by the oligomycin insensitivity, the mem-
brane potential cannot be restored by the F1FO-ATPase which cannot pump H+ [388]. Since
these two transversions, which cause substitution of the hydrophobic side chain of Leu by
a basic and positively charged chain of Arg, deeply alter the protein microenvironment
and the H+ pathway, they cause the bioenergetic failure which constitute the biochemical
basis of these severe diseases.

The m.T8993>C transition, which yields aLeu156Pro substitution [389], results in a less
severe disease, as a result of an increased ROS production. In this case, the functionality is
somehow preserved, since the c-ring can still slowly rotate, allowing the coupling of H+

flux to a low ATP synthesis [390]. It is most likely that the insertion of Pro which replaces
Leu modifies the protein secondary structure. Accordingly, the Pro five-membered ring
may cause a kink in the helices [391] which could slow down H+ transfer.

The de novo transition (m.G8969>A) in mtDNA which encodes the ATP6 gene [392]
has been recently associated with a rare mitochondriopathy, defined Myopathy, Lactic
Acidosis, and Sideroblastic Anemia (MLASA) [392]. The consequent missense mutation
Ser148Asn in a subunit [393] is localized at one helix turn from the aGlu-145 which acts
as “H+ transfer group” in the half-channel which opens in the mitochondrial matrix [151].
The aAsn-145 bears a positive charge which makes ionic bond with aGlu-145, thus blocking
H+ translocation which requires the –COOH deprotonation of cGlu-59 [393].

To sum up, the mutations in a subunit, which stepwise addresses H+ and allow
H+ movement, block or hamper the torque generation in FO, which is essential for ATP
synthesis by F1.

As far as we are aware, mutations in A6L subunit leading to pathologies are much
less frequent than those in a subunit.

6.2. Supercomplexes and ROS Signaling

The role of mitochondrial ROS in cell signaling has been the subject of excellent
reviews (cf. [272,274,394–396]). Here we deal with a possible role of the supramolecular
organization of the respiratory chain on ROS signaling.

With ROS being involved in cell signaling, it is expected that their generation is
subjected to tight control.
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The control of mitochondrial ROS levels depends upon the balance between their
rate of generation and of removal, as already considered in Section 5. The steady-state
concentrations of the redox species responsible for electron leaking and ROS production
are governed by a series of nuclear-encoded protein factors [267] and by the forces directly
associated with respiratory activity, which are the redox potential of the NAD+/NADH
couple and the ∆p [268]. Hoffman and Brookes [292] have investigated the ROS generation
by rat liver mitochondria under different substrate and inhibitor conditions and different
oxygen tensions, in order to determine the O2 affinity of the different O2-reacting sites:
from such data, the apparent Km for O2 was lowest for CI during forward flow, followed
by CI backflow, CIII QO site, and highest for ETF dehydrogenase. They conclude that at
physiological O2 concentration, only CI may be a significant source of ROS.

We first speculated [96] and then obtained experimental demonstration [71] that
dissociation of SC I1III2 occurs upon ROS addition. Therefore, the facilitated electron
channeling in the CoQ region is lost. This condition makes electron-transfer necessarily
dependent upon random diffusion of the free ubiquinone molecules and collisions with
the partner complexes and may elicit further ROS generation.

In fact, SC disorganization eventually leads to destabilization of CI, decreases NAD-
linked respiration and ATP synthesis and increases superoxide production by CI (cf. also
Section 5 for experimental evidence).

The study of Guaras et al. [120] pinpoints another aspect of SCs in relation to ROS
formation. Hyper-reduction of the CoQ pool by ETFH2 oxidation during extensive fatty
acid β-oxidation induces reverse electron transfer with a rise in ROS production by CI.
Thus, shifting metabolic fuels from NADH-dependent to FADH2-dependent substrates may
adjust ROS generation by way of the specific supramolecular assembly of the respiratory
complexes involved [119,397].

6.3. Supercomplexes in Pathology and Aging

In order to understand the mechanism by which a mitochondrial dysfunction can
lead to failure of physiological functions, it is paradigmatic to discuss the mechanisms
responsible for aging of cells and organisms. The mitochondrial theory of aging [398–400]
is based on a series of assumptions linked by a causal relationship [401]: (a) mitochon-
drial ROS generation is the major cause of aging. (b) Mitochondrial ROS damage mito-
chondrial biomolecules, especially inducing mtDNA somatic mutations, mainly affecting
post-mitotic tissues. (c) The mtDNA mutations alter the structure of mtDNA-encoded
proteins: since these are subunits of the major OXPHOS complexes, they imply a decreased
oxidative phosphorylation, which leads to bioenergetic failure, metabolic derangement and
cell death.

A further consequence of the decreased electron transfer during aging is further ROS
generation, so that mtDNA damage and ROS production become involved in a vicious
circle [398,399], not considered by the original theory.

Even if each of these assertions is sustained by experimental evidence, there are
still several controversies and the cause–effect relationships among these events are still
partially obscure. The complexity of biochemical, genetic, and regulatory systems and
their inter-relationships are still not fully understood and often a single linear cause to
effect relationship cannot be established [402]. Barja [403] however proposes that aging
is the result of several effectors, i.e., mtROS production, lipid unsaturation, autophagy,
mitochondrial DNA repair and putative other events such as apoptosis, proteostasis, or
telomere shortening, already considered by different classic theories of aging. The aging
regulating system gathers the theories of aging, previously considered as independent and
assembles them into a single unified theory.

Wallace [1] hypothesized that mitochondrial dysfunction plays a central role in a wide
range of age-related disorders and cancer types. He proposes that the delayed-onset and
gradual onset of the age-related diseases is due to the accumulation of somatic mutations
in the mtDNAs of post-mitotic tissues. The tissue-specific pathological phenotype may
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depend on the different roles and energy requirements of the various tissues. The individual
varied predisposition to degenerative and cancer diseases may result from the interaction
of present environment (dietary caloric intake) and ancient genetic factors (mitochondrial
genetic polymorphisms). On these bases, the mitochondria make a direct connection
between our environment and our genes.

Inherited and/or epigenomic variation of the mitochondrial genome determines our
initial energetic capacity, but the age-related accumulation of somatic mtDNA mutations
decreases the energetic capacity leading to disease [4], thus providing a unified pathophys-
iological and genetic mechanism for neurodegenerative diseases such as Alzheimer and
Parkinson disease, metabolic diseases such as diabetes and obesity, autoimmune diseases,
aging, and cancer.

Such an integrated model for the genetics and pathophysiology of complex diseases,
aging, and cancer [4] is summarized in Figure 7.

 
Figure 7. Integrated mitochondrial pattern which shows the genetic and phenotypic features of the “complex” human
diseases. The model integrates the genetic and pathophysiological relationships of multi-factor diseases, aging, and cancer
(from Wallace [4]). See text for explanations.

Nuclear DNA variations including epigenetic changes, mtDNA variations, including
ancient polymorphisms, and environmental influences including diet and calories, all
impact the mitochondrial OXPHOS system. The primary defect is the reduction in energy
conservation by OXPHOS, that in turn perturbs the mitochondrial biogenesis and enhances
ROS production. ROS induce the progressive increase in mtDNA somatic mutations, so
that the alteration of proteins in the OXPHOS complexes cause further decline of the
mitochondrial function. If the mitochondrial energy production decreases below a specific
tissue threshold, the bioenergetic failure can trigger cascade events which lead to cell
death by apoptosis or necrosis. The clinical phenotype would result from the reduced
energy storage in the tissues that require the most energy, such as brain, heart, muscle,
and kidney. The symptom number and severity in these organs mirror the extent and
type of the mitochondrial defect. The altered functions in mitochondria are also crucial to
determine cancer initiation, promotion, and metastasis [404].
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We first proposed SC disassembly as the missing link between oxidative stress and
energy failure [96,405]. We proposed that an initial oxidative stress, not necessarily orig-
inating from mitochondria, and due to different possible reasons, causes dissociation of
SCs. The bioenergetic consequence is the loss of electron channeling leading to random
diffusion of ubiquinone, which is less efficient. A further consequence of SC disassembly
would be CI dissociation with loss of electron transfer and/or proton translocation; the
consequently altered electron transfer may result in further ROS generation. The possible
severe metabolic and physiological consequences of SC dissociation are reported in the
scheme in Figure 8 [223].

−
−

γ

 
Figure 8. Scheme illustrating how the side chain (SC) organization loss may be involved in a vicious circle of oxidative stress
and energy failure. Reactive oxygen species (ROS) production by CI increases due to SC disassembly. Other mitochondrial
events, such as membrane phospholipid peroxidation, mtDNA damage and subsequent misassembly of the respiratory
complexes with further loss of SC organization, may occur due to the increased oxidative stress, thus fueling and maintaining
the vicious circle. In a dose-dependent way, ROS can also operate as molecular signals from mitochondria to the nucleus.
See text for explanations.

This model poses SC dissociation and ROS generation in a biunivocal situation. On
the one hand, ROS cause dissociation of SCs, but on the other hand, SC dissociation
enhances ROS generation. Clearly, these events must be tightly controlled, otherwise they
might trigger a vicious circle of ROS generation. We have discussed above the hypothetic
vicious circle of ROS generation and mitochondrial failure at the basis of aging and aging-
related diseases. The original mitochondrial theory of aging did not imply the existence
of a vicious circle [398], nevertheless the evidence that ROS generation increases in aging
is overwhelming [403].

Alterations (dissociation) of the SCs often accompany pathological changes, however
no direct proof exists that SC dissociation is the direct cause of the pathology.

Even so, circumstantial evidence points to a vicious circle (cf. Genova et al. [405]
for review).

The major mitochondrial alterations accompanying aging and several pathologies
occur at the level of CI [406,407], in line with the knowledge that this enzyme exerts the
main control on respiration. Flux control analysis of respiration in coupled liver mitochon-
dria [408] showed that the control exerted by CI is low in young rats, and becomes very
high in the old ones, suggesting that aging induces CI structural changes that eventually
affect the whole OXPHOS.

Analysis of the occurrence of respiratory SCs (cf. Section 3.1) in relation to age
suggested that the SC destabilization plays a key role in the development of the aging-
phenotype [409,410]. In mitochondria of rat cortex, a striking age-associated decline (−40%)
in the CI-containing SCs, especially the SC I1III2 (−58%) was reported by Frenzel et al. [411].
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The so-called mutator mice are a remarkable model of premature aging [407]; they
have a defect of the proof-reading function of mtDNA polymerase-γ and hence exhibit
multiple mtDNA mutations that result in decreased respiration and altered assembly of
respiratory complexes [412]. In these mice, the steady-state level and activity of CI is
strongly lowered, possibly as a secondary effect of a decreased assembly of CIV on the
stability of CI, which disrupts the SC organization [349].

The observations collected in this review locate SC assembly/disassembly in a physio-
logical signaling network that can easily undergo alterations, leading to dramatic conditions
if ROS generation becomes out of control.

We may envisage SC association/dissociation as a physiological phenomenon, as
depicted by the plasticity model [64], modulated by a variety of stimuli such as the mito-
chondrial membrane potential and protein post-translational changes in the respiratory
complexes; thus, changes in ROS production modulate the signaling pathways started by
ROS. These changes are reversible and must be tightly controlled.

We propose that the primary event responsible for aging and age-related pathologies
is the structural damage induced by ROS in mitochondria, as originally stated by the
so-called mitochondrial theory of aging [398].

Distinct events may constitute a consecutive series which leads to pathological changes.
Progressive ROS-induced damage to the mitochondrial membrane lipids and proteins was
found; mtDNA mutations, although present, may not necessarily be an early phenomenon
of aging development.

The ROS level may be ruled by the nutrition state and the activity of the mTOR and
insulin/IGF pathways. ROS may alter mitochondrial protein structure either directly or
by means of peroxidation of CL, whose damage prevents SC association [71]; in turn
SC dissociation would lead to further increase in ROS generation. If maintained at low
levels, ROS may induce retrograde signals which promote the induction of compensatory
mechanisms that try to counteract ROS generation and the consequent damage risk (see
Section 5). However, high ROS levels may cause further damage and make the signaling
pathways lose their coordination (see Section 5.3). At a later stage, mtDNA mutations
would make the whole process irreversible and determine the final aging phenotype.
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Abstract: Viral diseases account for an increasing proportion of deaths worldwide. Viruses ma-
neuver host cell machinery in an attempt to subvert the intracellular environment favorable for
their replication. The mitochondrial network is highly susceptible to physiological and environ-
mental insults, including viral infections. Viruses affect mitochondrial functions and impact mito-
chondrial metabolism, and innate immune signaling. Resurgence of host-virus interactions in recent
literature emphasizes the key role of mitochondria and host metabolism on viral life processes. Mito-
chondrial dysfunction leads to damage of mitochondria that generate toxic compounds, importantly
mitochondrial DNA, inducing systemic toxicity, leading to damage of multiple organs in the body.
Mitochondrial dynamics and mitophagy are essential for the maintenance of mitochondrial quality
control and homeostasis. Therefore, metabolic antagonists may be essential to gain a better under-
standing of viral diseases and develop effective antiviral therapeutics. This review briefly discusses
how viruses exploit mitochondrial dynamics for virus proliferation and induce associated diseases.

Keywords: mitochondria; mitochondrial dynamics; viral infections; MAVS; RIG-I; MDA5; innate im-
mune response; SARS CoV-2; RSV; influenza

1. Introduction

Mitochondria are intracellular organelles that are considered as the powerhouse of
the cell. They comprise an outer membrane, an inner membrane and a matrix. The highly
complex metabolic process of conversion of carbohydrates and fatty acids to adenosine
triphosphate (ATP) occurs in mitochondria. During cellular stress, mitochondria rapidly
increase energy production [1]. Mitochondria have their own genomic DNA (mitochon-
drial DNA, mtDNA) and can replicate by using their own transcriptional machinery. [2,3].
Recent advances in the role of mitochondrial dysfunction in causing human diseases has
led to an increasing number of studies targeting mitochondrial proteins, metabolic pro-
cesses and subsequent signaling pathways for drug discovery. Mitochondria can sense
inflammation, infection, and/or environmental insults through structural changes in mito-
chondrial membranes, and protein expression, resulting in dysfunction [4–7]. Mitochon-
drial dysfunction also affects metabolism, calcium regulation, airway contractility in lungs,
gene and protein housekeeping, oxidative stress, cell proliferation and apoptosis. Dysfunc-
tional mitochondria alter homeostatic cellular processes including aging and senescence [8],
as well as airway diseases [9,10]. Thus, understanding how mitochondrial dynamics affect
various disease conditions would open new avenues that enhance the development of
novel therapeutics targeting dysfunctional mitochondria.

Viruses are obligate parasites that completely depend on host cell machinery for their
replication and proliferation. They hijack host cell metabolism and cause substantial alter-
ations in cellular and physiological functions [11]. The role of mitochondrial dynamics in
viral infections is still emerging, but unequivocally depict mitochondria as a key for cellular
metabolism and innate immunity, a promising avenue for further molecular investigations
in viral pathogenesis. During viral infections, mitochondria are directly targeted by vi-
ral proteins or influenced by physiological alterations such as oxidative stress, hypoxia,
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endoplasmic reticulum stress (ER stress) and dysregulated calcium homeostasis [11,12].
A plausible metabolic link between mitochondria and influenza A, and with herpes viruses
was shown in the 1950s by Ackerman and colleagues [13,14]. Recent studies showed
how hepatitis B virus (HBV) [15,16] and hepatitis C virus (HCV) adopt the changes in
mitochondrial dynamics for persistent infection [17,18]. Our laboratory has also shown
that respiratory syncytial virus (RSV) infection affects mitochondrial function, leading to an
altered immune response in lungs [19,20]. More investigations on the role of mitochondrial
dynamics in viral pathogenesis will enhance our understanding of host–virus interactions,
leading to the design and development of new antiviral strategies.

In this review, we discuss the importance of mitochondrial bioenergetics during spe-
cific viral infections and the impact on virus-induced mitochondrial dysfunction, leading
to changes in innate immune responses. While there are common pathways that are
affected during viral infections, such as inflammasome activation, we have separated
individual viruses, as the observed changes in each virus may be distinct.

2. Mitochondrial Dynamics

Mitochondrial biogenesis is a complex process that involves coordination of both nu-
clear and mitochondrial genes to ensure precise function of proteins of the mitochondrial
electron transport chain. Mitochondria are highly dynamic, but they cannot be generated
de novo. Every mitochondrion consists of a porous outer membrane; the intermembra-
nous space; an inner membrane where the electron transport chain (ETC) occurs; and a
mitochondrial matrix, the main site for metabolic pathways such as the TCA cycle and
fatty acid oxidation (FAO). Human mtDNA is a double-stranded, circular DNA molecule
consisting of 16,569 base pairs [21]. The mitochondrial genome is comprised of 37 genes
that encode 13 polypeptides (ETC essential genes), 2 rRNA genes (12S and 16S rRNA),
and 22 tRNA genes required for mitochondrial protein synthesis [22]. The remaining
mitochondrial proteins are encoded by nuclear genes and approximately 1500 nuclear
encoded proteins are involved in regulating mitochondrial functions in humans [23,24].

Mitochondrial homeostasis is maintained predominantly by mitochondrial dynamics
and mitophagy [25], as depicted in Figure 1. Mitochondria form a tubular network that
continuously changes by fission and fusion [26], and both of these processes are regulated
by large guanosine triphosphatases (GTPases) [27]. Fission and fusion are continuous
processes, and dysfunctional or impaired mitochondria are eliminated by a tightly reg-
ulated process known as mitophagy [28]. Fission has been implicated in the correction
of mutations in mtDNA copies [29], while fusion is involved in a swift exchange and
equilibration of matrix metabolites and recycling of the partially impaired mitochondrion
to a fully healthy mitochondrial network [25]. The irreversibly damaged mitochondria are
selectively eliminated by mitophagy [28]. Mitochondrial fusion and mitophagy appear to
have the same function yet are in fact distinctly complementary, and simultaneously play
a critical role in mitochondrial homeostasis [25,26]. Mitochondrial membrane potential
(∆Ψm) plays an important role in the process of identifying and segregating impaired
mitochondria [30,31]. During a cellular cycle, the mitochondria follow a “kiss-and-run
pattern” that promotes fusion for a very brief period (seconds), followed by a cellular
change that shifts to fission [32]. Thus, the fission and fusion and mitophagy machinery
work together to preclude circulation of impaired or dysfunctional mitochondria from the
healthy pool of mitochondria. Quality and function of mitochondria are determined by the
precise balance between incessant fission and fusion, and the subsequent processes that are
induced manifest an enormous impact on the consequences of immune response during
viral infections.
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naling (MAVS) occurs through mitofusins that interact with MAVS to initiate effective 
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interact with electron transport chain complex I and inhibit cells undergoing apoptosis 
[36], rapidly downregulating mitochondrial activity and enhancing viral replication. Vi-
rus-induced changes in mitochondrial integrity also result in an enhanced TCA cycle and 
further upregulation of lipid biosynthesis essential for viral envelopment, enlargement of 
the nucleus and of vesicular bodies of the infected cells [37,38]. During HCV infection, 
cells expressing HCV polyprotein have shown enhanced glycolytic function mediated by 
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Figure 1. Mitochondrial dynamics: Mitochondrial fission and fusion are tightly regulated and continuous processes
to maintain mitochondrial homeostasis. Fission is regulated by Drp1, Fis1, and Mff. Fusion is regulated by Opa1 and
Mfn 1 and 2. Viral infections maneuver mitochondrial dynamics and alter mitochondrial membrane potential (∆Ψm),
mtDNA function, and respiration rate. Interruption in any of these functions/pathways results in the accumulation of
dysfunctional mitochondria that are eliminated by mitophagy.

Viruses cause changes in mitochondrial function to promote viral translation and as-
sembly. One theory is that virus–mitochondria interactions hamper mitochondria-associated
antiviral signaling mechanisms [33]. In hepatitis viruses, mitochondrial antiviral signaling
(MAVS) occurs through mitofusins that interact with MAVS to initiate effective antiviral
immunity [34]. Blocking of mitofusins in cells resulted in the loss of mitochondrial mem-
brane potential (∆Ψm), leading to defective antiviral immune responses, suggesting that
mitochondrial integrity is essential for antiviral innate immunity. Similarly, increased ∆Ψm
induces apoptosis, while decreased ∆Ψm prevents apoptosis, and viruses, such as human
cytomegalovirus (HCMV), decrease ∆Ψm to prevent cell death and promote their replica-
tion [35]. HCMV-encoded RNA (β2.7), localized in the mitochondria, interact with electron
transport chain complex I and inhibit cells undergoing apoptosis [36], rapidly downregu-
lating mitochondrial activity and enhancing viral replication. Virus-induced changes in
mitochondrial integrity also result in an enhanced TCA cycle and further upregulation
of lipid biosynthesis essential for viral envelopment, enlargement of the nucleus and of
vesicular bodies of the infected cells [37,38]. During HCV infection, cells expressing HCV
polyprotein have shown enhanced glycolytic function mediated by HIF-1α stabilization,
with subsequently lower mitochondrial function, even in the presence of cellular oxygen,
leading to increased cellular ATP content [39]. Increases in ATP levels have been reported
in HCMV and herpes simplex-1 virus (HSV-1) infections [40]. Viral infections also in-
duce ROS that control replication by altering mitochondrial function. In HCV infection,
accumulation of defective mitochondria leads to oxidative stress and cell death [41]. Ele-
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vated ROS generation in the cells induces MAVS downstream, IRF3 and NFκB, to inhibit
viral replication, linking a protective immune response with the virus infection. On the
other hand, mitophagy decreases ROS production by removing dysfunctional mitochondria
to control exacerbating immune responses [42]. The role of mitophagy in controlling viral
replication is yet to be established. Nevertheless, it is interesting to note that mitophagy
protects the cell from vulnerable cellular metabolic states. These viral effects are likely
different depending on the virus itself and how it infects, replicates, and modifies innate
immune cells.

3. Mitochondrial Metabolism and Innate Immune Responses

Mitochondria originated from symbiotic bacteria but co-evolved with their host as
most of the mitochondrial proteins are encoded by the nucleus. However, the mitochondrial
genome encodes proteins critical for respiration. Mitochondria play a central role in cellular
metabolism as key pathways such as TCA, FAO, oxidative phosphorylation (OXPHOS),
calcium buffering, and heme biosynthesis occur in mitochondria [43]. It is well established
that ATP is generated through oxidative phosphorylation [2]. Communication between the
nucleus, mitochondria, and the cytosol is essential for the maintenance of proper mitochon-
drial function and cellular homeostasis [44]. Mitochondrial dysfunction has serious physio-
logical consequences that led to pathogenesis of many neurodegenerative disorders, cancer,
inflammation, metabolic syndrome, cardiac dysfunctions, and viral diseases [45,46]. Sev-
eral studies have shown the role of mitochondria in the activation of the NLRP3 and NLRP6
inflammasomes, microbial- and host-derived metabolites, and metabolism that effects sub-
sequent immune responses [47,48]. During infection, the activation of pattern recognition
receptors (PRR) sends signals to mitochondria, which then shift the metabolic switch from
oxidative phosphorylation to glycolysis in order to equip cells to effectively combat the
pathogens [49], making mitochondria a primary target during microbial-triggered PRR acti-
vation. Several studies have shown that innate immune cells under various stimuli trigger
unique metabolic signatures necessary for subsequent immune function [45,50].

Enzymes involved in metabolism are being extensively investigated due to similar-
ities with immune regulators. Methylcrotonyl-CoA carboxylase 1 has been shown to be
associated with TRAF6 and enhances MAVS signaling in order to induce antiviral type I
IFN (interferon) secretion [51]. Type 1 IFNs were also shown to induce FAO and oxidative
phosphorylation [52,53]. Metabolic intermediates of the TCA cycle such as succinate, fu-
marate and citrate are associated with various processes that are coupled with inflammatory
pathways in both innate and adaptive immune cells. The preference of metabolic path-
ways for immune cells depends on several factors including cell type, differentiation state,
activation conditions and the cellular microenvironment [45]. Macrophages stimulated
with LPS and IFN prefer glycolysis, but when stimulated with IL-4, macrophages prefer
OXPHOS and FAO to meet the energy demands of the cell [54]. Dendritic cells prefer gly-
colysis once they are infected and activated through PRR [44]. It is interesting to note that
resting T lymphocytes and memory T lymphocytes rely on OXPHOS, but the proliferating
T lymphocytes prefer glycolysis through the upregulation of glucose transporter glut-1 [55].
Neutrophils engage in glycolysis, including the release of neutrophil extracellular traps
(NETs) with increased glut-1 ex-pression and glycolytic function [56]. Activated B lympho-
cytes undergo metabolic reprogramming as per bioenergetic and biosynthetic demands.
Plasma cells are unique in that they take up more glucose and glutamine to potentiate
both glycolysis and mitochondrial OXPHOS, essential for promoting cell survival [57,58].
The innate immune response has a critical role in both the detection and regulation of
infectious insults. The recognition of the insult by PRR triggers specific innate immune
cells and its respective receptor and ligand, also resulting in a swift reaction to additional
immune cells of the disease. This early innate immune signaling is central to recognition
of infecting viruses, stimulating recruitment of additional immune cells to the site, acti-
vating the specific adaptive immune response, and inducing the production of molecules
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necessary to combat infection for elimination of the infectious agent as well as repair of
damaged tissues [59,60].

Mitochondrial structure and function can affect innate immune responses. The most
direct effect of mitochondria on immune response is due to mitochondrial damage while it
can also occur as a result of normal mitochondrial physiology and function. The innate
immune system specifically recognizes pathogen-associated molecular patterns (PAMPs)
and damage-associated molecular patterns (DAMPs) as alarmins in order to trigger the
appropriate immune response [59]. The release of alarmins by mitochondria is due to
cellular stress and loss of homeostasis. The DAMPs released by mitochondria include
unmethylated CpG mtDNA [61], ROS [42], cardiolipin [62], and n-formyl peptides (n-
fp) [63]. The exact mechanism by which these mitochondrial alarmins are released is
still unknown. However, numerous studies have shown that it is mainly due to loss of
mitochondrial membrane integrity. Importantly, these molecules are recognized by discrete
receptors and trigger specific inflammatory pathways that restore normal cellular function.

4. Mitochondrial Antiviral Signaling (MAVS)

Viral genomes usually replicate in the host cell cytoplasm, where they are not recog-
nized by TLRs such as TLR3, TLR7 or TLR8 due to TLR localization to endosomes [64].
However, RNA viruses can still be sensed in the cytosol through RIG-I-like receptors (RLRs)
such as Retinoic acid-Inducible Gene-I (RIG-I), Melanoma Differentiation-Associated gene-
5 (MDA5) and Laboratory of Genetics and Physiology 2 (LGP2). While RIG-I and MDA-5
are prototypical PRRs, LGP2 is a regulator of RIG-I and MDA5 signaling [65]. Both ss-
RNA and dsRNA are the known ligands of RIG-I and MDA5 [66]. RIG-I can also sense
RNA polymers generated by the RNA polymerase III (pol III) from DNA templates, indi-
rectly detecting dsDNA from intracellular pathogens [67]. RIG-I and MDA5 are cytosolic
helicases with ATPase activity and consist of a regulatory C-terminal domain that binds to
viral RNA, but the N-terminal domain comprises two tandem CARD domains (caspase
activation and recruitment domains) [68]. The ATPase activity of these helicases is critical
for translocation along dsRNA and in order to expose the CARDs that are masked by the
C-terminal domain [69]. Once the specific 5′-triphosphate RNA structures are recognized,
the E3 ubiquitin ligases TRIM25 and RIPLET enhance lysine 63-linked polyubiquitination
of RIG-I, releasing CARDs from regulatory domain repression [70]. This conformational
change leads to an essential interaction between the two CARD domains of RIG-I or MDA5
with the CARD domain of mitochondrial antiviral signaling protein (MAVS; also known
as CARDIF, IPS-1 or VISA) [71,72]. MAVS, localized in the mitochondrial outer membrane,
acts as a central signaling molecule in the RLR signaling pathway by linking upstream
viral RNA recognition to downstream signal activation.

MAVS is required to localize to the mitochondria to exert its function, indicating that
the mitochondrial environment is essential for signal transduction [71]. MAVS-deficient
mice failed to induce type I IFN production and specific immune response against poly(I:C)
suggests an essential role of MAVS in antiviral innate immunity [73,74]. RIG-I- and MDA5-
mediated immune recognition and MAVS interaction are shown in Figure 2. Interac-
tion between RIG-I or MDA5 with MAVS recruits a complex interactome to transduce
the immune signaling. The MAVS-interacting proteins involved in antiviral response are
TRAF3, TRAF5, IKKi/IKKε (IKKi), NEMO, DDX3, WDR5 IRF3, IRF7, and STING. The pro-
teins that are involved in inflammatory responses are NLRC5, NLRX1, TRAF2, TRAF5,
TRAF6, TAK1, and IKKα/β [75,76]. MAVS also interacts with mitochondrial proteins such
as Mfn1, Mfn2, Tom70, and VDAC1; proteins involved in cell death (TRADD, FADD, RIP1)
or autophagy (Atg5-Atg12); and with kinases (IKKi, PLK1, c-Abl, c-Src) or E3 ubiquitin
ligases (PCBP2/AIP4, RNF5 and RNF125) that promote MAVS post-translational modifica-
tions [76,77]. Many of these proteins are indispensable and play a critical role in the canon-
ical RLR pathway that is central to antiviral innate immune responses. Once activated,
MAVS forms a signaling platform and recruits TNF receptor-associated factor (TRAF)
3 and TRAF6, inducing type I IFN [78] and inflammatory responses [79], respectively.
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TRAF3−/− cells have shown an impaired type I IFN response against viral infections [80].
TRAF3, along with NF-κB modulator protein NEMO [76], TRAF family member-associated
NF-κB activator (TANK) [81] and NAK-associated protein 1 (NAP1) [82], regulates the
activity of two noncanonical IKK-related kinases, TANK-binding kinase 1 (TBK1) and
inducible IκB kinase (IKKi). The phosphorylation of interferon regulatory factors (IRFs),
IRF3 and IRF7, by TBK1 and IKKi leads to the induction of type I IFN genes and a set of IFN-
inducible genes that bind to IFN-stimulated response elements (ISREs) in the nucleus [83].
MAVS activates IRF3 through the ubiquitin-binding domains of NEMO, while NEMO
itself activates TBK1 [84] through TRAF3 [85]. FAS-associated death domain-containing
protein (FADD) was also found in a complex with MAVS that activates NF-κB down-
stream of MAVS through the FADD/caspase-8-dependent pathway [86]. TRADD, a tumor
necrosis factor receptor (TNFRI) adaptor protein is recruited to MAVS and induces the
activation of IRF3 and NF-κB by initiating a complex formation with TRAF3, TANK, FADD
and RIP1 [87]. RIG-I-mediated activation of NF-κB requires MAVS and a complex of
CARD9 and Bcl-10 adaptor proteins [88]. RIG-I also binds to the adaptor protein ASC and
stimulates caspase-1-dependent inflammasome activation by a mechanism independent
of MAVS, which suggests that RIG-I activates the inflammasome in response to certain
RNA viruses [88–90].
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Figure 2. RIG-I/MDA-5 and MAVS interaction in viral disease. The cytosolic viral RNA/DNA is recognized by the RLR
and/or TLR pathways. RIG-I-like receptors (RLRs) and MDA-5 activate MAVS through CARD and recruit signaling
molecules to induce canonical nuclear factor-κB (NF-κB). NF-κB translocates into the nucleus and initiates pro-inflammatory
cytokine gene expression. MAVS activates the stimulator of interferon genes (STING) and further mediates the activation of
TANK-binding kinase 1 (TBK1) which phosphorylates interferon regulatory factor (IRF) signaling factors IRF-3 and IRF-7.
IRF-3 then translocates into the nucleus and induces type I interferon (IFN) genes. NS3-4A, mitofusin 2 (MFN2), and NLR
family member X1 (NLRX1) inhibit MAVS by preventing the formation of the MAVS–IKKi signaling complex. Hepatitis B
virus (HBV) X protein promotes polyubiquitin conjugation of MAVS. ER—endoplasmic reticulum; MAM—mitochondria-
associated membrane.
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5. Viral Infections and Mitochondrial Biogenesis

Viruses impede mitochondrial biogenesis, causing alterations in mitochondrial function
in order to promote viral translation and assembly. One theory is that virus–mitochondria in-
teractions hamper mitochondria-associated antiviral signaling mechanisms [33,91]. The reg-
ulation of mitochondrial dynamics in order to cause physiological perturbations in the
cellular environment due to viral infections makes mitochondrial dynamics a primary
target. Innate immune responses against viral infections led to type I Interferon (IFN-α/β)
and other proinflammatory cytokines and chemokine responses. The specific molecules
involved in mitochondrial biogenesis are peroxisome proliferator-activated receptor-γ coac-
tivator (PGC)-1α, the main regulator of mitochondrial biogenesis [92,93]; PTEN-induced
putative kinase 1 (PINK1) [94] that activates protein synthesis in damaged mitochondria;
and the ligand-activated transcription factor aryl hydrocarbon receptor that functions
to protect the cell from oxidative stress [95]. The silent information regulator-1 (SIRT1)
activates the PGC1α-mediated transcription of nuclear and mitochondrial genes encoding
for proteins during mitochondria proliferation, oxidative phosphorylation and energy
production [96]. SIRT3, on the other hand, stimulates the proteins important for oxidative
phosphorylation, the tricarboxylic acid cycle and fatty acid oxidation, and indirectly, PGC-
1α and AMPK. SIRT1 deacetylates histone and numerous non-histone proteins during
transcription, including PGC-1α [96]. Viruses have developed discrete strategies to regulate
MAVS signaling by regulating mitochondria biogenesis, and thus regulating early innate
immune responses.

5.1. SARS-CoV-2

A novel severe acute respiratory syndrome-related coronavirus (SARS-CoV-2) has
recently emerged as a serious pathogen that causes high morbidity and substantial mor-
tality. It is causing a global pandemic and worldwide social and economic disruption.
Patients with severe SARS-CoV-2 infection develop dyspnea that can rapidly manifest as
acute respiratory distress syndrome, leading to death [97–100]. SARS-CoV-2 is a single-
stranded positive-sense RNA virus which encodes over 28 proteins, including 4 structural
proteins (spike, membrane, envelope, and nucleocapsid), 16 non-structural proteins (NSP1–
NSP16), and 8 auxiliary proteins (ORF3a, ORF3b, ORF6, ORF7a, ORF7b, ORF8, ORF9b and
ORF14) [101,102]. The pathophysiology of SARS-CoV-2 infection shows exaggerated in-
flammatory responses, causing severe damage to the airways [103]. During SARS-CoV-2
infection in lungs, monocytes and macrophages are recruited to the site of infection and
release cytokines and activate T and B cells. An impaired immune response during this
process leads to chronic lung pathology. COVID-19 patients have shown dysregulated type
I IFN response. However, the mechanisms by which SARS-CoV-2 evades host immunity
have not been fully understood. SARS-CoV-2 M protein has been identified as a factor
that interacts with MAVS to inhibit RLR-mediated induction of the host’s type I IFN re-
sponse [104]. The M protein suppressed RIG-I-, MDA5- and MAVS-mediated signaling but
did not show any effect on their downstream components TBK1 or p65. The authors have
shown that the M protein directly interacts with MAVS and impairs viral RNA-induced
MAVS through the downstream components TRAF3, TBK1, and IRF3 [104]. Screening of
SARS-CoV-2 has identified several proteins including M, N, ORF3a, ORF6, and NSP
(non-structural protein) family proteins as potential candidates that downregulate IFNβ
responses [105]. Mitochondrial dysfunction-mediated reduced oxygen sensing, and mito-
chondrial oxidative stress-mediated platelet dysfunction and coagulation pathways have
been reported in SARS-CoV-2 infection [106,107]. SARS-CoV-2 main protease Mpro (nsp5)
impairs both the virus-induced type I IFN production and the induction of downstream
antiviral interferon-stimulated genes (ISGs) [108]. Another protein, Orf9b, localizes to
mitochondria, binds to TOM70, an adaptor protein of the mitochondrial outer membrane,
and suppresses the antiviral type I IFN response [109,110]. However, the molecular conse-
quences of Orf9b binding to TOM70 are not yet clear.
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5.2. Respiratory Syncytial Virus

Human respiratory syncytial virus (RSV) of the Paramyxoviridae family is a single-
stranded, negative-sense RNA virus that causes serious respiratory complications especially
in infants and the older adults worldwide [111,112]. Quantitative proteomic analysis of
RSV-infected cells has identified several nuclear-encoded mitochondrial proteins which
include OMM complex subunits, respiratory complex I proteins, VDAC protein (voltage-
dependent anion channel), and prohibitin (PHB) that play a critical role in the regulation of
mitochondrial structure, function and biogenesis [113,114]. Hu et al. have shown for the
first time that RSV infection hijacks host mitochondria, maneuvering for its replication and
causing mitochondrial redistribution towards the perinuclear region of the microtubule
organizing center [115]. This redistribution is a dynein-dependent mode of transport
that causes perturbances in mitochondrial membrane polarization, leading to decreased
mitochondrial membrane potential and significantly elevated levels of ROS [116]. Block-
ing dynein or the microtubule function resulted in a significant inhibition of RSV effect
on mitochondrial function. In another study, deletion of a mitochondrial biogenesis fac-
tor, clustered mitochondria homolog (CLUH), resulted in enhanced mitochondrial ROS
production during RSV infection [116]. The mitochondrial ROS scavenger MitoQ has been
shown to remarkably reduce viral proliferation and restore mitochondrial function during
RSV infection, suggesting that RSV-induced mitochondrial ROS contributes to sustained
viral infection [115]. Similarly, our group has shown that SIRT1 is necessary to promote
dendritic cell activation and autophagy during RSV infection, and the absence of SIRT1 led
to exacerbated pathology [19]. In another study, we have also shown that mitochondrial
function regulates RSV-induced innate immune response, leading to instruction of adaptive
immune responses through SIRT1 [20]. The central role of acetyl coA carboxylase (ACC1)
that activates acetyl CoA requires regulation by SIRT1 (via AMPK) in order to control
the fatty acid synthesis pathway that leads to dysregulated innate cytokine responses.
The inhibition of ACC1 has allowed the SIRT1-deficient dendritic cells to manifest a more
appropriate innate and acquired immune response. The inhibition of ACC1 with a specific
inhibitor led to correction of the altered metabolic state and resulted in the stabilization
of the altered innate and acquired immune responses driven by RSV in DC and altered
the pathologic responses in the lung [20]. However, the molecular mechanisms involving
RIG-I/MDA5 and MAVS in RSV infection are yet to be explored.

5.3. Influenza Virus

Influenza virus is a respiratory pathogen that causes contagious respiratory illness
known as influenza or flu, which accounts for millions of deaths worldwide. The three
main types of influenza virus that cause disease in humans are A, B, and C, which are
classified based on antigenic differences in matrix and nucleoproteins [116]. Once in-
fected, the influenza virus is recognized by various PRRs such as TLRs, RIG-I, NLRP3,
and cGAS pathways. The influenza virus replicates in the nucleus but how RIG-I sig-
naling is activated during this is not very clear. However, the NS1 protein has been
shown to suppress type 1 IFN responses by directly interrupting RIG-I signaling [117,118].
The nucleotide-binding oligomerization domain-containing protein 2 (NOD2) and recep-
tor interacting protein kinase 2 (RIPK2) promotes ULK1 phosphorylation and induces
mitophagy that protected mice from viral immunopathology in influenza A virus infec-
tion [119,120]. Defective mitophagy along with segregation of dysfunctional mitochondria
and subsequent inflammasome activation was observed in RIPK2-depleted cells. Increased
mitochondrial dynamics have been shown to downregulate IL-18 secretion and inflamma-
some activation [119,120]. Another protein, PB1-F2, disrupts mitochondrial membrane po-
tential, binds to MAVS and downregulates innate immune responses, especially type 1
IFNs, and NLRP3 activation [121,122].
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5.4. Hepatitis Viruses

Hepatitis C virus (HCV) is a positive-strand RNA virus of family Flaviviridae. Dur-
ing infection, HCV proteins localize to mitochondrial membranes, induce ER stress and
cause depletion of ER calcium stores, leading to mitochondrial dysfunction [123,124].
The non-structural protein 5A (NS5A) of HCV inhibits electron transport chain enzyme
complex I activity to promote mitochondrial calcium uptake, mitochondrial permeability
transition, and ROS production [17,125]. NS3/4a protease, on the other hand, cleaves
MAVS and facilitates immune evasion [126]. Mitochondrial damage during HCV infec-
tion inhibits FAO and enhances lipogenesis [127]. HCV induces translocation of Drp1 by
phosphorylating it at S616 and promotes mitochondrial dynamics, subverts MAVS and
increases IFN responses [17]. HCV infection induces the recruitment of Parkin and PINK1
and enhances the removal of accumulated impaired mitochondria in a Parkin-dependent
manner [17]. Several studies indicate that HCV-induced regulation of mitochondrial dy-
namics favors viral persistence and illuminate how viruses exploit mitochondrial dynamics,
leading to exacerbated pathology.

Hepatitis B virus (HBV) belongs to the family Hepadnaviridae and its genome con-
sists of a partially double-stranded circular DNA that replicates via an RNA intermediate.
HBx, a regulatory protein of HBV, is associated with VDAC, localizes to mitochondrial
membranes and affects the membrane potential, inducing remarkably high levels of cal-
cium and ROS, leading to mitochondrial dysfunction [128]. This HBx-regulated calcium
signaling and ROS activate STAT3, NF-kB and NFAT [129]. Like HCV, HBV also induced
Drp1 phosphorylation at S616 to promote mitochondrial dynamics and Parkin-mediated
mitophagy [15]. Inhibition of Parkin during HBV infection increased the release of cy-
tochrome C, activation of caspase-3, and cleaving of PARP (poly ADP-ribose polymerase),
resulting in an enhanced apoptosis [130,131]. During infection, RIG-I in the cytosol detects
HBV dsRNA in the cytosol [132], binds through its C-terminal RNA helicase domain and
activates IKKi and TBK1 by CARD, which is at the N-terminal. MAVS then links RIG-I to
IKKi and TBK1 activation. The role of MAVS/IPS-1 is essential for induction of IFN by
cytosolic DNA [132,133].

5.5. Measles

Measles virus consists of a negative-sense RNA genome that causes highly conta-
gious respiratory sickness including pneumonia, seizures, brain damage, and even death.
The attenuated measles virus of the Edmonston strain (MV-Edm) activates p62-mediated
mitophagy in non-small-cell lung cancer (NSCLC) cells by disrupting MAVS and resulting
in the significant inhibition of type I IFN responses [134]. It utilizes apoptosis to sustain
viral propagation and replication [135]. Defects in autophagy resulted in decreased viral
titers and MV-Edm induced cell death in NSCLC cells. When p62 expression was silenced,
it led to the restoration of mitochondrial mass in MV-Edm-infected cells and inhibition of
mitophagy. Therefore, it appears that MV usurps mitophagy to mitigate the RIG-I/MAVS-
mediated innate immune signaling pathways [134].

6. Concluding Remarks

Despite the exhilarating scientific advances in recent times that have identified many
important metabolic pathways that might be targets in order to enhance immune responses,
there continue to be new and exciting questions. Various aspects of mitochondrial dynam-
ics, including mitophagy, have been of great interest, with recent studies showing that
viruses circumvent host innate immune responses through altering mitochondrial functions.
Viral infections induce metabolic re-programming, resulting in discrete bioenergetic phe-
notypes, strategically utilizing them for viral propagation and replication. Viruses exploit
RIG-I-MDA5-MAVS antiviral signaling pathways and aim at disrupting mitochondrial
membrane potential, mitochondrial-associated proteins and mitochondrial dynamics that
essentially impede virus-induced type I IFN responses. Undeniably, there exists an intimate
association between mitochondrial dynamics and viral infections. However, more compre-
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hensive mechanistic studies and their significance to chronic pathology are necessary in
understanding complex viral life cycle processes. A deeper understanding of tightly regu-
lated mitochondrial functions such as bioenergetics, innate antiviral immunity, apoptosis,
and inter-organelle cross-talk needs to be extensively investigated to analyze their effect on
viral infections. The ultimate goal of identifying mechanisms, which may differ with indi-
vidual viruses, may provide important information for targeted therapeutic interventions
to redirect the immune response toward a less pathogenic response.
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Abstract: The incidence and severity of metabolic diseases can be reduced by introducing healthy
lifestyle habits including moderate exercise. A common observation in age-related metabolic diseases
is an increment in systemic inflammation (the so-called inflammaging) where mitochondrial reactive
oxygen species (ROS) production may have a key role. Exercise prevents these metabolic pathologies,
at least in part, due to its ability to alter immunometabolism, e.g., reducing systemic inflammation and
by improving immune cell metabolism. Here, we review how exercise regulates immunometabolism
within contracting muscles. In fact, we discuss how circulating and resident macrophages alter their
function due to mitochondrial signaling, and we propose how these effects can be triggered within
skeletal muscle in response to exercise. Finally, we also describe how exercise-induced mitochondrial
adaptations can help to fight against virus infection. Moreover, the fact that moderate exercise
increases circulating immune cells must be taken into account by public health agencies, as it may
help prevent virus spread. This is of interest in order to face not only acute respiratory-related
coronavirus (SARS-CoV) responsible for the COVID-19 pandemic but also for future virus infection
challenges.

Keywords: exercise; mitochondria; immune system; metabolic disease; COVID-19

1. Introduction

Immunometabolism is a recently proposed term which highlight the close relationship
between systemic and cellular metabolism and the immune system [1]. On one hand, im-
munometabolism studies show how the metabolism of immune cells ultimately regulates
their function [2]. On the other hand, they also cover the chronic activation of the immune
system that is observed in several pathologies such as obesity, Type 2 Diabetes, cardio-
vascular diseases and cancer [1,2]. However, these two events should not be viewed as
independent processes. In fact, mitochondrial signaling from bone marrow cells stimulates
macrophage polarization and their infiltration into tissues thereby controlling diet-inducing
obesity [3]. In fact, mitochondrial metabolism has a key role in regulating both innate
immune cell function during infection and metabolic disease development (for detailed
reviews, see [4,5]).

In the present review, we describe how exercise regulates immune function, reduces
systemic inflammation and ultimately results in improving age-related metabolic diseases.
We also highlight a close relationship between the mitochondrial function of immune cells
and their functional infiltration into tissues thereby altering systemic metabolism. Finally,
we propose a scenario where exercise improves skeletal muscle macrophage–mitochondria
crosstalk, which will likely enhance skeletal muscle metabolism and prevent age-related
skeletal muscle dysfunction.
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2. Exercise Alters Systemic Inflammatory State: Role of Exercise Intensity

The immune system responds to exercise following a hormetic curve. Notably, an
immunological threshold has been recently proposed for exercise intensity (up to 60% of
oxygen uptake) and duration (up to 60 min) [6]. In this scenario of moderate exercise inten-
sity and/or duration (i.e., moderate exercise), an acute exercise bout increase the exchange
of leukocytes between circulation and tissues; in addition, anti-inflammatory cytokines
are released and tissue macrophages show antipathogen activity [7,8]. Moreover, the fact
that natural killer cells and CD38+ T lymphocytes enrich the blood compartment [7,9] has
been used to state that acute moderate exercise may protect from subsequent infection [6].
Therefore, this kind of exercise exerts a number of physiological responses that may act as
a barrier for acute virus infection and maybe its spread.

In contrast, high-volume vigorous exercise (i.e., vigorous exercise) is associated with
up to six-fold upper respiratory tract infections in the weeks following it. This effect has
been associated with increments in circulating lymphocytes and neutrophils [10] probably
due to a decreased levels of NK activity as well as T cell and macrophage function [11,12].
Importantly, this effect not only reflects a high metabolic stress but can also be triggered
by skeletal muscle damage leading to pro-inflammatory cytokine release [13] and a strong
innate immune response [14,15]. Notably, Casuso et al. asked highly trained subjects in
both swimming and running to perform 8 bouts of 30 s at maximal intensity (~30 min)
one day by swimming and one day by running. It was reported that circulating levels of
interleukin 6 (IL-6) raised 2 h after running but not after swimming. Moreover, this effect
was not due to muscle damage nor to metabolic stress (i.e., cortisol release), and a general
anti-inflammatory response was observed after both exercise types [16]. This suggests that
(i) immune response to exercise may differ between exercise modes and/or due to the
contracting muscle and that (ii) extremely intense exercise does not perturb the immune
response in trained subjects, at least if there is no excessive duration.

The chronic application of moderate-intensity exercise bouts (i.e., training) is known
to decrease illness and lower systemic inflammation [6,17]. It is less clear how regular
vigorous exercise affects the immune system. Nevertheless, it is tempting to suggest that
the acute depression of the immune system described above would follow a homeostatic
response thereby showing an enhanced effect in the long term. What is clear is that regular
moderate exercise can prevent systemic inflammation.

3. Exercise Impact Chronic Inflammation in Age and Age-Related Metabolic Diseases

Many chronic diseases are associated with persistent low-grade systemic inflam-
mation. For instance, immune cells can infiltrate in adipose tissue thereby promoting a
pro-inflammatory environment leading to insulin resistance and Type 2 Diabetes [18,19].
Moreover, a similar polarization and infiltration of the immune cells has been observed in
cardiovascular diseases and in some cancers [20–22]. Franceschi et al. (2018) proposed that
aging and ageing-related metabolic diseases should be studied as a whole as they converge
in systemic inflammation (i.e., inflammaging) and both directly and indirectly influence
each other. In fact, they propose that metabolic inflammation driven, for example, by nutri-
ent excess and inflammaging probably share the same molecular pathways [23]. Although
this remains to be empirically demonstrated, it seems evident that age and age-related
metabolic diseases show increased levels of pro-inflammatory cytokines [24]. This is likely
due to a decrease in the body´s ability to repair damaged cells or tissues, thus leading to
accumulated damage over time. In fact, a chronic activation of the innate immune system
underlies the inflammaging process where macrophages have a key role [25].

In this scenario, twenty years ago, Pedersen´s laboratory first described that contract-
ing muscle release IL-6 into the circulation indeed altered the function of other parts of the
body [26]. For instance, muscle-derived IL-6 is known to reduce systemic inflammation
by promoting cortisol and IL-10 release [27,28]; this is of importance because IL-10 blocks
the transcription of the inflammatory cytokine tumor necrosis factor apha (TNF-α) [29].
It is now known that skeletal muscle secretes hundreds of peptides (i.e., myokines), most
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of them with unknown effects. While the main studied one remains IL-6, other myokines
have been described to affect bone, liver, adipose tissue, brain and muscle function, among
others (see Sverinsen and Pedersen [30] for a detailed updated review). Nevertheless,
it is important to note that IL-6 has a double-edged effect depending on the secreting
cell. In contrast to exercise, chronic sedentarism polarizes macrophages, thereby releasing
pro-inflammatory cytokines such as IL-6, IL-1b and TNFα [31].

Exercise has been recommended as a therapy for a number of metabolic diseases such
as obesity, type 2 diabetes as well as for cardiovascular diseases and cancer [32]. Notably,
most of these diseases are directly or indirectly affected by contracting muscle-derived IL-6.
For instance, IL-6 receptor blockade impedes exercise-induced visceral and cardiac adipose
tissue reduction [33,34]. Additionally, IL-6 regulates glucose uptake by promoting glucose
transporter 4 (GLUT4) translocation to the sarcolemma [35].

Moreover, sarcopenia (i.e., age-related muscle and/or force decline) has also been
associated with increments in circulating levels of IL-6 and TNF-α [36]. Studies in mice
showed that genetic loss of IL-6 impair skeletal muscle hypertrophy [37]. While these
observations seem to contrast, it can be explained because, as noted above, chronic muscle
disuse promotes IL-6 release from macrophages, thereby inducing a pro-inflammatory
environment.

Nevertheless, few studies have addressed macrophage infiltration in response to
exercise. Walton et al. [38] reported that 14 weeks of resistance training increases anti-
inflammatory macrophage content within aged human skeletal muscle. Moreover, studies
analyzing cycling training show that anti-inflammatory macrophages may have a key
role in stimulating muscle growth [39]. More recently, Jensen et al. [40] analyzed the time
course of macrophage infiltration and polarization following acute resistance exercise.
They found that within the range of 4 to 7 days after exercise, older males show an increase
in anti-inflammatory macrophages, while older females show an increase in both anti-
and pro-inflammatory macrophages [40]. Notably, while young females show unchanged
macrophage polarization and infiltration, 5 days following exercise, there is an increase in
total macrophage and anti-inflammatory cytokines in older compared to young females [40].
Taken together, these data suggest that macrophage polarization influences circulating
pro- and anti-inflammatory cytokines which may directly or indirectly impact age-related
muscle waste. Moreover, there is a need to unravel how resistance exercise-induced
alterations in macrophage polarization influence sarcopenia and the potential role (if any)
of sexual dimorphism.

4. The Mitochondria–Macrophage Connection Regulates Metabolism

Mitochondria are double membrane organelles that support cellular function includ-
ing metabolism and signaling. The inner mitochondrial membrane contains the electron
transport chain (ETC), a multiprotein complex system that pumps protons from the mi-
tochondrial matrix into the intermembrane; complex V can use the stored potential en-
ergy to generate ATP. This highlights the importance of mitochondria in integrating fuel
metabolism to cellular ATP production. However, mitochondria are now widely recognized
as biosynthetic hubs such as for nucleotide synthesis, fatty acid and cholesterol synthesis,
amino acid synthesis, and glucose and heme synthesis, but they also orchestrate waste
management [41]. Therefore, mitochondria are contemporarily viewed as a multifaceted or-
ganelle. Of particular relevance is the fact that mitochondrial reactive oxygen species (ROS)
production acts as a signaling molecule that ultimately results (if produced in excess) in the
increased inflammation observed in obesity and obesity-related diseases [42]. In this regard,
excessive ROS production by ETC complex I was observed when it was not assembled with
complex III and/or complex IV forming supercomplexes [43,44]. In agreement, skeletal
muscle of diabetic subjects showed a decrease in the content of supercomplexes [45]. There-
fore, ETC supramolecular organization may contribute to regulating metabolic diseases by
controlling ROS production. However, the precise role of mitochondrial ROS production
in health and disease is yet to be elucidated. For instance, it seems that mitochondrial
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ROS production via reverse electron transport improves lifespan in model organisms [46].
This may suggest that “when” and “where” mitochondrial ROS are produced are relevant
factors in order to switch from beneficial to adverse adaptations.

As stated above, immunometabolism can refer either to (i) how immune cells func-
tion depending on their own metabolism or to (ii) how chronic systemic inflammation
influences the development and progression of metabolic diseases. However, these two
apparently different processes might be influenced by each other. For instance, infiltra-
tion of pro-inflammatory macrophages into adipose tissue drives metabolic dysfunction
through the expression of TNF-a, IL-1B and IL-6 [47]. Notably, excessive ROS production
leads to Fgr activation in macrophages which is associated with increased mitochondrial
complex II activity and complex I degradation leading to pro-inflammatory macrophage
polarization [48,49]. Recently, Acín-Perez et al. [3] effectively demonstrated that mice
lacking Fgr are protected against high fat diet-induced obesity and insulin resistance.
Furthermore, transplanting bone marrow cells from mice overexpressing mitochondrial
catalase protects mice from high fat diet-induced obesity and changes tissue macrophage
towards an anti-inflammatory polarization. Therefore these data not only suggest that
bone-marrow-derived cell metabolism might influence obesity and insulin resistance but
also that prevention of excessive mitochondrial H2O2 production may be an interesting
target for the prevention and treatment of metabolic disease. Moreover, it also opens the
possibility that local mitochondrial ROS production has a key role in regulating systemic
inflammation and metabolic disease. In this regard, it is important to note that moderate
exercise training gradually decreases ROS production within contracting muscle [50]. This
ultimately maintains ROS production at physiological levels, thus avoiding pathological
ROS production. In addition, we recently reported that moderate exercise training changes
the supramolecular organization of the ETC, which prevents excessive mitochondrial ROS
production and systemic lipid peroxidation [51]. These findings open new interesting hy-
potheses such as whether exercise training alters mitochondrial function from circulating
and/or skeletal muscle resident macrophages, thereby improving overall health (Figure 1).

Figure 1. Exercise improves systemic inflammation by enhancing mitochondrial metabolism. This
effect likely involves decreased mitochondrial reactive oxygen species (ROS) production below
pathological levels which may ultimately affect immune cell function.

Additionally, these observations could also anticipate that exercise-induced skeletal
muscle mitochondrial metabolic adaptations result in enhancing resident macrophage
function. In this regard, a second recent discovery shows that cardiomyocytes release
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subcellular particles called exophers which mainly transport defective mitochondria. These
exophers are captured and eliminated by cardiac macrophages, thus maintaining cardiomy-
ocyte homeostasis [52]. Notably, the authors identified Mertk as the macrophage phagocytic
receptor of exophers [52]. This study has a profound impact not only on understanding the
metabolic regulation of cardiac cells, but it also may help to unravel how skeletal muscle
responds to stress. Runyan et al. [53] analyzed skeletal muscle macrophages from old and
young mice during recovery from influenza A infection-induced pneumonia. They found
that macrophages from old mice had a reduced phagocytic function which coincided with
reduced Merk expression, thus leading to impaired muscle recovery. Moreover, when
they knocked down Mertk in young mice, they found that muscle recovery was also im-
paired [53]. Cardiomyocytes have evolved to allow continuous beating by maintaining
mitochondrial homeostasis through ejecting dysfunctional mitochondrial portions [52].
Given the similar structure between skeletal muscle and cardiac cells and that Mertk might
have an impact on skeletal muscle recovery following infection, it would be important to
study whether highly trained skeletal muscle may also have such a macrophage function
as mitochondrial waste management. In fact, highly trained skeletal muscle shows a highly
specialized mitochondrial network which facilitates energy diffusion through skeletal mus-
cle cells [54]. Notably, the capacity to reach this adaptation is almost intact in aged human
skeletal muscle [55]. This is of importance as muscle regenerative capacity is impaired in
aged skeletal muscle [56]. Therefore, aged skeletal muscle cells show a low renewal rate
but almost intact mitochondrial function (at least in response to exercise) which somewhat
mimics the physiology of cardiomyocytes [57]. These recent studies open a new line of
investigation of age-related skeletal muscle dysfunction.

Finally, it is important to highlight another key finding that might have an impor-
tant implication in understanding how skeletal muscle mitochondria connect immunity
and metabolism in mammals. There is growing interest in elucidating how contracting
muscles use lipid droplets (LD) in order to sustain exercise metabolism and/or for un-
known purposes. For instance, during high-volume, high-intensity exercise (i.e., 57 min
and 11 mmol/L blood lactate), LD within myofibrils but not those LD located close to
the sarcolemma are used [58]. This is surprising as this kind of exercise mostly relies on
oxidative metabolism mainly through fatty acid and glucose oxidation [59]. LDs have
important implications in cellular innate defense and, in hepatocytes, this effect seems to
be dependent upon LD–mitochondria binding [60]. In fact, pathogen-associated molecular
pattern lipopolysaccharide (LPS) stimulation-induced innate immune response was pre-
vented when perilipin-5 (PLN5) was overexpressed [60]. Notably, both in sedentary and
trained skeletal muscle, moderate exercise seems to decrease LD–PLN5 association [61].
As PLN5 is involved in mitochondria–LD tethering, these observations could suggest
that moderate exercise liberates LD from mitochondria, thus impeding any competition
between mitochondria and bacteria for LD tethering. This further supports the observation
that acute moderate exercise prevents subsequent infection in this case within skeletal
muscle. Furthermore, during innate immune response, LD increase their size [62]. This
may also reveal different effects of LDs within skeletal muscle fibers, for instance, type
2 fibers have lower LD density, but they seems to have higher size than those LD form
type 1 fibers in the leg skeletal muscle [58]. Although the current evidence is scarce, it
would be interesting to test whether exercise impacts innate immune function by altering
LD–mitochondria contact.

5. Mitochondria at the Crossroad to Viral Infection

Although it is not the primary aim of the present review, given the actual situation due
to the COVID-19 pandemic, we would like to discuss how skeletal muscle mitochondrial
fitness may help to face virus infection. It has been reported in a cohort of 249 subjects
(59 ± 12 years old) that maximal exercise capacity was independently and inversely associ-
ated with the likelihood for hospitalization due to COVID-19 [63]. This is in accordance
with the fact that obesity is a risk factor for increasing severity due to virus infection and
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that obesity impairs antibody response to the influenza vaccine [64]. Therefore, general
fitness is a protective factor to virus infection severity in general and COVID-19 disease in
particular.

Damage-associated molecular patterns are the pathway by which innate immune cells
recognize pathogens leading to specific immune response. A growing body of evidence
highlights the key role of mitochondria, in addition to the ROS-mediated mechanisms, in
innate immunity. The reader is referred to some excellent new reviews on the topic [65,66],
because we will not describe in detail these molecular mechanisms. In brief, when viruses
reach the cytoplasm, RNAs perceived as foreign activate the aggregation of an outer
mitochondrial membrane protein called mitochondrial antiviral-signaling protein (MAVs).
MAV aggregation induces the expression factor kappa light chain enhancer of activated B
cell (NF-kB) and type I interferons via interferon regulatory factors (IRFs) in the nucleus,
thereby leading to antiviral defense [65,66].

However, this pathway alters mitochondrial metabolism and morphology. It has been
reported that mitochondrial dynamics (i.e., balance between mitochondrial fusion and
fission) and mitophagy seem to be important to the regulation of immune response to virus
infection [67]. In fact, some viruses are able to alter the innate immune system in cells
by increasing DRP1 s616 phosphorylation [68], which ultimately results in mitochondrial
fragmentation and dysfunction [66]. Additionally, peripheral mononuclear cells showed
altered mitochondrial metabolism by SARS-CoV-2 in patients with COVID-19 [69]. More-
over, the authors proposed that disease severity was positively associated with the degree
of mitochondrial dysfunction in peripheral mononuclear cells [69].

These observations are of great interest in order to describe how exercise can hamper
virus severity and function. For instance, sedentary aged skeletal muscle shows an enlarged
and dysfunctional mitochondrial network due to impaired fission and mitophagy [55]. This
may contribute to the increased risk of older subjects to show a higher severity COVID-19
disease. In this regard, moderate exercise is able to improve skeletal muscle mitochon-
drial function and dynamics [54,70] even in aged skeletal muscle [55]. In particular, only
12 weeks of moderate exercise can decrease skeletal muscle DRP1 s616 phosphorylation,
thereby enhancing mitochondrial network function in older subjects [71]. Furthermore,
short-term exercise training improves the mitochondrial function and dynamics of pe-
ripheral blood mononuclear cells even in previously trained subjects [72]. Therefore, it is
tempting to suggest that moderate exercise inducing skeletal muscle and systemic mito-
chondrial adaptations may lower the degree of virus severity and complications related to
COVID-19.

6. Conclusions

Several age-associated pathologies show increased systemic inflammatory markers.
These metabolic diseases are worsened if a sedentary state is maintained for a long period,
and in this process, the pro-inflammatory polarization of tissue resident macrophages
seems to have a key role. In contrast, exercise stimulates a raising number of known
myokines which target several tissues and protect them against metabolic diseases. In this
scenario, we suggest that acute exercise might polarize circulating macrophages through
limiting mitochondrial ROS production, thereby reducing tissue metabolic dysregulation.
Moreover, we propose that both skeletal muscle macrophages and LDs may have an
important role in the improvement of innate immunity observed in response to training
in a process fine-tuned by mitochondria (Figure 2). Finally, we would like to highlight
that acute moderate exercise training likely reduces virus infection through increasing
circulating lymphocytes and leukocytes and by improving mitochondrial function. This
must be acknowledged by public health agencies in order to face the current COVID-19
disease and future virus-related pandemics.
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Figure 2. Exercise induces a number of structural and metabolic changes within skeletal muscle
mitochondria that may affect immune function. Exercise enhances mitochondrial function by (1) in-
ducing the assembly of respiratory complexes into supercomplexes; (2) promoting an enlargement
of functional mitochondrial network; (3) increasing mitochondrial turnover and (4) reducing mito-
chondrial ROS production. The immunological role of skeletal muscle lipid droplets and resident
macrophages in response to exercise is yet to be elucidated. Mechanistic studies, however, suggest
that LDs separated from mitochondria can improve innate immune function in a mechanism likely
mimicked by exercise. In addition, resident macrophages are known to improve mitochondrial
function through eliminating dysfunctional parts of the mitochondrial network. As some viruses
alter the innate immune system in cells by inducing excessive mitochondrial fragmentation, exercise
may help to face virus infection by maintaining an enlarged and fully functional mitochondrial
network. ROS, reactive oxygen species; DRP, dynamin-like protein; FIS1, fission, mitochondrial 1;
MFN, mitofusin; OPA1, optic atrophy 1.
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Abstract: Type 2 diabetes mellitus is a complex multifactorial disease of epidemic proportions.
It involves genetic and lifestyle factors that lead to dysregulations in hormone secretion and
metabolic homeostasis. Accumulating evidence indicates that altered mitochondrial structure, function,
and particularly bioenergetics of cells in different tissues have a central role in the pathogenesis of
type 2 diabetes mellitus. In the present study, we explore how mitochondrial dysfunction impairs the
coupling between metabolism and exocytosis in the pancreatic alpha and beta cells. We demonstrate
that reduced mitochondrial ATP production is linked with the observed defects in insulin and
glucagon secretion by utilizing computational modeling approach. Specifically, a 30–40% reduction in
alpha cells’ mitochondrial function leads to a pathological shift of glucagon secretion, characterized by
oversecretion at high glucose concentrations and insufficient secretion in hypoglycemia. In beta cells,
the impaired mitochondrial energy metabolism is accompanied by reduced insulin secretion at all
glucose levels, but the differences, compared to a normal beta cell, are the most pronounced in
hyperglycemia. These findings improve our understanding of metabolic pathways and mitochondrial
bioenergetics in the pathology of type 2 diabetes mellitus and might help drive the development of
innovative therapies to treat various metabolic diseases.

Keywords: pancreatic endocrine cells; mathematical model; mitochondrial dysfunction; cellular
bioenergetics; diabetes; glucagon; insulin

1. Introduction

Mitochondrial bioenergetics is a critical element of our life. A decline in mitochondrial function is
the root cause of many inborn metabolic destructions, e.g., the Leigh Syndrome [1], and mitochondrial
dysfunction has been related to several age-related diseases, e.g., type 2 diabetes mellitus (T2DM) [2–4],
neurodegenerative [5,6], cancer [7], cardiovascular [8], and others (recently reviewed in [9]).
The interrelation, particularly the causality between mitochondrial dysfunction and age-related diseases
is complex, a matter of permanent discussion. Multifactorial aging processes impact mitochondrial
functioning, and the loss of intrinsic mitochondrial quality and dynamics affect several other processes
in the body [10]. The complexity of the interrelationship between the mitochondrial dysfunction and
the diseases requires intensive research, and it is promising that the accumulation of knowledge about
mitochondria and its role in pathophysiology is enormous, representing a “phase shift” in the last
two decades [11].
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The pathogenesis of T2DM is rather complicated and not completely understood. The link
between mitochondrial dysfunction and T2DM appears to be particularly relevant for understanding
the pathophysiology of T2DM. Alterations in mitochondrial structure have been found in the
muscles of patients with T2DM [12]. Gene expression analyses in skeletal muscles from healthy
and diabetic subjects have shown that a decreased PGC1 expression can lead to metabolic disturbances
characteristic for insulin resistance and T2DM [13]. Moreover, it has been reported that myotubes
with mitochondrial dysfunction exhibited insulin resistance, oxidative stress, and inflammation with
impaired insulin signaling activities [14]. In subjects with T2DM, the mitochondrial DNA (mtDNA)
density is mainly depleted; however, in early phases of T2DM, a compensatory mechanism can appear
that increases mitochondrial gene expression even though the mtDNA copy number is reduced [15].
This compensation may be responsible for the striking contrast between the severity of mtDNA
depletion and the clinical manifestation of T2DM, such as the late onset and the slowly progressive
nature of the disease. Assessing mitochondrial dysfunction via the mtDNA density requires adjustments
for different tissues, as the content of mtDNA varies among tissues, being relatively higher in the liver
than in muscle or other tissues, for example [16].

In pancreatic tissue, a strong association between mitochondrial dysfunction and the impaired
secretory response of beta cells to glucose has been established [2,15,17–20]. Disturbances in
insulin secretion are related to functional and molecular alterations of beta cells, rather than
a decrease in beta cell mass [21]. In T2DM, both the morphology and function of beta cells is
altered. Transmission electron microscopy investigations show that mitochondria in beta cells are
swollen and have disordered cristae [18–20]. Functionally, the hyperpolarization of the mitochondria
inner-membrane potential is diminished in beta cells, partially due to UCP-2 overexpression,
which causes a reduced glucose-stimulated ATP/ADP ratio, and consequently an impaired insulin
secretion [18,19]. Measurements, quantifying the mitochondrial dysfunction in insulin-resistant
subjects, point to approximately 30–40% decrease in mitochondrial oxidative and phosphorylation
activity [16,22,23]. In beta cells, mitochondrial dysfunction has also been linked, at least partially,
to the lipotoxicity-mediated suppression of glucose-stimulated insulin secretion [24]. Studying the
association between diabetes and mitochondrial metabolism in pancreatic beta cells has shown that
hyperglycemia markedly reduces mitochondrial metabolism and ATP synthesis [3]. In addition to the
intra-mitochondrial defects, Rutter et al. [25] have pointed out the impact of a defective interconnected
mitochondrial network on disturbances in insulin secretion. Moreover, they have suggested that altered
mitochondrial metabolism may also impair intracellular communication and coherent multicellular
activity [25]. Recently, it has been shown that in the Western-diet-induced T2DM in mice, besides
the beta cells, pancreatic alpha cells undergo considerable mitochondrial alterations, affecting the
T2DM-related shift in glucagon secretion [26]. The growing awareness concerning T2DM-associated
mitochondrial dysfunction in both alpha and beta cells might considerably contribute to a better
understanding of T2DM and may point toward new therapies for treating metabolic diseases.

Mitochondrial bioenergetics is essential for the regulation of both glucagon and insulin secretion.
In our previous study, we coupled glycolysis and mitochondrial metabolism with the hormone secretion
in pancreatic alpha and beta cells and presented turning on/off secretory mechanism in both cells,
guided by the energy-driven metabolic switch [27]. The model includes the metabolism of both glucose
and free fatty acids (FFA). At low glucose concentration, the FFA oxidation (FFAO) in mitochondria
is responsible for physiologically required glucagon secretion from alpha cells. At high glucose
levels, glucagon secretion is primarily switched off by the glycolytic ATP production. In beta cells,
during hypoglycemia, the ATP production is low. When glucose is elevated, the mitochondrial ATP
production is the primary energy source required for adequate insulin secretion. This model, linking
cell metabolism with the hormone secretion, provides a useful platform for studying pathophysiology
in insulin and glucagon secretion.

In the present study, we extend our previous computational models and implement the models to
analyze the impact of mitochondrial dysfunction on ATP production and the consequent hormonal
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disorders in pancreatic alpha and beta cells. To some extent, the mitochondrial dysfunction in alpha
cells has been studied previously [26]. Here, we provide a more comprehensive comparative study
of both insulin and glucagon secretion in dependence on the grade of mitochondrial dysfunction.
The study improves our understanding of how a decline in mitochondrial bioenergetics is linked with
the typical hormonal disorders in T2DM: a decreased insulin secretion, and in-/decreased glucagon
secretion in hyper-/hypoglycemia, respectively.

2. Model

We designed computational models incorporating intracellular mechanisms from metabolic
processes to hormone secretion in the pancreatic alpha and beta cells. Specifically, models for both
cell types include a detailed description of metabolite and oxygen uptake, mitochondrial bioenergetic
pathways, and ATP production, as well as the ATP/ADP ratio-mediated KATP-channel activity, which in
turn orchestrates the hormone secretion. Particularities of individual segments and parameters of both
models were adjusted and specified to match experimental data. A more detailed description of both
models is given in Section 2.1. Furthermore, we incorporate in both cellular models a T2DM-associated
mitochondrial dysfunction, which leads to a reduced net flux of ATP from mitochondria and impaired
hormone secretion patterns. How the effect of altered mitochondrial bioenergetics is integrated into
the models is described in Section 2.2.

2.1. Bioenergetics and ATP-Driven Switch for Hormone Secretion

Hormone secretion in alpha and beta cells depends crucially on the metabolic pathways in the
cells. Unique properties of alpha and beta cells’ metabolism enable glucose-sensing mechanisms,
necessary for the modulation of glucose homeostasis. Because metabolic pathways facilitate the
intracellular production of high-energy molecules ATP, the ATP concentration plays an essential
role in the stimulus-secretion coupling. In the herein presented model, we divide the metabolic
pathways into the glycolytic part (which can produce ATP anaerobically, in the absence of oxygen)
and the mitochondrial metabolism (producing ATP at the electron transport chain (ETC) in the
presence of oxygen), see Figure 1. The glycolytic and mitochondrial model components are coupled
by glycolysis-produced pyruvate and NADH molecules. Whereas the ATP is produced directly
by glycolysis (ADP molecules are phosphorylated during the payoff phase of glycolysis), the ATP
production in mitochondria requires the ETC, driven by the oxidation of NADH and FADH2 molecules,
acting as the electron donors of the redox reaction. Oxygen, which is consumed by this process,
serves as the final electron receptor. Therefore, besides the influx of critical metabolites glucose and
FFA, the model also implements the fluxes of oxygen and the intermediate fluxes of the electron donors.
However, to maximally simplify the computational model, only the most abundant electron donor,
namely NADH, is included, whereas the flux of FADH2 is considered as a part of the NADH flux.

In the process of glycolysis, each 6-carbon glucose is converted into two 3-carbon pyruvate
molecules. During the first reaction of glycolysis, glucose is converted to glucose-6-phosphate (G6P).
The velocity of the reaction is glucose-dependent due to the expression of low-affinity, high-Km
enzyme glucokinase (hexokinase IV), in both alpha and beta cells. Consequently, the established
glycolytic flux is glucose-dependent, which is crucial for the downstream energy-sensing mechanisms.
Overall, glycolysis yields two molecules of anaerobically-produced ATP per one glucose molecule
entering the glycolytic pathway. For the quantitative description of the glycolytic pathway, we use the
theoretical framework described in Ref. [27].

On the other hand, aerobic ATP production is driven by the electrochemical proton gradient
between intermembrane space and mitochondrial matrix. The proton gradient is established by the
ETC, a series of complexes that transfer electrons from electron donors (reducing equivalents) to
electron receptors, terminating with molecular oxygen being the final electron receptor. In the model,
the reducing equivalents are the products of glucose oxidation and FFAO pathways. During glycolysis,
two NAD+ molecules are reduced to NADH in addition to the direct (anaerobic) phosphorylation
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of two ADP molecules to ATP. The NADH shuttle systems transport the glycolysis-derived NADH
molecules through the mitochondrial membrane, where they enter the redox reactions of the ETC
(see Figure 2). The majority of reducing equivalents, originating from the glucose oxidation pathway is,
however, produced by the oxidation of pyruvate, the end-product of the glycolytic pathway. The flux
of pyruvate passes the mitochondrial membrane and is converted to acetyl-CoA, which enters the
tricarboxylic acid cycle. Pyruvate dehydrogenase (PDH) and tricarboxylic acid cycle reactions yield
4 molecules of NADH, 1 FADH2, and 1 GTP, which is energetically equal to 5 molecules of NADH
(for an extended explanation, see [27,28]). Following the oxidation, reducing equivalents enter the
ETC, enabling aerobic ATP production.

 

 
Figure 1. Schematic presentation of the model, coupling metabolic pathways in pancreatic alpha and
beta cells with the hormone secretion. Intracellular ATP concentration drives the ATP-driven switch of
hormone secretion, modulating the calcium influx and consequent calcium-dependent exocytosis of
hormone granules. The ATP concentration is governed by the ATP production rates. The anaerobic ATP
is yielded by direct phosphorylation of ADP during glycolysis. Conversely, the production of reducing
equivalents from glycolysis, pyruvate oxidation, and FFAO drives the ETC (consuming molecular
oxygen O2), resulting in aerobic ATP production.

The second metabolic pathway involved in the aerobic ATP production is the FFAO pathway.
Rather than the rate of FFA entry into the FFAO reactions, the input to the model is the net rate
of oxygen consumption, for which the experimental data are more widely available. In the model
approximation, the net rate of oxygen consumption is fully utilized by the ETC for the oxidation of
glucose- and FFA-derived reducing equivalents. Consequently, the net oxygen consumption rate can
be split into oxygen consumption due to glucose oxidation and oxygen consumption due to FFAO.
The net aerobic ATP production due to FFAO is proportional to the oxygen consumption due to FFAO,
which is calculated as the difference between the net oxygen consumption and oxygen consumption
due to glucose oxidation. For the quantitative description of the metabolic pathways in mitochondria,
we utilized our previous computational models for the alpha cell [26,27] and the beta cells [27].

The rates of anaerobic and aerobic ATP production are denoted in Figure 2 by JATP,anaerobic and
JATP,aerobic. Glycolysis and mitochondrial respiration modulate the intracellular ATP concentration
by affecting the KATP channels. Since the density of KATP channels is comparable in alpha and
beta cells [29], the ATP-dependent activity of KATP channels is also similar. The increased ATP
concentration during hyperglycemia lowers the KATP channel conductance, depolarizing cell’s
membrane potential. In the beta cell, depolarization causes increased electrical activity, which results
in higher calcium influx through voltage-dependent calcium channels, VDCC, [30] and higher insulin
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secretion. On the other hand, depolarization in alpha cells is followed by higher action potential (AP)
frequency but lower amplitude, resulting in lower calcium influx [31] and glucagon secretion.

 

 
Figure 2. Impaired mitochondrial bioenergetics causes dysregulations in insulin and glucagon secretion.
The increased glucose uptake during high plasma glucose concentration causes the acceleration
of glycolytic and mitochondrial metabolism. Due to mitochondrial dysfunction (md), the aerobic
ATP production rate (JATP,aerobic) and subsequent absolute ATP concentration are reduced, causing
insufficient decrease of KATP conductance and impaired effects on the VDCC. As the glucose dependency
of glucagon and insulin secretion is severely impacted. Green arrows represent a response to the rise in
glucose under normal physiological conditions, and red arrows represent a lack of response due to
mitochondrial dysfunction.

Our description of the alpha and beta cell’s electrical activity is based on previous computational
endeavors. Specifically, for the coupling of alpha cell’s KATP-channel conductance with glucagon
secretion, we used model proposed by Grubelnik et al. [26], with the same parameter values.
The model of glucagon granule exocytosis is founded on the theoretical framework proposed
by Montefusco et al. [32]. For the beta cell, we coupled KATP-channel conductance and insulin
secretion as described in the model by Grubelnik et al. [27], which relies on the fundamental work of
Pedersen et al. [33].

2.2. Mitochondrial Dysfunction and Pathophysiological Hormone Secretion

The separate modeling of aerobic and anaerobic pathways producing ATP in alpha and beta cells
allows studying the effect of mitochondrial dysfunction on glucagon and insulin secretion. In cells with
dysfunctional mitochondria, the net rate of aerobic ATP production is reduced, causing an insufficient
lowering of KATP-channel conductance. As a result, the calcium influx through VDCC during
hyperglycemia is inadequately increased in the beta cell and decreased in the alpha cell [29–31].
Dysregulation of ATP concentration due to the mitochondrial dysfunction severely impacts hormone
granule exocytosis [34,35]. The qualitative effects of the impaired mitochondrial bioenergetics are
schematically presented in Figure 2. In the alpha cell, the glucagon secretion typically peaks at low
glucose concentrations. However, due to impaired mitochondrial function, the peak is shifted towards
higher glucose concentrations. Conversely, in beta cells, the insulin secretion rates monotonically
increase with increasing glucose concentrations and the anomalous mitochondrial functioning causes
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the reduction of insulin secretion across the whole glucose concentration interval. The mechanisms
behind the dysregulated hormone secretion in both cell types are modeled as described in more detail
in the continuation.

The intracellular ATP concentration is in the steady-state approximation governed by the ATP
production and ATP hydrolysis rates. The reduced net flux of ATP from mitochondria is modeled by
multiplying the mitochondrial ATP flux JATP,aerobic, as described by Grubelnik et al. [27], by an additional
coefficient of mitochondrial dysfunction, kmd:

JATP = JATP,anaerobic + (1− kmd)JATP,aerobic, (1)

where kmd is defined as the degree of mitochondrial dysfunction. kmd lies in the range between 0
and 1, where 0 represents a normal mitochondrial function, and 1 signifies a complete mitochondrial
breakdown. According to the model by Grubelnik et al. [27], the rate of ATP hydrolysis, JATPase,
obeys the Michaelis–Menten kinetic, which is modeled by:

JATPase = Jmax,ATPase
[ATP]

Km,ATPase + [ATP]
(1− kATPase,rkmd), (2)

where [ATP] is the ATP concentration, Jmax,ATPase is the maximal reaction rate (132 µM/s for the alpha
cell, and 178 µM/s for the beta cell), Km,ATPase is the Michaelis-Menten constant (Km,ATPase = 2000 µM),
and kATPase,r is a scaling constant for the mitochondrial-dysfunction-dependent decrease in ATP
hydrolysis. The kATPase,r takes on a value of 0.6. Considering Equations (1) and (2), the ATP concentration
is in the steady state given by:

[ATP] =
Km,ATPase JATP

Jmax,ATPase(1− kATPase,rkmd) − JATP
, (3)

The model Equations (1)–(3) enable us to quantify the impact of mitochondrial dysfunction on
glucagon and insulin secretion in pancreatic alpha and beta cells, respectively, as we describe in more
detail in the next section.

3. Results

Herein we present how our computational model (Appendix A) behaves under normal
physiological conditions and how its output is affected by the mitochondrial dysfunction. We first focus
on the mitochondrial ATP production and the so-called energy-driven metabolic switch, the main
determinants for glucagon and insulin secretion in alpha and beta cells, respectively. Then, we further
explore how pathologically altered ATP generation affects the hormonal secretion process.

3.1. Mitochondrial Function Affects ATP Production

In models for the alpha as well as for the beta cell, the ATP production depends on glycolysis and
mitochondrial metabolism and is driven by glucose and FFA oxidation. Altered mitochondrial
metabolism has therefore a decisive effect on the drop in intracellular ATP concentration and
consequently on the secretion of the two pancreatic hormones. In Figure 3, we show how mitochondrial
ATP synthesis in both cell types depends on glucose concentration. In both panels the blue
lines correspond to the cell’s normal physiological function without mitochondrial dysfunction.
A comparison of ATP production with regard to the cell type reveals that in both alpha and beta
cells the ATP production monotonically increases with increasing glucose concentrations. However,
the differences provoked by different stimulation levels are much more pronounced in the beta cell.
Namely, in alpha cells at low glucose concentration, the ATP production is high compared to beta
cells due to the oxidation of FFAs in mitochondria. As the concentration of glucose increases, part of
FFAO in mitochondria is replaced by glucose oxidation (Figure 3a). At the same time, glucose is also
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metabolized by glycolysis in the cytoplasm, which is the key element that rises the ATP concentration
at higher glucose levels in the alpha cell [27]. In contrast, in the beta cell the ATP production is low
during hypoglycemia (Figure 3b), whereas in hyperglycemia it reaches approximately the same value
as it is observed in the alpha cell. Because the production of ATP in beta cells is predominantly
mediated by the mitochondrial glucose oxidation [2,36,37], this allows for very significant increase in
ATP concentration when glucose levels are increased.

 

Figure 3. Glucose-dependent ATP concentration levels under normal mitochondrial conditions
(blue line) and under different levels of mitochondrial dysfunction: 10% (dashed line), 20% (dotted line),
30% dash-dotted line, and 40% (red line), for the pancreatic alpha (a) and beta (b) cell.

Results in Figure 3 also demonstrate the change in cytosolic ATP concentration due to a defective
mitochondrial metabolism associated with the pathogenesis of T2DM. It is known that the mitochondrial
function is decreased by 30–40% in T2DM [16,22,23]. The ATP concentration due to mitochondrial
dysfunction, which is determined in Equation (1), specifically by the kmd parameter, is shown by black
lines, with each line illustrating an additional decrease in mitochondrial activity by 10%. The red line
illustrates a maximum of 40% mitochondrial dysfunction. It can be observed that mitochondrial
dysfunction results in a drop in ATP concentration in both alpha and beta cells. In alpha cells,
the decline is approximately the same for all glucose concentrations and reflects a direct decrease in
mitochondrial ATP production, which is weakly modulated by glucose. This drop is due to a direct
decrease in mitochondrial ATP production, which is approximately the same at low and high glucose.
Namely, mitochondrial ATP production in alpha cells is close to saturated even at low glucose levels
due to FFAO. The increase in cytosolic ATP concentration with increasing glucose is due to anaerobic
glycolytic ATP production, which is not affected by the mitochondrial dysfunction. In contrast to
alpha cells, in beta cells, a decrease in ATP production is pronounced mainly in the hyperglycemic
state, which occurs primarily at the expense of increased glucose oxidation in mitochondria, which is
perturbed by mitochondrial dysfunction.

3.2. Impaired Glucagon and Insulin Secretion in the Pathogenesis of T2DM

In the previous section we explored how the glucose concentration-dependent ATP production
is affected by the mitochondrial dysfunction. Here we further investigate how T2DM-associated
mitochondrial perturbations impair the secretion of glucagon and insulin secretion in the pancreatic
alpha (Figure 4a) and beta cells (Figure 4b).

Under normal physiological circumstances, an increase in ATP concentration at high glucose
concentration in alpha cells leads to a decrease in the conductivity of KATP channels and to cell
depolarization [38]. As a result, the Ca2+ inflow as well as the glucagon secretion rate is lower
(Figure 4a, blue line). Impaired mitochondrial ATP synthesis lowers the intracellular ATP concentration
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and the ATP concentrations required for glucagon secretion are reached at higher glucose values.
It turns out that the mitochondrial dysfunction causes an increased glucagon secretion in hyperglycemia,
whereas glucagon secretion decreases in the hypoglycemic region, as the ATP production is not sufficient
to fulfil the conditions for elevated glucagon secretion. Apparently, the T2DM-associated pathological
state with mitochondrial dysfunction shifts glucagon secretion to higher glucose concentrations
(Figure 4a). A detailed explanation of the cellular processes underlying the switch in secretion pattern
can be found in our previous work [26]. It should be noted that here, in contrast to the previously
published model [26], the glycolysis is modeled on the basis of the stationary state of ATP concentration
(see Model). Despite this difference in the models, both lead to qualitatively the same results.

 

Figure 4. Relative glucagon and insulin secretion as a function of glucose concentration for normal
cell function (blue line) and for the pathological state of T2DM under different levels of mitochondrial
dysfunction: 10–40%. (a) Relative secretion of glucagon (RGS) in the alpha cell; (b) Relative insulin
secretion (RIS) in the beta cell.

In beta cells under normal physiological conditions, higher glucose concentrations and the
corresponding increase in ATP concentration enhances electrical activity. This in turn leads to a higher
calcium influx, and finally to higher insulin secretion (Figure 4b). An impaired mitochondrial ATP
production lowers the insulin secretion rates, which corresponds to the decrease in the intracellular
ATP level. The differences in secretion profiles are mostly pronounced in hyperglycemic conditions.
Abnormalities in mitochondrial function thus lead to lower glucose-stimulated insulin secretion in
beta cells, which is a hallmark of T2DM.

4. Discussion

Using computational modeling approaches, we analyzed how impaired mitochondrial
bioenergetics affects the hormone secretion patterns in pancreatic alpha and beta cells. The model
predictions show that a reduced net flux of ATP from mitochondria can importantly contribute to
dysregulations in the KATP-channel conductance, calcium influx through VDCC, and consequently the
pathology in glucagon and insulin secretion. We have shown that mitochondrial-dysfunction-induced
anomalies of hormone secretion in alpha and beta cells can be explained on the basis of very
similar ATP-driven switching mechanisms. Even though the dysregulations of both glucagon
and insulin secretion may result from the same pathological changes in mitochondria, they are
reflected in a completely different matter in terms of glucose-dependency. Furthermore, we have
shown that mitochondria play a key role in ensuring adequate ATP levels during the process of
regulating hormone secretion, although their role in terms of ATP-driven switch in alpha and beta
cells is different. In alpha cells, mitochondrial FFAO provides high levels of ATP, which is not
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significantly increased at elevated glucose levels. The modest rise in ATP concentration coincides
with published measurements showing an approximately 15% increase in ATP in the hyperglycemic
range [39]. Mitochondrial dysfunction thereby causes a drop in ATP (Figure 3a) and dysregulation
of glucagon (Figure 4a) at both low and high glucose levels. In contrast to alpha cells, in beta
cells, mitochondria provide a decisive increase in ATP due to oxidation of glucose in mitochondria
(Figure 3a), which in the case of mitochondrial dysfunction leads to insulin dysregulation, especially
in hyperglycemia (Figure 4b). In alpha cells, mitochondrial dysfunction causes a shift in glucagon
secretion towards higher glucose concentration. The physiological values of glucagon in hypoglycemia
are markedly reduced, whereas unphysiologically high glucagon levels are observed in hyperglycemia,
which is a hallmark of T2DM [38,40]. In beta cells, insulin secretion is reduced over the broad range
of glucose concentrations. The model results resemble the pathology of T2DM, showing that insulin
secretion is indeed markedly reduced in patients with T2DM [19,41–44]. Supported by the experimental
evidence that in T2DM the mitochondrial bioenergetic capacity is reduced by 30–40% [16,22,23],
the model predictions considering mitochondrial dysfunction in the same range (30–40%) also matches
quantitatively well the pathophysiology of glucagon and insulin secretion.

For beta cells, the results showing that the mitochondrial ATP production plays the most critical
role in glucose-mediated insulin secretion are well in agreement with previous studies [2,36,45,46].
In 2019, Haythorne et al. [3] have reported that a markedly reduction in mitochondrial glucose
metabolism is closely related to the pathogenesis of T2DM in mouse. This suggests that the primary
cause of the insufficient insulin secretion in T2DM is the impaired mitochondrial bioenergetics,
which is in contradiction to an old paradigm that gave more prominence to the beta-cell loss [3,47–49].

In alpha cells, the model-predicted role of anaerobic glycolysis, representing the ATP-driven
switch for glucagon secretion, agrees with previous experimental observations showing that inhibition
of glycolysis suppresses glucose-induced glucagon secretion [50]. In this study by Olsen et al. [50],
it has also been demonstrated that the inhibition of glycolysis does not influence basal glucagon secretion.
In our model, these experimental findings correspond with the FFAO in intact mitochondria, providing
sufficient levels of ATP for keeping the KATP channels nearly closed and providing the glucagon
secretion. Therefore, normal physiological conditions are characterized by intact mitochondria that
efficiently use FFA as the main fuel. Moreover, FFA are crucial in hypoglycemic conditions for effective
glucagon secretion at low glucose levels [51]. At high glucose concentrations, however, the model
predictions show that glucose metabolism, particularly the anaerobic glycolytic ATP production, is the
main contributor to the energy-driven switch turning off the glucagon secretion at the threshold level,
which have been shown previously with a similar model [27].

It should be noted that amino acids, besides glucose and FFA studied here, also play a role
in insulin and glucagon secretion. In alpha cells, an elevation in circulating amino acids causes
glucagon secretion [52,53], and glucagon regulates amino acid metabolism at a systemic level [54,55].
It becomes even more evident that the liver–alpha-cell axis plays a crucial role in this regulation [55,56].
The contribution of amino acids to the energy-production in alpha cells is less relevant. In particular,
in hypoglycemia under physiological conditions, alpha cells preferentially consume FFA for ATP
production, in a similar way as amino acids do not fuel ATP production in hepatocytes, but instead
the hepatic FFA oxidation is enhanced to supply the energy required to sustain gluconeogenesis [57].
Furthermore, amino acids were also found to affect beta cell function and insulin secretion. Amino acids
such as glutamine, alanine, arginine, and others are known to cause increments in insulin secretion via
activating mitochondrial metabolism similar to the downstream glucose metabolism in beta cells [58].
Therefore, the amino-acid-stimulation of insulin secretion could be in essence mathematically modeled
in the same way as presented here for glucose stimulation. However, the physiological mechanisms
by which amino acids confer their regulatory effects are multifactorial and involve mitochondrial
metabolism [58,59] as well as other pathways such as electrical stimulation by electrogenic transport
into the cells [60]. Therefore, amino acids add another layer of complexity to the islet cell metabolism
and hormone secretion dynamics, and they represent a viable route for further investigation, including
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computational modeling approaches. Understanding the mechanisms by which amino acids along
with other nutrients regulate islet hormone secretion has the potential to assess novel targets for future
diabetes therapies [61].

Several studies have investigated the role of signaling pathways in alpha and beta cells,
particularly the cAMP-PKA signaling pathway [62–66], the AMPK-signal-driven KATP-channel-density
regulation [67], and several other signaling pathways. For alpha cells, many of them were recently
reviewed by Onyango [68]. In contrast to beta cells, where the intracellular calcium concentration
is undoubtedly the main factor which drives insulin secretion, the role of calcium in alpha cells
is less well defined [69]. Furthermore, it has been recently shown that fixing cAMP at high levels
prevents the glucose-induced inhibition of glucagon secretion [66]. Therefore, compared to the beta cell,
the intrinsic glucose-induced pathway of hormone secretion is probably more complex in alpha cells,
involving a calcium-independent inhibitory pathway, paracrine signaling, and juxtracrine factors [69].
In further studies, these aspects should also be included. In this vein, mathematical modeling represents
a promising approach to investigate how these additional pathways contribute to cellular function and
to bioenergetic processes studied here.

The computational models are a valuable repertoire for improving of our understanding of how
cellular bioenergetics impacts hormone secretion in pancreatic alpha and beta cells. In addition to the
qualitative holistic understanding of the mechanisms, the model also provides quantitative insights
into the relative impacts of particular sub-processes. The model predictions point to the crucial role of
mitochondria, revealing how specific pathways in relation to impaired mitochondrial bioenergetics lead
to the T2DM-related dysregulations of glucagon and insulin secretion. If the reduced insulin secretion in
patients with T2DM is due to impaired mitochondrial bioenergetics, it would be promising to reanimate
or even replace the pathologically exhaustive mitochondria. Very recently, Rackham et al. [70] reported
for the first time that insulin secretion can be restored by mitochondria transfer into insulin-secreting
beta cells of diabetic mouse and human islets. The mitochondria were transferred by mesenchymal
stromal cells. In the experiments, it has been observed that the mesenchymal stromal cells-derived
mitochondria have reached approx. 30% of beta cells, which was sufficient to reinduce a functional
phenotype in the intact islets [70]. This might indicate a new epoch in clinical treatments of T2DM.
For the first time, it has been shown that exactly the transfer of functional mitochondria is an important
mechanism underlying the beneficial effects of the mesenchymal-stromal-cell therapies. This might
even have a broader impact on a better understanding of mitochondrial bioenergetics’ role in other
diseases. These therapies, and the corresponding mitochondrial transfer, are already recognized in
treating injuries in the lung [71] and other tissues [72], vascular diseases [73], neurodegenerative
diseases [74,75], and also COVID-19 [76,77].

Moreover, in addition to the intracellular processes that govern the function of alpha and beta cells,
the pancreatic islets of Langerhans are multicellular micro-organs. Endocrine islet cells interact with each
other, and this is another key player in hormonal rhythm control [69,78–83]. Beta cells are electrically
coupled through gap-junctions, ensuring that the otherwise heterogeneous cell population works in
synchrony [84–86]. In contrast, alpha cell populations’ activity is not synchronized, which collaborates
the idea that these cells function individually within the islet to secrete glucagon rather than act as
a syncytium [46]. However, it is known that secretion of glucagon is also influenced by local paracrine
signals, mediated by beta and delta cells [69,87–89].

From the viewpoint of the results presented herein, the question arises of how mitochondrial
dysfunction manifests itself not only at the level of individual endocrine cells but also in their
socio-cellular context. It has been postulated that genetic or environmental factors, such as glucotoxicity,
lipotoxicity, or inflammation, impair the beta-cell network dynamics and, hence, insulin secretion
via a defective mitochondrial function [25]. A multifaceted heterogeneity characterizes beta cells,
and they form subgroups with distinct metabolic properties [90–92]. For addressing the spatio-temporal
complexity of the beta cell populations, network analyzes have been applied, which have revealed
a high level of heterogeneity in beta cell connectivity [93–95]. Specifically, a subset of specialized and
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well-connected cells were identified. These so-called hub cells are not only believed to substantially affect
the collective cellular activity, but were also found to have the highest rate of energy consumption [96],
they are metabolically highly active, exhibit hyperpolarized mitochondria [94,97]. These highly
connected cells might be strongly affected by aging [98] or T2DM pathogenesis, when the secretory
demand in beta cells increases [99]. We might speculate that increasing energetic needs affect mostly
the hub cells, which operate at a higher basal level of energy consumption. Moreover, it is known that
realistic biological networks are in general very susceptible to hub removal [100]. This implies that
impaired mitochondrial bioenergetics perturbs significantly functional beta cell networks and collective
beta cell activity as well. The activity of alpha cells, under normal as well as under pathophysiological
conditions, and particularly in relation to their operation in the multicellular environment, is much less
explored. Some results have been provided; however, the authors emphasize tremendous heterogeneity
of the alpha-cell populations [101,102]. Accordingly, in a recent computational study, it has been
emphasized that considering the cell-to-cell variability is necessary when investigating how the
intrinsic and paracrine factors affect the glucose-dependent glucagon release [103].

Considering both intra- and inter-cellular processes, we encourage future theoretical and
experimental studies to incorporate modes of coupling among islet cells, as they represent an important
consideration underlying their function. This would enable a more holistic assessment of the complex
system of the pancreatic islets and the exploration of how impaired mitochondrial energetics contributes
to the pathological endocrine function.
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Appendix A

The source code for the computational model is available at the Figshare open access repository:
https://doi.org/10.6084/m9.figshare.13132880.
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Abstract: The ease with which the unicellular yeast Saccharomyces cerevisiae can be manipulated
genetically and biochemically has established this organism as a good model for the study of human
mitochondrial diseases. The combined use of biochemical and molecular genetic tools has been
instrumental in elucidating the functions of numerous yeast nuclear gene products with human
homologs that affect a large number of metabolic and biological processes, including those housed in
mitochondria. These include structural and catalytic subunits of enzymes and protein factors that
impinge on the biogenesis of the respiratory chain. This article will review what is currently known
about the genetics and clinical phenotypes of mitochondrial diseases of the respiratory chain and
ATP synthase, with special emphasis on the contribution of information gained from pet mutants
with mutations in nuclear genes that impair mitochondrial respiration. Our intent is to provide the
yeast mitochondrial specialist with basic knowledge of human mitochondrial pathologies and the
human specialist with information on how genes that directly and indirectly affect respiration were
identified and characterized in yeast.

Keywords: mitochondrial diseases; respiratory chain; yeast; Saccharomyces cerevisiae; pet mutants

1. Introduction

Mitochondria are dynamic organelles that supply most of the ATP needed to sustain the different
energy-demanding activities of eukaryotic cells. Their ATP generating pathway consists of the oxphos
complexes—four hetero-oligomeric complexes that make up the electron transfer chain plus the ATP
synthase. Some complexes of this pathway are genetic hybrids composed of both mitochondrial and
nuclear gene products. Most of the organelle, however, consists of proteins that are encoded by nuclear
genes, their mRNAs translated on cytoplasmic ribosomes and the protein products transported to their
proper internal membrane and soluble compartments. It is estimated that the nuclear proteome of
Saccharomyces cerevisiae dedicated to the maintenance of respiratory competent mitochondria consists
of at least 900 proteins [1]. Much of our information about the functions of this class of nuclear genes
has been learned from studies of yeast. The identity of proteins localized in mitochondria and the
phenotypic consequences of null mutations in their genes has come from large-scale proteomic studies.
Information about the functions of nuclear gene products at the molecular level, however, has been
gathered from a large body of previously known information of protein structure and function and
from more recent in-depth biochemical analyses of yeast nuclear pet mutants. A search of the current
Saccharomyces Genome Database (SGD) [2] indicates that the functions of some 170 proteins of the
mitochondrial proteome essential for respiration and/or ATP synthesis are still not known.
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2. Yeast, a Model for Studying Mitochondrial Function and Biogenesis

The last 50 years have witnessed unparalleled technical advances in deciphering the genetic
compositions of whole genomes, so much so that whole new specialties have been born with the goal
of developing tools for analyzing and dealing with this wealth of data in almost every major area of
biological research. Of course, genes are only a starting point for the more interesting question of what
their protein products do. This is one of the central questions of proteomics, which strives to develop
methods for the simultaneous analysis of the entire complement of proteins in organisms, tissues
and cells. Although the field as it stands today is highly successful in many important areas, such as
ascertaining subcellular protein localization, their transient, as well as stable, physical interactions and
patterns of expression during cell division, development, and diseased states, an understanding of
their molecular functions and the specific cellular process they participate in continues to depend on
slugfest genetics and biochemistry on a single or a small number of genes.

Respiratory deficient pet mutants of S. cerevisiae, particularly those obtained in Alexander
Tzagoloff’s laboratory [3], have been helpful in identifying a number of nuclear gene products essential
for maintaining structurally and functionally competent mitochondria. The genes represented by
about two thirds of the 215 complementation groups in such collections [3] have been characterized
and their functions deduced.

One of the unexpected finding to have emerged from the functional analyses of pet mutants is the
large extent to which expression of mitochondrial genes depends on mRNA-specific factors encoded
in nuclear DNA. Also unexpected are the many accessory proteins that function in translation and
assembly of the respiratory and ATP synthase complexes. For the most part this class of mitochondrial
proteins target translation of specific mitochondrial mRNAs and maturation and biogenesis of their
encoded proteins. For example, some three dozen proteins that are not constituents of cytochrome
oxidase are currently known to be required specifically for the assembly of this single respiratory
complex. Foreseeably, still unrecognized assembly factors may be discovered with further biochemical
and genetic screens of uncharacterized pet mutants.

Mutations in human mitochondrial genes for subunit polypeptides of NADH-coenzyme
Q reductase, cytochrome oxidase (COX, Complex IV), coenzyme Q-cytochrome c reductase (bc1 complex,
Complex III) and ATP synthase (Complex V), were the first to be identified [4]. Subsequently, mutations
presenting different clinical phenotypes were reported in nuclear genes that code for protein subunits
of the ATP synthase and factors that function as chaperones during its assembly [5–7] and enzymes
of biosynthetic pathways for heme a [8] and coenzyme Q [9]. A more complete blueprint of the
regulatory proteins and chaperone factors that contribute to the biogenesis of respiratory competent
mitochondria will uncover new chaperones and regulatory factors, some of which will undoubtedly
have human homologs.

Human cells are more complex than yeast cells; and the same can be stated about the mitochondria
of these two organisms. The higher the organization and the complexity, the more the consequences of
one given deficiency differ. In many tested mutations, the phenotypes observed in humans are more
deleterious for cell survival than in the yeast counterpart, which is not only true because yeast can
ferment but also because of the variable energy demand of a complex organism with different tissues.
As an example, the deletion of MRX10 in yeast did not impair its respiratory capacity but mutations
in the human counterpart led to respiratory impairment even in cells with low energetic demand
such as fibroblasts [10]. In other circumstances, due to the need of proper protein-protein interactions,
or just because of evolutionary divergence, the possibility of heterologous complementation is lost.
For instance, yeast shy1 mutants are not complemented by the human homolog SURF1, even with
chimeric versions of the gene [11]. However, when the human genes do not complement the respective
yeast mutant, it is still possible to evaluate the pathogenicity of a given mutation by constructing an
allele with the corresponding change in the yeast gene.
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3. Strategy for Determining the Function of Unknown Mitochondrial Proteins

A useful initial step for identifying the biochemical lesion of pet mutants is to assign them to one of
three broad phenotypic classes based on the spectral properties of their mitochondria. This substantially
reduces the number of subsequent assays. For example, a strain showing a normal complement
of mitochondrial cytochromes and respiratory chain complexes can be excluded from harboring a
mutation in a gene that affects mitochondrial translation, as both COX and the bc1 complex contain
subunit polypeptides (cytochromes a, a3, and cytochrome b) that are translated on mitochondrial
ribosomes [12]. By the same token, a selective loss of cytochrome a generally signals a mutation in a
gene required either for:

(1) Expression of one of the mitochondrial gene products of the COX complex;
(2) Assembly of this complex; or
(3) Maturation of the heme active centers of the enzyme.

A similar argument can be made for mutants lacking cytochrome b, except that a safe assumption
is that the lesion affects some aspect of bc1 biogenesis.

Finally, mutations in genes that are directly or indirectly required for the maintenance of
mitochondrial DNA (mtDNA), undergo a large deletion or complete loss of the genome resulting
in a population of cytoplasmic petites (̺- and ̺0 mutants). Particularly prevalent in this class are
mitochondrial protein synthesis mutants, (e.g. aminoacyl tRNA synthases and ribosomal mutants) [13]
and mutants with defective ATP synthase [14,15]. Both mitochondrial translation and ATP synthase
mutants display the absence of “a” and “b” type cytochromes for the reasons indicated above. An outline
of the screens useful in identifying different classes of pet mutants is shown in Figure 1.
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Figure 1. Genetic and biochemical screening of pet mutants. The initial complementation tests are done
to identify pet mutants with counterparts in the knockout strain collection. This eliminates the need to
clone and sequence genes already annotated.

4. Pathological Mutations in Respiratory Chain and ATP Synthase Human Genes with
S. cerevisiae Homologs

In this section, the reader will find information on complexes II, III and IV, ATP synthase, Coenzyme
Q and cytochrome c. All genes with pathogenic variants encoding subunits of the respiratory complexes
and ATP synthase will be described. Regarding assembly factors, we have included only the ones that
have yeast homologs.

4.1. Complex II

Succinate-coenzyme Q oxidoreductase, or Complex II, is a membrane-bound enzyme that functions
in both the TCA cycle and the electron transfer chain. In the TCA cycle, it catalyzes the oxidation
of succinate to fumarate using coenzyme Q as the electron acceptor without accompanying ATP
synthesis [16]. The reduced coenzyme Q formed in this reaction is then reoxidized by Complex III,
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a reaction coupled to the translocation of protons across the mitochondrial inner membrane and ATP
synthesis. Fungal and mammalian Complex II is embedded in the mitochondrial inner membrane,
with a large portion protruding into the matrix. It is composed of four protein subunits, including the
flavoprotein succinate dehydrogenase with covalently bound FAD and the iron sulfur subunit. Both of
these catalytic subunits are peripheral proteins facing the matrix side of the inner membrane [17,18].
All four subunits of Complex II are encoded in the nucleus. The two catalytic subunits of Complex II
are encoded by SDHA and SDHB in humans and by SDH1 and SDH2 in yeast. The other two subunits
are integral membrane proteins that form a dimer that houses a single heme b group of cytochrome b560

and the two coenzyme Q binding sites of the complex. These two membrane anchors of the catalytic
sector are encoded by human SDHC and SDGD and yeast SDH3 and SDH4.

In yeast, Sdh3 is a bifunctional protein that is also a subunit of the TIM22 protein translocase
complex responsible for transporting and integrating members of the substrate exchange carrier family
into the inner membrane [19]. Electrons released during the oxidation of succinate first reduce the FAD
cofactor of SDHA and are then sequentially transferred to three iron-sulfur clusters in SDHB before
reacting with coenzyme Q [18,20–22]. S. cerevisiae sdh1–4 mutants are respiratory deficient and display
a severe growth defect on non-fermentable carbon sources such as glycerol and ethanol. The function
of the cytochrome b560 is not fully understood, but it is thought to shuttle electrons between the two
ubiquinone binding sites [23].

4.1.1. Mutations in Complex II Catalytic and Structural Subunits

Patients with lactic acidosis resulting from reduced succinate dehydrogenase activity have been
linked to mutations in all four gene products of human Complex II. Although patients with deficiencies
in the respiratory chain complexes, including Complex II, had been reported earlier [24], SDHA was
the first instance of a nuclear encoded protein of the electron transfer chain with a mutation shown to
cause a respiratory defect [25]. In that study, two siblings were homozygous for an R554T substitution
in SDHA which resulted in Leigh syndrome, a severe neurological disorder that affects the central
nervous system first described by Denis Leigh in 1951 [26]. The attribution of the phenotype to the
mutation in SDHA was confirmed when the homologous mutation in the yeast flavoprotein was shown
to have a deleterious effect on Complex II activity [25]. In the past 20 years, other SDHA mutations
have been reported in patients presenting different clinical phenotypes (Table 1).

Interestingly, the same homozygous G555E substitution was identified in patients with distinct
phenotypes: Leigh syndrome [27] and neonatal isolated cardiomyopathy [28]. This mutation was also
found in a baby that died at five months of age following a respiratory infection before developing
other phenotypes [29]. There is evidence that the G555E mutation prevents an adequate interaction
between SDHA and SDHB [29]. This is supported by earlier studies on yeast Complex II assembly
involving chimeric human/yeast genes [30].

More recently, germline mutations in SDHA were found in three patients with persistent polyclonal
B cell lymphocytosis. In contrast to the other cases mentioned, the mutations resulted in a substantial
increase of Complex II activity, leading to fumarate accumulation which engaged the KEAP1–Nrf2
system to drive the expression of inflammatory cytokines [31]. Mitochondrial pathologies have also
been ascribed to mutations in SDHB and SDHD (Table 1).

4.1.2. Mutations in Complex II Assembly Factors

Respiratory deficiency is also elicited by mutations in accessory proteins that are required for
assembly but are not constituents of Complex II [32,33]. Four such assembly factors have been
identified for the human complex: SDHAF1-4, with yeast homologs SDH6, SDH5, SDH7, and SDH8,
respectively [32,34–36]. Mutations in SDHAF1 (yeast SDH6), that codes for an assembly factor
of Complex II, result in infantile leukoencephalopathy and have been reported in five patients,
some sharing substitutions at the same residues [34,37].
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4.1.3. Complex II and Paragangliomas

Mutations in SDHA, SDHB, SDHC, SDHD, SDHAF2, and SDHAF3 have been identified in
an increasing number of neoplasms, mainly paragangliomas (rare neoplasms of the autonomic
nervous system) and gastrointestinal stromal tumors. A discussion of these mutations is beyond the
scope of this article but the topic has been extensively reviewed by others [38–43]. Variants in these
genes have been associated with a high probability of developing cancer. To improve the identification
of putative cancer-inducing human genetic variants, 22 known human variants of SDHA were examined
in yeast [44]. Complementation tests of the homologous mutations in yeast sdh1 identified 16 variants
that affected the growth of yeast on the non-fermentable carbon source glycerol. The corresponding
16 human variants were proposed to be putative cancer inducing amino acid substitutions.

Table 1. Pathologies resulting from mutations in genes encoding Complex II subunits and assembly
factors, and their yeast homologs.

Human Gene Yeast Gene Clinical Phenotype 1 Mutation Confirmation in Yeast Reference

SDHA SDH1

Leigh syndrome

homozygous R554W yes [25]

compound heterozygous
A524V, M1L no [45]

compound heterozygous
W119*, A83V no [46]

homozygous G555E no [27]

late-onset optic atrophy,
ataxia, myopathy heterozygous R408C no [47]

neonatal isolated
cardiomyopathy homozygous G555E no [28]

undefined 2 homozygous G555E no [29]

encephalopathy

compound
heterozygous—stop

codons at residues 56
and 81

no [48]

cardiomyopathy,
leukodystrophy

compound heterozygous
T508I, S509L no [49]

optic atrophy,
progressive,

polyneuropathy,
cardiomyopathy

heterozygous R451C no [50]

SDHB SDH2

hypotonia,
leukodystrophy homozygous D48V yes [49]

leukoencephalopathy
compound heterozygous

D48V, R230H;
homozygous L257V 3

no [51]

SDHD SDH4
early progressive

encephalomyopathy
compound heterozygous

E69K, *164Lext*3 no [52]

SDHAF1 SDH6 leukoencephalopathy

homozygous G57R;
homozygous R55P 3 yes [34]

homozygous R55P;
homozygous Q8*;

homozygous G57E 3
no [37]

1 Paragangliomas were not included in the table. 2 The patient died at five months of age following a respiratory
infection before developing other phenotypes. 3 In different patients.

4.2. Complex III

Complex III or the bc1 complex is an integral inner membrane homodimeric complex of
the mitochondrial inner membrane that catalyzes the oxidation of reduced coenzyme Q and
reduction of cytochrome c, a reaction coupled to the translocation of protons from the matrix to
the inter-membrane space [53]. Both human and yeast Complex III contain three catalytic subunits:
a mitochondrially-encoded cytochrome b, with two non-covalently bound heme b containing redox
centers corresponding to cytochromes bH and bL; cytochrome c1, with a covalently linked heme b;
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and the Rieske iron-sulfur protein [53–56]. In addition to the three catalytic subunits, Complex III
contains seven other subunits, four of which are essential for the assembly and stability of the complex
but do not participate in either electron transfer or proton translocation (Table 2). Like cytochrome c1

and the Rieske iron sulfur protein, all the non-catalytic subunits are products of nuclear genes.
Assembly of Complex III also depends on nuclear encoded chaperones and on factors that regulate

translation and assembly of cytochrome b. Most of the currently known Complex III assembly factors
that were first described in yeast are conserved in humans (Table 2). Among yeast factors that have
human homologs associated with diseases, there are Cbp6 and Cbp4. Cbp6, together with Cbp3,
forms a complex with nascent apocytochrome b [57] for subsequent addition of heme to form the redox
center at the cytochrome bL site, followed by stabilization of the partially mature protein by Cbp4 [58]
and further hemylation of the cytochrome bH site [59]. Mitochondrial pathologies have also been
reported in patients with mutations in human homologs of two other factors, Bcs1 and Mzm1, both
needed for maturation and insertion of the Rieske iron sulfur protein into the complex [60–62].

Most laboratory strains of S. cerevisiae have a mitochondrial cytochrome b gene (COB) containing
group I and II introns that are post-transcriptionally removed [63,64]. Some of the group II introns
contain reading frames that code for factors, termed maturases, that function in splicing their own
introns [65]. Splicing of the terminal group I intron is aided by a protein factor encoded by a nuclear
gene [66]. In addition to these splicing factors, expression of COB depends on other factors that stabilize
and activate translation of the mRNA [67,68]. Due to the absence of introns in the human cytochrome
b gene and of 5′- non-coding sequences in the human mRNA, none of the yeast RNA splicing factors
and translational activators have human homologs.

Complex III disorders are relatively rare but, like mutations in the other respiratory complexes,
they present a wide spectrum of phenotypes. Complex III deficiency can be caused by mutations in the
mitochondrially-encoded cytochrome b, in nuclear genes coding for catalytic and structural subunits
and in ancillary proteins that function in assembly of the complex.

Table 2. Yeast complex III subunits and their human homologs. The table also shows Complex III
assembly factors that are associated with diseases.

Yeast Gene Genome pet Mutant Human Gene Function

Enzyme Subunits

COB mitochondrial N/A MT-CYB catalysis

CYT1 nuclear yes CYC1 catalysis

RIP1 nuclear yes UQCRFS1 catalysis

COR1 nuclear yes UQCRC1 structure

COR2 nuclear yes UQCRC2 structure

QCR6 nuclear no UQCRH structure

QCR8 nuclear yes UQCRQ structure

QCR7 nuclear yes UQCRB structure

QCR9 nuclear no UQCR10 structure

QCR10 nuclear no UQCR11 structure

Assembly Factors

CBP3 nuclear yes UQCC1 translation/assembly of cyt. b

CBP6 nuclear yes UQCC2 translation/assembly of cyt. b

CBP4 nuclear yes UQCC3 assembly of cyt. b

MZM1 nuclear no LYRM7 assembly of Rieske protein

BCS1 nuclear yes BCS1L assembly of Rieske protein

4.2.1. Mutations in Complex III Catalytic Subunits

Most of the known Complex III associated pathologies result from mutations in MT-CYB, the human
mitochondrial cytochrome b gene, that have so far been described in 49 different positions of the
genome [69]. Typical phenotypes include MELAS (mitochondrial myopathy, encephalopathy, lactic
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acidosis, and stroke-like episodes), LHON (Leber’s Hereditary Optic Neuropathy), hearing loss and in
some cases less severe phenotypes expressed in exercise intolerance (reviewed in [70]). While some
cytochrome b mutations are maternally inherited, others are heteroplasmic and are present mainly
in muscle tissue, suggesting that they arise de novo after differentiation of the primary germ layers.
Additionally, some LHON patients with a mutation in one of the mitochondrially encoded Complex I
genes have a second mutation in cytochrome b, which exacerbates the severity of the pathology [71–73].
Mutations in the nuclear UQCR4 (yeast CYC1) and UQCRFS1 (yeast RIP1) genes are much rarer and
were more recently identified (Table 3).

4.2.2. Mutations in Complex III Structural Subunits

A 4 bp deletion in UQCRB resulting in a change in the last seven amino acids and an addition of a
stretch of 14 amino acids at the C-terminal end of the protein was the first described case of a Complex
III deficiency resulting from mutations in a nuclear encoded subunit of the complex [74]. Interestingly,
earlier studies on yeast Complex III showed that deletions in the C-terminal helical domain of the
QCR7 homolog resulted in reduced levels of the subunit and of cytochrome b, Rip1, and Qcr8 [75].
Taken together, these studies show the importance of the helical domain of UQCRB in the maintenance
or assembly of human and yeast Complex III.

The discovery of the deletions in UQCRB was followed by the identification of a pathogenic
variant of UQCRQ [76]. A pathogenic mutation in UQCRC2 was also identified: three patients from a
Mexican consanguineous family with neonatal onset of hypoglycemia and lactic acidosis were found
to have a homozygous mutation leading to a R183W substitution in the Core 2 subunit. The patients
also showed hyperammonemia, high urine organic acids and elevated plasma hydroxyl fatty acids,
suggesting that the UQCRC2 mutation may elicit secondary effects on TCA and urea cycles and
beta-oxidation. Modeling of the crystal structure of bovine Complex III predicted that the R183W
mutation would disrupt the hydrophobic interface of the UQCRC2 homodimer, leading to Complex III
destabilization. This was supported by an 80% decrease of the complex in the patients, even though
Complex III activity was only marginally affected [77]. More recently, the same homozygous mutation
with similar symptoms was described in a French child [78]. Furthermore, the expression of UQCRC2

is upregulated in multiple human tumors, whereas its suppression inhibits cancer cells and induces
senescence [79].

4.2.3. Mutations in Complex III Assembly Factors

Together with cytochrome b, most Complex III pathologies are derived from mutations in the
nuclear BCS1L gene. Its yeast homolog BCS1 is an AAA protease that was shown to be required for
the expression/maturation of Rip1 [60,61]. Later studies indicated that Bcs1 promotes one of the steps
in the translocation of Rip1 necessary for incorporation of the iron-sulfur center [80]. Bcs1 exists as
a heptamer with a contractile central cavity that participates in the translocation of the folded Rip1.
Additionally, Bcs1 is associated with the complex III assembly module and its dissociation ends the
maturation process [81].

Mutations in BCS1L comprise a wide spectrum of pathologies, including: GRACILE syndrome
(growth retardation, aminoaciduria, cholestasis, iron overload, lactic acidosis, early death) [82–88];
Björstand syndrome, characterized by hearing loss and pili torti [89–94]; encephalopathy [95–98]; lactic
acidosis, liver dysfunction and tubulopathy [99–102]; muscle weakness, focal motor seizures and optic
atrophy [103], among others. Besides low steady state levels of Complex III, cells from patients with
BSC1L mutations have impaired mitochondrial import of the protein as evidenced by its accumulation
in the cytosol [91]. An adult harboring a R69C missense mutation was diagnosed with aminoaciduria,
seizures, bilateral sensorineural deafness, and learning difficulties. Yeast complementation studies
corroborate that the R69C mutation impairs the respiratory capacity of the cell [104].

Assembly of Rip1 is thought to be the last step in the biogenesis of Complex III [81]. In addition
to Bcs1, this assembly step was found to require the product of the yeast nuclear MZM1 gene [105].
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The first case of Complex III deficiency caused by a mutation in LYRM7, the human homolog
of MZM1, was reported in 2013 [106]. The equivalent mutation in yeast resulted in decreased
oxygen consumption as a result of reduced steady state levels of Rieske protein and Complex III.
Since then, Complex III deficiency caused by LYRM7 has been identified in patients presenting with
leukoencephalopathy [107–109] and liver dysfunction [110].

Mutations have also been reported in recent years in the human UQCC2 and UQCC3 genes that
code for protein homologs of yeast complex III assembly factors Cbp6 and Cbp4. Complex III deficiency
was found in a patient with a homozygous mutation in UQCC2 [111]. This study demonstrated that
the biochemical phenotype produced by the UQCC2 mutation is similar to that reported in yeast [57],
as cytochrome b synthesis and stability was decreased in the patient’s fibroblasts [111]. A homozygous
mutation in UQCC2 leading to a Complex III deficiency was also reported in a consanguineous
baby presenting neonatal encephalomyopathy. This mutation resulted in a secondary deficiency of
Complex I [112]. The authors proposed that assembled Complex III is required for the stability or
assembly of complexes I and IV, which may be related to supercomplex formation. Interestingly,
a recent study [113] showed that the ND1 subunit of Complex I co-immunoprecipitated with newly
synthesized UQCRFS1 of Complex III in mammalian mitochondria, indicating a possible coordination
of the assembly of the two complexes.

Table 3. Pathologies resulting from mutations in genes encoding Complex III subunits and assembly
factors, and their yeast homologs.

Human Gene Yeast Gene Clinical Phenotype Mutation Confirmation in Yeast Reference

MT-CYB COB
MELAS, LHON, hearing
loss, exercise intolerance many [70] 1

UQCR4 CYT1
ketoacidosis and

insulin-responsive
hyperglycemia

homozygous L215F;
homozygous T96C 2 yes [115]

UQCRFS1 RIP1
cardiomyopathy and

alopecia totalis

homozygous V72_T81del10;
heterozygous V14D;

heterozygous R204∗ 2
no [116]

UQCRC2 COR2
neonatal onset of

hypoglycemia homozygous R183W no [77,78]

UQCRB QCR7 hypoglycemia homozygous 4 bp deletion at
nucleotides 338–341 yes [75] [74]

UQCRQ QCR8

severe psychomotor
retardation, dystonia,

athetosis, ataxia,
dementia

homozygous S45F no [76]

UQCC2 CBP6

intrauterine growth
retardation, renal tubular

dysfunction
homozygous c.214-3C>G 3 no [111]

neonatal
encephalomyopathy homozygous R8P and L10F 4 no [112]

UQCC3 CBP4
hypoglycemia,

hypotonia,
delayed development

homozygous V20E no [114]

BCS1L BCS1

GRACILE syndrome,
Björstand syndrome,

encephalopathy,
muscle weakness

many see main
text
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Table 3. Cont.

Human Gene Yeast Gene Clinical Phenotype Mutation Confirmation in Yeast Reference

LYRM7 MZM1

early onset severe
encephalopathy homozygous D25N yes [106]

leukoencephalopathy

homozygous c.243_244 + 2del 3 no [107]

several yes [108]

homozygous 4bp deletion
c.[243_244 + 2delGAGT] 3 no [109]

liver dysfunction homozygous R18Dfs*12 no [110]
1 Review describing many mutations. 2 In different patients. 3 Mutation causing a splicing defect. 4 In the
same patient.

During assembly of yeast Complex III, Cbp4 is recruited by the Cbp3–Cbp6-cytochrome b ternary
complex following release of the latter from the mitoribosome [57]. Wanschers et al. [114] described a
homozygous mutation in UQCC3, the human homolog of CBP4, in a patient diagnosed with isolated
Complex III deficiency. Cultured fibroblasts from the patient were partially deficient in cytochrome b

and had no detectable UQCC3 protein. The authors concluded that UQCC3 functions in Complex III
assembly downstream of UQCC1 and UQCC2, as the absence of UQCC3 did not affect the levels of
UQCC1 and UQCC2 [114]. These observations are consistent with the above mentioned sequential
interaction of Cbp4 with the Cbp3-Cbp6-cytochrome b complex during synthesis and assembly of
cytochrome b [57].

4.3. Complex IV

Complex IV or cytochrome oxidase (COX) is an integral mitochondrial inner membrane protein
complex that catalyzes the oxidation of cytochrome c and the reduction of molecular oxygen to
water. This reaction is coupled to the translocation of protons from the matrix to the inter-membrane
space [117]. In both human and yeast mitochondria, the COX catalytic core is composed of three proteins
encoded in the mitochondrial DNA. They are Cox1, Cox2, and Cox3 in yeast, and MTCO1, MTCO2,
and MTCO3 in humans. All the redox centers of COX are located in the Cox1 and Cox2 subunits.
Yeast but not human Cox2 is synthesized with a cleavable N-terminal presequence that is required for
correct insertion of the protein into the membrane [118]. Cox3 does not contain redox centers. It is
thought to stabilize the catalytic core and to enhance the uptake of protons from the mitochondrial
matrix [119]. One of the redox centers of Cox1, corresponding to cytochrome a, contains heme a.
The second center, corresponding to cytochrome a3, consists of a binuclear heme a-CuB. The third
center, located on Cox2, is the binuclear CuA. In addition to the catalytic core, COX is composed of
several other structural subunits, all encoded in nuclear DNA (Table 4). Recently NDUFA4/COXFA4, a
subunit previously thought to be part of Complex I, has been shown to be a subunit of COX [120].

COX catalyzes the consecutive transfer of 4 electrons from cytochrome c to a molecule of oxygen
bound to the heme a of cytochrome a3 with the formation of water. Each electron of cytochrome c first
reduces the CuA center of Cox2, from which it is then transferred to the heme a of cytochrome a and
finally to the binuclear heme a –Cu center of cytochrome a3 [121,122].

The heme a differs from heme b at two positions of the porphyrin ring. While heme b is present in
hemoglobin and most heme containing enzymes, heme a appears only in COX. The biosynthesis of
heme a is initiated by the addition of a farnesyl group to the C-2 position of the heme b porphyrin ring
by farnesyl transferase, encoded by COX10 [123]. The resulting heme o is then converted to heme a by
the oxidation of a methyl to a formyl group on C-8 of the porphyrin ring in a reaction that requires
Cox15, mitochondrial ferredoxin, and ferredoxin reductase [124,125]. Some other factors, such as Shy1
(human SURF1) and Pet117, have been shown to be involved in the hemylation of Cox1 [126,127].
Additionally, several proteins with human homologs, including Cox17, Sco1, Sco2, Cox11, Cox19,
Cox23, Cox16, and Cmc1 have been implicated in the trafficking of copper and maturation of the CuA

and heme a-CuB centers, as reviewed elsewhere [128].
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Pathological mutations have been reported in both mitochondrial and nuclear encoded COX
subunits, as well as in proteins involved in the biogenesis of the complex. As of today, mutations in
more than 20 genes can lead to COX deficiency with a broad spectrum of clinical phenotypes (Table 5).

Furthermore, COX interacts with other complexes of the electron transport chain in entities called
supercomplexes or respirasomes that are thought to provide a kinetic advantage by allowing for a
more efficient transfer of electrons between the respiratory complexes and their intermediary carriers
cytochrome c and coenzyme Q [129,130]. In humans, the respirasome is composed of Complex I, III,
and IV in variable stoichiometry, while in yeast it is composed of Complex III and IV in strict 2:2 and 2:1
ratios [61,131,132]. Mutations resulting in COX deficiency affect respirasome biogenesis, which could
ultimately lead to complex secondary phenotypes, as discussed elsewhere [133].

Table 4. Yeast complex IV subunits and their human homologs. The table also shows Complex IV
assembly factors that are associated with diseases.

Yeast Gene Genome pet Mutant Human Gene Function

Enzyme Subunits

COX1 mitochondrial N/A MTCO1 catalysis

COX2 mitochondrial N/A MTCO2 catalysis

COX3 mitochondrial N/A MTCO3 structure/catalysis

COX5a nuclear yes COX4 structure

COX5b 1 nuclear no - structure

COX6 nuclear yes COX5A structure

COX4 nuclear yes COX5B structure

COX13 nuclear no COX6A structure

COX12 nuclear yes COX6B structure

COX9 nuclear yes COX6C structure

COX7 nuclear yes COX7A structure

- nuclear - COX7B structure

COX8 nuclear no COX7C structure

- nuclear - COX8 structure

- nuclear - NDUFA4/COXFA4 structure

Assembly Factors

COX20 nuclear yes COX20/FAM36A membrane insertion of Cox2

COX14 nuclear yes COX14
regulation of COX1

expression, maintenance of
monomeric Cox1

PET117 nuclear yes PET117
couples synthesis of heme a

to COX assembly

PET191 nuclear yes COA5 required for COX assembly

PET100 nuclear yes PET100 required for COX assembly

COA6 nuclear no COA6 maturation of the CuA site

COX25/COA3 nuclear yes COA3
translational regulation of

COX1 mRNA

COX15 nuclear yes COX15
conversion of heme o to

heme a

COX10 nuclear yes COX10 farnesylation of heme b

SCO1 nuclear yes SCO1 maturation of the CuA site

SCO2 nuclear no SCO2 maturation of the CuA site

SHY1 nuclear yes SURF1 hemylation of Cox1
1 Yeast subunit 5b is a paralog of subunit 5a and under standard conditions of growth is present at low concentrations [134].

4.3.1. Mutations in Complex IV Catalytic Subunits

Generally, when compared to nuclear structural subunits and factors, mitochondrial COX genes
are associated with milder and late onset clinical phenotypes [135]. As of today, there are 42 pathogenic
mutations reported for MTCO1, 26 for MTCO2, and 24 for MTCO3 [69]. The phenotypes associated
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with mutations in these subunits are briefly summarized in the paragraphs bellow and are cited from
the MITOMAP [69].

The most frequent homoplasmic pathogenic mutations in MTCO1 are associated with prostate
cancer, LHON, SNHL (sensorineural hearing loss) and DEAF (maternally-inherited deafness). The most
frequent diseases caused by homoplasmic variants are dilated cardiomyopathy and maternally
inherited epilepsy and ataxia. Clinical phenotypes associated with heteroplasmic variants include
epilepsy partialis continua, Leigh syndrome, asthenozoospermic infertility, MELAS, myoglobinuria,
motor neuron disease, Rhabdomyolysis and acquired idiopathic sideroblastic anemia. Additionally,
both homoplasmic and heteroplasmic variants can lead to exercise intolerance.

Homoplasmic pathogenic MTCO2 variants are mostly associated with progressive
encephalomyopathy, possible susceptibility to hypertrophic cardiomyopathy (HCM), SNHL, DEAF,
and LHON. For example, there are 147 sequences containing the m.7859G>A substitution that
causes progressive encephalomyopathy. Less frequent mutations can cause Alpers-Huttenlocher-like,
Asthenozoospermia, developmental delay, ataxia, seizure, hypotonia, hepatic failure, myopathy, MELAS,
cerebellar and pyramidal syndrome with cognitive impairment, pseudoexfoliation glaucoma, multisystem
disorder, Rhabdomyolysis, biliary atresia, and MIDD (maternally-inherited diabetes and deafness).

The most frequent pathogenic MTCO3 variants are homoplasmic and lead to LHON.
Other clinical phenotypes associated with mutations in MTCO3 include Alzheimer’s disease, MELAS,
Leigh syndrome, cardiomyopathy, exercise intolerance, myoglobinuria, myopathy, asthenozoospermia,
failure to thrive, cognitive impairment, optic atrophy, encephalopathy, rhabdomyolysis, and sporadic
bilateral optic neuropathy.

4.3.2. Mutations in Complex IV Structural Subunits

In the past two decades, pathogenic mutations that result in COX deficiency have been identified
in the structural subunits COX4, COX5A, COX6A, COX6B, COX7B, COX8, and NDUFA4 (Table 5).
With the exception of COX7B, patients with described mutations in structural COX subunits are born to
consanguineous parents and therefore carry homozygous mutant alleles. Clinical phenotypes include,
among others, Leigh or Leigh-like syndrome, encephalopathy, myopathy, and anemia.

Interestingly, COX7B is located in the X chromosome and is the only X-linked subunit of
COX. Different heterozygous mutations in COX7B have been described in patients presenting with
microphthalmia with linear skin lesions (MLS), a neurocutaneous X-linked dominant male-lethal
disorder [136]. In addition to COX7B, MLS has also been associated with mutations in HCCS,
the holocytochrome c-type synthase, and in NDUFB11, a subunit of Complex I. Somatic mosaicism
and the degree of X chromosome inactivation in different tissues could explain the variability of
additional clinical phenotypes that accompany MLS, such as developmental delay, abnormalities of the
central nervous system, short stature, cardiac defects, and several ocular anomalies [137]. Indeed, the
majority of MLS patients have severe skewing of X chromosome inactivation, probably because during
embryonic development, respiratory competent cells multiply faster and outgrow cells harboring
mutations in these structural genes [137].

4.3.3. Mutations in Complex IV Assembly Factors

SURF1, the human homolog of yeast SHY1, has been implicated in the maturation of the
heme a centers of Complex IV [138]. Mutations in this gene are the most frequent cause of Leigh
syndrome stemming from COX deficiency [139]. The first cases of Leigh syndrome caused by
SURF1 mutations were described in 1998 [140,141]. Since then, many other cases have been
reported. A systematic review by Wedatilake et al. [139] lists 43 records describing 129 cases of
Leigh syndrome with SURF1 deficiency caused by 83 different mutations. The authors also performed
a study that included about 50 patients, in which the most frequently occurring mutation was L105*
(16 homozygous and 11 compound heterozygous) and no specific correlation of genotype to phenotype
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was established [139]. Besides Leigh syndrome, there are also reports of SURF1 mutations associated
with Charcot–Marie–Tooth disease [142].

As already mentioned, Cox10 and Cox15 are required for the conversion of heme b to the
heme a of the two redox centers in Cox1 (MTCO1). In S. cerevisiae, cox10 and cox15 mutants have
no Complex IV activity [143,144]. Yeast cox10 mutants can be functionally complemented by the
human homolog of COX10 [145]. Pathogenic mutations in COX10 and COX15 are associated with
Leigh syndrome, cardiomyopathy, and encephalopathy, among others (Table 6), and, typically,
such patients have an early fatal outcome due to respiratory failure. However, a single adult patient,
a 37-year old woman, was identified with isolated COX deficiency associated with a relatively mild
clinical phenotype (myopathy, demyelinating neuropathy, premature ovarian failure, short stature,
hearing loss, pigmentary maculopathy, and renal tubular dysfunction) due to compound heterozygous
mutations resulting in D336V and R339W substitutions in COX10 [146]. Surprisingly, no COX was
detected in blue native gels on mitochondria extracted from the patient’s muscle cells. The mutations
were introduced into yeast both individually and in combination, all resulting in the loss of the
respiratory capacity, which supported the pathogenicity of the mutations [146].

Table 5. Pathologies resulting from mutations in genes encoding Complex IV subunits and assembly
factors, and their yeast homologs.

Human Gene Yeast Gene Clinical Phenotype Mutation Confirmation in Yeast Reference

MTCO1 COX1
prostate cancer, LHON,

SNHL, DEAF many See main
text

MTCO2 COX2

progressive
encephalomyopathy,
HCM, SNHL, DEAF,

LHON

many See main
text

MTCO3 COX3
LHON, Alzheimer’s

disease many See main
text

COX4 COX5a

pancreatic insufficiency,
dyserythropoeitic
anemia, calvarial

hyperostosis

homozygous E138K no [155]

short stature, poor
weight gain, mild

dysmorphic features
with highly suspected

Fanconi anemia

homozygous K101N no [156]

COX5A COX6
early-onset pulmonary
arterial hypertension,

failure to thrive
homozygous R107C no [157]

COX6a COX13
axonal or mixed form of

Charcot-Marie-Tooth
disease

homozygous
c.247−10_247−6delCACTC 3 no [158,159]

COX6b COX12

infantile
encephalomyopathy,

myopathy,
growth retardation

homozygous R19H yes [160]

encephalomyopathy,
hydrocephalus, HCM homozygous R20C no [161]

cystic leukodystrophy homozygous c.241A>C no [162]

COX7b
microphthalmia with

linear skin lesions

heterozygous c.196delC;
heterozygous c.41-2A>G 3;

heterozygous Q19∗ 2
no [136]

COX8
Leigh-like syndrome,

epilepsy homozygous c.115-1G>C 3 no [163]

NDUFA4 Leigh syndrome homozygous c.42+1G>C 3 no [164]
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Table 5. Cont.

Human Gene Yeast Gene Clinical Phenotype Mutation Confirmation in Yeast Reference

FAM36A COX20

dystonia and ataxia homozygous T52P no [165,166]

dysarthria, ataxia,
sensory neuropathy

compound heterozygous
K14R, G114S, c.157+3G>C 3 no [167]

axonal neuropathy, static
encephalopathy

compound heterozygous
L14R, W74C no [168]

COX14 COX14
fatal neonatal lactic

acidosis, dysmorphic
features

homozygous M19I no [169]

PET117 PET117
neurodevelopmental
regression, medulla

oblongata lesions

homozygous c.172C>T (stop
codon at residue 58) no [170]

COA5 PET191
fatal neonatal

cardiomyopathy homozygous A53P no [171]

PET100 PET100

Leigh syndrome homozygous c.3G>C
(p.Met1?) no [172]

fatal infantile lactic
acidosis homozygous Q48* no [173]

COA6 COA6 HCM
homozygous W66R no [174]

compound heterozygous
W59C, E87* yes [175] [162]

COA3 COX25
neuropathy, exercise
intolerance, obesity,

short stature

compound heterozygous
L67Pfs*21, Y72C no [176]

COX15 COX15

Leigh syndrome
homozygous L139V no [177]

homozygous R217W no [178]

compound heterozygous
S152*, S344P no [147]

infantile
cardioencephalopathy

compound heterozygous
S151*, R217W no [179]

early-onset fatal HCM compound heterozygous
R217W, c.C447-3G 3 no [180]

COX10 COX10

severe muscle weakness,
hypotonia, ataxia, ptosis,

pyramidal syndrome,
status epilepticus

homozygous N204K yes [8]

Leigh-like disease homozygous T>C in the
ATG start codon no [181]

anemia, sensorineural
deafness, fatal infantile

HCM

compound heterozygous
T196K, P225L no [182]

Leigh syndrome, anemia compound heterozygous
D336V, D336G no [182]

myopathy,
demyelinating

neuropathy, premature
ovarian failure, short
stature, hearing loss

compound heterozygous
D336V, R339W yes [146]

Leigh syndrome, anemia homozygous P225L no [183]

hypotony, sideroblastic
anemia, progressive

encephalopathy

compound heterozygous
M344V, L424Pfs no [183]

developmental delay,
short stature

compound heterozygous
R228H, deletion disrupting

the last 2 exons
no [184]
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Table 5. Cont.

Human Gene Yeast Gene Clinical Phenotype Mutation Confirmation in Yeast Reference

SCO1 SCO1

encephalopathy,
hepatopathy, hypotonia,
or cardiac involvement

homozygous G106del no [185]

fatal infantile
encephalopathy

compound heterozygous
M294V, V93* no [186]

early onset HCM,
encephalopathy,

hypotonia, hepatopathy
homozygous G132S no [187]

neonatal-onset hepatic
failure, encephalopathy

compound heterozygous
P174L, ∆GA nt 363–364 no [8]

SCO2 SCO2

cardioencephalomyopathy,
Leigh syndrome, high

myopia,
Charcot-Marie-Tooth

disease 2

many [151,152,
154] 1

SURF1 SHY1
Leigh syndrome,

Charcot-Marie-Tooth
disease 2

many [139,142] 1;

1 Review describing many mutations. 2 In different patients. 3 Splicing mutation.

There is also a single case of a long surviving Leigh syndrome patient resulting from compound
heterozygous mutations leading to S152* and S344P substitutions in Cox15. The 16 year old patient
presented 42% and 22% of residual COX activity in skeletal muscle cells and fibroblasts, respectively.
A normal amount of assembled COX holoenzyme was present in cultured fibroblasts, which could
account for the slower clinical progression of the disease [147].

Human SCO1 and SCO2 are copper proteins involved in the metalation of MTCO2 [148].
Although both proteins have homologs in yeast, only Sco1 is needed for metalation of Cox2 [149].
A role of Sco1 in assembly of COX is supported by its presence in a Cox2 assembly intermediate [150].
Pathological mutations in SCO1 and SCO2 have been described to result in cardioencephalomyopathy.
Gurgel-Giannetti et al. [151] reviewed about 40 patients with mutations in SCO2, the majority presenting
with cardioencephalomyopathy while two patients suffered from Leigh syndrome. With the exception
of one patient that had a homozygous G193S substitution, all other patients presented the E140K
substitution which was found either in homozygosis or in association with a second mutation [151].
Furthermore, mutations in SCO2 have also been associated with Charcot–Marie–Tooth disease [152]
and with high degree myopia [153,154].

Table 6. Human ATP Synthase subunits and theirs yeast homologs.

ATP Synthase Sector
Human
Subunit

Human
Gene

Genome
in Human

Yeast
Subunit

Yeast
Gene

Genome
in Yeast

pet
Mutant

F1 catalytic barrel
α ATP5F1A nuclear α ATP1 nuclear yes

β ATP5F1B nuclear β ATP2 nuclear yes

F1 central stalk

γ ATP5F1C nuclear γ ATP3 nuclear yes

ε ATP5F1E nuclear ε ATP15 nuclear yes

δ ATP5F1D nuclear δ ATP16 nuclear yes

Peripheral stalk

b ATP5PB nuclear b ATP4 nuclear yes

d ATP5PD nuclear d ATP7 nuclear yes

OSCP ATP5PO nuclear OSCP ATP5 nuclear yes

F6 ATP5PF nuclear h ATP14 nuclear yes
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Table 6. Cont.

ATP Synthase Sector
Human
Subunit

Human
Gene

Genome
in Human

Yeast
Subunit

Yeast
Gene

Genome
in Yeast

pet
Mutant

Fo rotor

Atp6 MT-ATP6 mitochondrial Atp6 ATP6 mitochondrial N/A

Atp8 MT-ATP8 mitochondrial Atp8 ATP8 mitochondrial N/A

c1 ATP5MC1 nuclear

Atp9 ATP9 mitochondrial N/Ac2 ATP5MC2 nuclear

c3 ATP5MC3 nuclear

Fo supernumerary

f ATP5MF nuclear f ATP17 nuclear yes

6.8 PL ATP5MPL nuclear i/j ATP18 nuclear no

DAPIT ATP5MD nuclear k ATP19 nuclear no

g ATP5MG nuclear g ATP20 nuclear no

e ATP5ME nuclear e ATP21 nuclear no

Additionally, in the past 10 years, pathogenic mutations have been identified in COX assembly
factors, products of FAM36A, COX14, PET117, COA5, PET100, COA6, and COA3 with a variety of
clinical phenotypes (Table 5). The pathologies were found in infants with either homozygous or
compound heterozygous mutations.

4.4. ATP Synthase

The F1Fo-ATP synthase or Complex V is a large multimeric protein complex located in the
inner membrane of mitochondria. Its principal function is to phosphorylate ADP to ATP using the
energy of the proton gradient formed during oxidation of NADH and succinate [188]. This means
of making ATP, historically referred to as oxidative phosphorylation, is reversible, allowing the
energy released when the ATP synthase hydrolyzes ATP to be stored as a proton gradient capable
of driving other energy-demanding chemical, transport, and physical processes. The mitochondrial
ATP synthase consists of three distinct structural components: the F1 ATPase, the peripheral stalk,
and a membrane-embedded unit referred to as Fo [189]. In both mammalian and yeast cells, the F1

ATPase is composed of five distinct subunits: three α and three β subunits, that form a hexameric
barrel structure, and the monomeric γ, δ, and ε subunits that constitute the central stalk [190].
The peripheral stalk is composed of four nuclear encoded subunits: b, d, OSCP, and h (yeast) or
F6 (human). The membrane-embedded domain is comprised of eight subunits, three of which
(Atp6, Atp8, and Atp9) are encoded in the mitochondrial genome of S. cerevisiae [191], but only two
(MT-ATP6 and MT-ATP8) in mammalian mitochondria [192]. Atp9 is present in multiple copies in a
ring that rotates during catalysis. The number of Atp9 molecules per ring differs depending on the
organism. The yeast and human rings consist of ten and eight subunits of Atp9, respectively [193–195].

4.4.1. Mutations in ATP Synthase Mitochondrially Encoded Subunits

The first mitochondrial disease caused by an ATP synthase dysfunction was found in patients
with mutations in MT-ATP6, a mitochondrial gene encoding a key component of the Fo proton
channel [196]. The clinical phenotypes of these patients depend largely on the relative levels of
heteroplasmy. For instance, patients harboring an m.T8993G substitution with a 70–90% mutation load
often exhibit ‘milder’ syndromes, such as NARP (neurogenic muscle weakness, ataxia, and retinitis
pigmentosa) or FBSN (familial bilateral striated necrosis) [196]. Patients with the same m.T8993G
substitution, but with a mutation load exceeding 90–95%, present with a more severe neurological
disorder: maternally inherited Leigh syndrome characterized by fatal infantile encephalopathy [196].

The m.T8993G pathogenic mutation in MT-ATP6 was the first reported mitochondrial disease
associated with an ATP synthase defect [197]. Since then, more than 40 pathogenic variants have
been reported [69]. Four of these, m.T8993G, m.T8993C, m.T9185C, and m.T9185C, constitute most
of all known cases, while the remaining variants mostly appear as isolated cases [198]. The clinical
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presentations of these patients are heterogeneous, with Leigh syndrome and NARP being the most
frequently reported (Table 7). Recurrent phenotypes also include Charcot–Marie–Tooth peripheral
neuropathy, spinocerebellar ataxia, and familiar upper motor neuron disease. Isolated cases of
MLASA (mitochondrial lactic acidosis and sideroblastic anemia), HCM, primary lactic acidosis,
3-methylglutaconic aciduria and optic neuropathy have also been reported [198].

Due to the heteroplasmy accompanying mitochondrial deficiencies caused by MT-ATP6 mutations,
the pathogenic mechanisms underlying these disorders have been challenging to elucidate. In this
respect, homoplasmic S. cerevisiae clones carrying the pathogenic ATP6 mutations have served as
a good model for characterizing the etiology of MT-ATP6 diseases. The first modeling in yeast of
a pathogenic mutation in ATP6 was done by Rak et al. [199]. These authors have introduced in
yeast the equivalent of the T8993G mutation responsible for NARP. Although the ATP synthase was
correctly assembled and present at 80% of wild-type levels, the yeast mutant showed poor respiratory
growth and mitochondrial ATP synthesis was only 10% of that of the wild-type. The mutant also
had lower steady state levels of COX, suggesting a co-regulation of ATP synthase activity and COX
expression [199]. Additionally, there is more evidence that the biogenesis of these two enzymes may
be coupled. It was recently showed that Atco, an assembly intermediate composed of COX and ATP
synthase subunits, namely Cox6 and Atp9, is a precursor and the sole Atp9 source for ATP synthase
assembly [200].

Another study showed that a Leigh syndrome causing m.T9191C mutation with an L242P
substitution in ATP6 reduced both assembly of the yeast ATP synthase and the efficiency of ATP
synthesis by 90% [201]. Based on the biochemical phenotypes of the mutant and of revertants with
amino acid substitutions at this position, the proline was proposed to disrupt the terminal α-helix
causing a displacement of other neighboring helices involved in proton transfer at the Atp6 and
Atp9 interface [202]. Additionally, the conformational change induced by the mutations promoted
proteolysis of Atp6, thereby accounting for the reduction of assembled ATP synthase. Revertants with
replacements of the helix-disrupting proline by threonine or serine completely restored the assembly
defect, but only partially the efficiency of proton translocation. These observations, combined with
modeling of the interface between the two subunits, suggested that the suppressor mutations did
not completely compensate for the displacement of residues involved in release of protons from the
Atp9 ring and their transfer to a neighboring aspartic acid residue in Atp6 [202]. These findings are
consistent with previous models of the disease, suggesting that certain pathogenic ATP6 mutations do
not completely block the proton translocation mechanisms of the Fo domain, but rather disrupt proton
transport during rotation of the ring. As the conformational changes in the F1 moiety are induced by
rotation of the Atp9 ring, the uncoupling leads to the inability of ATP synthase to harness the energy
normally released from the translocation of protons for ATP synthesis [203].

The different biochemical anomalies discerned in the numerous MT-ATP6 pathogenic variants
suggest several pathophysiological mechanisms responsible for diseases associated with defects in the
ATP synthase [198]. These include decreased holoenzyme assembly, destabilization of the proton pore
resulting in mitochondrial membrane potential buildup, impairment of the proton pump leading to
decreased membrane potential, reduced ATP synthesis and abnormal sensitivity to the ATP synthase
inhibitor oligomycin [198].

A smaller subset of mitochondrial mutations causing ATP synthase deficiencies has been ascribed
to the second mitochondrial gene, MT-ATP8, encoding a subunit of Fo. The first pathogenic mutation
in MT-ATP8 was identified in a 16-year-old patient with apical HCM and neuropathy, with a marked
reduction in ATP synthase activity in fibroblasts and muscle tissue [204]. Since then, several other
patients have been identified with pathogenic MT-ATP8 mutations. One of the patients was a
seven-month-old infant diagnosed with tetralogy of Fallot, the most common type of congenital heart
defect characterized by ventricular septal defect, pulmonary stenosis, right ventricular hypertrophy
and aortic dextroposition [205].
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MT-ATP6 and MT-ATP8 genes overlap 46 nucleotides that span 16 codons [206]. On the
MITOMAP [69] are presently listed four known pathogenic mutations in this region that contribute to
an amino acid change in both genes, and three other variants that have a hypothesized deleterious effect.
An ATP synthase deficiency has been associated with an m.C8561G mutation in two siblings with
cerebral ataxia and loss of neuromuscular function. The mutation, resulting in P12R and P66A changes
in MT-ATP6 and MT-ATP8, respectively, when expressed in homoplasmic myoblasts, reduced cellular
ATP by 15% but had only a marginal effect on steady state concentrations of the ATP synthase [207].
Even though there was no obvious decrease in the steady-state concentration of ATP synthase, a
substantial increase of an uncharacterized assembly intermediate was noted. Another study reported
an m.C8561T mutation with other amino acid substitutions in a patient with a similar biochemical but
more severe clinical presentation [208]. Neither studies examined the effect of the singular or combined
ATP8 and ATP6 mutations on the yeast ATP synthase.

4.4.2. Mutations in ATP Synthase Nuclear Structural Subunits

At present, only a small number of mitochondrial pathologies have been attributed to mutations
in nuclear genes coding for subunits of the ATP synthase and for chaperones that function in assembly
of the enzyme. Several studies found that patients with lactic acidosis, persisting 3-methylglutaconic
aciduria, cardiomyopathy, and early death were correlated with severe deficiencies in ATP synthase,
but the genetic lesions in these studies were not identified [209–211]. ATP5F1E and ATP5F1D, the human
homologs of the yeast ATP15 and ATP16, code for the ε and δ subunits, respectively, of the central
stalk of F1. A homozygous missense mutation in ATP5F1E was the first reported instance of a patient
with an ATP synthase defect stemming from a mutation in a nuclear encoded subunit of the enzyme.
The mutation caused mild mental retardation and the patient developed peripheral neuropathy [6].
The mitochondrial synthesis of ATP, the oligomycin ATPase activity and the ATP synthase content were
reduced by 60–70%. The residual enzyme with the mutated ε subunit had normal activity, indicating
that the primary effect of the mutation was on assembly of the synthase. Interestingly, this mutation,
when introduced in the ε subunit of yeast ATP synthase, did not elicit any detectable effect on either
the activity of assembly of the enzyme [212]. This suggested that the mutation in the human ε subunit,
perhaps because of a weaker physical interaction with the c ring, exerted a deleterious effect on
assembly of the human but not of the yeast enzyme [212]. In a more recent report, two patients with
homozygous mutations in ATP5F1D were shown to suffer from metabolic disorders in one case and
from encephalopathy in another [213]. ATP5F1A, coding for human α subunit of F1, is the third nuclear
ATP synthase gene identified in two patients presenting fatal neonatal encephalopathy with intractable
seizures [5]. Interestingly, reduced levels of cellular ATP5F1 were also shown to correlate significantly
with earlier-onset prostate cancer [214]. Indeed, transitioning from oxidative phosphorylation to
anaerobic glycolysis for energy production occurs in many types of tumors, and could explain the
pathophysiology of the disease.

Table 7. Pathologies resulting from mutations in genes encoding ATP synthase subunits and assembly
factors, and their yeast homologs.

Human Gene Yeast Gene Clinical Phenotype Mutation Confirmation in Yeast Reference

MT-ATP6 ATP6

NARP, FBSN,
Leigh syndrome,

Charcot-Marie-Tooth
disorder, HCM, MLASA

many [198] 1

MT-ATP8 ATP8

apical HCM, neuropathy homoplasmic W55* no [204]

tetralogy of Fallot
homoplasmic G9804A,
C8481T, heteroplamic

T7501C 3
no [205]
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Table 7. Cont.

Human Gene Yeast Gene Clinical Phenotype Mutation Confirmation in Yeast Reference

ATP5F1D ATP16
metabolic disorders,

encephalopathy
homozygous P82L;

homozygous V106G 2 no [213]

ATP5F1E ATP15
mild mental retardation,

developed peripheral
neuropathy

homozygous Y12C no [6]

ATP5F1A ATP1
fatal neonatal

encephalopathy heterozygous R329C no [5]

ATPAF2 ATP12 microcephaly etc homozygous W94R yes [7,211]
1 Review describing many mutations. 2 In different patients. 3 In the same patient.

None of the patients with mutations in the nuclear ATP synthase genes discussed in this and the
next sections exhibit the clinical NARP and Leigh syndrome phenotypes characteristic of patients with
mutations in the two mitochondrially-encoded genes of the enzyme.

4.4.3. Nuclear ATP Synthase Assembly Gene Mutations

A substantial number of nuclear gene products of S. cerevisiae are known to regulate and chaperone
different steps of ATP synthase assembly [215]. At present, however, the only known human regulatory
factors with identified mutations in a small number of patients are TMEM70, a protein essential for
ATP synthase assembly and ATPAF2, the homolog of the yeast Atp12 chaperone that interacts with the
α subunit of F1 during assembly of this ATP synthase module [216]. TMEM70 does not have a yeast
homolog. The phenotypes associated with mutations in TMEM70 and the role of its product in ATP
synthase assembly have been reviewed elsewhere [217,218].

A study in which two patients, ascertained to have nuclear mutations that affected mitochondrial
ATP synthase assembly, were screened by sequencing human homologs of yeast genes previously shown
to affect F1 biogenesis led to the identification in one patient of a mutation in ATPAF2. This patient,
diagnosed with lactic acidosis, glutaconic aciduria, encephalomyopathy and a range of different
developmental problems, was found to have a homozygous W94R amino acid substitution that
resulted in severe deficits of ATP synthase in the heart, liver and to a lesser degree in skeletal muscle,
resulting in death at 14 months of age [219]. The deleterious effect of the W94R substitution in a
highly conserved region of ATPAF2 on ATP synthase assembly was confirmed by Meulemans et al. [7],
who showed that the wild-type, but not the mutant human gene, restored the ATP synthase activity of
a yeast atp12 mutant. The atp12 mutant also failed to be complemented by the yeast ATP12 harboring
the equivalent W102R mutation expressed from a low copy yeast CEN, but not from a high-copy
plasmid. The rescue by the W102R, however, depended on the presence of wild-type FMC1, a gene
implicated in regulating the activity of yeast Atp12 [220].

4.5. Coenzyme Q

Coenzyme Q (ubiquinone, CoQ or CoQ10 in humans) is a lipophilic redox molecule found in
virtually all eukaryotic organisms and most bacteria. It is composed of a quinone ring connected
to a polyisoprenoid side chain of variable length. Coenzyme Q serves several crucial functions in
mitochondria, including transfer of electrons from Complexes I and II to Complex III, acting as an
essential cofactor in the uncoupler protein mediated transfer of protons to the matrix, prevention of
lipid peroxidation, biosynthesis of uridine, beta-oxidation of fatty acids, and binding to and regulating
the permeability transition of the voltage-dependent anion channel [221].

The CoQ biosynthetic pathway in eukaryotes has been studied in yeast coq mutants arrested
at different steps of the pathway [222,223]. Like human cells, yeast relies on de novo synthesis of
CoQ; and any deficiency in the biosynthetic pathway results in a growth arrest on media containing
non-fermentable carbon sources [3,224]. Most enzymes of the CoQ biosynthetic pathway are organized
in a multi-subunit complex known as the CoQ synthome [222,225]. The CoQ synthome is spatially linked
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to the endoplasmic reticulum–mitochondria contact sites, providing optimal CoQ production with an
efficient intracellular distribution as well as minimizing the escape of toxic intermediates [226,227].
Expression of functional CoQ in yeast depends on at least 14 nuclear gene products (Coq1-Coq11, Yah1,
Arh1, and Hfd1), all located in mitochondria [227].

CoQ biosynthesis is achieved by three separate and highly conserved pathways:
(1) Synthesis of the quinone ring from 4- hydroxybenzoate (4HB), derived from tyrosine [228],

or from p-aminobenzoic acid (pABA), in yeast but not in humans [225,227,229]. The early steps
of 4HB formation are still to be determined but deamination of tyrosine starts with Aro8 or Aro9
catalyzed transamination [230]. The formation of the final intermediate 4-hydroxybenzaldehyde
(4 HBz) is catalyzed by the aldehyde dehydrogenase Hfd1 [230,231].

(2) Synthesis of isopentenyl pyrophosphate (IPP) and dimethylally pyrophosphate (DMAPP),
catalyzed by Coq1 in yeast [232] and PDSS1 and PDSS2 in humans.

(3) Prenylation of parahydroxybenzoate by the polisoprenyl transferase Coq2 [233] and further
modifications of the benzoquinone ring by hydroxylases and methyl transferases. The isoprenoid
side chain is important for proper CoQ localization at the mid-plane of phospholipid bilayers.
Yeast coenzyme Q contains 6 isopentenyl units (CoQ6) while in humans the major coenzyme Q isoform
contains 10 isopentenyl units (CoQ10).

The benzoquinone head group is modified by hydroxylations catalyzed by Coq6 and Coq7 [234–236],
methylation of the resultant hydroxyls by the Coq3 methyl transferase [237], methylation of the ring
by Coq5 [238] and a decarboxylation step catalyzed by a still unidentified enzyme of this pathway.
Other gene products linked to coenzyme Q biosynthesis and utilization include Coq4 and Coq9, that
have been assigned a role in assembly and stability of the CoQ synthome, and Coq8, a member of a
protein family that includes kinases and ATP-dependent ligases. Coq8 has been implicated in the
phosphorylation state of Coq3, Coq5 and Coq7 [239–241]. The steady-state concentrations of Coq4, 6, 7,
and 9 are markedly decreased in a coq8 null mutant, as a result of which assembly of the CoQ synthome
is abrogated [242]. The coq8 null mutant, however, contains a complex of Coq6 and Coq7 thought
to be an early intermediate of the synthome [243]. Coq10 is a low molecular weight member of the
START protein family that binds coenzyme Q. Although Coq10 is required for respiration, its synthesis
is only partially affected in log but not in stationary phase yeast cells, suggesting that its function is
related to the delivery of coenzyme Q from the synthome located at the endoplasmic-mitochondrial
contact sites to the regions of the inner membrane containing the respiratory chain complexes [226,244].
The respiratory deficiency of coq10 mutants is partially rescued in a coq11 mutant, which codes for a
component of the synthome that has been proposed to down- regulate the synthesis of coenzyme Q [244].
Coq11 (human NDUFA9), a separate protein in yeast, is a component of the CoQ synthome [245] and
appears to regulate its formation and stability [244]. CoQ yeast and human genes are listed in Table 8.

Table 8. Coenzyme Q genes required for functional expression of CoQ and their yeast homologs.

Yeast Gene Human Gene

COQ1 PDSS1

COQ1 PDSS2

COQ2 COQ2

COQ3 COQ3

COQ4 COQ4

COQ5 COQ5

COQ6 COQ6
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Table 8. Cont.

Yeast Gene Human Gene

COQ7/CAT5 COQ7

COQ8/ABC1 COQ8A

COQ8/ABC2 COQ8B

COQ9 COQ9

COQ10 COQ10A, COQ10B

COQ11 NDUFA9

Mutations in COQ Genes

CoQ10 deficiency, a biochemical lesion first described over three decades ago by Ogasahara et al. [246],
is subdivided into primary CoQ10 deficiency, when caused by a pathogenic mutation in one of the
genes required for the coenzyme’s biosynthesis, and secondary CoQ10 deficiency, when the mutated
gene is not directly related to the biosynthetic pathway [247]. Of the two, the latter has been reported
more frequently in patients, with phenotypes including mitochondrial myopathies, mitochondrial
DNA depletion syndrome and multiple acyl-CoA dehydrogenase deficiency (MADD) [248]. However,
the pathogenic mechanisms linking these disorders with the observed CoQ10 deficiency have yet to
be elucidated.

Primary CoQ10 deficiency is far rarer [248]. Emmanuele et al. [247] first classified the clinical
manifestations of primary CoQ10 deficiency into five distinct phenotypes: encephalomyopathy, isolated
myopathy, nephropathy, infantile multisystemic disease, and cerebellar ataxia. However, it has been
argued that this subdivision should be updated, as new cases have been discovered with novel
mutations presenting a wide range of other clinical phenotypes, as well as different combinations of
the previously described symptoms [248]. To date, mutations in ten genes have been associated with
primary CoQ10 deficiency (Table 9).

With the exception of Coq3, patients have been reported with mutations in all other components of
the CoQ multi-subunit complex [249,250]. These patients can be treated with CoQ10 supplementation
with partial success. Early treatment based on early diagnosis is critical for the best outcome [251].
Because of its poor solubility, CoQ10 is only administrated in oral formulations, despite its destitute
bioavailability [252,253]. Similarly, uptake of CoQ6 in yeast coq mutants is inefficient [254,255].

Due to the striking homology between human and yeast COQ genes [227], studies of CoQ proteins
in S. cerevisiae may provide insight into human homologs, leading to the identification of residues
critical for protein function and, therefore, with higher pathogenic potential [256]. Indeed, yeast coq3,
coq8, coq9, and coq10 mutants are complemented by the human counterparts [239,257–259], while yeast
coq5 null mutants are complemented by human COQ5 combined with overexpression of COQ8 [260].
Furthermore, studies of pathogenic mutations in COQ genes have been validated in yeast coq1 [261],
coq2 [261,262], coq4 [263], coq6 [264], coq8 [241], and coq9 mutants [265].

PDSS1 and PDSS2, both human homologs of yeast COQ1, encode two proteins that form a
heterotetramer that catalyzes the elongation of the isoprenoid side chain. PDSS1 does not complement
the yeast coq1 null mutant [261]. Mutations in both of these genes lead to infantile multisystemic
disease, a heterogeneous disorder characterized by psychomotor regression, encephalopathy, optic
atrophy, retinopathy, hearing loss, renal dysfunction and heart valvulopathy [247,261]. Mutations in
PDSS2 have been associated with additional phenotypes, including Leigh syndrome, steroid resistant
nephrotic syndrome (SRNS)—an atypical manifestation for other mitochondrial disorders but quite
common for CoQ10 deficiencies; and hepatocellular carcinoma [247,266,267]. It has been shown that
the downregulation of PDSS2 can induce a shift from aerobic metabolism to anaerobic glycolysis,
as well as increased chromosomal instability—a possible pathogenic mechanism for hepatocellular
carcinoma [267].
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Pathogenic mutations in COQ2, encoding a parahydroxybenzoate-polyprenyltransferase that
catalyzes the addition of the isoprenoid chain to the benzoquinone ring, were the first to be associated
with primary CoQ10 deficiency [268]. Pathogenic mutations in human COQ2 have been confirmed
in yeast by complementation studies of the yeast coq2 null mutant [261,262]. Clinical manifestations
of these mutations include isolated SRNS, SRNS with encephalomyopathy resembling MELAS, fatal
infantile multisystemic disease, and late-onset multiple-system atrophy and retinopathy [247,248].

The first pathogenic mutation in COQ4, required for the stability of the CoQ synthome, was found
as a haploinsufficiency, with a phenotype similar to that of a heterozygous yeast mutant [263].
The patient presented facial dysmorphism and muscle hypotonia, which improved significantly with
CoQ10 supplementation [263]. Since then, a total of 19 patients, all infants, have been identified with
mutations in COQ4, with clinical phenotypes that included cerebellar atrophy, lactic acidosis, seizures,
muscle weakness, cardiomyopathy, ataxia, and Leigh syndrome [269,270]. None of the patients suffered
from nephropathy, typically found in primary CoQ10 deficiency.

To date, only three cases of pathogenic mutations in the methyltransferase encoded by
COQ5, have been recorded. The affected individuals were three female siblings presenting with
non-progressive cerebellar ataxia, dysarthria, and mild to moderate cognitive disability [250]. Two of
the three siblings exhibited myoclonic jerks and generalized tonic-clonic seizures in adolescence and
early 20s. Next-generation sequencing identified a tandem duplication of the last four exons of COQ5,
while biochemical studies showed a 33% reduction of CoQ10 in skeletal muscle—sufficient to sustain a
basal rate but insufficient to reach maximal efficiency of respiration [250].

Mutations in COQ6, encoding an enzyme involved in hydroxylation and deamination reactions
during CoQ biosynthesis, have been primarily associated with SRNS [264], characterized by significant
proteinuria with resulting hypoalbuminemia and edema and presenting with focal segmental
glomerulosclerosis [248]. The pathogenicity of the first six COQ6 mutations in human patients
was confirmed by complementation studies using the yeast coq6 null mutant [264]. Three patients
harboring a COQ6 mutation also suffered from infantile multisystemic disease [247]. Based on in vitro
and in vivo studies of renal podocyte cell lines, it has been hypothesized that the pathogenicity of COQ6

mutations relates to respiratory chain deficiency, ROS generation, disruption of podocyte cytoskeleton
and induction of cellular apoptosis, ultimately resulting in SRNS [271].

Three cases of primary CoQ10 deficiency caused by mutations in COQ7, responsible for the
penultimate step of CoQ biosynthesis, have been reported in two children with similar phenotypes
of spasticity, sensorineural hearing loss and muscle hypotonia; and a third more severe case
of fatal mitochondrial encephalo-myo-nephro-cardiopathy, persistent lactic acidosis, and basal
ganglia lesions [272–274]. In one of the patients, treatment with the unnatural biosynthesis
precursor 2,4-dihydroxybenzoate (DHB), a hydroxylated variant of the native 4-hydroxybenzoic
acid (4-HB) normally modified by COQ7, increased CoQ10 levels and partially restored mitochondrial
respiration [273].

The human genes ADCK3 and ADCK4, also known as COQ8A and COQ8B, are both homologs of
yeast COQ8. Mutations in COQ8A have mostly been associated with autosomal recessive progressive
cerebellar ataxia (ARCA), often accompanied by childhood onset cerebellar atrophy, with and without
seizures, and exercise intolerance [241,248,275]. The pathogenic nature of the ADCK3 mutations
was corroborated using the yeast counterpart system [241]. However, isolated cases of psychiatric
disorders, seizures, migraines, and dysarthria have been reported [248]. Studies of fibroblast cell
lines isolated from ARCA patients showed an increased sensitivity to oxidative stress induced by
hydrogen peroxide, high levels of oxidative stress and changes in mitochondrial homeostasis as a
result of loss-of-function mutations in COQ8A [275]. Interestingly, concomitant with the upregulation
of ROS production, increased respiratory supercomplex stability and basal respiratory rate were
observed, suggesting that the loss of ADCK3 could result in a compensatory elevation of respirasome
formation [275]. The relationship between the two human paralogs COQ8A and COQ8B is unclear.
However, pathogenic mutations in the two genes lead to completely different clinical phenotypes.
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Indeed, all patients with COQ8B mutations suffered from SNRS, with only a single case of neurological
involvement reported [248,276].

Table 9. Pathologies resulting from mutations in Coenzyme Q genes and their yeast homologs.

Human Gene Yeast Gene Clinical Phenotype Mutation Confirmation in Yeast Reference

PDSS1 COQ1
infantile multisystemic

disease homozygous D308E yes [261]

PDSS2 COQ1
infantile multisystemic

disease, SRNS, LS,
hepatocellular carcinoma

compound heterozygous
Q322*, S382L yes [262]

COQ2 COQ2

SRNS, SRNS with
encephalomyopathy
resembling MELAS,

fatal infantile
multisystemic disease

homozygous Y297C yes [268]

COQ4 COQ4
LS, cerebellar atrophy,

lactic acidosis, etc. many [263,269,270] 1

COQ5 COQ5
cerebellar ataxia, dysarthria,

myoclonic jerks
biallelic 9590 bp

duplication no [250]

COQ6 COQ6
SRNS, infantile

multisystemic disease many [264] 1

COQ7 COQ7
spasticity, sensorineural

hearing loss etc.

homozygous V141E;
homozygous L111P;

compound heterozygous
R107W, K200Ifs*56 2

no [272–274]

COQ8A COQ8
ARCA, seizures,

dystonia, spasticity many [248] 1

COQ8B COQ8 SRNS many [248,276] 1

COQ9 COQ9
infantile multisystemic

disease, Leigh-like
Syndrome, microcephaly

many See main text

1 Review describing many mutations. 2 In different patients.

Primary CoQ10 deficiency caused by mutations in COQ9 is extremely rare, with only seven cases
from four families having been reported. The COQ9 gene product binds to the polyprenyl tail of
CoQ intermediates with high specificity, allowing the modification of the benzene ring by Coq7 and
other components of the CoQ synthome [259,277]. The reported cases include an infant suffering
from lethal lactic acidosis, seizures, cerebral atrophy, HCM, and renal dysfunction [248,265], a boy
diagnosed with neonatal Leigh-like syndrome who died at 18 days of age from cardio-respiratory
failure [278], four siblings with an unknown and ultimately lethal condition characterized by dilated
cardiomyopathy, anemia, abnormal appearing kidney, and suspected Leigh syndrome [279]; and a
nine-month old girl presenting with microcephaly, truncal hypotonia, and dysmorphic features [280].

It has been shown that the pathogenicity of primary and secondary CoQ10 deficiencies is linked
to the impairment of electron transfer to Complex III, ultimately resulting in decreased mitochondrial
respiration and ATP synthesis [248,281]. It has also been noted that the neurological presentation
of CoQ10 deficiency is likely associated with oxidative damage and caspase-independent apoptotic
cell death in the brain, as a result of mitochondrial impairment [281]. While renal dysfunction is not
uncharacteristic of mitochondrial deficiencies, the glomerular involvement, as opposed to the tubular
damage seen in other mitochondrial cytopathies, is perplexing and could be a result of impaired
CoQ10 antioxidant function [248]. Equally puzzling is the remarkable diversity of clinical phenotypes
resulting from mutations in different COQ genes. Based on in vivo studies of mouse models harboring
COQ9 mutations, Luna-Sánchez et al. [281] have hypothesized that a key factor in determining the
degree of severity and particular clinical phenotypes of CoQ10 deficiencies is the stability of the
CoQ synthome. Lastly, decreased CoQ10 levels impair the activity of sulfide:quinone oxidoreductase,
an enzyme involved in the catabolism of H2S [282]. While at physiological conditions H2S serves as an
electron donor to the mitochondrial respiratory chain, at elevated levels it inhibits Complex IV activity,
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resulting in reduced cellular respiration. Over-physiological levels of H2S could therefore participate
in the pathogenic mechanism of CoQ10 deficiency [282].

4.6. Cytochrome c

Cytochrome c, a low-molecular weight heme protein loosely tethered to the inner mitochondrial
membrane, is an important component of the respiratory chain that accepts electrons from Complex III
and transfers them to Complex IV. Cytochrome c also functions as an initiator of apoptosis. In humans,
cytochrome c is encoded by CYCS and in yeast by two isoforms CYC1 and CYC7, the first one being
predominant. To date, four mutations in CYCS have been associated with non-syndromic and mild
thrombocytopenia, a rare autosomal dominant disorder characterized by low platelet levels in the
blood but no other hematological findings. These mutations include a G41S substitution found in a
New Zealander family [283], a Y48H mutation in an Italian family [284], an A52V mutation in a British
family [285], and a K101del deletion in a 64-year-old woman from a Japanese family with multiple
cases of Hemophilia A [286]. Unlike other non-syndromic thrombocytopenias, the morphology of
circulating platelets in these patients was normal [287]. Some of these mutations, recreated using
yeast model systems, led to reduced cytochrome c expression, reduced respiratory rate, and increased
apoptotic rate [284,286]. However, the link between loss-of-function mutations in CYSC and abnormal
platelet formation has yet to be elucidated.

The addition of the heme moiety to cytochrome c is catalyzed by a cytochrome c type heme lyase
encoded by the HCCS gene, the human homolog of yeast CYC3. HCCS is able to complement the yeast
Cyc3 deficiency [288]. Mutations in HCCS have been associated with MLS, an X-linked, male-lethal
disorder described in the Complex III section [289]. It has been hypothesized that the characteristic
phenotype of MLS patients is a consequence of the activation of non-canonical, caspase-9 mediated cell
death in the brain and eyes as a result of HCCS impairment [290].

5. Human Pathologies Resulting from Mutations in Genes with No Homologs in S. cerevisiae

5.1. Complex I

While S. cerevisie mitochondria contain three different single subunit NADH dehydrogenases in
the inner membrane [291], the human counterpart forms a large hetero-oligomeric complex (Complex I)
comprised of 38 nuclear-encoded and seven mitochondrially encoded subunits. As such, the genes for
the numerous structural proteins and assembly factors related to Complex I have no yeast homologs.
The majority of Complex I genes have been associated with mitochondrial disorders. Complex I
deficiency is the most common biochemical lesion identified in childhood-onset mitochondrial diseases,
accounting for approximately 30% of all cases [292]. The clinical presentations of these disorders are
varied, including Leigh syndrome, fatal infantile lactic acidosis, HCM, exercise intolerance, LHON,
leukoencephalopathy, and MELAS [292]. Although divergent, yeast NADH-dehydrogenase Ndi1
has been tested as a candidate for gene therapy for human Complex I deficiencies, with success in
preventing ischemia-reperfusion injury in transgenic rats [293,294].

Other yeasts, such the obligate aerobic Yarrowia lipolytica, however, have Complex I and have
been used to study and model diseases of this complex [295,296]. In one study, modeling mutations
in Y. lipolityca made it possible to determine the most pathogenic mutation among two mutated
alleles. The compound heterozygous Y53C and Y308C substitutions in NDUFS2 were found in siblings
presenting with non-syndromic LHON-like disease but normal levels of Complex I [297]. The parents,
each carrying one of the mutations, presented no clinical phenotype. Equivalent substitutions
(H57C and Y311C) were introduced independently in the Y. lipolytica homolog NUCM, resulting in
normal levels of Complex I in mutant H57C and no detectable Complex I in mutant Y311C. The authors
concluded that the normal levels of Complex I in the patient’s fibroblast arose from the expression
of the Y53C allele and that the non-syndromic LHON-like phenotype was possibly caused by an
instability of Complex I containing this mutation [297]. In another study, 13 out of 16 single amino
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acid substitutions of NDUFV1 were confirmed as pathogenic using Y. lipolytica [298]. This yeast is
also useful in the evaluation of pathogenic mutations in Complex I assembly factors, such as NUBPL
(nucleotide binding protein-like), which were recreated in the homologous Ind1 protein of the yeast
model [299]. Recently, the cryo-EM structure of Y. lipolytica Complex I has been solved [300,301] and
can provide helpful information for those modeling Complex I diseases in this yeast.

5.2. Assembly Factors

Pathogenic mutations have also been described for some human genes with no yeast homologs
encoding assembly factors of oxphos complexes, such as TCC19 (Complex III), TACO1 (Complex IV),
and TMEM70 (ATP synthase). They are beyond the scope of this review.

6. Concluding Remarks

Mammalian mitochondrial DNA codes for 13 proteins, all of which are subunits of the respiratory
complexes and ATP synthase. Most of the organelle, however, is encoded in the nuclear genome,
by what, in yeast, is estimated to be at least 900 genes or 15% of the genome. It stands to reason that a
large number of human genetic disorders will stem from mutations that affect mitochondrial function.
In the past, studies of yeast pet mutants have had a direct impact on understanding the genetic and
mechanistic basis of human mitochondrial diseases. However, about 20% of the eukaryotic proteome
has not yet been characterized, even in well-studied model organisms such as S. cerevisiae [302].
A substantial number of proteins still lacking an ascribed function are encoded by genes that affect
mitochondrial respiration. In this context, yeast is still a powerful platform for discovering the
function of uncharacterized mitochondrial proteins, as well as to gain a better understanding of the
underlying molecular consequences of pathogenic mutations that could prove to be promising targets
for mitochondrial disease therapies.
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Leenders, A.M.; Rodenburg, R.J.; Reljić, B.; Compton, A.G.; et al. Mutations in the UQCC1-interacting
protein, UQCC2, cause human complex III deficiency associated with perturbed cytochrome b protein
expression. PLoS Genet. 2013, 9, e1004034. [CrossRef]

112. Feichtinger, R.G.; Brunner-Krainz, M.; Alhaddad, B.; Wortmann, S.B.; Kovacs-Nagy, R.; Stojakovic, T.;
Erwa, W.; Resch, B.; Windischhofer, W.; Verheyen, S.; et al. Combined Respiratory Chain Deficiency and
UQCC2 Mutations in Neonatal Encephalomyopathy: Defective Supercomplex Assembly in Complex III
Deficiencies. Oxid. Med. Cell. Longev. 2017, 2017. [CrossRef]

113. Bogenhagen, D.F.; Haley, J.D. Pulse-chase SILAC-based analyses reveal selective oversynthesis and rapid
turnover of mitochondrial protein components of respiratory complexes. J. Biol. Chem. 2020, 295, 2544–2554.
[CrossRef] [PubMed]

114. Wanschers, B.F.J.; Szklarczyk, R.; van den Brand, M.A.M.; Jonckheere, A.; Suijskens, J.; Smeets, R.;
Rodenburg, R.J.; Stephan, K.; Helland, I.B.; Elkamil, A.; et al. A mutation in the human CBP4 ortholog
UQCC3 impairs complex III assembly, activity and cytochrome b stability. Hum. Mol. Genet. 2014, 23,
6356–6365. [CrossRef] [PubMed]

115. Gaignard, P.; Menezes, M.; Schiff, M.; Bayot, A.; Rak, M.; Ogier de Baulny, H.; Su, C.-H.; Gilleron, M.;
Lombes, A.; Abida, H.; et al. Mutations in CYC1, encoding cytochrome c1 subunit of respiratory chain
complex III, cause insulin-responsive hyperglycemia. Am. J. Hum. Genet. 2013, 93, 384–389. [CrossRef]
[PubMed]

116. Gusic, M.; Schottmann, G.; Feichtinger, R.G.; Du, C.; Scholz, C.; Wagner, M.; Mayr, J.A.; Lee, C.-Y.; Yépez, V.A.;
Lorenz, N.; et al. Bi-Allelic UQCRFS1 Variants Are Associated with Mitochondrial Complex III Deficiency,
Cardiomyopathy, and Alopecia Totalis. Am. J. Hum. Genet. 2020, 106, 102–111. [CrossRef]

117. Wikström, M. Identification of the electron transfers in cytochrome oxidase that are coupled to
proton-pumping. Nature 1989, 338, 776–778. [CrossRef]

118. Hell, K.; Tzagoloff, A.; Neupert, W.; Stuart, R.A. Identification of Cox20p, a novel protein involved in the
maturation and assembly of cytochrome oxidase subunit 2. J. Biol. Chem. 2000, 275, 4571–4578. [CrossRef]

119. Sharma, V.; Enkavi, G.; Vattulainen, I.; Róg, T.; Wikström, M. Proton-coupled electron transfer and the role
of water molecules in proton pumping by cytochrome c oxidase. Proc. Natl. Acad. Sci. USA 2015, 112,
2040–2045. [CrossRef]

120. Pitceathly, R.D.S.; Taanman, J.-W. NDUFA4 (Renamed COXFA4) Is a Cytochrome-c Oxidase Subunit.
Trends Endocrinol. Metab. TEM 2018, 29, 452–454. [CrossRef]

339



Life 2020, 10, 304

121. Hill, B.C. Modeling the sequence of electron transfer reactions in the single turnover of reduced, mammalian
cytochrome c oxidase with oxygen. J. Biol. Chem. 1994, 269, 2419–2425.

122. Brunori, M.; Giuffrè, A.; Sarti, P. Cytochrome c oxidase, ligands and electrons. J. Inorg. Biochem. 2005, 99,
324–336. [CrossRef]

123. Tzagoloff, A.; Nobrega, M.; Gorman, N.; Sinclair, P. On the functions of the yeast COX10 and COX11 gene
products. Biochem. Mol. Biol. Int. 1993, 31, 593–598. [PubMed]

124. Barros, M.H.; Carlson, C.G.; Glerum, D.M.; Tzagoloff, A. Involvement of mitochondrial ferredoxin and
Cox15p in hydroxylation of heme O. FEBS Lett. 2001, 492, 133–138. [CrossRef]

125. Barros, M.H.; Nobrega, F.G.; Tzagoloff, A. Mitochondrial ferredoxin is required for heme A synthesis in
Saccharomyces cerevisiae. J. Biol. Chem. 2002, 277, 9997–10002. [CrossRef] [PubMed]

126. Bestwick, M.; Jeong, M.-Y.; Khalimonchuk, O.; Kim, H.; Winge, D.R. Analysis of Leigh syndrome mutations
in the yeast SURF1 homolog reveals a new member of the cytochrome oxidase assembly factor family.
Mol. Cell. Biol. 2010, 30, 4480–4491. [CrossRef] [PubMed]

127. Taylor, N.G.; Swenson, S.; Harris, N.J.; Germany, E.M.; Fox, J.L.; Khalimonchuk, O. The Assembly Factor
Pet117 Couples Heme a Synthase Activity to Cytochrome Oxidase Assembly. J. Biol. Chem. 2017, 292,
1815–1825. [CrossRef] [PubMed]

128. Barros, M.H.; McStay, G.P. Modular biogenesis of mitochondrial respiratory complexes. Mitochondrion 2020,
50, 94–114. [CrossRef]

129. Genova, M.L.; Lenaz, G. Functional role of mitochondrial respiratory supercomplexes. Biochim. Biophys. Acta

2014, 1837, 427–443. [CrossRef]
130. Berndtsson, J.; Aufschnaiter, A.; Rathore, S.; Marin-Buera, L.; Dawitz, H.; Diessl, J.; Kohler, V.; Barrientos, A.;

Büttner, S.; Fontanesi, F.; et al. Respiratory supercomplexes enhance electron transport by decreasing
cytochrome c diffusion distance. EMBO Rep. 2020, e51015. [CrossRef]

131. Schägger, H.; Pfeiffer, K. Supercomplexes in the respiratory chains of yeast and mammalian mitochondria.
EMBO J. 2000, 19, 1777–1783. [CrossRef]

132. Stroh, A.; Anderka, O.; Pfeiffer, K.; Yagi, T.; Finel, M.; Ludwig, B.; Schägger, H. Assembly of respiratory
complexes I, III, and IV into NADH oxidase supercomplex stabilizes complex I in Paracoccus denitrificans.
J. Biol. Chem. 2004, 279, 5000–5007. [CrossRef]

133. Rak, M.; Bénit, P.; Chrétien, D.; Bouchereau, J.; Schiff, M.; El-Khoury, R.; Tzagoloff, A.; Rustin, P. Mitochondrial
cytochrome c oxidase deficiency. Clin. Sci. Lond. Engl. 1979 2016, 130, 393–407. [CrossRef] [PubMed]

134. Trueblood, C.E.; Poyton, R.O. Differential effectiveness of yeast cytochrome c oxidase subunit genes results
from differences in expression not function. Mol. Cell. Biol. 1987, 7, 3520–3526. [CrossRef] [PubMed]

135. DiMauro, S.; Tanji, K.; Schon, E.A. The many clinical faces of cytochrome c oxidase deficiency. Adv. Exp.

Med. Biol. 2012, 748, 341–357. [CrossRef] [PubMed]
136. Indrieri, A.; van Rahden, V.A.; Tiranti, V.; Morleo, M.; Iaconis, D.; Tammaro, R.; D’Amato, I.; Conte, I.;

Maystadt, I.; Demuth, S.; et al. Mutations in COX7B cause microphthalmia with linear skin lesions,
an unconventional mitochondrial disease. Am. J. Hum. Genet. 2012, 91, 942–949. [CrossRef]

137. van Rahden, V.A.; Fernandez-Vizarra, E.; Alawi, M.; Brand, K.; Fellmann, F.; Horn, D.; Zeviani, M.; Kutsche, K.
Mutations in NDUFB11, encoding a complex I component of the mitochondrial respiratory chain, cause
microphthalmia with linear skin defects syndrome. Am. J. Hum. Genet. 2015, 96, 640–650. [CrossRef]

138. Smith, D.; Gray, J.; Mitchell, L.; Antholine, W.E.; Hosler, J.P. Assembly of cytochrome-c oxidase in the absence
of assembly protein Surf1p leads to loss of the active site heme. J. Biol. Chem. 2005, 280, 17652–17656.
[CrossRef]

139. Wedatilake, Y.; Brown, R.M.; McFarland, R.; Yaplito-Lee, J.; Morris, A.A.M.; Champion, M.; Jardine, P.E.;
Clarke, A.; Thorburn, D.R.; Taylor, R.W.; et al. SURF1 deficiency: A multi-centre natural history study.
Orphanet J. Rare Dis. 2013, 8. [CrossRef]

140. Zhu, Z.; Yao, J.; Johns, T.; Fu, K.; De Bie, I.; Macmillan, C.; Cuthbert, A.P.; Newbold, R.F.; Wang, J.;
Chevrette, M.; et al. SURF1, encoding a factor involved in the biogenesis of cytochrome c oxidase, is mutated
in Leigh syndrome. Nat. Genet. 1998, 20, 337–343. [CrossRef]

141. Tiranti, V.; Hoertnagel, K.; Carrozzo, R.; Galimberti, C.; Munaro, M.; Granatiero, M.; Zelante, L.; Gasparini, P.;
Marzella, R.; Rocchi, M.; et al. Mutations of SURF-1 in Leigh disease associated with cytochrome c oxidase
deficiency. Am. J. Hum. Genet. 1998, 63, 1609–1621. [CrossRef]

340



Life 2020, 10, 304

142. Echaniz-Laguna, A.; Ghezzi, D.; Chassagne, M.; Mayençon, M.; Padet, S.; Melchionda, L.; Rouvet, I.;
Lannes, B.; Bozon, D.; Latour, P.; et al. SURF1 deficiency causes demyelinating Charcot-Marie-Tooth disease.
Neurology 2013, 81, 1523–1530. [CrossRef]

143. Nobrega, M.P.; Nobrega, F.G.; Tzagoloff, A. COX10 codes for a protein homologous to the ORF1 product of
Paracoccus denitrificans and is required for the synthesis of yeast cytochrome oxidase. J. Biol. Chem. 1990,
265, 14220–14226. [PubMed]

144. Glerum, D.M.; Muroff, I.; Jin, C.; Tzagoloff, A. COX15 codes for a mitochondrial protein essential for the
assembly of yeast cytochrome oxidase. J. Biol. Chem. 1997, 272, 19088–19094. [CrossRef] [PubMed]

145. Glerum, D.M.; Tzagoloff, A. Isolation of a human cDNA for heme A:farnesyltransferase by functional
complementation of a yeast cox10 mutant. Proc. Natl. Acad. Sci. USA 1994, 91, 8452–8456. [CrossRef]
[PubMed]

146. Pitceathly, R.D.S.; Taanman, J.-W.; Rahman, S.; Meunier, B.; Sadowski, M.; Cirak, S.; Hargreaves, I.; Land, J.M.;
Nanji, T.; Polke, J.M.; et al. COX10 mutations resulting in complex multisystem mitochondrial disease that
remains stable into adulthood. JAMA Neurol. 2013, 70, 1556–1561. [CrossRef] [PubMed]

147. Bugiani, M.; Tiranti, V.; Farina, L.; Uziel, G.; Zeviani, M. Novel mutations in COX15 in a long surviving Leigh
syndrome patient with cytochrome c oxidase deficiency. J. Med. Genet. 2005, 42, e28. [CrossRef] [PubMed]

148. Rigby, K.; Cobine, P.A.; Khalimonchuk, O.; Winge, D.R. Mapping the Functional Interaction of Sco1 and
Cox2 in Cytochrome Oxidase Biogenesis. J. Biol. Chem. 2008, 283, 15015–15022. [CrossRef]

149. Glerum, D.M.; Shtanko, A.; Tzagoloff, A. SCO1 and SCO2 act as high copy suppressors of a mitochondrial
copper recruitment defect in Saccharomyces cerevisiae. J. Biol. Chem. 1996, 271, 20531–20535. [CrossRef]

150. Franco, L.V.R.; Su, C.-H.; McStay, G.P.; Yu, G.J.; Tzagoloff, A. Cox2p of yeast cytochrome oxidase assembles as
a stand-alone subunit with the Cox1p and Cox3p modules. J. Biol. Chem. 2018, 293, 16899–16911. [CrossRef]

151. Gurgel-Giannetti, J.; Oliveira, G.; Brasileiro Filho, G.; Martins, P.; Vainzof, M.; Hirano, M. Mitochondrial
cardioencephalomyopathy due to a novel SCO2 mutation in a Brazilian patient: Case report and literature
review. JAMA Neurol. 2013, 70, 258–261. [CrossRef]

152. Rebelo, A.P.; Saade, D.; Pereira, C.V.; Farooq, A.; Huff, T.C.; Abreu, L.; Moraes, C.T.; Mnatsakanova, D.;
Mathews, K.; Yang, H.; et al. SCO2 mutations cause early-onset axonal Charcot-Marie-Tooth disease
associated with cellular copper deficiency. Brain J. Neurol. 2018, 141, 662–672. [CrossRef]

153. Wakazono, T.; Miyake, M.; Yamashiro, K.; Yoshikawa, M.; Yoshimura, N. Association between SCO2 mutation
and extreme myopia in Japanese patients. Jpn. J. Ophthalmol. 2016, 60, 319–325. [CrossRef] [PubMed]

154. Tran-Viet, K.-N.; Powell, C.; Barathi, V.A.; Klemm, T.; Maurer-Stroh, S.; Limviphuvadh, V.; Soler, V.; Ho, C.;
Yanovitch, T.; Schneider, G.; et al. Mutations in SCO2 are associated with autosomal-dominant high-grade
myopia. Am. J. Hum. Genet. 2013, 92, 820–826. [CrossRef] [PubMed]

155. Shteyer, E.; Saada, A.; Shaag, A.; Al-Hijawi, F.A.; Kidess, R.; Revel-Vilk, S.; Elpeleg, O. Exocrine pancreatic
insufficiency, dyserythropoeitic anemia, and calvarial hyperostosis are caused by a mutation in the COX4I2
gene. Am. J. Hum. Genet. 2009, 84, 412–417. [CrossRef]

156. Abu-Libdeh, B.; Douiev, L.; Amro, S.; Shahrour, M.; Ta-Shma, A.; Miller, C.; Elpeleg, O.; Saada, A. Mutation
in the COX4I1 gene is associated with short stature, poor weight gain and increased chromosomal breaks,
simulating Fanconi anemia. Eur. J. Hum. Genet. EJHG 2017, 25, 1142–1146. [CrossRef] [PubMed]

157. Baertling, F.; Al-Murshedi, F.; Sánchez-Caballero, L.; Al-Senaidi, K.; Joshi, N.P.; Venselaar, H.; van den Brand, M.A.;
Nijtmans, L.G.; Rodenburg, R.J. Mutation in mitochondrial complex IV subunit COX5A causes pulmonary
arterial hypertension, lactic acidemia, and failure to thrive. Hum. Mutat. 2017, 38, 692–703. [CrossRef]

158. Tamiya, G.; Makino, S.; Hayashi, M.; Abe, A.; Numakura, C.; Ueki, M.; Tanaka, A.; Ito, C.; Toshimori, K.;
Ogawa, N.; et al. A mutation of COX6A1 causes a recessive axonal or mixed form of Charcot-Marie-Tooth
disease. Am. J. Hum. Genet. 2014, 95, 294–300. [CrossRef]
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Pajdowska, M.; Jurkiewicz, E.; Halat, P.; Kosińska, J.; et al. New perspective in diagnostics of mitochondrial
disorders: Two years’ experience with whole-exome sequencing at a national paediatric centre. J. Transl. Med.

2016, 14. [CrossRef] [PubMed]
184. Kohda, M.; Tokuzawa, Y.; Kishita, Y.; Nyuzuki, H.; Moriyama, Y.; Mizuno, Y.; Hirata, T.; Yatsuka, Y.;

Yamashita-Sugahara, Y.; Nakachi, Y.; et al. A Comprehensive Genomic Analysis Reveals the Genetic
Landscape of Mitochondrial Respiratory Chain Complex Deficiencies. PLoS Genet. 2016, 12, e1005679.
[CrossRef] [PubMed]

185. Brix, N.; Jensen, J.M.; Pedersen, I.S.; Ernst, A.; Frost, S.; Bogaard, P.; Petersen, M.B.; Bender, L. Mitochondrial
Disease Caused by a Novel Homozygous Mutation (Gly106del) in the SCO1 Gene. Neonatology 2019, 116,
290–294. [CrossRef] [PubMed]

186. Leary, S.C.; Antonicka, H.; Sasarman, F.; Weraarpachai, W.; Cobine, P.A.; Pan, M.; Brown, G.K.; Brown, R.;
Majewski, J.; Ha, K.C.H.; et al. Novel mutations in SCO1 as a cause of fatal infantile encephalopathy and
lactic acidosis. Hum. Mutat. 2013, 34, 1366–1370. [CrossRef]

187. Stiburek, L.; Vesela, K.; Hansikova, H.; Hulkova, H.; Zeman, J. Loss of function of Sco1 and its interaction
with cytochrome c oxidase. Am. J. Physiol. Cell Physiol. 2009, 296, C1218–C1226. [CrossRef]

188. Mitchell, P. Coupling of Phosphorylation to Electron and Hydrogen Transfer by a Chemi-Osmotic type of
Mechanism. Nature 1961, 191, 144–148. [CrossRef]

189. Kagawa, Y.; Racker, E. Partial Resolution of the Enzymes Catalyzing Oxidative Phosphorylation VIII.
Properties of a factor conferring oligomycin sensitivity on mitochondrial adenosine triphosphatase.
J. Biol. Chem. 1966, 241, 2461–2466.

190. Boyer, P.D. The Atp synthase—A splendid molecular machine. Annu. Rev. Biochem. 1997, 66, 717–749.
[CrossRef]

191. Velours, J.; Arselin, G. The Saccharomyces cerevisiae ATP Synthase. J. Bioenerg. Biomembr. N. Y. 2000, 32, 383–390.
[CrossRef]

192. Anderson, S.; Bankier, A.T.; Barrell, B.G.; de Bruijn, M.H.L.; Coulson, A.R.; Drouin, J.; Eperon, I.C.;
Nierlich, D.P.; Roe, B.A.; Sanger, F.; et al. Sequence and organization of the human mitochondrial genome.
Nature 1981, 290, 457–465. [CrossRef] [PubMed]

193. Dautant, A.; Velours, J.; Giraud, M.-F. Crystal Structure of the Mg·ADP-inhibited State of the Yeast F1c10-ATP
Synthase. J. Biol. Chem. 2010, 285, 29502–29510. [CrossRef] [PubMed]

194. Symersky, J.; Pagadala, V.; Osowski, D.; Krah, A.; Meier, T.; Faraldo-Gómez, J.D.; Mueller, D.M. Structure of
the c10 ring of the yeast mitochondrial ATP synthase in the open conformation. Nat. Struct. Mol. Biol. 2012,
19, 485–491. [CrossRef] [PubMed]

195. Watt, I.N.; Montgomery, M.G.; Runswick, M.J.; Leslie, A.G.W.; Walker, J.E. Bioenergetic cost of making an
adenosine triphosphate molecule in animal mitochondria. Proc. Natl. Acad. Sci. USA 2010, 107, 16823–16827.
[CrossRef]

196. Schon, E.A.; Santra, S.; Pallotti, F.; Girvin, M.E. Pathogenesis of primary defects in mitochondrial ATP
synthesis. Semin. Cell Dev. Biol. 2001, 12, 441–448. [CrossRef] [PubMed]

197. Holt, I.J.; Harding, A.E.; Petty, R.K.; Morgan-Hughes, J.A. A new mitochondrial disease associated with
mitochondrial DNA heteroplasmy. Am. J. Hum. Genet. 1990, 46, 428–433.

198. Ganetzky, R.D.; Stendel, C.; McCormick, E.M.; Zolkipli-Cunningham, Z.; Goldstein, A.C.; Klopstock, T.;
Falk, M.J. MT-ATP6 mitochondrial disease variants: Phenotypic and biochemical features analysis in 218
published cases and cohort of 14 new cases. Hum. Mutat. 2019, 40, 499–515. [CrossRef]

199. Rak, M.; Tetaud, E.; Duvezin-Caubet, S.; Ezkurdia, N.; Bietenhader, M.; Rytka, J.; di Rago, J.-P. A yeast model
of the neurogenic ataxia retinitis pigmentosa (NARP) T8993G mutation in the mitochondrial ATP synthase-6
gene. J. Biol. Chem. 2007, 282, 34039–34047. [CrossRef]

200. Franco, L.V.R.; Su, C.-H.; Burnett, J.; Teixeira, L.S.; Tzagoloff, A. Atco, a yeast mitochondrial complex of Atp9
and Cox6, is an assembly intermediate of the ATP synthase. PLoS ONE 2020, 15, e0233177. [CrossRef]

201. Kabala, A.M.; Lasserre, J.-P.; Ackerman, S.H.; di Rago, J.-P.; Kucharczyk, R. Defining the impact on yeast ATP
synthase of two pathogenic human mitochondrial DNA mutations, T9185C and T9191C. Biochimie 2014, 100,
200–206. [CrossRef]

344



Life 2020, 10, 304

202. Su, X.; Dautant, A.; Godard, F.; Bouhier, M.; Zoladek, T.; Kucharczyk, R.; di Rago, J.-P.; Tribouillard-Tanvier, D.
Molecular Basis of the Pathogenic Mechanism Induced by the m.9191T>C Mutation in Mitochondrial ATP6
Gene. Int. J. Mol. Sci. 2020, 21, 5083. [CrossRef]
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Abstract: Complex I is the largest member of the electron transport chain in human mitochondria.
It comprises 45 subunits and requires at least 15 assembly factors. The subunits can be divided into
14 “core” subunits that carry out oxidation–reduction reactions and proton translocation, as well
as 31 additional supernumerary (or accessory) subunits whose functions are less well known.
Diminished levels of complex I activity are seen in many mitochondrial disease states. This review
seeks to tabulate mutations in the supernumerary subunits of humans that appear to cause disease.
Mutations in 20 of the supernumerary subunits have been identified. The mutations were analyzed
in light of the tertiary and quaternary structure of human complex I (PDB id = 5xtd). Mutations were
found that might disrupt the folding of that subunit or that would weaken binding to another subunit.
In some cases, it appeared that no protein was made or, at least, could not be detected. A very
common outcome is the lack of assembly of complex I when supernumerary subunits are mutated
or missing. We suggest that poor assembly is the result of disrupting the large network of subunit
interactions that the supernumerary subunits typically engage in.

Keywords: mitochondria; mammalian complex I; NADH dehydrogenase; complex I assembly;
complex I structure; complex I deficiency; supernumerary subunits; electron transport chain;
mitochondrial dysfunction; Leigh syndrome

1. Introduction

Mutations in the genes that encode complex I are responsible for a large fraction of all mitochondrial
diseases. For example, 20–30% of cases in childhood mitochondrial disease (MD) are related to complex
I dysfunction [1,2]. There seem to be many reasons for this. Complex I genes make up a large component
of the mitochondrial and nuclear genome. Complex I is encoded by seven mitochondrial genes (out of
13 total) and 37 nuclear genes. There are also at least 15 complex I assembly factors [3]. Mitochondrial
DNA (mtDNA) is especially prone to mutation due to insufficient DNA repair systems. All of the
various functions of complex I can be impacted by mutation. Complex I forms supercomplexes
with other members of the respiratory chain, such as complex III (cytochrome bc1) and complex IV
(cytochrome c oxidase). It is metabolically linked to the citric acid cycle by NADH and to ATP synthesis
by proton translocation. Furthermore, it is a major site of superoxide generation in mitochondria.
Therefore, mutations that alter or degrade complex I function will typically have wider effects on
mitochondrial function.

Complex I is a boot-shaped multi-subunit enzyme embedded in the inner mitochondrial membrane
(see Figure 1). Its primary role is to oxidize NADH while reducing ubiquinone and translocating
protons across the membrane. One arm extends into the matrix space, and it contains the flavin

351



Life 2020, 10, 296

mononucleotide (FMN) and all of the iron–sulfur (FeS) clusters necessary for electron transfer to
ubiquinone. The membrane arm contains subunits that translocate the protons from the matrix
space to the intermembrane space (IMS). These core functions are carried out by the fourteen “core”
subunits that appear in all known examples of complex I, including bacteria. Seven of the core
subunits are membrane-embedded, and these seven are all encoded in mtDNA: ND1, ND2, ND3,
ND4, ND4L, ND5, and ND6. The other seven core subunits are found in the matrix arm and contain
the FMN and all of the FeS clusters. NDUFV1 contains the flavin and one tetranuclear FeS cluster,
N3. NDUFV2 contains one binuclear FeS cluster N1a, which is not on the main electron transfer
path. NDUFS1 contains one binuclear FeS cluster, N1b, and two tetranuclear clusters, N4 and N5.
NDUFS8 contains two ferredoxin-like clusters, N6a and N6b. NDUFS7 contains the tetranuclear cluster
N2, which is proximal to the ubiquinone binding site. For recent reviews of complex I, see [4–7];
for supernumerary subunits, see [8].
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Figure 1. Structure of complex I with supernumerary subunits highlighted. Core subunits in
the matrix arm are colored light blue. Core subunits in the membrane arm are colored beige.
Supernumerary subunits that are described in this review are colored and labeled. Other supernumerary
subunits are white. The two views are rotated 180◦ relative to each other. The structure is from
the Protein Data Bank file 5xtd (PDB id = 5xtd) [9]. All structural images were generated using
Jmol (http://www.jmol.org).

The remaining thirty-one subunits (one is found in two copies) are supernumerary (or accessory)
subunits, and much less is known about their functions. They are typically much smaller than the core
subunits, and they are distributed on all surfaces of complex I. Some cross the membrane, while others
are localized to the matrix face or the IMS. The naming of these subunits has generally followed their
co-purification with various fractions of complex I: FV for the flavoprotein fraction, FS for the FeS
protein fraction, FA for the alpha fraction associated with the matrix arm subunits, and FB for the beta
fraction associated with the membrane proteins. The exception is NDUFAB1, the acyl carrier protein,
which resembles an enzyme in lipid biosynthesis. This subunit appears to have an essential role apart
from complex I, and it is the only protein that appears in two copies.

From an evolutionary point of view, the core subunits can be organized into three modules.
The N-module contains NDUFV1, NDUFV2, and NDUFS1, and it is defined by the source of electrons
to the complex, the substrate NADH. This module is related to various NAD-linked dehydrogenases.
The Q-module contains the remaining peripheral subunits NDUFS2, NDUFS3, NDUFS7, and NDUFS8,
as well as two membrane subunits, ND1 and ND3, that contain the remaining FeS clusters and
contribute to the ubiquinone binding site. This module is related to various membrane-bound
hydrogenases. Finally, the remaining membrane subunits, ND2, ND4, ND4L, ND5, and ND6 compose
the P-module (for proton translocating) and are related to subunits of an Na+/H+ antiporter, the Mrp
complex [10]. This grouping of subunits also corresponds to the assembly pathway. Q-module subunits
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appear to assemble first, followed by the stepwise addition of the P-module, associated with the three
major subunits ND2, ND4, and ND5. ND5 and the N-module enter the complex last.

In this review, 20 supernumerary subunits for which clinical mutations have been identified are
described (see Table 1). Some of the mutations are interpreted in light of the structure of the human
complex I (Protein Data Bank file 5xtd) or, in some cases, from other species. Some of the mutations are
likely to be null mutations in which no protein is made, but the evidence is not always clear for that.
Currently, the understanding of the effects of mutations is limited by a lack of knowledge. For example,
how do mutations in one subunit affect the stability or import of that subunit? How does the absence
of one subunit affect the expression, import, or stability of other subunits? How do mutations affect
the assembly of that subunit or of other subunits? Do supernumerary subunits have roles that can be
affected by mutation while assembly remains normal?

Table 1. Clinical missense mutations in supernumerary subunits and their surface contacts. IMS:
intermembrane space.

Location Subunit Mutated Residues Primary Contacts

N-module

NDUFA2

p. Lys45Thr
p. Glu57Ala
p. Asp50Asn
+ others *

NDUFS1

NDUFV3

p. Arg26Gln
p. Lys56Asn

p. Gly103Asp
p. Glu276Lys

NDUFV1, NDUFV2

Q-module

NDUFS4
p. Trp114Arg
p. Asp119His
+ others *

NDUFS1, NDUFS3, NDUFS8,
NDUFV1, NDUFA6, NDUFA9

NDUFS6 p. Cys115Tyr
+ others *

NDUFA9, NDUFA12, NDUFS1,
NDUFV2, NDUFS2, NDUFS8

NDUFA9 p. Arg321Pro
p. Arg360Cys

NDUFS3, NDUFS7, NDUFS4,
NDUFS6, NDUFA6

ND1- module

NDUFA1

p. Gly8Arg
p. Arg37Ser
p. Gly32Arg
p. Pro19Ser

ND1, NDUFA8

NDUFA3 Deletion of one allele ND1, ND3, NDUFS8, NDUFA8,
NDUFA13

NDUFA13 p. Arg57His ND1, ND6, NDUFS2, NDUFS5,
NDUFA3, NDUFA8

LYR proteins
NDUFA6 p. Arg64Pro

+ others *
NDUFAB1, NDUFS1, NDUFS3,

NDUSA9

NDUFB9 p. Leu64Pro
p. Arg47Leu

NDUFB1, NDUFB3, NDUFB4,
NDUFB5, NDUFB6

IMS proteins

NDUFS5 p. Pro96Ser ND2, ND4L, NDUFB5, ND6,
NDUFB13

NDUFA8
p. Arg47Cys
p. Glu109Lys
p. Arg135Gln

NDUFA13, NDUFA3, NDUFA1

NDUFB10 Glu79
p. Cys107Ser NDUFB5, NDUFB6, NDUFB11

ND2-module

NDUFA10

p. Gln142Arg
p. Leu294Pro
p. Gly99Glu
+ others

ND2, NDUFS2

NDUFC2 p. His58Leu
+ others * ND2, NDUFC1, NDUFB5, NDUFA8

353



Life 2020, 10, 296

Table 1. Cont.

Location Subunit Mutated Residues Primary Contacts

ND4-module

NDUFA11
p. Ala132Pro

p. Thr106Ile (isoform two)
+ others *

ND2, ND4, ND5, NDUFB5

NDUFB11
p. Arg134Ser
p. Glu219Lys
+ others

ND4, NDUFB10

ND5-module

NDUFB3 p. Trp22Arg
+ others NDUFB9, NDUFAB1, NDUFB2, ND5

NDUFB6 Promoter mutation NDUFB5, NDUFAB1, NDUFB9, ND5,
NDUFB10, NDUFB7

NDUFB8

p. Pro76Gln
p. Cys144Trp
p. Tyr62His
+ others *

ND5, NDUFB4, ND4, NDUFAB1,
NDUFB7, NDUFB9, NDUFB10

* Other mutations include nonsense mutations, splicing mutations, start codon mutations, insertions, and deletions.
Mutations are defined by the change in the protein (p.) and the amino acid substitution, Lys45Thr, lysine at position
45 changed to threonine. See text for more details.

2. Review of Mutations in the Supernumerary Subunits

2.1. N-Module Subunits

The first subunits to be described are two subunits that primarily have contacts to core subunits of
the N-module (see Supplementary File Table S1 for a Table of Subunit Interactions). Overall, they are
rather isolated from other supernumerary subunits, as shown in Figure 2. Beyond those similarities,
their properties appear divergent.
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Figure 2. Location of NDUFA2 and NDUFV3. Most of Complex I is colored gray. Core subunits in the
N-module arm are colored light blue (NDUFV1, NDUFV2, and NDUFS1). NDUFA2 and NDUFV3 are
shown in ribbons, with NDUFA2 colored purple and NDUFV3 colored red. The two views are rotated
180◦ relative to each other. The structure is from PDB id = 5xtd [9].

2.1.1. NDUFA2

The gene for NDUFA2 is located on chromosome 5. The protein contains 99 amino acids with a
mass of about 10.9 kDa before the processing of the amino-terminal methionine. This subunit is bound
to the matrix arm in a unique fashion, with exclusive contacts to core subunit NDUFS1. It is bound to
C-terminal domains of NDUFS1, and it is at least 40 Å from any of the FeS clusters. It has a compact
structure that resembles a thioredoxin fold and includes a flat four-stranded beta-sheet (see Figure 3).
Two Cys residues, 24 and 58, are found in the loops of the beta-sheet, but they do not appear to be
oxidized in the existing structures of mammalian complex I. Contact with NDUFS1 is primarily with
the beta-sheet region, including both Cys residues. In culture, NDUFA2 knockout cell lines have
been found to lack complex I activity, and an analysis by blue native (BN) gel electrophoresis showed
a limited assembly of the N-module—in particular, the loss of core subunits NDUFS1, NDUFV1,
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and NDUFV2 and supernumerary subunits NDUFS4, NDUFS6, NDUFA7, and NDUFV3. In a cell line
with an NDUFA2 knockout, complex I assembly is slightly affected, with a prominent band in BN gel
electrophoresis but apparently missing some subunits, probably the N-module. Complex I activity has
been found to be extremely low, consistent with a missing NADH binding site [11].
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Figure 3. Structural features of NDUFA2 from the N-module. The protein is portrayed in a purple-colored
ribbon. Sites of mutations are shown in space-filling views: Lys45Thr and Glu57Ala are mitochondrial
disease mutations (colored lime). Asn50Asp has been found in breast cancer patients (colored pink).
Two Cys residues are colored yellow.

An individual with Leigh syndrome and hypertrophic cardiomyopathy was discovered to be
homozygous with a mutation, c.208 + 5 G > A, in the NDUFA2 gene that caused a reduction in correct
splicing [12]. Normally, NDUFA2 is coded by three exons, but in this individual, most of the transcripts
lacked exon 2, causing a frameshift. No protein or transcript was found, making it a null mutation.
The patient died of cardiovascular arrest at eleven months.

Two individuals with leukoencephalopathy were discovered to have mutations in NDUFA2 [13].
One was homozygous for p.Lys45Thr, and the other had compound heterozygous mutations, p.Lys45Thr
and a deletion at Asn76, c.225del, and p.Asn76Metfs*4, thus causing a frameshift and a stop codon
after 4 codons. The first was found to have complex I deficiency and lacked an assembled complex
I in BN gel electrophoresis. This individual also had a systemic deficiency in carnitine due to a
homozygous mutation in SLC22A5. She developed focal epilepsy at six years, was wheelchair-bound
at nine years, and was last evaluated at 12 years. The second patient had a similar presentation,
including abnormal white matter in the brain. She also had movement difficulties and was last
evaluated at age four. Lys45 is found at the interface with NDUFS1 and has close contacts with several
NDUFS1 residues, including Gly376, Asp380, and Ser672. It is likely that the binding of NDUFA2 to
NDUFS1 is destabilized.

In 2020 [14], another individual was described with a homozygous mutation in NDUFA2,
p.Glu57Ala. This residue is at the interface with NDUFS1 and makes a possible ion pair with Arg382
of NDUFS1. It also makes nonbonding contacts with Gly661, Ala662, Asn663, Tyr664, Leu381, Arg382,
and Ser383, suggesting a likely disruption of binding. This individual had abnormal white matter in
the brain, microcephaly, seizures, and movement disorders. She was last evaluated at four years of age.

In a screen of breast cancer patients [15], a homozygous p.Asp50Asn mutation in NDUFA2 was
detected in one individual. This residue is not at the interface with NDUFS1, and so it perhaps does
not disrupt the assembly of the enzyme. The significance of this finding is uncertain.

2.1.2. NDUFV3

The gene for NDUFV3 is found on chromosome 21. This was the first subunit of human complex
I known to have multiple isoforms [16–18], which can be found by alternative splicing. It is not an
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essential protein, as shown by knockout studies in cell culture [11]. The loss of this gene does not
prevent the assembly of complex I, as seen in BN gels, and cells retain the ability to grow in a galactose
medium, indicative of oxidative phosphorylation activity. Exogenous NDUFV3 has been seen to
exchange with fully assembled complex I, suggesting that it can be incorporated last into the enzyme.
The more common isoform has 108 amino acids (74 after the cleavage of the transit peptide) and a mass
of 11.8 kDa, while the second isoform has 473 amino acids and a mass of about 51 kDa. Isoform two
has an additional exon between the second and the last exons of the shorter form. The additional exon
contains a serine-rich region that was found to be phosphorylated [19]. NDUFV3 is not present in
fungal complex I from Yarrowia lipolytica [7].

NDUFV3 was originally identified in the flavoprotein fraction of bovine heart complex I and now
can be seen to have primary contacts with NDUFV1 and NDUFV2 in the human enzyme. It also has
limited contact with NDUFS1 and NDUFS4. In the human model of complex I (PDB id = 5xtd) [9],
only 33 amino acids are visible, corresponding to residues 74–106. Residues 82–5 are alpha-helical.
The longer isoform has an insertion at residue 56 and retains the same C-terminus as isoform one.
Therefore, both isoforms can likely bind in the same fashion to other complex I subunits. Both isoforms
have been seen in a variety of tissues, but isoform two is more common in cultured cells and in brain
tissue [16]. Others have found that isoform one is more prevalent in bovine and murine complex I
of heart tissue, as well as that increased Km values for NADH consumption by complex I correlate
with an increased extent of the short form in heart tissue [18]. In a cross-linking study of native
mouse heart mitochondria [20], both isoforms were identified in cross-links with a surface peptide of
malate dehydrogenase, found near the NAD+ binding site. The binding of malate dehydrogenase and
several other enzymes to porcine complex I was demonstrated in 1984 [21]. Other cross-links identified
with NDUFV3 were with NDUFV1, NDUFV2, Cox7A1, and Atp5a1—the latter two supporting the
proximity of the complexes of oxidative phosphorylation.

Sequence variations have been discovered in NDUFV3 among individuals with decreased levels
of complex I activity, but none have been shown to be causative for disease. In one such cohort,
four individuals with mutations in NDUFV3 were found [22]. The first individual had p.Arg26Gln,
which would occur in the mitochondrial transit peptide and thus might affect import. A second
mutation, was found in the same individual in the mitochondrial DNA polymerase G gene POLG,
p.Gly11Asp. The second individual had the mutation p.Lys56Asn, which occurs at the splice junction
and might affect expression, but this individual also carried a mutation in AMACR, an enzyme
associated with branched-chain fatty acid metabolism, p.Val185Ala. The third individual had the
mutation p.Gly103Asp, which would occur in both isoforms, in the region that binds to other subunits.
Gly103 contacts Trp166 of NDUFS4 in a non-bonding interaction, and it is adjacent to several charged
residues. Arg104 of NDUFV3 is near Arg169 of NDUFS4 and Asp426 of core subunit NDUFS1.
Glu105 of NDUFV3 and Glu72 of NDUFV2 are nearby. Ser106 is also in this region, and it was found
to be phosphorylated in a screen of human cancer cells [23]. Therefore the p.Gly103Asp mutation
appears likely to be disruptive to the binding of NDUFV3. The fourth individual had the mutation
p.Glu276Lys, which is found only in the long form, near the sites of phosphorylation. This individual
also carried a p.Gly154Ser mutation in the core subunit NDUFS8, which is a buried residue, and that
substitution is more likely to be deleterious.

2.2. Q-Module Subunits

NDUFS4, NDUFS6, and NDUFA9 are found in the Q-module, as shown in Figure 4. They interact
with each other and with many other subunits in the matrix arm. They appear to have roles in
assembling and stabilizing the N- and Q-modules.

2.2.1. NDUFS4

The gene for NDUFS4 is found on chromosome 5. NDUFS4 is a protein that was initially found
in the iron–sulfur protein fraction of bovine heart complex I. It is synthesized as 175 amino acids,
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and after the cleavage of the mitochondrial transit peptide, the mature protein is 133 amino acids
with a mass of about 15.3 kDa. As shown in Figure 1, it is located in the matrix arm of complex I and
contacts core subunits NDUFS1, NDUFS3, NDUFS8, and NDUFV1, as well as supernumerary subunits
NDUFA6 and NDUFA9. It fits between two lobes of core subunit NDUFS1. It can be understood as
a globular protein with a mixed alpha/beta architecture and three extensions that reach towards the
chain of FeS clusters (see Figure 5). The C-terminus, in particular, is within about 9 Å of FeS clusters
N3 and N1b, found in NDUFV1 and NDUFS1, respectively. A loop ending in Met87 is within 10 Å
of FeS clusters N4 and N5 of NDUFS1, and a second loop including Met112 is pointing toward the
last three FeS clusters—N6a, N6b, and N2—but is at least 13 Å away. NDUFS4 has been found to be
phosphorylated at residue Ser173, near the C-terminus [24]. It has been suggested that this improves
the net import of the subunit by inhibiting its return to the cytoplasm. In a knockout cell line of cultured
human cells, the loss of NDUFS4 had a mild effect on assembly of complex I, causing it to migrate as a
smaller-than-normal-sized complex in BN gel electrophoresis, probably lacking the N-module [11].                   
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Figure 4. Location of NDUFS4, NDUFS6, and NDUFA9. Most of Complex I is colored
gray. Core subunits in the Q-module are colored light blue (NDUFS2, NDUFS3, NDUFS7,
and NDUFS8). NDUFS4, NDUFS6, and NDUFA9 are shown in ribbons, with NDUFS4 colored
magenta, NDUFS6 colored green, and NDUFA9 colored cyan. The two views are rotated 180◦ relative
to each other. The structure is from PDB id = 5xtd [9].

                   

 

 
                               
      ‐                    
                         

                                 
               

   

                                 
                                   

                                 
                                           
                       

                                 
                             

                ‐                      
                                   
                                   
                                     

            ‐                  
                                     

                                     
      ‐ ‐ ‐                   ‐
   

 
Figure 5. Structural features of 3 interacting subunits from the Q-module. The proteins are portrayed
in ribbons. NDUFS4 is colored magenta. The sites of two mutations in this subunit, Trp114Arg and
Asp119His, are shown in space-filling and are colored blue. NDUFS6 is colored green. The zinc bind
residues are shown in space-filling, with Cys colored yellow and His colored green. The site of the
mutation, Cys115Tyr is colored black. NDUFA9 is colored cyan, and its bound ligand NADP+ is shown
in space-filling with CPK colors (e.g., carbon gray, nitrogen blue, oxygen red, phosphorus orange).
The sites of 2 mutations, Arg321Pro and Arg360Cys, are shown in space-filling and are colored red.

357



Life 2020, 10, 296

Three human mutations in NDUFS4 from Leigh syndrome patients were examined
biochemically [25]: a duplication of AAGTC at position 466–470 of the coding sequence, a single G
deletion at position 289 (in Trp97), and a nonsense mutation, c.44 G > A, p.Trp15X, in the first exon of
the gene. Nonsense-mediated decay apparently eliminated the transcript in the second case. In the
third case, c.44 G > A, it was later determined that three alternative splice variants were produced [26].
In all three cases, the mutations were homozygous, and it was demonstrated that little or no protein
was made. An analysis of these null mutants from cultured fibroblasts showed that complex I did not
assemble by BN gel electrophoresis and that little or no activity could be measured [25].

Two clinical missense mutations have been identified in this subunit, p.Trp114Arg [27] and
p.Asp119His [28], both resulting in Leigh syndrome. Several frameshift mutations have been identified,
including the homozygous c.221delC (p.Thr74Ifs*17) and the compound heterozygous mutations
c.462delA (p.Lys154Nfs*34) and c.99-1 G > A) (p.Ser34Ifs*4), which also appear to cause Leigh
syndrome [22]. Both missense mutations are found in the loop nearest to the N2/N6ab FeS clusters.
Perhaps more importantly, this extension of NDFS4 is part of a junction of three subunits, with NDUFA9,
the NADP+ binding protein, and an extension of core subunit NDUFS3. The individual with the
p.Trp114Arg mutation was found to be homozygous for this allele, while both parents were found to
be heterozygous [27]. This individual was diagnosed with myocarditis, respiratory failure, delirium,
and basal ganglia abnormalities in the brain as seen by magnetic resonance imaging (MRI), and she
was found to have complex I deficiency. Trp114 is a conserved residue that has close contact with
Gln228 of NDUFS3 and is near several residues of core subunit NDUFS8. In the human structure
(PDB id = 5xtd), the glutamine oxygen from the sidechain is pointing into the tryptophan ring, but it
seems that the amino group would more logically assume that position. In conclusion, it seems likely
that the p.Trp114Arg mutation would be disruptive and might impact the transfer of electrons through
complex I.

The individual with the p.Asp119His mutation was compound heterozygous, with a second allele
containing a Lys154 frame shift mutation, and he died in his third year [28]. While these mutations
were found in a heterozygous situation (mother, father, and brother), there was no clinical presentation,
suggesting that both mutations contributed to declining health. In a different study, the transcript for
the frameshift allele was shown to exist, indicating that nonsense-mediated decay did not occur and
suggesting that the protein was made. Asp119 is primarily contacted by other residues in NDUFS4,
including an ion pairing with Arg75. The closest contact with subunit NDUFA9 is residue Lys45 at
a distance of over 5 Å. Therefore, it is likely that the Asp119His substitution would be deleterious.
If we assume that the frameshift mutation would produce a protein that is truncated at residue 154,
that would remove a small but highly conserved domain that normally interacts with NDUFV3,
and with core subunits NDUFV1, NDUFV2, and NDUFS1, in the vicinity of the FeS clusters N3 and
N1b. Even this loss of about 20 amino acids would appear to be disruptive, and it seems possible that
the truncated protein might be found at lower-than-normal levels due to instability.

2.2.2. NDUFS6

The gene for NDUFS6 is located in chromosome 5 and contains four exons. The protein has
124 amino acids before the N-terminal 28 are cleaved upon entry to the mitochondrion. The original
mass is 13.7 kDa. The protein is bound to the matrix arm and has two domains connected by a
short alpha-helix, residues 67–75 (see Figure 5). The N-terminal domain, residues 29–66, is closer to
the membrane and primarily contacts subunits NDUFA9 and NDUFA12. The C-terminal domain,
residues 76–124, contains several short beta-strands and is in contact with core subunits NDUFS1,
NDUFV2, NDUFS2, and NDUFS8. A zinc ion is bound by three cysteines and one histidine that are
part of a C–X8–H–X7–C–X2–C motif with Cys87, Cys112, Cys115, and His96. The significance of the
bound zinc is not clear, but this subunit is found not only in the fungal Y. lipolytica enzyme [29,30]
but also in some bacterial enzymes (e.g., Paracoccus denitrificans) [31]. In cell culture, the knockout
of NDUFS6 results in a mild assembly defect in which complexes of somewhat smaller size with a
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reduced oxidative phosphorylation capacity are seen [11]. In Y. lipolytica, the knockout of the NDUFS6
gene results in a complex lacking NDUFA12 and the N4 FeS cluster. Complementation with constructs
lacking one of the zinc binding residues failed to regenerate the wild-type activity, suggesting a role in
the incorporation of this FeS cluster [29].

The first mutations associated with NDUFS6 were described in 2004 [32]. Three individuals
presented with lethal neonatal mitochondrial complex I deficiency and died within days of birth.
Two were siblings with homozygous mutations, c.186 + 2 T > A, which affected splicing, leading to
26 bp of intronic RNA incorporated at the exon 2/3 junction, causing a frameshift and a protein
predicted to be 71 amino acids. A small amount (3%) of normally spliced transcript was also found.
The third individual was also homozygous, with a deletion of 4.75 kb that removed exons 3 and 4.
This individual died five days after birth.

A mutation in one of the residues that bind zinc, p.Cys115Tyr, was found in two different
families [33]. The affected individuals, two from each family, presented with fatal neonatal lactic
acidemia and died within a few days of birth. All were homozygous for this allele.

Two additional mutations in NDUFS6 were identified, first in 2017 [34] and then again in 2019 [35]
when a more extensive analysis was done. Both were characterized as having Leigh syndrome,
and the individuals were compound heterozygous, carrying both mutant alleles, c.309 + 5 G > A
and c.343 C > A (p.Cys115Arg). The individual analyzed in 2019 lived for eleven months. It was
determined that the splicing error led to a transcript missing exon 3, but that a small amount of
normally spliced form was present. Complex I assembly was very limited, as indicated by BN gel
electrophoresis. The mutation of Cys115 to Arg or Tyr could disrupt the folding of the protein and its
binding to the matrix arm, which could have led to the loss of the FeS cluster N4, as was shown to
happen in the fungal Y. lipolytica enzyme [29].

2.2.3. NDUFA9

The gene for NDUFA9 is located on chromosome 12. It is encoded as a protein of 377 amino
acids, about 42.5 kDa, but the N-terminal 35 amino acids are cleaved upon entry to the mitochondrion.
The protein contains two domains, one being a Rossmann fold with an NADP+ bound to the C-terminal
ends of the parallel beta-strands of the central sheet. A second domain, which contacts the NADP+,
is largely alpha-helical. The second domain is largely C-terminal, and the Rossmann fold is largely
N-terminal, except for two helices have been domain-swapped (see Figure 5). This protein is related to
a family of short chain dehydrogenases, as first identified by Fearnley and Walker [36]. It is also one of
the proteins that undergoes conformational changes in the active/deactive transition, as seen in mouse
(PDB id = 6g2j, 6g72) [37] and sheep open and closed structures [38]. NDUFA9 is found at the junction
of the Q-module and the membrane arm. It primarily has contact with core subunits NDUFS3 and
NDUFS7, as well as with NDUFS4, NDUFS6, and NDUFA6. It also has minor contact with the core
subunits ND1, ND3, ND6, NDUFS1, and NDUFS8. There is no evidence that this subunit exhibits any
enzyme activity.

A human cell line was established with a knockout of NDUFA9 using transcription activator-like
effector nucleases (TALEN) technology [39]. A clear assembly defect was discovered in which an
880 kDa complex was transiently seen, but a more stable 600 kDa complex was later found. The latter
complex had the membrane arm subunits and some of the Q-module subunits of the matrix arm. In a
more comprehensive study of all supernumerary subunits [11], the same group later established that
levels of N-module subunits decreased the most in cell lines with the NDUFA9 knockout. The offered
interpretation was that NDUFA9 is important for stabilizing the binding of the N-module to the
Q-module during assembly. The complex seen in cells with the NDUFA9 knockout was smaller
than those seen when NDUFS4 or NDUFS6 were knocked out, indicating that the Q-module was
also destabilized.

Two missense mutations have been discovered in patients. The first was p.Arg321Pro, a homozygous
mutation found in a boy of consanguineous parents [40]. He had complications in respiration after
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birth, with lactic acidosis and vision and hearing loss. He died after one month of respiratory failure,
and it was classified as Leigh syndrome. An analysis of cultured fibroblasts showed very low levels
of NDUFA9, and several other subunits, as well as essentially no assembled complex I in BN gel
electrophoresis. Arg321 is found in the NADP+ binding pocket near the nicotinamide end but not in
contact with it. It does not contact any other subunits, as it is completely buried. Therefore, it is likely
that the substitution to Pro would disrupt the folding of the subunit and render it unable to properly
bind to the assembling complex I.

The second discovered mutation also involved a homozygous Arg mutation, p.Arg360Cys [41].
This patient first exhibited symptoms of dystonia at age seven, leading to a loss of speech and becoming
wheelchair-bound. His conditions stabilized in adulthood. A biochemical analysis did not reveal
any metabolic disease, but an MRI of his brain revealed atrophy consistent with Leigh syndrome.
An analysis of fibroblast mitochondria revealed reduced levels of complexes I and IV by BN gel
electrophoresis, as well as reduced levels of several complex I subunits by immunoblotting. Complex I
activity was 17–61% of control samples. Complementation with wild-type NDUFA9 confirmed that
this mutation was causative for the reduced complex I activity. Arg360 is near the C-terminus of the
subunit and is sandwiched between Trp361 of NDUFA9 and Tyr78 of ND6, a core subunit. A similar
arrangement is seen in the mouse structure of the active conformation [37], except that Glu80 of ND6
is also involved. This junction between NDUFA9 and ND6 appears to be disrupted in the deactive
conformation, as shown in the mouse structure [37] in which the C-terminus of NDUFA9 is not visible
and is perhaps disordered. A similar situation has been seen in the higher resolution structures
from sheep [38] in which the loops between NDUFA9 and ND6 are formed in the closed structures
(PDB id = 6zko and 6zkc), while these loops, including Arg360 are disordered in the open structures
(PDB id = 6zkd, 6zke, 6zkf, 6zkp, and 6zkr). Therefore, it is possible that even if the p.Arg360Cys
subunit can assemble, it might be less able to undergo conformational changes during turnover, and so
activity would decrease.

2.3. ND1-Module Subunits

Three membrane subunits from the “heel” of complex I are described next: NDUFA1, NDUFA3,
and NDUFA13, as shown in Figure 6. These subunits are part of the ND1-module for assembly.
Each crosses the membrane once. NDUFA3 interacts with the transmembrane domain of NDUFA13,
while NDUFA1 interacts with NDUFA13 in the IMS.
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Figure 6. Location of NDUFA1, NDUFA3, and NDUFA13. Most of Complex I is colored gray.
Core subunits in the ND1-modules are colored light blue (ND1). NDUFA1, NDUFA3, and NDUFA13
are shown in ribbons, with NDUFA1 colored blue, NDUFA3 colored orange, and NDUFA13 colored
pink. The two views are rotated 180◦ relative to each other. The structure is from PDB id = 5xtd [9].

2.3.1. NDUFA1

The NDUFA1 gene is located on the X chromosome. The NDUFA1 subunit, also known as
MWFE, contains 70 amino acids and has a mass of 8.0 kDa. It is a single-pass transmembrane protein
that lies at the junction of the membrane and matrix arms of complex I. The N-terminus lies at the
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matrix surface. The protein consists of two separate domains: residues 1–31 form an alpha-helix
that is situated in a groove between the first and seventh transmembrane helices of core subunit
ND1. The C-terminal domain lies in the IMS and contains an alpha-helix (residues 42–56) and a short
3–10 helix (residues 65–70). This domain primarily contacts NDUFA8 (see Figure 7). A Ser residue is
phosphorylated at position 55, but the significance of this modification remains unknown [42]. In a
knockout strain of cultured human cells, the loss of NDUFA1 resulted in a reduced expression of
complex I, and it migrated as a smaller-than-normal-sized complex in BN gel electrophoresis [11].
NDUFA1 mainly contacts core subunit ND1 and supernumerary subunit NDUFA8, but it also weakly
contacts core subunit ND6 and supernumerary subunits NDUFS5, NDUFS8, and NDUFA13.
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Figure 7. Structural features of ND1-module subunits. The proteins are portrayed in ribbons. ND1 is in
the background and colored light gray. NDUFA1 is colored blue with the sites of 4 mutations, Gly8Arg,
Pro19Ser, Gly32Arg, and Arg37Ser, shown in space-filling and colored yellow. NDUFA3 is shown in
orange. No point mutations have been discovered yet. NDUFA13 is colored pink. The site of one
mutation, Arg57His, is shown in space-filling and colored black.

Four clinical mutations have been identified in this subunit: p.Gly8Arg, p.Arg37Ser, p.Gly32Arg,
and p.Pro19Ser, and so would be hemizygous in males. The p.Gly8Arg mutation was identified in
two half-brothers diagnosed with Leigh syndrome who both died in infancy [43]. The brothers had
different biological fathers but shared a mother who carried the p.Gly8Arg mutation. The older brother
developed psychomotor retardation at nine months and generalized hypotonia and choreoathetosis.
At 19 months of age, brainstem lesions were observed, and the patient died from cardiorespiratory
failure. The younger brother presented with axial hypotonia, vertical rolling nystagmus, choreoathetosis,
and bilateral lesions. He developed respiratory insufficiency at 13 months of age and died at 14 months
of age from cardiorespiratory arrest. The family pedigree shows that three maternal uncles had died of
an unknown disease. The severity of the disease is reflected in the structural importance of the Gly8
residue on NDUFA1. Gly8 lies in the conserved hydrophobic N-terminal region of NDUFA1. Gly8 is
in loose contact with residues Thr23, Lys26, and Leu43 in core subunit ND1. The substitution of the
glycine for an arginine would be disruptive to interactions in this region.

The p.Arg37Ser mutation was identified in a boy who was diagnosed with generalized hypotonia,
myoclonic epilepsy, and cerebellar atrophy [43]. His clinical evolution stabilized, and he was still
living at 10 years old. His mother was a heterozygous carrier for the p.Arg37Ser mutation. BN gel
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electrophoresis demonstrated a low level of complex I formation, and muscle cells showed 15–30% of
the normal level of complex I activity. The loss of a positive charge may disrupt the local structure or
affect the phosphorylation of the subunit at Ser55. Arg37 contacts two residues from supernumerary
subunit NDUFA8: it forms a hydrogen bond with Ser22 and is in contact with Gln92. It is also located
near Asp90 and Gly93 from NDUFA8. Furthermore, according to mouse active (PDB id-6g2j) and
deactive (PDB id = 6g72) structures [37], the residue may engage in different intermolecular interactions
depending on the state of complex I, although this was not seen when comparing open and closed
structures from the ovine enzyme [38].

The p.Gly32Arg mutation has been well-studied. Three separate clinical studies have been
performed on this mutation. The first study [44] focused on two male patients who were maternal
cousins from the same healthy non-consanguineous family. One patient experienced deterioration
of motor and verbal skills at age four and an unsteady gait, retinitis pigmentosa, and cerebellar
atrophy at age seven. His cousin developed an ataxia and proximal muscle weakness at age five and
myoclonic seizures and bilateral sensorineural hearing loss at age 10. Both probands had mothers
who were heterozygous carriers. Both men had lived into their thirties when the study was conducted.
A six-year-old boy was also found to carry the p.Gly32Arg mutation [45]. Though the age of onset
was not recorded, he experienced episodic neuroregression and encephalopathy but was seizure-free.
His family pedigree was unknown. This finding is in concordance with the fact that the p.Gly32Arg
mutation is not as deleterious as the p.Gly8Arg mutation. In 2011, a female patient with a heterozygous
p.Gly32Arg mutation was identified [46]. She did not show signs of deficiency until 11 months of age,
when she developed an X-linked respiratory chain deficiency in skeletal muscle tissue. She developed
frequent upper airway infections and experienced somnolence and muscle hypotonia during these
illnesses. However, at age five, she showed nearly normal psychomotor development. Though there
was only a 25% expression of the normal allele in her skeletal muscle tissue, she showed a relatively
mild clinical phenotype. It is hypothesized that X-inactivation due to selection advantage may have
favored the expression of the normal allele. Neither her mother nor her father had the p.Gly32Arg
mutation, suggesting that the mutation arose spontaneously. The fact that all four patients carrying the
p.Gly32Arg mutation survived into adulthood may be attributed to the fact that Gly32 in NDUFA1
lies in the membrane near the cytoplasmic side and is not located at the interfaces of NDUFA1 and
other subunits.

In 2014, a patient diagnosed with Leigh syndrome and mitochondrial respiratory chain disorder
(MRCD) was discovered to have the p.Pro19Ser mutation [47]. The age of onset was five years old,
but before 10 months of age, the boy had already experienced hypotonia, nystagmus, generalized
epilepsy, and high blood lactate and pyruvate levels. Pro19 in NDUFA1 is a highly conserved in
vertebrates and lies in the N-terminal membrane spanning helix (Pro7–Arg28). The residue contacts
Leu9, Pro12, and Met91 of core subunit ND1 in the membrane region of the bilayer, and the substitution
of the polar serine for proline could be deleterious.

2.3.2. NDUFA3

The NDUFA3 gene is located on chromosome 19. The NDUFA3 protein is a 9.3 kDa protein
that consists of 83 amino acids. It is a single-pass protein located in the inner mitochondrial
membrane. It lies in the junction between the membrane and matrix arms of complex I and contains a
kinked transmembrane alpha-helix domain that spans residues 17–35 and 37–49. During processing,
the initiator methionine is cleaved, and Ala at position 2 is N-acetylated by analogy with the bovine
enzyme [48]. NDUFA3 contacts core subunits ND1, ND3, and NDUFS8. Additionally, it contacts
supernumerary subunits NDUFA8 and NDUFA13 (see Figure 7). In a knockout strain of cultured
human cells, the loss of NDUFA3 resulted in a reduced expression of complex I and migrated as a
smaller-than-normal-sized complex in BN gel electrophoresis [11]. An earlier study demonstrated the
role of NDUFA3 in the assembly of the Q-module of complex I [49].
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Though no clinical mutations in NDUFA3 have been identified yet, it has been shown that the full
deletion of the NDUFA3 gene, along with other genes on chromosome 19, results in retinitis pigmentosa
(RP), a disorder caused by photoreceptor cell degeneration. It is characterized by vision loss following
night-blindness. In 2006, a family was identified as carrying a 30 kb deletion in chromosome 19 [50].
The family members afflicted with RP contained at least one copy of chromosome 19 that lacked a
region containing genes NDUFA3, TFPT, PRP31, and the OSCAR promoter. The ages of onset of the
RP symptoms varied from 3 to 30 years of age. Surprisingly, the patients were not afflicted by any
disease other than RP. From this study, the absence of symptoms relating to complex I deficiencies
suggests that only one copy of the gene for NDUFA3 may be sufficient for complex I activity.

Similarly, in 2011, another family was discovered to harbor a 112 kb deletion that encompassed
the PRP31 gene and five of its upstream genes: TFPT, OSCAR, NDUFA3, TARM-1, and VSTM-1 [51].
Only one family member, a 33-year-old female, was diagnosed with RP. Once again, the RP patient
showed no signs of complex I deficiency, and the authors suggested that one copy of NDUFA3 was
sufficient for complex I activity.

2.3.3. NDUFA13

The NDUFA13 gene is located on chromosome 19. NDUFA13 is a unique complex I subunit
because it functions as a cell-death regulatory protein, GRIM-19, as well. It has been suggested
that GRIM-19 regulates STAT3, a signal transducer and transcription activator, and is involved in
interferon-β- and retinoic acid-induced cancer cell death [52]. For this reason, although NDUFA13
is mainly found in the inner mitochondrial membrane as a single-pass membrane protein, it can
also be translocated to the nucleus to serve its apoptotic purpose. NDUFA13 is a 16 kDa protein
synthesized as a 144-residue polypeptide, but the initiator methionine is removed during processing.
It has a transmembrane alpha helix that spans residues 30–51 (see Figure 7). NDUFA13 has a longer
alternate isoform that exists as a 222-residue polypeptide. NDUFA13 shares a large contact surface area
with core subunits ND1, ND6, and NDUFS2, NDUFS5, NDUFA3, and NDUFA8. It weakly contacts
ND3, NDUFS8, and supernumerary subunits NDUFA1 and NDUFA7. In a knockout line of cultured
human cells, the loss of NDUFA13 resulted in a reduced expression of complex I, and it migrated as a
smaller-than-normal-sized complex in BN gel electrophoresis [11]. Furthermore, when homozygous
GRIM-19-deficient mice were generated, embryonic lethality resulted [53].

At least two diseases have been associated with mutations in NDUFA13. In 2015, a pair of sisters
were discovered to harbor the first pathogenic germinal mutation identified in the short isoform one of
NDUFA13, p.Arg57His (c.170 G >A in exon 2) [54]. Both sisters were homozygous for the mutation and
presented with early onset hypotonia, dyskinesia, auditory neuropathy, and severe optic neuropathy.
The patients were siblings who had been born from a consanguineous marriage. Their parents and
elder sister were heterozygous for the p.Arg57His mutation and asymptomatic. The sisters were still
living in 2015, the elder sister being 12 years old at the time. Though the sisters experienced early-onset
neurological symptoms, the progression of neurological symptoms has been slow. Arg57 is a highly
conserved residue across species. Upon biochemical analysis, NDUFA13 expression was reduced by
a mean of 70% in the two sisters. Additionally, NDUFA9 and NDUFB8 expression was reduced by
95% and 90%, respectively. Due to the absence of intermediary complex I structures in the BN gel
electrophoresis, the p.Arg57His mutation was concluded to cause major instability in NDUFA13 and
prevent complex I assembly. It was suggested that the varied clinical symptoms in these sisters could
be attributed to the dual function of NDUFA13/GRIM-19.

Somatic mutations in the long isoform two of NDUFA13 have been implicated in Hurthle cell
thyroid tumors. Isoform two of NDUFA13 has 222 amino acids instead of 144 amino acids like isoform
one. In 2005, four unrelated patients with Hurthle cell thyroid carcinomas were found to harbor four
different heterozygous missense mutations that affected the N-terminal sequence of NDUFA13 [55].
Because the patients’ transcripts arose from an alternate reading frame and coded for isoform two,
a structural analysis of these mutations cannot be performed.
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2.4. LYR Family Subunits

Two subunits from the LYR family are described next: NDUFA6 and NDUFB9, as shown in
Figure 8. These proteins have the LYR sequence motif, which helps them bind to one of the two acyl
carrier proteins, NDUFAB1. They also bind the substrate 4′-phosphopantethiene for the acyl carrier
proteins. They are found on the matrix side of the membrane arm.
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Figure 8. Location of NDUFA6 and NDUFB9. Most of Complex I is colored gray. They are shown in
ribbons, with NDUFA6 colored yellow and NDUFB9 colored lime. The two views are rotated 180◦

relative to each other. The structure is from PDB id = 5xtd [9].

2.4.1. NDUFA6

The gene for NDUFA6 is located on chromosome 22. The encoded protein has 128 amino acids,
with a mass of about 15.1 kDa. This subunit is found on the matrix arm. Its tertiary structure resembles
a four-helix bundle in which the fourth helix is pulled away from the other three (see Figure 9a).
Helices 1 and 2 interact with one of the two NDUFAB1 subunits, which are also known as the acyl carrier
proteins and presumed to be involved in fatty acid biosynthesis. The short C-terminal helix interacts
with core subunit NDUFS1, while core subunit NDUFS3 and supernumerary subunit NDUFA9 interact
with both the N-terminal helices and the extended C-terminus. Thus, NDUFA6 bridges the N- and
Q-modules. NDUFA6 is a member of the LYR family [56], whose members are known to interact
with large mitochondrial complexes. Leu35 of the LYR motif fits inside the bundle of three helices,
while Tyr36 and Arg37 contact NDUFAB1. In knockout cell lines, the assembly of full-size complex I
was diminished, as seen in BN gel electrophoresis, and the levels of all subunits associated with the
N-module of the peripheral arm were decreased by two-fold [11].
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Figure 9. Structural features of the LYR proteins, NDUFA6 and NDUFB9. (a) NDUFA6 (colored yellow)
is shown with its partner NDUFAB1 (colored gray), known as one of the two acyl carrier proteins
(ACPs). NDUFA6 binds the 4′-phosphopantethiene (4′-PPT) analog substrate for the ACP. Tyr36 and
Arg37 of the LYR motif are shown in space-filling and colored cyan. The site of the Arg64Pro mutation
is shown in space-filling and colored blue. (b) NDUFB9 (colored lime) is shown with its partner
NDUFAB1 (colored gray), the other one of the two ACPs. NDUFB9 binds the 4′-PPT analog substrate
for the ACP. Tyr20 and Lys21 of the LYR motif are shown in space-filling and colored pink. The site of
the Arg64Pro mutation is shown in space-filling and colored magenta.
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Mutations in NDUFA6 have been described for four individuals, though only recently [57].
The most severe of the illnesses occurred in an individual with compound heterozygous mutations:
p.Arg64Pro and c.265 G > T, a nonsense mutation at Glu89. An analysis of tissue demonstrated almost
no fully assembled complex I and almost no in-gel activity in BN gel electrophoresis. This individual
died after about two days. Tissue from two other individuals was analyzed and showed low levels of
assembled complex I with activity in BN gel electrophoresis. Residue Arg64 is ion-paired with Asp111
of NDUFAB1 and is near Asp92 of NDUFAB1 and Tyr36 of the LYR motif of NDUFA6. The adjacent
Ser112 of NDUFAB1 is part of the catalytic site of the acyl carrier enzyme and is bound by a substrate
in the human structure (PDB id = 5xtd) [9].

The second individual was homozygous for a two-nucleotide deletion at Glu111, c.331_332del,
resulting in 35 altered amino acids before a stop codon appeared [57]. This transcript was found at
normal levels, thus indicating the lack of nonsense-mediated decay, presumably because it occurs in
the last of three exons near the normal termination codon. If this transcript was translated, the protein
would lack the C-terminal alpha-helix that interacts with core subunit NDUFS1. The third individual
was homozygous for a c.3 G > A, substitution in the start codon. It was suggested that a transcript
starting from an upstream Met codon, as predicted by another isoform, might have permitted some
expression of a functional protein. Both individuals showed low levels of fully assembled complex
I with activity, and their outcomes were only somewhat better than the first, with abnormal white
matter in the brain, a loss of movement and vision, and seizures. The fourth individual was compound
heterozygous with two frameshift mutations: p.Met104Cysfs*35 and p.Leu119Tyrfs*20. This child died
in infancy, and no biochemical analyses were performed.

2.4.2. NDUFB9

The gene for NDUFB9 is located on chromosome 8. It is encoded as a protein of 179 amino acids,
with a mass of about 21.8 kDa. The N-terminal Met is likely removed, and other possible modifications
include the acetylation of Ala2 [58] and the phosphorylation of Ser85 [59]. NDUFB9 is a peripheral
protein that is bound to the matrix side of core subunit ND5, with significant contacts to NDUFAB1,
one of the acyl carrier proteins (see Figure 9b), and to NDUFB3, NDUFB4, NDUFB5, and NDUFB6.
The protein is U-shaped, with each arm consisting of a three-helix bundle and pointing away from ND5.
NDUFB9, along with NDUFA6, is a member of the LYR protein family, characterized by a Leu–Tyr–Arg
motif near the N-terminus. In the case of NDUFB9, the motif is Leu19–Tyr20–Lys21, and it is found in
the N-terminal alpha-helix. The acyl carrier protein NDUFAB1 fits between the two helical domains
and binds to Tyr20 and Lys21 of this motif. In a cell line in which NDUFB9 was knocked out, complex I
failed to assemble [11].

In 2012, a large-scale mutation-screening identified two patients who carried NDUFB9
mutations [60]. One patient, who presented with lactic acidemia and muscular hypotonia, was homozygous
for the missense p.Leu64Pro. This residue is found in the third helix and packs against the first helix in the
N-terminal three-helix bundle. Complex I activity was about 39% of the normal activity. After lentiviral
rescue with a wild-type NDUFB9 gene, both complex I activity and levels of other complex I subunits
were restored to normal levels. A second individual was found to carry the heterozygous mutation
Arg47Leu, but this mutation was not found in a sibling with similar symptoms and could not be
rescued by the complementation with a wild-type NDUFB9 gene. Therefore, it was concluded that
illness was due to another gene.

2.5. Subunits of the Twin C–X9–C Family in the IMS

Complex I has four proteins that are members of the twin C–X9–C family and three with identified
mutations that are described next: NDUFS5, NDUFA8, and NDUFB10, as shown in Figure 10. All are
found in the IMS. They are substrates of the IMS oxidoreductase CHCHD4, also known as hMia40,
which is essential for the export of FeS clusters from the mitochondrial matrix [61].

365



Life 2020, 10, 296

                   

 

                   

                               
                           

                                   
                             

 
                             

                         
                             

                                 

   

                                 
                               

                             
                                       
                             

                           
                    ‐          
      ‐                            

        ‐                
                ‐        

           
                         
                           
                             
                               

          ‐ ‐ ‐ ‐       ‐            
                                 
                               
                           
                                   
                               

     

   

                                   
                                     

                         

Figure 10. Location of NDUFS5, NDUFA8, and NDUFB10. Most of Complex I is colored gray. NDUFS5,
NDUFA8, and NDUFB10 are shown as ribbons, with NDUFS5 colored red, NDUFA8 colored green,
and NDUFB10 colored blue. They are found facing the intermembrane space. The two views are
rotated 180◦ relative to each other. The structure is from PDB id = 5xtd [9].

2.5.1. NDUFS5

The gene for NDUFS5 is found on chromosome 1. The protein contains 106 amino acids, with a
mass of 12.5 kDa. In cultured human cell lines, the knockout of NDUFS5 completely eliminates
the assembly of complex I [11]. Though this protein was initially identified with the iron–sulfur
protein fraction of bovine complex I, it is now known to be localized to the IMS and does not
contact any proteins with FeS clusters. NDUFS5 is bound to the surface of the membrane and lacks
transmembrane helices. It has a limited tertiary structure and includes a helix–coil–helix with two
C–X9–C sequence motifs that form two disulfides between the two alpha-helices at residue pairs 33–66
and 43–56. Another alpha-helix is formed by residues 70–86, but the rest of the protein has little regular
secondary structure. The N-terminal domain (2–30) primarily contacts core subunits ND2 and ND4L,
and supernumerary subunit NDUFB5, while the C-terminal domain (70–106) primarily contacts core
subunit ND6, and NDUFB13.

One missense mutation in NDUFS5 has been reported in a compound heterozygous individual,
p.Pro96Ser [22]. This individual has a second mutation in core subunit NDUFS8, p.Arg2Cys, of unknown
consequence. These mutations were identified in a cohort of 103 patients with complex I deficiency.
Pro96 in NDUFS5 is highly conserved among vertebrates and appears as the third Pro in an unusual
sequence motif of Pro-Pro-Pro-His-His near the C-terminus. In human complex I (Video S1),
Pro96 contacts Thr129 of NDUFA13. There is a nearby ion pair between Lys101 of NDUFS5 and Glu89
of NDUFA13. Somewhat different interactions can be seen in the mouse complex I in both active and
deactive conformations [37]. Therefore, it seems likely that this missense mutation would disrupt local
structure, but it is not clear that it would be deleterious to complex I assembly. The mutation in NDUFS8,
p. Arg2Cys, should also be considered, as it might be defective, for example, in translation initiation.

2.5.2. NDUFA8

The gene for NDUFA8 is located on chromosome 9. The protein has 172 amino acids with a mass
of about 20 kDa, and the initial methionine is cleaved. NDUFA8 is found in the IMS and has large
contact surfaces with supernumerary subunits NDUFA13, NDUFA3, and NDUFA1, and it is near core
subunit ND1. It has two pairs of alpha helices, each having two pairs of Cys residues that likely form
disulfides (see Figure 11). They have characteristic spacings of either 9 or 11 amino acids between the
cysteine residues. In the human structure (PDB id = 5xtd), not all disulfides are shown as formed, but it
is likely that they do form in the IMS: C36–C66, C46–C56, C78–C110, and C88–C100. In the mouse
structures (PDB id = 6g2j and 6g72), they are shown as disulfides [37]. The N-terminal residues 2–22
are extended and interact with NDUFA13, NDUFS5, and NDUFA1. The C-terminal region extends
from residues 113 to 172 without a regular secondary structure. It makes an interesting junction with
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NDUFC2 and NDUFB5 in a conserved multi-centered ion pair including Arg166 of NDUFA8, Asp86 of
NDUFC2, and Glu153 of NDUFB5.

                   

 

                                     
                               

                                 
                                   
                                  ‐  

                        ‐  
                               
                ‐            
               

 
                               

                               
                        ‐      

                          ‐  
                           

                        ‐        

                         
                               
                       
          ‐                    

                               
                             

                           
                   

                     
                             

                                 
                                     

                           
                                 
                       
                           

                           
                               

                                     
                                   
                     

  

Figure 11. Structural features of NDUFA8, a member of the twin C–X9–C. The proteins are portrayed in
ribbons. NDUFA8 is colored green, NDUFC2 is colored gold, and NDUFB5 is colored blue. In NDUFA8,
the eight Cys residues that form disulfide bonds are shown in space-filling and colored yellow. The sites
of three mutations, Arg47Cys, Glu109Lys, and Arg135Gln, are shown in space-filling and colored black.
NDUFB5 makes contact near Arg47, and both NDUFB5 and NDUFA8 contact NDUFC2. The site of
one mutation in NDUFC2, His58Leu, is shown in space-filling and colored red.

At least three missense mutations have been described in NDUFA8. The p.Arg47Cys mutation
was described in a patient that was homozygous, having received a mutant allele from each parent,
who were heterozygous and asymptomatic [62]. This individual presented with developmental delay
and epilepsy, and they were bed-ridden by age 26. Fibroblasts showed reduced levels of NDUFA8,
as well as other complex I subunits, and reduced complex I activity. The mutation creates an additional
Cys residue next to Cys46, which possibly leads to incorrect disulfide bond formation. In addition,
Arg47 has multiple interactions within the NDUFA8 subunit, as well as with NDUFA13 and NDUFB5,
which would be disrupted in the mutant p.Arg47Cys.

The second individual was compound heterozygous with p.Glu109Lys in NDUFA8 and
p.Ala224Val in core subunit NDUFS2 [63]. The transcript for the mutant NDUFA8 subunit was
not found, and so the mutation might have affected its stability. Ala224 in the core subunit NDUFS2 is
highly conserved and is found near Cys 153 and 160 of a FeS cluster, and so this substitution might
also have been deleterious. The infant showed neonatal hypotonia and died at two months.

The third individual was found in a screen of patients with reduced complex I levels [22].
Two potential deleterious mutations were discovered. First was a heterozygous mutation p.Arg135Gln
in NDUFA8, and second was a homozygous mutation p.Leu229Pro in C20orf, a spindle assembly
factor for microtubles. Since the individual showed decreased levels of complex I activity, the NDUFA8
mutation was implicated, but it was not clear whether the spindle assembly factor had any impact on
complex I levels. Arg135 is highly conserved, and it makes an ion pair with Glu59, also a conserved
amino acid of NDUFA8. Glu59 is near the disulfide formed by Cys46 and Cys56. This ion pair is
exposed on the IMS and does not contact any other subunits.

2.5.3. NDUFB10

The gene for NDUFB10 is located on chromosome 16. The NDUFB10 protein has 172 amino acids
and a mass of 20.8 kDa. It lacks a mitochondrial import sequence. It is one of four IMS proteins found in
complex I, and all have four cysteine residues that form two disulfide bonds. In NDUFB10, two cysteine
residues, Cys78 and Cys107, are found near the ends of a long alpha-helix (M77–E111). These cysteine
residues form disulfides with nearby cysteines, connected to the long helix by loops of 6–11 residues.
Cys78 forms its disulfide with Cys71, and Cys107 forms its disulfide with Cys119. In addition, there is
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another cysteine, Cys145, conserved among vertebrates, and of unknown significance. The import of
NDUFB10 is dependent upon its oxidation by CHCHD4/Mia40 and its formation of correct disulfide
bonds [64]. NDUFB10 also contains three additional alpha-helices, two C-terminal ones and one
N-terminal one. These extensions allow it to contact many subunits in the vicinity of ND4 and
ND5. It primarily contacts NDUFB5, NDUFB6, and NDUFB11, with lesser contact to ND4, ND5,
and NDUFC2. In an analysis of cultured cells, the knockout of NDUFB10 resulted in a loss of complex
I assembly and, especially, the ND4/5 modules.

One individual with mutations in NDUFB10 was studied [64]. She was compound heterozygous
with a paternally inherited termination codon at Glu70 of NDUFB10 and a maternally inherited
p.Cys107Ser substitution. This infant presented with lactic acidosis and cardiomyopathy and survived
for only about one day. An analysis revealed reduced levels of complex I activity, reduced levels
of in-gel assays of complex I in BN gels, and the presence of the Cys107Ser protein in the cytosol.
The transcript of the nonsense allele was not found by RT-PCR. Cys107 is not near any other subunits,
the closest being NDUFB5, NDUFB6, and NDUFB11. Given the healthy status of the parents, it appears
that the Cys107S mutant does not have a dominant negative phenotype. Rather, it primarily does not
enter the mitochondrion, and if another allele is available, complex I can assemble without difficulty.

2.6. Subunits of the ND2-Module

The next two subunits to be described are members of the ND2-module: NDUFA10 and NDUFC2,
as shown in Figure 12. NDUFA10 is a globular protein bound on the matrix side, while NDUFC2 is a
membrane protein. These two subunits have contacts on the matrix side of the membrane.
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Figure 12. Location of NDUFA10 and NDUFC2. Most of Complex I is colored gray. Core subunits
in the ND2-module are colored light blue (ND2). NDUFA10 and NDUFC2 are shown in ribbons,
with NDUFA10 colored red and NDUFC2 colored gold. The two views are rotated 180◦ relative to each
other. The structure is from PDB id = 5xtd [9].

2.6.1. NDUFA10

The gene for NDUFA10 is found on chromosome 2. The encoded protein has 355 amino acids and
a mass of about 40.8 kDa, with 35 N-terminal amino acids cleaved upon entry to the mitochondrion.
Structurally, NDUFA10 has been identified as a member of the deoxynucleoside kinase (dNK) family [8],
with the dNK domain (also known as the PF01712 family in the Pfam database), although it is unlikely
to be an active enzyme. The protein is compact with a four-stranded parallel beta-sheet surrounded by
numerous alpha-helices (see Figure 13). The human structure (PDB id = 5xtd) [9] did not reveal any
ligands, but adenosine nucleotides have been found at the C-terminal ends of the beta-sheet in a pocket
surrounded by alpha-helices in the mouse (PDB id-6g2j) [37] and sheep [65] structures. NDUFA10
is found on the matrix side of the membrane and primarily interacts with core subunits ND2 and
NDUFS2. These interactions with the extended N-terminus of NDUFS2, and the matrix-side peripheral
helices of ND2 are all centered over the C-terminal sector of ND2, which contains the broken helix that
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is part of the proton translocation pathway. NDUFA10 also makes limited contact with the N-terminal
regions of NDUFC1, NDUFC2, and NDUFB11 on the matrix side.
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Figure 13. Structural features of two subunits from the ND2-module. NDUFA10, colored red,
and NDUFC2, colored gold, are portrayed in ribbons. The site of one mutation, His48Leu in NDUFC2,
is shown in space-filling and colored blue. The sites of three mutations in NDUFA10—Gly99Glu,
Gln142Arg, and Leu294Pro—are shown in space-filling and colored yellow. The site of phosphorylation
by PINK1, Ser250, is shown in space-filling and colored cyan. NDUFA10 likely binds an adenosine
nucleoside, not shown.

In knockout human cell line BN gel electrophoresis, only faint bands of complexes containing
primarily membrane subunits are seen [11]. Perhaps because of its contacts with a Q-module,
core subunit NDUFS2, and a core membrane subunit ND2, along with subunits at the interfaces of
ND2/ND4 (NDUFC1 and NDUFC2) and of ND4/ND5 (NDUFB11), it appears to be a key subunit in
assembly. Residue Ser250, which is found on the matrix surface, was reported to be phosphorylated by
the kinase PINK1 [66], a kinase that is known to be imported into the mitochondrial matrix space [66,67].
This is a conserved amino acid, and phosphorylation appears to be important for complex I activity.

Three reports of clinical mutations in NDUFA10 have been described. The first patient had
compound heterozygous mutations including one allele in which the start codon was changed to GTG,
and a second in which p.Gln142Arg occurred [68]. This individual showed developmental problems
at 10 months and was eventually diagnosed with Leigh syndrome. It is likely that the first mutation
would significantly impair the translation unless an alternative start codon were available. The second
mutation is found in the interior of the protein, and so the Arg likely disrupts the packing of the protein,
especially because of the positive charge.

The second patient was a boy with Leigh syndrome who, in a screen, was determined to
have compound heterozygous mutations: p.Leu294Pro and c.383_384insTAA (p.Ser218delinslS) [27].
These were found to be inherited from the father and mother, respectively. The latter mutation would
likely lead to a degraded mRNA or protein. The former mutation p.Leu294Pro resides on an alpha-helix
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at an interior location. The substitution of Leu by Pro might be disruptive, as this alpha-helix contacts
two distinct regions of ND2. The immunoblotting of fibroblasts showed reduced levels of NDUFA10.

The third patient was initially diagnosed as having a nonlethal infantile mitochondrial disorder,
and the mutation was discovered in a screen [69]. This individual developed brain lesions and was
considered to have Leigh syndrome. His parents were third cousins, and DNA sequencing revealed
him to be homozygous for p.Gly99Glu, while both parents were heterozygous for the same mutation.
A deltoid muscle biopsy showed significant reduction of complex I activity (about 40–70% of normal
levels). This amino acid is packed against the N-terminal amino acids of NDUFC1, and so the
introduction of the negatively-charged Glu could disrupt the assembly of the membrane arm.

2.6.2. NDUFC2

The gene for NDUFC2 is located on chromosome 11. The NDUFC2 protein is 119 amino acids,
with a mass of 14.2 kDa. It is a double-pass transmembrane protein that contacts core subunit ND2,
with both termini on the IMS side of the membrane. From the N-terminus, the protein enters the
membrane in a non-helical stretch from Ser 19 to Arg29, and then residues 29–47 are alpha-helical.
The second crossing of the membrane is alpha-helical from residues 56–97, extending into the IMS.
NDUFC2 also contacts NDUFC1, NDUFB5, and NDUFA8 (see Figure 11), and it is part of the ND2
assembly module. NDUFC1 has a special role in sealing NDUFC2 from the lipid bilayer, with its
single transmembrane helix parallel to the long helix of NDUFC2 and very limited contact to any other
subunits in the membrane. The extension of the long alpha-helix into the IMS, residues 84–97, is the
region that contacts NDUFA8 and NDUFB5 (see Figure 11). On the matrix side it contacts NDUFA10
(see Figure 13).

Mutations of NDUFC2 in three patients from two families were reported in 2020 [70]. The patients
presented with symptoms of Leigh syndrome and reduced complex I activity but had different outcomes.
In both families, the parents were healthy consanguineous first cousins and were heterozygous for the
mutations. In one family, the mutation was a deletion of 22 base pairs near the C-terminus at residue
His116, p.His116_Arg119delins21. This would cause a frame shift and elimination of the normal stop
codon at position 120. It was not clear how long the new reading frame would be. The transcript of
this gene was identified at low levels, but the immunoblotting of fibroblast samples was negative,
suggesting the degradation of the protein or a lack of expression. Little or no complex I was seen in
native gels. Complexome profiling found evidence of Q-module assembly and ND4-module assembly
but little else of complex I subunits. The daughter had no seizures and survived until at least age six,
while her brother passed away at three years of age.

In the second family, the mutation was p.His58Leu. This patient had normal transcript levels
but only slightly more evidence of complex I assembly. His58 is found on the matrix side of the
membrane and starts the long helix that crosses the membrane. It sits between Val44 of NDUFC1 and
Trp353 of NDUFA10 and is very near the phosphate group of a bound lipid. In the mouse structure
(PDB id = 6g2j), the corresponding His59 is even more tightly packed between NDUFC1 and NDUFA10
residues, suggesting that a Leu substitution could be deleterious. This child had impaired growth and
seizures and passed away at eight months.

NDUFC2 has a unique position in complex I. It is embedded in the membrane near the ND2-ND4
junction but contacts two subunits that are embedded at distant sites, with long extension to NDUFC2:
NDUFA8 is found at the “heel” of the complex I boot, in the IMS, while NDUFB5 is found at the
junction of ND4-ND5. Interactions in this network of subunits appear to be essential for complex
I assembly.

2.7. Subunits Form the ND4-Module

Two subunits from the ND4-module are described next: NDUFA11 and NDUFB11, as shown in
Figure 14. Both are membrane proteins but are found on alternate sides of ND4 and do not contact
each other.
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Figure 14. Location of NDUFA11 and NDUFB11. Most of Complex I is colored gray. Core subunits
in the ND4-module are colored light blue (ND4). NDUFA11 and NDUFB11are shown in ribbons,
NDUFA11 colored blue and NDUFB11 colored purple. The two views are rotated 180◦ relative to each
other. The structure is from PDB id = 5xtd [9].

2.7.1. NDUFA11

The NDUFA11 gene is located on chromosome 19. NDUFA11 is a 14.7 kDa protein with four
transmembrane helices and little exposure outside the membrane. NDUFA11 has two isoforms. The first
isoform contains 140 amino acids after the cleavage of the initiator methionine and is N-acetylated at
Ser2. It consists of five alpha helices: a short helix is found on the IMS side, followed by membrane
spanning helices 3–11, 17–45, 48–82, 87–106, and 107–137. NDUFA11 contacts the core subunits ND2,
ND4, and ND5, as well as the supernumerary subunit NDUFB5. The second isoform is rare and
contains 228 amino acids. In a previous study, it was found that the knockdown of NDUFA11 by
RNA interference (siRNA) in human cell culture led to partially assembled subcomplexes visualized
by blue native gels [71]. It was concluded that NDUFA11 acts like an assembly factor in complex I.
Furthermore, it was shown that, in a knockout strain of cultured human cells, the loss of NDUFA11
resulted in no expression of complex I in BN gel electrophoresis [11].

The first identified NDUFA11 clinical mutation, a G to A mutation at the exon-intron junction
(exon 1-IVS1) donor splice site, c.99+ 5 G>A, was identified in 2008 [72]. Six patients from three unrelated
families were products of consanguineous marriages and were found to be homozygous for the mutation.
They were clinically affected with either fatal infantile lactic acidemia or encephalocardiomyopathy.
Though heterozygotes were identified in two families, all family members besides the patients
were healthy. The patient from Family A and the two patients from Family B had similar clinical
presentations. They all developed severe metabolic acidosis and hyperlactatemia within 10–24 h of
age. All three patients from Families A and B died from acidosis within 6–40 days of age. In Family
C, three patients were homozygous for this splice mutation. They experienced slow psychomotor
development, hypertrophy of myocardial walls, acidosis, and generalized brain atrophy. Two out of
the three patients from Family C died at 18 months and four years of age, but the third patient from
this family lived until at least six months of age. The presence of both wild-type and mutant mRNA
transcripts in the patients’ fibroblasts indicates that the varied clinical presentation may have been
caused by variable splicing that produced variable mutant/wild-type transcript ratios. They suggested
that normal splicing would have produced a protein that was responsible for the detected activity,
while alternative splicing would have yielded a nonfunctional protein.

In 2019, a two more NDUFA11 clinical mutations, p.Ala132Pro and p.Thr106Ile, were found
in isoform two of NDUFA11 [73]. These mutations were found simultaneously in a compound
heterozygote patient with mitochondrial myopathy. The patient developed late-onset symptoms of a
neuromuscular disorder, bilateral hearing loss, saccadic eye movements, and proximal leg weakness.
The good health of the patient’s offspring and the absence of neuromuscular disease in the patient’s
family history suggested that these two mutations were spontaneous. In contrast to isoform one,
NDUFA11 isoform two is rare and appears in skeletal muscle. Thus, a mutation in isoform two may
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only lead to mild muscular impairment. The structure of this rare isoform of NDUFA11 has not
yet been determined, so we cannot confirm that the mutation causes a structural disruption within
this subunit.

2.7.2. NDUFB11

Similar to NDUFA1, the NDUFB11 gene is located on the X chromosome. It has three exons. It is
synthesized as a 153 amino acid protein with a mass of about 17.3 kDa, but its first 29 amino acids serve
as a transit peptide that is cleaved off during processing. NDUFB11 is a single-pass membrane protein
with the N-terminus on the matrix side and one helix that spans residues 80–107, followed by another
helix into the IMS of residues 115–132 (see Figure 15). Its N- and C-termini are extended and point in
the same direction, like a letter C. It has a large contact surface with core subunit ND4 and NDUFB10,
but it also weakly contacts core subunit NDUFS2, NDUFA10, NDUFB5, and NDUFC2. In a knockout
line of cultured human cells, the loss of NDUFB11 resulted in almost no assembly of complex I [11].
Furthermore, NDUFB11 short-hairpin RNA (shRNA) knockdown in HeLa cells on complex I resulted
in decreased expression of subunit NDUFB8, the failure of the membrane arm and the holocomplex
to assemble, and decreased oxygen consumption. Moreover, NDUFB11 reduction was associated
with decreased cell growth and increased apoptosis. For this reason, cell death caused by NDUFB11
mutations may be responsible for embryonic lethality in males and developmental defects in female
patients [74].
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Figure 15. Structural features of NDUFB11 of the ND4-module. The proteins are shown as ribbons,
with NDUFB11 colored purple and ND4 colored light gray. The sites of two mutations are shown in
space-filling, Phe93 (a deletion) and Glu121Lys (in the IMS).

Two studies conducted in 2015 found that nonsense mutations in NDUFB11 are associated with
histiocytoid cardiomyopathy (histiocytoid CM) and microphthalmia with linear skin defects syndrome.
Clinical characteristics of histiocytoid CM, an arrhythmogenic disorder, are incessant ventricular
tachycardia, cardiomegaly, and sudden death within the first two years of life. The study did not
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expand on specific patient symptoms or survival. In the first study, two unrelated female patients with
histiocytoid CM were identified to harbor de novo nonsense mutations in NDUFA11 [74]. The first
patient had a mutation that changed Tyr108 to a stop codon (c. 324 T > G). The second patient had
a mutation that changed Trp85 to a stop codon (c. 255 G > A). Both mutated residues are located
in exon 2 of NDUFB11. The authors concluded that these de novo mutations result in a dominant
haploinsufficient phenotype, which contrasts with the Mendelian recessive inheritance pattern of many
complex I deficiencies.

In the second study, two female patients were discovered with microphthalmia and linear
skin defects syndrome (MLS) [75]. MLS is an X-linked disease found exclusively in females and is
embryonically lethal in males. Both patients presented with linear skin defects but not microphthalmia.
Patient 1 was heterozygous for a de novo nonsense mutation, c.262 C > T in exon 2, that changed Arg88
to a premature stop codon. Besides MLS and histiocytoid CM, she experienced additional symptoms
such as axial hypotonia, failure to thrive, oncocytic metaplasia, and histiocytoid cardiomyopathy.
She died at six months of age from cardiac arrest. This mutation was also identified in a later
study [76]. Patient 2 was heterozygous for an inherited one base-pair deletion, c.402delG in exon
3, that caused a p.Arg134Ser mutation and changed Val136 to a premature stop codon. She was
observed to have corpus callosum agenesis and dilated lateral ventricles during the fetal stage and
experienced seizures, cardiomyopathy, myopia, nystagmus, severe psychomotor developmental delay,
and muscular hypotonia after birth. She was still living at seven years of age. Her mother was a
healthy carrier of the mutation. Though the authors of the previous study [74] concluded that one copy
of wild-type NDUFB11 was not sufficient for normal cell function, the existence of a heterozygous,
healthy carrier of a NDUFB11 deletion contradicts this conclusion. We conclude that the variable
outcomes for females might be due to mosaicism; phenotypic differences may depend on which tissues
receive the wild-type NDUFB11 due to X-inactivation. After Patient 2′s birth, her mother was pregnant
with another fetus who had the same frameshift mutation. The fetus had to be aborted due to severe
intrauterine growth retardation. Only wild-type NDUFB11 transcripts were found in the fibroblasts
and leukocytes of Patient 1 and Patient 2, indicating that the two mutations resulted in no transcript or
expression of NDUFB11.

Another NDUFB11 mutation was found in 2016 [27]. A male patient who harbored a hemizygous
de novo mutation (c.361 G > A, p.Glu121Lys) presented with lethal infantile mitochondrial disorder
(LIMD), heart and respiratory failure, and complex I deficiency. There was no NDUFB11 expression in
the patient’s fibroblasts, and he died 55 h after birth. Glu121 is a highly conserved residue. It lies on
the intermembrane space side of complex I and sits between Arg124 and Tyr117 of the same subunit
and near His50 of NDUFB10.

Additionally in 2016 [77], another mutation in NDUFB11 was discovered in five males from
four families in a screen of patients with congenital sideroblastic anemia. The mutation was a
three-nucleotide deletion, c.276_278del, p.F93del, occurring in three consecutive phenylalanine codons
(TTC). These three Phe occur in the membrane helix between ND4 and NDUFB5 (see Figure 15). It is
possible that the deletion could be partially accommodated by the chain of three consecutive Phe
residues. The subjects ranged from 2 to 76 years of age, and many had associated symptoms of short
stature, congenital optic atrophy, myopathy, and lactic acidosis.

2.8. Subunits from the ND5-Module

Finally, three subunits are next described from the ND5-module: NDUFB3, NDUFB6, and NDUFB8,
as shown in Figure 16. These subunits do not interact directly with each other, but they serve to
enclose the distal end of complex I on all sides. In particular, NDUFB8 clamps the lateral helix of core
subunit ND5.

373



Life 2020, 10, 296

                   

 

        ‐  

                ‐        
                                 

                                   
         

 
                               
      ‐                      

                           
                                     

   

                                 
              ‐                        

                        ‐           ‐
              ‐       ‐            

                             
                               
                                         
    ‐           

                               
                           

                               
                               

                     
                             

                       
                          ‐    

                                 
                         

                             
                         

                                         
                               

        ‐ ‐         ‐    
                             

                         
                   

Figure 16. Location of NDUFB3, NDUFB6, and NDUFB8. Most of Complex I is colored gray.
Core subunits in the ND5-module are colored light blue (ND5). NDUFB3, NDUFB6, and NDUFB8 are
shown in ribbons, with NDUFB3 colored violet, NDUFB6 colored salmon, and NDUFB8 colored pink.
The two views are rotated 180◦ relative to each other. The structure is from PDB id = 5xtd [9].

2.8.1. NDUFB3

The gene for NDUFB3 is found on chromosome 2. The encoded protein has 99 amino acids with a
mass of about 11.4 kDa. The N-terminal Met appears to be cleaved. NDUFB3 is found at the distal end
of complex I near core subunit ND5. It has a small N-terminal domain composed of three alpha-helices
on the matrix side, and the C-terminus forms an alpha-helix, residues 62–89, that crosses the membrane.
NDUFB3 contacts NDUFB9 and NDUFAB1 on the matrix side, as well as NDUFB2 and core subunit
ND5, primarily in the membrane region. In knockout cell lines, the absence of NDUFB3 was found to
result in the near total loss of complex I assembly and a reduction in the level of subunits from both N-
and ND5 assembly modules [11].

Two mutations have been identified in the gene for NDUFB3 among over 10 individuals. In a
report from [78], p.Trp22Arg appeared as a homozygous mutation in a girl who exhibited intrauterine
growth retardation and premature birth at 31 weeks. She died at four months of age. Very low levels of
complex I activity (<15%) were measured in fibroblasts, and this phenotype was rescued by lentivector
complementation. A second individual was identified with compound heterozygous mutations:
p.Trp22Arg and p.Gly70X [79]. The level of complex I activity was <25% of normal, and the individual
exhibited muscular hypotonia, developmental delay, and lactic acidosis. In fibroblasts, complex I
activity could be recovered by the ectopic expression of wild-type NDUFB3, though not either mutant
form. The health status of this individual was not reported. In contrast, two more recent reports
have identified the p.Trp22Arg mutation in older and seemingly healthier individuals. Ten children,
up to 10 years of age, were identified as homozygous carriers of p.Trp22Arg in NDUFB3 [80].
These individuals with short statures and prominent foreheads ranged from 10 months to 10 years
in age, and their complex I activity levels ranged from 25 to 35% of normal levels. Various levels
of assembled complex I were seen from these individuals using blue native gel electrophoresis.
More recently, a 32-year-old previously diagnosed with non-alcoholic steatohepatitis was discovered
to be homozygous p.Trp22Arg [81]. This individual had reduced levels of complex I activity (<30% of
normal) and suffered from oculomotor dysfunction with optic nerve anomalies, episodes of lactic
acidosis during surgical interventions, and progressive fatigue.

The latter two studies emphasized that the context of these two mutations in NDUFB3 appears to
be significant. The level of complex I activity, and its assembly, is likely on the borderline between
tolerable and deleterious. Trp22 is found in a conserved region of NDUFB3 on the matrix side of
the membrane. The NH side chain of Trp is in position to H-bond to the OH side chain of Tyr85 of
NDUFAB1. It also makes nonbonding interactions with Arg45 and Gln46 of NDUFB2. Therefore,
the mutation to the positively charged Arg is likely to be disruptive. The second mutation, p.Gly80X,
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occurs in the last exon and so is not likely to trigger nonsense-mediated decay. This residue occurs
in the transmembrane region, and the stop codon would truncate the protein and eliminate the
transmembrane helix. Gly70 is flanked by Lys69 and Lys72, which probably demarcates the matrix
end of the lipid bilayer. Thus, it seems possible that the truncated NDUFB3 would retain some ability
to assemble and provide normal interactions on the matrix side.

2.8.2. NDUFB6

The NDUFB6 gene is located on chromosome 9. NDUFB6 is a single-pass membrane protein with
its N-terminus found on the matrix side. It is a 15 kDa protein with 127 amino acids, with residues
6–26 forming an alpha helix on the matrix side and residues 56–92 forming an alpha-helix that crosses
the membrane. Its initiator methionine is removed during processing. Furthermore, it contains an
N-acetylated threonine at residue 2 [58] and a N6-acetylated lysine at residue 24 by analogy with
mouse [82]. NDUFB6 contacts NDUFB5, NDUFAB1, and NDUFB9 on the matrix side, core subunit
ND5 in the membrane, and supernumerary subunits NDUFB7 and NDUFB10 in the IMS. In a knockout
strain of cultured human cells, the loss of NDUFB6 resulted in no assembly of complex I [11].

It has been established that insulin-resistance and type 2 diabetes are associated with reduced
NDUFB6 expression [83]. To date, only one polymorphism has been found in NDUFB6 [84].
This polymorphism, rs629566 (A/G or G/G), is located in the promoter region of the NDUFB6
gene. It changes the DNA sequence at position 544 from CA to CG. This polymorphism introduces a
fourth potential methylation site in the promoter of the NDUFB6 gene. The introduction of a fourth
methylation site resulted in increased DNA methylation at the NDUFB6 gene promoter and decreased
NDUFB6 mRNA expression in the muscle of elderly patients. As predicted, elderly patients with the
rs629566 G/G genotype had lower NDUFB6 mRNA expression than elderly patients with the A/G
genotype. Surprisingly, young patients with the A/G polymorphism had the same level of NDUFB6
mRNA expression as young patients with the wild-type A/A gene. Moreover, young patients with the
G/G genotype actually had the highest levels of NDUFB6 mRNA. Thus, it was concluded that age
significantly affects NDUFB6 DNA methylation and influences NDUFB6 expression.

Furthermore, it has been suggested that NDUFB6 is a possible tumor suppressor of metastatic
clear cell renal cell carcinoma (ccRNC) [85]. In an analysis of 50 primary ccRNC samples, copy number
alteration at the 9p24.3–p13.3 region (the chromosomal region in which NDUFB6 gene is located)
was found to strongly correlated with poor ccRNC prognosis. Patients missing this chromosomal
region had higher cancer recurrence rates, higher metastasis rates, and lower survival rates. It was
determined that NDUFB6 expression was downregulated in primary ccRNC samples due to gene copy
number loss. More focused experimentation revealed that when NDUFB6-encoded lentiviruses were
transduced into a ccRNC cell line, cell proliferation was suppressed. Consequently, it was observed that
siRNA knockdown of NDUFB6 led to cell proliferation with the same cell line. The study concluded
that loss of region 9p24.1–p13.3 results in NDUFB6 downregulation, which causes cell proliferation in
metastatic ccRNC tumors.

2.8.3. NDUFB8

The NDUFB8 gene is located on chromosome 10. The NDUFB8 subunit is initially synthesized
with 186 residues and a mass of about 22 kDa, but the first 28 residues serve as a transit peptide and
are cleaved off during processing. NDUFB8 is a single-pass protein with the C-terminus in the IMS
and the N-terminus in the matrix (see Figure 17). It is located near the end of complex I, and its single
transmembrane span lies near ND5. The helix residues (126–151) are not conserved, but the small
domains on each side of the helix are much more conserved. On the matrix side NDUFB8 mainly
contacts core subunit ND5 and NDUFB4, but it also contacts core subunit ND4 and NDUFB9. On the
IMS side, NDUFB8 contacts NDUFB7 and NDUFB10. In a knockout strain of cultured human cells,
the loss of NDUFB8 resulted in no assembly of complex I [11].
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Figure 17. Structural features of NDUFB8 from the ND5-module. The sites of three mutations in
NDUFB8 are shown in space-filling. NDUFB8 is colored pink, while the sites of Pro76Gln and Tyr62His
are shown in blue on the matrix side, and Cys144Trp is shown in yellow. The Cys279 of ND5 is shown
in orange, and it appears to form a disulfide with Cys144 of NDUFB8.

In 2018, two unrelated compound heterozygous patients with biallelic NDUFB8 mutations were
identified to have Leigh-like encephalomyopathy [86]. At three months of age, Patient 1 showed
symptoms of failure to thrive, muscle hypotonia, and elevated lactate levels. Patient 2 began to show
these symptoms at six months of age. Similar to patients with Leigh syndrome, both patients showed
symmetrical basal ganglia and capsula interna lesions. Hypertrophy of the left cardiac ventricle was
observed in Patient 1, and he died at 15 months of age. Patient 2 was still alive at six years of age.

Patient 1 harbored a p.Pro76Gln mutation and a p.Cys144Trp mutation. Pro76 is located within a
highly conserved region. The residue lies on the matrix side above the lateral helix of core subunit ND5,
and it is near core subunit ND4. Cys144 is found within the membrane domain. Though it is weakly
conserved, it appears to form a disulfide with Cys279 of chain ND5. Surprisingly, it was discovered that
the p.Cys144Trp mutation generated a new exonic splicing silencer (ESS). The Human Splicing Finder
algorithm was used to identify the ESS, and Sanger sequencing revealed that exon 4 (Met105–Val156)
was skipped in the NDUFB8 transcript, thus confirming the splice defect. Nevertheless, 14% of total
cDNA from Patient 1 contained the p.Cys144Trp missense mutation, indicating that while skipping
exon 4 is favored, normal splicing also occurs at a lower frequency. Upon the analysis of respiratory
chain activity in Patient 1′s muscle tissue and BN gel electrophoresis in a muscle biopsy sample,
isolated complex I deficiency was confirmed.

Patient 2 carried a p.Tyr62His mutation and a loss-of-function deletion Glu63Aspfs*35 (c. 189delA).
Tyr62 is completely surrounded by mostly conserved residues of NDUFB8 and is located in the same
conserved region as Pro76; the two residues are only 4–5 Å distant from each other. Furthermore,
the side chain hydroxyl group of Tyr62 forms a hydrogen bond with the side chain and backbone
oxygen atoms of Asp74 in NDUFB8. Thus, although His is a fairly conserved substitution for Tyr,
His substitution would likely be disruptive at this residue. Complex I deficiency in Patient 2 was
observed through the BN gel electrophoresis of muscle homogenate. The complementation of both
mutant cell lines was tested using the lentiviral expression of wild-type NDUFB8. Cells from Patient 1
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showed normal levels of complex I activity by in-gel assays after BN gel electrophoresis, and normal
levels of the NDUFB8 subunit by immunoblotting. Cells from Patient 2 did not grow well enough for
such analysis, but both cell lines showed complementation in assays using microrespirometry and
flow cytometry.

3. Conclusions

This review has discussed 20 of the 30 supernumerary subunits of human complex I. Missense and
various other point mutations have been described for 17 of the subunits. One subunit, NDUFV3,
has several known amino acids substitutions, but there is no evidence that they are causative for disease.
All of the mutations, the diseases they are associated with, and their effects on assembly of complex I
are summarized in Table 2. The gene of one subunit NDUFA3 was completely deleted, along with
several neighboring genes. This provided evidence for haplosufficiency, since no mitochondrial disease
characteristics occurred in those individuals. The gene for another subunit NDUFB6 had a mutation in
the promoter, resulting in a change in the expression level.

Table 2. Summary of mutations with associated diseases and effects on assembly.

Gene Mutation (DNA) Mutation (Protein) Diagnosis Assembly 1 Reference

NDUFA2

c.A170 C p.Glu57Ala Microcephaly
Leukoencephalopathy NT [14]

1. c.134 A > C
2. c.225del

1. p.Lys45Thr
2. p.Asn76Metfs*4 2 Leukoencephalopathy NT [13]

c.134 A > C p.Lys45Thr Leukoencephalopathy
•

Smaller
complex

[13]

c.208 + 5 G > A mRNA not detected
Leigh syndrome,

hypertrophic
cardiomyopathy

• [12]

NDUFV3

1. c.77 G>A
2. POLG: c.32 G > A

1. p.Arg26Gln
2. POLG:

p.Gly11Asp
Complex I deficiency NT [22]

1. c.168 A > C
2. POLG: c.2492 A > G
3. ND1 m3946 A > G

1. pLys56Asn
2. POLG:

p.Tyr831Cys
3. ND1: p.Glu214Lys

Complex I deficiency NT [22]

c.308 G > A p.Gly103Asp Complex I deficiency NT [22]

1. c.826 G > A
2. NDUFS8:c.460 G > A

1. p.Glu276Lys
2. NDUFS8:
p.Gly154Ser

Complex I deficiency NT [22]

1. c.168 A > C
2. AMACR: c.554 T > C

1. pLys56Asn
2. AMACR:
p.Val185Ala

Complex I deficiency NT [22]

NDUFS4

AAGTC at 466–470
duplication frameshift Leigh-like disease • [25]

c.G289*del p.Tyr97* 2 Leigh-like disease • [25]

c.G44 A Splicing variants, no
protein detected Leigh-like disease • [25]

1. c.355 G > C
2. c.462delA

1. p.Asp119His
2. p.Lys154Asnfs*34 Leigh syndrome Smaller size [28]

1. c.99-1 G > A
.2. c.462delA

1. p.Ser34Ilefs*4
2. p.Lys154Asnfs*34 Leigh syndrome NT [22]

c.340 T > C p.Trp114Arg Leigh syndrome NT [27]

c.221delC p.Thr74Ilefs*17 Leigh syndrome NT [22]

377



Life 2020, 10, 296

Table 2. Cont.

Gene Mutation (DNA) Mutation (Protein) Diagnosis Assembly 1 Reference

NDUFS6

c.344 G > A p.Cys115Tyr Neonatal lactic
acidemia NT [33]

c.186+2 T > A

Affected splice site,
eventually leading to

premature
termination

Lethal infantile
mitochondrial

disease
NT [32]

1. c.343 C > A
2. c.309 + 5 G > A

1. p.Cys115Arg
2. Loss of exon 3, but

some normally
spliced

Leigh syndrome • [34,35]

NDUFA9
c.962 G > C p.Arg321Pro Leigh syndrome • [40]

c.1078 C > T p.Arg360Cys Leigh syndrome •• [87]

NDUFA1

c.22 G > C p.Gly8Arg Leigh syndrome •• [43]

c.55 C > T p.Pro19Ser Leigh syndrome • [47]

c.111 G > C p.Gly32Arg Mitochondrial
encephalopathy •• [44,46,88]

c.251 G > C p.Arg37Ser Myoclonic epilepsy •• [43]

NDUFA13 c.170 G > A p.Arg57His Mitochondrial
encephalopathy • [54]

NDUFA6

1. c.191 G > C
2. c.265 G > T

1. p.Arg64Pro
2. p.Glu89*

Auditory and optic
neuropathy

•

Lacking N-
and Q-

modules

[57]

c.331_332del p.Glu111Serfs*35 Mitochondrial-related
infantile death

•

Lacking N-
and Q-

modules

[57]

c.3 G > A p.Met1Ile Brain disorder

•

Lacking N-
and Q-

modules

[57]

1. c.309del
2. c.355del

1. p.Met104Cysfs*35
2. p.Leu119Tyrfs*20 Leukoencephalopathy NT [57]

NDUFB9
c.140 G > T p.Arg47Leu.

(heterozygous) Complex 1 deficiency ••• [60]

c.191 T > C p.Leu64Pro Complex 1 deficiency • [60]

NDUFS5 1. c.286 C > T
2. NDUFS8:c.4 C > T

1. p.Pro96Ser
2. NDUFS8:
p.Arg2Cys

Complex I deficiency NT [22]

NDUFA8

1. c.404 G > A
2. C20orf: c.686 T > C

1. p.Arg135Gln
2. C20orf:

p.Leu229Pro
Complex I deficiency NT [22]

c.139 C > T p.Arg47Cys Microcephaly and
epilepsy • [62]

1. c.325 G > A
2. NDUFS2: c.671 C > T

1. p.Glu109Lys,
mRNA not found

2. p.Ala224Val

Neonatal hypotonia
and epilepsy NT [63]

NDUFB10 1. c.319 T > C
2. c.206_207insT

1. p.Cys107Ser
2. p.Glu70X

Fatal lactic acidosis,
cardiomyopathy • [64]

NDUFA10

1. c.1 A > G
2. c.425 A > G

1. p.Met1Val
2. p.Gln142Arg Leigh syndrome • [68]

1. c.891 T > C
2. c.383_384insTAA

1. p.Leu294Pro
2. p.Ser218delinslS Leigh syndrome NT [27]

c.296 G > A p.Gly99Glu Leigh syndrome NT [69]

NDUFC2
c.346_*7del p.His116_Arg119delins21 Leigh syndrome • [70]

c.173 A > T p.His58Leu Leigh syndrome • [70]
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Table 2. Cont.

Gene Mutation (DNA) Mutation (Protein) Diagnosis Assembly 1 Reference

NDUFA11

c.99 C + 5 G > A
G to A mutation at
exon 1-IVS1 splice

junction

Encephalocardiomyopathy
and fatal infantile

lactic acidemia
NT [72]

1. c.317 C > T
2. c.394 G > C

1. p.Thr106Ile
(isoform two)

2. p.Ala132Pro

Neuromuscular
disorder NT [73]

NDUFB11

c.324 T > G p.Tyr108*
Histiocytoid

cardiomyopathy, and
microphthalmia

NT [74]

c. 255 G > A p.Trp85*
Histiocytoid

cardiomyopathy, and
microphthalmia

NT [74]

c. 262 C > T p.Arg88*
Histiocytoid

cardiomyopathy, and
micropthlamia

NT [75]

c.402delG p.Arg134Serfs*2 Microphthalmia and
cardiomyopathy NT [75]

c.361 G > A p.Glu121Lys
Lethal infantile
mitochondrial

disorder
• [27]

c.276_278del p.F93del
Congenital optic

atrophy and
myopathy

NT [77]

NDUFB3

1. c.64 T > C
2. c.208 G > T

1. p.Trp22Arg
2. p.Gly70X

Muscular hypotonia
and lactic acidosis • [79]

1. c.64 T > C p.Trp22Arg Muscular hypotonia
and lactic acidosis •• [78,81,89]

NDUFB8

1. c.227 C > A
2. c.432 C > G

1. p.Pro76Gln
2. p.Cys114Trp Leigh-like disease • [86]

1. c.184 C > G
2. c.189delA

1. p.Tyr62His
2. p.Glu63Aspfs*35 Leigh-like disease •• [86]

1 Assembly: ••• normal or near normal; •• intermediate level; • little or no assembly. NT: not tested.
When 2 mutations are listed, they are two alleles of the same gene, or if indicated, one is a second gene. See the
text for more details. 2 p.Asn76Metfs*4 is a frameshift mutation at codon 76 that converts Asn (AAT) to Met (ATG)
with a stop codon appearing 4 codons downstream. p.Tyr97* is a nonsense mutation at Tyr76 to TAG.

Among the 17 subunits that were found to have missense or other point mutations, nearly all
were homozygous or compound heterozygous and therefore lacked a normal allele. This supports the
likely general trend of haplosufficiency. One exception might be in NDUFB11, which is found on the
X chromosome. We suggest that mosaicism in female patients due to X-inactivation might explain
variable outcomes from heterozygous null mutations. To resolve such questions, it is important to
extensively sequence the genome to identify other possible mutations related to the disease state.
Another discrepancy was found to occur in NDUFB3, in which one girl with one homozygous mutation
died in infancy [78]; meanwhile, several boys with the same mutation, in the hemizygous form,
survived into adolescence and adulthood [80]. Deep sequencing might be the answer, again to try to
identify other mutations.

Among the missense mutations, many are found at subunit interfaces. Such mutations are
predicted to negatively impact assembly, at least local assembly. Others are found at interior sites of the
proteins, and it can be predicted that protein folding will be disrupted and lead to a nonfunctional state,
an effect similar to that of a gene knockout. The results of the knockouts of each of the supernumerary
subunits in cell culture [11] have demonstrated that most are essential for complex I assembly. The same
general trend can be seen with missense mutations in the supernumerary subunits. Essential subunits
might include those that serve to stabilize the structure of complex I or that might act as chaperones in
the assembly process. In recent years, analyses of complex I assembly have increased, but there have
not been a great number of mutants analyzed at sufficient depth. The network of interactions among
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supernumerary subunits, as well as with core subunits, suggests that the instability of complex I might
reflect a cooperative assembly and binding of the subunits. The loss of one supernumerary subunit
could impact multiple other subunits such that assembly is not completed. Even if complex I is able to
assemble, its stability might be marginal, eventually leading to a loss of function.

In conclusion, the increasingly high-resolution structures of complex I from human and other
species have helped to interpret the possible roles of the supernumerary subunits and the loss of
function due to mutation. Unbiased DNA sequencing will be necessary to find all of the mutations
that might exist in various disease states, as illustrated by the mutations discovered in NDUFB11 to be
associated with congenital sideroblastic anemia [77]. In this way, other rare diseases might become
better understood and treated.
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Abstract: The heart is the most energy-consuming organ in the human body. In heart failure,
the homeostasis of energy supply and demand is endangered by an increase in cardiomyocyte
workload, or by an insufficiency in energy-providing processes. Energy metabolism is directly
associated with mitochondrial redox homeostasis. The production of toxic reactive oxygen species
(ROS) may overwhelm mitochondrial and cellular ROS defense mechanisms in case of heart failure.
Mitochondria are essential cell organelles and provide 95% of the required energy in the heart.
Metabolic remodeling, changes in mitochondrial structure or function, and alterations in mitochondrial
calcium signaling diminish mitochondrial energy provision in many forms of cardiomyopathy.
The mitochondrial respiratory chain creates a proton gradient across the inner mitochondrial
membrane, which couples respiration with oxidative phosphorylation and the preservation of energy
in the chemical bonds of ATP. Akin to other mitochondrial enzymes, the respiratory chain is integrated
into the inner mitochondrial membrane. The tight association with the mitochondrial phospholipid
cardiolipin (CL) ensures its structural integrity and coordinates enzymatic activity. This review focuses
on how changes in mitochondrial CL may be associated with heart failure. Dysfunctional CL has been
found in diabetic cardiomyopathy, ischemia reperfusion injury and the aging heart. Barth syndrome
(BTHS) is caused by an inherited defect in the biosynthesis of cardiolipin. Moreover, a dysfunctional
CL pool causes other types of rare inherited cardiomyopathies, such as Sengers syndrome and Dilated
Cardiomyopathy with Ataxia (DCMA). Here we review the impact of cardiolipin deficiency on
mitochondrial functions in cellular and animal models. We describe the molecular mechanisms
concerning mitochondrial dysfunction as an incitement of cardiomyopathy and discuss potential
therapeutic strategies.

Keywords: cardiolipin; mitochondria; Barth syndrome; Sengers syndrome; respiratory chain;
Dilated Cardiomyopathy with Ataxia; cardiomyopathy

1. Introduction

The adult heart shows the highest metabolic activity of all organs in the human body by consuming
6 kg of ATP every day. It converts chemical energy stored in fatty acids, lactate and glucose into
the mechanical energy to pump blood through the body. The heart contains the highest amount
of mitochondria of any tissue [1], comprising about 35% of the cardiac myocyte cell volume [2,3].
A total of 95% of the energy demand of the heart is covered by oxidative phosphorylation in the
mitochondria. Due to their central role in energy metabolism, a defect in mitochondria endangers the
tight homeostasis of energy supply and demand in the heart. An imbalance between available energy
and energy demand has been observed in almost all etiologies of heart failure [4]. Mitochondrial
dysfunction can have deleterious consequences for the heart physiology and affects many forms of
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heart disease [5,6]. Dysfunctional mitochondria in skeletal muscle also impact heart failure and are
associated with exercise intolerance [7].

Mitochondria are double membrane-surrounded organelles. The inner mitochondrial membrane
forms cristae structures, which harbor the respiratory chain and form independent units of oxidative
phosphorylation [8]. The respiratory chain consists of four complexes (complex I–IV), that are involved
in the electron transport from NADH or FADH2 onto molecular oxygen. Electron transport is coupled
with proton export across the inner membrane. The corresponding membrane potential is the driving
force for the fifth complex, F1Fo-ATP synthase, to produce ATP. The ADP/ATP carrier (ANT) ensures
the exchange of ATP and ADP across the inner membrane.

The reducing equivalents, NADH or FADH2, are yielded in the mitochondrial Krebs cycle and
NADH is additionally yielded in glycolysis. A high energy demand results in elevated levels of
ADP, which accelerates ATP production at the F1Fo-ATP synthase and thus increases the activity of
the respiratory chain. To avoid draining of reducing equivalents under conditions of high energy
demand, production is increased by a compensatory upregulation of the Krebs cycle. Ca2+ plays a key
role in coupling energy demanding processes of the myofilaments with mitochondrial metabolism.
During excitation, a contraction coupling release of cytosolic Ca2+ from the sarcoplasmic reticulum
stimulates energy conversion in myofilaments. Additionally, Ca2+ is transported from the cytosol into
mitochondria by the mitochondrial calcium uniporter (MCU). Mitochondrial Ca2+ potently activates
several mitochondrial dehydrogenases of the Krebs cycle. This direct coupling of cytosolic and
mitochondrial signals allows an immediate activation of Krebs cycle flux under conditions of increased
workload. Besides their function in energy conversion, mitochondria participate in multiple metabolic
pathways, such as the urea cycle, the metabolism of amino acids and lipids, and the biogenesis of heme
and iron sulfur clusters. Mitochondria morphology is highly dynamic and maintained by fission and
fusion processes. Mitochondrial dynamics are instrumental for many signaling pathways, such as
programmed cell death, calcium signaling or innate immune responses. Impaired mitochondrial
dynamics promote mitophagy. This mitochondria-specific form of autophagy maintains mitochondrial
function which is particularly important for cardiac homeostasis [9].

Most of the key metabolic enzymes of the mitochondria are embedded in the inner membrane.
The phospholipid Cardiolipin (CL) is the characteristic lipid of the inner membrane, playing a pivotal
role in most mitochondrial metabolic activities. Here, we will discuss how CL is involved in many
essential mitochondrial functions including morphology, metabolism and respiration. Defects in the
biosynthesis and remodeling of CL have a strong impact on mitochondrial function and particularly
affect tissues with a high energetic contribution of mitochondria, such as the heart and neuronal tissue.
Diseases with a direct link to CL biosynthesis and remodeling comprise Sengers disease (OMIM 212350),
Barth syndrome (OMIM 302060) and Dilated Cardiomyopathy with Ataxia (DCMA, OMIM 610198).
Changes in CL levels are also involved in other cardiac modifications including ischemia/reperfusion
injury, diabetic cardiomyopathy and the aging heart.

2. CL Biosynthesis

Mitochondrial membranes are characterized by their high content of membrane proteins and
unique phospholipid composition. A recent study found the respiratory chain, the ADP/ATP carrier,
phosphatidylethanolamine, phosphatidylcholine and cardiolipin to be the main constituents of the
inner membrane [10]. The hallmark lipid is the dimeric phospholipid cardiolipin (CL), which is found
almost exclusively in the inner mitochondrial membrane. Four different fatty acids can be bound
to CL forming different CL species, leading to a highly diversified CL pool [11]. CL in the colon
has short and mostly saturated fatty acids, whereas CL in the brain primarily constitutes long and
unsaturated CL species [12]. The heart has an unique CL pool consisting mostly of tetralinoleoyl-CL
(CL(18:2)). Interestingly, the highest proportions of oxidized CL were found in heart (1.8% ± 0.7%)
and skeletal muscle [12]. The diversified CL pool is acquired by reshaping CL acyl composition after
its initial biosynthesis. CL is synthesized by enzymes located in the inner mitochondrial membrane.
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An important step in the biosynthesis of CL in the inner membrane is catalyzed by PTPMT1, converting
phosphatidylglycerol phosphate to phosphatidylglycerol (Figure 1). Deletion of this in mice is
embryonically lethal and PTPMT1-deficient Mouse Embryonal Fibroblasts (MEFs) of embryos obtained
from intercrosses of PTPMT1+/flox mice reveal the essential role of this enzyme in CL biosynthesis and
affect mitochondrial morphology and respiration [13]. CL Synthase (CLS1) catalyzes the subsequent
addition of a second molecule of CDP-DAG to form premature CL (Figure 1). The embryonic lethality
of CLS1-deficient animals underscores the essential role of CLS1 in CL biosynthesis. Neuron-specific
knockout results in neuronal loss and gliosis in the forebrains as a result of defective respiration and
morphological abnormalities in these mitochondria [14].

 

–

–

’s

–

Figure 1. Biosynthesis and remodeling of cardiolipin (CL) in the inner membrane. Phosphatic acid
(PA) as a precursor reaches the mitochondrial matrix via the PRELID–TRIAP1 complex. The CDP-DAG
synthase TAMM41 activates PA with cytidine triphosphate (CTP), producing CDP-DAG. Subsequently,
the phosphatidylglycerol phosphate synthase 1 (PGS1) catalyzes the formation of phosphatidylglycerol
phosphate (PGP), followed by the dephosphorylation generating phosphatidylglycerol (PG) via the
mitochondrial protein-tyrosine phosphatase 1 (PTPMT1). In a last reaction, Cardiolipin synthase 1
(CLS1) mediates the emergence of premature CL based on one molecule of PG and one CDG-DAG.
Following the initial synthesis, CL remodeling ensues. After the removement of fatty acids (FAs)
mediated by a member of the phospholipase iPLA2 family, the incorporation of new FAs is proceeded
by Tafazzin to form matured CL from Monolysocardiolipn (MLCL). To reach an energetic optimum,
the remodeling and the ongoing exchange of FAs is a continual persisting process, culminating in a
highly diversified CL pool.

Afterwards, CL remodeling is initiated by deacylation, catalyzed by mitochondrial members
of the Ca2+ independent phospholipases to form monolysocardiolipin (MLCL). Subsequently, CL is
reacetylated by Tafazzin to form mature CL (Figure 1).

The protein Tafazzin is produced by alternative splicing of the TAZ gene. The gene consists of
11 exons and two ATG initiation sites. Transcription of the TAZ gene gives rise to multiple mRNAs
by alternative splicing at exons 5–7. A highly hydrophobic segment of 30 residues at the N-terminus
acts as a membrane anchor. Tafazzin is directed to mitochondria with the help of two independent
targeting sequences [15]. The active site of phospholipid-binding has been identified in a 57-amino
acid cleft containing positively charged residues [16]. The substrate specificity of Tafazzin was found to
be surprisingly low and cannot explain the tissue-specific remodeling of the CL pool [17]. Recent data
suggest that Tafazzin’s substrate specificity is determined by the thermodynamic properties of lipid
domains in the vicinity of the enzyme [17]. Tafazzin exchanges fatty acids in the CL molecule until
the molecular species composition with optimal packing conditions and the lowest free energy is
established [18]. A recent study from the Schlame lab suggests that the thermodynamic properties of
lipid domains are determined by the assembly of respiratory chain complexes. This study proposes
that protein crowding in the respiratory chain imposes packing stress on the lipid bilayer, which is
relieved by CL remodeling to form tightly packed lipid–protein complexes [19]. Further evidence
was provided by an integrative approach of lipidomics and transcriptomics. Oemer et al. found that
a transcriptional regulation of CL biosynthesis genes shows no correlation with the tissue-specific
CL composition. Interestingly, the only significant compliance with CL content was found for genes
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of the respiratory chain. This finding supports the idea that the respiratory chain and other protein
complexes determine the tissue-specific CL composition of the membrane and hence its properties.

Besides Tafazzin, two other enzymes are involved in CL remodeling. The Coenzyme A-dependent
monolysocardiolipin acyltransferase (MLCLAT1) is a splice variant of the HADHA gene encoding
for the α-subunit of the human trifunctional enzyme (α-TFP) [20,21]. In a recent study, Miklas et al.
show that apart from its function in the β-oxidation cycle, α-TFP plays a role in CL remodeling [22].
As patient-derived HADHA knockout cardiomyocytes do not accumulate MLCL as TAZ mutant cells,
it has been concluded that HADHA acts subsequently to TAZ to mature the CL pool. The second
enzyme is the ER-MAM resident lysocardiolipin acyltransferase (ALCAT1). Overexpression of ALCAT1
in mouse myoblasts increases the incorporation of docosahexaenoic acid (22:6) into CL, yielding a
peroxidation prone form of CL, which has been suggested to reflect a pathogenic CL remodeling [23].

3. Function of CL in Mitochondrial Morphology

Structural abnormalities of mitochondria, including fragmentation, disruption of mitochondrial
membranes and loss of the electron-dense matrix have been observed in animal models of heart failure
and in patients suffering from hypertrophic cardiomyopathy [24]. In a dog model of chronic heart
failure, the mitochondrial ultrastructure changes from tightly packed to disorganized cristae [25].
Mitochondria possess two highly specialized membranes—the outer and the inner mitochondrial
membrane. Invaginations in the inner membrane form the cristae structures, which are areas of intensive
membrane curvature. CL plays a considerable role in shaping the morphology of mitochondria and
prominently locates in the bended regions of the inner membrane [26]. CL adopts a cone-shaped
structure due to the high content of unsaturated fatty acids, which is causative for the membrane
bending at sites of high CL concentration. In addition, mitochondrial morphology is also shaped by a
constant remodeling through the fission and fusion of individual mitochondria [27]. The opposing
processes of fusion (merging of two mitochondria) and fission (segregation of two mitochondria) are
shown to form a highly dynamic network of mitochondria in the cell. The continuing remodeling by
fission and fusion is essential for normal mitochondrial function, downregulation of mitochondrial
fusion promotes apoptosis and cardiomyocyte loss [28]. Mitochondrial fragmentation was elucidated
to influence heart failure notably [29]. By its role in regulating mitochondrial fission and fusion,
CL actively participates in shaping the mitochondrial network. Fission and fusion are regulated by a
set of dynamin-related GTPases, whereby CL serves as a modulator of the activity of the fission protein
Drp1 and the fusion protein OPA1 [30,31]. Morphological alterations of mitochondria are evident in
human patients with defects in CL biosynthesis and remodeling as well as in animal models (Table 1).

Table 1. Role of CL in inherited cardiomyopathies in animal models and human.

Function Anmial Human

Mitochondrial
morphology

A tafazzin knockdown mouse model of Barth syndrome
describes alteration of mitochondrial phospholipid

compositions via lipidomics [32].
Morphology alterations as mitochondrial enlargement,

concentric layers of cristae or large vacuoles were
observed in tafazzin-deficient mice [33].

BTHS patient-derived lymphoblasts (BTHS
lymphoblasts) reveal enlarged mitochondria with a

lower surface area of cristae and altered morphology [34].
Another study with BTHS lymphoblasts detected giant,

partly onion-shaped mitochondria [35].

Oxidative
phosphorylation

A BTHS mouse model with an inducible systemic
knockdown of tafazzin gene shows a reduced respiration

on succinate as well as on pyruvate and malate.
Furthermore, respirasome remodeling was detected [36].

BTHS patient-derived induced pluripotent stem cells
(BTHS-iPSC) reveal structural remodeling of respiratory

chain complexes resulting in decreased
mitochondrial respiration [37].

In a second study, mitochondria of BTHS lymphoblasts
show a reduced respiratory activity on succinate

and ascorbate [34].

Krebs cycle
BTHS mouse model reveals a striking reduction in

succinate dehydrogenase activity in
cardiac mitochondria [36].

BTHS skin fibroblasts reveal a significant destabilization
of 2-oxoglutarate dehydrogenase and branched-chain

ketoacid dehydrogenase [38].

Apoptosis
Murine germline TAZ knockout mice model reveals
significant increased cardiomyocyte apoptosis and

fibrosis occurrence [39].

BTHS lymphoblasts show a requirement of cardiolipin
for apoptosis and an apoptotic defect [40].
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The formation of cristae structures critically depends on the mitochondrial contact site and cristae
organizing system (MICOS). These protein complexes locate at the cristae junctions and seal individual
cristae to maintain individual membrane potentials [8]. The MICOS complex is a central component
of a large interaction network which includes several complexes in the inner membrane and outer
membrane [41]. MIC27 (APOOL) as a MICOS complex constituent directly interacts with CL and this
interaction was found to be essential for MIC27 assembly in the MICOS complex [42,43] (Figure 2).
MIC27 and the structurally related MIC26 also modulate the cardiolipin remodeling enzyme Tafazzin
(see below) [44]. In fibroblasts from Barth syndrome patients, a compensatory increase in MICOS
subunits was observed [38,45]. Interestingly, a slightly lower molecular mass was detected for MICOS
subunits in Barth syndrome (BTHS) fibroblasts, indicative of structural changes due to CL deficiency.
Application of the CL-interacting molecule SS31/Elamipretide normalized deregulated structural
proteins, such as Drp1, Mfn2, Opa1 and Mic60 in human heart failure patients [46].

Figure 2. The role of CL in mitochondrial morphology: The mitochondrial contact site and cristae
organizing system (MICOS) complex requires CL for optimal structural integrity. MICOS is a
protein complex located in the inner mitochondrial membrane, playing an essential role in cristae
junction formation. The resulting membrane invaginations harbor the respiratory chain complexes.
By interactions with other proteins in the outer mitochondrial membrane such as the Translocase
of the Outer membrane (TOM) and the sorting and Assembly Machinery (SAM), the mitochondrial
intermembrane space (IMS) bridging complex (MIB) is formed. The MICOS subunits MIC27 and MIC26
influence the regulation of CL levels, while CL is remodeled by Tafazzin [47]. Not only the integration
of MIC27 in MICOS, but also the function of other mitochondrial membrane anchored proteins such
as the fission and fusion proteins Drp1 and OPA1 is affected by CL [48]. OM, outer membrane; IMS,
intermembrane space; IM, inner membrane.

4. Function of CL in Energy Metabolism

In total, 95% of the cardiac energy demand is covered by oxidative phosphorylation of the
respiratory chain in the inner membrane, consisting of five complexes (I–V). Four complexes (I–IV)
transport electrons from reducing equivalents (NADH, FADH2) to oxygen, forming water. The resulting
energy is stored in a membrane potential across the inner membrane and converted to ATP by the
last complex in the chain (V). The structure of the respiratory chain has been resolved and specific
interaction sites for CL were identified in all respiratory chain complexes [36,49]. Correspondingly,
CL is a structural component of the respiratory chain and is essential for its integrity and full enzymatic
activity [50–53]. Changes in the CL pool, including the accumulation of MLCL, may interfere with
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the structure of respiratory chain complexes. MLCL, which strongly accumulates in Barth syndrome,
binds to complex IV with a substantially reduced affinity and significantly lowers the enzymatic
activity of this complex [54]. The structure of the dimeric ATP synthase from bovine mitochondria
recently shed light upon the mechanism of proton uptake in the matrix. Interestingly, this study also
described the incidence of CL in the integral membrane subunits of complex V [55]. Furthermore,
CL is directly involved in the proton export and required for the organization of the F1FO ATPase into
highly ordered structures [56,57].

The respiratory chain complexes assemble into higher-ordered structures—the respirasomes.
These supercomplexes include complex I, a dimer of complex III, and one or several complex IV units
(Figure 3). CL molecules are not an only integral to individual complexes but are also associated with
the mitochondrial supercomplex formation. It was found to support the structure of supercomplexes
and mediate the interaction with the lipid phase of the inner membrane [58–60]. Due to its role in the
structure of the respirasomes, CL deficiency causes a defect in respiratory function and a decrease in
membrane potential and in ATP synthesis [36,37,61] (Table 1).

– –

–

—

–

 

Figure 3. CL is an essential constituent of respirasomes: The mitochondrial respiratory chain assembles
into large oligomeric structures called respirasomes. Respirasomes consist of complex I, a dimer
of complex III, and several copies of complex IV. CL is required for respirasome formation and is
essential for the activity of the complexes. CL molecules partially interacting with membrane protein
complexes are shown in red. ANT, ADP/ATP carrier; Cyt c, Cytochrom c; IM inner membrane; IMS,
intermembrane space.

In many forms of cardiac disease, reduced CL levels, alterations in the CL pool or Reactive Oxygen
Species (ROS)-induced damage of CL have been observed. Given the important structural function of
CL, these changes may have direct structural implications for the respiratory chain. Remodeling of the
respiratory chain due to changes in CL has been described in aging, ischaemia/reperfusion and heart
failure [62–65]. These findings are of particular importance as the architecture of respirasomes prevents
ROS production. Structural alterations may induce increased ROS generation at the respirasomes,
and increased oxidative stress may be an important contributor to the development of heart failure [66].
Therefore, a large number of studies have focused on preventing mitochondrial ROS in various forms
of cardiac disease [67,68]. These studies, although somewhat inconsistent, showed that reducing ROS
levels has the potential to ameliorate ROS-mediated cardiac abnormalities [69–71].

5. Function of CL in Intermediate Metabolism

In order to maintain the membrane potential, the inner membrane must be tightly sealed and
transport processes across the membrane need to be vigorously controlled. This contrasts with the
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demands of energy metabolism, which requires an intensive exchange of metabolites between the
cytosol and the matrix. This is ensured by the superfamily of carrier proteins in the inner membrane
mediating the transport of metabolites across the inner membrane. The most abundant carrier protein
is the ADP/ATP carrier (ANT), which exchanges ATP in the matrix with ADP in the cytosol. The recent
resolution of the matrix-open state advances our understanding of the molecular mechanism of
metabolite cycling, which most likely applies to the whole carrier family [72]. The ADP/ATP carrier
possesses not only a tight binding to CL (Figure 3), but CL was also identified in its crystal structure from
bovine heart mitochondria [73,74]. In addition, studies of bakers’ yeast show that the conformation of
the ADP/ATP carrier is controlled by CL acting as a link for dimer formation and the integration of
ANT into a complex interaction network with the respiratory chain [75]. A requirement for CL has
also been documented for other members of the carrier family including the Phosphate carrier (PiC),
the monocarboxylate carrier (MCT1), carnitine/acylcarnitine translocase, pyruvate carrier and the
tricarboxylate carrier [76–80]. Carrier proteins are integral proteins of the inner membrane, synthesized
in the cytosol and then transported across the outer membrane to become subsequently integrated
into the inner membrane. Their incorporation depends on the protein Translocase of Inner Membrane
TIM22. TIM22 is a protein complex and is integrated in the inner membrane in a CL-dependent manner.
Moreover, one structural component of the TIM22 complex is acylglycerol kinase (AGK). Besides its
role in protein translocation, it also has a second function as a kinase in the biosynthesis of phosphatidic
acid (PA), which serves as a precursor of CL biosynthesis [81,82].

The protein creatine kinase (CK) catalyzes the reversible conversion of creatine and adenosine
triphosphate (ATP) into phosphocreatine (PCr) and adenosine diphosphate (ADP) and is expressed in
the heart, skeletal muscle, brain and kidney. Phosphocreatine serves as a buffer for rapid regeneration
of ATP in tissue with a high energy demand. Mitochondrial creatine kinase (mtCK) is located
in the mitochondrial intermembrane space, where it uses the local ATP concentration to generate
phosphocreatine. In heart and skeletal muscle, sarcomeric mtCK catalyzes the reverse reaction to
regenerate ATP in close proximity of the site of high energy turnover. In-vitro experiments suggest CL as
one of the main binding sites of the creatine kinase to the inner membrane [83,84]. mtCK was also found
to form large oligomeric complexes in the intermembrane space [85]. By binding to CL, the creatine
kinase was also suggested to mediate CL transfer between the inner and outer membrane [86].

Studies in CL-deficient yeast show reduced levels of acetyl-CoA due to a decreased activity of
acetyl-CoA synthetase. Despite a compensatory upregulation of pyruvate dehydrogenase (PDH),
the enzymatic activity was not increased, suggesting a defect in the specific PDH activity [75]. A C2C12
myoblast model of BTHS confirmed diminished PDH activity and proposed that an increased level of
inhibitory phosphorylation was responsible for the defect. The authors suggested that CL is required
to facilitate the binding of the pyruvate dehydrogenase phosphatase to the E2 subunit and reduced
binding enhances inhibitory PDH phosphorylation [87]. To compensate for the deficiency in PDH
activity, the pyruvate carboxylase is upregulated. A defect in PDH activity was not verified in an
induced Pluripotent Stem Cell-derived Cardiomyocyte (iPSC-CM) model of BTHS, which even showed
an increased flux of glucose into the Krebs cycle intermediate citrate. Accordingly, the anaplerotic
supplementation by carboxylation of pyruvate was reduced in this cell model [88].

CL deficiency can also affect the mitochondrial Krebs cycle (TCA). The α-ketoglutarate
dehydrogenase complex was found to be structurally affected in human BTHS patient fibroblasts;
however, its enzymatic activity and the metabolic flux of glutamate into the Krebs cycle remained
unaffected [38]. In addition, a CL-deficient yeast model showed alterations in the enzymatic activities
of aconitase and succinate dehydrogenase [87]. Metabolic flux analyses in iPSC-CM displayed an
increased level of the Krebs cycle intermediate citrates and decreased level of fumarate in BTHS,
indicative of a reduced turnover of succinate into fumarate [88]. Aconitase and succinate dehydrogenase
are strictly dependent on iron sulfur clusters as a cofactor. These data and an increase in mitochondrial
iron amounts pointed to a defect in the biogenesis of iron sulfur clusters. CL is required for the
correct processing of the mitochondrial protein frataxin, which is an important scaffold protein in
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the iron sulfur cluster biogenesis [89,90]. Consistent with a defect in the TCA cycle, a recent report
showed that anaplerotic pathways are required to ameliorate TCA cycle dysfunction in yeast cells [91].
Other cofactors may also be affected. A recent study assumed that lower levels of the cofactor Coenzyme
A contribute to the respiratory deficiency in BTHS [92]. Coenzyme A is an important cofactor for
fatty acid metabolism. Studies in yeast, however, described that increased fatty acid oxidation can
compensate for the Krebs cycle defects in CL-deficient yeast [91]. Under conditions of a high-fat
diet, Cole et al. were able to show intensified accumulation of triacylglycerides in cardiac tissue of
BTHS mice compared to control animals. The authors found the upregulated synthesis of fatty acid
synthase to be responsible for this effect. Increased triacylglycerides may enhance the susceptibility to
lipotoxicity in BTHS under conditions of increased fat uptake [93].

Diseases, which are associated with defects in CL, such as DCMA, Sengers syndrome and Barth
syndrome, commonly present with 3-methylglutaconic aciduria (3-MGA) accompanied by increased
levels of lactic acid [94]. 3-Methylglutaconic and the related 3-methylglutaric acid are catabolic
intermediates of the branched-chain amino acid (BCAA) leucine. Additionally, elevated levels of
the intermediate of isoleucine metabolism, 2-ethylhydracrylic acid (2-EHA), occurred in the urine
of BTHS patients [95]. A few studies allow for speculations of a defect in the metabolism of the
branched-chain amino acids valine, leucine and isoleucine in BTHS. Transcriptome analysis of shTAZ
mouse model revealed reduced gene expression of genes involved in BCAA breakdown [32]. A recent
analysis of protein complexes in the mitochondria of BTHS patient skin fibroblasts revealed a profound
destabilization of the branched-chain ketoacid dehydrogenase complex, which is involved in the initial
oxidative degradation step of branched-chain amino acids [38]. Further investigations are required to
elucidate the molecular mechanism of the observed secretion of organic acids in BTHS.

6. CL Function in Calcium Homeostasis

Calcium is an important regulator of sarcomere contraction in the heart. In systole, Ca2+ influx via
L-type Ca2+ channels triggers the release of Ca2+ from ryanodine receptors (RyRs) in the sarcoplasmic
reticulum (SR). Ca2+ binding to troponin C induces contraction. During diastole, Ca2+ is transported
back into the SR by the sarcoplasmic reticulum Ca2+-ATPase (SERCA) or exported across the cell
membrane via the Na+/Ca2+ exchanger [96] (Figure 4). By means of the active transport of Ca2+ ions,
the P-type ATPase SERCA is required for muscle relaxation and the proper regulation of muscle
contraction. It also ensures a sufficient Ca2+ load in the sarcoplasmic reticulum for systolic contraction.
Oxidative stress has been associated with a deregulation of excitation–contraction coupling in the
BTHS. Peroxynitrite formed by increased levels of superoxide and nitric oxide (NO) can build adducts
with tyrosine residues, which may change the structure or catalytic activity of target proteins [97].
Tyrosine nitrosylation of SERCA in BTHS leads on to a decrease in SERCA activity and results in a
decline of SR Ca2+ levels. These abnormalities may promote left ventricular diastolic dysfunction.
A decrease in SR Ca2+ levels has been observed in many forms of heart failure, including dilated
cardiomyopathy [98,99].

Calcium is an important regulator of mitochondrial metabolism. Accelerated cardiac workload
causes an enhanced demand of ATP. The conversion of ATP to ADP in energy-consuming processes
such as contraction increases ADP levels, accelerates respiration and results in an elevated oxidation
of reducing equivalents. To compensate for the higher demand for reducing equivalents, Ca2+ plays
an important role in activating the mitochondrial Krebs cycle [100]. During excitation–contraction
coupling, Ca2+ is emitted from the sarcoplasmic reticulum and is transmitted into the mitochondria via
the Mitochondrial Calcium Uniporter (MCU) (Figure 4). To allow for an efficient calcium transmission,
ryanodine receptors (RyRs) in the sarcoplasmic reticulum are located in close proximity to mitochondria,
especially next to the mitochondrial calcium uniporter (MCU) in the inner membrane [101].
Ca2+ stimulates key dehydrogenases of the Krebs cycle, including pyruvate dehydrogenase, isocitrate
dehydrogenase and α-ketoglutarate dehydrogenase, accelerating the regeneration of NADH and
FADH2. However, the forced regeneration of reducing equivalents activates the respiratory chain.
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Therefore, Ca2+ plays a prominent role in adapting mitochondrial metabolism to increased energy
demands during accelerated cardiac workload [102]. The pore-forming unit of the mitochondrial
calcium uniporter is the protein MCU, which associates EMRE and regulatory subunits MICU1, MICU2,
and MCUb into a complex integrated into the inner membrane [103–106] (Figure 4). The association of
phospholipids in MCU has been revealed in a recent structural analysis [107]. Moreover, a specific
requirement of the MCU for CL was found. Consequently, the ability of MCU to assemble into
functional complexes was reduced in cardiac patient samples of BTHS [108].

—

–
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Figure 4. Mitochondrial Calcium Uniporter: Calcium transport from the sarcoplasmic reticulum (SR)
is mediated by different proteins—Ryanodine receptors (RyRs) and inositoltriphosphate receptors
(iP3Rs) release Ca2+ under systolic conditions, while the voltage-dependent anion channel (VDAC) and
mitochondrial calcium uniporter (MCU) allow the Ca2+ uptake in mitochondria. MCU is embedded
in the inner mitochondrial membrane and requires CL for optimal activity. The sarcoplasmic
reticulum Ca2+-ATPase (SERCA) controls the Ca2+ uptake by the SR. IMS, intermembrane space; IM,
inner mitochondrial membrane.

7. Barth Syndrome

BTHS patients have a quite variable clinical presentation of cardiomyopathy ranging from
milder cases to severe cases, which require cardiac transplantation. BTHS patients present with a
dilated or hypertrophic cardiomyopathy and left ventricular non-compaction [109–112]. The left
ventricular ejection fraction (LVEF) was only moderately reduced—50 ± 10% (normal LVEF 50–70%,
mild dysfunction LVEF 40–49%, moderate dysfunction LVEF 30–39% and severe dysfunction
LVEF <30%) [111,112]. Despite preserved LVEF, many patients show an inability to increase cardiac
output during exercise [113]. A very common symptom is skeletal muscle fatigue and exercise
intolerance [110,113]. BTHS patients also manifest metabolic abnormalities in the degradation pathway
of branched amino acids and show lactic acidosis during exercise as well as an elevated excretion
of 3-Methylglutaconic acid (3-MGA) in urine [113,114] (Figure 5). Defects in the immune system
include persistent or intermittent neutropenia causing recurrent infections. A growth deficiency during
childhood is compensated by a delayed growth spurt after 12–14 years of age in BTHS [111,112,115].

BTHS is frequently associated with a severe exercise intolerance, which makes it difficult to perform
activities of daily living and drastically reduces quality of life. Skeletal muscle impairments include
harmed functional exercise capacity, diminished extensor strength, and lowered daily activity [116].
Exercise intolerance is thought to be a consequence of cardiac impairment and decreased skeletal
muscle oxygen utilization [113]. Changes in CL levels also in the skeletal muscle of Barth syndrome
patients cause the destabilization of respirasomes, reduction in respiration, excessive production of
reactive oxygen, abnormal mitochondrial morphology and defects in ATP production [115,117,118].
The development of a cardiac-specific knockout model recapitulated cardiomyopathy with reduced
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fractional shortening, increased hypertrophy and left ventricular dilatation. A constitutive knockout
of Taz, however, resulted in very poor survival. Interestingly, the low survival rates were rescued,
upon skeletal muscle-specific virus transmitted gene replacement therapy, indicating a particular
contribution of skeletal myopathy to the reduced survival of the mice [39].

Figure 5. Clinical alterations, caused by a defect in the CL pool: Colors indicate clinical symptoms
matching Sengers syndrome (blue), Barth syndrome (yellow) and dilated cardiomyopathy with ataxia
(DCMA, green).

Using 31P nuclear magnetic resonance (NMR) spectroscopy, a higher content of glycolytic
fibers (type 2, fast-twitch) and a smaller fraction of oxidative fibers (type 1, slow-twitch) has
been documented in the skeletal muscle of BTHS patients [119,120]. This finding suggests that
BTHS patients rely on glycolytic metabolism to a greater extent than control individuals. Moreover,
a higher respiratory exchange ratio during exercise and a greater glucose rate of disposal during a
hyperinsulinemic–euglycemic clamp procedure indicate higher glucose usage to compensate for the
impaired mitochondrial capacity to generate ATP [113,121]. Interestingly, exercise intolerance has also
been described in patients with chronic acquired heart failure [122].

BTHS is caused by mutations in the X chromosomal gene encoding for Tafazzin (TAZ) [123].
Pathogenic mutations in TAZ include frameshift, splice-site, missense, and non-sense mutations [124].
Mutations are associated with a decrease in the amount of functional enzymes, mislocalization of the protein
in the cell, protein aggregation or altered macromolecular complex assembly [124,125]. Protein levels
and messenger RNA of cardiolipin synthase (CLS), Tafazzin (TAZ) and acyl-CoA:lysocardiolipin
acyltransferase-1 (ALCAT-1) are affected in cardiac tissue of BTHS patients. Loss of Tafazzin function
causes a significant alteration in the CL pool including a reduction in mature forms of CL and
an increase in MLCL, which also serves as a diagnostic marker for BTHS [126,127]. Decreased
respiration and reduced activity of single respiratory enzymes have been confirmed in several models
of BTHS, including BTHS patient-derived fibroblasts and lymphoblasts as well as cellular and animal
models [36,40,128].

BTHS patients have a significantly lower body weight and fat free mass [121]. When measured
under resting conditions, the fatty acid oxidation rate related to body mass in BTHS patients was
comparable to the control group. However, under exercise conditions the elevated fatty acid oxidation
rate was severely blunted in BTHS [121]. In turn, glucose turnover was already increased at
rest. Therefore, the metabolic derangements, in particular the inability to upregulate fatty acid
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metabolism, reflect the exercise inability of BTHS patients [129]. Abnormal blood levels of amino
acids were determined in BTHS patient [94,130]—in particular, amino acids, which are associated with
anaplerosis in the intermediate metabolism (arginine, ornithine and citrulline), were consistently lower.
This strongly supports the hypothesis of alterations in the energy metabolism in BTHS. Increased
levels of tyrosine, proline, and asparagine compared to the control were found under starvation
conditions [94,130]. Considering that the lower lean and skeletal muscle mass of BTHS patients,
the unchanged rates of appearance of the ketogenic amino acid leucine upon starvation is remarkable
and led to the hypothesis of a higher proteolysis rate in BTHS patients in order to use amino acids for
energy needs [121].

8. Sengers Syndrome

The clinical manifestation of Sengers syndrome is hypertrophic cardiomyopathy and congenital
cataracts. Other symptoms including skeletal myopathy, exercise intolerance, lactic acidosis
and 3-methylglutaconic aciduria, showing strong similarities to Barth syndrome [131] (Figure 5).
Sengers syndrome is caused by mutations in the gene encoding for mitochondrial acylglycerol kinase
(AGK) [132]. AGK is a mitochondrial lipid kinase strongly expressed in heart, but also in the skeletal
muscle, kidney and brain. This protein can phosphorylate monoacylglycerol to lysophosphatidic acid
(LPA) and diacylglycerol to phosphatidic acid (PA), a precursor of CL biosynthesis [132]. AGK has an
additional independent function in mitochondrial protein import as a constituent of the mitochondrial
carrier translocase TIM22 complex [81,133]. This inner membrane-embedded protein translocase
imports proteins of the carrier family from the cytosol. Carrier proteins are a large family of proteins
which mediate the transport of metabolites across the inner membrane. A defect in the import and
assembly of carrier proteins has been found in AGK-deficient mitochondria [81,133]. In particular,
decreased levels of mitochondrial ADP/ATP carrier in heart and muscle tissues was the initial finding
in patients of Sengers syndrome [134]. The function in protein transport is independent of AGK
kinase activity. It can be assumed that loss of both functions contributes to the pathogenesis in
Sengers syndrome.

9. Dilated Cardiomyopathy with Ataxia (DCMA)

Mutations in the gene encoding for the mitochondrial protein DNAJC19 were found to be
causative for Dilated Cardiomyopathy with Ataxia (DCMA) [135]. DCMA patients presenting with
dilated cardiomyopathy and arrhythmias due to abnormalities in repolarization after a heartbeat
(long QT syndrome, LQTS) [136]. Similar to BTHS and Sengers syndrome, 3-methylglutaconic aciduria
is commonly described in DCMA (Figure 5). Other symptoms include cerebellar ataxia, growth
retardation or genital anomalies in male patients [137]. Patient-derived iPSC-CM models of DCMA
have been developed recently [138,139]. The function of the affected gene (DNAJC19) is unknown
but it shares sequence similarities with the family of DnaJ proteins, which act as cofactors of Hsp70
chaperones. DNAJC19 binds to the mitochondrial protein prohibitin which is integrated in the inner
membrane and oligomerizes into large ring-like structures, which restrict CL into specific membrane
domains. The role of prohibitin appears to be to segregate specific membrane domains, which facilitate
CL remodeling. The direct interaction of DNAJC19 with prohibitin suggests a participation of DNAJC19
in CL remodeling. In fact, deletion of DNAJC19 in a cell model resulted in changes in the CL species
composition [140]. Interestingly, these alterations in the CL pool were not approved in an iPSC-CM
model of DCMA [139]. The reason for these inconsistencies have not been resolved yet. A consistent
finding, however, is that DNAJC19 deficiency causes highly fragmented and abnormally shaped
mitochondria and changes in mitochondrial cristae morphology.

10. Therapeutic Approaches

Improvements in the therapy of BTHS cardiomyopathy and the associated symptoms such
as neutropenia and skeletal myopathy have resulted in improved survival of the deadly disease.
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Standard therapy addressing the cardiac defects are angiotensin-converting enzyme (ACE) inhibitors
or angiotensin receptor blockers, in combination with beta-adrenergic receptor blockers [141].
More severe cases are treated with vasodilators or inotropes, left ventricular assist devices, and/or
cardiac transplantation [142–144]. Neutropenia is treated with granulocyte colony-stimulating factor
(G-CSF) and complemented with prophylactic antibiotics. Growth hormone (GH) supplementation
is used to treat the growth delay and arginine supplementation acts as a complement for arginine
depletion [141,145,146].

Gene therapy in inherited diseases allows to directly target affected genes and has been tested in
mouse models of Barth syndrome. Adeno-associated virus (AAV)-mediated TAZ gene replacement
ameliorated cardiac function in Taz-KD mice, indicating the reversibility of the clinical phenotype and
the feasibility of the approach [147]. Additionally, pharmaceutical intervention in CL biosynthesis has
been tested in experimental studies. The mitochondrial enzyme phospholipase A2 is responsible for
the deacylation of premature CL after its initial synthesis. The resulting monolysocardiolipin MLCL is
then acetylated to mature CL by Tafazzin [148]. Inhibiting phospholipase A2 would result in stabilizing
the premature CL pool and prevents the accumulation of MLCL. This intervention has been tested
in a Taz deletion Drosophila model of BTHS. Taz deletion causes male sterility in flies, which was
prevented by inhibiting phospholipase A2 [148]. However, as the human homolog of the Drosophila

phospholipase A2 has not been identified and its inhibition might have severe side effects, translation
into medicine is difficult [149].

Therapeutic approaches are interesting with regard to the targeting of metabolic defects in
BTHS. Due to a central role in energy metabolism and mitochondrial bioenergetics, peroxisome
proliferator-activated receptors (PPARs) have been considered as potential therapeutic targets.
Activation of the PPAR/PGC1α axis using the PPARα agonist bezafibrate has been a successful
strategy in various mitochondrial disorders [150]. PPARα activation regulates the transcription of
numerous genes involved in mitochondrial energy metabolism and fatty acid oxidation [151,152].
When tested in the BTHS mouse model, bezafibrate prevented the development of systolic dysfunction
and improved exercise capacity when combined with voluntary exercise [153].

As the structural change in the respiratory chain in Barth syndrome is associated with a marked
increase in ROS emission from mitochondria [36,154,155], an intriguing therapeutic strategy is the use of
anitoxidants. The mitochondria-targeted ROS scavenger mitoTEMPO was tested in the human-induced
pluripotent stem cell (iPSC)-derived cardiomyocytes of BTHS patients [156,157]. ROS-induced changes
in sarcomere assembly and the resulting deficits in contractility undergo an improvement with
mitoTEMPO [158]. The translation into a mouse model was tested by expressing the ROS-scavenging
catalase in the mitochondrial matrix to target mitochondrial hydrogen peroxide (H2O2) emission
in the BTHS mouse. This approach efficiently reduced H2O2 levels and lipid peroxidation, but
did not eradicate cardiac dysfunction or skeletal muscle fatigue in Taz-knockdown (KD) mice [159].
The discrepancy of these contradictory results has not been resolved, yet.

Cytochrome c mediates electron transfer from complex III to complex IV in the respiratory
chain and is also involved in the peroxidation of cardiolipin (CL), which has been observed in a
variety of pathological conditions, including BTHS [160]. Peroxidized CL is associated with energy
deficiency and plays a role in the opening of the permeability transition pore (PTP) [161]. The PTP
is a large pore in the mitochondrial membranes and consists of the proapoptotic Bcl-2 members
Bax/Bak in the outer membrane and the F1/FO ATPase in the inner membrane and cyclophilin D in
the matrix [162]. PTP opening causes a depletion of the membrane potential and induces apoptosis.
The Szeto-Schiller peptide (SS-31 or Elamipretide) is an aromatic-cationic mitochondria-targeting
tetrapeptide that penetrates the plasma membrane and localizes to the inner mitochondrial membrane
based on its direct interaction with CL. Elamipretide prevents the peroxidase activity of cytochrome c
and normalizes the CL pool in models of BTHS and other models of heart failure [163,164]. Elamipretide
also improves inner membrane cristae structures and re-establishes mitochondrial respiration and
ATP production in models of heart failure including BTHS [165,166]. Unfortunately, a phase II clinical
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trial (TAZPOWER trial, NCT03098797) treatment with Elamipretide in BTHS patients did not improve
exercise capacity. Recently, Elamipretide was also tested in fibroblasts from DCMA patients and was
found to rescue mitochondrial fragmentation and increased ROS production [167]. Heart tissue from
a rat model of ischemia-reperfusion showed deterioration of mitochondrial complexes I, II, and IV.
Application of Elamipretide significantly alleviated the structural changes in respirasomes, improved
the fragmentation of mitochondria and enhanced the formation of cristae structures [168]. As changes in
the CL pool were also found in the aging heart, Elamipretide was tested in aging mice. Here, it reduced
mitochondrial ROS and normalized protein oxidation in old hearts, and even showed beneficial
effects for aging-related diastolic defects. Interestingly, expression of the mitochondrial catalase
presented similar beneficial effects, which were not further improved by Elamipretide application,
indicating normalizing mitochondrial oxidative stress as the main mechanism for Elamipretide in
aging hearts [67].

11. Conclusions

Mitochondria play a crucial role in energy metabolism, redox homeostasis and intermediate
metabolism, not only having additional anabolic functions but also participating in signaling
pathways. Many of these functions are membrane-associated and were shown to be dependent
on CL. CL-deficient cells and animal models, including BTHS patient-derived lymphoblasts, Drosophila,
C.elegans, Trypanosoma and mice, have been developed [35,169–173]. These model systems have helped
to understand the role of CL in mitochondrial biogenesis and in shaping mitochondrial morphology.
CL is an integral component of the respiratory chain since CL deficiency causes a decline in respiratory
capacity and an increase in ROS production. A defect in MCU uncouples mitochondrial energy
metabolism from myocardial Ca2+ signaling, which mediates an important response during accelerated
workload conditions. Deficiencies in the Krebs cycle require remodeling of intermediate metabolism
for compensatory anaplerotic pathways. Finally, defects in the biogenesis of iron sulfur clusters and
Coenzyme A might endanger fatty acid oxidation, one of the most prevalent energy sources for the
heart. The tight interaction between CL and membrane proteins, such as respirasomes, may also
have implications on the half-life of CL itself, although CL presents a longer half-life compared to
other phospholipids [118,174,175]. As the slow turnover of CL is dependent on its interaction with the
respiratory chain, respiratory chain remodeling as in BTHS may induce a vicious cycle when increased
CL turnover may contribute to low CL levels in Barth syndrome [118]. The exact mechanisms of
CL degradation remain unclear. The phospholipase HSD10 has been suggested to mediate rapid
degradation, particularly of oxidized CL (CLOX) [176]. Patients with mutations in the gene encoding
HSD10 suffer from progressive cardiomyopathy and neurodegenerative disease. The contribution
of HSD10-mediated CLOX clearance for the maintenance of functional mitochondria has not been
studied yet.

Barth syndrome patients suffer from a general metabolic remodeling including changes in serum
amino acid levels, lactic acidosis during exercise and elevated urinary excretion of 3-MGA [113,114].
In the future it will be interesting to understand the exact mechanisms behind changes in the
metabolism, how they relate to mitochondrial dysfunction and how dysfunctional mitochondria induce
compensatory mechanisms such as anaplerotic pathways. Based on the integration of mitochondria
in cellular signaling pathways, changes in mitochondrial function might be monitored and trigger a
cellular response. ROS may be at the center of this mechanism since alteration in ROS according to CL
deficiency has been widely documented. Being a part of a large number of cellular signaling pathways,
ROS affect a wide variety of biological processes including responses to hypoxia, apoptosis, autophagy,
cell proliferation and differentiation. Alterations in ROS signaling due to CL deficiency cause a defect in
key cellular signaling pathways involved in the response to hypoxia [155]. Several signaling pathways
are also directly dependent on CL. Kinases of the protein kinase C (PKC) family regulate diverse
biological functions such as growth and differentiation and influence multiple physiological processes
in the heart, including heart rate, contraction, and relaxation. Members of the PKC family locating to
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the mitochondria and requiring CL for activation have been described previously [177,178]. As CL
predominantly is located in the inner membrane, externalization of CL onto the outer membrane
serves as a signaling platform in many signaling events, such as mitophagy and apoptosis. How these
changes relate to the clinical picture in heart disease is not understood and remain a challenging task
for the future.

Funding: The work in the laboratory of the authors is supported by the Deutsche Forschungsgemeinschaft (DFG;
DU1839/2-1), the Bundesministerium für Bildung und Forschung (BMBF) and the Barth Syndrome Foundation.

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Brown, D.A.; Perry, J.B.; Allen, M.E.; Sabbah, H.N.; Stauffer, B.L.; Shaikh, S.R.; Cleland, J.G.; Colucci, W.S.;
Butler, J.; Voors, A.A.; et al. Expert consensus document: Mitochondrial function as a therapeutic target in
heart failure. Nat. Rev. Cardiol. 2017, 14, 238–250. [CrossRef] [PubMed]

2. Barth, E.; Stammler, G.; Speiser, B.; Schaper, J. Ultrastructural quantitation of mitochondria and myofilaments
in cardiac muscle from 10 different animal species including man. J. Mol. Cell. Cardiol. 1992, 24, 669–681.
[CrossRef]

3. Schaper, J.; Meiser, E.; Stämmler, G. Ultrastructural morphometric analysis of myocardium from dogs, rats,
hamsters, mice, and from human hearts. Circ. Res. 1985, 56, 377–391. [CrossRef] [PubMed]

4. Neubauer, S. The Failing Heart—An Engine Out of Fuel. N. Engl. J. Med. 2007, 356, 1140–1151. [CrossRef]
[PubMed]

5. Dudek, J.; Maack, C. Barth syndrome cardiomyopathy. Cardiovasc. Res. 2017, 113, 399–410. [CrossRef]
[PubMed]

6. Marín-García, J.; Goldenthal, M.J. Mitochondrial centrality in heart failure. Heart Fail. Rev. 2008, 13, 137–150.
[CrossRef] [PubMed]

7. Sabbah, H.N.; Gupta, R.C.; Singh-Gupta, V.; Zhang, K. Effects of elamipretide on skeletal muscle in dogs
with experimentally induced heart failure. ESC Heart Fail. 2019, 6, 328–335. [CrossRef]

8. Wolf, D.M.; Segawa, M.; Kondadi, A.K.; Anand, R.; Bailey, S.T.; Reichert, A.S.; Van Der Bliek, A.M.;
Shackelford, D.B.; Liesa, M.; Shirihai, O.S. Individual cristae within the same mitochondrion display different
membrane potentials and are functionally independent. EMBO J. 2019, 38, e101056. [CrossRef]

9. Zhang, R.; Krigman, J.; Luo, H.; Ozgen, S.; Yang, M.; Sun, N. Mitophagy in cardiovascular homeostasis.
Mech. Ageing Dev. 2020, 188, 111245. [CrossRef]

10. Schlame, M. Protein crowding in the inner mitochondrial membrane. Biochim. Biophys. Acta Bioenerg. 2020,
1862, 148305. [CrossRef]

11. Gebert, N.; Joshi, A.S.; Kutik, S.; Becker, T.; McKenzie, M.; Guan, X.L.; Mooga, V.P.; Stroud, D.A.; Kulkarni, G.;
Wenk, M.R.; et al. Mitochondrial Cardiolipin Involved in Outer-Membrane Protein Biogenesis: Implications
for Barth Syndrome. Curr. Biol. 2009, 19, 2133–2139. [CrossRef] [PubMed]

12. Oemer, G.; Koch, J.; Wohlfarter, Y.; Alam, M.T.; Lackner, K.; Sailer, S.; Neumann, L.; Lindner, H.H.;
Watschinger, K.; Haltmeier, M.; et al. Phospholipid Acyl Chain Diversity Controls the Tissue-Specific
Assembly of Mitochondrial Cardiolipins. Cell Rep. 2020, 30, 4281–4291. [CrossRef] [PubMed]

13. Zhang, J.; Guan, Z.; Murphy, A.N.; Wiley, S.E.; Perkins, G.A.; Worby, C.A.; Engel, J.L.; Heacock, P.;
Nguyen, O.K.; Wang, J.H.; et al. Mitochondrial Phosphatase PTPMT1 Is Essential for Cardiolipin Biosynthesis.
Cell Metab. 2011, 13, 690–700. [CrossRef] [PubMed]

14. Kasahara, T.; Kubota-Sakashita, M.; Nagatsuka, Y.; Hirabayashi, Y.; Hanasaka, T.; Tohyama, K.; Kato, T.
Cardiolipin is essential for early embryonic viability and mitochondrial integrity of neurons in mammals.
FASEB J. 2019, 34, 1465–1480. [CrossRef]

15. Dinca, A.A.; Chien, W.-M.; Chin, M.T. Identification of novel mitochondrial localization signals in human
Tafazzin, the cause of the inherited cardiomyopathic disorder Barth syndrome. J. Mol. Cell. Cardiol. 2018,
114, 83–92. [CrossRef]

16. Hijikata, A.; Yura, K.; Ohara, O.; Go, M. Structural and functional analyses of Barth syndrome-causing
mutations and alternative splicing in the tafazzin acyltransferase domain. Meta Gene 2015, 4, 92–106.
[CrossRef]

400



Life 2020, 10, 277

17. Xu, Y.; Zhang, S.; Malhotra, A.; Edelman-Novemsky, I.; Ma, J.; Kruppa, A.; Cernicica, C.; Blais, S.; Neubert, T.A.;
Ren, M.; et al. Characterization of Tafazzin Splice Variants from Humans and Fruit Flies. J. Biol. Chem. 2009,
284, 29230–29239. [CrossRef]

18. Schlame, M.; Xu, Y.; Ren, M. The Basis for Acyl Specificity in the Tafazzin Reaction. J. Biol. Chem. 2017, 292,
5499–5506. [CrossRef]

19. Xu, Y.; Anjaneyulu, M.; Donelian, A.; Yu, W.; Greenberg, M.L.; Ren, M.; Owusu-Ansah, E.; Schlame, M.
Assembly of the complexes of oxidative phosphorylation triggers the remodeling of cardiolipin. Proc. Natl.

Acad. Sci. USA 2019, 116, 11235–11240. [CrossRef]
20. Taylor, W.A.; Hatch, G.M. Identification of the Human Mitochondrial Linoleoyl-coenzyme A

Monolysocardiolipin Acyltransferase (MLCL AT-1). J. Biol. Chem. 2009, 284, 30360–30371. [CrossRef]
21. Mejia, E.M.; Zegallai, H.; Bouchard, E.D.; Banerji, V.; Ravandi, A.; Hatch, G.M. Expression of human

monolysocardiolipin acyltransferase-1 improves mitochondrial function in Barth syndrome lymphoblasts.
J. Biol. Chem. 2018, 293, 7564–7577. [CrossRef] [PubMed]

22. Miklas, J.W.; Clark, E.; Levy, S.; Detraux, D.; Leonard, A.; Beussman, K.; Showalter, M.R.; Smith, A.T.;
Hofsteen, P.; Yang, X.; et al. TFPa/HADHA is required for fatty acid beta-oxidation and cardiolipin
re-modeling in human cardiomyocytes. Nat. Commun. 2019, 10, 1–21. [CrossRef] [PubMed]

23. Li, J.; Romestaing, C.; Han, X.; Li, Y.; Hao, X.; Wu, Y.; Sun, C.; Liu, X.; Jefferson, L.S.; Xiong, J.; et al. Cardiolipin
Remodeling by ALCAT1 Links Oxidative Stress and Mitochondrial Dysfunction to Obesity. Cell Metab. 2010,
12, 154–165. [CrossRef] [PubMed]

24. Baandrup, U.; Florio, R.A.; Roters, F.; Olsen, E.G. Electron microscopic investigation of endomyocardial
biopsy samples in hypertrophy and cardiomyopathy. A semiquantitative study in 48 patients. Circulation

1981, 63, 1289–1298. [CrossRef] [PubMed]
25. Sabbah, H.N.; Sharov, V.; Riddle, J.M.; Kono, T.; Lesch, M.; Goldstein, S. Mitochondrial abnormalities in

myocardium of dogs with chronic heart failure. J. Mol. Cell. Cardiol. 1992, 24, 1333–1347. [CrossRef]
26. Schlame, M.; Greenberg, M.L. Biosynthesis, remodeling and turnover of mitochondrial cardiolipin.

Biochim. Biophys. Acta Mol. Cell Biol. Lipids 2017, 1862, 3–7. [CrossRef]
27. Frohman, M.A. Role of mitochondrial lipids in guiding fission and fusion. J. Mol. Med. 2015, 93, 263–269.

[CrossRef]
28. Chen, L.; Gong, Q.; Stice, J.P.; Knowlton, A.A. Mitochondrial OPA1, apoptosis, and heart failure.

Cardiovasc. Res. 2009, 84, 91–99. [CrossRef]
29. Sharov, V.G.; Sabbah, H.N.; Shimoyama, H.; Goussev, A.V.; Lesch, M.; Goldstein, S. Evidence of cardiocyte

apoptosis in myocardium of dogs with chronic heart failure. Am. J. Pathol. 1996, 148, 141–149.
30. DeVay, R.M.; Dominguez-Ramirez, L.; Lackner, L.L.; Hoppins, S.; Stahlberg, H.; Nunnari, J. Coassembly of

Mgm1 isoforms requires cardiolipin and mediates mitochondrial inner membrane fusion. J. Cell Biol. 2009,
186, 793–803. [CrossRef]

31. Meglei, G.; McQuibban, G.A. The Dynamin-Related Protein Mgm1p Assembles into Oligomers and
Hydrolyzes GTP To Function in Mitochondrial Membrane Fusion†. Biochemistry 2009, 48, 1774–1784.
[CrossRef] [PubMed]

32. Kiebish, M.A.; Yang, K.; Liu, X.; Mancuso, D.J.; Guan, S.; Zhao, Z.; Sims, H.F.; Cerqua, R.; Cade, W.T.; Han, X.;
et al. Dysfunctional cardiac mitochondrial bioenergetic, lipidomic, and signaling in a murine model of Barth
syndrome. J. Lipid Res. 2013, 54, 1312–1325. [CrossRef] [PubMed]

33. Acehan, D.; Vaz, F.; Houtkooper, R.H.; James, J.; Moore, V.; Tokunaga, C.; Kulik, W.; Wansapura, J.; Toth, M.J.;
Strauss, A.; et al. Cardiac and Skeletal Muscle Defects in a Mouse Model of Human Barth Syndrome.
J. Biol. Chem. 2010, 286, 899–908. [CrossRef] [PubMed]

34. Gonzalvez, F.; D’Aurelio, M.; Boutant, M.; Moustapha, A.; Puech, J.-P.; Landes, T.; Arnauné-Pelloquin, L.;
Vial, G.; Taleux, N.; Slomianny, C.; et al. Barth syndrome: Cellular compensation of mitochondrial dysfunction
and apoptosis inhibition due to changes in cardiolipin remodeling linked to tafazzin (TAZ) gene mutation.
Biochim. Biophys. Acta Mol. Basis Dis. 2013, 1832, 1194–1206. [CrossRef]

35. Acehan, D.; Xu, Y.; Stokes, D.L.; Schlame, M. Comparison of lymphoblast mitochondria from normal subjects
and patients with Barth syndrome using electron microscopic tomography. Lab. Investig. 2007, 87, 40–48.
[CrossRef]

401



Life 2020, 10, 277

36. Dudek, J.; Cheng, I.F.; Chowdhury, A.; Wozny, K.; Balleininger, M.; Reinhold, R.; Grunau, S.; Callegari, S.;
Toischer, K.; Wanders, R.J.; et al. Cardiac-specific succinate dehydrogenase deficiency in Barth syndrome.
EMBO Mol Med 2016, 8, 139–154. [CrossRef]

37. Dudek, J.; Cheng, I.-F.; Balleininger, M.; Vaz, F.M.; Streckfuss-Bömeke, K.; Hübscher, D.; Vukotic, M.;
Wanders, R.J.A.; Rehling, P.; Guan, K. Cardiolipin deficiency affects respiratory chain function and
organization in an induced pluripotent stem cell model of Barth syndrome. Stem Cell Res. 2013, 11, 806–819.
[CrossRef]

38. Chatzispyrou, I.A.; Guerrero-Castillo, S.; Held, N.M.; Ruiter, J.P.; Denis, S.W.; Ijlst, L.; Wanders, R.J.; Van
Weeghel, M.; Ferdinandusse, S.; Vaz, F.M.; et al. Barth syndrome cells display widespread remodeling of
mitochondrial complexes without affecting metabolic flux distribution. Biochim. Biophys. Acta Mol. Basis Dis.

2018, 1864, 3650–3658. [CrossRef]
39. Wang, S.; Li, Y.; Xu, Y.; Ma, Q.; Lin, Z.; Schlame, M.; Bezzerides, V.J.; Strathdee, D.; Pu, W.T. AAV Gene

Therapy Prevents and Reverses Heart Failure in a Murine Knockout Model of Barth Syndrome. Circ. Res.

2020, 126, 1024–1039. [CrossRef]
40. Gonzalvez, F.; Schug, Z.T.; Houtkooper, R.H.; MacKenzie, E.D.; Brooks, D.G.; Wanders, R.J.A.; Petit, P.X.;

Vaz, F.M.; Gottlieb, E. Cardiolipin provides an essential activating platform for caspase-8 on mitochondria.
J. Cell Biol. 2008, 183, 681–696. [CrossRef]

41. Rampelt, H.; Zerbes, R.M.; Van Der Laan, M.; Pfanner, N. Role of the mitochondrial contact site and
cristae organizing system in membrane architecture and dynamics. Biochim. Biophys. Acta Bioenerg. 2017,
1864, 737–746. [CrossRef] [PubMed]

42. Weber, T.A.; Koob, S.; Heide, H.; Wittig, I.; Head, B.; Van Der Bliek, A.; Brandt, U.; Mittelbronn, M.;
Reichert, A.S. APOOL Is a Cardiolipin-Binding Constituent of the Mitofilin/MINOS Protein Complex
Determining Cristae Morphology in Mammalian Mitochondria. PLoS ONE 2013, 8, e63683. [CrossRef]
[PubMed]

43. Friedman, J.R.; Mourier, A.; Yamada, J.; McCaffery, J.M.; Nunnari, J.; Youle, R.J. MICOS coordinates with
respiratory complexes and lipids to establish mitochondrial inner membrane architecture. eLife 2015, 4, e07739.
[CrossRef] [PubMed]

44. Koob, S.; Barrera, M.; Anand, R.; Reichert, A.S. The non-glycosylated isoform of MIC26 is a constituent of the
mammalian MICOS complex and promotes formation of crista junctions. Biochim. Biophys. Acta Bioenerg.

2015, 1853, 1551–1563. [CrossRef]
45. Van Strien, J.; Guerrero-Castillo, S.; Chatzispyrou, I.A.; Houtkooper, R.H.; Brandt, U.; Huynen, M.A.

COmplexome Profiling ALignment (COPAL) reveals remodeling of mitochondrial protein complexes in
Barth syndrome. Bioinformatics 2019, 35, 3083–3091. [CrossRef]

46. Sabbah, H.N.; Gupta, R.C.; Singh-Gupta, V.; Zhang, K.; Lanfear, D.E. Abnormalities of Mitochondrial
Dynamics in the Failing Heart: Normalization Following Long-Term Therapy with Elamipretide.
Cardiovasc. Drugs Ther. 2018, 32, 319–328. [CrossRef]

47. Anand, R.; Kondadi, A.K.; Meisterknecht, J.; Golombek, M.; Nortmann, O.; Riedel, J.; Peifer-Weiß, L.;
Brocke-Ahmadinejad, N.; Schlütermann, D.; Stork, B.; et al. MIC26 and MIC27 cooperate to regulate
cardiolipin levels and the landscape of OXPHOS complexes. Life Sci. Alliance 2020, 3, e202000711. [CrossRef]

48. Kameoka, S.; Adachi, Y.; Okamoto, K.; Iijima, M.; Sesaki, H. Phosphatidic Acid and Cardiolipin Coordinate
Mitochondrial Dynamics. Trends Cell Biol. 2018, 28, 67–76. [CrossRef]

49. Fiedorczuk, K.; Letts, J.A.; Degliesposti, G.; Kaszuba, K.; Skehel, M.; Sazanov, L.A. Atomic structure of the
entire mammalian mitochondrial complex I. Nature 2016, 538, 406–410. [CrossRef]

50. Sedlák, E.; Robinson, N.C. Phospholipase A2 Digestion of Cardiolipin Bound to Bovine CytochromecOxidase
Alters Both Activity and Quaternary Structure†. Biochemistry 1999, 38, 14966–14972. [CrossRef]

51. Sedlák, E.; Panda, M.; Dale, M.P.; Weintraub, S.T.; Robinson, N.C. Photolabeling of Cardiolipin Binding
Subunits within Bovine Heart CytochromecOxidase†. Biochemistry 2006, 45, 746–754. [CrossRef] [PubMed]

52. Shinzawa-Itoh, K.; Seiyama, J.; Terada, H.; Nakatsubo, R.; Naoki, K.; Nakashima, Y.; Yoshikawa, S.
Bovine Heart NADH−Ubiquinone Oxidoreductase Contains One Molecule of Ubiquinone with Ten Isoprene
Units as One of the Cofactors. Biochemistry 2010, 49, 487–492. [CrossRef] [PubMed]

53. Sharpley, M.S.; Shannon, R.J.; Draghi, A.F.; Hirst, J. Interactions between Phospholipids and
NADH:Ubiquinone Oxidoreductase (Complex I) from Bovine Mitochondria†. Biochemistry 2006, 45, 241–248.
[CrossRef] [PubMed]

402



Life 2020, 10, 277

54. Robinson, N.C.; Zborowski, J.; Talbert, L.H. Cardiolipin-depleted bovine heart cytochrome c oxidase:
Binding stoichiometry and affinity for cardiolipin derivatives. Biochemistry 1990, 29, 8962–8969. [CrossRef]

55. Spikes, T.E.; Montgomery, M.G.; Walker, J.E. Structure of the dimeric ATP synthase from bovine mitochondria.
Proc. Natl. Acad. Sci. USA 2020, 117, 23519–23526. [CrossRef]

56. Laird, D.M.; Eble, K.S.; Cunningham, C.C. Reconstitution of mitochondrial F0.F1-ATPase with
phosphatidylcholine using the nonionic detergent, octylglucoside. J. Biol. Chem. 1986, 261, 14844–14850.

57. Duncan, A.L.; Robinson, A.J.; Walker, J.E. Cardiolipin binds selectively but transiently to conserved lysine
residues in the rotor of metazoan ATP synthases. Proc. Natl. Acad. Sci. USA 2016, 113, 8687–8692. [CrossRef]

58. Mileykovskaya, E.; Penczek, P.A.; Fang, J.; Mallampalli, V.K.P.S.; Sparagna, G.C.; Dowhan, W. Arrangement
of the Respiratory Chain Complexes in Saccharomyces cerevisiae Supercomplex III2IV2 Revealed by Single
Particle Cryo-Electron Microscopy. J. Biol. Chem. 2012, 287, 23095–23103. [CrossRef]

59. Pfeiffer, K.; Gohil, V.; Stuart, R.A.; Hunte, C.; Brandt, U.; Greenberg, M.L.; Schägger, H. Cardiolipin Stabilizes
Respiratory Chain Supercomplexes. J. Biol. Chem. 2003, 278, 52873–52880. [CrossRef]

60. Zhang, M.; Mileykovskaya, E.; Dowhan, W. Cardiolipin Is Essential for Organization of Complexes III and
IV into a Supercomplex in Intact Yeast Mitochondria. J. Biol. Chem. 2005, 280, 29403–29408. [CrossRef]

61. Jiang, F.; Ryan, M.T.; Schlame, M.; Zhao, M.; Gu, Z.; Klingenberg, M.; Pfanner, N.; Greenberg, M.L. Absence of
Cardiolipin in thecrd1Null Mutant Results in Decreased Mitochondrial Membrane Potential and Reduced
Mitochondrial Function. J. Biol. Chem. 2000, 275, 22387–22394. [CrossRef] [PubMed]

62. Gómez, L.A.; Hagen, T.M. Age-related decline in mitochondrial bioenergetics: Does supercomplex
destabilization determine lower oxidative capacity and higher superoxide production? Semin. Cell Dev. Biol.

2012, 23, 758–767. [CrossRef] [PubMed]
63. Ostrander, D.B.; Sparagna, G.C.; Amoscato, A.A.; McMillin, J.B.; Dowhan, W. Decreased Cardiolipin Synthesis

Corresponds with Cytochromec Release in Palmitate-induced Cardiomyocyte Apoptosis. J. Biol. Chem. 2001,
276, 38061–38067. [PubMed]

64. Gadicherla, A.K.; Stowe, D.F.; Antholine, W.E.; Yang, M.; Camara, A.K. Damage to mitochondrial
complex I during cardiac ischemia reperfusion injury is reduced indirectly by anti-anginal drug ranolazine.
Biochim. Biophys. Acta Bioenerg. 2012, 1817, 419–429. [CrossRef]

65. Saini-Chohan, H.K.; Holmes, M.G.; Chicco, A.J.; Taylor, W.A.; Moore, R.L.; McCune, S.A.; Hickson-Bick, D.L.;
Hatch, G.M.; Sparagna, G.C. Cardiolipin biosynthesis and remodeling enzymes are altered during
development of heart failure. J. Lipid Res. 2008, 50, 1600–1608. [CrossRef]

66. Nickel, A.G.; Von Hardenberg, A.; Hohl, M.; Löffler, J.R.; Kohlhaas, M.; Becker, J.; Reil, J.-C.; Kazakov, A.V.;
Bonnekoh, J.; Stadelmaier, M.; et al. Reversal of Mitochondrial Transhydrogenase Causes Oxidative Stress in
Heart Failure. Cell Metab. 2015, 22, 472–484. [CrossRef]

67. Chiao, Y.A.; Zhang, H.; Sweetwyne, M.; Whitson, J.; Ting, Y.S.; Basisty, N.; Pino, L.K.; Quarles, E.;
Nguyen, N.-H.; Campbell, M.D.; et al. Late-life restoration of mitochondrial function reverses cardiac
dysfunction in old mice. eLife 2020, 9. [CrossRef]

68. Murphy, M.P.; Hartley, R.C. Mitochondria as a therapeutic target for common pathologies. Nat. Rev.

Drug Discov. 2018, 17, 865–886. [CrossRef]
69. Conrad, M.; Jakupoglu, C.; Moreno, S.G.; Lippl, S.; Banjac, A.; Schneider, M.; Beck, H.; Hatzopoulos, A.K.;

Just, U.; Sinowatz, F.; et al. Essential Role for Mitochondrial Thioredoxin Reductase in Hematopoiesis,
Heart Development, and Heart Function. Mol. Cell. Biol. 2004, 24, 9414–9423. [CrossRef]

70. Ho, Y.-S.; Magnenat, J.-L.; Gargano, M.; Cao, J. The Nature of Antioxidant Defense Mechanisms: A Lesson
from Transgenic Studies. Environ. Health Perspect. 1998, 106, 1219. [CrossRef]

71. Yen, H.C.; Oberley, T.D.; Vichitbandha, S.; Ho, Y.S.; Clair, D.K.S. The protective role of manganese superoxide
dismutase against adriamycin-induced acute cardiac toxicity in transgenic mice. J. Clin. Investig. 1996,
98, 1253–1260. [CrossRef] [PubMed]

72. Ruprecht, J.J.; King, M.S.; Zögg, T.; Aleksandrova, A.A.; Pardon, E.; Crichton, P.G.; Steyaert, J.; Kunji, E.R.
The Molecular Mechanism of Transport by the Mitochondrial ADP/ATP Carrier. Cell 2019, 176, 435–447.
[CrossRef] [PubMed]

73. Beyer, K.; Klingenberg, M. ADP/ATP carrier protein from beef heart mitochondria has high amounts of
tightly bound cardiolipin, as revealed by phosphorus-31 nuclear magnetic resonance. Biochemistry 1985,
24, 3821–3826. [CrossRef] [PubMed]

403



Life 2020, 10, 277

74. Pebay-Peyroula, E.; Dahout-Gonzalez, C.; Kahn, R.; Trézéguet, V.; Lauquin, G.J.-M.; Brandolin, G. Structure
of mitochondrial ADP/ATP carrier in complex with carboxyatractyloside. Nat. Cell Biol. 2003, 426, 39–44.
[CrossRef] [PubMed]

75. Senoo, N.; Kandasamy, S.; Ogunbona, O.B.; Baile, M.G.; Lu, Y.; Claypool, S.M. Cardiolipin, conformation,
and respiratory complex-dependent oligomerization of the major mitochondrial ADP/ATP carrier in yeast.
Sci. Adv. 2020, 6, eabb0780. [CrossRef] [PubMed]

76. Palmieri, F.; Bisaccia, F.; Capobianco, L.; Iacobazzi, V.; Indiveri, C.; Zara, V. Structural and functional
properties of mitochondrial anion carriers. Biochim. Biophys. Acta Bioenerg. 1990, 1018, 147–150. [CrossRef]
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Abstract: With the advent of next generation sequencing, the list of mitochondrial DNA (mtDNA)
mutations identified in patients rapidly and continuously expands. They are frequently found in
a limited number of cases, sometimes a single individual (as with the case herein reported) and
in heterogeneous genetic backgrounds (heteroplasmy), which makes it difficult to conclude about
their pathogenicity and functional consequences. As an organism amenable to mitochondrial DNA
manipulation, able to survive by fermentation to loss-of-function mtDNA mutations, and where
heteroplasmy is unstable, Saccharomyces cerevisiae is an excellent model for investigating novel human
mtDNA variants, in isolation and in a controlled genetic context. We herein report the identification
of a novel variant in mitochondrial ATP6 gene, m.8909T>C. It was found in combination with the
well-known pathogenic m.3243A>G mutation in mt-tRNALeu. We show that an equivalent of the
m.8909T>C mutation compromises yeast adenosine tri-phosphate (ATP) synthase assembly/stability
and reduces the rate of mitochondrial ATP synthesis by 20–30% compared to wild type yeast.
Other previously reported ATP6 mutations with a well-established pathogenicity (like m.8993T>C
and m.9176T>C) were shown to have similar effects on yeast ATP synthase. It can be inferred that
alone the m.8909T>C variant has the potential to compromise human health.

Keywords: MT-ATP6; m.8909T>C; ATP synthase; nephropathy; oxidative phosphorylation;
mitochondrial disease

1. Introduction

Mitochondria provide aerobic eukaryotes with cellular energy by generating adenosine tri-
phosphate (ATP) through the process of oxidative phosphorylation (OXPHOS). As a first step, electrons
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from nutrients (such as carbohydrates and fatty acids) are transferred by four complexes (CI-CIV)
anchored to the mitochondrial inner membrane. This results in a transmembrane electrochemical
proton gradient, which drives ATP synthesis from adenosine di-phosphate (ADP) and inorganic
phosphate (Pi) by the ATP synthase (CV).

Defects of the OXPHOS system have been implicated in a broad spectrum of human diseases.
Typical clinical traits include encephalopathies, cardiomyopathies, myopathies, visual/hearing, liver and
renal dysfunctions [1–3]. Many of these diseases are caused by mitochondrial DNA (mtDNA) mutations.
This DNA encodes 13 protein subunits of the OXPHOS system and a number of RNAs necessary for
the synthesis of these proteins inside the organelle [4]. Pathogenic mtDNA mutations often co-exist
with non-mutated mtDNA (heteroplasmy) and are highly recessive (only rare cases of dominancy
were reported [5]), which makes it difficult to know how mitochondrial function is affected in patient’s
cells and tissues. Furthermore, because of the high mutability of the mitochondrial genome due to
its exposure to damaging oxygen species (ROS) and the poor activity of mitochondrial DNA repair
systems, it can be difficult to establish the pathogenicity of a mtDNA variant [4]. Additionally,
the effects of deleterious mtDNA mutations may be aggravated by nucleotide changes in nuclear and
mitochondrial DNA that are not pathogenic per se (the so-called modifier genes) [6,7].

Being amenable to mitochondrial genetic transformation [8], and owing to its good fermenting
capability that enables survival after the loss of oxidative phosphorylation and inability to stably
maintain heteroplasmy [9], Saccharomyces cerevisiae has been used as a model to investigate mtDNA
mutations identified in patients. We have exploited these attributes to study MT-ATP6 gene mutations
found in patients. This gene encodes the subunit a of ATP synthase, which is involved in moving
protons through the membrane domain (FO) of ATP synthase coupled to ATP synthesis [10–15].
These yeast-based studies helped to better define the functional consequences of subunit a mutations
and provided support for the pathogenicity of rare alleles identified in only a limited number of cases
like m.8851T>C [12] and m.8969G>A [16]. Importantly, the extent to which yeast ATP synthase was
affected correlated with disease severity, which reflects the strong evolutionary conservation of the
regions of subunit a where these mutations localize [17–26].

Herein we report the identification of a novel MT-ATP6 variant, m.8909T>C. It converts into serine
a highly conserved phenylalanine residue of subunit a (aF128S in humans; aF145S in yeast). We detected
it by entirely sequencing the mtDNA of a patient with an extreme clinical presentation including
brain, kidney and muscular dysfunctions leading to premature death at the age of 14. This patient
also carried the well-known pathogenic m.3243A>G mutation in mt-tRNALeu(1) (MT-TL1). In a yeast
model of the m.8909T>C variant, ATP synthase assembly/stability was significantly compromised
to an extent comparable to that seen previously in yeast models of other ATP6 mutations with a
well-established pathogenicity. These findings indicate that alone the m.8909T>C variant has the
potential to compromise human health.

2. Materials and Methods

2.1. Kidney Analyses

Kidney biopsies were performed under ultrasound guidance by an experienced investigator.
Paraffin-embedded sections were routinely stained with periodic acid Schiff and assessed by light
microscopy. Fluorescence staining for IgG, IgA, immunoglobulin M (IgM), C3c and C1q was performed
on freshly frozen renal tissues and ultra-thin sections stained with uranyl acetate and lead nitrate were
examined by electron microscopy as described in [16]. Kidney biopsies were frozen in isopentane
chilled with liquid nitrogen. Six-micrometer thick cryostat frozen sections were performed for enzyme
histochemical staining for Complex IV (COX), Complex II (SDH) and nicotinamide adenine dinucleotide
(NADH) dehydrogenase activities using specific substrates of these enzymes including Cytochrome c

(C7752, Sigma-Aldrich), β-nicotinamide adenine dinucleotide (N7410, Sigma-Aldrich, St. Louis, MO,
USA) and succinic acid (S3674, Sigma-Aldrich), respectively as described [27–29]. Optical density
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quantification of these activities was assessed from 20 consecutive microscopic fields in each renal
section and the adjacent background regions.

2.2. Patient Consent, Ethical Committees, and Adhesion to Biosecurity and Institutional Safety Procedures

The female Chinese patient herein described was hospitalized with recurrent kidney disease
and multiple systemic dysfunctions at Jinling Hospital in Nanjing (China). One hundred healthy
control adults were randomly recruited from a panel of unaffected, genetically unrelated Han Chinese
individuals from the same geographic region. All methods were conducted in accordance with the Ethics
Committee of the Jinling Hospital and in the respect of biosafety and public health. Written informed
consents were obtained from the patient and her parents as well as the 100 healthy controls. The mother
didn’t consent for sequencing her mtDNA and medical examination.

2.3. mtDNA Characterization

Whole DNA was prepared from total blood, kidney and urine sediment samples with the DNA
extraction kit from Qiagen (Hilden, Germany), and mtDNA was amplified as described in [16].
The revised Cambridge reference sequence (rCRS) of H. sapiens mitochondrial DNA (GenBank
NC_012920.1) was used to identify variants of this DNA. Variant prioritization and the presence of
deletion/depletion was performed as described [16]. The abundance of mutations was assessed using a
Pyromark Q24 platform (Qiagen) as described in [16]. After purification using streptavidin Sepharose
HP (GE Healthcare), and denaturation with NaOH, the PCR products were annealed and sequenced
with the primers listed in Table 1.

Table 1. Primers used for PCR amplification of mitochondrial DNA (mtDNA) and sequencing.

Forward Reverse
Product

Length (bp)

For detection of point mutations

1 CCCACAGTTTATGTAGCTTACC GTACTATATCTATTGCGCCAGG 1215
2 ACTACCAGACAACCTTAGCC AACATCGAGGTCGTAAACCC 1293
3 CTTCACCAGTCAAAGCGAAC AGAAGTAGGGTCTTGGTGAC 1242
4 CGAACTAGTCTCAGGCTTCAAC TCGTGGTGCTGGAGTTTAAG 1228
5 ACGTAAGCCTTCTCCTCACT TCGTTACCTAGAAGGTTGCC 1138
6 CCGACCGTTGACTATTCTCT GATGGCAAATACAGCTCCTA 1160
7 GCAAACTCATCACTAGACATCG AGCTTTACAGTGGGCTCTAG 1329
8 ACCACAGTTTCATGCCCATC TGGCCTTGGTATGTGCTTTC 1223
9 CACTTCCACTCCATAACGCT GTTGAGGGTTATGAGAGTAGC 1308

10 TACCAAATGCCCCTCATTTA GTAATGAGGATGTAAGCCCG 1272
11 TTCAATCAGCCACATAGCCC GATGAAACCGATATCGCCGA 1260
12 GAGGGCGTAGGAATTATATCC GTCAGGTTAGGTCTAGGAGG 1240
13 CATACTCGGATTCTACCCTAG TGTAATTACTGTGGCCCCTC 1280
14 TCGGCATTATCCTCCTGCTT GTGCTATGTACGGTAAATGGC 1250
15 TGACTCACCCATCAACAACC ATAGAAAGGCTAGGACCAAACC 1179

For detection of mtDNA deletion

1 GCACCCTATGTCGCAGTATCTGTC
TTTG

GGACGAGAAGGGATTTGACTG
TAATGTGC 16,255

2 CACTTCCACTCCATAACGCTCC
TCATACT

GGGCTATTGGTTGAATGAGTAGG
CTGATG 16,250

For detection of mtDNA copy number

COX1 TTCGCCGACCGTTGACTATTCTCT AAGATTATTACAAATGCATGGGC 197
18S GTCTGTGATGCCCTTAGATG AGCTTATGACCCGCACTTAC 177

For pyrosequencing of m.3243A>G

Amplification AAGGACAAGAGAAATAAGGC ATGAGGAGTAGGAGGTTGG 207
Sequencing TTTTATGCGATTACCG
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2.4. Media for Growing Yeast

The following media were used for growing yeast. YPAD: 1% (w/v) yeast extract, 2% (w/v) bacto
peptone, 40 mg/L adenine and 2% (v/v) glucose; YPAGly: 1% (w/v) yeast extract, 2% (w/v) bacto peptone,
40 mg/L adenine and 2% (v/v) glycerol; YPGALA: 1% (w/v) yeast extract, 2% (w/v) bacto peptone, 40
mg/L adenine and 2% (v/v) galactose. Solid media contained 2% (w/v) agar.

2.5. Construction of S. cerevisiae Strain RKY108 (aF145S)

We used the QuikChange XL Site-directed Mutagenesis Kit of Stratagene to introduce
an equivalent of the m.8909T>C mutation (aF145S) in the yeast ATP6 gene cloned in
pUC19 [30], utilizing the oligonucleotide 5′-GGTTTATATAAACATGGTTGAGTATTCTTCTCATT
ATCAGTACCTGCTGGTACACCATTACC-3′. The atp6-F145S gene was cloned into the plasmid
pJM2 [8]. The resulting plasmid (pRK66) was introduced into mitochondria of the strain DFS160 that
totally lacks mitochondrial DNA (ρ0) as described [8] (see Table 2 for complete genotypes and sources
of yeast strains). The resulting mitochondrial transformants (RKY109) were crossed to the atp6::ARG8m

deletion strain MR10 [30] to yield strain RKY108. This strain has the MR10 nucleus and the atp6-F145S
gene in a complete (ρ+) mitochondrial genome. The presence of the atp6 mutation in these clones was
confirmed by DNA sequencing. No other change was detected in the ATP6 gene. The corresponding
wild type strain MR6 (WT) is a derivative of strain W303-1B in which the nuclear ARG8 gene has
been replaced with HIS3 (arg8::HIS3) and with the entirely sequenced mitochondrial genome of strain
BY4741 [30].

Table 2. Genotypes and sources of yeast strains.

Strain Nuclear Genotype mtDNA Reference

DFS160
MATα leu2∆ ura3-52
ade2-101 arg8::URA3
kar1-1

ρo [31]

NB40-3C
MATa lys2 leu2-3,112
ura3-52 his3∆HindIII
arg8::hisG

ρ+ cox2-62 [31]

MR6
MATa ade2-1 his3-11,15
trp1-1 leu2-3,112 ura3-1
CAN1 arg8::HIS3

ρ+ [30]

MR10
MATa ade2-1 his3-11,15
trp1-1 leu2-3,112 ura3-1
CAN1 arg8::HIS3

ρ+ atp6::ARG8m [30]

RKY109
MATa leu2∆ura3-52
ade2-101 arg8::URA3
kar1-1

ρ− atp6-F145S This study

RKY108
MATa ade2-1 his3-11,15
trp1-1 leu2-3,112 ura3-1
CAN1 arg8::HIS3

ρ atp6-F145S This study

Yeast genes nomencalure is used in accordance to http://www.yeastgenome.org/help/community/nomenclature-
conventions.

2.6. Yeast-Based Drug Assay

0.05 OD650nm of exponentially growing cells were homogeneously spread with sterile glass beads
on a square Petri dish (12 cm × 12 cm) containing solid YPAGly medium. Sterile filters were deposited
on the plate and spotted with oligomycin (purchased from Sigma, St. Louis, MO, USA) dissolved
in DMSO.
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2.7. Biochemical Investigation of Mitochondria

Oxygen consumption measurements in mitochondria isolated from yeast cells grown in complete
galactose medium were performed according to [32], using a Clark electrode (Heito, Paris, France).
Freshly prepared mitochondria were added to 1 mL of respiration buffer (10 mM Tris-maleate pH 6.8,
0.65 M sorbitol, 0.3 mM EGTA, and 3 mM potassium phosphate) at 0.15 mg/mL in the reaction chamber
maintained at 28 ◦C. The oxygen consumption was measured after successive additions of 4 mM NADH,
150 µM ADP, 4 µM carbonyl cyanide m-chlorophenylhydrazone (CCCP). The rate of ATP synthesis was
measured in the same conditions but with 750 µM ADP. Aliquots were withdrawn every 15 s from the
reaction mix and supplemented with 3.5% (w/v) perchloric acid and 12.5 mM EDTA. After neutralization
of the samples to pH 6.5 with KOH 0.3 M/MOPS, ATP was quantified by luciferin/luciferase assay
(ATPLite kit from Perkin Elmer, Waltham, MA, USA) on a LKB bioluminometer. Oligomycin (3 µg/mL)
was used to determine the amount of ATP produced by ATP synthase. ATPase activity was measured
in non-osmotically protected mitochondria at pH 8.4 as described [33]. Blue native polyacrylamide
gel electrophoresis (BN-PAGE) was performed as described [34]. For this, 200 µg of mitochondrial
proteins were suspended in 50 µL of extraction buffer (30 mM HEPES, 150 mM potassium acetate, 12%
glycerol, 2 mM 6-aminocaproic acid, 1 mM EGTA, 2% digitonin (Sigma), one protease inhibitor cocktail
tablet (Roche) (pH 7.4) and incubated for 30 min on ice. After centrifugation (14,000 rpm, 4 ◦C, 30 min)
the supernatant containing the solubilized complexes were supplemented with 2.25 µL of loading
dye (5% Serva Blue G-250, 750 mM 6-aminocaproic acid) and run into NativePAGE 3–12% Bis-Tris
Gel (Invitrogen, Carlsbad, CA, USA). After transfer onto PVDF membrane the yeast ATP synthase
complexes were detected with polyclonal antibodies against α-F1 (Atp1), subunit c (Atp9) and subunit
a (Atp6) used after 1:10,000, 1:5000, and 1:1000 dilutions respectively. The Atp1 antibodies were kindly
provided by J. Velours. Anti-Atp9 antibodies were prepared by Eurogentec (Seraing, Belgium) with the
synthetic peptide corresponding to the loop connecting the two transmembrane helices of Atp9 as an
immunogen. The procedure used to in-gel visualize ATP synthase by its ATPase activity is described
in [31].

2.8. Amino-Acid Alignments and Subunit a Topology

Clustal Omega [35] was used to compare amino acid sequences of subunits a of various species.
The topology of the aF145S mutation was investigated according to the yeast ATP synthase structure
described in [36] and drawn using PyMOL [37].

2.9. Statistical Analyses

Chi-square test and SPSS (16.0), Chicago, IL, USA. method were used for evaluating the statistical
significance of the data. All of the tests were two tailed, and p values < 0.05 were considered significant.

3. Results

3.1. Case Report

The patient here reported suffered from hemiplegia, epileptic episodes, aphasia, blindness
and deafness since she was 10 years old. Cranial CT (Computed Tomography) and MRI (Magnetic
Resonance Imaging) revealed cerebral infarction and softening, and inflammatory changes. Moderate to
severe abnormalities in electroencephalogram were observed. She also presented severe hearing
impairment and hyper lactacidemia. At the age of 14 she developed a nephrotic syndrome with mass
proteinuria, hypoproteinemia, and hyperlipidemia (Table 3). Renal biopsy indicated mild mesangial
proliferative glomerulonephritis (MPGNs) pattern, with tubule atrophy and interstitial fibrosis
(Figure 1A). Diffuse deposition of immunoglobulin M (IgM) was revealed by immunofluorescence
microscopy (Figure 1B). Glomerular IgM deposition was observed in the patient’s kidney, but also
to a lesser extent in healthy controls. IgM deposition can be caused by many reasons and was likely
not a crucial factor in disease development. The patient’s neuromuscular manifestations partially
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mitigated with steroid and antiepileptic treatment. A supplemental ATP therapy and additional
renal conservative treatment had also some benefits. The initial renal function impairment rapidly
aggravated and the patient was at uremia stage when she died after 8 months of follow-up, as revealed
by the levels of serum creatinine and urea nitrogen in blood (Table 3).

Table 3. Clinical data.

The Time of First Kidney Biopsy

Age/years 14
Sex (M/F) F
Ethnicity Han Chinese

Course/mouth 8
Urinary

protein/g·24 h−1 3.74

BUN/mg·dL−1 20.6
Scr/mg·dL−1 1.23

Alb/g·L−1 27.5
Glo/g·L−1 16.8

TG/mmol·L−1 3.99
Chol/mmol·L−1 8.6

At uremia stage

BUN/mg·dL−1 58.1
Scr/mg·dL−1 9.27

M: male; F: female; BUN: blood urea nitrogen; Scr: serum creatinine; Alb: albumin; Glo: globulin; TG: triglyceride;
Chol: cholesterol.
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Figure 1. Kidney analyses. (A) Light microscopy of kidney samples from the patient show glomeruli
(G) mesangial widening, and tubules (TL) atrophy and interstitial fibrosis. (B) Fluorescence microscopy
reveals immunoglobulin M (IgM) deposits in glomerular cells from the patient. (C) Electron micrographs
of kidney samples from the healthy control and patient (magnification is ×10,000, and ×80,000 from
top to bottom). (D) Enzyme histochemical staining of cytochrome c oxidase (COX), nicotinamide
adenine dinucleotide (NADH) and succinate dehydrogenase (SDH) in freshly frozen kidney biopsies
(magnification is ×400).

3.2. Hints for Mitochondrial Dysfunction

Electron microscopy revealed uneven and swelled mitochondria with barely detectable cristae in
patient’s tubular epithelial cells (Figure 1C). Histochemical staining of cytochrome c oxidase (COX or
CIV) and NADH dehydrogenase (CI) activities was strongly reduced in renal tissues from the patient
in comparison to control kidney samples (Figure 1D), whereas the activity of succinate dehydrogenase
(SDH) was much less diminished. No large rearrangement (deletion) and depletion of the patient’s
mtDNA were detected (not shown). The mitochondrial genome of the patient was entirely sequenced,
which revealed a number of nucleotide changes relative to the reference human mitochondrial genome
(Table 4), among which m.3243A>G in mt-tRNALeu, which is the most frequent pathogenic mtDNA
allele [38] (Figure 2A). Another point mutation, never reported thus far, was detected in the MT-ATP6:
m.8909T>C. It is absent in 2704 controls in databases and in 100 age-matched controls from the Nanjing
geographic region from which the patient originated (Figure 2B). Pyrosequencing analyses revealed
that the MT-ATP6 variant was homoplasmic in blood, urine sediments (epithelial-like cells detached
from tubules) and kidney, whereas the m.3243A>G change was heteroplasmic (50–90%). Defects in
mitochondrial translation induced by the m.3243A>G mutation likely explain the poor histochemical
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staining of CI and CIV, two complexes of mixed genetic origin, and the much better preservation of the
entirely nucleus-encoded SDH complex.

Table 4. List of the mtDNA nucleotide changes in the patient relative to the reference sequence of the
human mitochondrial genome (http://www.mtdb.igp.uu.se/).

Gene
Nucleotide

Changes
Frequency a

Amino Acid
Change Function

Annotation
Type

D-Loop

m.263A>G 1861/1867 non-coding polymorphic
m.499G>A * 2106/2144 non-coding polymorphic

m.16217T>C * 103/1867 non-coding polymorphic
m.16261C>T 111/1867 non-coding polymorphic

m.16136T>C * 24/1867 non-coding polymorphic

12S rRNA

m.750A>G 2682/2704 non-coding polymorphic
m.827A>G * 54/2704 non-coding polymorphic
m.1438A>G 2620/2704 non-coding polymorphic

16S rRNA m.2706A>G 2178/2704 non-coding polymorphic

TL1 m.3243A>G 0/2704 MELAS Mutation

ND2

m.4769A>G 2674/2704 Met100Met polymorphic
m.4820G>A * 45/2704 Glu117Glu polymorphic
m.5063T>C 3/2704 Pro198Pro polymorphic

COXI

m.6023G>A * 34/2704 Glu40Glu polymorphic
m.6413T>C * 23/2704 Asn170Asn polymorphic
m.7028C>T 2199/2704 Ala375Ala polymorphic

ATP6
m.8860A>G 2698/2704 Thr112Ala polymorphic
m.8909T>C 0/2704 Phe128Ser Mutation

ND4L m.10646G>A 13/2704 Val59Val polymorphic

ND4
m.11254T>C 1/2704 Ile165Ile polymorphic
m.11719G>A 2100/2704 Gly320Gly polymorphic

ND5
m.13590G>A * 110/2704 Leu418Leu polymorphic
m.13779A>G 0/2704 Thr481Thr polymorphic

CYTB

m.14766T>C 610/2704 Thr7Ile polymorphic
m.15326A>G 2687/2704 Thr194Ala polymorphic
m.15535C>T * 48/2704 Asn263Asn polymorphic
m.15688C>T 0/2704 Ser314Ser polymorphic
m.15758A>G 29/2704 Ile338Val polymorphic

a Frequency refers to the occurrence of the detected nucleotide changes in 2704 control individuals except D-Loop.
* Stands for haplogroup B4b1a nucleotide changes.

The m.8909T>C variant converts a phenylalanine residue into serine at position 128 of human
subunit a (aF128S) of ATP synthase. This residue is highly conserved in a large panel of evolutionary
distant species (see below). Therefore, if the m.3243A>G mutation in mt-tRNALeu likely impacted
the two mtDNA encoded subunits (ATP6 and ATP8) of ATP synthase, as was observed in previous
studies of cells containing this mutation [39–41], we considered that the m.8909T>C possibly affected
also the ATP synthase. It would have been difficult to test this hypothesis from patient’s cells and
tissues because of their mitochondrial genetic heterogeneity. We, therefore decided, as described below,
to investigate the consequences in isolation of an equivalent of this mutation on the yeast ATP synthase.
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Figure 2. Mitochondrial DNA sequencing. Entire sequencing of the mtDNA of the patient identified
the well-known pathogenic mutation m.3243A>G in MT-TL1 (A) and a novel variant in MT-ATP6,
m.8909T>C (B). The former was heteroplasmic whereas the latter was homoplasmic in analyzed cells
and tissues (blood, urine and kidney). All the nucleotide changes relative to the reference human
mitochondrial genome sequence are listed in Table 2.

3.3. Consequences of the m.8909T>C Mutation on Yeast ATP Synthase

Yeast subunit a (also called subunit 6 or Atp6) is synthesized as a precursor protein the first ten
residues of which are removed during ATP synthase assembly [42]. The phenylalanine residue at
position 128 of human subunit a that is changed into serine by the m.8909T>C mutation corresponds
to the phenylalanine residue at position 145 in the mature yeast protein (155 in the unprocessed form)
(see below). A yeast model homoplasmic for the m.8909T>C mutation was created by changing the
phenylalanine codon TTC 155 into TCA (see Materials and Methods).

3.3.1. Influence of the aF145S Mutation on Yeast Respiratory Growth

The aF145S mutant grew well from fermentable substrates like glucose (Figure 3A), where ATP
synthase is not required. Mitochondrial-dependent growth on glycerol was also normal at both 28
◦C (the optimal temperature for mitochondrial function in yeast), and at 36 ◦C (Figure 3A). However,
in the presence of increasing concentrations of oligomycin, a chemical inhibitor of ATP synthase [43],
respiratory growth of the aF145S mutant was less efficient compared to the WT (Figure 3A). An increased
sensitivity to oligomycin is usually observed in yeast ATP synthase defective mutants because less of
this drug is needed to reach the threshold of ATP synthase activity (20%) below which respiratory
growth of yeast becomes obviously compromised [13,44]. The increased sensitivity to oligomycin of
the aF145S mutant was further characterized by spreading the cells as a dense layer on glycerol medium
and then exposed to a drop of oligomycin deposited on a sterile disk of paper (Figure 3B). Oligomycin
diffuses in the growth medium, which results in the establishment of a continuous gradient around
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the disk. Growth is inhibited until a certain drug concentration. The halos of growth inhibition had a
much higher diameter for the mutant vs. wild type yeast (Figure 3B), consistent with the growth tests
shown in Figure 3A. These in vivo observations provide a strong indication that the aF145S mutation
has detrimental consequences on ATP synthase.

 

Figure 3. Consequences of an equivalent of the m.8909T>C variant (aF145S) in yeast. (A) Cells from the
WT (MR6) and two genetically independent clones (denoted as 1 and 2) of the aF145S mutant strain
(RKY108) grown in glucose were serially diluted and spotted on plates containing glucose, glycerol,
and glycerol supplemented with indicated concentrations of oligomycin (Oligo). The plates were
scanned after the indicated days of incubation. Representative data from two WT and two independent
mutant clones and at least two repeats of each are shown. A mm scale is shown on the upper left image.
(B) On the left panel, cells from WT and aF145S mutant strains were spread as dense layers onto rich
glycerol solid media and then exposed to sterile filters spotted with 4 nmol oligomycin (Oligo) and
DMSO as a negative control (solvent). The plates were scanned after 3 days of incubation at 28 ◦C
and 36 ◦C. The shown scale is 1 cm. The diameters of the halos of growth inhibition (in % of WT)
are reported in the shown histograms. **** indicates a p-value < 0.0001. (C) Assembly/stability of
ATP synthase. Protein extracts were prepared from mitochondria isolated from WT and aF145S strains
grown at 36 ◦C. Samples with a same content in porin were solubilized with 2% digitonin and resolved
by Blue native–polyacrylamide gel electrophoresis (BN-PAGE, 200 µg proteins per lane). Dimers (V2)
and monomers (V1) of F1FO complexes and free F1 were in-gel visualized by their ATPase activity.
The protein complexes were transferred onto nitrocellulose and probed with antibodies against subunit
c (Atp9) and a (Atp6). On the left margin is a molecular weight ladder. (D) Western blot (WB) of
mitochondrial proteins resolved by SDS-PAGE with antibodies against subunit a (Atp6) and Porin.
The levels of Atp6 are normalized to Porin. The shown plates and gels have been cropped to eliminate
samples not linked to this study and that were intercalated between those of interest (WT and aF145S).
Representative data from at least two repeats are shown.

3.3.2. Influence of the aF145S Mutation on Mitochondrial Respiration and ATP Synthesis

The impact of the aF145S mutation on mitochondrial oxygen consumption and ATP synthesis
was investigated in mitochondria extracted from cells grown at 36 ◦C in a rich galactose medium.
Oxygen consumption was measured with NADH as an electron donor, alone (basal or State 4 respiration,
which is induced only by the passive permeability to protons of the inner membrane), and after
successive additions of ADP (State 3 or phosphorylating conditions, where respiration is normally twice
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stimulated vs. State 4) and the uncoupler CCCP (thus without any membrane potential, which further
stimulates 2-fold the rate of respiration vs. State 3) (Table 5). State 4 respiration was not increased in the
aF145S vs. WT mitochondria, indicating that the inner membrane had a normal passive permeability
to protons and that there were no proton leak through the membrane domain (FO) of ATP synthase.
At State 3 as well as in the presence of CCCP, the rate of oxygen consumption was decreased by 20–30%
in the mutant vs. WT mitochondrial samples, and the rate of ATP synthesis (at State 3) was diminished
in similar proportions (Table 5). These data indicate that the aF145S mutation slows down the rate
of ATP production with no loss in the yield in ATP per electron transferred to oxygen. A decreased
capacity to transfer electrons to oxygen is usually observed in yeast ATP synthase defective mutants,
except in those with FO-mediated proton leaks [10–12,30,45], from which it was argued that the proton
translocation activity of ATP synthase modulates biogenesis of the respiratory system presumably as a
mean to co-regulate mitochondrial electron transfer and ATP synthesis activities [46].

Table 5. Mitochondrial respiration and ATP synthesis.

Strain

Respiration Rate
nmoL O min−1 mg−1

ATP Synthesis Rate nmoL ATP
min−1 mg−1

NADH NADH + ADP NADH + CCCP −oligo +oligo

WT 249 ± 21 654 ± 46 1028 ± 21 1393 ± 113 236 +/− 60
aF145S 178 ± 2 * 474 ± 5 * 811 ± 9 * 988 ± 101 * 110 +/− 49

Mitochondria were isolated from cell strains grown for 5–6 generations in YPGALA medium (rich
galactose) at 36 ◦C. Reaction mixes contained 0.15 mg/mL of mitochondrial proteins, 4 mM NADH, 150
(for respiration assays) or 750 (for ATP synthesis) µM ADP, 4 µM CCCP, 3 µg/mL oligomycin (oligo).
Respiratory and ATP synthesis activities were measured using freshly isolated, osmotically protected,
mitochondria buffered at pH 6.8. The reported values are averages of two biological replicates and
three technical replicates for each assay. Statistical significance of the data was tested using unpaired
t-test (* indicates a p-value < 0.05).

3.3.3. Influence of the aF145S Mutation on ATP Synthase Assembly/Stability

The ATP synthase organizes into a membrane-extrinsic domain (F1) and a domain (FO) largely
anchored in the inner membrane [47–49]. The subunit a and a ring of identical subunits c move
protons through the FO. As a result of this, the c-ring rotates and provokes conformational changes
in the F1 that promote ATP synthesis. In current models, the assembly of ATP synthase starts with
formation of F1, followed by its association to the c-ring and peripheral stalk subunits that prevent
rotation of the catalytic subdomain (αβ3) of F1. The process ends with incorporation of subunit
a [50]. When incorporation of subunit a is compromised, the F1 and the c-ring easily dissociate during
BN-PAGE analysis of mitochondrial proteins, as was observed in a yeast strain lacking the ATP6

gene [15,30,51]. In addition to fully assembled monomers and dimers of ATP synthase, free F1 and
c-ring were detected in mitochondrial samples from the aF145S mutant whereas these particles were
absent in those from WT yeast, as revealed by Western blot with subunit c (Atp9) antibodies and by the
in-gel F1-mediated ATP hydrolytic activity (Figure 3C). The steady state levels of the mutated subunit
a were estimated by Western blot (WB) with Atp6 antibodies of mitochondrial proteins resolved in
denaturing gels. They were significantly reduced in the mutant vs. WT (Figure 3D). Taken together
these data show that the aF145S change partially compromises a stable incorporation of subunit a within
ATP synthase.

3.4. Topology of the Phenylalanine Residue Targeted by the m.8909T>C Mutation

Complete high-resolution structures of mitochondrial ATP synthase were described
recently [36,47–49,52–54]. Near the middle of the membrane are located two universally conserved
residues, an acidic one in subunit c (cE59 in yeast) and a positively charged arginine residue in subunit a
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(aR176 in yeast) that are functionally essential [36,55–57] (Figure 4B). Two hydrophilic clefts, one on the
p-side and n-side of the membrane facilitate proton movement from one side of the membrane to the
other. Inside the p-side channel, cE59 takes a proton from the intermembrane space (IMS) and releases it
into the n-side cleft after an almost complete rotation of the c-ring. The phenylalanine residue 145 (128
in H.s.) that is changed into serine by the m.8909T>C mutation is located at the bottom of the n-side
cleft within a cluster of hydrophobic residues (aW126, aF141, aF142, aL144, aF145, aY166) beneath the helical
domain of subunit a (aH5) that runs along the subunit c-ring (Figure 4C). Replacement of aF145 by a
polar serine residue may weaken these hydrophobic interactions, and this is possibly responsible for the
partial defects in ATP synthase assembly/stability observed in the aF145S mutant (as described above).

 

α β

β

Figure 4. Evolutionary conservation of the phenylalanine residue targeted by the m.8909T>C mutation,
and its topology in yeast ATP synthase. (A) Amino-acid alignments of subunits a from Homo sapiens

(H.s.), Bos taurus (B.t.), Xenopus laevis (X.l.), Arabidopsis thaliana (A.t.), Schizosaccharomyces pombe (S.p.),
Podospora anserina (P.a.), Yarrowia lipolytica (Y.l.) and Saccharomyces cerevisiae (S.c.). At the top and bottom,
the residues are numbered according to the H.s. protein and mature S.c. protein (i.e., without the first 10
N-terminal residues that are cleaved during assembly [42]), respectively. Strictly conserved residues are
in white characters on a red background while similar residues are in red on a white background with
blue frames. α-helices (aH4-5 and aHβ) in the S.c. protein marked above the amino-acid alignments
are according to [36]. The essential arginine (aR159 in humans, aR176 in yeast) is on a blue background.
The yeast aF145 residue corresponding to aF128 in H.s. targeted by the m.8909T>C mutation is on a green
background. The grey arrows mark the residues belonging to the hydrophobic cluster surrounded by
aH4, aHβ and aH5. (B) View of the entire c-ring and subunits a, b, 8, I, f and k from the IMS and the
pathway along which protons are transported from the intermembrane space to the mitochondrial
matrix. The side chains of the residues that are essential (aR176 and cE59) and important (aE162, aD244,
aE223, H185) to this transfer are drawn as stick with their carbon atoms in white. The p-side and n-side
clefts are shown as grey surfaces. (C) Enlargement of the region where is located the aF145S mutation.
The mutated aF145 residue in green belongs to a hydrophobic cluster of six residues (aW126, aF141, aF142,

aL144, aF145, aY166), which may stabilize or ease the folding of the bottom of the n-side cleft and the
proper positioning of aH5 along the c-ring.
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4. Discussion

With the advent of next generation sequencing methods, numerous novel variants of the
mitochondrial DNA (mtDNA) are continuously identified in patients suffering from mitochondrial
disorders. They are frequently found in only a limited number of cases, sometimes in a single individual
(as with the case here reported), which makes it difficult to conclude about their pathogenicity. In a study
aiming to probe the possible implication of mtDNA alterations in renal disease in the region of Nanjing,
we examined more than 5000 patients with a biopsy-proven kidney dysfunction. Patients retained
for entire mtDNA sequencing additionally showed at least two symptoms commonly observed in
mitochondrial diseases like diabetes mellitus, deafness, neuromuscular and cardiac manifestations.
Another criterion was the presence of abnormal mitochondrial ultrastructure and decreased cytochrome
c oxidase (COX) and NADH (Complex I) dehydrogenase activities in kidney biopsies. In the patient
with all these features here reported, we identified a novel variant in the mitochondrial ATP6 gene,
m8909T>C. It was homoplasmic in blood, urine sediments, and kidney (Figure 2B). It was detected
in combination with the well-known pathogenic m.3243A>G mutation in a leucine tRNA gene
(MT-TL1) [38], at a lesser abundancy (50–90%). There is no doubt that defects in mitochondrial
translation induced by the m.3243A>G mutation largely contributed to the disease process and the
severe decreases in CI and CIV activities, with only a minimal loss of SDH activity as was observed in
other patients carrying this mutation [58].

The m.8909T>C variant leads to replacement of a well conserved phenylalanine residue with serine
in ATP synthase subunit a (aF128S) (Figure 4A), which prompted us to investigate the consequences
of an equivalent of this mutation (aF145S) in yeast. Several lines of evidence demonstrate a partial
impairment of ATP synthase function in the mutant compared to wild type yeast: (i) respiratory growth
showed a higher sensitivity to suboptimal concentrations of oligomycin, a chemical that inhibits ATP
synthase; (ii) as was observed in many yeast ATP synthase defective mutants, the rate of mitochondrial
oxygen consumption was diminished; (iii) ATP was produced less rapidly; and (iv) the presence in
BN gels of partial ATP synthase assemblies (free F1 and c-ring particles) attested for a compromised
ability of the mutated subunit a to be stably incorporated into ATP synthase (Figure 3). According
to recently published atomic structures of yeast ATP synthase [36,54], these effects are presumably
the consequence of a disorganization of a cluster of hydrophobic residues supposedly important to
help subunit a to adopt a stable functional conformation around the c-ring. Similar ATP synthase
defects were previously observed in yeast models of MT-ATP6 mutations with a well-established
pathogenicity, like m.9176T>C [13] and m.8993T>C [11]. It is thus a reasonable hypothesis that the
m.8909T>C variant could by itself have detrimental consequences on human health.

In line with this hypothesis, the patient here described showed a very severe clinical presentation
in comparison to 35 previously reported patients suffering from kidney problems and presumed
to carry only the m.3243A>G mutation (in most of them the mtDNA was not entirely sequenced).
The median onset age of disease was 26 years (Table S1). More than 50% of these patients were first
diagnosed with a renal disease due to persistent proteinuria. Glomerular lesions were observed in
21 patients, FSGS in 15 patients, and 3 cases showed TIN (Table S2) [59–81]. At the time of diagnosis,
two relatively aged patients (41 and 47 years old) developed ESRD. A total of 21 patients were recorded
with a median follow-up period of 72 months (range 24–240 months). Kidney function remained stable
in two patients after 24 and 72 months, respectively, and one patient died of heart failure 60 months
after diagnosis. Eighteen patients evolved toward renal failure or ESRD (Table S1) within 10-years
of follow-up after diagnosis (Figure S1). Our patient, carrying both m.8909T>C and m.3243A>G,
developed a kidney disease at the age of 14 and showed an extremely rapid progression to ESRD and
death after only 8 months after diagnosis of a nephropathic syndrome.

As the m.8909T>C mutation was homoplasmic in the analyzed cells and tissues, it is likely that
it is maternally inherited. Unfortunately, the patient’s mother did not consent to be sequenced and
followed medically. She was apparently healthy at the time her daughter was admitted at the hospital.
We had no more contact with her since the death of her child. From her apparent good health, at least
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at the age she brought her daughter at the hospital, we may conclude that the m.8909T>C mutation
has no dramatic consequences on mitochondrial function, which is consistent with the relatively
mild effects of an equivalent of this mutation on yeast ATP synthase. However, when combined
to a more severe allele like m.3243G>A, it may have the potential to accelerate a disease process.
Previous studies already concluded that well-known pathogenic ATP6 variants can act in synergy
with other genetic determinants in patients with a very severe clinical presentation. For instance,
while alone it usually provokes mild clinical phenotypes [82], the m.9176T>C mutation was identified
in a case of fulminant and fatal Leigh syndrome [23]. As there was no major difference in the amount
of mutated mtDNA in relative’s probands, it was concluded that additional mitochondrial or nuclear
genetic determinants were responsible for the different phenotypic expression. A second study
similarly reported a rapid clinical evolution leading to sudden infant death syndrome (SIDS) in families
segregating the m.8993T>G mutation [83] or the m.10044A>G mutation of the mt-tRNAGly gene [84],
which suggested that mtDNA abnormalities should be considered as contributing to SIDS. Because of
a lack of data from the mother of the patient here described, it would be premature to claim that
m.8909T>C is a pathogenic mutation. However, considering the very severe clinical presentation of
this patient, and the detrimental consequences of m.8909T>C on yeast ATP synthase, it is a reasonable
proposal that this mutation has the potential to impact human health, in particular when combined to
other genetic abnormalities that compromise mitochondrial function.

5. Conclusions

In conclusion, we here report a new mtDNA variant in the ATP6 gene (m.8909T>C) and provide
evidence using the yeast model that it has detrimental consequences on ATP synthase similar to those of
other ATP6 mutations with a well-established pathogenicity like m.9176T>C and m.8993T>C. On this
basis, it is a reasonable assumption that this variant has the potential to compromise human health.
Our work illustrates the power of yeast to help the study of specific human mtDNA variants found in
heterogeneous genetic backgrounds and comprehension of human diseases linked to this DNA.
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Figure S1: Occurrence of renal failure during follow-up of 35 previously reported m.3243G>A patients diagnosed
with a nephrotic syndrome, Table S1: Mean clinical characteristics of 35 previously reported m.3243G>A
patients diagnosed with a nephrotic syndrome, Table S2. Individual clinical characteristics of 35 previously
reported m.3243G>A patients diagnosed with a nephrotic syndrome References [59–81] are cited in the
supplementary materials.
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Abbreviations

Alb Albumin
ADP Adenosine di phosphate
ATP Adenosine tri phosphate
BN-PAGE Blue-native polyacrylamide gel electrophoresis
BUN Blood urea nitrogen
CCCP Cyanide m-chlorophenylhydrazone
Chol Cholesterol
CIV Cytochrome c oxidase
COX Complex IV
CI-CIV Complex I–Complex IV
CV ATP synthase
DMSO Dimethylsulfoxide
EGTA Ethylene glycol-bis(β-aminoethyl ether)-N,N,N′,N′-tetraacetic acid
ESRD End-stage renal disease
F Female
FO Domain FO of ATP synthase
F1 Domain F1 of ATP synthase
FSGS FSGS, Focal segmental glomerulosclerosis
Glo Globulin
HEPES 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid
IgM Immunoglobulin M
M Male
MELAS Mitochondrial encephalomyopathy, lactic acidosis, and stroke-like episodes
MPGNs Mesangial proliferative glomerulonephritis
mtDNA Mitochondrial DNA
NADH Nicotinamide adenine dinucleotide
Oligo Oligomycin
OXPHOS Oxidative phosphorylation
Pi Inorganic phosphate
PVDF Polyvinylidene difluoride
ROS Reactive oxygen species
Scr Serum creatinine
SDH Complex II dehydrogenase activities
SDS-PAGE Sodium dodecyl sulfate–polyacrylamide gel electrophoresis
SIDS Sudden infant death syndrome
TMPD N,N,N,N,-tetramethyl-p-phenylenediamine
TG Triglyceride
WB Western-blot
WT Wild-type
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Abstract: It is known that exposure to excess saturated fatty acids, especially palmitate, can trigger
cellular stress responses interpreted as lipotoxicity. The effect of excessive free fatty acids on oxidative
phosphorylation capacity in myoblasts of patients with the m.3243A>G mutation was evaluated
with the mitochondrial (Mito) stress test using a Seahorse XF96 analyzer. ß-oxidation, measured
with the Seahorse XF96 analyzer, was similar in patients and controls, and reduced in both patients
and controls at 40 ◦C compared to 37 ◦C. Mito stress test in the absence of fatty acids showed
lower values in patients compared to controls. The mitochondrial activity and ATP production
rates were significantly reduced in presence of palmitate, but not of oleate in patients, showing a
negative effect of excessive palmitate on mitochondrial function in patients. Diabetes mellitus is a
frequent symptom in patients with m.3243A>G mutation. It can be speculated that the negative effect
of palmitate on mitochondrial function might be related to diacylglycerols (DAG) and ceramides
(CER) mediated insulin resistance. This might contribute to the elevated risk for diabetes mellitus in
m.3243A>G patients.

Keywords: fatty acid oxidation; palmitate; oleate; m.3243A>G mutation

1. Introduction

Fatty acid oxidation (FAO) provides the major source of energy supply for skeletal muscles
in situations requiring simultaneous glucose sparing, and major energy supply, such as prolonged
fasting or exercise. ß-oxidation is the main pathway of fatty acid catabolism in mitochondria [1].
The accumulation of oversupplied fatty acids (FAs) in different tissues, such as the pancreas, liver,
and skeletal muscle, might lead to a cellular dysfunction in these tissues, and an apoptotic cell death,
commonly referred to as “lipotoxicity” [2,3]. The toxic effects of FAs seem to be dependent on their
chain length and degree of saturation. The two-common long-chain saturated FAs (SFA), palmitate
(C16:0) and stearate (C18:0), are known to be the most lipotoxic ones. In contrast, monounsaturated
FAs such as oleate (C18:1), have been reported to protect against the above-mentioned SFA-induced
toxicity [2,4]. Moreover, saturated FAs have worsened the insulin-resistance, while monounsaturated
and polyunsaturated ones improved it [5].

The effect of temperature on the functional properties of skeletal rat muscle mitochondria was
reported in one study [6]. Increasing the assay temperature in above-mentioned study within the
range of 25–42 ◦C increased the mitochondrial respiratory chain activities, resulting in an elevated
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phosphorylation rate. They reported a temperature-induced decrease in oxidative phosphorylation
(OXPHOS) efficiency as well.

It has been shown that the increase of temperature from 35 ◦C to 40 ◦C induced the uncoupling of
substrate oxidation from adenosine diphosphate (ADP) phosphorylation, and decreased the efficiency
of mitochondria to produce adenosine triphosphate (ATP) in skeletal myofibers. This uncoupling
effect was more pronounced for FAs than for carbohydrates as substrate [7]. It is already known that a
reduction in substrate oxidation, caused by mitochondrial dysfunctions, leads to a lipid accumulation,
such as the deposition of lipid mediators, such as diacylglycerols (DAG) and ceramides (CER). Both,
DAG and CER are reported to inhibit insulin signaling [8–10].

The m.3243A>G point mutation in the MT-TL1 gene (encoding mt-tRNALeu(UUR)) can be found
in approximately 80% of patients with mitochondrial encephalopathy, lactic acidosis, and stroke like
episodes (MELAS)-syndrome. In these patients, the ATP production rate was significantly less than
in controls [11] and the mitochondrial respiration is known to be impaired [12]. Diabetes mellitus
frequently accompanies the m.3243A>G mutation [13]. Thus, the evaluation of effects of saturated free
fatty acids (FFAs), which could lead to an insulin resistance, might be relevant for these patients.

The aim of the present study was to evaluate the oxidative phosphorylation and ß-oxidation
pathway in patients harboring the m.3243A>G mutation. It was of interest to examine whether
palmitate and oleate show a toxic or protective effect on OXPHOS in myoblasts of patients with the
m.3243A>G mutation. Moreover, the effect of a fever-stimulating temperature on ß-oxidation was
simulated in 40 ◦C cultured cells in both, m.3243A>G patients and controls.

2. Materials and Methods

2.1. Human Myoblasts

Muscle primary cells from five patients harboring the genetically confirmed m.3243A>G
mutation and 5 controls were provided by the Muscle Tissue Culture Collection (MTCC) at the
Friedrich-Baur-Institute (Department of Neurology, Ludwig Maximilian University, Munich, Germany;
part of the German network on muscular dystrophies, MD-NET, partner of EuroBioBank) [14].

Cells were collected and processed by MTCC in compliance with all applicable laws, rules,
regulations, and other requirements of any applicable governmental authority. The cells were grown in
skeletal muscle cell growth medium (PromoCell, Heidelberg, Germany) supplemented with 10% fetal
bovine serum (FBS). Further details are given in Table 1 and as described earlier [12]. As controls served
5 patients (2 males, 3 females), who had muscle biopsy for diagnosis of a suspected neuromuscular
disorder. They were deemed ‘normal controls’ if they were ultimately found to have no muscle disease
by combined clinical and histological criteria. Age of controls ranged from 35 to 53 years.

Table 1. Sex and age of five patients with genetically confirmed m.3243A>G mutation and five healthy
controls as previously described [12], F: female, M: male.

Gender Age at Biopsy

Patients
P 1 M 43
P 2 M 42
P 3 F 70
P 4 M 34
P 5 F 40

Controls
C 1 F 50
C 2 M 53
C 3 F 40
C 4 M 35
C 5 F 49
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2.2. Metabolic Function Measurements with the Seahorse XF96 Cell Analyzer

2.2.1. Mito Stress Test

To evaluate mitochondrial function, the Mito Stress test was performed using a Seahorse XF96
Cell Analyzer according to the manufacturer’s recommendations. Briefly, myoblasts from patients and
controls were seeded to Seahorse XF96 cell culture microplates (2.5 × 104 cells per well) in skeletal
muscle cell growth medium supplemented with 10% fetal bovine serum (FBS). After a 24-h incubation at
37 ◦C, the cells were washed twice with a pre-warmed assay medium (XF base medium supplemented
with 10 mM glucose, 2 mM glutamine, and 1 mM sodium pyruvate; pH 7.4).

Oxygen-consumption rate (OCR) values were simultaneously measured following sequential
injections of inhibitors of mitochondrial oxidative phosphorylation: (I) oligomycin (2 µM), an ATP
synthase inhibitor; (II) carbonyl cyanide p-(trifluoromethoxy) phenylhydrazone (FCCP, 2 µM),
an uncoupler; (III) antimycin A (0.5 µM) (inhibitor of complex III) and (IV) rotenone (0.5 µM) (inhibitor
of complex I), inhibiting uncoupled respiration. Key parameters of mitochondrial function such as basal
respiration (BR), ATP production rate (ATP-R) and spare respiratory capacity (SRC) were analyzed
using the above-described measurements. The data was normalized to cell numbers by measurement
of Hoechst dye staining of nuclei with excitation and emission wavelengths 355 nm and 465 nm using
a Tecan Infinite TM M1000 and plotted as OCR (pmol/min/U fluorescence/well ± SD), accordingly.

The Effect of FFAs on the Mitochondrial Respiration

To test the effect of FFAs on the mitochondrial respiration, patient and control myoblasts were
plated (as described in Section 2.2.1) 16 h prior to Mito stress test measurements, Bovine serum albumin
(BSA)-conjugated palmitic acid or oleic acid (ratio FFA: BSA = 6:1) was added to the media. The final
concentration of oleate or palmitate was 300 µM. Comparable amounts of BSA were added in the
untreated group.

2.2.2. Fatty Acid Oxidation

To assess the ability of myoblasts to oxidize exogenous fatty acids, the oxygen-consumption rate
(OCR) was analyzed using a XF96 Cell Analyzer according to the manufacturer’s protocol (Seahorse
Bioscience). For this purpose, the myoblast of patients and controls were plated (as described in
Section 2.1) 16-h prior to measurements, growth medium was replaced by substrate-limited medium
(Dulbecco’s modified Eagle’s medium (DMEM) with 0.5 mM glucose, 1.0 mM glutamine, 0.5 mM
carnitine, and 1% FBS) and incubated at 37 ◦C or 40 ◦C. Moreover, 45 min before the beginning of
OCR measurement, the medium was changed into pre-warmed FAO Assay Medium (111 mM NaCl,
4.7 mM KCl, 2.0 mM MgSO4, 1.2 mM Na2HPO4, 2.5 mM glucose, 0.5 mM carnitine, and 5 mM HEPES).
Just before measurements, palmitic acid or oleic acid were added to a final concentration of 167 µM
total FA (bound in a 6:1 molar ratio to BSA) as substrate. The data were normalized to cell numbers.

All Seahorse experiments were repeated at least twice. All data shown are the means ± SD of at
least 3 different wells per group.

All chemicals used for these assays were obtained from Sigma Aldrich (St Louis, MO, USA).

2.3. Statistical Analysis

Statistical analysis, calculation, and visualization were performed using Prism 8 (GraphPad,
San Diego, CA, USA). Analysis of correlation was carried out using a two-way analysis of variance
(ANOVA) followed by Tukey’s post hoc test. Significance was set at p = 0.05. The statistical tests chosen
were predetermined by the size of the study group and the numerical range of values.
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2.4. Ethical Statement

The study was conducted in accordance with the Declaration of Helsinki and was approved by
the local Ethical Committee of the Medical Faculty of Martin Luther University of Halle-Wittenberg
(Project identification codes 215/20.01.10/3 and 2020-019).

3. Results

3.1. Metabolic Function Measurements with the Seahorse XF96 Cell Analyzer

3.1.1. Mito Stress Test

Without any additional FAs, almost all important parameters of mitochondrial function, such as
basal respiration (BR), maximal respiration (MR) and spare respiratory capacity (SRC) were significantly
lower in patients compared to controls. Only the ATP linked respiration rate (ATP-R) was not
significantly different in patients and controls (Figure 1, Table 2).

 

≤ ≤
≤

 

Figure 1. Evaluation of mitochondrial function using a Seahorse XF96 Cell Analyzer in myoblasts
from patients (n = 5) and controls (n = 5). Key parameters of mitochondrial function were analyzed
as described in methods. (A) basal respiration (BR), (B) maximal respiration (MR), (C) ATP linked
respiration (ATP-R), and (D) spare respiratory capacity (SRC). In some experiments, FAs oleate
or palmitate were added as excessive nutrients. The significant differences between patients and
controls are presented in Table 2. The significance between values without FAs or after treatment
with them is only shown if there are significant differences: * = p-values ≤ 0.05, ** = p-values ≤ 0.01,
**** = p-values ≤ 0.0001. OCR: oxygen consumption rate, FAs: Fatty acids, UF: unit fluorescence/well.
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Table 2. Comparison of the mean values of key parameters for mitochondrial function (basal, MR, ATP
production, and SRC) in myoblasts of patients (n = 5) and controls (n = 5) with or without 300 µM
palmitate or oleate. Significant differences between patients and controls are shown if p ≤ 0.05.

Mito Stress Test

+Palmitate +Oleate

Controls
(Mean)

Patients
(Mean)

p-Value
Controls
(Mean)

Patients
(Mean)

p-Value
Controls
(Mean)

Patients
(Mean)

p-Value

Basal 42.7 36.3 0.004 44.5 29.7 <0.0001 49.6 37.3 0.0006
MR 118.9 93.6 <0.0001 102.6 76.7 136 102.7 0.002
SRC 78.6 59.9 0.0003 68.8 46.8 0.006 92.3 56.9 <0.0001
ATP 34.2 33.2 30.9 22.6 0.009 40.2 33.7 0.04

3.1.2. The Effect of FFAs on Mitochondrial Respiration

Differences between Patients and the Controls

After treatment of myoblasts with palmitate or oleate, the key respiratory parameters BR and SRC
were still significantly higher in controls compared to patients. MR was significantly higher in controls
than in patients only upon addition of oleate (Table 2).

The Effect of Palmitate

The treatment of patient’s myoblasts with palmitate for 16 h prior to measurement led to a
significant reduction of BR, SRC, and ATP-R values compared to the values without FAs. In contrast,
controls showed similar BR, MR, SRC, and ATP-R values to those without FAs after treatment with
palmitate (Figure 1, Table 3).

Table 3. The effect of treatment of patients (n = 5) and controls (n = 5) myoblasts with 300 µM
palmitate or oleate conjugated with BSA on key parameters for mitochondrial function (basal, MR,
ATP production and SRC). Significant differences between values obtained with or without FAs are
presented if p ≤ 0.05. p.: p-values, –FAs: without Fatty acids, Pa: palmitate. O: oleate.

Controls

–FAs
(Mean)

Pa
(Mean)

p. –FAs/Pa
(Mean)

O
(Mean)

p. –FAs/O
(Mean)

Pa
(Mean)

O
(Mean)

p. Pa/O
(Mean)

Basal 42.7 44.5 49.6 44.5 49.6
MR 118.9 102.6 136 102.6 136 0.01
SRC 78.6 68.9 92.3 68.9 92.3 0.01
ATP 34.2 30.9 40.2 0.02 30.9 40.2 0.003

Patients

–FAs
(Mean)

Pa
(Mean)

p. –FAs/Pa
(Mean)

O
(Mean)

p. –FAs/O
(Mean)

Pa
(Mean)

O
(Mean)

p. Pa/O
(Mean)

Basal 36.3 29.7 0.03 37.3 29.7 37.3 0.04
MR 93.6 76.7 102.7 76.7 102.7 0.02
SRC 59.9 46.8 0.04 56.9 46.8 56.9
ATP 33.2 22.6 <0.0001 33.7 22.6 33.7 <0.0001

The Effect of Oleate

The treatment of cells with oleate only led to a significant increase of ATP-R in controls compared
to the values without FAs. However, BR, MR, and SRC remained unchanged (Figure 1, Table 3).

BR was significantly higher in patients in presence of oleate compared to those in presence of
palmitate. MR and ATP-R were higher in both patients and controls after treatment of the cells with
oleate, compared to values in presence of palmitate (Table 3).
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3.1.3. Fatty Acid Oxidation (FAO)

The Difference between Patients and the Controls

Independent of the applied substrate (oleate or palmitate), MR, ATP-R, and SRC were similar in
patients and controls at 37 ◦C and 40 ◦C. BR was higher in controls than in patients, however, only at
37 ◦C and in presence of palmitate (Figure 2, Table 4). The increase of temperature from 37 ◦C to 40 ◦C
led to a significant decrease in all key parameters (BR, MR, ATP-R, and SRC) in both, patients and
controls (Table 5).

 

≤

Figure 2. Evaluation of ß-oxidation using a Seahorse XF96 Cell Analyzer in myoblasts from patients
(n = 5) and controls (n = 5). The measurements were performed at 37 ◦C or 40 ◦C as described in
methods. (A) basal respiration (BR), (B) maximal respiration (MR), (C) ATP linked respiration (ATP-R),
and (D) spare respiratory capacity (SRC) by use of palmitate or oleate as substrate. BR, MR, ATP-R,
and SRC (key parameters) were significantly reduced upon increased temperature from 37 ◦C to
40 ◦C in both patients and controls (significance shown in Table 5) * = p-values ≤ 0.05. OCR: oxygen
consumption rate, UF: unit fluorescence/well.

Table 4. Measurement of ß-oxidation using a Seahorse XF96 Cell Analyzer in myoblasts of patients
(n = 5) and controls (n = 5) with palmitate or oleate as substrate at 37 ◦C and 40 ◦C. Significance was set
at p = 0.05. FAO: fatty acid oxidation.

FAO 37 ◦C

Palmitate as Substrate Oleate as Substrate

Controls (Mean) Patients (Mean) p-Value Controls (Mean) Patients (Mean) p-Value

Basal 28.4 23.7 0.04 26.3 23.5
MR 70.7 64.9 85.9 73.7
SRC 46 45.7 62.8 55.5
ATP 21.1 20.2 21.1 20.6
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Table 4. Cont.

FAO 40 ◦C

Palmitate as Substrate Oleate as Substrate

Controls (Mean) Patients (Mean) p-Value Controls (Mean) Patients (Mean) p-Value

Basal 17.2 17.5 18.8 17.9
MR 45.1 38 49.5 44.3
SRC 28 20.8 35.5 33.3
ATP 12 11.7 13.9 13.9

Table 5. Evaluation of ß-oxidation using a Seahorse XF96 Cell Analyzer in myoblasts of patients (n = 5)
and controls (n = 5) with palmitate or oleate as substrate. The difference between values obtained at
37 ◦C and 40 ◦C is shown if the results were significant (p-values ≤ 0.05).

Controls

Palmitate as Substrate Oleate as Substrate

37 ◦C (Mean) 40 ◦C (Mean) p-Value 37 ◦C (Mean) 40 ◦C (Mean) p-Value

Basal 28.4 17.2 <0.0001 26.3 18.8 0.005
MR 70.7 45.1 0.006 85.9 49.5 <0.0001
SRC 46 28 0.05 62.8 35.5 0.0002
ATP 21.1 12 <0.0001 21.1 13.9 0.001

Patients

Palmitate as Substrate Oleate as Substrate

37 ◦C (Mean) 40 ◦C (Mean) p-Value 37 ◦C (Mean) 40 ◦C (Mean) p-Value

Basal 23.7 17.5 0.02 23.5 17.9 0.04
MR 64.9 38 0.0006 73.7 44.3 0.0003
SRC 45.7 20.8 0.0006 55.5 33.3 0.003
ATP 20.2 11.7 <0.0001 20.6 13.9 0.004

The Difference between Palmitate and Oleate

The important parameters BR, MR, ATP-R, and SRC were mostly similar with palmitate or oleate
as substrate. Only SRC was higher in controls in the presence of oleate as substrate compared to the
value resulted from palmitate as substrate at 37 ◦C (Table 6).

Table 6. Evaluation of ß-oxidation using a Seahorse XF96 Cell Analyzer at 37 ◦C and 40 ◦C in myoblasts of
patients (n = 5) and controls (n = 5) with palmitate or oleate as substrate. The difference between values
obtained using palmitate or oleate as substrate is shown if the results were significant (p-values ≤ 0.05),
Pa: palmitate. O: oleate.

FAO 37 ◦C

Controls Patients

Pa (Mean) O (Mean) p-Value Pa (Mean) O (Mean) p-Value

Basal 28.4 26.3 23.7 23.5
MR 70.7 85.9 64.9 73.7
SRC 46 62.8 0.04 45.7 55.5
ATP 21.1 21.1 20.2 20.6

FAO 40 ◦C

Controls Patients

Pa (Mean) O (Mean) p-Value Pa (Mean) O (Mean) p-Value

Basal 17.2 18.8 17.5 17.9
MR 45.1 49.5 38 44.3
SRC 28 35.5 20.8 33.3
ATP 12 13.9 11.7 13.9
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4. Discussion

Mutations of the mitochondrial DNA (mtDNA) involve different organs. These genetic changes
can affect the translation of mtDNA-encoded proteins, including respiratory chain complexes [15,16].
The m.3243A>G mutation has been described to be of strong diabetogenic nature [17]. Elevated FFAs
are discussed to be a major cause of insulin resistance in skeletal muscle and liver [18].

It is generally accepted, that saturated FAs like palmitate induce insulin resistance, whereas
the monounsaturated ones like oleate increase insulin sensitivity in diabetic patients and healthy
individuals [4]. It has been shown, that oleate, but not palmitate, increased the expression of
genes related to the FAO pathway in a sirtuin (Sirt)1-peroxisome proliferator-activated receptor
gamma coactivator (PGC)-1α dependent manner. This, in turn, led to an increase in complete FA
oxidation in mice skeletal muscle [19]. There are other reports about the preventive effect of oleate on
saturated-fatty-acid-induced endoplasmic reticulum (ER) stress, inflammation, and insulin resistance
through adenosine monophosphate-activated protein kinase (AMPK). In the above-mentioned study,
oleate, in contrast to palmitate, did not increase the levels of ER stress markers, which is involved in
the link between lipid-induced inflammation and insulin resistance [20].

In the present study, taking palmitate as standard substrate for FAO measurements and oleate as a
comparison, the data showed generally similar ß-oxidation rates in m.3243A>G patients and controls.
Both, patients and controls showed decreased parameters in this pathway at 40 ◦C compared to 37 ◦C.
ATP-R was reduced to about 35–45% at 40 ◦C compared to that at 37 ◦C for both, patients and controls.

Using glucose as substrate for the Mito stress test, all key parameters of mitochondrial respiration
were significantly lower in patients than in controls.

The long-chain FFAs are poorly soluble in aqueous solutions. Moreover, in vitro exposure to high
levels of FFAs might lead to lipotoxicity and cellular dysfunction [21,22]. The FAs used in the present
study were conjugated with BSA in all experiments (ratio FFA: BSA = 6:1).

The treatment of fibroblasts from healthy controls with palmitic acid for 16 h prior to OCR
measurement has been reported to significantly increase the MR and SRC for about 20% and 45%,
accordingly [23]. However, oleic acid displayed no effect on OCR in the above-mentioned study. In the
present study, the extra addition of FAs oleate and palmitate affected the OCR key parameters in Mito
stress test differently. While oleate generally showed positive effects on OXPHOS values, palmitate
had an impaired them. Considering the values obtained in presence of FAs excess, oleate seemed to
show a slightly positive effect on respiratory factors in patients. After addition of oleate, ATP-R was
about 30% higher in controls compared to the values with palmitate. In contrast, the negative effect
of palmitate excess was significant in patients. MR and ATP-R were reduced about 17% and 30% in
patients after addition of palmitate, accordingly.

The different effects in myoblasts in presence of oleate and palmitate could be explained as follows:
before performance of FAO measurements, the cells are cultured for 16 h in a nutrient restricted
medium (Section 2.2.2). Thus, the cells are forced to take the FAs as the only present substrate to
survive. On the other hand, by Mito stress test, the cells have sufficient nutrients and the added
FAs (oleate and palmitate) count as excessive substrates. FAs are the major energy source for skeletal
muscle. However, the balance between energy demand, uptake, and β-oxidation of FAs should
be regulated. An imbalance between fatty acid uptake and β-oxidation might lead to an insulin
resistance [24]. The elevated lipid levels, which exceed the cell’s capacity to store or utilize FAs,
can, as well, lead to a lipotoxic response to activate stress pathways and apoptosis. For ß-oxidation
in mitochondria, both, saturated and unsaturated long-chain FAs are used as substrate. However,
only long-chain saturated fatty acyl CoAs serve as substrates for de novo ceramide synthesis, which is
involved in initiation of apoptosis [25].

A reduction in palmitic acid, but not in oleic acid oxidation, has been reported in myotubes of
patients with diabetes type II compared to controls [26]. It has been shown that monounsaturated fatty
acids, such as oleic acid, are metabolized and then accumulated in the form of low-toxic triacylglycerol
(TAG). However, a large amount of palmitate inhibits the TAG synthesis at the DAG stage, which leads

438



Life 2020, 10, 204

to the accumulation of DAG in the cell [27,28]. Based on these findings, a substitution of palmitate and
other saturated or unsaturated FFAs has been recommended in patients with diabetes type II to reduce
the accumulation of DAG and TAG to not promote insulin resistance [26].

The data confirmed the reported negative effect of palmitate on respiratory function of cells.
This negative effect was more pronounced in m.3243A>G patients, which led to approximately
30% reduction of ATP production. The controls seemed to benefit slightly more than patients from
the positive effect of oleate clearing the excess of saturated FAs via increasing the FA Oxidation.
This counteracts with inflammation and insulin resistance in skeletal muscle [19]. Nevertheless,
this positive effect should be noticed for keeping the balance of the body weight in over nutrition or
pathological states, such as mitochondrial disorders.

An induced mitochondrial reactive oxygen species (ROS) production, mitochondrial dysfunction,
and insulin resistance in skeletal muscle cells have been reported upon supplementation of palmitate,
but not of oleate. Oleate should even have a protective benefit against palmitate-induced insulin
resistance and might enhance the mitochondrial function, protecting against apoptosis, and increasing
insulin sensitivity [29]. The analysis of potential apoptosis and ROS production might be evaluated in
upcoming projects.

5. Conclusions

The data in the present study showed different effects of palmitate and oleate on oxygen utilization
in myoblasts of both m.3243A>G patients and controls. The myoblasts, indeed, showed similar
ß-oxidation values using palmitate or oleate as substrate. However, the presence of excessive palmitate
showed a negative effect on respiratory rates of patients. This could confirm the already reported
negative effect of excessive palmitate on mitochondrial function in other studies. Since saturated
fatty acids increase the insulin resistance, these results might reveal why the patients harboring the
m.3243A>G mutation have a higher risk for developing of diabetes type II.

Limitations: the study was performed on a small study population. In particular, in the case of the
70-year-old patient listed in the cohort, the aging might have an effect on mitochondrial dysfunction.
However, it has to be noticed that mitochondrial diseases are rare diseases with a huge variety of
mutations and the present study should be considered as a pilot one; it is not always responsible to
perform a tissue/muscle biopsy. It is known that patients harboring the m.3243A>G mutation have
a higher risk of developing diabetes mellitus. However, in the present study, only one patient is
diagnosed with diabetes mellitus (Patient P1).
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Abstract: Aging represents a major risk for developing cardiac disease, including heart failure.
The gradual deterioration of cell quality control with aging leads to cell death, a phenomenon
associated with mitochondrial dysfunction in the heart. Apoptosis is an important quality control
process and a necessary phenomenon for maintaining homeostasis and normal function of the
heart. However, the mechanism of mitochondria-mediated apoptosis in aged hearts remains poorly
understood. Here, we used male Fischer 344 rats of various ages, representing very young (1 month),
young (4 months), middle-aged (12 months), and old (20 months) rats, to determine whether
mitochondria-mediated apoptotic signals and apoptosis in the left ventricle of the heart are altered
notably with aging. As the rats aged, the extramyocyte space and myocyte cross-sectional area in
their left ventricle muscle increased, while the number of myocytes decreased. Additionally,
mitochondrion-mediated apoptotic signals and apoptosis increased remarkably during aging.
Therefore, our results demonstrate that aging promotes remarkable morphological changes and
increases the degree of mitochondrion-mediated apoptosis in the left ventricle of rat hearts.

Keywords: aging heart; Bcl-2 family; mitochondria; programmed cell death

1. Introduction

Aging is commonly characterized by a gradual deterioration of tissue and organ function, and has
been identified as the main cause of cardiac dysfunction. Several factors, including mitochondrial
dysfunction, genomic instability, defective proteostasis, and epigenetic changes, have been considered
important contributors to aging [1,2]. In particular, aging causes significant alterations in the structure
and function of the heart, especially in the left ventricle, in addition to increasing cardiac oxidative
stress and inflammation [1,3]. Impaired cardiac structure and function with aging result in enhanced
susceptibility to cardiovascular diseases (such as heart failure), which can contribute to morbidity
and mortality.
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Mitochondria are the energy power plants of cells, controlling their fate. They are an important
player in various processes and have the ability to maintain metabolic homeostasis and manage
aging-related mechanisms [2]. Several studies suggested that mitochondria have evolved to regulate
other cellular functions, including those contributing to biological aging, such as the generation of
reactive oxygen species (ROS), inflammation, senescence, and resultant necrotic and apoptotic cell
death [4]. Our studies have revealed that aging mainly results in damage to the electron transport chain
during mitochondrial respiration, due to a decrease in electron transport by complex II-IV, which can
promote electron leakage and ROS production [5].

Apoptosis, which is known as programmed cell death, is an essential process for cellular and tissue
homeostasis, maintaining cell growth and differentiation, and controlled tissue repair [4,6]. However,
excessive apoptosis in the heart induces cardiac dysfunction [7]. In particular, it was reported that
reduced heart muscle fiber mass due to apoptosis directly results in the development of myocardial
contraction abnormalities, heart failure, and other cardiac conditions [8,9]. The mitochondrion-driven
apoptotic pathway, regulated by members of the Bcl-2 family, plays a pivotal regulatory role in aging [10].
An imbalance between the pro-apoptotic proteins Bax and Bid and the anti-apoptotic proteins Bcl-2 and
Bcl-xl provokes the opening of the mitochondrial permeability transition pore (mPTP), which, in turn,
triggers the translocation of cytochrome c from the mitochondrial intermembrane to the cytoplasm [11].
The released cytochrome c binds to adenosine triphosphate, apoptotic protease-activating factor 1, and
pro-caspase 9, which subsequently activates caspase-3, thereby causing DNA fragmentation [12–14].
Data from our group and other studies have shown that aging alters the mitochondrial apoptotic
pathway in the skeletal and cardiac muscles of rats, resulting in increased Bax/Bcl-2 ratio, cleaved
caspase-3 levels, and DNA fragmentation [14–16]. However, Nitahara et al. [17] reported that aging has
no effect on mitochondria-dependent apoptosis, in particular, the expression of Bax and Bcl-2, in the
rat heart. Nevertheless, aging induced cardiomyocyte apoptosis. Despite these findings, the effects of
aging on the regulation of mitochondria-mediated apoptosis in the rat heart remain unclear.

In the present study, we aimed to determine whether mitochondria-mediated apoptosis on cardiac
muscle would induce greater changes by aging. To distinguish the alterations that occur during
biological aging (i.e., growth, development, and aging phases), we investigated the changes in the
myocardial structure and mitochondria-mediated apoptotic signaling in the cardiac muscles of male
Fischer 344 rats during the four stages of life, based on the lifespan characteristics of this rat strain,
i.e., very young (VYG; 1 month old), young (YG; 4 months old), middle-aged (MG; 10 months old),
and old (OG; 20 months old). We hypothesized that aging would induce more drastic changes
in myocardial structure and apoptosis mediated through the mitochondrial pathway—including
alterations in the levels of Bcl-2 family proteins, mPTP opening, cleaved caspase-3, and DNA
fragmentation—that correspond to the growth and development phases of the rat heart.

2. Materials and Methods

2.1. Animal Experiments and Ethical Approval

Forty male Fischer 344 rats were randomly divided into four groups according to age: very young
(VYG, 1 month old; n = 10), young (YG, 4 months old; n = 10), middle-aged (MG, 10 months old;
n = 10), and old (OG, 20 months old; n = 10). All rats were housed (two per cage) under standardized
conditions (20 ± 2 ◦C; 12 h light:dark cycle). Standard laboratory chow (LabDiet 5L79, Orient Bio,
Gyeonggi-Do, Korea) and water were provided ad libitum. The experimental protocol was approved
by the Institutional Animal Care and Use Committee of the Kyung Hee University (approval number:
KHUASP [SE]-17-089), and was performed in accordance with the animal care guidelines of the
ethics committee.
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2.2. Tissue Preparation

Frozen left ventricle (LV) tissues were homogenized in CETi lysis buffer (pH 7.6; TransLab, Korea)
containing a non-ionic detergent, protease inhibitors (4 mM AEBSF, 1 µg/mL benzamidine, 1 µg/mL
leupeptin, 1 µg/mL pepstatin, 1 mM EDTA, and 1 mM EGTA), and phosphatase inhibitors (1 mM
sodium fluoride, 1 mM sodium orthovanadate, 1 mM beta-glycerophosphate, and 2.5 mM sodium
pyrophosphate). The LV tissues were prepared with the OMNI TH115 Tissue Homogenizer (OMNI
International, Kennesaw, GA, USA). The samples were centrifuged at 10,000× g twice (20 and 10 min,
respectively) at 4 ◦C, and the supernatants were collected for protein analysis.

2.3. Hematoxylin and Eosin Staining

LV tissues were first subjected to paraffin-embedding; then, the paraffin-embedded tissue blocks
were cut into 5-µm-thick cross-sections, and the sections were placed on glass slides. Next, the sections
were deparaffinized by xylene treatment and hydrated in running distilled water for at least 2 min.
The samples were stained with hematoxylin for 5 min, rinsed with running tap water, and stained with
eosin solution for 2 min. The slides were then rinsed with absolute alcohol. They were then mounted
using synthetic resin and dried overnight at room temperature. Images of the section were captured
on a microscope of Axioplan 2 (Carl Zeiss, Jena, Germany) and the images were quantified using the
ImageJ analysis program (NIH, Bethesda, MD, USA). Two sections of LV in 4 rats per group were
analyzed for percentage of extramyocyte space, number of myocytes, and cross-sectional area (CSA).
Each section was targeted to the endocardial region. The average myocyte count of the sections of
the group was calculated per 100,000 µm2 area, and the mean myocyte CSA for the left ventricular
histological section is square micrometers.

2.4. Western Immunoblotting

The levels of proteins involved in apoptotic signaling—Bax, Bcl-2, and cleaved caspase-3—were
determined via Western blotting. Total protein (20 µg) from homogenized LV tissues was denatured at
95 ◦C for 5 min. The samples were loaded onto 10–12% SDS–polyacrylamide gels and resolved by
electrophoresis at 110 V for 2 h. The proteins were electro-transferred onto a nitrocellulose membrane
(Pall Corporation, Port Washington, NY, USA) for 1 h at 260 mA. Thereafter, the membranes were
stained with Ponceau S (Sigma-Aldrich, St. Louis, MO, USA) to ensure equal loading and protein
transfer of all samples. The membranes were blocked with 5% skim milk in TBS buffer with 0.1%
Tween-20 (TBST) for 2 h at room temperature, washed thrice for 10 min with TBST, and incubated at
4 ◦C for 12 h, with the following primary antibodies (diluted in TBS): anti-Bax (1:1000; Santa Cruz
Biotechnology, Dallas, TX, USA), anti-Bcl-2 (1:1000; Santa Cruz Biotechnology), and anti-cleaved
caspase-3 antibodies (1:500; Cell Signaling Technology, Beverly, MA, USA). The membranes were then
washed thrice for 10 min with TBST. Thereafter, the membranes were slowly incubated on a shaker for
1 h with horseradish peroxidase-conjugated anti-mouse or anti-rabbit secondary antibodies (1:3000
in TBST; Santa Cruz) at room temperature. After washing with TBST, protein bands were developed
using an enhanced chemiluminescence detection kit (Thermo Scientific, Waltham, MA, USA). Relative
protein quantification was performed by densitometry analysis using the Image-Pro Plus software
(Media Cybernetics, Rockville, MD, USA).

2.5. Mitochondrial Permeability Transition Pore (mPTP) Opening Sensitivity

The mitochondrial Ca2+-retention capacity is commonly used to evaluate the susceptibility of
mPTP opening sensitivity, as previously reported [5]. The mPTP opening was determined through
the Ca2+-retention capacity graph. The value of the Ca2+-retention capacity of the control group
(VYG) was calculated indirectly by dividing the other groups, and comparisons were expressed as
percentage values.
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2.6. Immunohistochemistry

LV tissues were first embedded in paraffin; these paraffin blocks were cut into 5-µm-thick sections,
which were placed onto slides and washed thrice for 3 min with phosphate buffered saline (PBS)
solution and incubated in 3% hydrogen peroxide for 30 min. Afterwards, the slides were washed
thrice with PBS and incubated in PBS with 10% goat serum and 1% bovine serum albumin (BSA)
at room temperature for 2 h. The sections were incubated overnight at 4 ◦C with anti-cleaved
caspase-3 antibodies (1:600; Cell Signaling Technology) diluted in PBS with 1% BSA. The slides were
gently washed thrice with PBS and incubated in anti-rabbit secondary antibodies (1:1000; Santa
Cruz Biotechnology) at room temperature for 1 h, and washed thrice with PBS. The ABC reagent kit
(1:100; Vector Laboratories, Burlingame, CA, USA) was used to amplify the protein signals, and the
sections were visualized by staining with 0.03% diaminobenzidine (a chromogenic substrate) at room
temperature. The slides were stained and dehydrated via a hematoxylin control method, and then
cover-slipped. The cleaved caspase-3–positive cells were quantified in the LV tissue sections using the
ImageJ software (version 1.52a; NIH, Bethesda, MD, USA).

2.7. Terminal Deoxynucleotidyl Transferase-Mediated dUTP Nick-End Labeling (TUNEL Assay)

To identify DNA fragmentation, we performed TUNEL staining using an ApopTag Plus
Peroxidase In Situ Apoptosis Detection Kit (Intergen Company, Purchase, NY, USA), according to the
manufacturer’s instructions. The slides were soaked in an ethanol-acetic acid solution (2:1 v/v dilution),
placed in a freezer for 5 min, and washed thrice with PBS. Sections were sequentially incubated with
0.5% Triton X-100, Protease K (100 mg/mL), 3% hydrogen peroxide, and TUNEL reaction mixture,
which was used to rinse the samples after each step. The staining was performed using horseradish
peroxidase-tagged antibodies and 0.03% diaminobenzidine, with counterstaining using the Nissl dye.
TUNEL-positive myonuclei were counted in two sections of LV in 4 rats per group, and the averages
were calculated as percentages of the total number of labeled myonuclei.

2.8. Statistical Analysis

Data were expressed as the means ± standard errors of means (SEMs). The differences among the
four study groups were analyzed by one-way analysis of variance (ANOVA) with post-hoc Tukey’s
test. Statistical significance was considered at p < 0.05.

3. Results

3.1. Effects of Aging on Cardiac Muscle Morphology

LV cross-sections were stained with hematoxylin and eosin to assess their morphology.
Cardiac muscle remodeling was determined by measuring extramyocyte space, extent of apparent
fibrosis, myocyte cross-sectional area (CSA), and the number of myocytes per 100,000 µm2 (Figure 1A).
We found that the samples from the OG group showed more extensive cardiac muscle remodeling
compared with those from the other groups. No difference in the percentage of extramyocyte space in
the samples from the VYG and YG groups was observed, while the samples from the OG group showed
significantly more extramyocyte space than those from the VYG, YG, and MG groups; furthermore,
the samples from the MG group had more extramyocyte space than those from the VYG and YG
groups (mean ± SEM; VYG: 4.48 ± 0.47%; YG: 7.13 ± 0.83%; MG: 13.51 ± 0.97%; OG: 20.85 ± 1.23%))
(p < 0.05 in all comparisons, Figure 1B). The number of myocytes per 100,000 µm2 in the LV tissues
was significantly lower in case of the samples from the MG and OG groups compared with those
from the VYG and YG groups (mean ± SEM; VYG: 113.70 ± 6.79; YG: 115.38 ± 5.10; MG: 72.17 ± 5.83;
OG: 50.86 ± 3.83)) (p < 0.05 in all comparisons, Figure 1C). In contrast, the mean myocyte CSA in
the combined myocardial and endocardial regions was significantly higher in the OG group than in
the VYG, YG, and MG groups (mean ± SEM; 377.66 ± 28.38 µm2 vs. 120.94 ± 9.34, 134.04 ± 10.79,
and 264.22 ± 18.90 µm2, respectively) (p < 0.05 in all comparisons, Figure 1D), and higher in the
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MG rats than in the VYG and YG animals (mean ± SEM; 264.22 ± 18.90 µm2 vs. 120.94 ± 9.34 and
134.04 ± 10.79 µm2, respectively) (p < 0.05 in all comparisons, Figure 1D).

 

Figure 1. (A) Representative histological cross-sections of the left ventricle (LV) tissues of rats from the
very young (VYG), young (YG), middle-aged (MG), and old (OG) groups stained with hematoxylin
and eosin (amplification: 40×). Unstained areas indicate extramyocyte space. (B) Quantification
of the percentage of extramyocyte space. (C) Number of myocytes per 100,000 µm2 in the LV
tissues. (D) Myocyte cross-sectional area (CSA) of LV tissue histological sections, in square micrometers.
The scale bar indicates 100µm. Data presented as the means± SEMs. * p< 0.05 vs. VYG. † p< 0.05 vs. YG.
# p < 0.05 vs. MG.

3.2. Effects of Aging on Mitochondria-Mediated Apoptotic Signaling in Cardiac Muscles

The expression of the pro-apoptotic Bax protein increased by 1960%, 78%, and 69% in the
samples from the OG group (4.12 ± 0.35), compared with that in samples from the VYG (0.20 ± 0.04),
YG (2.32 ± 0.34), and MG groups (2.44 ± 0.31), respectively (p < 0.05 in all comparisons, Figure 2A).
The samples from the YG and MG groups showed similar Bax levels (p > 0.05). In contrast, the levels
of the anti-apoptotic Bcl-2 protein were reduced by 80%, 82%, and 70% in the samples from the OG
group (0.29 ± 0.04), compared with those in the samples from the VYG (1.46 ± 0.17), YG (1.61 ± 0.22),
and MG (0.98 ± 0.08) groups, respectively (p < 0.05 in all comparisons, Figure 2B), while the samples
from the VYG and YG groups showed similar Bcl-2 levels (p > 0.05). The Bax/Bcl-2 ratio, which is
important during the early stage of mitochondria-mediated apoptosis, increased more significantly in
the samples from the OG group than in those from the VYG, YG, and MG groups (p < 0.05, Figure 2C).
Analysis of mPTP opening sensitivity in the VYS group was set to 100.00; the mPTP opening sensitivity
was increased by 154%, 303%, and 587% in the samples from the OG group (687.19 ± 60.83), compared
with that in the samples from the VYG (100.00), YG (254.16 ± 23.76), and MG groups (403.55 ± 68.45),
respectively (p < 0.05 in all comparisons, Figure 2D). Furthermore, the mPTP opening sensitivity was
higher in the samples from the MG group than in those from the VYG group (p < 0.05, Figure 2D),
while no significant difference was seen between the mPTP opening sensitivity in the samples from
the VYG and YG groups (100.00 vs. 254.16 ± 23.76; Figure 2D). Analysis of the expression of cleaved
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caspase-3, which is present downstream to the Bcl-2 family in the mitochondria-mediated apoptotic
pathway, revealed that its levels were significantly higher in OG rats (1.05 ± 0.08) than in the VYG
(0.20 ± 0.03), YG (0.54 ± 0.08), and MG (0.76 ± 0.05) rats (p < 0.05 in all comparisons, Figure 2E).
Furthermore, the levels of cleaved caspase-3 were higher in the samples from the YG and MG groups
than in those from the VYG group (p < 0.05 in both comparisons, Figure 2E).

 

Figure 2. Mitochondria-mediated apoptotic signaling in the left ventricle (LV) tissues of rats from the
very young (VYG), young (YG), middle-aged (MG), and old (OG) groups. (A) Bax levels detected by
Western blotting with actin as the normalization control. (B) Representative Western blot results and
relative quantification of Bcl-2 levels in LV tissues. (C) Representative Bax/Bcl-2 ratios in LV tissues.
(D) Representative mPTP opening sensitivity with that of the VYG samples as the normalization control.
(E) Cleaved caspase-3 levels detected by Western blotting, with actin as the normalization control.
Data are presented as the means ± SEMs. * p < 0.05 vs. VYG. † p < 0.05 vs. YG. # p < 0.05 vs. MG.

3.3. Effects of Aging on Cleaved Caspase-3-Positive Cells and TUNEL-Positive Myonuclei in Cardiac Muscles

The number of cleaved caspase-3-positive cells increased by 250% and 185% in the samples from
the OG group (20.64 ± 1.96), compared with that in samples from the VYG (5.90 ± 0.85) and YG groups
(7.24 ± 1.00), respectively (p < 0.05 in both comparisons; Figure 3A,C). Additionally, the number of
TUNEL-positive myonuclei in the cardiac muscles of OG rats was significantly higher than that in
the cardiac muscles of the VYG (by 2196%), YG (by 810%), and MG (by 107%) rats (mean ± SEM;
21.35 ± 0.42 vs. 0.93 ± 0.05, 1.92 ± 0.08, and 8.46 ± 0.35, respectively) (p < 0.05 in all comparisons;
Figure 3B,D). The number of TUNEL-positive myonuclei was higher in the samples from the MG group
than in those from the VYG and YG groups (p < 0.05 in both comparisons, Figure 3B,D). However,
the samples from the VYG and YG groups did not show significant differences in the numbers of
cleaved caspase-3-positive cells and TUNEL-positive myonuclei (p > 0.05).
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Figure 3. Cleaved caspase-3–positive cells and TUNEL-positive myonuclei in the left ventricle (LV)
tissues of rats from the very young (VYG), young (YG), middle-aged (MG), and old (OG) groups
(scale bar: 100 µm and magnification: 40×). (A) Representative photographs of LV tissue sections
stained with anti-cleaved caspase-3 antibodies (B) TUNEL staining images in which brown-stained
regions represent TUNEL-positive myonuclei. Apoptotic myonuclei are indicated by arrows which are
typically enlarged in the lower left corner. (C) Quantification of cleaved caspase-3–positive cells via
immunohistochemical staining. (D) Quantification of TUNEL-positive myonuclei. Data are presented
as the means ± SEMs. * p < 0.05 vs. VYG. † p < 0.05 vs. YG. # p < 0.05 vs. MG.

4. Discussion

The main findings of this study were as follows: (i) cardiac muscle remodeling, assessed based
on morphological changes in tissues, increased with advancing age; (ii) mitochondria-dependent
apoptotic signaling (including Bax/Bcl-2 ratio, mPTP opening sensitivity, and cleaved caspase-3
protein levels) remarkably increased with advancing age; and (iii) apoptosis (including numbers
of cleaved caspase-3-positive cells and TUNEL-positive myonuclei) also increased with advancing
age. These results reveal that aging induces significant alterations in the myocardial structure and
mitochondria-mediated apoptotic signaling in the rat heart, and that these changes are more drastic
during the old-age phase and not in the developing-age phase.

To our knowledge, this is the first report regarding the changes in the myocardial structure
and mitochondria-mediated apoptotic signaling, which occurs via Bcl-2 family proteins, in rat
cardiac muscles throughout their lifespan—including each phase of growth (very young vs. young),
development (young vs. middle-aged), and aging (middle-aged vs. old). As age-related changes in
mitochondria-mediated apoptotic signaling are debatable, determination of such signals, as well as
the myocardial structure at different ages will likely provide valuable information on the cellular and
molecular mechanisms underlying aging in the heart.

Several studies using models of young and old animals have shown that cardiac remodeling and
function deteriorate with age [18–20]. Consistent with previous findings, we also observed significant
cardiac morphological changes, such as increased extramyocyte space and myocyte CSA, in aged rats,
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compared with younger animals during the growth and development phases. However, these changes
seemed gradual between the development and aging phases. Aging is generally perceived as the
most drastic morphological change in the cardiac muscle, with more subtle and progressive changes
in the growth and development phases. Progressive aging of the heart is caused by the excessive
deposition of extracellular matrix (ECM) elements, such as collagen and fibronectin, triggered by the
uncontrolled activation of the fibrosis pathway and suppression of anti-fibrosis signals, which can
lead to cardiac fibrosis [21]. Hence, aging may cause an excessive accumulation of ECM components
in cardiomyocytes, leading to heart failure caused by pathological mechanisms, including diastolic
decline and cardiac hypertrophy [22,23]. Our results suggest that aging is the main cause of increased
extramyocyte space and myocyte CSA, and the reduced number of cardiomyocytes.

Mitochondrial dysfunction leads to an imbalance of Bax and Bcl-2 levels, which will, in turn,
activate caspase-3, a pivotal protein involved in mitochondria-mediated apoptosis [14,24]. Oxidative
stress is also known to cause the release of Bax into the cytoplasm, which will promote the mPTP
opening sensitivity and the activation of caspase-9 and caspase-3. These signals eventually result in
DNA fragmentation and programmed cell death [12,16,25]. We recently found increased mitochondrial
hydrogen peroxide production with aging in rat cardiac muscles [5]. Interestingly, the current study
revealed that the Bax/Bcl-2 ratio was markedly higher in the cardiac muscles of older rats, indicating that
the aging phase was related to early-stage mitochondria-mediated apoptosis. Moreover, progressively
increased mPTP opening sensitivity and the cleavage of caspase-3 were seen during the aging process,
and they occurred more prominently in the aging phase. We believe that apoptosis is primarily driven
by mitochondrial ROS accumulation and mPTP opening. Therefore, it is possible that aging could
enhance mitochondria-mediated apoptotic signaling [26,27], which will contribute further towards
cardiac muscle apoptosis.

Additionally, we found that the number of TUNEL-positive myonuclei, which is an apoptosis
marker, was affected by aging, especially during the development and aging phases. Fannin et al. [28]
investigated the mitochondria-mediated apoptotic pathway in aging female F344xBN rats and suggested
that aging was associated with increases in the Bax/Bcl-2 ratio, caspase-3 activation, and the number of
TUNEL-positive myonuclei. Apoptosis has an important homeostatic role in normal, healthy hearts;
however, excessive apoptosis leads to pathological, life-threatening heart dysfunction during the aging
process [29]. We did not measure the cardiac function in addition to it being relative to aging; however,
apoptosis might have affected cardiac function [30]. Further studies are necessary to better understand
the role of mitochondria-mediated apoptosis in aging-induced cardiac dysfunction.

The present study has some limitations. First, we did not include a histochemistry analysis of
mitochondrial respiratory chain complexes and mitochondrial ultrastructure examination in heart
tissues that can provide important information to prove the relationship between mitochondrial
dysfunction and aging. Second, since female hormones (e.g., estrogen) regulate mitochondrial
function [31], we used only male rats, including very young (1 months), young (4 months), middle-aged
(10 months), and old (20 months) rats as animal models in this study.

5. Conclusions

This study showed that aging induces cardiac muscle remodeling in rats, promoting increases
in extramyocyte space and the CSA and reducing the number of myocytes, which are key features
involved in cardiac fibrosis. Additionally, aging induces mitochondria-mediated apoptotic signals
(Bax expression, increased Bax/Bcl-2 ratio and mPTP opening sensitivity, and the activation of caspase-3)
and apoptosis (TUNEL-positive myonuclei) in cardiac muscles. These results provide strong evidence
supporting our hypothesis that aging would cause drastic changes in the myocardial structure,
mitochondria-mediated apoptotic signaling, and DNA fragmentation in rat hearts. Nevertheless,
morphological and molecular changes in cardiac muscles are substantially less prominent during the
growth and development phases of the lifespan of rats.
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