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Laval University

Canada

Editorial Office

MDPI

St. Alban-Anlage 66

4052 Basel, Switzerland

This is a reprint of articles from the Special Issue published online in the open access journal

Nitrogen (ISSN 2504-3129) (available at: https://www.mdpi.com/journal/nitrogen/special issues/

n supply).

For citation purposes, cite each article independently as indicated on the article page online and as

indicated below:

LastName, A.A.; LastName, B.B.; LastName, C.C. Article Title. Journal Name Year, Volume Number,

Page Range.

ISBN 978-3-0365-5081-7 (Hbk)

ISBN 978-3-0365-5082-4 (PDF)

Cover image courtesy of Jacynthe Dessureault-Rompré
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Soil Nitrogen Supply: Linking Plant Available N to Ecosystem Functions and Productivity
Reprinted from: Nitrogen 2022, 3, 3, doi:10.3390/nitrogen3030030 . . . . . . . . . . . . . . . . . . 1

Thierry Morvan, Laure Beff, Yvon Lambert, Bruno Mary, Philippe Germain, Benjamin Louis

and Nicolas Beaudoin

An Original Experimental Design to Quantify and Model Net Mineralization of Organic
Nitrogen in the Field
Reprinted from: Nitrogen 2022, 3, 15, doi:10.3390/nitrogen3020015 . . . . . . . . . . . . . . . . . 5
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Editorial

Soil Nitrogen Supply: Linking Plant Available N to Ecosystem
Functions and Productivity

Jacynthe Dessureault-Rompré

Soil and Agri-Food Engineering Department, Laval University, Quebec, QC G1V 0A6, Canada;
Jacynthe.dessureault-rompre@fsaa.ulaval.ca

Nitrogen (N), a common chemical element in the atmosphere (78% of our atmosphere)
yet less common within the Earth’s crust (less than 2%), is a crucial nutrient for life. It
is an essential constituent of many cells, such as amino acids, proteins, chlorophyll, and
even DNA, and is involved in various processes, such as photosynthesis, energy transfer,
growth and reproduction. Up to 90% of the N in surface soils is organic in nature and is
contained in soil organic matter (SOM). N cycling is complex, with numerous interacting
controlling factors. Scientists around the world have been working for many decades now
to understand, model and predict the soil’s capacity to supply N to plants in different
ecosystems, whether agricultural, forest, grassland or urban. Plant available nitrogen (PAN)
is a pillar of the functioning and productivity of any ecosystem.

There is no exact definition for PAN. Sometimes considered as a pool of inorganic N,
sometimes referred to as an amount related to plant uptake during a growing season, PAN
is now generally viewed as a continuum of soluble inorganic and organic N, with the latter
composed of molecules of varied structural complexity, which cycles continuously in a dynamic
way. The transient nature of available forms of N has led them to be defined in many models as
pools and rates, and they continue to be the focus of numerous research studies.

Efforts to gain a better understanding of the soil N supply and PAN are oriented
towards optimizing N cycling. In this context, optimization is related to improving the
synchronicity between the soil N supply and plant demand and reducing N losses to
the atmosphere or water, which can have environmental and economic consequences.
Improving the productivity of ecosystems necessarily involves optimizing the N cycle.
Higher productivity implies that the many ecosystem-related functions will also improve,
notably biomass production and carbon sequestration.

Developing models that can more accurately predict N mineralization will contribute
to optimizing N cycling. In this regard, Morvan et al. [1] present an original experimental
design aimed at quantifying and modeling the net mineralization of organic nitrogen in
the field using generalized additive models. The innovative aspect of their model is the
inclusion of a cropping system indicator that increases the accuracy of the mineralization
predictions. Although the final accuracy of the model remained relatively moderate,
the results evidenced that N mineralization cannot be predicted from a single test but
instead requires a combination of site-specific information, including land use, basic soil
properties, and chemical and biological indicators. New knowledge based on machine
learning algorithms might be the next step towards improving soil N supply predictions
and optimizing N cycling.

N cycling, supply and availability to plants are all influenced by management practices,
such as tillage, cover crops, crop residues and soil amendment. In a laboratory lysimeter
experiment comparing the effect of autumn inversion tillage (AuT) against no-till (NT)
on the reduction of N loss through leaching, with volunteer winter rye as a cover crop,
Miranda-Vélez and Vogeler [2] observed that the presence of the cover crop significantly
reduced leaching. They thus propose that fall tillage be avoided in order to take advantage
of the cover crop effect.
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In addition to protecting against soil erosion and nutrient leaching, cover crops have
the potential to improve soil health. In the particular context of a barley cash crop for malt
production, Siller et al. [3] investigated how the use of summer cover crops, namely sunn
hemp and crimson clover, alone or in a mixture, might improve barley crop production the
following winter. Their results showed an increase in nitrate content under sunn hemp as
compared to no cover crop. Although no improvements in the quality parameters of the
barley crop were observed, the authors concluded that barley can be successfully integrated
into crop rotations with leguminous plants without negative impacts on barley growth,
yield or grain quality.

The type of crop residue and its management can also have a significant impact on N
mineralization processes and therefore on PAN. In an interesting incubation experiment,
Alghamdi et al. [4] investigated changes in N mineralization under successive surface
applications of crop residues (simulating the no-till system). They observed that in the long
term, corn, wheat and soybean crop residues reduced available N as compared to pea or
forage radish residues. Although their study did not take into account the contribution of
the root system to PAN, the results showed that the long-term accumulation of certain types
of crop residues might negatively impact the soil’s capacity to supply N to plants. For their
part, Tanjila et al. [5] observed in a laboratory incubation experiment that soil respiration
was higher under decomposing high-N corn residue and that the effect was exacerbated
by fertilization. N and C cycling are intimately linked, and excessive N fertilization could
potentially lead to soil C depletion, even in no-till systems.

Organic soil amendments are known to have a positive impact on many soil properties,
including N pools and cycling. In a two-year field experiment, Omara et al. [6] showed that
biochar applied in combination with inorganic N can improve N availability and potentially
increase crop N uptake in coarse-textured soils. Furthermore, Dessureault-Rompré et al. [7]
showed that cultivated peatland amended with miscanthus straw or willow wood chips
contained less available N, offering opportunities to improve N sequestration in these
highly mineralizing soils that are prone to N loss through leaching and denitrification.
Phillips et al. [8] investigated N loss by runoff and N-use efficiency using a combination of
inorganic N and organic soil amendment. They observed that the inorganic-organic amend-
ment combination doubled N-use efficiency as compared to mineral fertilizer alone and
significantly reduced N runoff, allowing for better synchronization between N availability
and plant uptake.

Numerous studies have focused on the use of urease or nitrification inhibitors to
reduce N losses through volatilization, denitrification or leaching. Lasisi and Akinremi [9]
showed that urease and nitrification inhibitors can be combined without impairing their
individual effects and that soil pH is an important factor for the persistence and efficacy
of urease inhibitors. Furthermore, Guo et al. [10] showed that the efficacy of nitrification
inhibitors is highly dependent on soil texture, but when the right combination is used,
these inhibitors can reduce N2O loss by up to 88% and CO2 loss by up to 73%.

N supply and availability are a concern in urban landscapes as well. Bukomba and
Lusk [11] investigated the small-scale variability of soil nitrogen (N) properties in a single
urban landscape featuring distinctly different patches or types of cover. They found that
N mineralization varied widely over just a few meters. Future studies should focus on
the mechanisms that act on the soil N supply and PAN in such landscapes, which are
commonly fertilized and irrigated, and are at risk of N loss.

Besides soil, climate and management, plant root traits and functions have a straight-
forward, often neglected, impact on soil N cycling. Because root traits and functions vary
between crops, and between cultivars of a same crop, their influence on N cycling, includ-
ing N capture, also varies. Kupcsik et al. [12] evaluated 55 modern winter oilseed rape
cultivars for their ability to use nitrogen. They observed that root biomass production and
morphological traits could be positive indicators of above-ground biomass production and
that N uptake capacity was, to some extent, root morphology-dependent. These results
have major implications with regard to improving oilseed rape production and optimizing
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N cycling under this crop. While N-fixing bacteria are directly involved in N cycling and
plant nutrition, the N-contributing efficacy of rhizobia varies widely. Sandhu et al. [13]
evaluated how Bradyrhizobium growth is affected by a soil nutrient environment as com-
pared to more traditional growth media, such as mineral salts or arabinose. They observed
marked differences in nodulation efficiency in the soil nutrient environment and propose
that the nodulation efficiency of Bradyrhizobium be evaluated in soils from specific sites
prior to planting soybeans. Better knowledge of leguminous crop symbiosis is another key
component of strategies aimed at optimizing N cycling.

In conclusion, this Special Issue, Soil Nitrogen Supply: Linking Plant Available N
to Ecosystem Functions and Productivity, presents insightful new research papers that
advance our understanding of this relevant topic. Modeling, cover cropping, crop residues,
soil amendment, root traits and functions, and the symbiotic N-fixation capacity of legumi-
nous crops and rhizobium bacteria are discussed. Further research on soil nitrogen supply
should go beyond investigating mineral forms of N and focus more on the rhizosphere
environment and on the interconnection between C and N cycling.

Funding: This research received no external funding.

Conflicts of Interest: The author declares no conflict of interest.
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Abstract: Improving the assessment and prediction of soil organic nitrogen (N) mineralization is
essential: it contributes significantly to the N nutrition of crops and remains a major economic and
environmental challenge. Consequently, a network of 137 fields was established in Brittany, France, to
represent the wide diversity of soils and cultivation practices in this region. The experimental design
was developed to measure net N mineralization for three consecutive years, in order to improve the
accuracy of measuring it. Net N mineralization was quantified by the mineral N mass balance, which
was estimated from March to October for a maize crop with no N fertilization. The effect of climate
on mineralization was considered by calculating normalized time (ndays) and, then, calculating the
N mineralization rate (Vn) as the ratio of the mineral N mass balance to normalized time. Strict
screening of the experimental data, using agronomic and statistical criteria, resulted in the selection
of a subset of 67 fields for data analysis. Mean Vn was relatively high (0.99 kg N ha−1 nday−1) over
the period and varied greatly, from 0.62 to 1.46 kg N ha−1 nday−1 for the 10th and 90th percentiles,
respectively. The upper soil layer (0–30 cm) was sampled to estimate its physical and chemical
properties, particulate organic matter carbon and N fractions (POM-C and POM-N, respectively),
soil microbial biomass (SMB), and extractable organic N (EON) determined in a phosphate borate
extractant. The strongest correlations between Vn and these variables were observed with EON
(r = 0.47), SMB (r = 0.45), POM-N (r = 0.43), and, to a lesser extent, the soil N stock (r = 0.31). Vn was
also strongly correlated with a cropping system indicator (r = 0.39). A modeling approach, using
generalized additive models, was used to identify and rank the variables with the greatest ability to
predict net N mineralization.

Keywords: field experiment network; soil nitrogen mineralization; soil properties; cropping system;
modeling; STICS model

1. Introduction

The balance sheet method is widely used to predict nitrogen (N) fertilization of crops [1–5]. With
this method, a balance sheet is drawn up, in which fertilizer requirements are calculated as
crop N requirements minus soil N availability. The accuracy of this method, thus, depends
on that of estimating N mineralization, which if overestimated can lead to yield losses, or if
underestimated can lead to N losses through leaching.

Certain soil properties, soil conditions (especially water content and temperature),
and cropping practices are known to determine mineralization of organic N in the soil [6].
Laboratory incubations are widely used to identify and rank the soil physical and chemical
parameters that strongly influence mineralization, especially the organic N content, tex-
ture [6–11], calcium carbonate content [12], and pH [5,12,13]. More recently, researchers

Nitrogen 2022, 3, 197–212. https://doi.org/10.3390/nitrogen3020015 https://www.mdpi.com/journal/nitrogen5
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have focused on the particle-size fractions of organic matter, particularly particulate organic
matter (POM). POM is sensitive to management [14,15], and its turnover is significantly
higher than that of the heavy fraction of organic matter [16]. POM is known to be an
organic matter compartment that is rapidly biodegradable [17–20], but which has, how-
ever, contrasting results for the mineralization of its N (POM-N). Some studies observed a
positive correlation between N supply and POM-N [14,21], while others tended to observe
that mineralization resulted more from the biodegradation of the heavy fraction of organic
matter [17]. Nonetheless, there is a consensus on the utility of considering POM when
studying mineralization [22].

Laboratory experiments can also assess effects of cropping practices studied in long-
term field experiments, revealing the significant influence of crop rotations [23–26], inter-
crops [27], introduction of legume crops, the type of soil tillage, and mineral and organic
fertilization on mineralization [28,29]. Laboratory experiments are ultimately useful for
evaluating the many extractable organic N (EON) indicators of mineralization, based on
chemical extraction of a fraction of the total N in a soil sample [30–32]. The meta-analysis
of Ros et al. [31] identified indicators with a greater ability to predict mineralization than
the organic N content of the soil.

Laboratory experiments are, ultimately, useful for evaluating the many extractable
organic N (EON) indicators of mineralization based on the chemical extraction of a fraction
of the total N in a soil sample [30–32]. The meta-analysis of [31] identified indicators with a
greater ability to predict mineralization than the organic N content of the soil.

However, these laboratory data are poor predictors of mineralization under field
conditions, due to the lack of considering (i) interactions between microorganisms and
mesofauna, which are active in decomposition [33]; (ii) mineralization in deep soil layers;
and (iii) plant effects on N mineralization–organization processes stimulated by rhizodepo-
sition, which strongly influences net mineralization under crops. In addition, fluctuations
in the environmental conditions that drive these processes also help to understand why
laboratory experiments can only partially explain mineralization under field conditions.

These factors justify studying N mineralization under field conditions and quanti-
fying it, which requires a modeling approach to estimate losses from nitrate leaching
and assess the influence of weather conditions. An initial approach, developed by Mary
et al. [34], was based on frequently measuring the water and mineral N contents of the
soil (divided into several layers), calibrating the LIXIM model with these data, and pre-
dicting net mineralization and leaching for each time step. This approach was applied to
many experimental sites in France, to create reference values for mineralization in French
soils under contrasting soil and cropping conditions [12,35]. However, it has the disad-
vantage of being labor intensive and limited in the number of fields to which it can be
applied. A second, simpler approach consists of estimating net mineralization using the
N mass balance of a crop, which is based on measuring the N taken up by the crop and
the difference between the initial and final contents of soil mineral N [4,5,36,37]. This
method has the advantage of being based on the functioning of the soil–plant system
under field conditions.

Mineralization estimated from these field experiments depends on the dynamics
of soil water content and temperature, which are influenced by the weather conditions
during each experiment. Consequently, it is necessary to control for the influence of
weather to be able to assess the effects of the cropping system and soil properties [34],
thus, converted “true time” into normalized time, which is calculated as the product of a
temperature function and a water-content function, using the parameters developed by
Rodrigo et al. [38]. Mineralization during a measurement period is, thus, estimated as a
daily normalized mineralization rate (Vn) multiplied by the normalized time calculated
during the period.

Applying the N mass balance method in France led to a compartment approach [39],
in which one estimates, separately, the mineralization of residues of the previous crop,
recent applications of organic waste, recent plowing of grassland, and the “baseline miner-
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alization” of soil organic N (SON). Experiments to measure baseline mineralization based
on the N mass balance in the field are rendered more complicated by this coexistence of
flows from other compartments. Consequently, some studies have used models to subtract
mineralization of residues of the previous crop [4,5], thus adding uncertainty to estimates
of basal mineralization.

To create the best conditions possible for quantifying mineralization of organic N
in the field, we developed an original experimental design, supported by five years of
monitoring, of a network of 137 fields in Brittany, in western France. Net N mineralization
(Mn) was quantified by field measurements of the mineral N mass balance of a maize
crop that remained unfertilized for all five years, and whose aboveground biomass was
completely removed from the field at harvest, in order to minimize the amount of crop
residues returned to the soil. Only data from the last three years were analyzed, in order to
limit biases resulting from inputs of fertilizers and crop residues incorporated into the soil
before the experiment began. The innovations of this experimental approach were, thus,
(i) to create the best possible conditions for estimating these N flows and (ii) to measure these
flows frequently over a long period to obtain more accurate estimates of mineralization.

2. Materials and Methods

For more details on the methods, see Morvan et al. [40].

2.1. Network Presentation

Experiments were performed in a network of 137 cultivated fields located throughout
Brittany (Figure 1). The soil was sampled in each field to determine its depth, layers, and
textural class. In the upper layer (0–30 cm), most soils had a silty loam (n = 81) or loamy (n = 33)
texture. The other soils were sandy loam (n = 15), clay loam (n = 4), silty clay loam (n = 3), and
silty clay (n = 1).

Figure 1. Locations of experimental fields in the network in Brittany, France (red points indicate the
67 fields selected).

Before the experiments, 82 fields had annual crop rotations, 30 fields had grassland
in their rotations, and the remaining 25 fields were summer fallow or cultivated with
vegetables. Animal waste was regularly applied to half (n = 65) of the fields, especially on
maize crops; of these fields, 26 received manure every year, with one or two applications
per year. Fifty-seven fields received at least one application every four years of cattle
manure (n = 36), pig slurry (n = 14), cattle slurry (n = 8), or poultry manure (n = 5).
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2.2. Climate

The climate in Brittany is mild oceanic temperate, with a pronounced east-west rainfall
gradient. The weather differed among the three experimental years analyzed. The year
2012 was variable, with dry periods in winter (January and February), rainy periods in
April and June, and rainfall close to the mean observed from 1994–2014 in July (Figure 2).
In contrast, 2013 was dry, especially in summer, with monthly rainfall that was much lower
than the mean, while 2014 was rainy, especially in winter (January and February) and in
summer (July and August). In addition to this inter-annual variability, the weather varied
greatly among fields within a given year.

Figure 2. Monthly rainfall and mean air temperature from March-October for the 3 years of
the experiment.

2.3. Experimental Design

The objective of the experiment was to quantify the “baseline” mineralization of soil
organic N, since the N mass balance used in this experiment included N mineralization not
only from this compartment, but also from other compartments, including animal waste
and annual crop or grassland residues recently incorporated into the soil. To this end,
(i) the 137 experimental fields were cropped with silage maize for four (since 2011) or five
(since 2010) consecutive years without any mineral or organic fertilization, and (ii) only
mineralization data for 2012, 2013 and 2014 were considered, to exclude N flows resulting
from inputs of fertilizers and crop residues incorporated into the soil before the experiment
began. The experimental design was, thus, based on estimating N mineralization for
three consecutive years. Experimental monitoring was performed on an area of 1485 m2

(33 m × 45 m), divided into three subplots of 45 m2 (6.0 m × 7.5 m) in the middle for
replicate measurements.

2.4. Calculating Net Soil N Mineralization

Mn was calculated from the end of winter to the beginning of autumn from the mineral
N mass balance of a maize crop not fertilized with N, as follows:

Mn = Nf − Ni + N uptake + Nleached (1)

with Ni and Nf corresponding to the soil mineral N content in the 0–90 cm soil profile
in March and October, respectively; Nuptake corresponding to N uptake by the plant
(kg N ha−1); and Nleached corresponding to nitrate leaching that may occur in spring,
after measurement of Ni (kg N ha−1).

Ni, Nf, and Nuptake were measured in triplicate. Nleached was estimated using the
STICS model [41], which was parameterized with the soil properties of each field, and ini-
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tialized at the measurement date of Ni. Equation (1) is a simplified approach for estimating
the mineral N mass balance, but it is valid in situations without N fertilization. Gaseous N
losses can be assumed to be very low and compensated by atmospheric deposition and
symbiotic fixation of N.

Since N mineralization depends strongly on weather conditions, we controlled for the
influence of weather on mineralization by converting true time into normalized time (nday),
using functions integrated into STICS [41], in order to model the effects of temperature and
soil water content on N mineralization. The effect of soil temperature on mineralization is
described by a logistic function, which is roughly exponential from 0–25 ◦C. This function
is similar to an Arrhenius function, with an activation energy of 78 kJ mol−1 K−1 from
0–35 ◦C, and also equivalent to a Van ’t Hoff function, with a Q10 coefficient of 3.15 from
0–35 ◦C from 0–25 ◦C. The effect of soil water content on mineralization is described by a
linear function. Mineralization in temperate soils peaks when soil water content equals
field capacity and stops when the ratio of soil water content to field capacity is less than
0.3 [38]. The Mn estimated from the N mass balance for each year and field was then
divided by the normalized time for each year, which gives a daily “normalized” rate of
mineralization Vn (kg N ha−1 nday−1). Mean Vn (Vnmean) was calculated for each field by
averaging Vn for all three years of measurements.

2.5. Data Screening

Data were screened to exclude the fields in which agronomic or measurement problems
had occurred. They were represented in a decision tree with three nodes (Figure 3):
(i) the presence of weeds, which can compete with maize and bias estimates of Mn; (ii)
non-homogeneous maize cover at harvest, which can bias measurements of Nf and N
uptake and, thus, estimates of Mn; and (iii) excessively high variability in Mn among the
three subplots. We considered, as outliers, fields whose coefficient of variation of Mn was
greater than or equal to 25% (i.e., the 95th percentile) in 2012, 2013, or 2014. To retain the
most consistent data and, thus, decrease uncertainty in estimates of Mn, we excluded these
fields from further analysis and modeling.

Figure 3. Decision tree used to filter the data from each field. Conditions had to be true for 2012, 2013,
and 2014 to pass to the next step. CV: coefficient of variation, Mn: soil net nitrogen mineralization.

2.6. Soil and Plant Analysis

Initial soil mineral N content (Ni) was measured at the end of winter (March), and final
soil mineral N content (Nf) was measured at the beginning of autumn (October), before
resumption of nitrate leaching. A composite sample of 10 soil cores was created for each
subplot, for three layers (0–30, 30–60 and 60–90 cm). Soil mineral N was extracted in a 1M
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KCl solution using a soil/KCl ratio of 1:2, and the NH4
+ and NO3

− contents of the soil
extracts were then determined by continuous flow colorimetry by the methods developed
by [42] and [43], respectively.

The soil of the upper layer was sampled in March 2013 to estimate soil properties.
Samples consisted of 10 cores, which were pooled. Total carbon (C) and N were determined
by the Dumas dry-combustion method. Cation exchange capacity was established using
the Metson method [44], and pH was obtained in water [45]. Soil texture was based on
measuring the particle size of five fractions: clay (<2 μm), fine silt (2–20 μm), coarse silt
(20–50 μm), fine sand (50–200 μm), and coarse sand (200–2000 μm) [46]. POM was deter-
mined using a simple fractionation method, by wet sieving under water with a 50 mm
sieve [16]. POM was recovered on the sieve, dried, weighed, and finely ground before
analyzing the C and N contents by the Dumas dry-combustion method using a Thermo
Finnigan Flash EA 1112 Series analyzer.

The fumigation-extraction method was used to estimate soil microbial biomass
(SMB) [47], using 40 g of an oven-dried equivalent of soil, shaken in 200 mL of 0.025M
K2SO4 for 45 min. Non-fumigated soils were also extracted in the same way. Oxidizable C
in the fumigated and non-fumigated K2SO4 was determined using a V-WS SHIMADZU
TOC analyzer. A kEC conversion factor of 0.38 was applied to convert the flush of oxidizable
C into SMB. EON was determined using the method of [48]: 4 g of soil were steam distilled
in 40 mL of phosphate borate extractant (buffered at pH 11.2) for 8 min, and ammonium in
the distillate was back titrated using 0.0025 M H2SO4. The amount of organic N hydrolyzed,
which corresponded to EON, was obtained by subtracting the total NH4-N extracted from
native NH4-N. Mean soil properties, POM-N, SMB, and EON are summarized in Table 1.

Table 1. Measured mean (±1 standard deviation) soil variables for the 137 fields of the network and
the 67 fields selected. Physico-chemical properties of the 0–30 cm soil layer include texture, C and
N contents, pH, Metson cation exchange capacity (CEC), soil microbial biomass (SMB), extractable
organic N (EON), particulate organic matter (POM-N), and soil organic nitrogen (SON) stocks.

Variable Unit 137 Fields 67 Fields

Clay g kg−1 194 (±52.0) 183 (±36.0)
Fine Silt g kg−1 247.8 (±87.5) 237.4 (±73.7)

Coarse Silt g kg−1 268.3 (±118.8) 264.9 (±112.4)
Silt g kg−1 516 (±135.0) 502 (±132.0)

Fine Sand g kg−1 125.6 (±53.6) 129.8 (±52.0)
Coarse Sand g kg−1 164.5 (±129.3) 185.0 (±136.4)

Sand g kg−1 290 (±145.0) 315 (±145.0)
C content g C kg−1 19.8 (±6.5) 20.2 (±6.1)
N content g N kg−1 1.8 (±0.6) 1.8 (±0.5)

pH 6.1 (±0.5) 6.0 (±0.5)
CEC Metson meq 100g−1 9.8 (±2.5) 9.9 (±2.2)

SMB mg C kg−1 171.3 (±45.3) 168.4 (±38.2)
EON mg N kg−1 27.3 (±8.4) 27.7 (±7.4)

POM-N t N ha−1 0.67 (±0.24) 0.68 (±0.24)
SON t N ha−1 6.5 (±1.5) 6.5 (±1.5)

Bulk density was measured once, in triplicate, in 2011, for each experimental field and
each of the three soil layers (0–30, 30–60 and 60–90 cm), using an 8 cm diameter root auger,
which cored undisturbed samples of a known volume. The bulk density of the fine-earth
fraction calculated from the dry mass and the core volume was used to convert the mineral
N content of the samples to kg N ha−1 and to calculate the stocks of SON and POM-N
(t N ha−1), as well as those of EON and SMB (kg N ha−1).

Aboveground biomass and N content of the maize crop were quantified at harvest,
when maize plants were harvested and weighed in all subplots. Total N uptake of maize
was calculated by multiplying N in the aboveground biomass by 1.15 to estimate its
belowground N at harvest [49].
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2.7. Calculating an Indicator of the Cropping System

An indicator of the cropping system (I_Sys) was calculated to integrate the diversity
of field management (i.e., crop rotation and organic waste application) among fields,
considering a period of 15 years before the year of interest. I_Sys was calculated by
summing an indicator of the effect of the N returned to the soil in crop residues and an
indicator of the effect of repeated applications of organic waste on soil mineralization.
See [40] for details on calculation of the indicator. To assess the influence of I_Sys on
the N mass balance and soil N mineralization, we classified its values into three levels
using k-means clustering: low (≤63 kg N ha−1), moderate (63–98 kg N ha−1), and high
(>98 kg N ha−1). These three classes contained 32%, 53%, and 15% of the fields, respectively.

2.8. Statistical Analysis

All statistical analyses were performed with R, v 4.1.0 [50]. Pearson correlations were
used to assess relations between variables. Analysis of variance (ANOVA) was used to
compare means when data were normally distributed (according to the Shapiro–Wilk test)
and had homogenous variances (Levene’s test); if not, the Kruskal–Wallis test was used.

Generalized additive models (GAMs) were used to predict Vn [51]. This innovative
method consists of selecting soil properties for a given GAM, which can best explain the
variation in N dynamics [51,52]. GAMs can distinguish the relative effects of covariates
by allowing for nonlinear relations between them and the variable studied (i.e., Vnmean).
Variables were chosen to obtain models with the smallest mean square error of prediction
(MSEP) [53]. This criterion was calculated by applying a “leave-one-out” strategy, which
represented an internal validation of the model and avoided over-fitting the model to the
data. The agreement between predictions and observed Vnmean was evaluated statisti-
cally by calculating the coefficient of determination (R2) and the root mean squared error
(RMSE) [53]. Additionally, the ratio of performance to inter-quartile distance (RPIQ) was
calculated as the ratio of the inter-quartile range to the square root of the MSEP [51,54].
RPIQ represents the degree to which the dispersion of the response variable exceeds the
model’s prediction error. We also calculated the indicator dMSEP, which represents the
proportional increase in prediction error (MSEP) when a given variable is removed from
the model, as a metric of the relative importance of the variable.

3. Results

3.1. Accuracy of the Dataset

The criteria applied using the decision tree (Figure 3) led to the final selection of
67 fields (26, 22, and 19 fields were excluded at the 1st, 2nd, and 3rd nodes of the tree,
respectively). The selection was severe because a given field had to avoid problems all
three years (2012, 2013, and 2014). The 67 fields selected remained representative of the
diversity of soil characteristics, cropping systems (Table 1 and Figure 4) and geography of
the initial network (Figure 1). To ensure that screening the data had not introduced bias, we
verified that the distribution and mean of Mn had remained similar. Mn varied little among
subplots over the three years (mean standard deviation of 15 kg N ha−1, with a mean CV
of 10% for the 67 fields), which illustrates the high precision of the N mass balance in the
selected dataset.

3.2. Soil N Mineralization: Mass Balance Components and N Rates

Mean, minimum or maximum Mn from March to October were similar for the
67 fields in all three years (e.g. mean Mn was 162, 146 and 154 kg N ha−1 in 2012, 2013 and
2014, respectively) (Table 2). Mean N uptake by maize was the main component of the N
mass balance, particularly in 2014, when it repesented 95% of Mn vs. 88% in 2012 and 73%
in 2013 (Table 2). Lower N uptake in 2013 was explained by the weather conditions, with
low rainfall from June to September that induced hydric stress. Mean predicted nitrate
leaching in early spring was low in 2013 and 2014 but was a significant component of the N
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mass balance in 2012 (21 kg N ha−1) (Table 2); this difference can be explained by higher Ni
due to less leaching during the preceding winter and high rainfall in April (138 ± 32 mm).

Figure 4. Boxplots of (a) soil organic nitrogen (SON), (b) extractable organic nitrogen (EON), and
(c) soil microbial biomass (SMB) for all 137 fields and for the 67 fields selected from the network.
Whiskers extend to 1.5 times the interquartile range.

Table 2. Mean, minimum, maximum, and standard deviation (SD) of the mass-balance components
and nitrogen (N) mineralization rates for the 67 fields selected. N uptake is N taken up by maize
plants, Ni and Nf are, respectively, the initial and final amount of mineral N in the soil profile
(0–90 cm), N leached is N leached out of the soil profile predicted by the STICS crop model, Mn is net
N mineralization, ndays is normalized time between initial and final N measurements, and Vn is
normalized N mineralization rate.

Year Metric
N Uptake Ni Nf N Leached Mn tn Vn

kg N ha−1 kg N ha−1 kg N ha−1 kg N ha−1 kg N ha−1 nday
kg N ha−1

nday−1

2012 mean 144 47 46 22 162 165 0.99
min 50 6 7 1 53 112 0.28
max 292 145 155 63 302 202 1.68
SD 47 29 30 14 52 16 0.31

2013 mean 106 36 71 9 146 139 1.06
min 39 12 17 1 66 102 0.41
max 257 82 167 30 326 181 2.3
SD 41 13 30 6 60 16 0.45

2014 mean 147 34 38 6 154 172 0.92
min 73 10 8 0 75 122 0.39
max 334 116 168 27 454 213 2.39
SD 56 17 28 5 71 20 0.44

Although the fields were unfertilized and soil N mineralization was the main source
of N for plants, the mean N Nutrition Index (NNI) [55] was high for unfertilized crops,
particularly in 2012 (0.88) and 2014 (0.92) (vs. 0.73 in 2013), reflecting high availability of
N during the crop cycle. Mean Vn was similar in 2012, 2013, and 2014 (0.99, 1.06, and
0.92 kg N ha−1 nday−1, respectively), in agreement with the hypotheses on which the
experimental design was developed (Table 2).

3.3. Correlations between Vn, Soil Properties, EON, and I_Sys

Vnmean correlated most strongly with EON (r = 0.47), SMB (r =0.45), POM-N
(r = 0.43), and, to a lesser extent, SON (r = 0.31) (Table 3). Texture, particularly clay
content, can influence N mineralization strongly, and Vnmean had a significant but weak
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negative correlation with clay content (r = −0.19), yet a stronger positive correlation with
the coarse sand content (r = 0.32). Vnmean also correlated strongly with I_Sys (r = 0.39),
which was highlighted by a significant effect of I_Sys class on Vnmean (p < 0.05) (Figure 5b):
mean Vnmean of the high I_Sys class was 29% higher than that of the low I_Sys class (1.11 vs.
0.86 kg N ha−1 nday−1, respectively). This difference was due to much lower Vn measured
in fields with low I_Sys, which corresponded to fields without grassland in their rotation
and without organic manure application. SON was strongly correlated with EON (r = 0.64)
and POM-N (r = 0.75), while POM-N was also correlated with EON (r = 0.50).

Table 3. Correlation coefficients (r) between Vn for the years 2012, 2013, 2014, Vnmean, the cropping
system indicator (I_Sys), and soil properties for the 67 fields selected. (p < 0.05 for r > 0.24, p < 0.01
for r > 0.31, and p < 0.001 for r > 0.39). F: fine, C: Coarse.

Vn12 Vn13 Vn14 Vnmean I_Sys SON EON SMB
POM-

N
Clay

F
Silt

C
Silt

Silt
F

Sand
C

Sand
Sand pH CEC

Vn12 1.00 0.63 0.53 0.81 0.37 0.38 0.34 0.45 0.45 −0.12 −0.08 −0.10 −0.13 −0.21 0.24 0.15 0.06 0.26
Vn13 1.00 0.56 0.88 0.38 0.27 0.40 0.36 0.45 −0.07 −0.17 −0.16 −0.23 −0.10 0.28 0.23 −0.03 0.16
Vn14 1.00 0.84 0.25 0.17 0.44 0.35 0.21 −0.25 −0.20 −0.04 −0.15 −0.18 0.28 0.20 −0.14 −0.03

Vnmean 1.00 0.39 0.31 0.47 0.45 0.43 −0.17 −0.19 −0.12 −0.21 −0.19 0.32 0.23 −0.05 0.14
I_Sys 1.00 0.14 0.12 0.20 0.17 0.07 −0.09 0.11 0.04 −0.05 −0.04 −0.06 0.04 0.01
SON 1.00 0.64 0.07 0.75 0.16 0.15 −0.48 −0.33 −0.16 0.33 0.26 −0.18 0.78
EON 1.00 0.14 0.50 0.07 0.02 −0.23 −0.19 −0.15 0.22 0.15 −0.40 0.42
SMB 1.00 0.25 0.25 0.18 −0.11 0.01 −0.08 −0.04 −0.07 0.10 −0.04
POM-

N 1.00 0.05 0.18 −0.45 −0.29 −0.15 0.32 0.25 −0.02 0.57

Clay 1.00 0.54 −0.04 0.27 −0.15 −0.46 −0.49 0.04 0.25
F Silt 1.00 −0.05 0.52 −0.48 −0.46 −0.60 0.06 0.09
C Silt 1.00 0.83 −0.09 −0.76 −0.74 0.32 −0.47
Silt 1.00 −0.34 −0.90 −0.97 0.31 −0.35

F Sand 1.00 −0.01 0.35 −0.08 0.05
C Sand 1.00 0.93 −0.28 0.25
Sand 1.00 −0.29 0.25
pH 1.00 −0.11

CEC 1.00

Figure 5. Boxplots of Vnmean as a function of (a) soil organic nitrogen (SON) class (class_1: SON
< 5.7 t N ha−1; class_2: [5.7; 7.15]; class_3: [7.15; 8.2]; class_4: >8.2 t N ha−1) and (b) I_Sys class.
Whiskers extend to 1.5 times the interquartile range.

3.4. Modeling Normalized N Mineralization Rate

A model that predicted Vnmean using only soil properties and the I_Sys indicator
(model 1) explained only 47% of the variance in mineralization (Table 4, Figure 6a). The soil
properties selected were SON, clay, coarse sand and coarse silt. A quadratic relation was
observed with coarse sand and clay, with a negative effect of clay contents that exceeded
22 g kg−1. A positive linear relation was observed with I_Sys, which was the most influen-
tial variable after coarse sand (Table 4). The model’s RPIQ value of 1.8 was moderate.
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Table 4. Assessment of the models, covariates selected, and dMSEP values. Relation indicates the
type of relation selected: L, linear; P2, 2nd-degree polynomial.

Model R2 MSEP RPIQ Covariates Relation dMSEP

1 0.47 0.075 1.82 I_Sys L 0.214
Coarse
Sand P2 0.244

Clay P2 0.100
SON L 0.053

Coarse Silt L 0.024

2 0.67 0.05 2.25 SMB L 0.320
EON L 0.245

Coarse
Sand P2 0.250

Clay P2 0.200
I_Sys L 0.159

Coarse Silt L 0.090

Figure 6. Comparison of observed Vnmean to that predicted by (a) model 1, whose covariates were
the basic soil parameters and I_Sys, and (b) model 2, with SMB and EON as additional variables.
Solid lines are 1:1 lines, while dashed lines indicate ± 0.2 kg N ha−1 nday−1 around each 1:1 line.
(RMSE: Root Mean Square Error).

We then developed a model with EON, SMB and POM-N as additional input variables
(model 2). The same soil physical properties as in model 1 were selected, as was the I_Sys
indicator, and they had similar relationships (Table 4). The additional variables selected
were EON and SMB, which significantly increased the proportion of variance explained
(R2 = 0.67) (Figure 6b) but increased the RPIQ value only moderately (2.2). EON and SMB
were selected because they were the two variables most correlated with Vnmean but not
correlated with each other (r = 0.14). Because they provided complementary information,
it was useful to include them both in the model. SON was not selected due to its strong
correlation with EON.

4. Discussion

4.1. Soil N Mineralization and N Rates

The approaches used to estimate Mn in crop fields agree that crop N uptake is the
main component of the N mass balance [5,9,37,56,57]. Nonetheless, we observed relatively
high variability in the contribution of N uptake to the mineral N mass balance among the
three years: 95% in 2014, but only 73% in 2013 [40]. This can be explained by differing
weather conditions between years, with high hydric stress in summer 2013, which may
have decreased both soil N mineralization and plant growth. In addition, this drought
period was followed by strong rainfall events at the end of summer, which could have
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created favorable conditions for N mineralization just before Nf was measured [58,59]. This
can explain why the mean difference between Nf and Ni equaled 24% of Mn in 2013, and
why Nf was higher that year. Calculating the N mass balance from March to October, thus
including mineralization at the beginning of autumn, explains why mean Mn was similar
among the three years. Mn likely would have differed even more if Nf had been measured
immediately after harvest, as illustrated by the large inter-annual variability observed by
Delin and Linden [9].

Comparing the Mn measured in the field to data from the literature is difficult because
measurement periods can vary from 5–8 months depending on the crop (e.g., wheat,
spring barley, maize, sugar beet), which has a huge influence on mineralization [36,37].
Comparisons must, thus, be made with daily Vn, either provided directly by studies (which
is rare) or estimated later from their data. Delin and Linden [9] reported mean daily rates
of 0.34 ± 0.12, 0.50 ± 0.17, and 0.69 ± 0.16 kg N ha−1 day−1 in a field experiment with
34 cereal fields studied for three consecutive years. Vnmean estimated from data of Engels
and Kuhlmann [36] equals 0.37 ± 0.17 under wheat and 0.67 ± 0.23 under sugar beet,
while those estimated from data of [37] and [60] under maize equal 0.71 and 0.68 ± 0.19 kg
N ha−1 day−1, respectively, which lie in the same range as those we measured in our
network (Table 2). These reference values show the high variability in Mn among fields.

Expressing Vn in normalized time is the best basis for comparison, since it controls
for the influence of weather, but it has rarely been used in the literature. From a database
of 65 soils, Clivot et al. [12] report a range of 0.17–1.67 kg N ha−1 nday−1 (mean = 0.72
± 0.32 kg N ha−1 nday−1). Oorts et al. [35] calculated normalized Vn of 0.57 and 0.62 kg
N ha−1 nday−1 at two experimental sites with field crops,. The normalized Vn that we
calculated from the network (mean = 0.99 kg N ha−1 nday−1), thus, lie near the top of the
range reported in the literature.

4.2. Effect of Cropping System on Net N Mineralization

Many studies of data from long-term experiments have demonstrated the influence
of crop rotation and management practices on soil N availability [20,26,61–65]. The wide
variety of cropping systems studied in the network confirmed this influence (Figure 5b) via
the I_Sys indicator, which integrated the influence of the crop rotation and organic waste
application only over the medium term, since the experiment was designed so that no
organic waste had been applied or grassland had been plowed within the previous three
years. I_Sys values varied widely, ranging from 14–185 kg N ha−1 and integrated the effects
of crop rotation well, especially the presence of grassland in the rotation and the frequency
of organic waste application [40]. I_Sys values were low for forage maize monocultures and
even lower in fields in which no organic waste had been applied. In contrast, I_Sys values
were highest for rotations with grazed grassland and increased as the age of grassland
increased; it is well known that grassland age influences mineralization, since soil N
mineralization increases as the age of temporary grassland increases and decreases for
the annual crops planted for one–three years after a grassland [66]. I_Sys values were
intermediate for common rotations, such as grain maize/wheat/rapeseed/barley (with
maize and rapeseed fertilized with pig slurry) or grain maize/wheat/three years of grazed
grassland (with maize fertilized with cattle manure).

Regular application of organic waste increases stocks of C and N over the medium
term, which influence POM [26], SMB, and mineralization activity over the long term [67].
However, this influence depends greatly on the type of waste, the amount applied, and
the frequency of application; frequent application of solid waste (e.g., manure, compost)
has more influence on mineralization than that of liquid waste [29,68], which justifies the
choice of a model that integrates these driving factors into the I_Sys indicator [40].

4.3. Correlations between Vn, Soil Properties, EON and I_Sys

The study confirms the significant correlation between Vnmean and SON, which has
long been identified as an important variable that influences mineralization [9,12,28,69–71].

15



Nitrogen 2022, 3

However, SON explained much less variance in Vnmean in our dataset (R2 = 0.10) than in
the study of Clivot et al. [12] (R2 = 0.26) or the meta-analysis of Ros et al. [31] (R2 = 0.40).
This difference may be explained by the non-linear relation between SON and Vnmean,
in which mineralization plateaus at high SON (Figure 5a), due to a larger proportion of
stable organic matter in soils in the network. In fact, Vnmean was much more strongly
correlated with SMB than with SON, thus confirming that SMB is a valuable indicator of
soil N availability [23,72] and is more important for nutrient turnover and availability to
plants than SON [73].

Vnmean was also more strongly correlated with POM-N than with SON, thus con-
firming the utility of measuring POM-N to estimate mineralization, since POM-N can
be considered an unprotected potential source of N. Some studies identify POM-N as a
strong predictor of mineralization [14] or one of its main drivers [21], while other studies
indicate only that the N available from it depends greatly on its chemical composition and
C:N ratio [17].

Among important soil properties, soil texture has often been observed to influence
the availability of substrate for mineralization, since high clay content decreases SON
decomposition by better protecting SON chemically and physically [9,10,74]. We observed
a weakly significant negative correlation between Vn and clay content; the correlation itself
was also weak, perhaps due to a relatively small range of clay contents in the soils studied.
In contrast, we observed a stronger positive correlation between Vnmean and the coarse
sand content, since the soils with higher SON also had higher coarse sand contents.

Finally, our results confirm the utility of the EON method we used, since its corre-
lation with Vnmean was much stronger than that between SON and Vnmean. However,
the variance explained by EON (R2 = 0.23) was much lower than that observed by Gi-
anello and Bremner [48] (R2 = 0.81), Schomberg et al. [75] (R2 = 0.58), and Ros et al. [31]
(R2 = 0.50). This can be explained in part by the fact that these strong correlations were
observed from laboratory measurements of mineralization, while mineralization and
these indicators usually have weaker correlations when mineralization is measured under
field conditions [31].

4.4. Modeling the N Mineralization Rate

Evaluation of six process-based models of European cropping systems led Yin et al. [76]
to conclude that all of the models had difficulties predicting both the mean of and variance
in soil N mineralization. It is clear that predicting Mn remains a challenge, due to the
complexity of N cycling, which demonstrates why even the best models can explain only
65–80% of the variance [12,77]. Model 2, calibrated with our dataset, lies in this range. We
also observed that a model parameterized only with soil properties and the I_Sys indicator
was less accurate than the “soil” model of Clivot et al. [12] (R2 = 0.61). It confirms, in the
present study, the utility of using mineralization indicators as input variables of models,
obtained either by measuring EON [69] or by incubation measurements [5,77].

SMB is rarely used to predict mineralization because it is relatively labor intensive,
and few laboratories measure it routinely. Clivot et al. [12] concluded that SMB improved
prediction of mineralization little, if SON had already been included as an input variable;
this can be explained by the weaker correlation between the mineralization rate and SMB
in their study than that with SON (r = 0.54 vs. 0.62, respectively), even though both were
highly significant. In contrast, Vnmean and SMB were more strongly correlated in our
dataset than Vnmean and SON (r = 0.48 vs. 0.31, respectively), thus replacing SON with
SMB increased the accuracy of the GAMs.

The I_Sys indicator significantly increased the accuracy of mineralization predictions
and represents an original contribution of this study. The selection of I_Sys in the final
GAM confirms the influence, in the medium term, of crop rotations and the application of
organic waste on mineralization, while also providing information that complements that
provided by SMB and EON. The lack of correlation between I_Sys and these two variables
leads to the hypothesis that EON is relatively insensitive to the cropping history over the
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medium term but is strongly influenced by the geochemical background and the cropping
history over the long term, as shown by its strong correlation with SON (r = 0.64).

5. Conclusions

The experimental design of this study, based on repeatedly measuring Mn for three
consecutive years after two years of unfertilized maize, ultimately placed it in the best
possible conditions for estimating mineralization of SON. The measurements confirmed
the high variability in mineralization, which lay near the top of the range reported in
the literature. It can be explained by the combined effects of soil types, with variable
but generally high SON content; cropping systems representative of livestock-production
regions, with regular application of organic waste and the frequent presence of grassland
in rotations; and the semi-oceanic climate, which favors mineralization.

The drivers of mineralization were those identified in the literature: SON, POM-N,
SMB, EON, and soil texture. Original results of this study include (i) experimental evidence
of the influence of cropping history in the medium term on mineralization, and (ii) the
fact that the I_Sys indicator provides information complementary to EON. This result
strengthens the hypothesis of Ros et al. [31] that mineralizable N cannot be predicted from
a single soil test alone, but instead requires a combination of components including EON
and site-specific information, such as land-use and soil properties.

The modeling approach identified the most influential measured variables and showed
that the proportion of variance explained by a model based only on basic soil properties
and the I_Sys indicator (R2 = 0.47) was not sufficient to consider the model operational.
The accuracy of the model increased greatly when SMB and EON were included, but the
proportion of the variance explained by model 2 remained relatively moderate, despite
the supplemental information provided by the model’s covariates: basic soil properties,
chemical and biological indicators, and a land-use indicator.
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Abstract: Keeping cover crops to reduce nitrogen leaching often conflicts with timing tillage opera-
tions before the soil becomes un-trafficable during winter, while leaving cover crops in the field until
spring raises concerns over pre-emptive competition with the following crop. Therefore, farmers may
resort to tilling their fields in autumn after letting cover crops remain in the fields for only a short
period of time. We explore the effects of this practice in a laboratory lysimeter setting by analyzing
the leaching of nitrate from intact topsoil cores. Cores were extracted from no-till (NT) plots and
plots tilled in autumn (AuT), in areas kept bare (B) and with volunteer winter rye plant cover (V)
after harvest. Nitrate breakthrough curves show that V significantly reduced N leaching by 61%
relative to B in NT, but did not have a significant effect in AuT. Dissection of leached cores and
undisturbed reference cores indicated a significant removal of mineral N from the soil during the
lysimeter experiment for all treatments except V in NT. This indicates that volunteer cover removed a
crucial amount of leachable N and suggests that tillage counteracted the effect of V in AuT, likely due
to a combination of reduced uptake and re-mineralization of N in cover crop residue.

Keywords: nitrogen; nitrogen leaching; autumn tillage; no-till; lysimeter

1. Introduction

Keeping plant cover between harvest and the sowing of the subsequent cash crop, i.e.,
cover crops, has many advantages in agriculture. Cover crops can be used as a natural
control against weeds [1] and to reduce nitrogen leaching after harvest [2,3]. Additionally,
cover crops are known to protect agricultural soil from erosion, improve soil structure and
fertility, and stimulate carbon storage in the soil [4–6].

Concerns over pre-emptive competition over nutrients [7] and water [8], as well
as poor field trafficability in early spring and autumn spreading of animal manures [9],
often motivate farmers to limit the residence time of winter cover crops. Thus, cover crops
successfully established after harvest may be terminated in the same autumn, depending on
the farmer’s judgement. In the Nordic countries, for instance, the use of post-harvest cover
crops is either compulsory with area requirements depending on management (Denmark)
or is encouraged and subsidized (Sweden, Norway and Finland). However, farmers are
typically free to till their fields and terminate the cover crops after 20 October in Denmark
and Sweden and after 1 October in Finland. Only in Norway is the associated subsidy
contingent on spring termination of the cover crops [10].

Cover crops in temperate climates extend roots and take up soil N during a relatively
short growth period before being killed by frost or terminated by the farmer. During this
period, however, post-harvest N uptake by cover crops in temperate climates frequently
represents over 20% of the applied fertilizer N, resulting in a 35% average reduction in
soil mineral N in autumn and reducing nitrate leaching by 40 to 70% [11,12]. Upon cover
crop termination, litter and root breakdown in the soil results in a gradual re-release of
a significant fraction of the taken-up N. The timing and extent of this process is affected

Nitrogen 2022, 3, 186–196. https://doi.org/10.3390/nitrogen3020014 https://www.mdpi.com/journal/nitrogen21



Nitrogen 2022, 3

by a number of factors—e.g., type of cover crop, degree of incorporation, air and soil
temperature, precipitation, and termination time—and is key to the overall effect of the
cover crops [13]. If a significant amount of soil N is taken up by the cover crops and re-
mineralized during the following growth season, it will be available for uptake by the cash
crop and less fertilizer need to be applied to the soil. Indeed, Danish regulations require a
fertilizer reduction of up to 25 kg N ha−1 following cover crops in order to utilize the N
“carried over” by the cover crops [10]. However, if the time for soil N uptake by cover crops
is short and/or re-mineralization of cover crop N takes place during a period of fallow
with high precipitation, it will be at high risk of leaching [14,15]. These considerations,
unfortunately, often conflict with farmer’s habits and their concerns involving weed control
(including the cover crop) and reduced biomass and grain yields on the following cash
crop [10,16,17].

This study explores the effect of autumn tillage on the capacity of cover crops to reduce
nitrogen leaching. We compared the effect of autumn inversion tillage (AuT) against no-till
(NT) on the reduction of nitrogen leaching by volunteer winter rye as cover crops in a
laboratory lysimeter setting. We expect that the effectiveness of the volunteer cover crops
will be diminished by autumn tillage for two reasons: (1) shortening of the time available
for the volunteers to take up N from the soil and (2) re-mineralization of nitrogen in the
incorporated volunteer residue. Thus, we hypothesize that soil mobile N contents will be
high in AuT regardless of cover crop treatment, and that leached N recovery from AuT
cores with volunteer cover crops will be greater than in corresponding NT cores.

2. Materials and Methods

2.1. Field Operations and Sampling

Sampling took place in the CENTS long-term rotation and tillage experiment at the
department of Agroecology, Aarhus University Flakkebjerg (55◦19′ N, 11◦23′ E) [18]. The
soil is a sandy loam with 14.7% clay, 13.7% silt and 69.6% sand contents, average bulk
density of 1.53 Mg m−3 and an average organic matter content of 2% [19]. Soil pH (water
suspension) at the time of sampling ranged between 7.4 and 8.3, with a mean value of
7.8. The long-term experiment consists of a randomized split-plot design with four crop
rotations (R1–R4) as main plots and four levels of tillage (direct sowing, shallow harrowing,
deep harrowing and inversion tillage) as sub-plots, arranged in four replicate blocks [20].
For this study, sampling was restricted to the R2 rotation, which consists of 3 years of
winter barley (Hordeum vulgare) followed by 1 year winter rape (Brassica napus) and 2 years
winter wheat (Triticum aestivum), all with straw retention after harvest [18]. The last crop
before sampling was substituted with winter rye (Secale cereale) followed by fodder radish
(Raphanus sativus) as a winter cover crop. Sampling was also restricted to direct sowing
(NT) and inversion tillage (AuT). Finally, only three of the four experimental blocks in the
long-term experiment were used for sampling and are considered here as replicate samples.

The NT treatment consisted of sowing by direct drilling using a single-disk drill
(2002 to spring 2006) and later a single chisel coulter drill (autumn 2006–present), and
straw retention at harvest. The AuT treatment consisted of seeding with a drag coulter
seed drill, straw retention at harvest and inversion ploughing followed by rolling before
sowing [20]. On the year of sampling, inversion tillage in the AuT sub-plots was carried
out in late October.

In late August, glyphosate (1 L ha−1 Roundup Bio) was applied to the NT and AuT
sub-plots in the R2 rotation, killing the established mixture of cover crops, volunteers and
weeds. This allowed the center portion of each sub-plot to remain bare (B), while the edges
of the sub-plots were re-established exclusively with winter rye volunteers (V). Clippings
carried out in the V portions of AuT showed that a growth of approximately 600 kg ha−1

DW in aboveground winter rye biomass at the time of tillage in October.
In early December, two intact topsoil cores (Ø = 20 cm, h = 20 cm) were extracted side

by side from the center (B) and edge (V) of each AuT and NT subplot. Core extraction
was carried out by slowly pressing a steel cylinder into the soil with a hydraulic press,
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and subsequently digging around the buried cylinder with spades to manually retrieve
the cores. This resulted in two separate sets of twelve samples covering four treatment
combinations (AuT/NT × B/V) per block. One set of cores was designated as reference for
field conditions (Reference), while the second set of cores was designated as experimental
set to undergo simulated precipitation in the laboratory (lab-rain). All soil cores were
transported back from the field and put in storage at 2–4 ◦C on the same day as extracted,
awaiting sample preparation.

Additionally, composite topsoil samples (0–20 cm depth) were taken from the core
sampling areas of all tillage and cover crop treatment combinations. Representative sub-
samples of loose soil were then used for total soil C and total N content analysis in a Vario
Max Cube organic elemental analyzer (Elementar, Germany).

2.2. Sample Handling and Preparation

The soil water content of all cores, both Reference and lab-rain, was equalized before
the leaching experiment. Each intact core was moved into a 5 ◦C temperature-controlled
room and placed on a ceramic plate inside a ~40 L plastic tub and slowly saturated with a
simulated soil solution (CaCl2 0.05 M) (Figure 1A). After 7 days of saturation, each core was
slowly drained to a pressure of −10 hPa using the same ceramic plates and a controlled
vacuum system. Upon reaching equilibrium with the vacuum system, lab-rain cores were
transferred to a benchtop lysimeter for a leaching experiment. The Reference cores, in turn,
were removed from the ceramic plates upon reaching equilibrium at −10 hPa, and kept
lidded at 5 ◦C for the duration of the leaching experiment.

Figure 1. Sample preparation (A) and leaching experiment (B) setup. Preparation consisted of
saturating intact soil cores in a simulated soil solution followed by drainage and equilibration at
−10 hPa. In the leaching experiment, the soil cores were irrigated with simulated rain at a rate of
10 mm h−1 for 20 h, while leachate was collected.

2.3. Leaching Experiment

The leaching experiment consisted of 200 mm of simulated precipitation, administered
in a single course of 20 h at a constant rate of 10 mm h−1 on individual benchtop lysimeters
(Figure 1B). The lysimeters were fitted with rotating rain heads utilizing blunt needles as
dripping nozzles. In order to prevent soil dispersion during the leaching experiment, simu-
lated rainwater consisted of a weak salt solution (1.76 mg L−1 CaCl2·2H2O + 3.05 mg L−1

MgCl2·6H2O + 7.07 mg L−1 NaCl), similar to that used in other leaching studies (e.g., [21,22]).
The total simulated precipitation, 200 mm, corresponds approximately to the total precipita-
tion recorded by the meteorological station at AU Flakkebjerg (211 mm) during the months
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of October, November and December of 2019. For comparison, the total normal autumn
precipitation (September–November, 1961–1990) in Denmark is 228 mm [23]. The leachate
from each core was collected in pre-weighed plastic bottles using automatic rotating car-
rousels at 10-min intervals during the first hour and at 1-h intervals until termination of
the experiment.

The nitrate in the collected leachate was quantified by ion chromatography using a
Metrosep cation resin suppressor (Metrohm, Switzerland) and an A Supp 5 anion exchange
column followed by an electric conductivity detector, with a carbonate buffer as eluent.
Leachate samples were filtered using cartridge polyether sulfone (PES) filters (pore size
0.22 μm) before injection.

Following the leaching experiment, both the Reference and lab-rain soil cores were dis-
sected in four layers, corresponding to depths of 0–5 cm, 5–10 cm, 10–15 cm and 15–20 cm,
relative to the metal core casings. Each layer in each core was weighed immediately after
dissection and placed in an airtight plastic bag, then stored at 2 ◦C awaiting sub-sampling.

Two representative soil sub-samples (~50 g) were taken from each layer in each
core. The first set dried at 105 ◦C for 24 h for water content determination at the time of
subsampling. The second set of subsamples was weighed and placed in vials for NO3

−
and NH4

+ (mineral N) extraction. Mineral N extraction consisted of suspending the soil
samples in 0.2 L of KCl 1M solution and mixing for 30 min in a rotary shaker at 20 rpm,
then filtering the supernatant using ashless paper filters. The collected extract was then
frozen at −20 ◦C awaiting analysis. Nitrogen as nitrate and as ammonium in the extracts
were quantified colorimetrically in a Seal Analytical AA500 auto-analyzer as described by
Best [24] and Crooke and Simpson [25], respectively.

2.4. Calculations and Statistical Analysis

All data handling, visualization and analysis was carried out using R version 4.1.0
“Camp Pontanezen”, released in May 2021 [26].

Total C, total N and pH measurements were analyzed using linear mixed models with
tillage and cover crop treatments as main effects and field block as random effect (packages
lme4 and lmerTest [27,28]).

Nitrate leaching (mg) was calculated as the product of the collected volume of leachate
at each sampling time and the leachate NO3

− concentration as determined by ion chro-
matography. The total leached N as NO3

− (NNO3, mg N) was calculated as the sum of the
leached NO3

− over the course of the leaching experiment, multiplied by the ratio of the
atomic mass of N to the molar mass of the NO3

− ion. The mass of mineral N (Nmin, mg N)
extracted from soil subsamples was calculated as the sum of N as NO3

− and NH4
+. Total

Nmin was then calculated for each dissection layer and full cores using the wet mass at
dissection and the determined water content.

Differences in NNO3 leaching were analyzed using linear mixed models, with total
leached NNO3 as response variable, tillage and plant cover as main effects and field block
as random effect. Model estimates and 95% confidence intervals for leached NNO3 were
obtained from model marginal means (package emmeans [29]) and significant differences
were evaluated by multiple pairwise comparison among all tillage and plant cover treat-
ment combinations (package multcomp [30]).

The effects of tillage and plant cover on the differences between the total Nmin
content of the Reference and lab-rain cores was evaluated using linear mixed models with
experimental group (i.e., Reference or lab-rain), tillage and plant cover as main effects and
field block as random effect. Here, all interactions including the three-way interaction
were explicitly preserved in the model in order to evaluate the influence of tillage and
cover crop treatments on the difference between Reference and lab-rain cores. Model
estimates and 95% confidence intervals were obtained from model marginal means and
significant differences between Reference and lab-rain were evaluated by multiple pairwise
comparisons grouped by tillage and plant cover treatment combinations.
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3. Results and Discussion

3.1. Breakthrough Curves and NNO3 Leaching

The NO3
− breakthrough (Figure 2(top)) and cumulative NNO3 leaching (Figure 2(bottom))

curves show different effects of cover crops on N leaching from the topsoil, depending
on tillage. In the NT treatment, there is a clear difference due to plant cover in both
leachate NO3

− concentrations and total NNO3 leached over the course of the experiment.
Specifically, NO3

− concentrations were lower and there was less NNO3 leached under
volunteer plant cover, compared to bare soil. In AuT, the difference between B and V
was much more subtle for both NO3

− concentrations and accumulated NNO3 leaching
throughout the experiment. Additionally, NT had an overall effect on the elution of nitrate
from the intact soil cores, independent of plant cover, where NO3

− peaked earlier and
more sharply in NT compared to AuT. This, in turn, indicates increased preferential flow
due to better-developed macropore flow pathways [31] in NT.

 

Figure 2. Nitrate concentration breakthrough (top) and accumulated leaching of NO3
− N (bottom)

curves from intact soil cores subjected to ~200 mm of simulated rain in a laboratory lysimiter. The
cores belonged to two tillage treatments, no-till (NT) and autumn inversion tillage (AuT), as well as
two cover crop treatments, bare fallow (B) and winter rye volunteers (V). Symbols indicate different
field experiment blocks.

Statistical analysis of total NNO3 leaching showed significant effects by both plant
cover (F = 10.98, df = 8, p = 0.010) and tillage (F = 14.72, df = 8, p = 0.005), as well
as a significant interaction between plant cover and tillage (F = 5.88, df = 8, p = 0.041).
Pairwise comparisons (Table 1) show that NNO3 leaching under simulated precipitation
was significantly lower in V compared to B in NT. The reduction corresponds to 11.3 mg N,
i.e., 61% of the NNO3 leached in the bare soil treatment of NT. In contrast, no significant
differences were found between cover crop treatments in AuT, with very similar total NNO3
leaching amounts of approximately 20 mg N per core. These results indicate, firstly, that
the volunteer treatment in NT significantly and considerably reduced N losses during the
leaching experiment. Secondly, this effect was completely lost in the volunteer treatment of
autumn-tilled samples. Importantly, there was also no significant difference between NNO3
leaching between the bare fallow treatment in AuT and the bare fallow treatment in NT,
indicating that tillage treatment alone did not reduce total N leaching from the intact cores.
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Finally, all treatments have the same crop history, having been consistently kept under the
same crop rotation since the establishment of the long-term trial in 2002. It is therefore
highly unlikely that the reduction was caused by factors other than the establishment of
volunteers and their interaction with tillage in the year of sampling.

Table 1. Nitrogen as NO3
− (NNO3) leached from intact topsoil cores subjected to 200 mm of simulated

rain. Mean values and 95% confidence intervals (CI) were obtained from linear mixed effects models
with tillage and plant cover as main effects and experimental block as random effect.

Tillage Plant Cover Mean Total Recovered NNO3 (mg N) 95% CI (mg N) Group 1

NT B 18.4 12.09–24.62 a
NT V 7.1 0.83–13.36 b

AuT B 21.1 14.86–27.39 a
AuT V 19.4 13.12–25.64 a

1 Multiple pairwise comparisons significance threshold, p = 0.05.

As mentioned earlier, cover crop residence time is known to increase the overall effect
of cover crops in reducing N leaching, with significantly lower N leaching with spring
incorporation relative to autumn incorporation [10]. However, our results suggest that
a difference in autumn cover crop residence of as little as one month can significantly
hinder the efficacy of cover crops in reducing N leaching. Indeed, Sieling [17] highlight that
N-uptake by cover crops is intrinsically linked to dry matter accumulation and therefore to
intercepted photosynthetically active radiation. This means that cover crop residence is of
particular importance for N uptake in the autumn when days are still relatively long (and
warm). According to Vos and Van Der Putten [32], cover crops in autumn very broadly
accumulate dry matter at a rate of 1.12 g per MJ intercepted global radiation. This figure
allows us to make a broad calculation of the effect of autumn tillage on cover crops. Based
on 65.5 MJ m−2 total global radiation measured in November at Flakkebjerg station and an
aboveground N content of 3.76% measured in plant clippings, the maximum potential N
uptake by cover crops in AuT was 87 mg N per core lower than in NT. As discussed before,
there are many other factors at play in determining the effect of cover crops in reducing N
leaching after harvest, among them the fate of taken-up N once the cover crop is terminated.
However, in terms of N uptake alone, prolonged field residence in early and mid-autumn
is likely only second in importance to successful establishment of cover crops.

3.2. Soil Nmin Content

The mass of Nmin at the four dissected depths (Figure 3) was expectedly different
in Reference and lab-rain cores, with clear depletion of soil mineral N after 200 mm of
simulated rain in all treatments. Likewise, total mineral N contents in Reference and
lab-rain cores show significant N losses during the leaching experiment in all tillage and
plant cover treatments, except for NT-V (Table 2). These losses, approximately 22 mg N per
core on average, closely resemble the total NNO3 amounts recovered in the leachate for B in
NT and both B and V in AuT.

Pairwise comparisons show that Nmin contents did not differ significantly between
bare fallow and volunteer cores for either Reference or lab-rain cores in AuT. In contrast,
pairwise comparison of NT Reference cores revealed a significantly higher total Nmin
amount in B compared to V (13.6 mg N, SE = 4.96, p = 0.017) and, given that the volunteer
cover crops were not incorporated in NT, this difference is attributable exclusively to a
reduced cover crop N uptake. Interestingly, the amount of Nmin lost from NT-V cores
was considerably smaller than in the AuT-B and AuT-V treatments. This supports our
hypothesis that, through a combination of reduced uptake and re-mineralization, autumn
tillage can hinder the intended function of cover crops.
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Figure 3. Mineral nitrogen (Nmin) amounts determined in four 5 cm layers in each intact core.
Lab-rain cores underwent 200 mm of simulated rain in a laboratory lysimeter before dissection,
while Reference cores were dissected without simulated rain. AuT and NT represent, respectively,
inversion tillage carried out in late October and no-till. B and V represent bare fallow and winter rye
volunteers as cover crops, respectively. The solid lines indicate linear interpolations of Nmin changes
with depth.

Table 2. Total mineral nitrogen (Nmin) in intact cores dissected after 200 mm of simulated rain in
laboratory lysimeters (lab-rain) and without simulated rain (Reference). AuT represents cover crop
termination by inversion tillage approximately one month before sampling. NT represents no-till
and continued cover crop residence until sampling. B and V represent bare fallow and winter rye
volunteers as cover crops, respectively. Model estimates and 95% confidence intervals (CI) for Nmin
were obtained from linear mixed effects models with experimental set tillage and plant cover as main
effects and experimental block as random effect.

Experimental
Set

Tillage Plant Cover
Total Nmin

(mg N)
95% CI (mg N) Group 1

Reference
NT B

46.14 35.15–56.1 a
Lab-rain 21.15 11.17–31.1 b

Difference 24.99

Reference
NT V

32.55 22.57–42.5 a
Lab-rain 24.16 14.17–34.1 a

Difference 8.39

Reference
AuT B

33.02 23.04–43.0 a
Lab-rain 7.98 −2.01–18.0 b

Difference 25.05

Reference
AuT V

35.75 25.76–45.7 a
Lab-rain 13.57 3.59–23.6 b

Difference 22.17
1 Grouping by pairwise comparisons restricted to Reference and lab-rain treatments of the same tillage and plant
cover treatments. Significance threshold, p = 0.05.

Unexpectedly, lab-rain NT cores retained on average approximately 5 mg N per
dissected layer after the leaching experiment. In contrast, lab-rain AuT cores retained an
average N mass per layer of 2 mg N in B and 3.4 mg N in V (Figure 3). The difference
between AuT and NT lab-rain cores is likely due to a bypass effect, where soil solutes
dispersed in the matrix are partially protected from leaching in soils experiencing heavy
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precipitation. This effect has been found to be more prevalent in no-till and reduced
till soils, as resident solutes in the matrix are increasingly bypassed by macropore water
flow [33,34]. Importantly, this effect appears to be independent from cover crops treatment
in our results, with no significant difference between B and V lab-rain total N content,
suggesting that the soil N which is most strongly bypassed by macropore flow at high
precipitation rates, is also poorly available for uptake by cover crops. Further research into
the plant availability of matrix-associated Nmin in NT systems is necessary, particularly in
the context of preferential exploration of pre-existing macropores by plant roots in more
compact soils [35].

Organic elemental analysis of topsoil samples showed no significant main effects of
cover crop or tillage on either total C or total N contents (mean values 15.13 mg C g−1 and
1.37 mg N g−1), in spite of near-significant trends of greater total C (3.6 mg C g−1, SE = 1.58,
p = 0.052) and total N (0.29 mg N g−1, SE = 0.149, p = 0.088) in NT compared to AuT. The
trend of greater total C content in NT resembles results by Gómez-Muñoz et al. [19], who
found significantly higher soil total C contents in the upper 25 cm of NT soil in the same field
experiment. However, lack of significant differences in our total C and N measurements
and the fact that leaching was high in NT-B as well as AuT-B and AuT-V suggest that
the results from the leaching experiment are not related to any underlying differences in
total C and N soil contents. In Denmark, inversion tillage is typically carried out with a
plough depth of 20–30 cm. It is therefore possible some volunteer plant material was buried
below the sampling depth of the soil cores, in which case a portion of the corresponding re-
mineralization of cover crop N would not have been captured by the leaching experiment.
However, examination of the mineral N contained in the dissection layers at different
depths (Figure 3) shows that Nmin is more evenly distributed across depths in AuT-V
compared to AuT-B, suggesting that cover crop residues were mixed throughout the plough
layer and the taken-up N had begun to re-mineralize in the one month span between tillage
and sampling. Indeed, incubation studies have previously found that between 20% and 60%
of the total N content in cover crop residues can mineralize within 1 month of incorporation
at temperatures similar to those found in the field in autumn and winter [36,37].

3.3. Considerations on N Losses at Field Scale

Nutrient losses from the topsoil are of great relevance both for soil fertility and diffuse
nutrient emissions from agriculture. Firstly, the root mass of many cash crops is strongly
concentrated in the upper layers of the soil [38,39], and spring crops tend to proliferate
new roots faster in the upper soil layers at early stages of development [40]. Secondly, the
roots of many common cover crops, including winter rye, primarily explore the topsoil in
the autumn [41], resulting often in greatest root growth in the upper 20 cm of the soil [42].
Thus, although autumn N leaching in the topsoil does not constitute a removal of said N
from the soil column, it does reduce N availability for the following cash crop and increases
the risk of diffuse N emissions into the environment.

Our breakthrough curve results indicate topsoil leaching losses of 2.2 kg N ha−1 in
NT-V and approximately 6.2 kg N ha−1 in all other treatments, while soil core dissections
show leaching losses of approximately 2.7 kg N ha−1 and between 7 and 8 kg N ha−1,
respectively. These losses are much smaller than those commonly reported from field
and outdoor lysimeter trials, which tend to average approximately 50 kg N ha−1 and
can be as high as 98 kg N ha−1 (e.g., [11,12]). This is due primarily to the use of core
samples rather than full soil columns, which limits the observations to the upper 20 cm
of the soil. Additionally, it is likely some N was leached from the topsoil before sampling.
The weather station at Flakkebjerg registered a total precipitation of 266 mm during the
uncommonly wet 2019 autumn in Denmark [43], which would have carried significant
amounts of NO3

− into the subsoil, below the sampling depth of our soil cores. Finally, it is
also likely that some NO3

− was removed during core saturation and subsequent draining
in the laboratory, although the total removal of N by drained water would have been
limited as the volumetric water content of the cores was high after sample preparation (at a
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pressure head of −10 hPa). In either case, given that all cores underwent the exact same
sample preparation procedure regardless of treatment, the differences between treatments
(or lack thereof) remain informative in spite of the reduced total leaching amounts.

We acknowledge the important distinction between N leached from the intact cores in
this study, and N leaching in the field. Extrapolating mesocosm and laboratory results to
the field scale is not entirely straightforward, given the natural variability of the soil and
the limited representation of this variability that a small sample can provide. However,
Valkama et al. [12] found no significant differences in results from field and lysimeter
analyses in a meta-analysis of N leaching losses that included 13 field experiments and
6 lysimeter experiments. Furthermore, the representative quality of other measurements,
e.g., suction cup or tile drain measurements, has also been questioned as soil N content
and actual water drainage in the field remain difficult to determine [44], forcing studies to
extrapolate or model some part of their results. Thus, exploiting the increased opportunities
for controlled drainage and soil analysis afforded by laboratory-scale analyses remains
valuable in the study of N leaching in agriculture.
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Abstract: There is growing interest in malting barley (Hordeum vulgare L.) production in the Northeastern
United States. This crop must meet high quality standards for malting but can command a high price
if these quality thresholds are met. A two-year field experiment was conducted from 2015 to 2017 to
evaluate the impact of two leguminous cover crops, sunn hemp (Crotalaria juncea L.) and crimson
clover (Trifolium incarnatum L.), on subsequent winter malting barley production. Four cover crop
treatments—sunn hemp (SH), crimson clover (CC), sunn hemp and crimson clover mixture (SH + CC),
and no cover crop (NC)—were grown before planting barley at three seeding rates (300, 350, and
400 seeds m−2). SH and SH + CC produced significantly more biomass and residual nitrogen than
the CC and NC treatments. Higher barley seeding rates led to higher seedling density and winter
survival. However, the subsequent spring and summer barley growth metrics, yield, and malting
quality were not different in any of the treatments. There is much left to investigate in determining
the best malting barley production practices in the Northeastern United States, but these results show
that winter malting barley can be successfully integrated into crop rotations with leguminous plants
without negative impacts on barley growth, yield, and grain quality.

Keywords: winter malting barley; malting quality indices; summer cover crops; sunn hemp; crimson
clover; seeding rate; nitrogen management

1. Introduction

Winter malting barley (Hordeum vulgare L.) is an emerging crop in the Northeastern
United States [1,2]. Although it has the potential to be a profitable crop in the region,
achieving the high-quality grains needed for malting purposes is challenging because of
the Northeast’s humid environment and seasonal temperature extremes [3]. However, if
the barley meets the malting quality standards, there is a price premium compared with
feed grain [4] and the potential for additional local markets in the regional malting and
brewing industry [5,6].

A successful malting barley crop must grow well, produce good yields of high-quality
grain, and be harvested and stored correctly to maintain quality [7]. To be acceptable for
malting, the barley grains should be large, low in protein, free of or very low in carcino-
genic deoxynivalenol (DON) toxin [8], and sprout well during the malting process [9].
Farmers can successfully grow malting barley by combining three methods: (1) choos-
ing a site-appropriate variety that will overwinter, resist locally common diseases, and
remain upright after heading [10,11]; (2) correctly timing their harvest to avoid partial
sprouting in the field and using forced air dryers if weather does not permit dry-down in
the field [2,12]; and (3) using growing practices that have been shown to promote good
malting quality [1,13].

Grain size is quantified by three metrics: test weight, percent plump, and percent
thin. High test weight and high percent plump indicate that the kernels are large and
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relatively uniform, while high percent thin means that the kernels are small with little
energy for the malting process [7]. For the grains to sprout well during malting, they
should have greater than 95% germinative energy and they must have a falling number
greater than 250 s, indicating that they have not pre-sprouted in the field or during storage.
Deoxynivalenol (DON) content must be below 0.5 mg kg−1 while protein should be below
125 g kg−1 [10,12]. While regional weather variability may prevent farmers from achieving
malt-quality harvests in every year [2], the growing body of research into winter malting
barley production can minimize this production risk for growers.

Previous research has produced varietal recommendations for malting barley growing
in the Northeast [10,11] as well as recommendations for planting dates and fertilization
rates [13,14]. However, winter malting barley is still a relatively new and minor crop in
the Northeast [15] and most scientific reports are related to the drier areas of western
North America.

In addition to selecting appropriate varieties and awareness of agronomic recommen-
dations, it is essential that farmers understand how malting barley interacts with other
crops in their rotations [16] and how other growing practices could influence crop rotation
decisions. Since nitrogen can affect many aspects of barley malting quality, nitrogen cycling
is of particular interest when considering how to integrate malting barley into a larger
crop rotation. High levels of nitrogen fertilization can increase malting barley yields and
grain size [17,18] but can also lead to excessive protein content [13,17–20], lower nitrogen
use efficiency [13,17,19,21], and lower falling number [13]. While leguminous crops can
contribute substantial amounts of nitrogen to subsequent crops, it is unknown whether
nitrogen from legumes would have the same effects on winter malting barley as soluble
nitrogen sources.

Since barley has the potential for producing a large number of tillers in the spring,
the final yield does not respond linearly to increased planting density [22,23]. However,
higher seeding rates may counteract the effect of excess nitrogen since higher seeding
rates can reduce protein concentration and grain size [20,24]. The impact of crop rotation
patterns may also be more noticeable in the fall when the plants are small [23] and different
seeding rates may be differentially productive following a nitrogen-producing legume than
a summer fallow.

Sunn hemp (Crotalaria juncea L.) and crimson clover (Trifolium incarnatum L.) are grown
in the Northeast as summer forages or cover crops and can fit well into short growing
periods before winter barley planting in the fall [25,26]. Farther north in eastern North
America, Darby et al. [23] reported that barley yield was lower following sunn hemp but
its malting quality was not affected, while crimson clover did not impact barley growth
relative to summer fallow. In western North America, winter malting barley has also
performed well following peas (Pisum sativum L.) and canola (Brassica napus L.) [16,17] but
these crops are not commonly grown in the Northeast, and local rotation recommendations
are needed. Whether grown as forages or cover crops, sunn hemp and crimson clover can
have many impacts on agricultural productivity and ecosystem services. They can protect
the soil from erosion [27], contribute organic matter to the soil [26], reduce insect pest
damage [28,29], provide income if harvested as a forage [26,27], and add plant-available
nitrogen to the soil [27,30].

In many rotations, the nitrogen contribution from sunn hemp or crimson clover would
be beneficial to the following crop, but this may not be the case for winter malting barley
if nitrogen from the preceding crop leads to excessive grain protein or otherwise reduces
malting quality. Alternatively, if nitrogen from leguminous cover crops does not negatively
affect malting barley, this would suggest that farmers can plant winter malting barley with
minimal concern about excess nitrogen contributions from preceding crops.

The current experiment examines how integrating legumes into winter malting barley
cultivation can affect grain yield and quality, and whether the barley seeding rate changes
these effects. This knowledge will complement previous varietal assessment and agronomic

34



Nitrogen 2021, 2

management recommendations to help farmers improve their profitability and integrate
winter malting barley into their overall farm systems.

2. Materials and Methods

Experimental Site: A two-year field experiment was performed at the University of
Massachusetts Agricultural Experiment Station Farm in South Deerfield, MA (42◦ N, 73◦ W)
on fine Hadley loam soil. In both years, the experimental crops were grown after summer
corn silage (Zea Mays L.) and winter fallow. The top 15 cm of soil was analyzed before
cover cropping each year and the fields were amended with lime, sulfur, and potassium
as recommended by the University of Massachusetts Soil and Plant Nutrient Testing
Laboratory (Amherst, MA) for barley production. The experiment site was prepared using
disk tillage immediately before the first planting date. Extreme weather events did not
appear to influence the experiment in either year (Table 1).

Table 1. Weather Data for the experimental site in 2015 and 2016.

Year Month
Avg Temp

(◦C)
Departure

from Avg. *
Max

Temp (◦C)
Departure
from Avg.

Min
Temp (◦C)

Departure
from Avg.

Total
Precipitation (cm)

Departure
from Avg.

2015 July 21.1 −1.3 32.7 4.0 11.3 −4.8 8.4 −2.1
August 21.1 −0.3 32.5 4.6 11.3 −3.7 6.4 −3.9

September 18.3 0.9 33.0 8.8 4.9 −5.7 16.3 4.9
October 9.2 −1.4 23.3 6.3 −7.4 −11.8 5.6 −7.4

November 6.2 1.7 23.1 12.7 −8.9 −7.5 5.1 −3
December 4.0 4.8 16.4 12.2 −5.5 0.4 11.9 1.3

2016 January −2.7 1.6 11.0 9.7 −15.5 −5.5 3.8 −3.7
February −1.9 1.3 14.9 12.0 −26.1 −16.8 10.4 2.4

March 4.7 3.2 25.5 18.0 −8 −3.5 8.4 0.1
April 7.4 −0.8 26.2 11.2 −11 −12.5 5.3 −4.5
May 14.2 −0.2 32.6 11.6 −1.7 −9.5 6.6 −2.7
June 19.1 −0.2 30.9 5.5 5.3 −7.7 3.6 −8.7
July 22.3 −0.1 34.4 5.7 9.9 −6.1 4.3 −6.2

August 22.2 0.8 33.6 5.7 8.9 −6.1 4.6 −5.6
September 17.7 0.3 30.6 6.4 2.7 −8 9.3 −2

October 10.3 −0.4 23.8 6.9 −4 −8.4 5.4 −7.6
November 4.2 −0.3 19.0 8.6 −6.5 −5.1 8.2 0.1
December −1.6 −0.7 11.4 7.2 −19.2 −13.3 7.7 −2.9

2017 January −1.3 3.0 13.6 12.2 −18.7 −8.7 7.0 −0.5
February −0.3 2.8 20.8 17.8 −18.6 −9.2 3.8 −4.2

March −0.8 −2.4 15.4 7.9 −14.4 −10 4.0 −4.3
April 10.2 2.0 29.0 14.0 −3.7 −5.2 11.1 1.3
May 13.0 −1.4 33.3 12.3 0.2 −7.6 8.2 −1.1
June 18.8 −0.4 34.4 9.0 4.7 −8.3 11.8 −0.5
July 20.6 −1.8 32.3 3.6 10.7 −5.4 5.7 −4.8

* Average weather data from Amherst, MA—eight miles from South Deerfield. Averages are based on the years 2001–2020.

Experimental Layout: Four replications of each treatment were planted in a random-
ized complete block design, with cover crop species and barley seeding rate as fixed main
effects. The 12 treatments consisted of balanced combinations of three barley seeding rates
(300, 350, and 400 seeds m−2) and four summer cover crop species, including sunn hemp
(SH), crimson clover (CC), sunn hemp and crimson clover (SH + CC), and summer fallow
with no cover crop (NC).

Field Management and Assessments: Summer cover crops were planted on 19 July 2015
and 11 August 2016. The cover crops were planted at the following rates. SH: 33.6 kg ha−1

sunn hemp, CC: 20.2 kg ha−1 crimson clover, SH + CC: 16.8 kg ha−1 sunn hemp and
16.8 kg ha−1 crimson clover. Cover crop aboveground biomass was sampled from two
0.5 m2 sections on 8 September 2015 and 15 September 2016. Cover crop nitrogen content
was calculated from crude protein using near-infrared spectroscopy (NIR) (Inframatic 8600,
Perten Instruments). Cover crop biomass analysis included weeds growing with cover
crops. Cover crops were flail mowed and terminated using a rototiller on 15 September 2015
and 16 September 2016.
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Wintmalt, a 2-row malting barley, was planted on 25 September 2015 and 30 September
2016. Wintmalt is the common winter barley grown in New England. Cover crops and
barley seeds were planted two cm deep, using a custom-made plot-size cone seed drill
with 17.8 cm between rows.

Barley stands were counted on 16 October 2015 and October 2016. However, stand
count data from 2016 was lost and the reported barley stand counts are based solely on
data from 2015. Fall soil nitrate was measured immediately following the first hard frost
on 20 October 2015 and 17 November 2016. Winter survival was not assessed in the spring
of 2016 and was measured on 28 April 2017 using a 0–10 scale with 10 as complete survival
and 0 as totally winter killed. Soil samples were collected to assess spring soil nitrate
using five 6-inch-deep cores per plot, air dried, and soil nitrate content was determined
using a LaChat QuickChem 8500 Series 2 Flow Injection Analysis System [31]. An amount
of 28 kg ha−1 nitrogen was applied as calcium ammonium nitrate on 15 April in both
2016 and 2017.

Foliar disease was estimated on 10 July 2017 as a percentage of leaf surface area
infected using the disease guides in the American Phytopathological Society’s ‘’A Manual
of Assessment Keys for Plant Disease” [32]. Due to rapid drought-induced foliar des-
iccation, foliar diseases were not measured in 2016. Heading date was declared when
half of the tillers had emerged heads and is reported as Julian date. Plant height was
measured on 24 June 2016 and 10 July 2017 while lodging was assessed on 12 July 2016
and 10 July 2017. Lodging was visually evaluated on a 0–10 scale with 0 as no lodging and
10 as completely lodged.

Harvest and Laboratory Analyses: Barley was harvested on 19 July 2016 and 17 July 2017
using an ALMACO SPC20 plot combine. A subsample of the grain was dried in a forced air
oven at 38 ◦C to preserve kernel integrity. Germinative energy, test weight, and 1000-kernel
weight were determined using ASBC methods Barley–3A, Barley–2B, and Barley–2 [9].
2017 grain samples could not be analyzed immediately following grain harvest and the
samples had to be stored in a walk-in cooler for several years before analysis. As a
result, germinative energy was considerably lower for these samples and, although their
inclusion would not change the statistical results, they are not included in our results and
analysis. Malting quality was assessed at the E.E. Cummings Crop Testing Laboratory at
the University of Vermont (Burlington, VT). Crude protein content as a proportion of dry
matter was measured with a Perten Inframatic 8600 Flour Analyzer, and falling number
was assessed using the AACC Method 56–81B [33] on a Perten FN 1500 Falling Number
Machine. DON content was evaluated in the subsamples using the NEOGEN Corp. Veratox
DIN 2/3 Quantitative Test with a limit of detection of 0.1 mg kg−1.

Statistical Analysis: Data were analyzed using the permlmer and lmer functions in the
predictmeans [34] and lme4 [35] packages of R statistical software [36]. Permutation tests
were used to assess the impact of the main fixed effects of cover crop type and barley seeding
rate as well as their interaction at a significance level of p ≤ 0.05. This non-parametric
method was used to account for non-normal distribution of residuals and heterogeneous
variance in many response variables. Bonferroni adjusted t-tests were used to make
pairwise comparisons between all cover crop type treatments and orthogonal polynomial
regression was used to assess the continuous effect of barley seeding rate. Because variance
between groups was homogeneous, pooled standard deviations were used to calculate
pairwise t-tests for fall soil nitrate and barley grain falling number while non-pooled standard
deviations were used in the analysis of cover crop biomass and cover crop nitrogen content
to account for heterogeneous variance. The random variables of year and block were
combined into one random variable and data from both years were combined and analyzed
collectively as eight replications.
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3. Results

3.1. Cover Crop Biomass and Nitrogen Content

Although nitrogen concentrations in aerial parts of the cover crops were not signif-
icantly different, due to higher biomass production sunn hemp (SH) and sunn hemp-
crimson clover mixture (SH + CC) produced significantly more biomass than either
monocrop crimson clover (CC) or weedy fallow (NC) (Table 2, Figure 1). Therefore,
their aboveground biomass residues added more nitrogen to the soil when incorporated
before barley planting (Table 2, Figure 2). SH produced the highest amount of aboveground
dry matter (2.90 t ha−1), thus contributing the highest nitrogen (78.8 kg ha−1). Both local
weeds and CC treatments produced considerably lower dry matter (0.87 and 0.59 t ha−1,
respectively); therefore, their nitrogen contributions to the cropping system were minimal
compared with SH and cover crop mixture (Figure 3). Interestingly, the local weeds in
NC plots contained significantly more nitrogen (37.3 g kg−1) than in monoculture and
mix legumes (Figure 2). The results indicate that the local weeds were more aggressive
and efficient in taking up nitrogen from the soil. The effective nutrient uptake by weeds
from the soil likely demonstrates their capacity to adapt to changes in edaphoclimatic
conditions during the growing season [37,38]. To our surprise, CC performed poorly in
terms of atmospheric nitrogen fixation and accumulation in plants’ aerial tissues. The
failure of CC to fix nitrogen could be due to the poor rhizobium activity and thus requires
further investigation.

Table 2. Mean cover crop dry matter biomass and nitrogen content following different cover crops in South Deerfield MA
in 2014–2015 and 2015–2016.

Cover Crop Type
Cover Crop Dry

Matter Yield
Cover Crop

Nitrogen Content
Cover Crop

Nitrogen Yield
(t ha−1) (g kg−1) (kg ha−1)

Sunn Hemp 2.90 a 27.1 b 78.7 a
Crimson Clover 0.59 b 29.4 b 17.5 c

Sunn Hemp and Crimson
Clover 2.24 a 25.6 b 57.4 a

No Cover Crop 0.87 b 37.3 a 32.5 b
Overall Experiment Mean

1.82 27.3 49.6
Effect Significance

Cover Crop Type *** * ***

Note. *, p ≤ 0.05; ***, p ≤ 0.001; ns, non-significant according to non-parametric permutation tests. For significant effects, all pairwise
comparisons were made using Bonferroni adjusted t-tests. Means followed by the same letter are not significantly different from each other
(p ≤ 0.05). Cover crop dry matter and nitrogen content includes weeds.

3.2. Soil Nitrate in the Fall and Spring

In the late fall, soil nitrate levels were nearly identical in CC (2.0 mg kg−1) and
NC (2.0 mg kg−1) plots (Table 3). Soil nitrate was significantly higher in the SH plots
(3.3 mg kg−1), while SH + CC plots had intermediate soil nitrate (2.8 mg kg−1) (Table 3).
As expected, spring soil nitrate was substantially higher overall compared to fall soil nitrate
and ranged from 5.9 to 7.2 mg kg−1, depending on cover crop treatments. However, soil
nitrate in spring was highly variable and the differences between treatments were not
significant (Table 3).

3.3. Barley Seeding Rate Impact on Stand Establishment, Winter Survival, and Growth of Barley

Barley seedling populations increased with increased seeding rate (Table 4). There was a
significant quadratic regression describing this relationship (Seedling Population = − 0.0105x2

+ 8.1424x − 1211), showing that there was a leveling off of barley population between
350 and 400 seeds m−1. This suggests that higher seeding rates do not increase barley
populations towards the higher end of this range (Figure 4). Higher seeding rates also
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significantly improved seedlings’ winter survival (Winter Survival = 0.0313x + 86.25) but
the difference was small and all seeding rate levels had better than 95 percent winter
survival (Figure 5).
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Figure 1. Mean aboveground cover crop biomass (t ha−1) as a function of cover crop treatment.
Means followed by the same letter are not significantly different from each other according to
Bonferroni adjusted t-tests at p ≤ 0.05.
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Figure 2. Cover crop biomass nitrogen content (g kg−1) as a function of cover crop treatment. Means
followed by the same letter are not significantly different from each other according to Bonferroni
adjusted t-tests at p ≤ 0.05.
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Figure 3. Mean aboveground cover crop nitrogen (kg ha−1) as a function of cover crop treatment.
Means followed by the same letter are not significantly different from each other according to
Bonferroni adjusted t-tests at p ≤ 0.05.

Table 3. Mean fall and spring soil nitrate following different cover crops in South Deerfield MA in 2014–2015 and 2015–2016.

Cover Crop Type Fall Soil Nitrate (mg kg−1) Spring Soil Nitrate (mg kg−1)

Sunn Hemp 3.3 a 7.2
Crimson Clover 2.0 b 6.7

Sunn Hemp and Crimson Clover 2.8 ab 6.3
No Cover Crop 2.1 b 5.9

Overall Experiment Mean

2.5 6.5
Effect Significance

Cover Crop Type ** ns

Note. **, p ≤ 0.01; ns, non-significant according to non-parametric permutation tests. For significant effects, all pairwise comparisons were
made using Bonferroni adjusted t-tests. Means followed by the same letter are not significantly different from each other (p ≤ 0.05).

Table 4. Mean barley establishment, winter survival, and growth metrics at different barley seeding rates in South Deerfield
MA in 2014–2015 and 2015–2016.

Barley Seeding Rate
Barley Population

(Plants m−2)
Winter Survival

(Percent)

Heading Date
(Julian Day)

Height
(cm)

Foliar Disease Lodging
(Percent of Plants Affected)

300 seeds m−2 288.5 b 95.3 b 139.9 54.1 52.5 10.4
350 seeds m−2 355.0 a 97.8 ab 139.0 56.6 47.5 11.8
400 seeds m−2 369.1 a 98.4 a 139.6 54.9 47.5 10.5

Overall Experiment Mean

337.5 97.2 139.5 55.2 49.2 10.9
Effect Significance

Barley Seeding Rate *** ** ns ns ns ns

Note. **, p ≤ 0.01; ***, p ≤ 0.001; ns, non-significant according to non-parametric permutation tests. For significant effects, all pairwise
comparisons were made using Bonferroni adjusted t-tests. Means followed by the same letter are not significantly different from each other
(p ≤ 0.05). Barley seeding rate was also evaluated as a.continuous effect using orthogonal polynomial regression.
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Figure 4. Mean seedling population (plants m−1) as a function of barley seeding rate. Means followed
by the same letter are not significantly different from each other according to Bonferroni adjusted
t-tests at p ≤ 0.05.
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Figure 5. Mean winter survival (%) as a function of barley seeding rate. Means followed by the
same letter are not significantly different from each other according to Bonferroni adjusted t-tests
at p ≤ 0.05.

Seeding rate did not have a significant impact on late vegetative and reproductive
growth (Table 4). Seeding rate showed no influence on heading date or height of the barley
plants, the severity of foliar disease, or the prevalence of crop lodging. All plots reached
50 percent heading within two days of each other and height averaged 55 cm across the
experiment. Forty-nine percent of the leaves were affected by foliar disease and eleven
percent of barley lodged before harvest across all treatments.
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3.4. Influence of Cover Crop Species and Barley Seeding Rate on Barley Yield and Malting
Quality Characteristics

There were no significant treatment effects on barley grain yield but there were
two non-significant trends of note (Table 5). First, barley in SH and SH + CC treatments
produced slightly more grain (3.74 and 3.67 t ha−1, respectively) than either CC (3.39 t ha−1)
or NC (3.32 t ha−1). Given that the cover crop treatment groups had very different organic
matter and nitrogen contributions the previous fall, the small difference in yield could be
related to the larger differences in soil condition at barley planting. Second, there was a
non-significant yield improvement as seeding rate increased, possibly related to differences
in stand quality due to differences in initial barley seedling population and winter survival.
However, as noted above, the differences in yield were small and showed that all of the
experimental treatments examined in this study can be similarly productive in malting
barley cropping systems.

Table 5. Mean grain yield and quality metrics for winter malting barley following different cover crops and barley seeding
rates in South Deerfield MA in 2014–2015 and 2015–2016.

Cover Crop Type
Barley

Seeding Rate
Grain Yield (13.5%

Moisture)
Protein (0%
Moisture)

Test Weight
1000 Kernel

Weight
Germinative

Energy
Falling

Number
DON

(seeds m−2) (t ha−1) (g kg−1) (kg hl−1) (g) (percent) (seconds) (mg kg−1)

Sunn Hemp 300 3.53 118.4 58.68 46.40 80.38 233.9 0.20
350 3.95 107.7 58.15 45.89 84.38 231.0 0.18
400 3.75 110.0 58.06 45.55 79.75 234.4 0.10

Crimson Clover 300 3.15 114.8 58.66 47.00 85.00 237.3 0.17
350 3.24 106.9 58.60 46.14 84.00 221.8 0.10
400 3.77 114.3 57.90 46.70 80.00 227.0 0.20

Sunn Hemp and
Crimson Clover 300 3.62 108.5 59.15 45.73 81.63 221.5 0.18

350 3.85 111.0 58.28 47.13 89.13 212.1 0.15
400 3.54 109.0 58.58 45.70 81.38 214.9 0.19

No Cover Crop 300 3.25 112.3 56.57 46.54 82.00 230.5 0.05
350 3.23 111.1 58.85 46.43 79.38 211.5 0.15
400 3.48 110.9 57.50 45.36 77.00 221.4 0.25

Cover Crop Type

Sunn Hemp 3.74 112.0 58.30 45.95 81.50 233.1 0.16
Crimson Clover 3.39 111.9 58.39 46.61 83.00 228.3 0.15
Sunn Hemp and
Crimson Clover 3.67 109.5 58.67 46.18 84.04 216.2 0.17

No Cover Crop 3.32 111.5 57.64 46.11 79.46 221.1 0.15

Barley Seeding Rate

300 seeds m−2 3.39 113.5 58.26 46.42 82.25 230.6 0.15
350 seeds m−2 3.57 109.2 58.47 46.39 84.22 219.1 0.14
400 seeds m−2 3.64 111.1 58.01 45.83 79.53 224.4 0.18

Overall Experiment Mean

3.53 111.2 58.25 46.21 82.00 224.6 0.16
Effect Significance

Cover Crop Type ns ns ns ns ns * ns
Barley Seeding Rate ns ns ns ns ns ns ns

Cover Crop
Type × Seeding Rate ns ns ns ns ns ns ns

Note. *, p ≤ 0.05; ns, non-significant according to non-parametric permutation tests. Although cover crop type had a significant effect on
falling number, pairwise comparisons made using Bonferroni adjusted t-tests did not show significant differences between any cover crop
types (p ≤ 0.05). Cover crop type is evaluated as a discrete effect and barley seeding rate as a continuous effect.

As was the case with grain yield, there were no significant differences in malting barley
grain quality among cover crops or barley seeding rates (Table 5). Across the experiment,
mean test weight was 58.2 kg hl−1, mean 1000 kernel weight was 46.2 g, mean germinative
energy was 82 percent, mean protein content was 111.2 g kg−1, mean falling number was
224 s, and mean DON content was 0.16 mg kg−1. Overall, while the barley met some
malting quality standards, it fell below others. Protein and DON content were in good
ranges for brewing purposes (below 125 g kg−1 and 0.5 mg kg−1, respectively). Test weight
and falling number were a little lower than standard malting quality for these two indices
(61.8 kg hl−1 and 250 s) while germinative energy was much lower than required for
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malting (95 percent). There is no specific standard for 1000 kernel weight. Relatively low
germinative energy may have been the result of high drying temperatures following grain
barley harvest.

These results indicate that high nitrogen contributions from leguminous cover crops
are unlikely to result in protein levels exceeding malting standards.

4. Discussion

Most malting barley production in North America occurs in the dry Great Plains and
West Coast regions with relatively little in the humid Northeast and Midwest [1]. As a
result, most malting barley research has focused on different cropping systems than those
discussed in this experiment. Many experiments have been performed in much drier
conditions [16–20,22,24,39] or with spring planted cultivars [3,16,17,22,24,39]. Furthermore,
many studies have found substantial differences in malting quality even in winter malting
barley cultivars [10,11,14,18]. Caution should be used when generalizing experimental
results given the diversity of growing conditions across North America and the relative
novelty of winter malting barley cultivation in the Northeast.

This experiment indicated that even though malting barley is quite sensitive to nitro-
gen level in grains [13,14,18], leguminous crops may be grown before winter malting barley
without damaging the yield or malting quality of the barley crop (Table 5). This result dif-
fers somewhat from research on malting barley production following legume cover crops
further north in New England. Darby et al. and Surjawan et al. [3,23] reported that sunn
hemp cover crop before winter barley reduced the next summer’s yield in Vermont [23]
and that a pea/oat/vetch cover crop slightly reduced malting quality in spring barley in
Maine [3]. That said, malting barley is much more sensitive to nitrogen in the spring than
in the fall [13] and Darby et al. [23] did not find effects of either sunn hemp or crimson
clover on malting quality.

In the American West, past studies have explored whether growing spring malting
barley after legume cash crops could impact the grain yield and malting quality [16,17,39].
Sainju [17] found that pea residue retained soil nitrate better than bare fallow, while
Sainju et al. [39] and Turkington et al. [16] found that planting spring barley after peas did
not cause negative quality characteristics such as high protein content, which have been
commonly seen from excess nitrogen fertilizer [13,14,18]. However, these experiments
were done with a spring barley following peas seed harvest, and the residues would not
have contained nearly as much nitrogen as a legume cover crop incorporated into the soil,
as was performed by Surjawan et al. [3].

The sunn hemp growth and nitrogen content (Table 2, Figures 1–3) in this experiment
were similar to those seen after a similar amount of time (45 days) by Clark [25] in New
York, although the overall sunn hemp production was lower than that seen by Clark after
60 days or by Mansoer et al. in the American Southeast [27]. Crimson clover (CC) and the
summer fallow (NC) produced much lower biomass and nitrogen yield (Table 2, Figure 1;
Figure 3) but did not lead to lower barley yields (Table 5). Together these results suggest
that the barley was neither in need of nor hurt by the extra nitrogen supplied by the
SH and SH + CC treatments. Given that malting barley can have disease issues when
grown directly after a grass crop [1], it is agronomically important that winter malting
barley be grown after a high nitrogen producer like sunn hemp without negative effects.
Additionally, this research supports the idea recommended by Shrestha and Lindsey [1]
that winter malting barley could be grown after soybeans (Glycine max (L.) Merr.). The
growing season in Massachusetts may be too short for this to be a feasible cropping system.
However, these results show that farmers further south should not be especially concerned
that nitrogen from a previous soybean (or other legume) crop would negatively affect
grain quality of winter malting barley. Additionally, longer growing seasons under climate
change conditions and the development of shorter season soybeans could make this sort of
crop system more attractive in the future in Massachusetts and other New England states.
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While the differences seen in this trial based on barley seeding rate were minimal,
previous studies have found that an increased seeding rate led to better overall malting
quality and lower protein content in particular [20,22,24] in spring planted barley in western
North America. The results from this experiment do not substantively contradict these
earlier findings. While farmers are unlikely to see large yield gains from higher seeding
rates, there may indeed be a reduction in variability from a relatively small investment
in seed. Indeed, this research agrees with Darby et al. [23], who also found that similar
increases in seeding rate can promote winter survival, although not always affecting final
yield or malting quality overall.

The overall malting quality of barley measured in this study was similar to that seen
in other winter malting barley in the Northeast. As in other studies, the barley grain did
not meet all malting quality standards [11,13,23]. The best practices for malting barley
production in the Northeast are still under development and producers should not expect
to get malting quality grain every year [2,14]. Given that malting barley in the Northeast
can be quite variable and is much more affected by cultivar selection [3,10,11,14], spring
fertilizer application [13], and harvest management [2,12], the results of the current experi-
ment indicated that regional farmers can plan their cropping system without worrying that
a previous leguminous crop may cause quality issues in following winter malting barley.

5. Conclusions

It remains challenging to achieve superior malting barley in the Northeastern United
States. This could lead farmers to form the impression that there is little flexibility if
they want to meet the required quality standards. However, while excess nitrogen has
been shown to lead to poor malting quality, growing high-nitrogen-producing legumes
before planting winter malting barley is unlikely to reduce the quality of the succeeding
barley. Specifically, this study demonstrates that following a legume cover crop with winter
malting barley does not reduce grain yield or malting quality in terms of protein content,
test weight, 1000 kernel weight, germinative energy, falling number, or DON content.
These results show that winter malting barley can be integrated into crop rotations with
leguminous plants without negative impacts on barley growth, yield, and grain quality.
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Abstract: Nitrification inhibitors (NIs) can be used to reduce both NO3
−-N leaching and N2O-N

emissions. However, the comparative efficacies of NIs can be strongly affected by soil type. Therefore,
the efficacies of four nitrification inhibitors (dicyandiamide (DCD), 3, 4-dimethylpyrazole phosphate
(DMPP), nitrogenous mineral fertilizers containing the DMPP ammonium stabilizer (ENTEC) and
active ingredients: 3.00–3.25% 1, 2, 4-triazole and 1.50–1.65% 3-methylpyrazole (PIADIN)) were
investigated in three different textured N-fertilized (0.5 g NH4

+-N kg−1 soil) soils of Schleswig-
Holstein, namely, Marsch (clayey), Östliches Hügelland (loamy) and Geest (sandy) under a controlled
environment. Total CO2-C and N2O-N emissions were significantly higher from Marsch than
Östliches Hügelland and Geest. In Marsch, DMPP showed the highest inhibitory effect on CO2-C
emission (50%), followed by PIADIN (32%) and ENTEC (16%). In Östliches Hügelland, DCD and
PIADIN showed the highest and equal inhibitory effect on CO2-C emission (73%), followed by DMPP
(64%) and ENTEC (36%). In Marsch and Östliches Hügelland, DCD showed the stronger inhibitory
effect on N2O-N emission (86% and 47%) than DMPP (56% and 30%) and PIADIN (54% and 16%). In
Geest, DMPP was more effective in reducing N2O-N emission (88%) than PIADIN (70%) and DCD
(33%). Thus, it can be concluded that DCD is a better NI for clay and loamy soils, while DMPP and
PIADIN are better for sandy soils to inhibit soil nitrification and gaseous emissions.

Keywords: nitrification inhibitors; soil type; CO2 and N2O emissions; soil nitrogen dynamic

1. Introduction

Nitrogen is an important element for plant growth in agro-ecosystems [1], but the
effectiveness of applied fertilizer N in crops rarely exceeds 40% [2]. Chemical N fertilizer
constitutes approximately 75% of the total EU input of reactive N [3], and between 40% and
70% of the fertilizer N applied is lost to the atmosphere or the hydrosphere [4]. The majority
of applied N is lost from agriculture through ammonia (NH3) volatilization, gaseous
emissions of nitrous oxide (N2O) and di-nitrogen (N2) and nitrate (NO3

−) leaching [5].
Soil NO3

−-N leaching and N2O emission are processes responsible for both N losses from
agricultural soils as well as environmental pollution [6,7]. Beyond its powerful greenhouse
effect, N2O is also a major ozone-depleting substance involved in the destruction of the
protective ozone layer in the stratosphere [8].

The concentration of N2O, which is about 300 times more reactive a gas than CO2,
has risen from a pre-industrial value of 270 ppb to 319 ppb in 2005 [9], primarily due
to agricultural practices and increased use of industrial fertilizers [1,10]. It has been
estimated that agricultural soils produce 2.8 (1.7–4.8) Tg N2O-N year−1 and contribute
approximately 65% of the atmospheric N2O loading [8,9]. In Europe, N2O emissions from
agricultural soils contribute about 70% of the total annual N2O emissions (European
Environment Agency, 2015). Application of N to soils as chemical or organic fertilizers
stimulates nitrous oxide (N2O) emissions, mainly through the processes of denitrification
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and nitrification [11,12]. Nitrification is an aerobic process in which ammonium (NH4
+)

is first oxidized to nitrite (NO2
−) and then nitrate (NO3

−) [1], and it plays a key role
in the soil N cycle [13]. During the oxidation of NH4

+ to NO2
−, N2O can be produced

as an intermediate and liberated into the atmosphere [1]. Denitrification is an anaerobic
microbial process in which organic carbon is used as an energy source and NO3

− is reduced
to gaseous N compounds, including N2 and N2O [14].

Nitrification inhibitors (NIs) are used to improve the efficiency of N fertilizers through
decreasing both NO3

− leaching and gaseous N emissions [14,15]. NIs can decelerate
the rate of soil nitrification by deactivating the enzyme ammonia monooxygenase (AMO)
responsible for catalyzing ammonia oxidation, the first and rate-limiting step of nitrification,
which is produced by ammonia-oxidizing archaea (AOA) and ammonia-oxidizing bacteria
(AOB) [16]. As NO3

− is the initial required substrate for denitrification, the use of NIs
decreases N2O emissions from both processes (nitrification and denitrification) [1].

The production of N2O, and in turn CO2 emission, in soil and its inhibition by NIs are
complex processes, which can be influenced by different factors such as physicochemical
characteristics of the soil. Among these, texture is a major soil characteristic that governs
various soil properties, and hence the relative effectiveness of NIs may be different in
different textured soils. Soil texture can influence the effectiveness of NIs by affecting
their stability/persistence and absorption in soils. Some NIs such as 3, 4-dimethylpyrazole
phosphate (DMPP) have been shown to affect N2O emission by decreasing soil pH [17],
which can also vary with soil texture. Some studies have tested the effectiveness of NIs to
reduce N2O emissions but results varied considerably because the studies were carried
out under different soil conditions [1]. Thus, it is difficult to draw any specific conclusions
about the N2O mitigation potential of NIs in different textured soils.

This study investigates the effectiveness of four NIs, namely, dicyandiamide (DCD),
3, 4-dimethylpyrazole phosphate (DMPP), nitrogenous mineral fertilizers containing the
DMPP ammonium stabilizer (ENTEC) and active ingredients: 3.00–3.25% 1, 2, 4-triazole
and 1.50–1.65% 3-methylpyrazole (PIADIN) under three vastly different textured soils
(clayey, loamy and sandy). We hypothesized that (i) clay contents would have a positive
effect on soil N2O emissions; and (ii) DMPP would have a better performance than DCD,
PIADIN and ENTEC in reducing soil CO2 and N2O emissions and the conversion of NH4

+-
N to NO3

−-N under a range of soils with different textures. The objective of this study
was to evaluate the variation in soil CO2 and N2O emissions, and NH4

+-N and NO3
−-N

concentrations following the application of the abovementioned NIs in clayey (Marsch),
loamy (Östliches Hügelland) and sandy (Geest) soils.

2. Materials and Methods

2.1. Collection, Preparation and Characterization of Soil

Three soils varying in soil texture were collected from the following three geological
regions of Schleswig-Holstein, Germany: (1) the sandy outwash region (Geest, the outwash
region is dominated by Brunic Arenosols or Cambisols, Podzols and Gleysols, as well
as Histosols), (2) the Weichselian glacial region in the east (Östliches Hügelland, the
Weichselian glacial deposits contain very fertile Luvisols, Cambisols, Anthrosols derived
from colluvic material, Gleysols and Rheic Histosols), and (3) the marshland with alluvial
deposits in the west (Marsch, the marshland includes different types of Fluvic Gleysols
and Histosols) [18]. The selected soils represent the major soil types or climatic zones of
the state of Schleswig-Holstein. The soils belong to three different natural grasslands of
the state.

Soils from the upper 20 cm soil horizon were collected. Visible plant residues and
stones were removed by passing soil through a 2 mm sieve. A representative subsample of
each soil was analyzed for salient characteristics, namely, particle size distribution (clay,
sand and silt), pH, total carbon (C) and N, NH4

+-N and NO3
−-N following standard

methods (Table 1).
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Table 1. Salient characteristics of the experimental soils.

Characteristic Marsch Östliches Hügelland Geest

Silt (%) 10.6 ± 3.9 22.3 ± 9.1 19.2 ± 7.8
Sand (%) 44.3 ± 5.4 62.3 ± 8.7 75.0 ± 6.6
Clay (%) 45.1 ± 3.8 15.4 ± 4.6 5.8 ± 2.3
Texture clayey loamy sandy
Total C (g kg−1) 20.8 ± 0.34 12.0 ± 0.50 13.2 ± 0.19
Total N (g kg−1) 1.37 ± 0.01 1.13 ± 0.05 1.11 ± 0.02
NH4

+-N (mg kg−1) 0.86 ± 0.02 1.39 ± 0.06 3.56 ± 0.06
NO3

−-N 10.9 ± 0.32 13.47 ± 0.59 0.08 ± 0.02
pH 6.00 ± 1.72 7.40 ± 2.45 5.50 ± 2.03

Values (mean ± SE, n = 4).

2.2. Incubation Experiment

Four NIs, namely, dicyandiamide (DCD), 3, 4-dimethylpyrazole phosphate (DMPP),
nitrogenous mineral fertilizers containing the DMPP ammonium stabilizer (ENTEC) and
PIADIN (active ingredients: 3.00–3.25% 1, 2, 4-triazole and 1.50–1.65% 3-methylpyrazole),
were tested with the three different soil types (Marsch, Östliches Hügelland and Geest).
For comparison, a control without the addition of NI was also included for each soil type.
The soils were packed into cylindrical pots (15 cm diameter and 33 cm length, sealed at
the bottom) to achieve a bulk density of 1.4 g cm−3 with 20 cm depth. The experimental
treatments, each having four replications, were arranged in a completely randomized
design. All the pots were fertilized with 0.5g NH4

+-N kg−1 soil using ammonium sul-
fate ((NH4)2SO4) salt in solution form. The NIs were applied at 5% of applied NH4

+-N
(i.e., 25 mg kg−1 soil in solution form). The control treatment involved the application of N
fertilizer and deionized water only. Deionized water was added each day to maintain the
moisture content equivalent to the water-holding capacity of the soils. Following treatment
application, pots were incubated for a period of 57 days in a climatic chamber adjusted to
a consistent temperature (15 ◦C), soil moisture (80% soil water-holding capacity) and air
humidity (50%).

2.3. Collection and Measurement of Emitted CO2 and N2O

The rate of CO2 and N2O emissions was calculated by measuring the concentration of
these gases from each pot at different times. The CO2 and N2O samples were collected once
a day during the first week, once after two days during the second week, and once after
three days during the rest of the incubation period. For sampling, the pots were closed
first and then gas samples were collected at 0, 20, 40 and 60 min. A 10-mL syringe with a
hypodermic needle was used to collect the gas samples. The gas samples were stored in
pre-evacuated Chromacol glass vials with chloro-butyl rubber lids that prevent the leakage
of gas samples. Each gas sampling was carried out between 09:00 and 11:00 am. Except for
the times when gas samples were collected, the pots were left open.

The concentrations of CO2 and N2O in the gas samples were measured by gas chro-
matograph (Agilent 7890A GC, Agilent, CA, USA). The rate of CO2 and N2O emissions
from each pot (ppm/min) during lid closure was calculated using headspace volume of the
pot and a linear relation between CO2 and N2O concentrations and time [19]. The flux of
CO2-C (μg h−1 kg−1) and N2O-N (ng h−1 kg−1) was calculated with the following equation:

EN2O-N =
R × 60 × Vgas × AR

Wsoil × Vm
× 2 × 1000 (1)

ECO2-C =
R × 60 × Vgas × AR

Wsoil × Vm
(2)

where ECO2/N2O is the flux of CO2-C (μg h−1 kg−1) and N2O-N (ng h−1 kg−1), R is the
rate of CO2 and N2O emissions from each pot (ppm/min), Vgas is the gas volume in pot
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(L), Wsoil is the weight of dry soil in pot (kg), AR is the relative atomic mass of C and N,
i.e., 12 and 14, respectively, and Vm is the molar volume of gas which is 23.7 L/mol at
15 ◦C. Total CO2 and N2O emissions during the experimental period were calculated from
the daily emissions of the gases. The relative lowering of total N2O emission (%) from
NI-treated soils as compared to control was regarded as the efficiency of NIs.

2.4. Analysis of NH4
+ and NO3

− in Soil

Soil samples (0–20 cm depth) were collected from the pots on day 1, 15, 29, 43 and 57
of incubation for the measurement of NH4

+ and NO3
− concentration. Each soil sample

was divided into two subsamples; one was oven-dried at 105 ◦C for 8 h to calculate water
content while the other was used for determination of NH4

+ and NO3
−. For the analysis

of soil mineral N, 10 g of fresh soil was mixed with 40 mL of 0.0125 M CaCl2 solution
(1:4) and shaken for 1 h. After centrifugation for 10 min, the extracts were filtered through
Whatman filter paper No. 40 and stored at 4 ◦C. The extracts were analyzed for NH4

+ and
NO3

− concentrations using a continuous flow analyzer (San++ Automated Wet Chemistry
Analyzer—Continuous Flow Analyzer (CFA), Skalar, The Netherlands).

2.5. Statistical Analysis

Soil CO2-C and N2O-N total emissions and NH4
+-N and NO3

−-N concentrations
across different incubation times were compared by one-way analysis of variance (ANOVA).
Treatment means for total CO2 and N2O emissions were compared using two-way ANOVA.
The significance of differences between individual means and incubation times was de-
termined using a Tukey’s honest significant difference (HSD) test. The statistical analyses
were performed by R statistical software (University of Auckland, Oakland, CA, USA) at a
confidence level of 95% (p ≤ 0.05).

3. Results

3.1. Fluxes of CO2-C and N2O-N

Marsch had the highest CO2-C flux, followed by Geest and the lowest in Östliches
Hügelland (Figure 1). The flux of CO2-C progressively decreased with time in all the NI
treatments under Marsch and Geest soils (Figure 1). In Marsch, DMPP had the lowest
CO2-C flux during the incubation period (Figure 1, Table 2). CO2-C flux did not differ
among the NI treatments during the incubation period in Geest soil (Figure 1). DCD, DMPP
and PIADIN had the lowest CO2-C flux at 7 days of incubation in Östliches Hügelland soil
(Figure 1).

Marsch had the highest N2O-N flux, followed by Östliches Hügelland and the lowest
in Geest soil (Figure 2). Marsch and Östliches Hügelland soils with DCD and ENTEC
applied had the lowest and the highest N2O-N flux, respectively, compared with the other
NIs during the incubation period (Figure 2). In Geest, ENTEC showed the highest N2O-N
flux during the incubation period while DMPP and PIADIN showed the lowest N2O-N
flux (Figure 2).
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Figure 1. The flux of CO2-C emission as affected by control, dicyandiamide (DCD), 3, 4-dimethylpyrazole
phosphate (DMPP), nitrogenous mineral fertilizers containing the DMPP ammonium stabilizer (ENTEC)
and active ingredients: 3.00–3.25% 1, 2, 4-triazole and 1.50–1.65% 3-methylpyrazole (PIADIN) treatments
in Marsch, Östliches Hügelland and Geest soils. The data points are means of four independent pot
replicates, and error bars represent standard errors of the means (n = 4).

Table 2. The F test values for CO2-C flux, N2O-N flux, NH4
+-N and NO3

−-N under different texture
soils with four nitrification inhibitors applied.

Soil Type Treatment CO2-C Flux N2O-N Flux NH4
+-N NO3

−-N

Marsch

Control 0.001 0.016 0.000 0.000

DCD 0.003 0.014 0.000 0.000

DMPP 0.045 0.021 0.093 0.089

ENTEC 0.015 0.040 0.000 0.000

PIADIN 0.006 0.032 0.000 0.000

Östliches
Hügelland

Control 0.013 0.140 0.000 0.000

DCD 0.085 0.017 0.008 0.007

DMPP 0.124 0.003 0.000 0.000

ENTEC 0.004 0.001 0.000 0.000

PIADIN 0.045 0.017 0.062 0.000

Geest

Control 0.000 0.004 0.001 0.000

DCD 0.000 0.004 0.000 0.000

DMPP 0.001 0.011 0.000 0.000

ENTEC 0.000 0.000 0.000 0.000

PIADIN 0.001 0.034 0.000 0.002
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Figure 2. The flux of N2O-N emission as affected by control, DCD, DMPP, ENTEC and PIADIN treat-
ments in Marsch, Östliches Hügelland and Geest soils. The data points are means of four independent
pot replicates, and error bars represent standard errors of the means (n = 4).

3.2. Total Emissions of CO2-C and N2O-N

Total CO2-C emission during the incubation period was significantly higher from
Marsch soil (274 mg kg−1) than Östliches Hügelland soil (54.6 mg kg−1) and Geest soil
(60.3 mg kg−1) (Table 3). In Marsch soil, DMPP showed the highest inhibitory effect on
CO2 emission (50%), followed by PIADIN (32%) and the lowest by ENTEC (16%). DCD
did not influence CO2-C emission from Marsch soil (Table 3). In Östliches Hügelland soil,
DCD and PIADIN showed the highest and equal inhibitory effect on CO2 emission (73%),
followed by DMPP (64%) and the lowest by ENTEC (36%). The effect of the NIs on CO2
emission from Geest soils was nonsignificant.

Table 3. Total CO2-C emission during the incubation period from Marsch, Östliches Hügelland and
Geest soils with control, DCD, DMPP, ENTEC and PIADIN applied under controlled conditions.

NI

Marsch Östliches Hügelland Geest

Emission
(mg kg−1)

Decrease
(%)

Emission
(mg kg−1)

Decrease
(%)

Emission
(mg kg−1)

Decrease
(%)

Control 274 ± 1.3a - 54.6 ± 2.3e - 60.3 ± 0.4e -

DCD 261 ±
11.5a 5 14.8 ± 1.7g 73 64.4 ± 1.2e −6.8

DMPP 136 ± 3.8d 50 19.8 ± 0.3g 64 59.6 ± 4.4e 1.2

ENTEC 231 ±
11.3b 16 35.1 ± 0.5f 36 65.8 ± 1.4e −9.1

PIADIN 187 ± 8.4c 32 14.5 ± 1.0g 74 65.0 ± 3.3e −7.8
The values (mean ± SE) are means of four independent pot replicates. The values indicated with the same
lowercase letter(s) are not significantly different at p = 0.05.
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Total N2O-N emission was also the highest from Marsch soil (8051 μg kg−1), followed
by Östliches Hügelland soil (3516 μg kg−1) and the lowest from Geest soil (1313 μg kg−1)
(Table 4). In Marsch and Östliches Hügelland soils, DCD showed the stronger inhibitory
effect on N2O-N emission (86% and 47%, respectively) compared with DMPP (56% and
30%, respectively) and PIADIN (54% and 16%, respectively). In Geest soil, DMPP was
more effective in reducing N2O-N emission (88%) than PIADIN (70%) and DCD (33%).

Table 4. Total N2O-N emissions during the incubation period from Marsch, Östliches Hügelland and
Geest soils with control, DCD, DMPP, ENTEC and PIADIN applied under controlled conditions.

NI

Marsch Östliches Hügelland Geest

Emission
(mg kg−1)

Decrease
(%)

Emission
(mg kg−1)

Decrease
(%)

Emission
(mg kg−1)

Decrease
(%)

Control 8051 ± 279b - 3516 ± 24d 1313 ± 19i -
DCD 1157 ± 222i 86 1861 ± 102g 47 879 ± 34j 33

DMPP 3533 ± 81d 56 2467 ± 74f 30 157 ± 23k 88
ENTEC 9849 ± 280a −22 4169 ± 42c −18 1569 ± 17h −19

PIADIN 3708 ±
408dc 54 2960 ± 105e 16 387 ± 83k 70

The values (mean ± SE) are means of four independent pot replicates. The values indicated with the same
lowercase letter(s) are not significantly different at p = 0.05.

3.3. Soil NH4
+-N and NO3

−-N Concentrations

In Marsch soil, DCD, DMPP and PIADIN slowed down the nitrification process and
maintained higher NH4

+-N concentration and lower NO3
−-N concentration as compared

to control (Figure 3; Table 2). ENTEC did not affect NH4
+-N and NO3

−-N concentrations,
which showed the same trend as that of control Marsch soil (Figure 3). NH4

+-N concentra-
tion decreased and NO3

−-N concentration increased progressively during the incubation
period in control treatment of Östliches Hügelland soil, whereas DCD, DMPP and PIADIN
maintained NH4

+-N concentration at high levels and kept NO3
−-N at lower levels as

compared to control (Figure 3). Similarly, DCD, DMPP, ENTEC and PIADIN slowed down
the decrease in NH4

+-N and the increase in NO3
−-N concentrations as compared to control

in Geest soil (Figure 3). DMPP and PIADIN showed lower NO3
−-N concentration as

compared to DCD and ENTEC in Geest soil (Figure 3).
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Figure 3. Changes in NH4
+-N and NO3

−-N concentrations in Marsch, Östliches Hügelland and Geest soil with control,
DCD, DMPP, ENTEC and PIADIN applied. The data values are means of four independent pot replicates, and error bars
represent standard errors of the means (n = 4). Incubation times indicated by the same lowercase (NH4

+) or uppercase
(NO3

−) letter(s) do not differ significantly at p ≤ 0.05.

4. Discussion

4.1. Effect of Soil Type

Our results showed that CO2-C emission from Marsch soil was higher than from
Östliches Hügelland and Geest soils (Figure 1, Table 3). This may be explained by the fact
that Marsch soil had more organic matter and clay content than the other soils, and CO2
emission is positively linked to soil organic carbon (SOC) content [14]. Soil organic carbon
content is linearly correlated to soil respiration [20]. Thomsen et al. [21] found that the
emission of CO2 from the sandiest soil was lower than from the heavier textured soils due

54



Nitrogen 2021, 2

to a low content of potentially mineralizable native SOC. Moreover, CO2-C emissions from
native SOC increased with increasing clay content but this relationship was ascribed to the
different mineralogy of the soils [22].

Marsch soil showed the highest N2O-N emission, followed by Östliches Hügelland
soil and the lowest by Geest soil (Table 4). Organic C and clay content of the three soils also
followed the same decreasing order (Table 1). Microbial community structure of a soil plays
an important role in defining the rate of nitrification and denitrification in soil [23], and
a soil with higher microbial activity could result in higher N2O emissions [24]. Nitrogen
mineralization and N2O emissions are influenced by soil organic matter [25] and microbial
population [26]. Since nitrification is primarily an autotrophic process, with heterotrophic
nitrification accounting for only 20% [27], C-substrate availability and N2O emissions
from denitrification and nitrification are always positively related to each other [28,29].
Abbasi et al. [30] found that the process of denitrification and production of N2O were
smaller in arable soil deficient in organic carbon compared with grassland soil with plenty
of organic carbon. Cébron et al. [31] reported that the presence of organic carbon promoted
the population of nitrifying bacteria in a clay-textured soil. Thus, higher organic carbon
content in Marsch soil could be one possible reason for higher N2O emission from this soil.
Moreover, higher N2O emission from Marsch than Geest soil may also be explained by the
higher pH of this soil. Fan et al. [32] reported significantly higher N2O emission rates from
three alkaline soils (pH 7.6–8.2) as compared to an acidic soil with a pH of 5.6.

Nitrification is also directly influenced by soil texture [25]. A fine-textured soil can
retain more water and create more frequent and longer anaerobic conditions than a coarse-
or medium-textured soil, and thus may result in faster denitrification and N2O emis-
sion [33]. Overall, the cumulative N2O-N emission from a clay soil was significantly higher
than those from a loamy soil [33] and therefore N2O emissions increase with increasing
clay content.

4.2. Effect of NIs

Except for CO2-C emission from Geest soil and N2O-N emission from ENTEC-treated
soil, NIs significantly decreased CO2-C and N2O-N emissions in all other cases, but the
magnitude of the inhibitory effect did not show any specific consistent trend with the
soil texture (Tables 3 and 4). Different results have been reported by previous researchers
regarding the relative efficacy of NIs in varying textured soils. Barth et al. [18] found that
NIs are more efficient in light soils than heavy soils, whereas Akiyama et al. [34] found that
the effectiveness of NIs was relatively consistent across the various soil types. According
to Fisk et al. [35], the efficacy of DMPP and DCD diminished with the addition of soil
organic matter, and Marsden et al. [36] reported decreased efficacy with higher clay content.
Volpi et al. [14] found that NIs were effective only in the soil with the highest nitrification
activity and the lowest clay content.

In our study, we found that the comparative effectiveness of the NIs in inhibiting
CO2-C and N2O-N emissions depended on soil type (Tables 3 and 4). DCD had the highest
inhibitory effect on soil nitrification in clay soil of Marsch, followed by loam soil of Östliches
Hügelland and lowest in sandy soil of Geest (Table 4). Ernfors et al. [37] reported that the
efficacy of DCD was soil-specific, whereas Wakelin et al. [38] found that the efficacy of DCD
was not related to the soil type. The lowest efficacy of DCD in sandy soil as found in our
study may be explained by the lowest decomposition of this NI in sandy soil as compared
to heavy textured soils [1]. Moreover, McGeough et al. [7] found that DCD may not be an
effective NI under heterotrophic nitrification, which is proportionally the dominant form
of nitrification in sandy soil as compared to a heavy textured soil.

DMPP was reported to be highly specific and more effective in inhibiting nitrification
as compared to DCD [39]. We found that the inhibitory effect of DMPP on N2O emission
was more pronounced in the sandy soil of Geest than in the loamy and clay soils (Table 4).
In short-term incubation experiments, Barth et al. [40] found that decreasing sand content
reduced the efficacy of DMPP in retarding NH4

+ oxidation. They found that the adsorption
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capacity of DMPP is positively correlated with clay content, and that a lower effectiveness
of DMPP may be due to the adsorption of the NI on silt and clay particles. In their later
study, the same group of researchers reported that DMPP had more pronounced inhibition
of N2O emission in sandy than in loam soil [41]. The same explanation as given above for
the effect of DMPP stands true for PIADIN, which showed the same trend of effectiveness
in different textured soils as that of DMPP. DMPP has relatively low mobility [39–43],
mineralizes slowly and thus has a longer-lasting inhibitory effect on nitrification than
DCD [44,45].

Soil texture may affect organic carbon turnover by adsorption of organic carbon onto
surfaces of clay or organic complexes [46]. Thus, the effect of different NIs on organic
carbon decomposition could also be affected by soil texture. Our results showed that DCD
did not influence the soil organic carbon decomposition in Marsch soil, and thus CO2-C
emission from DCD-treated soil was the same as that from control soil (Table 3). DMPP
had the best inhibitory effect on the organic carbon decomposition in Marsch soil. The NIs
DCD, DMPP and PIADIN effectively inhibited the decomposition of organic carbon in
Östliches Hügelland soil and resulted in the lowest CO2-C emissions (Table 3). ENTEC
had the smallest inhibitory effect on the soil organic carbon decomposition in Östliches
Hügelland soil.

5. Conclusions

CO2-C and N2O-N emissions were higher from N-fertilized clayey soils than from
lighter textured loamy and sandy soils. DCD was proven the most effective NI in decreasing
CO2-C and N2O-N emissions and inhibiting nitrification in the clayey and loamy soils. On
the other hand, DMPP and PIADIN could decrease CO2-C and N2O-N emissions more
effectively in the sandy soil. ENTEC remained the least effective in inhibiting CO2-C
emission, whereas it did not inhibit N2O-N emission from the studied soils.

It is concluded that clayey soil has more gaseous emissions and NIs perform differently
depending on the soil texture to inhibit soil nitrification and gaseous emissions. DCD is a
better NI for clay and loamy soils while DMPP and PIADIN are better for sandy soil to
inhibit soil nitrification and gaseous emissions. ENTEC is ineffective in all soil textures.
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Abstract: The effect of N fertilization on residue decomposition has been studied extensively; how-
ever, contrasting results reflect differences in residue quality, the form of N applied, and the type
of soil studied. A 60 d laboratory incubation experiment was conducted to ascertain the effect of
synthetic N addition on the decomposition of two corn (Zea mays L.) stover mixtures differing in C:N
ratio by continuous monitoring of CO2 emissions and periodic measurement of microbial biomass
and enzyme activities involved in C and N cycling. Cumulative CO2 production was greater for
the high than low N residue treatment, and was significantly increased by the addition of exoge-
nous N. The latter effect was prominent during the first month of incubation, whereas N-treated
soils produced less CO2 in the second month, as would be expected due to more rapid substrate
depletion from microbial C utilization previously enhanced by greater N availability. The stimulatory
effect of exogenous N was verified with respect to active biomass, microbial biomass C and N, and
cellulase and protease activities, all of which were significantly correlated with cumulative CO2

production. Intensive N fertilization in modern corn production increases the input of residues but is
not conducive to soil C sequestration.

Keywords: aerobic incubation; CO2 production; microbial metabolism; enzyme activities; active biomass;
gross mineralization/immobilization

1. Introduction

Modern cereal production relies on intensive N fertilization to increase grain yield and
thereby enhances the input of crop residues. The latter effect is important for agricultural
sustainability, as residues protect the surface soil against erosion loss, serve as a source of
nutrients for plants and soil microbes, and sustain the soil microflora by supplying C as an
energy source. Moreover, crop residues are essential to the formation of soil organic matter,
although the efficiency of this conversion is necessarily reduced by liberation of CO2 during
microbial decomposition, which depends not only on environmental factors (temperature
and moisture) but also N availability and residue quality (i.e., chemical composition and
C:N ratio) [1].

The effect of exogenous N addition on residue decomposition has been the subject of
numerous investigations, but contrasting results have been reported. A positive effect has
been found in some studies [2,3], whereas in others, N addition has reduced C mineraliza-
tion [4–6] or has had no net effect [7–9]. The disparities can be attributed in part to the type
of residue, which affects the proportions of cellulose, lignin, and other constituents that
differ in their ease of decomposition [10], and further interactions arise in relation to the size
and placement of residues. Moreover, discrepancies can occur because of variation in the
fertilizer N rate relative to the soil’s N supplying capacity and can also reflect differences in
the form of N applied, as microbial N utilization is greater with NH4

+ than NO3
− [11,12]

but can be inhibited by acidifying N sources such as (NH4)2SO4 or NH4Cl. Another source
of inconsistencies in the effect of exogenous N on residue decomposition is the method of
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incubation, which can be compromised if aerobic conditions are not maintained throughout
a study period with continuous collection of CO2 [13].

The effect of N availability on C mineralization during residue decomposition can be
clarified by investigating the impact on microbial biomass production and/or extracellular
enzyme activities involved in microbial C and N cycling. Previous studies have shown
that incorporation of N with residue or other carbonaceous substrates increases activities
for cellulase and protease, two of the major enzymes responsible for C and N mineraliza-
tion [14–17]; however, a negative effect is also possible when cellulase activity is limited
by a low substrate concentration in ligneous materials [18] or when protease is repressed
by a substantial concentration of NH4

+ as the end product [16]. Microbial biomass con-
tent tends to follow changes in enzymatic activities and CO2 production during residue
decomposition [19] and can either be increased [20] or decreased [21] by the addition of
N. These changes would necessarily affect the dynamics of soil and residue N through
mineralization and immobilization [21–23].

Despite a massive input of residues when corn (Zea mays L.) is repeatedly grown with
synthetic N fertilization in long-term cropping experiments, the usual trend over time is a
decline in profile storage of soil organic C (SOC) [24–26]. Such findings motivated the labo-
ratory incubation study reported herein, which utilized continuous CO2 monitoring and
relevant microbial indicators to test the null hypotheses that (1) exogenous or endogenous
N increases C and N mineralization during corn residue decomposition, (2) the increased
mineralization is due to stimulation of microbial biomass production and enzyme activities,
and (3) the effectiveness of N for enhancing mineralization will be reduced by declining
substrate availability.

2. Materials and Methods

2.1. Soil Studied

For use in comparing the decomposition of different residues, a bulk sample of
surface (0–20 cm) soil was collected in early May 2019 from a Mollisol mapped as the
Ipava series [Fine, smectitic, mesic Aquic Argiudolls (Chernozem)] near Farmer City
(40◦15′12.6′′ N 88◦34′59.4′′ W) in central Illinois, USA. The sampling site had been cropped
to a corn−soybean (Glycine max L. Merr) rotation for more than 40 years, during which the
fertilizer N rate for corn was 180 kg ha−1. The soil sample, collected in a 38 L polyethylene
tote box, was sieved (2 mm screen) in the field-moist condition with removal of macro
residues from the 2018 corn crop, thoroughly homogenized, and then returned to the tote
box for no more than 2 weeks of storage in a refrigerator at 4 ◦C. A subsample was air-dried
for triplicate analyses to determine the properties reported in Table 1.

Table 1. Physicochemical properties of the soil studied.

Property Value Reference

pH (soil:water ratio, 1:1) 6.6 [27]
Organic C (g kg−1) 21.5 [28]

Total N (g kg−1) 1.8 [29,30]
C:N ratio 12.2

Potentially mineralizable N (mg kg−1) 258 [31]
Bioavailable P (mg kg−1) 22 [32]

Sand (g kg−1) 158 [33]
Silt (g kg−1) 595 [33]

Clay (g kg−1) 247 [33]
Water-holding capacity (WHC, mL kg−1) 635 [34]

2.2. Residues

Corn stover was collected within one day after harvest in late September from subplots
of contrasting fertility under continuous corn and a corn−soybean rotation at the historic
Morrow Plots in Urbana, Illinois, USA. The stover samples, consisting of leaves, stalks,
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husks, and cobs, were allowed to dry for one week in a forced-air oven at 50 ◦C, subse-
quently ground to <2 mm using a Model 4 Wiley mill (Thomas Scientific, Swedesboro, NJ,
USA), and then transferred to air-tight Mason jars for storage at room temperature. Before
use, a composite mixture was prepared for each rotation by combining the four different
residues according to the proportions given by Pordesimo et al. [35] for aboveground corn
biomass. The two mixtures were characterized (Table 2) for organic C, total N, C:N ratio,
and major organic fractions by proximate analysis to estimate the water-soluble fraction,
lignin, and cellulose + hemicellulose [36].

Table 2. Characterization of corn residue mixtures used in incubation study. Data reported as a mean of duplicate or
triplicate determinations. Values for total N and water-soluble fraction differ significantly at p < 0.001. Crude protein
calculated as total N × 6.25 [37].

Proximate Analysis (g kg−1)

Residue
Mixture

Cropping
System

Organic C
(g kg−1)

Total N
(g kg−1)

Crude
Protein
(g kg−1)

C:N
Water-

Soluble
Fraction

Lignin
Cellulose +

Hemicellulose

High N Corn−corn
(fertilized) 407 6.7 42 61 28.0 14.5 53.7

Low N Corn−soybean
(unfertilized) 404 4.3 27 94 18.0 13.8 52.9

2.3. Incubation Procedure

For preincubation, 252 samples of field-moist soil (50 g dry weight equivalent) were
weighed into 120 mL polypropylene specimen containers and adjusted to 40% WHC
by the addition of deionized water using a Metrohm 665 Dosimat (Metrohm, Herisau,
Switzerland). To maintain moisture content and aerobic conditions, the containers were
each sealed with Parafilm (Alcan Packaging, Neenah, WI, USA) that was punctured by
forming 8–10 holes with a syringe needle. Preincubation was carried out for 7 d under dark
conditions in a constant-temperature room maintained at 25 ◦C.

After preincubation, the following treatments were randomized among nine sets
of replicate soil samples: (1) no amendment (control), (2) high N residue (HNR), (3)
HNR + KNO3, (4) HNR + (NH4)2SO4, (5) low N residue (LNR), (6) LNR + KNO3, (7)
LNR + (NH4)2SO4, (8) KNO3, and (9) (NH4)2SO4. Residues were added at the rate of 10
mg dry weight g−1 soil, which was selected to roughly represent modern corn production
in the Midwestern USA, followed by thorough mixing for uniform incorporation. Nitrogen
as NO3

− or NH4
+ was applied as uniformly as possible using the Dosimat to dispense

a solution that supplied 0.1 mg N g−1 soil. All soil samples were treated with sufficient
deionized water to bring the moisture content to 50% WHC by using the Dosimat, three
specimen containers from each treatment (total of 27) were weighed for monitoring soil
moisture content, and every specimen container was transferred to a 1.9 L wide-mouth
Mason jar. Three jars from each treatment-specific set of samples, and three additional jars
with no soil, were sealed using lids equipped with a pair of ball valves for atmospheric
sampling, and the remainder were sealed using standard jar lids. All jars were returned to
the constant-temperature room for 60 d of incubation in the dark at 25 ◦C.

After incubation for 7, 14, 30, 45, and 60 d, five moist soil samples per treatment were
thoroughly mixed, and the composite sample was analyzed for soil pH, active biomass,
microbial biomass C and N, cellulase and protease activities, and gross N mineralization
and immobilization.

2.4. Atmospheric Analyses

At 1 d intervals during the first week of incubation, and at 2 or 3 d intervals thereafter,
the Mason jars equipped with gas sampling lids (Figure 1) were each connected to a
sampling tube and circulating pump for atmospheric sample collection following the
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technique described by Horgan et al. [38]. After sampling, lids were removed from all jars
in use for incubation and also from the three used for background atmospheric sampling,
and the jars were left open for one hour of aeration. If necessary, deionized water was
added to replace evaporative losses before reattaching jar lids, and incubation was resumed
in darkness at 25 ◦C.

Figure 1. Unit used for incubation with atmospheric sampling by the system of Horgan et al. [38],
consisting of a specimen container with soil (1) in a 1.9 L Mason jar equipped with a lid having inlet
(2) and outlet (3) ball valves (item # 38EF92, Grainger, Lake Forest, IL, USA) connected to 6.4 mm
O.D. brass tubing (4).

Analyses for CO2 and O2 were performed using a Hewlett-Packard Model 5790A
gas chromatograph (GC) (Agilent Technologies, Santa Clara, CA, USA) equipped with an
eight-port sampling valve (Valco Instruments Co., Houston, TX, USA) employing dual
0.5 mL sample loops, a Tracor U-90 ultrasonic detector (Tracor, Austin, TX, USA), and a
Hewlett-Packard Model 3390A reporting integrator. This instrument used ultra-high purity
He as the carrier gas, Porapak Q for separation of CO2 at 50 ◦C, and molecular sieve 5A
for separation of O2 + Ar at 25 ◦C. Calibration was carried out for every set of analyses
using certified mixtures of CO2 in He (Matheson, Joliet, IL, USA) and of O2 in N2 (Airgas,
Radnor, PA, USA).

2.5. Soil pH

Duplicate 5 g (dry weight) samples from each treatment were mixed with sufficient
deionized water to obtain a 1:1 soil:water suspension, and pH was measured using a glass
electrode [27].

2.6. Microbial Biomass Parameters

The active component of microbial biomass was estimated by a modified version of the
biokinetics method described by Van de Werf and Verstraete [39]. In the modified method,
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5 g (dry weight) of soil was adjusted to 60% WHC with or without the addition of glucose
medium and then incubated (25 ◦C, 6.67 h) in a 250 mL straight-sided glass jar equipped
with a gas-tight lid having a ball valve for CO2 analysis using the GC system previously
described. Active biomass was calculated using the equation given by Van de Werf and
Verstraete [39] from the increase in CO2 production observed for glucose-treated samples.

The chloroform fumigation/extraction procedure described by Vance et al. [40] was
utilized to measure soil microbial biomass C (MBC) and N (MBN). Following K2SO4
extraction, organic C was determined by dichromate oxidation [28] for calculation of MBC
(Bc) using the equation proposed by Vance et al. [40], Bc = Fc/0.45, where Fc = [(organic C
extracted by K2SO4 from fumigated soil) − (organic C extracted by K2SO4 from non-fumigated
soil)], and the value in the denominator represents the proportion of biomass C mineralized
to CO2.

Microbial biomass N was estimated from the difference between fumigated and unfu-
migated extracts when analyzed for total N by Kjeldahl digestion [29] and diffusion [30].
A value of 0.54 was assumed as the correction factor for calculating biomass N (BN) by
an equation that follows the same form as the one given in the previous paragraph for
biomass C.

2.7. Enzyme Activities

Two of the major enzymes involved in C and N mineralization—cellulase and protease—
were assayed to determine how their activities changed over the incubation period. Cellulase
activity was determined by a para-nitrophenol (pNP) method [41] using pNP-β-D-cellobioside
substrate prepared in modified universal buffer (MUB, pH 6.5). For this purpose, triplicate 1 g
soil samples (dry weight equivalent) were treated with 5 mL of 12 mM substrate solution,
and the mixture was briefly vortexed and then incubated for 2 h at 37 ◦C. Hydrolysis was
terminated immediately following incubation by adding 4 mL of 0.1 M tris buffer (pH 12)
and 1 mL of 2 M CaCl2, a 1 mL aliquot of the supernatant was centrifuged to remove
sediment, and pNP was quantified from absorbance measurements at 405 nm.

Protease assays were performed using the casein-based technique of Ladd and But-
ler [42] with modifications described by Jesmin et al. [43]. Briefly, 1 g of soil (dry weight
equivalent) was treated with 2.5 mL of tris buffer (pH 8) and 2.5 mL of sodium caseinate
solution (50 mg casein g−1 soil) and incubated for 2 h at 50 ◦C on a shaking sand bath. After
incubation, trichloroacetic acid was added to terminate hydrolytic activity, the supernatant
obtained by centrifugation was treated with Na2CO3 solution and Folin reagent, and the
tyrosine released was determined spectrophotometrically at 650 nm.

2.8. Gross N Mineralization and Immobilization

For comparing treatment effects on N mineralization and immobilization, pool-
dilution measurements were performed using quadruplicate 10 g (dry weight) samples
of soil from each composite mixture. Two of these samples were treated with 100 mL of
2 M KCl followed by 0.64 mL of deionized water containing 40 μg of N as (15NH4)2SO4
(30 atom % 15N), and the remaining samples were incubated at 25 ◦C for 3 d after the
same addition of (15NH4)2SO4. In both cases, mineral N was extracted by shaking soil
samples with 2 M KCl for 1 h and filtering the resulting soil suspension through Whatman
no. 42 filter paper (GE Healthcare, Maidstone, UK) in a Büchner funnel under vacuum.
The extracts were analyzed for exchangeable NH4

+-N by accelerated diffusion methods
of Khan et al. [44], followed by 15N analysis using an automated Rittenberg system [45].
Gross rates of mineralization and immobilization were calculated using the zero-order
equations derived by Kirkham and Bartholomew [46].

2.9. Statistical Analyses

Replicate data were characterized by computing means and standard deviations. PAST
version 3.22 [47] was used to test for homogeneity (Levene’s test) and normality (Shapiro−Wilk’s
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test), to evaluate the significance of treatment effects by a one-way analysis of variance
(ANOVA), and to carry out mean comparisons by Tukey’s procedure (p < 0.05 to 0.001).

3. Results and Discussion

3.1. Residue Quality

Besides increasing grain yields and the quantity of above- and below-ground residue
inputs, N fertilization has an intrinsic effect on residue quality by increasing biomass con-
tent of total N or crude protein [48–50], thereby lowering the C:N ratio [51,52]. These changes
are apparent from Table 2, which shows that total N was significantly greater for the high N
residue (HNR) collected after using fertilizer N, which caused a substantial decline in C:N
ratio. Table 2 also shows that fertilization led to a significant increase in the water-soluble
fraction obtained by proximate analysis. This fraction, consisting largely of monomeric
sugars (predominately glucose and fructose) along with related alditols, aliphatic acids,
and inorganic ions [53], enriches the soil in labile organic C when leached from residue
and is readily utilized during microbial decomposition [54–56]. The proximate analyses
reported by Table 1 are consistent with previous reports that N fertilization is more effective
for increasing soluble than structural carbohydrates in corn residues [57–59].

3.2. C Mineralization

The effects of endogenous and exogenous N on microbial decomposition during the
60 d incubation period are documented by temporal (Figure 2) and cumulative (Figure 3)
data for CO2-C production. As expected, the amount of CO2-C collected was always greater
for incubations with rather than without residue (Figure 2), the cumulative effect being at
least a four-fold difference (Figure 3) with O2 concentrations that always exceeded 0.20 kPa
O2 kPa−1 to ensure aerobic conditions. Examination of the inset panel in Figure 2A reveals
that CO2 production without residue was significantly (p < 0.01) reduced by the presence
of KNO3 (PN) or (NH4)2SO4 (AS), although neither effect was significant when evaluated
using the entire dataset (Figure 3). Such findings can be explained by ‘microbial N mining’,
whereby N limitation stimulates microbial attack on indigenous organic matter [60–62],
the result being greater C mineralization than would occur when microbial N demand is
alleviated by the input of mineral N. Moreover, the high salt index of KNO3 [63] would have
limited microbial activity and biomass due to plasmolysis caused by osmotic stress [64–66],
whereas the acidifying effect of (NH4)2SO4 [67], which is documented by Figure 4, would
have been more important than salinization for inhibiting heterotrophic C oxidation [68–70].
The findings in Figures 2 and 3 are consistent with previous reports that, in the absence of
residue inputs, N fertilization usually decreases soil respiration [22,71,72].

Given that the two residue mixtures studied differed considerably in their N contents,
an increase in CO2 production was expected in comparing the HNR with the LNR treatment.
This was indeed observed, as collection of CO2 was significantly greater for HNR than
LNR during the first 10 d of incubation but not thereafter (Figure 2B,C). Due to the initial
enhancement, a significant increase also occurred in the cumulative emission of CO2
(Figure 3), which in terms of the C applied was equivalent to 66% for HNR and 50%
for LNR. The latter finding is in line with previous studies showing that a higher N
content promotes microbial decomposition when crop residues incubate following their
incorporation in soil [73–76], but also reflects the fact that HNR was substantially greater
in the water-soluble fraction (Table 2). According to Shi and Marschner [55], this fraction
serves as a key source of energy to support active growth by the heterotrophic microflora,
which promotes residue decomposition during the early stage of incubation.
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Control e e c e d d 
PN e e cd e d d 
AS e e d e d d 

HNR c d a a a a 
HNR + PN a c b cd b b 
HNR + AS a a ab d c c 

LNR d d ab a a a 
LNR + PN a b a b b b 
LNR + AS b ab a bc b bc 

Figure 2. Total quantity of CO2-C produced by soil in 10 d intervals during a 60 d aerobic incubation
involving the following nine treatments: (A) unamended control, potassium nitrate (PN), ammonium
sulfate (AS); (B) high N residue (HNR) with or without PN (HNR + PN) or AS (HNR + AS); and
(C) low N residue (LNR) with or without PN (LNR + PN) or AS (LNR + AS). Data shown as a mean
from triplicate incubations with standard error bars and a table for mean comparisons. Within a
given incubation interval, treatments followed by the same letter do not differ significantly at p < 0.05.
When compared at a smaller scale (A), CO2-C was significantly greater (p < 0.01) for the control than
for the PN or AS treatment.

Regardless of which residue mixture was incorporated prior to incubation, cumula-
tive CO2 production, ranging from 82 to 88% of the residue C applied, was significantly
increased by the presence of exogenous NH4

+ or NO3
− relative to the HNR and LNR

treatments. This is evident from Figure 3, which also shows that the two N sources did not
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differ in their effects on cumulative CO2 production, presumably because NO3
− utilization

is promoted by the presence of carbonaceous residues. The finding that addition of mineral
N promoted liberation of CO2 during decomposition of corn residue is consistent with
results previously obtained in many relevant incubation studies [2,61,73,76–79] and can
presumably be attributed to microbial N utilization for cellular synthesis and metabolism.
In some cases, exogenous N has had no significant effect on soil respiration in the presence
of corn residue [9,21,80], which may reflect variations in incubation procedure, the type
of soil studied, and/or the relative rates of residue and N addition. Reports that decom-
position is unaffected or even inhibited by the addition of mineral N are more common
from studies with more ligneous plant materials such as wheat (Triticum aestivum L.) or
rice (Oryza sativa L.) straw, tree bark, or sawdust [4,81–83].

Figure 3. Cumulative CO2-C produced by soil during half or all of a 60 d aerobic incubation involving an
unamended control and the following eight treatments: potassium nitrate (PN), ammonium sulfate (AS),
high N residue (HNR) with or without PN (HNR + PN) or AS (HNR + AS), and low N residue (LNR) with
or without PN (LNR + PN) or AS (LNR + AS). Data shown as a mean from triplicate incubations with
standard error bars obtained for the total amount of CO2 collected. Treatments do not differ significantly
(p < 0.05) for the entire 60 d incubation period when bars are accompanied by the same letter.

Figure 4. Soil pH during a 60 d aerobic incubation involving an unamended control and the following
eight treatments: potassium nitrate (PN), ammonium sulfate (AS), high N residue (HNR) with or without
PN (HNR + PN) or AS (HNR + AS), and low N residue (LNR) with or without PN (LNR + PN) or AS
(LNR + AS). Data shown as a mean from duplicate incubations for 7 and 60 d with standard error bars.
Treatments do not differ significantly (p < 0.05) when bars are accompanied by the same letter.
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Besides increasing the cumulative production of CO2 from residue-treated soil, ex-
ogenous N shifted the temporal pattern of decomposition, such that 76 to 82% of the CO2
collected was liberated in the first month of incubation, as compared to 51% for the LNR
and 57% for the HNR treatment (Figure 3). A substantial decline subsequently occurred for
the fertilized but not the unfertilized treatments with residue, and the difference was usu-
ally significant (Figure 2). This shift has previously been observed in numerous incubation
studies [2,4,76,80] and can be explained by microbial utilization and subsequent depletion
of labile constituents released by residue decomposition.

3.3. Microbial Parameters
3.3.1. Active Biomass

The response of microbial communities to a readily available supply of substrate
can be estimated by the assay of active biomass, which in the present project involved
a short-term measurement of respiration following the addition of glucose. The results
(Figure 5) show that, when averaged over the entire incubation period, active biomass for
residue-treated soil was higher with than without exogenous N, although the difference
was not necessarily significant due to limited replication. The importance of an active
microbial fraction to soil respiration is also evident from the finding that active biomass was
highly correlated (r = 0.94, p < 0.001) with cumulative CO2 production in the incubation
study, as in previous work by Alvarez and Alvarez [84]. A decline in active biomass was
expected with the loss of residue C over time, and this was indeed observed when a 2 to
34% decrease occurred during the second month of incubations with residue, as opposed to
a corresponding increase of 19 to 119% for treatments without residue (Figure 5). The latter
increase, which was most pronounced for the AS treatment, reflects a drastic stimulation
of glucose-responsive microbial growth and respiration following an intensifying level
of starvation as substrate depletion was exacerbated by aerobic incubation. Under such
conditions, the introduction of substrate triggered a microbial shift from the potentially
active fraction to an active physiological state, thereby increasing the active biomass
pool [85,86] that represented 13 to 35% of the total biomass C.

0-30 d
30-60 d

Figure 5. Active biomass measured at five intervals (7, 14, 30, 45, and 60 d) during a 60 d aerobic
incubation involving an unamended control and the following eight treatments: potassium nitrate
(PN), ammonium sulfate (AS), high N residue (HNR) with or without PN (HNR + PN) or AS (HNR
+ AS), and low N residue (LNR) with or without PN (LNR + PN) or AS (LNR + AS). Data for each
incubation interval shown as a mean from duplicate subsamples with standard error bars. Statistical
analyses were performed after averaging data for all five intervals, and treatments do not differ
significantly (p < 0.05) when bars are accompanied by the same letter.

3.3.2. Microbial Biomass C and N

Unlike active biomass, MBC was unaffected by the presence or absence of exogenous
N, with significant differences only being observed in comparing some but not all averages
for treatments with and without residue (Figure 6A). Similar findings have previously
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been reported in relevant incubation studies by Muhammad et al. [21], Song et al. [87], and
Li et al. [88], and reflect the contrasting effects of residue and mineral N inputs on microbial
growth and activity. Organic substrates supply C essential to microbial biomass synthe-
sis, while inorganic N predominantly contributes to extracellular enzyme activities [89].
The view that N can be more important for promoting microbial activities than growth is
relevant to the present study because residue treatments with and without inorganic N
differed significantly in active biomass and cumulative CO2 production (Figures 3 and 5)
but not in MBC (Figure 6A), despite a significant correlation of the latter two parameters
(r = 0.81, p < 0.01).

Figure 6. Microbial biomass C (A) and microbial biomass N (B) measured at five intervals (7, 14, 30, 45, and 60 d) during
a 60 d aerobic incubation involving an unamended control and the following eight treatments: potassium nitrate (PN),
ammonium sulfate (AS), high N residue (HNR) with or without PN (HNR + PN) or AS (HNR + AS), and low N residue
(LNR) with or without PN (LNR + PN) or AS (LNR + AS). Data for each incubation interval shown as a mean from duplicate
subsamples with standard error bars. Statistical analyses were performed after averaging data for all five intervals, and
treatments do not differ significantly (p < 0.05) when bars are accompanied by the same letter.

To better clarify the interacting effects of C and N on total microbial biomass, the MBN
fraction was measured at the same incubation intervals utilized in characterizing MBC. The
results (Figure 6B) reveal that MBN was significantly greater for the HNR, HNR + PN, and
HNR + AS treatments as compared to soils incubated without residue, and with the excep-
tion of LNR + AS, significantly lower for the LNR than the HNR treatments. Both findings
can be explained by differences in the supply of assimilable N, following similar reports in
several previous studies [90–92]. A significant correlation was obtained between MBN and
cumulative CO2 production (r = 0.78, p < 0.05), indicating that organic C mineralization
released C and N substrates for microbial biomass synthesis [93]. For the HNR + PN and
LNR + PN treatments that supplied ample C and N, MBC was 2 to 25% greater in the
second than in the first month of incubation, whereas the corresponding change for the
HNR + AS and LNR + AS treatments was a 10% decrease due to soil acidification. Relative
to the same temporal periods, a 35 to 64% decrease in MBN was observed for these four
treatments, reflecting a decline in microbial activity due to substrate limitation.
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3.3.3. Enzymes Involved in C and N Mineralization

Given the fundamental role of C-degrading enzymes in residue decomposition [16],
assays of cellulase activity were performed at periodic intervals throughout the current
study. As shown by Figure 7A, cellulase activities were significantly greater for treatments
with rather than without residue regardless of whether LNR or HNR was used, and signifi-
cant increases were also observed upon incubating residue-treated soils with exogenous N.
A positive effect of residue addition would be expected for an inducible enzyme such as cel-
lulase [94], while a stimulatory effect of mineral N is documented for cellulosic substrates
by several previous studies [15,17,94–96], presumably because increased N availability
enhances the activities of the wide variety of cellulolytic soil fungi and bacteria. In line
with previous reports by Geisseler and Horwath [16] and Luo et al. [17], cellulase activity
was strongly correlated (r = 0.90, p < 0.001) with cumulative CO2 production.

Figure 7. Mean cellulase (A) and protease (B) activities measured at five intervals (7, 14, 30, 45, and
60 d) during a 60 d aerobic incubation involving an unamended control and the following eight
treatments: potassium nitrate (PN), ammonium sulfate (AS), high N residue (HNR) with or without
PN (HNR + PN) or AS (HNR + AS), and low N residue (LNR) with or without PN (LNR + PN) or AS
(LNR + AS). Data shown as a mean from triplicate incubations with standard error bars. Treatments
do not differ significantly (p < 0.05) when bars are accompanied by the same letter.

To further evaluate the effect of substrate availability on the microbial turnover of C
and N, assays were carried out concurrently for protease as well as cellulase. Proteolytic
enzymes play a key role in soil N mineralization, comprising a group of extracellular hy-
drolases that convert proteins to peptides and/or amino acids [97]. Figure 7B reveals that
soil protease activities were much lower when residues were absent with the control, PN,
and AS treatments, owing to the lack of C sources for heterotrophic microbial metabolism
and extracellular enzyme synthesis. Protease activities increased markedly for the remaining
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treatments that all involved residue addition. Such increases were induced in response to
ample availability of organic C and N, but there is no evidence of any effect due to the input
of mineral N. Similar findings from previous research concerning soil protease activities have
been linked to substrate C:N ratios and the repressive effect of NH4

+ or NO3
− [16,98–100].

In the present study, protease activity was significantly correlated with cumulative CO2
(r = 0.94, p < 0.001), active biomass (r = 0.89, p < 0.001), MBC (r = 0.76, p < 0.05), and cellu-
lase activity (r = 0.71, p < 0.05), which is consistent with previous findings by Geisseler and
Horwath [16,98], Geisseler et al. [99], and Mishra et al. [101].

3.4. N Mineralization

Because soil C and N cycling is closely coupled, 15N pool dilution was used to evaluate
the treatments under investigation with respect to gross N mineralization and immobilization.
The results are summarized by Figure 8A, which shows that immobilization always exceeded
mineralization, even when there was no residue addition with the control, PN, and AS treat-
ments. Both findings can be attributed to the use of a soil that contained carbonaceous residues
when collected from a field previously cropped to corn [102]. Despite limited replication
that minimized significant differences, net immobilization (Figure 8B) tended to be higher
for treatments involving the addition of NH4

+ than NO3
−, as would be expected from the

microbial preference previously documented for N utilization [11,12,22]. Gross mineralization
and immobilization were highly correlated (r = 0.91, p < 0.001), as would be expected given
their concurrent occurrence as the central processes in soil N cycling [22].

Figure 8. Gross mineralization/immobilization (A) and net immobilization (B) measured at five
intervals (7, 14, 30, 45, and 60 d) during a 60 d aerobic incubation involving an unamended control
and the following eight treatments: potassium nitrate (PN), ammonium sulfate (AS), high N residue
(HNR) with or without PN (HNR + PN) or AS (HNR + AS), and low N residue (LNR) with or without
PN (LNR + PN) or AS (HNR + AS). Values reported as a mean with standard error bars representing
duplicate data collected before and after a 3 d incubation with (15NH4)2SO4. Treatments do not
differ significantly (p < 0.05) when bars are accompanied by the same lowercase (mineralization) or
uppercase (immobilization) letter.
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4. Conclusions

The soil incubation study reported herein supports the view that N availability is
an important factor in the decomposition of corn stover, as cumulative CO2 production
after 60 d was directly affected by residue N content and a substantial increase occurred
from the application of mineral N, although there was no significant impact on gross N
mineralization. A stimulatory effect of exogenous N was observed for active biomass and
cellulase activity but not for MBC, MBN, or protease. With respect to C mineralization, this
effect was much more pronounced in the first than in the second month of incubation, as
would be expected due to a greater decline in substrate availability.

These findings have practical implications for modern corn production that relies on
high planting rates and intensive N fertilization to increase grain yield and is often assumed
to promote SOC storage by enhancing residue inputs. On the contrary, five decades of
synthetic N fertilization led to a net decline in profile storage of SOC, relative to treatment-
specific baseline data collected for the historic Morrow Plots [26], which is consistent with
similar evidence from numerous other long-term cropping experiments throughout the
world. Such findings would be expected if fertilizer and residue N promote heterotrophic C
utilization during microbial decomposition, as demonstrated by the short-term incubation
approach adopted for the present project.
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Abstract: Biochar is suggested to improve soil properties. However, its combination with inorganic
nitrogen (N) fertilizer in temperate soils is not well understood. This study compared the effect of
fertilizer N-biochar-combinations (NBC) and fertilizer-N (FN) on total soil N (TSN), soil organic
carbon (SOC), soil nitrate (NO3

−–N), and ammonium (NH4
+–N). Soil samples were taken from

experiments at Efaw and Lake Carl Blackwell (LCB), Oklahoma, USA with ten treatments consisting
of three N rates (50, 100, and 150 kg N ha−1) and three biochar rates (5, 10, and 15 t ha−1). Results
at Efaw showed greater TSN and SOC under NBC compared to FN by 3 and 21%, respectively. No
percentage difference was observed for NH4

+–N while NO3
−–N was lower by 7%. At LCB, TSN,

SOC, NO3
−–N, and NH4

+–N were higher under NBC by 5, 18, 24, and 10%, respectively, compared
to FN. Whereas application of biochar improved SOC at both sites, NO3

−–N and NH4
+–N were only

significant at LCB site with a sandy loam soil but not at Efaw with silty clay loam. Therefore, biochar
applied in combination with inorganic N can improve N availability with potential to increase crop
N uptake on coarse textured soils.

Keywords: biochar; total nitrogen; nitrate; ammonium; soil organic carbon

1. Introduction

Biochar is a stable carbon (C) rich material formed through pyrolysis of organic
materials [1,2]. Application of biochar to the soil is suggested to improve soil properties in
addition to C sequestration [3–6]. It is reported to be beneficial in improving soil physical,
biological, and chemical properties which include, among others, soil organic carbon (SOC),
water retention capacity, cation exchange capacity (CEC), total soil nitrogen (TSN), and soil
pH, hence contributing to soil fertility [7,8].

Soil organic C, one of the most important biological properties that determines quality
of soil, is believed to be improved through application of biochar. Some research reports
have documented the contribution of fertilizer-N (FN) in increasing SOC stock. They
argue that FN increases quantity of crop residues added to the soil as a result of improved
biomass production. Generally, high rates of FN inconsistently affect SOC where increases
are observed in some cases while manure application more frequently increases surface
soil SOC [9]. Biochar application with >90% of C in recalcitrant forms more consistently
increases SOC. However, there are contradictory conclusions on the role of biochar in
enhancing SOC storage. Some researchers have reported negative priming effect of biochar
to the native SOC as a result of increasing the rate of evolution of carbon dioxide hence
less storage [10,11]. This could be due to short term oxidation of the labile biochar com-
pounds [12]. If the soil is inherently poor in SOC, application of biochar will reduce the
evolution of CO2 while the opposite would be observed in soils rich in organic C [13].
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Besides, C loss is always very small relative to the amount of C stored within the biochar
itself [14]. In contrast, Cross and Sohi [12] reported that application of biochar did not, for
the most part, indicate negative priming of the native SOC and that application of biochar
could stabilize native SOC in grassland soils. Applying a combination of N and biochar
could contribute to the increase in the SOC storage.

With evidence of increased SOC following biochar application, soil N is likely to
increase. Soil N is present mostly in organic compounds which consist of both particulate
organic N and dissolved organic N. The particulate organic N include the N in living
organisms and detritus. On the other hand, dissolved organic N consists of a wide range
of organic substances, such as free amino acids, and proteins, among others [15]. Biochar
soil incorporation is suggested to increase the buildup of organic N. Prommer et al. [16]
reported that application of inorganic N in combination with biochar had a synergistic effect
by activating the belowground build-up of soil organic N. They explained that biochar
reduces the transformation rates of the native soil organic N as plants and microbes draw
from the inorganic fertilizer N. Bai et al. [17] added that changes in microbial processes and
activities on soil organic N following biochar soil application are mediated primarily by
abiotic factors such as rainfall and temperature. Therefore, biochar has a great potential in
building soil organic N.

Plants take up N in the inorganic form; NO3
− and NH4

+ which are susceptible to losses
such as volatilization, denitrification, runoff, and leaching [18–20]. Biochar application may
improve inorganic N retention through alteration of CEC and anion exchange capacity
(AEC) with the greatest benefit on sandy soils and this has been demonstrated by many
studies [21–25]. The increased AEC of biochar reduces leaching of NO3

−–N while the CEC
increases the adsorption of NH4

+–N. Therefore, the application of inorganic N with biochar
may reduce loss and increase uptake of both NO3

−–N and NH4
+–N. The objective of this

study was to compare the effect of fertilizer N-biochar-combinations (NBC) and FN on soil
NO3

−–N, NH4
+–N, SOC, and TSN. We hypothesized greater soil N content and improved

SOC under NBC compared to NF following harvest of maize.

2. Materials and Methods

2.1. Experimental Sites and Design

Field trials were conducted for two years in the summer cropping season of 2018 and
2019 at Efaw Agronomy Research Station (36◦08′12.6′′ N 97◦06′25.8′′ W) and Lake Carl
Blackwell research farm (36◦08′58.0′′ N 97◦17′19.3′′ W), near Stillwater, OK, USA. Efaw
Agronomy Research Station had Ashport silty clay loam (fine-silty, mixed, superactive,
thermic Fluventic Haplustoll) soil. Lake Carl Blackwell had Pulaski fine-sandy loam
(coarse/loamy, mixed nonacid, thermic Udic Ustifluvent) soil [26]. The treatments included;
0, 50, 100, and 150 kg ha−1 of FN with no biochar; and 5, 10 and 15 t ha−1 of biochar with
no FN. The three NBC treatments were 50 kg N plus 5 t ha−1 biochar, 100 kg N plus
10 t ha−1 biochar, and 150 kg N plus 15 t ha−1 biochar. In the second year, treatments were
applied to the same exact plots used in the first year. Biochar was obtained from Wakefield
Agricultural Carbon (Columbia, MO, USA), a USDA certified biochar producing company.
Physical and chemical properties of Southern Yellow Pine biochar pyrolyzed at 500 ◦C, and
the initial soil conditions are included in Table 1. All the N and biochar treatments were
applied prior to planting of maize. Total rainfall and average air temperature (April to
September) in 2018 and 2019 at Stillwater, OK, USA were obtained from Oklahoma Mesonet
(Figure 1).
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Table 1. Physical and chemical properties of soft wood (Southern Yellow Pine) biochar supplied by
Wakefield Biochar, Columbia, Missouri; the initial soil chemical properties at Lake Carl Blackwell
(LCB) and Efaw research sites, Stillwater, OK, USA.

Biochar/
Site

pH K Ca Mg Mn Fe BD TP TN TOC

Unit mg kg−1 mg kg−1 mg kg−1 mg kg−1 mg kg−1 g cm−1 mg kg−1 g kg−1 g kg−1

Biochar 7.4 612 4128 1225 234 595 0.48 4.53 5.9 876.7
LCB 5.7 349 804 207 x x x 12 0.8 9.1
Efaw 5.6 153 1466 354 x x x 13 0.7 6.8

TP, total phosphate; TN, total nitrogen; TOC, total organic carbon; BD, bulk density; x, values not determined.
Initial soil properties were determined before the first year of biochar application.

Figure 1. Total rainfall and average air temperature (April to September) in 2018 and 2019 at Stillwater,
OK, USA.

Fertilizer-N was applied as urea ammonium nitrate—UAN (28:0:0). Fertilizer-N,
biochar and NBC treatments were surface applied. Biochar was broadcast and incorporated
at a 15 cm soil depth using a 2720 John Deere Disk Ripper (John Deere, Moline, IL, USA).
This incorporation ensured an in-depth mixing of the biochar-N fertilizer complex with
soil materials for the respective treatments.

2.2. Data Collection and Analysis

Composite soil samples, 15–20 cores per plot at 0–15 cm, were collected five months
after biochar application following harvest of maize in 2018 and 2019. Soil samples were
oven-dried for 48 h at 65 ◦C, and ground to pass through a 1 mm sieve size to remove
larger aggregates and plant roots. The extraction of inorganic N (NO3

−–N and NH4
+–N)

was carried out from 5 g of soil with 25 mL 1 M KCl after shaking for 30 min on a rotary
shaker at 200 rpm. The extracts were filtered with 0.45 μm Whatman filter paper and then
analyzed using automated Lachat QuickChem 8500 Series 2 Flow Injection Analyzer (Hach
Co., Loveland, CO, USA). The SOC and TSN contents were determined from 200 mg of
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soil using dry combustion [27] at 950 ◦C with LECO Truspec CN dry combustion analyzer
LECO CN628 (LECO Inc., St. Joseph, MI, USA).

2.3. Statistical Analysis

In this study, the independent variables were contrasts, treatments, and replications
while the dependent variables were NO3

−–N, NH4
+–N, TSN, and SOC. Data were analyzed

separately for each year and separated by location. The GLM procedure of the SAS statistical
package was used in the analysis of variance (ANOVA) [28]. The combined ANOVA tested
for the effect of the independent variables as well as key interactions on the response
variables. For all the response variables, the difference between treatment means from
NBC and FN were compared using single-degree-of-freedom orthogonal contrasts [29,30].
In addition to the level of statistical significance from ANOVA, the standard error (S.E)
of means for each treatment and the coefficient of variation (CV) were used to indicate
the precision of measurement and the extent of variability within and between groups,
respectively. For each response variable, treatment means and the corresponding S.E were
presented in a table that combined experimental sites and years. Additionally, contrasts
that compared specific treatments of interests were presented in the bottom half of the table
with corresponding F and p-values for each site and year.

3. Results

3.1. Soil Nitrate N

The results at Efaw location in 2018 did not show any significant difference (p = 0.0534)
in soil NO3

−–N content between treatments (Table 2). At each fertilizer rate, soil NO3
−–N

was higher under NBC compared to FN by 5 and 7% at 50 and 100 kg N ha−1, respectively.
At 150 kg N ha−1, orthogonal contrast showed that NBC was significantly (p = 0.0259)
lower than FN by 31%. The highest soil NO3

−–N of 6.4 mg kg−1 was observed under FN at
150 kg N ha−1 while the lowest (3.8 mg kg−1) was observed at 10 t ha−1 biochar with no N
applied. In 2019, results showed significant differences in soil NO3

−–N content (p < 0.0001)
between treatments (Table 2). However, contrasts between NBC and FN did not show
significant difference in soil NO3

−–N at all N rates. Soil NO3
−–N was lower under NBC

than observed FN by 5, 9, and 5% at 50, 100, and 150 kg N ha−1, respectively. The highest
soil NO3

−–N (5.9 mg kg−1) was observed under FN at 150 kg N ha−1 while the lowest
(4.1 mg kg−1) was observed under 5 t ha−1 of biochar with no N applied.

At LCB, the 2018 ANOVA results showed significant differences in soil NO3
−–N

(p < 0.0001) between treatments (Table 2). For each fertilizer rate, contrasts between NBC
and FN did not show significant difference in soil NO3

−–N at 50 kg N ha−1 (p = 0.1702).
However, significant differences were seen at 100 kg N ha−1 (p = 0.0003) and 150 kg N ha−1

(p < 0.0001). Nitrate under NBC was higher than that observed under FN by 11, 29, and 40%
at 50, 100, and 150 kg N ha−1, respectively. The highest NO3

−–N (3.9 mg kg−1) was seen
under NBC at 100 kg N ha−1 while the lowest (2.0 mg kg−1) was observed at 150 kg N ha−1

under FN. In 2019, results were similar to that of 2018 where significant differences in
NO3

−–N (p = 0.001) were observed between treatments (Table 2). Contrasts between NBC
and FN did not show a significant difference in NO3

−–N at 50 kg N ha−1 (p = 0.3134) and
100 kg N ha−1 (p = 0.0891), while significant difference was observed at 150 kg N ha−1

(p = 0.02). The observed differences showed higher NO3
−–N under NBC than FN by 16, 23,

and 27% at 50, 100, and 150 kg N ha−1, respectively. The highest soil NO3
−–N (7.0 mg kg−1)

was observed under NBC at 150 kg N ha−1 while the lowest (3.7 mg kg−1) was observed at
the check plot.
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Table 2. Mean nitrate N for treatments plus the associated contrasts between N fertilizer and biochar-
N combinations at Efaw and Lake Carl Blackwell, Stillwater, Oklahoma. 2018 and 2019.

Treatment N Rate Biochar NO3
−–N at Efaw NO3

−–N at LCB

kg ha−1 t ha−1 mg kg−1 mg kg−1

2018 2019 2018 2019

mean ±S.E Mean ±S.E mean ±S.E mean ±S.E
1 0 0 4.24 0.42 4.05 0.24 2.13 0.24 3.71 0.71
2 50 0 4.76 0.14 4.81 0.54 2.66 0.17 3.94 0.21
3 100 0 4.94 0.23 5.33 0.11 2.76 0.18 4.39 0.17
4 150 0 6.38 0.22 5.88 0.18 1.96 0.06 5.11 0.28
5 0 5 4.45 0.70 4.05 0.02 2.15 0.17 3.95 0.09
6 0 10 3.80 0.39 4.22 0.03 2.14 0.06 4.00 0.11
7 0 15 4.02 0.63 4.18 0.12 2.24 0.26 4.09 0.07
8 50 5 5.01 0.35 4.58 0.04 2.98 0.03 4.67 0.70
9 100 10 5.29 0.32 4.88 0.17 3.87 0.26 5.68 0.21

10 150 15 4.86 0.85 5.58 0.01 3.27 0.12 6.98 0.88
Pr > F 0.0534 <0.0001 <0.0001 0.001
C.V, % 17.3 7.7 11.5 16.6

Contrasts F Pr > F F Pr > F F Pr > F F Pr > F
2 vs. 8 0.17 0.6840 0.43 0.5222 2.13 0.1702 1.11 0.3134
3 vs. 9 0.35 0.5640 1.63 0.2262 25.02 0.0003 3.42 0.0891
4 vs. 10 6.45 0.0259 0.74 0.4067 34.60 <0.0001 7.18 0.0200
2, 3 & 4 vs. 8, 9 & 10 0.78 0.3944 2.60 0.1326 50.79 <0.0001 10.39 0.0073

C.V, coefficient of variation between treatments; S.E, standard error for replicated means (±SE, n = 3). Nitrogen
fertilizer was applied as urea ammonium nitrate—UAN (28:0:0). Biochar was applied immediately following
UAN and incorporated to a depth of 15 cm.

3.2. Soil Ammonium N

The ANOVA at the Efaw location in 2018 did not show significant difference in
soil NH4

+–N content (p = 0.9268) between treatments (Table 3). At each fertilizer rate,
soil NH4

+–N content was higher under NBC compared to FN by 8 and 9% at 50 and
100 kg N ha−1, respectively, while a decrease under NBC by 3% was observed at 150 kg N ha−1

compared to FN. The highest NH4
+–N of 21.2 mg kg−1 was seen under NBC at 100 kg N ha−1

while the lowest (17.6 mg kg−1) was observed at the check plot. In 2019, results showed
significant differences in NH4

+–N content (p = 0.0009) between treatments (Table 3). How-
ever, contrasts between NBC and FN did not show significant difference in NH4

+–N at all
contrasted N rates. Soil NH4

+–N content decreased under NBC by 13% at 150 kg N ha−1 com-
pared to FN. The highest NH4

+–N (5.5 mg kg−1) was observed under FN at 150 kg N ha−1

while the lowest (3.9 mg kg−1) was observed under 5 t ha−1 of biochar with no N applied.
At LCB, the 2018 results showed significant differences in soil NH4

+–N (p = 0.016)
between treatments (Table 3). For each fertilizer rate, contrasts between NBC and FN did
not show significant difference in soil NH4+–N at 50 kg N ha−1 (p = 0.3546) while significant
differences were seen at 100 kg N ha−1 (p = 0.026) and 150 kg N ha−1 (p = 0.0182). Soil
NH4

+–N was higher under NBC than FN by 6, 14, and 14% at 50, 100, and 150 kg N ha−1,
respectively. The highest NH4

+–N (31 mg kg−1) was observed at 150 kg N ha−1 under
NBC while the lowest (23 mg kg−1) was observed at 10 t ha−1 of biochar with no N
fertilizer applied. In 2019, results were similar to that of 2018 where significant difference in
NH4

+–N (p < 0.0001) was observed between treatments (Table 3). Contrasts between NBC
and FN did not show any significant difference in soil NH4

+–N at 50 kg N ha−1 (p = 0.8881)
and 100 kg N ha−1 (p = 0.1078) while significant differences were seen at 150 kg N ha−1

(p = 0.0026). Soil NH4
+–N was higher under NBC than FN by 1, 8, and 15% at 50, 100, and

150 kg N ha−1, respectively. The highest soil NH4
+–N (5.2 mg kg−1) was observed under

NBC at 150 kg N ha−1 while the lowest (4.1 mg kg−1) was observed at the check plot.
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Table 3. Mean ammonium N for treatments plus the associated contrasts between N fertilizer and
biochar-N combinations at Efaw and Lake Carl Blackwell, Stillwater, Oklahoma. 2018 and 2019.

Treatment N Rate Biochar NH4
+–N at Efaw NH4

+–N at LCB

kg ha−1 t ha−1 mg kg−1 mg kg−1

2018 2019 2018 2019

mean ±S.E Mean ±S.E mean ±S.E mean ±S.E
1 0 0 17.63 0.59 4.21 0.07 24.43 1.23 4.06 0.03
2 50 0 18.53 1.23 5.01 0.27 24.42 1.13 4.19 0.16
3 100 0 19.33 1.22 5.15 0.29 24.25 0.78 4.24 0.14
4 150 0 20.72 1.25 5.51 0.38 26.32 0.86 4.43 0.09
5 0 5 19.70 2.47 3.87 0.32 24.76 2.27 4.10 0.01
6 0 10 19.03 0.81 4.26 0.10 23.60 0.61 4.11 0.05
7 0 15 19.26 3.53 4.27 0.06 23.98 1.11 4.09 0.06
8 50 5 20.17 1.53 4.40 0.11 25.90 1.44 4.22 0.16
9 100 10 21.15 2.08 4.49 0.15 28.15 0.67 4.59 0.17

10 150 15 20.07 2.54 4.82 0.18 30.52 1.38 5.21 0.15
Pr > F 0.9268 0.0009 0.016 <0.0001
C.V, % 14.9 8.3 8.4 4.6

Contrasts F Pr > F F Pr > F F Pr > F F Pr > F
2 vs. 8 0.46 0.5121 3.09 0.1044 0.93 0.3546 0.02 0.8881
3 vs. 9 0.56 0.4676 3.51 0.0854 6.45 0.0260 3.02 0.1078
4 vs. 10 0.07 0.7953 3.95 0.0702 7.47 0.0182 14.31 0.0026
2, 3 & 4 vs. 8, 9 & 10 0.45 0.5156 10.52 0.0070 12.96 0.0036 10.70 0.0067

C.V, coefficient of variation between treatments; S.E, standard error for replicated means (±SE, n = 3). Nitrogen
fertilizer was applied as urea ammonium nitrate—UAN (28:0:0). Biochar was applied immediately following
UAN and incorporated to a depth of 15 cm.

3.3. Soil Organic C

At Efaw, the 2018 results indicated an overall significant difference (p = 0.0016) in SOC
between treatments (Table 4). Contrast comparing NBC and FN at 50 kg N ha−1 did not
indicate significance difference (p = 0.6542) while significance differences in SOC were seen
at 100 kg N ha−1 (p = 0.0064) and 150 kg N ha−1 (p = 0.0018). Higher SOC observed under
NBC than FN correspond to 5, 27, and 31% at 50, 100, and 150 kg N ha−1, respectively. The
highest SOC of 9.6 g kg−1 was observed under NBC at 150 kg N ha−1 while the lowest
of 6.6 g kg−1 was obtained at 150 kg N ha−1 under FN. Similar observations were made
in 2019 where significant differences (p = 0.0007) in SOC were seen between treatments
(Table 4). Contrasts revealed significant differences between NBC and FN at 100 kg N ha−1

(p = 0.018) and 150 kg N ha−1 (p = 0.0007). The NBC registered higher SOC than FN by
22 and 35% at 100 and 150 kg N ha−1, respectively. The highest SOC of 11 g kg−1 was
observed under NBC at 150 kg N ha−1 while the lowest of 6.86 g kg−1 was obtained at the
control plot with no biochar and N applied.

Results at LCB for 2018 did not show an overall significant difference (p = 0.0758) in
SOC between treatments (Table 4). For each fertilizer rate, contrast comparing NBC with
FN did not show significant difference at 50 kg N ha−1 (p = 0.0858) but differences were
seen at 100 kg N ha−1 (p = 0.0058) and 150 kg N ha−1 (p = 0.0006). The SOC under NBC
was higher than that observed under FN by 17, 21, and 28% at 50, 100, and 150 kg N ha−1,
respectively. The highest SOC of 12 g kg−1 was observed at 150 kg N ha−1 under NBC
while the lowest of 8.2 g kg−1 was observed at 50 kg N ha−1 under FN. In 2019, overall
ANOVA showed significant differences (p = 0.0015) in SOC between treatments (Table 4).
Contrasts between NBC and FN showed significant differences at 50 kg N ha−1 (p = 0.0415),
100 kg N ha−1 (p = 0.0241) and 150 kg N ha−1 (p = 0.0335). The observed differences
showed higher SOC under NBC more than under FN by 14, 15, and 12% at 50, 100, and
150 kg N ha−1, respectively. The highest SOC of 13 g kg−1 was observed under NBC at
150 kg N ha−1 while the lowest of 8.2 g kg−1 was seen at 50 kg N ha−1 under FN.
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Table 4. Mean soil organic C for treatments plus the associated contrasts between N fertilizer and
biochar-N combinations at Efaw and Lake Carl Blackwell, Stillwater, Oklahoma. 2018 and 2019.

Treatment N Rate Biochar Soil Organic C at Efaw Soil Organic C at LCB

kg ha−1 t ha−1 g kg−1 g kg−1

2018 2019 2018 2019

mean ±S.E Mean ±S.E Mean ±S.E mean ±S.E
1 0 0 6.76 0.35 6.86 0.43 9.14 0.98 8.53 0.19
2 50 0 7.05 0.10 7.25 0.44 8.24 0.21 8.23 0.21
3 100 0 6.76 0.37 7.13 0.13 8.40 0.16 8.58 0.16
4 150 0 6.61 0.25 7.34 0.31 8.76 0.12 10.39 0.37
5 0 5 7.79 0.06 8.48 1.13 10.23 1.60 10.48 0.46
6 0 10 8.69 1.03 10.09 0.55 9.79 0.19 9.32 0.73
7 0 15 9.37 0.20 7.03 0.36 10.46 1.38 11.18 1.40
8 50 5 7.39 0.38 7.55 0.63 9.64 0.09 9.58 0.57
9 100 10 9.22 0.96 9.37 0.58 10.91 0.71 10.11 0.25

10 150 15 9.58 0.64 11.01 0.99 12.23 1.04 12.72 0.72
Pr > F 0.0016 0.0007 0.0758 0.0015
C.V, % 11.8 13.2 14.9 10.9

Contrasts F Pr > F F Pr > F F Pr > F F Pr > F
2 vs. 8 0.21 0.6542 0.14 0.7147 3.50 0.0858 5.21 0.0415
3 vs. 9 10.87 0.0064 7.50 0.0180 11.22 0.0058 6.65 0.0241
4 vs. 10 15.79 0.0018 20.11 0.0007 21.51 0.0006 5.76 0.0335
2, 3 & 4 vs. 8, 9 & 10 19.92 0.0008 19.24 0.0009 28.27 0.0002 17.58 0.0012

C.V, coefficient of variation between treatments; S.E, standard error for replicated means (±SE, n = 3). Nitrogen
fertilizer was applied as urea ammonium nitrate—UAN (28:0:0). Biochar was applied immediately following
UAN and incorporated to a depth of 15 cm.

3.4. Total Soil N

The ANOVA at Efaw, did not show any significant difference (p = 0.3316) in TSN
between treatments in 2018 (Table 5). Total soil N was 14% lower under NBC than observed
under FN at 50 kg N ha−1. At 100 and 150 kg N ha−1, TSN was higher under NBC than FN
by 6 and 5%, respectively. In 2019, similar observations were made where no significant
difference (p = 0.6854) in TSN among treatments (Table 5). At 50 kg N ha−1, TSN was
higher under NBC than FN by 10%.

Table 5. Mean total soil N for treatments plus the associated contrasts between N fertilizer and
biochar-N combinations at Efaw and Lake Carl Blackwell, Stillwater, Oklahoma. 2018 and 2019.

Treatment N Rate Biochar Total Soil N at Efaw Total Soil N at LCB

kg ha−1 t ha−1 g kg−1 g kg−1

2018 2019 2018 2019

mean ±S.E Mean ±S.E mean ±S.E mean ±S.E
1 0 0 0.71 0.01 0.79 0.04 0.80 0.03 0.79 0.03
2 50 0 0.82 0.06 0.74 0.05 0.76 0.04 0.77 0.04
3 100 0 0.70 0.05 0.80 0.06 0.75 0.08 0.75 0.02
4 150 0 0.68 0.01 0.73 0.04 0.78 0.00 0.81 0.06
5 0 5 0.78 0.02 0.79 0.04 0.73 0.03 0.85 0.03
6 0 10 0.72 0.04 0.81 0.04 0.84 0.04 0.77 0.01
7 0 15 0.73 0.01 0.72 0.03 0.78 0.04 0.87 0.00
8 50 5 0.71 0.02 0.83 0.04 0.82 0.05 0.81 0.05
9 100 10 0.75 0.04 0.77 0.04 0.82 0.03 0.84 0.03

10 150 15 0.71 0.06 0.80 0.05 0.82 0.05 0.78 0.02
Pr > F 0.3316 0.6854 0.6466 0.2424
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Table 5. Cont.

Treatment N Rate Biochar Total Soil N at Efaw Total Soil N at LCB

kg ha−1 t ha−1 g kg−1 g kg−1

2018 2019 2018 2019

C.V, % 8.8 9.7 9 7.2
Contrasts F Pr > F F Pr > F F Pr > F F Pr > F

2 vs. 8 2.77 0.1221 1.62 0.2268 0.85 0.3740 0.39 0.5462
3 vs. 9 0.49 0.4954 0.16 0.6990 1.39 0.2609 2.63 0.1309
4 vs. 10 0.30 0.5921 1.32 0.2730 0.37 0.5533 0.38 0.5512
2, 3 & 4 vs. 8, 9 & 10 0.06 0.8170 1.37 0.2647 2.45 0.1432 0.88 0.3654

C.V, coefficient of variation between treatments; S.E, standard error for replicated means (±SE, n = 3). Nitrogen
fertilizer was applied as urea ammonium nitrate—UAN (28:0:0). Biochar was applied immediately following
UAN and incorporated to a depth of 15 cm.

At LCB, results for 2018 did not show any significant difference (p = 0.64) in TSN
between treatments (Table 5). At each fertilizer rate, single degree of freedom contrast did
not indicate significant difference in TSN between NBC and FN (p = 0.143). Total soil N
averaged 0.76, 0.75, and 0.78 g kg−1 for FN and 0.82, 0.82, and 0.82 g kg−1 for NBC at 50,
100, and 150 kg ha−1, respectively. Similar observations were made in 2019 where ANOVA
did not indicate significant difference (p = 0.2424) in TSN between treatments (Table 5).
Total soil N averaged 0.77, 0.75, and 0.81 g kg−1 for FN and 0.81, 0.84, and 0.78 g kg−1 for
NBC at 50, 100, and 150 kg ha−1, respectively.

4. Discussion

4.1. Soil Inorganic N

The soil NO3
−–N and NH4

+–N content were both improved with biochar application.
Differences in both soil NO3

−–N and NH4
+–N content were seen between experimental

years. In 2018, significantly higher soil NO3
−–N and NH4

+–N content were observed
than in 2019. This could be due to high amount of rainfall received in 2019 that could
have caused substantial leaching of inorganic N compared to 2018. Overall, NO3

−–N
across sites and years increased by 8.8% while NH4

+–N increased by 4.8% with biochar
application. Similar observations were made by Yao et al. [31] who reported significant
increase in NO3

−–N (34%) and NH4
+–N (35%) following biochar application. In addition,

Singh et al. [7] observed up to 94% more soil NH4
+–N under biochar amendment than in

the untreated plot. It is important to note that most of the studies that report high proportion
of retained inorganic N were soil column leaching experiment compared to the current
study that was conducted under field conditions as demonstrated by Libutti et al. [32]. In
the current study, positive effects of biochar application in increasing the availability of
NO3

−–N and NH4
+–N were observed at 10 and 15 t ha−1. With 20 t ha−1 of wood biochar,

Gao et al. [33] observed NO3
−–N and NH4

+–N recovery of 33 and 53%, respectively, under
field conditions. In an attempt to offer explanations, Zheng et al. [34] indicated the increase
in soil water holding capacity, NH4

+–N adsorption, and enhanced N immobilization as the
main reasons for the increase in recovery of fertilizer-N following biochar soil application.
Indeed, increasing the capacity of the soil to hold water increases chances of retaining both
NO3

−–N and NH4
+–N within soil solution [35]. The enhanced adsorption of NH4

+–N has
been attributed to increase in CEC as a result of the oxidation of aromatic C and formation
of carboxyl groups [36]. Lawrinenko and Laird [25] reported an increase in the anion
exchange capacity (AEC) of biochar, which reduces leaching of anionic nutrients. They
explained that the increased AEC is due to the formation of oxonium functional group
(–O+) and non-specific proton adsorption by condensed aromatic rings. Therefore, the rate
at which biochar increases the availability of NO3

−–N and NH4
+–N is largely dependent

on specific biochar production conditions.
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4.2. Soil Organic C

The SOC was significantly increased with biochar application. The general ANOVA
did not show significant difference in SOC content between experimental years. However,
differences in SOC content were observed between experimental sites. Higher SOC content
was observed at LCB with a coarse textured sandy loam soil compared to Efaw with silty
clay loam. Results averaged across experimental sites and years indicate a 19.3% increase
in SOC under biochar soil amendment. The significant impact of biochar on SOC have
been well documented [21,25,37]. For instance, Liu et al. [38] observed as high as 40%
increase in SOC under biochar treatment. At just 8 t ha−1 of biochar derived from wheat
straw, Zhang et al. [39] observed 34–80% increase in SOC. Similarly, Gao et al. [33] reported
that wood biochar application increased SOC by 33% at 20 t ha−1 under tropical soils.
Soil organic C increased at all biochar rates used in this study. The apparent and perhaps
obvious reason for the increased SOC under biochar soil amendment is the fact that biochar
contains high proportion of C by weight compared to other elements. In this study, the pine
wood biochar used contained 87% organic C. Indeed, application of material with such high
organic C content will certainly increase the SOC of the amended soil. With other factors
constant, this implies that the increase in SOC following biochar application is dependent
on the rate of biochar application. This notion is consistent with observation in the current
study where SOC increased with biochar application rate. In addition, biochar is also
known to persist in soil for a long period of time. In the latter case, some researchers have
presented evidence on the stability of biochar in the soil and suggested its application as a
strategy for soil C sequestration [40,41]. Therefore, application of biochar in agricultural
soil are important both from the agronomic and environmental perspectives.

4.3. Total Soil N

Overall, TSN content was not significantly improved following biochar application.
However, significant difference was observed between experimental years. The TSN
content in 2018 across treatments was lower than observed in 2019, probably due to the
cumulative effect since treatments were applied to the same exact plots as in 2018. The
TSN content observed at LCB was higher than that at Efaw. This is due to differences in
soil type. Biochar effect was significant at the LCB site with a sandy loam soil but not at
Efaw with silty clay loam. Across sites and years, an overall observed increase in TSN
under biochar soil amendment was 3.7%. This finding is similar to the observations by
Agegnehu et al. [25], using waste willow wood (Salix spp.) as biochar feedstock. Significant
differences between TSN of FN treatment and NBC were not seen. The non-significant
response of TSN to biochar application in the above scenarios is probably attributed to
limited N in biochar from woody sources, and that was insufficient to support TSN increase
within experimental periods and rates used in these studies. Total soil N is a quantity
that builds up in soil over a period of time. To illustrate this viewpoint, Omara et al. [42]
observed a significant trend in buildup of TSN in a long-term experiment where fertilizer
N was applied on a yearly basis. Therefore, the element of time and rate of application,
alongside N content of biochar, is paramount in explaining the behavior of TSN following
biochar application. Contrary to these findings, Uzoma et al. [21] observed significant
increase in TSN using dry cow manure biochar at similar rates as in the current study.
Using dry cow manure biochar could have resulted to this significant difference in TSN
buildup as compared to biochar from woody sources within the rates used in this study.
With hard-wood biochar, Prommer et al. [16] reported significant increase in TSN following
biochar application in combination with inorganic N compared to inorganic N alone. They
could have seen the positive results due to high rate of biochar applied with up to 72 t ha−1

compared to only 15 t ha−1 as the maximum application rate of biochar used in the current
study. The authors alluded that application of inorganic fertilizer-N in combination with
biochar compensate for the reduction in organic N mineralization. Therefore, application
rate and nature of biochar seems to play an important role in determining the rate of TSN
increase following biochar application.
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5. Conclusions

The study used postharvest soil samples taken from fields following maize crop five
months after biochar application to compare the effect of FN and NBC on soil NO3

−–N,
NH4

+–N, SOC, and TSN. It was hypothesized that greater recovery of inorganic N and
SOC would be observed under NBC compared to NF following harvest of maize. Generally,
results averaged over sites and years showed some advantages of applying NBC as opposed
to FN where NO3

−–N, NH4
+–N, SOC, and TSN increased under the combination by 4%,

20%, 9%, and 5%, respectively. Positive impact of the combination was realized with 10 and
15 t ha−1 of biochar. The SOC, NO3

−–N, and NH4
+–N increased with increase in fertilizer

rates. Whereas biochar improved SOC at both sites, significant response of NO3
−–N and

NH4
+–N availability to biochar application were only observed at LCB site with sandy loam

soil but not at Efaw with silty clay loam. Thus, the application of biochar in combination
with fertilizer-N improves N availability with the potential to increase crop N uptake on
coarse textured soils compared to soils with fine texture. Therefore, given the pivotal role
of C and N in soil quality, this study shows that application of a combination of biochar
and inorganic N could be important in the future management of soils which are inherently
poor with texture-related limitations. Since the current study did not specifically evaluate
the retentive capacity of biochar, future study could estimate the actual adsorption capacity
by analyzing the CEC, AEC, and base saturation of soils treated with biochar.
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Abstract: Few conservation strategies have been applied to cultivated peatland. This field study over
one growth cycle of Lactuca sativa examined the effect of plant-based, high-C/N-ratio amendments in
a real farming situation on peatland. Plant Root Simulator (PRS®) probes were used directly in the
field to assess the impacts of incorporating Miscanthus x giganteus straw and Salix miyabeana chips
on nutrient availability for lettuce. The results showed that lettuce yield decreased by 35% in the
miscanthus straw treatment and by 14% in the willow chip treatment. In addition, the nitrogen
flux rate was severely reduced during crop growth (75% reduction) and the plant N uptake index
was much lower in the amended treatments than in the control. The phosphorus supply rate was
also significantly lower (24% reduction) in the willow treatment. The influence of sampling zone
was significant as well, with most macro-nutrients being depleted in the root zone and most micro-
nutrients being mobilized. Additional work is needed to optimize the proposed conservation strategy
and investigate the effects of consecutive years of soil amendment on different vegetable crops and in
different types of cultivated peatlands to confirm and generalize the findings of this study. Future
field studies should also explore the long-term carbon dynamics under plant-based, high-C/N-ratio
amendments to determine if they can offset annual C losses.

Keywords: nitrogen; miscanthus; willow; field experiment; lettuce; plant-based amendment; rhizosphere

1. Introduction

Peatlands serve a number of essential purposes, including the production of substrates
and food [1]. Thanks to their high organic matter content, drained peatlands can be
highly productive and suitable for agriculture, grasslands, and forestry. However, the
drainage required to make organic soils suitable for agricultural activities creates conditions
conducive to rapid degradation and compaction [2]. Wind and water erosion, subsidence,
and soil organic matter mineralization leading to CO2 losses are the main causes of the
degraded soil conditions observed in cultivated peatlands [3–5]. Solutions proposed thus
far have included restoring cultivated peatlands to their natural state [6–8] or changing
land use drastically, to paludiculture, for example [9,10].

More recently, the use of chopped biomass crops as a soil amendment has been
proposed as a way to make peatland cultivation more sustainable [11,12]. Implemented in
conjunction with optimal water table management and erosion mitigation, this practice
may lead to an integrated conservation management approach that would improve the
long-term sustainability of cultivated histosols [12–14].

Cultivated peatland in Canada constitutes an important part of the agricultural econ-
omy. In the plain of Montreal, in southwestern Quebec, close to 12,000 ha of land is covered
in deep organic soils [15]. Although small, the area plays an essential role in the produc-
tion of high-value vegetable crops, such as Daucus carota (carrots), Lactuca sativa (lettuce),
and Allium cepa (onion), supplying fruits and vegetables to Canada and the northeastern
United States [16].
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In 2016, a large-scale project was set-up in collaboration with local growers to develop
conservation strategies adapted to their soils. As Bourdon et al. (2021) explained [11]:
“In addition to controlling wind and, to a lesser extent, water erosion, a combination of
other strategies is currently being investigated to extend the lifespan of these highly fertile
lands including the application of plant biomass with a high carbon (C)/nitrogen (N) ratio
(woodchip and grass straw).” Such strategies could potentially compensate for soil losses
based on recent C modeling [12,17] and restore physical properties [18].

Miscanthus (Miscanthus x giganteus) straw and willow (Salix miyabeana) chips have been
found to be good candidates for these conservation strategies [12,18,19], despite some antic-
ipated side-effects such as N and P immobilization [11,20]. Miscanthus and short-rotation
willow can be grown as biomass crops in degraded land [21,22] with little fertilization
and practically no weed control [23,24], making them excellent choices for on-farm soil
amendment production. Unlike manure and sewage sludge, for example, these plant-based
amendments comply with food safety norms regarding vegetable cultivation and are not a
source of pollution for rivers and bodies of water near the amended sites [25,26].

Approximately 14–20% of peatlands are used globally for agriculture, and when
drained and cultivated, they represent some of the world’s most productive agricultural
soils [27]. Hence, the need for the development of sustainable management practice is
urgent for these precious soils. The proposed conservation strategy is new and original as it
aims to maintain long-term vegetable production on these productive lands while ensuring
a massive return of organic matter annually, through biomass crop production on-site, or a
biomass supply locally grown on more degraded surfaces.

The general objective of this field study was to assess the impacts of incorporating
plant-based amendments, specifically Miscanthus x giganteus straw and Salix miyabeana
chips, on nutrient availability for the roots of Lactuca sativa crops cultivated on peatland.
We hypothesized that (1) both amendments similarly reduced the availability of nutrients,
mainly nitrogen; that (2) the intensity of the reduction observed decreased over time; and
that (3) rhizosphere strategies compensate for the effect of amendment.

2. Materials and Methods

2.1. Study Site

The soil at the research site (45◦11′ N, 73◦20′ W) is a moderately decomposed
Haplosaprist [28], with a pH of 5.7 and a carbon and nitrogen content of 46% and
2.0%, respectively.

The average annual precipitation (30-year period) at the experimental site is 961 mm,
and the annual average temperature is 6.6 ◦C. The annual frost-free period is 146 days, with
3289 degree-days above 0 ◦C (http://climate.weather.gc.ca/climate_normals/).

Although the field experiment was conducted over only one crop growth cycle, the
experimental design was rigorously developed and applied, thus assuring the representa-
tiveness of the data, which are characteristic of this site and year, specifically.

2.2. Soil Amendment Description

Two biomass crops were selected in this experiment to amend the histosol: Miscanthus
x giganteus (miscanthus) and Salix miyabeana (willow). These amendments were chosen
based on the findings of Dessureault-Rompré et al. [12], who observed miscanthus and
willow biomass material to be more resistant to degradation than the annual plant sorghum
(Sorghum bicolor). The harvested biomass crops were bought from nearby producers. The
characteristics of the two soil amendments are presented here in Table 1.
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Table 1. Characteristics of the chopped plant material.

Characteristics Miscanthus Willow

C (%) 45.3 46.4
N (%) 0.198 0.343
P (%) 0.048 0.031
C/N 228 135
C/P 242 381

Hemicellulose (%) 29.8 10.9
Cellulose (%) 23.0 32.2

Lignin (%) 34.8 35.5
Lignin/N 176 103

2.3. Experimental Design

A 1 ha area of a 7 ha field was divided into three sections: (1) control, (2) miscanthus-
amended, and (3) willow-amended. Each experimental section covered an area of about
330 m2. Chopped miscanthus and willow material was added to the soil at a rate of
15 t ha−1 (Figure 1). This rate is thought to be adequate to compensate for the average
annual C losses observed in this type of soil (Dessureault-Rompré et al., 2020).

Figure 1. Experimental sections (miscanthus on the left and willow on the right) pictured before the
chopped biomass was incorporated into the soil.

On 12 June 2019, the baled miscanthus was chopped and spread using a FP240 (New
Holland Agriculture, New Holland, PA, USA) pull-type forage harvester equipped with a
hay pickup. The bales were loosened and laid by hand in windrows on the ground to be
picked up by the forage harvester and blown from the chute onto the plot. As the willow
was already chipped when received, a lime spreader was used to spread it over the plot.
The chopped plant material was then incorporated to a depth of 15 cm using a chisel.

2.4. Ionic Exchange Resin

The use of Plant Root Simulator (PRS®) ion exchange resins is an economical and
rapid way to quantify the concentrations of a range of nutrients and contaminants in soils
by simulating their uptake by plant roots [29–31]. In this study, the soil nutrient supply
was assessed using PRS® cationic and anionic exchange resin probes. At six locations
in each experimental plot, two cationic exchange resin probes and two anionic exchange
resin probes were inserted at a depth of 15 cm in the root zone of two lettuces and into
two root exclusion cylinders (bulk soil) measuring about 15 cm in height and 10 cm in
diameter (Figure 2). The resin probes remained in the soil for seven days, and they were
then replaced with fresh ones (Table 2). The removed resin probes were cleaned with a
toothbrush and rinsed with demineralized water to remove any soil particles that could
continue to exchange ions with the resins. Although laborious, this cleaning procedure is
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essential to ensure that no soil particles are left on the resin surface, which could continue to
exchange nutrients. Finally, the cleaned resin probes were stored at 4 ◦C before being sent
to Western Ag Innovations’ laboratories (Saskatoon, SK, Canada) for complete analysis. At
Western Ag Innovations’ laboratories, inorganic N (ammonium and nitrate) in the eluant
was determined colorimetrically using automated flow injection analysis (Skalar San++
Analyzer, Skalar Inc., Breda, The Netherlands). The remaining nutrients (P, K, S, Ca, Mg,
Fe, Mn, Cu, and Zn) were measured using inductively coupled plasma (ICP) spectrometry
(Optima ICP-OES 8300, PerkinElmer Inc., Waltham, MA, USA).

 

Figure 2. Experimental design with PRS® probes installed in the root zone and in root exclusion
cylinders. The probes are shown here before they were completely inserted into the soil.

Table 2. Burial and retrieval dates for the PRS® probes and related periods.

Burial Date Retrieval Date Period

2019-07-10 2019-07-17 1
2019-07-17 2019-07-24 2
2019-07-24 2019-07-31 3
2019-07-31 2019-08-07 4
2019-08-07 2019-08-14 5
2019-08-14 2019-08-19 6

2.5. Lettuce Crop Management and Yield Evaluation

Small, five-day-old lettuce plants were transplanted on 1st July. All treatments were
fertilized equally at planting with N-P-K (14.4-3.6-17.4) at a rate of 833 kg ha−1. The
plots were irrigated on 1st July (5 mm), 10th July (5 mm), and 6th August (15 mm). On
7th July, the first set of resin probes was installed in the field. Plot yields (fresh plant matter)
were evaluated on 19th August, by weighing the lettuce harvested from one linear meter,
repeated three times per treatment.

2.6. Soil Sampling and Analysis

Following the lettuce harvest, composite soil samples were taken at a depth of 0–20 cm
at each of the locations previously occupied by the resin probes. The soil samples were
then dried at 70 ◦C, sieved at 2 mm, and used for chemical analyses.

Nitrogen was extracted from the soil with water, using a 1:10 (w/v) soil:solution
ratio. After an agitation period of 1 h at 200 rpm (19 mm circular orbit), the extract was
centrifuged at 3000 rpm (2060× g) for 10 min and filtered through a No. 42 Whatman
filter paper. Ammonium (NH4

+) and nitrate (NO3
−) concentrations were quantified with a

Quikchem 8500 Series 2 system (Lachat Instruments, Loveland, CO, USA), using Quikchem
methods 10-107-06-2-B and 12-107-04-1-F, respectively. Total N in the water extract was
measured using the same system with prior persulfate oxidation, according to the procedure

92



Nitrogen 2022, 3

described by Qualls (1989) [32]. Soluble organic N (SON) was calculated by subtracting
N-NO3

− and N-NH4
+ from total N.

Mehlich III elements were extracted with a 1 g of soil to 30 mL of solution ratio, a
5-min agitation period at 200 rpm (19 mm circular orbit), and filtration through a No. 42
Whatman filter paper [33]. Elements were analyzed by inductively coupled plasma–mass
spectrometry (Icap 6500 MK2 radial, ThermoFisher Scientific, USA) within 12 h of extraction
to prevent organic compounds from precipitating with metals.

For the active carbon fraction, a 0.02 M KMnO4/0.1 M CaCl2 solution was used
according to the procedure described in Weil et al. (2003) and Blair et al. (1995) [34,35].
Total organic carbon and total nitrogen concentrations were determined using a LCN-2000
dry combustion analyzer (Leco Corporation, St. Joseph, MI, USA).

2.7. Data Visualization and Statistics

Data visualization was performed using the RStudio ggplot2 and emmeans packages.
Analyses of variance with the post hoc Tukey HSD test were computed using the mixed
procedure (nlme library) (RStudio Team, 2020). A natural logarithmic transformation was
used when needed to respect the normality and homogeneity of variance assumptions.

3. Results

3.1. Yield (Fresh Mass)

Lettuce fresh mass decreased by 35% in the miscanthus-amended treatment and by
14% in the willow-amended treatment, although these differences were not statistically
significant (Figure 3, Table 3).

Figure 3. Lettuce fresh mass per plant as a function of soil amendment. Different letters indicate
significance at p < 0.05 using the post hoc Tukey HSD test.

Table 3. Tukey’s p-values for lettuce yield and all nutrients analyzed with the PRS®.

Amendments Sampling Zone Time
Amendment X
Sampling Zone

Amendment
X Time

Sampling Zone
X Time

Lettuce yield 0.175 NA NA NA NA NA
N <0.0001 0.0012 <0.0001 0.0134 0.9938 0.5338
P 0.0027 0.4923 0.0001 0.2515 0.4876 0.4075
K 0.4556 0.8435 <0.0001 0.1581 0.9557 0.5026
Ca 0.6404 <0.0001 <0.0001 0.3570 0.0148 0.0489
Mg 0.0906 <0.0001 <0.0001 0.8260 0.0165 0.0058
S 0.0005 0.0412 <0.0001 0.3465 0.7285 0.0173

Fe 0.4555 0.0002 <0.0001 0.1651 0.8025 <0.0001
Mn 0.3166 0.0039 <0.0001 0.0541 0.8456 0.0008
Cu 0.3731 0.0110 <0.0001 0.1131 0.9251 0.1421
Zn 0.9325 0.0275 <0.0001 0.2657 1.0000 0.1650
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3.2. PRS® Probes

Overall, the addition of plant-based amendments significantly decreased the N and P
supply rates and significantly increased the S supply rate (Table 3). Significant differences
were observed between the sampling zones, with N, Ca, Mg, and S showing significant de-
creases and Fe, Mn, Cu, and Zn showing significant increases in the root zone as compared
to the bulk soil.

The following sections present more detailed results for each of the aforementioned nutrients.

3.2.1. Nitrogen

N supply rates differed significantly with amendments, sampling zone, time, and
interaction between sampling zone and time (Table 3). The N supply rate decreased
significantly in both the miscanthus- (−76%) and willow- (−75%) amended treatments
as compared to the control (Figures 4 and 5). Overall, the N supply rate decreased by
90% from the beginning to the end of lettuce growth and was 34% higher in the bulk soil
than in the root zone. The significant interaction between amendment and sampling zone
showed that the N supply rates were significantly lower in the root zone as compared to
the bulk soil in the control and miscanthus-amended soil but not in the willow-amended
soil (Figure 5). Finally, the plant N uptake index, calculated as the difference between the N
supply rate in the bulk soil and that in the root zone (Figure 6), revealed a clear difference
between the control treatment and the amended soils. While the plant N uptake index for
the control treatment increased and then decreased markedly during lettuce growth, the
index showed a consistent decrease in the miscanthus treatment for the same period. In the
willow treatment, where the difference between the root zone and the bulk soil was not
significant, the plant N uptake index was negative at the beginning of lettuce growth and
increased slowly over time during lettuce growth.

Figure 4. Total N supply rates measured in the bulk soil and the root zone as a function of time
and amendment.
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Figure 5. Statistical differences for total N supply rates between sampling zones and treatments.
Different letters indicate significance at p < 0.05 using the post hoc Tukey HSD test.

Figure 6. Plant N uptake index as a function of time and amendment. The colored area represents
the error envelope as plotted with the geom_ribbon function in the ggplot2 R package.

3.2.2. Other Nutrients

Phosphorus. For P, amendments and time showed significant differences (Table 3).
The P supply rate was significantly lower (−24%) in the willow treatment than in the
miscanthus treatment and the control (Figure 7, left). In addition, the P supply rate varied
over the lettuce growth period (Figure 7, right).
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Figure 7. P supply rates as a function of amendment (left) and time (resin sampling period) (right).
Different letters indicate significance at p < 0.05 using the post hoc Tukey HSD test.

Potassium. For K, only the PRS® probe sampling period showed a statistically signifi-
cant difference, with a decrease over time (Table 3, Figure 8). From the beginning to the
end of lettuce growth, K supply rates decreased by 30%.

Figure 8. K supply rates as a function of time (resin sampling period). Different letters indicate
significance at p < 0.05 using the post hoc Tukey HSD test.

Calcium. For Ca, sampling zone, time, amendment X time, and sampling zone X time
all showed significant differences (Table 3). Although the amendment X time interaction
was significant, it was not relevant from a practical point of view, as, for example, the
control in the first sampling period differed from the miscanthus in the fifth sampling
period. Ca supply rates decreased by an average of 30% across amendments and sampling
zones from the beginning to the end of lettuce growth (Figure 9). In addition, the average
difference between root zone and bulk soil sampling was 10%; the decrease in the root

96



Nitrogen 2022, 3

zone was significant for resin sampling periods 3 and 4, with differences of 18% and 17%,
respectively, between the root zone and the bulk soil (Figure 9).

Figure 9. Ca supply rates as a function of sampling zone and time. Different letters indicate
significance at p < 0.05 using the post hoc Tukey HSD test.

Magnesium. The behavior of Mg closely followed that of Ca. Sampling zone, time,
amendment X time, and sampling zone X time all showed significant differences (Table 3).
As mentioned above for Ca, the amendment X time interaction was significant but not
relevant in practical terms. Mg supply rates decreased by an average of 18% across
amendments and sampling zones by the end of lettuce growth (Figure 10). In addition, the
average difference between root zone and bulk soil sampling was 12% and the decrease
was significant for the third resin sampling period, with a 21% difference between the root
zone and the bulk soil (Figure 10).

Sulfur. S supply rates differed significantly by amendment, sampling zone, time,
and interaction between sampling zone and time (Table 3). The S supply rate increased
significantly in both the miscanthus (+38%) and the willow (+59%) treatments (Figure 11,
left). Overall, the S supply rate increased by 42% from the beginning to the end of lettuce
growth and was 18% higher in the bulk soil than in the root zone. However, there was a
significant interaction between the period and sampling zone, and the S supply rate was
significantly higher in the bulk soil compared to the root zone in the fourth resin sampling
period (Figure 11).

Iron. For Fe, sampling zone, time, and sampling zone X time all showed significant
differences (Table 3). On average, Fe supply rates decreased by 43% across amendments and
sampling zones from the beginning to the end of lettuce growth (Figure 12). In addition,
the average difference between root and bulk soil sampling was 32%. The interaction
between time and sampling zone showed that in the fourth period of resin sampling, the
Fe supply rate was significantly higher (+244%) in the root zone as compared to the bulk
soil (Figure 12).

Manganese. The behavior of Mn closely followed that of Fe. Sampling zone, time,
and sampling zone X time all showed significant differences (Table 3). Mn supply rates
had decreased by an average of 47% across amendments and sampling zones by the end
of lettuce growth (Figure 13). In addition, the average difference between root zone and
bulk soil sampling was 26%. The interaction between time and sampling zone showed
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that in the fourth and fifth resin sampling periods, Mn supply rates in the root zone were,
respectively, 125% and 93% higher than in the bulk soil (Figure 13).

Figure 10. Mg supply rates as a function of sampling zone and time. Different letters indicate
significance at p < 0.05 using the post hoc Tukey HSD test.

Figure 11. S supply rates as a function of amendment (left) and interaction between sampling zone
and time (right). Different letters indicate significance at p < 0.05 using the post hoc Tukey HSD test.

Copper. Cu supply rates differed significantly by sampling zone and time (Table 3).
Overall, Cu supply rates were 24% higher in the root zone than in the bulk soil (Figure 14,
left). In addition, a significant decrease (50%) was observed between the beginning and the
end of lettuce growth (Figure 14, right).

Zinc. Zn supply rates differed significantly by sampling zone and time (Table 3).
Overall, Zn supply rates were 96% higher in the root zone than in the bulk soil (Figure 15,
left). In addition, a significant decrease (61%) was observed between the beginning and the
end of lettuce growth (Figure 15, right).
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Figure 12. Fe supply rates as a function of sampling zone and time. Different letters indicate
significance at p < 0.05 using the post hoc Tukey HSD test.

Figure 13. Mn supply rates as a function of sampling zone and time. Different letters indicate
significance at p < 0.05 using the post hoc Tukey HSD test.

Figure 14. Cu supply rates as a function of sampling zone (left) and time (sampling period) (right).
Different letters indicate significance at p < 0.05 using the post hoc Tukey HSD test.
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Figure 15. Zn supply rates as a function of sampling zone (left) and interaction between sampling
zone and time (right). Different letters indicate significance at p < 0.05 using the post hoc Tukey
HSD test.

3.3. Soil Samples following Lettuce Harvest

After harvesting the lettuce, soil samples (0–15 cm) were taken and analyzed (Table 4).
The results showed that soluble organic N was the only parameter significantly influenced
by the amendments, with significant decreases in both the miscanthus and the willow
treatments. A tendency for Cu to be lower under willow treatment and for Fe to be higher
under miscanthus treatment was also observed (p = 0.055).

Table 4. Mean ± (se) and p-values (Tukey’s test) for different soil parameters measured in the soil at
the end of lettuce growth as a function of amendment.

Control Miscanthus Willow p-Values

Mineral N 60.4 ± (7.5) 58.1 ± (10.0) 62.4 ± (6.2) 0.933
Soluble organic N 70.1 ± (9.6) 21.0 ± (3.2) 30.1 ± (6.2) 0.005

Active C 10 604.0 ± (172.0) 10 779.0 ± (189.4) 12 430.7 ± (1487.2) 0.331
C 45.9 ± (0.4) 46.5 ± (0.2) 46.6 ± (0.4) 0.331
N 1.9 ± (0.0) 2.0 ± (0.0) 2.0 ± (0.0) 0.617

C/N 23.7 ± (0.1) 23.9± (0.1) 23.5 ± (0.2) 0.164
P 314.7 ± (39.3) 219.7 ± (25.3) 201.7 ± (35.5) 0.110
K 1 91.2 ± (66.4) 324.3 ± (19.4) 328.0 ± (33.3) 0.120
Ca 14 033.3 ± (550.7) 13 891.0 ± (497.6) 13 886.7 ± (456.6) 0.970
Mg 1 107.3 ± (34.9) 1 135.0 ± (62.5) 1 138.3 ± (15.1) 0.970
Fe 900.0 ± (40.3) 754.7 ± (9.9) 831.7 ± (38.9) 0.055
Mn 16.3 ± (1.6) 17.4 ± (0.8) 21.5 ± (1.9) 0.106
Cu 26.8 ± (3.4) 26.6 ± (1.7) 37.8 ± (3.2) 0.055
Zn 22.2 ± (3.3) 27.3 ± (2.9) 34.6 ± (3.9) 0.105

4. Discussion

4.1. Nitrogen

The use of plant-based, high-C/N-ratio amendments has been proposed as a conser-
vation strategy in cultivated peatland (Dessureault-Rompré et al., 2020). In the present
study, PRS® probes were used to evaluate the impact of incorporating miscanthus straw
and willow chip amendments in the field on nutrient availability in the rhizosphere of
a lettuce crop. The field was fertilized as usual by the grower. Miscanthus and willow
amendments decreased fresh lettuce yield by 35% and 14%, respectively. Although not
statistically significant, such a yield decrease is necessarily relevant for growers as it could
have substantial economic consequences.
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Straw mulches from different plant sources have been studied and used in vegetable
crop production for years, with both positive and negative effects on crop yield [36–38].
In the present study, however, the miscanthus straw and willow chips were not used
as a mulch but were incorporated into the soil as an organic amendment. Few studies
have investigated the effect of straw incorporation on vegetable crop yields. More nu-
merous studies have focused on the effect of straw incorporation on wheat or wheat-rice
rotation [39–41] and corn yields [42–44], with most reporting a neutral to positive crop
response. In the present study, however, the quality of the straw was different, and straw
was added at a much higher rate.

The present study highlighted the significant impact of miscanthus straw and willow
chip incorporation on the field soil nutrient supply rate. Nitrogen was by far the most
affected by the soil amendments, with a 75% reduction in the N supply rate. In a mod-
eling study on the effect of 8 t ha−1 of wheat straw incorporation on nitrogen dynamics,
Garnier et al. [45] observed a 13% decrease in the net amount of nitrogen mineralized
13 months after the straw was incorporated. In an incubation experiment, both wheat
straw and spruce sawdust added at a rate of 4.5 t C ha−1 [46] were found to cause ni-
trogen immobilization, reaching a maximum level of 42 kg N ha−1 and then decreasing
to 8–15 kg N ha−1 after a few weeks. In a microcosm study, rice straw incorporated at
a rate of 10 t ha−1 was found to immobilize 16–39% of applied N over the course of a
160 days incubation period [47]. In the present study, in the bulk soil, the difference be-
tween amended treatment and the nonamended soil did not attenuate over time (42 days)
for willow and increased in the miscanthus-amended treatment. In the rhizosphere, the
difference between the amended and nonamended treatments increased over time for both
amendments (Figure 4). In a 56 days incubation study, Bourdon et al. [11] observed that the
addition of 11 t ha−1 of miscanthus straw and willow chips to a moderately decomposed
histosol reduced mineral N from a KCl extract by 60% and 54%, respectively, overall, with
the effect of these two amendments increasing over the course of the incubation period. In
a 182 days incubation experiment, Marmier [20] observed that following miscanthus straw
and willow chip amendments at a rate of 15 t ha−1, N immobilization remained stable,
increasing or decreasing over the course of the incubation period, depending on the type
of histosol and amendment. Finally, the plant N uptake index in the control was found
to increase until week 3 and then decrease until the end of lettuce growth. The plant N
uptake index was much lower in the miscanthus treatment than in the control treatment
and decreased from the beginning to the end of lettuce growth. The index for the willow
treatment was initially negative and increased slightly until week 3. These results showed
that miscanthus and willow amendments, by their negative impact on the supply rate
of N, decrease the capacity of the lettuce crop to absorb N, which is consistent with the
impact observed on lettuce yield. Interestingly, soil extract at the end of the growing season
showed no difference in mineral N concentrations between the control and amended soil.
However, a significant decrease in soluble organic N was observed. Dynamic changes
in the fast-cycling mineral N pool might be better captured using PRS® probes than soil
extract; however, future research should explore the time evolution between mineral and
organic N pools under field-amended cultivated peatland.

4.2. Other Nutrients
4.2.1. Amendments

For nutrients other than N, the effect of the amendments was significant only on P
and S, with the willow treatment decreasing the phosphorous supply rate and both the
willow and miscanthus treatments increasing the sulfur supply rate (Figures 7 and 11).
Several authors have reported P immobilization with the incorporation of straw under
different pedo-climatic conditions [48–50], while others have noted increased available P or
P losses [51–53]. Bourdon et al. (2021) pointed out that because the P content of Quebec
peat soils can be excessively high [54], P immobilization could help reduce eutrophication.
Although Bourdon et al. (2021) found S immobilization to occur during a 56 days incubation
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experiment with miscanthus and willow straw, the mineralization–immobilization of S has
been shown to be related to the C:S ratio of the amendment [55]. In the present field study
using PRS® probes, the S supply was found to increase substantially, by 38% (miscanthus)
and 59% (willow). The S supply changed over time, however, increasing to a peak in the
fourth sampling period and then decreasing, indicating that S was mineralized and then
immobilized during lettuce growth.

4.2.2. Sampling Zone

Significant differences were found in the root zone for all nutrients analyzed, except P
and K. The effect of sampling zone showed decreases in N, Ca, and Mg in the root zone
as compared to the bulk soil zone. The opposite effect was noted for S, Fe, Mn, Cu, and
Zn. Depletion and accumulation zones have often been observed in the rhizosphere [56].
Lettuce crops have shown important quantitative differences in root exudates depending
on soil type, even under well-fertilized conditions [57]. Although we did not find studies on
root exudates from lettuce grown in cultivated peatland, root exudation and activities are
known to be intimately related to plant nutrition [58] and, therefore, might have contributed
to the micro-nutrient mobilization observed in this study.

4.2.3. Time

Overall, the nutrient supply rate decreased over time, with few exceptions. Initial
fertilization, lettuce uptake, and soil processes such as immobilization, mineralization, and
adsorption to the soil matrix could all have been implicated to different degrees in the
results obtained in the present study.

4.3. Retrospective on the Initial Hypotheses

The present study was developed based on three main hypotheses. The first one stated
that both amendments similarly reduced the availability of nutrient, mainly nitrogen. This
is actually true for nitrogen where the overall impact of miscanthus and willow on the
reduction of the N supply rate was −76% for miscanthus and −75% for willow. However,
more precise information came from the investigation of this effect at the root zone scale
and allowed us to put forward that the supply of N under the willow amendment seemed
slower for the first half of the lettuce growth period (see Figure 6) as compared to the N
supply rate observed under the miscanthus treatment. In addition, few other nutrients
were impacted by the amendment (only P and S).

The second hypothesis stated that the intensity of the reduction observed decreased
over time. In the present study, we distinguished this effect for the bulk soil and root zone.
In the bulk soil, the difference between the amended treatment and the nonamended soil
did not attenuate over time for willow and increased in the miscanthus-amended treatment.
In the rhizosphere, the difference between the amended and nonamended treatments
increased over time for both amendments (see Figure 4).

The third and last hypothesis stated that rhizosphere strategies compensate for the
effect of amendment. At the temporal (weekly) and spatial (root zone and bulk soil) scales
used in this study, we did observe that in the rhizosphere zone under willow amendment,
the N supply rate was higher as compared to the N supply rate observed in the bulk
soil for the first two weeks and half of the lettuce growth, which could lead to a nutrient
mobilization strategy (Figure 4). However, with the data in hand, we cannot distinguish
between a mobilization strategy or a slower N uptake by the lettuce root. In addition, the
difference between the root zone and the bulk soil under miscanthus treatment and for the
control treatment was identical (−49% in the root zone as compared to the bulk soil).

5. Overall Perspective: Found and Missing Pieces of the Proposed Conservation
Strategy Puzzle

The use of plant-based amendments with high C/N ratios as a conservation strategy
in cultivated peatland is still in its infancy. This field study over one lettuce growth cycle ex-
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amined the effects of such amendments in a real farming situation to evaluate the potential
use of this conservation practice for sustainable vegetable crop production on cultivated
peatlands. Although the pieces of the puzzle are starting to fit into place [11,12,19,20], this
first field study revealed that some important information is still missing. Using PRS®

probes under field conditions, this study confirmed that the main impact on crop growth
resulting from the incorporation of miscanthus straw and willow chips is linked to N
availability, with a consequent reduction in fresh lettuce yield. The plant N uptake index in-
dicated how miscanthus and willow amendments can impact N uptake by the lettuce crop,
pointing toward the need for fertilization adjustments under this conservation strategy.

As for the missing pieces, a number of unanswered questions remain with regard to
optimizing the application of such amendments, such as the optimal time (fall versus spring)
of application, the effects of combining this strategy with other conservation strategies
such as cover crops (for example, a fall application of the amendment together with a cover
crop), the effects of composting miscanthus straw and willow chips before incorporating
them in the soil, and also the possibility of using these plant-based amendments as a mulch
for the first year before incorporating them into the soil. Additional work is also needed to
investigate the effects of consecutive years of soil amendment on different vegetable crops
and in different types of cultivated peatlands to confirm and generalize the findings of
the present study. Future field studies should also explore the long-term carbon dynamics
in peatland amended with plant-based, high-C/N-ratio amendments under real field
conditions to determine if this strategy could offset annual C losses and ensure muck soil
conservation for generations to come.
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Abstract: Improved nitrogen fertiliser management and increased nitrogen use efficiency (NUE) can
be achieved by synchronising nitrogen (N) availability with plant uptake requirements. Organic
materials in conjunction with inorganic fertilisers provide a strategy for supplying plant-available
N over the growing season and reducing N loss. This study investigated whether a combined
application of inorganic N with an organic soil amendment could improve nitrogen use efficiency by
reducing N loss in runoff. Nitrogen runoff from a ryegrass (Lolium multiflorum) cover was investigated
using a rainfall simulator. Nitrogen was applied at low, medium and high (50, 75 and 100 kg/ha)
rates as either (NH4)2SO4 or in combination with a poultry manure-based organic material. We
showed that the NUE in the combination (58–75%) was two-fold greater than in (NH4)2SO4 (24–42%).
Furthermore, this combination also resulted in a two-fold lower N runoff compared with the inorganic
fertiliser alone. This effect was attributed to the slower rate of N release from the organic amendment
relative to the inorganic fertiliser. Here, we demonstrated that the combined use of inorganic and
organic N substrates can reduce nutrient losses in surface runoff due to a better synchronisation of N
availability with plant uptake requirements.

Keywords: rainfall simulator; nutrient runoff; ammonium; nitrate; nitrogen use efficiency

1. Introduction

The efficient use of fertilisers relies on optimising the time of application to meet crop
nutrient requirements, and minimising nutrient losses through processes such as leaching
and surface water runoff. With the intensification of Australian agriculture in response to
increased global food requirements, the use of nitrogen-based fertilisers has concomitantly
increased dramatically [1–4]. However, <50% of applied nitrogen (N) is effectively utilised
by the growing plant in many cropping situations, and this unutilised N represents a
significant economic loss and can pose a high risk of environmental pollution [4–8].

At the same time, the need for developing more agricultural land to meet global food
requirements has seen an increased research focus on the role of sandy soils in cropping
systems, and on identifying management strategies to overcome cropping constraints [9].
Despite sands being perceived as highly leachable, this characteristic is of less importance in
shallow sands underlain by low-permeability layers due to increasing clay content and/or
mechanical impedance/compaction [10]. Therefore, any decline in infiltrability or deep
drainage can encourage other water loss mechanisms, such as runoff [11].

There has been renewed interest in the use of organic fertilisers for supplying plant
nutrients [12,13], and as a feedback mechanism for improving soil health [14]. The term
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“organic fertiliser” covers a wide range of substrates including manures, composts, and
plant stubble and root residues [13,15,16], and these substrates vary considerably in nu-
trient content in both form and concentration [17]. However, there are issues relating
to the slow rate of N release from organic substrates. The subsequent slow kinetics of
mineralisation and nitrification rates have brought into question the sole reliance on organic
fertilisers for satisfying the plant nutrient requirements [18,19]. Paungfoo-Lonhienne et al.
(2019) [20] reported less biomass for kikuyu grass (Pennisetum clandestinum) grown in a
poultry manure-based organic fertiliser (CropUpTM) compared with an inorganic fertiliser
(urea). These researchers suggested that the rate of N supply (including resident NH4 and
NO3, and mineralised N) from the organic substrate alone was insufficient to meet the
N demand of the growing plant. To address this N limitation, plants were grown in soil
receiving a combination of 50% urea and 50% CropUpTM. This combination significantly
decreased mineral N in leachates compared to urea alone. However, in contrast to leachate
N, the soil mineral N levels for the combined (organic + urea N sources) and urea-only
treatments were similar, indicating that little N mineralisation from the organic substrate
had occurred. Although organic fertilisers are capable of supplying N for plant use, factors
such as the organic substrate and soil chemical and physical characteristics, as well as
microbial diversity and functionality, play key roles in the mineralisation and nutrient
release rates from these organic materials [13,15,16,19].

The retention of inorganic and organic forms of N closer to the soil surface due to
reduced leaching and mineralisation rates can expose this nutrient to loss mechanisms such
as wind and water erosion, depending on climatic and soil physical conditions. Soluble
forms of both organic and inorganic N are the most prone to loss, particularly in surface
runoff. As global demand for agricultural land increases, sandy soils with low nutrient
and water retention properties are expected to play an increasing role in food production.
The combined use of inorganic and organic sources of N may provide one strategy to
minimise nutrient loss and maximise N use efficiency. Although the leaching of N supplied
as combined inorganic/organic substrates has been investigated [20], losses from runoff,
particularly for sandy soil, are scarce [21–23].

The aim of this study was to investigate the suitability of a combined inorganic and
organic fertiliser to improve nitrogen use efficiency (NUE) in a sand. Specifically, this study
targeted (1) N losses in surface runoff from well-controlled rainfall simulation experiments
for a combined (organic + inorganic sources) and an inorganic N-based fertiliser, and (2)
laboratory-scale N release from inorganic and organic N sources.

2. Materials and Methods

2.1. Rainfall Simulation Trial

Rainfall runoff trials were undertaken using a nutritionally deficient (low total and
available N) coarse-textured sand (Table 1). This material was selected as the growing
medium to reflect the potential N runoff loss from a sandy-textured soil, to minimise any
potential extraneous N sources for plant uptake (e.g., mineralisation of resident organic
N), and to minimise suspended colloid concentrations that could preferentially transport
fertiliser N in runoff via ion adsorption. This coarse sandy material therefore maximised
the potential N losses in runoff as a means of evaluating the benefits of organic versus
inorganic sources of N in maximising plant uptake.
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Table 1. Selected properties of the sand. EC = electrical conductivity, ECEC = effective cation
exchange capacity.

Parameter Sand

pH1:5 6.15
EC1:5 (dS/m) 0.02

Total Carbon (%) 0.22
Total Nitrogen (%) 0.022

Organic Carbon (%) 0.22
NH4-N (mg/kg) 3
NO3-N (mg/kg) <2

Exchangeable Cations (cmol+/kg)
Ca 0.634
Mg 0.373
K 0.114

Na <0.080
ECEC 1.12

Particle Size Distribution (%)
Coarse Sand 62.5

Fine Sand 30.2
Silt 6.3

Clay 3.6
Texture coarse sand

The sand (total sand ≈ 93%) was slightly acidic (pH 6.15), non-saline, and contained
extremely low organic carbon (organic C = 0.22%) and nitrogen (total N = 0.022%) concen-
trations. The effective cation exchange capacity (ECEC = 1.12 cmol+/kg) was very low,
with calcium being the dominant exchangeable cation, along with lesser concentrations of
magnesium and potassium.

Nitrogen was added as either a poultry-based organic fertiliser (CropUpTM) or as
inorganic ammonium sulphate ((NH4)2SO4). CropUpTM is a mixture of composted manure,
molasses, humates and natural minerals (14.5% zeolite), and is slightly soluble in water
(Sustainable Organic Solutions Pty Ltd., Brisbane, QLD, Australia—Safety Data Sheet).
CropUpTM contains 3.07% N (as total N; LECO CN Dumas analyser, St Joseph, MI, USA),
23.25% C (as total C; LECO CN Dumas analyser), a C:N ratio of 7.56, 4544.49 mg/kg of
available NH4

+ (2M KCl-extractable; [24]; Method 7C2), 40.67 mg/kg of available NO3
−

(2M KCl-extractable; [24]; Method 7C2), a pH of 8.41 (1:5 CropUpTM:18.2 MΩ deionised
water) and an EC of 9.18 dS/m (1:5 CropUpTM:18.2 MΩ deionised water).

Ammonium sulphate, rather than urea [20], was used as the inorganic N source to min-
imise the potential for NH3 volatilisation. Inorganic N was applied at rates of 0 (Control),
50 (ASLow), 75 (ASMedium) and 100 (ASHigh) kg N/ha as (NH4)2SO4 (Table 2), which
reflects the application rates used by previous workers [20]. The poultry manure-based or-
ganic material CropUpTM was applied to achieve N rates of 25 (CULow), 37.5 (CUMedium)
and 50 (CUHigh) kg/ha, and was supplemented with (NH4)2SO4 (25, 37.5 and 50 kg N/ha,
respectively) to match the amount of N added in inorganic N treatments, and to ensure that N
availability was not limited during the plant establishment and growth phases.
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Table 2. Treatments used in the rainfall simulation experiment. “AS” indicates inorganic N source
(NH4)2SO4 and “CU” indicates combined (NH4)2SO4 + CropUpTM.

Treatment
(NH4)2SO4

(kg/ha)
CropUp (kg/ha)

(NH4)2SO4

(g/kg Soil)
CropUp

(g/kg Soil)

Control 0 0 0.000 0.000
ASLow 50 0 0.546 0.000
CULow 25 25 0.273 2.593

ASMedium 75 0 0.819 0.000
CUMedium 37.5 37.5 0.409 3.890

ASHigh 100 0 1.092 0.000
CUHigh 50 50 0.546 5.187

The sand was packed into stainless steel trays (1045 × 457 × 40 mm; n = 3) to achieve
an approximate bulk density (ρb) of 1110 kg/m3. The sand was initially packed to a
height of 30 mm, and the various treatments (Table 2) were uniformly surface applied.
The treatments were covered with an additional 7 mm of sand, and lightly compacted to
produce a relatively uniform surface. Ryegrass (Lolium multiflorum) seed was spread across
the sand surface at a rate, equivalent on a surface area basis, of 200 kg/ha. The grass seed
was covered with an additional 3 mm of sand, and the soil tray was slowly moistened
with water. Water was applied to achieve an approximate gravimetric water content (θg)
corresponding to 60% of field capacity (θfc). The soil trays were maintained at this moisture
content for a period of 42 days prior to undertaking rainfall simulation trials.

To minimise the likelihood of nutrient deficiencies limiting the ryegrass growth, each
tray received a basal nutrient application equivalent, on a surface area basis, to 20 kg P/ha,
100 kg K/ha, 28 kg Mg/ha, 70 kg S/ha, 0.43 kg Cu/ha, 0.84 kg Zn/ha, 7.7 kg Mn/ha,
0.97 kg B/ha, 0.33 kg Mo/ha and 30 kg Ca/ha.

Nutrient runoff from the treated soil trays was generated using a rainfall simulator
built in accordance with published specifications [25], using a similar procedure described
by [26]. The rainfall simulator was positioned centrally over two flumes, and the simulation
was conducted at a nozzle pressure of 28 kPa (the design pressure required to deliver a
rainfall intensity of 70 mm/h) over a runoff period of 20 min.

Prior to commencing each simulation run, the soil surface was photographed as a
measure of grass cover, as this parameter can influence surface runoff rates, and hence
the nutrient loading of the runoff water. The photographs were taken orthogonally to the
soil surface under uniform light conditions. The software was written in Python using
the OpenCV library (Python Software Foundation, 2019) to enable a uniform set of pixel
colours (defined by hue, saturation, and value, the standard HSV digital colour space)
to be selected as either soil or plant matter across all the images after gamma-balancing
each image. Plant coverage was calculated from the ratio of background to plant pixel
counts and validated automatically via the total percentage of area covered by soil and
the percentage of area covered by plant pixels. The set of pixel characteristics selected
was modified to minimise discrepancies across these three methods iteratively, and then
applied uniformly across all images.

After being placed in the flume, each treatment tray was manually wet up to satura-
tion prior to commencing rainfall. A sample of rainfall water was collected for analysis as
outlined below for the runoff samples. A composite sample of the water exiting the flume
of each treatment was automatically collected (WS750 water sampler, Global Water Instru-
mentation Inc., College Station, TX, USA) at the commencement of flow and subsequently
every 5 min (100 mL aliquot composited for each 5 min collection event). The height of the
water at the flume discharge point was measured at each 5 min sampling period, and the
volume flow rate (V) was calculated using [27]:

V = 341 × H2.31 (1)
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where V = volume flow rate (L/s) and H = head of water (m).
At the end of each simulation period, eight cores (internal diameter = 110 mm) were

removed from the treatment tray. The cumulative area of the eight cores was, on a surface
area basis, approximately 8% of the treatment area. The composited sand core materials
(soil + grass) were thoroughly mixed and then stored at <4 ◦C prior to analysis.

The runoff water, soil and plant materials were analysed as follows. An aliquot of
each sample of runoff water was initially filtered (<0.45 μm), and samples of unfiltered
and filtered water were analysed for total N (APHA 5310B). The filtered samples were
also analysed colorimetrically for NH4

+ [28] and NO3
− + NO2

− using a modified Griess
method [29] with a microtiter plate reader (BioTek EPOCH2 Microplate Reader) at a wave-
length of 625 and 540 nm, respectively. Runoff nutrient and particulate concentrations were
converted to mass loss to account for small variations in flow rate between the two flumes
using Equation (1).

Sub-samples of soil (n = 3) were analysed for mineral N (2M KCl extractable; [24];
Method 7C2). Plant material (above- and below-ground material) was separated from
the soil by washing with Milli-Q deionised water. The retained plant material was oven-
dried at 60 ◦C, weighed to estimate the dry matter (DM for whole plant biomass), and
ground prior to analysis for total N and total C by high-temperature combustion (LECO
CN Analyser), and for aluminium, boron, calcium, copper, iron, potassium, magnesium,
manganese, sodium, phosphorus, sulphur and zinc by nitric acid digestion and ICPOES.

2.2. Nutrient Release Trial

This experiment was a laboratory-scale leaching study to investigate N mineralisation
kinetics using coarse-textured sand (Table 1). Nitrogen was added at a rate of 291 kg/ha as
either CropUpTM (equivalent to 8.675 mg/g soil) or as ammonium chloride (NH4Cl) (equivalent
to 0.9274 mg/g soil). This rate is higher than that used in the runoff trial (50–100 kg N/ha) to
ensure that effects of dissolution and transformation were measurable. Sand with no N
applied served as a control. Leaching was undertaken in 50 mL polypropylene centrifuge
tubes with a small hole (5 mm diameter) drilled through the base to allow for drainage of
the leachate. A disc of Whatman glass fibre paper was placed inside the tube to cover the
hole so as to avoid soil loss during leaching.

Air-dried (<2 mm) sand (equivalent to 40 g on an oven-dry weight basis) was placed
into the respective centrifuge tube. Initially, approximately 80–85% of the total soil mass was
added. The respective treatments were then added to the sand surface, with CropUpTM as
solid material and NH4Cl in 1 mL of solution. The remaining 15–20% of the sand was then
placed above the soil/treatment interface. The sand was lightly compacted by dropping
the tube 10–15 times vertically from a 2 cm height. This packing procedure resulted in the
treatments residing ≈10 mm below the sand surface.

Each sand column was leached with the equivalent of 1.5 pore volumes of 0.005 M
CaCl2 (≈12.7 mL) on days 1, 3, 10, 17, 24, 33 and 42 of the study. Dilute CaCl2 was chosen,
rather than water, as the leaching solution to simulate the soil solution’s ionic composition
and ionic strength, and to minimise the likelihood of, albeit a low amount of, mobilised
clay clogging the filter disc.

Leaching occurred over a 2–3 h period (under gravity/free drainage), and the leachates
were collected in 70 mL polypropylene containers. After drainage ceased, each leaching
tube was placed under a slight vacuum for 3 to 5 s to remove excessive solution from the
base of the tube and to avoid generating anaerobic conditions. The drainage collected
under vacuum was added to the gravity drainage, and the volume of the leachate was
estimated by weighing.

All the leachates were filtered (<0.45 μm cellulose acetate filter membranes) and stored
frozen before being analysed colormetrically for NOx and NH4 using a microtiter plate
reader (BioTek EPOCH2 Microplate Reader) at a wavelength of 625 and 540 nm, respectively.
Following each leaching event, the tubes were re-capped (lids remained loose to maintain
aerobic conditions) and incubated at 25 ◦C.
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After the final leaching (day 42), the remaining available mineral N was extracted
from the sand using 2 M KCl (2 h end-over-end shaking at a 1:5 soil-to-solution ratio). After
extraction, the supernatant was removed, centrifuged (10,000 rpm for 20 min), filtered
(<0.45 μm) and stored frozen prior to NOx and NH4 analysis. The concentrations of NOx and
NH4 were corrected by subtracting the amount of each ion retained in the entrained solution.

2.3. Statistical Analysis

General linear mixed models (GLMs) were used to analyse the rainfall simulator data,
using restricted maximum likelihood (REML) in GenStat (2018). Residual plots were used
to confirm the assumptions of homogeneous variances and low skewness, with flow rate
as the standardising covariate. The treatments were initially analysed as 13 discrete levels,
and subsequently as the factorial structure of N-rates by N-sources. A post hoc comparison
between the adjusted means was performed using protected least significant difference testing
at a significance level of 5% (p < 0.05). Nitrogen release data were analysed using analysis of
variance (general linear model; Statistix version 10). The significant differences among the
main treatments were separated by LSD (p < 0.05). The relationships between cumulative
leachate NH4 and NOx with time were adequately described (r2 for NH4 = 0.85–0.95 and r2

for NOx = 0.75–0.89) by an equation of the form:

Ni = k × ln t + N0 (2)

where Ni = leachate N (mg NH4 or NOx) at time i, t = time (days), N0 = leachate N (mg
NH4 or NOx) at time 0 and k = first-order rate coefficient (d−1).

3. Results

A rainfall simulation trial was undertaken to evaluate the impacts of combined inor-
ganic and organic fertiliser on nitrogen runoff losses compared with conventional inorganic
fertiliser ((NH4)2SO4) alone. A nitrogen release experiment was concurrently undertaken
to investigate N mineralisation kinetics.

3.1. Nitrogen Release from Organic and Inorganic Sources

A leaching experiment was undertaken to investigate the N mineralisation kinetics
in the coarse-textured sand used in the rainfall simulation trial. The results show that
negligible NH4 and NOx were leached over the 42-day period in the control treatment
(no N applied), confirming the very low mineral N status of the sand (Figure 1). The
leachate from the CropUpTM treatment contained very low amounts of NH4 (<0.7 mg),
which were often not significantly (p < 0.05) different from that found in the control. For
example, leachate NH4 initially increased from 0.09 mg on day 1 to 0.67 mg on day 3, after
which leachate NH4 decreased steadily to background (control) levels. Leachate NOx from
CropUpTM remained very low over the initial 3 days, but increased to 0.17 mg by day 10,
and 0.28 mg by day 17. By day 24, the amount of NOx in the leachate was not significantly
different from that found in the control.
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Figure 1. Leachate (a) NH4 and (b) NOx, and cumulative leachate (c) NH4 and (d) NOx as a function
of time. Bars represent LSD values (p < 0.05). The solid and dashed lines in (c) and (d) were predicted
using Equation (2).

The majority (>95%) of the mineral N leached from the NH4Cl treatment was in the
NH4 form with little conversion to NOx (Figure 1). Of this NH4, ≈96% leached from the
sand column within the initial 10 days of the study (corresponding to 2–3 pore volumes
of leachate). Levels of NOx ranging from 0.11 to 0.16 mg were measured between day 17
and day 24 (corresponding to 3–4 pore volumes), but declined to background levels with
increased leaching. The distributions of NH4 and NOx in the leachate showed that the
majority of NH4 was readily leached from the sand, but a small amount of residual NH4
was nitrified during the later stage of the study.

Over the 42-day incubation period, 0.26, 1.26 and 9.64 mg of NH4 and 0.33, 0.68 and
0.58 of NOx leached from the control, CropUpTM and NH4Cl treatments, respectively
(Figure 1c,d). The amount of cumulative mineral N (NH4 + NOx) that leached from
the control, CropUpTM and NH4Cl treatments was 0.59, 1.94 and 10.22 mg, respectively
(Table 3). The ammonium and NO3 release rate coefficients (Equation (2)) for the control,
CropUpTM and NH4Cl treatments were 0.062, 0.302 and 0.884 d−1, and 0.073, 0.187 and
0.137 d−1, respectively.

After 42 days, much of the (2M KCl-extractable) mineral N was present as NH4, with
negligible NOx, irrespective of the treatment (Figure 2). Mean NH4 concentrations ranged
from 12.49 mg/kg in the control to 13.60 mg/kg in the NH4Cl treatment, but these were not
significantly different from each other. Mean NOx concentrations ranged from ≈0 mg/kg
in the control and NH4Cl treatments to 1.05 mg/kg in the CropUpTM treatment, with the
majority of extracted NOx present in the pore water.
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Figure 2. Mean 2M KCl-extractable NH4 and NOx, and mineral N (NH4 + NOx) concentrations for
the control, CropUpTM and NH4Cl treatments. Parameters with the same letter are not significantly
different at p < 0.05 from each other.

The amounts of mineral N (i.e., NH4 + NOx) recovered for the control, CropUpTM and
NH4Cl treatments were 1.14, 2.58 and 10.84 mg, respectively (Table 3). Of these amounts,
2M KCl-extractable NH4 was ≈0.5 mg for all treatments, suggesting that little to no NH4
from either CropUpTM or NH4Cl was retained by the sand. This small quantity of NH4 may
represent a background concentration that cannot be displaced from the cation exchange
sites by K-NH4 or Ca-NH4 exchange.

3.2. Rainfall Runoff Trial

The plant dry matter displayed a strong positive, linear relationship with the plant
cover (Figure 3; plant cover = 0.626DM + 1.95; r2 = 0.94). The treatments receiving inor-
ganic N fertiliser in the form of (NH4)2SO4 (ASLow, ASMedium and ASHigh) contained
significantly lower plant dry matter and percentage cover than the treatments receiving
the combined ((NH4)2SO4 + CropUpTM) fertiliser (CULow, CUMedium and CUHigh). The
ammonium sulphate treatments produced a plant cover of approximately 40–45%, while
the combined (NH4)2SO4 + CropUpTM produced plant covers ranging from 70 to 90%
(Figure 3). The lower plant cover was consistent with the relatively poor ryegrass (Lolium
multiflorum) seed germination observed during the 42-day growth stage.

114



Nitrogen 2022, 3

  

a a a
a

b b b

0

30

60

90

120

150

Co
nt

ro
l

AS
Lo

w

AS
M

ed
iu

m

AS
Hi

gh

CU
Lo

w

CU
M

ed
iu

m

CU
Hi

gh

Dr
y 

M
at

te
r (

g)

(a)

a
a a a

b
c c

0

20

40

60

80

100

Co
nt

ro
l

AS
Lo

w

AS
M

ed
iu

m

AS
Hi

gh

CU
Lo

w

CU
M

ed
iu

m

CU
Hi

gh

Pl
an

t C
ov

er
 (%

)

(b)

 

a

b
bc b

cd
d

e

0

1

2

3

4

Co
nt

ro
l

AS
Lo

w

AS
M

ed
iu

m

AS
Hi

gh

CU
Lo

w

CU
M

ed
iu

m

CU
Hi

gh

Pl
an

t N
  (

g)

(c)

Figure 3. Effect of treatment on: (a) percentage plant cover; (b) plant biomass; and (c) plant total N.
Bars represent the mean of three replicates (n = 3) and bars designated by the same letter are not
significantly different at (p < 0.05).

The ryegrass treatments (CULow, CUMedium and CUHigh) contained significantly
(p < 0.05) more plant C and plant N than ASLow, ASMedium and ASHigh (Table 4 and
Figure 3). The plant macronutrient (P, K, Ca, Mg and S) and micronutrient (Al, B, Fe, Mn,
Na and Zn) content was significantly higher for the ryegrass grown in the presence of
CropUpTM compared with the control and (NH4)2SO4 treatments (Table 4).
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The nitrogen use efficiency (NUE) was estimated as the proportion of applied N taken
up by the ryegrass (Table 4). The NUE for the (NH4)2SO4-only treatments ranged from 58%
to 75% in the (NH4)2SO4 + CropUpTM treatments, and was two-fold greater than for the
(NH4)2SO4) treatment (24–42%).

The masses of total N, NH4, NOx and mineral N (NH4 + NOx) in the runoff from the
Control, ASLow, ASMedium, ASHigh, CULow, CUMedium and CUHigh treatments are
presented in Figure 4. The masses of runoff total N, NH4 and mineral N for the inorganic
N fertiliser ((NH4)2SO4) were higher (p < 0.05) than for the (NH4)2SO4 + CropUpTM

treatments. For example, ≥200 mg of total N was collected for the inorganic N treatments
compared with ≈100 mg for the (NH4)2SO4 + CropUpTM treatments, which represented a
two-fold reduction in N runoff. The runoff NO3 content was very low for all treatments.

 

Figure 4. Masses of (a) total N, (b) NOx, (c) NH4 and (d) mineral N (NH4 + NOx) in runoff from
the Control, ASLow, ASMed, ASHigh, CULow, CUMed and CUHigh treatments. Bars represent
the mean of three replicates (n = 3). Same lowercase alphabets indicate statistically non-significant
differences between treatments at p < 0.05.

4. Discussion

4.1. Nitrogen Release from Organic and Inorganic Sources

Leaching with dilute 0.005 M CaCl2 displaced >99% of the N added as NH4Cl but
only 15% of that added as CropUpTM, with NH4 being the dominant form of mineral
N in the leachate. This low recovery of mineral N from CropUpTM results from the
slow rate of nutrient release from this organic material (i.e., 0.3 d−1) relative to readily
available inorganic substrates (i.e., 0.9 d−1). Importantly, this slow rate of release of N from
CropUpTM would be highly beneficial for the nutrient dynamics in terms of optimising
N availability relative to plant uptake requirements and reducing the N loading in the
soil solution where it is susceptible to leaching and runoff loss, such as in sandy soils.
Furthermore, although the leachate NO3 concentrations were very low for all N substrates,
CropUpTM tended to encourage nitrification relative to the control and NH4Cl treatments,
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possibly through the introduction of nitrifying bacteria within its organic substrate, or
by stimulating the resident, albeit limited, nitrifying bacteria population within the sand.
Stimulating the microbial community in terms of functionality and diversity is highly
beneficial in sandy soil, particularly in terms of nutrient cycling and immobilisation, which
can act as a mechanism for nutrient storage and subsequent release, and for reducing
leaching losses in low-cation exchange capacity (CEC) materials [33–35].

The loss of mineral N primarily as NH4 demonstrates the sand’s poor ability to retain
this cation, thereby encouraging potential losses through leaching and runoff. The cation
exchange capacity (CEC) of the sand is 1.1 cmol+/kg (equivalent to 6.16 mg of negative
charge per 40 g of sand expressed as N (Table 1)). The 0.005M CaCl2 leaching solution
provided a ready supply of Ca capable of competing with NH4 for the limited cation
exchange sites. Over the leaching study, approximately 0.35 mmoles of Ca was added to the
sand, being equivalent to ≈10 mg of N. This mass of Ca exceeded the amount of negative
charge (6.16 mg) available to retain the 9 mg of N added in the NH4Cl and CropUpTM

treatments. Furthermore, the rapid loss of NH4 from the sand during the early leaching
events suggests that the sand’s cation exchange sites may have a stronger preference for
Ca relative to NH4, thereby favouring NH4 displacement and leaching with the 0.005 M
CaCl2 solution. Although this effect was more pronounced for the NH4Cl treatment, similar
behaviour may be expected for the CropUpTM treatment. Therefore, the extremely low CEC
of the sand coupled with a higher preference for Ca may explain the similar 2M KCl-NH4
concentrations measured between treatments (i.e., 0.5 cmol+/kg). The poor NH4 retention
by sandy soils would not only encourage N leaching, but would also result in a loss of this
nutrient in runoff and lateral soil water flow (see below Rainfall runoff trial).

The mass of mineral N recovered from the CropUpTM and NH4Cl treatments in excess
of the control was 1.04 and 9.45 mg, respectively (Table 3). Given each treatment received
9.72 mg of N, the percentage recovery of N added to the CropUpTM and NH4Cl treatments
was approximately 15% and 100%, respectively. This suggests that nearly all of the N added
as NH4Cl but only 15% of that added in CropUpTM was readily available over the 42-day
study (Table 3). The mineralisation rates for pelleted poultry manure have been reported
to be approximately 10%, 23% and 36% of initial N (total N = 2–4%) after 1, 4 and 8 weeks’
incubation (25 ◦C), respectively [36]. These mineralisation (or N release) rates are not
dissimilar to those reported in this study and show CropUpTM as a supplementary N source
to inorganic fertiliser, which would have been most beneficial for ryegrass establishment
and sustainability during the latter stage of the 42-day growth period when inorganic N
sources had been depleted and the grass growth rates were high.

CropUpTM contains approximately 4500 and 40 mg/kg of 2M KCl extractable NH4
and NOx, respectively. Of the 9.72 mg total N added in 0.347 g of CropUpTM, 1.56 mg
was as NH4, and 0.01 mg as NOx. Therefore, approximately 8.1 mg of N was present in
non-mineral forms, probably as organic N. Over the 42-day leaching study, approximately
1.44 mg of mineral N (NH4 + NOx) was recovered (>92%; Table 3), which was very similar
to that added in CropUpTM. This shows that leaching with 0.005 M CaCl2 effectively
removed mineral N from CropUpTM with negligible contributions from other fractions,
such as organic matter. CropUpTM has a C:N ratio of 7.6 and a total N content of 3%,
which may be expected to encourage the mineralisation of organic N to NH4 [37]. The
sand may therefore lack a significantly large functional microbial community capable of
organic matter mineralisation and subsequent nitrification. Limited nitrification in the sand
is supported by the absence of NO3 in the NH4Cl treatment (Figure 1). However, organic
inputs to sands have been shown to steadily increase organic matter and to alleviate poor
microbial activity [12,19,33].

4.2. Rainfall Runoff Trial

The addition of CropUpTM (in conjunction with (NH4)2SO4) improved plant growth,
plant cover and, consequently, N uptake relative to the treatments based on (NH4)2SO4
alone. Importantly, a higher uptake effectively removed N from the soil pore water where it
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was more susceptible to loss through runoff. The reason for the lower N uptake and lower
plant cover for the inorganic N treatments is unclear, but may be a consequence of: (a) the
high solubility and mobility of mineral N following the solubilisation of (NH4)2SO4 (i.e.,
76.4 g/100 g water; [38] relative to CropUpTM (Figure 1)); (b) the possibility that, in the
CULow, CUMedium and CUHigh treatments, some of the NH4 released from (NH4)2SO4
may have subsequently been retained by CropUpTM; and/or (c) the plant was able to
extract nutrients from CropUpTM over the growing period.

First, following dissolution, soluble NH4 is highly mobile due to the very low CEC of
the sand (Table 1 and Figure 1), and this cation (along with other essential nutrients added
to the basal solution) may have been transported with surface-applied water deeper into the
soil tray and away from the ryegrass seeds and emerging plant roots. If the availability of
N and other nutrients that are critical for seedling survival was inadequate, then poor grass
establishment and survival would be expected. This may explain the poor establishment
growth and percent coverage of the ryegrass cover for the treatments receiving (NH4)2SO4
alone.

Second, the inclusion of (≈14.5% by weight) zeolite in CropUpTM, coupled with slower
dissolution rates, may have enabled the retention of some of the solubilised NH4 closer to
the point of soil incorporation, and hence closer to the developing roots. The effect of the
added zeolite on NH4 behaviour was not investigated specifically in this study but based
on the strong preference of zeolite for NH4 [39,40]. A proportion of the added N may have
been preferentially adsorbed and removed from the pore water over the 42-day growth
period. If the zeolite retained a proportion of the added NH4 close to the source, and a
proportion of this cation was subsequently available for plant uptake, this may have aided
higher plant growth in the treatments that received CropUpTM.

Third, plants have strategies to enhance nutrient uptake from the rhizosphere, such as
by exuding organic acidic anions (citrate, malate and carboxylates) from plant roots [41–44],
by the release of H ions from the roots to maintain cation/anion balance during nutrient up-
take [42,45], or by stimulating nutrient mineralisation of the organic substrate [46–48]. The
increased availability of one nutrient (e.g., P) by plant root exudates can cause a concomi-
tant increase in the availability of co-precipitated or complexed nutrients (e.g., Mn) [43].
Although the reason for the enhanced nutrient uptake in the presence of CropUpTM was
not investigated in this study, other researchers have reported that ryegrass (Lolium rigidum
and Lolium perenne L.) roots can encourage the dissolution of phosphate and other nu-
trients from sparingly soluble inorganic and organic soil fractions roots due to proton
excretion [44,45].

Given the slow release of N from CropUpTM (Figure 1), much of the mineral N mea-
sured in the runoff from the (NH4)2SO4 + CropUpTM treatments most likely originated from
the inorganic (NH4)2SO4 component, which had not been taken up by the ryegrass during
the growth period. Furthermore, the loss from the treatments receiving CropUpTM was not
significantly different from that from the control, suggesting that N had been released from
CropUpTM at a rate that matched the plant N uptake requirements. This match between N
availability and plant uptake is supported by the significantly (p < 0.05) higher N content
of the ryegrass grown in the presence of CropUpTM (Figure 3). Therefore, the slower
release rate of N in the presence of an established plant cover clearly demonstrates the
beneficial effect of CropUpTM on increasing plant N uptake and reducing N runoff losses
compared with inorganic N fertiliser alone. The higher plant uptake of macronutrients and
micronutrients demonstrates that CropUpTM may also act as a slow-release fertiliser.

The nitrogen use efficiency (NUE) was higher in the treatments incorporating CropUpTM,
demonstrating the benefits of organic materials in N fertiliser management. The NUE val-
ues for the ryegrass that received inorganic N fertiliser only are similar to the NUE reported
for the urea N applied to the ryegrass, being 33–47% for N rates of 17–50 kg/ha [49].
The recovery of fertiliser N as determined from the NUE of major agricultural systems
in Australia ranges from 28% in sugarcane to 45–62% for irrigated cotton and 78% for
dairy [30], compared with an estimated global NUE of 33% [32]. Clearly, the inclusion of
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organic materials as an N source can be highly beneficial for increasing NUE in pasture and
cropping systems, and represents a key strategy to better manage N in the environment
with the intensification of agriculture [31,32,50,51]. Importantly, the inclusion of organic
materials capable of supplying plant nutrients may represent one step in the development
of cropping systems on marginal soils such as sands.

Our findings extend previous research on the mechanisms involved in the beneficial
effects of combined organic and inorganic fertilisers. Several studies have shown that the
addition of organic fertiliser to inorganic fertiliser has a positive effect on soil chemical and
biological properties [52,53]. Wen et al. (2016) [54] showed that this fertilisation regime
increases nutrient uptake via stimulating root growth. It also reduces N leaching and
enhances denitrifier activity [55]. Here, we provide further evidence that this combination
benefits plant N use efficiency via reduced N runoff losses. This has important implications
particularly for increased NUE of farming systems in high rainfall geographical locations.

5. Conclusions

The combination of inorganic and organic N substrates reduced the total and mineral
N runoff losses compared with inorganic N alone in coarse-textured sand. The higher N
uptake by the plant cover provides strong evidence that the combined use of inorganic and
organic sources has the potential for increasing NUE by reducing fertiliser losses in surface
runoff and synchronising better the N availability with plant requirements. Inorganic N
fertiliser can be applied at low rates to provide sufficient N at the early growth stage, with
organic substrates, such as composted manures, supplying N at later stages, particularly
when the plant growth rate is high.

Furthermore, the potentially slower release of N from organic materials such as
CropUpTM may reduce the impacts of other loss pathways (e.g., leaching and sub-surface
lateral flow) relative to highly soluble inorganic N fertilisers, particularly when the release
rate better matches plant N uptake requirements. These organic materials have widespread
applications to sandy soils not only in agriculture, but also in other activities that involve a
high N application to sand, such as golf courses and sporting ovals.
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Abstract: Recent studies have shown that nitrification inhibitor (NI) impairs the efficacy of urease
inhibitor, N-(n-butyl) thiophosphoric triamide (NBPT), in reducing ammonia volatilization and urea
hydrolysis rate. A laboratory study was conducted to evaluate the influence of NI (specifically
3,4-dimethyl pyrazole phosphate) on the degradation of NBPT in six soils. Soils were amended
with either NBPT (10 mg NBPT kg−1 soil) or NBPT plus NI (DI; 10 mg NBPT + 2.5 mg NI kg−1

soil), incubated at 21 ◦C, and destructively sampled eight times during a 14-day incubation period.
The degradation of NBPT in soil was quantified by measuring NBPT concentration with high-
performance liquid chromatography-mass spectrometry, and the degradation rate constant was
modeled with an exponential decay function. The study showed that the persistence of NBPT in
soil was not influenced by the presence of NI, as the NBPT degradation rate constant across soils
was 0.5 d−1 with either NBPT or DI. In contrast, the degradation rate constant was significantly
dependent on soils, with values ranging from 0.4 to 1.7 d−1. Soil pH was the most important variable
affecting the persistence of NBPT in soils. The half-life of NBPT was 0.4 d in acidic soil and 1.3 to 2.1 d
in neutral to alkaline soils. The faster degradation of NBPT in acidic soils may explain its reduced
efficacy in such soils.
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1. Introduction

Globally, urea is the predominant form of granular nitrogen (N) fertilizer used to
supplement soil N availability to crops. It is relatively safe to handle and contains high N
content (46%). When urea is applied to soils, it becomes hydrolyzed in the presence of the
urease enzyme into one bicarbonate ion and two molecules of ammonia [1]. The process of
urea hydrolysis increases the soil pH around urea, which drives the equilibrium between
ammonia and ammonium toward ammonia, thereby resulting in the volatilization of am-
monia. Ammonia volatilization from urea when it is surface-applied without incorporation
could be greater than 20% of applied N and is one of the reasons for low urea-N use
efficiency [2]. Apart from being an economic loss to the farmers, ammonia volatilization
has a deleterious effect on the environment and human health [3].

N-(n-butyl) thiophosphoric triamide (NBPT) is a urease inhibitor that has been widely
reported to decrease ammonia volatilization from urea-based fertilizers under different
soil and environmental conditions [2,4,5]. The NBPT is usually used to coat urea granules
or mixed with liquid urea-based fertilizers, such as urea ammonium nitrate. The NBPT
reduces ammonia volatilization by suppressing the activity of urease enzymes responsible
for the hydrolysis of urea [6]. To suppress urease activity, NBPT becomes converted to either
N-(n-butyl) thiophosphoric diamide (NBPD) or N-(n-butyl) phosphoric triamide (NBPTO)
in soils [1,7]. The NBPD and NBPTO become hydrolyzed into monoamido thiophosphoric
acid and diamido phosphoric acid, respectively. These then block the two nickel ions’
active sites of urease enzymes via two oxygen atoms and one amide group [1]. The global
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efficiency of NBPT in reducing ammonia volatilization from urea relative to untreated urea
has been estimated to be 52% [2].

Several studies have reported a reduction in the efficiency of NBPT when combined
with a nitrification inhibitor (NI) in reducing ammonia volatilization from urea [8–13].
The decrease in NBPT efficiency when used as NBPT plus NI (double inhibitor, DI) was
attributed to the persistence of ammonium by the NI. Recent studies to elucidate the mech-
anism of the reduced NBPT efficacy in decreasing ammonia volatilization with DI showed
that NI, specifically 3,4-dimethyl pyrazole phosphate, significantly impaired the inhibitory
effect of NBPT on urea hydrolysis rates across several soils and temperatures [14,15]. For ex-
ample, NI was found to reduce the inhibitory effect of NBPT on the urea hydrolysis rate
by 21% across five soils at 21 ◦C [14]. The effectiveness of NBPT in reducing the urea
hydrolysis rate decreases as temperature increases [15]. The action of NBPT on urea has
been shown to be more effective in reducing ammonia volatilization during fall than spring
seasons on the Canadian prairies [13]. Moreover, studies have also shown that the rate
of NBPT degradation in soils was greater in acidic than alkaline soils [16,17]. However,
there is a lack of information on the influence of NI on the degradation of NBPT with or
without urea in soils. This study was conducted to evaluate the influence of NI, particularly
3,4-dimethyl pyrazole phosphate, on the degradation rate of NBPT without urea in six soils.
We hypothesized that NI would interfere with the persistence of NBPT in soils.

2. Materials and Methods

2.1. Soil Characteristics

An incubation study was conducted on soils (0–15 cm depth) that were collected
from six locations in Manitoba, Canada. The locations were Carman (Soil 1; 49◦29′6”N,
98◦02′2”W), Carberry (Soil 2; 49◦53′7”N, 99◦22′29”W), Deerwood (Soil 3; 49◦22′1”N,
98◦23′34”W), High Bluff (Soil 4; 50◦01′ 2”N, 98◦08′9”W), Beausejour (Soil 5; 50◦05′13”N,
96◦29′58”W), and Portage la prairie (Soil 6; 49◦57′9”N, 98◦16′0”W). These were the same
six soils used in two previous studies [14,15]. In the Canadian soil classification system,
all soils are classified as Chernozems (an equivalent of Chernozem in the FAO classification
system) except Soil 4, which is classified as a Regosol (an equivalent of Regosol in the
FAO classification system) [18]. The soils were air-dried and ground to pass through a
2-mm sieve. A subsample of each soil was analyzed (Table 1) for organic matter by the wet
oxidation method [19], cation exchange capacity by ammonium acetate method [20], urease
activity [21], soil texture by pipette method [22], field capacity [23], and pH (soil/water, 1:2)
and electrical conductivity with a combined conductivity and pH meter (Orion versaStar,
ThermoFisher Scientific Inc., Waltham, MA, USA).

2.2. Experimental Design and Treatment Applications

The experimental setup was a completely randomized design containing two inhibitor
treatments of six soils, a factorial layout for eight sampling periods, and was replicated
three times for a total of 288 experimental units. The inhibitor treatments were NBPT (10 mg
NBPT kg−1 soil) and NBPT plus NI (DI; 10 mg NBPT + 2.5 mg NI kg−1 soil). We used
analytical grades of NBPT (CAS: 94317-64-3) and NI (3,4-dimethyl pyrazole phosphate;
CAS: 202842-98-6) in this study.

Ten grams of each soil was weighed in 50 mL centrifuge tubes. The soil was wetted
to 75% field capacity based on soil mass, capped, and left to equilibrate for 24 h at room
temperature. Twenty-four hours after wetting, the soils in the centrifuge tubes were spiked
with 0.5 mL of a solution containing either 200 mg NBPT L−1 (NBPT inhibitor treatment)
or 200 mg NBPT + 50 mg NI L−1 (DI inhibitor treatment). The ratio of NBPT to NI in the
DI inhibitor treatment was the same as the ratio of NBPT to NI in the double inhibitor
formulation used in our previous studies [14,15]. However, the current study did not
include urea with the inhibitors, as we discovered that the presence of urea interfered with
the analytical procedure for NBPT. The tubes were recapped and placed in an incubator
(Isotope Incubator, Model 304, Fisher Scientific, Hampton, NH, USA) set at 21 ◦C. On days
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0, 0.5, 1, 2, 4, 7, 10, and 14 after treatment application, three replicates or samples of each
soil by inhibitor treatment (i.e., six soils × two inhibitor treatments × three replicates
for a total of 36 samples) were removed (destructive sampling) from the incubator for
NBPT extraction and analysis. Day 0 was immediately after the soil was spiked with the
inhibitor treatments.

Table 1. Selected soil (0–15 cm) properties.

Soil Property Soil 1 Soil 2 Soil 3 Soil 4 Soil 5 Soil 6

Soil classification a Orthic Black
Chernozem

Orthic Black
Chernozem

Orthic Dark Gray
Chernozem

Gleyed
Cumulic Regosol

Gleyed
Rego Black
Chernozem

Gleyed
Rego Black
Chernozem

Soil series Hibsin Fairland Dezwood High Bluff Dencross Neurhorst
Soil pHwater 5.51 6.65 6.62 7.46 7.76 7.96

Electrical conductivity
(μS cm−1) 394 228 1853 899 1377 596

Organic matter
(g kg−1) 27 33 34 45 88 71

Available N
(mg kg−1) 31 15 186 58 22 82

Field capacity
(m m−3) 0.35 0.34 0.36 0.41 0.61 0.44

Urease activity
(mg NH4

+-N kg−1 soil hr−1) 11 17 24 57 63 88

Cation exchange
capacity (cmol kg−1) 16 14 23 28 47 36

Soil texture Sandy loam Sandy loam Loam Loam Clay Clay loam
Sand (g kg−1) 711 764 465 427 108 269
Silt (g kg−1) 123 128 318 325 322 343

Clay (g kg−1) 166 108 217 248 570 388
a Canadian soil classification system.

2.3. Extraction and Analysis of NBPT

On each sampling day, 25 mL of deionized water was dispensed on the sampled
centrifuge tubes and shaken on a reciprocating shaker for 30 min at 120 excursions per
minute. After 30 min of shaking, the samples were centrifuged for 5 min at 10,000× g to
allow soil residues to settle to the bottom. Immediately after centrifugation, about 4 mL
aliquot was transferred using a 0.2 μm syringe filter (Basix™ Syringe Filters, ThermoFisher
Scientific, Waltham, MA, USA) into a 20 mL vial. This was followed by transferring
1 mL of the filtered aliquot into a 2 mL high-performance liquid chromatography (HPLC)
vial (9 mm surestop screw vial, ThermoFisher Scientific, Waltham, MA, USA) containing
0.1 mL dimethyl sulfoxide for NBPT analysis with HPLC-mass spectrometry (HPLC-MS),
as described by Engel et al. [17].

The HPLC-MS (Bruker Compact QqTOF, Billerica, MA, USA) used was equipped
with an electrospray source that operated in the positive ionization mode. The nebulizer
pressure of the source was 0.3 bar with 5 L min−1 of N2 drying gas at 200 ◦C. The capillary
voltage was 3500 V, and the capillary exit voltage was 70 V. Reverse-phase chromatography
was used to separate NBPT using an Intensity Solo C18 (100 × 2.1 mm, 2 μm) HPLC column
(Bruker Daltonik, Billerica, MA, USA). The column was maintained at 35 ◦C with a flow
rate of 300 μL min−1. The mobile phase consisted of formic acid 0.1% in Milli-Q water for
Channel “A” and acetonitrile for Channel “B”. A 2 μL aliquot of the sample was injected
into the column and kept at 80% B from 0 to 3 min. From 3 to 4 min, the gradient was
linearly ramped to 20% B, where it was kept for 1.5 min. Then, the gradient was linearly
ramped to 80%, and it was held for 2.5 min at 80% for re-equilibration. The NBPT was
eluted at approximately 3.3 min.

Data quantitation was performed using Bruker Daltonic QuantAnalysis (ver. 4.4)
software (Billerica, MA, USA). The ion chromatograms for NBPT were defined as [M + H]+

(168.0719 m/z). The concentrations of NBPT recovered in soil were determined from a
calibration curve of known standard solutions of NBPT and their corresponding peak
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areas. The quantity of NBPT recovered was expressed as a percentage of NBPT applied to
the soils.

2.4. Kinetics and Statistical Analysis

Model fitting and statistical analysis were performed with SAS software (SAS Institute
2014, ver. 9.4 [24]). PROC NLIN was used to fit an exponential decay function (Equation (1))
to determine the degradation rate constant (k) of NBPT in the soils as follows:

Y = bo[exp(−kt)] (1)

where Y is the % of NBPT recovered in soils at time t, t is the time in days, k is the NBPT
degradation rate constant, and bo is an empirical constant.

For ease of interpretation, the generated k was used to calculate the half-life (t1/2) of
NBPT in the inhibitor treatments using Equation (2):

t1/2 = ln(2)/k (2)

We used PROC GLIMMIX (beta distribution) for repeated measure analysis to deter-
mine the significant effect of time, inhibitor treatments, and their interaction on the % of
NBPT recovered in each soil. Furthermore, analysis of variance with PROC GLIMMIX
(gamma distribution) was performed on the degradation rate constant and half-life of the
NBPT across soils and inhibitor treatments. The fixed effects in the model were soil and
inhibitor treatment. Mean comparisons were deemed significant at a probability level of
0.05 Fishers’ protected least-significant difference. The goodness of fit for the exponential
decay model was tested using the Nash–Sutcliffe model efficiency (ME) and root means
square error [25]. Stepwise regression with PROC REG was used to analyze the influence
of soil properties on the half-life of NBPT in soils.

ME = 1 − ∑n
i=1 (Y

m
i − Yp

i )
2

∑n
i=1 (Y

m
i − Y)2 (3)

where Ym
i is the measured NBPT recovered in soil, Yp

i is the predicted NBPT recovered in
soil, and Y is the mean of measured NBPT recovered in soil. When ME = 1, there is a perfect
relationship measured and predicted NBPT recovery in soil; and when ME = 0, the model
has the same precision as the mean of measured NBPT recovered.

3. Results

3.1. NBPT Recovery

The interaction of treatment and time did not significantly affect % NBPT recovered,
except in Soil 2 (Table 2). The significant interaction in Soil 2 was because of greater NBPT
recovered in NBPT only with DI on 0.5 and 2 d (Figure 1). The % of NBPT recovered
immediately after treatment application (time = 0 d) was less than 70% in all the soils
except in Soil 1 (Figure 1). The low recovery of NBPT on 0 d might be due to other
NBPT species (e.g., [M + Na]+) of the ion chromatograms that were not accounted for.
As expected, the % of NBPT recovered significantly decreased with time in an exponential
decay order (Figure 1). The persistence of NBPT was shortest in Soil 1, with the NBPT
recovery reaching the lowest point (3%) by 2 d in both inhibitor treatments. In contrast,
the % of NBPT recovered from neutral to alkaline soils on 2 d ranged from 22 to 44% in
both inhibitor treatments (Figure 1). By 7 d, NBPT was below the detection limit in all soils.
The NBPT recovery was well predicted by the exponential decay function as indicated by
the Nash–Sutcliffe model efficiency, which ranged from 0.93 to 0.99 across the soils.
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Table 2. Effect of inhibitor treatment and time on % of NBPT recovered in soils.

Model Effect df Soil 1 Soil 2 Soil 3 Soil 4 Soil 5 Soil 6

Probability values
Inhibitor

treatment (I) 1 0.8588 0.8945 0.8266 0.813 0.9467 0.9731

time (t) 7 <0.0001 <0.0001 <0.0001 <0.0001 <0.0001 <0.0001
I × t 7 1.0000 0.0199 0.3853 0.8640 0.4941 0.7716

Probability values are significant at <0.05. df, degree of freedom.

 

Figure 1. The percentage recovery of NBPT in soils. Error bars are standard errors of the mean (n = 3).
NBPT and NBPT(p) are measured and predicted % of NBPT recovered in NBPT inhibitor treatment;
DI and DI(p) are measured and predicted % of NBPT recovered in DI inhibitor treatment. N-(n-butyl)
thiophosphoric triamide; DI, double inhibitor [NBPT + 3,4-dimethyl pyrazole phosphate]; Y, % of
applied NBPT recovered; RMSE, Root mean square error, ME, Nash–Sutcliffe model efficiency.
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3.2. Kinetics of NBPT Degradation

The NBPT degradation rate constant was not significantly affected by inhibitor treat-
ment or the interaction of soil and inhibitor treatment (Table 3). As such, the half-life of
NBPT in each soil was not affected by the type of inhibitor treatment (NBPT only versus
DI; Table 3). Averaged across soils, the half-life of NBPT in either inhibitor treatment was
1.3 d. The lack of a significant difference in the half-life of NBPT between the two inhibitor
treatments did not agree with our hypothesis. Our previous study had found that NI
reduced the half-life of NBPT-treated urea in soils by 1 d at 21 ◦C [15].

Table 3. Effect of inhibitor treatment and soil on degradation rate constant (k) and half-life (t1/2)
of NBPT.

Group Means k t1/2

Inhibitor treatment (I) d d−1

NBPT 0.54 a 1.32 a
DI 0.54 a 1.33 a

Soil (S)
Soil 1 1.72 a 0.44 d
Soil 2 0.43 c 1.61 b
Soil 3 0.55 b 1.30 c
Soil 4 0.33 d 2.09 a
Soil 5 0.41 c 1.71 b
Soil 6 0.42 c 1.66 b

Model effects Probability values
I 0.8784 0.8876
S <0.0001 <0.0001

I × S 0.5452 0.5021
Note. Means with different letters within a column are significantly different at a probability value of <0.05 using
Fisher protected LSD.

Unlike the inhibitor treatment, there was a significant effect of soil on the half-life of
NBPT in soils. Soil 1, which was the acidic soil, had the shortest half-life (0.4 d), while Soil 4,
which was slightly alkaline, had the longest half-life (2.1 d) when averaged across inhibitor
treatments (Table 3). NBPT is N-(n-butyl) thiophosphoric triamide, DI is double inhibitor
[N-(n-butyl) thiophosphoric triamide + 3,4-dimethyl pyrazole phosphate]. The shortest
half-life of NBPT in Soil 1 was consistent with previous studies that found that the NBPT
degradation rate was faster in acidic than alkaline soils [16,17]. Similarly, the shortest
half-life of the inhibitor treatments in Soil 1 corroborated our previous studies that used
the same soils and found the half-life of urea treated with either NBPT or DI to be shorter
in Soil 1 than in other soils [14,15]. Additionally, other studies had also reported a lower
NBPT inhibition of urea hydrolysis in acidic than alkaline soils [26,27]. The lack of NI
on NBPT degradation in this study was probably because of the absence of urea. This is
because the soil pH around applied urea changes during the hydrolysis of urea and the
nitrification process. This implies that NI did not affect the persistence of NBPT in soil
but rather impaired the inhibitory effect of NBPT on urea hydrolysis. With no effect of
NI on NBPT degradation, the observed inhibition of NBPT to reduce urea hydrolysis
by NI, as noted in the studies [14,15] might have been because of the soil acidification
during nitrification [28]. While hydrolysis of NBPT in soils to form NBPTO and NBPD is
required to inhibit the process of urea hydrolysis [1,7], rapid hydrolysis of NBPT, as shown
in the case of acidic soil, may be counter-effective. For example, NBPTO and phenyl
phosphorodiamidate are potent urease inhibitors with greater inhibition of urease than
NBPT under a buffered solution, but their reduced persistence in soils makes them less
effective in reducing ammonia volatilization when compared to NBPT [16,29–31].

Stepwise regression analysis showed that soil pH, organic matter, and urease activities
accounted for 91% of the variation in the half-life of NBPT in soil. Of these soil properties,
soil pH was the most predictive factor of NBPT half-life, as indicated in Equation (4).
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The persistence of NBPT in soils increased as the soil pH increased from strongly acidic to
neutral soil pH and then decreased from neutral soil pH to slightly to moderately alkaline
soil pH (Figure 2; pH classification based on USDA). An earlier study had shown that the
half-life of NBPT in acidic soil (pH = 4.9) could be extended by 2.5 d when the soil pH was
increased to neutral pH (6.9) using calcium hydroxide [16]. Despite the reported reduced
persistence of NBPT in acidic than alkaline soils, the reduction of ammonia volatilization
by NBPT relative to untreated urea is not always lower in acidic than alkaline soils [32].

Half-life = −5.874 + 1.221(pH) − 0.0141(urease activity) − 0.1163(organic matter) (4)

 

Figure 2. Relationship between soil pH and NBPT half-life. Y is NBPT half-life in soil.

4. Conclusions

The urease inhibitor, NBPT, plays an important role in conserving applied urea-N
in the soil. While NI is known to impair the inhibitory effect of NBPT on urea hydrol-
ysis, our study showed that NI did not interfere with the persistence of NBPT in soil.
Instead, the persistence of NBPT in soil was mainly influenced by soil pH. We found that
the degradation of NBPT was two to four times greater in acidic than neutral to alkaline
soils. The half-life of NBPT was 0.4 d in acidic soil and 1.3 to 2.1 d in neutral to alkaline soils.
As such, N management with NBPT may be more suitable for alkaline than acidic soils,
and alkaline soils thereby provide more flexibility in precipitation or irrigation scheduling
to incorporate urea into the soil while reducing N losses. Future studies will need to
evaluate how the interaction between urea, NI, and NBPT affect the persistence of NBPT
over a wide range of soils and environmental conditions.
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Abstract: The adoption of no-till management practices has increased in the United States over
the last decade. In the state of North Dakota, approximately 5.7 million hectares of cropland is
managed under no-till or conservation tillage management practices. Even though conservation
tillage is known for building soil health, increasing soil organic matter, capturing soil moisture,
and reducing wind and water erosion, it also presents a unique best management practice since
an increased mass of crop residue remains on the soil surface. Producers are concerned about
whether plant needs are being met by nitrogen fertilizer that is currently being applied based on
current North Dakota recommendations for long-term no-till systems. A Forman clay loam soil
(fine-loamy, mixed, superactive, frigid Calcic Argiudolls) was used in this study, as it represented
glacial till soils of the region. We examined whether N mineralization from surface-applied crop
residue would result in similar or different results when compared to crop residue mixed into
the soil. Soil freeze-thaw contribution to soil N mineralization was also evaluated. Six residue
treatments with different C/N ratios including corn (Zea mays L.), soybean (Glycine max L.), forage
radish (Raphanus sativus L.), winter pea (Pisum sativum L.), spring wheat (Triticum aestivum L.), and
winter wheat (Triticum aestivum L.) were used. Five 10–14-week cycles with a three-week freeze
period between each cycle at 0 ºC were evaluated for NO3-N production. Crop residues with a
narrow C/N ratio contributed to greater instances of N mineralization during each incubation cycle,
and the accumulation of crop residues with a wide C/N ratio over each incubation cycle following
the first incubation did not offset the immobilization trends observed in the first incubation. A change
in N mineralized in the untreated control soil during the last two incubation cycles may have been
caused by freeze-thaw effects or a shift in microbial population due to a lack of fresh C inputs.

Keywords: N mineralization; C/N ratio; crop residue; N availability

1. Introduction

In a no-till agricultural system, crop residue remains on the soil surface, whereby
in a drier environment with lower soil temperatures may slow and/or reduce nitrogen
mineralization, with the potential to affect crop yields. In areas where there is a short
growing season, no-till practices have been perceived by producers to delay planting
and slow crop emergence as a result of delayed soil warming and drying [1–4]. In a
frigid environment, such as that in the Northern Great Plains, these concerns are more
pronounced, as crop residue tends to accumulate when high residue crops (corn, small
grains) are left on the soil surface as a result of no-till practices. Alghamdi et al. [5] examined
soil warming and drying in a frigid environment for corn-soybean systems and provided
evidence to suggest that these perceived delays are not related to moisture and temperature
of the soil. Daigh et al. [6] have also reported research on full-production scale farms in
the Red River Valley of Minnesota and North Dakota (i.e., frigid environment), finding
that producer perceptions of delayed warming and drying of the soil do not translate
into yield losses. This begs the question of where these perceived losses are coming from.
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Alghamdi et al. [7] concluded that any differences observed in yield were attributed to
fertilizer application methods and rates. Many earlier studies concluded that an addition
of nitrogen fertilizer may be necessary under a no-till system to increase nitrogen (N)
in the deeper soil profile [8–10], yet modern recommendations often overlook previous
decades of research [11]. The rate of soil N mineralization is dependent upon crop residue
factors that include, but are not limited to, the type and quantity of residue and other soil
factors, such as temperature and moisture in the residue environment and organic matter
(OM) in the soil [12]. As residue continues to accumulate on the soil surface in a no-till
system, it is necessary to determine if enough N is being provided to subsequent crops to
offset the potential immobilization in the system. Schoenau and Campbell [13] reported
that conservation tillage such as reduced and no-till systems results in greater surface
accumulation of crop residue on top of the soil surface, which slows residue decomposition
of wide C/N ratio crops. No-till systems provide added benefits of increased soil moisture
and organic matter, although reduced availability of oxygen from aeration needed by
microbes may slow the mineralization of nitrogen from the crop residue. In addition
to increasing soil moisture, no-till systems can be susceptible to water saturation as a
result of increased crop residue on the soil surface. Thus, the activity of microbes may be
reduced along with soil shading and slower soil drying due to cooler temperatures [14].
A laboratory study on North Dakotan soils concluded that the type of crop residue and
organic matter present may increase N immobilization when crop residue has a wide C/N
ratio (>25:1) as compared to crop residue with a narrow C/N ratio (<25:1) [7]. Green and
Blackmer [15] examined the rate of N fertilization and its effect on residue decomposition
on corn–corn and corn–soybean fields in Iowa. They determined that N immobilization
tended to decrease with increased N fertilization as a result of the fertilizer contributing
N to the residue biomass. Increasing rates of N fertilization decreased the time required
for N mineralization to occur. This process was expedited when soybean residue was
the proceeding crop due to the nature of the soybean residue. Li et al. [16] found that
N mineralization occurred more quickly with crop residue placed on the soil surface
versus crop residues incorporated into the soil. Satchell [17] explained the biological
process of decomposition, where plant tissues are broken down by microorganisms. These
microorganisms can break down residue more quickly when plant residue is incorporated
with the soil [18] as compared to remaining on the soil surface [19]. Coppens et al. [20]
found that incorporated crop residues decomposed faster than leaving residue on the soil
surface and that higher N fluxes were more pronounced with crop residue incorporation.
For the residue that did remain on the soil surface, the absence of moisture was a greater
limitation to decomposition than N itself. Often, to aid in the breakdown of high lignin
content crop residue, such as corn, many producers apply liquid N to their fields after
harvest. Al-Kaisi et al. [21] examined corn residue decomposition and the application rate of
liquid urea ammonium nitrate (UAN) following harvest and concluded that increased rates
of decomposition were not attributed directly to the application rates of N, but to increased
air and soil temperature. They recommended the limiting of liquid N application under
less-than-ideal air temperature conditions and/or limited availability of soil moisture
during critical periods of residue decomposition. Additional studies have determined
similar finding where decomposition effects were attributed to temperature and moisture
availability [22–24]. In cooler climates of the Northern Great Plains, such as in North
Dakota, highly variable precipitation and temperature conditions during crucial periods
of crop N needs can lead to the rate of residue decomposition being less predictable,
resulting in less certain N mineralization for crop needs. Vigil and Kissel [25] examined the
impact of temperature on nitrogen mineralization and residue decomposition in Kansas
soils. Their findings indicated that higher incubation temperatures resulted in increased
mineralization. At temperatures lower than 35 ◦C, microbial activity decreased. Nitrogen
from sorghum and soybean residues mineralized faster at 35 ◦C than 25 ◦C, 15 ◦C, and
5 ◦C, respectively. Aher et al. [26] examined C/N ratios and the mass of residue on the
soil surface near Forman, ND, and indicated potential N deficits to succeeding crops
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ranging from 56 to 105 kg N ha−1 following winter weathering of the crop residue. North
Dakota has a frigid climate where residue decomposition and nutrient mineralization from
crop residues can be limited by the short frost-free period of 100–135 days [27,28]. In the
Canadian prairie, an incubation study was conducted to examine the factors influencing
the stability of microbes in the soil [29]. Results indicated that freezing and thawing periods
had a strong effect on releasing N and other nutrients back into the soil when compared
with wetting and drying cycles. The reason for this was that the freeze and thaw periods
enabled microorganisms to feed on decomposed residue. During freezing and thawing,
soil aggregates are disturbed, exposing sheltered residue to microbes that help release
nutrients back to the soil [30,31] or may break up residue particles to provide a greater
residue surface area for greater microbial access. During the winter, native soil organic
matter mineralizes to release N [32] due to microorganism abate and releases amino acids
and simple sugars back into the soil [33]. During thaw periods, surviving microorganisms
are active and feed on the nutrients released from dead microorganisms [34]. As a result,
many studies have noted the increase in microbial respiration following freezing and
thawing periods [33–36]. Current recommendations for N management in North Dakota
do not regard temporal residue decomposition and N mineralization and immobilization
effects that vary with different types of crop residue in their recommendations. Instead,
standardized recommendations are cited for long-term no-till systems (i.e., managed for
six or more years) where producers are to take a 34 kg N ha−1 credit [37]. Over the last ten
years, recommendations for North Dakota have varied. Standardized N recommendations
are useful in warmer and moister climates, which allow for optimum N mineralization from
crop residue. Management recommendations for nitrogen fertilization of soil should aim to
address concerns of the producer and advance best management practices. The objectives
of this study are: (1) evaluate if the type and quantity of crop residue are offsetting the
N immobilization, (2) evaluate the influence of freezing and thawing on crop residue
decomposition, and (3) evaluate changes in N mineralization due to repeated residue
addition over several simulated growing seasons.

2. Materials and Methods

2.1. Experimental Design

A laboratory study using a randomized complete block design with three replicates
was set up using one soil and six residue treatments, plus an untreated soil control (n = 21).
The soil was a Forman soil (fine-loamy, mixed, superactive, frigid Calcic Argiudolls) [38],
similar to many soils of glaciated parts of the region. The six residue treatments were
corn (CR), soybean (S), forage radish (R), pea (P), spring wheat (SW), and winter wheat
(WW) (Table 1). Fresh individual crop residues were collected immediately in the fall
following harvest and analyzed for carbon (C) and nitrogen using an Elementar Vario Max®

CN analyzer (Ronkonkoma, New York, NY, USA) during a previous study conducted by
Aher et al. [26]. Upon collection, the residue was oven-dried at 60 ◦C and ground in a
Wiley mill to pass a <2 mm screen. Bulk Forman soil was collected at the Conservation
Cropping System Project site [26] near Forman, North Dakota (97◦38′38” N 46◦05′05” W).
The bulk soil sample was air-dried, crushed, and sieved through a 2 mm screen. Residue
treatments (n = 18) were prepared containing 15 g of soil mixed with 15 g of quartz sand
(20 mesh) with 0.50 g of residue placed on the soil surface following the procedure of
Stanford and Smith [39]. The quantity of residue represents the equivalent of 6.25 Mg/ha
in a field environment [7]. Soil only (n = 3) contained 15 g of soil mixed with 15 g of
sand. Samples were then transferred to labeled glass leaching tubes where the soil was
placed into the tube, and crop residue was then placed on top of the soil surface to simulate
no-till residue accumulation. Leaching tubes were kept in a constant temperature room at
22 ◦C simulating average soil temperatures in the region during the growing season and
incubated as described by Stanford and Smith [39]. Before the soil samples were transferred
to the leaching tubes, a small amount of glass wool was placed at the bottom of the leaching
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tubes to prevent soil sediment loss during leaching and was placed at the top to prevent
soil and residue disturbance during leaching solution application.

Table 1. Six crop residue treatments used for the five incubation cycles, their scientific name, abbrevi-
ation, and C/N ratios.

Residue Treatment Scientific Name Abbreviation C/N Ratio 1

Corn Zea mays L. CR 73
Soybean Glycine max L. S 53

Forage radish Raphanus sativus L. R 8
Winter pea Pisum sativum L. P 18

Spring wheat Triticum aestivum L. SW 76
Winter wheat Triticum aestivum L. WW 101

1 C/N ratios for corn, soybean, forage radish, winter pea, spring wheat, and winter wheat were determined using
near-infrared reflectance (NIR).

Five incubation cycles and four freeze–thaw periods were conducted for the exper-
iment. Each cycle represented an annual growing season. Between each cycle, the soil
treatments were frozen for three weeks to represent an annual freeze–thaw cycle. Following
each freeze (n = 4), an additional 0.5 g of individual crop residue was placed on the soil
surface (total = 2.5 g per leaching tube over the course of the study). Biweekly leachings
were conducted at 2, 4, 6, 8, and 10 weeks for the first cycle. For the second cycle, additional
leaching was conducted at 12 weeks. For cycles three, four, and five, additional leachings
were conducted at 12 and 14 weeks to determine the potential of cumulative effects of the
simulated growing seasons. For the first leaching of the samples and due to the air-dry
nature of the soil/sand/residue column, 50 mL of 0.01 M CaCl2 was added to the glass
tubes in 10 mL increments, followed by 10 mL of nutrient solution as described by Stanford
and Smith [39] to remove ambient levels of NH4+-N and NO3-N. Subsequent leachings
used 30 mL of 0.01 M CaCl2 and 10 mL nutrient solution. Parafilm® (Menasha, WI, USA)
was used to cover the incubation tubes between leachings to prevent contamination and
preserve soil water content during this study. Air vents were created in the film to allow for
soil respiration. At the end of an incubation period, the leaching tubes were then transferred
into the freezer for three weeks at 0 ◦C. Leachate was collected, covered, and refrigerated
(8–24 h) if necessary until mineral N (NO3-N and NH4-N) analysis was conducted using a
Timberline TL 2900 NH4/NO3 analyzer (Timberline Instruments Inc., Boulder, CO, USA).
Results are adjusted for soil mass and reported as mg N kg−1 soil in order to relate our
results to quantities that might be experienced in field environments.

2.2. Statistical Analysis

A repeated-measures analysis of variance (ANOVA) was used to determine the effects
of crop residue treatment, cycle, incubation period, and their interactions on NO3-N
mineralization. As the measurements of NO3-N mineralization collected from the same
experimental tube unit are related over time, the model imposed a covariance structure on
the error term of the model. Akaike’s information criteria (AIC) was used to determine the
appropriate covariance structure, and the smaller the AIC value, the better. Throughout this
paper, AR(1) covariance structure was used due to it always producing the smallest AIC
value. The least square mean (LS mean) of each level of the freeze and thaw periods was
estimated, and the significance of the difference between all possible pairs of these LS means
was identified with Tukey’s honest significant difference (HSD) at a significance level of
0.05. In addition, LS mean of each individual crop residue treatment within each freeze and
thaw cycle was estimated, and an HSD test with a significance level of 0.05 was performed
to test the significant difference among all possible pairs of the LS means. Moreover, LS
mean of each individual crop residue treatment for each incubation period within each
freeze and thaw cycle was estimated, and an HSD test with a significance level of 0.05 was
used to find the LS means that are significantly different from each other. In order to detect
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the change of NO3-N mineralization for the bare, unamended soil over incubation cycles
for each freeze and thaw period, a simple one-way ANOVA with a repeated measurements
model was fitted. LS mean of each incubation period within each freeze and thaw cycle was
estimated, and an HSD test was used to find the LS means that are significantly different
from each other. All analyses were conducted using SAS version 9.4 [40].

3. Results and Discussion

Mean soil NO3-N mineralization capacity for individual crop residue treatments
varies among freeze and thaw periods from 1.88 mg NO3-N kg−1 to 58.97 mg NO3-N kg−1

(Table S1, Supplementary Materials). The mean soil NO3-N mineralization capacity
(range in means) peaks during cycle 3 while displaying the narrowest range in mean
soil NO3-N mineralization capacity in cycle 5. Freeze and thaw period means varied from
4.95 mg NO3-N kg−1 to 17.84 mg NO3-N kg−1, with cycles 4 and 5 significantly higher than
cycles 1, 2, and 3. For all freeze and thaw periods, the control (bare, unamended soil) means
show net N mineralization varying from 1.74 mg NO3-N kg−1 to 22.72 mg NO3-N kg−1.
Both cycle 4 and cycle 5 display higher mean soil NO3-N mineralization values for the bare,
unamended soil (22.72 mg NO3-N kg−1 and 18.45 mg NO3-N kg−1, respectively), and it is
important to note that the higher control values contribute to the narrowing of the range
mineralization capacity in the later freeze and thaw periods. This increase observed in
the bare, unamended soil may be due to a natural microbial shift as an adaptation to the
fact that no new carbon source was added to the soil only controls [41]. In other words,
microbes in the bare, unamended soil recognize no carbon source addition and start to
consume SOM in those controls as an energy source whereby NO3-N is being released.

When examining the five incubation cycles, the forage radish and pea (narrow C/N
ratio) are the only crop residue treatments that show a significant increase in the soil NO3-N
mean from the control (Figure 1).

Figure 1. NO3-N mineralization means and ranges in value for soil control and corn, pea, radish,
soybean, spring wheat, and winter wheat crop residue treatment over five incubation cycles.

During cycle 1, the forage radish is the only crop residue treatment significantly
different from the other crop residues treatment (Figure 2). In cycle 2, the soil NO3-N mean
increases in both the bare, unamended soil (control) and the pea crop residue treatment,
although they are still significantly different from the forage radish crop residue treatment
(Figure 2). For cycle 3, the forage radish crop residue treatment still remains significantly
different from the control, although both are similar to the soil NO3-N mean for the pea
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crop residue treatment (Figure 2). In cycle 4 and cycle 5, the bare, unamended soil (control)
and the pea crop residue treatment are not significantly different from the forage radish,
nor were they significantly different from the corn, soybean, spring wheat, and winter
wheat crop residue treatments (Figure 2). By cycle 5, it is evident that the corn, soybean,
spring wheat, and winter wheat crop residue treatments were not mineralizing soil NO3-N
and were always significantly different from the forage radish crop residue treatment. A
reason for the observations in these mineralization patterns is the C/N ratio for each crop
residue treatment influences the N mineralization characteristic of the residue [26].

 
Figure 2. First incubation (A), second incubation (B), third incubation (C), fourth incubation (D),
and fifth incubation (E) cycle mean soil NO3-N mineralization patterns for control, corn, pea, radish,
soybean, spring wheat, and winter wheat crop residue treatments. Different letters within each graph
indicate significant difference at the 0.05 level using Tukey’s comparison test.

For example, the forage radish (C/N = 8) NO3-N mineralization mean is significantly
higher when compared to each crop residue treatment and the bare, unamended soil during
all five freeze and thaw periods. Pea (C/N = 18) shows increased N mineralization over
the bare, unamended soil in all five freeze and thaw periods, with a steady increase in
mineralization beginning in cycle 3 and beyond. All other crop residue treatments with
higher C/N ratios (corn (C/N = 73), soybean (C/N = 53), spring wheat (C/N = 76), and
winter wheat (C/N = 101)) exhibit patterns of soil NO3-N immobilization.

A closer examination of the mean soil NO3-N mineralization patterns over freeze and
thaw periods (Figure 1) indicates a wide range in soil NO3-N variation from the mean that
is consistent for the forage radish crop residue treatment. This is because the forage radish
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crop residue possesses available N and other nutrients required by microorganisms, in
addition to what the soil harbors itself; therefore, the microbes have plentiful food options
based upon their wants and needs and N contained in the plant material. Conversely, the
wider C/N ratio crops (corn, soybean, spring wheat, and winter wheat) exhibit narrower
soil NO3-N variation from the mean N mineralization from the soil and possess limited
nutrient availability in the soil, creating an environment where it is much harder for
microbes to extract N, illustrating the inverse relationship with the C/N ratio (i.e., as the
C/N ratio decreases, range increases). With this information alone, it appears that freeze
and thaw effects on mean soil NO3-N mineralization vary based on crop residue treatment
and the C/N ratio of the material.

The bare, unamended soil, absent of any crop residue treatment, shows a cumu-
lative soil NO3-N mineralization pattern that increases with freeze and thaw periods.
Cumulative values of soil NO3-N mineralization of the five cycles are 11, 19, 19, 147,
and 122 mg NO3-N kg−1, respectively (Table S1). From this, it is evident that soil NO3-N
mineralization in the control itself is increasing in the absence of any crop residue on the
soil surface. This cumulative build-up may be evidence of the microbial shift mentioned
previously that is preferentially attacking the native SOM. Because there is no carbon source
added to the soil, microbes compete for a relatively stable (C/N = 10–12) nutrient source,
whereby the N is then released from stable SOM. When examining soil NO3-N mineral-
ization further over the incubation cycles for each crop residue treatment, mineralization
shifts from cycles representing the early growing season towards the mid-growing season
cycles with increased freeze and thaw periods. For example, during the first incubation
cycle, on day 14, soil NO3-N mineralization values are significantly higher than the other
incubation cycles (days) for each crop residue treatment (Figure 3). During the second
incubation cycle, on day 28, soil NO3-N mineralization is significantly higher for all crop
residue treatments and day 14 shows the lowest soil NO3-N mineralization values overall
(Figure 3). In cycle 3, no significant differences occur among incubation cycles for all crop
residue treatments (Figure 3). The shift becomes evident in the fourth incubation cycle,
where soil NO3-N mineralization is significantly different on days 42, 56, and 70 from the
other incubation cycles (Figure 3). In the fifth incubation cycle, soil NO3-N mineralization
is significantly higher in the mid-growing season (day 42) from all other incubation cycles,
while day 84 indicates significantly lower soil NO3-N mineralization values (Figure 3). This
pattern of NO3-N mineralization release with the increasing number of freeze and thaw
periods is of importance to pinpoint when nutrients might be available to plants. From this
analysis, increased freeze and thaw periods can contribute to nutrient availability in the
mid-growing season period, when plants often need it the most.

When evaluating the individual crop residue treatments and their contributions to soil
NO3-N mineralization averaged over all incubation cycles these can be ranked as forage
radish > pea > bare, unamended soil ≥ corn = winter wheat = spring wheat = soybean
(47.80 > 19.86 > 10.57 > 0.94 = 0.76 = 0.70 = 0.66 mg NO3-N kg−1, respectively). Forage
radish is significantly different from all crop residues treatments and the bare, unamended
soil. The pea crop residue treatment is significantly different from the bare, unamended
soil. The corn, soybean, spring wheat, and winter wheat crop residue treatments are always
less than mg NO3-N kg−1, are similar, and significantly different from the forage radish,
pea, and unamended soil control.
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Figure 3. First incubation (A), second incubation (B), third incubation (C), fourth incubation (D),
and fifth incubation (E) cycle mean soil NO3-N mineralization patterns for control, corn, pea, radish,
soybean, spring wheat, and winter wheat crop residue treatments by incubation period.

Figure 4 shows the average daily trends of soil NO3-N mineralization and immobiliza-
tion from the crop residue treatments during each incubation cycle (n = 5) to determine
whether NO3-N in the crop residue contributes to N availability in the soil. The bare,
unamended soil is represented by the zero line. Above the zero line indicates N mineraliza-
tion, while below the zero line suggests N immobilization. Mineralization/immobilization
quantities differ based on the number of incubation cycles. Daily mineralization and immo-
bilization NO3-N values ranged from −0.20 to 2.53 mg NO3-N kg−1 for the first cycle, from
−0.34 to 18.61 mg NO3-N kg−1 for the second cycle, from −0.30 to 7.74 mg NO3-N kg−1 for
the third cycle, from −2.32 to 4.60 mg NO3-N kg−1 for the fourth cycle, and from −2.15 to
4.96 mg NO3-N kg−1 for the fifth cycle. From these figures, it is evident that forage radish
and pea are the only crops mineralizing at or above the bare, unamended soil control levels.
All other crops (corn, soybean, winter wheat, and spring wheat) show N immobilization
for each leaching of every incubation cycle.
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Figure 4. First incubation (A), second incubation (B), third incubation (C), fourth incubation (D), and
fifth incubation (E) cycle daily mean mineralization/immobilization of soil NO3-N.

These N mineralization/immobilization trends are consistent with the results provided
earlier from crops with a narrower C/N ratio being the only ones to show mineraliza-
tion above the bare, unamended soil. Patterns of the average daily NO3-N mineraliza-
tion/immobilization trends are also similar to the trends observed when examining the
overall mean for each freeze and the cycle, where increases are observed in the earlier grow-
ing season for cycles 1 and 2 and where increases are observed in the mid to late growing
season in cycles 4 and 5. These patterns are also generally consistent regardless if above or
below the control, although they are heavily influenced by the forage radish results.

4. Conclusions

Accumulation of crop residue on the soil surface did not increase soil NO3-N miner-
alization. Narrow C/N ratio crop residue treatments influenced the rate of soil NO3-N
mineralization, as was evident with the forage radish and pea crop residue treatments
being the only ones to mineralize. This can help to inform freeze and thaw effects on
NO3-N mineralization in a frigid environment such as North Dakota, where producers
are limited to short growing seasons. The number of incubation cycles may have had a
direct effect on the mineralization process for all the crop residue treatments, where cycle 4
and cycle 5 were noted to release the most NO3-N, particularly in the mid to late growing
season as cycles increase. Wide C/N ratio crop residue such as corn, soybean, spring wheat,
and winter wheat showed a net immobilization effect for every incubation cycle. The bare,
unamended soil showed a cumulative increase in NO3-N mineralization cycle-over-cycle.
It would have been expected that the addition of a carbon source to the soil surface, in the
form of crop residue, would have been at or above the rate of the control as carbon would
act as a new nutrient source for microorganisms to decompose and release nutrients back to
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the soil (e.g., nitrate). This was not found to be true and indicates a state where degradation
of the native SOM occurs, which may eventually contribute to soil degradation. In other
words, the absence of a carbon source addition may lead microorganisms to seek a carbon
source from the soil itself. When this occurs, it is due to the lack of nutrient substrate
from organic matter. Thus, the microorganisms themselves release nutrients, including
nitrogen, from the organic matter in the bare, unamended soil. Future studies may consider
examining the addition of nitrogen fertilizer to determine whether it may aid in facilitating
soil NO3-N mineralization in fields under a long-term no-till system with wide C/N ratio
crop residues, offsetting the mineralization of N by decomposing crop residues or releasing
N from the death of microorganisms.

There are several directions in future research that can be informed by our results.
Further studies should examine the effect of the freeze and thaw cycle as well as the mi-
crobial count and community to better understand soil NO3-N mineralization source and
sink. Microbes require nitrogen as a nutrient source; thus, limited nutrients in a cropping
system may be observed where the volume of crop residue and the recommended fer-
tilizer additions or credits are not equitable. In addition, further studies incorporating
increased fertilizer may provide insights on the impacts of wide C/N ratio crop residues
on NO3-N mineralization source and sink. A limitation of this study was the homogenous
crop residue on the soil surface, whereas in a field setting, a mixed residue application
(i.e., a sequence of different crops in a rotation) would more closely align with field condi-
tions in a production environment.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/nitrogen3020011/s1, Table S1: Mean and cumulative NO3-N
mineralization for nine incubation cycles and overall mean for corn, flax, pea, radish, soybean,
spring wheat, and winter wheat crop residues for Heimdal-Emrick, Fargo, and Forman soil series in
North Dakota.
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Abstract: Urban landscapes are not homogeneous, and small-scale variations in plant community
or management inputs can give rise to a large range of environmental conditions. In this paper, we
investigated the small-scale variability of soil nitrogen (N) properties in a single urban landscape that
has distinctly different patches or types of cover. We specifically measured soil net N mineralization,
nitrification, and exchangeable forms of inorganic N for patches with traditional turfgrass versus
patches with common turfgrass alternatives such as ornamental grasses, groundcovers, and mulches.
All soil N properties were variable among landscape patches, showing that soil N processing can vary
on scales of a few meters. Notably, both mineralization and nitrification were the highest in a patch
covered with perennial peanut, but exchangeable nitrate (NO3

−) was low for the same soil, indicating
that soils under perennial peanut may be producing high levels of inorganic N but that the produced
N does not stay in the soil, possibly leaching to underlying groundwater. We recommend future
studies on the mechanisms that drive the variable N properties seen under distinct urban landscape
patches, with special emphasis on potential patterns in N losses for mixed-vegetation landscapes.

Keywords: nitrogen mineralization; nitrification; turfgrass; residential landscapes; landscape patches;
urban soils; perennial peanut; urban landscapes

1. Introduction

A well-managed, aesthetically pleasing landscape is associated with wellbeing in
many residential landscapes, and the area of turfgrass in the United States is larger than
that for any irrigated crop [1]. For many urban homeowners in the United States, turfgrass
is the predominant lawn cover. To maintain a healthy, attractive turfgrass cover, regular
fertilization, irrigation, and pest control management plan is often established [2]. Besides
the associated economic implications, the fate and potential loss of nutrients (nitrogen and
phosphorus) from fertilized turfgrass have important implications for aquatic ecosystems
since nutrients mobilized by leaching and/or runoff may impair receiving waterbodies
through eutrophication and algal proliferation [3–5].

While numerous studies have indicated that nutrient losses via leaching and runoff
are minimal from healthy, properly maintained turfgrass and that turfgrass lawns are sinks
of nitrogen (N) in urban watersheds [6–8], turfgrass fertilizers are increasingly targeted by
management practices and policies aimed at reducing anthropogenic nutrient inputs to
aquatic ecosystems [9]. For example, in Florida, more than 50 counties and municipalities
have enacted fertilizer ordinances that often prohibit any application of N- and phosphorus
(P)-bearing fertilizers to urban lawns during Florida’s summer rainy season (June to
September) each year [10,11]. The premise behind these bans is that summer rains may
lead to increased leaching and runoff losses of N and P applied as fertilizer to lawns, in
turn leading to increased anthropogenic nutrient loading to nearby waterbodies. To date,
the efficacy of the fertilizer ban ordinances has not been demonstrated, and they remain
controversial strategies for urban nutrient management [12,13].

Nitrogen 2022, 3, 118–127. https://doi.org/10.3390/nitrogen3010009 https://www.mdpi.com/journal/nitrogen145



Nitrogen 2022, 3

To address urban nutrient management needs, we need not only more studies on the
mechanisms and extent of nutrient mobilization from urban landscapes but also a better
understanding of soil nutrient dynamics in these landscapes [14,15]. Nutrients associated
with soil organic matter pools have been identified as one source of N and P that may be
mobilized from urban lawns to stormwater runoff [5,16,17]. We also need research focused
on a wider variety of potential urban landscape covers, such as mulches or ornamental
plants other than turfgrass. Only a few studies have investigated differences in soil nutrient
cycling between turfgrass monoculture lawns and lawns with a mix of species. In one
such study, Erickson et al. [8] compared N leaching and runoff from a St. Augustine
turfgrass monoculture versus a mixed-species lawn in Florida. For both lawn types, N
losses via surface runoff were minimal, but leaching losses were substantial, especially for
the mixed-species lawns, which lost up to 48.3 kg N ha−1 via leaching. By comparison, the
turfgrass lawns in the study lost 4.1 kg N ha−1 via leaching, indicating that the turfgrass
was more effective than mixed-species vegetation for preventing N leaching from lawns.
In another study, Amador et al. [18], studied pore water nitrate (NO3

−) concentrations
at 60 cm soil depth under turfgrass versus various landscape covers, including flowers,
shrubs, and unplanted mulched beds. In their study, flowers, managed turfgrass, and
ornamental deciduous and evergreen trees represented a lower risk of NO3

− loss from
the soil than unplanted mulched areas, which the authors recommended should be used
sparingly in urban landscapes because of the potential for NO3

− leaching to groundwater.
Amador et al. [18] suggested that these unplanted mulched areas were more susceptible to
NO3

− leaching because there was no plant sink for N produced by mineralization of soil
organic N. That study also noted that unplanted mulched landscape beds lost via leaching
nearly twice the NO3

− input to the landscape through atmospheric deposition, making the
unplanted mulched areas net sources of NO3

− to the underlying groundwater.
The sparse studies on soil N dynamics in mixed-species urban landscapes are in line

with the framework for urban soil ecology presented by Byrne [19], in which the hetero-
geneity commonly found in urban landscapes gives rise to a specific “habitat structure,” or
a unique composition of physical matter with consequent unique effects on local ecological
variables. Variation in habitat structure gives rise to differences in soil pH, moisture content,
microbial populations, temperature, and vegetation cover, which in turn may all cause
variations in the N cycling processes within an urban landscape [15,20–22]. This means that
distinct patches may emerge, creating a landscape mosaic where ecological variables can
vary at scales of just a few meters or less. In this study, we selected a mixed-species urban
landscape with this type of small-scale patchiness in vegetative cover and investigated the
spatial variability of inorganic N production in soils. We hypothesized that differences in
landscape cover at a spatial scale of meters would result in varying levels of soil inorganic
N production, as measured by nitrification and net N mineralization rates. We tested
this hypothesis by evaluating N cycling processes in soils under traditional turfgrass and
several common ornamental alternatives to turfgrass.

This work is important because it helps constrain and fill knowledge gaps related to N
cycling processes in urban soils by focusing on small-scale differences that are common in
urban landscapes. While previous studies mentioned above [8,18] have focused solely on
N leaching from mixed-vegetation landscapes, this work adds the body of knowledge by
focusing on N cycling processes, namely mineralization, and nitrification. Typically, urban
lawns and other green spaces are broadly categorized as “lawn” or “turfgrass,” when in
reality, they are seldom turfgrass monocultures but instead a mosaic of various vegetative
types and ground covers. As we grapple with water quality degradation associated with
excess nutrients from urban landscapes, research models may be used to predict the
transformations and movement of N in urban soils—and accounting for the expected
mosaic of variable N processing in urban soils can lead to improvements in those modeling
efforts. For example, in Florida, the Nitrogen Source Inventory and Loading Tool (NSILT)
is a model used to predict the fate of fertilizer N applied to urban landscapes. The model
is based on the best available data on N inputs and N transformations in urban soils but
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is informed only by data on N cycling in turfgrass soils, without consideration for other
land cover types (e.g., flower beds or mulched areas) [23]. In this work, we show how N
cycling processes in a single urban landscape can be highly variable, and we argue that
efforts to constrain the fate of urban nutrient sources can be improved by greater attention
to mixed-vegetation landscape scenarios as well as data at finer spatial scales.

2. Materials and Methods

2.1. Study Site

The research was carried out at the University of Florida’s Gulf Coast Research and Ed-
ucation Center (UF-GCREC) in Hillsborough County, Florida (27◦45′39.2′ ′ N 82◦13′47.4′ ′ W),
which is part of the Tampa metropolitan area. The research center was constructed in 2005
on abandoned citrus farmland. Its main building was surrounded by a variety of orna-
mental vegetation cover that is typical of urban residential and commercial land uses in
the Tampa, Florida area, including turfgrass, landscape trees, and flowering shrubs in
mulched beds. The annual average precipitation of the site was 1325 mm, and the annual
temperature ranged from 11–32 ◦C. The soils at the research center were mostly sandy
spodosols of the Zolfo series (sandy, siliceous, hyperthermic oxyaquic Alorthods) [24].

2.2. Selection of Landscape Patches and Soil Sampling

We selected 6 distinct urban landscape patches surrounding UF-GCREC and 1 remnant
agricultural (Agr) patch for soil sampling and analysis of inorganic N production (Table 1).
The non-agricultural patches were turfgrass (TfGr) and potential turfgrass alternatives
common for residential landscapes in Florida, which included 1 patch of perennial peanut
(PP), a low-growing alternative ground cover; 2 patches with ornamental grasses and
shrubs (OMx and OGa); and 2 patches consisting mostly of mulch with little or no other
vegetation (MulP and MulC). Table 1 describes the vegetation and other characteristic
features of each landscape patch.

Table 1. Description of landscape patches.

Landscape Patch Image Description and Management Practice

TfGr

 

• Bermuda turfgrass (Cynodon dactylon)
• Rainfall supplemented with sprinkler irrigation to achieve

at least 0.5 inches of water per week
• Mowed to maintain a height of about 3–4 inches

PP

 

• Leguminous perennial peanut (Arachis pintoi)
• Rainfall not supplemented with irrigation

OMx

 

• Beds of mixed ornamental vegetation, including spider
plant (Chlorophytum comosum), white ginger plant
(Hedychium coronarium), giant spider lily (Crinum
asiaticum), and creeping lantana (Lantana montevidensis)

• Rainfall supplemented with sprinkler irrigation to achieve
at least 0.5 inches of water per week

OGa

 

• Beds of ornamental gamma grass (Tripsacum dactyloides)
• Rainfall supplemented with sprinkler irrigation to achieve

at least 0.5 inches of water per week
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Table 1. Cont.

Landscape Patch Image Description and Management Practice

MulP

 

• Mulched with pine needles; no vegetation
• Rainfall not supplemented with irrigation

MulC

 

• Mulched with pine bark nuggets; no vegetation
• Rainfall not supplemented with irrigation

Agr

 

• Fallow agricultural pasture used 6 months earlier for
strawberry production

• Selected to provide a contrast comparison of N between
residential landscapes and a remnant agricultural field

Soil sampling took place on each landscape patch in September 2018. We used a
hand auger to take 5 cm-diameter cores from 4 random locations within each patch to
a depth of approximately 52 cm. All 4 cores for each patch were then each divided into
3 subsamples by depth (0–15 cm, 15–30 cm, and 30–52 cm) to provide 4 field replicates
for each depth per landscape patch. Subsamples of the soils were then air dried and
sieved through a standard #10 (2 mm) sieve and analyzed for soil pH, total soil N, and
total soil C. Soil pH was measured with a soil:water 1:2 (w/v) slurry. Total soil N and C
were measured on a Thermo Flash 1112 A NC Soil Analyzer in the University of Florida
Wetland Biogeochemistry Laboratory. Field moist sieved soils were used to analyze for soil
gravimetric water content, percent organic matter, and exchangeable inorganic N. Percent
organic matter was determined via the loss on ignition method. Exchangeable inorganic N
(NOx and NH4

+) was determined by extracting 10 g soil with 50 mL 2 M KCl for 1 h and
analyzing for NO3

− and NH4
+ via a continuous segmented flow analyzer (AA3, SEAL Inc.,

Mequon, WI, USA) by EPA methods 353.2 and 350.1, respectively.

2.3. Inorganic Soil Nitrogen Production

We defined inorganic N production as the rates of production of NH4-N (mineraliza-
tion) and NO3-N (nitrification). Mineralization is the microbial process whereby organic
N is converted to mineral N, while nitrification is the process whereby ammonium N is
converted to NO3

−N by aerobic bacteria. Both soil net mineralization and nitrification
rates were determined after methods described by Raciti et al. [15]. Briefly, 10 g field moist
soil was incubated in Erlenmeyer flasks for 14 days with a 12:12 light/dark cycle and at lab
ambient temperature (approximately 22 ◦C). Flasks were loosely covered with parafilm,
and DI water (<2 mL) was periodically added to the soils as needed to maintain field
capacity moisture conditions during the incubation. At the conclusion of the incubation
period, soils were extracted with 50 mL 2 M KCl and analyzed for NO3

− and NH4
+ as

above. A separate set of flasks and soils was likewise analyzed but without incubation and
taken as the time zero, or initial, measurements. At the conclusion of the incubation period,
net mineralization was calculated as the accumulation of total inorganic N (NH4

+ + NO3
−)

and nitrification was calculated as the accumulation of NO3
−. Results were expressed

in mg N kg soil−1 day−1, after using the initial gravimetric soil water content to base
calculations on the equivalent dry mass of soil in each flask. Results were examined for
each landscape patch by depth as well as on a whole-core basis [15].

2.4. Statistical Analysis

Descriptive statistics to relate mean, median, and standard errors for rates of inorganic
N production were developed for each landscape patch with JMP v.15 software (SAS
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Institute, Inc., Cary, NC, USA). Regression analysis was used to examine possible linear
relationships between mineralization and nitrification rates for each landscape patch, also
with JMP v.15 software.

3. Results and Discussion

3.1. Inorganic Soil Nitrogen Production

For all landscape patches, median whole core net mineralization and nitrification were
highest in the Agr soils, with median rates of 1.1 mg and 0.7 mg N kg/d, respectively
(Figure 1; Table S2, Supplementary Materials). Whole core net mineralization and nitrifica-
tion were next highest in the PP soils (median 0.8 and 0.5 mg N kg/d, respectively). The
relatively high inorganic N production rate results for the PP patch could be related to the
ability of perennial peanut to fix atmospheric N in the soil in the presence of rhizobia bacte-
ria [25]. In the process of N fixation, atmospheric dinitrogen is cleaved and enzymatically
catalyzed to produce two molecules of ammonia, leading to subsidies of NH4

+ to the soil.
When soil NH4

+ levels are initially low, net mineralization is slow because inorganic N
is preferentially incorporated into microbial biomass [26]. On the other hand, increasing
levels of soil NH4

+ have been shown to increase N mineralization rates in soils [26]. In
this way, it is likely that N fixation by the perennial peanut led to high initial levels of soil
NH4

+, which in turn promoted the high N mineralization rates seen in the PP soil. We are
aware of no studies on the fate of fixed N when perennial peanut is used as a turfgrass
alternative in urban landscapes. However, as discussed below, exchangeable NO3

− was
lower in the PP soils than all other landscape patches, indicating that even though the PP
soils had high levels of NO3

− production (nitrification), they were not maintaining high
NO3

− levels. Potential fates of the produced NO3
− to explain its loss in the PP soils include

denitrification, plant uptake, and leaching. The well-oxygenated and low organic matter
conditions of our sandy soils make denitrification unlikely, since denitrification requires
oxygen-limited environments and an organic carbon source [27]. We recommend future
studies to investigate whether the inorganic N produced in soils under perennial peanut
is readily lost via leaching, especially in sandy soils where NO3

− mobility would be high.
While perennial peanut offers water-saving advantages over traditional turfgrass [28], it
may come with the tradeoff of greater inorganic N leaching potential, though this has not
been studied yet for urban soils.

Figure 1. Net N mineralization (a) and nitrification (b) rates in landscape patches. Values based
on whole-core basis. Agr; remnant agricultural field, TfGr; turfgrass, PP; perennial peanut, OMx;
patches with a mixture of ornamental grasses, OGa; patch with gamma grass, MulP; patch with pine
needle mulch, MulC; patch with pine bark nuggets.

After Agr and PP, the TfGr soils had the third highest median rates of net N mineraliza-
tion and nitrification (Figure 1; Table S2). There were likely fertilizer subsidies of inorganic
N in both the Agr and TfGr patches. As with the PP soils, relatively high initial levels of
inorganic N for Agr and TfGr probably led to higher inorganic N production rates during
the soil incubations when compared to non-perennial peanut turfgrass alternatives (OMx,
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Oga, MulP, and MulC patches) [26]. For all landscape patches except the mulched areas
(MulP and MulC), regression analysis revealed a significant linear relationship between
nitrification and net mineralization on a whole-core basis (Figure 2). This is not surprising
since nitrifying bacteria need ammonia as an energy source thus that nitrification generally
increases with increasing ammonia levels in soils [27]. Identifying the underlying mecha-
nism responsible for the lack of this relationship under the mulched landscape areas was
beyond the scope of this paper, but factors that may inhibit nitrification include soil C:N
ratios above ~22, acid soil pH conditions, and low oxygen availability [15]. We observed
that the MulP landscape patch had the highest C:N among all landscape types (~22–23,
Table S1), possibly indicating suppressed nitrification and a relatively less active N cycling
microbial community in the MulP soils.

Figure 2. Regressions of nitrification against net N mineralization in the landscape patches, on a
whole-core basis. Agr; remnant agricultural field, TfGr; turfgrass, PP; perennial peanut, OMx; patch
with a mixture of ornamental grasses, OGa; patch with gamma grass, MulP; patch with pine needle
mulch, MulC; patch with pine bark nuggets.

3.2. Exchangeable Inorganic Soil Nitrogen

Among the non-agricultural soils (all patches except Agr), the PP soils contained the
highest median KCl-exchangeable NH4

+ (1.4 mg/kg) but the lowest KCl-exchangeable
NO3

− (0.4 mg/kg) on a whole-core basis (Figure 3). As discussed above, this relatively
low exchangeable NO3

− pool for the PP soils indicates that N losses via leaching may be
taking place. While the use of perennial peanut for urban landscapes has not been studied
in terms of its potential for increased N leaching, several studies have looked at this for
agricultural settings where perennial peanut is used for forage crops or as a cover crop.
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Woodard et al. [29] observed that a forage system with perennial peanut leached more
N than a comparable one with bermudagrass. In that study, the authors concluded that
perennial peanut might pose threats to groundwater quality under agricultural systems
because of its apparent role in subsidizing high NO3

− levels in the soil.

Figure 3. Exchangeable soil ammonium (a) and nitrate (b) in the landscape patches. Values are on a
whole-core basis. Agr; remnant agricultural field, TfGr; turfgrass, PP; perennial peanut, OMx; patch
with a mixture of ornamental grasses, OGa; patch with gamma grass, MulP; patches with pine needle
mulch, MulC; patch with pine bark nuggets.

The mulched landscape patches (MulP and MulC), for which vegetation was absent,
contained higher mean pools of exchangeable NH4

+ and NO3
− than the turfgrass and

ornamental patches, though there was considerable spread in the data (Figure 3). It is likely
that the mulched landscapes had higher mean exchangeable inorganic N due to the lack of
a plant sink to remove inorganic N from the soils [18]. It is also likely that the mulches con-
tained their own pools of N, which leached from the mulch and added to soil N pools [30].
In a study of several urban landscape alternatives, Loper et al. [30] observed that organic
soil amendments such as composts could increase inorganic N leaching when compared to
soils without amendments. In that study, the authors recommended that landowners did
not apply nutrients to mulched areas and that landscape managers recognize that different
patches of the same landscape may have different management needs.

In general, exchangeable NH4
+ was highest in the surface 0–15 cm for all soils, while

NO3
− was generally higher with soil depth, perhaps indicating a tendency for NO3

−
to move downward in the soil profiles that are predominantly sand (Figure 4). At the
30–52 cm soil depth, exchangeable NO3

− was higher in 4 out of 6 non-agricultural soils
than it was in the Agr soil, indicating that the urban landscape patches may pose a greater
threat of NO3

− leaching than the agricultural soil (Figure 4). Turfgrass N fertilization has
been found to contribute to the leaching of NO3

− in Florida’s sandy soils. For example,
Shaddox and Surtain [31] found that applied N in Bermuda grass turf leached between 8%
and 12% on a 10% slope. Notably, the NO3

− concentrations in the 30–52 cm depth for the
mixed ornamental (OMx) and the gamma grass patch (OGa) were in sharp contrast to each
other, with much more NO3

− at depth for the mixed ornamental patch than for the gamma
grass patch. Gamma grass is one of the most deeply rooted ornamental grasses, with root
depth up to 1.8 m [32], and its deep rooting may be contributing to N uptake deep in the
soil profile.
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Figure 4. Exchangeable soil ammonium (a) and nitrate (b) in each landscape patch by soil depth.
Agr; remnant agricultural field, TfGr; turfgrass, PP; perennial peanut, OMx; patch with a mixture of
ornamental grasses, OGa; patches with gamma grass, MulP; patch with pine needle mulch, MulC;
patch with pine bark nuggets.

4. Management Implications and Future Research Needs

It is beyond the scope of this paper to make recommendations about which landscape
patch is preferable from a N availability or groundwater protection standpoint, as our
main intent was to only investigate fine-scale variability in N production in a mixed-
vegetation urban landscape. However, some key takeaways are manifest in our results.
The first of these is that inorganic N availability and production were, in fact, highly
variable among landscape patches at scales of a few meters, in support of our hypothesis.
This finding supports the habitat structure framework of urban soil ecology presented by
Bryne [19], who argued that the high spatial heterogeneity of human activities in urban
landscapes leads to a large range of soil properties at often small scales. The presence of soil
amendments such as mulches or plants such as perennial peanuts that can subsidize soil N
pools is just two ways that humans influence urban soil properties. We have shown here
that inorganic N production is variable in a single urban landscape and have presented
some discussion as to why this may be the case for our specific landscape patch types.
At a minimum, we argue that urban landscapes should not be broadly managed but
that landscape managers should recognize that the nutrient needs of patches within a
single landscape may be different and that the nutrient fates in soil under those patches
may also be different. This has important implications for how urban soil properties are
included in models that aim to predict nutrient transport from urban landscapes. Very
likely, we need spatially finer-scale investigations of nutrient fate and transport in urban
landscapes, especially those with mixed vegetation or heterogeneous human influences.
Too often, urban landscapes are assumed to be covered with turfgrass only, and other
possible land covers need to be more fully considered by those who aim to quantify the
effects of urbanization on the environment.

A second key takeaway of this work is the implication related to potential N losses
by leaching from certain landscape patches. The high nitrification potential of perennial
peanut seen here suggests that this turfgrass alternative may produce NO3

− that can
be readily leached from sandy soils. However, our sample size was small, and similar
work should be conducted in the future to expand the temporal and spatial scope of this
work. In particular, we recommend studying N leaching under perennial peanut when it is
used as an urban groundcover. We also recommend future work to better understand the
mechanisms that drive the differences in potential N losses we observed among landscape
patches. Some of the potential drivers include irrigation status, soil pH, moisture content,
organic matter content, and variations in the soil microbial community. Finally, because
urban landscapes are tied to human activities, we recognize that sociocultural variables
may drive differences in soil properties as well [33,34]. These sociocultural variables may
include the choice of plants that are used in ornamental beds. For example, we observed
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that the two ornamental patches had very different levels of inorganic N at the greatest soil
depth, likely due to greater uptake of N at depth by the deeply rooted gamma grass. This
human choice as to which plants to include in a landscape may therefore impact N losses
by leaching through the soil profile.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/10
.3390/nitrogen3010009/s1, Table S1, Basic soil physical/chemical properties for landscape patches
used in this study; Table S2, Raw data showing nitrification, mineralization, and exchangeable
inorganic N for all landscape patches and soil depths.
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Abstract: The worldwide demand for vegetable oils is rising. Oilseed rape (Brassica napus) diversifies
cereal dominated crop rotations but requires important nitrogen input. Yet, the root organ is offering
an untapped opportunity to improve the nitrogen capture in soil. This study evaluates three culture
systems in controlled environment, to observe root morphology and to identify root attributes for
superior biomass production and nitrogen use. The phenotypic diversity in a panel of 55 modern
winter oilseed rape cultivars was screened in response to two divergent nitrate supplies. Upon
in vitro and hydroponic cultures, a large variability for root morphologies was observed. Root
biomass and morphological traits positively correlated with shoot biomass or leaf area. The activities
of high-affinity nitrate transport systems correlated negatively with the leaf area, while the combined
high- and low-affinity systems positively with the total root length. The X-ray computed tomog-
raphy permitted to visualize the root system in pipes filled with soil. The in vitro root phenotype
at germination stage was indicative of lateral root deployment in soil-grown plants. This study
highlights great genetic potential in oilseed rape, which could be manipulated to optimize crop root
characteristics and nitrogen capture with substantial implications for agricultural production.

Keywords: Brassica napus; natural variation; nitrogen nutrition; root system architecture

1. Introduction

Agriculture is facing the challenge of producing more food while reducing the negative
environmental impact of nitrogen (N) fertilization. Synthetic N fertilizers come with
elevated prices. Such costs are not only economical but also environmental, as fertilizers
cause groundwater pollution by nitrate leaching [1,2] and air pollution by nitrous oxide
emission [3,4]. Hence, there is a need to reduce the environmental footprint by lowering the
fertilizer inputs. Breeding crops with greater Nitrogen Use Efficiency (NUE) is one solution
to achieve that goal [5]. Agronomically, it is calculated as the ratio of crop yield to N units
available. The NUE is a combination of the Nitrogen Uptake Efficiency (NUpE)—the ability
of the crop to take up N from the soil and the Nitrogen Utilization Efficiency (NUtE)—the
ability of the crop to utilize the absorbed N for producing yield [6,7]. The root system
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architecture defines the spatial distribution of roots in the soil, which translates the ability
of the plant to acquire soil resources [8]. At present, root-based approaches are being
developed to improve NUE in various crops [9,10]. Still, methods for phenotyping crop
root system architecture can be challenging.

Oilseed rape (Brassica napus) has poor NUE, with a low ratio of seeds produced per N
unit applied [11]. Thus, improving NUE is essential to ensure the environmental and eco-
nomic sustainability of that crop production [12,13]. Breeding programs are largely focusing
on NUtE in above-ground organs [14–16] and research on soil and below-ground processes
are limited [17]. Yet, the root organ holds potential for NUpE improvement [18,19]. Oilseed
rape offers a large genetic diversity of root morphologies [20–23]. Nonetheless, literature
on the influence of N nutrition on root growth and development in that crop is still scarce
compared to parented Arabidopsis thaliana. In the model species, a dual effect of nitrate on
lateral root development is described: (i) a systemic inhibition of uniformly elevated nitrate
concentrations occurs on lateral root elongation at the post-emergence developmental stage
and (ii) a localized stimulation of nitrate-rich patches triggers lateral root growth in a low
N environment, known as the foraging capacity [24–27]. The exploitation of Arabidopsis
has unveiled some molecular networks shaping root morphology in response to nutritional
factors [28–32].

Several study cases showed that root morphology optimization results in greater plant
productivity and increased nutrient stress tolerance [33,34]. A rapid root proliferation may
be a determining factor for accessing N from deep layers of quickly leaching or drying
soils [18]. The NUpE can be improved by redesigning a more branched root system that
explores a larger soil volume to prevent N leaching [18,35]. There are indications that at
low N supply, high-yielding oilseed rape cultivars are characterized by expansive root
growth during the vegetative stage or after the flower stem extension [36,37] and by great
N uptake [38]. These observations support the hypothesis that large root phenotypes may
enhance N acquisition. Nevertheless, conflicting views may be expressed regarding a
possible trade-off between profuse root system, contributing to the capacity of N uptake,
and metabolic costs associated with the growth and maintenance of the root organ [39].

This study explores the natural variation of root morphology in response to the nitrate
supply among a diversity panel of 55 modern winter oilseed rape cultivars. The technical
objective was to set up and assess the relevance of three culture systems to observe root
morphology at different growth stages. Eventually, we sought to strengthen the premise
that (i) root biomass production and morphological traits could be positive indicators of
above-ground biomass production and (ii) larger root system size would confer greater
N uptake.

2. Materials and Methods

2.1. Plant Material

Seeds of 55 winter oilseed rape cultivars were obtained from the Walloon Agricultural
Research Centre (CRA-W), Gembloux, Belgium. The description of these lines is given in
Table S1.

2.2. In Vitro Culture and 2D Root Morphology Analysis

The in vitro culture was conducted in a growth chamber at a constant temperature
of 21 ◦C and a photoperiod of 16 h light (40 μmol photons m−2 s−1)/8 h darkness. Seeds
of 55 cultivars were sterilized in 2 mL microtubes after sequentially adding 70% (v:v)
ethanol for 10 min, 20% (v:v) hypochlorite solution for 5 min and rinsing twice with sterile
water. Then, seeds were plated on square (12 cm × 12 cm) dishes filled with a modified
Murashige-Skoog (MS) medium containing 0.010 mM KNO3 + 9.090 mM KCl (hereby
referred as low nitrate treatment, N−) or 10 mM KNO3 (high nitrate, N+) and 2% (w:v)
plant agar (Duschefa, Haarlem, the Netherlands) [40,41]. Seeds were stratified during
two days at 4 ◦C. After three days, seedlings were transferred to a fresh growth medium
of identical composition. The top portion (~3 cm) of the agar medium was cut and four
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seedlings were inserted between the gel matrix and the bottom of the plate (Figure 1a).
Three plates containing four seedlings per cultivar and per N condition were prepared.
Seedlings grew during four days prior to harvest, corresponding to seven days after
germination. Root and shoot organs were separated and dried at 60 ◦C. The pooled dry
weights of four organs from one plate were measured. For root morphology observation,
the dishes were scanned at a resolution of 400 dpi. The scans were annotated using the
RootNav image analysis software [42].

Figure 1. Culture systems used to grow oilseed rape cultivars. (a) Vertically placed agar plates (size: 12 cm × 12 cm);
(b) Hydroponic containers (capacity: 8 L); (c) Column filled with soil (d: 5 cm, h: 30 cm).

2.3. Hydroponic Culture, Physiological Characterization, and Nitrate Uptake Assays

The hydroponic culture was performed in a growth chamber at a constant temperature
of 20 ◦C, a photoperiod of 8 h light (150 μmol photons m−2 s−1)/16 h darkness and a
relative humidity of 60%. First, seeds of 12 selected cultivars were sown in peat-based
soil (DCM Maison et Jardin, EAN:5413448070033) and stratified during two days at 4 ◦C.
After five days, the roots were carefully rinsed with water and seedlings transferred for
seven days into hydroponic containers, with dimensions 35 cm × 25 cm × 13.5 cm and
filled with 8 L of nutrient solution (Figure 1b). Plants were first fed during nine days with a
nutrient solution containing 1 mM Ca(NO3)2 [43,44], then during seven days with solutions
containing 0.1 mM Ca(NO3)2 + 1.9 mM CaCl2 (N−) or 1 mM Ca(NO3)2 (N+). Five plants
per cultivar and per N condition were cultivated. Plants were harvested after nine days of
treatment, corresponding to 21 days after germination. Roots and leaves were separated
and scanned at a resolution of 400 dpi. Total root lengths were measured with the image
analysis software Optimas 6.0 (Meyer Instruments, Inc., Houston, TX, USA). Organs were
dried at 60 ◦C and dry weight was measured. Between 10 and 50 mg of crushed organ
samples were analyzed with a Vario MAX Cube (Elementar, Langenselbold, Germany)
for simultaneous carbon and nitrogen determination at the Centre pour l’Agronomie
et l’Agro-Industrie de la province de Hainaut (CARAH), 11 rue Paul Pastur, 7800 Ath,
Belgium.

The 15N labelling procedure for the nitrate uptake assay was conducted as described in [45].
Plants were fed during 21 days with a nutrient solution containing 1 mM Ca(NO3)2 [43,44].
Then, they were incubated for 90 min in a solution containing 0.1 mM or 5 mM KNO3.
Roots were sequentially bathing for 1 min in 10 mL of CaSO4 solution (0.1 mM), for
5 min in 10 mL of a solution containing 0.1 mM or 5 mM K15NO3 (Sigma-Aldrich, Saint-
Quentin-Fallavier, France) and for 1 min in 10 mL CaSO4 solution (0.1 mM). Root and shoot
organs were immediately separated and dried at 60 ◦C, prior to dry weight measurement.
Samples were analyzed with an integrated system for continuous flow isotope ratio mass
spectrometry (Euro-EA elementar Analyzer, EuroVector IRMS Isoprime Elementar) at the
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Stable Isotope Analytical platform of the Biochemistry and Plant Molecular Physiology,
INRAE Montpellier, Place Viala, CEDEX 1, 34060 Montpellier, France.

2.4. Soil Culture and Micro-Scale Computed Tomography Imaging

The soil culture was conducted between 20 April and 18 May 2015, in a greenhouse
located on the Sutton Bonington campus, Nottingham University (UK), with the control on
light and temperature levels. Seeds of four selected cultivars were germinated in soil-filled
pipes (d = 5 cm, h = 30 cm) for the purpose of X-ray computed tomography (Figure 1c).
The soil was collected on a site (50◦36′47′ ′ N, 3◦46′12′ ′ E) without recorded agricultural
activity during the last decades. The loamy soil characteristics were total C = 1.05%, organic
N = 1.13‰, N-NH4

+ = 0.73 mg kg−1, N-NO3
− = 10.48 mg kg−1, Ca = 224 mg 100 g−1,

K = 31.76 mg 100 g−1, Mg = 10.89 mg 100 g−1 and p = 16.08 mg 100 g−1. The columns
were watered from the top with 500 mL of a nutrient solution without nitrate (N−) or
with 50 mM KNO3 (N+) [43,44]. Watering was stopped two days prior to scanning. All
images were acquired using a Phoenix v|tome|x m scanner (GE Measurement and Control
Solutions, Billerica, MA, USA). The accelerating voltage was 150 kV and the current 160 μA.
The X-rays were filtered through a 0.1 mm copper plate. For each sample, there were
4 × 2160 projections taken with an exposure time of 200 ms, and signal averaging of two
and one skip per projection. These were then assembled into a single 3D image with a
58 μm spatial resolution. The root images were segmented and measured manually using
VGStudio MAX.

2.5. Statistical Treatment

Analysis of variance for the in vitro and hydroponic culture dataset was performed
using a linear model implemented with the lmer function in the {lme4} package in R statis-
tical language. The model consisted of fixed effects for cultivar and nitrate treatment and
their interactions. Pearson correlations were calculated for all combinations of phenotypic
traits in every nitrate condition, using R and XLSTAT. The principal component analyses
of the in vitro and hydroponic culture dataset were conducted with XLSTAT. The Tukey’s
Honesty Significant Difference (HSD) test for the nitrate uptake assay was performed
using R.

3. Results

Biomass production and root morphology were examined in a set of 55 winter oilseed
rape cultivars (Table S1). Three culture systems were employed to examine the root
system in response to the nitrate supply. In a pilot screen, the full set grew in vitro
(Figure 1a). Eventually, a dozen of cultivars with contrasting root morphologies were
further characterized in hydroponics (Figure 1b), and four of them upon soil culture
(Figure 1c).

3.1. Variation for Biomass Production and Root Morphologies in Seedlings Cultivated In Vitro

Seedlings grew on vertical dishes filled with agar medium, as illustrated in Figure 1a.
The germination characteristics of seedlings grown with 0.01 mM (N−) or 10 mM (N+)
nitrate are presented in Figure 2. In this case, 12 selected cultivars were ranked from the
poorest to the greatest total root length at N−: Cardiff (CAR), SY Carlo (CLO), Exocet (EXO),
NK Aviator (AVI), DK Exquisite (EXQ), Recordie (REC), Limone (LIM), SY Saveo (SAV),
Hertz (HER), Troy (TRO), Battz (BAT) and ES Jason (JAS). On average for the diversity
panel cultivated in vitro, the root biomass (R, +28%) and the root-to-shoot biomass ratio
(R:S, +39%,) were superior, while the shoot biomass (S, −18%) and the total biomass (R + S,
−8%) were inferior at N− compared to N+. The length of primary root (LPR, +18%), the
lengths of primary root zone 2 and zone 4 (LZ2 and LZ4, +24%), the number of lateral roots
(NLR, +38%), the sum of lateral root lengths (∑LLR, +63%), the total root length (TLR, +41%),
the density of lateral roots in zone 1 (DLR-Z1, +22%) and the specific root length (SRL, +15%)
increased, while the length of primary root zone 3 (LZ3, −351%) and the density of lateral
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roots in zone 2 (DLR-Z2, −8%) decreased at N− compared to N+ treatment. The cultivars
showed considerable variation for biomass production and root morphology in response
to N supply (Figure 3a,b). Variations for NLR and ∑LLR were generally the largest ones,
and they were amplified at N+ compared to N−. For instance, the percentage differences
for ∑LLR between extreme cultivars were more than ten-fold (CAR vs. JAS at N− and CLO
vs. LIM at N+). The responsiveness of one cultivar to N depletion (i.e., increase/decrease
of one trait value in response to N− compared to N+) was evaluated (Figure 3c). A large
variation in lateral root phenotypic plasticity was observed, with cultivars being poorly
(CAR showing ∑LLR increase less than 10%) or greatly (BAT showing ∑LLR increase more
than 500%) responsive to N−. The genotype (cultivar) effect, the environment (N treatment)
effect and the interaction (cultivar × N) were significant (p < 0.05) for all traits, except
the (cultivar × N) for S biomass (ns) (Table S2). The in vitro observations highlight an
important variability among cultivars in terms of root morphological traits, and this leaves
space for genetic selection targets in breeding programs.

A principal component analysis was used to compress and classify the biomass and
root morphology data (Figure 4a,b). The two first principal components (PCs) explained
together 71% of the total phenotypic variation. The PC1 (53.1%) was influenced the most by
root morphological traits, while PC2 (17.8%) by the shoot biomass production (Figure 4a).
The distribution of the cultivars across PC1 and PC2 permitted to clearly distinguish
between the two N treatments (Figure 4b). Cultivars with low PC1 scores exhibited long
primary and lateral roots, while those with elevated PC2 scores produced important aerial
biomass.

CAR CLO EXO AVI EXQ REC LIM SAV HER TRO BAT JAS

N
N
+

Figure 2. Root morphologies of oilseed rape cultivars grown in vitro with two divergent nitrate supplies. Pictures of
representative root organs of 12 contrasting oilseed rape accessions grown with 0.01 mM (upper row, N−) or 10 mM (lower
row, N+) nitrate supplies. Accessions are ranked from the left to the right by increasing total root length (TLR) measured at
N−. The TRL values were ranging between 12.1 ± 0.9 cm (CAR) and 41.5 ± 2.9 cm (JAS). Cultivar full names are listed in
Table S1. Scale bar: 2 cm.
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Spearman correlation coefficients were calculated between the traits measured in vitro
(Figure S1). Some correlations were found between derivative traits and their components
(Table 1) but also between unrelated traits. The strongest and most significant correlation
was found between LPR and ∑LLR (�2 = 0.57; p < 0.001) at N−. Furthermore, S biomass
showed weak but significant positive correlations with NLR and ∑LLR (0.15 < �2 < 0.26,
p < 0.001) during both N treatments.

Table 1. Abbreviations and definitions of the measured traits.

Biomass Production

R Root biomass
S Shoot biomass

R + S Total biomass
R:S Root to shoot biomass ratio

Root Morphology

LPR Length of primary root; LPR = LZ2 + LZ3 + LZ4
LZ2 Length of primary root zone 2, between the first and last lateral roots; = 0 if NLR = 0 or NLR = 1
LZ3 Length of primary root zone 3, between the hypocotyl junction and the first lateral root; = LPR if NLR ≤ 1
LZ4 Length of primary root zone 4, between the last lateral root and the primary root tip; = 0 if NLR ≤ 1
NLR Number of lateral roots > 1 mm

∑LLR Sum of lateral root lengths
TRL Total root length; = LPR + ∑LLR

DLR-Z1 Density of lateral roots in zone 1; = NLR/LPR
DLR-Z2 Density of lateral roots in zone 2; = (NLR-1)/LZ2, not defined if NLR ≤ 1

SRL Specific root length; = (LPR + ∑LLR)/R

Shoot Morphology

LA Leaf area

SLA Specific leaf area; = LA/S

Carbon and Nitrogen Analyses

CR Carbon concentration in root tissues

CS Carbon concentration in shoot tissues
NR Nitrogen concentration in root tissues
NS Nitrogen concentration in shoot tissues

NUI Nitrogen utilization index; = S/((S × NS) + (R × NR))

Nitrate Uptake Assay

15NQR
15N amount in root tissues

15NQS
15N amount in shoot tissues

HATS/LATS plan−1

HATS/LATS mediated 15N influx rate per hour and per plant; = (15NQR + 15NQS)/5 × 60

HATS/LATS root biomass−1

HATS/LATS mediated 15N influx rate per hour and per root biomass; = (15NQR + 15NQS)/5 × 60 × R
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Figure 3. Relative variation of phenotypic traits measured in 55 oilseed rape cultivars cultivated in vitro (a–c) and in
12 cultivars in hydroponics (d–e). The spider plots (a,b,d,e) show the percentage variation of a given trait for every cultivar,
normalized by the mean value of the panel, measured during N+ (a,d) or N− (b,e) conditions. Zero percent (blue circle)
indicates no difference compared to the mean value of the panel in one condition. The spider plots (c,f) show the percentage
variation of a given trait for every cultivar grown during N−, normalized by the value observed during N+ conditions. This
defines the responsiveness of one trait to nitrate depletion. Zero percent (blue circle) indicates no difference compared to
elevated nitrate conditions. n = 15 plants per genotype and per N condition cultivated in vitro, and 5 plants in hydroponics.
Traits are defined in Table 1.
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Figure 4. Principal component analysis of 14 phenotypic traits measured in 55 oilseed rape cultivars cultivated in vitro
(a,b) and of 13 phenotypic traits in 12 cultivars in hydroponics (c,d). (a,c) Principal component (PC) biplot showing the
compositions of the first two PCs, with cumulative variance; (b,d) Representation of the cultivars. Symbols indicate position
of the cultivars as determined by their trait values in the two first PCs. Black symbols refer to low nitrate (N−) and yellow
symbols to high nitrate (N+) conditions. Traits are defined in Table 1 and cultivars listed in Table S1.

3.2. Characterization of Selected Cultivars in Hydroponics

The vertical plate culture system delivered a rapid and extensive examination of 2D
root morphology at seed germination. Next, we examined how these early observations
were relating with later developmental stages. Based on the total lateral root length ob-
served in vitro (see above), 12 contrasting cultivars were retained for further physiological
analysis upon hydroponic culture (Figure 1b). Plants were fed with a nutrient solution
containing 0.2 mM (N−) or 2 mM (N+) nitrate. On average for the core set cultivated in
hydroponics, R (+7%) and R:S (+26%) were superior, whereas S (−24%) and R + S (−20%)
were inferior at N− compared to N+ (Table S3). The leaf area (LA) (−117%) and the specific
leaf area (SLA) (−66%) decreased, while TRL (+18%) and SRL (+10%) increased in the
same conditions. The nitrogen concentration in root tissues (NR) (−36%) and in shoot
tissues (NS) (−154%) decreased, while the carbon concentration in root tissues (CR) (+1%)
and in shoot tissues (CS) (+3%) increased. The nitrogen utilization index (NUI), used as a
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surrogate for the nitrogen use efficiency at a vegetative stage, increased by 56%. They were
large biometric variations between cultivars (Figure 3d,e). For instance, the percentage
differences between the two most extreme cultivars were in the range of 34% (AVI and
REC vs. LIM) and 65% (AVI vs. HER) for LA, and of 52% (CAR vs. BAT) and 82% (EXQ vs.
BAT) for TRL, respectively, at N− and N+. The responsiveness of cultivars to N depletion
was also assessed (Figure 3f). A large variation in phenotypic plasticity was observed, with
cultivars poorly or greatly responsive to N treatment for LA (e.g., SAV and TRO vs. RC)
and TRL (e.g., CAR vs. BAT). The cultivar effect for all traits, the N treatment effect for all
traits except R and NS, the interaction (cultivar × N) for all traits except R, S, SLA and TRL
were significant (p < 0.05) (Table S3).

The two first PCs explained together three quarters of the total phenotypic variation.
The PC1 (48.6%) was influenced the most by root morphological traits, while PC2 (27.1%) by
the shoot biomass production (Figure 4c). The distribution of the cultivars across PC1 and
PC2 permitted to clearly distinguish between the two N treatments (Figure 4d). Cultivars
with low PC1 scores exhibited large leaves with elevated N concentration in tissues, while
those with elevated PC2 scores produced important root biomass. We noted that the data
collected from seedlings grown on vertical plates (Figure 4a,b) and those from plants grown
in hydroponics (Figure 4c,d) showed the same pattern of response to the nitrate supply.
The notable effect of N starvation was mainly reflected on R:S biomass ratio, TRL and SRL.

Spearman correlation coefficients were calculated between the traits measured in
hydroponics (Figure S2). The strongest correlation was found between R and S biomasses
(�2 = 0.63 at N−, �2 = 0.95 at N+). The SLA correlated negatively with CS (�2 = −0.59 at
N−, �2 =−0.87 at N+) and NUI (�2 = −0.79 at N−, �2 = −0.76 at N+), and positively with
NS (�2 = 0.72 at N−, �2 = 0.77 at N+). At N+, the LA correlated positively with R (�2= 0.88)
and S (�2 = 0.77). At N−, CR correlated negatively with CS (�2= −0.66), and SRL positively
with NR (�2 = 0.61). All reported correlations are significant (p < 0.001).

A nitrate influx assay with 15N tracer was performed to assess the relationship between
uptake capacity of roots and plant morphological traits. The activities of the nitrate High-
(HATS) and Low-(LATS) Affinity Transport Systems were measured in 10 cultivars grown
in hydroponics at N+ (Figure 5).
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Figure 5. Variability of HATS and combined HATS and LATS activities between oilseed rape cultivars. (a) Nitrate influx
expressed per hour and per root biomass. (b) Nitrate influx expressed per hour and per plant. Black bars: HATS activity,
white bars: HATS + LATS activity. N = 6–12 plants ± std. Bars with different letters are significantly different (p < 0.05)
according to Tukey’s HSD test.
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The HATS expressed per root biomass were four-fold less important than the HATS
and LATS combined values. Variations between cultivars were in the range of 200% for
HATS and 25% for HATS + LATS. The AVI and CLO cultivars had significant (p < 0.05)
greater HATS values expressed per root biomass (Figure 5a). The AVI and BAT showed,
respectively, the lowest and greatest HATS + LATS values expressed per plant (Figure 5b).
The HATS expressed per root biomass was negatively correlated with LA (�2 = −0.74;
p < 0.01), while the HATS + LATS expressed per plant was positively correlated with TRL
(�2 = 0.59; p < 0.05) (Figure S3).

3.3. In-Soil Root Phenotyping

The X-ray computed tomography was used to examine the root system architecture of
four cultivars (BAT, CLO, HER and SAV) in pipes filled with soil (Figure 1c). The profile of
lateral roots along the taproot was assessed after watering with a solution without (N−) or
with 50 mM KNO3 (N+) (Figure 6). The CLO cultivar was showing poor soil exploration
along with poor shoot development (data not shown), and it was weakly responsive to the
N treatment. It may indicate that the culture conditions were particularly unfavorable for
that cultivar. On the contrary, the lateral root deployment of BAT, HER and SAV was more
profuse and concentrated close to the soil surface. The root system of the BAT cultivar was
repressed in the upper soil portion, while the one of SAV was clearly stimulated by N−
condition. The HER genotype showed subtle profile change in response to N treatment.
There was no obvious difference close to the surface but less lateral root branching down
to the pipe, during N− in that cultivar.

(b)

BAT HER SAV CLO

BAT CLO

D
ep
th
(m
m
)

(a)

N+

0

50

100

150

200

250 N

Figure 6. Characterization of the root system architecture in soil-filled column. (a) The violin plots show the distribution
of lateral root density, as a function of the column depth. The estimates are based on five replicates of four oilseed rape
cultivars cultivated with low (N−) or high (N+) nitrate conditions; (b) Reconstructed images of two contrasting cultivars at
N−. Scale bar = 5 cm.

4. Discussion

Increasing NUE is essential to ensure the environmental and economic sustainability
of oilseed rape production. Nonetheless, NUE is notoriously difficult to work with and
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this is due to the many peripherical processes being involved. The root system is still
considered as a ‘black box’ and very few studies have focused on oilseed rape root response
to N supply. Indeed, the below-ground organ has been poorly considered in breeding
programs. Today, it is recognized as a lever to improve soil resources uptake and to reduce
the negative environmental impact of mineral fertilization [35,46–48]. A diversity panel of
modern winter oilseed rape cultivars was challenged with divergent nitrate supplies to
identify contrasting root morphologies. Such a screening strategy in laboratory conditions
may speed up for breeders, the delivery of genotypes with desired root morphological
features. However, given the complexity of the agricultural environment, these data
obtained in laboratory conditions may not ultimately reflect the field situation [18].

In the quest for root phenotyping methods, we employed three different procedures
in controlled environment and evaluated their practical values and limitations.

(i) The in vitro culture system on vertical agar plate in sterile conditions, is a reliable
approach for germinating seeds and observing two-dimensional root morphology. We
have adapted the system, which is conveniently used for Arabidopsis model [41,49],
to the more vigorous growth of oilseed rape (Figure 1a). That method is low cost but
handling agar plates and analyzing scanned images are two laborious tasks. Despite,
some algorithms could be used to speed up the extraction of root morphological traits
from image data [50]. Finally, agar plate for culturing sprouts constitutes one first
step towards further characterization of later developmental stages.

(ii) The hydroponic culture in containers filled with nutrient solution (Figure 1b), is
suitable for mineral nutrition studies. That culture system without substrate gives
easy access to clean root organs, for physiological and molecular characterization
data [51,52]. While plant biometrics (e.g., biomass and total root surface) can easily
be monitored over time, no such detailed analysis of root morphological traits can be
provided.

(iii) The technique based on X-ray computed tomography allows to visualize the three-
dimensional structure of the root system [48,53,54]. We recovered the segmentation
of the main root and first-order lateral roots of four oilseed rape cultivars in a column
filled with soil (Figure 1c). That experimental setting is low throughput, as image
capture and analysis are time-consuming. The technique relies on discriminating
differences in X-ray attenuation between roots and soil matrix. In this case, distin-
guishing between water-filled pore space and fine roots quickly became a challenge.
Hence, the technique only provides a qualitative assessment of the root system in a
small size pipe. Nonetheless, this may constitute a final laboratory phase prior to field
phenomics [48]. For a small number of cultivars, the root phenotype at germination
during in vitro culture (Figure 2) was indicative of the root system deployment in
the soil (Figure 6). However, these observations should be treated with caution, as
studies in other crops (e.g., wheat) are reporting a lack of correlation between the
root systems at a young developmental stage in the laboratory environment and at a
reproductive stage in the field [55].

Overall, the three complementary culture systems permitted to observe wide phe-
notypic variation among the diversity panel and to discriminate between cultivars with
contrasting behaviors. For example, the cultivar CLO was poorly performing across all ex-
perimental settings and N conditions, contrary to HER consistently demonstrating superior
characteristics (Figures 2, 4 and 6).

Arabidopsis is a prime model organism for studying root biology. Fundamental
knowledge can be translated to Brassica crops, which are genetically related [56,57]. The
model species may serve as a resource base for studying root morphogenesis in response to
N availability and N acquisition. We observed some similar root morphological responses
between the two species, despite different root growth rates. Nitrate depletion stimulated
the lateral root outgrowth of Arabidopsis [41] and oilseed rape (Figures 2 and 3) seedlings
during in vitro culture on agar plates. However, the number of lateral roots varied less but
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the length of primary root (mainly LZ4) was more influenced by nitrate depletion in crop
compared to Arabidopsis.

Learning about mechanisms of lateral root growth stimulation or repression by nitrate
availability will help drawing strategies to optimize root system architecture. We aimed
at observing the elaboration of root traits in oilseed rape cultivars and how this relates
to biomass production and N capture. A premise is that root biomass production and
morphological traits could be positive indicators of above-ground biomass production (and
presumably yield). A rationale shared by several authors is that a branched root system that
explores an important soil volume would limit nitrate leaching [18,58–61]. This study shows
no negative correlation between root biomass production or total root length and shoot
biomass production during in vitro and hydroponic cultures (Figures S1 and S2). Large
root system deployed by BAT, JA and TRO, can support great shoot biomass production.
Hence, selection for root and shoot biomass production under laboratory settings may be
equally effective for improving yield.

Identifying oilseed rape cultivars with greater N capture is a pressing issue for re-
ducing N loss in soil. This study demonstrates some potential for increased sustainability
of oilseed rape production by targeting traits related to N uptake. An important variabil-
ity degree for the root system size (Figure 3) and the N uptake capacity (Figure 5) was
uncovered. This likely reflects no direct selection for root traits in breeding history of
oilseed rape. A positive relationship was found between the total root length and the
nitrate influx of HATS + LATS expressed per plant (Figure S3). This indicates that the N
uptake capacity was to some extent, root-morphology dependent. Interestingly, the HATS
expressed per root biomass correlated negatively with the leaf area (Figure S3). It is known
that plants are modulating root N acquisition in response to shoot N demand, through
long-distance mobile proteins and peptides [62,63]. That negative correlation suggests a
feedback regulation of N products from the shoot on the root N uptake.

5. Conclusions

We illustrated that gel and liquid cultures rapidly deliver quantitative plant biometrics,
and tomography a more qualitative outcome. The study revealed a large diversity of root
morphologies and variability of N uptake capacities. These traits can be introgressed into
one performant NUpE genotype possessing large root surface (e.g, HER cultivar), great N
uptake rate per root mass (e.g., AVI, CLO) and reducing the adverse impact of N products
on root uptake.
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Statistical treatment for the data set measured in hydroponics.

Author Contributions: Conceptualization and original draft preparation: C.H., L.K.; Investigation,
methodology: C.H., C.J.S., H.D.G., J.L., L.K., M.B., P.N., P.T., T.R.M.; editing, C.C., L.H. All authors
have read and agreed to the published version of the manuscript.

Funding: This research was funded by Fonds de la Recherche Scientifique (F.R.S.-FNRS) (MIS and
PDR T.0116.19), and by European Plant Phenotyping Network (EPPN) (Grant Agreement No. 284443).

Institutional Review Board Statement: Not applicable.

Informed Consent Statement: Not applicable.

Data Availability Statement: The data presented in this study are available on request from the
corresponding author.

Acknowledgments: L.H. and C.H. are, respectively, PhD fellow and research associate from F.R.S.-FNRS.

166



Nitrogen 2021, 2

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Huang, T.; Ju, X.; Yang, H. Nitrate leaching in a winter wheat-summer maize rotation on a calcareous soil as affected by nitrogen
and straw management. Sci. Rep. 2017, 8, 42247. [CrossRef] [PubMed]

2. Mateo-Marìn, N.; Quìlez, D.; Isla, R. Utility of stabilized nitrogen fertilizers to reduce nitrate leaching under optimal management
practices. J. Plant Nutr. Soil Sci. 2020, 183, 567–578. [CrossRef]

3. Velthof, G.L.; Lesschen, J.P.; Webb, J.; Pietrzak, S.; Miatkowski, Z.; Pinto, M.; Kros, J.; Oenema, O. The impact of the Nitrates
Directive on nitrogen emissions from agriculture in the EU-27 during 2000–2008. Sci. Total. Environ. 2014, 468–469, 1225–1233.
[CrossRef]

4. He, T.; Yuan, J.; Luo, J.; Wang, W.; Fan, J.; Liu, D.; Ding, W. Organic fertilizers have divergent effects on soil N2O emissions. Biol.
Fert. Soils 2019, 55, 685–699. [CrossRef]

5. Sharma, L.K.; Bali, S.K. A review of methods to improve nitrogen use efficiency in agriculture. Sustainability 2018, 10, 51.
[CrossRef]

6. Moll, R.H.; Kamprath, E.J.; Jackson, W.A. Analysis and interpretation of factors which contribute to efficiency to nitrogen
utilization. Agron. J. 1982, 74, 562–564. [CrossRef]

7. Bouchet, A.-S.; Laperche, A.; Bissuel-Belaygue, C.; Baron, C.; Morice, J.; Rousseau-Gueutin, M.; Dheu, J.-E.; George, P.; Pinochet,
X.; Foubert, T.; et al. Genetic basis of nitrogen use efficiency and yield stability across environments in winter rapeseed. BMC
Genet. 2016, 17, 131. [CrossRef]

8. Smith, S.; De Smet, I. Root system architecture: Insights from Arabidopsis and cereal crops. Phil. Trans. R. Soc. B 2012, 367,
1441–1452. [CrossRef] [PubMed]

9. Garnett, T.; Conn, V.; Kaiser, B.N. Root based approaches to improve nitrogen use efficiency in plants. Plant Cell Environ. 2009, 32,
1272–1283. [CrossRef]

10. Rosolem, C.A.; Ritz, K.; Cantarella, H.; Galdos, M.V.; Hawkesford, M.J.; Whalley, W.R.; Mooney, S.J. Enhanced plant rooting and
crop system management for improving N Use Efficiency. Adv. Agron. 2017, 146, 205–239.

11. Sylvester-Bradley, R.; Kindred, D.R. Analysing nitrogen responses of cereals to prioritize routes to the improvement of nitrogen
use efficiency. J. Exp. Bot. 2009, 60, 1939–1951. [CrossRef]

12. Han, M.; Okamoto, M.; Beatty, P.H.; Rothstein, S.J.; Good, A.G. The genetics of nitrogen use efficiency in crop plants. Annu. Rev.
Genet. 2015, 49, 269–289. [CrossRef] [PubMed]

13. Wang, J.; Dun, X.; Shi, J.; Wang, X.; Liu, G.; Wang, H. Genetic dissection of root morphological traits related to nitrogen use
efficiency in Brassica napus L. under two contrasting nitrogen conditions. Front. Plant Sci. 2017, 8, 1709. [CrossRef]

14. Girondé, A.; Etienne, P.; Trouverie, J.; Bouchereau, A.; Le Cahérec, F.; Leport, L.; Orsel, M.; Niogret, M.-F.; Nesi, N.; Carole, D.;
et al. The contrasting N management of two oilseed rape genotypes reveals the mechanisms of proteolysis associated with leaf N
remobilization and the respective contributions of leaves and stems to N storage and remobilization during seed filling. BMC
Plant Biol. 2015, 15, 59. [CrossRef]

15. Koelin-Findeklee, F.; Becker, M.A.; van der Graaff, E.; Roitsch, T.; Horst, W.J. Differences between winter oilseed rape (Brassica
napus L.) cultivars in nitrogen starvation-induced leaf senescence are governed by leaf-inherent rather than root-derived signals.
J. Exp. Bot. 2015, 66, 3669–3681. [CrossRef]

16. Han, Y.; Liao, J.; Yu, Y.; Song, H.; Rong, N.; Guan, C.; Lepo, J.E.; Ismail, A.M.; Zhang, Z. Exogenous abscisic acid promotes the
nitrogen use efficiency of Brassica napus by increasing nitrogen remobilization in the leaves. J. Plant Nutr. 2017, 40, 18. [CrossRef]

17. Williams, S.T.; Vail, S.; Arcand, M.M. Nitrogen Use Efficiency in parent vs. hybrid canola under varying nitrogen availabilities.
Plants 2021, 10, 2364. [CrossRef] [PubMed]

18. Louvieaux, J.; Leclercq, A.; Haelterman, L.; Hermans, C. In-field observation of root growth and nitrogen uptake efficiency of
winter oilseed rape. Agronomy 2020, 10, 105. [CrossRef]

19. Vazquez-Carrasquer, V.; Laperche, A.; Bissuel-Bélaygue, C.; Chelle, M.; Richard-Molard, C. Nitrogen Uptake Efficiency mediated
by fine root growth early determines temporal and genotypic variations in Nitrogen Use Efficiency of Winter Oilseed Rape. Front.
Plant Sci. 2021, 12, 641459. [CrossRef] [PubMed]

20. Fletcher, R.S.; Mullen, J.L.; Heiliger, A.; McKay, J.K. QTL analysis of root morphology, flowering time, and yield reveals trade-offs
in response to drought in Brassica napus. J. Exp. Bot. 2015, 66, 245–256. [CrossRef] [PubMed]

21. Thomas, C.L.; Alcock, T.D.; Graham, N.S.; Hayden, R.; Matterson, S.; Wilson, L.; Young, S.D.; Dupuy, L.X.; White, P.J.; Hammond,
J.P.; et al. Root morphology and seed and leaf ionomic traits in a Brassica napus L. diversity panel show wide phenotypic variation
and are characteristic of crop habit. BMC Plant Biol. 2016, 16, 214. [CrossRef] [PubMed]

22. Thomas, C.L.; Graham, N.S.; Hayden, R.; Meacham, M.C.; Neugebauer, K.; Nightingale, M.; Dupuy, L.X.; Hammond, J.P.; White,
P.J.; Broadley, M.R. High-throughput phenotyping (HTP) identifies seedling root traits linked to variation in seed yield and
nutrient capture in field-grown oilseed rape (Brassica napus L.). Ann. Bot. 2016, 118, 655–665. [CrossRef]

23. Zhang, Y.; Thomas, C.L.; Xiang, J.; Long, Y.; Wang, X.; Zou, J.; Luo, Z.; Ding, G.; Cai, H.; Graham, N.S.; et al. QTL meta-analysis of
root traits in Brassica napus under contrasting phosphorus supply in two growth systems. Sci. Rep. 2016, 6, 33113. [CrossRef]
[PubMed]

167



Nitrogen 2021, 2

24. Sun, C.; Yu, J.; Hu, D. Nitrate: A crucial signal during lateral roots development. Front. Plant Sci. 2017, 8, 485. [CrossRef]
[PubMed]

25. Muller, B.; Guédon, Y.; Passot, S.; Lobet, G.; Nacry, P.; Pagès, L.; Wissuwa, M.; Draye, X. Lateral roots: Random diversity in
adversity. Trends Plant Sci. 2019, 24, 810–825. [CrossRef]

26. Jia, Z.; von Wirén, N. Signaling pathways underlying nitrogen-dependent changes in root system architecture: From model to
crop species. J. Exp. Bot. 2020, 71, 4393–4404. [CrossRef]

27. Meier, M.; Liu, Y.; Lay-Pruitt, K.S.; Takahashi, H.; von Wirén, N. Auxin-mediated root branching is determined by the form of
available nitrogen. Nat. Plants 2020, 6, 1136–1145. [CrossRef]

28. Cai, Q.; Ji, C.; Yan, Z.; Jiang, X.; Fang, J. Anatomical responses of leaf and stem of Arabidopsis thaliana to nitrogen and phosphorus
addition. J. Plant Res. 2017, 130, 1035–1045. [CrossRef]

29. Li, J.; Song, X.; Kong, X.; Wang, J.; Sun, W.; Zuo, K. Natural variation of Arabidopsis thaliana root architecture in response to nitrate
availability. J. Plant Nutr. 2019, 42, 723–736. [CrossRef]

30. Meyer, R.C.; Gryczka, C.; Neitsch, C.; Müller, M.; Bräutigam, A.; Schlereth, A.; Schön, H.; Weigelt-Fischer, K.; Altmann, T. Genetic
diversity for nitrogen use efficiency in Arabidopsis thaliana. Planta 2019, 250, 41–57. [CrossRef]

31. Yan, Z.; Eziz, A.; Tian, D.; Li, X.; Hou, X.; Peng, H.; Han, W.; Guo, Y.; Fang, J. Biomass allocation in response to nitrogen and
phosphorus availability: Insight from experimental manipulations of Arabidopsis thaliana. Front. Plant Sci. 2019, 10, 598. [CrossRef]
[PubMed]

32. Yue, K.; Fornara, D.A.; Li, W.; Ni, X.; Peng, Y.; Liao, S.; Tan, S.; Wang, D.; Wu, F.; Yang, Y. Nitrogen addition affects plant biomass
allocation but not allometric relationships among different organs across the globe. J. Plant Ecol. 2021, 14, 361–371. [CrossRef]

33. McGrail, R.K.; Van Sanford, D.A.; McNear, D.H., Jr. Trait-based root phenotyping as a necessary tool for crop selection and
improvement. Agronomy 2020, 10, 1328. [CrossRef]

34. Khan, M.A.E.; Gemenet, D.C.; Villordon, A. Root system architecture and abiotic stress tolerance: Current knowledge in root and
tuber crops. Front. Plant Sci. 2016, 7, 1584. [CrossRef]

35. Louvieaux, J.; De Gernier, H.; Hermans, C. Exploiting genetic variability of root morphology as a lever to improve nitrogen
use efficiency in oilseed rape. In Engineering Nitrogen Utilization in Crop Plants; Springer: Berlin/Heidelberg, Germany, 2018;
pp. 185–201.

36. Ulas, A.; Erley, G.S.A.; Kamh, M.; Wiesler, F.; Horst, W.J. Root-growth characteristics contributing to genotypic variation in
nitrogen efficiency of oilseed rape. J. Plant Nutr. Soil Sci. 2012, 175, 489–498. [CrossRef]

37. Guo, X.; Ma, B.; McLaughlin, N.B.; Wu, X.; Chen, B.; Gao, Y. Nitrogen utilisation-efficient oilseed rape (Brassica napus) genotypes
exhibit stronger growth attributes from flowering stage onwards. Funct. Plant Biol. 2021, 48, 755–765. [CrossRef] [PubMed]

38. Berry, P.M.; Spink, J.; Foulkes, M.J.; White, P.J. The physiological basis of genotypic differences in nitrogen use efficiency in oilseed
rape (Brassica napus L.). Field Crops Res. 2010, 119, 365–373. [CrossRef]

39. Lynch, P.J. Root phenes that reduce the metabolic costs of soil exploration: Opportunities for 21st century agriculture. Plant Cell
Environ. 2015, 38, 1775–1784. [CrossRef] [PubMed]

40. Hermans, C.; Porco, S.; Verbruggen, N.; Bush, D. Chitinase-like protein CTL1 plays a role in the root system plasticity in response
to multiple environmental signals. Plant Physiol. 2010, 152, 904–917. [CrossRef]

41. De Pessemier, J.; Chardon, F.; Juraniec, M.; Delaplace, P.; Hermans, C. Natural variation of the root morphological response to
nitrate supply in Arabidopsis thaliana. Mech. Develop. 2013, 130, 45–53. [CrossRef]

42. Pound, M.P.; French, A.P.; Atkinson, J.A.; Wells, D.M.; Bennett, M.J.; Pridmore, T. RootNav: Navigating images of complex root
architectures. Plant Physiol. 2013, 162, 1802–1814. [CrossRef] [PubMed]

43. Hermans, C.; Vuylsteke, M.; Coppens, F.; Craciun, A.; Inzé, D.; Verbruggen, N. The early transcriptomic changes induced by
magnesium deficiency in Arabidopsis thaliana reveal the alteration of circadian clock genes expression in roots and the triggering
of ABA-responsive genes. New Phytol. 2010, 187, 119–131. [CrossRef]

44. Hermans, C.; Vuylsteke, M.; Coppens, F.; Cristescu, S.; Harren, F.J.M.; Inzé, D.; Verbruggen, N. System analysis of the responses
to long term magnesium deficiency and restoration in Arabidopsis thaliana. New Phytol. 2010, 187, 132–144. [CrossRef]

45. Malagoli, P.; Laineé, P.; Deunff, E.; Rossato, L.; Ney, B.; Ourry, A. Modeling nitrogen uptake in oilseed rape cv Capitol during a
growth cycle using influx kinetics of root nitrate transport systems and field experimental data. Plant Physiol. 2004, 134, 388–400.
[CrossRef] [PubMed]

46. Wasson, A.P.; Richards, R.A.; Chatrath, R.; Misra, S.C.; Prasad, S.V.; Rebetzke, G.J.; Kirkegaard, J.A.; Christopher, J.; Watt, M.
Traits and selection strategies to improve root systems and water uptake in water-limited wheat crops. J. Exp. Bot. 2012, 63,
3485–3498. [CrossRef]

47. Voss-Fels, K.P.; Qian, L.; Parra-Londono, S.; Uptmoor, R.; Frisch, M.; Keeble-Gagnère, G.; Appels, R.; Snowdon, R.J. Linkage drag
constrains the roots of modern wheat. Plant Cell Environ. 2017, 40, 717–725. [CrossRef]

48. Louvieaux, J.; Spanoghe, M.; Hermans, C. Root morphological traits of seedlings are predictors of seed yield and quality in winter
oilseed rape hybrid cultivars. Front. Plant. Sci. 2021, 11, 568009. [CrossRef]

49. Hu, Y.; Omary, M.; Hu, Y.; Doron, O.; Hoermayer, L.; Chen, Q.; Megides, O.; Chekli, O.; Ding, Z.; Friml, J.; et al. Cell kinetics of
auxin transport and activity in Arabidopsis root growth and skewing. Nat. Commun. 2021, 12, 1657. [CrossRef]

168



Nitrogen 2021, 2

50. Dupuy, L.X.; Wright, G.; Thompson, J.A.; Taylor, A.; Dekeyser, S.; White, C.P.; Thomas, W.T.B.; Nightingale, M.; Hammond, J.P.;
Graham, N.S.; et al. Accelerating root system phenotyping of seedlings through a computer-assisted processing pipeline. Plant
Methods 2017, 13, 57. [CrossRef] [PubMed]

51. Xu, Z.; Ma, J.; Lei, P.; Wang, Q.; Feng, X.; Xu, H. Poly-γ-glutamic acid induces system tolerance to drought stress by promoting
abscisic acid accumulation in Brassica napus L. Sci. Rep. 2020, 14, 252. [CrossRef] [PubMed]

52. Murad, M.A.; Razi, K.; Benjamin, L.K.; Lee, J.H.; Kim, T.H.; Muneer, S. Ethylene regulates sulfur acquisition by regulating the
expression of sulfate transporter genes in oilseed rape. Physiol. Plant. 2021, 171, 533–545. [CrossRef] [PubMed]

53. Mairhofer, S.; Pridmore, T.; Johnson, J.; Wells, D.M.; Bennett, M.J.; Mooney, S.J.; Sturrock, C.J. X-ray Computed Tomography of
crop plant root systems grown in soil. Curr. Protoc. Plant Biol. 2017, 2, 270–286. [CrossRef] [PubMed]

54. Pfeifer, J.; Kirchgessner, N.; Colombi, T.; Walter, A. Rapid phenotyping of crop root systems in undisturbed field soils using X-ray
computed tomography. Plant Methods 2015, 11, 41. [CrossRef] [PubMed]

55. Watt, M.; Moosavi, S.; Cunningham, S.C.; Kirkegaard, J.A.; Rebetzke, G.J.; Richards, R.A. A rapid, controlled-environment
seedling root screen for wheat correlates well with rooting depths at vegetative, but not reproductive, stages at two field sites.
Ann. Bot. 2013, 112, 447–455. [CrossRef] [PubMed]

56. Leijten, W.; Koes, R.; Roobeek, I.; Frugis, G. Translating flowering time from Arabidopsis thaliana to Brassicaceae and Asteraceae
crop species. Plants 2018, 7, 111. [CrossRef]

57. Stephenson, P.; Stacey, N.; Brüser, M.; Pullen, N.; Ilyas, M.; O’Neill, C.; Wells, R.; Østergaard, L. The power of model-to-crop
translation illustrated by reducing seed loss from pod shatter in oilseed rape. Plant Reprod. 2019, 32, 331–340. [CrossRef]

58. Li, X.; Zeng, R.; Liao, H. Improving crop nutrient efficiency through root architecture modifications. J. Integr. Plant Biol. 2016, 58,
193–202. [CrossRef] [PubMed]

59. Thorup-Kristensen, K.; Kirkegaard, J. Root system-based limits to agricultural productivity and efficiency: The farming systems
context. Ann. Bot. 2016, 118, 573–592. [CrossRef]

60. Pierret, A.; Maeght, J.; Clément, C.; Montoroi, J.; Hartmann, C.; Gonkhamdee, S. Understanding deep roots and their functions in
ecosystems: An advocacy for more unconventional research. Ann. Bot. 2016, 118, 621–635. [CrossRef]

61. Van der Bom, F.J.T.; Williams, A.; Bell, M.J. Root architecture for improved resource capture: Trade-offs in complex environments.
J. Exp. Bot. 2020, 71, 5752–5763. [CrossRef]

62. Gu, M.G.; Hu, X.; Wang, T.; Xu, G. Modulation of plant root traits by nitrogen and phosphate: Transporters, long-distance
signaling proteins and peptides, and potential artificial traps. Breed Sci. 2021, 71, 62–75. [CrossRef] [PubMed]

63. Ohkubo, Y.H.; Tanaka, M.; Tabata, R.; Ogawa-Ohnishi, M.; Matsubayashi, Y. Shoot-to-root mobile polypeptides involved in
systemic regulation of nitrogen acquisition. Nat. Plants 2017, 3, 17029. [CrossRef] [PubMed]

169





Nitrogen

Article

Surface Properties and Adherence of Bradyrhizobium
diazoefficiens to Glycine max Roots Are Altered When Grown in
Soil Extracted Nutrients

Armaan Kaur Sandhu 1, Senthil Subramanian 1,2 and Volker S. Brözel 1,3,*

Citation: Sandhu, A.K.;

Subramanian, S.; Brözel, V.S. Surface

Properties and Adherence of

Bradyrhizobium diazoefficiens to Glycine

max Roots Are Altered When Grown

in Soil Extracted Nutrients. Nitrogen

2021, 2, 461–473. https://doi.org/

10.3390/nitrogen2040031

Academic Editor:

Jacynthe Dessureault-Rompré

Received: 14 October 2021

Accepted: 11 November 2021

Published: 15 November 2021

Publisher’s Note: MDPI stays neutral

with regard to jurisdictional claims in

published maps and institutional affil-

iations.

Copyright: © 2021 by the authors.

Licensee MDPI, Basel, Switzerland.

This article is an open access article

distributed under the terms and

conditions of the Creative Commons

Attribution (CC BY) license (https://

creativecommons.org/licenses/by/

4.0/).

1 Department of Biology and Microbiology, South Dakota State University, Brookings, SD 57006, USA;
Armaankaur.sandhu@sdstate.edu (A.K.S.); Senthil.subramanian@sdstate.edu (S.S.)

2 Department of Agronomy, Horticulture and Plant Science, South Dakota State University,
Brookings, SD 57006, USA

3 Department of Biochemistry, Genetics and Microbiology, University of Pretoria, Pretoria 0004, South Africa
* Correspondence: Volker.brozel@sdstate.edu; Tel.: +1-605-688-6144

Abstract: Soybean roots are colonized and nodulated by multiple strains of compatible nitrogen-
fixing rhizobia primarily belonging to the Genus Bradyrhizobium. Motility towards the root and
attachment to root hairs are key determinants of competitive colonization and subsequent nodulation.
Bacterial surface properties and motility are known to vary with chemical composition of the culture
medium, and root adhesion and nodulation occur in a soil environment rather than laboratory
medium. We asked whether the nodulation-promoting factors motility, surface hydrophobicity
and surface adhesion of Bradyrhizobium are affected by growth in a soil nutrient environment.
B. diazoefficiens USDA 110, 126, 3384, and B. elkanii USDA 26 were grown in mineral salt medium with
peptone, yeast extract and arabinose (PSY), and in a soil extracted soluble organic matter (SESOM)
medium. Surface hydrophobicity was determined by partitioning into hydrocarbon, motility by
transition through soft agar, and surface-exposed saccharides by lectin profiling, followed by biofilm
formation and soybean root adhesion capacity of populations. SESOM-grown populations were
generally less motile and more hydrophobic. They bound fewer lectins than PSY-grown populations,
indicating a simpler surface saccharide profile. SESOM populations of USDA 110 did not form
detectable biofilm, but showed increased binding to soy roots. Our results indicate that growth in a
soil environment impacts surface properties, motility, and subsequent soy root adhesion propensity.
Hence, evaluation of Bradyrhizobium for nodulation efficiency should be performed using soil from
the specific field where the soybeans are to be planted, rather than laboratory culture media.

Keywords: Bradyrhizobium; attachment; root; biofilm; lectin; soybean; soil; hydrophobicity

1. Introduction

Rhizobium bacteria contribute combined nitrogen to many leguminous plants while
occurring inside specialized root structures called nodules [1]. The productivity of soybeans
(Glycine max) is enhanced significantly through nodule occupancy by prolific fixers such
as B. diazoefficiens USDA 110 [2]. Early during plant growth, root hairs signal soil-borne
rhizobia by releasing isoflavonoids [3]. Rhizobia respond to isoflavonoids such as genistein
by synthesizing Nod Factors, which in turn initiate curling of soy root hairs, followed by
infection thread and nodule formation [4,5]. The nitrogen contributing efficacy of rhizobia
varies widely, necessitating screening and evaluation of candidate bacterial strains for
application in fields. Successful colonization of the infection thread and nodules require
temporal adhesion and colonization of rhizobia at the root hair surface. Adhesion to the
root surface is dependent on physical proximity, facilitated by bacterial motility in the
soil. Adherence and colonization by proximal bacteria depend on the physiochemical
compatibility of both the root and rhizobial surfaces.
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Surface properties of bacterial cells have a considerable influence on attachment to
the root surface, so compatible surface properties contribute to increased adhesion. More
hydrophobic mutants of Bradyrhizobium japonicum have been associated with more com-
petitive nodule formation [6]. Bacterial lipopolysaccharides (LPS) have direct relation to
hydrophobicity and more hydrophobic LPS is positively correlated to surface hydropho-
bicity [7,8]. Bradyrhizobium producing altered or limited extracellular polysaccharides
(EPS) were defective in biofilm formation and binding to soy lectin and resulted in pseudo
nodules [9,10]. Along with surface properties, there is evidence that motility can provide
the cell with some significant advantages to adhere to the root surface [11,12]. On the other
hand, not much is known about soy root surface properties. Soy roots produce surface-
exposed lectins which sequester cognate sugar moieties at the surface of bacteria [13,14],
especially in acidic soil. Lectins are proteinaceous, specific carbohydrate-binding proteins.
They interact with carbohydrates in a highly specific but non-covalent manner [15]. In
more alkaline soil, root hairs produce the protein rhicadhesin which promotes the bacterial
attachment [16]. The surface properties of rhizobia therefore play an important role in the
initial adhesion to soy root surface.

Bacteria respond to specific chemical and physical cues by condition-specific gene
expression and altered phenotype. This is also the case with Bradyrhizobium, as phenotypic
variations have been reported for populations cultured in different sugar sources. While
B. diazoefficiens swims by sub-polar flagella, L-arabinose induces the production of lateral
flagella, which lead to swarming on moist surfaces [17]. The EPS composition of B. japon-
icum varies by the available sugar sources [9]. Bradyrhizobium are generally cultured using
a mineral salt medium with peptone, yeast extract and either arabinose or mannitol as a
carbon source. We asked whether Bradyrhizobium adapts its adhesion-specific phenotype
when growing in soil. Arguing that the primary drivers of phenotypic change would be
water-diffusible substances able to enter the cell, we cultured Bradyrhizobium in soybean
field aqueous soil extract and characterized adhesion-pertaining phenotypes.

2. Materials and Methods

2.1. Bacterial Strains and Culture Media

B. diazoefficiens USDA 110, 126, 3384 and B. elkanii USDA 26 were obtained from the
NRRL Culture Collection of the Agricultural Research Service, United State Department of
Agriculture. Cultures were grown in liquid or on solid PSY and SESOM, a filter-sterilized
liquid soil extract [18]. PSY was prepared as mentioned by Mesa et al. [19], containing
per liter: KH2PO4, 300 mg; Na2HPO4, 300 mg; CaCl2·2H2O, 5 mg; MgSO4·7H2O, 100 mg;
peptone, 3 g; yeast extract, 1 g; H3BO3, 10 mg; ZnSO4·7H2O, 1 mg; CuSO4·5H2O, 0.5 mg;
Na2MoO4·2H2O, 0.1 mg; MnCl2·4H2O, 0.1 mg; FeCl3, 0.19 mg; thiamine-HCl, 1 mg; biotin,
1 mg; Na-panthothenate, 1 mg; L-arabinose.

Soil for SESOM was obtained from a field under soybean cultivation directly after
harvest, was dried at 55 ◦C and stored at 4 ◦C. SESOM was prepared as described pre-
viously [18] by adding 200 g of dry soil to 1 l of prewarmed (60 ◦C) sterile MOPS buffer
(10 mM, pH 7.0) in a 2 L Erlenmeyer and shaken for 4 h at 150 rpm. To remove soil particles,
the suspension was filtered sequentially through filter paper and cellulose acetate filters of
pore sizes 8, 4, 1.2, 0.8, 0.4 and 0.2 μM. The clear extract was filtered to sterility through a
0.2 μM bottle top filter. Each extract was checked for sterility by plating 20 μL on R2A agar
and incubating at 30 ◦C for 72 h. The sterile SESOM was supplemented with 0.1 g/L Bacto
peptone and 0.1 g/L L(+)-Arabinose.

2.2. Motility

The effect of culture medium on swimming motility was determined by inoculating
the center of low percentage agar plates (0.35%). Precultures were prepared by inoculating
grown in PSY and SESOM and incubating at 30 ◦C for 24 h while shaking at 250 rpm.
Cultures were diluted to A600 of 0.100 and 20 μL was drop inoculated at the center of PSY
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or SESOM low agar plates. Plates were incubated at 30 ◦C for 10 d when the colony radius
was measured.

2.3. Microbial Adhesion to Hydrocarbons

Microbial adhesion to hydrocarbons (MATH) was assessed to analyze surface hy-
drophobicity of cultures. Exponential phase cultures (50 mL) prepared as outlined above
were harvested by centrifugation for 10 min at 10,000× g and resuspended in 15 mL sterile
Phosphate Urea Magnesium Sulfate Buffer (PUM) containing 22.2 g/L K2HPO4·3H2O,
7.26 g/L KH2PO4, 1.8g/L Urea and 0.02 g/L MgSO4·7H2O with pH adjusted to 7.1 [20,21].
Following a second round of harvesting, cells were suspended in 15 mL PUM by vortexing.
To three acid washed glass tubes, we added 4 mL cell suspension, and supplemented
with 1 mL n-hexadecane, retaining the final 3 mL suspension as blank. Cell suspended
in PUM were exposed to hexadecane by vortexing for 1 min and allowing the mixture to
separate at room temperature for 1 h. After separation, 1 mL of the aqueous phase was
withdrawn very carefully using acid washed, sterile glass pipettes, and transferred to a
quartz cuvette. The absorbance was measured at 600 nm, using hexadecane-supplemented
PUM without bacteria added as blank, termed Absorbance Math (AM). The absorbance
of untreated cell suspensions was measured at 600 nm, using PUM buffer as blank, and
termed Absorbance original (AO). The fraction of cells that partitioned to the hydrocarbon
phase was calculated as:

Fp = 1 − (AM/AO)

2.4. Lectin Binding Assay

Surface-exposed sugar moieties were characterized using a collection of 24 lectins
(Vector Laboratories, Burlingame, CA, USA) (Table 1). Nine of these were fluorescein-
conjugated, and the remaining fifteen were biotinylated. Exponential phase 24 h old
cultures were prepared as described above, harvested, and washed with HSB buffer
(2.383 g/L HEPES, 8.766 g/L NaCl, 0.011 g/L CaCl2 and 0.8 g/L sodium azide) (Vector
Laboratories), and resuspended to absorbance of 0.100 at 600 nm. Lectins were diluted
to 20 μg/ mL in HSB, and 100 μL added to 50 μL of cell suspension. After mixing by
brief vortexing, lectins were allowed to bind for 10 min at room temperature, followed by
vortexing and a further 10 min rest period. The cells were harvested by centrifugation at
16,200× g for 7 min. Unbound lectin was removed by three wash cycles using HSB buffer.
For fluorescein-conjugated lectins, the resulting pellet was resuspended in 20 μL of HSB
and the entire sample transferred to a clean microscopic slide. The drop of cell suspension
was covered with a glass coverslip, pressed slightly to reduce cell movement, and the
sides sealed using clear nail varnish to prevent evaporation. For biotinylated lectins, lectin-
exposed washed cells were supplemented with 50 μL of 20 μg/mL streptavidin-FITC and
left to bind for 30 min. Unbound streptavidin-FITC was removed by washing cells twice.
The pellet was resuspended in 20 μL HSB and transferred to a microscope slide.

Samples were viewed by fluorescence microscopy using an Olympus BX53 Up-
right Compound Microscope with 466/40 nm excitation and a 525/50 nm emission fil-
ter, captured using an Olympus DP70 digital camera. Sample images were captured
using 100, 200, 400, 600, 800, 1000 and 1200 ms exposure time. Binding intensity was
scored by the shortest exposure time yielding visible fluorescence, with 100 ms scoring
level 4, and <1200 ms scoring level 0. The proportion of cells displaying fluorescence
was determined by Image J by preparing the binary image under Process. The result-
ing binary image was further processed for analysis by using the following programs
sequentially > Mask > Watershed > Fill holes. For the analyses, the analyze particles pro-
gram was selected under the Analyze icon.
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Table 1. List of lectins used.

Lectin Name Lectin Abbreviation Sugar Specificity * Conjugated with

Concanavalin A Con A Branched and terminal mannose
[High-Man, Man α-1,6(Mana-1,3)] FITC

Dolichos biflorus agglutinin DBA GlcNAc β-1,4 GlcNAc oligomers and
LacNAc (Gal β 1,4 GlcNAc) FITC

Peanut agglutinin PNA Terminal Gal (β-OR) FITC

Ricinus communis agglutinin I RCA I Gal FITC

Soybean agglutinin SBA α- or βLinked terminal GaINAc,
GalNAc α-1,3 Gal FITC

Ulex europaeus agglutinin I UEA I α-Fucose FITC

Wheat germ agglutinin WGA β-GlcNAc, sialic acid, GalNAc FITC

Datura Stramonium Lectin DSL GlcNAc β-1,4 GlcNAc oligomers and
LacNAc (Gal β 1,4 GlcNAc) FITC

Galanthus Nivalis Lectin GNL Terminal α-1, 3 mannose FITC

Lens culinaris agglutinin LCA Complex (man/GlcNAc core with
α-1,6 Fuc) Biotin

Pisum sativum agglutinin PSA Man, (Fuc a-1,6 GlcNAc, α-D-Glc,
α-D-Man) Biotin

Griffonia simplicifolia lectin I GSL-I α-Galactose, also binds some GalNAc Biotin

Sophora japonica agglutinin SJA βGalNAc Biotin

Vicia villosa agglutinin VVA GaINAc Biotin

Lycopersicon esculentum (tomato) lectin LEL β-1,4 GlcNAc oligomers Biotin

Solanum tuberosum (potato) lectin STL GlcNAc oligomers, LacNAc Biotin

Griffonia simplicifolia lectin II GSL-II Terminal GlcNAc Biotin

Succinylated Wheat germ agglutinin sWGA GalcNAc Biotin

Erythrina cristagalli lectin ECL Gal β-1,4 GalNAc Biotin

Artocarpus integrifolia (Jacalin) J Gal β-1,3 GalNAc Biotin

Phaseolus vulgaris erythroagglutinin PHA-E Complex-type N-glycans with outer
Gal and bisecting GlcNAc Biotin

Phaseolus vulgaris leucoagglutinin PHA-L β-1,6 Brandched tri mannosyl core
N-linked glycans Biotin

Maackia amurensis lectin I MAL-I Galactosyl (β-1,4) N-acetylglucos
amine, (α-2,3) sialic acid Biotin

Maackia amurensis lectin II MAL-II α-2,3 sialic acid-LacNAc structure Biotin

* Vector Laboratories.

2.5. Biofilm Formation

The effect of culture medium on biofilm formation was determined by the widely
used polystyrene crystal violet assay [22,23], with some modifications. Exponential phase
cultures were prepared as described above, harvested by centrifugation, suspended in
sterile water to remove residual medium, harvested, and resuspended in fresh PSY or
SESOM to absorbance of 0.100 at 600 nm. Nunclon Delta Surface Polystyrene 96-well plates
(Thermo Scientific, Waltham, MA, USA; catalog 167008) were loaded with 150 μL of cells
in 7 replicates. The sterile culture media were loaded into additional wells to serve as
blank. After 24 h incubation at 30 ◦C, the planktonic cells were removed by pipetting. Each
inoculated well of the plate was washed twice by pipetting using sterile water to facilitate
removal of all planktonic cells. Biofilms were stained by adding 200 μL of 0.1% aqueous
crystal violet solution, shaking at room temperature for 20 min. The crystal violet solution
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was removed from the wells by pipette, followed by two cycles of careful washing with
water by pipetting. The plate was left open for 30 min to dry and 200 μL of 95% ethanol
was added to dissolve the crystal violet. The plates were incubated for 10 min at room
temperature with shaking and absorbance determined at 570 nm.

2.6. Root Adherence

To determine bacterial adherence to young roots, exponential phase cultures were
exposed to germinating soy seeds. Seeds were sterilized as described previously [24].
Briefly, seeds were sterilized by washing in 30% of concentrated bleach for 5 min while
shaking gently, followed by three consecutive washes with sterilized deionized water under
shaking. Seeds were suspended in 70% ethanol while being shaken gently for 20 min,
followed by seven consecutive washes with sterilize deionized water under shaking.
Following a final 20 min soak in sterile deionized water, seven seeds were placed onto each
R2A agar plate (Difco) and left in the dark at 30 ◦C for 9 d. R2A comprised of yeast extract
0.5 g/L, proteose peptone No. 3 0.5 g/L, casamino acids 0.5 g/L, dextrose 0.5 g/L, soluble
starch 0.5 g/L, sodium pyruvate 0.3 g/L, dipotassium phosphate 0.3 g/L, magnesium
sulfate 0.05 g/L and agar 15 g/L. The plates were inspected every 2 d, and plates with
seedlings showing microbial outgrowth on the agar were discarded. By day 9, roots varied
from 8 to 12 cm in length.

The exponential phase cultures were prepared as described above and diluted in
fresh medium to absorbance of 0.100 at 600 nm. Aliquots were taken, and the culturable
count was determined using the droplet plate count technique (Lindsay and VonHoly,
1999). Briefly, samples were serially diluted and 20 μL volumes spotted onto R2A plates.
After incubation at 30 ◦C for 4 d, colonies were counted. Five seedlings were added to
each 250 mL flask containing 50 mL of exponential phase cultures (50 mL) prepared in
either PSY or SESOM as outlined above, left for 60 min while shaking gently. Seeds were
removed aseptically using sterile tweezers, washed twice with sterilize deionized water
and transferred to 50 mL conical tubes containing 50 mL PBS with 0.02% Tween 20 [24].
Tubes were immersed in a sonicator bath (Fisher FS20) and exposed to ultrasound for 30 s,
and then transferred to ice water for 30 s to prevent undue heating. This sonication and
cooling cycle was repeated 4 times. One mL of treated sample was drawn to perform serial
dilutions and triplicate 20 μL volumes were plated on R2A plates. After incubation at 30 ◦C
for 4 d, colonies were counted.

3. Results

3.1. Growth Medium Can Significantly Influence Cell Surface Hydrophobicity and Motility of
Bradyrhizobium Strains

Surface properties of bacterial cells affect interaction with surfaces. We determined
surface hydrophobicity of populations cultured in PSY and SESOM using the MATH
partitioning assay. Hydrophobicity of the four strains varied, when grown in PSY medium
with arabinose. USDA 110 was most hydrophilic while USDA 26 was the most hydrophobic
(with USDA126 and USDA3384 displaying intermediate hydrophobicity), indicating strain-
specific surface phenotype (Figure 1). When grown in the soil extract medium, SESOM, two
of the strains underwent a significant increase in surface hydrophobicity. For USDA 3384,
the fraction partitioned to the hydrocarbon phase increased by 700% and for USDA 110 by
300%. For USDA 110, some absorbance values of aqueous phase after partitioning were
negative, suggesting minor emulsification due to hydrocarbon droplets into the aqueous
phase. However, no significant change was observed for USDA 26 and 126 (Figure 1). These
results indicate that surface hydrophobicity of Bradyrhizobium has some inherent strain-
specific differences, and it is affected by the culture medium, with increased hydrophobicity
predicted for cells growing in soil.
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Figure 1. Surface hydrophobicity of Bradyrhizobium strains cultured in either PSY-Arabinose or SESOM to mid exponential
phase and partitioned into hexadecane as an apolar solvent. Data were analyzed by Student t-test, and p values indicate
statistical significance (ns not significant, ** p < 0.01, *** p< 0.001).

To determine whether growth in a soil environment affects motility, strains were
inoculated into classical motility low agar plates (0.35%) in either PSY or SESOM. The
strains varied in degree of motility in either medium, with USDA 110 and 126 the most
motile, USDA 3384 less motile and 26 the least motile (Figure 2). USDA 26, 110 and 3384
showed a significant decrease in motility when grown in SESOM, while 126 remained
unchanged (Figure 2). Strains 110 and 3384 showed the largest change. Collectively, USDA
110 and USDA 3384 became more hydrophobic and less motile when cultured in SESOM.

 

Figure 2. Motility radius of Bradyrhizobium strains spot-inoculated into either PSY-Arabinose or
SESOM solidified with 0.35% agar and incubated for 10 d. Data were analyzed by Student t-test, and
p values indicate statistical significance (ns not significant, ** p < 0.01, **** p < 0.0001).
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3.2. Lectin Binding Profiles of Bradyrhizobium Strains Change When Cultured in SESOM

The presence of surface-exposed sugars was characterized semi-quantitatively using
24 lectins. Lectin binding intensity was scored by visible fluorescence after different
exposure times, yielding a lectin fingerprint for each strain (Figure 3). USDA 110 bound
to the highest number of lectins, followed by strains 26, 126 and then 3384. Each strain
bound not one but multiple lectins, but also displayed binding to a unique combination
of lectins, indicating different combinations of surface-exposed sugars. The fluorescence
intensity varied among lectins and strains, indicating differences in the quantity of bound
lectin. Importantly, SESOM-grown populations all bound fewer lectins than those grown
in PSY. This indicates a decrease in the diversity of surface-exposed sugars and therefore
shifts in extracellularly expressed polysaccharides. SESOM-grown USDA 110 bound only
four of the 13 lectins bound ex PSY. Intriguingly, no new lectin binding was observed ex
SESOM, except for USDA 126 which bound sWGA and STL. Collectively, this indicates
a decrease in the variety of surface-exposed sugars in Bradyrhizobium when growing in a
soil environment.

 
Figure 3. Lectin binding profiles of Bradyrhizobium strains cultured in either PSY-Arabinose or SESOM to mid-exponential
phase. Binding intensity was scored by the shortest exposure time yielding visible fluorescence, with 100 ms scoring level 4,
and <1200 ms scoring level 0.

Only a small proportion of cells displayed fluorescence, so cells appeared to either
bind or not bind a specific lectin (Figure 4). To ascertain whether this was due to an
insufficient quantity of lectin in the binding reaction, cultures were exposed to increased
lectin concentrations, up to 300 μg/mL. This did not increase the proportion of lectin
binding cells (data not shown), but instead indicated the phenotypic variability among
exponential phase cells in a liquid culture. As the slow-growing Bradyrhizobium are more
prone to contamination during culture, experimentation included regular sub-culturing on
agar to ensure cultures were not contaminated. SESOM-cultured populations generally
displayed lower proportions of lectin binding cells than ex PSY, with some exceptions such
as USDA 110 binding to WGA and USDA 126 binding to RCA I. These results indicate a
differentiation in surface properties among cells in Bradyrhizobium populations cultured
under homogenous conditions (liquid shake culture).
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Figure 4. Lectin binds only to a subset of cells in the population. Binding of sWGA to B diazoefficiens USDA 26 grown in
SESOM (A) and PSY (B), and the percentage of cells binding to the 25 lectins after culturing in PSY and SESOM (C).

3.3. SESOM-Grown Populations Form No Biofilm but Display Increased Adherence to Soy Roots

Bradyrhizobium growing in SESOM displayed altered attachment-associated traits, so
we quantified in vitro biofilm formation using the standard microtitre plate biofilm assay.
PSY-grown USDA 110 and 26 formed biofilms on polystyrene within 24 h (Figure 5A), while
USDA 126 and 3384 did not, even when incubated for 96 h (data not shown). Intriguingly,
no strain formed biofilm in SESOM, with cells remaining in the planktonic phase. These
results indicate that Bradyrhizobium growing in soil would not attach and form biofilms
on more hydrophilic surfaces such as the Nunclon Delta Surface Polystyrene used in
these experiments.
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Figure 5. Biofilm (A) and soy root adherence (B) of Bradyrhizobium strains. Exponential phase Bradyrhizobium cultured in
either PSY-Arabinose or SESOM were inoculated into 96-well polystyrene plates and biofilm formed after 24 h quantified by
crystal violet staining (A), or exposed to 9 d old roots for 60 min (B). Data were analyzed by Student t-test, and p values
indicate statistical significance (ns not significant, **** p < 0.0001).

To gain insight into association with young soy roots, Bradyrhizobium was grown in
PSY or SESOM, suspensions of exponentially growing cells were exposed to 9-day-old
gnotobiotic seedlings for 60 min, and the adhering cells were counted. Adherence of all
four PSY-cultured populations was scant (Figure 5B). In contrast, SESOM-grown USDA 110
displayed significantly more root adhesion. The adhesion data obtained for SESOM-grown
cultures were more varied than for ex PSY. While root adhesion of strains 26, 126 and
3384 was not found statistically significant, it was higher than in PSY in multiple cases
(Figure 5B). This greater variability in observed phenotype among individual experiments
may be due to either variability among young roots, or due to variation in Bradyrhizobium
population phenotype, as is also observed in lectin binding experiments.
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4. Discussion

Our data reveal that Bradyrhizobium adopts adhesion-related surface properties when
grown in the liquid soil extract SESOM. We observed the effect of soil nutrient environment
on the surface hydrophobicity, motility, lectin binding spectrum and adherence capacity
of the cells to soy roots. SESOM-grown populations of strains 110 and 3384 were more
hydrophobic in nature, whereas there was no significant difference with strains 26 and 126.
An effect of growth media on the surface hydrophobicity of bacterial cells has been reported
for other bacterial species [25–27]. The hydrophobic properties of both the root surface and
the bacteria involved in symbiosis contributes to one of the strongest forces in the initial
root association. Bacterial cell surface hydrophobicity has been correlated directly to root
attachment and competitive nodule forming ability [6,28]. Structural changes brought in
LPS increase the cell surface hydrophobicity, which likely is significantly involved in the
endocytotic infection process [7]. It is likely that the soil nutrients make 110 and 3384 more
hydrophobic, and hence increase their chance of attachment by supporting them in their
competitiveness to other bacteria. This was observed in the root adherence assay with
strain 110 but not 3384.

The motility of rhizobia in response to chemical signaling plays a critical role in the
initial contact, attachment and colonization of the root hair [29]. Mutants of Rhizobium
meliloti LS-30 with defective motility took 5–20 times more time to adsorb to the root cell,
and had delayed nodule formation, making them less competitive than other bacteria [11].
In this study, SESOM-grown populations were observed to be less motile. This could be
because B. japonicum grown in L-arabinose as sugar source expresses lateral flagella along
with subpolar flagella, making them move faster than those grown in other sugars [17]. Our
lectin data indicated reduced surface sugar diversity when growing in SESOM. Alterations
of the surface sugar moieties and their effect on symbiotic capability have been observed in
Bradyrhizobium [9,30–32]. Surface sugar diversity has been reported to vary in composition
when grown on different carbon sources [33,34]. These data suggest that the carbon sources
in SESOM lead Bradyrhizobium to produce a different combination of extracellular polysac-
charides and other sugar-containing polymers. Specifically, SESOM-grown populations
appear to produce a smaller number of such extracellular polymers.

The contrast between biofilm formation on polystyrene and adherence to soy roots was
unexpected, especially in the case of strain 110. While SESOM-grown populations failed to
form biofilm on polystyrene, they were more prone to adhere to the soy roots. Arabinose
as carbon source yielded opposite outcome. Medium characteristics such as osmolarity,
nutrients, and factors derived from the biotic environment, may also affect attachment
and/or biofilm formation. Little is known about the distribution of surface properties on
young soybean roots, but the SESOM-grown, more hydrophobic strain 110 attached to the
roots. In contrast it did not form detectable biofilm on the hydrophilic-modified Nunclon
Delta Surface plates used. As confirmation, the hydrophilic ex PSY populations attached
to the hydrophilic polystyrene, but not the soy roots. Biofilm formation of Rhizobium is
affected by growth medium and incubation conditions [35]. Soybean agglutinin (SBA) lectin
is thought to contribute to root-surface adherence [36]. While strains 110 and 126 displayed
SBA binding under both culture condition (Figure 3), root adherence was significantly
different. This suggest that root adherence may be driven largely by other factors.

The binding of specific lectins to only some cells in the population was surprising.
Selective binding was not due to a shortage of lectin concentration as confirmed by ex-
periments with increased concentration. The purity of the culture had also been verified
regularly, so selective lectin binding pointed to differentiation in surface-exposed sugar
polymers. This apparent differentiation of surface properties of cells in liquid shake cul-
tures was unexpected. Our methodology included the removal of residual sugars from
the culture medium by washing cells, and a wash step to remove unbound lectins after
binding. These wash steps could have contributed to a loss of EPS into the liquid phase,
leading to less or no bound lectin retained on cells. A similar observation of differen-
tial polysaccharide positioning has also been reported in Agrobacterium tumefaciens and
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Rhizobium leguminosarum [37,38]. While phenotypic population differentiation has been
studied extensively in Bacillus subtilis [39,40], it is better known from environments allow-
ing niche-specific physicochemical conditions such as in biofilms. The ecophysiological
role of phenotypic differentiation of Bradyrhizobia presents itself as a new field of study.

From the results, it is clear that growth in a soil nutrient environment does affect the
surface properties and adherence capacity of Bradyrhizobium. This is true especially for
USDA 110, which is an agriculturally important rhizobial bacteria for soybean nitrogen
fixation, where SESOM increased hydrophobicity and root adherence capability signifi-
cantly [41]. The observed differences in the surface and phenotypic properties of the soil
nutrient grown population leads to the conclusion that Bradyrhizobium adjust with the
chemical cues that are present around them. The results from this study emphasize the
need to further explore the effect of (secreted) root exudates on the surface and phenotypic
behavior of Bradyrhizobium cells and resulting root adherence.
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