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Abstract: Nucleic acids play a central role in many biological processes, including information storage, gene
expression, serving as messengers or structural components and even catalysis. Their diverse roles have made
them targets of interest to diagnose and treat an array of human disorders such as infections, degenerative
diseases and cancer. Nature has evolved proteins and ligands that recognize specific nucleic acid sequences
or structures and control their function, demonstrating that this can be efficiently accomplished. This has led to
the development of wide variety of synthetic molecules that selectively bind to nucleic acids. In turn, this has
precipitated numerous studies which showed that nucleic acid structures and their dynamic properties must be
understood in order to efficiently target specific sequences or structures.
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Nucleic acids play a central role in many
biological processes. Their functions in-
clude information storage, controlling
gene expression, serving as messengers or
structural components and even catalysis.
Given their diverse roles, they are targets
of interest to diagnose and treat an array
of human disorders such as infections,
degenerative diseases and cancer. Nature
has produced an assortment of protein and
non-protein ligands that are able to rec-
ognize specific nucleic acid sequences or
structures. The development of molecules
that selectively bind to nucleic acids such
as metal complexes, peptides, oligonucle-
otides and a wide array of organic com-
pounds has provided many details and
showed that nucleic acid structures must
be understood in order to target them.

In the following, we focus on the in-
volvement of our laboratories in the dis-
covery of unusual DNA structures and
DNA damage recognition. It has been
known for some time that DNA possesses
conformational variability far beyond the
original B-form double helix proposed
by Watson and Crick in 1953.[1] Common
properties in the three major families A, B
and Z-DNA duplexes are the antiparallel
orientation of the complementary strands,
Watson-Crick (WC) type base pairing and
the presence of 5’-3’ phosphodiester link-
ages. The existence of parallel stranded
structures was reported as early as 1961
for poly(A) and later for oligodeoxy- and
polydeoxyribonucleotides at low pH.[2] In
addition to low pH, parallel stranded du-
plex structures are promoted by chemical
modifications and bulky substituents that
block WC base pairing as well as ligand
nucleic acids interaction.[3,4]

1. Parallel-stranded Duplex DNA

In 1986 Pattabiraman suggested that
the homooligomeric AT tracts (dA6.dT6)
could form a parallel-stranded right-hand-
ed double helical structure.[5] In this model
each individual DNA strand essentially
maintains a B-like conformation with 2’
endo sugar puckering and anti orientation
of the bases. To test this prediction artifi-
cial 3’-3’ or 5’-5’ phosphodiester linkages
were employed to enforce an intramo-
lecular parallel-stranded orientation in the
sequence dA10.dT10.[6] These and similar
sequences were shown to form double he-
lical PS DNA with reverse Watson-Crick
base pairing under physiological condi-
tions (Fig. 1).[7]

A characteristic feature of PS DNA is
the equal size of the grooves (Fig. 2). This is

Fig. 1. Top: 3’-d(T8xC4A8 )-3’ DNA hairpin. X
denotes a 5’-5’ linkage. Note polarity reversal
caused by the 5’-5’ linkage. Bottom: Reverse
Watson Crick base pair in a parallel stranded
DNA hairpin.[7] Hydrogen bonds and location of
T Methyl group are marked.
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in stark contrast to B-DNA which features
distinct major and minor grooves. For PS
AT sequences, the same functional groups
are present in the former minor groove,
which is enlarged and now contains the
thymine methyl groups (Fig. 1). Hoechst
33258, an AT specific minor groove bind-
ing drug is therefore expected to bind
to PS DNA but with altered affinity and
spectral properties. This was confirmed by
the observation that PS-AT hairpin has a
41-fold lower affinity for the drug than an
antiparallel control while removal of the
methyl groups (PS–AU hairpin) increases
the binding constant 8-fold compared to
the PS-AT sequence.[9]

Because of the same hydrogen bond-
ing potential, alternating AT sequences
(i.e. d(AT)

n
) can also form PS DNA.[9–11]

The stability of alternating AT base pairs
is however distinctly lower than homo-
oligomeric AT pairs, largely because of a
smaller helix growth parameter.[9] Parallel-
stranded DNA is not restricted to systems
containing unusual linkages but occurs in
unconstrained and unmodified DNA with
the appropriate sequence composition (Fig.
2).[8,12] Subsequently, it was shown that PS
DNA can also tolerate the presence of GC
base pairs albeit with compromised stabil-
ity compared to an AT base pair.[13] The GC

pair is predicted to form with a single hy-
drogen bond, although a wobble pair with
two hydrogen bonds remains a possibility.
The dimer system shown in Fig. 2, served
as a test bed to evaluate the stability of oth-
er base combinations and revealed that GG
and AA but not GA or TC base combina-
tions are tolerated. The observation that the
GO6Me-C is not stable while the GO6Me-
T combination implicates O(6) and N(1) of
G in base pair formation (Fig. 3).

It has been known for some time that
oligonucleotides containing (GA)n repeats
are inefficient agents for either triplex for-
mation or antisense approaches, partly due
to the inherent tendency of these sequences
to self-associate.[14] This provided an impe-
tus for thestudyof (GA)n sequences thathas
resulted in several proposed structures.[15,16]

Based on chemical modification and
model building, Rippe et al. proposed that
(GA)n sequences form parallel-stranded
duplexes with a dinucleotide repeat (with
G-syn and A-anti glycosidic torsion) and
GG respectively AA base pairs.[15] An
NMR-based study at low pH on a related
sequence favors an anti conformation of
all bases and different base pairing scheme
for G.[17] Our work on 3’-d(GA)

3
-5’5’-

T
4
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3
-3’ and 3’d(GA)

4
-5’-5’-T

4
(AG)

4
-3’

DNA hairpins confirms the formation of a

parallel-stranded structure; no evidence
for triple-stranded structures could be ob-
served. Further support for GG and AA
pairing was obtained from a dimer duplex
where either GG and AA or alternatively,
GA pairing was enforced by sequence
constraints. Only duplexes with GG and
AA base pairs were found to be stable.
This prompted us to examine additional
sequences for parallel DNA formation. In
the mammalian genome (GA)n and (GT)n
tracts occur frequently and may poten-
tially also form PS structures in vitro.[18]

This was demonstrated with the sequence
3’-d(GT)

3
-5’5’-T

4
(AG)

3
-3’which formed a

parallel-stranded hairpin with remarkable
stability, similar to the (GA)n sequences.
Using the appropriate sequence design we
could show that GG and AT parallel base
pairs form.[19] A parallel strand disposition
is also obtained in duplexes formed be-
tween complementary α− and β-anomeric
sequences[20] (Fig. 3).

Considering this, we hypothesized that
introduction of an alpha anomeric compo-
nent in a GA duplex will again invert the
polarity and therefore result in a novel an-
tiparallel duplex. This is indeed the case,
5’d(GA)

4
T

4
α[(AG)

4
]T-3’, forms an intra-

molecular antiparallel duplex with G-αG
and A-αA base pairs.[21]

2. DNA•DNA and DNA•RNA
Duplexes with Localized Parallel-
stranded Segments

The promise of controlling gene ex-
pression at the translational level in a
specific and efficient manner has spurred
a large research effort into antisense oli-
godeoxynucleotide (ODN) therapy.[22]

The basic principle is to interfere with the
production of an undesired protein by in-
activating or degrading the corresponding
mRNA. Desired properties of potential an-
tisense ODNs include: high nuclease resis-
tance to preserve integrity in an organism,
high affinity and selectivity towards the in-
tended target mRNA, cellular uptake, syn-
thetic feasibility and RNase H cleavage of
the mRNA in complex with the ODN. The
latter takes advantage of a cellular enzyme
and enables an ODN to potentially mediate
the destruction of a large number of mRNA
molecules. To meet these different chal-
lenges a flurry of modifications to bases,
sugars and backbones were explored.[20,23]

With very few exceptions however, most
modifications result in ODNs that do not
support the desired RNase H activity. This
has led to the design of chimeric ODNs con-
taining nuclease resistant components and
segments that elicit RNase H activity.[24]

Our strategy and that of others was to
employ α-anomeric nucleotides in con-
junction with 3’-3’ and 5’-5’ linkages to

Fig. 2. Left: Model of an intramolecularly formed duplex PS DNA with homooligomeric and
alternating AT base pairs.[8] Middle: Duplex and substitution pattern to test alternate base
combination. I: Inosine, O6MeG is G where the O6 position is methylated and the N1 functionality
is changed from a H-bond donor to acceptor. Right: Melting temperatures (TM) and enthalpies of
PS duplexes (10 µM) containing different base combination in 15 mM MgCl2, 50 mM Tris, pH 7.2,
measured at 260 nm. The first letter in the name refers to the substitution in the 15mer.

Fig. 3. Natural
β- and α-anomeric
dG nucleotide. The
nucleotides differ at
the stereochemistry
at the C(1’) position.
Also indicated are
numbering and torsion
angles for the β-dG
nucleotide.
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B-type characteristics. Analysis of the de-
oxyribose proton couplings[33] revealed
that despite the largely unperturbed struc-
ture the sugar puckering and hence the dy-
namics of the nucleic acids is drastically
altered. A more accurate description of the
conformational dynamics was achieved
using time-averaged restraints (MDtar)
where the NMR distance restraints are not
required to be fulfilled all the time but only
over a specified time frame which permits
dynamic behavior to emerge. This resulted
in a markedly improved agreement of the
obviously dynamic duplexes with the ex-
perimental data.[34] In both DNA•DNA and
DNA•RNA the 5’-5’ linkage introduces a
dynamic hotspot which is evident from
both the sugar puckering and backbone
behavior (ε and ζ torsion angles). The 3’-
3’ linkage is in contrast much more static
and in case of the DNA•RNA duplex shifts
the two β-anomeric sugars to a pure S-type
conformation (Fig. 5). For the DNA duplex
this effect cannot be observed since these
residues are already in a 2’endo conforma-
tion. Together with the α-anomeric residue
this results in an unusual stretch of high
S sugars in the DNA strand of the hybrid
with a concomitant reduction of the minor
groove width. These observations demon-
strate that we can locally control the sugar
puckering and minor groove topology,
which has ramification for the substrate
quality of the hybrid duplex for RNase H.

3. Alpha Anomeric Damage and
Recognition

We previously demonstrated that sin-
gle α-anomeric nucleotides flanked by 3’-
3’ and 5’-5’ linkages fit well into helices,
suggesting that ‘normal’3’-5’α-anomeric
residues would be destabilizing and could
possibly be extrahelical.[27] This notion
was supported by previous work since a
single 3’-5’ linked α-anomeric thymidine

generate a new class of ODNs.[25] The 3’-3’
and 5’-5’ linkages allow the local inversion
of the strand polarity, enabling the parallel
stranded α-anomeric tracts to form Wat-
son-Crick base pairs with the RNA target.
This results in ODNs that permit RNase
H to destroy the RNA component of an
ODN•RNA heteroduplex[26–28] and selec-
tively inhibit growth in two cervical carci-
noma cell lines as well as in tumor-bearing
mice.[29] These ODNs bind more strongly
to the target RNA than phosphorothioates
due to the enantiomeric purity of α-ano-
meric nucleotides and the inherent stability
of α-ODN/β-RNA hybrids.[20]

2.1 Alpha-winged ODN/RNA Du-
plexes Are Susceptible to Cleavage
by RNase H

The α/β-ODNs containing polarity
reversals that we are using in our proof-
of-principle studies target erbB-2 mRNA,
which is overexpressed in >30% of early
and advanced mammary tumors.[30] This
target has been tested with six differ-
ent overlapping antisense sequences and
several control sequences and cancer cell
lines.[31] In order to compare the efficacy of
the α/β-gapmer ODNs, control sequences
comprised of all α-anomeric nucleotides
(alpha), all phosphorothioate backbone,
and gapmers featuring four or five ano-
meric residues flanked by 2’-O-methyl
stretches (2’-Ome4 and 2’-Ome5) were
also studied.

A β-anomeric window of three nucleo-
tides (two natural phosphodiester linkages)
is sufficient to allow limited E.coli RNase
H activity (Fig. 4). Increasing the window
size markedly improves the substrate qual-
ity as measured from the digestion of the
labeled 15-mer RNA target. Clearly, the
α-winged ODNs are better substrates than
the corresponding 2’-O-Me sequences. For
mammalian RNase H a four β-anomeric
window (three natural phosphodiester link-
ages) is sufficient. Again we observe that
the α-winged oligonucleotides outperform
the 2’-O-Me sequences. The preferred site
of RNA hydrolysis for the mammalian
enzyme is at the center of the β-anomeric
window while E.coli RNase H cuts the
RNA across the 5’-5’ linkage. All gapmer
constructs performed considerably better
than the PS ODN for which only 49% of
the RNA was hydrolyzed. Our work also
showed that a substoichiometric amount of
ODN was able to digest an excess (8-fold)
of RNA, demonstrating that the ODN can
mediate the destruction of multiple RNA
targets, which is of biological interest.[28]

2.2 NMR Structural Studies
The previous section demonstrates

the need to understand the structural and
dynamic details of α-anomeric residues
combined with linkage reversals in nucle-

ic acids. Inserting an αT residue in an an-
tiparallel orientation (i.e. in absence of the
linkage) in a DNA sequence was found to
severely destabilize duplex formation.[27]

Using 3’-3’ and 5’-5’ linkages we de-
signed DNA•DNA and DNA•RNA du-
plexes containing single α-anomeric resi-
dues (αT, αA, αG and αC) (Fig. 4). NMR
solution structures were determined using
standard techniques. Briefly, the MARDI-
GRAS (Matrix Analysis of Relaxation for
Discerning the Geometry of an Aqueous
Structure) program was used to generate
proton–proton distance restraints from
integrated NOESY (Nuclear Overhauser
Spectroscopy) peaks in the presence of
spin diffusion and torsion angles defining
the deoxyribose ring systems were calcu-
lated from three-bond proton–proton sca-
lar couplings.[32]

The DNA•RNA nonamer hybrid cor-
responds to the core of the erbB-2 RNA
target presented in the previous section.
Thermodynamic and spectroscopic (UV
and circular dichroism) studies established
that the presence of a single 3’-3’-αN-5’-
5’ modification per strand results in a rela-
tively small decrease in thermostability (T

m
and ΔH°: control > alphaT≈ alphaA ≈ al-
phaG > alphaC). Both DNA and hybrid du-
plexes were fully Watson-Crick base paired
and the parallel α-anomeric residues were
stacked into the helix (Fig. 5). The DNA
duplex adopts over all a B-type structure
that is highly superimposable with the un-
modified control. However, a number of
local perturbations are evident within each
region encompassing the modifications.
Beside its own intrinsic high S deoxyri-
bose, αT also resulted in an altered sugar
ring conformation (shift to S conformation)
of the nucleotide following the 5’-5’ link-
age and unusual backbone torsion angles at
the 3’-3’ and 5’-5’ linkages (Fig. 5).

In the case of the DNA•RNA hybrid,
the polarity-reversed αT fits snugly into an
overall A-like duplex that still retains some

Fig. 4. Left: 15-mer ODN sequences targeting erbB-2 mRNA. Nuclease resistant α-anomeric
nucleotides shown in red and are underlined, while 2’-O methyl nucleotides are underlined only.
The 2’-O methyl group substitutes the ribose 2’OH group, in phosphorotioates phos-S one of the
non-bridging oxygens in the phosphodiester linkage is replaced by a sulphur. erbB-2 mRNA: RNA
target; the 15-mer used in the RNase H reactions is shown in larger lettering. Right: Denaturing
gel electrophoresis of RNase H substrates. Reactions contain 32P- RNA and RNase H (E. coli, or
rabbit reticulocyte lysate).
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embedded in normal duplex severely de-
stabilized the structure.[27] In DNA, natu-
rally occurring α-anomeric lesions are
produced by inversion of the chirality at
C(1’) position following the abstraction
of the H(1’) proton by a hydroxyl radi-
cal. α-adenosine (α-A) is the major lesion
produced by γ-irradiation under anoxic
conditions.[35] The lesion is mutagenic
since it directs the incorporation of dC,
dA and dT in vitro and generates deletions
in an in vivo system.[36] Consequently
such damage must be repaired to main-
tain genetic integrity. The base excision
repair (BER) pathway is one of the most
prevalent DNA repair pathways and pro-
ceeds in two steps. In the damage specific
stage, DNA glycosylases detect specific

damaged bases and cleave the N-C(1’)
glycosidic bond. This results in a toxic
apurine/apyrimidine (AP) site which must
be rapidly removed by a ’damage gen-
eral’ AP endonuclease such as Endo IV
that cleaves the DNA backbone at the AP
site and sets the stage for the rest of the
repair process.[37] Alpha-anomeric lesions
have a unique repair pathway.[35,36,38]

Remarkably, E. coli endonuclease IV (En-
do IV) is able to both detect and process
α-anomeric damage without requiring a
damage specific glycosylase.[35] Model
building of Endo IV revealed a cavity
that capable of accepting an α− but not
β−anomeric nucleotide.[39] This activity is
not restricted to bacteria, since the human
analog of exonuclease III, APE-1, has

also been shown to recognize and process
α-anomeric lesions.[38]

To understand signaling and recruit-
ment of the repair enzyme Endo IV, we
determined the structural consequences
of a single α-anomeric adenosine in a
DNA duplex substrate for Endo IV.[40] In-
terestingly, unlike the inclusion of an α-
anomeric thymidine, incorporation of an
α-A residue revealed only a slightly lower
stability compared to the unmodified con-
trol. This is further supported by the NMR
solution structure of the DNA decamer,
which reveals that the lesion is intraheli-
cal and stacked within the duplex in a re-
verse Watson-Crick fashion. Stacking the
α-A within the duplex can be achieved by
altering only one backbone torsion angle,
ζ. This results in a concomitant increase
in the minor groove width (3’ downstream
of the lesion), a significant increase in roll
and decrease in twist for the base-pair steps
preceding and following the lesion, respec-
tively. Together these structural features
result in an overall 18° kink of the helix,
which is supported by numerous local re-
straints at the site of the lesion (Fig. 6). It
is interesting to note that even though the
lesion and the perturbations caused by it
are local, they change the global appear-
ance of the DNA. This suggests that a local
static change can give rise to a structural
marker for repair enzyme recognition. In
this case, the kinked helical axis and rather
enlarged minor groove around the lesion
in the αA structure have significant rami-
fications for its recognition by Endo IV.
Both of these features are also present in
the crystal structure of an apurinic DNA
substrate with Endo IV (1QUM) albeit to
a much larger extent.[39,40]

Our results suggest that the α-A lesion
facilitates enzymatic access by causing the
initial distortion. In addition, because of
the altered stacking pattern, the energetic
cost of driving the nucleic acid into its fi-
nal conformation in the complex with the
repair enzyme is reduced. Moreover, the
energetics of the distortion is also expect-
ed to be modulated by flanking sequences.
Enzymatic studies tie the modulation of
repair efficiency to changes in the flanking
sequence surrounding the αA lesion site.
The structural and dynamic properties of
these flanking sequence changes are cur-
rently under investigation.

4. Mismatch Recognition by MSH2-
MSH6 Dynamic Aspects

In contrast to a lesion, a DNA mismatch
is not a foreign component and is taken care
of by the mismatch repair (MMR) pathway.
In bacteria, MutS is responsible for the re-
pair of small insertion/deletion loops and
mismatches. This dimeric enzyme recog-
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Fig. 5 A) NMR structures of EcoRI DNA•DNA (left) and erbB-2 DNA•RNA (right) calculated
using AMBER 4.1; PDB accession numbers 1BX5 and 1C2Q. Color scheme: αT, red; high S-β-
deoxyriboses (fs > 0.67), green; intermediate N-/S-β-deoxyriboses (0.33 < fs < 0.67), cyan; high
N-β-deoxyriboses (fs < 0.33), blue; RNA strand, purple. Unperturbed torsion angles α-, βt, γ+, ε t,
ζ- shift to α+, βt, γ t/-, ε-, ζt/- at the αT residue, where the superscripts +, -, t indicate gauche +, - or
trans angles. B) Top: Deoxyribose structures found in DNA; 3’ endo belongs to the N(orthern)
conformational range while 2’ endo is a member of the S(southern) region. The puckered sugar
ring is generally described as an equilibrium between 3’ endo (N) and 2’ endo (S) conformation.
In B-type DNA exhibits fs > 0.70 while a low fs or predominant 3’ endo conformation is found in
A-DNA helices. Bottom: Sugar puckering in the DNA strands of the αT DNA•RNA hybrid (red) and
the unmodified control hybrid (black) expressed as fraction of S (2’ endo) conformation.

A B

Fig. 6. A) Ribbon representation of the kinked α-A decamer duplex (left) and Arnott B-DNA (right).
The sugar-phosphate backbones are shown in blue and green, α-A is shown in red. The helical
axes were obtained by CURVES fits of the base-paired segments above and below the lesion. B)
View into the minor groove, backbone in indicated in blue. Left: the α-A decamer with the lesion
site in red. Right: Arnott B-DNA.
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nizes mismatches by probing the DNA sub-
strate with a phenylalanine. Upon binding,
phenylalanine intercalates at the mismatch
resulting in a kink in the DNA along with
conformational changes in the protein to
form a clamp around the substrate.[41] The
hetero dimeric enzyme hMSH2-hMSH6 is
the human homolog to bacterial MutS. De-
fective hMSH2-hMSH6 is associated with
hereditary nonpolyposis corectal cancer,
underlying its importance.[42] In addition
to a wide range of mismatches, hMSH2-
hMSH6 also recognizes single nucleotide
small insertion/deletion, loops and dam-
aged nucleotides such as 8-oxo-G and O6-
methylguanine.[42,43] Upon recognition of
a mismatch, hMSH2-hMSH6 hydrolyses
ATP and forms a clamp around the DNA
substrate causing recruitment of other en-
zymes to continue the repair process.[42–44]

The ATPase activity (k
cat

) is a convenient
measure of the recognition/repair efficien-
cy. The wide array of chemically disparate
substrates suggests that features other than
specific groups serve as the signpost for
recognition. In addition, base pairs flank-
ing the mismatch have a significant effect
on mismatch recognition and repair.

For mismatches symmetrically flanked
by 3’ purines (e.g. CgA where g stands for
the guanine involved in the mismatch) a k

cat
of 21.7 min–1 and 17.8 min–1 was observed
for G/T and G/A substrates.[44] When the
flanking sequence was altered to 3’ sym-
metric pyrimidines (i.e. AgC) k

cat
was

reduced to 14.5 min–1 and 11.6 min–1, re-
spectively. This clearly demonstrates that
from the perspective of the enzyme it is the
flanking sequence that determines the ’rep-
arability’ of the mismatch. Thermodynam-
ic properties (ΔH, ΔG, T

m
) of mismatched

substrates fail to provide a rational for the
modulation of the substrate quality. For ex-
ample, the T

m
of G/T mismatches duplexes

are nearly identical with AgC 31.3 oC and
CgA 31.7 oC while for the G/A mismatch
theAgC duplex was significantly less stable
than the CgA combination. This prompted
us to carry out a concerted investigation of
the structure and enzymatic properties of
several DNA substrates (Fig. 7). In a regu-
lar duplex the base–base stacking results
in characteristic close distances between
base hydrogens and hence in observable
NOE’s between bases and sugar protons.
All duplexes were found to be base paired
including the G/T and G/A mismatches,
regardless of the flanking sequence. As
anticipate the G/T duplexes behave es-
sentially like a regular duplex and exhibit
normal base–base stacking and base-H(1’)
distances but with local perturbations. For
the G/A duplexes strong base–base con-
tacts were only observed for the top strand
of the G/A-AgC duplex. All other strands
showed several breaks in both base–base
as well as base-H(1’) connectivity. In ad-

dition, DNA backbone perturbations result
in unique phosphorus chemical shifts. A
single resonance was shifted downfield for
one of the G/T and one of the G/A duplexes
indicating perturbations in ε and ζ (Fig. 7).
However this is unlikely to serve as a rec-
ognition feature because it occurs in both
poorly and well-recognized substrates.[44]

The lack of NOE data signifies that the
dynamic properties are not confined to the
mismatched pair and that multiple confor-
mations must be considered. Considering
the widely different properties of the G/T
and G/A duplexes it is not readily evident
why the CgA duplexes for G/T and G/A
mismatches should be recognized similar-
ly. In order to probe the dynamics of these
duplexes in the ms range we focused on
base pair opening. Base pair lifetimes are
extrapolated to infinite catalyst concentra-
tions when each opening of the base pair
results in the exchange of the NMR visible
T or G imino protons.

Typical AT base pairs have lifetimes of
2–5 ms, while GC base pairs range from
40–60 ms depending on temperature, se-
quence and solvent.[45] As expected, base
pairs located near the ends in the duplexes
have much shorter life times than internal
positions, and base pair lifetimes involved
in either mismatch were estimated to be
<1 ms. The life times of the base pairs up-
stream of the mismatch (6-15 and 7-14) are
highly dependent on the flanking sequence.
When the mismatch site is surrounded by
purines in the 3’ position (AgC) these base
pairs have a much longer lifetime for both
G/T and G/A mismatches compared to
pyrimidines. These differences are solely
determined by the flanking sequences
which provides a rational for the sequence
dependence of the recognition by hMSH2-

hMSH6. In the MutS complex with a GT
mismatch substrate a phenylalanine is in-
serted on the 3’ side of the mismatched
G-15.[41,46] Intercalation of the conserved
phenylalanine residue, which is also pres-
ent in HMSH2-HMSH6, is considered one
of the key initiation features of mismatch
recognition.[41,47]

We therefore conclude that base pairs
with long life times hamper the probing of
the DNA and subsequent insertion of the
phenylalanine thereby impeding recogni-
tion and consequently also repair. We are
currently extending our work using addi-
tional substrates to test our hypothesis dy-
namics of a GG mismatched duplex on an
extended time scale to more fully establish
the role of local dynamics on the recogni-
tion/repair process.
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