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ABSTRACT 

The overall goal of this thesis was to use plant-based materials to encapsulate omega-3 oils 

to produce microencapsulated powders with improved stability against oxidative stresses. This 

research includes four studies (Chapter 3, 4, 5 & 6). Chapter 3 examined the complexation 

behaviour of lentil protein isolate (LPI) and carboxymethyl cellulose (CMC) with different degree 

of substitution (DS; 0.7, 0.9, and 1.2) and molar mass (MM; 90 and 250 kDa), and their 

thermodynamic properties. For complexation behaviour, max optical density was conducted at 4:1 

LPI: CMC mixing ratio. MM and DS had no significant effect on critical pH values but impacted 

the size and number of complexes formed. The complexation reactions of all LPI-CMC mixtures 

at pH 3 was energetically favorable. Chapter 4 and 5 compared the complexation behaviour of LPI 

with various polysaccharides, including CMC, gum Arabic (GA), alginate (AL), -carrageenan (ι-

C), and κ-carrageenan (κ-C), and the resulting emulsifying properties. For chapter 4, at 4:1 LPI-

polysaccharide mixing ratio, LPI-GA and LPI-CMC mixtures formed coacervate-type of 

complexes, while precipitate-type of complexes were formed with LPI-AL and LPI-ι-C systems. 

Their resulting complexes at pHopt were used to make emulsions. LPI-ι-C emulsion displayed the 

highest emulsion stability (ES) due to its high emulsion viscosity, lower mean droplet sizes, and 

highly negative-charged droplets. For chapter 5, incorporating ι-C and κ-C into the LPI solution 

led to suppression of complexes formed. Emulsions prepared with the resulting soluble complexes 

at pH 6 showed significantly higher stability than those made with insoluble complexes at pH 3.5 

for each sample. The greatest ES was attributed to 4:1 LPI-κ-C and LPI-ι-C emulsions at pH 6. 

Chapter 6 developed the LPI-polysaccharide based microcapsules to encapsulate flaxseed oil. LPI-

κ-C and LPI-ι-C emulsions with maltodextrin at pH 6 were prepared, followed by spray-drying or 

freeze-drying to yield the dried capsules. Spray-dried capsules showed higher oil encapsulation 

efficiency, but the encapsulated oil was oxidized significantly due to heat effect during drying and 

lower water activity of the capsules. Flaxseed oil was stable in all freeze-dried capsules during 8 

weeks of storage. For in vitro oil release profile, more oil was released from LPI-κ-C powders 

under simulated gastric fluid, but more oil was released from LPI--C powders under subsequent 

simulated gastric fluid and simulated intestinal fluid regardless of drying method and oil content.  

This research suggested that there is great potential to use the resulting emulsions to make 

plant-based microcapsules to deliver omega-3 oils.  
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1. INTRODUCTION 

1.1. Overview 

The interactions between proteins and polysaccharides play an important role in controlling 

food structure and functionality (Schmitt et al., 1998; Ye, 2008). Mixed systems involving animal 

proteins (e.g., casein, whey gelatin) and food polysaccharides (e.g., carboxymethyl cellulose, 

pectin, carrageenan, alginate, and gum Arabic) have been extensively investigated (Engbal et al., 

2016; Weinbreck et al., 2003; Devi & Maji, 2011); however, those involving plant proteins are 

more limiting, where the main difference observed is associated with a greater role of protein 

aggregation during biopolymer interactions for plant proteins (Liu et al., 2009; Klemmer et al., 

2012). The use of plant protein ingredients within the food industry is increasing rapidly due to 

their lower cost, greater environmental sustainability, perceived safety concerns related to 

consuming animal products, and consumer dietary preferences based on ethical, religious and 

moral views.  

Complex coacervation (also known as associative phase separation) involves attractive 

interactions (via electrostatics) at solution pH values where biopolymer mixtures (e.g., proteins 

and polysaccharides) have opposing net charges. The result is that phase separation occurs into a 

biopolymer (protein + polysaccharide)-rich and solvent-rich phase (Bungenberg et al., 1929; 

deKruif et al., 2004; Ye, 2008). Solvent conditions (e.g., pH, salt concentration), biopolymer 

characteristics, and mixing ratio and concentration can affect the structure and functions of the 

coacervates formed. Electrostatically complexed protein-polysaccharides can be widely used for 

the development of controlled release materials for use for food, nutraceutical, or drug delivery 

(Schmitt et al., 1998; Ye, 2008), and biodegradable edible films.  

Encapsulation technology has been widely studied and applied in the pharmaceutical, 

cosmetic, chemical, printing, and food industries (Madene et al., 2006; Heinzen, 2002). 

Encapsulation can provide better production to the core material against environmental changes, 

regulates the nutritional loss, and controls the release (Narsaiah et al., 2014). Microencapsulation 
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using the complex coacervation method is one of the most widely encapsulation techniques for 

entrapping a lipid core due to the simple, solvent-free, non-thermal, and low-cost process with 

great controlled release properties, heat resistance, and stability (Bakry et al., 2016; Wang et al., 

2014). A stabilized emulsion is first prepared during the production, followed by drying to yield 

dried powders (Koupantsis et al., 2014). Protein-polysaccharide stabilized emulsions can form 

either a bilayer or mixed layer at the interface to stabilize the emulsion, and the biopolymer, 

solvent, and shearing conditions would greatly affect the stability of the emulsion. 

Within this research, interactions between lentil proteins and carboxymethyl cellulose 

(CMC) will be examined as a function of CMC molar mass and degree of substitution. Lentil has 

received great interest due to its high nutritional value (high in protein, fibre and low in fat) and 

high digestibility (Campos-Vega et al. 2010; Jarpa-Parra, 2018). In addition, lentils provide a 

series of health benefits, such as lowering the incidence of colon cancer and type-2 diabetes, and 

reducing the cholesterol and lipid levels in human bodies (Roy et al., 2010; Jarpa-Parra, 2018). 

Lentil protein also provides desired functional properties such as emulsifying, water binding, fat 

binding, foaming, and gelling properties and can be made into many value-added products (Boye 

et al., 2010; Aydemir & Yemenicioglu, 2013). CMC is a polysaccharide with a wide range of 

application in foods (Biswal & Singh, 2004). CMC can be modified with different substitution 

degrees of their carboxy methyl group and to have different molecular mass. Further, complexation 

involving LPI will also be examined with other anionic polysaccharides for comparative purposes, 

including alginate, gum Arabic and iota-carrageenan. All biopolymers selected for this study 

represent industrially important food biopolymers. Gum Arabic is a branched carboxylated 

polysaccharide with highly heterogeneous structure. Alginate is also a carboxylated 

polysaccharide with considerably high linear charge density, while κ-carrageenan and ι-

carrageenan are sulfated polysaccharides. The emulsifying properties of all formed complexes will 

be examined. Stable emulsions prepared under the use of complex coacervates were reported in a 

whey protein-gum Arabic system (Weinbreck et al., 2004), pea protein isolate-gum Arabic (Liu et 

al., 2010), canola protein isolate-carrageenan (Stone et al., 2013), chitosan-alginate (Li & 

McClements, 2011), β-lactoglobulin-CMC (Chuah et al., 2014), and milk protein-CMC 

(Koupantsis et al., 2014). The most stable emulsion stabilized by one of the LPI-polysaccharide 

complex combinations will then be selected for further implement to increase the stability of the 

emulsion, and the microencapsulation process will be applied for further study.  
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The first goal of this thesis is to examine the complexation behaviour of lentil protein 

isolate and CMC with different degrees of substitution and molecular mass, as a function of pH 

and biopolymer mixing ratio. Then, to compare the complexation behaviour of LPI with a range 

of polysaccharide and the resulting emulsifying properties. And finally, to integrate knowledge 

gained relating to conditions where the most stable emulsion will form for development of lentil 

protein-polysaccharide based microcapsules.  

 

1.2.Objectives 

Specific objectives include: 

• To examine the effect of degrees of substitution and molecular mass of CMC on the 

complexation behaviour with lentil protein isolate, as a function of pH and biopolymer ratio. 

• To examine the effect of degrees of substitution and molecular mass of CMC on the 

thermodynamic properties during complexation with LPI by isothermal calorimetry. 

• To examine the effect of pH on the complexation behavior of LPI with other anionic 

polysaccharides, including alginate, gum Arabic and iota-carrageenan. 

• To examine the emulsifying properties of formed LPI-polysaccharide complexes. 

• To examine the effect of biopolymer, solvent, and shearing conditions on the interfacial and 

emulsifying properties for LPI-polysaccharide complexes (i.e. LPI-ι-C complexes) 

• To obtain microcapsules using the LPI, ι-C, and maltodextrin as the wall materials and the 

canola oil or flaxseed oil as the core material, followed by spray drying. 

 

1.3.Hypotheses 

The following hypotheses will be tested as part of this research: 

• Different degrees of substitution and molecular mass of CMC will have different complexation 

behaviours with LPI as a function of pH and biopolymer ratio. More coacervates will be 

achieved between lentil protein isolate and CMC with a higher degree of substitution or high 

molecular mass. 

• Complexation between a higher charge density of CMC and LPI will lead to a larger enthalpy 

and binding stoichiometry. 
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• LPI-CMC and LPI-GA systems will form soluble coacervate structures, while insoluble 

precipitate-type structures will be formed in LPI-AL and LPI-ι-C. 

• Increased emulsion stability will be observed under LPI-polysaccharide complex stabilized 

emulsions because a stronger viscoelastic film formation can be formed under complexation 

of LPI and polysaccharides. 

• More stable emulsions will be obtained as the mixing ratio of lentil protein isolate and ι-

carrageenan increases. Also, emulsions prepared at pH 6 might be more stable than those 

prepared at pH 3. 

• Microcapsules with higher stability against oxidative stress can be achieved compared to the 

unencapsulated oil. 
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2. LITERATURE REVIEW 

2.1 Phase separation in biopolymer mixtures 

Protein-polysaccharide interactions play an important role in controlling food structure, as 

well as in the development of controlled release materials (e.g., films and microcapsules) for use 

for nutraceutical or drug delivery (Schmitt et al., 1998; Ye, 2008). Phase separation behaviour of 

biopolymer mixtures have primarily been examined involving food based polysaccharides (e.g., 

pectin, carrageenan, alginate and gum Arabic) with animal-derived proteins such as from milk 

(e.g., casein, whey, beta-lactoglobulin and alpha-lactalbumin) (Engbal et al., 2016; Weinbreck et 

al., 2003; Weinbreck et al., 2004; Girard et al., 2004), gelatin (Devi & Maji, 2011) and egg (e.g., 

Ovalbumin) (Souza & Garcia-Rojas, 2015); or with plant-derived proteins such as from pulses 

(Liu et al., 2009; Klemmer et al., 2012), soy (Conto et al., 2013; Hsiao et al., 2017) or oilseeds 

(Klassen et al., 2011; Stone et al., 2014). Unlike the much smaller animal-derived proteins, 

interactions involving polysaccharides and the larger plant proteins tend to have greater impact on 

protein aggregation (Liu et al., 2009; Klemmer et al., 2012). Mechanisms describing coacervation 

formation and growth have been previously reviewed based primarily on mixtures with animal 

derived proteins (Weinbreck et al., 2003; Weinbreck et al., 2004; Devi & Maji, 2011); however, 

further understanding of systems involving plant proteins is needed. 

In brief, depending on the biopolymer concentration and electrostatic charge within the 

system, various phase separating behaviour may ensue. In very dilute solutions, biopolymers are 

co-soluble, with both remaining in solution and non-interacting due to the large entropic effect 

(Figure 2.1) (Ye, 2008; Tolstoguzov, 1991). As the biopolymer concentration increases, either 

segregative or associative (also known as complex coacervation) phase separation occurs 

depending on the functional groups and charges present (Schmitt et al., 1998). In segregative phase 

separation, proteins and polysaccharides are incompatible as they carry similar net charges 

resulting in electrostatic repulsion and the separation into a protein-rich and polysaccharide-rich 

phase (Figure 2.1) (Liu et al., 2010; Klassen et al., 2011; Klemmer et al., 2012; Stone et al., 2014). 
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In this case, solvent-biopolymer interactions are more favored than biopolymer-biopolymer 

interactions (Ye, 2008). In the case of associated phase separation, proteins and polysaccharides 

carry opposing net charges and experience electrostatic attraction between biopolymers and phase 

separation into a biopolymer (protein + polysaccharide)-rich and solvent-rich phase (Figure 2.1) 

(Bungenberg et al., 1929; de Kruif et al., 2004; Ye, 2008). Depending on the charge density and 

the functional group, associative phase separation may lead to the formation of either a soluble 

coacervate or an insoluble precipitate-type structure (Figure 2.1) (Schmitt et al., 1998; de Kruif et 

al., 2004; Kayitmazer, 2017; Singh et al., 2007; Klemmer et al., 2012). Coacervate structures tend 

to entrap water inside, remain suspended in solution and retain a high level of chain mobility within 

it (Ye, 2008). The coacervate structure also tends to be reversible upon changes in pH, and 

typically involves polysaccharides that are more weakly charged (i.e., lower linear charge density), 

such as gum Arabic (Stone et al., 2014). Precipitate structures entrap little water, have significantly 

less chain mobility inside, and tend to sediment to the bottom of the solution rather quickly (Ye, 

2008). The structures are more strongly interacting leading to a less reversible structure. Precipitate 

formation tends to involve protein mixtures with highly charged polysaccharides (i.e., high linear 

charge density) such as carrageenan and alginate (Klemmer et al., 2012). 

 

 

Figure 2.1 Depicts the phase separation behaviour between proteins and polysaccharides 

(reproduced based on Ye, 2008). 

 

Although the main driving force behind complex coacervation is electrostatic attractive 

forces, non-Coulombic interactions such as hydrophobic interactions, hydrogen bonding, and 
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covalent linkages also play a role in the formation and stability of coacervate structures (Schmitt 

et al., 1998; deKruif et al., 2004; Ye, 2008; Klemmer et al., 2012). From a thermodynamics 

perspective, the formation of protein-polysaccharide complexes becomes possible and occurs 

spontaneously when the change of total Gibbs free energy within the system is negative (i.e., ∆𝐺 =

∆𝐻 − 𝑇∆𝑆 < 0 ) (Schmitt et al., 1998; Turgeon & Laneuville, 2009). The value of ∆𝐺  is 

determined by the balance between the favourable entropy (- 𝑇∆𝑆) and the unfavourable enthalpy 

(∆𝐻). It is generally agreed that coacervation is mainly driven by entropy gained through the 

release of condensed counter ions (deKruif et al., 2004; Tyrgeon & Laneuville, 2009; Sulatha & 

Natarajan, 2015; Kayitmazer, 2017). The entropically driven process has been confirmed and by 

isothermal titration calorimetry (de Kruif et al., 2004; Sulatha & Natarajan, 2015).  

 

2.2 Factors affecting complex coacervation 

2.2.1 Solvent factors 

Since complex coacervation is dominated by electrostatic forces, both solvent pH and the 

presence of salts have the greatest impact on biopolymer interactions. Depending on the pH, 

reactive sites on both biopolymers may be protonated or deprotonated. Typically, complex 

formation occurs between negatively charged polysaccharides and positively charged proteins (at 

pH < isoelectric point of the protein) (Ye, 2008); however, in the case of highly charged 

polysaccharides interactions can occur at pH values above the pI due to the presence of positively 

charged patches on the protein’s surface (Tolstoguzov, 1997; Ye, 2008; Turgeon & Laneuville 

2009). The interactions between positively charged patches on the protein’s surface at pH above 

pI and negative charged polysaccharides have been reported in a LPI-gum Arabic (GA) system 

(Aryee & Nickerson, 2021), a whey protein-gum Arabic mixture (Weinbreck et al., 2003b), and a 

bovine serum albumin-heparin mixture (Seyrekan et al., 2003). 

The formation of coacervate or precipitate structures follows a number of pH-induced 

structure forming events identified using a turbidity curve during an acid titration (Kizilay et al., 

2011). Typically, initial biopolymer interactions occur at or near the pI of the protein, where it 

starts to assume a positive charge to allow it to electrostatically attract to the anionic 

polysaccharide and form a soluble complex (denoted as pHc) (Schmitt et al., 1998; Turgeon & 

Laneuville, 2009; Stone et al., 2014). At this pH, a slight reflection in the turbidity vs. pH curve 

can be observed (Tolstoguzov, 1997; Ye, 2008; Turgeon & Laneuville, 2009). As pH is lowered 
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further, protein-polysaccharide interactions become greater leading to the formation of a greater 

number of larger complexes via nucleation and growth kinetics (Stone et al., 2014). Once it reaches 

a critical pH (denoted as pH1), associated with the formation of insoluble complexes, a large rise 

in turbidity within the curve is evident (Schmitt et al., 1998; Turgeon & Laneuville, 2009; Stone 

et al., 2014). It is noteworthy to mention that the terms ‘soluble’ and ‘insoluble’ complexes refer 

to terminology used in the coacervation literature, rather than having to do with a functional 

property of solubility. Turbidity reaches a maximum absorbance at a pH denoted as pHopt (Li et 

al., 1994). At pHopt, the protein and polysaccharide mixtures reach an electrical equivalence point 

(EEP), where two biopolymers have exactly opposite charges with a zeta potential of zero; and 

typically corresponds to maximum coacervate yield (Li et al., 1994; Schmitt et al., 1998; Stone et 

al., 2014; Kayitmazer, 2017). As pH is further lowered, coacervates start to break up as the reactive 

side chains on the anionic polysaccharides start to become protonated as evident by a reduction in 

turbidity (Stone et al., 2014). This continues until reaching a pH corresponding to near the pKa of 

the polysaccharide (denoted as pH2), where complete disassociation of the biopolymers is 

observed and they become co-soluble again (Klemmer et al., 2012; Stone et al., 2014). 

The presence of counter ions in solution can act to screen charges on both the protein and 

the polysaccharides to reduce their Debye length or thickness of their electrical double layer (EDL) 

(Kayitmazer, 2017). This process, depending on the types of ions present and the ionic strength, 

will act to reduce the electrostatic attraction forces between opposite charged groups (Ye, 2008). 

Since coacervation is an entropically driven process, it depends on the release of counter ions. 

Under high salt levels, the release of counter ions condensed on the biopolymer’s surface is more 

difficult and the entropic driving force is suppressed (Schmit et al., 1998; Perry et al., 2014). 

Further, protein-protein aggregation due to hydrophobic interactions between the proteins would 

be favoured over protein-polysaccharide interactions if there were little attractive forces. Perry et 

al. (2014), Burgess (1990), and Weinbreck et al. (2003) reported the presence of small amounts of 

salt could improve the coacervation process by softening the strength of the electrostatic attractive 

forces to allow for increased conformational entropy of the biopolymers and exposure of additional 

reactive sites. 

Solution temperatures can impact the stability of the formed complexed structures by 

altering the protein conformation and non-Coulombic interactions. Globular proteins tend to 

denature at higher temperatures allowing for more sites that are reactive (e.g., hydrophobic groups) 
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to become exposed. This conformational change might result in a process mainly driven by 

hydrophobic interactions instead of electrostatic effects, where the protein-protein aggregation 

would become more significant (Tsianou et al., 1999; Borrega et al., 1999). At low temperature, 

hydrogen bonding is preferred (Schmitt et al., 1998; Turgeon & Laneuville, 2009). With stronger 

hydrogen bonding occurring, less electrostatic interactions are required to form coacervate 

structures. This effect was reported by Weinbreck et al. (2004) for a whey protein-carrageenan 

system, and by Antonov et al. (2006) involving fava bean legumin-type proteins with 

carboxymethyl cellulose.  

 

2.2.2 Biopolymer characteristics 

Depending on the type of biopolymer (protein or polysaccharide) present, the coacervation 

process could differ based on their molecular mass, conformation and flexibility, and the type and 

density of reactive sites present. Typically, proteins are mixed with sulphated polysaccharides 

(−𝑂𝑆𝑂3
− groups; and include - or -type carrageenan) or carboxylated polysaccharides (−𝐶𝑂𝑂− 

groups; and include alginate, pectin, gellan gum, gum Arabic and carboxymethyl cellulose) (Ye, 

2008). The former type tends to form stronger interactions with the proteins. In the case of 

carboxylated polysaccharides, the linear charge density becomes important. For instance, pea 

protein isolate has been shown to form precipitate-type structures in the presence of alginate 

(Klemmer et al., 2012), whereas a coacervate-type structure was formed in the presence of gum 

Arabic (Liu et al., 2010). Linear proteins such as gelatin and caseins are more flexible, and they 

can interact with polysaccharides more strongly than globular proteins such as beta-lactoglobulin 

(Grindrod and Nickerson, 1968). Proteins with more flexibility could lead to increasing contacts 

with oppositely charged polysaccharides (Ye, 2008). Also, Schmitt et al. (1998) noted that 

increasing the molecular weight of biopolymers should affect the coacervation since a higher 

molecular weight could lower the entropy of mixing which reduces the biopolymer compatibility 

in the solution, and there might be less coacervates formed and a tendency of phase separation.  

The number of reactive sidechains /groups carried by proteins or polysaccharides per unit 

of length is defined as the linear charge density (Schmitt et al., 1998). In the case of proteins, 

charge density is largely dependent on pH. Normally, a protein would only interact with an anionic 

polysaccharide when the pH is below its isoelectric point (pI) (i.e., when a protein carries positive 

charges); however, as mentioned earlier (see section 2.2.1) they can associate at pH values above 
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the pI. Turgeon and Laneuville (2009) noted that coacervation between highly charged 

biopolymers is mostly driven by entropy (∆𝑆) due to release of counter ions and opposed by a 

positive enthalpy change (∆𝐻); in contrast, with weakly charged biopolymers, complex formation 

is driven by a negative enthalpy with less entropic effect (Turgeon & Laneuville, 2009).  

 

2.2.3 Mixing ratio and concentration 

The biopolymer-mixing ratio plays a role in the coacervation process by influencing the 

overall charge balance of the protein and polysaccharide, which eventually impacts the degree of 

the coacervation. Typically, at a given solution condition (i.e., pH and ionic strength), the 

maximum yield of the coacervate is reached at a specific mixing ratio for different biopolymer 

combinations (Schmitt et al., 1998; Ye, 2008). At this mixing ratio, the overall charge of the 

complex is neutral. For instance, canola protein isolate (CPI) -gum Arabic (GA) complexes 

achieved maximum yield at ratio 2:1 at pH 4.20 (Stone et al., 2014). If one of the biopolymers is 

in excess, there will be excess positive or negative charges present in the system, and soluble 

complexes would form because of these unbalanced charges (Girard et al., 2004, Espinosa-

Andrews et al., 2007; Perry et al., 2014). In whey protein-gum Arabic systems (with minimal 

protein-protein aggregation), critical pH values (i.e., pHc, pH1, pHopt and pH2) were found to be 

independent of biopolymer mixing ratio (Weinbreck et al., 2003).  However, in the case of plant 

proteins, they tend to be mixing ratio dependent because polysaccharide chains are interacting with 

protein aggregates of varying sizes rather than individual macromolecules. Stone et al. (2014) 

reported that critical pH values increased with increasing mixing ratios within a canola protein 

isolate (CPI) -gum Arabic (GA) system until a ratio of 4:1 before reaching a plateau at higher 

ratios. The authors explained ratio dependence of the critical pH values was the result of 

interactions between a GA molecule and CPI-CPI aggregates rather than single proteins. 

Furthermore, Weinbreck et al. (2003) reported that coacervation occured up to a maximum total 

biopolymer concentration (dependent on the system), after which attractive interactions are 

suppressed by the increased release of counter ions which in turn would then screen charges 

between the proteins and polysaccharides. 
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2.3 Emulsion formation 

Emulsions are dispersions of two or more immiscible liquids where one phase is dispersed 

as small droplets in the other. Food emulsions normally contain droplets with sizes ranging from 

0.1 to 100 µm and can be classified as oil in water (O/W) emulsions such as milk, salad dressings, 

and mayonnaise, or water in oil (W/O) emulsions including butter and margarine (Dickinson, 1992; 

Friberg & Larsson, 1997; Lam & Nickerson, 2013). Emulsions are stabilized through the use of 

emulsifiers, which are surface active components that can absorbed into the oil – water interface 

due to their amphiphilic nature (McClements, 2005). Emulsifiers include small surfactants, for 

example, lecithin, fatty acid salts, Tweens, and Spans, and biopolymers such as proteins, gum 

Arabic, modified starches, modified cellulose, and protein-polysaccharide complexes 

(McClements, 2005). 

Emulsions stabilized by protein-polysaccharide complexes have been drawing more 

attention by industry. Proteins, either animal or plant-based, stabilized emulsions have been 

studied extensively due to the excellent emulsifying properties (Agyare et al., 2009; Can Karaca 

et al., 2011; Djordjevic et al., 2004; Popineau et al., 2002), however their stability can be affected 

under environment stresses such as pH, ionic strength and temperature (Yin et al., 2012). 

Incorporating the anionic polysaccharides alongside the proteins could result in more stable 

emulsions, if conditions are right (McClements, 2005; Yin et al., 2012). Protein-polysaccharide 

stabilized emulsions can form either a bilayer or mixed layer at the interface to stabilize the 

emulsion. The former is prepared through a multi-step procedure, where a primary protein 

stabilized emulsion is formed, followed by the addition of polysaccharides to adsorb on the protein 

layer (Figure 2.2a) (Guzey & McClements, 2006; Evans et al., 2013; Lam & Nickerson, 2013). 

The latter is prepared involving a premixed coacervate solution, in which the pre-formed protein-

polysaccharide complexes align at the interface to develop a viscoelastic film (Evans et al., 2013). 

A simple preparation route of coacervate emulsions is showed in Figure 2.2b. During the 

emulsification process, the formed surface-active protein-polysaccharide complexes migrate, 

adsorb and become integrated at the oil-water interface to reduce the interfacial tension, which is 

a force to minimize the contact area between the oil and water phase (Uruakpa & Arntfield, 2005; 

Walstra & van Vliet, 2008). At the interface, the formed complexes re-align to position the 

hydrophobic amino acids towards the oil phase and hydrophilic moieties towards the aqueous 

phase, leading to the formation of viscoelastic films that can resist mechanical stresses, and to 
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provide steric stabilization and electrostatic repulsion depending on the conditions of complexes 

(i.e. charge and sizes) (Lam & Nickerson, 2013). Stable emulsions prepared under the use of 

complex coacervates were reported in a whey protein-gum Arabic system (Weinbreck et al., 2004), 

pea protein isolate-gum Arabic (Liu et al., 2010), canola protein isolate-carrageenan (Stone et al., 

2013), chitosan-alginate (Li & McClements, 2011), β-lactoglobulin-CMC (Chuah et al., 2014), 

and milk protein-CMC (Koupantsis et al., 2014).  

 

 

Figure 2.2 Schematic of preparation of bilayer emulsion (a) and coacervate emulsion (b), 

reproduced based on Evans et al. (2013). 

 

Emulsions can be prepared through varies mechanical devices, such as rotor-stator 

homogenizers, high-pressure homogenizers, microfluidizers, and ultrasonic homogenizers 

(McClements & Rao, 2011; Liu et al., 2013a). These devices can generate intensively disruptive 

forces to break down the oil and water phases into very small droplets, which are widely used to 

manufacture food emulsions (McClements & Rao, 2011; Liu et al., 2013a). Rotor-stator 

homogenizers consist of a rotor that could rotate rapidly to generate extreme turbulence, cavitation, 

and mechanical shearing within the gap between the rotor and the stator (Figure 2.3a-b). The 

droplets reduce in size as they pass through the gap, and smaller droplets are achieved as the rotor 



13 

 

stator speed increases (Liu et al., 2013a). Small droplet size at around 1 µm can be produced using 

rotor-stator homogenizer. Monomodal or bimodal droplet size distribution could be resulted 

depending on the rotor speed. High-pressure homogenizers can produce more uniform droplets 

with smaller sizes (i.e. less than 1 µm) since it can generate stronger disruptive forces (Maindarkar 

et al., 2015; Lee et al., 2009). However, rather than preparing emulsion from two phases, high-

pressure homogenizers are more efficient in preparing fine emulsions from existing coarse 

emulsions due to the unique design, where a high shear mixer or a rotor-stator homogenizer is 

usually used to prepare a coarse emulsion (McClements & Rao, 2011). As shown in Figure 2.3c, 

the coarse emulsion is pulled in the chamber and passes through the narrow valve, where 

intensively disruptive forces are created to lead to droplet disruption. The droplet size usually 

decreases as the number of cycles to pass the homogenizer, or the pressure increases. A third way 

is to use a microfluidizer for emulsion preparation. Similar to high-pressure homogenizer, the 

microfluidizer also uses high pressure to facilitate droplet disruption. A coarse emulsion flows into 

a channel and splits it into two streams, and these two fast-moving streams will then run into each 

other to generate intense disruptive forces to break down the large droplets into smaller one (Figure 

2.3d). Droplet size decreases as homogenization pressure and number of passing cycles increase. 

Ultrasonic homogenization involves the use of highly intensive ultrasonic waves to create 

disruptive forces for emulsion preparation from the oil and water phases (Lin & Chen, 2008; 

McClements & Rao, 2011). The sonicator probe is placed at the oil-water interface during 

emulsification, and energy is released from the probe due to an alternating electrical voltage to 

generate intensive vibration leading to droplet disruption (Figure 2.3e). Mixed surfactants-based 

β-carotene nanoemulsions (Mehmood et al, 2018), olive oil-based O/W nanoemulsions (Mehmood 

et al, 2017), and the W/O as well as O/W/O emulsions (Lin & Chen, 2008) were successfully 

prepared using ultrasonic homogenizers.  
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Figure 2.3 Different devices used to prepare a coacervate emulsion: a-b) rotor-stator homogenizer; 

c) high pressure homogenizer; d) microfluidizer; and e) ultrasonic homogenizer (reproduced based 

on McClements & Rao, 2011; Liu et al., 2013a). 

 

2.4 Emulsion stability 

Emulsion stability is defined as the ability of an emulsion to resist changes over time-period 

(McClements, 2005). From a thermodynamic aspect, the free energy change in a food emulsion 

system can be expressed as: 

 

 ∆𝐺𝑓𝑜𝑟𝑚𝑎𝑡𝑖𝑜𝑛 = 𝛾∆𝐴 − 𝑇∆𝑆𝑐𝑜𝑛𝑓𝑖𝑔        (2.1) 

 

where, ∆𝐺𝑓𝑜𝑟𝑚𝑎𝑡𝑖𝑜𝑛 is free energy of emulsion formation, 𝛾 is interfacial tension, ∆𝐴 is change in 

oil-water interfacial area, T is the absolute temperature, and ∆𝑆𝑐𝑜𝑛𝑓𝑖𝑔  is the change of 

configurational entropy of droplets in system (Note: this can be ignored in most food emulsions). 

If an oil droplet is created, ∆𝐴 increases, and more ∆𝐺𝑓𝑜𝑟𝑚𝑎𝑡𝑖𝑜𝑛 is required. Therefore, a food 

emulsion is always thermodynamically unstable, and the oil and water phases are trying to separate 

to minimize free energy of emulsion formation (McClements, 2005). 
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Destabilization of a food emulsion might occur due to physical and chemical processes. 

Physical in-stabilization results from gravitational separation, droplet aggregation including 

flocculation and coagulation, droplet coalescence, Ostwald ripening, partial coalescence, and 

emulsion inversion, while chemical instability normally refers to hydrolysis and oxidation 

processes (Lam & Nickerson, 2013; McClements, 2005). The emulsion destabilization 

mechanisms due to physical instability have been well studied (McClements, 2012; Ercelebi & 

Ibanoglu, 2007; Capek, 2004; Shi, 2002). The rate at which an emulsion breaks down and the 

corresponding mechanisms depend on the composition of the emulsion, the microstructure of the 

surface-active compounds, and its environmental conditions. Ostwald ripening happens when 

mass transfer of dispersed phase (e.g. flavor oil) occurs from small droplets to large droplets 

through continuous phase. Partial coalescence normally is involved in a cold process such as ice 

cream and whipped toppings manufacturing, while phase inversion happens during butter 

production (McClements, 2005). In a coacervate emulsion, destabilization is mainly driven by 

gravitational separation, droplet aggregation, and coalescence. 

Gravitational separation occurs due to the density difference of the dispersed and 

continuous phases, in which the lower density phase rises, and the other phase with higher density 

will settle down under the gravitational force resulting in either creaming (O/W emulsions) or 

sedimentation (W/O emulsions). This process can influence the texture, mouthfeel, and taste of 

the emulsion, as well as enhances droplet flocculation and coalescence (McClements, 2005). The 

rate of creaming or sedimentation can be determined by Stokes’ law: 

 

 𝑉𝑠𝑡𝑜𝑘𝑒𝑠 =
𝑔(𝜌𝑑−𝜌𝑐)𝑑2

18𝜂
                (2.2) 

 

Where, 𝑉𝑠𝑡𝑜𝑘𝑒𝑠 is velocity of a droplet, 𝑔 is gravitational acceleration, 𝜌𝑑 is the dispersed phase, 

𝜌𝑐  is the continuous phase,  𝑑  is the diameter of the droplet, and  𝜂  is the continuous phase’s 

viscosity. Based on the Stokes’ law, it will be efficient to slow down the gravitational separation 

by decreasing the density difference between dispersed and continuous phases (Piorkowski & 

McClements 2014), reducing the droplet sizes, and increasing the continuous viscosity by adding 

thickening agents. Gravitational separation can be measured through visual observation (Stone et 

al., 2013), turbidity measurement (McClements, 2005), backscattered light measurement 

(McClements, 2005), and accelerated gravitational separation (Primozic et al., 2018). 
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As the droplets in the emulsions are always moving, collision occurs, and droplets might 

become aggregated. Droplet aggregation can be reversible (weak interaction) or irreversible 

(strong interaction). Flocculation is a reversible form of aggregation, where two or more droplets 

aggregate without losing their individual characteristics and can become separated easily, while 

coagulation is irreversibly aggregated due to significant interaction between droplets (McClements, 

2005). Coalescence occurs when two or more droplets aggregate significantly and eventually 

merge into a large droplet. Droplet aggregation involves a few physiochemical processes including 

droplets encounter, film thinning, thin film formation, and thin film rupture. Droplets might come 

into each other due to Brownian motion, gravity, or applied shear, and a thin film of continuous 

phase may form between the droplets. This film may continuously become thinning until a crtical 

point is reached, and then the droplets might move apart, remain in flocculation or coagulation, or 

move closer to coalesce depending on the colloidal and hydrodynamic interactions of the droplets 

(Dukhin et al., 2001, 2003; McClements, 2005; Mishchuk, 2005). Figure 2.4 shows the total 

interaction energy between two droplets. No aggregation (droplets move apart) occurs when there 

are a small secondary minimum and a high energy barrier. Flocculation takes place under a deep 

secondary minimum and a high energy barrier. However, if the secondary minimum and energy 

barrier are both small but with a short-range repulsion, the droplets will move to the primary 

minimum and become coagulated with the presence of a thin film of continuous phase between 

the droplets. Film rupture happens when there is no strong short-range repulsion between the 

droplets, and droplets coalesce into a large droplet. 
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Figure 2.4 The total interaction energy between two droplets in emulsions: a secondary minimum, 

an energy barrier, a primary minimum, and a strong short-range repulsion (reproduced based on 

McClements, 2005). 

 

Flocculation can be advantageous especially in an emulsion gel system; however, it is 

normally undesirable because it accelerates the gravitational separation rate in dilute systems 

leading to the changes of texture, appearance, and shorter shelf-life of food products. Flocculation 

can be prevented through controlling the frequency and the efficiency of the collision of the 

droplets (McClements, 2005). As the droplets move depending mainly on Brownian motion and 

gravity, collision rates increase as the droplet size decreases or droplet concentration increases. 

Therefore, it is important to increase the continuous phase viscosity to slow down the droplet 

movement. Increased emulsion stability with increasing continuous phase viscosity was observed 

in a hydroxypropylmethyl cellulose-sodium dodecylsulfate stabilized O/W emulsion (Sovilj & 

Petrovic, 2006). On the other hand, collision efficiency can be controlled by manipulating the 

colloidal interactions including electrostatic, steric, hydrophobic, and van der Waals interactions 

(Lam & Nickerson, 2013; McClements, 2005). It is efficient to stabilize emulsions through 

electrostatic repulsion by using charged surface-active compounds such as proteins and protein-

polysaccharide complexes. For example, emulsion stabilized by 2.0% (w/w) pea protein isolate 

were unstable at pH 5, where the surface charge of pea protein isolate was closed to zero, but 

emulsion stability remained at 85% after 24 h at pH 3, where the protein’s surface charge was at 

+ 32.5 mV (Chang et al., 2015). Steric repulsion could be another efficient way to prevent droplet 
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flocculation, and protein-polysaccharide complexes would be the great emulsifier due to the 

relatively large size than small surfactants. 

Coalescence is also undesirable since it accelerates creaming or sedimentation in emulsions. 

Generally, coalescence can be reduced through increasing the viscoelasticity of the interfacial layer 

or the interfacial layer thickness (Dickinson, 1992). A thicker interfacial layer surrounding the 

droplet could provide greater stability by preventing the rupture of the film more efficiently 

(McClements, 2005); thus, coacervate complex due to the relatively large size is a great option to 

be the emulsifier. Protein-polysaccharide complexes also provide stronger viscoelasticity at the 

interfacial layer to against mechanical shear. Stronger viscoelastic films were formed at the oil-

water interface with the incorporation of the carrageenan (including kappa-, iota-, or lambda- type) 

in the whey protein isolate compared to using whey protein isolate alone (Lam & Nickerson, 2014). 

It has also been observed that applying heat treatment could result in stronger protein-

polysaccharide interactions, achieving the stronger oil-water interfacial films formation, for 

example, in a soy protein-soy polysaccharide emulsion system (Yin et al., 2012) and in a beta-

lactoglubulin-carboxymethyl cellulose stabilized emulsion system (Chuah et al., 2014). 

 

2.5 Encapsulation by complex coacervation 

Encapsulation technology has been widely studied in the literature and used in the 

pharmaceutical, cosmetic, chemical, printing, and food products (Madene et al., 2006; Heinzen, 

2002; Eghbal & Ghoudhary, 2018; Gharsallaoui et al., 2007). Encapsulation is defined as a process, 

where bioactive particles are entrapped in coating materials, with the particle sizes ranging from 

less than 1 µm to more than 1000 µm. The wall materials ensure the functionality of the active 

compounds and can provide their controlled delivery (Aloys et al., 2016; Chang et al., 2016; 

Gharsallaoui et al., 2007; Eghbal & Ghoudhary, 2018; Madene et al., 2006). Generally, 

encapsulation can offer many advantages in food industry, such as: a) protection to the core 

materials against adversely environmental factors including pH, temperature, oxygen, light, and 

moisture; b) regulating the loss due to evaporation or transfer of the core materials; c) controlling 

the release (time and environment) of the core materials; d) masking the undesirable smells and 

tastes of the core active compounds; e) convenient transportation due to the solid-formed particles; 

and f) dilution to the core compounds when it is needed (Bakry et al., 2016; Narsaiah et al., 2014).  
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The entrapped compounds are known as the active or core materials, and the coating 

material is called shell, carrier, or wall material (Tyagi et al., 2011; Madene et al., 2006). For core 

materials, food compounds such as omega fatty acid oils, volatile essential oils, flavor compounds, 

enzymes, vitamins, and polyphenols can be encapsulated (Koupantsis et al., 2014; Liu et al., 

2013b). Wall materials act to protect the core and should consist of materials that will not react 

with the core. Ideal wall materials should also have good emulsifying properties to stabilize the 

microparticles prior to drying, high solubility, desirable controlled release properties, and proper 

rheological properties (i.e. low viscosity) for drying (Chang et al., 2016; Gharsallaoui et al., 2007). 

Common wall materials used in food products for encapsulation are carbohydrates such as gum 

Arabic, maltodextrin and sucrose, and biopolymers such as proteins, polysaccharides, and 

coacervates complexes (Bakry et al., 2016; Gharsallaoui et al., 2007).  

Microencapsulation using the complex coacervation method is one of the most widely used 

encapsulation techniques for entrapping a lipid core (Bakry et al., 2016). Generally, coacervation 

encapsulation is a simple, solvent-free, non-thermal, and low-cost process, which is good for the 

industrial scale (Xiao et al., 2014). More importantly, high encapsulation efficiency (up to 99%) 

can be achieved (Gouin, 2004; Eghbal & Ghoudhary, 2018). It also provides excellent controlled 

release properties, heat resistance and stability (Wang et al., 2014; Xiao et al., 2011). Successful 

microencapsulation made from coacervate complexes were prepared in a milk proteins-

carboxymethyl cellulose system (Koupantsis et al., 2014); a sodium alginate-guar gum system 

(Narsaiah et al., 2012); a soybean protein isolate-gum Arabic system (Xiao et al., 2011); a kappa-

carrageenan-chitosan system (Devi & Maji, 2009); and a gelatin-sodium carboxymethyl cellulose 

system (Devi & Maji, 2011). In terms of production, a coacervate-based emulsion containing the 

core materials is first prepared, followed by drying, typically spray drying and freeze dry, to yield 

dried powders (Koupantsis et al., 2014; Chang et al., 2016). 

 

2.5.1 Spray drying 

Spray drying is a common drying method widely used in food industry with the lowest cost 

compared to other drying techniques and easy handled (Gharsallaoui et al., 2007). It involves the 

atomization of the emulsion into dry powders at elevated temperature. According to Figure 2.5, 

the emulsion is pumped into the spray dryer and sprayed out from the spraying nozzle from the 

top. A hot air stream is then blown through the chamber to evaporate the water, leading to the 
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formation of microcapsules as they fall (Bakry et al., 2016). Usually, spherical shaped 

microcapsules with embedded oil are obtained. The emulsion should have low viscosity to prevent 

the formation of large or elongated droplets and air inclusion in the droplets (Drusch, 2006). Feed 

temperatures (including air-inlet and air-outlet temperatures) should be optimized during the 

drying process since it influences the drying rate and the final moisture content of the capsules, 

and the inlet temperature should not be too high to damage the products (Gharsallaoui et al., 2007; 

Liu et al., 2004). However, spray drying requires wall materials with good solubility only and leads 

to a lot of energy waste due to heat loss in the drying chamber and final products with lower 

oxidative stability (Bakry et al., 2016; Gharsallaoui et al., 2007). Palm oil encapsulated 

microcapsules were prepared by chitosan-xanthan coacervates with spray drying for making 

yogurt and bread (Rutz et al., 2017). 

 

 

Figure 2.5 Schematic representation of the microencapsulation process by spray-drying. 

 

2.5.2 Freeze drying 

Freeze drying is an attractive drying method due to simple process and easy handling. 

Freeze drying is normally applied for heat sensitive products, and generally longer retention time 

of the volatile compounds is achieved compared to other methods (Heinzelmann et al., 2000; 

Heinzelmann et al., 2000; Krokida & Philippopoulos, 2006). During the process, the emulsion 

sample is frozen between -90 °C to – 40 °C, and the pressure is also reduced by the vacuum pump, 
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which leads to the sublimation of the frozen water from its solid state to the gas phase (Bakry et 

al., 2016). Nevertheless, freeze drying requires long processing time, higher cost, and high energy 

consumption. Beta-pinene containing microcapsules were prepared by complex coacervation of 

milk proteins and carboxymethylcellulose (CMC), followed by freeze dry (Koupantsis et al., 2014). 

Beta-carotene containing microcapsules were prepared by chitosan-sodium tripolyphosphate 

coacervates or chitosan-carboxymethyl cellulose coacervates with freeze drying (Rutz et al., 2016). 

Different types of microcapsules can be obtained depending on the core materials, the 

composition of the wall, or the encapsulation process. As shown in Figure 2.6, there are three main 

kinds of microcapsules: a mononuclear capsule that contains a core coated with a layer of wall; a 

polynuclear capsule consisting of continuous wall materials where multiple cores that are 

dispersed, and a matrix design, where the core is distributed in the wall materials homogeneously 

(Tyagi et al., 2011). The size and morphology of coacervate capsules are significantly affected by 

the processing conditions (Lemetter et al., 2009). It was reported that low homogenization rate 

produced mononuclear microcapsules while high homogenization rate created multinuclear 

microcapsules (Dong et al., 2011).  

 

 

Figure 2.6 Types of microcapsules. 

 

2.6 Microcapsule characterization 

The wall materials and processing parameters affect the characteristics of the 

microcapsules, which are critical to different applications. These microcapsules can be 

characterized with physical, oxidative stability, and physicochemical properties (Kaushik et al., 

2015). Physical properties of the microcapsules include moisture content, water activity, particle 
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size, wettability, surface oil, encapsulation efficiency, and payload (Kaushik et al., 2015; Koc et 

al., 2015). 

 

2.6.1 Physical properties 

Moisture content and water activity are critical to the shelf-life of the microcapsule. A high 

moisture content might lead to caking of the capsules during storage, and a high-water activity 

value might also lead to microbial spoilage in food (Madene et al., 2006). In flavor 

microencapsulation, off-flavor process is accelerated with high moisture. It was reported that a dry 

surface of the capsule with water activity lower than 0.90 could act as a semipermeable membrane 

to retain flavor compounds but permit small water molecules (Reineccius, 2004). A smaller 

particle size of the microcapsules can provide a smoother mouth feel to the food products. It is 

generally agreed that microcapsules should be less than 100 µm to avoid the impacts on mouth 

feel (Kaushik et al., 2015). Smaller particles can be achieved through optimizing emulsion 

preparation conditions (e.g. pH, wall materials, homogenization device) and drying conditions (i.e. 

temperature and air flow rate) (Madene et al., 2006). Producing smaller capsules can also increase 

the encapsulation efficiency and stability since more droplets are created; however, it might result 

a lower oxidative stability due to the increase of the surface area to the air (Kaushik et al., 2015). 

Wettability of microcapsules gives information of the ability for microcapsules to dissolve into 

water. Particle size and wall material composition have strong impact on the wettability. Research 

showed that the addition of sodium alginate to the lentil protein isolate-maltodextrin system 

decreased the microcapsules’ wettability (Chang et al., 2016).  

Encapsulation efficiency (EE) is defined as the percentage of the encapsulated core 

material to the percentage of core material used in the process, whereas surface oil is the non-

encapsulated oil on the surface of the capsules (Kaushik et al., 2015). It is important to ensure a 

high encapsulation efficiency, in other words, the lower surface oil on the microcapsules, for the 

surface oil can oxidize rapidly leading to free radical formation and off flavor. Improving 

encapsulation efficiency can be achieved through the formation of the stronger interfacial film. 

For example, encapsulation efficiency increased from 75% in a lentil protein isolate-maltodextrin 

(LPI-MD) based system to 88% in a lentil protein isolate-maltodextrin-sodium alginate (LPI-MD-

AL) system (Chang et al., 2016). However, EE value decreased to 42% with the addition of lecithin 

due to the increased viscosity of the system used for spray drying. It is ideal for surface oil lower 
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than 2% (w/w) in food industry applications. Payload refers to the percentage of the oil or active 

compounds per gram of the capsules, and a higher payload should be obtained from an economic 

scale (Kaushik et al., 2015). 

 

2.6.2 Oxidative stability 

Oxidative rancidity of lipids is a primary cause of deterioration of the food products such 

as colour change and loss of flavour and odour. To protect the omega fatty acids-rich oils against 

oxidation is the primary purpose of encapsulation; therefore, wall materials should act as an 

oxygen barrier to prevent the transfer of oxygen. Oxidative rancidity involves three important steps: 

initiation, propagation, and termination. In initiation, two free radicals are produced due to the 

breakdown the peroxide resulting from the reaction between singlet state oxygen (i.e. at excited 

state) and unsaturated site in a lipid molecule. The free radicals then undergo several types of 

reactions during propagation, such as abstraction, addition to a site of unsaturation, or 

decomposition. Aldehydes and ketones that are volatile might form during the process leading to 

off flavours and aromas. Also, rearrangement of the site of unsaturation might result from the 

addition of free radicals, which causes the formation of conjugated double bonds or trans fat 

formation. Termination can occur when two free radicals react with one another, or when a free 

radical react with an antioxidant to from a stable radical compound. Oxidative stability of oil in 

microcapsules is determined through measuring the oxidative products formed (e.g. conjugated 

dienes, aldehydes, trans fats, and peroxides) under a set of temperature and relative humidity 

(Kaushik et al., 2015). Different composition of wall materials can provide different protective 

effects to the core materials. According to Chang and co-workers, (2016), the oxidative stability 

of the canola oil increased significantly in lentil protein isolate-maltodextrin-sodium alginate (LPI-

MD-AL) capsules compared to the lentil protein isolate-maltodextrin (LPI-MD) capsules. 

 

2.6.3 Oil release properties 

The main purpose for encapsulation in foods includes improving the effective use of the 

active compounds such as omega fatty acid oils and to reduce the required dose (Gouin, 2004). 

Controlled release refers to a process where one or more active agents or ingredients are available 

at a desired site and time and at a specific rate (Pothakamury & Barbosa-Canovas, 1995). 

Developing an effective controlled release system has become one of the main challenges in food 
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products to achieve a high bioavailability during consumption (Eghbal & Ghoudhary, 2018). The 

release characteristics of the core materials can be affected by the wall materials (e.g. compositions, 

viscosity, and solubility), the physical properties (e.g. particle size and wettability), types and 

morphology of the capsules (da Silva et al., 2014). For instance, the bioavailability of a core 

material should be higher in a protein-based capsule than a cellulose-based capsule since proteins 

have a higher digestibility than cellulose (Kaushik et al., 2015). Core materials will be released 

easily from mononuclear capsules than polynuclear capsules, and the more complex of the wall 

structure might lead to a slower release. Release might occur under changes of environmental 

conditions such as heating, pH, or shearing (Nesterenko et al., 2013). Studies have been conducted 

on the release properties of coacervate microcapsules, for example, chitosan-xanthan coacervate 

microcapsules were used to encapsulate palm oil for yogurt and bread (Rutz et al., 2017).  

 

2.7 Choice of materials 

2.7.1 Wall materials 

Lentil proteins, like other pulse proteins are gaining tremendous interests by the food 

industry since they are non-soy, gluten-free and non-animal based. Pulse proteins tend to have 

excellent functional attributes, which include water/fat binding, emulsification, foaming, solubility, 

and gelation depending on how they are prepared (Nunes et al., 2006; Boye et al., 2010; Liang & 

Tang, 2014; Graca et al., 2016). Lentils are an economically important crop to Saskatchewan and 

Canada, and they are rich in protein (28-31%, dry basis, d.b.), carbohydrates (56-63%, d.b.), crude 

fibre (5-7%), along with many vitamins and minerals (Bhatty, 1988; EL-Adawt et al., 2003). They 

are also low in fat (about 1%, d.b.) (Bhatty, 1988; EL-Adawt et al., 2003).  Protein isolates can be 

prepared from lentils through alkaline extraction followed by isoelectric precipitation or 

ultrafiltration, followed by drying (Can Karaca et al., 2011; Aryee & Nickerson, 2012). Isolates 

tend to be >85% (d.b.) in protein content (Can Karaca et al., 2011). Lentil proteins are dominated 

by globulin-type [salt soluble; 50-65% of the total protein] and albumin-type [water soluble; 10-

25% of the total proteins] proteins (Gueguen & Barbot, 1988; Boye et al., 2010; Jarpa-Parra, 2018) 

with small amounts of prolamins and glutelins (Stone et al., 2015). Globulin can be fractionated 

into two major proteins, a 11S (S is a Svedberg unit) legumin [hexameric protein; molecular mass 

of 350-400 kDa; each subunit (60 kDa) is comprised of a α-chain (40 kDa) and β-chain (20 kDa) 

linked by a disulfide bond] and a 7S vicilin [trimeric protein; molecular mass of 150 kDa, with 
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each subunit (50 kDa) being held together by non-covalent forces] (Chakraborty et al., 1979; Liu 

et al., 2009; Boye et al., 2010; Stone et al., 2015; Graca et al., 2016). A third minor globulin protein 

is the 7S convicilin protein which has a molecular mass of ~290 kDa) (Croy, 1980). Albumin 

proteins are comprised of enzymatic proteins, protease inhibitors, amylase inhibitors, and lectins 

with molecular weight ranging from 6-100 kDa (Park et al., 2010; Boye et al., 2010; Dziuba et al., 

2014).  

Carboxymethyl cellulose (CMC) is a polysaccharide with a wide range of industrial 

application in foods (e.g. ice creams, puddings, pie fillings), drugs, paper, and detergents etc. that 

is derived from cellulose (Biswal & Singh, 2004). Cellulose is the major structural component of 

the protective cell wall of the higher plants (O’Sullivan, 1997). Cellulose, as a 

homopolysaccharide, is made up of linear chains of (1 → 4) -  𝛽  –D-glucopyranosel units 

(Janjarasskul & Krochta, 2010). CMC (as shown in Figure 2.7) is obtained by the reaction between 

alkali cellulose and sodium monochloroacetate (Ducel et al., 2004; Biswal & Singh, 2004). The 

molecular weight of the CMC, substitution degree (e.g. the number of hydroxyl groups substituted 

on per anhydroglucose unit (Ducel et al., 2004)), and the distribution of the substituents greatly 

influence the properties of the CMC such as solubility and permeability (Kamide et al., 1985; 

Biswal & Singh, 2004; Janjarasskul & Krochta, 2010). Theoretically, the maximum substitution 

degree is three, and degree of substitute affects the solubility significantly (Hader et al., 1952). 

Normally, cellulose is insoluble in aqueous solution due to the highly crystalline structure with the 

tightly packed polymer chains under the align of hydroxyl groups (Janjarasskul & Krochta, 2010). 

The water solubility can be improved through the etherification process to produce cellulosic 

derivatives. Under the processing, the bulkier carboxymethyl groups are substituted on the 

hydroxyl groups on the glycosyl units, and because of this substitution process intramolecular 

hydrogen bonds are disrupted, which increases the separation of the polymer chains in crystalline 

structure resulting in improved water solubility (Janjarasskul & Krochta, 2010). Generally, CMC 

is soluble in both hot and cold water. Also, the substitution degree has an impact on thickening 

property, emulsion stability, suspending, acid resistance as well as salt tolerance (Hader et al., 

1952). CMC forms a shear-thinning dispersion, and the viscosity of the solution increases along 

with the chain length and the substitution degree (Ducel et al., 2004). Furthermore, CMC has 

desirable film-forming properties (Janjarasskul & Krochta, 2010) and forms good complex 

coacervates with proteins (e.g. gelatin-sodium carboxymethyl cellulose coacervate (Devi & Maji, 
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2011; Duhoranimana et al., 2018), whey-CMC complex (Girard et al., 2002), and potato protein-

CMC complex (Vikelouda & Kiosseoglou, 2004). 

 

 

Figure 2.7 Shows structure of carboxymethyl cellulose (CMC) with substitution degree of 1 

(modified based on Biswal & Singh, 2004). 

 

Gum Arabic (GA) is an edible, dried, gummy exudate from the stems and branches of 

Acacia sene and A. seyal (Ali et al., 2009). GA is widely applied in food applications (e.g. soft 

drinks, marshmallows, and gummy candies), cosmetics, and pharmaceutical industries (Verbeken 

et al., 2003; Ali et al., 2009). Gum Arabic (GA) is highly water-soluble, and it is an excellent 

emulsifying agent. In contrast to CMC, GA is a branched carboxylated anionic arabinogalactan 

polysaccharide; it has a highly heterogeneous structure with three main fractions. About 89% of 

the GA is made up of a highly branched acidic polysaccharide (i.e. β-(1-3) galactopyranose 

(galactan) polysaccharide backbone highly branched with β-(1-6) galactopyranose residues 

terminating in arabinose and glucuronic acid and/or 4-O-methyl glucuronic acid units). About 10% 

of the gum is comprised of an arabinogalactan–protein complex, in which a polypeptide backbone 

and arabinogalactan chains are linked covalently (Aryee & Nickerson, 2012; Dror et al., 2006; Liu 

et al., 2009). And a third fraction (about 1%) is a low molecular weight glycoprotein. According 

to Idris and co-workers (1998), GA consists of galatose (39-42%), arabinose (24-27%), rhamnose 

(12-16%), glucuronic acid (15-16%), protein (1.5-2.6%), and moisture. Nevertheless, the chemical 

composition of GA varies from the sources, age of the trees, and environmental conditions 

(Verbeken et al., 2003). GA is primarily non-digestible to humans or animals; however, it can be 
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fermented in the large intestine by microorganisms to short-chain fatty acids, particularly propionic 

acid (Kishimoto et al., 2006). 

Alginate (AL) comes from the intracellular matrix of marine algae (brown seaweeds) and 

is non-toxic, biodegradable and biocompatible (Mi, Sung, & Shyu, 2002). Alginate is a linear 

polysaccharide that is composed of segments of 𝛽-(1-4)-linked D-mannuronic acid (M block) and 

𝛼-(1-4)-linked L-guluronic acid (G block) with M/G ratio varying from 0.5 to 2.0 (Figure 2.8) 

(Harnsilawat et al., 2006; Klassenet al., 2011; Yang et al., 2011). Free hydroxyl and carboxyl 

groups are distributed along the polymer chain backbone leading to its’ anionic nature. Alginate 

can form gel in the presence of divalent cations (e.g. Ca2+), in which two polysaccharide chains 

are linked together though the cations with the carboxyl groups (i.e. -COO--Ca2+-COO-) in an ‘egg-

box’ liked junction zone. AL can also form gel at pH below the pKa of the uronic acid residues, 

and this acidic gel is stabilized by intermolecular hydrogen bonds (Bu et al., 2004).  

 

 

Figure 2.8 Structure of alginate with M block and G block (modified based on Yang et al., 2011). 

 

Carrageenan is also extracted from marine algae (red seaweeds) from the class 

Rhodophyceae (Necas & Bartosikova, 2013). Carrageenan is commonly used in food products due 

to their excellent gelling, thickening, texture improving, and emulsifying properties and is also 

applied to the control-released system due to the high encapsulation efficiency (Li et al., 2014; 

Van de Velde et al. 2002). Carrageenan is a sulfated polygalactan containing 15 to 40% of ester-

sulfate with an average molecular mass above 100 kDa. Carrageenan can be classified into three 

types based on the number of sulphate groups per disaccharide unit which are kappa-1 (κ-), iota-2 

(ι-), and lambda-3 (λ-) (Necas & Bartosikova, 2013). Lower solubility temperature and weaker gel 

strength are observed as the content of ester sulfate increases from kappa, iota to lambda type, 

respectively (Barbeyron et al. 2000). -Carrageenan (ι-C) contains a disaccharide repeating unit of 
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(1-3)-𝛽 -D-galactopyranose-4-sulphate-(1-4)-3,6-anhydro-𝛼 -D-galactose-2-sulphate (de Jong & 

de Velde, 2007; Lam & Nickerson, 2014). Similar to alginate, carrageenan is linear 

polysaccharides and can form gel in the present of cations. 

Maltodextrin (MD) is an ingredient obtained from the enzymatic (e.g. α-amylase) or acid 

hydrolysis of starch, followed by drying (Rezende, 2018). Maltodextrin is the most common starch 

hydrolysate used in the food applications such as soups, sauces, baby food, and fat replacer due to 

the low costs, low bulk density, mild flavor, and excellent mouthfeel (Rezende, 2018; Suryabhan 

et al., 2019; Carneiro et al., 2013). Maltodextrin is also a common secondary wall material for 

microencapsulation due to the excellent functional properties such as high solubility, low viscosity 

at higher concentration, and low affinity to hydrophobic compounds (Suryabhan et al., 2019; 

Carneiro et al., 2013; Kyriakoudi & Tsimidou, 2018). Stable microcapsules coated with lentil 

protein isolate or lentil protein isolate-alginate (primary wall materials) with maltodextrin 

(secondary wall material) were successfully prepared by Chang and co-workers (2016). 

Maltodextrin has dextrose equivalent (DE) value less than 20, and a larger DE value means a 

higher degree of hydrolysis of starch (Qi & Tester, 2018). Generally, Maltodextrins with larger 

DE value are more susceptible to browning reaction and provide more sweetness, but they can 

form microcapsules with lower oxygen permeability (Wang et al., 2015). The DE value of 

maltodextrin could influence the surface oil content during encapsulation. Can Karaca and co-

authors (2013) found that microcapsules prepared with MD with a smaller DE value (e.g. DE of 

9) had lower surface oil content compared with those prepared with MD of DE 18, which could 

be attributed to a more hydrophilic microcapsule surface due to the orientation of higher molecular 

weight MD towards the entrapped oil (i.e. lower DE value) resulting in lower encapsulation 

efficiency.  

 

2.7.2 Core materials 

Canola oil is one of the most important edible oils and occupies the third largest production 

for vegetable oil in the world, with Canada as the largest producer (Lin et al., 2013). The canola 

plant was originally selected from rapeseed cultivars (high-erucic acid crops) through traditional 

plant breeding to achieve low levels of erucic acid (<2%) and glucosinolates (<30 umol/g) for 

safety consumption (Velasco et al., 2008). Canola oil can provide health benefits against 

cardiovascular disease, type 2 diabetes, and osteoporosis risk through regulating plasma lipids and 
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low-density lipoprotein, which can be attributed to the high content of monounsaturated fatty acids 

and polyunsaturated fatty acids, including 61% oleic acid, 21% linoleic acid, and 11% α-linolenic 

acid (Johnson et al., 2007; Rajaram, 2014). Only about 7% of saturated fatty acids is found in 

canola oil; therefore, canola oil is susceptible to oil rancidity due to oxidation, and 

microencapsulation technology can provide proper protection. 

Flaxseed (Linum usitatissimum L.) is a commercial oilseed that contains a rich source of 

α-linolenic acid (ALA; ~50%), oleic acid (~20%), linoleic acid (~15%), vitamin E, and vitamin A 

(Mohanan et al., 2018; Rubilar et al., 2012; Shim et al., 2015). As an essential fatty acid in human, 

ALA provides health benefits such as developing the brain and nervous system in infants, 

preventing cardiovascular diseases and immune response disorders, reduction of cholesterol levels; 

also, ALA acts as the precursor of the for eicosapentaenoic acid (EPA) and docosahexaenoic acid 

(DHA) (Menin et al., 2018). However, polyunsaturated fatty acids are highly susceptible to 

oxidation in the presence of light, heat, or reactive oxygen species leading to oil rancidity, loss of 

nutritional value and flavor, as well as texture and color changes (Mohanan et al., 2018). 

Microencapsulation would be an effective method to enhance the oxidative stability of flaxseed 

oil; studies of encapsulation using protein-based materials has been conducted on Avramenko et 

al. (2016), Can Karaca et al. (2013), and Carneiro et al. (2013). 
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3. EFFECT OF MOLECULAR MASS AND DEGREE OF SUBSTITUTION OF 

CARBOXYMETHYL CELLULOSE ON THE FORMATION ELECTROSTATIC 

COMPLEXES WITH LENTIL PROTEIN ISOLATE1 

3.1 Abstract 

The electrostatic interaction between lentil protein isolate (LPI) and carboxymethyl 

cellulose (CMC) of different molar mass (MM; 90 and 250 kDa) and degree of substitution (DS; 

0.7, 0.9 and 1.2) was examined during a turbidimetric pH acid-titration over a pH (8.0-1.5) and 

mixing ratio (LPI: CMC; 1:1-10:1) rang. For LPI-CMC (0.7 DS, 250 kDa) at a 1:1 ratio, critical 

structure forming events associated with the formation of soluble (pHc) and insoluble complexes 

(pH1), maximum coacervation (pHopt) and the dissolution of complexes (pH2) occurred at pH 

values of 6.8, 2.6, 2.1 and 1.7, respectively. As the mixing ratio increased, pHc and pH2 remained 

unchanged; however, pH1 and pHopt shifted to higher pH values until plateauing at a 4:1 mixing 

ratio.  MM and DS had no significant effect on critical pH values but did have an impact on the 

size and number of complexes formed. The maximum optical density at pHopt was found to 

decrease from 0.495 to 0.406 as the DS increased from 0.7 to 1.2 on the CMC (constant at 250 

kDa), suggesting that complexes were likely smaller as they scattered less light. As the MM of 

CMC decreased from 250 to 90 kDa (at 0.7 DS), maximum optical density increased from 0.495 

to 0.527, respectively. Confocal laser scanning microscopy preformed at pHopt showed an 

 
1 Wang, Y., Pillai, P. K., & Nickerson, M. T. (2019). Effect of molecular mass and degree of substitution 

of carboxymethyl cellulose on the formation electrostatic complexes with lentil protein isolate. Food 

Research International, 126, 108652. doi: 10.1016/j.foodres.2019.108652 (Reproduced with permission). 

Y. Wang contributed to the experimental design, data collection and analysis, and drafting of the manuscript. 

P. Pillai aided in the isothermal titration calorimetry experiments, whereas M. Nickerson was the primary 

supervisor, contributed to the experimental design and was corresponding author for the manuscript. 
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increasing number of aggregates as the DS or MM of CMC decreased. From isothermal titration 

calorimetry (ITC), larger enthalpy values in LPI-CMC with increased DS and MM were observed. 

 

3.2 Introduction 

Applications involving protein-polysaccharide interactions are becoming more of interest 

for protein purification processes, in the design of controlled delivery systems, and in the 

development of edible films (Schmitt et al., 1998; Ye, 2008). Complex coacervation (also known 

as associative phase separation) occurs between proteins and polysaccharides of opposing net 

charge, where the electrostatic attraction between biopolymers induces phase separation into a 

biopolymer (protein + polysaccharide)- and solvent-rich phase (de Kruif et al., 2004; Ye, 2008). 

During an acid pH titration, the first detectable change in turbidity within the biopolymer mixture 

due to protein-polysaccharide interactions results in the formation of a soluble complex (denoted 

as pHc) (Schmitt et al., 1998; Tolstoguzov, 1997; Turgeon & Laneuville, 2009; Ye, 2008). Protein-

polysaccharide interactions become greater with further acidification leading to the formation of 

insoluble complexes via nucleation and growth kinetics at pH1 (Schmitt et al., 1998; Stone et al., 

2014; Turgeon & Laneuville, 2009). Maximum turbidity is reached at a pH denoted by pHopt, 

where an electrical neutrality point is reached (Kayitmazer, 2017; Li et al., 1994; Schmitt et al., 

1998; Stone et al., 2014). Further protonation results in the complete dissolution of coacervates at 

a pH corresponding to near the pKa of reactive sites on the polysaccharide (denoted as pH2) 

(Klemmer et al., 2012; Stone et al., 2014). Depending on the charge density and the functional 

groups, a soluble coacervate or an insoluble precipitate-type structure may form (de Kruif et al., 

2004; Kayitmazer, 2017; Schmitt et al., 1998; Singh et al., 2007). 

Apart from the electrostatic attractive forces, non-Coulombic interactions (hydrophobic 

interactions, hydrogen bonding, and steric interactions) also play a role in the formation and 

stability of complex structures (de Kruif et al., 2004; Klemmer et al., 2012; Schmitt et al., 1998; 

Ye, 2008). From a thermodynamics perspective, the formation of protein-polysaccharide 

complexes becomes possible and occurs spontaneously when the change in total Gibbs free energy 

within the system is negative (i.e., ∆𝐺 = ∆𝐻 − 𝑇∆𝑆 < 0 ) (Schmitt et al., 1998; Turgeon & 

Laneuville, 2009). Studies conducted on systems of ovalbumin-CMC (Xiong et al., 2017), sodium 

caseinate-low methoxyl pectin (Wang et al., 2019), 𝛽-lactoglobulin-𝜅-carrageenan (Hosseini et al., 

2013) and  𝛽 -lactoglobulin-pectin (Girard et al., 2003; Xu, Melton et al., 2015) suggest that 
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enthalpy played an important role in complex formation especially with biopolymers of different 

charge density or molar mass.  

Selection of the protein and polysaccharide within the mixture is critical as coacervation is 

greatly influence by the characteristics of biopolymers itself, such as charge density, size and 

conformation. Lentil protein for instance is an attractive protein alternative to those from animal 

sources due to their lower cost, abundance and nutritional value (high in protein, fibre and low in 

fat) (Campos-Vega et al., 2010; Jarpa-Parra, 2018). Lentil proteins also display excellent 

functionality such as emulsifying, water binding, fat binding, foamin, and gelling (Aydemir & 

Yemenicioglu, 2013; Boye et al., 2010). Lentil proteins are dominated by globulin-type [salt 

soluble; 50-65% of the total protein] and albumin-type [water soluble; 10-25% of the total proteins] 

proteins (Boye et al., 2010; Gueguen & Barbot, 1988; Jarpa-Parra, 2018) with small amounts of 

prolamins and glutelins (Stone et al., 2015a). Globulin can be fractionated into two major proteins, 

a 11S (S is a Svedberg unit) legumin [hexameric protein; molecular mass of 350-400 kDa; each 

subunit (60 kDa) is comprised of a α-chain (40 kDa) and β-chain (20 kDa) linked by a disulfide 

bond] and a 7S vicilin [trimeric protein; molecular mass of 150 kDa, with each subunit (50 kDa) 

being held together by non-covalent forces] (Boye et al., 2010; Chakraborty et al., 1979; Graça et 

al., 2016; Liu et al., 2009; Stone et al., 2015a; Stone et al., 2015b). A third minor globulin protein 

is the 7S convicilin protein which has a molecular mass of ~290 kDa) (Croy et al., 1980). Albumin 

proteins are comprised of enzymatic proteins, protease inhibitors, amylase inhibitors, and lectins 

with molecular weight ranging from 6-100 kDa (Boye et al., 2010; Dziuba et al., 2014; Park et al., 

2010). 

Carboxymethyl cellulose (CMC) is a polysaccharide with a wide range of applications in 

foods (e.g. ice creams, puddings, pie fillings), drugs, paper and detergents (Biswal & Singh, 2004). 

Cellulose is the major structural component of the cell wall of the higher plants (O’Sullivan, 1997), 

and is as a homo-polysaccharide made up of linear chains of (1 → 4)- 𝛽 –D-glucopyranosyl units 

(Janjarasskul & Krochta, 2010). CMC is obtained by the reaction between alkali cellulose and 

sodium monochloroacetate (Biswal & Singh, 2004; Ducel et al., 2004). The molecular mass of the 

CMC, substitution degree (e.g. the number of hydroxyl groups substituted on per anhydroglucose 

unit, Ducel et al., 2004), and the distribution of the substituents greatly influence the properties of 

the CMC, such as solubility and permeability (Biswal & Singh, 2004; Janjarasskul & Krochta, 

2010; Kamide et al., 1985). 
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This study aims to investigate the complexation behaviour of LPI and CMC with different 

degrees of substitution and molecular mass as a function of pH and biopolymer mixing ratio 

through turbidimetric and ITC measurements. The different thermodynamic parameters [binding 

stoichiometry (q), affinity constant (K), enthalpy (∆H), entropy (∆S) contributions and Gibbs free 

energy change (∆G)] of the LPI-CMC complexation were investigated with respect to the DS and 

MM of CMC. Obtaining a greater understanding of LPI-CMC interaction behaviours might 

provide more information on the development of new functional blended ingredients for the food 

industry. 

 

3.3 MATERIALS AND METHODS 

3.3.1 Materials 

 Lentil protein isolate was given to the project by KeyLeaf Corp. (Saskatoon, SK). CMC of 

differing levels of substitution (0.7, 0.9 and 1.2) at a constant molecular mass (250 kDa), and CMC 

of differing molecular mass (90 and 250 kDa) with a constant degree of substitution (0.7) were 

purchased from Sigma-Aldrich Co (Oakville, ON, Canada). All other chemicals were purchased 

through Sigma-Aldrich Co. 

 

3.3.2 Proximate analysis 

 Moisture, ash, fat, and protein (%N×6.25) were measured according to the Association of 

Official Analytical Chemists (AOAC) methods 925.10, 923.03, 920.85 and 984.13A, respectively 

(AOAC, 2003) (reported on a dry weight basis). Carbohydrate content was determined based on 

percent differential from 100%. Measurements were made in triplicate and reported as the mean ± 

one standard deviation (n=3). Mineral measurements were conducted by KeyLeaf Corp. 

(Saskatoon, SK). 

 

3.3.3 Turbidimetric measurements 

Critical pH values (pHc, pHϕ1, pHopt and pHϕ2) within LPI-CMC mixtures were 

examined using a turbidimetric pH acid titration over a pH (8.0–1.5) and mixing ratio (1:1, 2:1, 

4:1, 6:1, 8:1 and 10:1 of LPI: CMC on a LPI weight by weight basis) range, at a constant 

biopolymer concentration of 0.05% (w/w). Biopolymer solutions were prepared by dissolving each 

powder in water under constant mechanical stirring (500 rpm) for 2 h at room temperature (21–
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23 °C) and then overnight at 4 °C to help facilitate protein solubility. The pH of the solutions was 

6.5. The LPI and CMC solutions were then mixed and allowed to stir for 30 min, and the pH was 

corrected to pH 9.0 prior to measurements.  

Turbidimetric acid pH titrations of biopolymer mixtures were carried out according to Liu 

et al. (2009) to determine the pH values associated with structure forming events (pHc, pHϕ1, pHopt 

and pHϕ2) at 600nm using an ultraviolet-visible spectrophotometer (Genesys 10 UV/Vis, Thermo 

Scientific, Waltham, MA, USA). Measurements were made using triplicate stock solutions. The 

critical pH values were reported as the mean ± one standard deviation (n = 3). Controls were run 

using 0.05% (w/w) LPI and CMC solutions. 

 

3.3.4 Surface charge (zeta potential) 

The zeta potential (ζ) for homogenous and mixed LPI and CMC solutions was determined 

using a Zetasizer Nano-ZS90 (Malvern Instruments, Westborough, MA) according to Liu et al. 

(2009). In brief, homogenous and mixed samples were prepared at total biopolymer concentration 

of 0.05%. Solutions were pH adjusted using 0.25M HCl every 0.5 units between the pH range of 

8.0 and 1.5. Electrophoretic mobility (velocity of a particle within an electric field) is related to 

the zeta potential (ζ), which gives the information of surface charge density, using the Henry 

equation (Eq. 3.1). 

𝑈𝐸 =
2𝜀×𝜉×𝑓(𝜅𝛼)

3𝜂
         (3.1) 

 

where, 𝜂 donates the dispersion viscosity, 𝜀 is the permittivity, 𝑓(𝜅𝛼) is a function related to the 

ratio of particle radius (α) and κ is the Debye length (Liu et al., 2009). Using the Smoluchowski 

approximation, f(κα) is equal to 1.5. All measurements were made at room temperature (21–23 °C) 

in triplicate. 

 

3.3.5 Confocal laser scanning microscopy  

Confocal laser scanning microscopy (CLSM) was used to image mixtures of 4:1 LPI-CMC 

solutions at pHopt as a function of the degrees of substitution and molecular mass of the CMC 

polysaccharides according to Liu et al. (2010) at room temperature. Solutions were prepared in a 

similar manner as the turbidimetric analysis, with the addition of rhodamine B (0.01%, w/w), 

which has a maximum excitation and emission wavelength of 543 and 567 nm, respectively. The 
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solution was placed on a cover slide and imaged using a Nikon Eclipse LV100 CLSM microscope 

(Nikon, Tokyo, Japan). All mixtures were prepared in triplicate and 4 images were taken per slide. 

A representative image from each slide was shown. 

 

3.3.6 Isothermal titration calorimetry 

Isothermal titration calorimetry was conducted for LPI and CMC as a function of the 

degrees of substitution and molecular mass of the CMC polysaccharides at pH 3 using ITC model 

CSC 4200 (Calorimetry Science Corportation, Lindon, UT, USA) at room temperature (25℃). LPI 

(5%, w/w) and 0.1% (w/w) CMC solutions were prepared in a similar manner as previous (2 h at 

room temperature and then overnight at 4 °C) except dissolving powders in 5 mM citric buffer (pH 

3). Solutions were then warmed at room temperature and stirred for 30 min, and the LPI solution 

was centrifuged at 4,032 x g for 2 min. The supernatant was collected, and solubility measured 

(53.9 ± 0.7%) to determine its concentration. Then, 250 µL of the soluble LPI (0.1055 mM) and 

1420 µL CMC (0.004 mM) solution were placed in syringe and reaction cell, respectively. The 

titration was performed with 25 successive 10 µL injection of LPI solution, with an equilibration 

time of 200 s between the injections and at 300 rpm stirring speed. The dilution heat of LPI solution 

was measured by their titration with citric buffer at pH 3 and subtracted from the raw data. 

Measurements were carried out in duplicates. Thermodynamic parameters such as binding 

stoichiometry (q), binding constant (K) and enthalpy (H) were calculated by curve fitting of the 

binding isotherms with Bind Work software using the independent binding model. The entropy 

and Gibbs free energy was calculated using the Eq. (3.2) and (3.3), respectively.  

lnG RT K = −              (3.2) 

 

G H T S =  −           (3.3) 

 

A SDS-page gel and densometry was performed on the LPI to show approximately 50% 

of the proteins were legumin (MM 60 kDa x 6 subunits = 360 kDa) and 50% were vicilin (MM 50 

kDa x 3 subunits = 150 kDa) (data not shown); therefore, an average MM of 255 kDa was assumed 

and used in ITC calculations of protein molar concentration. 
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3.3.7 Statistics 

 A one-way analysis of variance with a Scheffe post-hoc test was preformed to access 

differences for each critical pH as a function of mixing ratio, degree of substitution, and molar 

mass. All statistics were preformed using SPSS software (IBM, Armonk, NY, USA). 

 

3.4 RESULTS AND DISCUSSION 

3.4.1 Composition 

 Proximate composition of the LPI material was found to be comprised of 80.6% (dry 

weight basis, d.b.) protein, 0.8% (d.b.) lipid, 13.0% (d.b.) carbohydrate, and 5.6% (d.b.) ash. In 

contrast, all CMC polymers had carbohydrate and ash contents ranging between 80.4-81.4% (d.b.) 

and 18.6-19.6% (d.b.), respectively except for CMC polymers with a MM of 250 kDa and DS of 

1.2% which has a carbohydrate and ash content of 75.0% (d.b.) and 25% (d.b.), respectively. 

Protein and lipid contents were considered as negligible in all CMC polysaccharides. In terms of 

major minerals, the LPI contained 1.80% Na+ and 0.67% K+ with minor amounts of Ca2+ and Mg2+, 

whereas all CMC polymers were high in Na+ (8.10-10.00%). Further proximate data can be found 

in the Appendix, Table A1.  

 

3.4.2 Formation of electrostatic complexes as a function of LPI: CMC mixing ratio 

Changes to the optical density (OD) of the solution during an acid pH titration for LPI 

alone, and for LPI-CMC blends involving only the CMC with 0.7 DS and a MM of 250 kDa, at 

differing mixing ratios is given in Figure 3.1A. The optical density of CMC biopolymers was not 

plotted as they were negligible. For LPI alone, a bell-shaped OD curve as a function of pH was 

observed, ranging between pH 6.9 and 2.4, with a maximum OD of 0.476 occurring at pH 4.4 near 

the protein’s isoelectric point (pH 4.6; Figure 3.2) where it carries no net charge (zeta potential = 

0 mV). However, OD remained relatively flat at the maximum over the pH range of 3.6-4.8 due to 

reduced solubility caused by the increased protein-protein interactions. In general, as the amount 

of CMC increases within the mixing ratio, the scattering curves shifted to lower pH values, and 

the bell-shaped curve changed to have a longer rise in OD as pH decreased prior to the maximum, 

a narrower peak region and, a lower maximum OD (Figure 3.1A). In Figure 3.1A, it was observed 

that some LPI-CMC systems (at 4:1, 8:1, 10:1 ratios) had larger OD values than homo LPI system 

at pH 5.5-7.5. At this pH range, low OD values should have been observed since the systems were 
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at thermodynamically incompatible states due to intermolecular electrostatic repulsions between 

net negatively charged proteins and CMCs. However, it is hypothesized that a stronger electrostatic 

repulsion could occur between the highly negative charged CMC polysaccharides, and that led to 

a depletion effect in which an effective attraction between the protein molecules occurred (Liu et 

al., 2013) causing increasing LPI-LPI aggregations. Therefore, an increase in OD was observed, 

and this increase became more intensive overall as LPI:CMC ratio increased.
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Figure 3.1 Complex coacervation behavior within mixtures of lentil protein isolate (LPI) and 

carboxymethyl cellulose (CMC, 0.7 DS; molecular mass of 250 kDa) at different mixing ratios, as 

outlined in: (a) A turbidimetric pH-titration during coacervation; (b) critical pH values associated 

with complex formation and breakdown [pHc – soluble complexes, pH1 – insoluble complexes, 

pHopt – optimal complexation and pH2 – dissolution of complexes]; and (c) maximum optical 

density (OD) occurring at pHopt.  Data in (a) represents the mean data points from triplicate curves; 

whereas data in (b, c) represent the mean ± one standard deviation (n = 3).  
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Figure 3.2 (A) The surface charge (zeta potential) as a function of pH for mixtures of lentil protein 

isolate (LPI) and carboxymethyl cellulose (CMC, 0.7 DS; molecular mass of 250 kDa) at different 

mixing ratios, and for homogenous solutions of LPI and CMC (see insert). (B) Electrical 

equivalence point (zeta potential = 0 mV) determined for the same systems (except for the CMC 

control which remained negatively charged at all pH’s examined. Data represent the mean ± one 

standard deviation (n = 3).   
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Phase diagrams showing changes to the critical pH values associated with the formation 

and dissolution of electrostatic complexes as a function of mixing ratio is given in Figure 3.1B. 

For all mixtures, the formation of soluble complexes was found to occur at ~pH 7.0 regardless of 

the mixing ratio (p>0.05). At this pH, both biopolymers carry a net negative charge. It is presumed 

that interactions take place between CMC and positive patches on the protein(s) surface, as was 

noted by Seyrekan and co-authors (2003) for bovine serum albumin-heparin mixture, 

Weinbreckand et al. (2003a) for whey proteins-exocellular polysaccharide mixtures, Weinbreck 

and co-authors (2003b) for whey protein-gum Arabic mixtures, and Aryee and Nickerson (2012) 

for LPI-gum Arabic (GA) mixtures. Independence of pHc to biopolymer mixing ratio has been 

reported in aggregate-free (removed by filtration) whey protein-exocellular polysaccharide 

(Weinbreck et al., 2003a), whey protein-carrageenan (Weinbreck et al., 2004), and 𝛽 -

lactoglobulin-pectin (Girard et al., 2004) mixtures where it was presumed that soluble complexes 

formed between individual proteins and polysaccharides. Since the initial rise in OD in the 

presence study of LPI (control) also occurred at pH 7.0, it is presumed that the initial interactions 

with CMC occurred with individual LPI proteins or very small LPI-LPI aggregates. In contrast, 

mixing ratio dependence of pHc has been previously reported within mixtures where protein 

aggregation was more prevalent prior to initial complexation, including gelatin (Type-A and Type-

B)-agar (Singh et al., 2007), pea protein isolate-GA (Liu et al., 2009), canola protein isolate-

alginate/ι-carrageenan (Klassen et al., 2011), and LPI-GA (Aryee & Nickerson, 2012). 

With further acidification, insoluble complexes were formed at pH1 indicating 

macroscopic structure formation. Of note, the terms ‘soluble’ and ‘insoluble’ are terms used in the 

coacervation literature and no refer to solubility in a protein functionality sense. As shown in 

Figure 3.1B, pH1 increased as the mixing ratios increase (p<0.05), where pH1 occurred at pH 2.6 

at 1:1 and at pH 4.2 at 6:1, then becoming more stable (p>0.05). It was hypothesized that this trend 

was the result of an increase in number and size of LPI-LPI aggregates due to the weaker 

electrostatic repulsive forces generated by the smaller amount of CMC polysaccharides as mixing 

ratios increased. Also, as the LPI concentration increased, there would be more protein molecules 

available for CMC chain for binding with increasing biopolymer mixing ratio (Aryee & Nickerson, 

2014; Liu et al. 2009). As the pH decreased further, OD reached a maximum at pHopt indicating 

pH conditions that yielded the greatest number of complexes. Similar to pH1, pHopt increased 

along with mixing ratios from pH 2.1 at the 1:1 ratio to pH 3.0 at the 4:1 ratio (p<0.05) and became 
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more stable at 6:1, 8:1 and 10:1 at pH ranging from 3.3-3.6 (Figure 3.1B). At pHopt, the LPI and 

CMC mixtures reach an electrical equivalence point, where two biopolymers reached an overall 

neutral charge (Kayitmazer, 2017; Li et al., 1994; Schmitt et al., 1998; Stone et al., 2014). The 

maximum OD as a function of LPI-CMC mixing ratio is shown in Figure 3.1C, where it was found 

to increase quickly from a 1:1 mixing ratio to 2:1 (p<0.05) and then more gradually to 4:1, 

afterwards reaching a steady state. ODMax at 4:1 LPI-CMC ratio was 0.495, which was greater than 

that of the control (LPI alone; ODMax = 0.476). Further acidification showed a decline in OD as 

the dissolution of complexes began as the carboxyl sites along the CMC became protonated. This 

reduction continued until reaching pH2 (at pH 1.6-1.9). Only small fluctuation was found for pH2 

with mixing ratios in this study (Figure 3.1B). 

Figure 3.2 shows the surface charge of LPI-CMC blends as a function of mixing ratios and 

homogeneous biopolymers (LPI and CMC) over the range from pH 8.0 to 1.5. Net neutrality (pI) 

for LPI alone occurred at pH 4.6 (Figure 3.2), which corresponded to ODmax from Figure 3.1. The 

LPI carried a net negative charge above pH 4.6 and positive charges below this pH. Surface charges 

of the homogeneous CMC solution remained below zero during the entire titration but increased 

to close to zero at pH 1.5; results were reported from pH 4.0 because the values fluctuated largely 

between pH 4.5 to 8.0. The variability in the CMC data also was thought to impact readings of the 

blends between pH values 5-8 where ZP was relatively constant. Net neutrality for all mixing ratios 

was determined at pH values < pI of LPI alone, and was found to increase from pH 1.9 at the 1:1 

ratio to pH 3.7 at the 10:1 ratio (Figure 3.2B) with increment more steeply from 1:1 to 4:1 (p<0.05) 

then more gradually from 4:1 to 10:1. Net neutrality shifted closer to the pI of LPI with higher 

mixing ratios indicating more contribution of LPI aggregates in the complexation processes.  

 

3.4.3 Effect of degree of substitution of CMC on the formation of electrostatic complexes 

with LPI 

 The effects of degree of substitution (DS 0.7, 0.9, 1.2) of CMC (molecular mass of 250 

kDa) on the formation of complexes at LPI: CMC at 4:1 mixing ratio was determined through a 

turbidimetric pH-titration (Figure 3.3A). The mixture of LPI-CMC (DS 0.7) displayed the greatest 

ODMax (0.495), followed by CMC with degrees of substitution of 0.9 (0.471) and 1.2 (0.406) (Table 

3.1). It was originally hypothesized that a higher charge density (higher DS) would have more 

reactive sites to bind with LPI to give greater complexation. However, this inhibition has been 
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reported in use of some highly charged polysaccharide involving complex such as pea protein 

isolate-alginate (Klemmer et al., 2012), LPI- 𝜅 -carrageenan and LPI-gellan gum (Aryee & 

Nickerson, 2014), and pea protein isolate-high methoxy citrus pectin (Warnakulasuriya et al., 

2018). Thus, is presumed that the higher charge density of CMC (DS 1.2) would generate more 

electrostatic repulsive forces between CMC chains to suppress the formation of LPI-LPI 

aggregates and slowed down the rate of forming LPI-CMC (Warnakulasuriya et al., 2018). The 

structural differences in these CMCs might be another factor affecting complexation behavior. In 

addition to substituting more -COO- groups, increased DS also means generating bigger 

constituent groups (-CH2OH →  -CH2OCH2COOH), which would induce steric effect and 

negatively influences the complexation between LPI and CMC (Zhivkov, 2013) resulting lower 

maximum OD values.  
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Figure 3.3 Effect of DS of carboxymethyl cellulose (CMC, molecular mass of 250 kDa) on its coacervation behavior in mixtures with 

lentil protein isolate (LPI), as described by (A) a turbidimetric pH-titration and surface charge. (B) homogenous polymer solutions and 

(C) mixed polymer solutions, so as a function of pH. Data in (A) represents the mean data points from triplicate curves; whereas data in 

(B, C) represent the mean ± one standard deviation (n = 3).
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Table 3.1 Effect of DS and molecular mass on critical parameters associated with the complex coacervation of lentil protein isolate – 

carboxymethyl cellulose mixtures (4:1 blending ratio) relative to lentil protein isolate alone. Data represents the mean ± one standard 

deviation (n = 3).  

Materials pHc pH1 pHopt pH2 Max. OD EEP 

 

       

a) LPI (control) 6.93±0.12aA 5.93 ± 0.12aA 4.37 ± 0.15aA 2.40 ± 0.10aA 0.476 ± 0.017aB 4.63 ± 0.17aA 

       

b) Effect of degree of substitution1 

LPI: CMC (0.7) 7.03 ± 0.32a 3.63 ± 0.06c 3.03 ± 0.06b 1.60 ± 0.10b 0.495 ± 0.009a 3.07 ± 0.13b 

LPI: CMC (0.9) 6.57 ± 0.21a 3.90 ± 0.00b 3.10 ± 0.10b 1.70 ± 0.10b 0.471 ± 0.008a 2.99 ± 0.06b 

LPI: CMC (1.2) 6.93 ± 0.06a 3.37 ± 0.06d 2.90 ± 0.00b 1.50 ± 0.00b 0.406 ± 0.009b 3.05 ± 0.02b 

       

c) Effect of molecular mass of CMC2 

LPI: CMC (90 kDa) 6.93 ± 0.12A 3.83 ± 0.15B 3.00 ± 0.10B 1.77 ± 0.12B 0.527 ± 0.013A 3.11 ± 0.05B 

LPI: CMC (250 kDa) 

 

7.03 ± 0.32A 3.63 ± 0.06B 3.03 ± 0.06B 1.60 ± 0.10B 0.495 ± 0.009AB 3.07 ± 0.13B 

Abbreviations:  

• Lentil protein isolate (LPI) and carboxymethyl cellulose (CMC) 

• Critical pH values corresponding to the formation of soluble complexes (pHc), insoluble complexes (pH1), optimal 

complexation (pHopt) and the dissolution of complexes (pH2). 

• Optical density (OD) 

• EEP: electric equivalence point

4
4
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Representative confocal scanning microscopy images of LPI and LPI-CMC solutions at 

corresponding pHopt values as a function of DS at the 4:1 mixing ratio are given in Figure 3.4. In 

Figure 3.4A, some small-sized and a few medium-sized of aggregates were observed for the LPI 

control. With the addition of CMC (DS 0.7, 250 kDa), the number of aggregates increased 

compared to the LPI control, as more medium-sized aggregates and a few larger aggregates were 

present (Figure 3.4C), which would cause the higher OD seen in Figure 3.1. In general, as the 

degree of substitution of CMC chains increased, fewer aggregates were observed (Figure 3.4C-E). 

More medium but fewer large aggregates were observed in system LPI-CMC with 0.9 DS relative 

to the 0.7 DS, leading to a smaller OD value. And in the case of CMC 1.2 DS, a few large 

aggregates were observed resulting in the least scattered light (OD reduced) (Figure 3.4E).  

No obvious difference (p>0.05) in critical pH values (pHc, pHopt and pH2) were observed 

as a function of degrees of substitution (Table 3.1). For pH1, values differed most likely due to 

the change in the turbidity curves where the CMC (DS 0.7) saw gradual increase in OD between 

pHc and pH1, whereas the curves of LPI-CMC (DS 0.9, 1.2) changed with multiple inflection 

points over the same pH range indicating that structure formation was somewhat variable (Table 

3.1, Figure 3.3A). Surface charge as a function of pH is given for homogenous systems of LPI and 

CMC (Figure 3.3B) and for the mixed LPI-CMC systems (Figure 3.3C). All homogenous CMC 

solutions were negatively charged at pH 5.0, and progressively increased to close to zero at pH 1.5 

(Figure 3.3B). Net neutrality for LPI-CMC (DS 0.7, 0.9, 1.2) systems were found near pH 3.0 

respectively (p>0.05), which corresponding pHopt values (Table 3.1).
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A) LPI alone    (B) LPI-CMC (0.7 DS, 90 kDa) 

 

            

C) LPI-CMC (0.7 DS, 250 kDa) D) LPI-CMC (0.9 DS, 250 kDa) 

 

 

E) LPI-CMC (1.2 DS, 250 kDa) 

Figure 3.4 Confocal laser scanning microscopy images of LPI alone and mixtures at the 4:1 LPI: 

CMC (at difference DS and molecular mass) mixing ratio taken at pHopt. The scale bar represents 

100 µm.
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3.4.4 Effect of molecular mass of CMC on the formation of electrostatic complexes with LPI 

 The effects of CMC molecular mass (90 and 250 kDa) on the formation of complexes with 

LPI were investigated at a 4:1 mixing ratio and a constant CMC DS of 0.7 through a turbidimetric 

acid titration (Figure 3.5A). It was hypothesized that by increasing the molecular mass of CMC, 

the amount of complexation would decrease since the lower entropy of mixing would result in 

reduced biopolymer compatibility in solution (Schmitt et al., 1998). Increased maximum OD value 

with smaller molecular mass was also observed in a pea protein isolate-alkaline de-esterified pectin 

system (Pillai et al., 2019). In the present study, ODMax decreased from 0.527 to 0.495 as molecular 

mass of CMC increased from 90 to 250 kDa (Table 3.1). It was also presumed that CMC (90 kDa) 

with smaller sizes could approach LPI easier compared to CMC (250 kDa) due to less steric effects 

resulting more LPI-CMC interaction. CSLM images showed a greater number of larger aggregates 

were present with 90 kDa CMC (Figure 3.4B) relative to that with 250 kDa CMC (Figure 3.4C) 

allowing it to scatter more light.  No difference (p>0.05) was observed with all the critical pH 

values between the two systems, with neutrality occurring near pH 3 (p>0.05) (Table 3.1). 

Complementary surface charge measurements were given in Figure 3.4B and 3.4C. Greater 

turbidity was reported for a hyaluronic acid (HA)-chitosan system during an acid titration with 

decreasing HA molecular weight (Kayitmazer et al., 2015) and a pea protein isolate-alkaline de-

esterified pectin system with decreased pectin molecular weight (Pillai et al., 2019). In contrast, 

Shieh and Glatz (1994) found little effect of molecular weight on a lysozyme-polyacrylic 

complexation.  
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Figure 3.5 Effect of molecular mass of carboxymethyl cellulose (CMC, DS 0.7) on its coacervation behavior in mixtures with lentil 

protein isolate (LPI), as described by (A) a turbidimetric pH-titration and surface charge (B) homogenous polymer solutions and (C) 

mixed polymer solutions, so as a function of pH. Data in (A) represents the mean data points from triplicate curves; whereas data in (B, 

C) represent the mean ± one standard deviation (n = 3).
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3.4.5 Isothermal titration calorimetry 

Isothermal titration calorimetry (ITC) was performed to understand the thermodynamic 

parameters [binding stoichiometry (q), affinity constant (K), enthalpy ( ∆ H), entropy ( ∆ S) 

contributions and Gibbs free energy change (∆G)] of LPI-CMC complexation. It directly measures 

the energetics through heat changes associated with the complexation reaction of LPI and CMC at 

a constant temperature (Freire et al., 1990; Jelesarov & Bosshard, 1999; Kayitmazer, 2017; Xiong 

et al., 2017). The thermodynamics properties of LPI-CMC coacervates as a function of CMC 

substitution degree and molecular mass were determined at pH 3 for all LPI-CMC systems based 

on the optimal coacervation pH determined and 25℃. The interaction of LPI and CMC (0.7, 250 

kDa) was taken as an example to show a typical heat flow curve and binding isotherm (Figure 

3.6A, B). The thermodynamic parameters determined for all four systems are given in Table 3.2.  

As seen in Fig 3.6A, after each injection of LPI solution (0.1055 mM) into the reaction cell 

containing CMC solution (0.004 mM), the amount heat released as a result of complexation was 

monitored and showed as the area of the peaks in the heat flow curve. The thermograms obtained 

for all systems were exothermic, which indicated that the complexation reaction was energetically 

favorable. The area of peaks reduced gradually due to the reduction of free CMC chains available 

for complexation in the cell and until reaching a steady equilibrium state, which indicates the 

saturation point of the LPI-CMC interaction. Note that the saturation points for the LPI-CMC (0.7, 

250 kDa) interaction was reached after 18 injections (Figure 3.6A). For the rest of the LPI-CMC 

systems, the saturation point occurred at 19, 9, and 11 injections for LPI-CMC (0.9, 250 kDa), 

LPI-CMC (1.2, 250 kDa), and LPI-CMC (0.7, 90 kDa), respectively (data not shown). The heat 

flow curves were then fitted into binding isotherms using an “independent binding site” model 

based on the assumption that each LPI molecule contained only one independent binding site and 

the carboxylate group on CMC was the only binding group to LPI since the interaction of LPI and 

CMC was mainly driven by positively charged proteins and negatively charged carboxylate groups 

on CMC chains through electrostatic attraction. 
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Figure 3.6 Heat flow curve (A) and binding isotherm (B) of titration of LPI into CMC (DS 0.7, 250kDa) in pH 3 citric buffer. 
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Table 3.2 Thermodynamic parameters for LPI-CMC samples. Data represents the mean ± one standard deviation (n = 2). 

Samples q K (×106) ∆H [KJ/mol] T∆S [KJ/mol] ∆G [KJ/mol]  

LPI-CMC (0.7, 250kDa) 1.25 ± 0.01 2.78 ± 0.51 -466.28 ± 22.79 -429.52 ± 22.33 -36.76 ± 0.46 

LPI-CMC (0.9, 250kDa) 1.49 ± 0.43 6.82 ± 1.91 -468.01 ± 16.44 -429.05 ± 15.74 -38.96 ± 0.70 

LPI-CMC (1.2, 250kDa) 1.19 ± 0.04 21.2 ± 12.1 -759.30 ± 1.70 -717.71 ± 3.21 -41.59 ± 1.50 

LPI-CMC (0.7, 90kDa) 0.73 ± 0.05 3.84 ± 1.76 -540.06 ± 14.00 -502.62 ± 12.82 -37.44 ± 1.18 

 

Abbreviations:  

• q: binding stoichiometry  

• K: association constant  

• ∆H: enthalpy 

• T: the temperature on the Kelvin scale 

• ∆S: entropy 

• ∆G: Gibbs free energy

5
1
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A binding isotherm of LPI-CMC (0.7, 250kDa) fitted from a heat flow curve (Figure 3.6A) 

was shown in Figure 3.6B with a stable enthalpy determined at LPI-CMC molar ratio of 3.6 

corresponding to optimal LPI-CMC coacervation mixing ratio of 4. The stable enthalpy was 

observed at molar ratio of 3.7, 1.7, and 2 for LPI-CMC (0.9, 250 kDa), LPI-CMC (1.2, 250 kDa), 

and LPI-CMC (0.7, 90 kDa), respectively (data not shown). ∆H, q and K were derived from the 

binding isotherm, where ∆H is the amount of heat released per mole of LPI injection; q represents 

the number of identical and independent binding site for LPI on CMC, and K indicates the strength 

of association. Entropy and Gibbs free energy were calculated from Eq 3.2 and Eq 3.3; all the 

critical parameters were shown in Table 3.2. Enthalpy, entropy, and Gibbs free energy from four 

LPI-CMC systems were all negative suggesting the exothermic complex coacervation processes 

of LPI and all CMC polysaccharides were dominated by enthalpy change (Table 3.2). Girard et al. 

(2003), Hosseini et al. (2013), and Xiong et al. (2017) also reported a spontaneous exothermic 

enthalpy driven process in a β-lactoglobulin-low methoxyl pectin, a β-lactoglobulin-κ-carrageenan 

system, and an ovalbumin-CMC, respectively, while an exothermic-endothermic sequenced 

process driven by enthalpic and entropic contribution for a sodium caseinate-low methoxyl pectin 

system at pH 3 was observed by Wang et al (2019c). A negative entropy indicated that the effects 

of release of counter ions in the present study were unfavourable. The similar values of ∆H and 

T∆S suggested that the binding between LPI and CMC and the release of the counter ions from 

the biopolymer chains are compensation (Ou & Muthukumar, 2006). For LPI and CMC as a 

function of CMC degree of substitution, the enthalpy obtained for LPI-CMC (0.7) and LPI-CMC 

(0.9) were similar corresponding to the similar maximum OD obtained from turbidity (Figure 

3.3A). The higher exothermic values (i.e. more negative ∆H) for LPI-CMC (1.2) complexation 

suggested that the interaction was more intense which could be attributed to the higher charge 

density of CMC (1.2), and that might be the reason for the larger complexes’ formation observed 

in Figure 3.4E. Increased association constant was also observed as CMC charge density increased 

in LPI-CMC (1.2) indicating its high affinity for the complexation reaction compared to the rest. 

Increased enthalpy and association constant values with higher biopolymer charge density were 

also observed in an ovalbumin-CMC system (Xiong et al. 2017) and in a β-lactoglobulin-low 

methoxyl pectin system compared with high-methoxyl pectin (Girard et al. 2003). The effect of 

CMC degree of substitution was minor on binding stoichiometry, where approximately one protein 

was interacting with one CMC chain. However, binding stoichiometry was greatly affected by the 
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molecular weight of CMC; results showed about one protein was interacting with two CMC 

(90kDa) polysaccharides chains instead. It was reported that the smaller biopolymer molecular 

size reflected by lower molecular mass could accelerate the biopolymer-biopolymer interaction 

(Doublier et al., 2000; Pillai et al., 2019). In this study, CMC (90kDa) chains could move more 

quickly compared to CMC (250kDa) to bind with LPI molecules leading to a larger enthalpy value, 

which corresponded to the higher maximum OD value (Figure 3.5A).  

 

3.5 Conclusions 

The complexation behavior of LPI and CMC with different degrees of substitution (0.7. 

0.9, and 1.2) and different molecular mass (90 and 250 kDa) was investigated through a 

turbidimetric pH acid-titration and ITC. For LPI-CMC (0.7, 250 kDa), the level of complex 

formation was found to increase from an ODmax of 0.317 at the 1:1 LPI: CMC mixing ratio to an 

ODmax of 0.495 at the 4:1 ratio, followed by a plateau region. Critical pH values (pH1 and pHopt) 

were also found to increase as the mixing ratio increased indicating more LPI-LPI aggregates were 

interacting with CMC. This corresponded to a shift to higher pH values within increasing mixing 

ratio where the electrical equivalence points were reached; all of which was below the isoelectric 

point of LPI. The effects of substitution degree (DS) and molecular mass of CMC on the critical 

pH values were minor. Higher DS of CMC seemed to suppress of formation of LPI-LPI aggregates 

resulting in less complexes being formed (lower ODmax readings) due to the higher charge density 

on the CMC chains which generated more electrostatic repulsion within neighboring chains in 

solution. Increased ODmax readings was also observed at a lower molecular mass of CMC with 

LPI. Larger enthalpy values were found in LPI-CMC as CMC degree substitution increased or 

CMC molecular mass decreased. Binding stoichiometry was greatly influence by CMC molecular 

mass as one protein was interacting with two CMC (90 kDa) chains but only one CMC (250 kDa) 

chain. 

 

3.6 Linkage to the next study 

 Based on the findings from chapter 3, among 1:1 to 10:1 LPI-CMC mixing ratios, 4:1 

mixing ratio was found to have the greatest electrostatic interactions between LPI and CMC (0.7 

DS, 250 kDa). Therefore, 4:1 mixing ratio was selected for the following experiments. At 4:1 LPI-

CMC mixing ratio, the effect of molecular mass and substitution degree of CMC only had minor 
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effects on the electrostatic interaction between LPI and CMC polysaccharides. As there were no 

big differences in the complexation behavior among the LPI and various CMC mixtures, stronger 

interacting polysaccharides were introduced into the next study (i.e. Chapter 4). The 

polysaccharides with different charge density and functional groups such as gum Arabic, alginate, 

and iota-carrageenan were selected to contrast with the CMC. In the next study, the complexation 

behavior between LPI and various polysaccharides were examined. Additionally, the emulsifying 

properties of the forming LPI-polysaccharide complexes were also investigated because a stable 

emulsion must form prior to the drying process to result in dried microcapsules. 
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4. EFFECT OF PH ON THE FORMATION OF ELECTROSTATIC COMPLEXES 

BETWEEN LENTIL PROTEIN ISOLATE AND A RANGE OF ANIONIC 

POLYSACCHARIDES, AND THEIR RESULTING EMULSIFYING PROPERTIES2 

 

4.1 Abstract 

This research investigated the effect of pH on forming electrostatic complexes between 

lentil protein isolate (LPI) and a range of anionic polysaccharides [carboxymethyl cellulose (CMC), 

gum Arabic (GA), alginate (AL), and -carrageenan (ι-C)] at 4:1 LPI-polysaccharide mixing ratio, 

and their resulting emulsifying abilities. Maximum optical densities were found to be 0.486, 0.716, 

0.310, and 0.190 for LPI-CMC, LPI-GA, LPI-AL, and LPI-ι-C, respectively indicating the level 

of aggregate size and growth. LPI-ι-C emulsion displayed the highest emulsion stability (ES) 

because of its higher continuous phase and emulsion viscosities, lower mean droplet sizes, and 

negatively charged droplets. They also formed much smaller complexes within solution due to 

their high negative charge. All other LPI-polysaccharide systems formed less stable emulsions 

than LPI alone due to the larger sizes of both complexes and oil droplets. 

 

4.2 Introduction 

Complex coacervation involves the electrostatic attractive interactions of biopolymer 

mixtures (e.g., proteins and polysaccharides) with opposing net charges over a narrow pH range 

 
2 Wang, Y., Ghosh, S., & Nickerson, M. T. (2019). Effect of pH on the formation of electrostatic complexes 

between lentil protein isolate and a range of anionic polysaccharides, and their resulting emulsifying 

properties. Food Chemistry, 298, 125023. doi: 10.1016/j.foodchem.2019.125023 (Reproduced with 

permission). Y. Wang contributed to the experimental design, data collection and analysis and drafting of 

the manuscript; S. Ghosh was second reader on the manuscript; whereas M. Nickerson was the primary 

supervisor, contributed to the experimental design and acted as corresponding author for the manuscript. 
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resulting in phase separation into a biopolymer (protein + polysaccharide)- and solvent-rich phase 

(de Kruif et al., 2004; Ye, 2008). Through an acid titration, critical pH values associated with 

coacervate or precipitate structure forming events can be identified (Kizilay et al., 2011). For 

instance, during a turbidimetric pH acid titration, the first indication of structure development is 

denoted at pHc associated with the formation of soluble complexes. As the titration continues, 

macroscopic changes in turbidity starts at pH1 and the formation of insoluble complexes. 

Turbidity reaches a peak at pHopt, and then eventually dissociates (at pH2) pH as charges on the 

polysaccharides become protonated. Structure and functions of the resulting mixtures can be 

greatly affected by biopolymer characteristics (e.g. charge density and the functional groups) 

leading to the formation of a soluble coacervate or an insoluble precipitate-type structure (de Kruif 

et al., 2004; Kayitmazer, 2017; Singh et al., 2007). Coacervate structures tend to entrap water 

inside, remain suspended in solution and retain a high level of chain mobility within it (Ye, 2008), 

whereas precipitate structures entrap little water, have significantly less chain mobility inside, and 

tend to sediment to the bottom of the solution rather quickly (Ye, 2008). The coacervate structure 

also tends to be reversible upon changes in pH, and the precipitate structures are more strongly 

interacting leading to a less reversible structure (Klemmer et al., 2012; Stone et al., 2014). 

Manipulating the food structure and the functionality can be achieved through complex 

coacervation leading to a wide series of applications, such as the development of controlled release 

materials, encapsulation, biodegradable edible films, and food colloidal systems (Ye, 2008).  

Incorporating the anionic polysaccharides alongside the proteins results in either positive 

or negative effects on emulsion stability depending on the protein-polysaccharide interactions. If 

a viscoelastic mixed or bilayer protein-polysaccharide film is formed at the oil-water interface, a 

stable emulsion is formed. Especially if conditions are such that bridging flocculation does not 

occur. Enhanced emulsion stability has been reported using complex coacervates such as whey 

protein-gum Arabic (Weinbreck et al., 2004), pea protein isolate-gum Arabic (Liu et al., 2010), 

canola protein isolate-carrageenan (Stone et al., 2013), chitosan-alginate (Li & McClements, 2011), 

and milk protein-CMC (Koupantsis et al., 2014). As an example, Stone and co-authors (2015) 

reported ES increased from 88.7% to 93.3% when canola protein was complexed with low 

methoxy pectin, whereas when combined with gum Arabic, no differences in ES was observed 

Stone et al. (2014). Liu et al. (2010) reported ES was improved with pea protein isolate and gum 
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Arabic relative to pea protein alone using both one-step (mixed layer) and two-step (bilayer) 

procedure. 

Lentil proteins are gaining tremendous interest by the food industry like other pulse 

proteins because they are non-soy, gluten-free, and non-animal based. Pulse proteins tend to have 

excellent functional attributes including water/fat binding, emulsification, foaming, solubility and 

gelation depending on preparation processes (Boye et al., 2010; Liang & Tang, 2014). Lentil 

proteins are dominated by globulin and albumin representing 50-65% and 10-25% of the total 

protein, respectively (Boye et al., 2010; Jarpa-Parra, 2018). Small amount (~10% and 3.5%, 

respectively) of prolamins and glutelins also present (Aryee & Nickerson, 2012). Globulin is 

comprised of two major proteins: a 11S (S is a Svedberg unit) legumin (molecular mass of 350-

400 kDa) and 7S vicilin (molecular mass of 150 kDa) (Boye et al., 2010; Liu et al., 2009). Albumin 

proteins consists of enzymatic proteins, protease inhibitors, amylase inhibitors, and lectins 

(molecular weight ranging from 6-100 kDa) (Boye et al., 2010).  

Carboxymethyl cellulose (CMC) is a functional ingredient with a wide range of 

applications in the food industry (e.g. ice creams, puddings, pie fillings) for bulking agent, 

moisture retention, prevention of syneresis, and sugar crystallization (Biswal & Singh, 2004; 

Koupantsis et al., 2014). CMC is a linear anionic polysaccharide obtained by the reaction between 

alkali cellulose and sodium monochloroacetate (Biswal & Singh, 2004; Ducel et al., 2004). The 

substitution degree of CMC is the average number of carboxymethyl groups substituted on per 

glucose unit ranging from 0.7-1.2 for commercial grade (Ducel et al., 2004; Janjarasskul & 

Krochta, 2010). In contrast to CMC, gum Arabic (GA) is a branched carboxylated anionic 

arabinogalactan polysaccharide; it has a highly heterogeneous structure with three main fractions. 

About 89% of the GA is made up of a highly branched acidic polysaccharide (i.e. β-(1-3) 

galactopyranose (galactan) polysaccharide backbone highly branched with β-(1-6) 

galactopyranose residues terminating in arabinose and glucuronic acid and/or 4-O-methyl 

glucuronic acid units, and about 10% of the gum is comprised of an arabinogalactan–protein 

complex, in which a polypeptide backbone and arabinogalactan chains are linked covalently 

(Aryee & Nickerson, 2012; Dror et al., 2006; Liu et al., 2009). GA is highly water-soluble and is 

excellent emulsifying agent. Alginate (AL) is extracted from marine algae (brown seaweeds) and 

is composed of segments of 𝛽-(1-4)-linked D-mannuronic acid (M block) and segments of 𝛼-(1-

4)-linked L-guluronic acid (G block) with M/G ratio varying from 0.5 to 2.0 (Harnsilawat et al., 
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2006; Klassen et al., 2011). -Carrageenan (ι-C) is also extracted from marine algae 

(Rhodophyceae family) and contains a disaccharide repeating unit of (1-3)-𝛽-D-galactopyranose-

4-sulphate-(1-4)-3,6-anhydro-𝛼-D-galactose-2-sulphate (de Jong & van de Velde, 2007; Lam & 

Nickerson, 2014). Alginate and -carrageenan are linear polysaccharides and can form gel in the 

present of cations. 

The overall goal of this research is to compare the complexation behavior lentil protein 

isolate with the addition of four different polysaccharides (i.e. CMC, GA, AL, ι-C) as a function 

of pH, and to explore their potential for stabilizing oil-in-water emulsions. It is hypothesized that 

smaller LPI-polysaccharide complexes will act as better emulsifiers due to their greater ability to 

migrate and orient at the oil-water interface. 

 

4.3 Materials and methods 

4.3.1 Materials 

 Lentil protein isolate (LPI) used in this study was generously donated by KeyLeaf Corp. 

(Saskatoon, SK), and was produced by alkaline extraction (pH 9.5) followed by isoelectric 

precipitation (pH 4.5), followed by neutralization and spray drying. Anionic polysaccharides 

included: carboxymethyl cellulose (CMC; molar mass 250 kDa, degree of substitution of 0.7, 400-

800 mPa s in 2% solution), gum Arabic (GA; ~250 kDa, branched), alginate (AL; Batch #: 

108K1228, medium viscosity), and -carrageenan (ι-C; Batch #: 075K1808) were purchased from 

Sigma-Aldrich Co (Oakville, ON, Canada). Canola oil was purchased from a local supermarket. 

All other chemicals used in this study were of reagent grade and purchased through Sigma-Aldrich 

Co (Oakville, ON, Canada). Water was filtered through a Milli-Q purification system (Millipore 

Corporation, MA, USA). 

 

4.3.2 Proximate analysis 

 Proximate analysis of all materials was determined according to the Association of Official 

Analytical Chemists (AOAC) methods 925.10 (moisture), 923.03 (ash), 920.85 (lipid) and 920.87 

(crude protein, %N x 6.25), respectively (AOAC, 2003). A percent dry weight basis (d.b.) of ash, 

fat, and protein levels was reported. Carbohydrate content was calculated based on percent 

differential from 100%. Measurements were performed in triplicate and reported as the mean ± 
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one standard deviation (n = 3) for all analyses. Mineral contents were measured by KeyLeaf Corp. 

(Saskatoon, SK) using atomic absorption spectroscopy. 

 

4.3.3 Turbidimetric measurements 

The turbidimetric pH titration was carried out to investigate the critical pH values (pHc, 

pHϕ1, pHopt and pHϕ2) associated with phase changes within LPI-polysaccharide mixtures as a 

function of pH (8.0–1.5) at a 4:1 biopolymer mixing ratio at a constant biopolymer concentration 

of 0.05% (w/w). The mixing ratio was selected based on preliminary work with LPI-CMC (not 

shown), with other polysaccharides being combined with LPI at the same ratio for comparative 

purposes. Biopolymer solutions were prepared by dissolving each powder in Milli-Q water at the 

4:1 LPI-polysaccharide mixing ratio under constant mechanical stirring (500 rpm) for 2 h at room 

temperature (21-23 °C) and then overnight at 4 °C to help facilitate protein solubility. The solutions 

were mixed and stirred for 30 min at room temperature, and the pH was corrected to pH 9.0 prior 

to measurements. Critical pH values associated with structure forming events (pHc, pHϕ1, pHopt 

and pHϕ2) were determined by turbidimetric acid pH titrations of biopolymer mixtures according 

to Liu et al. (2009) and Aryee and Nickerson (2012). Biopolymer mixtures were acidified by 

adding 0.05% (w/w) glucono-δ-lactone (GDL), which slowly lowered the pH from 8.0 to ~4.3. 

Afterwards, the dropwise addition of HCl was then added to minimize the dilution effects with a 

gradient of HCl concentrations based on pH (i.e., 0.05 M > pH 3.3; 0.5 M > pH 2.7; 1 M > pH 2.2; 

2 M > pH 1.5). The changes in the optical density (O.D.) of the solutions were monitored using an 

ultraviolet-visible spectrophotometer (Genesys 10, Thermo Scientific, Fair Lawn, NJ, USA) at 600 

nm and plastic cuvettes (1 cm path length). Critical pH values (i.e., pHc, pHϕ1, and pHϕ2) were 

determined graphically as the intersection point of two curve tangents (Aryee & Nickerson, 2012; 

Liu et al., 2009), whereas pHopt was denoted at the pH where maximum optical density occurred. 

Measurements were performed in triplicate with fresh solutions. The critical pH values were 

reported as the mean ± one standard deviation (n = 3). Homogenous LPI and polysaccharide 

solutions under the same solvent conditions at a total biopolymer concentration of 0.05% (w/w) 

were used as controls. 

 

4.3.4 Surface charge (zeta potential) 

Surface charge of mixed and homogeneous solutions was determined over a pH range of 
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8.0–1.5 with the use of a Zetasizer Nano-ZS90 (Malvern Instruments, Westborough, MA). 

Solutions were prepared as previously described in turbidimetric measurements. Solutions were 

titrated with the dropwise addition of titrant HCl (0.1 M > pH 5.0; 0.5 M > pH 3.5; 1.0 M > pH 

2.5; 2.0 M > pH 1.5), and surface charge was measured in every 0.5 pH increment. Using the 

Henry equation, the electrophoretic mobility (i.e., velocity of a particle within an electric field) 

was used to give an estimate of the zeta potential (ς). 

 

𝑈𝐸 =
2𝜀×𝜉×𝑓(𝜅𝛼)

3𝜂
         (4.1) 

 

where, 𝜀 is the permittivity, 𝜂 is the dispersion viscosity, and 𝑓(𝜅𝛼) is a function related to the 

ratio of particle radius (α) and the Debye length (κ) (Liu et al., 2009; Aryee & Nickerson, 2012). 

The Smoluchowski approximation f(κα) equaled 1.5 was used. All measurements were conducted 

at room temperature (21–23 °C) in triplicate. The electric equivalence point (EEP) was estimated 

from where the line from the plot of zeta potential vs pH passes through zero.  

For droplet charge, 1.0% (w/w) of LPI control and LPI-polysaccharide emulsions were 

prepared at their corresponding optimal pH values as previously described. One drop of each of 

the fresh emulsion was dispersed into 100 mL double distilled water at the corresponding optimal 

pH values. The dispersions were used to measured droplet charge. Droplet charge of the emulsions 

was determined from a Zetasizer Nano-ZS90 (Malvern Instruments, Westborough, MA) as 

described previously.  

 

4.3.5 Emulsion stability (ES) 

ES was determined according to Liu et al. (2010) and Stone et al. (2013) based on creaming 

experiments overtime. Homogenous and mixed (at 4:1 ratio) LPI and polysaccharide solutions 

were prepared in a similar manner as the turbidimetric analysis except at a total biopolymer 

concentration of 1.0% (w/w).  ES was tested for a 50/50 oil-in-water emulsion (6 g oil/ 6 g aqueous 

solution) using canola oil. Mixed aqueous solutions were stirred at 500 rpm for 30 min at room 

temperature, and then adjusted to the pH corresponding to their pHopt values [pH at 4.2 for LPI; 

3.0 for LPI-CMC; 4.0 for LPI-GA; 2.6 for LPI-AL; and 4.0 for LPI-ι-C] using 2 N and 0.2 N HCl. 

Emulsions were then homogenized (Omni International, Inc., Marietta, GA, USA) for 5 min at 

speed 4 (~7200 rpm) with a saw tooth generating probe (20 mm) with the position at the oil-water 
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interface in 50 mL screw capped plastic centrifuge tubes. Then, 8 mL of the emulsion was 

transferred to a 10 mL graduated cylinder (inner diameter = 10.80 mm; height = 100.24 mm; as 

measured by a digital caliper) and allowed to separate for 0.5, 24, 48, and 72 h. The percentage ES 

was determined using Eq. (4.2), where VB and VA are the volume of the aqueous (or serum layer) 

before emulsification (4.0 mL) and after drainage at each time point, respectively. 

 

%𝐸𝑆 =
𝑉𝐵− 𝑉𝐴

𝑉𝐵
 × 100%                                   (4.2). 

 

All measurements were performed in triplicate. 

 

4.3.6 Droplet size and distribution  

 Emulsions were prepared as previously described. After homogenization, 4 mL of the 

emulsion was immediately placed in a Mastersizer 2000 laser light scattering instrument (Malvern 

Instruments Ltd., Worcestershire, UK) with a Hydro 2000S sample handling unit as described by 

Can Karaca et al. (2011) for determination of average droplet size and distribution. Milli-Q water 

was used as the dispersant in the sample handling unit, and the obscuration was brought up to ~14% 

with the addition of the sample. The relative refractive index of emulsion, which is the ratio of the 

refractive index of canola oil (1.47) to the refractive index of the dispersant (1.33) was 1.105. The 

droplet size was reported as surface-average diameter (d3,2) that is expressed using Eq. (4.3). 

 

𝑑3,2 =
∑ 𝑁𝑖𝑑𝑖

3
𝑖=1

∑ 𝑁𝑖𝑖=1 𝑑𝑖
2          (4.3) 

 

where Ni is the number of droplets of diameter (di) (McClements, 2005). All measurements were 

performed in triplicate. 

 

4.3.7 Interfacial tension 

Interfacial tension of canola oil and 1.0% (w/w) homogeneous LPI solution and LPI-

polysaccharide solutions at their corresponding pH values was measured with the use of a Force 

Tensiometer-K20 (Kruss, Germany) and a Wilhelmy plate. In brief, 23 mL of solution was added 

into the glass cup, and the plate was lowered slowly to the air-solution surface. Then, 46 mL of oil 
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was added carefully on the top. The device measures the force on the plate due to wetting. Each 

measurement is taken every 3-min, and the results were collected when the standard deviation 

lower than 0.10 mN/m. Interfacial tension is calculated using the Wilhelmy equation: 

𝛾 =
𝐹

𝐿cos (𝜃)
           (4.4) 

Where L is the length of the plate perimeter, and 𝜃 is the contact angle (normally complete wetting 

(𝜃 = 0) is assumed. All measurements were performed in triplicate. 

 

4.3.8 Continuous phase and emulsion viscosity 

Continuous phase and emulsion viscosity were determined according to Hopkins et al., 

(2015) for 1.0% (w/w) LPI and LPI-polysaccharide solutions as well as emulsions, prepared as 

previously described. Each solution or emulsion (~0.6 mL) was placed onto a AR-G2 Rheometer 

(TA Instruments, New Castle, DE) equipped with a 40 mm diameter 2° acrylic cone. Apparent 

viscosity was measured as a function of shear rate (2 to 200 s−1) and 10 data points were collected 

per logarithmic decade. Data was then fitted using the power-law model:  

 

log viscosity = (n-1) log shear rate + log m      (4.5) 

 

where ‘n’ is the flow behavior index and ‘m’ is the consistency coefficient (which is equivalent to 

the apparent viscosity at 1 s-1). All measurements were performed in triplicate. 

 

4.3.9 Confocal laser scanning microscopy  

Confocal laser scanning microscopy (CLSM) was carried out to image mixtures of 4:1 LPI-

polysaccharide solutions at corresponding pHopt at room temperature (Liu et al., 2010). Solutions 

were prepared in a similar manner as previous measurements. 0.01% (w/w) Rhodamine B 

(excitation by 543 nm and emission collected at 567 nm) was added into the solutions to bind with 

proteins. A Nikon Eclipse LV100 CLSM microscope (Nikon, Tokyo, Japan) was used to image 

the solutions. All mixtures were made in triplicate and 4 images were taken per slide with the use 

of 20x objectives lens.  

LPI and LPI-polysaccharide stabilized emulsions prepared as previously described were 

also imaged through CLSM using 543 and 633nm lasers (Primozic, Duchek, Nickerson, & Ghosh, 

2018). 0.01% (w/w) Nile red with a maximum excitation and emission wavelength of 543 nm and 
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573-613 nm, respectively was added into the canola oil to dissolve completely under stirring prior 

to homogenization. Fast green (0.1% w/w in water) with the excitation and emission at 633 and 

650 nm, respectively was added after emulsions were made to bind with protein in the continuous 

phase such that the final concentration of fast green in the emulsion was 0.015% w/w. Similarly, 

emulsions were made in triplicate, and 4 images were taken per slide with the use of a 20x and a 

40x objectives lens.  

 

4.3.10 Statistics 

 A one-way analysis of variance with a Tukey HSD test was preformed to access differences 

for each critical pH for the various LPI mixtures, emulsion stability, emulsion initial droplet size, 

droplet charge, interfacial tension, consistency coefficient, and flow behavior index. All statistics 

were preformed using SPSS software. 

 

4.4 Results and discussion 

4.4.1 Composition 

 Chemical analysis found LPI to be comprised of 80.6% (d.b., dry weight basis) protein 

(N×6.25), 0.8% (d.b.) lipid, 13.0% (d.b.) carbohydrate, and 5.6% (d.b.) ash. CMC (0.7, 250 kDa) 

was comprised of 81.3% (d.b.) carbohydrate and 18.7% (d.b.) ash. GA was found to be comprised 

of 1.8% (d.b.) protein, 94.8% (d.b.) carbohydrate, 3.4% (d.b.) ash and negligible amounts of lipid.  

In contrast, AL and ι-C were found to have carbohydrate and ash levels of 73.9% (d.b.) and 26.1% 

(d.b.), and 71.2% (d.b.) and 28.8% (d.b.), respectively, with both lipid and protein levels 

considered to be negligible. Major mineral components included Na+ (1.80%) and K+ (0.67%) for 

LPI; Na+ (8.20%) for CMC; K+ (0.90%) and Ca2+ (0.70%) for GA; Na+ (10.3%) for AL; and Na+ 

(1.4%), K+ (5.50%) and Ca2+ (4.00%) for ι-C. Further compositional data can be found in the 

Appendix (Table A1).  

 

4.4.2 Effect of pH on the formation of electrostatic complexes between LPI and various 

anionic polysaccharides 

The formation of electrostatic complexes between LPI and various anionic polysaccharides 

(i.e., CMC, GA, AL, and ι-C) during a turbidimetric pH titration is given in Figure 4.1, along with 

the homogenous LPI solution. Homogenous polysaccharide solutions were not shown in Figure 
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4.1 since the optical density (OD) readings were negligible. LPI control showed a bell-shaped OD 

profile between pH 6.8 and 2.0, with max OD reading of 0.465 occurring at pH 4.3. Overall, the 

addition of anionic polysaccharides caused a change from a bell-shaped curve to one highly 

skewed towards more acidic pH values due to the presence of high electrostatic repulsion between 

neighboring polysaccharide molecules. Only LPI-CMC and LPI-GA mixtures resulted in 

complexes with greater OD than the LPI control (Figure 4.1). It is believed that these mixtures 

formed more coacervate-type structures which gave aggregates containing more entrapped water 

than LPI alone (Stone et al., 2013).  

pH

1 2 3 4 5 6 7 8

O
p

ti
c
a
l 
d

e
n
s
it
y

0.0

0.1

0.2

0.3

0.4

0.5

0.6

0.7

0.8

LPI 

LPI:CMC 

LPI:GA 

LPI:AL 

LPI:CAR 

 
 

Figure 4.1 Complex coacervation behavior within mixtures of LPI and carboxymethyl cellulose 

(CMC), gum Arabic, alginate, and -carrageenan. Data represents the mean data points from 

triplicate curves (n = 3). 

 

The critical pH values associated with the structure forming events for each mixture are 

given in Table 4.1. In the case of the LPI-CMC mixture, the formation of soluble complexes 

(denoted as pHc) occurred at pH 6.8, well above the isoelectric point of LPI (pH 4.7, Figure 4.2A) 

where both biopolymers carried negative net charges (Table 4.1). Findings suggest that initial 
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interactions are of CMC with the positively charged patches on the protein’s surface of LPI-LPI 

aggregates (Ye, 2008). The OD increased gradually till the pH reached pH1 at 3.8, after which a 

significant rise in OD occurred indicating the formation of insoluble complexes. The slow rise 

between pHc and pH1 is thought to be associated with the formation of LPI-LPI aggregates via 

hydrophobic interactions which delayed some interactions with CMC chains (Stone et al., 2014). 

Maximum OD was reached at 0.486 at a pH corresponding to pHopt (pH 3.1), where the LPI and 

CMC mixtures reached an electrical equivalence point (Kayitmazer, 2017; Stone et al., 2014) 

(Table 4.1). When the solution was further acidified, a rapid reduction in OD was observed 

suggesting the LPI-CMC complexes were disassociating as the carboxymethyl groups on the CMC 

chains were becoming protonated. Complete dissolution of LPI-CMC complexes occurred at pH2 

(pH 1.6). Similar to LPI-CMC system, LPI also interacts with gum Arabic through positively 

charged patches on the protein and negatively charged carboxylate groups. The LPI-GA mixture 

also was believed to form a coacervate resulting in a greater structure being formed than LPI alone. 

Associated critical pH values for pHc, pH1, pHopt, pH2 were at 6.8, 4.5, 4.0 and 1.9, respectively 

with max OD reaching 0.716 (Table 4.1). LPI-GA provided the greatest maximum OD among all 

the mixed systems. It might be due to the highly branched structure of the polysaccharide, which 

allowed intensive LPI-GA interactions through electrostatic attractions but also entrapped a greater 

amount of water within the structure by hydrogen bonding. de Kruif et al. (2004), Kayitmazer 

(2017), Singh et al. (2007) all indicated good coacervate formation when complexation is occurred 

with a protein and weakly charged (i.e., those with a low linear charge density). Figure 4.2A shows 

both CMC and GA are weakly charged relative to the other polysaccharides tested (< 40 mV). 

Electrostatic equilibrium point (EEP) was reached for both the LPI-CMC and LPI-GA mixtures at 

pH 3.1 and 3.7 (Figure 4.2B), respectively, which was very close to their pHopt values (pH 3.0 and 

4.0, respectively) (Table 4.1).
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Figure 4.2 Zeta potential (mV) for homogenous (a) and mixed solutions (b) of lentil protein isolate 

(LPI) and carboxymethyl cellulose (CMC), gum Arabic (GA), alginate (AL) and -carrageenan ι-

C). Data represents the mean ± one standard deviation (n = 3).
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Table 4.1 Critical parameters associated with the complex coacervation for mixtures of lentil protein isolate with various anionic 

polysaccharides (4:1 blending ratio) relative to lentil protein isolate alone. Data represents the mean ± one standard deviation (n = 3). 

 

Abbreviations:  

• Lentil protein isolate (LPI) and carboxymethyl cellulose (CMC) 

• Critical pH values corresponding to the formation of soluble complexes (pHc), insoluble complexes (pH1), optimal 

complexation (pHopt) and the dissolution of complexes (pH2). 

• Optical density (OD) 

• Electrical equivalence point (EEP) 

Materials pHc pH1 pHopt pH2 Max. OD EEP 

 

       

LPI (control) 6.93 ± 0.21a 6.07 ± 0.06a 4.25 ± 0.23a 2.43 ± 0.12a 0.465 ± 0.021b 4.69 ± 0.12a 

LPI: CMC (DS 0.7, 250 kDa) 6.83 ± 0.15a 3.83 ± 0.25c 3.10 ± 0.00b 1.63 ± 0.12bc 0.486 ± 0.010b 3.09 ± 0.09c 

LPI: Gum Arabic 6.83 ± 0.12a 4.47 ± 0.06b 4.03 ± 0.06a 1.90 ± 0.10b 0.716 ± 0.011a 3.73 ± 0.07b 

LPI: Alginate 6.57 ± 0.15a 3.57 ± 0.12c 2.63 ± 0.06c 1.43 ± 0.12c 0.310 ± 0.010c 2.58 ± 0.02d 

LPI: -Carrageenan 6.73 ± 0.06a Nil 4.00 ± 0.17a Nil 0.190 ± 0.010d Nil 

       

6
7
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In contrast, for both LPI-AL and LPI-ι-C mixtures significant chain repulsion of the 

polysaccharides was thought to occur due to their higher linear charge density resulting in 

suppression of LPI-LPI aggregation. It is presumed that precipitate structures were formed that 

trapped less water due to their stronger electrostatic interactions. Formed complexes tend to be 

smaller and fewer in number. In the case of LPI-AL, associated critical pH values for pHc, pH1, 

pHopt, and pH2 were at 6.6, 3.6, 2.6 and 1.4, respectively, with max OD reaching 0.310 which was 

lower than LPI alone (Figure 4.1, Table 4.1). Due to the pH sensitivity of alginates, charged 

carboxylate groups (-COO-) along the AL backbone started to become protonated (-COOH) at pH 

2.6; therefore, there would be less attraction to form LPI-AL complexes resulting a small 

maximum OD value of 0.310. The OD curve was also skewed significantly towards lower pH 

values, and that might be because of the stronger Coulombic forces between positively charged 

LPI and more negatively charged AL (Stone et al., 2014). In contrast, LPI- ι-C mixtures resulted 

in even greater precipitation where initial interactions occurred at pH 6.7, and then gradually 

increased to a max OD at pH 4 without ever going through a transition between pHc and pH1, nor 

a dissolution of complexes at pH2 (Figure 4.1, Table 4.1). It was suggested that the strong 

suppression of LPI-LPI aggregates was caused by the strong electrostatic repulsion between 

carrageenan polysaccharides associated with the negative charge of sulfate group (Stone et al., 

2013). The sulfate group has a pKa of -10, no protonation could occur during the entire acidic 

titration; therefore, the OD of the solution was stable at around 0.19 from pH 4.0 to 1.5. It also 

indicated that at 4:1 ratio -carrageenan was saturated, and there should be free sulfate group on -

carrageenan in the solution. Surface charge as a function of pH for both AL and ι-C given in Figure 

4.2A, showing AL to have much greater charge at pH >4, then less charge than ι-C at pH <4. This 

corresponds to lower OD readings in the turbidity plot for AL than ι-C at pH >4, and more LPI-

AL interactions at pH <4 than LPI-ι-C. Surface charge on both AL and ι-C was much greater than 

CMC and GA (Figure 4.2A) to cause the differences in types of complexes formed (i.e., coacervate 

vs. precipitate). EEP for the LPI-AL mixture was found to occur at pH 2.6 (Figure 4.2B, Table 

4.1), which corresponded to pHopt (pH 2.6) from Figure 4.1.  EEP was not obtained in the case of 

the LPI-ι-C mixture. 

Confocal laser scanning microscopy (CLSM) images of LPI and LPI-polysaccharide 

mixtures taken at their respective pHopt are shown in Figure 4.3. LPI alone showed a few medium 

sized aggregates (Figure 4.3A). The addition of LPI-CMC resulted in a few large aggregates 
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(Figure 4.3B), whereas the addition of GA resulting in the formation of many media to large sized 

aggregates in solution (Figure 4.3C), which was most likely the cause of the highest OD readings 

from Figure 4.3.  In contrast, LPI interactions with more highly charged polysaccharides showed 

the formation of a few, very small aggregates in the case of LPI-ι-C (Figure 4.3D) relative to LPI 

alone, which is reflective by the lowest OD reading, and the formation of a few large aggregates 

in the case of LPI-AL (Figure 4.3E). The fewer structures would allow more light to pass than the 

LPI-CMC mixture which also had large aggregates but greater in number (Figure 4.3B, E).
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A) LPI alone             B) LPI-CMC  

          
 C) LPI-GA             D) LPI-CAR 

 
E) LPI-AL 

 

Figure 4.3 Confocal laser scanning microscopy images of LPI alone and mixtures LPI with 

carboxymethyl cellulose (CMC) (B), gum Arabic (GA) (C), -carrageenan (ι-C) (D) and alginate 

(AL) (E) taken at pHopt. The scale bar represents 100 µm. 
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4.4.3 Emulsifying properties of formed LPI-polysaccharide complexes 

 The emulsion stability (via creaming) of LPI and LPI-polysaccharide complexes (at pHopt) 

stabilized oil-in-water emulsions over time was examined and presented in Table 4.2. Unlike the 

turbidity studies, total biopolymer concentration was increased to 1.0% (w/w) in the aqueous phase 

of the emulsion. For LPI-stabilized emulsions, ES was found to be 94% after 30 min but then 

dropped to ~75% after 24 h, where it remained constant for the 3-d trial (p>0.05) (Table 4.2). It is 

hypothesized that a steady state for ES data was not reached until after 24 h since: a) the integration 

of LPI into the interface had not reached an equilibrium state; and b) insoluble LPI-LPI aggregates 

where gradually precipitating over that period leading to disruption of formed oil droplets. In the 

case of the latter, after 24 h only soluble LPI-LPI aggregates were thought to be present leading to 

more stable ES values. At this point, the interface is thought to be stabilized by both electrostatic 

and steric forces. ι-C was the only system to lead to an increase in ES relative to LPI alone, where 

ES was found to be 100% after 30 min, and then gradually declined to 81% after 3-d (Table 4.2). 

In contrast, the addition of CMC, GA and AL all led to a decrease in ES relative to LPI alone in 

decreasing order, where ES was found to be 78%, 81% and 63%, respectively after 30 min. Like 

LPI alone, ES of LPI-GA dropped after 24 h to become 65% (p<0.05) then becoming stable 

(p>0.05), but the decline of ES of LPI-CMC and LPI-AL were minor (p>0.05) after 30min (Table 

4.2).  

The stability of the emulsion can be impacted by coverage of the viscoelastic film, charge 

on the film, size/conformation of the biopolymers/aggregates, and the continuous phase viscosity, 

all of which acts to inhibit coalescence which leads to gravitational separation (McClements, 2007; 

Stone et al., 2013; Walstra & van Vliet, 2008). In order to produce a stable emulsion, surface active 

biopolymers must migrate, adsorb and become integrated into the oil-water interface to reduce the 

interfacial tension (Uruakpa & Arntfield, 2005; Walstra & van Vliet, 2008). At the interface, 

biopolymers re-align to position hydrophobic amino acids towards the oil phase and hydrophilic 

moieties towards the aqueous phase. The speed of the biopolymers to migrate and the ability of 

the biopolymers to re-align at the interface would greatly influence the formation of emulsion, 

droplet size and distribution, as well as emulsion stability. 
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Table 4.2 Critical parameters of for emulsions stabilized by homogeneous lentil protein isolate (LPI) solutions and mixtures of LPI with 

various anionic polysaccharides at 4:1 blending ratio. n = 3). 

Properties LPI LPI-CMC LPI-GA LPI-AL LPI-ι-C 

Emulsion stability (%)      

0.5 h 94.2 ± 1.4A 77.7 ± 4.0A 80.8 ± 2.9A 62.5 ± 2.5A 100.0 ± 0.0A 

24 h 75.8 ± 1.4B 71.7 ± 4.4A 65.0 ± 0.0B 57.5 ± 4.3A 92.5 ± 4.3AB 

48 h 75.4 ± 0.7B 70.0 ± 5.0A 65.0 ± 0.0B 56.7 ± 5.8A 87.5 ± 2.5BC 

72 h 74.2 ± 0.7B 68.3 ± 2.9A 64.2 ± 1.4B 55.8 ± 5.2A 80.8 ± 3.8C 

Droplet size D[3.2] (µm) 39.4 ± 0.8c 88.8 ± 4.2a 70.0 ± 1.2b 336.6 ± 49.4* 15.7 ± 1.5d 

Droplet charge (mV) -2.5 ± 1.5* N/A N/A N/A -49.1 ± 0.7* 

Interfacial tension (mN/m) 10.3 ± 0.2c 12.8 ± 0.1a 11.7 ± 0.3b 13.5 ± 0.1a 13.4 ± 0.5a 

Continuous phase viscosity      

a) Consistency coefficient 

(mPa s) 

0.02 ± 0.00c 0.02 ± 0.00c 0.01 ± 0.02c 0.040 ± 0.01b 0.07 ± 0.00a 

b) Flow behavior index 0.58 ± 0.02b 0.56 ± 0.03a 0.71 ± 0.05bc 0.45 ± 0.07c 0.59 ± 0.00ab 

Emulsion viscosity      

a) Consistency coefficient 

(mPa s) 

0.51 ± 0.05c 2.51 ± 0.03b 0.97 ± 0.10c 1.92 ± 0.32b 3.38 ± 0.44a 

b) Flow behavior index 0.61 ± 0.02a 0.33 ± 0.00b 0.39 ± 0.03b 0.23 ± 0.04c 0.40 ± 0.02b 

 

• Data represents the mean ± one standard deviation  

• Abbreviations: (LPI) lentil protein isolate, (CMC) carboxymethyl cellulose, (GA) gum Arabic, (AL) Alginate and (ι-C) -carrageenan. 

• *Denotes samples that were not included in the statistical analysis 

• Upper letters indicate comparison within samples over time for emulsion stability  

• Lower letters indicate comparison between samples for other properties

7
2
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Droplet size distributions measured immediately after homogenization showed a mono-

distributed curve skewed slightly towards small mean droplet sizes for all systems except LPI-ι-C 

stabilized emulsion (Figure A4.1, Appendix). LPI-ι-C emulsion showed two peaks with one peak 

at about 5 µm and the other peak at 40 µm, which was confirmed in confocal image (Figure 4.4E). 

Mean particle diameter (D [3,2]) in each emulsion is given in Table 4.2. The LPI-stabilized 

emulsion (control) was found to have average droplets of 39 µm, whereas only the LPI-ι-C mixture 

produced smaller droplet sizes of 16 µm which contributed to the more stable emulsions (Table 

4.2). In contrast, droplet size increased to 70 µm, 89 µm and 337 µm in systems stabilized by LPI-

GA, LPI-CMC and LPI-AL, respectively (Table 4.2).  

Interfacial tension (IT) for all five systems was measured at their corresponding optimal 

pH values (pHop) (Table 4.2). The interfacial tension was lowered from 21.9 mN/m (control, 

oil/water) to 10.3, 11.7, 12.8, 13.5 and 13.4 mN/m for LPI alone, LPI-GA, LPI-CMC, LPI-AL, 

and LPI-ι-C, respectively suggesting that all systems were surface active. During the 

measurements, settling of the insoluble complexes was observed for all systems indicating the 

interfacial tension was most likely lowered by soluble complexes. It is worth nothing that 

interfacial tension increased for all LPI-polysaccharide systems compared to LPI alone, which 

suggests that the interactions between LPI and polysaccharides under complexation could limit the 

re-alignment of proteins to position properly on the interface leading to lower emulsion stability 

and larger droplet formation for LPI-CMC, LPI-GA, and LPI-AL systems. However, LPI-ι-C 

system displays the highest interfacial tension but provides the highest emulsion stability and the 

smallest droplet size indicating other factors might be playing important roles.  

The number and size of structures will impact the resulting droplet sizes. In terms of 

biopolymer conformation, formed complexes were quite small and numerous in the case of the 

LPI-ι-C system (lowest OD in Figure 4.1) allowing it to migrate to the interface faster versus the 

other mixtures and LPI alone, which led to the smallest mean droplet-size formation (Figure 4.3D). 

The larger droplet sizes, particularly with LPI-AL relative to LPI alone most likely reflects the 

size/conformation of complexes formed (Figure 4.3E) and their reduced ability to migrate and 

align at the oil-water interface. The slower the diffusion to the interface, and the less integration 

to cover the interface will lead to larger droplet sizes and reduced emulsion stability. Furthermore, 

both the LPI-CMC and LPI-GA complexes were larger than the LPI-LPI aggregates (p<0.05) 

leading to their reduced ability to migrate as well (Figure 4.3A-C). 
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A) LPI     B) LPI-Carboxymethyl cellulose 

     
C) LPI-Gum Arabic    D) LPI-Alginate 

    
E) LPI--Carrageenan   F) LPI--Carrageenan (40x objective) 

 

Figure 4.4 Confocal scanning laser microscopy images oil-in-water emulsions stabilized by lentil 

protein isolate (LPI) (A), and mixtures of LPI and carboxymethyl cellulose (B), gum Arabic (C), 

alginate (D) and -Carrageenan (E, F). 

 

The charge on the droplets could provide electrostatic repulsion effects to enhance 

emulsion stability, as shown in Table 4.2. Due to the large droplet formation of LPI-GA, LPI-

CMC, and LPI-AL stabilized emulsions, measurement of the droplet charge for these emulsions 

could not be made since the droplets were easily disrupted during the dispersion process. Droplet 
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charge of LPI-ι-C emulsion was found at -49.1 mV suggesting sufficient electrostatic repulsive 

forces were generated to against droplet aggregation. During emulsification, the protein from the 

LPI-ι-C complexes would unfold to expose the hydrophobic moieties to align inward to the oil 

phase and leaving the carrageenan outward to the aqueous phase leading to the increase of the 

charges compared to LPI-ι-C solution of -33 mV (Figure 4.2B). Electrostatic repulsion was thought 

to be minimal since all other systems were prepared at corresponding pHopt where the net surface 

charge of the biopolymer mixture was zero. For example, droplet charge of LPI emulsion was -2.5 

mV (Table 4.2). 

Emulsion rheology could affect emulsion stability as well. Flow curves of continuous phase 

and emulsion viscosities for each system, given in Figure A4.2 (Appendix), were subsequently 

fitted using the Power-law model to determine the consistency coefficient (m, equivalent to the 

apparent viscosity at 1 s-1) and the flow behavior index (n, describing the level of pseudoplastic 

behavior of the material) (Table 4.2). Emulsion viscosity (as described by the consistency 

coefficient, Table 4.2) was substantially greater for the LPI-ι-C mixture than the other systems 

(p<0.05), followed by LPI-CMC and LPI-AL (p>0.05), and then LPI-GA and LPI (p>0.05). The 

highest viscosity of LPI-ι-C emulsion can be attributed to the largest continuous phase viscosities 

(Table 4.2). LPI-ι-C solution displayed the largest continuous phase viscosity (p<0.05), followed 

by LPI-AL, LPI-CMC, LPI, and then LPI-GA systems. It is hypothesized that because of the higher 

electrostatic repulsion in the LPI-ι-C system, a greater amount of unbound ι-C chains will be 

present contributing to contribute to the higher continuous phase viscosity resulting higher 

emulsion viscosity. -Carrageenan is also more well known for its thickening and gelling abilities 

(depending on the salts present in solution) than the other polymers, in part because of its larger 

hydrodynamic volume (Doublier et al., 2017). The continuous phase viscosities could also be 

attributed to the number and sizes of insoluble complexes formed. LPI-AL solution formed the 

largest complexes and displayed a higher viscosity, while LPI and LPI-GA formed smaller 

complexes and thus displayed lower viscosities. The high continuous phase viscosity might also 

lead to small droplets formation. In order to produce small droplets, an optimum range of disperse-

to-continuous phase viscosity ratios (
𝜂𝐷

𝜂𝐶
) needs to be achieved (Qian & McClements, 2011; 

Wooster et al., 2008). In this study, LPI-ι-C emulsion might display the proper 
𝜂𝐷

𝜂𝐶
 resulting small 

droplets formation. It was found that the mean droplet diameter decreased with increasing 
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continuous phase viscosity in a 𝛽-lactoglobulin emulsion system (Qian & McClements, 2011). It 

was thought to due to the higher emulsion viscosity of LPI-ι-C, LPI-CMC and LPI-AL, the 

decreased of ES from 30 min to 24 h of these systems (p>0.05) were smaller than less viscous LPI-

GA and LPI (p<0.05). The addition of polysaccharides also resulted in increased pseudoplastic 

behavior for emulsions relative to LPI alone, where ‘n’ decreased from 0.61 for LPI (p<0.05), to 

0.33, 0.39, 0.40 for LPI-CMC, LPI-GA and LPI-ι-C which were similar (p>0.05), and then 

decreased to 0.23 for LPI-AL (p<0.05) (Table 4.2). For continuous phase solutions, LPI, LPI-CMC, 

and LPI-ι-C preformed similar pseudoplastic behavior (p>0.05), and LPI-AL displayed increased 

pseudoplastic behavior than LPI control (p<0.05), while LPI-GA displayed lower pseudoplastic 

behavior (p<0.05). During shearing, viscosity is reduced as oil droplets become elongated and 

break apart, complexes disassociate, and biopolymers become streamlined within the shear field. 

Because of this, changes to emulsion viscosity are presumed to be irreversible. 

All five emulsions were imaged using confocal microscopy (Figure 4.4). Due to the large 

droplet formation, droplets of LPI-CMC, LPI-GA, and LPI-AL stabilized emulsions disrupted 

during preparation of slides (Figure 4.4B-D). LPI-ι-C emulsion image showed two groups of 

different-sized droplets with one at 2 µm and the other around 40 µm agreed with the two peaks 

present in droplet size distribution curve (Figure A4.1, Appendix). Image of LPI emulsion showed 

most droplets were 30-50 µm with a few larger at around 100 µm corresponding to the droplet size 

distribution (Figure 4.4a, Figure A4.1, Appendix). Confocal images confirmed that oil droplets 

were covered by LPI/LPI-polysaccharide viscoelastic film; an example was taken from LPI-ι-C 

(Figure 4.4F), and more LPI/LPI-polysaccharide complexes were observed in the continuous phase 

(Figure 4.4A-D). That confirms the hypotheses of soluble complexes aligning on the interface to 

lower the interfacial tension and insoluble complexes contributing to the continuous phase 

viscosities.  

 

4.5 Conclusions 

Complexation behaviour between LPI and four anionic polysaccharides (CMC, GA, AL, 

and ι-C) at 4:1 LPI-polysaccharide mixing ratio was evaluated, as well as their resulting 

emulsifying properties. LPI-CMC and LPI-GA mixtures formed coacervate-type structures with 

ODmax occurring at 0.486 and 0.716, respectively, whereas LPI-AL and LPI-ι-C formed 

precipitate-type of structures with lower ODmax values occurring at 0.310 and 0.190, respectively. 



77 

 

Critical pH values (pHc, pH1, pHopt, pH2) of four mixtures varied significantly. LPI-ι-C stabilized 

emulsion showed the greatest stability due to the small droplet sizes and higher continuous phase 

and emulsion viscosity as well as negatively charged droplets formation than the LPI and other 

LPI-polysaccharide mixtures. They also formed much smaller complexes in solution due to the 

large electrostatic repulsive forces exerted between ι-C chains in solution. All emulsions stabilized 

by the other LPI-polysaccharide mixtures showed lower stability than LPI (only) stabilized 

emulsions mainly due to the larger complex’s sizes and droplet size as well as higher interfacial 

tension, all of which were hypothesized to inhibit their ability to migrate and align at the oil-water 

interface to form a stable viscoelastic film that prevented coalescence and oil droplet growth. 

 

4.6 Linkage to the next study 

 Coacervate-type structures were formed within LPI-GA and LPI-CMC systems, and their 

resulting complexes showed greater OD than the LPI control. In contrast, LPI-AL and LPI-ι-C 

mixtures resulted precipitate-type structure with lower OD values. The structural differences of 

the complexes led to different functional properties. In this chapter, emulsifying properties of the 

resulting insoluble complexes at their corresponding pHopt were examined. The findings suggested 

that only LPI-ι-C stabilized emulsion showed greater emulsion stability compared to the control 

LPI emulsion. Therefore, the emulsifying property of LPI-carrageenan complexes were 

continuously investigated in the next study, and kappa-carrageenan was also introduced to 

compare with iota-carrageenan as the number of sulfate groups differed. Since this study only 

examined the emulsifying properties of the insoluble complexes, the resulting soluble complexes 

were also under consideration for the next study. In Chapter 5, the complexation behavior of LPI-

kappa-carrageenan and -iota-carrageenan were investigated, and the emulsifying properties of their 

resulting soluble and insoluble complexes were also examined.
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5. EFFECT OF BIOPOLYMER MIXING RATIOS AND AQUEOUS PHASE 

CONDITIONS ON THE INTERFACIAL AND EMULSIFYING PROPERTIES FOR 

LENTIL PROTEIN ISOLATES- κ-CARRAGEENAN AND -ι-CARRAGEENAN 

COMPLEXES3 

 

5.1 Abstract 

  The use of plant protein ingredients within the food industry is increasing rapidly due to 

their lower cost, greater environmental sustainability, perceived safety concerns related to 

consuming animal products, and consumer dietary preferences. Lentil protein, as an emerging non-

soy, gluten-free, plant-based protein could play more important role in food processing. However, 

plant proteins generally contribute lower solubility than animal proteins; incorporation of 

polysaccharides such as carrageenan could tailor the functionality of lentil protein. This work 

aimed to investigate the complexation behavior between lentil protein isolate (LPI) and 

carrageenan (κ-carrageenan: κ-C and ι-carrageenan: ι-C) as a function of pH and biopolymer 

mixing ratio, and the emulsifying properties of their resulting soluble and insoluble complexes. 

Incorporation of both κ-C and ι-C into the LPI solution led to the suppression of large protein 

aggregates being formed during a turbidimetric pH acid-titration. As LPI-carrageenan mixing ratio 

decreased, maximum optical density (max OD) values for both LPI-κ-C and LPI-ι-C systems 

decreased. Emulsions made at pH 6 showed higher emulsion stability than those made at pH 3.5 

 
3 Wang, Y., Ghosh, S., & Nickerson, M. T. (2021). Effect of biopolymer mixing ratios and aqueous phase 

conditions on the interfacial and emulsifying properties of lentil protein isolate–κ‐carrageenan and lentil 

protein isolate–ι‐carrageenan complexes. Cereal Chemistry. https://doi.org/10.1002/cche.10465 

(Reproduced with permission). Y. Wang contributed to the experimental design, data collection and 

analysis and drafting of the manuscript; S. Ghosh was second reader on the manuscript; whereas M. 

Nickerson was the primary supervisor, contributed to the experimental design and acted as corresponding 

author for the manuscript. 

https://doi.org/10.1002/cche.10465
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for each sample. Emulsions at pH 6 also formed smaller, more uniform, and higher charged 

droplets, and showed lower interfacial tension. 4:1 LPI-κ-C and 4:1 LPI-ι-C emulsions at pH 6 

showed higher emulsion viscosity and higher corresponding continuous phase viscosity. Soluble 

and insoluble complexes were formed between LPI and both carrageenan polysaccharides through 

electrostatic interactions at pH 6 and pH 3.5, respectively. Emulsions prepared at pH 6 showed 

higher stability than emulsions at pH 3.5, where the highest emulsion stability was contributed to 

4:1 LPI-κ-C and 4:1 LPI-ι-C emulsions. Lentil protein interacted with carrageenan through 

electrostatic attraction, where soluble complexes were formed between the positive patches on LPI 

and negatively charged carrageenan, and insoluble complexes were formed between positively 

charged LPI and negatively charged carrageenan. Both types of electrostatic complexes were used 

to prepare emulsions, and soluble complexes were shown to contribute better emulsion stability 

than insoluble complexes. Preparation of the stable LPI-carrageenan based emulsion is a low-cost, 

non-solvent, and relatively easy process, which shows potential for further food applications. 

 

5.2 Introduction 

Emulsions are dispersions of two or more immiscible liquids where one phase is dispersed 

as small droplets in the other. They are stabilized using emulsifiers, which are surface active 

components that can be absorbed onto the oil-water interface due to their amphiphilic nature 

(McClements, 2015). Protein stabilized emulsions have been studied extensively (Djordjevic et al., 

2004); however, their stability can be affected by environment stresses such as pH, ionic strength, 

and temperature (Yin et al., 2012). Incorporating polysaccharides to proteins under proper 

conditions could achieve a more stable emulsion by changing the charge of the system, increasing 

the thickness of the interfacial layer to provide steric repulsion, and modifying emulsion rheology 

(McClements, 2015; Yin et al., 2012). Emulsions can be prepared using the premixed protein-

polysaccharide complexes stabilized through electrostatic attraction, where a mixed layer is 

aligned at the interface to stabilize emulsion (Evans et al., 2013). Preparing protein-polysaccharide 

based emulsion is a simple, solvent-free, non-thermal, and low-cost process, and the emulsion can 

be applied in a series of food products, such as microencapsulation and emulsion-based edible 

films (Schmitt et al., 1998). Studies have been conducted on emulsions prepared using protein-

polysaccharide electrostatic complexes such as β-lactoglobulin-carboxymethyl cellulose (Chuah 

et al., 2014), soy protein-soy polysaccharide (Yin et al., 2012), milk protein-carboxymethyl 
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cellulose (Koupantsis et al., 2014), and ovalbumin- carboxymethyl cellulose (Xiong et al., 2020). 

Chuah and co-authors (2014) found that the incorporation of carboxymethyl cellulose into β-

lactoglobulin was able to improve emulsion stability compared to β-lactoglobulin stabilized 

emulsion; however, the mixed layer emulsion was also affected by biopolymer concentration ratios 

and pH. Similar findings were also observed by Xiong and co-authors (2020). They found that the 

content of ovalbumin-carboxymethyl cellulose complex increased as pH decreased, and a higher 

emulsion stability was conducted when the system pH increased. 

The complexation event between proteins and polysaccharides can be identified during an 

acid titration (Ye, 2008). The initial point of protein-polysaccharide interaction can first be 

detected at a slight reflection in optical density (OD) at pHc, also indicating the formation of 

soluble complexes. As pH is lowered, more soluble complexes will form until the system reaches 

a critical pH called pH1, which is the formation of insoluble complexes due to significantly greater 

and stronger protein-polysaccharide interactions. A large rise is observed in turbidity after pH1, 

and a maximum turbidity (max OD) will reach at pHopt, where the protein-polysaccharide mixtures 

reach an electrical equivalence point (EEP). Protein-polysaccharide complexes will start to break 

up as pH is further lowered, due to the protonation of the reactive side chains on the anionic 

polysaccharides. The disassociation of the electrostatic complexes will complete at pH2. (Schmitt 

et al., 1998; Turgeon & Gauthier, 2004; Ye, 2008). In addition to pH, the resulting electrostatic 

complexes also varies differently based on the biopolymers used (i.e. type and density of the 

functional groups), and the biopolymer mixing ratio (Schmitt et al., 1998). For instance, 

suppression of the formation of large protein-protein aggregates can occur in the mixed systems 

involving highly charged polysaccharides. Formation of smaller complexes was observed in the 

system of lentil protein-carboxymethyl cellulose of higher charge density (Wang et al., 2019a). 

Influence of biopolymers with different charge densities on the size and number of complexes 

formed was also observed in pea protein – pectin systems, where a high methoxy pectin (i.e. less 

carboxyl group) flavoured the interaction with pea protein, leading to the formation of a larger 

number and size of complexes (Warnakulasuriya et al., 2018). The biopolymer-mixing ratio affects 

the overall charge balance of the protein and polysaccharide, impacting the degree of the 

interaction. At a specific mixing ratio, soluble complexes will be achieved when excess positive 

or negative charges present in the system due to the excess of one of the biopolymers, while the 

maximum yield of the complexes is reached when the overall charge of the complexes is neutral 
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(Girard et al., 2004; Schmitt et al., 1998; Ye, 2008). The differences in size and structure of soluble 

and insoluble complexes in a pea protein isolate-gum Arabic system was investigated by Liu and 

co-authors (2010), and they found that irregularly shaped complexes were formed during the 

titration and soluble complexes were smaller in size compared to insoluble complexes. The 

difference in charge, size, and extent of interaction between soluble and insoluble complexes 

suggested that they might contributed different emulsifying properties to affect the stability of their 

resulting emulsions. 

As biopolymers significantly affect complex interactions and the resulting emulsion’s 

stability, selection of the biopolymer is critical. More attentions have been drawn to lentil proteins 

due to their abundance, low cost, low allergenicity, and good functional properties such as high 

solubility among plant proteins and good emulsifying properties (Graca et al., 2016; Liang & Tang, 

2014). A popular way to prepare lentil protein isolates (LPI) from lentils is through alkaline 

extraction followed by isoelectric precipitation or ultrafiltration, then drying (Can Karaca et al., 

2011). The dominant proteins in lentil proteins are globulin-type and albumin-type with 50-65% 

and 10-25% of the total proteins, respectively (Gueguen & Barbot, 1988; Jarpa-Parra, 2018). 

Carrageenan is extracted from marine algae (red seaweeds) from the class Rhodophyceae (Necas 

& Bartosikova, 2013). Carrageenan is commonly used in food products due to their excellent 

gelling, thickening, and texture improving properties and is also applied to the control-released 

system due to the high encapsulation efficiency (Li et al., 2014; Van de Velde et al., 2002). 

Carrageenan is a linear sulfated polygalactan containing 15 to 40% of ester-sulfate with molecular 

mass above 100,000 and generally forms gel in the present of cations. Carrageenan can be 

classified into three types based on the number of sulphate groups per disaccharide unit which are 

kappa-1 (κ-), iota-2 (ι-), and lambda-3 (λ-) (Necas & Bartosikova, 2013). κ-Carrageenan and ι-

carrageenan are gelling polysaccharides whereas λ-carrageenan is more contributed to thickening 

(Li et al., 2014). As κ- and ι-types are more closely related in terms of their functional attributes 

and developing a weak gel network could possibly help to improve emulsion stability, this study 

focused on κ- and ι-carrageenan only. 

 Our previous work (Wang et al., 2019b) worked on the complexation behavior between 

LPI and different polysaccharides (e.g. gum Arabic, carboxymethyl cellulose, alginate, and iota-

carrageenan), and their emulsifying properties of the resulting insoluble complexes were examined. 

The most stable emulsion was attributed to LPI--C insoluble complexes stabilized emulsions. 
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Therefore, this study continues to explore the complexation behavior and emulsifying behavior 

between LPI and carrageenan polysaccharides. The overall goals of this study are to investigate 

the complexation behavior of LPI-κ-C and LPI--C as a function of biopolymer mixing ratio and 

pH, and to achieve the most stable emulsion by selecting the resulting mixtures with different 

structures and functions (i.e. soluble complexes vs insoluble complexes).  

 

5.3 Materials and methods 

5.3.1 Materials 

Lentil protein isolate (LPI) used in this project was kindly donated by KeyLeaf Corp. 

(Saskatoon, SK) prepared using an alkaline extraction process (pH 9.5) followed by isoelectric 

precipitation (pH 4.5). κ-Carrageenan (κ-C; Lot#: 0001432063) and -carrageenan (-C; Batch #: 

075K1808) were purchased from Sigma-Aldrich Co (Oakville, ON, Canada). Canola oil was 

purchased from a local supermarket. All other reagent-graded chemicals used in this study were 

also purchased through Sigma-Aldrich Co (Oakville, ON, Canada).  

 

5.3.2 Proximate analysis 

Proximate analysis of all materials including moisture, ash, lipid and crude protein 

(reported on a dry weight basis (d.b.)) was determined according to the Association of Official 

Analytical Chemists (AOAC) methods 925.10, 923.03, 920.85, and 920.87, respectively (AOAC, 

2003). Carbohydrate content was calculated based on percent differential from 100%. Lentil 

protein isolate (LPI) was found to contain 80.6% (d.b.) protein, whereas κ- (κ-C) and ι- (ι-C) 

carrageenan had 77.6% (d.b.) and 71.2% (d.b.) carbohydrate, respectively. Complete proximate 

composition results are given in Table A1 (Appendix). 

 

5.3.3 Turbidimetric measurements  

Turbidimetric measurements of biopolymer solutions with a total biopolymer 

concentration of 0.05% were determined though a turbidimetric pH titration according to Wang et 

al. (2019b) at 4:1, 8:1, and 12:1 protein to polysaccharide mixing ratios. The critical pH values 

(pHc, pHϕ1, pHopt and pHϕ2) associated with phase changes within LPI-carrageenan mixtures as a 

function of pH (7.0-1.0) were also investigated. Biopolymer solutions were prepared by dissolving 

each powder in Milli-Q water at 500 rpm for 2 h at room temperature (21-23 °C) and then overnight 
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at 4 °C. The solutions were then stirred for 30 min at room temperature and mixed to different 

mixing ratios prior to measurements. Solutions were acidified under mechanical stirring of 750 

rpm with the addition of 0.05% (w/w) glucono-δ-lactone (GDL) (pH from 8.0 to ~4.3) and 0.1, 0.5 

and 2 N HCl (pH from 4.3 to 1.0, as the decrease of pH due to GDL became minor). The changes 

in the optical density (O.D.) of the solutions were measured using an ultraviolet-visible 

spectrophotometer (Genesys 10, Thermo Scientific, Fair Lawn, NJ, USA) at 600 nm. The critical 

pH values of pHc, pHϕ1, and pHϕ2 were the intersection points of two curved tangents, determined 

graphically. Measurements were performed in triplicated fresh solutions. All the critical values 

were reported as the mean ± one standard deviation (n = 3). The homogenous LPI and both 

carrageenan solutions were used as controls.  

 

5.3.4 Emulsion preparation 

Twenty milli-liters of 20/80 (w/w) oil-in-water coacervate-type emulsions were prepared 

using homogeneous LPI or LPI-carrageenan solutions at 4:1, 8:1, and 12:1 protein to 

polysaccharide mixing ratios as a function of pH (3.5 & 6.0) at room temperature (21-23 °C). 

Biopolymer solutions were prepared similarly as in turbidimetric measurements with the total 

biopolymer concentration increased to 1.0% (w/w). The pH of solutions was adjusted to pH 3.5 or 

6 (selected based on turbidimetric results) using 2 N and 0.2 N HCl, followed by 1 h of stirring 

(750 rpm). Emulsions were homogenized using a rotor stator system (Polytron PT2100 

homogenizer) (Kinematica AG, Lucerne, Switzerland) equipped with a 12 mm PT-DA 2112/2EC 

generating probe for 5 min at 15,000 rpm. All emulsions were prepared in triplicate. 

 

5.3.5 Zeta potential  

The surface charge of mixed and homogeneous biopolymer solutions, prepared similarly 

in the turbidimetric measurements, was determined over a pH range of 8.0–1.5 with every 0.5 pH 

increment at 22.5 °C using a Zetasizer Nano-ZS90 (Malvern Instruments, Westborough, MA) 

(Wang et al., 2019b). For the emulsions’ droplet charge, ten drops of each of the fresh emulsion 

were dispersed into 100 mL Milli-Q water at the corresponding pH values, and the dispersions 

were shaken gently to become homogeneous and used for measurement.  

The electrophoretic mobility (i.e., velocity of a particle within an electric field, UE ) was 

used to calculate the zeta potential (ς) by using the Henry equation. 
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𝑈𝐸 =
2𝜀×𝜉×𝑓(𝜅𝛼)

3𝜂
         (5.1) 

where 𝜂 is the dispersion viscosity (water in this study), 𝜀 is the permittivity. 𝑓(𝜅𝛼) equals to 1.5 

according to the Smoluchowski approximation and is a function related to the Debye length (κ) 

and the ratio of particle radius (α). Measurements were performed in triplicate, and results were 

reported as the mean ± one standard deviation (n = 3). 

 

5.3.6 Emulsion stability (ES) 

Emulsion stability was determined according to Stone et al. (2013) based on creaming for 

0.5, 24, and 48 h at room temperature (21-23 °C). For comparison purpose, emulsions of 

homogeneous κ-C and ι-C at 1% (w/w) and concentrations equivalent to the carrageenan amount 

(w/w) at their corresponding emulsions at 4:1, 8:1, 4:1 mixing ratios at pH 6 and 3.5 were also 

prepared similarly to determine ES. Ten milli-liters of each fresh emulsion was transferred to a 10 

mL graduated cylinder (inner diameter = 9.60 mm; height = 114.96 mm) and allowed for 

separation. The percentage of ES was determined using Eq. (5.2), where VB and VA are the volume 

of the aqueous phase before emulsification and after drainage at each time point, respectively. 

 

%𝐸𝑆 =
𝑉𝐵− 𝑉𝐴

𝑉𝐵
 × 100%                                   (5.2) 

Measurements were performed in triplicate, and results were reported as the mean ± one 

standard deviation (n = 3). 

 

5.3.7 Droplet size and distribution 

The average droplet size and distribution of each freshly prepared emulsion (~1.5 mL) was 

measured in a Mastersizer 2000 laser light scattering instrument (Malvern Instruments Ltd., UK) 

equipped with a Hydro 2000S sample handling unit as described by Can Karaca et al. (2011). The 

relative refractive index of emulsion was 1.105, which was calculated as the ratio of the refractive 

index of canola oil (1.47) to the refractive index of water (1.33). The particle size was reported as 

surface-average diameter (D3,2) and volume-average diameter (D4,3) calculated using Eq. (5.3) and 

(5.4), respectively. 

 

𝐷3,2 =
∑ 𝑁𝑖𝑑𝑖

3
𝑖=1

∑ 𝑁𝑖𝑖=1 𝑑𝑖
2          (5.3) 
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𝐷4,3 =
∑ 𝑁𝑖𝑑𝑖

4
𝑖=1

∑ 𝑁𝑖𝑖=1 𝑑𝑖
3          (5.4) 

where Ni is the total number of particles of diameter (di) (McClements, 2005). All measurements 

were performed in triplicate. D3,2 and D4,3 values were reported as the mean ± one standard 

deviation (n = 3). 

 

5.3.8 Interfacial tension 

Interfacial tension between canola oil and 1% (w/w) homogeneous LPI solutions and LPI-

carrageenan solutions at pH 3.5 and 6.0 were measured at room temperature (21-23 °C) by a Force 

Tensiometer-K20 (Kruss, Germany) and a Wilhelmy plate according to Wang et al. (2019b). 

Solutions were prepared as same as previous described. About 25 mL of solution was added into 

the glass cup, followed by slowly lowering the plate on the air-solution surface. 46 mL of oil was 

then added carefully on the top to avoid breaking the interface. The force on the plate due to wetting 

was measured, and each measurement was taken every 3-min till the standard deviation lower than 

0.10 mN/m to collect the final result. Interfacial tension was calculated using the Wilhelmy 

equation: 

𝛾 =
𝐹

𝐿cos (𝜃)
           (5.5) 

where L is the length of the plate perimeter (40.200 mm), and 𝜃 is the contact angle (normally 

complete wetting (𝜃 = 0) is assumed). Measurements were performed in triplicate, and results were 

reported as the mean ± one standard deviation (n = 3). 

 

5.3.9 Continuous phase and emulsion viscosity 

Continuous phase viscosity and emulsion viscosity were measured for homogeneous LPI 

solutions, LPI-carrageenan solutions at 1% (w/w) as well as the coacervate emulsions at pH 3.5 & 

6.0 using the AR-G2 Rheometer (TA Instruments, New Castle, DE) equipped with a 40 mm 

diameter 2° acrylic cone at 22 °C (Hopkins et al., 2015). Solutions and emulsions were prepared 

as previously described. Apparent viscosity was measured as a function of shear rate (2 to 200 s−1), 

and 10 data points were collected per logarithmic decade. Data were then fitted with the power-

law model:  

log viscosity = (n-1) log shear rate + log m      (5.6) 
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where m is the consistency coefficient (equivalent to the apparent viscosity at 1 s-1) and n is the 

flow behavior index, describing the level of pseudoplastic behavior of the material. Measurements 

were performed in triplicate, and m, n values were reported as the mean ± one standard deviation 

(n = 3). 

 

5.3.10 Confocal Laser Scanning Microscopy (CLSM) 

Lentil protein isolate- and LPI-carrageenan stabilized emulsions prepared as previously 

described were imaged through a Nikon Eclipse LV100 CLSM (Nikon, Tokyo, Japan) using 543 

and 633 nm lasers. Nile red and fast green were added into the oil phase and water phase 

respectively as described by Wang et al. (2019b). 0.01% (w/w) Nile red with a maximum excitation 

and emission wavelength of 543 nm and 573-613 nm, respectively were added into the canola oil 

prior to homogenization process. 0.1% (w/w) of Fast green in water with the excitation and 

emission at 633 and 650 nm, respectively were added after emulsions were made to bind with 

protein in the continuous phase with the final fast green concentration of 0.012% (w/w). Emulsions 

were prepared in triplicate, and 4 images were taken per slide using a 40x objective lens.  

 

5.3.11 Statistics 

 A one-way analysis of variance with a Tukey HSD test were performed to determine 

differences for each critical pH values in turbidimetric measurements, and for samples prepared at 

the same pH in emulsion stability, droplet size (D3,2, D4,3), droplet charge, interfacial tension, 

consistency coefficient and flow behavior index of continuous phase and emulsion viscosity. An 

independent T-test was performed to access the differences for each sample prepared at pH 6 and 

3.5 in emulsion stability, droplet size (D3,2, D4,3), droplet charge, interfacial tension, consistency 

coefficient, and flow behavior index. The independent t-test was also performed to access the 

differences between the consistency coefficient of continuous phase and emulsion with each 

sample. All measurements were done in triplicate, unless otherwise stated. All statistics were 

performed using SPSS software. 
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5.4 Results and discussion 

5.4.1 Effects of pH and biopolymer mixing ratio on forming LPI-κ-C and LPI-ι-C 

electrostatic complexes  

The formation of electrostatic complexes between LPI and two types of carrageenan 

through the acidic titration was shown in Figure 5.1. A bell-shaped OD curve was evident in 

homogeneous LPI with the formation of soluble (pHc) and insoluble complexes (pH1), maximum 

complexation range (pHopt) and the dissolution of complexes (pH2), and max OD reading 

occurring at pH 6.7, 5.7, 3.5-4.5 (with the greatest OD found at pH 4.3), 2.3, and 0.446, 

respectively (Table 5.1, Figure 5.1). Electrical equivalence point (EEP), which indicates zero net 

surface charge, was found at pH 4.5 corresponding with maximum complexation (Table 5.1, 

Figure 5.2A). The overall charge of LPI was negative before EEP and became positive below EEP; 

however, the OD values between pH 4.5 and 3.5 remained similar suggesting significant protein-

protein interactions through not only electrostatic but also hydrophobic interactions within protein 

aggregates, leading to a delayed decrease of OD values after the maximum point. OD remained 

flat was also observed in the pea protein system (Klemmer et al., 2012). The changes of optical 

density (OD) were not provided for homogeneous κ-C and ι-C solutions since the changes were 

negligible.
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Figure 5.1 Electrostatic complexes within mixtures of LPI and κ-carrageenan (A), and LPI and ι-

carrageenan (B) at 4:1, 6:1, 12:1 mixing ratios as a function of pH. Data represent the mean.
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Table 5.1 Critical parameters associated with the complex coacervation for mixtures of lentil protein isolate with κ-Carrageenan and -

Carrageenan at 4:1, 8:1, and 12:1 mixing ratios as well as lentil protein isolate alone. Data represents the mean ± one standard deviation 

(n = 3). 

Abbreviations:  

• LPI: Lentil protein isolate 

• Critical pH values corresponding to the formation of soluble complexes (pHc), insoluble complexes (pH1), optimal 

complexation (pHopt) and the dissolution of complexes (pH2). 

• Optical density (OD) 

• Electrical equivalence point (EEP)

Materials pHc pH1 pHopt pH2 Max. OD EEP 

 

       

LPI (control) 6.73 ± 0.06bc 5.73 ± 0.06a 4.30 ± 0.10a 2.27 ± 0.06a 0.446 ± 0.013a 4.52 ± 0.05a 

LPI:  κ-Carrageenan       

4:1 6.97 ± 0.06ab n.d. n.d n.d. 0.210 ± 0.007e Nil 

8:1 7.00 ± 0.17a 4.80 ± 0.10c 3.33 ± 0.06c 1.57 ± 0.12c 0.309 ± 0.004d 3.47 ± 0.03d 

12:1 6.83 ± 0.06abc 5.33 ± 0.12b 3.80 ± 0.10b 1.83 ± 0.06b 0.355 ± 0.012c  3.95 ± 0.08b 

LPI: -Carrageenan       

4:1 6.67 ± 0.06c n.d. n.d n.d. 0.202 ± 0.008e Nil 

8:1 6.83 ± 0.06abc n.d. n.d n.d. 0.279 ± 0.020d 2.23 ± 0.05e 

12:1 6.77 ± 0.06abc 5.30 ± 0.20b 3.63 ± 0.06b 1.43 ± 0.06c 0.400 ± 0.007b 3.70 ± 0.09c 

       

8
9
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Figure 5.2 The surface charge of homogeneous Lentil protein isolate (LPI), κ-Carrageenan (κ-C), 

and -Carrageenan (-C) (A), and mixtures of LPI with κ-C (B) and -C (C) at 4:1, 6:1, 12:1 mixing 

ratios as a function of pH. Data represent the mean ± one standard deviation (n = 3).
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The addition of both carrageenan polysaccharides to LPI solution resulted in OD curves 

more skewed towards acidic pH values and lower maximum OD values. Turbidity curves of LPI-

κ-C at 4:1, 8:1, 12:1 mixing ratios as a function of pH was shown in Figure 5.1A. The formation 

of soluble complexes (pHc) for all mixing ratios was similar ranging between pH 6.7 to 7.0. It was 

hypothesized that κ-C was interacting with the positive patches on LPI at pHc, which was also 

observed in the LPI-carboxymethyl cellulose system (Wang et al., 2019a) and whey protein-gum 

Arabic system (Weinbreck et al., 2003). That the pHc values remained unchanged suggested that 

the initial interaction occurred between κ-C and very small LPI-LPI aggregates or individual LPI. 

This has also been reported in LPI-carboxymethyl cellulose (Wang et al., 2019a) and 𝛽 -

lactoglobulin-pectin (Girard et al., 2004) systems. For 12:1 LPI-κ-C system, a bell-shaped curve 

was also observed. The formation of insoluble complexes, maximum complexation, and complete 

dissolution were found at pH 5.3, 3.8, 1.8, respectively, with max OD value of 0.355 (Table 5.1). 

The decrease of pH1, pHopt, pH2, and max OD value (p<0.05) compared to homogeneous LPI 

solution was due to the presences of κ-C polysaccharides that generated significantly electrostatic 

repulsion, leading to suppression of larger LPI-LPI aggregates formation, which was also observed 

in a canola protein isolate-gum Arabic system (Stone et al., 2014) and a pea protein isolate-

commercial pectic system (Warnakulasuriya et al., 2018). Titration curve of 8:1 LPI-κ-C also gave 

a bell-shape, and the decrease for pH1, pHopt, pH2, and max OD became more significantly to pH 

4.8, 3.3, 1.6, and 0.309, respectively (p<0.05), due to more κ-C polysaccharides involved in the 

solution to provide stronger electrostatic repulsion (Table 5.1). For 4:1 LPI-κ-C, electrostatic 

repulsion was even stronger, and pH1, pHopt, pH2 was not identified. The OD values increased 

gradually without going through a transition state of forming insoluble complexes, but the formed 

complexes started to precipitate out at pH 4.8 with OD values being stable between 0.190 and 

0.210 till pH 1.0, suggesting the saturation of κ-C at 4:1 mixing ratio (Figure 5.1).  

Formation events of electrostatic complexes between LPI and ι-C at 4:1, 8:1, 12:1 mixing 

ratios during the acidic titration processes from pH 7.0 to 1.0 was shown in Figure 5.1B. OD curve 

of 12:1 LPI-ι-C also provided a bell-shape, and the pHc, pH1, pHopt were found at pH 6.8, 5.3, 3.6, 

respectively, which were also similar (p>0.05) to the corresponding critical pH values of 12:1 LPI-

κ-C (Table 5.1). However, the complete dissolution (pH2) of 12:1 LPI-ι-C was conducted at pH 

1.4 that was significantly lower (p<0.05). The lower pH2 can be attributed to the structural 

differences between ι-C and κ-C, where ι-C contains two sulphate groups per disaccharide unit 
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while κ-C only contains one sulphate group per disaccharide unit (Necas & Bartosikova, 2013), 

and such that stronger electrostatic attraction within each LPI-ι-C complex was formed, resulting 

in delay of the dissolution point. As greater electrostatic attraction of LPI-ι-C complexes was 

generated, a significantly higher max OD value of 0.400 was observed (p<0.05) (Table 5.1). That 

might be due to the formation of some ι-C double helices under the presence of residual minerals 

(Table A1, Appendix), which could also be evident in the less negative surface charge of ι-C 

compared to κ-C (Figure 5.2A). There would thus be less available sulfate groups in ι-C remained 

for complexation, leading to formation of larger LPI-LPI aggregates and a greater max OD value. 

For 8:1 LPI-ι-C, soluble complexes were formed at pH 6.8, similar to 12:1 LPI-ι-C (p>0.05) (Table 

5.1). The OD values increased gradually from pH 7.0 and reached a small peak at pH 2.3 with OD 

value of 0.279 without ever going through a transition state of forming insoluble complexes, and 

then decreased slightly to 0.250 till pH 1.0 with no further dissolution (Figure 5.1B). In this case, 

since there was lack of obviously prominent part observed in the whole curve, the small peak found 

at pH 2.3 was not reported as maximum complexation point (Table 5.1). However, the small peak 

point was corresponding the EEP at pH 2.2 identified in Figure 5.2C, suggesting the neutral-

surface charge was achieved at the small peak point. That no obvious dissolution was observed 

from pH 2.3 to pH 1.0 could be attributed to the strong electrostatic attraction within the formed 

LPI-ι-C complexes. Formation of soluble complexes for 4:1 LPI-ι-C was found at pH 6.7, similar 

to other mixing ratios (p>0.05). The pH1, pHopt, pH2 points were also not identified. The OD 

values increased slowly and became stable at around 0.20 from pH 4.0 to 1.0, where precipitated 

type of structure was formed (Figure 5.1B). 

Surface charge of homogeneous LPI, κ-C, and -C solutions (Figure 5.2A), and the 

mixtures of LPI-κ-C (Figure 5.2B) and LPI--C (Figure 5.2C) at 4:1, 6:1, 12:1 mixing ratios as a 

function of pH was shown. The isoelectric point (pI) of LPI was found at pH 4.5, corresponding 

to the pHopt of LPI (Figure 5.2A). Surface charge of κ-C and -C solutions remained negative 

during the whole titration, which could be attributed to the low pKa value of sulfate group, resulting 

in no protonation during the titration. EEPs for all LPI-carrageenan systems were determined at 

pH below the pI of LPI and shifted closer to pI as the mixing ratio increased. The EEPs for 8:1 

LPI-κ-C, 12:1 LPI-κ-C, and 12:1 LPI--C were found at pH 3.5, 4.0, and 3.7, respectively, all 

corresponding to their pHopt points (Figure 5.2B & C). Surface charge of 4:1 LPI-κ-C and 4:1 LPI-
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-C remained negative during the whole titration, suggesting both carrageenan polysaccharides 

were saturated in the systems, and thus, no pHopt points were identified. 

 

5.4.2 Effects of pH and mixing ratio on the emulsifying properties of LPI-κ-C and LPI--C 

complexes  

5.4.2.1 Emulsion characteristics  

The stability of emulsions (1.0% (w/w)) at pH 6 and 3.5 stabilized by homogeneous LPI, 

and LPI-κ-C and LPI--C complexes formed at 4:1, 8:1, 12:1 mixing ratios over 48 h was 

determined through creaming (Table 5.2). These two pH values were chosen to compare the 

emulsifying properties of soluble complexes and precipitated complexes, where soluble complexes 

were yielded at pH 6 and pH 3.5 was closed to the pHopt points for most mixtures to maximize 

precipitated complexes. Emulsion stability (ES) of LPI emulsions at pH 6 and pH 3.5 remained 

100% after 30 min but dropped dramatically to 20% and 18% after 24 h, respectively. Sediment 

of LPI were observed in both emulsions after 48 h (data not shown), which could be due to the low 

solubility of LPI resulting in low ES at 24 and 48 h. For comparison purpose, emulsions were also 

prepared at pH 6 and 3.5 using homogeneous κ-C and ι-C at concentrations equivalent to the 

carrageenan amount (w/w) at their corresponding emulsions at 4:1, 8:1, 4:1 mixing ratios. 

Emulsion stability was not determined for κ-C and ι-C at 1% due to gel formation. For all κ-C and 

ι-C emulsions, separation occurred rapidly after emulsions were formed, and a layer of oil was 

observed for each sample after 30 min, indicating both carrageenan polysaccharides are not good 

emulsifiers and extensive droplet coalescence occurred. The stability of κ-C emulsions at 

concentration equivalent of 4:1, 8:1, and 12:1 mixing ratio at pH 6 was 65%, 51%, and 50%, 

respectively, and their corresponding emulsions at pH 3.5 remained 22%, 20%, and 25% stability, 

respectively, at 30 min. Emulsion stability of ι-C emulsions at concentration equivalent of 4:1, 8:1, 

and 12:1 at pH 6 was 68%, 52%, and 47%, respectively, at 30 min, and the stability of their 

corresponding emulsions at pH 3.5 was 31%, 27%, 21%, respectively. All emulsions destabilized 

completely after 24 h for each sample with a layer of oil on the top and aqueous solution at the 

bottom. These results suggested that both κ-C and ι-C at pH 6 could slow down the droplet 

movement at increased concentration, indicating that viscosity might play an important role in the 

systems; however, this effect was temporary, suggesting a more effective emulsifier is needed to 

stabilize emulsions. Both κ-C and ι-C at pH 3.5 did not show good properties to enhance emulsion 
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stability. For emulsions prepared with soluble complexes at pH 6, the addition of κ-C and -C at 

all three different mixing ratios led to improvement in ES over 48 h. All emulsions had 100% 

stability after 30 min, where ES of 4:1 LPI-κ-C and LPI--C emulsions remained 100% for 48 h. 

ES of 8:1 LPI--C emulsion decreased to 86% at 24 h (p<0.05) and 83% at 48 h (p<0.05), while 

ES of 8:1 LPI-κ-C emulsion dropped to 42% at 24 h (p<0.05) and 35% at 48 h (p<0.05). Both ES 

for emulsions at 12:1 mixing ratio dropped to about 34% (p<0.05) at 24 h and below 30% after 48 

h (p<0.05). ES of emulsions prepared with insoluble complexes (pH 3.5) were all lower than those 

prepared at pH 6 at 30 min (p<0.05). ES of 4:1 LPI-κ-C emulsion was found to be 89% at 30 min, 

then decreased to 74% at 24 h (p<0.05) and remained stable till 48 h (p>0.05). 4:1 LPI--C 

emulsion displayed a higher ES of 98% at 30 min, but the decrease is more rapid at 24 h and 48 h 

for 57% and 55%, respectively. ES of 8:1 LPI-κ-C and 8:1 LPI--C emulsions were only 42% and 

36% at 30 min, respectively. The ES dropped to 36% (p<0.05) and 31% (p<0.05) at 24 h, 

respectively, and remained stable (p>0.05). ES for 12:1 LPI-κ-C and 12:1 LPI--C emulsions was 

53% and 40%, respectively, and the decline for both emulsions were minor after 30 min (p>0.05). 

Emulsion destabilization is due to gravitational separation, which could be controlled through 

reducing droplet size, lessening droplet flocculation or coalescence, and modifying continuous 

phase rheology (McClements, 2015).  
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Table 5.2 Critical parameters of for emulsions stabilized by homogeneous lentil protein isolate (LPI) solutions and mixtures of LPI with 

κ-, -carrageenan at various mixing ratio at pH 6 and pH 3.5. Data represents the mean ± one standard deviation (n = 3). 

  Emulsion Stability (%) 

droplet size D[3.2] 

(µm) 

droplet size D[4.3] 

(µm) 

droplet charge 

(mV) 

Interfacial tension 

(mN/m) 

  0.5 h 24 h 48 h     

pH 6        

homo LPI 100.0 ± 0.0Aa 19.6 ± 0.4Ae 19.2 ± 0.4Af 11.23 ± 0.43Aa 24.06 ± 3.18Aa -38.63 ± 1.18Be 4.9 ± 0.2Aa 

4: 1 LPI: k-C 100.0 ± 0.0Aa 100.0 ± 0.0Aa 100.0 ± 0.0Aa 8.83 ± 0.46Bd 19.39 ± 1.14Bb -69.57 ± 1.46Aab 5.3 ± 0.4Ba 

8: 1 LPI: k-C 100.0 ± 0.0Aa 42.3 ± 1.3Ac 34.8 ± 3.2Ac 10.16 ± 0.15Bbc 21.40 ± 0.39Bab -71.53 ± 2.48Ba 4.8 ± 0.3Ba 

12: 1 LPI: k-C 100.0 ± 0.0Aa 34.0 ± 1.8Bd 29.6 ± 0.7Bd 10.42 ± 0.58Bab 22.77 ± 0.11Bab -66.67 ± 0.61Bbc 4.8 ± 0.4Ba 

4: 1 LPI: -C 100.0 ± 0.0Aa 100.0 ± 0.0Aa 100.0 ± 0.0Aa 9.40 ± 0.11Acd 23.18 ± 1.66Bab -63.50 ± 1.05Acd 5.0 ± 0.5Ba 

8: 1 LPI: -C 100.0 ± 0.0Aa 85.8 ± 0.7Ab 83.3 ± 1.4Ab 10.26 ± 0.08Bbc 24.48 ± 0.04Ba -63.57 ± 1.34Acd 4.9 ± 0.5Ba 

12: 1 LPI: -C 100.0 ± 0.0Aa 33.8 ± 2.9Ad 25.2 ± 0.4Be 10.71 ± 0.14Bab 25.05 ± 0.71Ba -59.47 ± 2.18Bd 4.9 ± 0.7Ba 

         

pH 3.5        

homo LPI 100.0 ± 0.0Aa 18.1 ± 1.7Ae 18.1 ± 1.7Ae 12.04 ± 0.96Ae 26.34 ± 1.49Af 39.3 ± 0.20Aa 12.0 ± 0.6Bc 

4: 1 LPI: k-C 88.6 ± 1.3Bb 74.0 ± 0.4Ba 73.1 ± 0.6Ba 14.70 ± 1.26Ade 39.28 ± 2.82Ae  -51.13 ± 0.15Be 14.2 ± 0.2Aa 

8: 1 LPI: k-C 42.3 ± 0.7Bd 36.3 ± 1.7Bd 36.3 ± 1.7Ad 38.08 ± 1.10Ac 59.89 ± 1.34Ac 10.27 ± 1.27Ac 13.7 ± 0.1Aab 

12: 1 LPI: k-C 53.3 ± 3.8Bc 45.6 ± 4.5Ac 45.4 ± 4.3Ac 17.96 ± 1.91Ad 47.49 ± 4.10Ad 27.37 ± 1.18Ab 12.9 ± 0.6Abc 

4: 1 LPI: -C 97.5 ± 1.3Ba 57.1 ± 0.7Bb 54.8 ± 0.4Bb 12.12 ± 0.70Ae 30.75 ± 2.66Af -56.07 ± 2.18Bf 13.3 ± 0.5Aab 

8: 1 LPI: -C 35.6 ± 1.1Be 31.0 ± 3.2Bd 30.8 ± 3.1Bd 61.14 ± 2.90Aa 85.07 ± 3.52Ab -6.45 ± 0.26Bd 12.0 ± 0.3Ac 

12: 1 LPI: -C 40.0 ± 2.1Bde 36.9 ± 1.7Ad 36.7 ± 1.9Ad 51.64 ± 3.05Ab 123.69 ± 2.42Aa 9.42 ± 1.54Ac 14.0 ± 0.1Aa 

• Upper letters indicate comparison between samples with the same mixing ratio and materials at different pH values 

• Lower letters indicate comparison between samples at the same pH  

9
5
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Emulsion stability can be improved by forming very small droplets to against gravitational 

separation according to Stoke law. Droplet size distributions for all emulsions showed a 

multimodal distribution (Figure A5.1, Appendix), and the average droplet diameter (D3,2 and D4,3) 

is given in Table 5.2. Emulsions prepared at pH 6 all gave similar distribution curves with the 

dominant peak ranging from below 10 to 100 µm and the small peak at 1 µm. LPI emulsion at pH 

6 was found to have D3,2 of 11 µm and D4,3 of 24 µm (Table 5.2). Emulsions stabilized with LPI-

κ-C and LPI--C soluble complexes for all mixing ratios resulted in D3,2 below 11 µm and D4,3 

below or similar to 24 µm, where smaller D3,2 and D4,3 values were observed as mixing ratio 

decreased. LPI emulsion at pH 3.5 was found to have similar droplet size distribution and average 

droplet diameter with LPI emulsion at pH 6 (p>0.05). In contrast, the D3,2 and D4,3 values increased 

for all other emulsions at pH 3.5. 4:1 LPI-κ-C emulsion was found to have D3,2 of 15 µm and D4,3 

of 40 µm, and the D3,2 and D4,3 values for 8:1 emulsion were 38 and 60 µm, respectively, and for 

12:1 LPI-κ-C emulsion were 18 and 48 µm, respectively. 4:1 LPI--C emulsion at pH 3.5 was 

found to have D3,2 of 12 µm and D4,3 of 31 µm. D3,2 and D4,3 for 8:1 LPI--C and 12:1 LPI--C 

emulsions were larger than 50 and 80 µm, respectively (Table 5.2). Emulsions at pH 6 and LPI 

emulsion at pH 3.5 formed very small droplets leading to a lower rate of creaming, so they all had 

ES of 100% at 30 min. 4:1 LPI-κ-C and 4:1 LPI--C emulsions at pH 3.5 also formed small droplets 

and thus had ES of ~90%. Other emulsions formed larger droplets resulting in the low ES. As 

reported by Liu and co-authors (2010), soluble complexes were smaller in size, which could also 

be reflected as low OD values in Figure 5.1, allowing the complexes to rapidly migrate towards 

and adsorb into the oil-water interface. Also, κ-C and -C polysaccharides were interacting with 

small LPI-LPI aggregates at pH 6, and the interactions were weaker compared to complexes 

formed at pH 3.5 due to the overall negative surface charge of LPI, and sulfate groups on 

carrageenan were only interacting with the positive patches on LPI (Figure 5.2A). It is 

hypothesized that more flexible complexes were formed so that the LPI could re-align easily to 

unfold and expose the hydrophobic amino acids towards the oil phase and hydrophilic moieties 

towards the water phase. Therefore, smaller droplet formation was resulted. On the contrary, 

insoluble complexes formed at pH 3.5 were more prominent and larger in size (higher OD in Figure 

5.1), and the interactions were more significant, which caused slower diffusion and less flexibility 

of the complexes to re-position onto the interface, as a result of less integration to cover the 

interface and larger droplet formation. The change of the complexes structure from loose at soluble 
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complexes to compact at insoluble complexes was also observed in an ovalbumin-carboxymethyl 

cellulose system (Xiong et al., 2020). The morphology of their complexes observed under the 

scanning electron microscopy suggested that the complexes prepaed at lower pH were denser due 

to stronger electrostatic interaction than complexes prepared at higher pH, agreed with our 

hypothesis.  

Emulsion stability could also be enhanced by highly charged droplets to prevent droplet 

flocculation and further coalescences. Droplet charge for each system was provided in Table 5.2. 

The droplet charge of LPI emulsion at pH 6 was -38.6 mV, which slightly decreased compared to 

LPI solution at pH 6 of -31.3 mV (Figure 5.2A), indicating the increase of exposure of negatively 

charged groups on LPI upon emulsification process. Droplet charges were between -59 to -71 mV 

for all other emulsions at pH 6, where the charge of their corresponding solutions was between -

35 to -47 mV (Figure 5.2B & C). It was hypothesized that LPI from the complexes unfolded and 

exposed the hydrophobic groups toward to oil phase and the hydrophilic moieties with carrageenan 

polysaccharides toward continuous phase during homogenization resulting in the more negatively 

charged droplets, which was also observed in the previous work (Wang et al., 2019b). The zeta 

potential for LPI emulsion at pH 3.5 was 39.3 mV, which increased comparing to the zeta potential 

of its solution at 29.4 mV, suggesting that more positively charged groups were exposed. The 

droplet charge for 4:1, 8:1, 12:1 LPI-κ-C emulsions at pH 3.5 was -51.1, 10.3, 27.4 mV, 

respectively. For 4:1, 8:1, 12:1 LPI--C emulsions, droplet charge was found at -56.1, -6.5, and 9.4 

mV, respectively. The droplet charge for both 4:1 LPI-κ-C and LPI--C emulsions were more 

negative compared to their corresponding solutions’ surface charge of -25.8 and -27 mV, 

respectively, contributing to the previous hypothesis. However, the droplet charge increased for 

8:1, 12:1 LPI-κ-C, and --C emulsions compared to the surface charge of their corresponding 

solutions. This observation suggested that the increase of LPI’s zeta potential was more prominent 

in 8:1 and 12:1 mixing ratio; however, the influence of LPI became less affective since the 

carrageenan polysaccharides were saturated in 4:1 mixing ratio. Droplet charge greater than +/- 50 

mV is considered to be efficient for supporting droplet electrostatic repulsion. The less charge of 

8:1 and 12:1 LPI-κ-C, and --C emulsions at pH 3.5 lead to significant droplet flocculation and 

increased gravitational separation at 30 min. 
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5.4.2.2 Interfacial tension 

Interfacial tension (IT) for homogeneous LPI, LPI-κ-C and LPI--C solutions at all mixing 

ratios at pH 6 and 3.5 were given in Table 5.2. All the solutions were surface active and led to 

interfacial tension lower than oil-water interface (22.0 mN/m). The interfacial tension for all 

solutions at pH 6 were ~5.0 mN/m (p>0.05). Solutions at pH 3.5 generally led to higher interfacial 

tension (p<0.05) with LPI solution at pH 3.5 of 12.0 mN/m. Interfacial tension for other LPI-

carrageenan solutions at pH 3.5 were between 12 and 14 mN/m. The lower interfacial tension 

values for solutions at pH 6 could be attributed to the looser LPI-carrageenan structure at pH 6, 

causing more flexible LPI to unfold and re-position at the interface. It was observed that insoluble 

complexes formed at pH 3.5 settled down quickly during the measurement suggesting that only 

soluble complexes were able to align at the oil-water interface to lower the interfacial tension 

during the measurement. Therefore, solutions at pH 6 that contained more soluble complexes could 

lower the interfacial tension to a greater extent. Settling of insoluble complexes were also observed 

in the previous study for LPI-carboxymethyl cellulose, LPI-gum Arabic, LPI-alginate, and LPI--

C systems (Wang et al., 2019b). The greater ability for soluble complexes to lower the interfacial 

tension could help to disrupt the droplet and results in small droplet formation since all emulsions 

were treated with the same energy input during emulsion preparation. Thus, all emulsions prepared 

at pH 6 resulted in smaller droplet diameter. It is worth mentioning that the droplet size of LPI 

emulsions at pH 3.5 remained small although the interfacial tension of corresponding solution was 

high, indicating the biopolymer conformation plays a more important role than interfacial tension 

in terms of droplet size.  

 

5.4.2.3 Emulsion and continuous phase rheology 

Emulsion stability could also be affected by enhancing continuous phase rheology to slow 

down the droplet movement (McClements, 2015). Flow diagrams of continuous phase and 

emulsion viscosities for all system were shown in Figure A5.2 and A5.3, respectively (Appendix). 

The flow curves were fitted with the Power-law model to conduct the consistency coefficient (m) 

and the flow behavior index (n) (Table 5.3). For emulsions at pH 6, emulsion viscosity increased 

as LPI-carrageenan mixing ratio decreased (both LPI-κ-C and LPI--C systems). The type of 

carrageenan added did not significantly affected the emulsion viscosity except the higher emulsion 

viscosity of 4:1 LPI-κ-C emulsion than 4:1 LPI--C emulsions (p<0.05). The viscosity of 
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emulsions could be attributed to the corresponding continuous phase viscosity, droplet volume 

fraction, droplet size, and inter-droplet interaction (McClements, 2015). Also, since the emulsion 

was prepared at pH 6, where small size and number of soluble complexes were formed (Figure 5.1; 

Liu et al, 2010) and droplet charge was highly negative (Table 5.2), the interactions between 

droplets should remain low. The main factor thus would be continuous phase viscosity. A similar 

trend compared to emulsion viscosity was observed in continuous phase viscosity, where 

continuous phase viscosity increased as LPI-carrageenan mixing ratio decreased. κ-C and -C 

polysaccharides were well-known as thickening and gelling reagents (Li et al., 2014) to contribute 

the continuous phase viscosity. Different from emulsion viscosity, 4:1 LPI--C solution displayed 

the highest viscosity (p<0.05), followed by 8:1 LPI--C solution and 4:1 LPI-κ-C solution with 

similar continuous phase viscosity (p>0.05), which could be attributed to the formation of microgel 

of -C under the presence of salts (within the ash) (Table A1, Appendix). All other solutions at pH 

6 displayed similar viscosities. As high continuous phase viscosity slowed down the droplet 

movement, ES of 4:1 LPI-κ-C and LPI--C emulsions remained 100% at 48 h, and 8:1 LPI--C 

emulsion remained the second highest ES of 83% at 48 h (Table 5.2). However, low continuous 

phase viscosity was observed in LPI emulsion leading to the low ES after 24 h. It is worth to 

mention that the continuous phase viscosities of 4:1 and 8:1 LPI--C solutions were significantly 

higher than their corresponding emulsions’ viscosities (p<0.05). It was assumed that the microgels 

of -C were broken down with applied mechanical shearing upon emulsification process, leading 

to the decrease of viscosity. The same mechanical shearing was therefore applied to the 4:1 and 

8:1 LPI--C solutions to prove the theory. The apparent viscosity at 1 s-1 for 4:1 and 8:1 LPI--C 

solutions after emulsification process decreased to 0.08 and 0.02 Pa s, respectively, and both 

solutions’ viscosity values became slightly lower than their corresponding emulsion viscosities, 

confirming the hypothesis of breaking of microgels of -C. 
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Table 5.3 Critical parameters of for emulsions stabilized by homogeneous lentil protein isolate (LPI) solutions and mixtures of LPI with 

κ-, -carrageenan at various mixing ratio at pH 6 and pH 3.5. Data represents the mean ± one standard deviation (n = 3). 

  Continuous phase Emulsion  

  

Consistency 

coefficient (Pa s) Flow behavior index ηD/ηC 

Consistency 

coefficient (Pa s) Flow behavior index 

pH 6      
homo LPI 0.03 ± 0.01Bc 0.53 ± 0.04Ac 1.90 0.06 ± 0.02Bc 0.46 ± 0.06Ad 

4: 1 LPI: k-C 0.07 ± 0.01Bbc 0.74 ± 0.03Aa 0.81 0.16 ± 0.00Ba 0.68 ± 0.01Ac 

8: 1 LPI: k-C 0.04 ± 0.00Bc 0.68 ± 0.01Aa 1.43 0.04 ± 0.01Bcd 0.79 ± 0.04Ab 

12: 1 LPI: k-C 0.03 ± 0.00Ac 0.67 ± 0.02Aa 1.90 0.03 ± 0.01Bd 0.79 ± 0.04Ab 

4: 1 LPI: -C 0.25 ± 0.04Aa 0.56 ± 0.03Abc 0.23 0.09 ± 0.01Ab 0.82 ± 0.02Ab 

8: 1 LPI: -C 0.08 ± 0.00Ab 0.65 ± 0.01Aab 0.71 0.04 ± 0.00Bcd 0.86 ± 0.01Aab 

12: 1 LPI: -C 0.03 ± 0.01Ac 0.68 ± 0.06Aa 1.90 0.02 ± 0.00Bd 0.91 ± 0.03Aa 

       
pH 3.5      
homo LPI 0.11 ± 0.01Ab 0.37 ± 0.02Bd 0.52 0.14 ± 0.04Ab 0.37 ± 0.02Ae 

4: 1 LPI: k-C 0.26 ± 0.08Aa 0.39 ± 0.03Bcd 0.22 0.48 ± 0.03Aa 0.43 ± 0.01Bde 

8: 1 LPI: k-C 2.06 ± 0.39A* 0.06 ±0.03Be 0.03 0.06 ± 0.01Abc 0.55 ± 0.05Bbc 

12: 1 LPI: k-C 0.03 ± 0.01Abc 0.60 ± 0.07Aab 1.90 0.10 ± 0.00Abc 0.48 ± 0.02Bcd 

4: 1 LPI: -C 0.08 ± 0.02Bbc 0.58 ± 0.04Aab 0.71 0.05 ± 0.01Bc 0.73 ± 0.04Ba 

8: 1 LPI: -C 0.04 ± 0.01Bbc 0.51 ± 0.05Bbc 1.43 0.12 ± 0.03Abc 0.46 ± 0.02Bcde 

12: 1 LPI: -C 0.01 ± 0.00Bc 0.67 ± 0.04Aa 5.70 0.45 ± 0.05Aa 0.58 ± 0.06Bb 

• *Denotes samples that were not included in the statistical analysis 

• Upper letters indicate comparison between samples with the same mixing ratio and materials at different pH values 

• Lower letters indicate comparison between samples at the same pH 

1
0

0
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For emulsions prepared at pH 3.5, the highest emulsion viscosity was observed at 4:1 LPI-

κ-C and 12:1 LPI--C emulsion (p>0.05), followed by LPI emulsion, and then 8:1 LPI--C, 8:1 and 

12:1 LPI-κ-C emulsions, with 4:1 LPI--C emulsion displaying the lowest viscosity. For 

continuous phase viscosity, 8:1 LPI-κ-C solution was found to have the highest viscosity, followed 

by 4:1 LPI-κ-C (p<0.05), then homogeneous LPI, and 12:1 LPI-κ-C, 4:1 and 8:1 LPI--C solutions, 

and then 12:1 LPI--C solution. The high emulsion viscosity of 4:1 LPI-κ-C emulsion were resulted 

from the high corresponding continuous phase viscosity. The larger D4,3 of 4:1 LPI-κ-C emulsion 

compared to 4:1 LPI--C emulsion could be due to the high continuous phase viscosity which 

slowed down the complexes to migrate to the interface leading to larger droplet formation, and 

consequently lower ES at 30 min (Table 5.2). In contrast, the lowest viscosity of 4:1 LPI--C 

emulsion could be attributed to not only the lower continuous phase viscosity, but also highly 

negative droplet charge to weaken droplet attractions (Table 5.2), and small size and number of 

complexes formation (low OD in Figure 5.1B). The highest continuous phase viscosity of 4:1 LPI-

κ-C solution resulted the highest ES at 48 h for all emulsion at pH 3.5, while 4:1 LPI--C emulsion 

had lower ES with the lower continuous phase viscosity. It was observed that the emulsion 

viscosity of 8:1 LPI-κ-C emulsion decreased significantly (p<0.05) compared its continuous phase 

viscosity, while the 12:1 LPI--C emulsion with high emulsion viscosity had a very low 

corresponding continuous phase viscosity, suggesting the destabilization of both emulsions during 

the measurements. Continuous phase viscosity is an important factor in emulsion formation, as an 

optimum range of ratios of disperse-to-continuous phase viscosity (
𝜂𝐷

𝜂𝐶
), generally agreed with 

0.05<
𝜂𝐷

𝜂𝐶
<5, needs to be achieved to disrupt a larger droplet into a smaller one (McClements, 2015; 

Walstra, 1993; Walstra, 2003; Wooster et al., 2008). The very high viscosity of 8:1 LPI-κ-C 

solution and very low viscosity of 12:1 LPI--C solution led to the 
𝜂𝐷

𝜂𝐶
 out of the optimal range with 

the ratios of 0.03 and 5.70, respectively (Table 5.3). Therefore, elongation of droplets would occur 

in 8:1 LPI-κ-C system, and droplet deformation was interrupted in 12:1 LPI--C system, both 

leading to less stable emulsions and large droplet formation. The 
𝜂𝐷

𝜂𝐶
 values for other systems were 

in the range of 0.05 to 5 (Table 5.3). 

As seen in the flow behavior, all the solutions and emulsions are shear thinning (Figure 

A5.2 & A5.3, Appendix). The pseudoplastic behavior (i.e. flow behavior index, n value) for 
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emulsions at pH 6 increased (n value decreased) as LPI-carrageenan mixing ratio decreased for 

both LPI-κ-C and LPI--C systems; however, n value of LPI emulsion at pH 6 was significantly 

lower than all other emulsions (p<0.05). It was assumed that a less homogenous and less stable 

system was resulted due to the relatively larger droplet size and less charged system. Therefore, 

the droplet flocculation and coalescence were thought to be more significant during shearing 

leading to the larger changes of LPI emulsion viscosity. LPI-κ-C continuous phase solutions at all 

mixing ratios at pH 6 showed similar pseudoplastic behavior (p>0.05), and the pseudoplastic 

behavior for LPI--C solutions increased as LPI--C mixing ratio decreased. Similar to emulsion, 

LPI solution at pH 6 at displayed the strongest pseudoplastic behavior. For emulsions at pH 3.5, 

4-1 LPI--C emulsion was found to have the weakest pseudoplastic behavior (p<0.05), which could 

be attributed to low emulsion viscosity, the small droplet size formation to become a more 

homogeneous system, and highly charged system to against shearing. On the contrary, 

significantly increased pseudoplastic behavior of 4:1 LPI-κ-C emulsion was observed (p<0.05) 

since it had the highest emulsion viscosity. 8:1 and 12:1 LPI-carrageenan emulsions had similar 

pseudoplastic behavior regardless of the type of carrageenan. Again, the strongest pseudoplastic 

behavior was found in LPI emulsion and LPI continuous phase solution (except 8:1 LPI- κ-C 

solution).  

 

5.4.2.4 CLSM images 

CLSM images were taken for LPI, 4:1 LPI-κ-C and --C emulsions at pH 6 and pH 3.5 at 

24 h for comparison purposes since 4:1 LPI-carrageenan emulsions showed the greatest ES (Figure 

5.3). For LPI emulsions, a lot of very large droplets were observed at both pH values (Figure 5.3A 

& B) suggesting droplet coalescences occurred. Droplets remained small for 4:1 LPI-κ-C and --

C emulsions at pH 6 corresponding to their ES of 100% at 24 h (Figure 5.3C & E). The larger 

droplets for these two emulsions were around 20 µm; some very small droplets were also observed, 

which corresponded to two peaks found at droplet size distribution (Figure A5.1, Appendix). Both 

images for 4:1 LPI-κ-C and --C emulsions at pH 3.5 showed larger droplets corresponding to their 

lower ES, where larger droplets were seen at 4:1 LPI-κ-C emulsion compared to 4:1 LPI--C 

emulsion, which could be attributed to the larger droplet size formation at fresh emulsion (Figure 

5.3D & F). 
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A) LPI pH 6           B) LPI pH 3.5 

     

 

 

 

 

 

 

C) 4:1 LPI-κ-C pH 6                D) 4:1 LPI-κ-C pH 3.5    

 

 

 

 

 

 

 

E) 4:1 LPI--C pH 6             F) 4:1 LPI--C pH3.5 

 

Figure 5.3 Confocal laser scanning microscopy images of oil-in-water emulsions stabilized by 

lentil protein isolate (LPI) at pH 6 and pH 3.5 (A and B, respectively), 4:1 LPI-κ-Carrageenan at 

pH 6 and pH 3.5 (C and D, respectively), and 4:1 LPI--Carrageenan at pH 6 and pH 3.5 (E and F, 

respectively) were taken after 24-hour of preparation. The scale bar represents 20 µ.
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5.5 Conclusions 

 This worked explored the emulsifying behaviors between LPI and carrageenan 

polysaccharides by first investigating the effects of pH on the formation of LPI-κ-C and LPI--C 

complexes at 4:1, 8:1, and 12:1 biopolymer mixing ratios. Suppression of the turbidity curves was 

observed with the addition of κ-C and -C into the LPI solution during all the turbidimetric pH 

acid-titration measurements. Critical pH values (pHc, pH1, pHopt, pH2) shifted to more acidic pH 

values, and max OD values decreased as biopolymer mixing ratio decreased in both LPI-κ-C and 

LPI-ι-C systems. The resulting soluble complexes (at pH 6) and insoluble complexes (at pH 3.5) 

were then used to examine the emulsifying properties. Improvement of emulsion stability was 

observed in all LPI-carrageenan emulsions at 24 h and 48 h compared to LPI emulsions at both 

pH values, where emulsions made with soluble complexes at pH 6 generally showed higher ES 

than those made at pH 3.5 for each sample. ES of all emulsions at pH 6 remained 100% at 30 min, 

and smaller and more uniform droplets with highly negative charge of -50 to -71 mV were formed. 

Interfacial tension was also lowered to a greater extent for solutions at pH 6 due to more soluble 

complexes formed. The high continuous phase viscosity of 4:1 LPI-κ-C, 4:1 LPI-ι-C, and 8:1 LPI-

ι-C solutions at pH 6 contributed to their high ES. The greatest ES over time was found in 4:1 LPI-

κ-C and -ι-C emulsions at pH 6. CLSM images confirmed that the droplet size of 4:1 LPI-κ-C and 

LPI-ι-C emulsions at pH 6 remained small at 24 h. All these findings suggested that LPI-

carrageenan (both types) soluble complexes formed at pH 6 could effectively lower the interfacial 

tension and led to smaller droplet formation, and the excessive carrageenan in the system increased 

the viscosity, all contributing to the enhanced emulsion stability; our future work will thus focus 

in these two systems and try to explore more potential applications, such as microencapsulation of 

omega-3 oil through complexation of LPI-carrageenan. 

 

5.6 Linkage to the next study 

 Within this chapter, the complexation behavior between LPI-ι-C and LPI-κ-C as a function 

of pH and biopolymer mixing ratio was studied. Emulsions were also made by using the resulting 

soluble and insoluble complexes. The most stable emulsions were found and could be prepared by 

4:1 LPI-ι-C and 4:1 LPI-κ-C soluble complexes at pH 6. In the next study, these stable emulsions 

were finally prepared to encapsulate edible oil such as flaxseed oil, and drying were applied to 

result dried microcapsules. In chapter 6, LPI-carrageenan based emulsions were first prepared to 
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encapsulate flaxseed oil by using LPI-κ-C or LPI--C, and maltodextrin as the coating wall 

materials. Subsequent drying such as spray-drying and freeze-drying were applied to produce dried 

microencapsulated powders.
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6. MICROENCAPSULATION OF FLAXSEED OIL BY LENTIL PROTEIN ISOLATE-κ-

CARRAGEENAN AND - ι-CARRAGEENAN BASED WALL MATERIALS THROUGH 

SPRAY AND FREEZE DRYING 

 

6.1 Abstract 

Lentil protein isolate (LPI)-κ-carrageenan (κ-C) and -ι-carrageenan (ι-C) based 

microcapsules were prepared through spray-drying and freeze-drying to encapsulate flaxseed oil 

to reach the final oil levels of 20% and 30%. The corresponding emulsion properties, the 

microcapsules’ physical properties, surface oil, encapsulation efficiency, oil oxidation stability, 

and in vitro oil release were determined. For emulsion properties, all LPI-κ-C and LPI-ι-C 

emulsions remained 100% stable after 48 h, while the LPI emulsions destabilized quickly after 

homogenization mainly due to low emulsion viscosity. Emulsions were then spray dried or freeze 

dried. For spray-dried microcapsules, the highest yield was attributed to LPI-ι-C with 20% oil, 

followed by LPI-κ-C 20% and LPI-ι-C 30%, and all other systems resulted very low yields. The 

spray-drying capsules showed lower water activity (aw) and more whiteness compared to the 

freeze-drying capsules. Flaxseed oil was oxidized more significantly among the spray-dried 

capsules compared to untreated oil due to heat applied during drying. Flaxseed oil was more stable 

in all the freeze-dried capsules and showed significant lower oil oxidation than the untreated oil 

after 8 weeks of storage. For in vitro oil release profile, higher amount of oil was released for LPI-

κ-C powders due to digestive enzymes under simulated gastric fluid (SGF), while more oil was 

released for LPI--C powders due to digestive enzymes under simulated gastric fluid and simulated 

intestinal fluid (SGF + SIF) regardless of drying method and oil content. This study enhanced the 

emulsion stability by applying carrageenan to LPI and showed the potential to make plant-based 

microcapsules to deliver omega-3 oils.  
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6.2 Introduction 

Flaxseed oil contains a rich source of polyunsaturated fatty acids such as α-linolenic acid 

(ALA; ~50%), oleic acid (~20%) and linoleic acid (~15%) (Mohanan et al., 2018; Shim et al., 

2015). ALA, an omega-3 fatty acid, provides health benefits such as developing the brain and 

nervous system in infants, preventing cardiovascular diseases and immune response disorders, and 

reducing cholesterol levels (Reifen et al., 2015). Also, ALA acts as the precursor of 

eicosapentaenoic acid (EPA) and docosahexaenoic acid (DHA) for humans (Menin et al., 2018). 

However, polyunsaturated fatty acids are highly susceptible to oxidation under the presence of 

light, heat, or reactive oxygen species leading to oil rancidity, loss of nutritional value and flavor, 

as well as texture and color changes (Mohanan et al., 2018). Microencapsulation can be an 

effective method to enhance the oxidative stability of flaxseed oil. 

Encapsulation is a process to produce microcapsules with sizes ranging from less than 1 

µm to more than 1000 µm, where the bioactive core is entrapped in the wall materials to ensure 

the functionality of the bioactive compounds and to provide their controlled delivery (Chang et al., 

2016; Gharsallaoui et al., 2007; Eghbal & Ghoudhary, 2018). Microencapsulation by complex 

coacervation, followed by drying is one of the most widely used encapsulation technique for 

entrapping a lipid core (Bakry et al., 2016). In terms of production, a coacervate-based emulsion 

containing the core materials is first prepared, followed by drying, typically spray-drying and 

freeze-drying, to yield dried powders (Koupantsis et al., 2014; Chang et al., 2016). Coacervation 

encapsulation is a simple, solvent-free, and low-cost process, which is excellent for the industrial 

scale (Xiao et al., 2014). Complex coacervation occurs involving the electrostatic attraction 

between biopolymers such as proteins and polysaccharides during an acid pH titration, where 

soluble complexes are formed at the initially detectable change in turbidity and formation of 

insoluble complexes happens at further acidification with greater protein-polysaccharide 

interactions (Ye, 2008; Turgeon & Laneuville, 2009). Spray-drying involves the atomization of 

the emulsion into spherical dry powders with embedded oil at elevated temperature (Drusch, 2006). 

It is a common drying method widely used in the food industry due to its low cost compared and 

easy handled (Gharsallaoui et al., 2007). However, spray-drying requires wall materials to have 

good solubility and leads to a lot of energy waste due to heat loss in the drying chamber and final 

products with lower oxidative stability (Bakry et al., 2016; Gharsallaoui et al., 2007). Freeze-

drying is an attractive drying method due to its simple process and easy handling. Freeze drying is 
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normally applied for heat sensitive products and results in volatile compounds with longer 

retention times (Krokida & Philippopoulos, 2006). During the process, the emulsion is frozen 

between – 90 °C to – 40 °C, and the pressure is reduced by the vacuum pump, which leads to the 

sublimation of the frozen water (Bakry et al., 2016). Nevertheless, freeze-drying requires long 

processing time, higher cost, and high energy consumption. Studies have been conducted on 

investigating microencapsulated powders prepared by coacervation and subsequent drying such as 

microcapsules of encapsulated palm oil by chitosan-xanthan coacervates with spray-drying (Rutz 

et al., 2017), β-pinene containing microcapsules by milk proteins-carboxymethylcellulose 

coacervates and freeze-drying (Koupantsis, et al., 2014), β-carotene containing microcapsules 

were prepared by chitosan-sodium tripolyphosphate coacervates or chitosan-carboxymethyl 

cellulose coacervates with freeze-drying (Rutz et al., 2016), and tuna oil encapsulated 

microcapsules with whey protein-gum Arabic and both spray- and freeze-drying (Eratte et al., 

2014). 

The selection of biopolymers is critical as their characteristics can greatly affect 

coacervation, spray-drying, and freeze-drying process. The use of plant protein ingredients within 

the food industry is increasing rapidly due to their lower cost, greater environmental sustainability, 

perceived safety concerns related to consuming animal products, and consumer dietary preferences. 

Lentil proteins are gaining tremendous interests because of their non-GMO status, low 

allergenicity, high solubility among plant proteins, and abundance in Canada (Liang & Tang, 

2014). The dominant proteins in lentil proteins are globulin-type (50-65%) and albumin-type (10-

25%) proteins (Jarpa-Parra, 2018). Carrageenan is widely applied in foods because of its texture 

improving property and its ability to produce products with high encapsulation efficiency in 

control-delivery systems (Li et al., 2014; Van de Velde et al., 2002). Carrageenan is a linear 

sulfated galactans with β (1-3) and α (1-4) linkages that extracted from red seaweeds in the class 

Rhodophyceae (Necas & Bartosikova, 2013). Carrageenan can be classified into κ-, ι-, and λ-

carrageenan with 1, 2, and 3, respectively, sulfate groups per disaccharide unit (Necas & 

Bartosikova, 2013). Maltodextrin (MD) is an ingredient that is obtained from the enzymatic (e.g. 

α-amylase) or acid hydrolysis of starch, followed by drying (Rezende & Hashizume, 2018). 

Maltodextrin has dextrose equivalent (DE) value less than 20, and a larger DE value means a 

higher degree of hydrolysis of starch (Qi & Tester, 2018). Maltodextrin is a common secondary 

wall material for microencapsulation due to the excellent functional properties such as high 
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solubility, low viscosity at higher concentration, and low affinity to hydrophobic compounds 

(Suryabhan et al., 2019; Carneiro et al., 2013). 

Studies have been conducted on using protein only to microencapsulate omega-3 oil, such 

as flaxseed oil containing microcapsules by whey protein concentrate and spray-drying (Carneiro 

et al., 2013), flaxseed oil containing microcapsules by LPI and freeze-drying (Avramenko et al., 

2016), and fish oil containing microcapsules by soy protein isolate and spray-drying (Di Giorgio 

et al., 2019). However, the encapsulation efficiency of oil for these systems were all below 65% 

when the oil level was 20%. Investigations on using insoluble complexes for microencapsulation 

have also been conducted, such as tuna oil containing microcapsules by whey protein isolate-gum 

Arabic insoluble complexes and freeze-drying (Eratte et al., 2014) and β-pinene containing 

microcapsules by milk proteins-carboxymethylcellulose insoluble complexes and freeze-drying 

(Koupantsis et al., 2014). However, our previous work (Wang et al., 2021) suggested more stable 

emulsions were prepared by using soluble complexes rather than insoluble complexes within the 

systems of LPI-κ-C and LPI--C at all investigated LPI: carrageenan mixing ratios (i.e. 4:1, 8:1, & 

12:1) or homogeneous LPI. That was because soluble complexes were smaller in size compared 

to LPI aggregates and insoluble complexes, and soluble complexes lowered the interfacial tension 

to a greater extent. In that work, the most stable emulsion was prepared by soluble complexes at 

4:1 LPI: carrageenan (both κ-C and -C) at pH 6. Therefore, the objective of this work was to look 

at the possible use of lentil protein isolate-carrageenan based materials to encapsulate edible oil by 

first incorporating κ-C and -C to LPI to form stable emulsions, along with MD to the system as a 

coating wall material. Subsequent spray-drying and freeze-drying were then applied to produce 

microencapsulated powders with better qualities such as higher encapsulation efficiency, oxidative 

stability, and release properties. 

 

6.3 Materials and methods 

6.3.1 Materials 

Lentil protein isolate (LPI) used in this study was generously donated by KeyLeaf Corp. 

(Saskatoon, SK), and was produced by alkaline extraction (pH 9.5) followed by isoelectric 

precipitation (pH 4.5), followed by neutralization and spray drying. κ-Carrageenan (κ-C; Lot#: 

0001432063) and -carrageenan (-C; Batch #: 075K1808) were purchased from Sigma-Aldrich 

Co (Oakville, ON, Canada). Maltodextrin (MALTRIN M100, dextrose equivalent of 9.0–12.0) 
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was donated by Grain Processing Corporation (Muscatine, IA, USA). Flaxseed oil, which was 

produced by cold pressing, was provided from Bioriginal Food and Science Crop. (Saskatoon, SK). 

All other chemicals used in this study were of reagent grade and purchased through Sigma-Aldrich 

Co (Oakville, ON, Canada). Water was filtered through a Milli-Q purification system (Millipore 

Corporation, MA, USA). 

 

6.3.2 Proximate analysis 

Proximate analysis of all materials including moisture, ash, lipid and crude protein 

(reported on a dry weight basis (d.b.)) was determined according to the Association of Official 

Analytical Chemists (AOAC) methods 925.10, 923.03, 920.85, and 920.87, respectively (AOAC, 

2003). Carbohydrate content was calculated based on percent differential from 100%. Lentil 

protein isolate (LPI) was found to contain 80.6% (d.b.) protein, whereas κ- and ι-carrageenan had 

77.6% (d.b.) and 71.2% (d.b.) carbohydrate, respectively. Maltodextrin contained 99.3% (d.b.) 

carbohydrate. Complete proximate composition results are given in Table A1 (Appendix). 

 

6.3.3 Emulsion characteristics  

6.3.3.1 Emulsion preparation 

Homogeneous LPI, 4:1 LPI-κ-C, and 4:1 LPI--C plus maltodextrin were used as wall 

materials to encapsulate flaxseed oil. Four hundred milli-litres of each initial emulsion were 

prepared, and the ratio of oil: (LPI/ LPI-κ-C/ LPI--C): MD were 5:1:19 and 7.5:1:16.5 (w/w/w) 

to achieve the final oil level of 20% or 30% respectively in dried powders. The details of the 

compositions of formulations were given the Table A2 (Appendix). In brief, LPI, κ-C, and -C 

powders were dispersed on Milli-Q water under magnetic stirring at 500 rpm for 16 h stirring on 

room temperature (21-23 °C). The LPI, LPI-κ-C and LPI--C solutions were then mixed at pH 6 

for another hour. The resulting solutions were then mixed with 20 g or 30 g of flaxseed oil at 500 

rpm for 15 min. Homogenization process was then applied to the resulting mixture at 15,000 rpm 

using a rotor stator system (Polytron PT2100 homogenizer) (Kinematica AG, Lucerne, 

Switzerland) equipped with a 12 mm PT-DA 2112/2EC generating probe for 5 min. In parallel, 

maltodextrin was dispersed in Milli-Q water for 1 h with magnetic stirring at 500 rpm, and the pH 

of solution was adjusted to 6. The emulsions were then mixed with maltodextrin solution for 

another 15 min stirring. The resulting emulsions were then re-homogenized with the same 
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homogenizer at the same speed for another 5 min. All emulsions were prepared in triplicate and 

reported as the mean ± one standard deviation (n = 3).  

 

6.3.3.2 Emulsion stability (ES) 

ES was determined according to Wang et al. (2019a) based on creaming overtime at room 

temperature (21–23 °C). Ten milli-liters of the fresh emulsion was transferred to a 10 mL 

graduated cylinder (inner diameter = 9.60 mm; height = 114.96 mm; measured by a digital caliper) 

and allowed to separate for 48 h. The percentage of ES was determined using Eq. (6.1), where VB 

and VA are the volume of the aqueous phase before emulsification (8.0 mL) and after drainage at 

each time point, respectively. 

 

%𝐸𝑆 =
𝑉𝐵− 𝑉𝐴

𝑉𝐵
 × 100%                                   (6.1) 

All measurements were performed in triplicate and reported as the mean ± one standard deviation 

(n = 3).  

 

6.3.3.3 Droplet size and distribution 

Each freshly prepared emulsion and reconstituted emulsion (1 g powder in 4 mL Milli-Q 

water) were placed in a Mastersizer 2000 laser light scattering instrument (Malvern Instruments 

Ltd., Worcestershire, UK) equipped with a Hydro 2000S sample handling unit at room temperature 

(21–23 °C) as described by Can Karaca et al. (2013) to measure the average droplet size and 

distribution. The relative refractive index of emulsion was 1.112, which was calculated as the ratio 

of the refractive index of flaxseed oil (1.479) to the refractive index of water (1.33). The particle 

size was reported as surface-average diameter (D3,2) and volume-average diameter (D4,3) expressed 

using Eq. (6.2) and (6.3), respectively. 

 

𝐷3,2 =
∑ 𝑁𝑖𝑑𝑖

3
𝑖=1

∑ 𝑁𝑖𝑖=1 𝑑𝑖
2          (6.2) 

 

𝐷4,3 =
∑ 𝑁𝑖𝑑𝑖

4
𝑖=1

∑ 𝑁𝑖𝑖=1 𝑑𝑖
3          (6.3) 

where Ni is the total number of particles of diameter (di) (McClements, 2015). All measurements 

were performed in triplicate, and two measurements were made for each replicate. The average 
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value of two measurements in each replicate was collected and reported as the mean ± one standard 

deviation (n = 3).  

 

6.3.3.4 Droplet charge 

For the droplet charge of emulsions, ten drops of each of the fresh emulsion were dispersed 

into 100 mL Milli-Q water at the corresponding pH values, and the dispersions were shaken gently 

to become homogeneous and used to measure droplet charge.  

The electrophoretic mobility (i.e., velocity of a particle within an electric field, UE) was 

used to calculate the zeta potential (ς) by using the Henry equation. 

 

𝑈𝐸 =
2𝜀×𝜉×𝑓(𝜅𝛼)

3𝜂
         (6.4) 

where 𝜂  is the dispersion viscosity (water in this study),  𝜀  is the permittivity, and 𝑓(𝜅𝛼) is a 

function related to the Debye length (κ) and the ratio of particle radius (α) (Aryee & Nickerson, 

2012). f(κα) equals to 1.5 according to the Smoluchowski approximation. All the measurements 

were performed at room temperature (22.5 °C) in triplicate, and two measurements were made for 

each replicate. The average value of two measurements in each replicate was collected and 

reported as the mean ± one standard deviation (n = 3).  

 

6.3.3.5 Emulsion viscosity 

Each solution or emulsion (~0.62 mL) were placed onto the AR-G2 Rheometer (TA 

Instruments, New Castle, DE) equipped with a 40 mm diameter 2° acrylic cone (Hopkins et al., 

2015). Apparent viscosity was measured as a function of shear rate (2 to 200 s−1), and 10 data 

points were collected per logarithmic decade. Data were then fitted with the power-law model:  

 

log viscosity = (n-1) log shear rate + log m      (6.5) 

where m is the consistency coefficient (equivalent to the apparent viscosity at 1 s−1) and n is the 

flow behavior index. All measurements were performed in triplicate, and the m, n values were 

reported as the mean ± one standard deviation (n = 3). 
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6.3.3.6 Confocal laser scanning microscopy (CLSM)  

LPI-carrageenan stabilized emulsions prepared as previously described were imaged 

through CLSM using 543 and 633nm lasers (Wang et al., 2019a). Nile red (0.01% (w/w)) with a 

maximum excitation and emission wavelength of 543 nm and 573-613 nm, respectively was added 

into the flaxseed oil with stirring overnight at room temperature (21-23 °C) prior to emulsion 

preparation. 0.1% (w/w) of Fast green in water with the excitation and emission at 633 and 650 

nm, respectively was mixed with emulsions to bind with protein in the continuous phase to reach 

the final fast green concentration at 0.01% (w/w). Emulsions were made in triplicate, and 4 images 

were taken per slide with the use of a 60x objective lens.  

 

6.3.4 Characteristics of microencapsulated powders 

6.3.4.1 Microencapsulation by spray drying and freeze drying 

The freshly prepared emulsions were spray dried using a benchtop Buchi Advanced Mini 

Spray Drier B-290 (Buchi Labortechnik AG, Flawil, Switzerland) equipped with an atomizing 

nozzle (0.7 mm diameter). The air flow was set at 473 L/h and 0.41, and the aspiration rate was 38 

m3/h. The emulsion was stirring at 200 rpm before going into the chamber to avoid droplets 

aggregation, and the emulsion was pumped at 3 mL/ min. The inlet temperature was 135°C ± 1 °C, 

and the outlet temperature was 95°C ± 2 °C. Microcapsules produced from spray drying for each 

formula were performed in triplicate. 

 For freeze drying, each emulsion was poured into a small aluminum pan and frozen at          

–80 °C. All the samples were then freeze dried in a Labconco Free Zone 6 freeze dryer (Labconco 

Corp., Kansas City, MO, USA). The freeze dryer was initially at –20 °C for a few hours and was 

then raised to –4 °C for the rest of the drying time until the samples were completely dried. 

 

6.3.4.2 Recovered solid yield 

The yield of recovered solid was calculated as the ratio of the powders collected after 

drying process and weight of core material and wall materials, shown in equation: 

𝑅𝑒𝑐𝑜𝑣𝑒𝑟𝑒𝑑 𝑠𝑜𝑙𝑖𝑑 𝑦𝑖𝑒𝑙𝑑 (%) =
𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑝𝑜𝑤𝑑𝑒𝑟𝑠 𝑐𝑜𝑙𝑙𝑒𝑐𝑡𝑒𝑑 (𝑔)

𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑐𝑜𝑟𝑒 𝑎𝑛𝑑 𝑤𝑎𝑙𝑙 𝑚𝑎𝑡𝑒𝑟𝑖𝑎𝑙𝑠 (𝑔)
× 100%  (6.6) 
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6.3.4.3 Physical characteristics  

Moisture content of microcapsules was determined according to the Association of Official 

Analytical Chemists (AOAC) methods 925.10 moisture (AOAC, 2003). The water activity (aw) of 

microcapsules was measured with an AquaLab 4TE water activity meter (Decagon Devices, Inc., 

Pullman, WA, USA) with a 0.001 sensitivity at 22 °C.  

The color of microcapsules was measured using a Hunter Colorimeter (ColorFlex EZ 45/0, 

Hunter Associates Laboratory, Inc., Reston, VA, USA), and the L (lightness), a (redness), and b 

(yellowness) were reported.  

Wettability of microcapsules was measured according to Chew et al., (2018) with some 

modification. 0.5 gram of microcapsules was added into 50 mL Milli-Q water with magnetic 

stirring at 150 rpm at room temperature (21–23 °C). The time of microcapsules to be full 

dissolution was recorded.  

All the measurements were performed in triplicate, and two measurements were made for 

each replicate. The average value of two measurements in each replicate was collected and 

reported as the mean ± one standard deviation (n = 3). 

 

6.3.4.4 Surface oil and encapsulation efficiency  

Surface oil and encapsulation efficiency were determined based on Haq & Chun (2018) 

with some modifications. A 50 mL centrifuge tube was used to weight 1 g of microcapsules and 

30 mL of hexane. The tube was then vortexed for 30 s to extract the surface oil. The solvent was 

then filtered twice using #1 Whatman filter paper (Whatman International Ltd., Maidstone, UK), 

and the organic solvent was collected a 100 mL beaker and evaporated in a fume hood for 

overnight, followed by drying at 105 °C for 30 min. The surface oil of microcapsules was weighted. 

Surface oil (SO) and entrapment efficiency (EE) was calculated based on the definition: 

𝑆𝑂 =
𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑠𝑢𝑟𝑓𝑎𝑐𝑒 𝑜𝑖𝑙 𝑜𝑛 𝑡ℎ𝑒 𝑚𝑖𝑐𝑟𝑜𝑐𝑎𝑝𝑠𝑢𝑙𝑒𝑠 (𝑔)

𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑚𝑖𝑐𝑟𝑜𝑐𝑎𝑝𝑠𝑢𝑙𝑒𝑠 (𝑔)
× 100%    (6.7) 

 

𝐸𝐸 =
𝑡𝑜𝑡𝑎𝑙 𝑜𝑖𝑙 (%)−𝑠𝑢𝑟𝑓𝑎𝑐𝑒 𝑜𝑖𝑙 (%)

𝑡𝑜𝑡𝑎𝑙 𝑜𝑖𝑙 (%)
× 100%     (6.8) 

Where total oil is the oil content of 20% or 30%. Measurements were performed in triplicate and 

reported as the mean ± one standard deviation (n = 3). 
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6.3.4.5 Microcapsule morphology 

Surface morphology of the spray- and freeze-dried powders was imaged using a scanning 

electron microscope (SEM) of Phenom G2Pure (Phenom-World, Eindhoven, Netherlands). The 

microcapsules were coated with gold and imaged at 1000X magnification. 

 

6.3.4.6 Oxidative stability  

Oxidative stability of the encapsulated flaxseed oil in microcapsules were determined by 

measuring peroxide value (PV) and 2-thiobarbituric acid reactive substances (TBARS) every week 

of storage over an 8-week period at room temperature (21–23 °C). Modified from Can Karaca and 

co-workers (2013), encapsulated oils were extracted by dissolving about 1.5 g microcapsules in 6 

mL Milli-Q water, followed by 15 min-stirring at 500 rpm. Mixture of 40 mL hexane/isopropanol 

(3:1, v/v) was added to extract the oil with another 15 min stirring. Aluminum foil was applied to 

the beaker to prevent light-induced oil oxidation. The resulting mixtures were centrifuged at 4,193 

× g for 15 min at room temperature. The organic solvent (top layer) was then transferred to a 250 

mL Erlenmeyer flask and dried under a stream of nitrogen in the fume hood. The oxidative stability 

of the untreated flaxseed oil was used as the control sample, and same extraction process was 

applied. Only the powders using mixed wall materials were conducted since the LPI-20% and 30% 

formed poor capsules due to emulsion instability. 

 

6.3.4.6.1 Peroxide value (PV)  

Experiment was conducted according to Chang et al. (2016) and Koc et al. (2015). About 

0.2 g of flaxseed oil was mixed with 10 mL of acetic acid/chloroform solution (3:2, v/v) and 200 

µL of saturated potassium iodide (KI). The solution was allowed to react for 1 min with occasional 

shaking, and 10 mL of Milli-Q water was added to stop the reaction. The solution was then titrated 

with 0.001 N sodium thiosulfate (Na2S2O3) with the presence of 1% (w/v) cooked corn starch 

indicator until the violet color disappeared. PV of oil was calculated using the following formula: 

 

𝑃𝑉 =
(𝑆−𝐵)×𝑁×1000

𝑊
        (6.9) 

where S is the volume (mL) of Na2S2O3 solution used to titrate the encapsulated and untreated oils, 

B is the volume (mL) of Na2S2O3 solution used to titrate the blank (without oils), N is the normality 
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of Na2S2O3 solution, and W is the oil weight (g). Measurements were performed in triplicate and 

reported as the mean ± one standard deviation (n = 3). 

 

6.3.4.6.2 2-Thiobarbituric acid reactive substances (TBARS)  

TBARS test was performed according to Akhlaghi & Bandy (2010) with some 

modifications. Solutions including 50 μL of 8.1% (w/v) SDS, 375 μL of 20% acetic acid (~ pH 

3.5), 375 μL of 0.8% (w/v) 2-thiobarbituric acid (TBA), 8.25 μL of 0.02% (w/v) butylated 

hydroxytoluene (BHT) (in dimethyl sulfoxide (DMSO)) and 200 μL of the emulsified oil mixture 

(about 15 mg of oil dissolved in 10 mL of 2% SDS-20 mM acetic acid-sodium acetate buffer at 

pH 3.5) were added in a 2.0 mL centrifuge tube. The blank was prepared under the same 

experimental conditions except that 200 μL of 2% SDS-20 mM acetic acid-sodium acetate buffer 

was added. A standard curve was prepared using malondialdehyde (MDA) (0.25 - 5 nM) under 

the same conditions. Samples and standards were then heated at 95 °C for 1 h, followed by 5 min 

cooling and 10 min centrifugation at 4000 ×g (Eppendorf Centrifuge 5424, Hamburg, Germany). 

Absorbance at 532 nm for all solutions was measured. TBA values were expressed as mg MDA/g 

oil. All the measurements were performed in triplicate, and two measurements were made for each 

replicate. The average value of two measurements in each replicate was collected and reported as 

the mean ± one standard deviation (n = 3). 

 

6.3.4.7 Oil release characteristics  

The release profile of the encapsulated flaxseed oil was examined by an in vitro assay 

simulating gastric and intestinal conditions with some modifications (Can Karaca et al., 2013). 

Simulated gastric fluid (SGF; 1 L at pH 1.2) contained 3.2 g pepsin, 2 g NaCl, and 7.0 mL 36% 

HCl, and simulated intestinal fluid (SIF; 1 L at pH 6.8) was prepared by adding 10 g pancreatin, 

6.8 g K2HPO4. For exposure to SGF, approximately 1 g of microcapsules was mixed with 10 mL 

SGF and incubated in a shaking water bath at 100 rpm for 2 h at 37 °C. The solution was then 

vortexed with the 15 mL of hexane to extract the release oil, followed by centrifugation at 4,193 

× g for 10 min at room temperature. The oil was determined gravimetrically similar to previous 

described. For exposure to SGF and SIF in sequence, 1 g of powder was mixed the 10 mL SGF 

and incubated under the same conditions. The pH of the resulting solution was then adjusted the 

pH 6.8 with the addition of 10 mL SIF, followed by 3 h incubation at 37 °C at 100 rpm. The 
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solution was then vortexed with the 30 mL of hexane to extract the release oil, and the oil was 

determined gravimetrically. In parallel, same conditions except that no digestive enzyme was 

added were applied to each sample to measure the amount of oil release without enzymes. Finally, 

each oil release value was reported as the percentage of oil released under the use of digestive 

enzymes minus the percentage of oil released without the use of digestive enzymes. Measurements 

were performed in triplicate and reported as the mean ± one standard deviation (n = 3). Only the 

mixed wall materials were used since the LPI-20% and 30% formed poor capsules due to emulsion 

instability. 

 

6.3.5 Statistics 

 A one-way analysis of variance with a Scheffe test were performed to determine 

differences for all emulsions and reconstituted emulsions in emulsion stability, consistency 

coefficient and flow behavior index of emulsion viscosity, droplet size (D3,2, D4,3), droplet charge. 

Also, it was used to determine the difference for powders within each type of drying method for 

water activity, moisture, color (L, a, b), wettability, surface oil, encapsulation efficiency.  Peroxide 

value and TBARS were determined through a Tukey HSD test. The independent T-test was 

performed to access the differences of droplet size (D3,2, D4,3) between the initial emulsion and its 

corresponding reconstituted spray- or freeze-drying emulsions. All statistics were performed using 

SPSS software. 

 

6.4 Results and discussion 

6.4.1 Emulsion characteristics 

Initial emulsions were first homogenized by LPI, LPI-κ-C, or LPI--C solutions at pH 6, 

followed by a second homogenization with MD solutions to alter the final viscosity of the 

emulsions. Each initial emulsion contained 5% or 7.5% flaxseed oil to deliver 20% or 30% of final 

oil respectively in the dried microencapsulated powders. Details of each formula were given in 

Table A2 (Appendix). In terms of naming, for instance, the initial LPI emulsion containing 5% oil 

was prepared to deliver 20% oil, so it was named as LPI 20% in all tables and figures. Emulsion 

characteristics such as emulsion stability (via creaming), droplet charge, emulsion viscosity, and 

droplet size were determined (Table 6.1 & 6.2). For emulsion stability, gravitational separation 

occurred rapidly after emulsification for LPI 20% and LPI 30% emulsions. Emulsions stabilized 
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by LPI-κ-C or LPI--C complexes showed significant increase in stability against creaming, where 

all emulsions with 20% or 30% final oil remained 100% stability after 48 h (Table 6.1). 

 

 

Table 6.1 Emulsions characteristics for emulsions stabilized by homogeneous lentil protein isolate 

(LPI) solutions and mixtures of LPI with κ-, -carrageenan at pH 6 to deliver 20% and 30% oil. 

Data represents the mean ± one standard deviation (n = 3). 

• Emulsion stability was not determined for LPI 20% and 30% emulsions as they rapidly 

destabilized in a few minutes after emulsification. Abbreviation: n.d., not determined. 

• Droplet charge and Power-law parameters were determined immediately after homogenization. 

• 1Type of emulsions: the percentage on the name of the samples represents the final oil content 

in dried powders

Type of 

emulsions1 

Emulsion 

stability at 48 h 

(%) 

Droplet charge 

(mV) 

Consistency 

coefficient 

(mPa s) 

Flow behavior 

index 

     

LPI 20%  n.d. -40.40 ± 0.95d 23.7 ± 4.4d 0.69 ± 0.04bc 

LPI 30% n.d. -43.43 ± 1.58d 19.9 ± 5.4d 0.74 ± 0.04ab 

     
LPI-ɩ-C 20%  100.0 ± 0.0a -58.80 ± 0.82c 270.2 ± 7.9a 0.61 ± 0.01c 

LPI-ɩ-C 30% 100.0 ± 0.0a -61.27 ± 1.64bc 277.3 ± 4.8a 0.62 ± 0.00c 

     

LPI--C 20% 100.0 ± 0.0a -65.55 ± 1.24a 68.6 ± 13.2c 0.83 ± 0.03a 

LPI--C 30% 100.0 ± 0.0a -63.92 ± 0.98ab 116.8 ± 26.3b 0.75 ± 0.03ab 
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Table 6.2 Droplet size of fresh emulsions and reconstituted emulsions. Data represents the mean ± one standard deviation (n = 3). 

• *Indicates the very low yield of the powders of LPI--C 30%; Abbreviation: n.d., not determined. 

• The percentage on the name of the samples represents the final oil content in dried powders.

 
Emulsions 

Reconstituted spray-drying 

emulsions 

Reconstituted freeze-drying 

emulsions 

 

droplet size 

D3,2 (µm) 

droplet size 

D4,3 (µm) 

droplet size 

D3,2 (µm) 

droplet size 

D4,3 (µm) 

droplet size 

D3,2 (µm) 

droplet size 

D4,3 (µm) 

       

LPI 20%  11.85 ± 0.58a 20.74 ± 0.42bc n.d. n.d. 11.25 ± 1.01a 23.84 ± 1.24b 

LPI 30% 12.66 ± 1.71a 21.12 ± 2.95bc n.d.  n.d. 11.84 ± 0.35a 27.13 ± 1.24ab 

       

LPI-ɩ-C 20%  10.83 ± 0.18a 28.78 ± 1.82a 7.33 ± 0.09a 20.48 ± 1.70a 10.57 ± 0.79a 29.80 ± 2.27a 

LPI-ɩ-C 30% 10.34 ± 0.45a 25.06 ± 0.68ab 7.30 ± 0.28a 19.14 ± 1.63a 10.47 ± 0.11a 32.02 ± 2.50a 

       

LPI--C 20% 7.68 ± 0.28b 19.60 ± 1.27c 4.05 ± 0.15b 11.34 ± 0.66b 8.22 ± 0.40b 23.29 ± 1.30b 

LPI--C 30% 6.77 ± 0.46b 21.66 ± 0.79bc * * 7.34 ± 0.58b 23.80 ± 1.88b 

1
1

9
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In terms of droplet size, LPI-κ-C 20% and 30% emulsions formed the smallest droplets 

(p<0.05) with D3,2 of 6.8 µm and 7.7 µm, respectively, and D4,3 of 19.6 µm and 21.7 µm, 

respectively (Table 6.2). The smaller values of D3,2 (p<0.05) for both LPI-κ-C emulsions suggested 

the formation of larger numbers of smaller droplets. D3,2 of LPI 20%, LPI 30%, LPI--C 20%, and 

LPI--C 30% emulsions were all found to range from 10 to 12 µm (p>0.05). D4,3 values of LPI 20% 

and LPI 30% emulsions were ~20 µm, which were similar as in the LPI-κ-C 20% and 30% 

emulsions (p>0.05). LPI--C 20% and 30% emulsions showed the largest D4,3 among all systems 

of 28.8 and 25.1 µm, respectively (p<0.05) suggesting the presence of some large droplets. Since 

the average droplet sizes of all systems were comparable, other factors such as droplet charge and 

viscosity are hypothesized to cause the rapid gravitational separation for the LPI 20% and 30% 

emulsions. Droplet charge of each emulsion was given in Table 6.1. The strongest electrostatic 

repulsion was attributed to LPI-κ-C 20% and 30% emulsions with charges of -66 and -64 mV, 

respectively. Droplet charge for LPI--C 20% and 30% emulsions was -59 and -61 mV, 

respectively, which was slightly smaller than both LPI-κ-C emulsions (p<0.05) but still providing 

significant electrostatic repulsive forces. LPI 20% and 30% emulsions generated the least 

electrostatic repulsion (p<0.05) against droplet aggregation with droplet charges of -40 and -43 

mV. However, the electrostatic repulsion was still considered to be moderate (McClements, 2015).  

Emulsion viscosity could also have an effect on emulsion stability. The consistency 

coefficient (m) and the flow behavior index (n) for each system was given in Table 6.1 (See flow 

curves, Figure A6.1). LPI 20% and 30% emulsions showed the lowest viscosity (p<0.05) with the 

m-values of 24 and 20 mPa s, respectively, and this low viscosity led to a remarkable high rate of 

creaming. Incorporating κ-C and -C into the systems both led to higher emulsion viscosity, where 

LPI--C 20% and 30% emulsions showed the greatest emulsion viscosity (p<0.05) of 270 and 277 

mPa s, respectively, followed by LPI-κ-C 30% with m-value of 117 mPa s (p<0.05), and then LPI-

κ-C 20% of 69 mPa s (p<0.05). At pH 6, LPI was forming soluble complexes with κ-C and -C, 

and excessing carrageenan was contributing to the viscosity to reduce creaming effect, as both 

carrageenan polysaccharides are good thickening reagents and have good water binding properties 

(Li et al., 2014; McClements, 2015). Within these two carrageenan polysaccharides, -C contains 

two sulfate groups per disaccharide unit and was able to bind with more water molecules to 

contribute to a higher viscosity in LPI--C 20% and 30% emulsions (Necas & Bartosikova, 2013). 

As the oil content of the initial emulsions did not vary (i.e. 5% and 7.5% oil), the viscosity of two 
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emulsions within each type of system showed no difference between each other (p>0.05). It was 

also worth to mention that the larger D4,3 values of LPI--C 20% and 30% emulsions were resulted 

from the higher emulsion viscosities. Studies have suggested that suppression of breaking up 

droplets during homogenization might occur as the viscosity of an emulsion continuous phase 

increased (McClements, 2015; Walstra, 1993; Wooster et al., 2008). All emulsions were shear 

thinning as shown in the flow curves (Figure A6.1). The highest n-value was attributed to the LPI-

κ-C 20% emulsion, followed by LPI-κ-C 20%, LPI 30%, and LPI 20% emulsions. LPI--C 20% 

and 30% emulsions showed the smallest n-values, corresponding to their larger average droplet 

size and in terms of less homogeneous systems. Viscosity can not only affect emulsion stability 

but is also extremely important in the subsequent spray-drying process to prepare dried powders. 

Studies suggested that liquid that fed in the spray dryer generally should not have its viscosity 

exceed 300 mPa s to prevent the formation of large or elongated droplets and air inclusion in the 

droplets during atomization, which in terms will cause negative effects on dried powder’s 

characteristics (Di Battista et al., 2015). In this study, all emulsion viscosities were below 300 mPa 

s.  

Confocal laser scanning microscopy images were taken for each fresh initial emulsion 

(Figure 6.1). For both LPI 20% and 30% emulsions, very large droplets were observed, confirming 

the rapid destabilization of the emulsions due to droplet coalescence (Figure 6.1A & B). In contrast, 

small droplets were seen in LPI-κ-C 20% & 30% and LPI--C 20% & 30% emulsions with some 

larger size at about 20-25 µm and a lot of them below 10 µm, corresponding to their average 

droplet size (Figure 6.3C - F; Table 6.2). The protein aggregates in both LPI 20% and 30% 

emulsions were also larger in size (marked as green; Figure 6.1A & B) compared to all other LPI-

κ-C and LPI--C emulsions (Figure 6.3C – F), which suggested the incorporation of carrageenan 

could suppress the formation of large protein aggregates, corresponding to our previous findings 

(Wang et al., 2019a; Wang et al., 2019b). It was also confirmed that the oil droplets were 

surrounded by LPI, LPI-κ-C, or LPI--C complexes. A representative image of LPI--C 20% 

emulsion was provided in Figure A6.2 (Appendix).
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A) LPI 20%         B) LPI 30% 

C) LPI- ɩ-C 20%          D) LPI- ɩ-C 30% 

E) LPI--C 20%         F) LPI--C 30% 

 

Figure 6.1 Confocal laser scanning microscopy (CLSM) images of oil-in-water emulsions for 

systems of LPI 20% and 30% (A and B, respectively), LPI--carrageenan (LPI--C) 20% and 30% 

(C and D, respectively), and LPI--carrageenan (LPI--C) 20% and 30% (E and F, respectively). 

Red color represents oil droplets, and green color represents proteins. All the scale bars represent 

10 µ. The percentage on the name of the samples represents the final oil content in dried powders.
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6.4.2 Physical characteristics of spray-drying powders and freeze-drying powders 

6.4.2.1 Yield of dried powders 

The initial emulsions were either spray-dried and freeze-dried to give fine powders with 

20% and 30% oil. As the LPI 20% and 30% emulsions were highly unstable, these two emulsions 

were not applied to spray-drying. However, they were applied to freeze-drying since emulsions 

were frozen at -80 °C prior. All the solids (i.e. powders) were collected from freeze-drying, but 

only part of the powders were able to be collected during the spray-drying process. The yields of 

LPI--C 20%, LPI--C 30%, LPI-κ-C 20%, and LPI-κ-C 30% powders from spray drying were 

32.8%, 16.8%, 20.5%, and below 5%, respectively. Due to the very low yield of LPI-κ-C 30% 

powders, no further experiments were conducted on this system. Yield of powders may have also 

been affected by oil content in the powders. Both LPI--C and LPI-κ-C powders with 20% final 

oil showed higher yield to their corresponding powders with 30% oil, which could be attributed to 

lack of sufficient coverage of wall materials to the oil (Polavarapu, Oliver, Ajlouni, & Augustin, 

2011), leading to more samples sticking on the surface of the cylinder and cyclone during drying. 

Lower yield caused by higher encapsulated oil was also observed in the encapsulation of fish oil 

in soybean protein powders (Di Giorgio et al., 2019).  

 

6.4.2.2 Physical characteristics of dried powders 

The physical properties including moisture content, water activity, color, and wettability 

of spray drying (LPI--C 20% & 30%, LPI-κ-C 20%) and freeze drying (LPI 20% & 30%, LPI--

C 20% & 30%, LPI-κ-C 20% & 30%) powders were given in Table 6.3. Moisture contents of all 

spray drying powders were similar ranging between 2.6% to 3.1% (p>0.05). The freeze-drying 

powders had moisture content ranging from 2.7% to 4.1%. It was suggested by the food industry 

that dry powders should contain 3-4% moisture to ensure good stability during storage (Klaypradit 

& Huang, 2008; Goyal et al., 2015). Similar moisture contents were also reported in the 

encapsulated flaxseed oil-modified starch spray-drying powders (Barroso et al., 2014), kenaf seed 

oil-sodium caseinate spray-drying powders (Chew et al., 2018), and flaxseed oil-LPI-MD freeze-

drying powders (Avramenko et al., 2016). Water activity (aw), which measured the availability of 

free water in foods, was found to be 0.09 for both LPI--C 20% and 30% powders (p>0.05). The 

aw of LPI-κ-C 20% powder was significantly lower with aw value of 0.06 (p<0.05), which might 

be due to the smaller number of sulfate group on per disaccharide unit to bind less water molecules 
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and lower water solubility of κ-C (Barbeyron et al., 2000), thereby resulting in a more prominent 

dehydration during spray-drying process and consequently lower aw value. The aw values for all 

freeze-drying powders were ranging from 0.09 to 0.12, again with LPI-κ-C 30% powder showing 

the lowest aw value of 0.09. Generally, aw should be below 0.60 for food products to against 

microbial spoilage, and for dry powders aw should not exceed 0.30 (Klaypradit & Huang, 2008; 

Quek et al., 2007). It is also agreed that non-enzymatic browning and enzymatic activities are 

inhibited in foods with aw around 0.3 (Alvarez-Henao et al., 2018; Gamboa-Santos et al., 2013). 

Therefore, powders produced in this study should be able to against chemical and microbial 

spoilage well during storage. However, the aw values of our powders seemed to be lower when 

compared with those powders with similar moisture contents that referenced above, whose aw 

values were ranging from 0.15 to 0.40 (Barroso et al., 2014; Chew et al, 2018; Avramenko et al., 

2016). The lower aw values for powders in current study could be attributed to the large amount of 

MD (dextrose equivalent [DE]: 9 -12) in wall materials, and similar aw values were also observed 

in spray-drying powders where MD with the same DE was the major wall material (Can Karaca et 

al., 2013; Kuang et al., 2015). The low aw values might not be ideal to against lipid oxidation in 

food products. Some studies suggested that aw of food products should be near the water monolayer 

(i.e. aw: 0.2 – 0.3) to minimize lipid oxidation (Chew & Nyam, 2016; Velasco et al., 2003).
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Table 6.3 Physical characteristics of spray-drying and freeze-drying powders. Data represents the mean ± one standard deviation (n = 

3). 

 

Water activity moisture 
Color 

Wettability 

(s) 

Surface oil 

(%) 

Encapsulation 

efficiency (%) 
L a b 

Spray drying 

LPI-ɩ-C 20%  0.090 ± 0.008a 2.57 ± 0.21a 93.58 ± 0.31a 0.00 ± 0.06a 10.35 ± 0.39b 441 ± 27a 3.19 ± 0.15b 84.05 ± 0.75a 

LPI-ɩ-C 30% 0.093 ± 0.005a 2.96 ± 0.45a 92.39 ± 0.06b -0.01 ± 0.07a 13.10 ± 0.35a 459 ± 21a 4.95 ± 0.65a 83.51 ± 2.16a 

LPI--C 20% 0.064 ± 0.009b 3.07 ± 0.29a 93.44 ± 0.22a -0.02 ± 0.03a 10.58 ± 0.53b 412 ± 8a 2.95 ± 0.28b 85.23 ± 1.38a 

LPI--C 30% - - - - - - - - 

         

Freeze drying 

LPI 20% 0.107 ± 0.005ab 3.91 ± 0.30ab 89.68 ± 0.06c 0.36 ± 0.02b 16.41 ± 0.19c 82 ± 7b 16.21 ± 0.26b 18.94 ± 1.30c 

LPI 30% 0.115 ± 0.007a 3.39 ± 0.15b 89.21 ± 0.27c 0.54 ± 0.10a 19.08 ± 0.18a 101 ± 11b 25.17 ± 0.25a 16.10 ± 0.84c 

LPI-ɩ-C 20%  0.103 ± 0.007ab 4.08 ± 0.17a 91.94 ± 0.19ab 0.12 ± 0.05c 14.11 ± 0.22d 239 ± 19a 5.04 ± 0.37d 74.82 ± 1.84a 

LPI-ɩ-C 30% 0.115 ± 0.004a 3.50 ± 0.05b 91.06 ± 0.12b 0.31 ± 0.02b 17.77 ± 0.15b 271 ± 12a 13.51 ± 0.74c 54.95 ± 2.48b 

LPI--C 20% 0.102 ± 0.009ab 3.88 ± 0.14ab 92.13 ± 0.07a 0.08 ± 0.04c 13.52 ± 0.29d 234 ± 15a 4.84 ± 0.47d 75.80 ± 2.37a 

LPI--C 30% 0.086 ± 0.012b 2.68 ± 0.05c 91.56 ± 0.63ab 0.23 ± 0.02bc 16.25 ± 0.76c 235 ± 6a 14.51 ± 0.66c 51.64 ± 2.21b 

• Notes: LPI (20 and 30%) emulsions were too unstable for the spray drying process. LPI--C 30% showed to low of yield in the 

spray dryer for further measurements. 

• Statistics were run within each type of drying method. 

• The percentage on the name of the samples represents the final oil content in dried powders. 

• Surface oil was calculated as weight of surface oil on the powders divided by weight of powders. Encapsulation efficiency was 

calculated as the difference of total oil and surface oil divided by total oil.

1
2

5
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Color parameters for each powder including L (lightness), a (redness), and b (yellowness) 

were given in Table 6.3. Spray-drying powders showed stronger lightness (p<0.05) with L values 

ranging from 92.4 – 93.6 than freeze-drying powders, whose L values were from 89.2 – 92.1. 

Among freeze-drying powders, LPI 20% and 30% powders showed the strongest darkness 

(p<0.05), which could be attributed to the rapid destabilization of their corresponding emulsions 

and more oil got separated out. The a values of spray-drying powders were all closed to zero 

(p>0.05), while a values of freeze-drying powders increased suggesting the freeze-drying powders 

showed more redness. Stronger whiteness was observed in spray-drying powders, reflected by the 

lower b values, and freeze-drying powders showed more yellowness due to their higher b values. 

The yellowness increased as the final oil level increased among each wall-type of powders 

(p<0.05). Wettability of powders that showed the ability to absorb water was also reported in Table 

6.3. A shorter time for a product to become reconstituted in water is more desirable (Chew et al., 

2018; Edris et al., 2016). Wettability was significantly affected by wall materials, and LPI 20% 

and 30% freeze-drying powders showed significantly stronger wettability than other freeze-drying 

powders (p<0.05). Addition of polysaccharide to system led to lower wettability was also observed 

in LPI-MD based and LPI-MD-alginate based powders (Chang et al., 2016). Wettability was also 

influenced by drying methods, where all spray-drying powders were more difficult to be wetted 

than freeze-drying powders (p<0.05). The wettability among each spray-drying powder was 

similar (p>0.05) and was compatible with other spray-drying powders such as modified starch-

based powders (Barroso et al., 2014) and gum Arabic-sodium caseinate-based powders (Chew et 

al., 2018).  

The average droplet size for each reconstituted emulsion was provided in Table 6.2. For 

spray-drying powders, the D3,2 values of LPI--C 20%, 30%, and LPI-κ-C 20% reconstituted 

emulsions were 7.3, 7.3, and 4.1 µm, respectively, and the D4,3 values were 20.5, 19.1, and 11.3 

µm, respectively. All these values were significantly smaller than their corresponding average 

values in initial fresh emulsions (p<0.05), attributing to the samples lose or sample degradation 

during spray-drying process. The decrease of average dropet size in the reconstituted emulsions 

were also observed in the chickpea protein-based powders with 10% flaxseed oil (Can Karaca et 

al., 2013). In terms of freeze-drying reconstituted emulsions, all the D3,2 values were similar to 

their corresponding average values in initial fresh emulsions (p>0.05). However, increased D4,3 

values (p<0.05) for LPI 20%, 30%, LPI--C 30%, and LPI-κ-C 20% reconstituted emulsions were 
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determined, suggesting the presence of larger droplets, which could be due to coalescence that 

occurred within the non-encapsulated oils. A layer of flaxseed oil was also observed in both LPI 

20% and 30% reconstituted freeze-drying emulsions (data not shown), confirming the 

destabilization of the emulsions prior to freezing. 

 

6.4.3 Surface oil and encapsulation efficiency of dried powders 

Surface oil and encapsulation efficiency for each powder were determined and given in 

Table 6.3. The more desirable powders should contain less amount of surface oil as it negatively 

affects powder quality such as oxidative stability (Can Karaca et al., 2013). For oil encapsulated 

powders, this should be less than 2% surface oil and 98% entrapment efficiency (Drusch & Berg, 

2008). For spray-drying powders, LPI--C 20% and LPI-κ-C 20% powders showed similar surface 

oil content at ~3% (p>0.05), and the surface oil increased to 5% for LPI--C 30%, indicating there 

was lack of sufficient wall materials (i.e. LPI--C complexes) to encapsulate the oil. That an 

increase in final oil content resulted an increase in surface oil content was also reported in chickpea 

protein-based powders (Can Karaca et al., 2013) and corn zein based powders (Quispe-Condori et 

al., 2011). The encapsulation efficiency of LPI--C 20%, 30%, and LPI-κ-C 20% powders were 

84.1%, 83.5%, and 85.2%, respectively (Table 6.3). For freeze-drying powders, the lowest surface 

oil content (p<0.05) was attributed to LPI--C 20% and LPI-κ-C 20% powders with surface oil of 

5% and 4.8%, respectively. As the final oil content increased to 30%, the surface oil increased to 

13.5% and 14.5% for LPI--C 30% and LPI-κ-C 30% powders, respectively, again indicating the 

insufficient coverage of oil. The surface oil was very high at 16.2% and 25.2% for LPI 20% and 

30% powders, respectively, due to the low stability of their corresponding emulsions. The 

emulsions started to destabilize prior to freezing -80 °C, and thus, the encapsulation efficiency for 

LPI 20% and 30% powders was both below 20%. Encapsulation efficiency for LPI--C 20% & 30% 

and LPI-κ-C 20% & 30% powders was 74.8%, 55.0%, 75.8%, and 51.6%, respectively. It was also 

observed that surface oil was lower for spray-dried powders than freeze-dried powders (p<0.05). 

Similar trends were found by Eratte and co-authors (2014), who compared the surface tuna oil 

contents with whey protein-gum Arabic based spray-drying and freeze-drying powders. Quispe-

Condori and co-authors (2011) also reported a lower surface flax oil in corn zein spray-drying 

powders than the corresponding freeze-drying powders. One reason might be due to the loss of 

some surface oil in the cyclone separator during the spray drying process, resulting in the lower 
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surface oil values of spray-drying powders. Another hypothesis could be attributed to the structural 

difference between spray-drying and freeze-drying powders (see section 6.4.4). 

 

6.4.4 Surface morphology of dried powders 

Surface morphology of each spray- and freeze-dried powder was provided in Figure 6.2 

and Figure A6.3 (Appendix). All the spray-drying powders exhibited wrinkled spherical structure 

(Figure 6.2A & B, Figure A6.3A, Appendix). The size of the all the spray-drying powders were 

ranging from below 10 to 30 µm, corresponding to their average droplet sizes. Collapse of some 

spray-dried LPI-ɩ-C 30% powders were observed (Figure 6.2B), again indicating the lack of 

sufficient wall materials (i.e. LPI-ɩ-C 30% complexes) to encapsulate the flaxseed oil as oil content 

increased. In contrast, irregular structure was imaged for all the freeze-drying powders (Figure 

6.2C & D, Figure A6.3B-E, Appendix). Some pores were seen in freeze-dried LPI-ɩ-C 20% 

powders (Figure 6.2C), and more pores were found as the oil content of the powders increased to 

30% (Figure 6.2D). The formation of the porous structure in the freeze-dried powders was due to 

the sublimation of the ice crystals during primary drying cycle in freeze drying (Morais et al., 

2016). Similar findings was also reported by Eratte and co-authors (2014), where spray dried 

powders gave a more compact and wrinkled spherical structure and freeze-drying powders were 

more in irregular shape and highly porous. The authors also stated that the porous structure of 

freeze-dried powders might lead to more leakage of oil and consequently a higher surface oil 

content. Due to this oil leakage, the higher surface oil content of freeze-drying powders compared 

to their corresponding spray-drying powders was observed in this study (Table 6.3). 
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A) Spray-dried LPI- ɩ-C 20%        B) Spray-dried LPI- ɩ-C 30%  

C) Freeze-dried LPI- ɩ-C 20%        D) Freeze dried LPI- ɩ-C 30% 

 

Figure 6.2 Scanning electron microscopy (SEM) images of the spray-dried LPI--carrageenan 

(LPI--C) 20% and 30% powders (A and B, respectively), and freeze-dried LPI--C 20% and 30% 

powders (C and D, respectively) at 1000X magnification. All the scale bars represent 120 µm. 
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6.4.5 Lipid oxidation of dried powders 

Flaxseed oil is highly susceptible to lipid oxidation due to its high unsaturation of over 95% 

(Chang & Nickerson, 2018). Lipid oxidation can occur chemically with the presence of oxygen 

through a free radical mechanism to produce primary oxidative products (i.e. peroxides and 

hydroperoxides), which are highly unstable and will further decompose to form secondary 

oxidative products (i.e. aldehydes, hydroxy acids, and ketones) (Di Giorgio et al., 2019; Lagarde, 

2010). Primary lipid oxidation can be determined by measuring peroxide values (PV), and 2-

Thiobarbituric acid reactive substances (TBARS) assay can be used to measure secondary lipid 

oxidation to access the formation of one of the main resulted compounds—malondialdehyde 

(MDA) (Chang et al., 2016). PV and TBARS values for each powder under 8-week of storage 

were given in Figure 6.3.
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Figure 6.3 Changes in (A) peroxide value (PV) and (B) 2-thiobarbituric acid reactive substances 

(TBARS) for the untreated and encapsulated flaxseed oil through spray-drying (1) and freeze-

drying (2) over 8 weeks of storage at room temperature (21-23 °C). Note that untreated oil was not 

spray dried nor freeze dried. Both LPI 20% & 30% powders were not included in the oxidation 

tests as their corresponding emulsions rapidly destabilized after emulsification. The percentage on 

the name of the samples represents the final oil content in dried powders. It is worth to mention 

that the Y-axis are different between spray- and freeze-drying to show the trends. Data represent 

the mean ± one standard deviation (n=3).
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PV value of untreated flaxseed oil before encapsulation process was 2.1 meq active 

oxygen/ kg oil (Figure 6.3A). After emulsification and spray-drying processes, the PV values for 

LPI--C 20%, 30%, and LPI-κ-C 20% powders increased to 7.1, 6.7, and 7.4 meq active oxygen/ 

kg oil, respectively (Figure 6.3A). The increase in PV values for freeze-drying powders was less 

prominent (p<0.05) with PV values of 4.3, 3.2, 4.2, and 3.2 meq active oxygen/ kg oil for LPI--C 

20% & 30% and LPI-κ-C 20% & 30% powders, respectively (Figure 6.3B). The higher PV values 

for all the fresh powders compared to untreated oil could be attributed to the emulsification process, 

where flaxseed oil was blending with solutions and oxygen (Can Karaca et al., 2013). In addition 

to emulsification, heat was also applied in spray-drying process (inlet and outlet temperature: 

135°C & 95°C) and was hypothesized to initiate the oxidation more prominent, resulting a larger 

increase of PV values in all spray-drying powders. Dried powders with higher PV value compared 

to untreated oil were also reported in the fish oil-soybean protein-based spray-drying powders (Di 

Giorgio et al., 2019). During 8-week of storage, PV values for untreated oil increased 2-fold to 4.2 

meq active oxygen/ kg oil (p<0.05) after 2 weeks, followed by slow increase to 5.2 meq active 

oxygen/ kg oil at week 4. The increment then became more significantly to 10.0 (p<0.05) and 15.4 

(p<0.05) meq active oxygen/ kg oil at week 6 and 8, respectively. The smaller increment in the 

first month could be attributed to less free radicals being present. As there was no protection to the 

untreated oil during storage, the oil started to react with oxygen to produce peroxides, and the 

formation of peroxides became more prominent after week 4. Unlike untreated oil, the PV values 

for all freeze-drying powders were quite stable during 8-week of storage (Figure 6.3A2), where 

PV values of LPI--C 20% and LPI-κ-C 20% powders showed no difference (p>0.05) in 8 weeks, 

suggesting the efficiency of encapsulation process to prevent lipid oxidation. The PV values for 

LPI--C 30% and LPI-κ-C 30% powders increased slightly (p<0.05) by about 1 meq active oxygen/ 

kg oil from time 0 to week 8, because higher surface oil contents within these two powders were 

determined. That higher surface oil content led to stronger oil oxidation was also reported in 

flaxseed oil-chickpea-based powders (Can Karaca et al., 2013). For spray-drying powders (Figure 

6.3A1), the increment of PV values for all powders were higher compared to the freeze-drying 

powders since heat was applied during spray-drying process. PV values increased slowly for LPI-

-C 20% powders from 7.1 meq active oxygen/ kg oil at time 0 to 11.7 meq active oxygen/ kg oil 

at week 6 (p>0.05), then more significantly to 14.6 meq active oxygen/ kg oil at week 8 (p<0.05). 

Similarly, PV values of LPI--C 30% powders increased gradually from time 0 to week 4 and then 
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more significantly till week 8. Although the PV values for all spray-drying powders were similar 

(p>0.05) at time 0, the increment of PV for LPI-κ-C 20% powders during storage was more rapid, 

with PV reaching 37.4 meq active oxygen/ kg oil at week 8. The surface oil contents were similar 

in all spray-drying powders, indicating other factors rather than surface oil contributing a more 

important role in oil oxidation during storage. One assumption might be the lower aw value of 0.06 

of LPI-κ-C 20% spray-drying powders compared to aw values of 0.09 for both LPI--C 20% and 

30% powders (Table 6.3). As mentioned above, aw near the water monolayer (between 0.2 - 0.3) 

would show lowest lipid oxidation. At this point, water molecules could provide a barrier by 

hydrogen-bonding to lipid hydroperoxides, preventing the direct exposure to air and increasing the 

relative stability (Chew & Nyam, 2016; Karel & Heidelbaugh, 1973). Since the aw value was very 

low for LPI-κ-C 20% powder, there was lack of coverage of water against lipid oxidation. 

For TBARS, the amount of MDA for untreated oil at time 0 was 0.34 mg/ g oil (Figure 

6.3B). Higher level of MDA was determined in freeze-drying powders at time 0 since 

emulsification was implemented (Figure 6.3B2). The amount of MDA found in LPI--C 20% & 

30% and LPI-κ-C 20% and 30% powders was 0.49, 0.52, 0.45, and 0.64 mg/ g oil, respectively. 

Both powders with 30% oil showed higher MDA values compared to their corresponding powders 

with 20% oil, which could be attributed to the higher surface oil level. Increment of MDA was 

more significantly (p<0.05) for spray-drying powders at time 0 as both emulsification and heat 

treatment were applied (Figure 6.3B1). During 8 week of storage, MDA values of untreated oil 

increased slowly from time 0 to week 3 (p>0.05), then more rapidly starting from week 4 (p<0.05). 

All freeze-drying powders showed similar growth trends, where the increment of MDA was more 

steadily from time 0 to week 4 and became more significantly (p<0.05) at week 6 and week 8. The 

increase of MDA value for each freeze-drying powder was about two-fold from time 0 to week 8. 

The amount of MDA detected for all freeze-drying powders were smaller than MDA measured at 

week 8 for untreated oil, suggesting the encapsulation process could lower lipid oxidation. For 

spray-drying powders, the growth of MDA levels was more significantly than the freeze-drying 

powders during 8 week of storage, where the increase of MDA of LPI-κ-C 20% powders was the 

most prominent. The increase of MDA values for LPI--C 20% & 30% spray-drying powders was 

more steadily (p>0.05) from time 0 to week 2 and became more prominent (p<0.05) starting from 

week 3. For LPI-κ-C 20% powders, MDA values remained stable till week 3 and then increased 

significantly since week 4. After 8-week of storage, MDA value increased 2-fold for LPI--C 20% 
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powders, and the increment of MDA was 3-fold for LPI--C 30% powders and LPI-κ-C 20% 

powders.  

 

6.4.6 Oil release characteristics of dried powders 

The flaxseed oil release profile for each powder under simulated gastric fluid (SGF) and 

sequential exposure to simulated gastric fluid and simulated intestinal fluid (SGF + SIF) was given 

in Figure 6.4. In this figure, each result was reported as oil release due to digestive enzyme, which 

is percentage (%) of oil released from the dried powders under the use of digestive enzymes minus % 

of oil released from the dried powders without the use of enzymes. Under SGF, the pepsin in the 

SGF could break down the proteins and led to partial oil being released from the powders. The 

amount of oil release due to enzyme under SGF for LPI--C 30% and LPI-κ-C 20% spray-drying 

powders was about 31% (p>0.05), and slightly lower for LPI--C 20% at 26% (p<0.05) (Figure 

6.4A). For freeze-drying powders, the highest amount of oil release under SGF was 37% for LPI-

κ-C 20% powders, followed by 34% and 33% for LPI--C 30% and LPI-κ-C 30% powders, 

respectively. Again LPI--C 20% powders had the least amount of oil released of 26% (p<0.05). 

This result might suggest that the LPI--C 20% powders were more resistance to the acidic 

conditions in SGF despite on the drying method. Under SGF + SIF, pancreatin broke down the 

wall materials (i.e. MD and lentil protein) more excessively as pancreatin contains amylase, lipase, 

and protease. Generally, it was observed that less oil was released (p<0.05) from LPI-κ-C powders 

than LPI--C powders under SGF + SIF despite on the drying method. The amount of oil release 

for both LPI--C 20% and 30% spray-dried powders were about 56%, followed by LPI-κ-C 20% 

powders at about 40% (Figure 6.4A). For freeze-drying powders, over 50% of oil got released 

from for both LPI--C 20% and 30% powders (p>0.05), followed by LPI-κ-C 20% and 30% 

powders at about 30% (Figure 6.4B). The reason for less oil released in all the LPI-κ-C powders 

(including both oil contents and both drying methods) was due to the higher amount of oil released 

without the use of enzymes (data not shown), indicating the less resistance of the LPI-κ-C powders 

against pH change, the presence of various salts in the SGF during measurement. 
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Figure 6.4 The release of flaxseed oil due to digestive enzymes from spray-drying (A) and freeze-

drying (B) microcapsules under simulated gastric fluid (SGF) and sequential exposure to simulated 

gastric fluid and simulated intestinal fluid (SGF + SIF). Each value was reported as the percentage 

of oil released with the use of digestive enzymes minus the percentage of oil released without the 

use of digestive enzymes. Data represent the mean ± one standard deviation (n=3). The percentage 

on the name of the samples represents the final oil content in dried powders. 
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6.5 Conclusions 

This study prepared microencapsulated powders through complex coacervation of LPI-κ-

C and LPI--C by spray-drying and freeze-drying. Initial emulsions’ stability was enhanced 

remarkably with using LPI-κ-C and LPI--C complexes compared to homogeneous LPI, which 

could be mainly attributed to the improvement of emulsion viscosity. Emulsions were then either 

spray-dried or freeze-dried. All the solids were able to be recovered for freeze-drying powders, 

however significant loss was found during the spray-drying process, with the highest yield of 33% 

of LPI--C 20% powders. The physical characteristics of each powders including moisture content, 

aw, color, wettability, and droplet size were determined. For aw values, all the powders resulted in 

this study showed low aw values ranging from 0.06 to 0.12. Spray-drying powders showed lower 

surface oil content and higher encapsulation efficiency compared to freeze-drying powders 

possibly due to the more compact structure of spray-drying powders to provide better protection. 

However, spray-drying powders showed very strong oil oxidation during 8 weeks of storage, 

mainly attributing to the heat effect during spray-drying process. Encapsulation of flaxseed oil 

through freeze-drying process showed significantly lower oxidation than the untreated oil, 

suggesting the encapsulation process was successful. The oil release profile suggested that more 

oil got released due to digestive enzymes for LPI-κ-C powders under SGF and more oil got 

released due to digestive enzymes for LPI--C powders under SGF + SIF regardless of drying 

method and oil content. 

Learning from the results obtained from current study, more work can be done in the future 

study to improve the quality of the microencapsulated powders. For instances, high energy 

emulsification process can be applied to form emulsion with higher stability and to find out if the 

yield of the spray-drying powders can be improved, as Di Giorgio et al. (2019) and Fernandes et 

al. (2016) have reported the increase of yield of powders after applying ultrasonic emulsification. 

In this study, no powders within both drying methods with surface oil below 2% was achieved. In 

order to achieve food industry’s goal, some improvements could be implemented in the future 

study, such as increasing the concentration of LPI--C and LPI-κ-C to achieve better coverage of 

oil droplets (e.g. from 1% LPI--C to 2% LPI--C). Moreover, it seems that the lipid oxidation was 

accelerated by the very low aw value; therefore, the replacement of part of MD to other simple 

sugars such as sucrose can be taken into consideration. A study has reported the incorporation of 
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sucrose to the spray-drying powders could effectively increase aw of the powders (Kuang et al., 

2015).  
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7. GENERAL DISCUSSION 

This research explored the potential of using  LPI-polysaccharide complexes to encapsulate 

flaxseed oil as a means for bioactive delivery. Initially, the complexation behavior between LPI 

and various polysaccharides were examined, and the emulsifying properties of their resulting 

complexes were characterized. Select systems that formed the most stable emulsions were then 

investigated for their potential as a wall material in the microencapsulation process. The research 

aimed to find value-added uses for lentil protein as a food ingredient, and to develop functional 

food ingredient which can improve the heart health of consumers.  

In order to gain knowledge of the complexation behavior between LPI and polysaccharides, 

LPI and CMC with different DS (0.7, 0.9 and 1.2%) and MM (90 and 250 kDa) was first selected 

and investigated in study 1 to test the effect of linear charge density and molecular mass on 

coavervation (Chapter 3). A bell-shaped OD curve as a function of pH was observed for 

homogeneous LPI solutions. The maximum OD value was 0.476 occurring at pH 4.4, 

corresponding to the protein’s isoelectric point of pH 4.6. Also, OD remained relatively flat at the 

maximum over the pH range of 3.6-4.8 due to reduced solubility caused by the increased protein-

protein interactions. With the addition of CMC (DS: 0.7%, MM: 250 kDa) into the LPI solution, 

as the amount of CMC increases within the mixing ratio, the scattering curves shifted to lower pH 

values, and the bell-shaped curve changed to have a longer rise in OD as pH decreased prior to the 

maximum, a narrower peak region and, a lower maximum OD. For all mixtures, pHc and pH2 

remained unchanged as the mixing ratio increased; however, pH1 and pHopt shifted to higher pH 

values with increasing mixing ratio until reaching a plateau at a 4:1 mixing ratio. Max OD value 

in all mixing ratios was also found at 4:1 LPI-CMC ratio with OD value of 0.495. Based on these 

results, the optimal mixing ratio was conducted at 4:1 and for the following experiments. The 

effect of DS and MM of CMC on the formation of electrostatic complexes with LPI was then 

examined. Both DS and MM of CMC had minor effects on the critical pH values. However, CMC 

with higher DS could suppress of formation of LPI-LPI aggregates and consequently a lowder max 

OD (less complexes being formed) due to the higher charge density on the CMC chains that 
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generated more electrostatic repulsion within neighboring chains in solution (Warnakulasuriya et 

al., 2018). One more reason could be the structural differences between these CMCs. Increased 

DS means bigger constituent groups (-CH2OH → -CH2OCH2COOH) are generated, and steric 

effect might occur, which negatively affects the complexation between LPI and CMC, resulting 

lower maximum OD values (Zhivkov, 2013). A larger ODmax reading was also observed at a lower 

molecular mass of CMC with LPI. It was hypothesized that CMC (90 kDa) with smaller sizes 

could interact with LPI easier compared to CMC (250 kDa) due to less steric effects resulting more 

LPI-CMC interaction. To understand the thermodynamic behavior during complexation of LPI-

polysaccharide, isothermal titration calorimetry (ITC) was performed for all LPI-CMC systems at 

4:1 mixing ratio. The results suggested that the complexation reaction was energetically favorable 

as the thermograms obtained for all systems were exothermic. Larger enthalpy values were 

observed in LPI-CMC as DS of CMC increased or MM of CMC decreased. Binding stoichiometry 

was greatly influence by CMC molecular mass, where one protein was interacting with two CMC 

chains at 90 kDa and only interacted with one CMC chain at 250 kDa. From study 1, the optimal 

biopolymer mixing ratio was conducted on 4:1, and as no significantly different complexation was 

observed between CMC with different DS and MM, CMC with 0.7% DS and 250kDa was selected 

for the next study. 

In Chapter 4, GA, AL, ι-C were introduced to contrast with CMC (0.7% DS, 250 kDa) to 

interact with LPI in order to obtain stronger protein-polysaccharide interactions. Turbidimetric 

measurements were conducted on the LPI-polysaccharide mixing ratio of 4:1. LPI-GA and LPI-

CMC systems formed coacervate-type structures since greater max OD than the LPI control was 

observed. In contrast, LPI-AL and LPI-ι-C mixtures formed precipitate-type of structures, 

reflected by their lower max OD values. Significant chain repulsion of the polysaccharides (AL 

and ι-C) was thought to occur in both LPI-AL and LPI-ι-C systems due to their higher linear charge 

density, which resulted in suppression of LPI-LPI aggregation. Critical pH values (pHc, pH1, pHopt, 

pH2) varied significantly for each system. CLSM was conducted on each system at their 

corresponding pHopt, and different number and sizes of each type of complexes were observed, 

where LPI-ι-C complexes were the smallest in size due to the large electrostatic repulsive forces 

exerted between ι-C chains in solution. The resulting complexes at pHopt was then used to prepare 

emulsions. For their corresponding emulsions, the greatest emulsion stability was attributed to 

LPI-ι-C emulsion, with its stability of 100% at 0.5 h and 87.5% at 48 h. The stability of the 
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emulsion can be impacted by coverage of the viscoelastic film, charge, size/conformation of the 

aggregates, and the continuous phase viscosity, all of which acts to inhibit coalescence 

(McClements, 2007; Walstra & van Vliet, 2008). In all the LPI-polysaccharide and LPI control 

emulsions, LPI-ι-C emulsion formed the smallest and highly negative-charged droplets, and 

displaced the higher continuous phase and emulsion viscosities, all contributing to a greater 

emulsion stability. All other LPI-polysaccharide systems showed lower stability than LPI (control) 

stabilized emulsions mainly due to the larger complex’s sizes, larger droplet size, and higher 

interfacial tension which was hypothesized to inhibit their ability to migrate and align at the oil-

water interface to form a stable viscoelastic film. From this work, LPI-ι-C system was selected for 

the following study. Additionally, LPI-ι-C complexes was formed at pHopt in this study so that a 

great extent of the complexes was insoluble and couldn’t align on the interface. Therefore, it will 

be interesting to look at the emulsifying properties of the soluble complexes. 

Chapter 5 continued to explore the complexation behavior and emulsifying behavior 

between LPI and carrageenan polysaccharides. κ-Carrageenan was introduced in this study to 

contrast with ι-carrageenan since the linear charge density was different (i.e., -C and -C have 1 

and 2 sulfate groups, respectively). For the carrageenan polysaccharides, κ-carrageenan and ι-

carrageenan are gelling polysaccharides whereas λ-carrageenan is more contributed to thickening 

(Li et al., 2014). Thus, this study focused on κ- and ι-carrageenan only since κ- and ι-types are 

more closely related in terms of their functional attributes. Additionally, these two carrageenan 

could develop a weak gel network, which could possibly improve emulsion stability. The 

complexation behavior of LPI-κ-C and LPI--C complexes at 4:1, 8:1, and 12:1 biopolymer mixing 

ratios as a function of pH was first examined. Through a turbidimetric pH acid-titration, 

suppression of the turbidity curves was observed within the LPI-κ-C and LPI--C systems 

compared to LPI control system. For both LPI-κ-C and LPI-ι-C systems, all the critical pH values 

(pHc, pH1, pHopt, pH2) shifted to more acidic pH values, and max OD values decreased with the 

decrease of biopolymer mixing ratio. Both 12:1 LPI-carrageenan mixtures and the 8:1 LPI-κ-C 

mixture showed the bell-shaped curves. For 4:1 LPI-κ-C, 4:1 LPI-ι-C, and 8:1 LPI-ι-C, 

electrostatic repulsion was very strong. The OD values of these systems increased gradually 

without going through a transition state of forming insoluble complexes, but the formed complexes 

started to precipitate out, and the OD values became stable, suggesting the saturation of the κ-C or 

ι-C. The resulting complexes (both soluble and insoluble) were then used to prepare emulsions. 
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LPI emulsions at pH 6 and pH 3.5 remained 100% stability after 30 min but dropped dramatically 

to around 20% after 24 h. Enhanced emulsion stability was observed in all LPI-carrageenan 

emulsions at 24 h and 48 h compared to LPI emulsions at both pH values (pH 6 and pH 3.5). 

Within all the LPI-carrageenan emulsions, emulsions made with soluble complexes (pH 6) 

displaced higher emulsion stability than those made with insoluble complexes (pH 3.5) at each 

sample. All emulsions at pH 6 remained 100% stability at 30 min, and smaller and more uniform 

droplets with highly negative charge were formed at each system to against gravitational separation 

and to prevent droplet flocculation and further coalescences. Interfacial tension was also lowered 

to a greater extent for LPI-carrageenan solutions at pH 6 compared to solutions at pH 3.5. After 

48 h, both 4:1 emulsions at pH 6 remained 100% stability, followed by 8:1 LPI-ι-C and 4:1 LPI-

κ-C emulsions with 83% and 74% stability, respectively. The greatest stability over time was found 

in 4:1 LPI-κ-C and -ι-C emulsions at pH 6 mainly attributed to high continuous phase viscosity. 

All the findings suggested that LPI-carrageenan (both κ-C and ι-C) soluble complexes could 

effectively lower the interfacial tension and led to smaller droplet formation, and the excessive 

carrageenan in the system increased the viscosity, which all led to the greater emulsion stability. 

This study found a more stable emulsions compared to those in Chapter 4, and these stable 

emulsions (4:1 LPI-κ-C and -ι-C emulsions at pH 6) could be used for encapsulation.  

Microencapsulated powders containing 20% and 30% flaxseed oil with LPI-κ-C-MD based 

and LPI--C-MD based materials were prepared through spray-drying and freeze-drying in Chapter 

6. LPI and LPI-carrageenan emulsions were prepared, and MD was also added into the systems as 

the coating materials. Initial emulsion stability was improved remarkably by using LPI-κ-C and 

LPI--C complexes compared to homogeneous LPI mainly due to the improvement of emulsion 

viscosity. All LPI-κ-C or LPI--C emulsions with 20% or 30% final oil remained 100% stability 

after 48 h, while gravitational separation occurred rapidly after emulsification for LPI 20% and 

LPI 30% emulsions. Emulsions were then either spray-dried or freeze-dried. All the solids were 

recovered for freeze-drying powders, while significant loss was found in the spray-drying powders, 

with the highest yield of 33% of LPI--C 20% spray-dried powders. As oil content increased to 

30%, the yield decreased, which could be attributed to lack of sufficient coverage of wall materials 

to the oil; thus, more samples were stuck on the surface of the cylinder and cyclone during drying 

(Polavarapu et al., 2011). The average droplet size of the reconstituted spray-drying emulsions 

decreased compared to their droplet size of initial emulsions again suggested the sample lose after 
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the spray drying process. Moisture contents of all dried powders were similar ranging 2.6% to 

4.1%, meeting the requirement to ensure good stability during storage (Klaypradit & Huang, 2008; 

Goyal et al., 2015). All the dried powders had very low aw values ranging from 0.06 to 0.12, and 

it was able to inhibit the non-enzymatic browning and enzymatic activities in foods (Alvarez-

Henao et al., 2018). Spray-drying powders showed more whiteness compared to the freeze-drying 

powders, which could be due to the lower surface oil content on spray-drying powders. The lower 

surface oil content of spray-drying powders was attributed to the compact structure. In contrast, 

porous structure was seen in freeze-drying powders under SEM, which resulted in the higher 

surface oil content. For oil oxidation, flaxseed oil within the spray-dried powders was oxidized 

more rapidly during 8 weeks of storage compared to untreated oil due to the heat effect during 

spray-drying process. The increase in PV and TBARS values were more significantly in LPI-κ-C 

20% powders compared to LPI--C 20% and 30% powders possibly due to the lower aw value of 

0.06 of LPI-κ-C 20% spray-drying powders. Water activity near the water monolayer (between 

0.2 - 0.3) could lower oil oxidation by providing a barrier through hydrogen-bonding to lipid 

hydroperoxides, which prevented the direct exposure to air and increasing the relative stability 

(Chew & Nyam, 2016). Thus, there was lack of coverage of water against lipid oxidation for LPI-

κ-C 20% powder. Flaxseed oil in all the freeze-dried powders showed significant lower oil 

oxidation than the untreated oil, and PV values of all the freeze-dried powders remained similar 

upon 8-week of storage, all suggesting the success of the encapsulation process. oil release due to 

digestive enzyme for each powder under simulated gastric fluid (SGF) and sequential exposure to 

simulated gastric fluid and simulated intestinal fluid (SGF + SIF) was finally examined. Pepsin in 

the SGF could partially break down the proteins and led to partial oil being released from the 

powders, and pancreatin broke down the wall materials (i.e. MD and lentil protein) more 

excessively. Our findings suggested that more oil got released due to digestive enzymes for LPI-

κ-C powders under SGF, indicating its less resistance to the acidic conditions in SGF despite on 

the drying method. More oil was released due to digestive enzymes for LPI--C powders under 

SGF + SIF regardless of drying method and oil content. 
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8. GENERAL CONCLSUONS 

The overall goal of this thesis was to explore the potential of using lentil protein-

polysaccharide based microcapsules to encapsulate omega-3 fatty acid rich oil. In this research, 

the complexation behavior between LPI and selected polysaccharides as a function of biopolymer 

mixing ratio and pH was first investigated. The resulting LPI-polysaccharide electrostatic 

complexes (both soluble and insoluble) was used to prepare emulsions to examine their 

emulsifying properties and to select the stable emulsions. After that, subsequent spray drying or 

freeze drying was applied to the select emulsions to produce dried powders. Therefore, four studies 

were included in this research. 

In Chapter 3, the complexation behavior of LPI and CMC with different molecular mass 

(90 and 250 kDa) and degree of substitution (0.7. 0.9, and 1.2%) was investigated through a 

turbidimetric pH acid-titration over a pH (8.0-1.5) and mixing ratio (LPI: CMC; 1:1-10:1) rang 

and ITC. For LPI-CMC (0.7% DS, 250 kDa), the level of maximum complex formation was found 

to increase from OD of 0.317 at the 1:1 LPI: CMC mixing ratio to 0.495 at the 4:1 ratio, followed 

by a plateau region till 10:1. Therefore, optimal complexation was conducted at 4:1. For critical 

pH values, pHc and pH2 remained unchanged at all mixing ratios. In contrast, pH1 and pHopt were 

also found to increase as the mixing ratio increased, which indicated more LPI-LPI aggregates 

were interacting with CMC. Electrical equivalence points shifted to higher pH values within 

increasing mixing, but all of which was below the isoelectric point of LPI. It was hypothesized 

that CMC with different DS and MM would have different complexation behaviour with LPI. 

However, the effects of DS and MM of CMC on the turbidimetric curves and critical pH values 

were minor. DS and MM of CMC only influenced the size and number of complexes formed as 

reflected by their max OD values. A higher DS of CMC generated more electrostatic repulsion 

within neighboring chains in solution, which could suppress of formation of protein aggregates 

and led to a lower max OD reading complexes being formed. In contrast to the hypothesis, a lower 

MM of CMC with LPI resulted in increase of max OD readings since CMC with smaller MM 

would have less effect on suppression of protein aggregation. CLSM conducted at pHopt also 
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suggested that increase number of aggregates were observed as the DS or MM of CMC decreased. 

Through the ITC, larger enthalpy values were found in LPI-CMC as DS of CMC increased or MM 

of CMC decreased. Binding stoichiometry was affected by MM of CMC, where one protein was 

interacting with one CMC (250 kDa) chain but could interact with two CMC (90 kDa) chains. 

Chapter 4 investigated the complexation behaviour between LPI and four anionic 

polysaccharides (CMC, GA, AL, and ι-C) at 4:1 LPI-polysaccharide mixing ratio. The resulting 

emulsifying properties of the complexes being formed at pHopt was then evaluated. LPI-GA and 

LPI-CMC systems formed coacervate-type structures, while LPI-AL and LPI-ι-C mixtures formed 

precipitate-type of structures, which was consistent with our hypothesis. It was assumed that more 

water could be entrapped in the LPI-GA and LPI-CMC mixtures due to relatively weaker attraction 

between LPI and CMC as well as LPI and GA; therefore, coacervate-type structures were formed. 

In contrast, AL and ι-C generated stronge electrostatic attraction with LPI, and less water was 

entrapped within the LPI-AL and LPI-ι-C mixture, leading to the formation of precipitate-type of 

structures. The max OD values for LPI-GA, LPI-CMC, LPI-AL, and LPI-ι-C were found to be 

0.716, 0.486, 0.310, and 0.190, respectively, and the critical pH values (pHc, pH1, pHopt, pH2) of 

four mixtures varied significantly. It was hoping that emulsion stability could be increased under 

LPI-polysaccharide complex stabilized emulsions; however, for their corresponding emulsions, 

only LPI-CAR emulsion showed higher stability than LPI control emulsion. The great stability of 

LPI-ι-C was due to its higher continuous phase and emulsion viscosities, lower mean droplet sizes, 

and negatively charged droplets. Very small LPI-ι-C complexes were formed within solution due 

to the large electrostatic repulsive forces exerted between ι-C chains in solution. All other LPI-

polysaccharide systems showed lower stability than LPI (control) stabilized emulsions mainly due 

to the larger complex’s sizes, larger droplet size, and higher interfacial tension. In contrast to the 

hypothesis of a stronge film formation at the oil-water interface due to complexation, the ability 

of the resulting complexes at pHopt to migrate and align at the oil-water interface was inhibited. 

Chapter 5 explored the complexation behavior of LPI-κ-C and LPI--C complexes at 4:1, 

8:1, and 12:1 biopolymer mixing ratios as a function of pH and the emulsifying properties of their 

resulting soluble complexes at pH 6 and insoluble complexes at pH 3.5. Based on the findings 

from chapter 4, emulsions were not stable when they were prepared with complexes formed at 

pHopt (i.e. insoluble complexes). Thus, soluble complexes were introduced in this chapter to 

examine the emulsion properties. In the first part of the chapter, through a turbidimetric pH acid-
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titration, suppression of the turbidity curves was observed within the LP-κ-C and LPI--C systems 

compared to LPI control system. For both LPI-κ-C and LPI-ι-C systems, all the critical pH values 

(pHc, pH1, pHopt, pH2) shifted to more acidic pH values, and max OD values decreased with the 

decrease of biopolymer mixing ratio. The resulting complexes (both soluble and insoluble) were 

then used to prepare emulsions in the second part of chapter. Enhanced emulsion stability was 

observed in all LPI-carrageenan emulsions at 24 h and 48 h compared to LPI emulsions at both 

pH values. Agreed with the hypothesis, within all the LPI-carrageenan emulsions, emulsions made 

with soluble complexes displaced higher emulsion stability than those made with insoluble 

complexes at each sample. All emulsions at pH 6 remained 100% stability at 30 min, and smaller 

and more uniform droplets with highly negative charge were formed. Interfacial tension was also 

lowered to a greater extent for LPI-carrageenan solutions at pH 6. The greatest stability over time 

was found in 4:1 LPI-κ-C and -ι-C emulsions at pH 6 mainly attributed to high continuous phase 

viscosity. CLSM images confirmed that droplets formed in 4:1 LPI-κ-C and LPI-ι-C emulsions at 

pH 6 remained small at 24 h. All these findings suggested that LPI-carrageenan (both types) 

soluble complexes could effectively lower the interfacial tension and led to smaller droplet 

formation, and the excessive carrageenan in the system increased the viscosity, all contributing to 

the greater emulsion stability. 

Chapter 6 prepared microencapsulated powders with 20% and 30% flaxseed oil through 

LPI-κ-C-MD based and LPI--C-MD based materials by spray-drying and freeze-drying. This 

chapter evaluated their corresponding emulsion properties, the microcapsules’ physical properties, 

surface oil, encapsulation efficiency, oil oxidation stability, and in vitro oil release. LPI and LPI-

carrageenan emulsions were first made, and initial emulsions’ stability was improved remarkably 

by using LPI-κ-C and LPI--C complexes compared to homogeneous LPI mainly due to the 

improvement of emulsion viscosity. Emulsions were then either spray-dried or freeze-dried. All 

the solids were recovered for freeze-drying powders, while significant loss was found in the spray-

drying powders, with the highest yield of 33% of LPI--C 20% spray-dried powders. For the 

physical characteristics, all the powders resulted in this chapter showed very low aw values ranging 

from 0.06 to 0.12, and spray-drying powders showed more whiteness compared to the freeze-

drying powders. Spray-drying powders gave a more compact structure, while porous structure was 

seen in freeze-drying powders under SEM, which resulted in a lower surface oil content and higher 

encapsulation efficiency for spray-dried powders compared to freeze-dried powders. However, 
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flaxseed oil was oxidized more significantly among the spray-dried powders during 8 weeks of 

storage compared to untreated oil due to the heat effect during spray-drying process as well as the 

low water activity of the powders. Flaxseed oil in all the freeze-dried powders showed significant 

lower oil oxidation than the untreated oil suggesting the success of the encapsulation process. The 

oil release profile suggested that more oil got released due to digestive enzymes for LPI-κ-C 

powders under SGF and more oil got released due to digestive enzymes for LPI--C powders under 

SGF + SIF regardless of drying method and oil content. 
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9. FUTURE STUDIES 

The potential of using LPI-polysaccharide based wall materials to encapsulate omega-3 

oils was conducted in this research. Within all four studies, the complexation behavior between 

LPI and various polysaccharides (CMC with different DS and MM, GA, AL, κ-C, -C) as a 

function of biopolymer mixing ratio and pH was investigated through turbidimetric titration 

measurements and ITC. The resulting LPI-polysaccharide electrostatic complexes (both soluble 

and insoluble) was used to prepare emulsions to examine their emulsifying properties. Finally, 

soluble complexes formed at 4:1 LPI-κ-C and LPI--C solutions were selected to prepare 

emulsions. In the following chapter, subsequent spray drying and freeze drying was applied to the 

select emulsions to produce dried powders with 20% and 30% flaxseed oil. 

Although current work has already investigated quite a few works on complexation 

behavior, there is still more work that can be done in the future. For instance, Chapter 3 only looked 

into the thermodynamic parameters of LPI-CMC complexes at pH 3, where the greatest number 

of insoluble complexes were formed. The thermodynamic properties of soluble complexes can be 

examined in the future since our findings in this thesis suggested soluble complexes showed better 

emulsifying property than insoluble complexes. It will be interesting to examine the complexation 

behavior for LPI-GA, LPI-AL, and LPI--C systems as a function of biopolymer mixing ratio as 

only 4:1 LPI: polysaccharide mixing ratio was investigated in Chapter 4. Their thermodynamic 

properties can be examined as well. Similarly, it will be worth to look into the thermodynamic 

properties of LPI-κ-C and LPI--C systems at pH 3.5 and pH 6, where insoluble and soluble 

complexes were formed, respectively. 

Based on the results from the current work, more research can also be done in the future 

study to improve the quality of the microencapsulated powders. In the current work, emulsions 

were all prepared using the rotor-stator homogenizers, and the size of the droplets were relatively 

large (e.g. D4,3 of formed droplets around 20 µm in Chapter 4). Therefore, high energy 

emulsification process can be applied to produce emulsions with higher stability and smaller 

droplets. For instance, high-pressure homogenizers can be introduced to produce more uniform 
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droplets with very small size (i.e. less than 1 µm) since it can generate stronger disruptive forces 

(Maindarkar et al., 2015; Lee et al., 2009). Emulsions with higher stability might also lead to the 

higher yield of powders after spray-drying. In the current work, the highest yield of the spray dried 

powders was 33% for LPI--C 20% powders, followed by 20.5% for LPI-κ-C 20% powders, and 

16.8% for LPI--C 30% powders. All other systems resulted below 5% of yield. Di Giorgio et al. 

(2019) and Fernandes et al. (2016) have reported the significant increase of yield of powders after 

applying high energy emulsification process—ultrasonic emulsification.  

Powders containing less amount of surface oil are more desirable because surface oil 

negatively affects powder quality such as oxidative stability (Can Karaca et al., 2013). Food 

industry aims to produce oil encapsulated powders with less than 2% surface oil (Drusch & Berg, 

2008). However, no powders produced in the current work under both drying methods with surface 

oil below 2% was achieved. The surface oil content for all the powders in the current work was 

ranging from 3% to 25%. In order to achieve food industry’s goal, some improvements could be 

implemented in the future study, for example, the concentration of LPI--C and LPI-κ-C can be 

increased to form a stronger viscoelastic film on the oil and water interface and achieve better 

coverage of oil droplets (e.g. from 1% LPI--C to 2% LPI--C).  

Moreover, it seems that the lipid oxidation was accelerated by the very low aw value of the 

powders made in the current work with the aw values ranging from 0.09 to 0.11. These low aw 

values might not be ideal to against lipid oxidation in food products, as some studies have 

suggested that aw of food products should be near the water monolayer (i.e. aw: 0.2 – 0.3) to 

minimize lipid oxidation (Chew & Nyam, 2016; Velasco, Dobarganes, & Marquez-Ruiz, 2003). 

At water monolayer, water molecules are able to provide a barrier by hydrogen-bonding to lipid 

hydroperoxides, preventing the direct exposure to air, and subsequently increase the relative 

stability (Chew & Nyam, 2016; Karel & Heidelbaugh, 1973). The very low aw values for powders 

in current study was due to the large amount of MD (dextrose equivalent [DE]: 9 -12) used as the 

coating materials. Similar aw values were also observed in the oil encapsulated spray-drying 

powders, where MD with the same DE was the major wall material (Can Karaca et al., 2013; 

Kuang et al., 2015). One solution could be replacing part of MD to other simple sugars such as 

sucrose. That the incorporation of sucrose to the spray-drying powders could effectively increase 

aw of the powders has been reported by Kuang and co-authors (2015).  
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11. APPENDICES 

11.1 Tables 

Table A1 Proximate composition of lentil protein isolate, carboxymethyl cellulose polymers, gum Arabic, alginate, -carrageenan, κ-

carrageenan, and maltodextrin. Data represents the mean ± one standard deviation (n = 3). All data is reported as the percentage on a 

dry weight basis. 

Materials Protein1 Lipid CHO2 Ash Select minerals 

     Na+ K+ Ca2+ Mg2+ 

Lentil protein isolate 80.6 ± 0.3 0.8 ± 0.1 13.0 5.6 ± 0.4 1.80 0.67 0.03 0.07 

Carboxymethyl cellulose 

DS 0.7, 250 kDa Nil Nil 81.3 18.7 ± 0.2 8.20 0.00 0.00 0.00 

DS 0.9, 250 kDa Nil Nil 81.4 18.6 ± 0.3 8.40 0.10 0.00 0.00 

DS 1.2, 250 kDa Nil Nil 75.0 25.0 ± 0.5 10.0 0.10 0.00 0.00 

DS 0.7, 90 kDa Nil Nil 80.4 19.6 ± 0.5 8.10 0.10 0.00 0.00 

Gum Arabic 1.8 ± 0.2 Nil 94.8 3.4 ± 0.1 0.00 0.90 0.70 0.20 

Alginate Nil Nil 73.9 26.1 ± 0.1 10.30 0.20 0.20 0.10 

-Carrageenan Nil Nil 71.2 28.8 ± 0.2 1.40 5.50 4.00 0.20 

κ-Carrageenan Nil Nil 77.6 22.4 ± 0.2     

Maltodextrin Nil Nil 99.3 0.7 ± 0.0     

Notes: 1Nitrogen conversion factor (6.25) 

2Carbohydrate (CHO) was determined based on the dry weight difference 100% and (protein + ash + lipid) levels. 

1
7

2
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Table A2 Formulations used for the initial emulsions to deliver 20% and 30% oil within microcapsules with both types of lentil protein 

isolate-carrageenan (LPI-ι-C) formulations.  

• The percentage on the name of the samples represents the final oil content in dried powders. 

  

Sample 
%Final 

oil 

Initial emulsions (%, w/w) Spray dried microcapsules (%, w/w) 

% Oil 
LPI/ LPI--C/ 

LPI--C 
MD Total solid 

Core: 

wall 
Oil 

LPI/ LPI--C/ 

LPI--C 
MD Total solid 

LPI 20% 20 5 1 19 25 1:4 20 4 76 100 

LPI 30% 30 7.5 1 16.5 25 1:2.3 30 4 66 100 

LPI--C 20% 20 5 1 19 25 1:4 20 4 76 100 

LPI--C 30% 30 7.5 1 16.5 25 1:2.3 30 4 66 100 

LPI--C 20% 20 5 1 19 25 1:4 20 4 76 100 

LPI--C 30% 30 7.5 1 16.5 25 1:2.3 30 4 66 100 1
7

3
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11.2 Figures 

 

Figure A4.1 Droplet size distribution for emulsions stabilized by homogenous LPI solutions and 

mixtures of lentil protein isolate (LPI) with carboxymethyl cellulose (CMC), gum Arabic (GA), 

alginate (AL) and -carrageenan (ι-C). Data represents the mean ± one standard deviation (n = 3). 
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Figure A4.2 Flow diagrams as fitted using the Power-law model parameters for (A) homogenous 

LPI solutions and mixtures of LPI with carboxymethyl cellulose (CMC), gum Arabic (GA), 

alginate (AL) and -carrageenan (ι-C) and (B) emulsions stabilized by corresponding solutions. 

Data represents the mean ± one standard deviation (n = 3).
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Figure A5.1 Droplet size distribution for emulsions stabilized by homogeneous lentil protein 

isolate (LPI) solutions and mixtures of LPI with κ-, ι-carrageenan at various mixing ratio at pH 6 

and pH 3.5. Data represents the mean ± one standard deviation (n = 3). 
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Figure A5.2 Flow diagrams as fitted using the Power-law model parameters for 1% (w/w) 

homogeneous lentil protein isolate (LPI) solutions and mixtures of LPI with κ-, ι-carrageenan at 

various mixing ratio at pH 6 and pH 3.5. Data represents the mean ± one standard deviation (n = 

3). 
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Figure A5.3 Flow diagrams as fitted using the Power-law model parameters for emulsions 

stabilized by homogeneous lentil protein isolate (LPI) solutions and mixtures of LPI with κ-, ι-

carrageenan at various mixing ratio at pH 6 and pH 3.5. Data represents the mean ± one standard 

deviation (n = 3). 
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Figure A6.1 Flow diagram as fitted using the Power-law model parameters for emulsions stabilized 

by homogeneous lentil protein isolate (LPI) solutions and mixtures of LPI with κ-, λ-carrageenan 

at pH 6 to deliver 20% and 30% oil. Data represents the mean ± one standard deviation (n = 3). 

The percentage on the name of the samples represents the final oil content in dried powders. 
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LPI- ɩ-C 20% 

 

Figure A6.2 Confocal laser scanning microscopy (CLSM) images of a representative image for 

system of LPI--carrageenan 20% to show the protein (green) surrounding the oil droplets (red). 

The scale bar represents 10 µ. The percentage on the name of the sample represents the final oil 

content in dried powder. 
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A) Spray-dried LPI- κ-C 20%       B) Freeze-dried LPI- κ-C 20%       C) Freeze-dried LPI- κ-C 30%           

 

 D) Freeze-dried LPI 20%  E) Freeze-dried LPI 30% 

 

Figure A6.3 Scanning electron microscopy (SEM) images of the spray-dried LPI-κ-carrageenan 

(LPI-κ-C) 20% powder (A), freeze-dried LPI-κ-C 20% and 30% powders (B and C, respectively), 

freeze-dried LPI 20% and 30% powders (D and E, respectively) at 1000X magnification. All the 

scale bars represent 120 µ. 


