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1. Introduction 

African swine fever (ASF) is a devastating and highly infectious viral disease affecting domestic 

and wild pigs (Sus scrofa) which has, as of today, impacted swine production systems 

throughout the world. Due to its massive implications with national economies, veterinary 

services as well as animal welfare policies, this transboundary animal disease (TAD) is of great 

significance and because of that it is listed as notifiable to the World Organisation for Animal 

Health (OIE). 

Since 2020, ASF has been circulating in Germany, which means that the country has lost its 

“disease-free status”. The best strategy to contain an outbreak is to rapidly detect infected pigs 

in farms or the carcasses of infected wild boars. Gold standard for ASF genome detection is 

Polymerase Chain Reaction (PCR) since it is highly sensitive and specific. Nonetheless, it is time-

consuming and requires an equipped laboratory and trained personnel. An equally sensitive, 

but faster, simpler, and more user-friendly test approach offers significant advantages. Point-

of-need tests (PONT) are a viable solution, bringing these characteristics for diagnostic assays 

to the field. Time between sample taking and agent identification can be significantly reduced 

while maintaining high performance. To assure this, validation of new diagnostic assays for 

infectious diseases are based on guidelines by the OIE. Different steps are needed, including 

preliminary considerations for assay development, analytical characteristics, diagnostic 

characteristics, reproducibility and implementation (HEALTH 2018).  

The aim of this study was to further close the last-mentioned gap regarding immediate and 

effective on-site ASFV detection methods. For this purpose, a new rapid diagnostic assay based 

on recombinase polymerase amplification (RPA) was developed to detect the circulating ASFV. 

This single-tube isothermal method is executed at a constant temperature (37-42 °C) and only 

takes up to 15 minutes to amplify the target nucleic acid sequence detectable in real-time using 

fluorescence (PCR takes between 2-6 hours at least). To accelerate the process of sample to 

result readout, the key aspect of DNA extraction was addressed, and the ASFV-RPA assay was 

tested with two different templates: firstly, DNA extracted with a silica spin-column based kit 

and secondly, samples directly treated with a rapid heat and lysis protocol. The accuracy of the 

isothermal ASFV-RPA assays was compared to an established real-time PCR. Additionally, the 

field validation of the RPA-ASFV-assay was conducted in a pilot field study in Uganda with local 

samples of a suspected ASF outbreak and performed in a mobile suitcase lab. 
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2. Literature overview 

2.1 African Swine Fever 

2.1.1 Aetiology 

2.1.1.1 Classification and taxonomy 

The causative agent of African Swine Fever is African Swine Fever Virus (ASFV). Formerly, it was 

included into the family Iridoviridae. Today, however, it is designated as the sole member of 

Asfarviridae family, as well as the single species of its genus Asfivirus. “Asfar”-viridae is an 

acronym derived from African swine fever and related viruses. It is the only known DNA Arbovirus 

(arthropod-borne virus) (DIXON et al. 2013). Thus, it is a unique agent, only seeming to be related 

closer to unclassified giant viruses, including Kaumoebavirus, Faustoviruses and Pacmanvirus, 

sharing about 30 genes with them (ANDREANI et al. 2017). 

2.1.1.2. Viral structure and genome 

The virion of ASFV has a complex structure, consisting of genomic dsDNA, nucleoprotein core 

shell, inner lipid membrane, icosahedral protein capsid (= intracellular virion) and an outer lipid-

containing envelope (= extracellular virion) (figure 1). The diameter of an extracellular virus is 

175-215 nm (SALAS and ANDRÉS 2013). 

 

Figure 1. Illustration of the extracellular ASF virion, displaying its nucleoid and protein core shell, inner membrane, 

icosahedral capsid, and outer lipid envelope including its two known glycoproteins p54 and CD2v. Figure prepared 

according to WANG et al. (2021a).  
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The genome of ASFV consists of a covalently close, linear, double-stranded DNA. It encodes 

between 151-167 open reading frames and, depending on the isolate, the DNA varies between 

170 and 190 Kbp. The viral genome encodes at least 68 different structural proteins and non-

structural proteins intended for replication, immune modulation and repair. Nonetheless, the 

function of around half of the genes is not fully understood (ALEJO et al. 2018). 

2.1.1.3 Genetic typing and antigenic variability 

The main component of the viral capsid is the p72 protein encoded by the B646L gene. This gene 

is commonly used for genotyping. Hitherto, 24 different genotypes are described in Africa 

(BOSHOFF et al. 2007). However, only genotypes I and II are circulating globally (WADE et al. 

2019). Thus, p72 typing is used to identify closely related strains and its possible origins (BASTOS 

et al. 2003). Sequencing the central variable region within the B602-L gene as well as the E183-

L-gene encoding the p54 protein can further help to map closely related strains (NIX et al. 2006, 

GALLARDO et al. 2009, GALLARDO et al. 2011). 

Nonetheless, emerging new strain variants can be easily identified using whole-genome 

sequencing technology (ZANI et al. 2018).  

Importantly, genotypes do not determine the strains pathogenicity nor virulence. Better suited 

for this purpose is the classification of ASFV isolates into serogroups based on the CD2v protein 

encoded by the EP402R gene. This viral haemagglutinin protein is responsible for the 

haemadsortion property of the viral particle (MALOGOLOVKIN et al. 2015). Hence, this gene is 

assumed to be important for pathogenesis as well as replication in the vector (ROWLANDS et al. 

2009). The antibody-mediated inhibition of haemadsorption leads to a virus infection 

neutralization in vitro and partially protects against ASFV challenge in vivo (RUIZ-GONZALVO et 

al. 1996, BURMAKINA et al. 2016).  In addition, it is likely that more serogroups exist based on 

the haemadsorption properties of the C-type lectin-like protein (BURMAKINA et al. 2016). 

Altogether, ASFV is considered as very stable and presents a low overall mutation rate (DIXON et 

al. 2020). Nonetheless, the virus shows genetic and antigenic variability. This is not only due to 

the serotyping based on the specific haemadsorption properties but also because of the five 

different multigene families  where gene deletion and duplication lead to a different genome 

length (DE LA VEGA et al. 1990).  
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2.1.2 Epidemiology 

2.1.2.1 Disease distribution 

The disease ASF is endemic in East and Southern Africa in a sylvatic cycle between common 

warthogs (Phacochoerus africanus) and soft ticks (Ornithodoros moubata), where it allegedly 

originated (MULUMBA‐MFUMU et al. 2019). The disease was first reported in domestic pigs in 

Kenya 1921 (MONTGOMERY 1921). Due to the importation of European domestic pigs into 

Africa shortly before the first outbreak, the balance of the ancient natural cycle between hosts 

and the causative agent was disrupted (SCOTT 1965, PINI and HURTER 1975). By the end of the 

1950s, ASF was found in most countries in Eastern, Southern and Central Africa (WILKINSON 

and PENSAERT 1989, PLOWRIGHT et al. 1994). The virus then spread to Western Africa 

(NATIONS 2000). The first international case in Europe was reported in 1957 in Portugal, 

probably due to importation of infected pork products fed as swill (MANSO RIBEIRO et al. 1963). 

Over the course of 50 years (1957 – 2007), the virus appeared in central American countries, 

Brazil (ANDRADE 1981, WILKINSON and PENSAERT 1989) and in several European countries 

(CWYNAR et al. 2019). All non-African regions, except Sardinia, managed to eradicate ASF by 

depopulation until the turn of the century (ARIAS and SÁNCHEZ-VIZCAÍNO 2002). In sub-Saharan 

African countries ASF is still endemic (GAVIER-WIDÉN et al. 2020).   

With growing globalisation, increasing demand of pork and the still very diverse biosecurity 

measures and outbreak response systems, the disease reappeared 2007 in the Republic of 

Georgia (ROWLANDS et al. 2008), steadily spreading to other Transcaucasian countries, Baltic 

States and Russia (GOGIN et al. 2013). Upon the arrival of the virus to China in 2018 (WANG et 

al. 2018), the disease had made the jump to the Asian continent, where it spread rapidly, even 

reaching remote regions such as Papua New Guinea (MIGHELL and WARD 2021). So far, only 

the continent of North America did not report an ASF case (figure 2). 
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Figure 2. Countries where ASF outbreaks in wild boar or domestic pigs have been confirmed since the agent’s 

identification. Information collected from OIE-WAHIS (ANON. 2021b) and CISA-INIA (ANON. 2021a). Accessed on: 

01/08/2021. 

 

2.1.2.2 Host range and epidemiological cycles 

ASFV has a narrow host range. It includes vertebrae hosts from the suidae family as well as 

invertebrate hosts from the soft tick genus Ornithodoros as arthropod vectors (JORI and BASTOS 

2009). No zoonotic potential of the agent has been reported so far. This may be due to the lack 

of related viruses in human hosts that could be used as recombination partners and the low 

recombination and mutation rate as a result of an accurate DNA proof-reading polymerase 

(DIXON et al. 2020). 

The transmission cycle of ASF depends on various factors, including geographical distribution of 

hosts, climate, pig production system and humane interaction. Therefore, transmission pattern 

is different in Asia, Europe and Africa as illustrated in figure 3.  
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Figure 3. Different ASF transmission cycles and correlation between its agents. Blue arrows represent transmission 

routes in Africa, black arrows in Europe and red arrows in Asia. 

 

2.1.2.2.1 Warthog-tick cycle 

This sylvatic cycle is common in Eastern and Southern Africa because of endemicity of genotypes 

I–XXII and XXIV (BASTOS et al. 2003, BOSHOFF et al. 2007, ACHENBACH et al. 2017). There is no 

clear evidence describing the presence of this cycle in Western and Central Africa. The cycle is 

maintained between the virus’s natural hosts, i.e. soft ticks from the Ornithodoros moubata 

complex transmitting to warthogs. Other swine species including bushpigs (Potamochoerus spp.) 

and giant forest hogs (Hylochoerus meinertzhageni) are known to be susceptible for ASFV 

(MONTGOMERY 1921), but no exact estimate of prevalence within these hosts are recorded 

(JORI et al. 2007). Moreover, bushpigs are nocturnal, secretive animals, less populated, show 

lower infection rates (WILKINSON et al. 1988) and, in case of Hylochoerus species, live in densely 

forested areas. Thus, it appears highly unlikely that these species are implicated in the 

transmission of ASFV. 

Warthogs remain asymptomatic carriers and cannot transmit the disease to other vertebrae 

hosts. Therefore, this cycle relies on the ticks (THOMSON et al. 1980, PLOWRIGHT et al. 1981). 

Tick bites infect warthogs within the first 6-8 weeks of life, while they are still in the burrow (the 

natural habitat of Argasid ticks). Consequently, a viraemia is developed in young warthogs after 
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2-3 weeks which can lead to the infection of other ticks. Viral levels of up to 103 50 % 

haemadsorbing doses per ml (HAD50/ml) are found in the bloodstream after one week of 

infection and decrease over time. After a short period warthogs recover and show no clinical 

signs (THOMSON et al. 1980). ASFV can be found in lymphatic tissues of warthogs of any age, 

with high viral levels of over 106 HAD50/g (THOMSON et al. 1980). Warthogs they remain infected 

throughout their lifetime (WILKINSON et al. 1988). Another key aspect favourable to the long-

term persistence of the disease is the long infectivity of ticks in various seasons due to diverse 

transmission routes: transstadial, venereal and transovarial transmission within tick populations 

allow the virus to be independent of viraemic hosts (GAUDREAULT et al. 2020).  

 

2.1.2.2.2 Domestic pig-tick cycle 

Occasional spill-over to domestic pigs have been described in sub-Saharan Africa (COSTARD et 

al. 2013), especially when they share common grounds with warthogs or ticks establish burrows 

on farms. Another viable option is bringing back infected warthog carcasses to a populated area 

after hunting. Thus, infected pigs and/or ticks reach the premises of pigs pens. In Eastern and 

Southern Africa this cycle is linked with genotypes VIII and XXIV and historically in the Iberian 

peninsula with genotype I (PENRITH 2020). On Portuguese ground, ASFV has been linked to 

Ornithodoros erraticus as the arthropod vector, which can be present in pig farms (BOINAS et al. 

2011). Having found ticks as reservoir and being transmitted mostly between the domestic pigs, 

ASFV can persist without the need of African wild suids (WILKINSON 1984).  

 

2.1.2.2.3 Domestic pig cycle 

Within this cycle, once ASFV is introduced from wild suids to naïve domestic pigs, the virus 

circulates among domestic pig herds without the active contribution of wild suids nor ticks 

(BELTRAN-ALCRUDO et al. 2017). Genotypes I–X, XII, XIV–XXIV have been identified in domestic 

pigs within the area where the classic sylvatic cycle is also present (HAKIZIMANA et al. 2021). On 

the other hand, genotypes I or II circulate among domestic pigs causing ASF outbreaks on a global 

scale (ROWLANDS et al. 2008, GE et al. 2018). Transmission modes in this cycle are diverse. Direct 

transmission can be carried out through contact between healthy and infected animals via oro-

nasal ingestion of contaminated secretions, especially blood and excretions. Nevertheless, 
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indirect transmission due to human intervention plays the key role for the rapid and wide disease 

spread: infected pork products that are fed as swill as well as contaminated fomites (vehicles, 

premises, clothes) that are transported to other naïve pig populations can transmit the virus 

(CHENAIS et al. 2019). Ticks can be involved, but do not play a major role in ASF spread within 

domestic pig herds in Europe (FRANT et al. 2017). In addition, mechanical transmission through 

other arthropod vectors poses a possibility but is still not considered to play a crucial role 

(BOKLUND et al. 2018, BALMOȘ et al. 2021). Another knowledge gap is the carrier-domestic pig 

as a potential source of infection in non-endemic areas. Although this transmission route was 

demonstrated in a small study by EBLÉ et al. (2019), there is still no clear evidence regarding its 

viability in long-term real settings (STÅHL et al. 2019). 

 

2.1.2.2.4 Wild boar-environment cycle 

The Eurasian wild pigs, i.e. feral pigs (Sus scrofa ferus) and wild boars (Sus scrofa domesticus), 

play a pivotal role in this European cycle, where genotype II is circulating since 2007 

(MALOGOLOVKIN et al. 2012). This cycle was first described when ASF reached the Spanish 

peninsula in the 1960s, which is a natural habit for Sus scrofa. After 2007, this pattern was further 

reported in Central and Eastern Europe, where wild boars are widely present and freely move 

through borders. Here, it was reported that Eurasian wild boars, which are densely present 

especially in Poland and the Baltic States, were able to maintain ASFV without the need of 

domestic pigs reintroducing the virus (CHENAIS et al. 2019). Quantitatively, wild boars excretes 

the same amount of virus as domestic pigs and, thus, the epidemiological dynamic is similar 

between wild boar and domestic pig herds (ARIAS and SÁNCHEZ-VIZCAÍNO 2002). Carcasses and 

the surrounding area can retain ASFV for long periods of time and facilitate further viral spread. 

Transmission can occur either directly through scavenging wild pigs or indirectly via 

contaminated soil (CHENAIS et al. 2019).  

 

2.1.2.3 Tenacity, transmission, and infectivity 

ASFV shows great resistance to physical and chemical factors. Since it is a highly stable virus, it 

remains viable for long periods in blood, faces and tissues as well as in the environment and 

contaminated raw pork products. Especially cold, humidity and high protein content are factors 
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that enhance the viability of the virus. European Food Safety Authority (EFSA) published a 

“scientific review on African Swine Fever” in 2009 listing the viability in different matrices 

(SANCHEZ-VIZCAINO et al. 2009). The virus can survive for up to 3 years in frozen pork products 

and for 15 weeks in chilled meat. Uncooked pork products can remain infectious for 3 to 6 

months. These contaminated pork products seem to play a pivotal role in the viral spread at an 

international level (KOLBASOV et al. 2018). In blood, ASFV can survive up to 18 months at room 

temperature and up to 6 years at +4 °C. Up to 109 HAD50 /ml could be detected in blood and up 

to 105 HAD50/ml in faeces, saliva and urine (GUINAT et al. 2014). Moreover, the virus can survive 

in putrefied blood for 15 weeks and in faeces for 11 days (SANCHEZ-VIZCAINO et al. 2009).  

Blood is thus the matrix that carries the highest viral load among body fluids and is considered 

to be the raw material with highest infectivity (BLOME et al. 2013). Although other body fluids 

contain less virus and their viability depend mainly on the environmental temperature, they can 

pose a risk particularly when climate conditions and biosecurity measures are advantageous 

(AUTHORITY 2014). 

Additionally, it was discovered that ASFV persisted for 150 days at 4 °C in skeletal muscle and for 

6 months in bone marrow at -4 °C (KOWALENKO et al. 1965). These reports might explain why 

carcasses of wild suids play a role in ASF spreading.  

There is no reliable evidence for vertical transmission of ASFV during the gestation period. In 

addition, no sexual transmission in pigs has been documented, notwithstanding the fact that viral 

particles are found in genital fluids (DE CARVALHO FERREIRA et al. 2012). Thus, this route of 

infection is still considered as a possibility, which encouraged the OIE to publish a 

recommendation to reduce the transmission risk especially regarding artificial insemination 

(HEALTH 2019c).  

Another direct route of transmission that has been shown to be effective to carry infectious 

particles is through aerosols in short distances (DE CARVALHO FERREIRA et al. 2013, OLESEN et 

al. 2017).  

Indirect transmission through contaminated inanimate fomites, such as clothes and vehicles, is 

possible (SÁNCHEZ-VIZCAÍNO et al. 2013, MAZUR-PANASIUK et al. 2019). Furthermore, in-vitro 

studies showed that pig ration can carry viral particles (NIEDERWERDER et al. 2019, STOIAN et 

al. 2019). Nonetheless, there are no reports on ASFV being detected in animal feed so far 
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(SHURSON et al. 2021). Further research is needed to fully understand fomites as a potential 

source of infection. 

The stability of ASFV in soil depends on pH, ambient temperature and soil structure (CARLSON 

et al. 2020). The virus is highly stable at a pH range of 4-11 (HEALTH 2019a). Not favourable for 

virus survival are rather acidic soils. For example, adding citric acid and calcium hydroxide 

resulted in complete inactivation in all soil types (CARLSON et al. 2020). Additionally, peracetic 

acid also succesfully decreases ASFV infectivity in various soil types (TANNEBERGER et al. 2021). 

Since ASFV is enveloped, lipid solvents, detergents and commercial disinfectants based on 

phenolic compounds and iodine are effective for virus inactivation (DE LORENZI et al. 2020). Each 

country has its own licenced ASF disinfection products. For this purpose, the OIE has listed all 

recommended chemicals for ASFV (HEALTH 2019a). Regarding temperature, the virus is easily 

inactivated with heat: recommended are 56 °C for 70 minutes or 60 °C for 20 minutes (HEALTH 

2019a).  

Finally, morbidity within the herd might vary greatly depending on the swine species, type of pig 

production system, management, and biosecurity measures present. Although highly lethal in 

naïve pig populations, ASF is not as infectious as other transboundary animal diseases, such as 

foot-and-mouth disease (BELTRAN-ALCRUDO et al. 2017) or classical swine fever (CSF) (SCHULZ 

et al. 2017). 

 

2.1.3 Pathophysiology 

2.1.3.1 Pathogenesis  

Key aspects of ASFV pathogenesis include a severe lymphoid depletion, leading to a state of 

immunodeficiency, and vascoendothelial damages inducing the characteristic hemorrhagic 

lesions of the disease (SALGUERO 2020). 

The main infection occurs via oro-nasal route, where the virus reaches the tonsils and the 

respiratory tract. The first replication takes places in the lymphoid tissues of the nasopharynx. 

Other routes have been described, including skin injuries, injections and tick bites (PENRITH and 

VOSLOO 2009). ASFV replicates primarily in the cytoplasm of monocytes and macrophages of the 

lymph nodes close to the entry point. The incubation period of the virus ranges between 3-19 

days (HEALTH 2019c). Afterwards, viral spreading in the host occurs through the bloodstream 
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(associated with erythrocyte membranes) or the lymphatic system around 2-8 days post-

infection. This viraemia usually persists for longer periods of time due to the lack of effective 

neutralizing antibodies. ASFV can then spread to different organ systems, including lymph nodes, 

kidney, lungs, spleen, liver, and bone marrow. At this stage of infection, secondary replication of 

ASFV takes place in affected organs and can also affect other cells, including megakaryocytes, 

neutrophils, fibroblasts, hepatocytes, dendritic cells and endothelial cells (TRUYEN et al. 2015).  

At the cellular level, ASFV causes damage in different ways. Infected cells show high phagocytic 

activation and secretory behaviour. Thus, macrophage activation and a secretion of cytokines 

(e.g. IL-1 und TNFα), complement factors and arachidonic acid derivatives are stimulated. 

Haemostasis is then compromised and further leads to endothelial cell damage. The resulting 

consequence is microthrombosis. The proinflammatory cytokines furthermore provoke 

lymphocyte apoptosis (lymphopenia), leading to a generalized immunodeficiency of the host. 

Additionally, the effect of megakaryocytes and the coagulopathy lead to a thrombocytopenia 

during ASFV infection. Characteristic lesions with haemorrhagic tendency ensue. Summarizing, 

the pathogenic effect of ASFV on primary target cells lead to acute phase reactions, activation of 

endothelial cells, apoptosis and inflammation (BLOME et al. 2013). 

Although these processes are widely regarded as proven by the scientific community,  there are 

still knowledge gaps regarding ASFV pathogenesis: viral receptors, cellular and humoral 

interactions and viral immune evasion mechanisms are not yet fully understood 

(WOZNIAKOWSKI et al. 2016, BLOME et al. 2020).  

 

2.3.1.2 Clinical signs and pathological findings 

The disease can affect all ages and both sexes in swine herds. 

Clinical picture of ASF can be divided into four forms, and are mainly associated with strain 

virulence (table 1). Other factors affecting the clinical course of ASF are route of infection, 

individual host background, infection dose as well as endemic status of the affected area.  
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Table 1. Summary of the ASF forms and its characteristics. Source of information: BELTRAN-ALCRUDO et al. (2017). 
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2.3.1.3 Differential diagnosis 

A definite clinical picture is not found in case of infection with ASFV. An affected animal can show 

none, one or more sets of clinical signs, especially in the early stages of the disease. Therefore, 

only laboratory diagnosis is conclusive.  

Generally, any febrile disease in swine associated with haemorrhages and high mortality should 

lead to ASF suspicion. Clinical signs and pathological findings are often non-specific. Thus, ASF 

needs to be differentiated from other diseases (BELTRAN-ALCRUDO et al. 2017, HEALTH 2017, 

HEALTH 2019a) (table 2). 

 

Table 2. Summary of differential diagnosis of ASF and its distinctive traits. 

 
Disease 

 
Aetiology 

Main distinguishing 
clinical signs 

Main distinguishing post-
mortem findings 

Classical swine fever 
(CSF) 

Pestivirus (Flaviviridae) Conjunctivitis; 
ataxia and central 

nervous symptoms 
in young pigs; 
yellow-grey 
diarrhoea; 

prolonged clinical 
course 

Encephalitis; “button” 
mucosal ulcers of the 

gastrointestinal tract, larynx, 
and epiglottis 

Porcine reproductive 
and respiratory 

syndrome (PRRS) 

PRRS-Virus (Arteriviridae) Intensified 
respiratory distress 

No enlarged spleen; thyme 
atrophy 

Aujeszky’s disease Suid herpesvirus 1 
(Herpesviridae) 

Great variation, 
including 

hypothermia, 
trembling, ataxia, 

rhinitis and 
sneezing 

Necrotic enteritis; 
encephalomyelitis; 

pathognomonic white spots 
on liver of young piglets 

Porcine dermatitis 
and nephropathy 

syndrome 

Porcine circovirus 2 
(Circoviridae) 

Symptoms mostly 
in adult pigs 

Increased fluids in body 
cavities and synovia; 

subcutaneous oedemas; 
enlarged pale kidneys 

Poisoning Various compounds, e.g. 
coumarin-based poisons, 
fungal toxins, pesticides 

Rapid death, few 
clinical signs and 

lesions and afebrile 
hosts 

Various 

Erysipelas Erysipelothrix rhusiopathiae Characteristic 
diamond-shaped 

skin lesions in adult 
pigs 

Arthritis; endocarditis; 
pleural-, peritoneal 

haemorrhage 

Bacterial 
septicaemias 

e.g. Salmonella enterica, 
Staphylococcus spp., 
Streptococcus spp., 

Haemophilus parasuis, 
Actinobacillus 

pleuropneumoniae 

Sings vary in 
severity and 

especially juvenile 
animals are 

affected 

Endocarditis; enteritis; 
occasional encephalitis; 

miliary necrotic foci in the 
liver; absence of vascular 
lesions in the spleen and 

lymph nodes 
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2.2 Available diagnostic tools for ASFV 

The presence of ASF can only be confirmed through laboratory diagnosis, either detecting the 

agent or its immune footprint. Which approaches are suited best depend on the laboratory 

capacity of the affected area and the epidemiological situation. The OIE published validated 

detailed guidelines for recommended ASF diagnostics, where aim, performance and fitness of 

purpose is described for each technique depending on the epidemiological context (HEALTH 

2019b). Here, sensitivity, workload and significance of test results are depicted as main 

characteristics. Figure 4 provides a summarising overview of recommended ASF diagnostic tools. 

 

Figure 4. Diagram showing recommended diagnostic techniques for ASF, including time needed, cost implication, 

sensitivity (Se) and specificity (Sp). Data summarized from a report on ASF (BELTRAN-ALCRUDO et al. 2017). 
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2.2.1 Diagnosis based on immune response  

Since there is no vaccine available, antibodies against ASFV always indicate an infection. 

Antibodies are usually developed after 7-10 days post-infection and persist over months or even 

years. However, there are no fully neutralising antibodies (ARIAS and SÁNCHEZ-VIZCAÍNO 2002). 

Immune response against ASF depends furthermore on the strain virulence, high virulent isolates 

usually cause death without antibody development. Thus, they are not suited for early agent 

identification. In contrast, infection with certain low virulent strains may only be traced using the 

serological approach. Serological tests are rather simple and low-cost, which makes them a good 

screening candidate for blood or serum samples. The bottleneck remains the sensitivity of these 

tests, which is generally lower than nucleic acid-based tests (BELTRAN-ALCRUDO et al. 2017) 

To confirm clinical cases, an enzyme-linked immunosorbent assay (ELISA) for antibody detection 

in serum or plasma is commonly used (GALLARDO et al. 2019a). Indirect ELISAs have also been 

validated (ESCRIBANO et al. 1989, PASTOR et al. 1990) and several ELISA commercial kits are 

available. Nonetheless, inaccurate sample handling and preparation can result in false positive 

results and a clean workflow is of utmost importance. Therefore, secondary confirmatory tests 

are always recommended for positive or doubtful results (BELTRAN-ALCRUDO et al. 2017) such 

as indirect immunoperoxidase test (GALLARDO et al. 2015), indirect fluorescent antibody test 

(SANCHEZ-VIZCAINO 1987) and immunoblotting test (PASTOR et al. 1989).  

 

2.2.2 Diagnosis based on direct agent identification 

Different methods are validated for direct ASFV detection. Samples that can be tested include 

anticoagulated blood (EDTA), serum or tissues (especially lymph nodes, kidney, tonsils, bone 

marrow, spleen, lung). 

Most used for viral genome detection is Polymerase Chain Reaction (PCR) due to its superior 

sensitivity, specificity, and high sample throughput. Additionally, PCR can identify ASFV even in 

degraded or putrefied tissues. However, it does not discriminate between infectious or non-

infectious viral particles. A positive PCR results (with live or inactivated virus) is enough to 

determine the agent’s circulation in disease-free countries. For this reason, an assays sensitivity 

is of utmost importance. Validated conventional PCR (BASTOS et al. 2003, AGUERO et al. 2004, 



16 
 

BASTO et al. 2006) and real-time PCR (KING et al. 2003, TIGNON et al. 2011, FERNANDEZ-PINERO 

et al. 2013) are widely in use.  

Haemadsorption test (HA) can be used for confirmation of viral presence and is considered as 

gold standard (CARRASCOSA et al. 2011, DE LEÓN et al. 2013). This is based on the aggregation 

of pig erythrocytes to the surface of ASFV infected monocyte-macrophage-lineage cells 

(haemadsorption), producing typical rosette forms (ENJUANES et al. 1976). Nonetheless, not all 

ASFV isolates show a HA phenotype (THOMSON et al. 1979, GONZAGUE et al. 2001, GALLARDO 

et al. 2019b). Other matrices including bone marrow cells, primary leukocyte or alveolar 

macrophages cultures can be used for virus isolation through cell infection, regardless of the HA 

phenotype. Indirect fluorescent antibody test (IFAT) is used for infected cell identification.  

ASFV antigens can be used for agent identification. Nonetheless, antigen detection has a 

relatively low sensitivity and should always be confirmed with a gold standard method (PCR or 

HA). Commercial kits exist based on sandwich ELISA (HEALTH 2019b). Another viable antigen 

detection method is direct FAT, where a positive result from the first week post-infection 

together with a clear clinical picture can lead to a presumptive ASF diagnosis. Moreover, it can 

be used to detect antigens from non-haemadsorbing ASF strains, since antigens can be detected 

in leukocytes which show no HA (HEALTH 2019b).  

 

2.3 Gaps in ASFV diagnostics 

Surveillance and ASFV detection are essential for disease prevention. Not only border controls 

need to be improved to minimize the risk of disease introduction to new regions, but also passive 

and active surveillance are to be enhanced (ÁLVAREZ et al. 2019). Knowledge gaps regarding ASF 

diagnostics can be divided into three main pillars. 

The first pillar represents the knowledge gap of in-depth understanding of the virus’s 

characteristics. These include the viral tenacity in the environment, antibody development and 

virus growth kinetics (especially in survivors and persistently infected swine). All of these 

characteristics lead to different epidemiological scenarios and thus are important to understand 

the infection dynamics. Additionally, whole ASFV genomic analyses and genetic markers are 
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needed to adapt diagnostic test development to new strains and variations arising (BLOME et al. 

2020).  

The second pillar comprises the further optimization of validated diagnostic tools. Existing 

techniques used, e.g. virus isolation, must be improved and cell lines should be further developed 

for sufficient and effective virus replication. Moreover, there is a generalized need for advanced 

and harmonized protocols. For example, standard operating procedures for diagnostics testing 

already exist in Europe and are made available by the European Reference Laboratory for African 

swine fever, the Animal Health Research Center (CISA-INIA) (BLOME et al. 2020). 

The third and last group deals with surveillance research gaps, as postulated by all ASF 

stakeholders. There is an urgent need for improved carcass detection methods, optimized 

sampling protocols (e.g. animal ration, carcasses, wild boar) as well as sensitive and rapid field 

diagnostic tests (ÁLVAREZ et al. 2019).  
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4. Discussion 

Sensitive and fast African swine fever (ASF) diagnosis is the first step towards effective disease 

control. On-site testing options are being continuously developed but need further 

improvement, harmonization, and implementation. 

In our study we developed a highly sensitive and deployable assay for direct ASFV diagnosis 

based on recombinase polymerase amplification (ASFV-RPA). The limit of detection of ASFV-RPA 

was 3.5 DNA copies per µl. All screened ASFV genotypes (including European and African isolates) 

were detected while no other viral nucleic acids were identified. Using the standardized DNA 

extraction method in ASFV-RPA, and compared to real-time PCR, diagnostic sensitivity and 

specificity were 100%. To ease the applicability on site a rapid heat/ lysis buffer extraction 

protocol was tested and showed promising results, achieving 97% of positivity rate compared to 

a 38% of the real-time PCR. When deploying the assay in a field study in Uganda, ASFV-RPA 

detected 11 samples as positive, including 2 known afebrile animals (thus detecting the 

circulating virus even before onset of clinical symptoms).  

Generally, PCR is regarded as gold standard for animal and human pathogens and widely 

accepted by all communities due to its high sensitivity and specificity. Point-of-need tests (PONT), 

however, are still considered as rather new, although they have been on the market for the past 

two decades and are continuously being improved. An added difficulty for PONT in animal 

science represents the lack of concrete regulations for its development and implementation. 

They can be an asset for animal disease surveillance and outbreak investigations in the field, 

reducing the time between sample taking and result delivery coupled to surveillance systems. 

PONT can deliver essential first-line surveillance data, which is a key aspect for an outbreak 

control and strategies to run effectively and ease decision making. Nonetheless, broad 

acceptance and faster validation regulations are still lacking (HANSEN and ABD EL WAHED 2020). 

Furthermore, field applicability of PONT differs within high income countries and low- and 

middle-income countries. While in developed countries the impact might not vary as much from 

gold standard testing procedures due to the existing infrastructure, countries with lower 

resources generally present a heavy burden of disease and often lack the necessary framework 

(URDEA et al. 2006). Moreover, other important factors posing a problem include lack of 

compensation in case of an animal disease outbreak, insufficient legal structures and their 
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enforcement (QIU et al. 2021). In these settings, PONT could improve testing outcomes and 

animal-health related data. Official validation criteria for such on-site tests for animal diseases 

are still lacking. In human science, tests that are performed at the patients bed-side are known 

as “point-of-care”, and the World Health Organization denominated the “ASSURED criteria” for 

their development: affordable, sensitive, specific, user-friendly, rapid, robust, equipment-free 

and deliverable to end users (WU and ZAMAN 2012). There is a need for formulation and 

application of these criteria to animal PONT, especially for transboundary diseases like ASF, 

which have severe consequences and rely on fast diagnosis.  

In high income countries such as Germany, PCR is the recommended tool to determine ASF 

outbreaks. The German infrastructure is well established and financial resources allow this 

detection method to be regularly used. Depending on the number of samples, a primary result 

can be obtained usually in around 6 hours (BORGWARDT 2014). In case of a positive or doubtful 

result, the sample needs to be examined by the national reference laboratory (Friedrich-Loeffler-

Institut) (FRIEDRICH-LOEFFLER-INSTITUT 2019). In this setting, ASFV-RPA, as a PONT, could offer 

an asset for on-site ASFV detection: blood testing of suspected outbreaks in wild boar or in pig 

production farms could ease the pressure on rapid PCR sample transport and laboratory testings. 

However, they could induce the implementation of first important control measures. A negative 

result could further help better and faster assess the epidemiological situation directly on-site, 

minimizing risks and pressure on the involved stakeholders.  

In low- and middle-income countries, where infrastructure and resources are scarce and not 

always available, PCR results can take many days to be delivered. Correct sample transport 

(avoiding PCR inhibitors, contamination and deterioration) and cold-chain maintenance can also 

pose a problem and cause false negative results (SCHRADER et al. 2012, BELTRAN-ALCRUDO et 

al. 2017). These bottleneck aspects in ASF detection could be avoided with a PONT test like ASFV-

RPA. With high sensitivity and specificity, being robust and deployable and thus reducing the 

need of sample transport, ASFV-RPA could offer field-data in real time.  

However, not only the actual detection of the agent can be difficult, but also the consequences 

that come with a defined ASF outbreak. A compensation and incentive policy in case of an ASF 

outbreak remains still a key aspect to overcome in low-resource settings, as well as keeping social 

and cultural issues within the pig farmer’s heterogenicity in mind (BARNES et al. 2015) . In 
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addition, international  and multi-centered collaboration can be significant for successful on-site 

ASF test implementation. The needs “in the field” must be acknowledged by all researchers, 

developers and actors involved (DERDA et al. 2015), maximizing efforts and knowledge exchange. 

Within this line, interdisciplinary research can enhance and fasten PONT development (WANG et 

al. 2016). Thus, close cooperation among stakeholders, appropriate trainings as well as making 

supplies available are necessary to evaluate disease-control agendas effectively and make them 

more sustainable. For ASF test implementation, this might include the preliminary testing of all 

known ASFV genotypes, an appropriate legal and logistical context, staff training, assessment of 

the test’s practicality in the field as well as the valuable feedback of those implementing it on 

site. 

Many on-site testing methods have been developed for ASF. Nevertheless, the field applicability 

of every technique varies.  

Antigen and antibody detection in form of lateral flow devices (LFD) have been developed for 

ASF, being easily applicable in the field as it is a simple and cheap visualization method (SASTRE 

et al. 2016a, SASTRE et al. 2016b). Furthermore, no expensive equipment is needed. 

Nonetheless, sensitivity of pen-side LFD still needs to be improved to be comparable to 

laboratory-based testing. Moreover, antigen detection based on ELISA or FAT is only suitable for 

early disease detection (HEALTH 2019b). However, ASF-antibodies are not always suited to 

correctly assess the ASF epidemiological situation. Direct viral detection in the field can be more 

accurate to determine whether the agent is circulating or not, especially in disease-free countries 

where early detection is pivotal (HEALTH 2019c).  

In the last few years, efforts are being made to adapt gold-standard PCR at point of need for 

direct ASFV detection, as it is the most sensitive and specific method and which allows high-

sample throughput with automation (HEALTH 2019b). The aim is to reduce workload and 

equipment while maintaining its high performance. Different formats are used for this purpose, 

including LFD (ZENG et al. 2020), pen-side tests (LIU et al. 2019, DAIGLE et al. 2020) and 

nanofluidic chips (JIA et al. 2021). Results are very promising, but contamination of the PCR 

reaction must be avoided, and production costs are still high since specific equipment is needed. 

Moreover, cold chain for reagent storage must be maintained. Reagents lyophilization is being 

further developed to ease the practicality on site (WANG et al. 2020). Especially the nucleic acid 

extraction procedure from samples still poses a challenge for accurate molecular diagnosis (ALI 
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et al. 2017). Faster and effective extraction approaches including cartridge-based kits and 

magnetic beats have been applied and show good applicability. The drawbacks include the need 

of additional pipetting steps and/or expensive magnetic devices (LIU et al. 2019, DAIGLE et al. 

2020, CHEN et al. 2021). Another simple method, only needing basic equipment and consisting 

of one heating step, lysis buffer and dilution, has been shown to be effective for ASFV inactivation 

and extraction, both in this study and in others (CERUTI et al. 2021, ZHANG et al. 2021). The 

dilution step, however, still needs to be optimized since it can affect the assay’s sensitivity, 

especially when using PCR (LIU et al. 2019). This heat/lysis procedure is easy to handle, affordable 

since no magnetic device is needed and suited for on-site testing. This method was used together 

with an isothermal amplification method and LFD, achieving promising results (ZHANG et al. 

2021). Isothermal amplification has gained a lot of attention in the last few years as a genomic 

detection method. Common isothermal techniques, such as cross-primer amplification and loop-

Mediated Isothermal Amplification, are described for ASFV with sensitivities between 70-90%, 

25-60 minutes reaction time, 56-66 °C reaction temperature and more than two sets of primers 

(WOŹNIAKOWSKI et al. 2018). Another isothermal method, named Recombinase Polymerase 

Amplification (RPA) is emerging in the market over the past decade (LI et al. 2018) and was used 

in the present study. RPA only needs two primers, 39-42° C and around 15 minutes reaction time. 

For ASFV, sensitivities over 90% have been reached, including readouts based on LFA (MIAO et 

al. 2019, ZHAI et al. 2020, ZHANG et al. 2021), direct dye addition (ZHANG et al. 2020) and 

fluorescent detection (FAN et al. 2020, WANG et al. 2021b). The reagents can be stored at room 

temperature and the workflow is easy to handle. While sample contamination of any kind is a 

factor to consider when taking tests into the field, closed fluorometers reduce this risk. When 

using LFA and direct addition of dye to the RPA reaction, contamination can happen more easily. 

Nonetheless, closed-tube devices are usually more costly and need a power supply. Addressing 

the common PONT problems of contamination, complex extraction protocols and low sensitivity, 

ASFV-RPA offers a closed-tube system and a cheap and fast extraction method while maintaining 

its high sensitivity.  

In summary, every ASF PONT detection method sets its own unique settings in which it can be 

useful, especially regarding the applicability on site. Nonetheless, laboratory-based confirmatory 

tests or interpretation of animal test results are still regarded as necessary (BUSIN et al. 2016). 

Hitherto, a combination of indirect and direct ASFV detection methods can deliver the most 
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epidemiological information in the field. For direct detection, isothermal amplification methods 

meet the needs for accurate ASFV diagnosis on-site. 

ASFV-RPA is shown to be a sensitive, specific, user-friendly, rapid, robust, and deliverable to end 

users PONT test, although one drawback is the need of a closed-tube fluorometer and the 

suitcaselab. However, since it is a maintenance-free set-up, this only adds to the initial costs and 

needs to be compared to other set-ups in terms of affordability and outcome. Thus, all 

“ASSURED” criteria are addressed or fulfilled. An important aspect in PONT development is its 

clinical validation in resource-limited settings. With this purpose in mind, ASF-RPA was deployed 

in a small pilot study in Uganda. In doing so, a multi-centered approach was carried out, including 

one center in a high-income country (German laboratory) and one in a low- or middle-income 

country (field-deployment in Uganda).  

Usually, sample taking relies on passive reporting of symptomatic pigs. When testing for active 

surveillance in the field, early detection of the disease, including low virus titer in asymptomatic 

animals, can be an invaluable asset. Therefore, highly sensitive test methods in a portable format 

are necessary. ASFV-RPA was able to detect even afebrile pigs in a suspected outbreak in Uganda, 

thus indicating its potential to detect the virus even before symptoms appear.  

Although PONT have shown to have a bright potential for ASFV control, the future of these 

technologies demands more general acceptance for animal diseases, field diagnostic data, 

automation, and higher throughput for large scale implementation. Moreover, the tests need to 

be affordable and national policy must endorse its regulated implementation. Additional steps 

complementing ASFV-PONT, such as sequencing steps and quantification algorithms, could be 

useful for up-to-date strain information and enhance surveillance data. Combined with an 

international cooperation approach, improved and deployable ASFV detection methods such as 

ASFV-RPA could pave the way for a rapid, accurate and sustainable test approach, depending on 

the countries needs and resources. 

Overall, this study further underlines the potential of this isothermal amplification method for 

rapid and sensitive detection of ASFV. In combination with the rapid extraction procedure, ASFV-

RPA represents a user-friendly, sensitive, and practical test method that can contribute to the 

early detection of ASF on site. 
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Introduction: African swine fever virus (ASFV) causes a deadly viral disease in pigs. The virus has 

gradually spread throughout the world and was reported in Germany in September 2020. ASF 

outbreak can lead to huge economical loss. No vaccine is commercially available and thus, 

surveillance and early detection play a pivotal role to control an ASF outbreak. Polymerase Chain 

Reaction (PCR) is considered the gold standard for ASFV detection due to its superior sensitivity 

and specificity. However, it is time-consuming and requires well-equipped laboratories. Point-of-

need tests can offer an alternative, delivering fast and reliable results directly in the field.   

Objective: The aim of this study was to establish a field-deployable point-of-need test based on 

Recombinase Polymerase Amplification (RPA) to detect ASFV.  

Material and Methods: Three sets of primers and one probe based on the B646L gene which 

encodes for the viral capsid protein p72 were designed. All possible combinations were screened. 

Analytical sensitivity was tested with eight replicates of serial dilutions of the molecular standard 

(102-10° DNA copies per µl). The limit of detection was calculated using probit analysis. ASFV-

RPA’s specificity was tested using various viral nucleic acids of pathogens infecting pigs. To allow 

the deployment at point of need, two different extraction approaches were tested in ASFV-RPA 

with all 73 pig blood samples included in this study: a rapid heat/lysis buffer extraction method 

and a standardized spin-column based extraction kit. Diagnostic sensitivity and specificity were 

calculated for both test approaches. All results were compared to an established real-time PCR 
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for ASFV. A small pilot study for ASFV-RPA assay deployment was done in Uganda with 20 blood 

samples of a suspected outbreak using the field-deployable suitcaselab.  

Results: The calculated limit of detection of ASFV-RPA was 3.5 DNA copies per µl. All screened 

ASFV genotypes were detected while no other viral nucleic acids were identified. Using the 

standardized DNA extraction method in ASFV-RPA, and compared to real-time PCR, diagnostic 

sensitivity and specificity were 100%. The rapid heat/lysis buffer protocol showed very promising 

results, achieving 97% of positivity rate compared to a 38% of the real-time PCR. In Uganda, 

ASFV-RPA detected 11 samples as positive, including two known afebrile animals.  

Conclusion: Immediate agent detection is a key aspect of ASF outbreak control. ASFV-RPA is as 

sensitive and specific as a gold standard PCR for ASFV identification. Combined with the 

heat/lysis buffer DNA isolation step, the duration of the assay is around 25 minutes from sample 

collection to result readout, with a promising positivity rate of 97% which indicates tolerance 

against inhibitors. ASFV-RPA is a portable detection method, as revealed during the pilot field 

study in Uganda. Only requiring basic equipment and solar batteries, the suitcase lab is a 

promising tool for on-site diagnostics in resource limited settings to detect ASFV.   
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Einleitung: Das Afrikanische Schweinepest-Virus (ASPV) verursacht eine tödliche 

Viruserkrankung bei Schweinen. Dieses hat sich weltweit fortlaufend verbreitet und wurde im 

September 2020 erstmalig in Deutschland nachgewiesen. Der Ausbruch der Seuche kann 

schwere wirtschaftliche Verluste nach sich ziehen. Bis heute ist kein Impfstoff zugelassen, daher 

sind Überwachung der epidemiologischen Situation und der frühzeitige Erregernachweis 

unerlässlich für die Bekämpfung der Afrikanischen Schweinepest als Tierseuche. Die Polymerase-

Kettenreaktion (PCR) gilt als Goldstandard für den Nachweis von ASPV und zeichnet sich durch 

eine hohe Sensitivität und Spezifität aus. Allerdings erfordert die PCR gut ausgestattete 

Testlabore und ist zeitintensiv. Point-of-Need-Tests können schnelle und zuverlässige Ergebnisse 

direkt vor Ort liefern und stellen somit eine Alternative zum Goldstandard PCR dar. 

Ziel der Untersuchung: Ziel dieser Studie war es, einen Point-of-Need-Test zum Nachweis von 

ASPV zu entwickeln. Dieser beruht auf der Grundlage der Rekombinase-Polymerase-

Amplifikation (RPA) und sollte vor Ort einsatzfähig sein.  

Material und Methoden: Es wurden drei Primersätze und eine Sonde auf der Grundlage des 

B646L-Gens, welches für das virale Kapsidprotein p72 vom ASP-Virus kodiert, entwickelt. Alle 

möglichen Kombinationen wurden getestet. Die analytische Sensitivität wurde mit acht 

Wiederholungen von Verdünnungsreihen des molekularen Standards (102-100 DNA-Kopien pro 

µl) ermittelt. Die Nachweisgrenze wurde anhand einer Probit-Analyse dieser Durchläufe 

berechnet. Die Spezifität wurde mit verschiedenen viralen Nukleinsäuren von anderen das 
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Schwein infizierenden Erregern überprüft. Um den Test im Feld einsatzfähig zu gestalten, wurden 

mittels ASPV-RPA zwei verschiedene Extraktionsansätze mit allen 73 verfügbaren 

Schweineblutproben getestet: eine schnelle Hitze/Lysepuffer-Extraktionsmethode und ein 

standardisiertes Extraktionsverfahren auf Spin-Säule-Basis. Die diagnostische Sensitivität und 

Spezifität wurde für beide Testverfahren berechnet. Alle Ergebnisse wurden mit einer etablierten 

real-time PCR für ASPV verglichen. Eine kleine Pilotstudie zum Feldeinsatz des ASPV-RPA-Tests 

wurde in Uganda mit 20 Blutproben unter Verwendung des Kofferlabors durchgeführt.  

Ergebnisse: Die berechnete Nachweisgrenze von ASPV-RPA lag bei 3,5 DNA-Kopien pro µl. Alle 

untersuchten ASPV-Genotypen wurden detektiert, aber keine anderen viralen Nukleinsäuren. 

Bei Verwendung der standardisierten DNA-Extraktionsmethode mit anschließender 

Durchführung der ASPV-RPA lag die diagnostische Sensitivität und Spezifität bei 100%, wie auch 

mittels der real-time PCR. Auch das schnelle Hitze-/Lysepuffer Protokoll zeigte vielversprechende 

Ergebnisse und erreichte eine Positivrate von 97% mittels ASPV-RPA im Vergleich zu 38% bei der 

PCR. In Uganda wurden elf ASPV-RPA-Proben als positiv erkannt, darunter zwei fieberfreie 

asymptomatische Tiere.  

Schlussfolgerung: Der schnelle Erregernachweis stellt einen essenziellen Aspekt der ASP 

Seuchenbekämpfung dar. Die ASPV-RPA erwies sich als genauso empfindlich und spezifisch wie 

die Goldstandard-PCR zur Erregeridentifizierung. In Kombination mit dem Schritt der DNA-

Extraktion durch Hitze/Lysepuffer benötigt der entwickelte Test etwa 25 Minuten von der 

Probenentnahme bis zum Ergebnis. Die Positivrate ist mit 97% vielversprechend, wobei die ASPV-

RPA im Vergleich zur PCR eine höhere Toleranz gegenüber Inhibitoren aufwies. Wie die Pilot-

Feldstudie in Uganda mit dem Kofferlabor zeigt, ist ASPV-RPA eine im Feld einsatzfähige 

Nachweismethode. Das Kofferlabor bedarf lediglich einer Grundausstattung und einer 

Solarbatterie. Somit stellt das Kofferlabor eine vielversprechende Diagnostikmethode dar, 

welche vor Ort in ressourcenarmen Umgebungen zum Nachweis des ASPV eingesetzt werden 

kann. 

  



40 
 

7. References 

Abworo EO, Onzere C, Amimo JO, Riitho V, Mwangi W, Davies J, Blome S and Bishop RP. Detection of 
African swine fever virus in the tissues of asymptomatic pigs in smallholder farming systems along the 
Kenya–Uganda border: Implications for transmission in endemic areas and ASF surveillance in East 
Africa. J Gen Virol. 2017; 98(7): 1806-1814. 

 
Achenbach J, Gallardo C, Nieto‐Pelegrín E, Rivera‐Arroyo B, Degefa‐Negi T, Arias M, Jenberie S, Mulisa D, 
Gizaw D and Gelaye E. Identification of a new genotype of African swine fever virus in domestic pigs 
from Ethiopia. Transbound Emerg Dis. 2017; 64(5): 1393-1404. 

 
Aguero M, Fernandez J, Romero LJ, Zamora MJ, Sanchez C, Belak S, Arias M and Sanchez-Vizcaino JM. A 
highly sensitive and specific gel-based multiplex RT-PCR assay for the simultaneous and differential 
diagnosis of African swine fever and Classical swine fever in clinical samples. Vet Res. 2004; 35(5): 551-
563. 

 
Alejo A, Matamoros T, Guerra M and Andrés G. A proteomic atlas of the African swine fever virus 
particle. J Virol. 2018; 92(23): e01293-01218. 

 
Ali N, Rampazzo RdCP, Costa ADT and Krieger MA. Current nucleic acid extraction methods and their 
implications to point-of-care diagnostics. Biomed Res Int. 2017; 2017. 

 
Álvarez J, Bicout D, Boklund A, Bøtner A, Depner K, More SJ, Roberts H, Stahl K, Thulke HH, Viltrop A, 
Antoniou SE, Cortiñas Abrahantes J, Dhollander S, Gogin A, Papanikolaou A, Van Der Stede Y, González 
Villeta LC and Gortázar Schmidt C. Research gap analysis on African swine fever. EFSA J. 2019; 17(8): 
e05811. 

 
Andrade C. African swine fever in Brazil: 3 years of laboratory experience. FAO/CEE Expert Consultation 
on African Swine Fever Research; 1981 September 23; Sassari, Italy Food and Agriculture Organization 
of the United Nations (FAO). 

 
Andreani J, Khalil JYB, Sevvana M, Benamar S, Di Pinto F, Bitam I, Colson P, Klose T, Rossmann MG and 
Raoult D. Pacmanvirus, a new giant icosahedral virus at the crossroads between Asfarviridae and 
Faustoviruses. J Virol. 2017; 91(14): e00212-00217. 

 
Anon. CISA-INIA.  2021a (Retrieved on 01/08/2021). https://eysa-cisa-
inia.maps.arcgis.com/apps/MapJournal/index.html?appid=23e49a167cfb4c3fb2ab79b56b5bb742. 

 
Anon. OIE-WAHIS.  2021b (Retrieved on 01/08/2021). https://wahis.oie.int/#/dashboards/country-or-
disease-dashboard. 

 
Arias M and Sánchez-Vizcaíno JM. African Swine Fever. In: A Morilla, K-J Yoon and JJ Zimmermans. 
Trends in Emerging Viral Infections of Swine. Ames: Iowa State Press; 2002. 119-124. 

 
Authority EFS. Scientific Opinion on African swine fever. EFSA J. 2014; 12(4). 



41 
 

 
Balmoș O, Supeanu A, Tamba P, Cazan C, Ionică A, Ungur A, Motiu M, Manita F, Ancuceanu B, 
Bărbuceanu F and Mihalca A. Entomological survey to study the possible involvement of arthropod 
vectors in the transmission of African swine fever virus in Romania. EFSA Supporting Publications. 2021; 
18(3): 6460E. 

 
Barnes AP, Moxey AP, Ahmadi BV and Borthwick FA. The effect of animal health compensation on 
‘positive’behaviours towards exotic disease reporting and implementing biosecurity: a review, a 
synthesis and a research agenda. Prev Vet Med. 2015; 122(1-2): 42-52. 

 
Basto A, Portugal R, Nix R, Cartaxeiro C, Boinas F, Dixon L, Leitão A and Martins C. Development of a 
nested PCR and its internal control for the detection of African swine fever virus (ASFV) in Ornithodoros 
erraticus. Arch Virol. 2006; 151(4): 819-826. 

 
Bastos AD, Penrith ML, Cruciere C, Edrich JL, Hutchings G, Roger F, Couacy-Hymann E and G RT. 
Genotyping field strains of African swine fever virus by partial p72 gene characterisation. Arch Virol. 
2003; 148(4): 693-706. 

 
Beltran-Alcrudo D, Gallardo M, Kramer S, Penrith M, Kamata A and Wiersma L (Food and Agriculture 
Organization of the United Nations (FAO)) 2017. African swine fever: detection and diagnosis. 
05.08.2021: 88, https://www.fao.org/3/i7228en/I7228EN.pdf. 

 
Blome S, Franzke K and Beer M. African swine fever – A review of current knowledge. Virus Res. 2020; 
287: 198099. 

 
Blome S, Gabriel C and Beer M. Pathogenesis of African swine fever in domestic pigs and European wild 
boar. Virus Res. 2013; 173(1): 122-130. 

 
Boinas FS, Wilson AJ, Hutchings GH, Martins C and Dixon LJ. The persistence of African swine fever virus 
in field-infected Ornithodoros erraticus during the ASF endemic period in Portugal. PloS one. 2011; 6(5): 
e20383. 

 
Boklund A, Cay B, Depner K, Földi Z, Guberti V, Masiulis M, Miteva A, More S and Olsevskis E. 
Epidemiological analyses of African swine fever in the European Union (November 2017 until November 
2018). EFSA J. 2018; 16(11): e05494. 

 
Borgwardt J.  Diagnose der Afrikanischen Schweinepest ASP/ASF. Informationsveranstaltung zur ASP 
Bernburg, Germany, Landesamt für Verbraucherschutz Sachsen-Anhalt. 2014. 

 
Boshoff CI, Bastos AD, Gerber L and Vosloo W. Genetic characterisation of African swine fever viruses 
from outbreaks in southern Africa (1973–1999). Vet Microbiol. 2007; 121(1-2): 45-55. 

 
Burmakina G, Malogolovkin A, Tulman E, Zsak L, Delhon G, Diel D, Shobogorov N, Morgunov YP, 
Morgunov SY and Kutish G. African swine fever virus serotype-specific proteins are significant protective 
antigens for African swine fever. J Gen Virol. 2016; 97(7): 1670-1675. 



42 
 

 
Busin V, Wells B, Kersaudy-Kerhoas M, Shu W and Burgess ST. Opportunities and challenges for the 
application of microfluidic technologies in point-of-care veterinary diagnostics. Mol Cell Probes. 2016; 
30(5): 331-341. 

 
Carlson J, Fischer M, Zani L, Eschbaumer M, Fuchs W, Mettenleiter T, Beer M and Blome S. Stability of 
African swine fever virus in soil and options to mitigate the potential transmission risk. Pathogens. 2020; 
9(11): 977. 

 
Carrascosa AL, Bustos MJ and Leon P. Methods for Growing and Titrating African Swine Fever Virus: 
Field and Laboratory Samples. Curr Protoc Cell Biol. 2011; 53(1): 26-14. 

 
Ceruti A, Kobialka RM, Ssekitoleko J, Okuni JB, Blome S, Abd El Wahed A and Truyen U. Rapid Extraction 
and Detection of African Swine Fever Virus DNA Based on Isothermal Recombinase Polymerase 
Amplification Assay. Viruses. 2021; 13(9): 1731. 

 
Chambaro HM, Sasaki M, Sinkala Y, Gonzalez G, Squarre D, Fandamu P, Lubaba C, Mataa L, Shawa M, 
Mwape KE, Gabriël S, Chembensofu M, Carr MJ, Hall WW, Qiu Y, Kajihara M, Takada A, Orba Y, 
Simulundu E and Sawa H. Evidence for exposure of asymptomatic domestic pigs to African swine fever 
virus during an inter‐epidemic period in Zambia. Transbound Emerg Dis. 2020; 67(6): 2741-2752. 

 
Chang'A JS, Mayenga C, Settypalli TBK, Achenbach JE, Mwanandota JJ, Magidanga B, Cattoli G, Jeremiah 
M, Kamigwe A, Guo S, Kalabi D, Mramba F and Lamien CE. Symptomatic and asymptomatic cases of 
African swine fever in Tanzania. Transbound Emerg Dis. 2019; 66(6): 2402-2410. 

 
Chen L, Wen K, Chen F-E, Trick AY, Liu H, Shao S, Yu W, Hsieh K, Wang Z and Shen J. Portable 
Magnetofluidic Device for Point-of-Need Detection of African Swine Fever. Anal Chem. 2021: 10940-
10946. 

 
Chenais E, Depner K, Guberti V, Dietze K, Viltrop A and Ståhl K. Epidemiological considerations on 
African swine fever in Europe 2014–2018. Porc Health Manag. 2019; 5(1): 1-10. 

 
Costard S, Mur L, Lubroth J, Sanchez-Vizcaino J and Pfeiffer DU. Epidemiology of African swine fever 
virus. Virus Res. 2013; 173(1): 191-197. 

 
Cwynar P, Stojkov J and Wlazlak K. African swine fever status in Europe. Viruses. 2019; 11(4): 310. 

 
Daigle J, Onyilagha C, Truong T, Le VP, Nga BTT, Nguyen TL, Clavijo A and Ambagala A. Rapid and highly 
sensitive portable detection of African swine fever virus. Transbound Emerg Dis. 2020; 68(2): 952-959. 

 
de Carvalho Ferreira H, Weesendorp E, Elbers A, Bouma A, Quak S, Stegeman J and Loeffen W. African 
swine fever virus excretion patterns in persistently infected animals: a quantitative approach. Vet 
Microbiol. 2012; 160(3-4): 327-340. 

 



43 
 

de Carvalho Ferreira H, Weesendorp E, Quak S, Stegeman J and Loeffen W. Quantification of airborne 
African swine fever virus after experimental infection. Vet Microbiol. 2013; 165(3-4): 243-251. 

 
De La Vega I, Viñuela E and Blasco R. Genetic variation and multigene families in African swine fever 
virus. Virology. 1990; 179(1): 234-246. 

 
de León P, Bustos MJ and Carrascosa AL. Laboratory methods to study African swine fever virus. Virus 
Res. 2013; 173(1): 168-179. 

 
De Lorenzi G, Borella L, Alborali G, Prodanov-Radulović J, Štukelj M and Bellini S. African swine fever: A 
review of cleaning and disinfection procedures in commercial pig holdings. Res Vet Sci. 2020; 132: 262-
267. 

 
Derda R, Gitaka J, Klapperich CM, Mace CR, Kumar AA, Lieberman M, Linnes JC, Jores J, Nasimolo J, 
Ndung’U J, Taracha E, Weaver A, Weibel DB, Kariuki TM and Yager P. Enabling the Development and 
Deployment of Next Generation Point-of-Care Diagnostics. PLOS Negl Trop Dis. 2015; 9(5): e0003676. 

 
Dixon LK, Chapman DA, Netherton CL and Upton C. African swine fever virus replication and genomics. 
Virus Res. 2013; 173(1): 3-14. 

 
Dixon LK, Stahl K, Jori F, Vial L and Pfeiffer DU. African Swine Fever Epidemiology and Control. Annu Rev 
Anim Biosci. 2020; 8(1): 221-246. 

 
Eblé PL, Hagenaars TJ, Weesendorp E, Quak S, Moonen-Leusen HW and Loeffen WLA. Transmission of 
African Swine Fever Virus via carrier (survivor) pigs does occur. Vet Microbiol. 2019; 237: 108345. 

 
Enjuanes L, Carrascosa AL, Moreno MA and Vinuela E. Titration of African Swine Fever (ASF) Virus. J Gen 
Virol. 1976; 32(3): 471-477. 

 
Escribano J, Pastor M and Sánchez-Vizcaíno J. Antibodies to bovine serum albumin in swine sera: 
implications for false-positive reactions in the serodiagnosis of African swine fever. Am J Vet Res. 1989; 
50(7): 1118-1122. 

 
Fan X, Li L, Zhao Y, Liu Y, Liu C, Wang Q, Dong Y, Wang S, Chi T, Song F, Sun C, Wang Y, Ha D, Zhao Y, Bao 
J, Wu X and Wang Z. Clinical Validation of Two Recombinase-Based Isothermal Amplification Assays 
(RPA/RAA) for the Rapid Detection of African Swine Fever Virus. Front Microbiol. 2020; 11: 1696. 

 
Fernandez-Pinero J, Gallardo C, Elizalde M, Robles A, Gomez C, Bishop R, Heath L, Couacy-Hymann E, 
Fasina FO, Pelayo V, Soler A and Arias M. Molecular diagnosis of African Swine Fever by a new real-time 
PCR using universal probe library. Transbound Emerg Dis. 2013; 60(1): 48-58. 

 
Frant M, Woźniakowski G and Pejsak Z. African swine fever (ASF) and ticks. No risk of tick-mediated ASF 
spread in Poland and Baltic states. J Vet Res. 2017; 61(4): 375-380. 

 



44 
 

Friedrich-Loeffler-Institut (FLI) 2019. Afrikanische Schweinepest. Published 08.04.2021 (Accessed 
09.09.2021): 5, https://www.openagrar.de/receive/openagrar_mods_00005162 

https://www.openagrar.de/rsc/thumbnail/openagrar_mods_00005162.png. 

 
Gallardo C, Ademun AR, Nieto R, Nantima N, Arias M, Martín E, Pelayo V and Bishop RP. Genotyping of 
African swine fever virus (ASFV) isolates associated with disease outbreaks in Uganda in 2007. Afr J 
Biotechnol. 2011; 10(17): 3488-3497. 

 
Gallardo C, Fernandez-Pinero J and Arias M. African swine fever (ASF) diagnosis, an essential tool in the 
epidemiological investigation. Virus Res. 2019a; 271: 197676. 

 
Gallardo C, Mwaengo DM, Macharia JM, Arias M, Taracha EA, Soler A, Okoth E, Martín E, Kasiti J and 
Bishop RP. Enhanced discrimination of African swine fever virus isolates through nucleotide sequencing 
of the p54, p72, and pB602L (CVR) genes. Virus Genes. 2009; 38(1): 85-95. 

 
Gallardo C, Nieto R, Soler A, Pelayo V, Fernández-Pinero J, Markowska-Daniel I, Pridotkas G, Nurmoja I, 
Granta R, Simón A, Pérez C, Martín E, Fernández-Pacheco P, Arias M and Loeffelholz MJ. Assessment of 
African Swine Fever Diagnostic Techniques as a Response to the Epidemic Outbreaks in Eastern 
European Union Countries: How To Improve Surveillance and Control Programs. J Clin Microbiol 2015; 
53(8): 2555-2565. 

 
Gallardo C, Soler A, Rodze I, Nieto R, Cano‐Gómez C, Fernandez‐Pinero J and Arias M. Attenuated and 
non‐haemadsorbing (non‐HAD) genotypeIIAfrican swine fever virus (ASFV) isolated in Europe, Latvia 
2017. Transbound Emerg Dis. 2019b; 66(3): 1399-1404. 

 
Gaudreault NN, Madden DW, Wilson WC, Trujillo JD and Richt JA. African Swine Fever Virus: An 
Emerging DNA Arbovirus. Front Vet Sci. 2020; 7: 215. 

 
Gavier-Widén D, Ståhl K and Dixon L. No hasty solutions for African swine fever. Science. 2020; 
367(6478): 622-624. 

 
Ge S, Li J, Fan X, Liu F, Li L, Wang Q, Ren W, Bao J, Liu C and Wang H. Molecular characterization of 
African swine fever virus, China, 2018. Emerging Infect Dis. 2018; 24(11): 2131. 

 
Gogin A, Gerasimov V, Malogolovkin A and Kolbasov D. African swine fever in the North Caucasus region 
and the Russian Federation in years 2007–2012. Virus Res. 2013; 173(1): 198-203. 

 
Gonzague M, Roger F, Bastos A, Burger C, Randriamparany T, Smondack S and Cruciere C. Isolation of a 
non-haemadsorbing, non-cytopathic strain of African swine fever virus in Madagascar. Epidemiol Infect. 
2001; 126(3): 453-459. 

 
Guinat C, Reis A, Netherton CL, Goatley L, Pfeiffer DU and Dixon L. Dynamics of African swine fever virus 
shedding and excretion in domestic pigs infected by intramuscular inoculation and contact transmission. 
Vet Res. 2014; 45(1): 1-9. 



45 
 

 
Hakizimana JN, Yona C, Kamana O, Nauwynck H and Misinzo G. African Swine Fever Virus Circulation 
between Tanzania and Neighboring Countries: A Systematic Review and Meta-Analysis. Viruses. 2021; 
13(2): 306. 

 
Hansen S and Abd El Wahed A. Point-of-care or point-of-need diagnostic tests: time to change outbreak 
investigation and pathogen detection. Trop Med Infect Dis. 2020; 5(4): 151. 

 
Health WOfA (OIE) 2017. Manual of diagnostic tests and vaccines for terrestrial animals (Chapter 3.8.1). 
Published April 8, 2013  (Accessed 16.06.2021):  

 
Health WOfA (OIE) 2018. Principles and methods of validation of diagnositc assays for infectious 
diseases. 17.06.2021: 72-87, 
https://www.oie.int/fileadmin/Home/eng/Health_standards/tahm/2.02.03_NAD_ASSAYS.pdf. 

 
Health WOfA (OIE) 2019a. African Swine Fever: Aetiology Epidemiology Diagnosis Prevention and 
Control References. 13.07.2021: https://www.oie.int/. 

 
Health WOfA (OIE) 2019b. Manual of Diagnostic Tests and Vaccines for Terrestrial Animals. 10.09.2022:  

 
Health WOfA (OIE) 2019c. Terrestrial Animal Health Code. 19.07.2021: 1-12, 
https://www.oie.int/en/what-we-do/standards/codes-and-manuals/terrestrial-code-online-
access/?id=169&L=1&htmfile=chapitre_asf.htm. 

 
Jia R, Zhang G, Liu H, Chen Y, Zhou J, Liu Y, Ding P, Wang Y, Zang W and Wang A. Novel Application of 
Nanofluidic Chip Digital PCR for Detection of African Swine Fever Virus. Front Vet Sci. 2021; 7. 

 
Jori F and Bastos AD. Role of wild suids in the epidemiology of African swine fever. EcoHealth. 2009; 
6(2): 296-310. 

 
Jori F, Vial L, Ravaomanana J, Le Glaunec G, Etter E, Akakpo J, Sarr J, Costard S, Perez R and Roger F.  The 
role of wild hosts (wild pigs and ticks) in the epidemiology of African swine fever in West Africa and 
Madagascar. International Conference of the Association of Institutions of Tropical Veterinary Medicine. 
FRA Cirad and NLD Association des Institutions de Médecine Vétérinaire Tropicale. Montpellier, France, 
CIRAD. 2007. 79-83. 

 
King DP, Reid SM, Hutchings GH, Grierson SS, Wilkinson PJ, Dixon LK, Bastos ADS and Drew TW. 
Development of a TaqMan® PCR assay with internal amplification control for the detection of African 
swine fever virus. J Virol Methods. 2003; 107(1): 53-61. 

 
Kolbasov D, Titov I, Tsybanov S, Gogin A and Malogolovkin A. African swine fever virus, Siberia, Russia, 
2017. Emerging Infect Dis. 2018; 24(4): 796. 

 



46 
 

Kowalenko J, Sidorow M and Burba L. African swine fever and control measures. Int Zeitschr 
Landwirtisch Deutsche. 1965; 1: 47-52. 

 
Li J, Macdonald J and von Stetten F. a comprehensive summary of a decade development of the 
recombinase polymerase amplification. Analyst. 2018; 144(1): 31-67. 

 
Liu L, Atim S, LeBlanc N, Rauh R, Esau M, Chenais E, Mwebe R, Nelson WM, Masembe C, Nantima N, 
Ayebazibwe C and Ståhl K. Overcoming the challenges of pen-side molecular diagnosis of African swine 
fever to support outbreak investigations under field conditions. Transbound Emerg Dis. 2019; 66(2): 
908-914. 

 
Malogolovkin A, Burmakina G, Titov I, Sereda A, Gogin A, Baryshnikova E and Kolbasov D. Comparative 
analysis of African swine fever virus genotypes and serogroups. Emerging Infect Dis. 2015; 21(2): 312. 

 
Malogolovkin A, Yelsukova A, Gallardo C, Tsybanov S and Kolbasov D. Molecular characterization of 
African swine fever virus isolates originating from outbreaks in the Russian Federation between 2007 
and 2011. Vet Microbiol. 2012; 158(3-4): 415-419. 

 
Manso Ribeiro J, Azevedo R, Teixeira J, Braco M, Rodrıguez A, Oliveira E, Noronha F, Grave C and Vigario 
J. An atypical strain of swine fever virus in Portugal. Bull. OIE. 1963; 50: 516-534. 

 
Mazur-Panasiuk N, Żmudzki J and Woźniakowski G. African swine fever virus – persistence in different 
environmental conditions and the possibility of its indirect transmission. J Vet Research. 2019; 63(3): 
303-310. 

 
Miao F, Zhang J, Li N, Chen T, Wang L, Zhang F, Mi L, Zhang J, Wang S, Wang Y, Zhou X, Zhang Y, Li M, 
Zhang S and Hu R. Rapid and Sensitive Recombinase Polymerase Amplification Combined With Lateral 
Flow Strip for Detecting African Swine Fever Virus. Front Microbiol. 2019; 10: 1004. 

 
Mighell E and Ward MP. African Swine Fever spread across Asia, 2018–2019. Transbound Emerg Dis. 
2021; 68(5): 2722-2732. 

 
Montgomery RE. On a form of swine fever occurring in British East Africa (Kenya Colony). J Comp Pathol 
Ther. 1921; 34: 159-191. 

 
Mulumba‐Mfumu LK, Saegerman C, Dixon LK, Madimba KC, Kazadi E, Mukalakata NT, Oura CAL, Chenais 
E, Masembe C, Ståhl K, Thiry E and Penrith ML. African swine fever: Update on Eastern, Central and 
Southern Africa. Transbound Emerg Dis. 2019: 1462-1480. 

 
Nations FaAOotU. African swine fever. Empress-Transboundary  Anim  Dis Bull. 2000; No 14/2: 15-17. 

 
Niederwerder MC, Stoian AMM, Rowland RRR, Dritz SS, Petrovan V, Constance LA, Gebhardt JT, Olcha 
M, Jones CK, Woodworth JC, Fang Y, Liang J and Hefley TJ. Infectious Dose of African Swine Fever Virus 
When Consumed Naturally in Liquid or Feed. Emerging Infect Dis. 2019; 25(5): 891-897. 



47 
 

 
Nix RJ, Gallardo C, Hutchings G, Blanco E and Dixon LK. Molecular epidemiology of African swine fever 
virus studied by analysis of four variable genome regions. Arch Virol. 2006; 151(12): 2475-2494. 

 
Olesen AS, Lohse L, Boklund A, Halasa T, Gallardo C, Pejsak Z, Belsham GJ, Rasmussen TB and Bøtner A. 
Transmission of African swine fever virus from infected pigs by direct contact and aerosol routes. Vet 
Microbiol. 2017; 211: 92-102. 

 
Pastor M, Arias M and Escribano J. Comparison of two antigens for use in an enzyme-linked 
immunosorbent assay to detect African swine fever antibody. Am J Vet Res. 1990; 51(10): 1540-1543. 

 
Pastor M, Laviada M, Sanchez-Vizcaino J and Escribano J. Detection of African swine fever virus 
antibodies by immunoblotting assay. Can J Vet Res 1989; 53(1): 105. 

 
Patrick BN, Machuka EM, Githae D, Banswe G, Amimo JO, Ongus JR, Masembe C, Bishop RP, Steinaa L, 
Djikeng A and Pelle R. Evidence for the presence of African swine fever virus in apparently healthy pigs 
in South-Kivu Province of the Democratic Republic of Congo. Vet Microbiol. 2020; 240: 108521. 

 
Penrith M-L and Vosloo W. Review of African swine fever: transmission, spread and control. J S Afr Vet 
Assoc. 2009; 80(2): 58-62. 

 
Penrith ML. Current status of African swine fever. CABI Agriculture and Bioscience. 2020; 1(1): 1-26. 

 
Pini A and Hurter L. African swine fever: an epizootiological review with special reference to the South 
African situation. J S Afr Vet Assoc. 1975; 46(3): 227-232. 

 
Plowright W, Davis J, Karstad L and Trainer D. Infectious diseases of wild mammals. 1981: 178–190. 

 
Plowright W, Thomson G, Neser J, Coetzer J, Thomson G and Tustin R.  African swine fever. Infectious 
diseases of livestock, with special reference to southern Africa. Coetzer JAW, Thomson GR, Tutsin RC 
Cape Town: Oxford University Press. 1994. 

 
Qiu Z, Li Z, Yan Q, Li Y, Xiong W, Wu K, Li X, Fan S, Zhao M, Ding H and Chen J. Development of 
Diagnostic Tests Provides Technical Support for the Control of African Swine Fever. Vaccines. 2021; 9(4): 
343. 

 
Rowlands RJ, Duarte MM, Boinas F, Hutchings G and Dixon LK. The CD2v protein enhances African swine 
fever virus replication in the tick vector, Ornithodoros erraticus. Virology. 2009; 393(2): 319-328. 

 
Rowlands RJ, Michaud V, Heath L, Hutchings G, Oura C, Vosloo W, Dwarka R, Onashvili T, Albina E and 
Dixon LK. African Swine Fever Virus Isolate, Georgia, 2007. Emerging Infect Dis. 2008; 14(12): 1870-
1874. 

 



48 
 

Ruiz-Gonzalvo F, Rodriguez F and Escribano J. Functional and immunological properties of the 
baculovirus-expressed hemagglutinin of African swine fever virus. Virology. 1996; 218(1): 285-289. 

 
Salas ML and Andrés G. African swine fever virus morphogenesis. Virus Res. 2013; 173(1): 29-41. 

 
Salguero FJ. Comparative Pathology and Pathogenesis of African Swine Fever Infection in Swine. Front 
Vet Sci. 2020; 7(282). 

 
Sanchez-Vizcaino J. African swine fever diagnosis. In: Y Beckers. African Swine Fever New York: Springer; 
1987. 63-71. 

 
Sanchez-Vizcaino J, Martinez-Lopez B, Martinez-Aviles M, Martins C, Boinas F, Vial L, Michaud V, Jori F, 
Etter E and Albina E. SCIENTIFIC REPORT submitted to EFSA Prepared by Sanchez-Vizcaino. 2009: 1-141. 

 
Sánchez-Vizcaíno JM, Mur L and Martínez-López B. African swine fever (ASF): five years around Europe. 
Vet Microbiol. 2013; 165(1-2): 45-50. 

 
Sastre P, Gallardo C, Monedero A, Ruiz T, Arias M, Sanz A and Rueda P. Development of a novel lateral 
flow assay for detection of African swine fever in blood. BMC Veterinary Research. 2016a; 12(1). 

 
Sastre P, Pérez T, Costa S, Yang X, Räber A, Blome S, Goller KV, Gallardo C, Tapia I, García J, Sanz A and 
Rueda P. Development of a duplex lateral flow assay for simultaneous detection of antibodies against 
African and Classical swine fever viruses. J Vet Diagn Investig. 2016b; 28(5): 543-549. 

 
Schrader C, Schielke A, Ellerbroek L and Johne R. PCR inhibitors – occurrence, properties and removal. J 
Appl Microbiol. 2012; 113(5): 1014-1026. 

 
Schulz K, Staubach C and Blome S. African and classical swine fever: similarities, differences and 
epidemiological consequences. Veterinary Res. 2017; 48(1): 84. 

 
Scott G. The virus of African swine fever and its transmission. Bulletin-Office international des 
epizooties. 1965; 63(5): 645-677. 

 
Shurson GC, Palowski A, Ligt JLG, Schroeder DC, Balestreri C, Urriola PE and Sampedro F. New 
perspectives for evaluating relative risks of African swine fever virus contamination in global feed 
ingredient supply chains. Transb Emerg Dis. 2021. 

 
Ståhl K, Sternberg-Lewerin S, Blome S, Viltrop A, Penrith M-L and Chenais E. Lack of evidence for long 
term carriers of African swine fever virus - a systematic review. Virus Res. 2019; 272: 197725. 

 
Stoian AMM, Zimmerman J, Ji J, Hefley TJ, Dee S, Diel DG, Rowland RRR and Niederwerder MC. Half-Life 
of African Swine Fever Virus in Shipped Feed. Emerging Infect Dis. 2019; 25(12): 2261-2263. 

 



49 
 

Tanneberger F, Abd El Wahed A, Fischer M, Blome S and Truyen U. The Efficacy of Disinfection on 
Modified Vaccinia Ankara and African Swine Fever Virus in Various Forest Soil Types. Viruses. 2021; 
13(11): 2173. 

 
Thomson G, Gainaru M and Van Dellen A. African swine fever: Pathogenicity and immunogenicity of two 
non-haemadsorbing viruses. Onderstepoort J Vet Res. 1979; 46: 149-155. 

 
Thomson G, Gainaru M and Van Dellen A. Experimental infection of warthog (Phacochoerus aethiopicus) 
with African swine fever virus. Onderstepoort J Vet Res. 1980; 47: 19-23. 

 
Tignon M, Gallardo C, Iscaro C, Hutet E, Van der Stede Y, Kolbasov D, De Mia GM, Le Potier M-F, Bishop 
RP and Arias M. Development and inter-laboratory validation study of an improved new real-time PCR 
assay with internal control for detection and laboratory diagnosis of African swine fever virus. J Virol 
Methods. 2011; 178(1-2): 161-170. 

 
Truyen U, Beer M and Osterrieder K. Teil VII Spezielle Virologie. In: H-J Selbitz, U Truyen and P Valentin-
Weigandss. Tiermedizinische Mikrobiologie, Infektions- und Seuchenlehre. 10. Stuttgart: Enke Verlag; 
2015. 405-457. 

 
Urdea M, Penny LA, Olmsted SS, Giovanni MY, Kaspar P, Shepherd A, Wilson P, Dahl CA, Buchsbaum S, 
Moeller G and Hay Burgess DC. Requirements for high impact diagnostics in the developing world. 
Nature. 2006; 444(1): 73-79. 

 
Wade A, Achenbach JE, Gallardo C, Settypalli TBK, Souley A, Djonwe G, Loitsch A, Dauphin G, Ngang JJE 
and Boyomo O. Genetic characterization of African swine fever virus in Cameroon, 2010–2018. J 
Microbiol. 2019; 57(4): 316-324. 

 
Wang A, Jia R, Liu Y, Zhou J, Qi Y, Chen Y, Liu D, Zhao J, Shi H, Zhang J and Zhang G. Development of a 
novel quantitative real-time PCR assay with lyophilized powder reagent to detect African swine fever 
virus in blood samples of domestic pigs in China. Transbound Emerg Dis. 2020; 67(1): 284-297. 

 
Wang Q, Ren W, Bao J, Ge S, Li J and Li L. The first outbreak of African swine fever was confirmed in 
China. China Animal Health Inspection. 2018; 35(1). 

 
Wang S, Lifson MA, Inci F, Liang L-G, Sheng Y-F and Demirci U. Advances in addressing technical 
challenges of point-of-care diagnostics in resource-limited settings. Expert Rev Mol Diagn. 2016; 16(4): 
449-459. 

 
Wang Y, Kang W, Yang W, Zhang J, Li D and Zheng H. Structure of African Swine Fever Virus and 
Associated Molecular Mechanisms Underlying Infection and Immunosuppression: A Review. Front 
Immunol. 2021a; 12(3631). 

 
Wang Z-H, Li P, Lin X, Jia H, Jiang Y-T, Wang X-J and Hou S-H. Application of portable real-time 
recombinase-aided amplification (rt-RAA) assay in the clinical diagnosis of ASFV and prospective DIVA 
diagnosis. Appl Microbiol Biotechnol. 2021b. 



50 
 

 
Wilkinson P. The persistence of African swine fever in Africa and the Mediterranean. Prev Vet Med. 
1984; 2(1-4): 71-82. 

 
Wilkinson P, Pegram R, Perry B, Lemche J and Schels H. The distribution of African swine fever virus 
isolated from Ornithodoros moubata in Zambia. Epidemiol Infect. 1988; 101(3): 547-564. 

 
Wilkinson P and Pensaert M. African Swine Fever Virus, Virus Infections of Porcines. 1989: 17-35. 

 
Woźniakowski G, Frączyk M and Mazur N. Comparison of loop-mediated isothermal amplification 
(LAMP) and cross-priming amplification (CPA) for detection of African swine fever virus. Pol J Vet Sci. 
2018: 827–830-827–830. 

 
Wozniakowski G, Fraczyk M, Niemczuk K and Pejsak Z. Selected aspects related to epidemiology, 
pathogenesis, immunity, and control of African swine fever. J Vet Res. 2016; 60: 119-125. 

 
Wu G and Zaman MH. Low-cost tools for diagnosing and monitoring HIV infection in low-resource 
settings. Bulletin of the World Health Organization. 2012; 90: 914-920. 

 
Zani L, Forth JH, Forth L, Nurmoja I, Leidenberger S, Henke J, Carlson J, Breidenstein C, Viltrop A, Höper 
D, Sauter-Louis C, Beer M and Blome S. Deletion at the 5’-end of Estonian ASFV strains associated with 
an attenuated phenotype. Sci Re. 2018; 8(1): 1-11. 

 
Zeng D, Qian B, Zhao K, Qian Y, Chen W, Su J, Ren J, Tang F, Xue F and Li J. Rapid on-site detection of 
African swine fever virus using polymerase chain reaction with a lateral flow strip. Microchem J. 2020; 
156: 104940. 

 
Zhai Y, Ma P, Fu X, Zhang L, Cui P, Li H, Yan W, Wang H and Yang X. A recombinase polymerase 
amplification combined with lateral flow dipstick for rapid and specific detection of African swine fever 
virus. J Virol Methods. 2020; 285: 113885. 

 
Zhang S, Sun A, Wan B, Du Y, Wu Y, Zhang A, Jiang D, Ji P, Wei Z, Zhuang G and Zhang G. Development of 
a Directly Visualized Recombinase Polymerase Amplification–SYBR Green I Method for the Rapid 
Detection of African Swine Fever Virus. Front Microbiol. 2020: 3260. 

 
Zhang Y, Li Q, Guo J, Li D, Wang L, Wang X, Xing G, Deng R and Zhang G. An Isothermal Molecular Point 
of Care Testing for African Swine Fever Virus Using Recombinase-Aided Amplification and Lateral Flow 
Assay Without the Need to Extract Nucleic Acids in Blood. Front Cell Infect Microbiol. 2021; 11: 131. 

 

 

  



51 
 

List of figures 

Figure 1 Illustration of the extracellular ASF virion p. 2 

Figure 2 Countries where ASF outbreaks in wild boar or domestic pigs have been 
confirmed since the agent’s identification 

p. 5 

Figure 3 Different ASF transmission cycles and correlation between its agents p. 6 

Figure 4 Diagram showing recommended diagnostic techniques for ASF p. 14 

 

List of tables 

Table 1 Summary of the ASF forms and its characteristics p. 12 

Table 2 Summary of differential diagnosis of ASF and its distinctive traits p. 13 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

  



52 
 

8. Appendix 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
Figure S1. Possible primer combinations tested with 5*105 ASFV molecular standard. FP1/RP3 had the fastest TT 

and maximal fluorescence signal. 
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Figure S2. The three best primer combinations tested with 5*105 ASFV molecular standard. 
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Figure S3. The two best primer combinations were tested with 5*103-1 ASFV molecular standard. FP1/RP3 was 

confirmed to perform best. 
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Table S1. ASFV positive samples. ASFV Genotype and sample matrix were listed.  
 
Sample Matrix Genotype RPA 
ID     

   Result 
TT 
(min) 

1 Spleen I pos 2.35 
2 Lung I pos 3.05 
3 Macrophage culture I pos 3.01 
4 Macrophage culture I pos 3.43 
5 Spleen II pos 4.73 
6 Lung II pos 4.76 
7 Macrophage culture II pos 3.72 
8 Blood II pos 4.73 
9 Blood II pos 4.76 
10 Blood II pos 3.35 
11 Blood II pos 4.66 
12 Blood II pos 3.06 
13 Blood II pos 4.83 
14 Blood II pos 4.76 
15 Blood II pos 4.80 
16 Blood II pos 4.81 
17 Blood II pos 5.01 
18 Blood II pos 3.05 
19 Blood II pos 3.40 
20 Blood          II pos 3.43 
21 Blood II pos 3.11 
22 Blood II pos 3.48 
23 Blood II pos 3.38 
24 Blood IV pos 6.01 
25 Blood IV pos 2.71 
26 Blood IV pos 2.68 
27 Blood IV pos 2.73 
28 Blood IV pos 3.43 
29 Spleen IX pos 3.12 
30 Lung IX pos 3.48 
31 Macrophage culture IX pos 3.73 
32 Blood XI pos 4.76 
33 Blood XI pos 4.78 
34 Blood XI pos 4.81 
35 Blood XII pos 4.45 
36 Blood XII pos 4.48 
37 Blood XII pos 5.01 
38 Blood XII pos 4.71 
39 Blood XII pos 3.40 
40 Blood XIII pos 4.83 
41 Blood XIII pos 4.86 
42 Blood XIII pos 4.68 
43 Blood XIX pos 4.76 
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44 Blood XIX pos 4.78 
45 Blood XIX pos 4.81 
46 Blood XIX pos 5.01 
47 Blood XIX pos 5.05 



57 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure S4. RPA assay using 103-1 of the ASFV molecular standard based on Wang et al. 2020. Background was 

very high and only 103 showed a late weak signal. 
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