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Preface to ”Cells and Materials for Disease

Modeling and Regenerative Medicine”

Materials science and engineering are strongly developing tools with increasing impact in the

biotechnological and biomedical areas. Interestingly, research in molecular and cellular biology is

often at the core of the design and development of materials-based approaches, providing biological

rationale.

Focused on research relying on biology–materials interaction, IJMS launched a Special Issue

named “Cells and Materials for Disease Modeling and Regenerative Medicine”. The aim of the

Special Issue was to generate a compilation of in vitro and in vivo strategies based on cell–material

interactions. This book compiles the papers published in that Special Issue and includes a selection

of six original scientific experimental articles and six comprehensive reviews.

Often, tissue regeneration is the final goal of materials developed for biomedical applications.

For this purpose, the regenerative approaches need to be designed considering targeted tissue

properties and their regenerative mechanisms. Moreover, materials must be biocompatible and, if

possible, bioactive. In this Special Issue, the relevance of materials development in regenerative

medicine is highlighted, and several papers have been selected as representative of current research

in this field:

• Two review articles introduce the main principles of tissue engineering, which are based on the

combination of materials, growth factors, and cells to generate regenerative strategies. Focused

on cardiac tissue regeneration, Smagul et al. [page 1] define regeneration in myocardial diseases

and summarize the ongoing regenerative strategies based on biomaterials loaded with growth

factors and/or stem cells. Focused on tooth regeneration, Baranova et al. [page 21] describe the

complexity of tooth formation processes and summarize the materials and strategies aimed to

achieve tooth regeneration.

• In terms of specific materials used for specific regenerative strategies, three papers in this Special

Issue describe the relevance of decellularized extracellular matrix as potentially implantable

material. The review article from Mendibil et al. [page 53] introduces decellularized

extracellular matrix (dECM) and summarizes the different tissue-specific decellularization

strategies available to obtain dECM. Waletzko et al. [page 83] show in their experimental paper

that high hydrostatic pressure is a feasible method to devitalize tissue, while Hui et al. [page 95]

describe the properties of a quite unique skin tissue, which could potentially be used as highly

compliant material for regenerative purposes.

• Focused on bone tissue regeneration, two experimental papers explore specific material

properties able to drive and improve cell differentiation potential in vitro. Labedz-Maslowka et

al. [page 111] prove human dental pulp harbors a unique stem cell population with multilineage

differentiation ability. The article describes a method to increase their osteogenic differentiation

potential by using a 3D hydrogel matrix and hypoxic environment cell culture conditions. On

the other hand, Marques-Almeida et al. [page 139] use different patterned piezoelectric scaffolds

as cell-seeding surfaces to prove that the combination of micropatterning and electroactivity

may induce improved proliferation and differentiation ability in bone cells.
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In this Special Issue book, disease modeling was also considered as an essential research field

in the study of materials for biomedical applications. In this sense, five papers were included as

representative of the heterogeneity and, at the same time, versatility of this area:

• In a review article, Damerau et al. [page 147] summarize the existing in vitro models for the

study of rheumatoid arthritis. Interestingly, this article discusses the relevance of designing

models that accurately mimic the disease complexity and points out the limitations of current

modeling approaches, such as the risk of over-simplification in an in vitro setting and the limited

predictive value of animal-based preclinical studies.

• The review article from DeBari et al. [page 171] is focused on describing the current in vitro and

in vivo models for adipose tissue fibrosis. Among other topics, the text summarizes the material

properties required to generate proper 2D and 3D disease modelling approaches.

• Clara-Trujillo et al. [page 195] review the field of biomaterial-based in vitro approaches to

model nonsolid tumors, such as leukemias, lymphomas, andmyelomas. The paper indicates the

relevance of disease-related microenvironments, or niches, with multiple cellular interactions

and complex molecular composition. In this sense, the authors discuss the limitations related to

the lack of complexity in in vitro models and the unresolved questions in this context.

• In an experimental article, Simard et al. [page 227] show that cell self-assembly technique can

be used to generate 3D skin tissue substitutes useful as in vitro model of psoriasis disease.

Using these skin substitutes, they prove that high levels of cAMP are linked to stronger psoriatic

phenotype.

• Finally, the research article fromGalera-Monge et al. [page 241] reports the usefulness ofmtDNA

mutation-harboring induced pluripotent stem cell (iPSC)-based approach for in vitro modeling

of the Leigh syndrome, which is a severe neurological disorder.

Altogether, we are convinced that this collection of articles shows representative examples of

the state of the art in the field, unveiling the relevance of materials research in generating new

regenerative medicine and disease modeling approaches.

Ander Abarrategi, Senentxu Lanceros-Mendez

Editors
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Abstract: Myocardial infarction causes cardiac tissue damage and the release of damage-associated
molecular patterns leads to activation of the immune system, production of inflammatory mediators,
and migration of various cells to the site of infarction. This complex response further aggravates
tissue damage by generating oxidative stress, but it eventually heals the infarction site with the
formation of fibrotic tissue and left ventricle remodeling. However, the limited self-renewal capability
of cardiomyocytes cannot support sufficient cardiac tissue regeneration after extensive myocardial
injury, thus, leading to an irreversible decline in heart function. Approaches to improve cardiac tissue
regeneration include transplantation of stem cells and delivery of inflammation modulatory and
wound healing factors. Nevertheless, the harsh environment at the site of infarction, which consists
of, but is not limited to, oxidative stress, hypoxia, and deficiency of nutrients, is detrimental to
stem cell survival and the bioactivity of the delivered factors. The use of biomaterials represents a
unique and innovative approach for protecting the loaded factors from degradation, decreasing side
effects by reducing the used dosage, and increasing the retention and survival rate of the loaded cells.
Biomaterials with loaded stem cells and immunomodulating and tissue-regenerating factors can be
used to ameliorate inflammation, improve angiogenesis, reduce fibrosis, and generate functional
cardiac tissue. In this review, we discuss recent findings in the utilization of biomaterials to enhance
cytokine/growth factor and stem cell therapy for cardiac tissue regeneration in small animals with
myocardial infarction.

Keywords: biomaterials; stem cells; cytokines; growth factors; cardiac tissue regeneration;
regenerative medicine

1. Introduction

Cardiovascular diseases (CVD) are the leading cause of mortality worldwide [1,2]. In 2017,
about 17.8 million deaths globally were attributed to CVD and in the U.S. alone, CVD, which include
heart disease and stroke, were among the top ten causes of death, accounting for 74% of total
deaths [3]. Coronary heart disease causes the majority of deaths in CVD, with myocardial infarction
(MI) often leading to heart failure. Tissue damage at the site of infarction triggers local inflammation
that attracts neutrophils and monocytes to clear the area of cell debris and produce reactive oxygen
species. Migration of monocytes with reparative functions induces the formation of new vasculature
and collagen production and eventually, leads to tissue repair and fibrotic tissue formation [4–6].
One biomedical approach for improving cardiac tissue regeneration is the delivery of therapeutic
growth factors and cytokines [7]. Growth factors and cytokines have attracted the attention of
researchers and clinicians due to their angiogenic and antiapoptotic properties, as well as their

Int. J. Mol. Sci. 2020, 21, 5952; doi:10.3390/ijms21175952 www.mdpi.com/journal/ijms1
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ability to increase cell proliferation and mobilize endogenous cell migration [8]. Various factors and
cytokines, including but not limited to, tumor necrosis factor-α (TNF-α) and interleukin-8 (IL-8),
are also upregulated in MI and participate in triggering inflammatory cascade. Therefore, regulation
of pro- and anti-inflammatory mediator functions can be used to ameliorate inflammation and to
facilitate cardiac tissue regeneration [9]. However, there are some challenges associated with growth
factors/cytokines. For example, the systemic administration of growth factors/cytokines is not efficient
due to a short in vivo half-life and poor bioavailability at the target sites. This, in turn, requires repeated
injections, resulting in more side effects and greater treatment costs [10,11]. Moreover, simultaneous
and rapid diffusion can lead to formation of immature and unstable blood vessels in the case of therapy
with angiogenic growth factors [12].

Biomaterials offer a controlled and sustained release of bound growth factors and cytokines,
which makes them a promising tool for overcoming the aforementioned challenges [13,14]. Biomaterials
of natural, synthetic or hybrid origins were developed. They demonstrated therapeutic benefits when
used either alone or when loaded with agents such as growth factors, cytokines or stem cells [15].
The use of biomaterials alone exerts positive effects on cardiac tissue regeneration, possibly via
mimicking the extracellular matrix (ECM) and providing direct mechanical support. Some biomaterials
also help to increase electrical conductance in a fibrotic scar region, which is important for normal
functioning of the heart [16,17].

The endogenous regenerative capacity of cardiac tissue is limited: adult cardiomyocyte
proliferation, cardiac stem cell activation, and bone marrow progenitor cell migration are not efficient
enough to regenerate fully functional cardiac tissue. Post-MI repair often involves tissue replacement
with non-functional fibrotic scarring, which can later lead to heart failure. For these reasons, stem cell
therapy is considered a promising approach in MI treatment, being particularly beneficial for reducing
the infarcted area and promoting cardiac function recovery [18]. Different stem cell sources such as
mesenchymal stem cells (MSCs), cardiac stem cells (CSCs), induced pluripotent stem cells (iPSCs),
and others are now recognized for their potential use in cardiac tissue regeneration [19]. Stem cell
benefits in MI treatment include differentiation capacity, stimulation of resident CSCs, reduction in
inflammation, and ability to provide structural support by connective tissue formation and fibroblast
differentiation [20]. Release of cytokines and growth factors by stem cells allows for immunomodulation,
angiogenesis, and stimulation of adjacent cells via paracrine mechanisms [21,22]. However, harsh
conditions at the infarction site present a significant burden for stem cell survival. These conditions
include, but are not limited to, hypoxia, fibrogenesis, low blood supply, and inflammation [23].
Therefore, biomaterials can serve as a stem cell delivery system that increases the living potency of the
cells after transplantation and enhance the exerted effects. This review will focus on recent findings
on the use of biomaterials as drug delivery systems for growth factors, cytokines, and stem cells for
improving cardiac tissue regeneration in small animal models of MI.

2. Biomaterials Loaded with Growth Factors and Cytokines for Cardiac Tissue Regeneration

The use of biomaterials is now rapidly evolving as a new approach for MI treatment [24,25].
They are composed of a plethora of various polymers and can be used as a drug delivery system in the
field of regenerative medicine [26]. The most common types are polymeric micro and nanospheres,
nanoparticles (NPs), nanofibrous structures, coacervates, hydrogels, cryogels, and scaffolds. They differ
in their size and assembling materials, as well as in their morphology, i.e., sheet versus vesicle-like
structures [27–33]. Hydrogels, in particular, are widely investigated in the area of CVD. Hydrogel
is largely composed of water and a cross-linked polymer and physically resembles tissue [34].
Hydrogels made of cardiac ECM, alginate, hyaluronic acid (HA), natural biomaterials (collagen,
fibrin, and heparin), synthetic polymers, and microparticles have been studied pre-clinically for
cardiac repair [35]. The effects of hydrogel administration include direct mechanical strengthening [36],
enhanced angiogenesis and regeneration of myocardial tissue, reduced apoptosis and scar size,
and improved cardiac function recovery [37]. Moreover, multiple studies showed that the use of
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biomaterials alone favorably affects various cells in the post-MI environment such as macrophages,
cardiomyocytes, fibroblasts, and endothelial cells [38]. Recently, hydrogels made of ECM-based
biomaterials have drawn attention because of their ability to mimic native ECM and minimize
immunogenicity [39]. McLaughlin and colleagues treated mice at the end of the proliferative phase of
wound healing with the injectable biomaterial, which contained human recombinant collagen I and III,
one of the main proteins in the ECM of heart tissue. The treatment reduced inflammation, polarized
macrophages towards M2 phenotype, increased capillary density at the border zone, and improved
cardiac function [40]. The application of the self-assembling peptide (SAP) cell-free hydrogel also
significantly improved the functionality of the heart post-MI through increased angiogenesis and
reduced scar formation [41]. The beneficial effects of biomaterials are shown to depend on the time
of therapy administration. In the study by Blackburn and colleagues, 3h post-MI application of
collagen-based hydrogel in a murine model reduced cell apoptosis as well as increased capillary density
and as a result, improved left ventricular ejection fraction. The authors also reported that biomaterial
therapy is ineffective after 14 days post-MI [37]. The mechanisms of the exerted effects of biomaterials
are possibly mediated by modifying the inflammatory immune response. It was demonstrated that
hydrogel treatment also reduced the number of macrophages and TNF-α production in cardiac tissue.
The in vitro culture of macrophages on biomaterials demonstrated a decrease in pro-inflammatory
cytokines and an increase in anti-inflammatory cytokines [37].

Fibrosis, and its consequent non-functional scar formation, is considered to be a major problem
following MI, leading to left ventricle remodeling and heart failure. Several biomaterials were designed
to improve conduction of electrical signals in the scar region. For example, pyrrole was grafted
onto a chitosan biomaterial to produce a conductive polypyrrole (PPy)-chitosan hydrogel. In vivo
experiments used a coronary artery ligation rat model of acute MI to show reduced QRS complex on
an electrocardiogram and improved transverse conduction velocity in PPy-chitosan group. It was
demonstrated that both chitosan alone and PPy-chitosan were effective in preserving heart function,
but PPy-chitosan further improved the indices, suggesting better maintenance of heart function as
compared to a non-conductive biomaterial [16]. Cui and colleagues tested PPy-chitosan in a cryoablation
injury rat model and reported a significant improvement in longitudinal conduction velocity in
comparison to the chitosan only group. Electromyography was used to assess the conductivity of scar
tissue ex vivo, which showed a significant 300–350% increase in electrical signals in the myocardial
scar tissue in the group treated with PPy-chitosan [42].

Extensive research has been performed to study the importance of growth factors, cytokines,
and different components of ECM in the treatment of MI [43,44]. It was shown that transforming
growth factor-β (TGF-β) stimulates both Smad3-dependent and independent activation of macrophages,
with the involvement of Smad3 in phagocytosis activation, secretion of vascular endothelial growth
factor (VEGF) and TGF-β1, and protection against adverse cardiac tissue remodeling [45]. IL-10 is also
important because its deficiency increases necrosis and neutrophil migration, with an enlargement in
infarct size. Moreover, IL-10 deficiency impairs the ability of endothelial progenitor cells to suppress cell
apoptosis, reduce scar size, increase neovascularization, and improve left ventricle remodeling, which is
mediated by upregulation of integrin-linked kinase [46]. In contrast, treatment with IL-10 suppresses
inflammation, polarizes macrophages towards M2 phenotype, activates fibroblasts, and improves
left ventricle remodeling [47]. Another important growth factor is VEGF, which can be released from
cardiac macrophages to simulate angiogenesis and heart muscle repair by regulating endothelial cell
proliferation, migration, and apoptosis [43,48]. Furthermore, VEGF-A, fibroblast growth factor (FGF),
and stromal cell-derived factor-1 (SDF-1) can stimulate neovascularization [49]. IL-4 is also a key
cytokine because IL-4 administration differentiates macrophages, which are derived from Ly6Chigh

monocytes, into a M2 phenotype [50]. However, application of growth factors and cytokines in clinical
practice is hindered by their short half-lives, decreased stability, and deactivation by enzymes [27].
For example, the half-life of VEGF is approximately thirty-four minutes in plasma [51]. Therefore,
biomaterials can serve as promising tools for the protection, delivery, and sustained release of growth
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factors and cytokines [52]. Table 1 summarizes the use of biomaterials loaded with growth factors and
cytokines for cardiac tissue regeneration.

The incorporation of growth factors and cytokines into engineered biomaterials, such as hydrogels
and NPs, offers even more opportunities for MI therapy (Figure 1). As an example, the injection of
heparan sulfate proteoglycans (HSPG), which is a major component of ECM, with basic FGF (bFGF),
extended the bioavailability of the growth factor by protecting it from degradation, and improved
angiogenesis and cardiac function in animals with MI [53]. Another group also used bFGF that was
fused with glutathione-S-transferase (GST) and matrix metalloproteinase (MMP)-2/9 cleavable peptide
TIMP, and then, incorporated the complex into a glutathione-modified collagen hydrogel. This approach
allowed for the controlled release of bFGF after TIMP was cleaved by the secreted MMP-2/9 at the
site of tissue infarction. The use of this type of hydrogel decreased collagen deposition, increased
vascularization, and improved heart function in rats with MI [54]. The mechanism of bFGF, which is
a paracrine signaling protein, is mediated through binding to FGF receptor-heparan sulfate complex
and further activation of tyrosine kinase. Downstream signaling proceeds via RAS-mitogen-activated
protein kinase RAS-(MAPK) and phosphatidylinositide 3-kinase (PI3K) pathways [55]. In a separate
study, sustained and targeted delivery of neuregulin-1β (NRG), which is a member of epidermal growth
factor that regulates cardiomyocyte development and proliferation, by a hydroxyethyl methacrylate
hyaluronic acid (HEMA-HA) hydrogel, demonstrated a cardioprotective effect and significantly
improved ventricular function and structure [38]. The cardioprotective effect was assessed by the
amount of caspase-3 in murine hearts post-MI, which was significantly reduced in the NRG-hydrogel
group in comparison to the control groups treated with phosphate-buffered saline, NRG, or hydrogel
alone. Caspase-3 is a key mediator of the terminal apoptotic pathway and its downregulation is associated
with reduced infarct size, decreased apoptotic index of myocytes, and enhanced heart function in
an experimental model of MI [56]. Awada and colleagues demonstrated that sequential delivery of
VEGF followed by platelet-derived growth factor (PDGF) using a fibrin gel/heparin coacervate delivery
system improves angiogenesis and cardiac function and reduces scar formation and inflammation at
two and four weeks after MI in a rat model [57]. Mechanistically, VEGF promotes angiogenesis by
activating or affecting different pathways and proteins, including PI3K, VRAP, Src tyrosine kinase,
MAPK, and phospholipase C [58]. Recent reports show the critical role of multiple types of tyrosine and
serine/threonine phosphatases, such as Shp2 and low molecular weight protein tyrosine phosphatase,
in negative/positive regulation of VEGFR-2 signaling [59]. Interestingly, although VEGF demonstrated
positive effects on MI in the experimental animal models, the results were not very promising according
to several clinical trials [49]. One possible reason is the short period of protein bioactivity in vivo [60].

Although natural hydrogels are widely used in experiments [61], synthetic and hybrid hydrogels
are also broadly investigated [62]. Synthetic glycosaminoglycan mimetic peptide nanofiber developed
by Rufaihah and colleagues promoted the formation of new blood vessels and the differentiation
of cardiomyocytes in rats [63]. Carlini and colleagues designed synthetic cyclic SAPs that were
delivered to the heart through a catheter and rapidly formed a hydrogel after cleavage by enzymes
MMP-2/9 and elastase, which are endogenous to the site of infarction in a rat model of MI.
In addition to their low viscosity and ability to form a gel-like structure, the novel SAPs showed
hemocompatibility, biocompatibility, and non-thrombogenicity that open up the possibility for
implementation in drug delivery for the treatment of MI [35]. A novel hybrid temperature-responsive
poly(N-isopropylacrylamide) gelatin-based injectable hydrogel was developed for cardiac tissue
engineering and it exhibited a high level of cardiomyocyte and cardiac fibroblast survival and enhanced
cytoskeletal organization [64]. Moreover, myeloid-derived growth factor (Mydgf) was incorporated into
an injectable citrate-based polyester hydrogel to investigate its effects on improving cardiac tissue repair
following MI. The combination of the released Mydgf and citrate, which is an important substrate in
cellular energy metabolism, reduced cell apoptosis and scar formation as well as improved angiogenesis
and cardiac function [65]. In the study by Waters and colleagues, therapeutic biomolecules, such as
growth factors and cytokines, secreted by human adipose-derived stem cells (ADSCs), were loaded
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into laponite/gelatin hydrogel and injected into the peri-infarct region in an acute MI rat model,
which resulted in increased angiogenesis and reduced fibrosis as well as a significant improvement
in ejection fraction and cardiac output [66]. The hydrogel could accommodate growth factors due to
laponite, which is a synthetic nanoclay composed of discoid NPs that can bind growth factors through
electrostatic forces.

Figure 1. Representative images of biomaterials. Hydrogels, scaffolds/patches, and nanoparticles
loaded with growth factors/cytokines and stem cells, and their combination are shown.

Along with hydrogels, nanoscale carriers (Table 1) are extensively studied for cardiac tissue
repair following MI [67]. Targeted delivery, maintenance of protein stability, presence in blood
circulation for an extended time, and controlled release of loaded agents make NPs attractive carriers
for cardiac tissue therapy. For the purpose of targeting MI, Nguyen and colleagues developed NPs that
respond to a specific enzymatic stimulus of MMP-9 and MMP-2 enzymes, which are upregulated upon
infarction. This method allows for better accumulation at the MI site and longer clearance from the
system [68]. Moreover, DNA enzymes conjugated to gold NPs have been demonstrated to produce an
anti-inflammatory effect and improve cardiac function in a rat model of acute MI via silencing TNF-α
and downregulating pro-inflammatory mediators, such as IL-12β, IL-1β, IL-6, as well as inducible nitric
oxide synthase [69]. Another group loaded liraglutide in poly(lactic-co-glycolic acid)-poly(ethylene
glycol) nanoparticles (NP-liraglutide) and delivered it to the infarcted rats via intramyocardial injection
to overcome the challenges posed by its short half-life [70]. As a result, the NP-liraglutide system is
retained in the myocardium over four weeks, thus, enhancing heart function, attenuating adverse
cardiac remodeling, stimulating angiogenesis, and suppressing cardiomyocyte apoptosis. Although
NPs appear to be a promising drug delivery system, the main concerns are their toxicity and tendency
to aggregate, which lead to changes in physical and chemical properties and the formation of protein
corona on the surface of NPs that prevents specific targeting [67].

Hydrogels and NPs can be used separately, as previously mentioned, or in combination.
For example, a sulfonated hydrogel incorporated with VEGF and IL-10 and combined with PDGF-loaded
micelle NPs showed a sequential and sustained release of all three factors for 28 days in vitro and a
significant increase in the formation of mature vessels in vivo on a subcutaneous injection murine
model [12]. As a result, this novel system significantly promoted angiogenesis and demonstrated
the potential to ameliorate inflammation for improving cardiac repair post-MI. Another study used
a novel, shear-thinning biocompatible and catheter-deliverable HA-based hydrogel loaded with
dimeric fragment of hepatocyte growth factor (HGFdf) and a variant of stromal cell-derived factor
1α (ESA) to demonstrate a dual stage release that decreased infarct size and improved angiogenesis
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and heart function following MI [71]. ESA is a potent chemokine that attracts endothelial progenitor
cells to infarcted areas and displays significant pro-angiogenic and wound healing effects. Moreover,
hepatocyte growth factor prevents tissue fibrosis by inhibiting TGF-β production and stimulating
MMP-1 to increase collagen degradation, as well as possessing pro-angiogenic and cardiomyogenic
properties [72].

Another type of biomaterial is a cardiac patch that is directly applied to the myocardium.
An acellular epicardial patch, developed from hydrogel, was also shown to prevent left ventricle
remodeling and improve cardiac function in acute and subacute MI models in rats [73]. Wan and
colleagues developed a novel cardiac patch derived from human heart valves. It is thought that
the use of a human heart valve-derived scaffold (hHVS) may be superior to other approaches in
cardiac repair by providing a native myocardial ECM. An in vitro study showed increased cellular
proliferation and induction of cardiomyogenic differentiation of cells attached to a hHVS. An in vivo
experiment demonstrated that patch application of hHVS alone reduced infarct size in a murine MI
model. However, c-kit+ stem cell-seeded hHVS was more effective [74]. Cardiac patches have also been
used for growth factor delivery (Table 1). Rodness and colleagues demonstrated that VEGF-containing
calcium-alginate microsphere patches increased capillary density and improved tissue regeneration and
cardiac function [75]. Transplanted human cardiomyocyte patches, which contained cardiomyocytes
derived from human iPSCs and NPs loaded with FGF1 and CHIR99021, an inhibitor of the enzyme
glycogen synthase kinase-3, reduced infarction size and improved angiogenesis and cardiac function.
The combination of these factors reduced apoptosis and increased proliferation of transplanted
cardiomyocytes [76].

In summary, biomaterials including micro and nanospheres, lipid NPs, nanofibrous structures,
coacervate, hydrogels, and scaffolds appear to be a promising drug delivery system for cardiac
tissue repair following MI. They can be administered alone or loaded with powerful therapeutic
agents, such as growth factors and cytokines, that regulate cardiac tissue regeneration following MI.
Biomaterials loaded with growth factors/cytokines have been shown to enhance angiogenesis and
tissue regeneration, reduce cardiac cell death and scar size, ameliorate inflammation, and improve
cardiac function (Table 1).

Table 1. Biomaterials loaded with growth factors and cytokines for cardiac tissue regeneration.

Biomaterial
Growth

Factors/Cytokine
Effect References

Heparan sulfate
proteoglycans bFGF

Extended bioavailability of the
growth factor by protecting it from

degradation, and improved
angiogenesis and cardiac function

[53]

Glutathione-modified
collagen hydrogel

bFGF fused with
glutathione-S-transferase
and MMP-2/9 cleavable

peptide TIMP

Decreased collagen deposition,
increased vascularization,

and improved heart function
[54]

Hydroxyethyl methacrylate
hyaluronic acid hydrogel Neuregulin-1β Improved ventricular function and

structure [38]

Fibrin gel/heparine
coacervate VEGF and PDGF

Improved angiogenesis and cardiac
function, and reduced scar formation

and inflammation
[57]

Citrate-based polyester
hydrogel Mydgf

Reduced cell apoptosis and scar
formation, and improved

angiogenesis and cardiac function
[65]
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Table 1. Cont.

Biomaterial
Growth

Factors/Cytokine
Effect References

Laponite/gelatin hydrogel ADSC secretome
Improved angiogenesis, ejection

fraction, and cardiac output,
and reduced fibrosis

[66]

Poly(lactic-co-glycolic
acid)–poly(ethylene glycol)

nanoparticles
Liraglutide

Improved heart function, attenuated
adverse cardiac remodeling,

stimulated angiogenesis,
and suppressed cardiomyocyte

apoptosis

[70]

A sulfonated hydrogel and
poly(ethylene

glycol)-blockpoly(serinol
hexamethylene

urea)-block-poly(ethylene
glycol) micelle nanoparticles

VEGF, IL-10, and PDGF

Improved angiogenesis and
demonstrated potential amelioration
of inflammation to optimize cardiac

repair post-MI

[12]

Hyaluronic acid-based
hydrogel HGFdf and ESA Decreased infarct size, and improved

angiogenesis and heart function [71]

Calcium-alginate
microsphere patch VEGF

Improved tissue regeneration and
cardiac function, and increased

capillary density
[75]

Human cardiomyocyte patch
with polylactic-co-glycolic

acid nanoparticles
FGF1 and CHIR99021

Reduced infarction size and improved
angiogenesis and cardiac function.

The combination of factors reduced
apoptosis and increased proliferation

of transplanted cardiomyocytes

[76]

3. Biomaterials Loaded with Stem Cells for Cardiac Tissue Regeneration

Stem cells possess self-regenerating, differentiating, and immunomodulating properties, as well
as release trophic factors. Therefore, they have been considered to be promising tools for cardiac tissue
regeneration [20,77,78]. Many reports have demonstrated the therapeutic potential of various stem cell
types, such as bone marrow-derived stem cells (BMSCs), ADSCs, cardiac-derived stem cells/cardiac
progenitor cells (CPCs), and others, on myocardial tissue regeneration [79–83]. Moreover, stem cells
have shown their therapeutic efficiency in several clinical trials [84]. Treatment with MSCs can
improve left ventricle remodeling and function through decreasing scar size, promoting angiogenesis,
and improving contractility [85,86]. Stem cells mediate cardioprotection by lowering the number
of apoptotic myocytes at the site of injection. The mechanism responsible for protection includes
insulin-like growth factor 1 (IGF-1)-mediated activation of stress-signaling and inflammatory response
pathways and the suppression of cardiac transcription factor, nuclear factor kappa B [20]. Stem cells
also support neoangiogenesis in post-MI tissue through positive regulation of VEGF, angiopoietin-1
(Ang-1), epidermal growth factor (EGF), and PDGF. Cell survival and proliferation is regulated by the
AKT signaling pathway [87]. Despite the beneficial effects of stem cells on post-MI tissue regeneration,
limitations such as low engraftment and survival rates in a harsh microenvironment compromise
the clinical translatability of this approach [88]. Poor engraftment of transplanted cells is linked
to mechanical loss during injection, loss of viability during long-lasting pre-conditioning, hypoxia,
nutritional deficiencies, and low cell proliferation rate in vivo [88]. Therefore, various approaches are
now being examined to increase engraftment and enhance the survival and stability of stem cells. One
such approach is the use of biomaterials. Table 2 summarizes the use of biomaterials loaded with stem
cells for cardiac tissue regeneration.

Several stem cell delivery systems are now utilized, including direct needle injection, nanogels,
polymers, and inorganic nanomaterials [89–91]. Needle injection is the preferred method in clinics as it
is less invasive. However, it has low cell retention, with less than 5% of transplanted cells reaching
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and remaining in cardiac tissue [92]. Recently, Park and colleagues proposed a new efficient direct
MSC injection method to treat MI. MSCs were used in favor of other stem cell types based on their
efficiency in reducing apoptosis and inflammation, as well as their ability to enhance vascularization
and cardioprotection. In their study, they applied electrostatic interactions between bioengineered
cationic mussel adhesive protein (MAP) and anionic HA. The resulting MAP/HA coacervate, named the
adhesive protein-based immiscible condensed liquid system (APICLS), was successfully loaded with
MSCs. APICLS was shown to be an innovative platform to treat MI, where stem cells demonstrated
higher viability and retention and therefore, recovered infarcted tissue more effectively [92]. Another
promising biomaterial for in vivo stem cell delivery is a collagen-based hydrogel transglutaminase
cross-linked gelatin (Col-Tgel). The Col-Tgel-ADSCs system was shown to greatly improve MI
treatment by enhancing engraftment of stem cells. ADSCs, which are the MSCs derived from adipose
tissue, are shown to have several advantages over the bone marrow-derived MSCs. These include a
more attractive cost and yield, a less invasive method for isolation, and a higher rate of cell growth [93].
In the study by Blocki and colleagues, injectable microcapsules made of agarose and ECM components
were developed to enhance the survival of bone marrow-derived MSCs after their transplantation to
rats with acute MI. The design was safe and efficient as evidenced by the absence of fibrotic response
and persistence of the cells in the infarcted myocardium for four weeks after injection. In contrast,
when these cells were injected without microcapsules, i.e., as cell suspension, they were detectable in
post-MI hearts for only two days following transplantation [94]. Gallagher and colleagues showed that
delivering MSCs using an arginylglycylaspartic acid (RGD)-modified HA hydrogel improves MSCs
survival in the ischemic area. This effect was achieved due to HA being a natural ECM component and
RGD being a tripeptide sequence that promoted MSC attachment to the hydrogel [95]. Another study
successfully improved post-MI heart recovery in rats by delivering iPSCs in erythropoietin-linked
hydrogel. The hydrogel was administered by injection into the myocardium [96]. Moreover, Cai and
colleagues developed a novel designer self-assembling peptide (DSAP) consisting of the existing
synthetic SAP and angiopoetin-1-derived pro-survival peptide QHREDGS in order to improve
engraftment and retention of MSCs. This system significantly improved the survival of rat MSCs when
they were injected into rats with MI [97]. Enhanced cell survival could be attributed to the presence
of the QHREDGS peptide in the SAP. This peptide is an integrin-binding motif of Ang-1, a growth
factor that stimulates endothelial cell survival, migration, and differentiation [98]. It was shown that
QHREDGS peptide could mediate the same effects on its own, without being a part of Ang-1, when it
is incorporated into various biomaterials such as hydrogels, for example [97]. However, the exact
mechanism by which it promotes cell survival is still to be elucidated.

Pro-survival peptides were also used in the study by Lee and colleagues. In particular, they
utilized collagen–dendrimer biomaterial crosslinked with pro-survival peptide analogues, namely,
bone morphogenetic protein-2 peptide analogue, erythropoietin peptide analogue, and FGF2
peptide analogue, to augment the survival of CPCs in the MI model of mice [99]. CPCs that
were transplanted with pro-survival factors enriched the collagen matrix and showed significantly
greater long-term survival and engraftment compared to cells without the matrix. The authors
described the molecular mechanism of enhanced cellular survival. Thus, the pro-survival matrix
caused an increase in the expression of genes involved in the MAPK and phosphatidylinositol-3-OH
kinase-protein kinase B (PI3K-AKT) pathways, while inhibiting pro-apoptotic pathways. In another
study, silica-coated magnetic nanoparticles (MNPs) and an external magnet were utilized to enhance
the survival of transplanted cells [100]. Embryonic cardiomyocytes, embryonic stem cell-derived
cardiomyocytes, and BMSCs were incorporated into MNPs. Afterwards, the cell-MNP delivery system
was intramyocardially injected into a murine model of MI, and a magnet was placed close to the chest
of the animals to force the cells into the infarcted tissue. The treatment had drastically enhanced cell
engraftment by 7-fold and 3.4-fold, two and eight weeks after application, respectively. The increased
engraftment of the transplanted cells was due to a decrease in the loss of cells via the injection channel,
which increased their proliferation and reduced apoptosis. The graphene oxide/alginate microgels
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constructed for cell delivery also demonstrated a favorable approach to promote MI recovery of the
left ventricle during transplantation of MSCs [101].

Cardiac cell patches (Table 2) can be constructed from natural or synthetic materials, albeit natural
materials are more favorable due to their biocompatibility and comparatively low cost [102]. Studies
show that cardiac patches loaded with stem cells, where MSCs are preferable compared to CPCs,
embryonic or iPSCs, facilitate a higher engraftment rate of transplanted cells. Moreover, cell patches
also provide a positive impact on cardiomyogenesis and angiogenesis [102,103]. Wang and colleagues
transplanted poly(ε-caprolactone)/gelatin patch loaded with MSCs into the epicardium of the murine
model of MI. The patch reduced MI-induced damage by promoting angiogenesis, lymphangiogenesis,
and cardiomyogenesis, decreasing scar size and enhancing the release of paracrine factors from stem
cells. They also showed an increase in the expression of hypoxia-inducible factor 1α, TGF-β, VEGF,
and SDF1 factors and a negative regulation of CXCL14. Cytokine release enhanced the recruitment
of endogenous c-kit+ cells and activated the epicardium [103]. Chen and colleagues designed a
novel chitosan and silk fibroin microfibrous cardiac patch that significantly improved the survival
of murine adipose tissue-derived MSCs in infarcted hearts of a rat model [104]. This was achieved
due to the structural resemblance of the patch to the native ECM of the heart. Thus, the patch
provided a suitable environment for the retention and survival of the transplanted cells. Nevertheless,
the detailed mechanism of this process is yet to be identified. Similarly, in the study by Gaetani
and colleagues, it was shown that a 3D-printed HA/gelatin cardiac patch could support long-term
survival and differentiation of the CPCs when they were tested on the mouse model of MI [105].
Su and colleagues used a cardiac patch not only to provide an adhesion and retention framework for
stem cells, but to also nutritionally support them [106]. Specifically, they developed a vascularized
fibrin gel that could accommodate CSCs. Such a construct would help stem cells receive nutrients
through biomimetic blood vessels (BMV) within the hydrogel and consequently, enrich their survival.
In addition, the BMV were made of fibronectin, a constituent of the natural ECM, and hence, provided
the appropriate environment for the transplanted cells. Moreover, Dong and colleagues constructed
a patch made of gold NPs coated with a combination of ECM and silk proteins [107]. The patch
was loaded with rat bone marrow-derived MSCs and tested in a cryoinjury model of MI in rats.
The construct was found to greatly improve stem cell survival and retention as well as significantly
decrease the infarct size 28 days post-infarction. The authors proposed several mechanisms to achieve
beneficial effects of the patch on cell viability. Namely, the construct possesses antioxidant properties
and acts as a mechanical scaffold, thus, protecting the transplanted cells from the harsh environment
in the infarcted region. Gao and colleagues used an ECM scaffold to deliver human iPSC-derived
cardiomyocytes, smooth muscle cells, and endothelial cells to mice with MI [108]. This treatment
significantly reduced infarct size and improved cell proliferation, cardiac function, and angiogenesis.
Furthermore, Tang and colleagues developed new microneedle patches loaded with cardiac stromal
cells (CSCs) for post-MI tissue regeneration. Poly(vinyl alcohol)-made microneedles served as channels
between myocardial tissue and regenerative factors released from CSCs. In vivo studies on a rat MI
model showed that microneedle patches could promote angiogenesis, reduce fibrosis, and repair the
left ventricular wall [109]. Combinatorial dual stem cell delivery is another approach to enhance
the survival of transplanted stem cells. Park and colleagues used MSCs seeded on polycaprolactone
patch and iPSC-derived cardiomyocytes for in vivo treatment of the rat MI model. Analysis with
immunohistochemistry, gene expression, and echocardiography demonstrated significant enhancement
in MI recovery. Cardiomyocytes contributed to myocardium regeneration, while growth-promoting
paracrine factors from MSCs accelerated angiogenesis as well as caused iPSC-cardiomyocytes to
resemble adult-like cardiomyocyte morphology [110]. Interestingly, the cardiac patch can be 3D printed
for iPSC-derived cell delivery to effectively enhance post-MI treatment [111].

Another positive effect of biomaterials on stem cell therapy is the enhanced release of paracrine
factors produced by the cells. Melhem and colleagues developed a microchanneled hydrogel patch that
can sustain a continuous release of stem cell synthesized factors [112]. The patch was loaded with human
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bone marrow-derived MSCs and tested in vitro and in the murine model of MI. Patch-protected MSCs
released a variety of angiogenic, anti-inflammatory, cardioprotective, antifibrotic, and antiapoptotic
factors in vitro. Furthermore, the sustainable release of paracrine factors by the system was confirmed
by the assessment of the VEGF release profile for one week. Over this period of time, the amount of
VEGF linearly increased. The microchanneled hydrogel patch loaded with MSCs showed other benefits
as well. Namely, mice treated with the patch showed significant improvement in cardiac function,
which was established by echocardiographic examinations of ejection fraction and stroke volume five
weeks after infarction. Importantly, the therapeutic effects of the treatment were significantly greater
with MSCs, the patch without MSCs, or MSCs alone as compared to the patch without microchannels.
Moreover, the effects of the patch did not depend on the number of transplanted cells, implicating
that the construct could reduce the number of stem cells required for treatment. Similarly, Mayfield
and colleagues showed that single cell hydrogel microencapsulation of human CSCs significantly
improves the production of pro-angiogenic/cardioprotective cytokines, angiogenesis, and angiogenic
cells recruitment after direct intramyocardial injection into mice with MI [113]. Less is known about
biomaterial distribution after injection in vivo; Ahmadi and colleagues reported that a collagen
matrix is retained mostly in the injected area with minimal distribution to non-target areas [114].
Han and colleagues utilized iron NPs that were co-cultured with rat cardiomyoblasts to boost the
therapeutic efficiency of human bone marrow-derived MSCs [115]. The modified MSCs showed
increased expression of various paracrine factors, namely, bFGF, HGF, VEGF, Ang-1, urokinase type
plasminogen activator, placental growth factor, and monocyte chemoattractant protein-1. Moreover,
pre-treated MSCs reduced infarct size, prevented fibrosis, decreased apoptosis of myocardial cells,
increased angiogenesis, and improved cardiac function and the survival of rats with acute MI overall.
The authors stated that improvements in the therapeutic potential of MSCs should be attributed to the
increased expression of connexin 43 gap junction protein by cardiomyoblasts, which was stimulated by
iron NPs. The greater expression of connexin, in turn, leads to a more efficient electrophysiologic and
paracrine crosstalk between MSCs and cardiomyoblasts [116–118].

Yet another advantageous effect of biomaterials on stem cell treatment is their ability to
accommodate factors that could act synergistically with stem cells, thus, enhancing their therapeutic
actions [119,120]. For instance, Yokoyama and colleagues tested the efficiency of statins and
human ADSCs combinations incorporated into NPs [121]. The treatment was injected into the
tail vein of mice with MI, and its therapeutic effects were assessed for four weeks after infarction.
The statin-ADSCs encapsulating NPs significantly increased the ejection fraction and several other
parameters, which reflect left ventricular function. This positive effect of statin-ADSCs combination
was superior compared to the use of statins or ADSCs alone. The mechanism by which the treatment
brought about these improvements is likely through stimulation of the sustained and localized release
of the statins by ADSCs. This, in turn, resulted in the inhibition of local inflammation, promotion
of circulating stem cell recruitment, and stimulation of their differentiation to cardiomyocytes and
angiogenesis [121]. Importantly, in this study, treatment efficiency was achieved with a smaller cell
number of ADSCs than has ever been reported. A conductive hydrogel was also used to deliver plasmid
DNA encoding endothelial nitric oxide synthase and ADSCs by injection into the infarcted myocardium.
The results again demonstrated improved cardiac function with the conductive hydrogel [17]. Yao and
colleagues also combined adipose-derived MSCs with a nitric oxide (NO) releasing system [122].
They utilized a naphthalene hydrogel that could maintain a controllable release of NO. In addition
to demonstrating an excellent cell survival rate, the hydrogel stimulated the synthesis of angiogenic
factors VEGF and SDF-1α in the MI model of mice. In yet another study, the therapeutic benefits of
ADSCs were enhanced by NRG1 growth factor [123]. The ADSCs-NRG1 mixture was encapsulated into
microparticles and injected into rats with MI. This combination improved cell survival as demonstrated
by the persistence of the transplanted cells at three months after injection. Furthermore, ADSCs
induced the shift of macrophages found in the infarcted myocardium from pro-inflammatory M1
to regenerative M2 phenotype. At the same time, NRG1 reduced the infarct size and stimulated
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cardiomyocyte proliferation. Compared to a separate administration, the combined treatment with
ADSCs-NRG1 microparticles resulted in a more pronounced regeneration of the damaged myocardium.
Chung and colleagues showed that cardiac patch-supported co-transplantation of CSCs and VEGF
had a synergistic effect on angiogenesis, cell proliferation, and the recruitment of stem cells [124].
In particular, they developed a poly(l-lactic acid) mat and loaded it with rat CSCs and VEGF. When
the system was tested in the rat MI models, it had greater angiogenic and cardiomyogenic effects
compared to either VEGF with the patch or CSCs with the patch. Thus, numerous developments have
been achieved in recent years in the usage of biomaterials to deliver stem cells to the infarction site.
These include coacervates, various modifications of the hydrogels, NPs, and cardiac patches. Moreover,
the combination of NPs and hydrogels also promoted transplanted cell survival. Stem cells derived
from different sources were loaded into biomaterials alone, preconditioned or loaded in combination
with bioactive molecules. Transplanted or tail vein injected stem cells delivering biomaterials have
significantly enhanced recovery of the MI in small animal models and show promising results for their
therapeutic applications. Small animals are commonly used in cardiovascular research due to their
small size, low cost, short gestation time, and ease in maintenance and genetic manipulations [125].
However, there are limitations to their use that are responsible for their high failure rates in human
clinical trials. These include a small heart size and anatomical differences in the coronary artery and
conduction system. [126–128].

Table 2. Biomaterials loaded with stem cells for cardiac tissue regeneration.

Biomaterial Stem Cells Effect References

Mussel adhesive
protein/HA coacervate MSCs Increased MSCs survival and

retention [92]

Collagen-based hydrogel ADSCs Improved engraftment of stem cells [93]

Microcapsules made of
agarose and ECM

components
MSCs Increased MSCs survival [94]

Arginylglycylaspartic
acid (RGD) modified HA

hydrogel
MSCs Increased MSCs survival [95]

Erythropoietin linked
hydrogel iPSCs Improved the post-MI heart recovery [96]

Synthetic SAP and
angiopoetin-1-derived
pro-survival peptide

QHREDGS

MSCs Increased cells survival and cardiac
function [97]

Collagen–dendrimer CPCs Increased long-term survival [99]

Silica-coated SOMag5
magnetic nanoparticles

Embryonic
cardiomyocytes,
embryonic stem

cell-derived
cardiomyocytes

and BMSCs

Improved cell engraftment [100]

Graphene oxide/alginate
microgel MSCs Improved MI recovery [101]

Poly(ε-caprolactone)/gelatin
patch MSCs

Increased angiogenesis,
lymphangiogenesis,

cardiomyogenesis, and paracrine
factors released by stem cells and

reduced scar size

[103]
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Table 2. Cont.

Biomaterial Stem Cells Effect References

Chitosan and silk fibroin
microfibrous cardiac

patch
MSCs Increased MSC survival [104]

Hyaluronic acid/gelatin
cardiac patch CPCs Increased long-term CPCs survival

and differentiation [105]

Vascularized fibrin
hydrogel patch CSCs Increased cell survival [106]

Gold nanoparticles
coated with a

combination of ECM and
silk proteins

MSCs Increased cell survival and retention
and decreased infarct size [107]

ECM scaffold with the
usage of methacrylated

gelatin

iPSC-derived
cardiomyocytes,
smooth muscle

cells and
endothelial cells

Reduced infarct size and improved
cell proliferation, cardiac function,

and angiogenesis
[108]

Poly(vinyl alcohol)
microneedle patch CSCs

Improved angiogenesis, reduced
fibrosis, and repaired left ventricular

wall
[109]

Polycaprolactone patch
MSCs and

iPSC-derived
cardiomyocytes

Improved MI recovery and
angiogenesis [110]

Microchanneled
poly(ethylene glycol)

dimethacrylate hydrogel
patch

MSCs Improved cardiac function [112]

Agarose hydrogel
microcapsules

supplemented with
fibronectin and

fibrinogen

CSCs

Improved production of
pro-angiogenic/cardioprotective

cytokines, angiogenesis,
and angiogenic cells recruitment after

direct intramyocardial injection

[113]

Iron nanoparticles MSCs

Reduced the infarct size, prevented
fibrosis, decreased apoptosis of

myocardial cells, increased
angiogenesis, and improved cardiac

function

[115]

Statin-conjugated
poly(lactic-co-glycolic

acid) nanoparticles
ADSCs

Increased the ejection fraction and
several other parameters which reflect
the left ventricular function. Inhibited

local inflammation, promoted
recruitment of circulating stem cells,

and stimulated their differentiation to
cardiomyocytes and angiogenesis

[121]

Tetraaniline-polyethylene
glycol diacrylate and

thiolated hyaluronic acid
conductive hydrogel

ADSCs

Improved neovascularization,
regeneration of the damaged

myocardium, and post-infarction
cardiac function

[17]

Naphthalene hydrogel MSCs
Increased cells survival,

and stimulated the synthesis of
angiogenic factors VEGF and SDF-1α

[122]
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Table 2. Cont.

Biomaterial Stem Cells Effect References

Poly(lactic-co-glycolic
acid) microparticles ADSCs

Improved cells survival, and induced
the shift of macrophage found in the

infarcted myocardium from
pro-inflammatory M1 to regenerative

M2 phenotype

[123]

Poly(l-lactic acid) mat CSCs Improved angiogenic and
cardiomyogenic effects [124]

4. Conclusions

Biomaterials are being actively investigated for their use in tissue engineering and regenerative
medicine due to their biodegradability and biocompatibility properties. Another important property
of biomaterials is their ability to incorporate various growth factors and cytokines and to spatially and
temporally control their release. Thus, biomaterials can serve as a good platform for the controlled and
sustained delivery of growth factors and cytokines to ameliorate inflammation, improve angiogenesis,
reduce fibrosis, and generate functional cardiac tissue. Moreover, biomaterials can be used to address
some of the challenges associated with stem cell therapy of cardiovascular diseases. Specifically,
they can improve stem cell survival and retention, enhance the delivery of the factors produced
by the cells, support differentiation, and boost their therapeutic efficacy overall. However, despite
the promising results of biomaterials in MI treatment, additional studies should be performed to
improve their biocompatibility and biodegradability. Furthermore, the best source of transplanted
stem cells and optimal doses of various growth factors and cytokines should be determined in order
to create functional cardiac tissue and improve heart function. However, small animals do not
fully recapitulate all the aspects of disease phenotypes, although they do replicate some of features.
Therefore, translational aspects should be carefully interpreted with respect to these issues.
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Abstract: With increasing life expectancy, demands for dental tissue and whole-tooth regeneration are
becoming more significant. Despite great progress in medicine, including regenerative therapies, the
complex structure of dental tissues introduces several challenges to the field of regenerative dentistry.
Interdisciplinary efforts from cellular biologists, material scientists, and clinical odontologists are being
made to establish strategies and find the solutions for dental tissue regeneration and/or whole-tooth
regeneration. In recent years, many significant discoveries were done regarding signaling pathways
and factors shaping calcified tissue genesis, including those of tooth. Novel biocompatible scaffolds
and polymer-based drug release systems are under development and may soon result in clinically
applicable biomaterials with the potential to modulate signaling cascades involved in dental tissue
genesis and regeneration. Approaches for whole-tooth regeneration utilizing adult stem cells, induced
pluripotent stem cells, or tooth germ cells transplantation are emerging as promising alternatives to
overcome existing in vitro tissue generation hurdles. In this interdisciplinary review, most recent
advances in cellular signaling guiding dental tissue genesis, novel functionalized scaffolds and drug
release material, various odontogenic cell sources, and methods for tooth regeneration are discussed
thus providing a multi-faceted, up-to-date, and illustrative overview on the tooth regeneration matter,
alongside hints for future directions in the challenging field of regenerative dentistry.

Keywords: dentogenesis; amelogenesis; dentinogenesis; cementogenesis; drug release materials;
scaffolds; odontogenic cells; stem cells; whole-tooth regeneration

1. Introduction

Dental injuries and diseases such as caries and periodontitis are affecting significant fractions of
populations worldwide and are the main reason for dental tissue regeneration efforts [1,2]. Caries
lesions cause local enamel resorption and dentin damage due to oral microbiota activities in the morbid
tooth. Although relatively easily manageable at early stages, if left untreated caries causes excessive
dentin damage and poses a need for reparative treatment [3]. Periodontitis is a complex inflammatory
disease, where pathogenic oral microbiota and host immune response dysregulation lead to the gingiva,
periodontal ligament, cementum, and alveolar bone damage [4]. Excessive periodontitis damage
cannot be regenerated naturally, thus requires specialized soft and hard calcified tissues regeneration
approaches. Next to infectious/inflammatory oral diseases, several heritable disorders of dental tissue
formation exist (e.g., amelogenesis imperfecta, dentinogenesis imperfecta, and tooth agenesis), which
affect tooth formation, eruption, calcification, or maturation [5–8]. In addition to disrupted teeth
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integrity, dental diseases often create an unaesthetically looking oral cavity, thus affecting patients
emotionally, which makes dental tissues regeneration critical in both aspects: health and aesthetics.

Dental tissues have no or very limited capacity for self-regeneration [2,3,9,10]. Specifically, enamel
becomes acellular after it is formed; dentin regeneration is limited and dependent on the dental
pulp stem cell pool, which deteriorates in the case of an infection and inflammation; and cementum
has no remodeling capacity and limited regrowth in the case of disease-induced resorption [10–13].
Each dental tissue contains a defined amount of inorganic matter (hydroxyapatite crystals), matrix
proteins arranged in a scaffolding network, and microstructures such as lacunae in cellular cementum
and microchannels, which accommodate cellular processes in dentin and cementum. The complex
microarchitecture of the tooth poses a need for appropriate replacement materials, which have to be
biocompatible and wear-resistant [14]. Additionally, the development of enamel and dentin relies
heavily on mesenchymal–epithelial interactions, thus making it challenging to recapitulate the process
in vitro even using existing odontogenic cell lines and adult stem cell culture methods [10,12,15–17].
Although a lot is already known about tooth formation and molecular cues shaping this process [5,6,18],
signaling patterns involved in dental tissue differentiation in vitro, postnatal calcified tissue metabolism
and regeneration are being actively studied and more research is expected in the future [18–47].

Efforts in whole tooth regeneration have been made for decades [48] and include biological,
bioengineering, and genetic approaches. Revitalizing the odontogenic potency of the successional
dental lamina (SDL) rudiment for lost tooth regeneration might be one possibility to induce tooth
formation in vivo in the adult [49]. Whole-tooth restoration using autologous tooth germ cells and
bioengineered tooth germ transplantation is another promising opportunity [50,51]. However, due to
limited sources of tooth germ cells, the risk for immune rejection of allogeneic or xenogeneic cells, as
well as ethical and legal constraints, adult stem cells of various sources or induced pluripotent stem cells
(iPSCs) may be used instead [52–54]. Recently, combining cells of mesenchymal and epithelial origin of
various plasticity is being actively explored for tooth regeneration using novel culture methods [55–57].

Although the implantation of recombined embryonic or adult cells may give rise to tooth-like
organs in vivo, the combination with scaffold material may improve tooth formation. Scaffolds can
influence the biological behavior of cells and can give mechanical support to tissue constructs. Their
consecutive degradation should parallel the formation of the native extracellular matrix and promote
the assimilation of constructs after implantation [58]. In contrast to periodontal bone and other
bone grafts, where numerous scaffold compounds have been developed and tested within the last
decade [59–64], studies on artificial scaffolds for tooth regeneration are still rare due to the rather
complex nature of teeth [14,65]. Recent studies in biomaterial development involve hybrids and
composites of inorganic/organic components to be used as scaffolds to mimic the complex composition
of the natural tooth [55,58,66]. New investigations have shown also that the functionalization of
scaffolds using cell-free methods is possible. Vesicles, small RNAs, or exosomes from cultured stem cells
or embryonic cells can be used onto or within scaffold material to address regenerative functions [65].
Besides, scaffolds can be loaded with drugs, growth factors, and/or receptor ligands to guide the stem
cell differentiation process during dentogenesis [19,64,67,68]. However, very few artificial materials
have been tested thus far in clinical trials [9,69].

In this review, the most recent discoveries regarding cellular signals guiding dental tissue
differentiation in vitro and in vivo are summarized. Current developments of biocompatible
functionalized scaffolds, drug-release materials, and their applications are addressed as well. Finally,
whole-tooth generation approaches using various cellular sources and dilemmas in tooth regeneration
are elucidated. An interdisciplinary approach is taken to cover tooth regeneration issues from molecular,
via structural to biological aspects.
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2. Hard Dental Tissues and Their Genesis

2.1. The Complexity of Dental Tissues

The process of teeth formation starts within embryogenesis and proceeds in multiple phases
throughout the prenatal period, childhood and adolescence resulting in an eruption of permanent
teeth. Each dental tissue forms in a unique way and in a tightly regulated manner, where one tissue is
guiding or supporting the formation of the other [11,30,40]. Early odontogenesis is characterized by an
epithelial–mesenchymal interaction, which is also a blueprint for the formation of other organs such as
hair follicles or exocrine glands [70]. The epithelium is derived from the embryonic endoderm, while
the mesenchyme is derived from the cranial neural crest. Placodal thickenings of the oral epithelium
along the dental lamina first induce a cellular condensation of the underlying mesenchyme. The tooth
primordium then undergoes different morphological stages forming a bud, cap, and later bell stage.
While the epithelium gives rise to enamel, the mesenchyme is the source of the later pulp, periodontal
apparatus and hard substances such as dentine and cementum. Then, epithelial components lose their
inductive odontogenic competence while a reciprocal induction starts from the mesenchyme. These
reciprocal crosstalks are governed by a signaling program consisting of a large number of molecules
interacting in signaling pathways. Major examples of these factors are families such as the Bone
Morphogenic Proteins (BMPs), Fibroblast Growth Factors (FGFs), Wingless/Int1 (Wnt), Hedgehog
(Hh), or Ectodysplasin (EDA) functioning as morphogenetic inducers [18,65,71]. The morphogenesis
is driven by signaling centers, which orchestrate tissue interactions and are involved in the size and
shaping of the single tooth. In addition to cellular signaling, tissue forces, e.g., through an epithelial
contraction, mesenchymal condensation, or bone biomechanics, participate in the formation of tooth
morphology [71,72].

During tooth development, several stem cell niches have been identified. Epithelial stem cells
are located, e.g., in the cervical loop, which is the apical end of the advancing epithelium consisting
of an outer and inner layer and active until the onset of tooth root formation. These stem cells play
a role in continuously growing teeth, e.g., mouse incisors. The elongation of the cervical loop as a
double-layered structure is named Hertwig’s epithelial root sheath and is the signaling center for
tooth root formation. It should also be mentioned that tooth formation depends on the interaction
with the developing alveolar bone, which therefore should be considered in strategies for whole tooth
regeneration [71,73].

The mature tooth is a complex organ consisting of non-vascularized hard tissues: enamel, dentin,
and a soft vascularized innervated dental pulp. The dental pulp is closely associated with dentin
and harbors odontoblasts, dental pulp stem cells (DPSCs), pericytes, and other cellular populations.
Blood vessels penetrating the pulp nourish the resident cells, while nerves participate in the sensory
information exchange between the pulp and oral environment (Figure 1B). In the case of excessive
dental injury (e.g., deep caries), odontoblasts, their precursors, and DPCSs can be recruited from the
dental pulp and participate in dentin repair [74]. The tooth is surrounded by the periodontal ligament,
which is a complex attachment tissue harboring odontogenic stem cells [69,75], linking the tooth to the
alveolar jawbone (Figure 1). The mature molar tooth macrostructure and microstructures of dental
tissues containing cell niches are depicted in Figure 1.

2.2. Signaling Pathways Modulating Hard Dental Tissue Generation

Many signaling cascades such as FGF, sonic hedgehog (Shh), transforming growth factors beta
(TGF-β), BMPs, and Wnt/β-catenin are involved in the regulation of dentogenesis during development
and adulthood [11,45,76–78]. Specific functions elicited by activation of these pathways are noted
during distinct phases of dental tissue differentiation, some of which are beneficial for cell stemness
and proliferation (FGF, Shh) while others such as Wnt, TGF-β, and BMPs act in postnatal differentiation
phases and promote polarization, migration, and calcification [23,25–28,30,31,37,77,79,80]. Next to
this, purinergic signaling function is gaining research attention in dental tissues metabolism [32,81,82].
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Most ligands activate transcription factors such as runt-related transcription factor 2 (Runx2), osterix
(Osx or Sp7), and extracellular signal-regulated kinase 1/2 (ERK1/2 or MEK1/2), which are central
regulators of gene sets crucial for calcified tissues [33–35,83]. Epithelial–mesenchymal interactions are
also involved in odontogenic and cementogenic differentiation [23,24,30,38,39].

Figure 1. Tooth structure and dental tissues with the respective stem cell populations. (A) The
odontoblast niche is bordering dental pulp beneath the dentin with odontoblast processes projecting
towards enamel. (B) Diverse cell populations are found in dental pulp, DPSCs, which can give rise to
odontoblasts. (C) Cementocytes are residing in the lacunae of cellular cementum at the root apex with
their cellular processes projecting towards the periodontal ligament.

2.2.1. Amelogenesis

Tooth enamel formation or amelogenesis is the process of tooth enamel generation by ameloblasts,
during which ameloblasts move towards the enamel surface and secrete proteins such as amelogenin,
ameloblastin, and enameling. These proteins serve as scaffolds for calcium and phosphorus ions to
be deposited on, thus guiding hydroxyapatite crystals aggregates—the enamel rods—generation. In
this process, amelogenin and amelotin phosphorylation appears to be essential for correct enamel rod
formation/organization [84–86]. The scaffolds are later degraded by matrix proteases and ameloblasts
undergo apoptosis, which makes enamel the most mineralized acellular tissue in the human body,
consisting of 95% hydroxyapatite crystals and 5% organic matter and water by weight [10,11]. Enamel
is subjected to wear and tear throughout life. However, unlike other mineralized tissues of the
human body, enamel cannot be regenerated due to its acellular nature. Although several cell sources
were shown to have amelogenic capacity including keratinocyte stem cells, epithelial cell rests of
Malassez (ERM) from periodontal ligament, odontogenic oral epithelial stem cells (OEpSCs), adipose
tissue-derived mesenchymal stem cells (AT-MSCs), and iPSCs [87–92].

Since ameloblasts undergo apoptosis upon fulfilling their function of enamel production,
studies of amelogenesis rely on in vitro models such as murine immortalized ameloblast-lineage
cell (ALC) line [15], organotypic cultures, or rodent models. Many discoveries regarding ligands, their
downstream transcriptional factors and responsive genes expressing core enamel proteins and matrix
metalloproteinases were done using the mentioned ALC line. Shh, which is one of the major ligands
expressed in the enamel knot during tooth morphogenesis, was shown to have a direct effect on the
expression of the major enamel matrix proteins amelogenin and ameloblastin. The upregulation of
these proteins is mediated by an activated glioma-associated transcription factor (Gli1) in the presence
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of Shh [42,77]. Notably, Gli1 was proposed as a marker for selecting stem cells with the odontogenic
potential for tooth regeneration [93,94]. Runx2 together with odontogenic ameloblast-associated protein
(ODAM) regulates matrix metalloproteinase 20 (MMP20) expression, the key enamel matrix-degrading
enzyme [43], and has an affinity for the Wdr72 (gene coding for maturation-stage ameloblast-specific
protein) promoter [44]. WDR72 is an intracellular protein abundant in ameloblasts during enamel
maturation with a proposed function in amelogenin endocytosis [20].

Studies in dental organotypic cultures and transgenic mice also point out the importance of the
mentioned pathways in dentogenesis. For example, Shh in combination with FGF8 was recognized as
a stemness promoting ligans for ameloblast precursors (human skin fibroblasts) in a human-mouse
chimeric tooth [87], while Runx2 was shown to have an affinity for the amelotin promoter and regulates
its expression during the enamel maturation stage [95]. Regarding amelogenin turnover, a novel role of
cytoplasmatic B-cell CLL/lymphoma 9 protein (Bcl9), its paralog B-cell lymphoma 9-like protein (Blc9l)
and interaction partners Pygopus 1/2 (Pygo1/2) is proposed to play a role in amelogenin secretion [96].

Timely expression of β-catenin in dental tissues shapes tooth development by modulating various
developmental signaling pathways, leading to the proper tooth number and morphology [45]. It was
demonstrated in vitro that the β-catenin pathway, which is regulated by Wnt ligands, is involved
in ameloblast polarity and motility [97]. Overactivation of the β-catenin pathway in the dental
epithelium during the earliest stages of tooth development results in hyperdontia, and ablation—in
tooth agenesis [98]—while, if overactive in postnatal ameloblasts, it causes poorly structured, softened
enamel and its delayed formation [46]. Additionally, β-catenin overactivation downregulates enamel
matrix metalloproteinases MMP20 and kallikrein 4 (Klk4), which are important in the removal of
scaffolding proteins from maturing enamel [46]. An important regulator of Wnt/β-catenin pathway
activity in ameloblasts is glycogen synthase kinase 3 beta (GSK3β) [99].

TGF-β superfamily ligands such as BMPs and TGF-βs are regulating enamel structural genes and
matrix metalloproteinases expression. MMP20 in turn regulates TGF-β isoforms activity [47,100]. All
three TGF-β isoforms induce Klk4 expression, while TGF-β1 and β2 induce amelotin expression [47].
TFG-β1 regulates Runx2 and its downstream target Wrd72 gene [44]. Thus, it appears that TGF-βs are
key ligands involved in the regulation of enamel scaffolding protein removal and endocytosis during
enamel mineralization. BMP knock-outs result in downregulated matrix proteins and metalloproteinase
expressions. In detail, BMP2 knock-out reduced amelogenin, enamelin, MMP20, and Klk4 expression,
similarly to double-knockout of BMP2 and -4, which resulted in a significant reduction of MMP20 and
Klk4 in ameloblasts [21,22]. Metalloproteinase insufficiency is detrimental for the enamel structure
since excessive protein content in enamel does not allow properly organized crystalline structure
formation, making the enamel softer and less shear-resistant.

From the above-reviewed studies, it is evident that timely regulation of ligands known to be
important for cell stemness maintenance and calcified tissue metabolism are the keys to structurally and
morphologically correct enamel formation. Enamel integrity depends on proper enamel scaffolding
protein deposition, phosphorylation state, and timely cleavage, which allow ameloblast migration and
crystals deposition in an organized oriented pattern. The summary of the major signaling pathways
involved in amelogenesis is schematized in Figure 2A and pathways modulators listed in Table 1.

2.2.2. Dentinogenesis

Dentin is an acellular calcified tissue consisting of 70% hydroxyapatite, 20% organic phase, and 10%
water by weight. Dentin formation is executed by odontoblasts (or dentinoblasts), which are cells of
mesenchymal origin. During dentinogenesis, odontoblasts migrate towards dental pulp and deposit
collagen types I, III, and V, proteoglycans, and other matrix proteins, which provide the nucleation
base for hydroxyapatite crystals. Besides scaffold-mediated mineralization, minerals precipitation and
cell-derived matrix vesicles-driven mineralization occur during various stages of dentinogenesis [12].
After dentin synthesis is complete, odontoblasts remain beneath it with tiny cellular projections called
odontoblast processes protruding into the microscopic channels in the dentin (Figure 1A). These
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projections are involved in detecting environmental stimuli (pH, cytokines, inflammatory mediators,
and other signaling molecules) by odontoblasts, which can be mobilized for dentin regeneration in
a case of damage. Thus, dentin possesses a limited capacity for regeneration [5,12,71,76]. Therefore,
finding the appropriate cell source and differentiation strategy for dentin regeneration is of crucial
importance. Thus far, dental pulp stem cells (DPSCs), stem cells from human exfoliated deciduous
teeth (SHEDs), AT-MSCs, bone marrow-derived MSCs (BM-MSCs), and iPSCs have been shown to
have the dentinogenic potential [25,80,81,90,101–103].

Figure 2. Major signaling cascades involved in amelogenesis, odontogenesis, and cementogenesis.
(A) Signaling pathways modulating amelogenesis with TGF-β superfamily ligands (BMP2 and
TGF-β1/2/3) playing the major role in matrix protein and metalloproteinases feedback-regulation
and Runx2 being an important transcription factor. (B) Central signaling cascades of odontogenesis
are depicted. The TGF-β superfamily ligands (BMP2/4 and TGFβs) regulate many odontogenic genes
with ERK1/2 as convergence point and Klk4-Osx as important transcription factor tandem. (C) Major
cementogenesis-related signaling cascades with Osx as the central transcription factor being regulated
via Wnt/β-catenin in a feedback-loop. Ameloblast-derived products (LRAP and amelogenin) were
shown modulate key cementogenic gene expression in vitro.

Shh is secreted by an epithelial cell layer, the zone of amelogenesis initiation, and serves as
a paracrine differentiation signal for odontogenic cells [23,30]. It is later secreted by dentinoblasts
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during dentinogenesis and dental pulp stem cells (DPSCs), suggesting its autocrine function in
odontogenic differentiation and dental pulp stem cell niche maintenance [30]. Amelogenin, secreted
by ameloblasts, also participates in odontogenic differentiation of DPSCs by upregulating dentin
sialophosphoprotein (DSPP) and dentin matrix acidic phosphoprotein 1 (DMP1) expression via the
ERK1/2 and p38 pathways [104]. A similar effect could be achieved by the application of leptin: DSPP
and DMP1 expression and ERK1/2, p38, and c-Jun N-terminal kinase (JNK) phosphorylation levels
were markedly increased in leptin-treated DPCs [25,105]. Moreover, leptin application in the induced
pulp cavity in rats leads to increased dentin formation during reparative dentinogenesis [106].

FGF exerts a time-dependent effect on dental-pulp derived odontoblast precursors. Transient
exposure to FGF2 during the proliferation phase is beneficial for odontogenesis while no such effect is
achieved upon constitutive FGF application until the maturation phase. FGF2 induces DSPP and DMP1
expression, which is also mediated via ERK1/2 pathway activation. Moreover, the agonistic effect on
BMP2 and Wnt signaling during early odontogenesis were noted in cells treated with FGF2 [26,27].

BMP/TGF-β signaling is important during early odontogenesis, where it activates SMADs and
regulates Msx-1/2 transcription factors expression, as well as in differentiated odontoblasts, for matrix
gene expression [101,107–109]. BMP2 positively regulates odontogenic differentiation of stem cells
from exfoliated deciduous teeth (SHEDs) by promoting the expression of DSPP, DMP1, and matrix
extracellular phosphoglycoprotein (MEPE) [80]. BMP2 knock-out in dental mesenchyme results
in dentin deposition and microstructure abnormalities indicating its pivotal non-redundant role
in early dentinogenesis [28,107], while BMP2 together with BMP4 have redundant functions in
mature odontoblasts where they regulate DSPP, DMP1, bone sialoprotein (BSP) and collagen type I
alpha-1 (Col1a1) expression [108]. Smad4, the intracellular component downstream of BMP/TGF-β
signaling, is also necessary for DSPP, Col1a1, and osteocalcin (OCN) expression and proper odontoblast
maturation. If Smad4 is ablated, dentin formation is largely impaired and does not reach normal
thickness in mice [29].

Wnt ligands are involved in odontoblast differentiation from mesenchymal precursor cells during
the early stages of tooth development and later regulate dentin matrix deposition. It is proposed that
at early stages of tooth development some Wnt ligands exert effects via the canonical Wnt/β-catenin
signaling cascade and support odontoblast precursor cells stemness, while other Wnt ligands expressed
at later developmental stages activate non-canonical pathways and promote the migration, proliferation,
and mineralization of odontoblast precursors during dentinogenesis [31,83,110]. Experiments in vitro
demonstrated that Wnt7b stimulates the expression of Runx2 and the key dentin matrix proteins DSPP,
DMP1, and Col1a1 via ERK1/2-mediated activation during dentinogenesis [83]. Wnt7b can activate
canonical Wnt/β-catenin, but also the JNK cascade, thus promoting cellular migration and odontogenic
differentiation [31]. Notably, activation of Wnt/β-catenin signaling by inhibition of GSK3β is beneficial
for reparative dentine formation during cavity repair [111].

Purinergic signaling mediated by adenosine receptors (P1 receptors, ARs) and purine receptors
(P2X and P2Y) was also shown to play an important role in odontogenic differentiation of human
DPSCs. P2 receptor activation by ATP promotes the expression of DSPP, DMP1 and mineralization
of DPSCs via rapid phosphorylation of ERK1/2 [32]. Treatment of DPSCs with P1 receptor agonists
in combination with ATP further improved odontogenesis by contributing to the upregulation of
DSPP (mediated by A2BR and A3R) and DMP1 (via A1R and A2BR) and increased mineralization (via
A1R and A2BR) [81]. Intracellular molecular events of P1 and P2 receptors agonistic action remain
to be elucidated, but ERK1/2 is likely involved, at least partially, in the purinergic receptor-mediated
odontogenic differentiation of DPCs as is the case with several other differentiations regulated by
purinergic signaling.

Aside from the importance of activation of ERK1/2 and its downstream targets resulting in the
expression of key dentin matrix genes, Tao and colleagues outlined Krüppel-like factor 4 (Klf4) as a
major transcription factor regulating odontogenesis [33]. Klf4 induces TGF-β secretion, which together
with BMPs positively regulates DMP1, the major dentin matrix protein expression. Moreover, Klf4
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regulates odontogenesis-related gene expression temporally by interacting with histone deacetylase 3
(HDAC3) during early phases of odontoblastogenesis where it represses the expression of osterix and
DSPP, while at later stages, when paired up with P300, it promotes their expression [33]. Osterix is a
master-regulator of many structural genes of dentin and also of odontoblasts including DSPP, DMP1,
nestin, and alkaline phosphatase (ALP) [34].

Studies regarding odontoblast differentiation outline the importance of signaling pathways
and their interactions alike noted to be important for ameloblast differentiation with ERK1/2
being a convergence point for several signaling cascades involved in odontogenic differentiation
of dental mesenchymal cells. Recently identified Klk-Osx transcriptional tandem, p38 and JNK
are important in dentin structural genes regulation and odontoblast function (Figure 2B). Several
dentinogenesis-promoting molecules (listed in Table 1) were already tested in vivo and shown
promising results.

2.2.3. Cementogenesis

Cementum, a thin calcified avascular tissue between dentin and periodontal ligament, is produced
by cementoblasts. Cementum contains collagen type I, bone sialoprotein, osteopontin, glycoproteins
and proteoglycans arranged in a fibrous network with hydroxyapatite deposits. Various types of
cementum are present in distinct regions of mature tooth roots: thin acellular cementum is deposited
around the cervical tooth area and below, while thick cementum with entrapped cementocytes and their
processes penetrating cementum locates at the root apexes (Figure 1C). Histological studies also indicate
that a thin layer of dense acellular cementum lies beneath the cellular cementum at the root apex and
plays an important role in cementum mineral metabolism. The cementum volume is enlarging over
the lifespan and is not subjected to remodeling such as bones. Cementoblast precursors are present
in the periodontal ligament and can be mobilized for cementum regeneration if needed [13,41,112].
Ex vivo, cementoblasts can be generated from periodontal ligament stem cells (PDLSCs), dental follicle
stem cells (DFSCs), and iPSCs [75,113,114].

By analogy with dentinogenesis, TGF-β, and BMPs, Wnt and ameloblast-derived factors regulate
cementum structural matrix protein expression. The central transcription factor of cementogenesis
is Osx, which is activated by Wnt and TGF-β/BMP signaling. Osx is abundantly expressed in
cementoblasts and cementocytes during cementum deposition, where it regulates DMP1, BSP, OCN,
and ALP expression. It is proposed that Osx regulates cementogenic differentiation, while it inhibits
cementoblast proliferation [35,115]. Stabilization of β-catenin leads to increased cementum formation
via the upregulation of Osx, which is achieved by β-catenin binding to the Osx promoter, thus
pointing to the direct regulation of Osx by β-catenin [36]. Additionally, Osx regulates the expression
of dickkopf-related protein 1 (DKK1), an antagonist of β-catenin, and the transcription factors T-cell
factor 1 (Tcf1) and lymphoid enhancer-binding factor 1 (Lef1), which together with β-catenin form
a transcription initiation complex with β-catenin in the cell nucleus. It is therefore evident that
cross-regulation of β-catenin and Osx plays a central role in cementogenesis [36,115].

In addition to Wnt/β-catenin regulation, Osx is regulated via the TGF-β/Smad axis, as Smad3
plays an important role in Osx gene expression during cementogenesis [37]. BMP2 and -4 likewise
regulate Osx expression via a BMP-Smad-Runx2 cascade, but also Runx2-independently [34]. Despite
the suggested beneficial role of Wnt/β-catenin in cementogenesis, another point of view has been
expressed, according to which excess Wnt may inhibit cementogenesis under normoxic conditions,
while hypoxia reverses this effect [24]. BMP2/4 signaling, which promotes cementogenesis in several
ways, is negatively regulated by FGF2 in a concentration-dependent manner. This has been shown
in periodontal ligament cells undergoing cementogenesis, thus implying that FGF2 is not beneficial
for differentiation, but is important for cellular stemness [75]. This is in line with similar results in
amelogenesis or very early stages of odontogenic differentiation [27,75,87]. Contrarily, in vivo, local
FGF2 infusion was shown to promote cementum formation during periodontal injury regeneration by
recruiting, enhancing and accelerating the proliferation of endogenous cemento/ostogenic cells [116].
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Table 1. Cell Sources and signaling modulators useful for amelogenesis, dentinogenesis,
and cementogenesis.

Tissue
Plausible Cell

Sources

Signaling
Pathway/Node

Interfering Molecule(s)

Stimulatory Inhibitory

Enamel

Keratinocyte stem
cells [87];

ERM from
periodontal

ligament [88];
OEpSCs [89];

AT-MSCs [90];
iPSCs [91,92,117]

Hh Shh [42]; purmorphamine
[118] a cyclopamine [118] a

FGF FGF8 [87], FGF10 [118] a pan-FGF receptor inhibitor
SU5402 [118] a

Wnt/β-catenin 6-Bromoindirubin-3′-oxime
(BIO) (GSK3βi) [45] GSK3β [99], ICG-001 [97]

BMP BMP2/4 [21,22] b Noggin (BMP4i) [117]
TGFβ TGF-β1,2,3 [47,100] SMAD7 [119] a

Dentin

DPSCs
[25,81,101,102];

SHEDs [80];
AT-MSCS [102];

iPSCs [103]

Hh Shh [23], purmorphamine
[120] _

FGF FGF2 [26,27,120] PD173074 (FGFR1i) [120]

Wnt/β-catenin
BIO, CHIR, Tideglusib
(GSK3bi) [111,121] b,

Wnt7b [83];

XAV939 (tankyrasei)
[31,101], rhDKK1 [101]

BMP BMP2 [28,108] b, BMP4 [108] b Noggin, LDN193189 [101]

P2Rs ATP, ARL 67156 (ATPasei) [32] Suramin [32], iso-PPADS
tetrasodium salt [82]

ERK1/2 Leptin [105] PD98059 (ERK1/2i) [105]
ERK1/2 Amelogenin [104] U0126 (ERK1/2i) [104]

Cementum
PDLSCs [75];
DFSCs [113];
iPSCs [114]

Wnt/β-catenin LiCl, Wnt3a [35] DKK1 [35]
FGF FGF2 [116] b _
BMP BMP2/4 [75] FGF2 [75]
TGFβ rhTGFβ-1 [78] SIS3 (Smad3i) [37]

ERK1/2 Amelogenin [39], LRAP [79] U0126 (ERK1/2i) [79]
a studies of epithelial invagination/development; b studies in vivo; the rest are cell culture-based reports.

The enamel-derived signaling components, amelogenin and its alternatively-spliced isoforms,
regulate cementogenesis by modulating the expression of various matrix proteins. Full-length
amelogenin application induced the expression of osteopontin (OPN), cementum attachment protein
(CAP), OCN, Cola1, BSP, DMP1, and ALP mRNA; upregulated OPN and Col1a1 proteins; and improved
the mineralization of an immortalized mouse cementoblast cell line (OCCM-30). Moreover, amelogenin
positively regulated its putative receptor lysosome-associated membrane glycoprotein 1 (LAMP1)
in murine dental follicle cells and OCCM-30 cells, thus confirming its role as an important ligand
regulating cementogenesis [38,39]. Amelogenin derivates, such as leucine-rich amelogenin peptide
(LRAP), modulate gene expression in a slightly different manner: LRAP inhibited OCN expression,
while promoted OPN and osteoprotegerin (OPG) expression in a dose-dependent manner and had a
negative effect on cementoblast mineralization. The effects are probably mediated through the ERK1/2
pathway since ERK inhibition annuls the LRAP effects [79].

Similar to dentin and dentinogenesis, cementogenesis has a central transcription factor: Osx, which
regulates cementogenesis-specific gene expression. Besides Osx, Runx2, and ERK1/2 are involved in
cementogenic differentiation. In addition, ameloblast-derived proteins are important ligands positively
regulating cementum matrix-associated gene expression (Figure 2C). Modulators of herein discussed
cementogenic pathways are listed in Table 1.

Gained knowledge about molecular cues shaping dental tissue genesis may help to establish
novel stem cell selection, culture, and differentiation methods and develop functionalized scaffolds
and biomaterials, which will support and promote amelogenic, dentinogenic, and cementogenic
differentiation in vitro. Thus, it will approximate the era of dental tissues regeneration using most
suitable odontogenic cells with adequately functionalized biomaterials.
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3. Scaffolds and Drug Release Materials for Tooth Regeneration

3.1. Scaffolds for Enamel, Dentin, and Cementum Regeneration

Scaffolds and biomaterials are essential components in dental tissue regeneration since they can
be used as a template for tissue regeneration by serving as a site of attachment for the regenerative cells
from the surrounding tissues or act as a delivery platform for implantable odontogenic cells with the
ability to differentiate towards the desired cell type [122,123]. Additionally, the scaffold material may
be used as a delivery platform for bioactive molecules such as drugs or proteins (especially growth
factors) that further enhance the regenerative potential [60,61,63,124].

In general, scaffold materials used in tissue regeneration need to be readily available and meet
criteria such as biocompatibility and biodegradability without any toxic metabolites. In the case of
scaffolds for tooth regeneration, biomaterials are subjected to the challenging environment of the oral
cavity—including mechanical forces due to mastication, the presence of microorganisms, and varying
conditions regarding temperature and pH. The intended biomaterial has to face these challenges
without limitations in its biocompatibility [125]. Since it is generally intended to mimic the native
extracellular matrix by using biomaterials, properties besides biocompatibility are imposed by the
tissue which should be regenerated. Thus, in the case of scaffold materials for dental tissue engineering,
the used material systems differ greatly depending on whether enamel, endodontic, or periodontic
tissue is intended to be regenerated. Categories for biomaterials used in tooth regeneration are
natural organic, synthetic organic materials, or inorganic materials [126]. Natural organic materials
involve peptides such as collagen or gelatin and polysaccharides such as chitosan, alginate, or
agarose. Frequently used synthetic organic materials are poly(lactic acid) (PLA), poly(glycolic
acid) (PGA), poly(lactic-co-glycolic acid) (PLGA), and poly(caprolactone) (PCL), while commonly
used inorganic materials are bioactive glasses or calcium phosphates such as hydroxyapatite (HA),
β-tricalcium phosphate (TCP), and cementitious systems of calcium phosphate (CPC) or calcium silicate
(e.g., mineral trioxide aggregate, MTA). Polymeric materials often lack mechanical and biological
properties but are able to establish three-dimensional porous structures, thereby providing a highly
hydrated matrix in vivo that facilitates the transport of nutrients, anabolites, and catabolites. In turn,
inorganic biomaterials used in tissue engineering often comprise preferable biological properties but
have disadvantages such as brittleness and lacking in the supply of nutrients. Thus, composite materials
comprising both organic and inorganic constituents gain increasing interest in recent years due to
their inherent combination of the desirable properties of the single components [127]. In the following
subsection, the challenges, approaches, and recent studies for the targeted and scaffold-assisted
regeneration of enamel, dentin, and cementum are presented. Injectable biomaterials are a central
and highly desirable class in the context of dental regeneration, but are not extensively reviewed
here due to the very recent and detailed publication of a distinct review on this topic by Haugen and
coauthors [128].

3.1.1. Enamel Formation

The main challenge in the regeneration of enamel is its acellular nature. Enamel forming
ameloblasts go through apoptosis when amelogenesis is finalized and the in vitro culture of ameloblasts
is yet unestablished in a scale needed for appropriate tissue regeneration [129]. Furthermore, although
the synthesis of hydroxyapatites is widely investigated, attempts to model the unique assembling of
HA-crystals in enamel were not yet successful [130]. Thus, many recently published studies follow a
biomimetic approach by using amelogenin, peptide fragments of amelogenin, or various synthetic
peptides as a template matrix to mimic the spatiotemporal environment for the deposition of enamel.

Recently, Zheng et al. used a peptide consisting of eight repetitive sequences of
aspartate-serine-serine (8DSS) as a biomimetic template for enamel remineralization in an in vivo model.
Their results indicate that 8DSS peptides serves as both inhibitor of further enamel demineralization
and promoter of remineralization by entrapping calcium and phosphate from the surrounding

30



Int. J. Mol. Sci. 2020, 21, 4031

medium. As a result, mineral density and enamel volume increased to a comparable extent as
with a fluoride treatment [131]. Treating enamel surface with an elastin-like polypeptide (ELP)
functionalized with glutamic acid residues to dissolve calcium and phosphate due to its acidic
properties leads to a matrix consisting of ELP and amorphous calcium phosphate (ACP). After
immersing the specimen in simulated oral fluid, a dense layer of highly orientated apatite nanorods
is formed from the matrix with mechanical properties close to natural enamel and high chemical
stability against acidic impacts [132]. The properties of poly(amidoamine) (PAMAM) dendrimers
can be tailored by modification of their functional surface groups. Accordingly, the effect of amino-,
carboxyl-, and alcohol-terminal groups has recently been studied in vitro. The results show that the
electrostatic interactions between biomaterial and enamel surface affect the remineralization process.
PAMAM-NH2, exhibiting interactions between pro-cationic amino groups and negatively charged
enamel surface, shows the best results, followed by PAMAM-COOH due to interactions between
carboxylate residues and calcium cations in hydroxyapatite, while neutral PAMAM-OH was not
effective [133]. Additionally, Gao et al. evaluated the performance of amorphous calcium phosphate
loaded PAMAM-dendrimers functionalized with an SN15 peptide sequence, which is known for its
good adsorption on hydroxyapatite, for the use as adhesive in resin-based approaches of caries lesion
treatments and achieved 90% higher remineralization compared to control [134].

3.1.2. Dentin Formation

Dentin regeneration is most often related to a treatment of the dentin-pulp complex. Since pulp
vitality is essential for tooth homeostasis and stability, strategies to maintain this vitality are highly
desirable. Presently, pulp capping is the main therapy maintaining the pulp vitality but is frequently
accompanied by irreversible pulp inflammation and reinfections [16]. Thus, innovative approaches
and biomaterials for the regeneration of the pulp–dentin complex are highly desirable.

In classical endodontic therapy via apexification, the pulp space is initially cleared and sealed with
calcium hydroxide or MTA to induce a hard-tissue formation at the apical area that is used as a barrier for
a permanent root filling material. Since this procedure does not promote further root development, root
canal walls remain thin and fragile, leading to teeth that are prone to further issues [135]. To overcome
these limitations, regenerative endodontic therapies including revascularization are being developed.
Here, bleeding is induced to fill the endodontic canal and form an autologous blood clot that serves as
a scaffold homing matrix proteins, (stem) cells, and growth factors, which consequently leads to the
regeneration of the pulp–dentin complex due to root development, apical closure, and maintenance of
the tooth vitality [17,136]. However, due to the presence of mesenchymal stem cells in the infiltrating
blood, the generated tissue is more bone-like mixed with connective tissue instead of the desired
pulp–dentin complex [137].

Recently, Mandakhbayar and colleagues used strontium-free and strontium-containing
nanobioactive glass cement in a pulp capping approach to evaluate their potential to regenerate
the pulp–dentin complex in vitro and in vivo [138]. The nanobiocement based on mesoporous calcium
silicate nanobioactive glasses showed a fast release of Ca-, Sr-, and Si-ions, which are known for
their bioactive properties in hard-tissue regeneration; promoted the odontogenesis of DPSCs in vitro;
and showed promising results in vivo, especially for Sr-containing biomaterials [138]. Boron-modified
bioactive glass nanoparticles were embedded in an organic matrix of cellulose acetate, oxidized
pullulan, and gelatin by Moonesi-Rad and associates to build a dentin-like construct by freeze-drying
and subsequent mold pressing [139]. The composite material induced the enhanced deposition of a
calcium phosphate layer after immersion in simulated body fluid. Moreover, cell culture studies using
DPSCs indicated the promotive effects of boron-modified bioactive glasses on attachment, migration,
and odontogenic differentiation [139]. In a classical ternary system comprising an injectable collagen
scaffold, DPSCs, and growth factors, Pankajakshan and coworkers evaluated the effect of mechanical
properties of the collagen matrix [140]. Via concentric injection, the authors created a scaffold with an
inner section of lower stiffness, which is covered with an outer section of higher stiffness to mimic
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the mechanical properties of the natural pulp–dentin complex. Additionally, they loaded the softer
scaffold material with proangiogenetic vascular endothelial growth factor (VEGF) and the stiffer
scaffold material with BMP2 to enhance the site-specific endothelial or odontogenetic differentiation
of DPSCs, respectively. The results show that the stiffness of the materials regulates the direction of
DPSCs differentiation. This effect is further enhanced by the loading of the collagen matrices with
VEGF or BMP2, respectively [140].

3.1.3. Cementum Formation

Cementum regeneration is closely related to the treatment of the periodontal complex comprised of
alveolar bone, periodontal ligament, gingiva, and cementum (Figure 1). Besides the structural support
a scaffold material provides to the affected tissue, scaffolds used for regeneration of the periodontal
complex are often used as a delivery vehicle for various bioactive compounds such as proteins, growth
factors, or gene vectors to favor the regenerative process and induce the recruitment and homing of
endogenous stem cells from surrounding tissues. The development of multicompartment scaffolds
aims to meet the diverse challenges of the different tissues to be regenerated in periodontal defects
in a single scaffold [141]. Additionally, besides synthetic scaffolds, cell-based scaffolds such as cell
sheets are part of current research. In this approach, cell types that are relevant for the periodontal
regeneration are cultivated in vitro extensively, until strong cell–cell interactions are established and
an extracellular matrix has formed, thus allowing transplantation of the cell sheet as a scaffold-like
material [142].

Recently, Fakheran and peers evaluated the regenerative potential of Retro MTA, a calcium
silicate cement, in combination with tricalcium phosphate in vivo and showed that newly formed
bone and cementum was significantly higher than in the untreated control group. Moreover, the poor
biodegradation rate of MTA is improved due to the combination with biodegradable TCP [143].
In a preclinical study to treat periodontal defects in dogs, Wei et al. used an inorganic calcium
phosphate-based scaffold material loaded with BMP2 [144]. The CaP-based biomaterial alone leads
to a significantly increased regeneration of mineralized tissue as well as to an improved attachment
of the teeth to the surrounding tissue compared to untreated control and a deproteinized bovine
bone mineral that serves as commercial control. When loaded with BMP2, these positive results
could even be improved two- and three-fold regarding height and area of the remineralized tissues,
respectively. Noteworthy, the encapsulated BMP2 had a greater impact on osteogenesis than on
cementogenesis [144]. Following the multicompartment-scaffold approach, Wang and collaborators
applied a bilayered material containing growth factors. The hybrid material containing an FGF2-loaded
propylene-glycol alginate gel coating the root surface for ligament regeneration and a BMP2-loaded
(PLGA)/calcium phosphate cement for periodontal regeneration was tested in vivo with non-human
primates. Following a promising study in rodents, the authors reported significantly enhanced
regeneration of cementum and periodontal ligament and a high vascularization of the newly formed
periodontal ligament (PDL), thereby confirming the positive results of the previous study [145,146].

Vaquette el al. developed bilayered scaffold materials based on polycaprolactone and combined
them with cell sheets: while a fibrous three-dimensional compartment with macropores should favor
alveolar bone regeneration, a flexible porous membrane aims at delivering the cell sheet and regenerates
the periodontal ligament [147]. In their study, the authors evaluated the in vivo regenerative potential
of the hybrid materials with different cell types forming the cell sheet, namely gingival cells, periodontal
ligament cells (PDLCs), and bone marrow-derived mesenchymal stem cells (BM-MSCs). Results from
histomorphometry and micro-computed tomography (μ-CT) show that scaffolds containing BM-MSCs
and PDLCs had greater regenerative potential due to superior new bone and cementum formation
compared to the scaffolds containing gingival cell sheets. However, the regenerative potential of
scaffolds containing BM-MSCs and PDLCs did not differ significantly compared to the performance of
the non-cellularized control scaffold. Thus, the biphasic scaffold alone is also a promising candidate
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for further studies [147]. Table 2 summarizes recently published studies emphasizing regenerative
approaches of enamel, dentin, and cementum.

Table 2. Compilation of recently published studies emphasizing regenerative approaches of enamel,
dentin, and cementum.

Tissue Scaffold Material Study Model Results Ref.

Enamel

8DSS: Oligopeptide of eight
repetitive sequences of
aspartate-serine-serine

In vivo model using
Sprague-Dawley rats with
induced caries.

Increased remineralization by 8DSS
due to inhibited enamel
demineralization and promoted
remineralization.

[131]

Elastin-like polypeptide
functionalized with glutamic
acid residues

In vitro remineralization of
bovine enamel specimens by pH
cycling after immersion in
biomaterial solution.

Formation of a dense layer of highly
orientated apatite nanorods with
mechanical properties close to natural
enamel and high chemical stability
against acidic impacts.

[132]

PAMAM-dendrimers with
varying terminal groups: -NH2,
-COOH, -OH

In vitro remineralization of
bovine enamel specimens by pH
cycling.

Remineralization is affected by
electrostatic interactions between
scaffold and enamel surface.
PAMAM-NH2 shows the best results,
followed by PAMAM-COOH.

[133]

ACP-loaded PAMAM
dendrimers functionalized with
SN15 peptide sequence.

In vitro enamel remineralization
by cycling immersion in
artificial saliva and
demineralization solution.

Evaluated biomaterial achieves 90%
higher remineralization compared to
control.

[134]

Dentin

Nanobioactive glass cements
with or without Sr

In vitro evaluation of
biocompatibility and
differentiation of DPSCs.
In vivo evaluation using an
ectopic odontogenesis model
and a tooth defect model in rats.

Fast release of bioactive Ca-, Sr- and
Si-ions.
Promotion of the odontogenic
differentiation of DPSCs in vitro.
More new dentin formation by
Sr-containing biomaterial in vivo.

[138]

The organic matrix of cellulose
acetate, oxidized pullulan and
gelatin loaded with
boron-modified bioactive glass
nanoparticles.

In vitro evaluation of
biomineralization,
biocompatibility, proliferation,
and differentiation with
hDPSCs.

Boron-modified bioactive glass
nanoparticles exhibit promotive
effects on the deposition of a CaP as
well as on adhesion, migration, and
differentiation of hDPSCs.

[139]

Biphasic collagen matrix: Inner
section of lower stiffness loaded
with VEGF covered by an outer
section of higher stiffness loaded
with BMP2.

In vitro evaluation using
hDPSCs regarding
biocompatibility, proliferation,
and differentiation.

The direction of DPSCs differentiation
is regulated by material stiffness and
amplified by the respective growth
factor.

[140]

Cementum

retroMTA + tricalcium
phosphate

In vivo test using dehiscence
periodontal defects in dogs.

Significantly increased the new bone
and cementum formation. The
biodegradability of retroMTA is
enhanced by adding TCP.

[143]

Calcium phosphate loaded with
BMP2

In vivo periodontitis model
using critical-sized
supra-alveolar defects in dogs.

Significant increase in regeneration of
mineralized tissues. Loading with
BMP2 leads to a further 2–3-fold
increase.

[144]

Bilayered material:
FGF2-propyleneglycol alginate
gel covered by
BMP2-PLGA/CaP cement.

In vivo test using three wall
periodontal defects in
non-human primates.

Significantly enhanced regeneration
of cementum and periodontal
ligament. Newly formed PDL is
highly vascularized.

[145]

PCL-based bilayered material: a
flexible porous membrane
delivers cell sheets and is
covered by a fibrous and porous
3D compartment.

In vivo test using dehiscence
periodontal defects in sheep to
evaluate the potential of
different cell types forming the
cell sheets: Gingival cells (GCs),
PDLCs, and hBM-MSCs.

Scaffolds containing BM-MSCs and
PDLCs show superior new bone and
cementum formation compared to
scaffolds containing gingival cells.

[147]

3.2. Drug Release Systems Useful in Tissue Engineering—To be Adapted to Tooth Engineering

As discussed in the previous section, whole tooth regeneration is one of the most challenging
fields in regenerative medicine—also regarding drug release aspects. In stem cell-based approaches, a
cocktail of different drugs would be required to tightly tailor the differentiation of the corresponding
cells involved in amelogenesis, dentinogenesis, and cementogenesis, respectively. This means that,
besides appropriate scaffolds, compounds have to be developed for drug encapsulation and controlled
release of those substances involved during tooth formation (such as growth factors and receptor
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ligands, as listed in Figure 2). Thus far, drug release approaches in tooth regeneration are mainly
restricted to the delivery of antibiotics to avoid inflammation [66].

In analogy to other tissues and organs engineered using stem cell-based approaches, the drug
delivery systems (DDS) are mainly classified into the following release mechanisms: diffusion through
water-filled pores; diffusion through the polymer; osmotic pumping; and erosion [148]. In the past two
decades, novel release materials have been designed and prepared that could be classified into the
following three groups: (a) polymer-based systems; (b) ceramics-based systems; and (c) hybrid systems
(e.g., organic/inorganic and polymer/ceramic) [62,149]. Many of them are prepared as nanomaterials
(e.g., spheres, capsules, and rods) [64].

To develop a DDS that allows kinetically controlled release of drugs supporting the required
stem cell differentiation processes, a variety of material characteristics would have to be considered.
Parameters that influence the release behavior of polymer-based release materials include the following:
molecular weight (number and weight average, respectively, Mn/Mw) and corresponding polydispersity
index (PI), number and nature of end-groups, and the polymer morphology mainly determined by the
monomer 3D structure (amorphous and crystalline/semi-crystalline with the degree of crystallinity).
All of them are able to influence the size and shape, as well as density and porosity of the entire DDS that
includes the encapsulated drugs. In addition, the active substance (drug) itself influences the release
kinetics via interaction with the encapsulation material. Thus, the drug hydrophilicity/hydrophobicity
(resulting from chemical composition, functional groups, hydrogen bonds, etc.) is one of the most
limiting aspects, as well as its ability to act as surfactants or plasticizer which would interfere with the
release mechanism. Huang et al. comprehensively reviewed the release mechanisms discovered within
the last five years, including drugs for tooth regeneration [65]. Most recent developments include
tunable conductive polymers to be used for controlled delivery [150]. As stated in Section 3.1, in tooth
regeneration, drugs (such as growth factors and FGF-2) are usually simply added to the scaffold
material—not yet encapsulated and released from tailored delivery materials [14,19,66,67,151–157].
Recently, Moon et al. reported a study using nitric oxide release to support the pulp–dentin
regeneration [158]. However, in this case, release kinetics cannot be controlled or adjusted to
the differentiation processes of the corresponding cells. Very few studies reported the application of
specific drug encapsulation materials, mainly using hydrogels [63–65,159–161]. Hydrogels can easily
be prepared using natural and artificial polymers (sometimes a combination of both classes). One of
the most prominent groups of hydrogels is based on polysaccharides [149,162,163]. Furthermore, other
polymers such as polyvinyl alcohol (PVA), polylactic acid and polyglycolic acid (PGA), polyacrylic acid
(PAA), and polyethylene glycol (PEG) are intensively studied regarding their ability to form hydrogels
used for controlled delivery [160,164]. Hydrogels offer various advantages; most importantly, they are
tunable in their chemical structure resulting in controlled degradability. In a comprehensive review,
Li et al. discussed various multiscale release kinetic mechanisms of hydrogels and classified them
according to the structural interactions. Thus, the kinetics are significantly determined by the hydrogel
mesh size, network degradation, swelling, and mechanical deformation. In addition, kinetics depend
on various interactions of the hydrogel components such as conjugation, electrostatic interaction, and
hydrophobic association [164].

For hard tissue such as bone, our group could recently show that it is possible to guide osteogenesis
via purinergic receptor ligand release. Osteogenesis of mesenchymal stem cells is influenced by various
purinergic receptors (P1, P2X, and P2Y) [122,124,165–168]. Thus, a release of specific agonists and/or
antagonists enables tailoring of the corresponding receptor up- or downregulation. Furthermore,
besides osteogenesis, purinergic receptors are also involved in angiogenesis—a process also required
during tooth regeneration [68,169,170].

In a recently published paper, we reported the synthesis and testing of novel hybrid release
materials based on hydroxyapatite and agarose used to improve the release kinetics of drugs applied
for guided osteogenesis [171]. Scanning electron microscopy (SEM) revealed details regarding the
influence of the drying treatment: lyophilized (LYO) versus supercritically-dried (SCD) gels were tested
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and compared. As shown in Figure 3, SEM confirmed a homogeneous distribution of the elements
involved in the hybrid (carbon, calcium, and phosphorus). In addition to SEM, energy-dispersive
X-ray spectroscopy (EDX) results are given in [171]).

Figure 3. SEM images of agarose lyophilized (LYO) (a–c) and supercritically-dried (SCD) (d–f) and
agarose/hydroxyapatite (33/76 w%) composite LYO (g–i) and SCD (k–m) at three different magnifications.
The scale bars are 10 μm (left), 1 μm (middle), and 0.2 μm (right), respectively. Reproduced from
Witzler et al., 2019 [171]. Open Access Copyright Permission (Creative Commons CC BY license).

Hitherto, hybrid systems are mainly studied as release materials for hard tissue regeneration [67].
Here, sustained delivery is required for guided stem cell differentiation, a burst release is favorable to
achieve anti-inflammatory and antibacterial effects. Since both processes are also relevant in tooth
formation, hybrid materials would be promising candidates to be investigated as release materials to
improve cascades, as shown in Figure 2. In previous studies, the HA/agarose hybrids were loaded
with model drug compounds for guided differentiation of MSCs. Different release kinetic models were
evaluated for adenosine 5′-triphosphate (ATP) and suramin (Figure 4) [171]. Although both drugs
are highly water-soluble, the release could be slowed to four days, which is significantly longer than
comparable systems reported in the literature [172].

Future efforts should be directed toward the development of tailored drug loading and/or
encapsulation materials to be used for the controlled release of bioactive substances during tooth
formation [157,173]. As shown in Figure 2 and Table 1, there are various signaling molecules and
corresponding activators and suppressor molecules involved in the formation of enamel, dentin,
and cementum. For a number of these substances, loading and controlled-release from non-cytotoxic
materials already exist, as shown in Table 3. Release materials mainly consist of natural or artificial
polymers, but also hybrids composed of organic and inorganic components. The focuses of the studies
are release kinetics and corresponding mechanisms. However, some drugs are being successfully
applied in vivo.
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Figure 4. Release data of (a) adenosin triphosphate (ATP) and (b) suramin from agarose/hydroxyapatite
(AG100HA0) (black), AG50HA50 (orange), and AG33HA67 (blue) scaffolds. Data fit: Weibull equation.
Reproduced from Witzler et al., 2019 [171]. Open Access Copyright Permission (Creative Commons
CC BY license).

Table 3. Materials applicable for loading, encapsulation and drugs/signaling molecules release for
promoting cell proliferation, and differentiation.

Signaling
Molecule

Material for Drug
Loading/Encapsulation and Release

Application
Release Efficiency/Kinetics

Tested in
Reference

Amelogenin
(EKR1/2 activator)

Self-assembled nanogels of
cholesterol-bearing mannan as templates
for hierarchical hybrid nanostructures

Amelogenin-releasing hydrogel for
remineralization of enamel damage
(artificial caries)

Cytotoxicity—in PDL
fibroblasts; ex vivo enamel
caries models of human
molars

[174]

Purmorphamine
(Hh activator/Smo

agonist)

Glutaraldehyde (GA)-crosslinked gelatin
type B matrix (for small molecules and
proteins release)

In vitro delivery system for Wnt, Hh
agonists and growth factors (e.g., FGF2,
VEGF) beneficial for endochondral
ossification

Release kinetics (burst vs.
sustained release) studied
without using cell culture;
released molecules bioactivity
verified in cell
culture/biological assays

[175]

Poly(propylene glycol–co-lactide)
dimethacrylate (PPLM) adhesives for
incorporating purmorphamine and TCP

Cell attachment and response to
photocured, degradable bone adhesives
containing TCP and purmorphamine

MC3T3-E1 (mouse
pre-osteoblast cell line) [176]

PCL microspheres for encapsulating
small molecules using a single emulsion
oil-in-water method

Purmorphamine and retinoic acid-loaded
microspheres for prolonged release
during neural differentiation

Human iPSC aggregates
differentiating into motor
neurons

[177]

FGF

D-RADA16 peptide hydrogels coated on
artificial bone composed of
nanohydroxy-apatite/polyamide 66
(nHA/PA66) (for basic FGF release)

Porous growth factor-releasing structure
for treating large bone defects

Female SD rat BM-MSCs;
female SD rats with induced
large bone defects

[178]

Acetyl chitosan (chitin) gel (for binding
and release of chitin binding
peptide-FGF2 fusion protein)

Lysozyme-responsive (dose-dependent or
activity-dependent) release of CBP-FGF2

Studies without using cell
culture/biological assays [179]

Silk fibroin e-gel scaffolds (loaded with
albumin = Fe3O4-bFGF conjugate)

Enhancing alkaline phosphatase, calcium
deposition, and collagen synthesis during
osteogenic differentiation

SaOS-2, osteogenic
differentiation [180]

BIO (Wnt/β-catenin
activator)

Polymersomes (PMs) consisting of
PEG-PCL block copolymer (approved for
clinical use) loaded with BIO

BIO-loaded PMs for controlled activation
of Wnt signaling and Runx2 during
osteogenesis

Murine 3T3 Wnt reporter cells;
Human BM-MSCs, osteogenic
differentiation

[181]

None
Local application of Wnt pathway
modulators (BIO, CHIR, and Tegusib) to
promote dentine regeneration

Wistar rats and CD1 mice
molar damage [121]

BMP2

Porous silica–calcium phosphate
composite (SCPC50) (loaded with
rhBMP2)

Sustained release of fhBMP2 for alveolar
ridge augmentation in saddle-type defect

Mongrel dog with induced
mandible defect [182]

Calcium phosphate (Ca-P)/poly(L-lactic
acid) (PLLA) nanocomposites loaded
with rhBMP2

3D Ca-P-PLLA scaffold sustainably
releasing Ca2+ and rhBMP2 for enhanced
osteogenesis

Human BM-MSCs, osteogenic
differentiation [183]

Poly(lactic-co-glycolic acid)-multistage
vector composite microspheres
(PLGA-MSV) (for BMP2 release)

Controlled prolonged release of BMP2 for
osteoinduction of rat BM-MSCs

Male SD rat BM-MSCs,
osteogenic differentiation [184]
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Table 3. Cont.

Signaling
Molecule

Material for Drug
Loading/Encapsulation and Release

Application
Release Efficiency/Kinetics

Tested in
Reference

TGF-β 1, 3

Poly(ethylene oxide terephthalate)/
poly(butylene terephthalate) (PEOT/PBT)
fibrous resins for loading the growth
factors

Sustained delivery of growth factors
(TGF-β1, PDGF-ββ, IGF-1) using a layer
by layer assembly for supporting
fibroblast attachment and proliferation

TK173 (human renal fibroblast
cell line), neonatal rat dermal
fibroblasts (nRDFs)

[185]

Poly(vinylidene fluoride) (PVDF)
nanofibers fabricated via electro-spinning
method with/without chitosan
nanoparticles (loaded with TGF-β1)

PVDF-TGF-β1 as a bio-functionalscaffold
for enhancing smooth muscle cells (SMC)
differentiation

AT-MSCs, SMC differentiation [186]

Alginate nanogel with cross-junction
microchannels (encapsulating TGF-β3)

Controlled release of TGF-β3 from
polymeric nanogel for enhanced
chondrogenesis

Human MSCs, chondrogenic
differentiation [187]

ATP, suramin
(P2XR activators)

Albumin nanoparticles (aNPs) of low
polydispersity loaded with ATP and
coated with erythrocyte membrane (EM)

EM-aNPs developed as a delivery vehicle
for ATP to be used as an anticancer agent HeLa, HEK-293 cell lines [188]

Hydroxyapatite (HA)/agarose hybrids for
ATP and suramin release

ATP and suramin release for hard tissue
formation

Release kinetic studies
without cells (see Figure 4);
biocompatibility test using
AT-MSCs and MG-63 cell line

[171]

In detail, a sequential and on-demand release of multiple drugs (signaling molecules, activators,
and suppressors) would be required to control and guide the signaling cascades of amelogenesis,
odontogenesis, and cementogenesis [164]. Moreover, on-demand release systems usually require
specific stimuli as reported for example for conductive polymer-based delivery devices [150]. Finally,
theoretical modeling could provide a more fundamental understanding of release kinetics [189].

4. Whole Tooth Regeneration

The regeneration of a whole tooth as an organ replacement therapy is considered to be the
ultimate goal of regenerative dentistry. For patients, this therapeutic option could represent a dream
for the replacement of decayed or lost teeth to overcome prosthodontic or implantology treatment
using artificial replacements. Whole-tooth generation could be performed as a hybrid strategy where,
e.g., biologically created tissue compartments such as the periodontal ligament or a tooth crown
would be combined with a metallic or ceramic implant or where a biological regenerated tooth root
(“bio-root”) would be combined with a prosthetic crown (see, e.g., [190–192]). In the following years,
efforts in creating a whole tooth from only cells and tissues (“bio-tooth”) will be very likely in the focus.
However, despite all efforts and achieved results in basic and translational research, this approach is
still challenging [48,58,69,193,194].

4.1. Reactivation the Odontogenic Potency

On the background of teeth evolution, a genetic approach to generate whole teeth may be an
option in the far future. Teethed fishes, reptiles, or amphibians are polyphyodonty, which means
that several tooth generations can be formed and erupted. This highly regenerative capacity was
reduced during evolution. In mammals, many species including human are only diphyodont with the
capacity to form a second dentition or even monophyodont such as the mouse [71,72,195]. Revitalizing
the odontogenic potency for the lost tooth regeneration capacity may be an interesting approach to
induce tooth formation in vivo in the adult. One prerequisite for tooth replacement is the existence
of a successional dental lamina (SDL) carrying the capacity for inducing odontogenesis. Even in
monophyodont animals, rudimentary SDL has been identified. In addition, in the human species,
rudimentary laminae are preserved, which might be responsible for a third dentition but this, however,
has been observed very seldomly. On a molecular level, tooth replacement is regulated by signaling
pathways [71]. For example, in alligators or snakes, stem cells in the SDL express Sox2, which is
initiated by the Wnt/β-catenin pathway an interacts with BMP signaling [195]. Dysregulation of
Wnt-signaling is discussed to be important for the de-activation of rudimentary SDL as it occurs in the
mouse. Therefore, the revitalization by stabilizing Wnt signaling by application of appropriate factors
or genes could be a strategy for the induction of re-growing teeth in the future [195,196].
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4.2. Tissue Recombination Approaches

The basic principle of this “classical” approach is to mimic the natural development and formation
of a tooth and to recapitulate the signaling cascades regulating tissue interactions during odontogenesis.
For over a hundred years, progress has been made in understanding tooth development in different
species including human, identifying tissue interactions and factors involved on the morphological,
cellular and molecular levels [18,58,65,71,193,195,197]. Classical tissue recombination experiments
undertaken in developmental biology research have shown that mouse embryonic tooth germs can
be dissociated and later re-aggregated. After temporary ectopic grafting of these cell aggregates,
e.g., into the anterior eye chamber, subcutaneously, or under the renal capsule, tooth-like organs
with mineralized tissues (dentin and enamel) could be grown (e.g., [198]). This method has been
improved in the last years by using collagen drops for the organoid culture of 5–7 days or seeding the
re-aggregated germ cells on biodegradable polymers [199–201]. The final goal of these experiments
was to implant the constructs into the jaws of postnatal animals to generate a whole “bio-tooth”.
In line with this cultured rat tooth, bud cells seeded onto biodegradable scaffolds for 12 weeks formed
tooth-like crowns consisting of pulp, dentin, enamel, and periodontal ligament after implantation into
rat jaws [200].

A breakthrough came with experiments of the group of Ikeda, who could demonstrate that the
implantation of re-aggregated autogenous germ cells into the extraction socket of pigs succeeded
in the formation, development, and eruption of teeth, which could be brought into occlusion and
fulfilled all functions of normal teeth [50]. Over half (56%) of the implanted constructs had erupted.
Later, it was also possible to create a unit of a regrown tooth with surrounding alveolar bone [202].
Whole-tooth restoration using autologous bioengineered tooth germ transplantation was also successful
in canines [51]. An allogeneic approach was undertaken by Wu and colleagues, who transplanted
re-associated tooth germs into the jawbones of minipigs [203]. A xenogeneic approach was published
by Wang and co-workers in 2018 [52]. Cells from unerupted deciduous molar germs of pigs were
recombined and transplanted first in mouse renal capsules and finally in jawbones. However, problems
are caused by the limited sources of tooth germ cells and risks of immune rejection when using
allogeneic or xenogeneic cells. In humans, there are many hindrances, e.g., that tooth germs may not
be easily accessible, but also ethical and legal constraints must be considered. An alternative could be
the use of adult stem cells (see Section 4.2) or of iPSCs [53,54].

Different types of adult dental stem cells, e.g., from the pulp, or differentiated orofacial cells,
e.g., from the gingiva, can be used as sources to create iPSCs with a similar epigenetic pattern. These
cells show the ability to differentiate into epithelial or mesenchymal tooth germ cells [58,92]. Cai and
co-workers generated iPS cells from cells out of human urine, which were differentiated to epithelial
sheets and recombined with embryonic mouse dental mesenchyme [91]. Tooth-like structures were
generated in which the epithelial cells differentiated into enamel-secreting ameloblasts. The formation
of enamel, the hardest tissue of the body (see Section 2.2.1), is an important step in generating whole
teeth, but also would be of importance for repair or regeneration of enamel loss in conservative
dentistry. Thus, it is of major interest to find tissue sources able to generate dental epithelial cells
which can be differentiated into enamel-secreting ameloblasts. Aside from iPSCs, examples for this are
epithelial cells from the skin or gingiva as well as epithelial rests of Malassez, which can be found in the
PDL, co-culture of these cells with different types of dental mesenchymal cells can lead to ameloblast
differentiation or even formation of enamel-like structures [58,87,89].

4.3. Adult Stem Cell Approaches

The optimal method to create whole teeth would be the use of autogenous dental cells from
patients demanding tooth regeneration. For whole tooth bioengineering, different strategies in the
application of these cells have been developed. One idea was to combine adult stem cells with cells of
the progenitor cells of embryonic tooth. Adult stem cells should have an odontogenic competence and
should function as a “tooth inducer” when combined with mesenchymal cells or they should express a
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dental mesenchymal competence when combined with dental epithelium. Already in 2002, Young et al.
cultured cells obtained from unerupted porcine tooth buds [199]. The aggregates were grown on
biodegradable scaffolds in vitro or transplanted. This led to the formation of a primitive tooth crown
with pulp, dentin, and enamel formation. Later, similar bioengineered tooth-like structures could be
obtained by using rat and human cells [204,205]. In 2004, Ohazama and colleagues used non-dental
adult MSCs in combination with inductive embryonic dental epithelium first transplanted under the
renal capsule and transplanted them in adult jaws. Tooth formation including root occurred and the
teeth erupted. In addition, bone was induced [206]. Adipose-derived MSCs alone were able to generate
tooth bud-like structures in vitro [90]. Human gingival epithelial cells were used by Volponi Angelova
and associates and combined with embryonic mouse tooth mesenchyme, which yielded an entire tooth
outside of an embryo [207].

However, for all these experiments, relatively large amounts of adult cell populations were
necessary that should be able to retain any odontogenic potential and, in addition, a large number of
embryonic cells was needed as well. In a case of embryonic mouse tooth mesenchyme, a minimum
cell number of 4 × 104 to 4 × 105 was sufficient according to the experiments of Hu et al. (2006) [208].
Therefore, to do so, cells from multiple embryos must be harvested. Another problem is the loss
of the inductive capacity already after 24–48 h in culture, which makes the in vitro expansion of
these cells using standard methods impossible [209]. This phenomenon can be explained by the
fact that mesenchymal stem cells lose their dense packaging formed by cellular condensation and
thus their linked cell contacts, which is a prerequisite for an inductive capacity in vivo. Ongoing
research focuses therefore also on how an odontogenic potential can be maintained in vitro [194]. 3D
micro-culture systems such as the hanging drop method in liquid media may allow the preservation of
such signals. However, many cells are necessary for these methods [210]. Gene expression studies
must be undertaken to identify signaling factors, which are lost in 2D cell cultures. In a study using
postnatal dental pulp stem cells, Yang and collaborators could obtain “a rescue” in cultured cells due
to the combination with uncultured mesenchymal tooth germ cells [57]. This rescue or community
effect is responsible for the reactivation of inductive signals. Forthcoming, iPS cells (see Section 4.2)
may be an appropriate cell substitute to overcome these biological problems.

In the future, research will presumably focus on using adult stem cells from dental and non-dental
sources to test recombination or co-culturing for their effects on tooth development. Zhang and
coworkers optimized such a method by recombinant 3D-tissue engineering of intact dental tissues and
cell suspensions from postnatal porcine teeth and human third molars [211]. After osteogenic culturing
and subcutaneous transplantation in athymic nude rat hosts, tooth-like constructs forming all dental
hard substances could be harvested. Recently, tooth buds could be generated by co-culturing postnatal
dental stem cells with human HUVEC cells encapsulated in gelatine hydrogel [56]. Only postnatal
dental stem cells were used by Yang et al. (2016), who differentiated odontoblasts and osteoblasts
from pig dental pulp stem cells and seeded them with gingival epithelium on a bioactive scaffold.
Implantation into extraction sockets of 13.5-month-old pigs revealed the development of teeth in seven
of eight animals. The regenerated molar teeth expressed dentin-matrix protein-1 and osteopontin [212].

4.4. Problems in Whole Tooth Regeneration

Despite the progress in some basic strategies for tooth regeneration, we still face a lot of
problems [18,48]. An important condition for a proper functional occlusion in a dentition where teeth
should be replaced by regeneration is the correct anatomical size and shape of the crown. Especially
the relief of the occlusal surface with its specific pattern of fissures and cusps is relevant for a functional
occlusion. The proper size and shape of a crown are determined by epithelial morphogenesis forming
spatially regulated cellular condensations as signaling centers, called knots [71,197]. These knots
(initiation knot, primary enamel knot, and secondary enamel knot) regulate crown development and
cusp number, morphology, and pattern by expressing different factors such as FGF, BMP, Wnt, or Shh,
as already mentioned. The number of tooth cusps in the mouse depends on the activity of Shh, EDA,
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and Activin A pathways [71,197]. The tooth size is independently regulated from the cusp number
and is not only dependent on epithelial, but also mesenchymal influences. Therefore, it was suggested
that the tooth size could be controlled by prolonging the activity of tooth epithelial stem cells and
increasing the number of mesenchymal stem cells in recombination experiments [197]. The different
tooth types such as molars or incisors have specific morphological features not only of the occlusal
surface but also of the crown and root morphology. This will also be an important aspect for future
tooth engineering [193]. The quality and the biomechanical loading of dental hard tissues are also
important for occlusion and mastication. In already developed models of tooth regeneration, only a
low level of enamel mineralization could be observed.

Tooth health is also dependent on proper vascularization and innervation. While vascularization
occurs in different models already published [213], the question is whether this would be also sufficient
for the long-lasting survival of regenerated teeth. Efforts have been made to induce neurogenesis
and formation of nerve fibers, e.g., by using exogenous agents such as semaphorin 3 receptor
inhibitors, by application of immunomodulation using cyclosporin A, or implication of bone marrow
stromal cells [48]. Recently, Strub et al. recombined embryonic dental epithelium with a mixture of
dental mesenchymal cells and bone marrow-derived cells and cultured and implanted these cells
subcutaneously. The tooth-like tissues obtained were innervated with axons entering the newly formed
pulp [214].

Other problems include the formation of a proper periodontium or infections occurring during or
after transplantation. If whole tooth constructs can be implanted, the role of the tissue environment will
play an important role in the success: How is the quality of the jawbone? How will the implantation
be affected by age or systemic diseases of the patients? How resistant will the newly created tooth
be against probable infections? Finally, the costs of creating a “bio-tooth” are also unpredictable
yet [48,156].

5. Conclusions and Future Perspectives

Progress in regenerating whole teeth will need scientific research on different levels such as
identification of appropriate cell sources with tooth inductive signals. For this further research on
the feasibility of iPS cells for this approach is important. Furthermore, the identification of master
genes in gene regulatory networks responsible for tooth induction and tooth formation is necessary for
successful manipulation of, e.g., adult cells to form bioengineered dental tissues, and to control tooth
crown, size and tooth identity.

Applying the acquired knowledge about signaling pathways shaping dental tissue genesis might
stimulate novel cell culture techniques establishment and functionalized scaffolds development.
Functionalized biomaterials will presumably play a central role in hard dental tissue regeneration
such as dentin and cementum and probably the main role in enamel regeneration since this tissue
is acellular and cannot be reproduced in vitro relying solely on a cell-based approach. Although
several potentially appropriate biomaterials have already been investigated and tested, only very few
examples were used in clinical studies until now. Future efforts in stem cell-based approaches will very
likely be directed toward biomaterials that allow sequential and on-demand drug release of multiple
drugs in order to tailor timely the different cascade processes during amelogenesis, dentinogenesis,
and cementogenesis, respectively.

On the translational level, methods to improve 3D organogenesis, 3D printing applications, or the
appropriate application of stimulatory molecules and drugs should be tested intensively. Solutions
must be found for the proper mineralization of dental hard tissue formed by the regeneration process
to ensure the natural properties of teeth in occlusion and mastication. Finally, there are considerable
financial investment problems that should be taken into account. Then, but only then, whole biological
tooth regeneration may even be a blueprint for the regeneration of other complex organs [70].
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tissue engineering applications. J. Bioact. Compat. Polym. 2017, 32, 596–614. [CrossRef]

181. Scarpa, E.; Janeczek, A.A.; Hailes, A.; de Andrés, M.C.; De Grazia, A.; Oreffo, R.O.C.; Newman, T.A.;
Evans, N.D. Polymersome nanoparticles for delivery of Wnt-activating small molecules. Nanomed.
Nanotechnol. Biol. Med. 2018, 14, 1267–1277. [CrossRef] [PubMed]

182. Fahmy, R.A.; Mahmoud, N.; Soliman, S.; Nouh, S.R.; Cunningham, L.; El-Ghannam, A. Acceleration of
Alveolar Ridge Augmentation Using a Low Dose of Recombinant Human Bone Morphogenetic Protein-2
Loaded on a Resorbable Bioactive Ceramic. J. Oral Maxillofac. Surg. 2015, 73, 2257–2272. [CrossRef]

183. Wang, C.; Zhao, Q.; Wang, M. Cryogenic 3D printing for producing hierarchical porous and rhBMP-2-loaded
Ca-P/PLLA nanocomposite scaffolds for bone tissue engineering. Biofabrication 2017, 9, 25031. [CrossRef]
[PubMed]

49



Int. J. Mol. Sci. 2020, 21, 4031

184. Minardi, S.; Fernandez-Moure, S.J.; Fan, D.; Murphy, B.M.; Yazdi, K.I.; Liu, X.; Weiner, K.B.; Tasciotti, E.
Biocompatible PLGA-Mesoporous Silicon Microspheres for the Controlled Release of BMP-2 for Bone
Augmentation. Pharmaceutics 2020, 12, 118. [CrossRef] [PubMed]

185. Damanik, F.F.R.; Brunelli, M.; Pastorino, L.; Ruggiero, C.; van Blitterswijk, C.; Rotmans, J.; Moroni, L.
Sustained delivery of growth factors with high loading efficiency in a layer by layer assembly. Biomater. Sci.
2020, 8, 174–188. [CrossRef] [PubMed]

186. Ardeshirylajimi, A.; Ghaderian, S.M.-H.; Omrani, M.D.; Moradi, S.L. Biomimetic scaffold containing PVDF
nanofibers with sustained TGF-β release in combination with AT-MSCs for bladder tissue engineering. Gene
2018, 676, 195–201. [CrossRef]

187. Mahmoudi, Z.; Mohammadnejad, J.; Razavi Bazaz, S.; Abouei Mehrizi, A.; Saidijam, M.; Dinarvand, R.;
Ebrahimi Warkiani, M.; Soleimani, M. Promoted chondrogenesis of hMCSs with controlled release of TGF-β3
via microfluidics synthesized alginate nanogels. Carbohydr. Polym. 2020, 229, 115551. [CrossRef]

188. Díaz-Saldívar, P.; Huidobro-Toro, J.P. ATP-loaded biomimetic nanoparticles as controlled release system for
extracellular drugs in cancer applications. Int. J. Nanomed. 2019, 14, 2433–2447. [CrossRef]

189. Mohammadi Amirabad, L.; Zarrintaj, P.; Lindemuth, A.; Tayebi, L. Whole Tooth Engineering. In Applications
of Biomedical Engineering in Dentistry; Tayebi, L., Ed.; Springer: Cham, Switzerland, 2020; pp. 443–462, ISBN
978-3-030-21582-8.

190. Sonoyama, W.; Liu, Y.; Fang, D.; Yamaza, T.; Seo, B.-M.; Zhang, C.; Liu, H.; Gronthos, S.; Wang, C.-Y.; Wang, S.;
et al. Mesenchymal stem cell-mediated functional tooth regeneration in swine. PLoS ONE 2006, 1, e79.
[CrossRef]

191. Oshima, M.; Inoue, K.; Nakajima, K.; Tachikawa, T.; Yamazaki, H.; Isobe, T.; Sugawara, A.; Ogawa, M.;
Tanaka, C.; Saito, M.; et al. Functional tooth restoration by next-generation bio-hybrid implant as a bio-hybrid
artificial organ replacement therapy. Sci. Rep. 2014, 4, 6044. [CrossRef]

192. Gao, Z.H.; Hu, L.; Liu, G.L.; Wei, F.L.; Liu, Y.; Liu, Z.H.; Fan, Z.P.; Zhang, C.M.; Wang, J.S.; Wang, S.L.
Bio-Root and Implant-Based Restoration as a Tooth Replacement Alternative. J. Dent. Res. 2016, 95, 642–649.
[CrossRef] [PubMed]

193. Oshima, M.; Tsuji, T. Whole Tooth Regeneration as a Future Dental Treatment. Adv. Exp. Med. Biol. 2015, 881,
255–269. [PubMed]

194. Angelova Volponi, A.; Zaugg, L.K.; Neves, V.; Liu, Y.; Sharpe, P.T. Tooth Repair and Regeneration. Curr. Oral
Health Rep. 2018, 5, 295–303. [CrossRef] [PubMed]

195. Li, L.; Tang, Q.; Wang, A.; Chen, Y. Regrowing a tooth: In vitro and in vivo approaches. Curr. Opin. Cell Biol.
2019, 61, 126–131. [CrossRef] [PubMed]

196. Popa, E.M.; Buchtova, M.; Tucker, A.S. Revitalising the rudimentary replacement dentition in the mouse.
Development 2019, 146, dev171363. [CrossRef] [PubMed]

197. Balic, A. Biology Explaining Tooth Repair and Regeneration: A Mini-Review. Gerontology 2018, 64, 382–388.
[CrossRef] [PubMed]

198. Mina, M.; Kollar, E.J. The induction of odontogenesis in non-dental mesenchyme combined with early
murine mandibular arch epithelium. Arch. Oral Biol. 1987, 32, 123–127. [CrossRef]

199. Young, C.S.; Terada, S.; Vacanti, J.P.; Honda, M.; Bartlett, J.D.; Yelick, P.C. Tissue Engineering of Complex
Tooth Structures on Biodegradable Polymer Scaffolds. J. Dent. Res. 2002, 81, 695–700. [CrossRef]

200. Duailibi, M.T.; Duailibi, S.E.; Young, C.S.; Bartlett, J.D.; Vacanti, J.P.; Yelick, P.C. Bioengineered Teeth from
Cultured Rat Tooth Bud Cells. J. Dent. Res. 2004, 83, 523–528. [CrossRef]

201. Nakao, K.; Morita, R.; Saji, Y.; Ishida, K.; Tomita, Y.; Ogawa, M.; Saitoh, M.; Tomooka, Y.; Tsuji, T. The
development of a bioengineered organ germ method. Nat. Methods 2007, 4, 227–230. [CrossRef]

202. Oshima, M.; Mizuno, M.; Imamura, A.; Ogawa, M.; Yasukawa, M.; Yamazaki, H.; Morita, R.; Ikeda, E.;
Nakao, K.; Takano-Yamamoto, T.; et al. Functional tooth regeneration using a bioengineered tooth unit as a
mature organ replacement regenerative therapy. PLoS ONE 2011, 6, e21531. [CrossRef] [PubMed]

203. Wu, Z.; Wang, F.; Fan, Z.; Wu, T.; He, J.; Wang, J.; Zhang, C.; Wang, S. Whole-Tooth Regeneration by
Allogeneic Cell Reassociation in Pig Jawbone. Tissue Eng. Part A 2019, 25, 1202–1212. [CrossRef] [PubMed]

204. Young, C.S.; Abukawa, H.; Asrican, R.; Ravens, M.; Troulis, M.J.; Kaban, L.B.; Vacanti, J.P.; Yelick, P.C.
Tissue-Engineered Hybrid Tooth and Bone. Tissue Eng. 2005, 11, 1599–1610. [CrossRef] [PubMed]

50



Int. J. Mol. Sci. 2020, 21, 4031

205. Young, C.S.; Kim, S.-W.; Qin, C.; Baba, O.; Butler, W.T.; Taylor, R.R.; Bartlett, J.D.; Vacanti, J.P.; Yelick, P.C.
Developmental analysis and computer modelling of bioengineered teeth. Arch. Oral Biol. 2005, 50, 259–265.
[CrossRef]

206. Ohazama, A.; Modino, S.A.C.; Miletich, I.; Sharpe, P.T. Stem-cell-based Tissue Engineering of Murine Teeth.
J. Dent. Res. 2004, 83, 518–522. [CrossRef]

207. Angelova Volponi, A.; Kawasaki, M.; Sharpe, P.T. Adult human gingival epithelial cells as a source for
whole-tooth bioengineering. J. Dent. Res. 2013, 92, 329–334. [CrossRef]

208. Hu, B.; Nadiri, A.; Kuchler-Bopp, S.; perrin-schmitt, F.; Peters, H.; Lesot, H. Tissue Engineering of Tooth
Crown, Root, and Periodontium. Tissue Eng. 2006, 12, 2069–2075. [CrossRef]

209. Zheng, Y.; Cai, J.; Hutchins, A.P.; Jia, L.; Liu, P.; Yang, D.; Chen, S.; Ge, L.; Pei, D.; Wei, S. Remission for Loss
of Odontogenic Potential in a New Micromilieu In Vitro. PLoS ONE 2016, 11, e0152893. [CrossRef]

210. Kuchler-Bopp, S.; Bécavin, T.; Kökten, T.; Weickert, J.L.; Keller, L.; Lesot, H.; Deveaux, E.; Benkirane-Jessel, N.
Three-dimensional Micro-culture System for Tooth Tissue Engineering. J. Dent. Res. 2016, 95, 657–664.
[CrossRef]

211. Zhang, W.; Vázquez, B.; Yelick, P.C. Bioengineered post-natal recombinant tooth bud models. J. Tissue Eng.
Regen. Med. 2017, 11, 658–668. [CrossRef]

212. Yang, K.-C.; Kitamura, Y.; Wu, C.-C.; Chang, H.-H.; Ling, T.-Y.; Kuo, T.-F. Tooth Germ-Like Construct
Transplantation for Whole-Tooth Regeneration: An In Vivo Study in the Miniature Pig. Artif. Organs 2016,
40, E39–E50. [CrossRef] [PubMed]

213. Nait Lechguer, A.; Kuchler-Bopp, S.; Hu, B.; Haïkel, Y.; Lesot, H. Vascularization of Engineered Teeth. J. Dent.
Res. 2008, 87, 1138–1143. [CrossRef] [PubMed]

214. Strub, M.; Keller, L.; Idoux-Gillet, Y.; Lesot, H.; Clauss, F.; Benkirane-Jessel, N.; Kuchler-Bopp, S. Bone Marrow
Stromal Cells Promote Innervation of Bioengineered Teeth. J. Dent. Res. 2018, 97, 1152–1159. [CrossRef]
[PubMed]

© 2020 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

51





 International Journal of 

Molecular Sciences

Review

Tissue-Specific Decellularization Methods: Rationale
and Strategies to Achieve Regenerative Compounds

Unai Mendibil 1,2, Raquel Ruiz-Hernandez 1,†, Sugoi Retegi-Carrion 1,†, Nerea Garcia-Urquia 2,†,
Beatriz Olalde-Graells 2 and Ander Abarrategi 1,3,*

1 Center for Cooperative Research in Biomaterials (CIC biomaGUNE), Basque Research and Technology
Alliance (BRTA), 20014 Donostia-San Sebastian, Spain; umendibil@cicbiomagune.es (U.M.);
rruiz@cicbiomagune.es (R.R.-H.); sretegi@cicbiomagune.es (S.R.-C.)

2 TECNALIA, Basque Research and Technology Alliance (BRTA), 20009 Donostia-San Sebastian, Spain;
nerea.garcia@tecnalia.com (N.G.-U.); beatriz.olalde@tecnalia.com (B.O.-G.)

3 Ikerbasque, Basque Foundation for Science, 48013 Bilbao, Spain
* Correspondence: aabarrategi@cicbiomagune.es
† These authors contribute equally to the work.

Received: 15 July 2020; Accepted: 28 July 2020; Published: 30 July 2020

Abstract: The extracellular matrix (ECM) is a complex network with multiple functions, including
specific functions during tissue regeneration. Precisely, the properties of the ECM have been
thoroughly used in tissue engineering and regenerative medicine research, aiming to restore the
function of damaged or dysfunctional tissues. Tissue decellularization is gaining momentum as
a technique to obtain potentially implantable decellularized extracellular matrix (dECM) with
well-preserved key components. Interestingly, the tissue-specific dECM is becoming a feasible option
to carry out regenerative medicine research, with multiple advantages compared to other approaches.
This review provides an overview of the most common methods used to obtain the dECM and
summarizes the strategies adopted to decellularize specific tissues, aiming to provide a helpful guide
for future research development.

Keywords: extracellular matrix; decellularization; regenerative medicine

1. Introduction

In many adult animal tissues, the main component in terms of volume is not the cells, but the
cell-secreted three-dimensional (3D) structure known as the extracellular matrix (ECM). Structural
and specialized proteins and proteoglycans are some of the ECM’s macromolecular components, and
they interact in this network with multiple key roles and functions. During homeostasis, the ECM
provides structural integrity and mechanical support for tissues and organ architecture. In parallel,
the ECM is the reservoir and the place for the active exchange of ions, nutrients, waters, metabolites,
and signals [1]. In this way, the ECM serves as the environment in which tissue-resident cells attach,
communicate, and interact, thereby regulating cell dynamics and behavior, and contributing to the
maintenance of tissue-specific cell phenotypes and functions (Figure 1). Notably, the ECM provides
a niche for tissue-resident stem cells and drives their fate decisions, a property particularly relevant
during homeostasis and tissue repair–regeneration processes.
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Figure 1. Structure, components, and functions of extracellular matrix (ECM) (MMP, matrix
metalloprotease; GF, growth factor).

The properties of the ECM have been thoroughly used in tissue engineering and regenerative
medicine research, aiming to restore the function of damaged or dysfunctional tissues [2]. In this context,
applications of ECM-derived components are multiple, from in vitro stem cell basic research to clinical
settings. For example, ECM-derived components have been used as surface coatings for cell adhesion
purposes; gel matrices for establishing organoid cultures; 3D environments for cell seeding and growth
factor delivery approaches; and as biocompatible and biomimetic implantable allograft or xenograft
scaffolds with in vivo tissue regeneration properties. Often, strategies are based on specific ECM
components, such as collagens, fibrin, hyaluronic acid, or even cell-culture-derived ECM. Using these
materials, multiple fabrication techniques have been implemented to generate successful ECM-derived
biomimetic structures such as hydrogels, or even more sophisticated engineering approaches such
as micropatterned surfaces, electrospinning, 3D printing, and bioprinting-designed scaffolds, among
others [3].

Interestingly, tissue decellularization is becoming a common technique to obtain decellularized
extracellular matrix (dECM) [4] and it is a research field gaining momentum in recent years (Figure 2).
The rationale for decellularization is related to the adverse response that cell waste may induce
when tissue-derived material is used for implantation procedures, including immune reaction and
inflammation, leading to implant rejection. Therefore, dECM is usually obtained by chemical, enzymatic,
and/or physical decellularization methods, developed to eliminate the cells and their waste, mainly
DNA [5]. These procedures yield decellularized materials formed by the multiple ECM components,
which are maintained similar to the original tissue in composition, even in architecture, if required.
dECM-related advantages are often associated with better performance and applicability as implants
for tissue repair, and also with better mechanical/biochemical properties for the intended use. Initially,
research in this field was focused precisely on developing proper decellularization methods and
techniques, while more recently, the field is moving to implement approaches related to bioengineering
and which tackle applied research aims.
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Figure 2. Research items per year with the words “decellularization” or “decellularized” in the title
(Source: https://scholar.google.es “allintitle: decellularized OR decellularization”).

Notably, regenerative medicine research can now take advantage of approaches based on the
use of the targeted tissue-specific dECM [6,7]. The ECM is different from one tissue to another, and
therefore, decellularization methods and techniques to obtain dECM have been extensively studied
and tissue-specifically improved, aiming to preserve the ECM molecules and structures relevant for
the intended use. In this sense, research has been mainly based on empirical testing of tissue-specific
decellularization methods intended to achieve specific aims or applications.

In this review, we provide an overview of the methods used to obtain the dECM, and we
summarize the most common strategies adopted to decellularize specific tissues, aiming to provide a
helpful guide for future research development.

2. Organ Decellularization and Tissue Decellularization Approaches for Biomedical Applications

Whole tissue or intact tissue pieces or sections are a common starting point for decellularization,
especially when the final purpose is whole organ decellularization for bioengineering purposes. In
these cases, the resulting dECM is a tissue scaffold generally created to keep its structure as intact as
possible. Note that dECM tissue scaffold decellularization processes tend to be long, due to the need to
be sure about all the reagents reaching the target cells in order to achieve complete decellularization [5].
The bigger the tissue pieces, the longer it takes to make sure that they are completely decellularized.
Moreover, the longer the period of chemicals and enzymatic reactions, the higher the chance of
damaging the ECM components.

In tissue pieces, it is easy to assess by histology the decellularization and integrity of the
remaining ECM. However, even if there are no histologically visible nuclei in the tissue, it is still
important to quantify the DNA content by molecular techniques, with the safe limit of DNA content
in a decellularized tissue established as below 50 pg DNA per milligram of dry tissue. Regarding
macromolecules, they need to be assessed both in quantity and quality by histology, spectrophotometry,
and other techniques, while the other ECM components as growth factors may need to be assessed
and quantified as well [8]. In some cases, tissue-specific tests are also required to characterize those
properties key to the intended biomedical application. For example, a mechanical stress test is required
to assess the mechanical/elastic properties after the decellularization of tendons, muscles, and cartilage
tissues [9].

Keeping the ECM as intact as possible can be a problem when dECM tissue scaffolds are meant to
be used for cell colonization purposes [10]. The ECM is grown by and around the cells, providing
physical support, and therefore keeping intact the intricate ECM net, which may impede proper cell
seeding of decellularized material. Moreover, potential implantation may be physically limited by the
dECM structure and form. Therefore, the decellularization strategy is often designed to degrade some
of the ECM components, aiming to maximize the further cell seeding strategy [11].

Tissue decellularization is achieved using as starting material tissues treated with mechanical
or chemical methods for tissue grinding, pulverization, or homogenization before decellularization.
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This approach is gaining relevance, especially in strategies aiming to use the dECM in postprocessing
fabrication approaches (hydrogels, 3D printing, electrospinning, and similar). The outcome of
decellularization in these cases is dECM powder, an intermediate product mainly used to artificially
generate further ECM coatings or 3D structures [12]. Note that tissue powder processing yields dECM
powder with multiple components, but does not keep the tissue architecture and affects the structure
of the ECM macromolecules. This is because the aim of approaches using this processing method is
not to keep the structural proteins untouched, but rather to use the properties of the relevant ECM
components to improve biocompatibility, adhesion, differentiation, and/or other properties or purposes.

The applications of decellularized materials and matrices in regenerative medicine context are
multiple, including clinically used implantable materials, and continue to expand. For example, whole
decellularized pieces are mainly used as scaffolds for transplantation purposes; dECM processed to
form sheets and/or patches is useful in soft tissue and cardiac repair; Powder of demineralized bone
matrix can be resuspended and be used to fill and heal bone defects; dECM-derived hydrogels are
useful as injectable materials with regenerative properties; Hydrogels can be processed too, to generate
inks and bioinks useful in 3D printing and electrospun-based strategies; dECM-derived scaffolds can
be used as cell carriers for in vitro modeling or in vivo regenerative purposes [2,13–19].

In any case, the decellularization procedure selected and the further characterization needs depend
on the final aim and approach (Figure 3). Whole organ, tissue pieces, or powdered ECM are the most
common starting materials and multiple possible decellularization methods can be applied, all of them
with advantages and disadvantages to be taken into account in light of the specific aim and context [18].

Figure 3. Schematic of organ decellularization and tissue decellularization approaches.

3. ECM Decellularization and Sterilization Methods

Most protocols describe combinatorial and sequential use of different physical, chemical, and
enzymatic techniques in order to achieve tissue-specific decellularization. In general, chemical
and enzymatic techniques are mainly responsible for successful decellularization in most protocols.
Physical techniques are generally used to complement chemical and enzymatic techniques and
therefore increase the decellularization effects (Table 1). Physical techniques can produce damage in
the matrix, while chemical techniques can produce reactions that change the chemical composition of
the ECM [20–22]. For this reason, setting up the decellularization protocol is of paramount importance
in each specific approach.
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3.1. Chemical and Enzymatic Methods for Decellularization

Detergents are chemical agents used to solubilize cell membranes and to dissociate their inner
structure. Among them, Triton X-100 is the most commonly used detergent in decellularization
processes. It targets the lipid–lipid and lipid–protein interactions, but it leaves the protein–protein
interaction intact [9,23]. It is a very useful agent in those tissues where the key matrix components are
primarily proteins. It is an effective detergent to eliminate cells from many tissues, but it is generally
avoided in tissues with glycosaminoglycans (GAGs) as a key component in their matrix.

Side by side with the Triton X-100, sodium dodecyl sulfate (SDS) is the other most commonly used
detergent in decellularization procedures. SDS solubilizes both the external and nuclear membranes,
but also tends to denature proteins and may alter the native structure of the matrix [24,25]. For these
reasons, short time SDS treatment is the most common, aiming to minimize the possible damage to
proteins and the overall matrix structure [26]. Nevertheless, it is very efficient in removing nuclear and
cytoplasmic waste.

Other detergents are useful for specific tissues and applications in a decellularization context.
CHAPS reagent has properties of both ionic and nonionic detergents, and therefore, it targets
lipid–lipid and lipid–protein interactions, while also solubilizes membranes [27]. CHAPS is not good
as a permeating agent, and is therefore mainly used to decellularize thin tissues, for which it is more
effective. Triton X-200 is another detergent, less used than its X-100 counterpart because it is more
prone to alter the ECM’s structure, but it is highly effective for tissues such as neural tissue [28].

Enzymes are also used in most decellularization protocols, mainly to eliminate cell waste
and other undesirable components of the ECM. However enzymatic treatments can often lead to
additional problems related to enzyme removal [20], a problem usually tackled with further steps using
nonenzymatic agents or detergent treatment. Among such enzymes, trypsin is the most commonly
used in decellularization procedures [29]. Trypsin targets the C-side bonds in arginine and lysine
amino acids and is mostly used combined with EDTA, a chemical agent able to break cell–matrix
interactions. Of note, the prolonged exposure to trypsin–EDTA treatment can significantly alter the
structure of the matrix, destroy laminin, and remove GAGs, resulting in severe mechanical weakness of
the tissue [30]. Pepsin is another useful enzyme in decellularization processes. It is a highly aggressive
protease commonly found in the stomach and, like trypsin, it targets the bounds between peptides.
Thus, it may cause damage to the ECM if used under long exposition times [31].

Hypotonic and hypertonic solutions [32] use osmotic properties to make the cells explode. The
osmotic shock kills the cells, but it does not remove the cell waste that it releases to the matrix, which
should be taken into account in the design of a decellularization procedure. Moreover, the treatment of
the DNA waste is of paramount relevance in all decellularization processes, due to the tendency of the
nuclear material to remain stuck to ECM proteins. In this sense, endonucleases and exonucleases are
other kinds of enzymes that are of great use to eliminate the waste of nuclear components [8,30].

Finally, chemical acid–base [33] and TBP [32] treatments are rarely used, because they are very
aggressive toward the proteins of the matrix. Specifically, acid–base solutions damage collagen and
TBP disrupts protein–protein bonds.

3.2. Physical Methods for Decellularization

As previously mentioned, physical techniques are not enough to decellularize the tissue, but they
can help in combination with chemical and enzymatic processes. For example, when big tissue pieces
or whole organs are the target of decellularization, perfusion is recommended in order to better reach
all tissue areas [21,34].
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Table 1. Methods used in decellularization processes.

Methods Mechanism Side Effects on the ECM References

Chemical

Acid; Base
Solubilizes cytoplasmic
components, disrupts

nucleic acids
Damages collagen and GAG [32]

Triton X-100

Breaks lipid–lipid and
lipid–protein unions, while

leaving the protein
interactions untouched

Not recommended for ECM
where the lipids and GAG are

important components
[9,23,26,44,45]

SDS Liquefies the internal and
external cell membranes

Tends to denaturalize proteins
and may induce nuclear and

cytoplasmic waste in the
remaining matrix

[24–26,46–48]

Triton X-200
Similar to its X-100

counterpart. Very effective in
some tissues

Needs to be combined with a
zwitterionic detergent to be

effective. Damages the matrix
in a similar way that SDS does.

[28]

CHAPS Properties of ionic and
nonionic detergents

Similar damage level
compared to Triton X-100 [27]

TBP Disrupts protein–protein
interactions

Variable results, collagen
degradation but keeping the

mechanical properties
[25,49]

Hypertonic and
hypotonic solutions

Osmotic pressure to make
the membrane explode

High amount of cell waste in
the remaining matrix [11,33,50]

Enzymes

EDTA, EGTA
Breaks cell adhesion to

matrix. It is usually
combined with trypsin

Does not actually kill the cells [29,30,46,50,51]

Trypsin Digestion of membrane
proteins leading to cell dead

Can damage the proteins in
the ECM, in particular laminin

and GAG
[29,30,43,52]

Pepsin It targets peptide bounds
Causes high damage in the

ECM proteins if left for
too long

[31]

Endonucleases and
Exonucleases

Degradation of the nuclear
material inside and outside

of the nucleus

Further cleaning and enzyme
removal is required, as they

may promote
immune response

[6,29,53–57]

Physical

Freezing
Crystals created in the

freezing process destroy the
cell membrane

The overall protein structure of
the ECM may be compromised [24,35–38,58]

Force
Mechanical pressure can be
enough to induce the lysis in

some tissues

Limited to tissues with hard
structures, as it can greatly
damage the ECM structure

[39]

Agitation
Commonly used to facilitate
chemical agent infiltration

and to induce cell lysis

Aggressive processes like
sonication can greatly damage

the ECM
[40,41]

Vacuum-assisted
decellularization (VAD)

Enables chemical agents to
reach the more inner parts of

the tissue

It is not a decellularization
method but a facilitator [42]

Hydrostatic pressure Applies high pressure to the
tissue and induces cell lysis

Excessive pressure can
damage the structure [43,59]

The most commonly used physical technique is snap freezing, or freeze–thawing, as the first
step of a decellularization process. By freezing tissue, intracellular ice crystals are formed, thereby
disrupting cellular membranes and causing cell lysis. Thus, freezing is a common and effective method
for cell lysis and it eases further uniform decellularization. Protocols using this approach have to
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carefully control the rate of temperature change to control the size of the formed ice crystals, therefore
preventing excessive damage to the ECM [35–38].

Cells can be lysed by applying direct pressure to tissue, but this method is only effective for tissues
or organs that are not characterized by a densely organized ECM (e.g., liver and lung). Mechanical force
has also been used to delaminate layers of tissue from organs that are characterized by natural planes
of dissection, such as the small intestine and the urinary bladder. These methods are effective and
cause minimal disruption to the three-dimensional architecture of the ECM within these tissues [39].

Mechanical agitation and sonication are useful in combination with a chemical treatment to assist
in cell lysis and the removal of cellular debris [40,41]. Mechanical agitation can be applied by using a
magnetic stir plate, an orbital shaker, or a low-profile roller. There are no studies to determine the
optimal magnitude or frequency of sonication for the disruption of cells. However, the standard
ultrasonic cleaner appears to be as effective at removing cellular material as the movement of an
orbital shaker. In all of these procedures, the optimal speed, the volume of reagent, and the length of
mechanical agitation are dependent on the composition, volume, and density of the tissue.

Vacuum-assisted decellularization (VAD) cannot decellularize, but it is highly effective in enabling
chemical agents to reach the whole tissue [42]. Hydrostatic pressure, on the other hand, is an effective
decellularization method, but it is usually combined with enzymes such as DNases to achieve complete
decellularization [43].

3.3. Sterilization Methods

The dECM is commonly used in in vivo implantable approaches. Therefore, in order to prevent
the transmission of pathogens, the dECM needs to be sterilized to eliminate any microorganisms and
to prevent infections [60]. There are some useful physical and chemical dECM sterilization techniques,
although their suitability depends on multiple factors, which may need to be considered in each
specific approach; for example, humidity, time of exposure, temperature, and the nature/load of the
bioburden are some of the factors to be taken into account.

Among the physical methods, two groups are differentiated—those using heat and those using
radiation. Heat techniques have very limited use in a dECM context, as dECM products are usually
thermosensitive and high temperatures may denaturalize important proteins, as well as disrupt the
structure [61,62]. Irradiation effectively eliminates microorganisms, and UV-irradiation is a common
sterilization method used in research settings, mainly due to easy accessibility in terms of research
labs and cell culture facilities [63]. On the other hand, gamma-irradiation is the preferred sterilization
method for many pharmaceutical and clinical products, due to its high penetration, good assurance of
sterilization, and feasible temperature during the sterilization process. Conversely, radiation may affect
structural proteins such as collagen, reducing the strength of the treated material [64–66]. Therefore,
gamma-irradiation is often selected as the sterilization method for dECM products, but the irradiation
dosage has to be optimized for each specific case, and the properties must be assessed after treatment.

Liquid chemical wash can be used as a sterilization method. Alcohol-based sterilization is common
in laboratories, as it is cheap and easy to access. This method is more effective at killing microbes in
aqueous solutions, but may also affect the protein structure in dECM pieces. Phenols act by disrupting
membranes, precipitating proteins, and inactivating enzymes. They are bactericidal, fungicidal, and
mycobactericidal, but are ineffective against spores and most viruses. Aldehydes are alkylating agents
that damage nucleic acids and kill all microorganisms, including spores. In contrast to alcohols, which
are volatile, phenols and aldehydes are generally toxic, corrosive, and/or irritating. Liquid chemicals
must be removed after the sterilization process due to their potential toxicity in further in vivo uses [60].

Chemical methods are also useful to sterilize dECM materials, and are an alternative to physical
methods. Ozone and hydrogen peroxide are traditional sterilization gases, but ethylene oxide is more
commonly used in a dECM context, as the ultrastructure and the mechanical properties of the dECM
are usually not altered under such treatment [64,67]. After the sterilization process, it is important to
ensure the elimination of residual sterilizing agents and other possible volatile residues.
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4. Decellularization Methods by Tissue

In order to choose a decellularization method, the tissue itself and the strategy to be followed
have to be taken into consideration. Since each tissue has a different structure and composition, the
decellularization methods have to be specifically selected and empirically tested. Moreover, if the
aim is to keep the tissue structure as intact as possible, chemical methods have to be chosen carefully
because of the damage that they may cause to the structural macromolecules of the matrix. Therefore,
the literature shows trends in the use of specific combinatorial physical and chemical approaches for
each specific tissue and application, as follows.

4.1. Bone Tissue

Bones are the main components of the skeletal system. They give support to the body, allow
movement, and produce red and white cells in their marrow. Bone is a connective tissue and its ECM
is formed by different key proteins that confer tensile strength, such as collagen type I, noncollagenous
glycoproteins, and proteoglycans. Calcium hydroxyapatite (HA) in the ECM serves to store minerals
and provides specific properties to bone tissue, such as resistance and hardness [68], while a series
of signaling molecules, such as bone morphogenetic proteins (BMPs), are also part of a bone’s
ECM compartment.

The properties of bone’s ECM as regenerative material have been thoroughly described in the
literature, and that is why diseased and damaged bones are frequently approached using bone grafts.
Bone autografts are the best option in order to avoid rejection, while allografts and xenografts are often
used [46,69–72]. Implantable ceramic scaffolds are also frequent in clinical settings as osteoconductive
materials, and some of these products are bovine or porcine bone HA calcareous matrices obtained
after heat-treating bones in a muffle furnace to remove all organic compounds, including cells [68,73].

The first use of decalcified bone as bone implantable material was described as early as 1889 by
Senn [74], when he used muriatic acid as a decalcification agent, followed by washing and alcohol
sterilization before implantation in human bone defects. However, the experimental evidence of the
demineralized bone matrix (DBM) as an osteoinductive material was established by Urist in 1965 [52].
At present, osteoinductive activity in the bone matrix is largely related to some of the BMPs present in
bone’s ECM, and therefore, it is known that demineralization processing has to be done with the aim to
preserve BMPs’ biological activity. In any case, the DBM obtained by different decalcification methods
is commercially available and extensively reported in clinical settings as an osteoinductive implantable
material suitable for treating bone defects [70,75,76]. Hydrochloric acid (HCl) and EDTA are common
decalcifying agents, while chloroform and methanol can be used for lipid extraction. Then, the DBM
can be snap frozen, lyophilized, or kept at −20 ◦C until necessary [71,77].

The decellularized bone matrix (DecBM) is frequently achieved by chemical methods, such as
EDTA in combination with trypsin or SDS, along with ammonium hydroxide [46,70]. Alternatively,
thermal shock can be used, together with Triton X-100, for effective osseous tissue decellularization [44].
Additionally, high-hydrostatic pressurization, a physical method, has been used with good results
regarding bone decellularization [60]. Nucleases and dehydrated alcohol are used as complementary
and final steps in order to remove waste nuclear acids and other cellular remains [53,54].

Some authors have described specifically the serial decalcification and decellularization steps in
their protocols toward the generation of cell-free demineralized implantable materials [71]. In this
sense, hydrogels made from the ECM of decalcified and decellularized bone are quite common due to
its versatility and osteoconductivity [53,70].

4.2. Cartilage Tissue

Cartilage in adult animals is a connective, smooth, and resilient tissue. Hyaline cartilage is
avascular, and it is present in the stress points of skeletal tissue, such as bone heads, where it
provides flexibility and prevents abrasion and damage [77]. It is also present in the rib cage, nose,
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larynx, and trachea, while its extracellular matrix is composed of collagens, mainly collagen type
II, glycosaminoglycans (GAGs), and laminin [78]. GAGs are closely related to cartilage mechanical
properties and help the tissue to cope with sudden external forces [24]. Elastic cartilage is a supportive
structure for tissues such as the outer ear and epiglottis, and histologically, it is similar to hyaline
cartilage, but with much more elastic fibers [21]. On the other hand, fibrocartilage is the only cartilage
with collagen type I in its structure, because it is a mixture of fibrous tissue and cartilaginous tissue,
with unique toughness and elasticity properties, and is present in intervertebral discs and menisci,
among others.

Hyaline cartilage is the most commonly targeted cartilage in regenerative treatment—in particular,
the one covering the end of bones in articulations. Damage to articular cartilage is usually related to
trauma or pathology, and can cause pain, osteoarthritis, or even loss of functionality [78]. Surgical
interventions attempt to solve these conditions, but at present, they are largely temporary solutions,
pushing research toward searching for new regenerative approaches. The lack of vascularization
greatly limits the number of nutrients and oxygen that can reach the inner parts of the tissue. This
condition makes cartilage regrowth particularly challenging [79]. Therefore, tackling articular cartilage
regeneration is a challenging goal. The literature is extensive in terms of approaches aiming to
regenerate articular cartilage tissue, using different kinds of implantable scaffolds [80,81]. In this sense,
cartilage dECM derivatives have been used for coating other implantable materials or as a 3D-printed
structure for knee and meniscal regeneration, among others.

The basics for articular cartilage decellularization are the same for the different types of cartilages,
and in general, decellularization aims to keep in the matrix as many GAGs as possible. Of note, as the
different cartilages have different permeability properties, it is paramount to set up proper conditions
for optimum decellularization in each case.

Tissue snap freezing or freeze–thawing is a common pretreatment in many decellularization
protocols [24,58]. Similarly, pretreatment with hypotonic and hypertonic solutions is also a popular
method, used to induce apoptosis by osmotic pressure [11]. These methods do not decellularize the
structure by itself, but they help further decellularization methods to work better and to reach the inner
parts of the tissue. It has been proved that snap freezing does not affect the matrix component, and it
has no significant negative impact on the structure [82]. Conversely, initial tissue homogenization,
suggested in some articles, leads to the significant loss of GAGs and structural proteins [83].

Further to physical pretreatments, decellularization has been assayed with enzymatic or chemical
detergent methods. The enzyme trypsin–EDTA is the most common decellularization approach
reported [83]. Trypsin–EDTA breaks both the proteins that hold the cell in place inside the matrix, as
well as the cell membrane proteins. Based on protease activity, the main setback of using this technique
is the degradation of the proteins of potential interest in the final dECM. In order to prevent this, the
exposure time to trypsin–EDTA needs to be highly controlled, and it is usually limited to 6–24 h [51].

Regarding the detergents used as decellularization reagents, Triton X-100 and SDS are the most
commonly used ones. Both cause some extent of damage to the structure of the matrix, but the
mechanical integrity of the matrix maintains at an acceptable level. Note that both incur damage to
GAG content and integrity, being Triton X-100 the worse in this sense [26,45].

An additional issue to be taken into account regarding cartilage tissue is the need for enzymatic
treatment with nuclease activity to prevent waste nucleic acid material from sticking to the matrix [11].
In elastic cartilage, the nuclease time may be necessarily longer to ensure decellularization. In articular
cartilage, on the other hand, being a less dense structure, the risk of having DNA material stick to the
protein matrix is lower.

The digestion of GAGs using chondroitinase ABC (ChABC) has been reported as a cartilage
decellularization method. It is not a commonly used technique; although it facilitates the removal of
native chondrocytes, it reduces the mechanical properties of the tissue as well [11].
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4.3. Adipose Tissue

White adipose tissue is defined as a connective tissue that stores energy in the form of lipids
(triglycerides), insulates the body, and provides cushioning and support for subcutaneous tissues and
internal organs. It is composed of clusters of fat-storing cells (adipocytes) surrounded by a reticular
fiber network and interspersed small blood vessels. The key ECM proteins of adipose tissue are
collagen type I, collagen type IV, and laminin. Collagen with laminin provides anchoring sites and
barrier functions for adipocytes. Collagen types IV and VII and laminin are major components of the
basement membrane [84].

Reconstruction of soft tissue defects is needed after certain tumor resections, external injury,
or due to congenital malformations, and presents a major challenge in plastic and reconstructive
surgery. At present, the main complications related to adipose tissue reconstruction include capsular
contracture, necrosis and donor site morbidity, and immune rejection, and therefore, new clinical
approaches are required to improve the success rate. The subcutaneous adipose tissue discarded from
surgical operations represents an abundant and easy-to-collect human tissue source, processable by
dECM biomaterial [85]. In this sense, allograft and xenograft dECM biomimetic scaffolds have proved
to be effective tools for promoting tissue repair and regeneration in numerous preclinical and clinical
studies [86–88].

The optimal adipose tissue decellularization includes the extraction of lipids (delipidation),
followed by the extraction of cells and cell components, thereby maintaining key proteins and the 3D
structure. Human and porcine are the most common sources of adipose tissue extraction, and there are
two different kinds of initial adipose tissue samples useful for decellularization purposes. Such samples
can be solid tissue derived from resection surgery, usually performed in the abdominal area, which
has to be cut into small pieces for decellularization. On the other hand, liposuction-derived samples
are gel-like tissues that require homogenization and centrifugation as the initial step for separation of
the lipid phase. After initial processing, decellularization can be achieved using detergent-based or
detergent-free protocols [89].

A detergent-free method for adipose tissue decellularization was described by Flynn et al. in
2010, in which the dECM was produced with a combination of multiple physical and chemical
strategies, such as freeze–thaw cycles in hypotonic buffer to loosen the ECM, isopropanol to remove
lipids, and enzymatic digestion with trypsin–EDTA, DNase, RNase, and lipase to remove cells and
lipids. The resulting dECM conserves the collagen architecture and provides a microenvironment
for the differentiation of human adipose stem cells [90,91]. A further published similar protocol
demonstrated, by immunohistochemical staining, that laminin and collagen type IV remain abundant
in the decellularized matrix. In vitro and in vivo models with microporous foams and hydrogel scaffolds
with cells both demonstrate strong support for adipogenesis and induce an angiogenic response and
formation of new adipose tissue [55,92]. dECM scaffolds generated by similar detergent-free methods,
with a combination of isopropanol, trypsin, EDTA, and DNase–RNAse in gel-like liposuction-derived
samples, served as support for human adipose-derived stem cells and adipose regeneration [93].

In adipose tissue, the use of detergents for decellularization seems to increase the risk of matrix
protein denaturalization and degradation. Wang et al. reported a method with multiple sequential
physical and chemical steps, including a polar solvent extraction and Triton X-100 treatment, which
resulted in the maintenance of collagens but the absence of laminin in the final dECM [94]. Similar
results were obtained when SDS was used during the decellularization process [95]. Note that
although laminin was absent in Triton-X-100-treated samples, in vivo studies have confirmed that the
dECM undergoes vascularization and adipose tissue regeneration at Day 30 of implantation, which is
consistent with other reports on the adipose tissue-derived matrix.

4.4. Skeletal Muscle and Tendons

Muscles are connective tissues formed by contractile fibers. Skeletal muscles are responsible for
voluntary movement and homeostasis, and they are attached to bones by collagen fibrillar structures
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called tendons. Skeletal muscle is divided into several innervated and vascularized subtypes. Given
the complex structure of skeletal muscle, it is difficult to pinpoint the exact distribution and composition
of the ECM. Collagen is the most common component, as it contains collagen types I, II, III, IV, V, VI,
XI, XII, XIV, XV, and XVIII. GAGs are ubiquitous in the ECM, while interactions between proteins and
glycans are particularly important to regulate protein distribution. Moreover, ECM glycoproteins and
cell membrane–protein interactions transmit the mechanical force in the muscle and are active during
muscle injury regeneration [96].

Skeletal muscle loss is often the result of a traumatic injury. In this sense, reconstruction surgery
may be required to recover functionality [97]. The first option is always an autologous transfer from
nearby tissue, but this implicates a partial loss of functionality or volume. Among other approaches, the
use of the muscle’s decellularized ECM is a promising treatment, due to several reasons. Decellularized
muscle xenografts are feasible, as a muscle’s ECM is similar among different species, thereby minimizing
the risk of the immune response [98,99]. Moreover, the dECM from skeletal muscle shows good
integration in vivo, promoting vascularization, remodulation, and differentiation.

The initial skeletal muscle decellularization protocols included physical methods such as
freeze–thawing or proteases, which have been further proven too aggressive for proper muscle
tissue decellularization. At present, and aiming to preserve the matrix content and tissue structure,
some less aggressive detergents, salt solutions, and nucleus-specific enzymes are the preferred
decellularization methods. Most of the protocols use weak acids or detergents, such as sodium
deoxycholate or Triton X-100 and SDS, respectively, followed by DNase treatment—all of them at
low concentrations and exposition times and with multiple repeated cycles [100,101]. In some cases,
trypsin is used in low concentrations and for short times, ensuring it does not damage in excess the
protein structure.

Tendon tissue is a highly fibroelastic structure that connects muscles to bones. A tendon’s ECM is
mainly formed of collagen type I, elastin, and proteoglycans, and it provides mechanical and elastic
capabilities. Collagen, in particular, constitutes up to 80% of the dry mass of tendons. These proteins
are organized by creating fibers, fascicles, and, finally, the tendon itself. Other than that, there is a huge
network of proteoglycans and other elastic macromolecules [49].

Tendons have a natural healing capacity, but they can be damaged if the injury goes beyond this
healing capacity. Damage to tendons can be the result of severe trauma or the result of continuously
repeated injuries during recovery processes [47]. When using a material to repair possible damage,
the main properties required are mechanical and elastic capacities. In this context, dECM derivate
materials show good regenerative properties, particularly the ones created with decellularized tendons,
as they are assimilated easily and promote new tissue formation.

In order to decellularize tendons, detergents are the most commonly used reagents. Triton X-100
and SDS have been tested and compared independently as tendon decellularization methods, with
and without a previous freeze–thawing cycle [102]. Triton X-100 treatment shows less efficiency in cell
lysis, with no significant cell removal, and induces damage to the tendon structure. On the other hand,
SDS is more effective as a tendon decellularization agent, with less damage to the ECM components
and collagen structure [102]. Tri-n-butyl phosphate (TnBP) detergent has also been used for tendon
decellularization purposes, with improved results compared to previous methods. Specifically, TnBP
treatment results in a significant decrease in cell density, without disruption of the collagen matrix,
even when used in relatively high concentrations [47].

4.5. Cardiovascular Tissue

The heart is a muscular organ whose function is mainly the pumping of blood through the
circulatory system. The ECM of the heart is quite specific and is composed predominantly of collagens
(types I, II, and III), fibrillin, hyaluronan, laminin, fibronectin, and proteoglycans [34,103,104]. Due to
its composition, it shows great strength, flexibility, and durability [105].
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Cardiovascular diseases are the target of multiple regenerative medicine approaches. Stem
cell-related approaches have been tested as promising therapies for myocardial infarction, chronic
ischemic myocardial dysfunction, and nonischemic dilated cardiomyopathy, among others. Moreover,
regenerative and repair strategies have also been investigated as alternatives to heart transplant
procedures. On the other hand, research efforts are directed toward defining regenerative or reparative
approaches as a substitute to heart valve replacement procedures, a clinically required procedure in
certain patients of valvular heart disease (VHD). In all of these cardiovascular regenerative research
contexts, decellularized cardiac tissue is now thoroughly assayed, sometimes as a biocompatible and
cytokine-carrying implantable scaffold, and in other cases, as a recellularized carrier of therapeutic
cells [106,107]. Indeed, whole tissue decellularization, followed by recellularization, is a strategy that
many labs are working on [108].

In comparison to other tissues, which are hard to decellularize, current methods yield decellularized
heart tissue that retains a great number of its original properties, including its elasticity. The most
frequent method to achieve heart decellularization is the use of specific detergents combined with
other decellularizing agents. Detergents such as SDS, sodium deoxycholate, PEG, or Triton X-100 work
very well as decellularization agents in valves, tissue pieces, and in a whole heart decellularization
context. These detergents are often used together [76], but they have also been individually compared
and optimized. For example, for whole porcine heart decellularization, Ferng et al. suggested 3% SDS
as the optimal detergent, especially when perfused at a pressure between 90 and 120 mmHg, while
discouraging the use of CHAPS or OGP due to their inability to successfully decellularize the tissue.
Physical and enzymatic methods are often used before or after the detergent-based decellularization
step. For example, osmotic shock before decellularization induces loosening of the ECM, while
pretreatment with trypsin–EDTA also improves further decellularization steps [30,109,110]. After
the detergent-based decellularization step(s), and in order to achieve more porosity in the scaffold,
hearts are often freeze-dried [109–111], and sucrose may be added to the freezing media in order to
avoid damaging or denaturizing biomolecules in the heart scaffold [111]. Focused on heart valve
decellularization, postdetergent treatment, enzymes at low concentrations have been used in order to
remove the waste of nucleic acids [112], a treatment that does not affect collagen valves or elastane and
is compatible with further cell seeding strategies [30].

Some authors claim the most common detergents used as decellularizing agents for hearts may
cause ECM denaturation and further loss of mechanical properties. That is why some physical and
enzymatic treatments have been assayed with no detergent step for heart decellularization. For example,
Seo et al. based their study on the supercritical fluid technology using the scCO2–EtOH cosolvent
system to decellularize hearts, showing that the supercritical carbon dioxide method maintains higher
GAG and collagen levels in the remaining decellularized scaffolds [113]. For heart valves, in terms of
enzymatic methods, an accutase solution, followed by nuclease treatment, has been reported [112],
while other proteolytic and collagenolytic enzymes combined with nucleases are also able to effectively
remove nearly all nucleic acids [112]. Other methods have been assayed, but seem more controversial
in terms of the achieved nucleic acid removal, such as the use of a combination of proteases and
chelating agents, e.g., trypsin–ethylenediaminetetraacetic acid [112].

4.6. Vascular Tissue

Vascular tissue is related to the transport of nutrients, oxygen, CO2, hormones, and blood cells
through the body. Essentially, it comprises arteries, arterioles, and veins, while only arteries are
the common target for decellularization approaches. Arteries are elastic blood vessels that carry
oxygenated blood from the heart to the whole body. The main arteries are composed of three tissue
layers, from inside out: intima, media, and adventitia. The tunica intima’s ECM contains mainly
laminin and collagen type IV, while the medium layer is principally composed of collagen type III,
elastin, glycoproteins, and GAGs. In contrast, the ECM of the outermost tunica consists primarily of
collagen type I and elastin, but it also contains proteoglycans such as biglycan and decorin, as well
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as thrombospondin-2 [114]. Although arteries have a very complex structure, it is very important to
maintain the ECM components in the interest of keeping the ECM properties intact, such as elasticity
and resistance.

Arterial diseases such as pulmonary arterial hypertension, restenosis, and peripheral arterial
diseases are now targeted with experimental and promising stem cell therapies [115–118]. On the
other hand, peripheral and coronary artery bypasses are clinical procedures often based on artery
replacement by autologous graft transplantation. The use of natural or synthetic biopolymers as
grafting materials is a clinically feasible option [119,120], but decellularized artery grafts are gaining
increased research attention as artery bypass grafting materials due to their proper molecular and
mechanical properties and their reduced immunogenicity [121,122].

Before the artery decellularization technique starts, there are different steps that are recommended
for better results. Some protocols suggest to lyse blood cells by washing the arteries in distilled water
while shaking [120], while others include three freeze–thaw cycles with EDTA [50]. As in many other
tissues, decellularization is mainly based on the activity of detergents such as SDS, EDTA, SDC, CHAPS,
Triton X-100, or DOC [27,50,56,120,123,124], used individually or in combination [50]. Some protocols
report trypsin and hypo/hypertonic solutions used together with these detergents [27,50,56], while
the use of enzymatic DNA and RNA removal as one of the final steps is also recommended [27,56].
All of these chemical methods report quite good results, both in vitro and in vivo, implying the use
of detergents as a valuable approach to vascular decellularization, while improvements related to
avoiding immunogenicity and cytotoxicity are required [121].

Recently, arterial decellularization mediated by supercritical and pressurized CO2 has been
described. It briefly consists of a high-pressure syringe pump that delivers liquid CO2 and
ethanol or limonene (as cosolvents) through a preheated extraction vessel. Samples are treated
with scCO2 and endonucleases to remove residual cosolvent and DNA. This approach yields a
nearly intact decellularized tissue free of cells, lipids, and nucleic acids, proposing an alternative to
traditional decellularization methods. Nevertheless, further in vitro and in vivo analyses need to be
completed [125].

4.7. Dermal Tissue

The skin’s main function is to protect, but it is also in charge of thermoregulation and perception.
Dermal tissue is complex, with different layers, such as the epidermis, dermis, and subdermis, each
with different compositions, properties, and functions. The epidermis is the outermost layer, and
its main function is protection. Behind it, the dermis softens stress and strain, while also provides a
sense of touch, elasticity, and heat. The inner layer is the subdermis and it is in charge of insulation.
Dermal tissue, as many tissues, is composed of different collagens (85% of the dermal tissue’s ECM),
matricellular proteins, elastin, fibrillin, and also other fiber-forming proteins, such as vitronectin and
fibronectin, which are necessary for wound healing. The ECM of dermal tissue is also formed by
proteoglycans and GAGs, with functions related to hydration and osmosis balance. Examples of these
are hyaluronic acid, decorin, and versican [126].

Dermal conditions such as cutaneous burns and scars require regenerative medicine approaches
to restore dermal function. These therapeutic targets comprise stem cell transplants, growth factors,
and tissue engineering. When scars, burns, and wounds are not able to heal on their own, they require
replacement of the dermal barrier. It is very common to find skin equivalent and reconstruction
research in the literature using primary human fibroblasts and keratinocytes, regularly supplemented
with a collagen type I matrix or ascorbate [127,128]. In terms of decellularized approaches, acellular
dermal matrices (ADMs) are widely used in clinical regenerative medicine approaches because of
their biological and structural organization. ADMs can be of both animal and human origin, and they
have a lot of different applications, such as the regeneration of skin tissue in burn, wound, and scar
reconstructions, among others.
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The majority of commercial ADMs are based on patented or proprietary decellularization protocols.
Among the experimental research examples, the first step is always the mechanical isolation of the
dermal layer, which is obtained by individual or combined chemical, physical, and biological methods
supplemented with agitation. Dermal tissue can be incubated in hypotonic buffer for cell lysing [129]
before the dermal decellularization step, which is usually carried out with detergents such as Triton
X-100, DOC, N-lauroylsarcosinate (NLS), or SDS, and often in combination with trypsin, BSA, EDTA,
and/or dispase [25,76,124,129–132]. Detergents can be also combined with acids and bases for the
hydrolytic degradation of residual nucleic acids or even hair, but they can damage the ECM [109].
Some protocols describe the use of a further step in endonucleases treatment to remove residual genetic
material [129,132].

It is worth noting that there are some other methods that have been reported that are detergent-free,
such as osmotic shock and latrunculin B treatment, but they are not mainstream in the dermal tissue
decellularization field [132].

4.8. Tissues Related to Respiratory System

Taking oxygen and expelling carbon dioxide is a function of the respiratory system, which is
formed by multiple organs. Some of them, such as the trachea, lungs, and even diaphragm, have been
tested as raw materials for decellularization purposes [133–135].

The trachea is related to essential physiological functions, such as airway protection, phonation,
and breathing. It is composed of hyaline cartilage, fibrous tissue, respiratory epithelium, and smooth
muscle, with cartilage being the most prominent [134]. Trachea damage requiring replacement surgery
can be a result of trauma, neoplastic diseases, or congenital stenosis. Tracheal reconstruction in these
cases is still a great challenge, while currently, autologous tissue and cell transplantation, with or
without additional grafting material, seems the best solution [136,137]. In this sense, decellularized
allograft and xenograft trachea is a material that has been tested in in vivo settings. While hyaline
cartilage is part of this tissue, its decellularization protocols are slightly different to the ones described
for cartilage, being tissue freeze-drying, followed by detergent treatment, the most common [138].
Some protocols add DNases into the detergent treatment step to ensure the elimination of the nuclear
material. Commonly, mild reagents are used with several cycles of repeated treatment. According
to the reports, this procedure yields mild disruption of the mucosa layer, with preservation of the
majority of the remaining tissue structure [139].

The function of the lungs is related to gas exchange from the environment to the bloodstream. The
structure of the bronchi in the lungs is similar to the trachea, while air circulates from the bronchi to
the bronchioles on its way to alveolar airspace, where gas exchange occurs. The regenerative capacity
of the lungs is low, and a broad spectrum of severe lung diseases, such as obstructive diseases, fibrosis,
and sarcoidosis, may require a lung transplantation procedure [140]. In this context, decellularized
lung tissue has been tested as an experimental alternative to transplantation. Perfusion of detergents
such as SDS and Triton X-100 is a technique useful to decellularize mouse and rat cadaveric lung
tissue, thereby preserving the vascular and airway structures of the tissue [141–143]. Due to the
complexity of lung tissue and the need for instant functionality of used implants, a lung’s dECM
requires recellularization with epithelial and endothelial cells via cell infusion and bioreactors for ex
vivo generation, maturation, and maintenance of the so-called bioartificial lungs. In vivo implantation
of these organs in rats yields anastomosis, but long-term success is still to be achieved [143,144].

4.9. Tissues Related to Gastrointestinal Tract

The gastrointestinal tract is a complex microenvironment with different parts and multiple related
organs. It is in charge of digesting food to extract energy and nutrients and to absorb them. Damage to
the gastrointestinal tract or the related organs can be caused by stress, injury, or diseases that affect
one or several tissues of the gastrointestinal tract, for example, trauma, surgeries, neoplasia, cancers,
fibrosis, inflammatory bowel disease, esophagectomy, and congenital or acquired defects [145]. The
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complex anatomy of the gastrointestinal tract makes the use of bioengineered scaffolds a difficult task,
requiring the use of multilayered structures and the seed of different types of cells, depending on the
tissue anatomy [146]. The esophagus and intestines have been the main target of decellularization in
gastrointestinal tissue, along with the related organs such as the liver and pancreas, and decellularization
has often been complemented with the seeding of functional cells [147]. Research of the esophagus
and pancreas is still in the initial stages of development [148]; therefore, here, we focus on intestine
and liver tissue decellularization.

The intestine has a complex cellular and matrix architecture with multiple gradients, and it
is therefore difficult to replicate using simple scaffolds. The three-dimensional architecture of the
intestine is maintained by the ECM, composed of an intricate network of fibrous structural proteins
(proteoglycans and glycoproteins), along with fibronectin, laminin isoforms, collagens, and heparin
sulfate proteoglycans (HSPGs). Furthermore, multiple cell phenotypes are present in the intestine,
including stem cells, pericryptal myofibroblasts, fibroblasts, endothelial cells, pericytes, immune cells,
neural cells, and smooth muscle cells [149]. The intestinal stem cell niche is a well-known dynamic
environment located at the base of crypts and embedded within a specific ECM in which the intestinal
stem cells (ISCs) reside and control proliferation, differentiation, and tissue homeostasis. That is why
multiple research efforts have been conducted to bioengineer the intestinal stem cell niche, including
the use of decellularized tissue [150]. For intestine decellularization, a combination of chemical and
enzymatic solutions (perfusion of sodium deoxycholate, use of DNase, immersion in a hypotonic
solution, etc.) is used to remove cells in this tissue, while maintaining the 3D structure [151,152].
Recent studies have shown that the integrin effector protein focal adhesion kinase (FAK) is essential for
intestinal regeneration, and thus the preservation of FAK in decellularized tissue scaffolds is essential
for regenerative purposes [153].

Hydrogels derived from decellularized intestine are useful for generating endoderm-derived
human organoids, such as gastric, hepatic, pancreatic, and small intestine organoids [154]. Moreover,
decellularized intestine scaffolds have been used for regenerative purposes in many other tissues,
due to their intrinsic ability to induce site-specific in vivo cellular repopulation and regeneration
without the need for an in vitro recellularization step. For example, decellularized intestine has
been used for regeneration purposes in vascular [155], cardiac [156], dura mater [157], abdominal
wall [158], bladder [159], bowel [160], corneal [161], esophagus [162], tendon [163], ligament, cartilage
(meniscus) [164], dermal [165], and bone tissues [166].

In recent decades, several methods have been implemented for liver decellularization, aiming
to preserve the liver’s major ECM components such as laminin, elastin, fibronectin, collagen types I
and IV, and sulfated glycosaminoglycan (sGAG) [167]. The most promising of such methods is the
perfusion decellularization method, in which detergents (SDS and/or Triton X-100), hyperosmotic
(NaCl), and enzymatic (DNase) solutions are injected intravascularly [168]. Additionally, liver
fragments can be immersed into the detergent solutions under mechanical agitation, and the previously
described detergent–enzymatic method can be combined with high G-force oscillation treatment
to reduce processing times. In such decellularized livers, the structural properties and the protein
composition of the ECM are maintained, while they show good biocompatibility and neovascularization
in vivo [168,169].

4.10. Nervous Tissue

The nervous system is a complex system of specialized cells that connect the parts of the body and
coordinate it using signals. The main cells that transmit said signals are neurons, while they require
a network of nonneural supportive cells, i.e., glia cells. In this context, the nervous tissue’s ECM is
indeed created by glia cells, which protect, isolate, and feed neurons, thereby allowing synapsis. The
main structural components of the ECM are collagen (types II and IV) and laminin. Fibronectin guides
axon growth, and acetylcholinesterase helps to regulate neural signals [170].
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Damage of the nervous system can be caused by multiple conditions, diseases, and injuries, while
symptoms related to tissue damage can be multiple, from mild to severe, including the loss of motor
functions [171]. The regeneration of damaged nerve connections is a long-time pursued aim and it has
been widely assayed using different approaches. There is consensus in defining the properties of the
ideal graft for nerve regeneration, which should be of a flexible, thin, neuro-inductive, conductive, and
biocompatible structure, capable of promoting axon proliferation and of guiding its growth toward
the reconnection of damaged nervous edges [172,173]. To do this, the structure should be able to be
molded by Schwann cells, which are specific glia cells related to the guidance of neural regeneration
processes. In this context, the usefulness of dECM-derived nerve scaffolds as implantable grafts has
been assessed in in vitro and in vivo animal trials, with some promising results [174]. Some studies
have shown the capacity of the dECM to promote axon growth and the regeneration of peripheral
nerve connections in rats [69,172,175]. The regeneration process requires weeks, and the subjects are in
need of rehabilitation in order to begin proper recovery.

For decellularization of nervous tissue, the most commonly used approach is washing with
detergents. Note that in the peripheral nerves, the main DNA source is that of Schwann cells, which
protect the axons that carry signals. The detergent that shows the best results in this tissue is usually
Triton X-200 [28]. A low concentration and prolonged Triton X-200 treatment has been proven successful
in eliminating both the axon and Schwann cells, as well as myelin waste. The elimination causes slight
damage to the ECM proteins, but it retains good condition of the structure. This treatment is commonly
used in combination with an osmotic cell burst, which breaks the cells, facilitating cell waste removal
by Triton X-200. Other detergents, such as SDS or Triton-100, are used without osmotic shock [33,171].
Other than these, nucleases have been used in combination with detergents and osmotic methods to
ensure that the DNA is properly removed.

4.11. Cornea

The cornea is a transparent, avascular, and highly innervated connective tissue that acts as the
primary structural barrier to infections, and is the first lens of the eye optical system. The human cornea
is organized in five layers, three of which are cellular (i.e., the epithelium, stroma, and endothelium),
and two are considered interphases (i.e., the Bowman membrane and the Descemet membrane). This
highly organized structure contributes to the cornea’s transparency and mechanical strength, while
disruptions to this pattern disturb said transparency and result in loss of vision [176,177]. The cornea’s
ECM is composed of water, inorganic salts, proteoglycans, glycoproteins, and collagens. The stromal
lamellar collagen fibrils are heterotypic hybrids of types I and V, with significant amounts of collagen
types VI, XII, and XIV. A high concentration of small leucine-rich proteoglycans, including decorin,
lumican, and keratocan, decorated with dermatan sulfate and keratan sulfate are present in the lamellae,
credited with maintaining the interfibrillar spacing required for transparency, and contributing to the
regulation of corneal hydration.

Many corneal disorders require a corneal transplant, while obviously there is limited availability
of donor tissue. As an alternative to cadaveric corneas, among others, the dECM from acellular porcine
and bovine cornea and decellularized amniotic membrane have been combined with different cell
types to form full-thickness corneas with stroma, epithelium, and endothelium layers [178–180]. This
dECM replicates the structure and functional requirements of the native cornea, with the maintenance
of the collagen fibril organization, transparency, biocompatibility, suitable mechanical toughness, and
low immunogenicity [181,182].

Detergents such as SDS and Triton X-100 were commonly used in the pioneering cornea
decellularization methods. Du et al. used a 24 h SDS (0.5% or 1%) treatment to generate a
decellularized porcine cornea matrix, which was opaque and swollen after the decellularization [48].
Transparency was restored after soaking in sterile glycerol for one hour, but implantation in a rabbit
model showed stromal edema and worsening of corneal opacity throughout the 28-day observation
period. Another comparative study used NaCl, 0.05% SDS, or 1% Triton-X100 to decellularize
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human corneas, and observed that NaCl did not affect transparency, while Triton-X-treated corneas
experiencing tissue clouding; meanwhile, SDS-treated corneas appeared the most cloudy/opaque
after decellularization [183,184]. Conversely, SDS treatment was combined with benzonase (nuclease)
and protease inhibitors in human corneal sheets; in this case, when the dECM was recellularized
and implanted in a rabbit model, the implanted tissue maintained complete transparency for three
months [185]. A conceptually similar decellularization approach combines sodium N-lauroyl glutamate
(SLG) surfactant with supernuclease (a nuclease homologous to benzonase), and also provides adequate
transparency and good biocompatibility without degradation 28 days after transplantation [57].

Benzonase endonuclease is often used as the main decellularizing agent in a detergent-free
approach, based on its ability to quickly infiltrate the corneal stroma, combined with its easy removal
by repeated washes. This approach minimizes the destruction of the ECM, with minimal loss of optical
transparency and proper results in animal transplantation assays [186].

4.12. Thymus

The thymus is an innervated organ part of the lymphatic and endocrine systems. The function
of the thymus is to allow the development and maturation of the T-cell repertoire, and therefore, it
has a main role in the immune response. Specifically, T-cell precursors are generated in the bone
marrow and migrate to the thymus to become thymocytes, ultimately maturing immunocompetent
T-cells. Endothelial and epithelial cells are the main cellular components of the thymus and, along with
thymocytes, contribute to creating specific ECMs and microenvironment. The complex interaction
network in the thymus includes cytokines, chemokines, matrix metalloproteases, laminin, collagen
type IV, and multiple isoforms of fibronectin and glycoproteins, among others, with specific roles and
precisely tuned toward the T-cell development process.

Thymus organ cultures are achieved via serial disaggregation and reaggregation of the tissue, and
they are useful for ex vivo study of thymus function and complex cell interactions [187]. The rationale of
thymus decellularization is mainly related to modeling thymus development, as well as the generation
of potential regenerative or therapeutic approaches for in vivo immune response modulation [188]. To
this aim, decellularization should be soft enough to keep intact the key ECM components, and should
allow further proper recellularization with thymic epithelial cells and endothelial cells. Specifically,
the thymus’s dECM-derived bioengineered structure has to be able to reproduce T-cell differentiation
and maturation processes. Freeze–thawing, followed by SDS and Triton X-100 detergent treatments, is
a common decellularization technique [189]. Thymic epithelial cell-seeded dECM scaffolds, also called
thymic reconstructed organoids, have been implanted in immunocompromised mice, yielding the
development of populations of mature T-cells overwise absent in these animals [190].

5. The Clinical Outcome and Market of the dECM

Translational research is already a reality for some dECM-derived approaches, including several
ongoing clinical trials and products on the market (see Table 2). The most common products are
decellularized tissue pieces, serving as implantable materials for tissue formation, with proprietary- or
patented-specific decellularization procedures [191–193].

Decellularized products on the market are generally issued with the ISO standard for biological
medical devices (ISO10993-1, the standard for biological evaluation of medical devices), while recently,
a specific standard for the evaluation of decellularized products has become available (ASTM F3354-19,
Standard Guide for Evaluating Extracellular Matrix Decellularization Processes) [8]. Characterization
includes in vitro and in vivo studies to provide data related to the removal of donor DNA and to the
safety of implantable commercial products [194,195].

For some specific tissues, there are multiple decellularized products, competing for the same
application market and claiming different properties due to differences in decellularization treatments.
Comparative clinical case studies are common, and they provide useful information related to clinical
success and outcomes of the different commercial dECMs available for each specific application [196–
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199]. In this sense, there is a lack of standardized tissue-specific decellularization methods, which
would serve as the standard control for comparative purposes [5,200]. Such standardized controls
would be useful not only for the assessment of products already on the market, but also to perform
more efficient, comparable, and reliable experimental research studies [201].

Table 2. Some examples of commercially available tissue-derived ECM products provided by
tissue source.

Tissue Source Application
Examples of Commercial

Products

Bone/cartilage tissues
Grafting material for tissue

regeneration and orthopedic
surgery

-AlloWedge® Bicortical Allograft
Bone (RTI Surgical) -Chondrofix®

Osteochondral Allograft
(Zimmer Inc.) -BioAdapt® DBM

(RTI Surgical)

Adipose tissue Aesthetic soft tissue
reconstruction. Multiple tissues.

-Leneva® Allograft adipose matrix
(MTF Biologics) -Adipose allograft

matrix (AAM) (Musculoskeletal
Transplant Found.)

Muscle and tendons Graft tissue for pelvic organ
prolapse -Suspend® (Coloplast Corp.)

Cardiovascular tissue: heart valve,
Pericardium

Graft for valve replacement and
aneurysm reconstruction

-Hancock® II, Mosaic® and
Freestyle® (Medtronic Inc.)

-Prima® Plus and Perimount®

(Edwards Lifesciences LLC)
-Epic® and SJM Biocor®

(St. Jude Medical Inc.)

Vascular tissue: Descending aorta,
carotid artery, mesenteric vein,

femoral artery.

Xenografting material for arterial
replacement, bypass, aneurysm
reconstruction, and path graft

-Artegraft® (Artegraft Inc.)
-CryoGraft® and CryoArtery®

(CryoLife Inc.) -ProCol®

(LeMaitre Vascular Inc.)

Nerve tissue Surgical repair of peripheral nerve
discontinuities.

-Avance nerve allograft
(Axogen corporation)

Dermal tissue Grafting matrix for damaged
tissue repair

-Dermacell® AWM (LifeNet
Health Inc) -Alloderm® RTM

(BioHorizons) -AlloPatch HD®

(MTF Biologics)
Gastrointestinal tract: small

intestine Xenograft for cardiac tissue repair -CorMatrix ECM® (CorMatrix®

Cardiovascular Inc.)

Others: amniotic membrane,
peritoneum

Grafting matrix for damaged
tissue repair

-Biovance® (Celgene Cellular
Therapeutics) -Meso BioMatrix®

Surgical Mesh (MTF Biologics)

6. Concluding Remarks

Decellularization is a great technique to generate tissue-specific ECM-derived products with
multiple applications, including tissue regeneration in clinical settings. Decellularization can be
achieved from many tissues, but it has to be designed in accordance with the properties of the target
tissue and the intended approach, aiming to preserve specific ECM components. The literature
is extensive, but mostly related to empirical experimental research data. As a consequence, a
variety of decellularization protocols have been described for each one of the targeted tissues.
Therefore, the challenge remains in defining broadly acceptable standardized decellularization and
characterization procedures for each specific tissue that would ease the selection of standard controls
and the development of future research, ultimately helping in the transfer of knowledge to clinical
settings. At present, tissues’ dECM scaffolds are the core of most clinical products, while research
efforts are now strongly moving toward the development of postprocessing-related products, such as
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bioink-related 3D structures. Therefore, we anticipate rapid growth in the number of tissue-specific
dECM postprocessing-related clinical products for the coming years.
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ECM Extracellular matrix
dECM Decellularized extracellular matrix
3D Three-dimensional
DNA Deoxyribonucleic acid
GAG Glycosaminoglycans
SDS Sodium dodecyl sulfate
CHAPS 3-[(3-cholamidopropyl)dimethylammonio]-1-propanesulfonate
EDTA Ethylenediaminetetraacetic acid
VAD Vacuum-assisted decellularization
HA Calcium hydroxyapatite
MMP Matrix metalloprotease
BMPs Bone morphogenetic proteins
DBM Demineralized bone matrix
DecBM Decellularized bone matrix
HCl Hydrochloric acid
ChABC Chondroitinase ABC
TnBP Tri-n-butyl phosphate
VHD Valvular heart disease
PEG Polyethylene glycol
OGP n-Octyl-β-D-glucopyranosid
DOC Deoxycholic acid
SDC Sodium deoxycholate
ADMs Acellular dermal matrices
NLS N-lauroyl sarcosinate
HSPGs Heparin sulfate proteoglycans
ISCs Intestinal stem cells
FAK Focal adhesion kinase
sGAG Sulfated glycosaminoglycan
SLG Sodium N-lauroyl glutamate
ISO International Organization for Standardization
ASTM American Society of Testing and Materials
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Abstract: Chemical and physical processing of allografts is associated with a significant reduction
in biomechanics. Therefore, treatment of tissue with high hydrostatic pressure (HHP) offers the
possibility to devitalize tissue gently without changing biomechanical properties. To obtain an
initial assessment of the effectiveness of HHP treatment, human osteoblasts and chondrocytes were
treated with different HHPs (100–150 MPa, 250–300 MPa, 450–500 MPa). Devitalization efficiency
was determined by analyzing the metabolic activity via WST-1(water-soluble tetrazolium salt) assay.
The type of cell death was detected with an apoptosis/necrosis ELISA (enzyme-linked immune sorbent
assay) and flow cytometry. Field emission scanning electron microscopy (FESEM) and transmission
electron microscopy (TEM) were carried out to detect the degree of cell destruction. After HHP
treatment, the metabolic activities of both cell types decreased, whereas HHP of 250 MPa and higher
resulted in metabolic inactivation. Further, the highest HHP range induced mostly necrosis while
the lower HHP ranges induced apoptosis and necrosis equally. FESEM and TEM analyses of treated
osteoblasts revealed pressure-dependent cell damage. In the present study, it could be proven that a
pressure range of 250–300 MPa can be used for cell devitalization. However, in order to treat bone
and cartilage tissue gently with HHP, the results of our cell experiments must be verified for tissue
samples in future studies.

Keywords: high hydrostatic pressure; devitalization; decellularization; allografts; regenerative
medicine; bone and cartilage regeneration

1. Introduction

Musculoskeletal disorders are the world’s leading cause of chronic pain and impaired physical
function, which result in loss of life quality [1]. In particular, the treatment of bone-cartilage defects
is challenging.

Reasons for a defective or unstable bone structure are on the one hand systemic bone loss due to
osteoporosis and on the other hand local trauma or cancerous diseases [2,3]. Often, bone can regenerate
itself, but in the case of larger bone defects, where whole segments are missing, this process fails [4].
The gold standard to heal bone defects is still the transplantation of autologous material, which has
the advantage that rejections can be avoided [5]. However, the material is naturally limited, and the
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transplantation of autologous tissue always requires a second surgical treatment which leads to the
problem of donor site morbidity [5]. In contrast to autografts, the availability of allografts is less
limited. However, the remodeling of allografts into the recipient tissue is critical. Numerous allografts
are degraded by recipient’s tissue instead of promoting bone remodeling [6].

Cartilage defects can lead to osteoarthritis when left untreated [7]. One of the main problems of
cartilage regeneration is the avascularity of cartilage tissue and low cell turnover, which limit the ability
of cartilage healing and self-regeneration [8]. Additionally, for the treatment of cartilage defects, no
optimal healing method has been found since regeneration approaches resulted mostly in fibrous tissue
instead of hyaline extracellular matrix [9]. The transplantation of scaffolds loaded with mesenchymal
stem cells seems to be the most promising approach so far. Nevertheless, an immunological reaction of
the recipient in response to the transferred stem cells cannot be completely ruled out, and previously
used scaffolds can hardly imitate the complex physiology of osteochondral tissue [8,10]

A promising alternative for patients with musculoskeletal disorders could be the transplantation of
allografts which morphologically correspond to the recipient tissue. Additionally, allogenic tissues have
only a low potential of immunological response compared to xenogeneic grafts. For the preparation
of allografts, strong chemical or physical methods are currently used, which are associated with a
significant reduction in biomechanics and a change in the biological behavior regarding remodeling [11].
High hydrostatic pressure (HHP) technology which is widely used in the food industry for the
decontamination of food with simultaneous retaining properties such as taste and vitamins, could
be a way to devitalize tissues while maintaining their biomechanical properties [12]. If HHP is
suitable for providing replacement materials, the kind of cell devitalization should be taken into
account during tissue processing. Based on the level of the applied pressure, cells react in either
an apoptotic or a necrotic manner [12]. Pressures around 200 MPa seem to induce apoptosis while
pressures higher than 300 MPa are associated with necrotic-like pathways [12]. Induction of necrosis
provokes a release of proinflammatory molecules and danger signals which can further trigger the
immunological response [13]. With a guided initiation of apoptosis using HHP the immunological
potential of allografts might be reduced without the need to use other tissue-destructive methods.

The aim of this study was the identification of necessary HHP ranges to initiate apoptosis in
human osteoblasts and chondrocytes and establish cell-specific treatment protocols. To assess the
potential of HHP treatment for allograft processing, the effects of different HHP ranges on cell survival
and cell death were analyzed. Hence, human osteoblasts and chondrocytes were treated with three
different HHPs, ranging from 100–150 MPa, 250–300 MPa, and 450–500 MPa, to determine cell viability
and HHP-dependent cell death pathways. Additionally, different methodological approaches were
carried out to further characterize cell apoptosis and necrosis. To avoid a loss of treated cells due to
the experimental setting, the HHP treatment was performed on freshly pelleted cells. Moreover, field
emission scanning microscopy (FESEM) and transmission electron microscopy (TEM) were used to
provide a detailed insight into cell structures after HHP treatment. Finally, cell specific characterization
of HHP treatment served as an indication to transfer cell-specific protocols to tissues in a next step to
generate treatment protocols for allogenic tissue such as en bloc bone grafts.

2. Results

2.1. Cellular Activity

In both cell types, no significant difference in the metabolic activity between the control group
and the group treated with 100–150 MPa was detectable (Figure 1). In contrast, HHPs ranging
between 250–300 MPa and higher led to a significant decrease in the cell activity in comparison to
the control group and the group treated with the lowest HHP range (osteoblasts: p = 0.0429 (control
vs. 250–300 MPa); p = 0.0161 (control vs. 450–500 MPa); p = 0.0285 (100–150 MPa vs. 250–300 MPa);
p = 0.0107 (100–150 MPa vs. 450–500 MPa); chondrocytes: p = 0.0155 (control vs. 250–300 MPa);
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p = 0.0150 (control vs. 450–500 MPa)). However, a significant difference in the metabolic activity of
cells treated with 250–300 MPa and 450–500 MPa was not detectable.

  

(a) (b) 

Figure 1. Metabolic activity of (a) human osteoblasts (n = 4) and (b) human chondrocytes (n = 4)
following treatment with different HHPs ranging from 100–150 MPa, 250–300 MPa, and 450–500 MPa.
After HHP exposure, cells were incubated at 37 ◦C and 5% CO2 over a period of 24 h. Subsequently,
metabolic activity was determined with water-soluble tetrazolium salt (WST-) 1 assay. Data are
presented as boxplots. Significant differences between stimulation groups were determined via
one-way ANOVA: * p ≤ 0.05.

2.2. Induction of Cell Death Following Exposure to HHP

Cell death analysis after HHP treatment was carried out via Cell Death Detection ELISA. In human
osteoblasts, HHP exposure at the lowest range (100–150 MPa) led to only a slight increase in necrosis
and apoptosis without significant differences compared to untreated cells. In contrast, a significant
increase in necrosis (Figure 2a; p = 0.0206) and apoptosis (Figure 2b; p = 0.0022) of human osteoblasts
was shown after HHP treatment of 250–300 MPa. In addition, HHP treatment of 450–500 MPa also
resulted in a significant increase in necrosis compared to the control group (p = 0.0233) while this HHP
range apparently had no effect on osteoblasts regarding apoptosis (Figure 2a,b).

In Figure 2c,d the apoptosis and necrosis rates of human chondrocytes after HHP treatment are
shown. A significant increase in necrosis took place in response to an HHP range of 250–300 MPa
compared to untreated cells (p = 0.0184). In addition, the results of apoptosis (Figure 2d) revealed that
the lowest HHP (100–150 MPa) induced mostly apoptosis while higher HHP ranges had no apoptotic
effect. However, these data were not statistically significant.

2.3. Differentiation of Necrosis, Apoptosis, and Late Apoptosis Following HHP Treatment of Pelleted Cells

Since Cell Death ELISA data revealed that HHP treatment of 250–300 MPa had the strongest effect
on the tested cell types, a more detailed cell death analysis took place via flow cytometry. In comparison
to this pressure, pelleted cells were also treated with a pressure of 100–150 MPa again for analysis
via flow cytometry. The used gating strategy is shown in Figure 3 on the basis of untreated human
osteoblasts. After gating the cells from the cell debris with the side scatter height (SSC-H) and forward
scatter height (FSC-H) channels, fluorescence (FL)4-H on the y-axis for apoptosis and FL2-H on the
x-axis for necrosis were set. Then, four quadrants (Q)1 to Q4 were adjusted, which represent annexin
single positive cells (Q1; apoptosis), annexin/propidium iodide (PI) double positive cells (Q2; late
apoptotic and necrotic cells), PI single positive cells (Q3; necrosis), and annexin/PI double negative
cells (Q4; vital cells), respectively.
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(a) (b) 

 
(c) (d) 

Figure 2. Analysis of cell death induced by HHP treatment of (a,b) human osteoblasts (n = 4), and (c,d)
human chondrocytes (n = 4). Graphics (a,c) show necrosis and graphics (b,d) show apoptosis, both
detected via Cell Death Detection ELISA. After HHP treatment, the supernatants were collected for
necrosis detection. The residual cells were lysed for 30 min with 200 μL lysis buffer provided by the
kit. After centrifugation at 118× g for 8 min, supernatants were collected for apoptosis detection. All
data are presented as boxplots. Significant differences between groups were determined via one-way
ANOVA. * p ≤ 0.05; ** p ≤ 0.01.

(a) (b) 

Figure 3. Gating strategy for cell death detection with annexin and propidium iodide (PI) exemplified
using untreated human osteoblasts. Analysis took place with FloJo. (a) Gating of cells from the debris
using the side scatter height (SSC-H) and forward scatter height (FSC-H) channel. This gate was used
to detect the different stainings in (b) where quadrant (Q)1 represents annexin single positive cells, Q2
annexin/PI double positive cells, Q3 PI single positive cells and Q4 annexin/PI double negative cells.
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The majority of untreated groups of both cell types could be detected as double negative (alive,
around 80%). The remaining parts of the cells were distributed between apoptotic, necrotic and late
apoptotic/necrotic detection for both osteoblasts and chondrocytes. A similar distribution could be
observed for cells treated with 100–150 MPa for 10 min (Figure 4a,b). Human osteoblasts (Figure 4a)
were significantly late apoptotic/necrotic following HHP treatment of 250–300 MPa in comparison to
the control group (p < 0.0001), while the live, apoptotic and necrotic cells were less than 5%. In contrast
to this, human chondrocytes were detected as necrotic and late apoptotic/necrotic in a wide range after
treatment with 250–300 MPa (Figure 4b). However, a significant increase in late apoptotic/necrotic cells
after treatment with 250–300 MPa in comparison to the control group could be detected (p < 0.0001),
and an increase in necrotic cells after HHP treatment of 250–300 MPa in comparison to the control
group (p = 0.0041) could be observed.

 
(a) (b) 

Figure 4. Analysis of cell death detection after HHP treatment (100–150 MPa and 250–300 MPa, 10
min) of (a) human osteoblast cell pellets (n ≥ 4) and (b) human chondrocyte cell pellets (n ≥ 5) with
annexin and propidium iodide (PI). For each cell type, cell pellets were prepared for HHP treatment.
Afterwards, treated cells were washed with autoMACS® Running Buffer, stained with annexin and PI,
and analyzed with the FACS Calibur. Data are shown as box plots. Significance between groups was
detected via two-way ANOVA. ** p ≤ 0,01; **** p < 0.0001.

2.4. Evaluation of the Cellular Damage of Osteoblasts after HHP Treatment Based on Field Emission Electron
Microscopy (FESEM) and Transmission Electron Microscopy (TEM)

Imaging techniques such as FESEM and TEM were used to visualize the HHP effects on cell
structures. Therefore, osteoblasts were treated with HHP (100–150 MPa and 250–300 MPa for 10 min
each) and subsequently prepared for FESEM and TEM analysis.

Untreated human osteoblasts could be detected via FESEM with an uneven cell surface with
distinct elevations which appeared to be smooth (Figure 5a). In the sections, analyzed by TEM, cellular
structures such as the nucleus, mitochondria, and the endoplasmic reticulum were observed (Figure 5b).
Between the control group and the group treated with 100–150 MPa, only slight differences could
be detected. Again, the cell surface appeared to be intact in FESEM, and TEM analyses revealed
distinct structures as described before (Figure 5c,d). Only after treatment of human osteoblasts with
250–300 MPa, the cell surface appeared to be altered and became a sponge-like structure covered
with small blebs (Figure 5e). While in the other two groups, the intracellular structures were clearly
visible with TEM, these structures were destroyed following HHP treatment with 250–300 MPa
(Figure 5f). Based on a comparison of the cell diameters of the differently treated cells, the untreated
and 100–150 MPa treated groups had a diameter of approximately 20 μm while most of the cells treated
with 250–300 MPa seemed to shrink approximately by one fifth.
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Figure 5. Cell structure analysis of human osteoblasts following HHP treatment. Treated cells (c,d
150–200 MPa; e,f: 250–300 MPa) and untreated cells (a,b) were fixed to carry out field emission electron
(a,c,e scale bar: 5 μm) and transmission electron (b,d,f; scale bar: 1 μm) microscopy. Abbreviations: Nc
= nucleus (light green), Mc =mitochondrion (orange), ER: endoplasmic reticulum (white).

3. Discussion

The need for tissue replacement materials, e.g., in the head and neck area, has increased in the last
years, particularly with regard to the increasing amount of cancerous diseases [14]. The gold standard
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of using autologous material has the disadvantage of being limited, and patients have to undergo two
operations. Allografts, which are also common, have to be treated with strong chemicals to reduce the
immunogenic potential. At the same time, the matrix integrity is lost [15].

Synthetic materials, which are not limited in availability, often cannot withstand the biomechanical
strain and are resorbed quickly, which makes them unsuitable for use in major bone defects [5].
The treatment of allogenic material with high hydrostatic pressure (HHP) could be a gentle and
effective alternative to already existing methods for providing decellularized tissue replacement
materials without negative effects on the tissue matrix [12]. The aim of this study was to evaluate an
optimal HHP protocol for different cell types (osteoblasts and chondrocytes) regarding devitalization
and induction of apoptosis or necrosis. Rivalain et al. already described the effect of different HHPs on
mammalian cells and observed, that after treatment of around 200 MPa, cells underwent apoptosis
whereas a treatment higher than 300 MPa resulted in necrosis [12].

We were able to characterize the influence of high hydrostatic pressure on cell survival and cell
death in human osteoblasts and chondrocytes. We further aimed to distinguish differing HHP-effects
when cells were exposed as cell pellets. The first observation was that the lowest HHP range of
100–150 MPa had no significant effect on the metabolic activity of all tested cell types. In contrast,
treatment of cells with HHP ranging from either 250–300 MPa or 450–500 MPa had the same effect
regarding the significant reduction of metabolic activity. This observation was a first hint that HHP
treatment of 250 MPa and higher destroyed cells and resulted in devitalization. The previous work of
Hiemer et al. [8] showed that an HHP of 480 MPa led to successful devitalization of hyaline cartilage
cells. However, the limitation of the work was that this devitalizing effect with respect to apoptosis
and necrosis was not investigated. As mentioned before, this point is of high relevance because cell
death is decisive for the induction of immunological processes. The requirement for tissue replacement
materials is low to negligible immunological potential for the acceptor. Therefore, the devitalization
process should not have a necrotic effect because this would lead to inflammatory responses regarding
the release of, e.g., damage-associated molecular patterns (DAMPS) which further stimulate the
pro-inflammatory response [13]. To analyze the type of cell death induced by HHP, necrosis and
apoptosis were first detected by ELISA. The collected data showed that the untreated control groups
also underwent apoptosis and necrosis partly, which can be attributed to the fact that the controls
were exposed to non-standard conditions (e.g., room temperature) during this time that the treated
groups underwent the HHP treatment. Aside from this finding, HHD treatment of 100–150 MPa had
no significant effect in comparison to the control group. A balanced apoptosis- and necrosis-inducing
effect on osteoblasts was observed at 250–300 MPa, whereas an HHP treatment of 450–500 MPa induced
primarily necrosis. In contrast, an HHP range of 100–150 MPa induced apoptosis in chondrocytes
derived from hyaline cartilage whereby necrosis was already induced by a range from 250–300 MPa.
The most effective HHP treatment should first and foremost lead to metabolically inactive cells that
have, ideally, not yet undergone necrosis. Thus, taking the results of both, the WST-1 assay and
ELISA-derived apoptosis and necrosis analysis into consideration, these findings suggest that an
HHP of 200–300 MPa may be the most effective for gentle and noninflammatory cell devitalization.
Analysis via flow cytometry, providing a more precise separation of vital, necrotic, apoptotic, and late
apoptotic/necrotic cells, revealed that most osteoblasts were vital after HHP treatment of 100–150 MPa,
while exposure to 250–300 MPa led to necrosis and apoptosis only in a small number of cells. Moreover,
most of these cells were detected as being in a late apoptotic/necrotic condition. Identical observations
were made for chondrocytes. We assumed that cells treated with the higher HHP range were apoptotic
at an earlier time point and underwent necrosis. This result can be explained, among other things, by
the fact that there was a time delay between the HHP treatment and the subsequent FACS analysis due
to the availability of equipment at different locations. Therefore, it cannot be excluded that necrosis
was induced in the cells after a short time. Additionally, the absence of any phagocytic cells in the
experimental setting led to the absence of cell debris removal. Consequently, the membrane of the
treated cells became permeable over time, and intracellular contents could be released, which might
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further stimulate the immunological response [13]. Additionally, permeable and destroyed cell
membranes as well as cellular components were found in TEM analysis of osteoblasts treated with
250–300 MPa. In summary, the results support the idea that in the early phase after HHP, apoptosis
was induced following a pressure of 250–300 MPa, but the initiation of intracellular material packaging
was incomplete or aborted. As confirmed by FACS analyses, the cells were in a late apoptotic/necrotic
state, which led to an uncontrolled destruction of cell components in the intracellular cavity, which
was additionally supported by TEM. Interestingly, these results were not observed for the lower HHP
range of 150–200 MPa. Therefore, we assumed that either a reduction of the HHP level or a shortening
of the HHP exposure time could initiate apoptotic devitalization. This aspect has to be confirmed in
future studies.

The aim of this study was to examine the cell-typical reactions to various HHP treatments to
assess the tissue-specific reactions to HHP in the next step. Furthermore, our results on devitalization
efficiency and cell death detection will help to better evaluate the results of a previous animal study
on devitalized autografts [10]. Applied pressure of 480 MPa to osteochondral cylinders led to an
extensive tissue remodeling process following tissue re-transplantation. However, excellent integration
and revitalization were detected [10]. Possible reasons for these findings might be the autograft
transplantation in the experimental setting and the animal-specific immune system, which plays an
important role in tissue integration. For better understanding, it is even more important to perform
targeted analysis of HHP-mediated cell death which is of high relevance for the subsequent translation
of specific tissue types into the clinical use of allografts. It is also important to study additional
tissue-specific cells to prove whether the respective high pressure successfully devitalizes all resident
cells in the tissue through apoptosis. Taking late apoptosis/necrosis into account, rapid purification
of the HHP-processed tissue is still mandatory so that cell residues can be removed gently and in
sufficient time. These aspects will be analyzed in more detail in further studies.

4. Materials and Methods

4.1. Cell Culture

Human osteoblasts from femoral heads (n = 5) and human chondrocytes from hyaline knee
cartilage (n = 5) were isolated from patients undergoing total joint replacements. Prior to isolation of
human osteoblasts and chondrocytes, informed consent and ethical approval (A2010-10A (osteoblasts)
and A2009-17 (chondrocytes) were obtained from the ethics committee of the University of Rostock,
Germany) including IRB information. Harvesting and isolation of cells took place after patients
signed agreement forms following the previously described protocols [16–18]. We have got the written
informed consent from all patients. The isolated osteoblasts were cultivated in a 25 cm2 culture
flask with a volume of 8 mL osteogenic medium (Dulbecco’s modified Eagle’s medium (DMEM),
PAN-Biotech, Aidenbach, Germany) supplemented with 10% fetal calf serum (FCS, PAN-Biotech),
1% amphotericin B, 1% penicillin/streptomycin, 1% HEPES buffer, 50 μg/mL ascorbic acid, 10 mM
β-glycerophosphate, and 100 nM dexamethasone (all: Sigma–Aldrich, Munich, Germany). Human
chondrocytes were cultivated in 25 cm2 culture flasks containing 8 mL DMEM medium (Gibco®

Invitrogen, Paisly, UK) containing 10% FCS, 1% amphotericin B, and 1% penicillin/streptomycin. In
addition, chondrocytes were supplemented with 50 μg/mL ascorbic acid. Incubation took place in a
humidified atmosphere of 5% CO2 and at 37 ◦C. The respective medium was changed every second
day so non-adherent cells could be aspirated. At a confluence of 100%, which was checked by light
microscopy, the cells were transferred in a 75 cm2 culture flask, and further culture took place under
the same conditions as described above. Cells in the third passage were used for the experiments.

4.2. High Hydrostatic Pressure Treatment

To treat cells with high hydrostatic pressure (HHP), the medium was discarded and adherent
cells were detached with 2 mL trypsin per 75 cm2 flask. After an incubation time of 3 min at 5%
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CO2 and 37 ◦C, the reaction was stopped with 6 mL DMEM. The cell suspension was collected and
centrifuged at 118× g for 8 min. The medium was discarded, and the obtained cell sediment was
resuspended in 1 mL DMEM. After cell counting, 50,000 cells were transferred as duplicates into 2 mL
CryoTubes (ThermoFisher Scientific, Waltham, MA, USA), filled up with the corresponding medium,
and centrifuged at 118× g for 8 min to generate freshly pelleted cells. These cell pellets were treated
with different HHPs ranging from 100–150 MPa, 250–300 MPa, and 450–500 MPa for 10 min using an
HHP device (HDR-100, RECORD GmbH, Koenigsee, Germany). After HHP treatment, the tubes were
centrifuged again at 118× g for 8 min; 200 μL of the supernatants were discarded, and the cells were
incubated for 24 h under standard cell conditions. HHP-untreated cells served as controls; these cells
were exposed to the same test conditions.

4.3. Metabolic Activity Analysis

After an incubation time of 24 h, HHP-treated and untreated cells were centrifuged at 118× g for
8 min. The supernatants were discarded, and the metabolic activity cells was analyzed by incubating
the cells for 1.5 h under standard culture conditions with 250 μL of a 1:10 dilution of WST-1 reagent
(Takara, Bio, Saint-Germain-en-Laye, France) and the respective cell culture medium. The amount
of formed formazan dye, which correlates directly with the number of metabolic active cells, was
determined by an extinction measurement using a Tecan-Reader Infinite® 200 Pro (Tecan, Maennedorf,
Switzerland); (absorption: 450 nm, reference: 600 nm).

4.4. Analysis of Cell Death

For cell death detection, supernatants of exposed and unexposed cells were collected and stored
at −20 ◦C for further necrosis detection by Cell Death Detection ELISA (Roche, Penzberg, Germany).
For apoptosis detection, the residual cells were incubated with 200 μL lysis buffer provided by the
kit for 30 min at room temperature. The cell lysates were centrifuged at 200× g for 10 min, and the
supernatants without the cell debris were stored at −20 ◦C for further use.

To analyze the kind of cell death, all supernatants were thawed and transferred as duplicates
into a streptavidin-coated microtiter plate with the related positive, negative, and background
controls. In each well, 80 μL immunoreagent, containing incubation buffer, anti-histone-biotin, and
anti-DNA-POD, all made available by the kit, were added to each well. The microtiter plate was
covered with the cover foil and incubated for 2 h at room temperature on the shaker at 300 rpm.
The supernatants were then discarded, and the plate was washed three times with 250 μL incubation
buffer. Afterwards, the buffer was aspirated thoroughly, and 100 μL ABTS Solution was added. After
an incubation period of 10 min at room temperature on the shaker at 250 rpm, a color reaction was
visible and it was stopped by adding 100 μL ABTS Stop Solution. The quantification took place in a
Tecan-Reader Infinite® 200 Pro at a wavelength of 405 nm and a reference wave length of 490 nm.

For precise analysis of cell death after HHP treatment, human osteoblasts and chondrocytes were
analyzed by flow cytometry with the APC Annexin-V Apoptotis Detection Kit with propidium iodide
(PI) (Biolegend, San Diego, CA, USA). Cells were cultured as described above (all cell types n = 5) and
a cell number of 2 × 105 cells were treated with an HHP of 100–150 MPa and 250–300 MPa for 10 min,
whereas cell pellets were treated and analyzed. Afterwards, cells were centrifuged at 118× g for 8 min.
The supernatants were discarded and the cells were washed with 1 mL autoMACS® Running Buffer
(Myltenyi Biotec, Bergisch Gladbach, Germany) at 1400 rpm for five minutes. A mastermix of 5 μL
Annexin V FITC and 10 μL PI per sample was added, and the cells were incubated for 15 min at room
temperature in darkness. Afterwards, 100 μL Annexin Binding buffer was added, and analysis took
place with the FACS Calibur (BD, Franklin Lakes, NJ, USA). For the evaluation of the results, FloJo
(BD, Franklin Lakes, NJ, USA) was used, and the percentage of positive cells was assessed.
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4.5. Analysis of Cellular Damage by Field Emission Electron Microscopy (FESEM) and Transmission Electron
Microscopy (TEM)

Human osteoblasts and human chondrocytes (100,000 cells each) were transferred into 2 mL
CryoTubes (ThermoFisher), filled up with the corresponding medium, and centrifuged at 118× g for
8 min. These cell pellets were treated with different pressure ranges (w/o HHP, 100–150 MPa and
250–300 MPa). After treatment, tubes were again centrifuged at 118× g for eight minutes and the
supernatant was discarded. The cells where then fixed with fixation buffer (1% paraformaldehyde,
2.5% glutaraldehyde, 0.1 M sodium phosphate buffer, pH 7.3) and stored at 4 ◦C. Afterwards, cells
were washed with sodium phosphate buffer, adhered to glass coverslips previously coated with
poly-L-lysine (Co. Sigma) for one hour and then dehydrated with an acetone series, followed by
critical point drying using CO2 (Emitech K850/Quorum Technologies Ltd., East Sussex, UK). The glass
coverslips were mounted on aluminum sample holders and coated with gold under vacuum (SCD
004, Baltec, Balzers, Liechtenstein). With a field emission scanning electron microscope (MERLIN VP
Compact, Carl Zeiss, Oberkochen Germany), images were taken from the selected regions (applied
detector: HE-SE2; accelerating voltage: 5.0 kV; working distance: 5.2 mm).

For TEM preparation, fixed specimens were washed in 0.1 M sodium phosphate buffer (pH 7.3),
and cell pellets were enclosed in 3% low melting agarose (Fluka, Munich, Germany) in water at 40 ◦C by
centrifugation in Eppendorf tubes. After staining with 1% osmiumtetroxide (Roth GmbH, Karlsruhe,
Germany) for 2 h, the specimens were dehydrated through an ascending series of acetone prior to
embedding in Epon resin (Serva, Heidelberg, Germany). Resin infiltration started with a 1:1 mixture of
acetone and resin overnight, followed by pure resin for 4 h. After transfer to rubber casting moulds,
specimens were cured in an oven at 60 ◦C for at least 48 h. Resin blocks were trimmed using a Leica
EM Trim 2 (Leica Microsystems, Wetzlar, Germany). Ultrathin sections (approx. 70–90 nm) were cut
with a Leica UC7 ultramicrotome using a diamond knife (Diatome, Nidau, Switzerland). Ultrathin
sections were mounted on formvar-coated copper grids and were contrasted with uranyl acetate and
lead citrate. Ultrastructure was inspected with a Zeiss EM902 electron microscope operated at 80 kV
(Carl Zeiss, Oberkochen, Germany). Digital images were acquired with a side-mounted 1x2k FT-CCD
Camera (Proscan, Scheuring, Germany) using iTem Camera control imaging software (Olympus Soft
Imaging Solutions, Muenster, Germany).

4.6. Statistics

All results are expressed as medians with interquartile ranges (25–75%) and whiskers. As this is
the first study on this topic, no a priori power calculation could be performed. Testing for statistical
significance was done by one- or two-way ANOVA. p-values ≤ 0.05 were seen as significant. All
statistical analyses were performed with GraphPad Prism Version 7 (GraphPad Software, San Diego,
CA, USA).
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HHP High Hydrostatic Pressure
MPa Mega pascal
FESEM Field Emission Scanning Electron Microscopy
TEM Transmission Electron Microscopy
ELISA Enzyme Linked Immunosorbent Assay
SSC-H Side Scatter Height
FSC-H Forward Scatter Height
FL Fluorescence
PI Propidium Iodide
APC Allophycocyanine
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Abstract: A male Eleutherodactylus Coqui (EC, a frog) expands and contracts its gular skin to a
great extent during mating calls, displaying its extraordinarily compliant organ. There are striking
similarities between frog gular skin and the human bladder as both organs expand and contract
significantly. While the high extensibility of the urinary bladder is attributed to the unique helical
ultrastructure of collagen type III, the mechanism behind the gular skin of EC is unknown. We therefore
aim to understand the structure–property relationship of gular skin tissues of EC. Our findings
demonstrate that the male EC gular tissue can elongate up to 400%, with an ultimate tensile strength
(UTS) of 1.7 MPa. Species without vocal sacs, Xenopus Laevis (XL) and Xenopus Muelleri (XM), elongate
only up to 80% and 350% with UTS~6.3 MPa and ~4.5 MPa, respectively. Transmission electron
microscopy (TEM) and histological staining further show that EC tissues’ collagen fibers exhibit a
layer-by-layer arrangement with an uninterrupted, knot-free, and continuous structure. The collagen
bundles alternate between a circular and longitudinal shape, suggesting an out-of-plane zig-zag
structure, which likely provides the tissue with greater extensibility. In contrast, control species
contain a nearly linear collagen structure interrupted by thicker muscle bundles and mucous glands.
Meanwhile, in the rat bladder, the collagen is arranged in a helical structure. The bladder-like high
extensibility of EC gular skin tissue arises despite it having eight-fold lesser elastin and five times more
collagen than the rat bladder. To our knowledge, this is the first study to report the structural and
molecular mechanisms behind the high compliance of EC gular skin. We believe that these findings
can lead us to develop more compliant biomaterials for applications in regenerative medicine.

Keywords: collagen; elastin; bladder; compliance; microarchitecture; biomimicry

1. Introduction

For millions of years, animals have developed many unique organs for the sole purpose of
attracting a suitable mate. These organs take advantage of phenomena such as color [1], scent [2],
sound [3], and visual size [4]. Many of these phenomena are exemplified and exploited by many
male frogs (anuran) to attract a suitable female [5]. Most commonly known is the sound of a frog and
the iconic inflation of its gular skin (vocal sac). The characteristic inflation of the gular skin serves
as a visual stimulus during mating season and facilitates the energetic mechanical effectiveness of
air movement during calls [5]. Investigating the extraordinary inflating action of the gular skin can
uncover novel mechanisms behind their ability to stretch and guide the development of artificial
compliant biomaterials for regenerative medicine.
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Most families in the order anuran have inflatable gular skin, such as Hylidae, Eleutherodactylidae,
and Leptopelis; however, the size, shape, and color can vary significantly between species [6–8].
Commonly associated with frogs is the single inflated gular skin located under the floor of the gular;
however, some species can have two external vocal sacs or no external vocal sac at all [5]. The vocal sac
is imperative to the success of the male frog in attracting its female counterpart. Anuran vocal sacs play
the same role in enhancing the calling effectiveness of the male frog to penetrate their often heavily
forested habitats. The calling process begins with the frog filling its lungs with air and subsequently
passing it over its vocal cords to produce a call. To reduce the time required to inhale after every call,
the vocal sac stores and pushes air back into the lungs, effectively removing the need to inhale [5].
The vocal sac is able to increase the energetic mechanical efficiency of this process because of its elastic
property. It stores the energy while the muscles push the air into the sac and release the energy to push
the air back into the lungs, much like a helical spring or rubber balloon. The evolution of this elastic
organ allows frogs to be very efficient in their calling and produce thousands of calls per night [5].
Doing so enables females to pinpoint the male’s location for mating.

In this study, we focused on the male Eleutherodactylidae Coqui (EC) for its single inflatable gular
skin. The highly stretchable nature of the gular skin in frogs is reminiscent of organs in several other
species, such as the body of Lagocephalus Gloveri [9] and Diodon Holocanthus (pufferfish) [10], Nerodia
Sipedon (snake) gular [11], the gular skin of Fregata Magnificens (frigate bird) [12], and the urinary
bladder [13]. These organs possess the material phenomena known as elasticity and compliance that
allow them to expand to such great volumes. Compliant materials can stretch easily under low forces,
as opposed to stiff materials, which require significant force to deform the material slightly. These
mechanical features originate from the composition of structural proteins and their architectures.

Elastin is a protein often associated with higher elasticity and compliance in tissues [14,15].
Several groups have incorporated elastin to develop highly elastic biomaterials, with the caveat that
most methods include crosslinkers that are inherently cytotoxic (i.e., glutaraldehyde, hexamethylene
diisocyanate) [16]. Other strategies used either peptide materials [17–19] or micro/nanofiber reinforced
materials [20,21] to enhance elasticity and compliance; however, they are still unable to match the high
extensibility of the urinary bladder. The inability of these materials to recapitulate the biomechanics of
the bladder warrants further investigation into other mechanisms of elasticity and compliance, such as
tissue ultrastructure. Using scanning electron microscopy (SEM), Murakumo et al. identified a unique
helical architecture of collagen type III within the bladder, suggesting a role of collagen architecture
in its biomechanics [13]. Although some groups have incorporated micro/nanofibers [20,21] into the
material, the fibers are deposited in its fully elongated state and simply act to increase tensile strength
instead of compliance. While it is possible to electrospin intertwined nanofibers [22], the authors of
the study did not apply their technique in scaffold construction. We believe that the configuration or
microarchitecture of collagen in tissues likely plays a significant role. Thus, the characterization of
collagen microarchitectures in several compliant tissues in nature could reveal alternative ultrastructures
that may be translated into biomaterial design.

Here, we characterize the commonly observed biomechanics and biocomposition of the gular
skin, shown in Figure 1A. To fully understand the mechanism behind the highly inflatable gular skin,
we performed experiments to characterize the tensile strength, tissue morphology, ultrastructure,
and collagen/elastin content. We further compared the male EC gular skin tissue with frogs without a
visually inflatable gular skin, namely XL, XM, female EC, and the male rat urinary bladder. In addition,
leg tissues (Figure 1B) were dissected from the frogs and underwent the same analyses to identify the
key features that allow the EC’s gular skin to be functionally unique. We performed TEM, tensile tests,
histology, and biochemical assays. We demonstrate that the gular skin of EC can achieve comparable
elongation to the rat bladder and is more compliant than Xenopus Laevis (XL) and Xenopus Muelleri (XM).
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Figure 1. (A) A male Hyperolius Cinnamomeoventris, with inflated gular skin tissue to resonate its mating
call. Reproduced from [5]. (B) Gross visual of tissue dissection areas. Shown here is the Xenopus
Laevis specimen.

Furthermore, we identified a unique and more sophisticated collagen ultrastructure in EC gular
skin, different from the helical structure observed in the urinary bladder. EC gular skin has a
combination of several structures, such as layering, crimping, and twisting. The significance of these
features is further emphasized by the statistically insignificant amount of elastin in most of the test
samples. We believe that biomimicry of the collagen microstructure present in the EC’s gular skin may
provide researchers with an alternative solution to reconstruct a more mechanically significant scaffold
for regenerative medicine.

2. Results

2.1. Mechanical Properties

The uniaxial tensile tests illustrate marked differences between the frogs of genus Xenopus and
those of Eleutherodactylidae, in addition to location-dependent properties. Figure 2 shows representative
stress vs. strain and membrane tension characteristics of the species’ gular skin tissue and leg skin
tissue, with rat bladder as a comparison. Mean and standard deviation (SD) values are summarized
in Table 1. It is evident in both Figure 2A,B that Xenopus tissues were stiffer relative to those of
Eleutherodactylidae, as observed by the steep rise in the stress vs. strain curve before ultimate tensile
strength (UTS) was reached. As shown in Table 1, there is a general trend of leg tissue being stiffer at
20% elongation, indicated by a higher secant modulus.

Figure 2. Representative uniaxial stress–strain curves of (A) gular skin tissue and (B) leg skin of
different anuran species and their comparison to the rat bladder.

Furthermore, male EC tissues had lower secant modulus values than all samples tested,
highlighting their uniqueness. Interestingly, gular skin tissue from XM displayed similar elongation at
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failure when compared to male EC, which were, on average, 350% and 398%, respectively. However,
XM required much higher stress to elongate the same amount as EC, shown in Figure 2A. XL behaved
as expected, with a very steep slope (indicative of a high secant modulus) followed by quick failure
at 104% and 108% for gular and leg tissue, respectively, in stark contrast to samples from EC (gular:
398%, leg: 348%). Gular tissue of the male EC exhibited an average ultimate tensile strength (UTS)
of 1263 ± 134 kPa, half that of its female counterpart (2142 ± 1789 kPa) and a quarter that of the XL
(4461 ± 2215 kPa) and XM (4156 ± 1973 kPa). Comparisons between male and female EC show that
male gular tissue exhibited higher elongation at break, of ~400% and ~340%, respectively. Figure 2B
illustrates the stress vs. strain behavior of leg tissue, displaying similar trends as gular tissue. Xenopus
samples had higher secant modulus values than Eleutherodactylidae in addition to a lower elongation at
failure. The most striking observation is the clear difference between the final elongations between
the tissue types. In all cases, the gular tissue of a single specimen had a greater elongation than the
leg tissue.

Further comparisons with male rat bladder illustrated that there is a closer biomechanical
resemblance of male EC gular tissue to the urinary bladder. The rat bladder had an average elongation
of ~410%, similar to that of male and female EC tissues. Additionally, it had a mean peak stress of
~3000 kPa, highlighting its ability to retain urine and prevent failure.

We determined the secant modulus for assessing the stiffness of the sample. From Table 1, it is
evident that leg tissues were generally stiffer than the same species’ gular tissue, indicated by a higher
mean value of the secant modulus. Male EC exhibited slightly higher mean secant modulus values of
373 kPa and 318 kPa for gular and leg tissue, respectively. As expected, the male EC had lower secant
modulus values compared to the other species, and XL leg tissue exhibited the highest mean secant
modulus of 4863 kPa. In general, leg tissues had higher secant modulus values than gular tissues.
However, these trends did not show any statistical significance when compared to the rat bladder
(Table 1).

Table 1. Summary of the mechanical properties.

Specimen Tissue
UTS (kPa)

Strain at Peak
Stress (%)

Breaking
Strain (%)

Secant Modulus
(20% strain) (kPa)

Mean ± SD (p) Mean ± SD (p) Mean ± SD (p) Mean ± SD (p)

Coqui (M) Gular 1263 ± 134 (0.188) 187 ± 22 (0.999) 398 ± 86 (0.999) 373 ± 194 (0.808)
Leg 193 ± 40 (0.006) 83 ± 53 (0.999) 348 ± 88 (0.999) 318 ± 333 (0.762)

Coqui (F) Gular 2142 ± 1789 (0.861) 226 ± 43 (0.999) 337 ± 83 (0.999) 786 ± 1052 (0.991)
Leg 936 ± 1265 (0.078) 101 ± 59 (0.999) 252 ± 39 (0.999) 1475 ± 1823 (0.999)

XL
Gular 4461 ± 2215 (0.330) 78 ± 12.5 (0.999) 104 ± 17(0.999) 3117 ± 1400 (0.143)
Leg 2553 ± 1775 (0.996) 61 ± 23 (0.999) 108 ± 12 (0.999) 4863 ± 2118 (0.003)

XM
Gular 4156 ± 1973 (0.581) 271 ± 70 (0.999) 350 ± 9 (0.999) 807 ± 668 (0.993)
Leg 2524 ± 560 (0.932) 126 ± 16 (0.999) 175 ± 28 (0.999) 2877 ± 2265 (0.258)

Rat Bladder 2985 ± 853 233 ± 28 412 ± 163 1288 ± 850

2.2. Tissue Morphology

H&E and trichrome-stained gular tissue cross-sections are shown in Figure 3. Gular tissue
dissected from frogs belonging to the genus Xenopus are substantially thicker and contain a higher
density of muscle bundles and mucous glands. Observations of the collagen structure between the
families showed marked contrasts. The collagen structure in the male EC had a continuous and crimp
structure, in stark contrast to the female EC, XL, and XM, which have more spread out crimp structures.
Additionally, the tissue sample of the genus Xenopus has a nearly linear collagen structure. Interestingly,
XL and XM have distinct regions where the collagen is perpendicularly aligned. These areas seemingly
discretize the tissue into collagen segments.
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Figure 3. Tissue morphology by histology of gular tissue dissected from various species of frogs.
Scale bar 100 μm. Muscle bundles (black arrows), mucous glands (red arrows), collagen structure
(green arrows), perpendicularly aligned collagen (yellow arrows), urothelium (orange), lamina propria
(purple), and detrusor muscle (grey).

Histological cross-sections of leg tissue show similar trends with the collagen structures between
the frog species. EC tissue has a more pronounced crimp structure compared to XL and XM. Once
again, the muscle bundles and mucous glands constitute a more substantial portion of the tissue in
Xenopus samples. Collagen in the male EC leg has a less compact crimp structure than that found in
the gular tissue. Similar to the gular tissue of the Xenopus samples, the collagen structure is more linear
and has minimal crimping. Leg tissues do not exhibit the same inflatable function as the gular tissue;
therefore, it does not require the crimped collagen structure. Lastly, sectioning of fresh rat bladder
showed an abundance of muscle bundles with intermittent collagen fibers, dissimilar to the frog tissues.
Collagen ultrastructures found in gular tissues were not visually identified in the rat bladder seen in
Figures 3 and 4.

Figure 4. Hematoxylin and eosin (H&E) staining of leg tissue dissected from various species of frogs.
Scale bar 100 μm. Muscle bundles (black arrows), mucous glands (red arrows), collagen structure
(green arrows), perpendicularly aligned collagen (yellow arrows), urothelium (orange), lamina propria
(purple), and detrusor muscle (grey).

2.3. Tissue Ultrastructure

TEM was used in this study to properly observe the collagen microstructure and orientation,
shown in Figure 5. Images at 3400×magnification reinforce the observations from histology and show
unique patterns in the EC gular tissue compared to XL and XM. Higher magnification images (13,500×)
were obtained from the areas highlighted with the red box in the first row of Figure 5A–D and shown
in the second row (Figure 5E–H). At higher magnification, the intricate orientation and design of the
collagen layers can be identified. Figure 5E,F show a tri-dimensional collagen arrangement defined
by the waviness, transitions from circular to rectangular cross-section within a layer, and contrast
differences showing axial twisting. Although the layering pattern is present in the Xenopus tissues,
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other patterns are not observed. In contrast, there are discontinuities within the collagen layers of the
Xenopus tissues shown in Figure 5C,D.

 

Figure 5. TEM images of gular tissue for (A) male EC, 3400×. Scale bar 2 μm; (B) female EC, 3400×.
Scale bar 2 μm; (C) XL, 1000×. Scale bar 10 μm; (D) XM, 4200×. Scale bar 10 μm; (E) male EC, 13,500×.
Scale bar 500 nm. Green lines represent the crimp angle measurements (θ1 = 80◦, θ2 = 70◦). (F) Female
EC, 13,500×. Scale bar 500 nm. Green lines represent the crimp angle measurements (θ = 77◦). (G) XL,
3400×. Scale bar 2 μm. (H) XM, 13,500×. Scale bar 500 nm. Red boxes indicate the area magnified.

Furthermore, Figure 5E,F can be used to identify key physical characteristics of the crimped
collagen structure. Firstly, there is a clear “layering” structure within the bulk tissue, which indicates
an alternating collagen bundle orientation across the tissue. In the male EC, a collagen layer (Figure 5E)
is approximately 500 nm thick, whereas the female EC is 667 nm thick. The two figures also show
very clearly that the male EC gular tissue has more layers within the same field of view. Secondly,
calculations were conducted to identify the crimp angle of the collagen bundles. As shown in Figure 5,
the angles between the two folded layers of the male EC tissues are 80◦ and 70◦, while there is a single
fold of 77◦ for the female EC tissues. Those of the Xenopus genus were virtually 0◦, meaning that they
were nearly straight throughout the tissue.

Some similar features were observed in the rat bladder and are shown in Figure 6. Rat bladder and
EC gular skin had several features in common, such as out-of-plane orientation and crimping
(Figure 6A,B). As shown in Figure 6D, collagen strands change from longitudinal to circular
cross-sectional orientation, similar to those seen in Figure 5E,F. However, the rat bladder lacks
the layered structure found in EC tissues. Rat bladder had a thick collagen bundle (2.5 μm), shifting
its orientation all at once, whereas EC tissues had smaller bundles stacked on top of each other and
alternating their orientation. Figure 6B,E resemble a crimped collagen bundle. This was a short
bundle and was seldom identified across the tissue. As expected, a helical structure was observed in
the rat bladder (Figure 6C,F). The twisted collagen strands identified in Figure 6F show very clearly
the formation of spring-like structures, reminiscent of those found in the human bladder. These
observations were frequently found throughout the tissue cross-section.
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Figure 6. TEM images of the rat bladder. (A) Alternating collagen orientation. 17,500×. Scale bar
500 nm. (B) Crimp structure. 13,500×. Scale bar 500 nm. (C) Helical structure. 9700×. Scale bar
500 nm. (D) Magnified alternating collagen orientation. 33,000×. Scale bar 500 nm. (E) Magnified
crimp structure. 24,500×. Scale bar 500 nm. (F) Magnified helical structure. 17,500×. Scale bar 500 nm.

2.4. Biochemical Analysis

As shown in Figure 7, EC tissues had, on average, much higher elastin concentrations than the
Xenopus samples. On the other hand, there are minimal differences between the elastin content in
male and female EC tissues. As summarized in Table 2, there was an average of 58.5 ± 16.9 and
64.5 ± 9.8 μg/mg of wet tissue in male and female gular skin, respectively. The elastin content found in
EC gular tissues was higher than the Xenopus gular tissues, with 22.1 ± 5.2 and 42.1 ± 11.9 μg/mg of wet
tissue for XL and XM, respectively. In general, leg tissues contained less elastin than the gular tissues,
and, once again, EC samples contained more elastin than Xenopus samples (Figure 7A). Collagen assays
show the opposite trend, with EC tissues containing less collagen than Xenopus. Male EC gular tissue
contained an average of 202.0 ± 41.3 μg/mg of wet tissue and female EC had 234.5 ± 86.7 μg/mg of
wet tissue. These values were much lower than those of XL and XM, with 377.8 ± 86.7 μg/mg and
400.8 ± 36.5 μg/mg of wet tissue, respectively (Figure 7B). As expected, male EC leg tissue contained
more collagen than the gular tissues; however, this trend was not found in the other samples. Although
EC tissues had more elastin than Xenopus tissues, the similar concentrations of elastin between male
and female EC further imply the importance of the collagen structure in the extensibility of the tissue.
Lastly, the average elastin to collagen ratio was calculated to show that the EC gular tissue had higher
elastin to collagen ratios of 0.29 and 0.27 for males and females, respectively. In stark contrast, Xenopus
gular tissues were 0.06 and 0.1 for XL and XM, respectively. As a comparison, the male rat bladder had
significantly more elastin and less collagen, with averages of 484.8 ± 121.9 and 96.1 ± 19.4 μg/mg of
wet tissue, respectively. Rat bladder has approximately eight times more elastin than the male EC.
As expected, the rat bladder had five times more elastin than collagen, unlike frog tissues, where the
opposite is observed.
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Figure 7. (A) Elastin content and (B) collagen content for the respective tissue sample. M: male,
F: female. p < 0.05 (*) and p < 0.01 (**).

Table 2. Summary of elastin and collagen content in tissue samples.

Elastin (μg/mg
Wet Tissue)

Collagen (μg/mg
Wet Tissue)

Elastin/Collagen
Ratio

Specimen Tissue Mean ± SD Mean ± SD

Female Coqui Gular 64.5 ± 9.8 234.5 ± 86.7 0.27
Leg 39.0 ± 9.8 183.1 ± 45.9 0.21

Male Coqui Gular 58.5 ± 16.9 202.0 ± 41.3 0.29
Leg 48.8 ± 14.8 325.0 ± 69.5 0.15

XL
Gular 22.1 ± 5.2 377.8 ± 105.3 0.06
Leg 26.0 ± 4.6 396.7 ± 36.3 0.07

XM
Gular 42.1 ± 11.9 400.8 ± 36.5 0.10
Leg 37.9 ± 1.4 262.1 ± 24.3 0.14

Rat Bladder 484.8 ± 121.9 96.1 ± 19.4 5.05

3. Discussion

To understand the fundamental mechanisms behind the iconic inflatable gular tissue seen in
select frog species, in the present study, we analyzed multiple frog tissues. Among all tested frog
tissues, EC tissue displayed lower secant moduli in uniaxial tensile tests, more sophisticated collagen
microarchitectures, and higher elastin to collagen ratios. These mechanical characteristics allow the
tissue to meet the functional requirements of the gular tissue to move air between the vocal sac and
the lungs mechanically. The low UTS (1263 ± 134 kPa) of the male EC gular tissue reflects the easily
extensible tissue, allowing the frog to inflate its gular skin without excessive force. Interestingly,
the gular tissue in all species had a higher UTS when compared to its leg tissue. This is likely indicative
of the need for the tissue to withstand repeated stress from fast air movement. Furthermore, gular
tissue from male EC had the highest average elongation of nearly 400% compared to the other species.
In contrast to expectations, the gular tissue of XM was able to elongate, on average, 350% ± 9% of its
original length, surpassing the female EC but not achieving the same elongation of the male EC. On the
other hand, XL elongated substantially less, with only an average of 104% ± 17%. The leg tissues of all
species had lower peak stress and strain values compared to their gular tissue counterparts. In all
species, leg skin tissue displayed half the peak stress of the gular skin except for male EC. The male
EC gular skin had a UTS of 1263 kPa while the leg skin had 193 kPa. This trend shows that the gular
skin is a mechanically more durable material than that of the leg. These UTS values also occurred
at smaller strain values than those of the gular skin. Male EC gular skins’ UTS occurred at 187%,
compared to its leg tissue at 83%, as shown in Table 1. The high elongation and moderate UTS of
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EC gular tissue reflect its role as a mechanically dynamic tissue. Its frequent expansion and loading
require it to sustain higher stress while still elongating, much like the rat urinary bladder. Gular tissue
of the male EC and XM had comparable elongations to the male rat bladder (~412%). The rat bladder
also had UTS averaging ~3000 kPa, higher than tissue from EC but lower than XM and XL. The bladder
can withstand higher stresses without compensating for elongation, which is essential to retain urine
pressure at higher volumes. We believe that the high variability in the data, as indicated by Table 1,
is due to the limited number of EC frogs and inherent biological- and age-related variations.

TEM and histological staining illustrated the relationship between microarchitecture and the
mechanical characteristics of the tissues. The typical crimp pattern observed in H&E and trichrome
stains were also found in other elastic tissues [9]. Evident in Figure 3 is the lack of large muscle
bundles in EC tissues. Therefore, the large muscle bundles likely contribute to the tissues’ higher
UTS. Furthermore, the more crimped structure found in the EC suggests a greater elongation when
stretched. The nearly linear collagen structure found in Xenopus tissues (Figures 3 and 4) has clear
linear collagen bundles, which restrict the tissues’ ability to elongate. In combination with the stress vs.
strain behaviors, the crimped collagen structure is critical to the extensibility of the tissue. However,
collagen fibers from the skin of the leg were less compact, which explains the lower stress values and
lower strain at failure.

Further investigations with high magnification TEM show a sophisticated collagen microstructure
in the male EC gular tissue. Firstly, it displayed increased folding of the crimp structure, with two
folds of crimp angles of 80◦ and 70◦, compared to the female, with a single fold of crimp angle of 77◦.
The compact collagen allows the tissue to stretch with less force and to a higher degree. Secondly,
the collagen bundles can be observed to alternate between a circular and longitudinal shape, suggesting
an out-of-plane zig-zag structure. This structure likely provides the tissue with greater extensibility
because the collagen bundles have additional degrees of freedom to realign in space.

Additionally, each collagen strand twists about its central axis, allowing it to unwind during
elongation for higher extension (Figure 5). Lastly, the layering structure throughout the cross-section
of the tissue has an alternating round and longitudinal shape, indicating a mesh-like structure.
This technique is documented to aid in dissipated energy during loading [23]. Taken altogether,
the gular tissue of the male EC has a compact three-dimensional structure that allows collagen bundles
to extend significantly. Its female counterpart also displayed these features but to a lesser extent.
The crimp structure was less compact, indicated by the larger curvature seen in Figure 5B. The unique
features found in EC were not present in the Xenopus frogs but, instead, many locations were identified
to be potential areas of stress concentration and elongation inhibition. Figure 5C,D show apparent
discontinuities in the overall collagen structure in the Xenopus gular tissues. The discontinuities
show clear breaks where the collagen aligned parallel to the tissue is impeded by collagen aligned
perpendicularly. These areas are a likely cause of the higher secant modulus as they are the site of
stress concentration during loading. Architecturally, EC tissue is unique because of its continuous
hierarchical collagen structure. We believe that the multi-dimensional crimp structure allows for
easy elongation of the tissue in all directions, which is key to mate calling. The difference between
male and female gular tissue lies in the compactness of the structure, where a compact crimp allows
greater elongation under lower forces. This property is also known as the “crimp angle” and is often
used to describe the collagen structure in human tendons [24–26]. As mentioned in previous studies,
the crimped collagen structure was determined to act as a recoiling system during muscle relaxation.
This structure in the gular tissue likely serves a similar purpose in recoiling the tissue post-inflation
and working in tandem with elastin.

The lamina propria in the rat bladder consisted of collagen interspersed between muscle bundles
(Figures 3 and 4). This feature is in clear contrast to the frog tissues, where EC tissues consisted of
no muscle, and XM/XL had muscle bundles set apart from a collagen layer. Both TEM and histology
showed that collagen in the rat bladder was less compact and less regularly structured compared to
frog tissues.
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As expected, the biochemical analysis showed a higher concentration of elastin in the EC tissues
than in Xenopus tissues (see Figure 7). A high elastin content is one of the major contributing factors to
elastic tissues and plays a key role in elongation. Male and female EC gular tissue had 58 ± 17 and
64 ± 10 μg/mg of wet tissue, respectively, whereas XL and XM only had 22 ± 5 and 42 ± 12 μg/mg of
wet tissue, respectively. The higher concentration of elastin present in EC gular tissue sets it apart,
bio-compositionally, from XL and XM. The biocomposition translates to a higher elongation, evident in
the mechanical characteristics shown in Figure 2. Furthermore, male and female EC gular tissues have
similar elastin concentrations, but the male EC has larger elongation. This emphasizes the benefits of
the collagen ultrastructure for the mechanics of the tissue.

Although very dissimilar under histology stains, TEM was able to uncover similar collagen
ultrastructure with the rat bladder. As shown in Figure 6A,B, the rat bladder and EC gular skin share
ultrastructural features such as out-of-plane zig-zag and crimp structures. Additionally, EC gular
skin and rat bladder had similar average elongations, of 398% and 412%, respectively. This clearly
shows the importance of the collagen ultrastructure on the elongation of the tissue. Furthermore,
rat bladder contained 485 ± 122 μg elastin/mg of wet tissue, eight-fold higher than EC gular skin.
The significantly higher amount of elastin in the rat bladder did not translate to higher elongation.
However, an abundance of elastin quickly recoils collagen bundles during contraction. [13] These
results show that this unique collagen ultrastructure or high amounts of elastin can lead to higher
elongation of a material. Further investigations are required in order to elucidate the individual impact
of high elastin content and various collagen ultrastructures (i.e., crimp or helical) on compliance.

Tensile tests on these tissues show the much higher UTS of the gular tissue compared to that
of the leg. This is counter-intuitive because of the gular tissue’s lower collagen content; however,
the increase in mechanical strength can be attributed to the hierarchical microstructure seen in the
male EC. Shown in a previous study [27], the microstructure of the material has a significant role in the
mechanical behavior of the material. Evidently shown here is that reducing performance compromises
is one of the key reasons behind intricate microarchitectures. The layered structure of the collagen
provides the tissue with much of its strength [27–30], while the waviness enhances tissue elongation.
This hierarchical structure provides a balance between tensile strength and compliance, two mechanical
properties that are not often positively correlated. As shown in a previous study [13], elastin is only
regionally present in the bladder, and the helical shape of collagen provides much of the bladder’s
compliance. While collagen type I provides the bladder with its strength, collagen type III and elastin
provide its compliance [13,31–35]. The unique conformation of collagen type III and elastin provide
recoverable deformation due to hydrophobic interactions. This conformation may not be required to
achieve the same biomechanical action, as gular skin did not contain coiled collagen or a high elastin
content. The compliance of male EC tissue is a result of its tissue-specific collagen ultrastructure,
thus reinforcing the importance of material architecture in bulk material properties. The functional
similarities between the gular tissue and the bladder prove that the same fundamental mechanisms
can be used in biomaterial design for bladder reconstruction.

Taken altogether, we believe that the collagen architecture shown here in EC gular skin tissue
can be relevant in tissue engineering of large-deforming compliant tissues. The unique orthogonal
arrangement of collagen layers can also be potentially considered for corneal tissue engineering [36].
Future work will involve recapitulating this structure using 3D bioprinting techniques to develop
reinforced hydrogels [37–39]. Additionally, the area of decellularized tissues in tissue engineering
has generated considerable attention in recent works [40,41]. Decellularized EC gular tissues have
the potential to act as a temporary functional graft, although additional experiments will need to be
conducted to validate its potential.
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4. Materials and Methods

4.1. Specimen Collection

Euthanized male and female E. Coqui were obtained from Atlanta Botanical Garden (Atlanta,
GA, USA). The females were tested as a species-specific control as females do not tend to inflate their
gular tissue. The number of biological replicates was limited because these frogs were taken from live
populations, and excessive sampling of frogs causes ecological instability. In total, four male ECs and
two female ECs were collected for all the experiments. Although the age of the frogs may influence
the mechanics of the tissue, E. Coqui was obtained from a population, and an exact age could not be
determined. The estimated age was between 1 and 5 years. In total, four euthanized male X. Laevis and
four male X. Muelleri were obtained from Xenopus Express Inc. These species were used as negative
controls as they do not display any external tissue inflation during calls. All specimens were euthanized
on-site before either fixation or freezing and were transported overnight. Samples used for tensile
testing were received frozen in ice and immediately dissected for sample collection. Samples were then
stored at −20 ◦C until testing was performed. Fixed samples were used for histology and microscopy,
while frozen samples were used for tensile tests and biochemical assays. The skin tissue of the desired
regions was dissected in the laboratory with surgical scissors and scalpels. The specimen’s gular and
leg skin tissue were of particular interest; areas examined can be seen in Figure 1b. Rat bladders were
dissected in accordance with protocols approved by the Johns Hopkins University Animal Care and
Use Committee (RA17M330, 7/23/2018).

4.2. Uniaxial Tensile Test

We determined the mechanical properties of the unfixed and hydrated skin tissues by conducting
uniaxial tensile tests using the Instron Tensile testing equipment (MTS Criterion™ 40). Samples (n = 3)
per group (male EC: three biological repeats; female EC: two biological repeats; male XL: three biological
repeats; male XM: three biological repeats) for both gular skin and leg were cut into small rectangular
pieces and measured for their thickness, width, and length. Cut samples ranged from 1 mm to 3 mm
wide and 4 mm long. Average sample thickness (0.1–0.4 mm) was measured using an electronic
caliper, which varied due to differences in species and the site of extraction (gular vs. leg). Generally,
EC samples were thinner than those of XL/XM. The sample dimensions were limited to the size of the
frogs, as EC is extremely small (~1.5 inches for male). Reference state dimensions were established
after mounting the tissue onto the apparatus and tared before testing began. Preconditioning was not
performed prior to tensile loading. We also assumed that the tissues would behave isotropically under
tensile loading. We acknowledge that the biaxial test would be more predictive of tissue expansion;
however, because of the small size of EC, we opted for comparative uniaxial analysis. Each side of
the cut samples was then glued in between two pieces of thick paper to increase the surface area that
is clamped onto the instrument, similar to a study conducted by Dahms et al. [42]. The strain was
calculated using the distance between the clamps. The samples were extended with a strain rate of
0.5 mm/min, using a 5N load cell. Engineering stress, membrane tension, strain, and secant modulus
(at 20% strain) were calculated and visualized with GraphPad Prism 8.0. Secant moduli were calculated
using the stress and strain values before and after 20% strain.

4.3. Histology

Tissue samples were washed in Phosphate Buffer Saline (PBS), formalin-fixed,
and paraffin-embedded for staining using hematoxylin and eosin (H&E) and Masson’s trichrome,
in accordance with our previous study [43]. Paraffin blocks were sectioned at 6 microns onto glass
slides for brightfield microscopy imaging.
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4.4. Transmission Electron Microscopy

Samples were fixed in 3% paraformaldehyde, 1.5% glutaraldehyde, 5 mM CaCl2, 2.5% sucrose,
and 0.1% tannic acid in 0.1 M sodium cacodylate buffer, pH 7.2. After buffer rinse, samples were fixed
in 1.0% osmium tetroxide for 1 h on ice in the dark. Following a rinse with distilled water, the samples
were stained with 2.0% aqueous uranyl acetate (0.22 μm filtered) for 1 h in the dark, dehydrated using
a graded series of ethanol, and embedded in Eponate 12 resin (Ted Pella, Redding, CA, USA). Samples
were polymerized for 2–3 days at 37 ◦C and were stored at 60 ◦C overnight. Thin sections, 60–90 nm,
were cut at a depth of 50 μm from the surface with a diamond knife using a Reichert-Jung Ultracut E
ultramicrotome and placed on naked copper grids and were stained with 2% uranyl acetate in 50%
methanol and observed using a Philips/FEI BioTwin CM120 TEM.

4.5. Crimp Angle Measurement

The crimp angle analyzed through TEM imaging of unloaded samples was calculated by drawing
a line along the straight edges of a collagen layer and measuring the angle between the two lines using
ImageJ software (NIH). Measurement lines are shown in green in Figure 5E,F for reference.

4.6. Collagen and Elastin Content

The collagen and elastin concentrations in both gular and leg tissues (n = 3) were determined
using Biocolor Sircol™ Insoluble Collagen and Biocolor Fastin™ Elastin assays (Accurate Chemical,
Westbury, NY). Briefly, samples ranging from 0.1 to 4.0 mg wet weight were thawed and dissociated in
the fragmentation reagent provided by the kit. We performed tissue fragmentation for 3 h at 65 ◦C
under intermittent vortex mixing. Dissociated collagen was collected through centrifugation and dyed
using the Sircol Dye Reagent for 30 min, followed by centrifugation. Excess liquid was drained and
exposed to an acid-salt wash to remove the unbound dye and centrifuged to collect the collagen-dye
pellet and remove excess dye. The alkali reagent was added and vortexed to remove the bound dye
and immediately used for colorimetric absorbance measurements. Elastin was extracted according to
the protocol described briefly here. Elastin was extracted using 0.25 M oxalic acid at 100 ◦C for 2 h and
precipitated using the provided precipitating agent. The solution was centrifuged to form an elastin
pellet, exposed to the dye reagent for 90 min, and vortexed intermittently. Following centrifugation,
the elastin-bound dye was released using the provided dissociation reagent and used immediately for
colorimetric absorbance reading. Results from both assays were expressed in micrograms of collagen
or elastin per milligram of the wet tissue sample.

4.7. Statistical Methods

Statistical analysis was conducted on GraphPad Prism 8.0 using two-way ANOVA (Holm-Sidak)
for biochemical assays and two-way ANOVA (Dunnett’s) for tensile properties, with an α value of 0.05.
All sample groups were tested against each other for biochemical assays, and tensile properties were
compared against the rat bladder as a control.

5. Conclusions

In conclusion, our results emphasize the role of protein microarchitecture on the mechanical
properties of a material. We first illustrated the unique mechanical properties of the male EC gular tissue,
contrasted with other tissue types, other species of frogs, gender, and rat bladder. The high elongation
and moderate UTS demonstrated the tissues’ ability to reduce performance trade-offs. That is, the tissue
was able to elongate while maintaining higher stresses. Importantly, the specific multi-dimensional
hierarchical collagen structure allowed the tissue to elongate as well as maintain moderately higher
stresses. Together, the two components allow the unique functionality of the gular tissue to inflate and
withstand the internal air pressure during calling. The elongation similarities of EC gular skin and rat
bladder are reinforced by the ultrastructural likeness of the two tissues. Taken together, these findings
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demonstrate the potential of the EC gular skin as a novel biomimetic example for developing materials
for tissue engineering of large deforming tissues, such as the bladder. The characterization of this
microarchitecture can provide a simple template for future artificial biomaterial scaffold designs for
regenerative medicine applications such as biomimicry in 3D printed bladder tissues.
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Abstract: Human dental pulp harbours unique stem cell population exhibiting mesenchymal
stem/stromal cell (MSC) characteristics. This study aimed to analyse the differentiation potential
and other essential functional and morphological features of dental pulp stem cells (DPSCs) in
comparison with Wharton’s jelly-derived MSCs from the umbilical cord (UC-MSCs), and to evaluate
the osteogenic differentiation of DPSCs in 3D culture with a hypoxic microenvironment resembling
the stem cell niche. Human DPSCs as well as UC-MSCs were isolated from primary human tissues
and were subjected to a series of experiments. We established a multiantigenic profile of DPSCs
with CD45−/CD14−/CD34−/CD29+/CD44+/CD73+/CD90+/CD105+/Stro-1+/HLA-DR− (using flow
cytometry) and confirmed their tri-lineage osteogenic, chondrogenic, and adipogenic differentiation
potential (using qRT-PCR and histochemical staining) in comparison with the UC-MSCs. The results
also demonstrated the potency of DPSCs to differentiate into osteoblasts in vitro. Moreover, we
showed that the DPSCs exhibit limited cardiomyogenic and endothelial differentiation potential.
Decreased proliferation and metabolic activity as well as increased osteogenic differentiation of
DPSCs in vitro, attributed to 3D cell encapsulation and low oxygen concentration, were also observed.
DPSCs exhibiting elevated osteogenic potential may serve as potential candidates for a cell-based
product for advanced therapy, particularly for bone repair. Novel tissue engineering approaches
combining DPSCs, 3D biomaterial scaffolds, and other stimulating chemical factors may represent
innovative strategies for pro-regenerative therapies.

Keywords: stem cells; dental pulp stem cells; osteogenesis; biomaterials; tissue engineering;
regenerative medicine
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1. Introduction

The mesenchymal stem/stromal cells (MSCs) represent an adult stem cell (SCs) population that
exhibits tri-lineage differentiation potential [1]. The MSCs can be isolated from various tissues,
including bone marrow (BM), umbilical cord blood and Wharton’s jelly of the umbilical cord (UC),
adipose tissue, peripheral blood, synovium or dental pulp [2]. For distinguishing better between MSCs
of various origins, the International Society for Cellular Therapy (ISCT) proposed minimal criteria for
defining MSCs in 2006 that included the following: (i) an ability to adhere to plastic surfaces under
standard culture conditions in vitro; (ii) a specific antigenic profile including at least 95% positivity for
CD105, CD73 and CD90 antigen expression with parallel negativity (less than 2%) for CD45, CD34,
CD14 or CD11b, CD79α or CD19 and HLA-DR), and (iii) a capacity to differentiate into the cells
of mesodermal lineages, such as osteoblasts, chondroblasts and adipocytes in vitro [3]. Moreover,
MSCs derived from various tissues may cross the boundaries of the germ layers and differentiate
into cardiomyocyte- or endothelial-like cells (with parallel ability to form capillary-like structures on
Matrigel) upon exposure to lineage-specific growth factor cocktails [4–7]. Recent evidence indicates that
murine BM-MSCs may differentiate into hepatocytes, lung epithelial cells, myofibroblasts, and renal
tubular cells in vivo [8]. Thus, based on their wide differentiation potential and their pro-regenerative
potential in injured tissues, MSCs are promising “candidates” as medicinal products employed in
in vivo applications for advanced therapy in humans. MSCs have been widely evaluated in preclinical
studies as well as with a multitude of clinical trials focused on several tissue injuries, including bone
defects [9] and other defects such as cartilage injury [10]. Of note, recent evidence demonstrates the
biological variability (including differentiation capacity) within the MSCs of various origins [11]. Thus,
the selection of the appropriate source of MSCs might be critical for the effective regeneration of injured
tissues following their application in vivo.

BM-derived MSCs represent the gold standard for MSCs used in research and clinical applications
(predominantly in autologous transplantations) in recent years [12]. However, the application of
autologous MSCs may have some limitations. BM-derived MSCs isolated from elderly patients exhibit
decreased biological activity, including osteogenic potential [13], which may result in limited outcomes
of the treatment with these cells. Moreover, MSCs isolated from the tissues of patients suffering from
chronic conditions like diabetes or systemic lupus erythematosus may also exhibit altered biological
properties impairing their pro-reparative functions in autologous applications [14,15]. Nowadays,
growing evidence indicates that umbilical cord tissue represents an attractive alternative source of
MSCs for allogenic applications, which eliminates the limitations of autologous MSCs as well as the
need for the invasive procedure of tissue harvesting that is required for BM [16,17]. Moreover, UC
tissue possesses higher accessibility and lower ethical concerns in comparison with BM. Importantly,
UC-MSCs have been demonstrated to exhibit similar transcriptomic profiles with respect to the
expression of stemness- and bone development-related genes to BM-MSCs (harvested from healthy
donors), demonstrating the great promise for umbilical cord tissue as an alternative source of MSCs [17].

In 2000, Gronthos et al. described a unique population of SCs residing in human dental pulp
referred to as dental pulp stem cells (DPSCs). They exhibit mesenchymal characteristics, including
adhesion to plastic surfaces, fibroblast-like morphology, lack of expression of CD14, CD34, and CD45,
as well as the potential to differentiate into osteoblasts [18]. Moreover, DPSCs show antigenic profile
similar to BM-MSCs, along with greater proliferation capacity when compared to that of BM-MSCs [18].
Although DPSCs predominantly originate from the neural crest, which is an ectodermal structure,
they are considered as MSCs or MSC-like cells [19–21]. Thus, the unique developmental origin of
DPSCs may indicate their ability to produce neural cells and their impact on neural tissue regeneration,
conferring certain advantages in comparison with other sources of MSCs [22–26]. DPSCs exhibit
capability not only to differentiate into neural-like cells [25] but also to secret factors enhancing
endogenous repair mechanisms [27]. The unique features of DPSCs resulted in the first clinical
application for the treatment of neurodegenerative diseases [28]. Moreover, DPSCs, when cultured
under appropriate conditions, are known to exhibit osteogenic potential [18,29]. While long bones
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develop from mesoderm during the process of endochondral ossification, flat bones of the skull, similar
to the mandible, are formed during the intramembranous ossification from ectomesenchymal cells
derived from neural crest SCs [30,31]. Once DPSCs were identified as MSCs derived from the neural
crest, they were recognized as a potential promising candidate for the repair of defects of the jaws [20].
Interestingly, DPSCs may also be used in the innovative strategies for dentin regeneration [32].

Following numerous clinical trials employing MSCs of various origins, some concerns about
their efficacy and safety have been raised [33]. In many cases, results of clinical applications were
less favourable than expected, with the observation of certain side effects upon the administration of
MSCs into a suboptimal niche [33]. One of the reasons for the limited pro-regenerative capacity of
MSCs may be the lack of well-established protocols for MSC isolation, expansion, and preparation
of a cell therapy product for in vivo applications [33] as well as the use of an inappropriate cell
source or differentiation strategy [32]. Importantly, the standard culture conditions with plastic or
glass surfaces (representing two-dimensional culture, 2D) do not fully mimic the three-dimensional
(3D) microarchitecture of SC niches [34]. In this context, the use of novel 3D scaffolds (created by
f.e. hydrogels) for cells ex vivo propagation, differentiation, or as a carrier for the administration of
cells, provides a new exciting approach to enhance the biological potential of MSCs for the repair
of the injured tissue. MSCs encapsulated in alginate beads exhibit greater osteogenic differentiation
potential than MSCs in traditional cell culture, which was confirmed by the higher expression of
mRNAs corresponding to osteoblast-specific genes (e.g., Runx2, Col1A1, sclerostin or dental matrix
protein-1) [35]. Similar observations have been described for DPSCs differentiated in scaffolds, such as
Matrigel or collagen-based sponges, in vitro [36].

Oxygen (O2) concentration in the culture environment represents another important factor that
should be taken into consideration during the differentiation of MSCs both in vitro and in vivo. It
has been established that the normoxic environment does not reflect the oxygen concentration in SC
niches [37]. Importantly, in numerous reports, MSCs were shown to proliferate faster when cultured in
hypoxic conditions with 1% [38], 2% [39], or 3% O2 [40], compared to that in the normoxic atmosphere.
In contrast, a decrease in the proliferation of rat BM-MSCs in the presence of 1% O2 was reported owing
to the upregulation of p27 protein correlating with the downregulation of cyclin D expression [41].
Hsu et al. demonstrated that the ex vivo culture of human MSCs in the hypoxic (1% O2) environment
decreases their osteogenic differentiation. The hypoxic environment at the site of cell transplantation in
the injured tissues may be a critical factor impairing the efficacy of MSCs to differentiate following their
transplantation [42], which, along with the spatial niche organization, provides a unique environment
for functional behaviour of the cells in vivo.

Thus, this study aimed to examine the differentiation potential of ectoderm-derived human DPSCs
in vitro, in comparison with other human MSC fractions, such as the Wharton’s jelly-derived MSCs
from the umbilical cord (UC-MSCs). We also evaluated osteogenic differentiation of human DPSCs
in 3D cultures and hypoxic microenvironment in vitro as well as examined their selected functional
properties, including proliferation and metabolic activity.

2. Results

2.1. Human Dental Pulp Harbours a Population of Adherent Cells with MSC Characteristics

Accumulating evidence indicates that the dental pulp contains a unique population of adherent
cells with mesenchymal characteristics, including adhesion to plastic surfaces, fibroblast-like
morphology, lack of expression of CD14, CD34 or CD45 and potential to differentiate into osteoblasts
in vitro [18,43]. Thus, in the current study, we developed and optimized the protocol for the isolation
of such cells with the corresponding characteristics of MSCs (Figure 1a). The dental pulp extracted
from the permanent teeth of healthy human donors was subjected to enzymatic digestion to isolate a
mixture of different populations of cells, which were further seeded on cell culture plates. After 10 days,
we obtained a population of adherent cells that were proliferated further. Moreover, we also isolated
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UC-MSCs from human UC Wharton’s Jelly tissue (Figure 1b) by employing a similar approach, which
were used as a “classic” control MSCs for comparison with the dental pulp- derived cells in vitro.

Figure 1. Isolation procedure and morphology of dental pulp stem cells (DPSCs) and umbilical cord
Wharton’s jelly-derived mesenchymal stem/stromal cells (UC-MSCs). (a) Isolation of DPSCs from pulp
tissue. The upper part of the tooth was drilled and the dental pulp was extracted. The dental pulp
was enzymatically digested by a mixture of collagenase I and dispase. The isolated cells and tissue
sections were seeded onto cell culture plates in a complete cell culture medium. On day 10 post-seeding,
non-adherent cells and tissue pieces were removed. (b) Isolation of UC-MSCs from Wharton’s jelly.
The umbilical cord was washed with PBS to remove residual cord blood, and arteries and vein were
further dissected. Wharton’s Jelly tissue was cut into 12 mm pieces and placed on the tissue culture
dishes in a complete cell culture medium. On day five post-seeding, non-adherent cells and tissue
pieces were removed. (c) Representative images of the morphology of DPSCs (left) and UC-MSCs
(right). Scale bars: 50 μm.

We observed that both DPSCs, as well as UC-MSCs, demonstrated adhesion to plastic surfaces
when maintained under standard culture conditions in vitro. Dental pulp-derived cells exhibit a
morphology of spindled-shaped, fibroblast-like cells, similar to UC-MSCs (Figure 1c). By using a flow
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cytometry platform, we analysed the antigenic profile of isolated cells following the minimal criteria
for defining multipotent mesenchymal stem/stromal cells published by the ISCT [3].

We demonstrated that the population of dental pulp-derived cells isolated in this study exhibited
a high expression of MSC-specific markers, such as CD29, CD44, CD73, CD90, CD105 and Stro-1, and
does not express markers specific to hematopoietic cells, such as CD45, CD14, CD34 or HLA-DR antigen
(Figure 2a). UC-MSCs also express antigens typical for MSCs, such as CD29, CD44, CD73, CD90 and
Stro-1, and, in parallel, do not possess CD45, CD14, CD34 and HLA-DR antigens on their surface that
are considered markers of hematopoietic cells (Figure 2b). Thus, the multiantigenic phenotype of the
dental pulp-derived cells is similar to the antigenic profile of UC-MSCs as shown in Figure 2c. Thus,
based on their ability to adhere to plastic surfaces and antigenic profiles, we confirmed the identity of
the isolated dental pulp-derived cells as previously described, representing the subpopulation of MSCs.

Figure 2. Antigenic profile of DPSCs and UC-MSCs with flow cytometry. Expression of MSC-negative
markers (D45, CD14, CD34), MSC- positive markers (CD29, CD44, CD73, CD90, CD105, Stro-1), and
HLA-DR antigen on DPSCs and UC-MSCs. (a) Representative histograms of the expression of analysed
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antigens on DPSCs. (b) Representative histograms of the expression of analysed antigens on UC-MSCs.
The peaks of unstained cells (grey) were overlaid with the peak for analysed antigen (violet). (c)
Quantitative data representing the percentage content of DPSCs or UC-MSCs positive for analysed
antigens. Results are presented as mean ± SD, n = 3.

2.2. DPSCs Exhibit Wide Differentiation Potential In Vitro

In the next step, to answer the question about the biological potential of DPSCs with respect
to their pro-regenerative ability in injured tissues, we first analysed the tri-lineage differentiation
potential of such cells compared to UC-MSCs in vitro. For that purpose, the DPSCs and UC-MSCs were
differentiated into osteoblasts, chondroblasts, and adipocytes after 7, 14 and 21 days in tissue-specific
differentiation media. We observed that both DPSCs and UC-MSCs exhibit tri-lineage differentiation
potential (as shown in Figures 3 and 4, respectively), which also confirmed their MSC phenotype as
defined by minimal criteria recommended by ISCT [3].

In the case of osteogenic differentiation, we analysed the expression of osteogenesis-related genes
during the differentiation process of both MSC populations, such as Runx2, osteocalcin and osteopontin,
in comparison with the control (undifferentiated) cells, which were cultured under standard culture
conditions. We observed that the expression levels of transcription factor Runx2 and osteocalcin (a
marker of bone formation) were comparable between DPSCs and UC-MSCs, whereas the fold change
in expression of osteopontin (a protein expressed in maturated bone tissue) was elevated in UC-MSCs,
notably on the 14th-day post-stimulation (Figure 3a, Table S1). Real-time RT-PCR results obtained for
both MSC populations were compared with those of the control (undifferentiated) cells cultured in a
standard cell culture medium (mRNA levels in such cells were calculated as 1.0).

The histochemical staining of cells differentiated into osteoblasts demonstrated larger deposits
of calcium phosphate (indicated by red-coloured deposits of calcium phosphate) that were observed
following DPSC differentiation when compared to the differentiation of UC-MSCs. Moreover, the
deposits were observed earlier (at 14 days) in the case of DPSC osteogenic differentiation compared to
those with differentiation of UC-MSCs (Figure 4). The comparable expression of the genes between
DPSCs and UC-MSCs along with the higher formation of calcium phosphate deposits following DPSC
differentiation may demonstrate a higher osteogenic differentiation potential of the DPSCs compared
to that of the UC-MSCs.

The DPSCs, as well as UC-MSCs, were successfully differentiated into chondroblasts in vitro
(Figures 3b and 4, respectively). In the case of DPSCs, we observed increased expression of Sox9
transcription factor mRNA on days 7 and 14 of differentiation, compared to that in the undifferentiated
cells, which confirmed their chondrogenic differentiation potential. However, the expression of Sox9
gene was higher in UC-MSCs in comparison with DPSCs. We did not observe any significant change in
the expression of Col2A1 between both types of cells, while the fold change in the expression of Col10A1
was higher in the UC-MSCs compared to that in the DPSCs (Figure 3b, Table S2). Recent evidence
indicates that Col10A1 is a marker of hypertrophic chondrocytes, which may be implicated as the
principal factor driving bone growth. It has also been observed in skeletal dysplasia and osteoarthritis
disorders [44]. The histochemical staining of DPSCs and UC-MSCs that were differentiated into
chondroblasts indicated extracellular secretion of sulphated proteoglycans (indicated by blue coloured
staining) by both types of MSCs, and the kinetics of differentiation seemed to be similar between both
populations of SCs (Figure 4).
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Figure 3. Comparison of tri-lineage differentiation potential of DPSCs and UC-MSCs by real-time
RT-PCR. (a) Quantitative analysis of mRNA expression for osteogenesis related genes (osteocalcin,
osteopontin, Runx2) in DPSCs (left) and UC-MSCs (right). (b) Quantitative analysis of mRNA expression
for chondrogenesis related genes (Acan, Col10A1, Col2A1, Sox9) in DPSCs (left) and UC-MSCs (right). (c)
Quantitative analysis of mRNA expression for adipogenesis related genes (CEBPα, PPARγ) in DPSCs
(left) and UC-MSCs (right). Cells were cultured in a StemPro osteogenesis differentiation kit, StemPro
chondrogenesis differentiation kit, and StemPro adipogenesis differentiation kit for 7, 14, and 21 days,
respectively. Fold differences in expression (2−ddCt) of analysed genes in control cells cultured in
standard cell culture medium (undifferentiated) were calculated as 1.0 and marked by a solid line.
Graphs present different scales. Results are presented as mean ± standard error of the mean (SEM),
n = 3 (every sample prepared for each DPSCs line derived from each donor were run in duplicates);
t-test, (*) p < 0.05 vs. undifferentiated cells.
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Figure 4. Tri-lineage differentiation potential of DPSCs and UC-MSCs in an in vitro culture demonstrated
by histochemical staining. (a) Representative images of DPSCs differentiated into osteoblasts,
chondroblasts and adipocytes. (b) Representative images of UC-MSCs differentiated into osteoblasts,
chondroblasts, and adipocytes. DPSCs and UC-MSCs were cultured in a StemPro osteogenesis
differentiation kit, StemPro chondrogenesis differentiation kit, or StemPro adipogenesis differentiation
kit. On days 7, 14, and 21 of differentiation, DPSCs and UC-MSCs were fixed with paraformaldehyde
and stained with Alizarin Red S (red staining of calcium phosphate deposits that are a characteristic of
osteogenic differentiation), Alcian Blue (blue staining of sulphated proteoglycans that are a characteristic
of chondrogenic differentiation) or Oil Red O (brownish red oil droplets that are a characteristic of
adipogenic differentiation). Scale bars: 50 μm.

118



Int. J. Mol. Sci. 2020, 21, 6172

When focusing on adipogenic differentiation, the mRNA expression corresponding to PPARγ
adipogenesis-related transcription factor on day 21 as well as CEBPα protein expression on day 14
was significantly higher in the UC-MSCs in comparison with that in the DPSCs (Figure 3c, Table S3).
Moreover, the presence of oil droplets indicating an ongoing process of adipogenesis was typically
observed in both cell fractions on the 14th day of differentiation. The results considering the level of
demonstrate higher adipogenic differentiation of UC-MSCs compared to DPSCs.

Taken together, our first analyses confirmed that DPSCs may be successfully differentiated
into osteoblasts, chondroblasts, and adipocytes similar to other “classic” MSC populations such as
UC-MSCs. The histochemical analyses of the final cell phenotypes confirmed a higher ability of DPSCs
to differentiate into osteoblasts compared to UC-MSCs, which are primarily restricted to chondrogenic
and adipogenic differentiation.

To establish whether DPSCs exhibit any cardiomyogenic potential in vitro, they were cultured in
cardiomyogenesis stimulating medium as previously described [6]. We analysed mRNA expression of
cardiac markers such as Gata-4, Nkx2.5 and Myl2c after 7, 14 and 21 days following the induction of
differentiation. We observed that the expression of these genes was markedly elevated after 7 and
21 days of cardiomyogenic differentiation induction in UC-MSCs than that in DPSCs (Figure 5a and
Table S4). Moreover, both types of MSCs express intranuclear cardiac transcription factor Gata-4 as
well as cytoplasmic structural protein troponin T-C after seven days of differentiation (Figure 6). This
may suggest that DPSCs possess the lower capacity for cardiac cell phenotypes, when culture under
lineage-specific conditions, in comparison with other MSC fractions, such as UC-MSCs.

Figure 5. Comparison of cardiomyogenic and endothelial differentiation potential of DPSCs and
UC-MSCs by Real-Time PCR. (a) Quantitative analysis of mRNA expression of cardiomyogenesis
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related genes (Gata-4, Nkx2.5, Myl2c) in DPSCs (left) and UC-MSCs (right). Cells were cultured in
DMEM/F12 supplemented with 2% FBS and 10 ng/mL basic fibroblast growth factor (bFGF), 10 ng/mL
vascular endothelial growth factor (VEGF) and 10 ng/mL transforming growth factor β1 (TGF-β1) for 7,
14 and 21 days. (b) Quantitative analysis of mRNA expression for endothelial related genes (Gata-2,
Tie-2, VE-cadherin) in DPSCs (left) and UC-MSCs (right). Cells were cultured in EGM-2MV endothelial
cell growth medium for 7, 14 and 21 days. Fold differences in the expression (2−ddCt) of analysed genes
in control cells cultured in standard cell culture medium (undifferentiated) were calculated as 1.0 and
marked by a solid line. Graphs present different scales. Results are presented as mean ± SEM, n = 3
(every sample prepared for each DPSCs line from each donor was run in duplicate); t-test, p < 0.05 vs.
undifferentiated cells.

Figure 6. Cardiomyogenic and endothelial differentiation of DPSCs and UC-MSCs in vitro on day
7. (a) Representative images of cardiomyogenic and endothelial marker expression in DPSCs. (b)
Representative images of cardiomyogenic and endothelial marker expression in UC-MSCs. In the case
of cardiomyogenic differentiation, cells were cultured in DMEM/F12 supplemented with 2% FBS and
10 ng/mL bFGF, 10 ng/mL VEGF and 10 ng/mL TGF-β1. On day 7, cells were fixed, permeabilized,
and stained against intranuclear transcription factor Gata-4 (Alexa Fluor 488, green) and troponin T-C
(Alexa Fluor 546, red), whereas nuclei were co-stained with DAPI (blue). In the case of endothelial
differentiation, cells were cultured in EGM-2MV. On day 7, cells were fixed, permeabilized, and stained
against intranuclear transcription factor Gata-2 (Alexa Fluor 488, green) and VE-cadherin (Alexa Fluor
546, red), whereas nuclei were co-stained with DAPI (blue). Cells were analysed with Leica DMI6000B
ver. AF7000 fluorescent microscope. Scale bars: 100 μm.

To assess the potential angiogenic differentiation capacity of DPSCs, in comparison with UC-MSCs,
we launched a long-term culture of these cells in proangiogenic medium containing VEGF (EGM-2MV).
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The angiogenic potential was examined both at the mRNA and protein levels. The highest expression
of angiogenesis-related genes (Gata-2, Tie2, VE-cadherin) was observed in UC-MSCs on day 7 of
differentiation, whereas the DPSCs were unresponsive to proangiogenic stimulation (expression of the
proangiogenic genes was at the same level as in unstimulated DPSCs; Figure 5b, Table S5). Interestingly,
the enhanced expression of these genes was also observed in UC-MSCs on the 14th and 21st days
of proangiogenic stimulation. However, in the immunocytochemical staining, we did not observe
any prominent expression of proangiogenic transcription factor Gata-2 or cell membrane protein
VE-cadherin supporting angiogenesis (Figure 6).

Collectively, we observed the following features of DPSCs as cells that (i) exhibit higher osteogenic
differentiation capacity, (ii) demonstrate comparable chondrogenic and adipogenic differentiation
potential, and (iii) possess limited ability for cardiac or endothelial phenotype, in comparison with
other “classic” MSCs (UC-MSCs).

2.3. 3D Encapsulated DPSCs Exhibit Higher Differentiation Capacity into Osteoblasts in Vitro

As shown previously, the DPSCs exhibit a higher osteogenic potential compared to the UC-MSCs.
Based on the fact that osteogenic differentiation leading to bone formation is a process that takes place
in the regular in vivo 3D niche of developing organism [45], we encapsulated the DPSCs in a hydrogel
matrix to mimic such 3D niche in vitro and further analysed their morphology, proliferation, metabolic
activity, and osteogenic potential in both normoxic or hypoxic culture environment.

Young’s moduli of hydrogel matrix measured using AFM were normally distributed (assessed by
the Shapiro–Wilk test) with a mean value of E = 3.69± 1.49 kPa (Figure 7a). Elasticity maps demonstrate
a heterogeneous distribution of elastic modulus (Figure 7b,c), thus providing more realistic conditions
for cell growth. The resulting Young’s modulus was in the range of physiological tissue elasticity
(~1–100 kPa, [34]) demonstrating rather highly deformable substrate properties. For proliferating cells
encapsulated inside hydrogels, such gel does not constitute a barrier. Cells may be able to generate
protrusive forces during cellular divisions and can be released into the surrounding environment [46].

We further observed that the DPSCs encapsulated in the 3D hydrogel exhibited a round shape 24 h
post mixing, whereas certain flattened cells exhibiting a spindle-shaped morphology were observed
after 48 h, indicating a phenotypical change. In contrast, DPSCs seeded on cell culture plates (2D)
exclusively exhibited spindle-shaped morphology at both time points as expected in standard 2D
conditions (Figure 7d,e). On the first day of 2D and 3D cultures, the relative proliferation of DPSCs in
an environment containing 2% or approximately 18% of O2 was the same (Figure 7f). Between days
2 and 7 after culture initiation, we observed a greater relative proliferation of DPSCs in 2D culture
compared to that in the 3D culture. However, we did not observe any influence of O2 concentration on
the proliferation ratio of DPSCs in both 2D and 3D culture conditions at fixed-time intervals (Figure 7f).
The increased proliferation of DPSCs in 2D culture was correlated with the higher metabolic activity of
these cells (Figure 7g). DPSCs in 3D culture exhibited lower metabolic activity along with their lower
proliferation. We also did not observe any significant impact of O2 concentration on the levels of ATP
production in DPSCs in 2D and 3D cell culture (Figure 7g).
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Figure 7. Mechanical properties of the hydrogel matrix and their impact on morphology, proliferation,
and metabolic activity of DPSCs. (a) Young’s modulus distributions of hydrogel matrix by AFM.
(b) Exemplary force curve recorded on the hydrogel. (c) Exemplary elasticity map of peptide hydrogel.
(d) Morphology of DPSCs encapsulated in hydrogel (3D) or seeded on the surfaces coated with gelatin
(2D) at 24 and 48 h post-seeding. DPSCs were cultured in DMEM/F12 supplemented with 10% FBS
and cultured under standard culture conditions (5% CO2, normoxia). (e) Morphology of DPSCs
encapsulated in hydrogel (3D culture) on day 4 post-seeding. Cells were stained with fluorescein
diacetate and analysed with Leica DMI6000B ver. AF7000 fluorescent microscope to visualize their
morphology. (f) The proliferation of DPSCs in 2D and 3D cultures in the environment containing about
18% or 2% O2 analysed every 24 h until day 7. The analyses were conducted using the Cell Counting
Kit-8. (g) Metabolic activity of DPSCs in 3D and 2D culture in the environment containing about 18% or
2% O2 measured every 24 h until day 7. The analyses were conducted using the ATP Lite Luminescence
assay kit. The results from proliferation and metabolic activity are presented as mean ± SEM, n = 3
(every sample prepared for each DPSCs line from each donor was analysed in triplicate).

In the next step, we conducted in vitro osteogenic differentiation of DPSCs in 2D or 3D culture in
the presence of 2% or approximately 18% of O2. After seven days of stimulation, the concentration of
mRNA for Runx2 was elevated by three times in DPSCs cultured in both 2D and 3D conditions in the
presence of hypoxia (2% O2) in comparison with undifferentiated cells. The elevated expression of
Runx2 in 3D culture in an environment containing 2% O2 was sustained up to 14 days after stimulation.
Importantly, under such culture conditions, we observed the highest fold change in the expression of
mRNA corresponding to Runx2 as well as Col1A, at every analysed experimental time point (Figure 8a).
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Hypoxic microenvironment (2% O2) also stimulated the expression of a gene encoding osteopontin on
day 7 in DPSCs in 2D culture (Figure S2). Recent evidence indicates that osteopontin regulates matrix
remodelling and tissue calcification and may also be implicated in the pathophysiological process such
as osteoporosis [47]. After seven days of differentiation, despite the increased expression of Runx2, we
did not observe prominent calcium phosphate deposits in cells cultured in an environment containing
2% O2. The most explicit deposits of calcium phosphate were observed after 21 days of differentiation:
in case of 3D culture, we observed large rounded deposits of calcium phosphate especially in the
presence of 2% O2, whereas in case of 2D culture, these deposits were more prominent in the presence
of approximately 18% O2 (Figure 8b).

Figure 8. Osteogenic differentiation of DPSCs encapsulated in hydrogel (3D) or seeded on the surface
coated with gelatin (2D) cultured in hypoxic (2% O2) or normoxic (about 18% O2) environment. (a)
Quantitative analysis of mRNA expression for osteogenesis associated genes (Col1A, Runx2) in DPSCs
on days 7, 14, and 21 of differentiation. Fold change in the expression of analysed genes in control cells
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before differentiation was calculated as 1.0 and marked by a solid line. Results are presented as mean ±
SEM, n = 3 (every sample was analysed in duplicate). p < 0.05 (t-test). (b) Representative images of
DPSCs differentiated into osteoblasts on days 7, 14, and 21 days of differentiation. Panel “Background”
contains the representative images of 2D and 3D surfaces (standards plastic dish and hydrogel without
cells, respectively) stained with Alizarin Red S solution to visualize background staining (on day 7
post surface preparation). Panels “Day 7”, “Day 14”, “Day 21” demonstrate representative images of
DPSCs cultured in StemPro osteogenesis differentiation kit. On days 7, 14 and 21, DPSCs were fixed
with paraformaldehyde and stained with Alizarin Red S (red staining of deposits of calcium phosphate
is a characteristic for osteogenic differentiation).

Taken together, the results indicate that 3D cell encapsulation as well as the low concentration of
O2 resembling conditions in the stem cell niches may favour osteogenic differentiation of DPSCs in an
in vitro environment.

3. Discussion

Recent evidence indicates that dental pulp harbours a population of stem cells, such as DPSCs [43].
Nowadays, specific markers that may allow to uniquely define the immunophenotype of DPSCs are
still unknown [48]. However, these cells express antigens that are characteristic of “classic” MSCs
derived from mesodermal tissues. Such cells do not express hematopoietic markers [49]. Importantly,
DPSCs were also shown to exhibit the expression of stemness-associated markers, such as Oct-4, Nanog
and Sox-2 [50] along with vimentin, as well as neural-specific markers such as nestin, N-tubulin and
neurogenin-2 [51]. Due to the previously described unique features of such cells, one of the aims of
this study was to analyse differentiation potential and other essential functional and morphological
features of DPSCs in comparison with UC-MSCs. UC-MSCs may be used for allogenic or autologous
applications. Moreover, accumulating evidence indicates that the transcriptomic profile of UC-MSCs
indicating the expression of stemness- and bone development-related genes is similar to BM-MSCs.
There is a possibility of elimination of restrictions that are characteristic for autologous BM-MSC. This
might result in the replacement of these cells that are considered as gold standard for MSC research and
clinical applications [16,17,52]. In the second phase of the current study, we focused on the osteogenic
differentiation of DPSCs in 3D cultures in the hypoxic microenvironment resembling the stem cell niche.

We isolated DPSCs from dental pulp extracted from permanent healthy teeth of donors, whereas
UC-MSCs were isolated from Wharton’s Jelly of UC. Isolated DPSCs represent an adherent fraction of
dental pulp tissue and are spindle-shaped, fibroblast-like cells similar in morphology to UC-MSCs. By
employing flow cytometry platform, we established the antigenic profiles of DPSCs containing the
expression of CD45−/CD14−/CD34−/CD29+/CD44+/CD73+/CD90+/CD105+/Stro-1+/HLA-DR−. The
immunophenotype of DPSCs is similar to the antigenic profile of UC-MSCs. Subsequently, by
employing quantitative RT-PCR and histochemical staining, we confirmed that DPSCs, as well as
UC-MSCs exhibit the capacity for tri-lineage mesenchymal differentiation. Collectively, DPSCs, as
well as UC-MSCs, fulfil the classification criteria of MSCs published by ISCT [3]. It is important to
emphasize that some investigators have pointed out that the exact status of DPSCs as MSCs is still not
fully defined and requires further investigation [48]. Based on the fact that the typical characteristics
and immunophenotype of DPSCs fulfil MSC classification criteria, DPSCs may be considered as a
population of MSC with certain unique properties resulting from their developmental origin.

Due to the ectomesenchymal origin [53], the DPSCs may be effectively differentiated into
functionally active neurons [51,54] demonstrating an attractive prospect for the treatment of injuries of
the nervous system. However, the comparisons between the differentiation potential of DPSCs and
other “classic” MSCs toward mature cell types other than neural cells have never been performed.
Thus, in the current study, we compared the differentiation capacity of DPSCs with UC-MSCs isolated
from human neonatal tissue, focusing on osteogenic, chondrogenic, adipogenic, cardiomyogenic, and
angiogenic differentiation in vitro. In the case of osteogenic differentiation, the expression levels of
mRNA for Runx2 and osteocalcin were comparable between the DPSCs and UC-MSCs, whereas the
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expression of osteopontin was elevated in the UC-MSCs notably on the latter days following stimulation
(14d). Other studies have shown that osteopontin may be expressed in many organs, with or without
matrix, suggesting that this molecule may act as a structural molecule or humoral factor or cytokine and
may not be a specific marker of osteogenesis [45], which may explain the elevated expression observed
in UC-MSCs. Despite the comparable expression level of osteogenesis associated genes between
DPSCs and UC-MSCs, histochemical staining demonstrated larger deposits of calcium phosphate
following DPSC osteogenic stimulation in comparison with those in the stimulated UC-MSCs, which
may indicate higher osteogenic capacity of DPSCs. Deposition of calcium phosphate, a bone mineral,
is a characteristic for osteoblasts [55]. Since some investigators indicate a poor correlation between
mRNA and protein expression levels, it may be necessary to extend the studies examining mRNA and
protein expression in DPSCs in comparison with UC-MSCs to explain the observed higher deposition of
calcium phosphate in DPSCs following osteogenic stimulation despite the low expression of mRNA [56].
Osteogenic differentiation of DPSCs was also confirmed by other investigators [57]. A higher alkaline
phosphatase activity has been detected in human DPSCs cultured in osteogenic differentiation medium
than that in BM-MSCs [11].

Interestingly, we also confirmed the chondrogenic potential of DPSCs and UC-MSCs. We observed
higher expression of Sox9, Acan, and Col10A1 mRNA in UC-MSCs, whereas the expression of Col2A1
was comparable between both groups of SCs. Histochemical staining of DPSCs and UC-MSCs indicated
the extracellular secretion of sulphated proteoglycans by both types of cells. Kinetics of differentiation
was also similar between the analysed populations of SCs. Recent evidence indicates that Col10A1 is a
marker of hypertrophic chondrocytes, which may be implicated in bone growth. In contrast, it has
also been observed in skeletal dysplasia and osteoarthritis disorders [44]. Thus, further investigation
may be necessary to confirm the proper chondrogenic differentiation of UC-MSCs as well as DPSCs.
Some investigators, however, have confirmed the higher chondrogenic potential of BM-MSCs in
comparison to DPSCs [11]. Moreover, we observed a higher level of adipogenesis in UC-MSCs than
that in DPSCs following stimulation, as measured by adipogenic gene expression at mRNA level. Both
MSC populations secrete oil droplets, a characteristic of the ongoing adipogenic differentiation [58]. A
lower adipogenic potential of DPSCs in comparison with BM-MSCs has also been demonstrated by
Guo et al. [11].

In the next step, we analysed differentiation potential of DPSCs toward cells with cardiac and
endothelial phenotype. After cardiomyogenic stimulation, we observed higher expression of Gata-4,
Nkx2.5, and Myl2c mRNA in UC-MSCs than in DPSCs, which was confirmed by immunocytochemical
staining. In the case of endothelial cell formation, elevated expression of angiogenesis-related genes
(Gata-2, Tie2, VE-cadherin) was observed in UC-MSCs after seven days of stimulation with VEGF,
whereas DPSCs were typically unresponsive toward such proangiogenic stimulation. The results
suggested q limited switch towards cardiac and endothelial phenotype in UC-MSCs, while the
signs of differentiation were hardly detected in DPSCs. However, other investigators have shown
that in the co-culture of DPSCs with neonatal rat cardiomyocytes, the expression of cardiac-specific
markers (including troponin I and β-myosin heavy chain) was increased in DPSCs shortly after
co-incubation, suggesting a possible transient phenotypical switch into cardiac lineage under certain
circumstances [59].

Since DPSCs may be effectively differentiated into osteoblasts, we also encapsulated these cells in
the hydrogel matrix to create a 3D culture niche mimicking tissue and organ-specific microarchitecture
to conduct osteogenic differentiation in vitro. Nevertheless, we observed a greater relative proliferation
of DPSCs in 2D culture in comparison with 3D culture. Moreover, contrary to our initial expectations,
we did not observe any influence of oxygen concentration on the proliferation ratio of DPSCs in both
2D and 3D culture at predetermined intervals. However, the increased proliferation of DPSCs in 2D
culture was correlated with higher metabolic activity, whereas DPSCs in 3D culture exhibited lower
metabolic activity correlating with lower proliferation and higher differentiation capacity in such
conditions. It has been demonstrated that 3D culture allows the cells to maintain a better cell-to-cell
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contact and intercellular signalling network [60]. In the case of a hypoxic environment, we set up
oxygen concentration equal to 2%, which was in the range of O2 concentration measured by other
investigators in murine BM (1.54–2.0%) [61]. For a normoxic culture environment, Wegner et al.
showed that the O2 concentration should be approximately 18% [62]. Hence, we assumed that the
O2 concentration in the normoxic environment was approximately 18%. The typical mammalian cell
culture conditions inside an incubator also include the temperature of 37 ◦C, 95% relative humidity
and CO2 concentration of approximately 5%.

Kwon et al. has shown increased proliferation rate and percentage of DPSCs in S-phase under
5% hypoxic culture environment from day 5 of the culture accompanied with enhanced osteogenic
differentiation capacity of these cells in comparison with the normoxic environment [63], whereas Iida
et al. observed the inhibition of the osteo/odontogenic differentiation capacity of such cells, despite
the enhanced proliferation rate of DPSCs under hypoxic environment [64]. Results related to the
proliferation of DPSCs cultured under hypoxia have been controversial, which may be attributed to the
lack of standardization of cell culture protocols [65]. In this study, we cultured DPSCs in the presence
of 2% O2, whereas other investigators cultured cells in the presence of 5% or 3% O2 [63,64].

A decrease in cell proliferation might often be accompanied by the induction of cell
differentiation [66] and 3D culture may facilitate the developmental processes allowing the cells
to differentiate into more complex structures [67]. Thus, we analysed the osteogenic differentiation of
DPSCs in 3D cultures under hypoxic or normoxic conditions.

We also analysed the osteogenic differentiation of DPSCs in 3D culture under hypoxic and
normoxic conditions. The expression of mRNA corresponding to Runx2–osteogenesis regulating
transcription factor-was elevated by approximately thrice the initial amount in DPSCs in 2D and
3D culture in the presence of 2% O2, compared to that in the undifferentiated cells. The elevated
expression of Runx2 in a 3D culture in an environment containing 2% O2 persisted up to day 14,
suggesting long-term osteogenic induction. We observed the highest increase in the expression of early
and late osteogenic markers such as Runx2 and Col1A, respectively, at every interval in 3D culture in
microenvironment under hypoxia than that in the 3D culture in a normoxic microenvironment. In the
case of 3D culture, we also observed large rounded deposits of calcium phosphate, primarily in the
presence of hypoxia.

Taken together, our results indicate that 3D cell encapsulation as well as low concentrations of
oxygen may favour the osteogenic differentiation of DPSCs in vitro. The culture of human MSCs under
hypoxic conditions enhances the differentiation into osteocytes. These cells produce more osteomatrix
and the expression of osteogenesis-related genes (e.g., Runx2, ALP) is up-regulated [68,69]. Burakova
et al. suggested that the effect of hypoxia on MSCs may be driven by specific factors explaining
the opposite influence of low oxygen concentration observed by many investigators [70]. Recent
evidence indicates that the 3D scaffold may have a major impact on the proliferation and activation of
MSCs, whereas the 3D architecture supports the osteogenic differentiation of MSCs and enhances the
production of mineralized bone matrix [71]. Increased expression of Runx2 and Col1A1 characterizing
osteogenic differentiation of DPSCs in 3D culture under hypoxic environment observed in our study is
consistent with recent evidence demonstrated by other investigators, confirming that the differentiation
of MSCs encapsulated in alginate beads significantly increases the osteogenic differentiation of these
cells in vitro [35]. Moreover, in the novel bone development or bone regeneration, vasculature
delivers nutrients, growth factors, minerals, and oxygen. The scaffolds for bone regeneration should
allow endothelial cell migration and the growth of new vessels, which may induce VEGF expression
promoting the migration and proliferation of endothelial cells and positively influence the bone
regeneration process [72]. After the co-culture of DPSCs and endothelial cell line EA.hy926 on
chitlac-coated thermosets, an increased proliferation with enhanced DPSC osteogenic differentiation
and EA.hy926 vessel formation was observed [73], confirming positive feedback of both cell fractions.

In our experiments, we used primary human DPSCs isolated from dental pulp derived from
the teeth of three donors, whereas UC-MSCs were isolated from two umbilical cords. Moreover, for
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qRT-PCR analysis, every sample (prepared for each DPSCs line from each donor) was run in duplicate,
whereas for the proliferation and metabolic activity assessment, every sample was run in triplicate.
In some cases, we observed a high error of the mean (SEM), which may be the result of biological
variability related to primary human tissues obtained from various donors. Data published by other
investigators indicate that the DPSCs isolated from the patients at different ages exhibit different
doubling time, expression of CD29 antigen, and percentage of apoptotic cells during propagation
along with differentiation potential [74], which may have an additional impact on the variability of the
cell response. Moreover, the DPSCs isolated from different teeth may possess varied differentiation
capacity or immunomodulatory potential [75]. The high variation of the response and data presented
in our study is not unusual during the analyses of SCs, including DPSCs. Other investigators have
also demonstrated highly variable data from analysis of different populations of SCs, including DPSCs
(results with high SEM values) [76]. Therefore, further investigations are required to find a correlation
between the type of dental pulp derived from different teeth, the age of the donor, and the biological
potential of DPSCs. Proper protocols might be developed for the preparation of optimal DPSC fraction
as a product for advanced therapy with high pro-regenerative potential.

To summarize, we observed that human DPSCs possess a higher potential for osteogenic
differentiation and similar chondrogenic and adipogenic differentiation potential compared to the
“classic” MSCs such as UC-MSCs but a limited ability for the cardiac or endothelial phenotype in vitro.
Moreover, the hypoxic environment especially in 3D culture conditions may enhance the osteogenic
capacity of DPSCs in vitro. DPSCs encapsulated in injectable hydrogel might be a candidate for
innovative advanced therapy for the treatment of bone (including alveolar bone) loss.

4. Materials and Methods

4.1. Isolation of Human DPSCs

The DPSCs were isolated from the dental pulp of human permanent healthy teeth, which were
extracted based on the orthodontic indications in the Department of Oral Surgery, Faculty of Medicine,
Jagiellonian University Medical College in Krakow and then donated for scientific research following
approval by the Bioethics Committee at the Jagiellonian University in Krakow (approval number:
1072.6120.41.2017).

In the first step of isolation of DPSCs, the pulp chamber was exposed using the pulp drill (size: D
Ø: 0.25 mm and 0.30 mm) to extract the dental pulp. Subsequently, the pulp chamber was gently rinsed
with phosphate-buffered saline (PBS; GE Healthcare Life Sciences HyClone Laboratories, Malborough,
MA, USA) containing 100 IU/mL penicillin and 100μg/mL streptomycin solutions (Gibco, ThermoFisher
Scientific, Waltham, MA, USA) to wash out the remaining pulp tissue. Following the mechanical
disruption, the isolated pulp tissue was subjected to further enzymatic digestion using a mixture of
collagenase I (3 mg/mL, Sigma-Aldrich, St. Louis, MO, USA) and dispase (4 mg/mL, Sigma-Aldrich) for
30 min at 37 ◦C. The enzymes were inactivated by adding a complete cell culture medium (DMEM/F12
supplemented with 10% FBS, Sigma-Aldrich; and 100 IU/mL penicillin, 100 μg/mL streptomycin, Gibco,
ThermoFisher Scientific). Released cells as well as the larger pieces of dental pulp were washed and
seeded on 24-well culture plates favouring primary cell adhesion (Corning Primaria Culture Plate;
Falcon Coring, Tewksbury, MA, USA) and were further cultured under standard conditions (37 ◦C, 5%
CO2, 95% humidity). Fresh culture medium was added after 24 h post-seeding. The tissue pieces were
removed after 10 days and the adherent cells were washed with PBS and cultured in the complete cell
culture medium. The scheme of isolation of DPSCs is presented in Figure 1a. DPSCs were passaged
with 0.25% trypsin/EDTA (Gibco, ThermoFisher Scientific) when the confluence of cells reached close
to 80–90%. The cells were isolated from three separate teeth derived from three individual donors
and were further cultivated individually as separate isolates of DPSCs. DPSCs collected from a single
human donor were used in every experiment. Thus, three independent DPSC lines derived from three
teeth that were harvested from three individual human donors were used to replicate the experiments.
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4.2. Isolation of Human UC-MSCs

The UC-MSCs were isolated from human umbilical cords obtained from The Polish Stem Cell
Bank, with permissions from the Polish Ministry of Health (MZ-PZ-TSZ-025-15906-36/AB/14). The
umbilical cord was washed with PBS to remove the remaining blood. Subsequently, the vein and
arteries were dissected, the Wharton’s jelly tissue was cut into 1–2 mm pieces and placed on tissue
culture dishes (Falcon) containing complete cell culture medium (DMEM/F12 supplemented with
10% FBS, Sigma-Aldrich,; and 100 IU/mL penicillin, 100 μg/mL streptomycin, Gibco, ThermoFisher
Scientific). The tissue pieces were removed after 5 days, the adherent cells were washed with PBS and
cultured in the complete cell culture medium. The scheme of isolation of UC-MSCs is presented in
Figure 1b. The cells were cultured under standard cell culture conditions. UC-MSCs were passaged
with 0.25% trypsin/EDTA (Gibco, ThermoFisher Scientific) when the confluence of cells reached close to
80–90%. The cells isolated from the Wharton’s Jelly tissue from the UC of every donor were cultivated
separately. In the three replicated experiments, two independent UC-MSC lines derived from the two
Wharton’s jelly tissues obtained from UCs collected from two separate human donors were used.

4.3. Cell Counting and Viability Assessment

To assess the number of cells and examine their viability, the cell suspension was mixed with 0.2%
Trypan Blue Stain (ThermoFisher Scientific), placed in cell counting slides, and analysed by Countess
Automated Cell Counter (ThermoFisher Scientific).

4.4. Antigenic Phenotyping by Flow Cytometry

To compare the phenotype of DPSCs and UC-MSCs, the cells of both fractions were resuspended
in standard staining medium (DMEM/F12 supplemented with 2% FBS; both from Sigma-Aldrich,
and were further immunolabelled with the following monoclonal antibodies against human antigens:
anti-CD45 (FITC, clone: HI30, Biolegend, San Diego, CA, USA), anti-CD14 (FITC, clone: MϕP9, BD
Biosciences, Franklin Lakes, NJ, USA), anti-CD34 (FITC, clone: 581, BD Biosciences, Franklin Lakes
NJ, USA), anti-CD29 (PE/Cy5, clone: TS2/16, Biolegend), anti-CD44 (PE, clone: BJ18, Biolegend),
anti-CD73 (PE, clone: AD2, Biolegend), anti-CD90 (PE, clone: 5E10, Biolegend), anti-CD105 (PE, clone:
43A3, Biolegend), anti-Stro-1 (Alx647, clone: STRO-1, Biolegend,) and anti-HLA-DR (PE, clone: L243,
Biolegend). For each analysed antigen, appropriate isotype control was used as following: mouse
IgG1 (FITC, clone: MOPC-21, BD Biosciences, mouse IgG2 (Alx488, clone: 133303, R&D Systems,
Minneapolis, MN, USA), mouse IgG1 (PE/Cy5, clone: MOPC-21, BD Biosciences,), mouse IgG1 (PE,
clone: MOPC-21, BD Biosciences,), mouse IgG2 (PE, clone: IS6-11E5.11, Miltenyi Biotec, Bergisch
Gladbach, Germany) and mouse IgG1 (APC, clone: IS5-21F5, Miltenyi BiotecStaining was performed
for 30 min at 4 ◦C according to the manufacturer’s protocols. Cells were further washed and analysed
using LSR Fortessa flow cytometer and FACS Diva software (Becton Dickinson, Franklin Lakes,
NJ, USA).

4.5. Differentiation of DPSCs and UC-MSCs

4.5.1. Osteogenic, Chondrogenic, and Adipogenic Differentiation

Plates with 12-wells were coated with 0.1% gelatin (Sigma-Aldrich). In the case of osteogenic and
adipogenic differentiation, 2.0 × 104 cells were seeded per well in the complete cell culture medium
(DMEM/F12 supplemented with 10% FBS, Sigma-Aldrich; and 100 IU/mL penicillin, 100 μg/mL
streptomycin, Gibco, ThermoFisher Scientificto reach 60% confluence. Subsequently, the medium
was replaced with complete StemPro Osteogenesis Differentiation Kit or StemPro Adipogenesis
Differentiation Kit (Gibco, ThermoFisher Scientific), stimulating osteogenic or adipogenic differentiation,
respectively. The cultures were refed every 3–4 days. In the case of chondrogenic differentiation, micro
mass cultures were generated by seeding 5 μL droplets of cell solution (1.6 × 107 viable cells/mL) and
were incubated for 2 h under high humidity conditions. Next, the micro masses were flooded with
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the complete cell culture medium. After 24 h, the medium was changed to StemPro chondrogenesis
differentiation medium (Gibco, ThermoFisher Scientific). The cultures were re-fed every 2–3 days.

Cells were examined for osteogenic, chondrogenic, and adipogenic differentiation on days 7, 14
and 21 of culture, following histochemical staining performed for identifying the cell phenotype.

4.5.2. Cardiomyogenic Differentiation

12-well plates were coated with 50 μg/mL collagen type I (Sigma-Aldrich), and 2.0 × 104 cells
were seeded per well in complete cell culture medium (DMEM/F12 supplemented with 10% FBS,
Sigma-Aldrich; and 100 IU/mL penicillin, 100 μg/mL streptomycin, Gibco, ThermoFisher Scientific)
for 24 h. The following day, the culture medium was changed with a cardiomyogenesis-stimulating
medium containing DMEM/F12 supplemented with 2% FBS (both from Sigma-Aldrich) and 10 ng/mL
bFGF, 10 ng/mL VEGF and 10 ng/mL TGF-β1 (all growth factors were from Peprotech, London, UK).
The growth factors were supplemented daily and the whole medium was replaced every two days.
Cells were examined for cardiac differentiation on days 7, 14 and 21 of culture, following the staining
for cardiac-specific markers.

4.5.3. Endothelial Differentiation

Twelve-well plates were coated with a solution containing 50 μg/mL fibronectin (BD Bioscience)
and 0.1% gelatin (Sigma-Aldrich). Cells were seeded with the density of 2.0 × 104 cells per well in
the complete cell culture medium (DMEM/F12 supplemented with 10% FBS, Sigma-Aldrich; and
100 IU/mL penicillin, 100 μg/mL streptomycin, Gibco, ThermoFisher Scientific) for 24 h. The following
day, the culture medium was changed with EGM-2MV Endothelial Cell Growth Medium (Lonza,
Basel, Switzerland). EGM-2MV was replaced every two days. Cells were examined for endothelial
differentiation on days 7, 14 and 21 days of culture, following staining for endothelial markers.

The expression of selected osteogenic, chondrogenic, adipogenic, cardiomyogenic and
angiogenic-specific markers was evaluated by measuring the levels of corresponding mRNAs as well
as by histochemical or immunocytochemical staining.

4.6. Gene Expression Analysis by Real-Time RT-PCR

Total RNA was isolated using the GeneMATRIX Universal RNA Purification Kit (Eurx, Gdansk,
Poland) according to the manufacturer’s protocol for RNA isolation from cell cultures. Briefly, to lyse
the cells, lysis buffer (Eurx) with 1% Bond-Breaker reagent (ThermoFisher Scientificwas used. RNAs
were treated with Turbo DNase (Ambion, ThermoFisher Scientificto remove DNA contamination. RNA
concentration was determined by Nano Photometer® device (Implen, Munich, Germany). Purified
RNAs were stored at −80 ◦C.

cDNA synthesis was performed using NG dART RT kit (EURx, Gdansk, Poland) according to the
manufacturer’s protocol with the following conditions: one cycle at 25 ◦C for 10 min, one cycle at 50 ◦C
for 40 min, and one cycle at 85 ◦C for 5 min by employing C1000 Touch™ Thermal Cycler (Bio-Rad,
Hercules, CA, USA). The samples of cDNAs were stored at −20 ◦C for further analysis. Expression of
selected human genes associated with osteogenic (Osteocalcin, Osteopontin, Runx2), chondrogenic
(Acan, Col10A1, Col1A1, Sox9), adipogenic (CEBPα, PPARγ), cardiomyogenic (Gata-4, Myl2c, Nkx2.5) or
endothelial (Gata-2, Tie-2, VE-cadherin) differentiation were examined by real-time PCR using an ABI
PRISM 7000 sequence detection system (Applied Biosystems, ThermoFisher Scientific, Waltham MA,
USA). β2-microglobulin was used as a control housekeeping gene.

Real-time PCR was performed using SYBR Green qPCR Master Mix (EURx), cDNA template
(10 ng), forward primer (1 μM) and reverse primer (1 μM; both from Genomed, Warsaw, Poland). The
sequences of primers used are included in Table 1. Reactions were performed under the following
conditions: one cycle at 50 ◦C for 2 min, one cycle at 95 ◦C for 10 min, followed by 40 cycles at 94 ◦C
for 15 s, 60 ◦C for 30 s and 72 ◦C for 30 s. Relative quantification of genes expression was calculated
using the comparative ddCt method.
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Table 1. List of primers employed in real-time RT-PCR.

Gene Sequences

β2-microglobulin (F) 5′ AATGCGGCATCTTCAAACCT 3′
(R) 5′ TGACTTTGTCACAGCCCAAGATA 3′

ACAN
(F) 5′ AGGCAGCGTGATCCTTACC 3′

(R) 5′ GGCCTCTCCAGTCTCATTCTC 3′

Sox-9
(F) 5′ TGGGCAAGCTCTGGAGACTTC 3′
(R) 5′ ATCCGGGTGGTCCTTCTTGTG 3′

Col10A1-F
(F) 5′ GCAACTAAGGGCCTCAATGG 3′
(R) 5′ CTCAGGCATGACTGCTTGAC 3′

Col2A1
(F) 5′ CGTCCAGATGACCTTCCTACG 3′

(R) 5′ TGAGCAGGGCCTTCTTGAG 3′

Osteocalcin
(F) 5′ CGCTGGTCTCTTCACTAC 3′

(R) 5′ CTCACACTCCTCGCCCTATT 3′

Osteopontin (F) 5′ ACTCGAACGACTCTGATGATGT 3′
(R) 5′ GTCAGGTCTGCGAAACTTCTTA 3′

Runx2
(F) 5′ GGAGTGGACGAGGCAAGAGTTT 3′
(R) 5′ AGCTTCTGTCTGTGCCTTCTGG 3′

PPARγ (F) 5′ AGGCGAGGGCGATCTTGACAG 3′
(R) 5′ GATGCGGATGGCCACCTCTTT 3′

CEBPα
(F) 5′ AGGTTTCCTGCCTCCTTCC 3′

(R) 5′ CCCAAGTCCCTATGTTTCCA 3′

GATA-4
(F) 5′ AACGACGGCAACAACGATAAT 3′

(R) 5′ GTTTTTTCCCCTTTGATTTTTGATC 3′

Nkx2.5
(F) 5′ TGCTGCTCACAGGGCCCGATACTTC 3′

(R) 5′ TCCTTTCGAGCTCAGTGCACCACAAAAC 3′

hMyl2A-F (F) 5′ GGGCCCCATCAACTTCACCGTCTTCC 3′
(R) 5′ TGTAGTCGATGTTCCCCGCCAGGTCC 3′

Tie-2
(F) 5′ TCCCGAGGTCAAGAGGTGTA 3′
(R) 5′ AGGGTGTGCCTCCTAAGCTA 3′

GATA-2
(F) 5′ GCTCGTTCCTGTTCAGAAGG 3′
(R) 5′ GCCATAAGGTGGTGGTTGTC 3′

VE-cadherin
(F) 5′ TTTTCCAGCAGCCTTTCTACCA 3′

(R) 5′ GCGGATGGAGTATCCAATGCTA 3′

4.7. Histochemical Staining

On days 7, 14 and 21 of osteogenic, chondrogenic and adipogenic differentiation, the cells were
washed with PBS and fixed with 4% paraformaldehyde (POCH, Avantor Performance Materials Poland
S.A., Gliwice, Poland) for 30 min at RT.

To evaluate calcium phosphate deposition in the cells differentiated into osteoblasts, the cells were
rinsed twice with distilled water following fixation and stained with 2% Alizarin Red S solution with
pH 4.2 (Sigma-Aldrich) for 3 min.

To visualize sulphated proteoglycans that are characteristic for chondrogenic differentiation, fixed
cells were rinsed with PBS and stained with 1% Alcian Blue solution (Sigma-Aldrichprepared in 0.1 N
HCl (POCH, Avantor Performance Materials Poland S.A) for 30 min. The wells were rinsed thrice with
0.1 N HCl (POCH) and then distilled water was added to neutralize the acidity.

To visualize the presence of oil droplets during adipogenic differentiation, the cells were rinsed
with distilled water and incubated with 60% isopropanol (POCH, Avantor Performance Materials
Poland S.A) for 5 min. After the removal of isopropanol, the cells were stained with 1% Oil Red O
solution (Sigma-Aldrich) for 5 min.

After histochemical staining, the cells were rinsed with distilled water and visualized using an
Olympus IX81 microscope equipped with MicroPublisher 3.3 RTV camera (Olympus, Tokyo, Japan).

130



Int. J. Mol. Sci. 2020, 21, 6172

4.8. Immunocytochemistry

Immunocytochemistry staining was performed to evaluate (i) Gata-4 and troponin T-C expression
in DPSCs and UC-MSCs differentiated into cardiomyocytes as well as (ii) Gata-2 and VE-cadherin
expression in angiogenic differentiation. For this purpose, on days 7, 14 and 21 of the differentiation
culture, the medium was removed, cells were washed with PBS (GE Healthcare Life Sciences
HyClone Laboratories, Malborough, MA, USA), and fixed with 4% paraformaldehyde (POCH,
Avantor Performance Materials Poland S.A.) for 20 min at RT. Cells were subsequently washed thrice
with PBS, permeabilized with 0.1% Triton X-100 solution (Sigma-Aldrich) for 8 min at RT, and washed
again thrice with PBS. Subsequently, cells were stained against: (i) cardiac-specific proteins–with
primary anti-Gata-4 antibody (mouse monoclonal IgG2a, 1:50; Santa Cruz Biotechnology, Dallas,
TX, USA) and anti-troponin T-C antibody (goat polyclonal IgG, 1:20; Santa Cruz Biotechnology)
(ii) endothelial-specific proteins–with primary anti-Gata-2 (rabbit polyclonal IgG, 1:50; Santa Cruz
Biotechnology) and anti-VE-cadherin (mouse monoclonal IgG1, 1:20; Santa Cruz Biotechnology) for 16
h at 4 ◦C. For (i) cardiac and (ii) endothelial markers detection, the following secondary antibodies were
subsequently added, respectively: (i) donkey anti-mouse IgG antibody conjugated with Alexa Fluor
488 (1:250; Jackson ImmunoResearch, Cambridgeshire, UK) and donkey anti-goat antibody conjugated
with Alexa Fluor 546 (1:250; ThermoFisher Scientific) (ii) goat anti-mouse IgG antibody conjugated with
Alexa Fluor 546 (1:250; ThermoFisher Scientific) and goat anti-rabbit IgG antibody conjugated with
Alexa Fluor 488 (1:250; ThermoFisher Scientific). The concentrations of the used primary and secondary
antibodies were selected based on the optimization experiments conducted previously. Moreover,
appropriate IgG controls were used to confirm the specificity of antibodies prior to the current study.
Staining with secondary antibodies was performed for 2 h in 37 ◦C protected from light. Cells were
further washed with PBS and nuclei were stained with DAPI (2 μM, ThermoFisher Scientific) for 15 min
in 37 ◦C protected from light. VECTASHIELD Mounting Medium (Vector Laboratories, Burlingame,
CA, USA) was used to mount coverslips. The preparations were analysed with Leica DMI6000B
ver. AF7000 fluorescent microscope (Leica Microsystems GmbH, Welzlar, Germany). The control
(undifferentiated) DPSCs and UC-MSCs were also stained with primary and secondary antibodies
according to the protocol described above, and the results are presented in Figure S1.

4.9. Mechanical Characterization of the Hydrogel Matrix

Mechanical properties of BD PuraMatrix Peptide Hydrogel (Corning, Tewskbury, MA, USA)
were investigated using atomic force microscopy (AFM, CellHesion head, JPK Instruments, Berlin,
Germany) in force mapping mode. To probe hydrogel samples, commercially-available silicon nitride
cantilevers (MLCT-C, Bruker, Billerica, MA, USA) with a nominal spring constant of 0.01 N/m were
applied. Force curves, i.e., dependencies between cantilever deflection and relative sample position,
were acquired over a grid of 8 × 8 pixels within a scan area of 50 × 50 μm. The maximum load force (F)
was 5 nN and load speed of 8 μm/s was maintained. Young’s modulus was determined using Hertz
contact mechanics as described previously [77]. Briefly, the following relation between the load force
(F) and resulting indentation (Δz) for the paraboloidal assumption of the probing tip was applied:

F =
4· √R·E

3·(1− v2)
·Δz

3
2 (1)

Theorem 1. Maximum load force (F). In this theorem, R is the radius of tip curvature, E is Young’s modulus
and v is the Poisson ratio of the material (here assumed to be 0.5 treating hydrogels as incompressible material).

JPK Data Processing software was used to apply this equation to the experimental data to obtain
the value of Young’s modulus for each force curves. The final Young’s modulus was obtained by
averaging all force curves and was expressed as a mean and standard deviation.
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4.10. 3D Encapsulation of DPSCs within the Hydrogel Matrix

BD PuraMatrix Peptide Hydrogel (Corning) with a concentration of 1% (w/v) after decreasing the
viscosity by vortexing was diluted with a cell culture-grade water (PAA,) to the concentration of 0.3%.
The cells re-suspended in a 20% sucrose solution (Sigma-Aldrich) were centrifuged at 320× g for 7 min
at RT to wash out residual salts from the culture medium (to prevent early hydrogel gelation). After
centrifugation, the cells were re-suspended in a 20% sucrose solution, and the cell number and viability
were assessed by Countess Automated Cell Counter as described in Section 4.3. To obtain a final
hydrogel concentration of 0.15%, 0.3% hydrogel was diluted with the same volume of cell suspension
in 20% sucrose solution (at 2× the final desired cell concentration). Thus, the final concentrations of
hydrogel and sucrose were equal to 0.15% and 10%, respectively. The whole volume was carefully
mixed and added to the centre of each well without introducing bubbles. The following volumes of the
mixtures were used: 50 μL/well in a 96-well plate, 250 μL/well in a 24-well plate, and 400 μL/well in a
12-well plate (Corning) and are presented in Table 2. The gelation of the BD PuraMatrix hydrogel was
initiated by the addition of the complete cell culture medium (DMEM/F12 supplemented with 10% FBS,
Sigma-Aldrich; and 100 IU/mL penicillin, 100 μg/mL streptomycin, Gibco, ThermoFisher Scientific)
and by gently running culture media down the side of the well on top of the hydrogel. Within 1 h post
3D cell encapsulation in hydrogel and following their gelation, 70% of the medium was changed twice
to stabilize pH. The DPSCs were cultured for two days under standard culture conditions.

Table 2. Preparing of 3D encapsulation of DPSCs within the hydrogel matrix.

3D Cell Encapsulation

Type of Cell Culture
Plate

Volume of Mixture:
0.15% Hydrogel + 10%

Sucrose (Per Well)

Number of
Encapsulated Cells

Volume of Added Cell
Culture Media (for

Gelation)

96-well 50 μL 2.0 × 103 100 μL
24-well 250 μL 5.0 × 104 500 μL
12-well 400 μL 1.0 × 105 800 μL

4.11. 3D and 2D Culture of DPSCs in Vitro

To establish a 2D culture of the DPSCs, cell culture plates (Corning) were coated with 0.1%
gelatin (Sigma-Aldrich). The cell suspension was prepared in 20% sucrose solution and seeded at
a concentration of 2 × 104/well in a 12-well plate in the complete cell culture medium (DMEM/F12
supplemented with 10% FBS, Sigma-Aldrich; and 100 IU/mL penicillin, 100 μg/mL streptomycin, Gibco,
ThermoFisher Scientific, Waltham, MA, USA). DPSCs were cultured for two days under standard
culture conditions. DPSCs encapsulated in the 3D hydrogel or seeded on 2D gelatin-coated cell culture
plates were further cultured at 37 ◦C in a humidified atmosphere containing 5% CO2 and the following
oxygen concentrations were used: (i) 2% of O2 (hypoxia) or (ii) about 18% of O2 (normoxia) for 7, 14
and 21 days.

4.12. Assessment of DPSC Proliferation and Metabolic Activity In Vitro

The proliferation and metabolic activity of DPSCs in 3D or 2D culture in the environment containing
2% (hypoxia) or about 18% of O2 (normoxia) were measured by MTS assay or by analysing ATP content,
respectively. The tests were performed every 24 h until seven days post cell encapsulation/seeding.

For MTS assay, DPSCs were encapsulated in the hydrogel or seeded onto gelatin-coated surfaces
of 96-well transparent plates (Corning, Tewskbury MA, USA) at a density of 103 cells/well for 2D
culture conditions and 2 × 103 cells/well for 3D culture conditions. The analysis was performed using
the Cell Counting Kit-8 (Sigma-Aldrich, St. Louis MO, USA). For this purpose, 50 μL of WST-8 reagent
was added into each well and incubated for 4 h. The absorbance was measured at 450 nm wavelength
using the Multiskan FC Microplate Photometer (ThermoFisher Scientific, Waltham MA, USA). For
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the measurement of ATP concentrations, DPSCs were encapsulated in the hydrogel or seeded onto
gelatin-coated surfaces of 96-well white plates (Perkin Elmer, Waltham, MA, USA). Subsequently, the
assay was conducted using the ATP Lite Luminescence assay kit according to the manufacturer’s
instructions (Perkin ElmerLuminescence was measured using the Infinite® M200PRO plate reader
(Tecan, Mannedorf, Zurich, Switzerland).

4.13. Osteogenic Differentiation of DPSCs in 3D or 2D in Vitro Culture

Osteogenic differentiation of DPSCs in 3D or 2D cultures was initiated 1–2 days after the
encapsulation of DPSCs in hydrogel (3D culture) or seeding of DPSCs into cell culture plates coated with
0.1% gelatin (2D culture). For this purpose, a StemPro Osteogenesis Differentiation Kit (ThermoFisher
Scientific) was used. The differentiation medium was changed every 3–4 days. On days 7, 14 and 21 of
osteogenic differentiation, DPSCs from 3D and 2D culture were recovered for the analysis of expression
of osteogenesis-associated genes by Real-Time RT-PCR. Moreover, the presence of calcium phosphate
deposits was confirmed by the staining of cells in the hydrogel or those seeded on the 2D surface by
Alizarin Red S solution as described in Section 4.7. For 3D culture, a larger number of washes (approx.
4–6) were performed to reduce the red background staining of the hydrogel.

4.14. Recovery of DPSCs from the Hydrogel Matrix

The DPSCs were isolated from the hydrogel according to the Puramatrix Peptide Hydrogel
manufacturer’s protocol titled “Cell recovery for sub-culturing or biochemical analyses” (Corning).
Briefly, the hydrogel with the culture medium was mechanically disrupted by pipetting. The suspension
was then transferred to a 15 mL centrifuge tube. The wells were washed with PBS (GE Healthcare
Life Sciences HyClone Laboratories) to collect the remaining hydrogel fragments, transferred into a
centrifuge tube, and centrifuged at 320× g for 7 min at RT. The hydrogel pellet was re-suspended in
PBS (GE Healthcare Life Sciences HyClone Laboratories) and centrifuged at 320× g for 7 min at RT.
Subsequently, the hydrogel pellet was re-suspended in 0.25% Trypsin/EDTA (Gibco; ThermoFisher
Scientific) following digestion for approx. 10 min at 37 ◦C. The trypsin was inactivated with complete
cell culture medium and the suspension was centrifuged at 320× g for 7 min at RT.

4.15. Statistical Analysis

Data are represented as mean ± SD or SEM as indicated. Statistical analyses were performed with
Student’s t-test. p < 0.05 was considered statistically significant.

5. Conclusions

In conclusion, DPSCs exhibit: (i) higher osteogenic differentiation capacity, (ii) comparable
chondrogenic and adipogenic differentiation potential and (iii) limited ability for the cardiac or
endothelial phenotype in comparison with the other “classic” MSCs (UC-MSCs). The current results
may help determine the future direction of the application of these cells in regenerative therapies.

Importantly, 3D cell encapsulation as well as the low concentration of O2 resembling conditions
in the stem cell niches may favour osteogenic differentiation of DPSCs in an in vitro environment.
The positive impact of hypoxia on the osteogenic potential of DPSCs was visible notably in 3D
culture conditions.

Thus, tissue engineering approaches combining DPSCs, 3D biomaterial scaffolds, and other
stimulating chemical factors may represent new innovative paths in the development of tissue repair.

Supplementary Materials: Supplementary Materials can be found at http://www.mdpi.com/1422-0067/21/17/
6172/s1. Figure S1. Immunocytochemical staining of DPSCs and UC-MSCs at 7 day of standard cell culture. Figure
S2. Expression of osteopontin during osteogenic differentiation of DPSCs encapsulated in hydrogel (3D) or seeded
on the surface coated with gelatin (2D) cultured in hypoxic (2% O2) or normoxic (18% O2) environment. Table S1.
Fold change in mRNA expression for osteogenesis related genes (osteocalcin, osteopontin, Runx2) in DPSCs and
UC-MSCs by Real-Time RT-PCR. Table S2. Fold change in mRNA expression for chondrogenesis related genes
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(Acan, Col10A1, Col2A1, Sox9) in DPSCs and UC-MSCs by Real-Time RT-PCR. Table S3. Fold change in mRNA
expression for adipogenesis related genes (CEBPα, PPARγ) in DPSCs and UC-MSCs by Real-Time RT-PCR. Table
S4. Fold change in mRNA expression for cardiomyogenesis related genes (Gata-4, Nkx2.5, Myl2c) in DPSCs and
UC-MSCs by Real-Time RT-PCR. Table S5. Fold change in mRNA expression for endothelial related genes (Gata-2,
Tie-2, VE-cadherin) in DPSCs and UC-MSCs by Real-Time RT-PCR.
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BM Bone marrow
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Abstract: The morphological clues of scaffolds can determine cell behavior and, therefore, the patterning
of electroactive polymers can be a suitable strategy for bone tissue engineering. In this way, this work
reports on the influence of poly(vinylidene fluoride-co-trifluoroethylene) (P(VDF-TrFE)) electroactive
micropatterned scaffolds on the proliferation and differentiation of bone cells. For that, micropatterned
P(VDF-TrFE) scaffolds were produced by lithography in the form of arrays of lines and hexagons and
then tested for cell proliferation and differentiation of pre-osteoblast cell line. Results show that more
anisotropic surface microstructures promote bone differentiation without the need of further biochemical
stimulation. Thus, the combination of specific patterns with the inherent electroactivity of materials
provides a promising platform for bone regeneration.

Keywords: piezoelectric; electroactive; patterning; cell differentiation; bone tissue engineering

1. Introduction

Bone tissue regeneration represents one of the major challenges of biomedicine. As in other areas of
biomedicine, efforts are being conducted on replacing conventional approaches with more biomimetic
ones. In this scope, tissue-specific active scaffolds are being developed, combining stem or precursor
cells and physic/chemical cues, that synergistically stimulate the repairing process, eventually being
replaced by the patient’s own tissue [1].

Bone can be differentiated, according to the macrostructure, in trabecular (porous) and cortical
(compact). At the cellular and molecular levels, bone is composed of cells (osteoblasts, osteoclasts,
osteocytes, and bone lining cells) merged in a non-oriented collagen type I matrix, mineralized by
hydroxyapatite (HA) that is responsible for toughening the bone [2]. When an injury takes place,
a defective microenvironment compromises the normal resorption and regrowth of bone tissue,
and consequently its regeneration.

Investigations are being developed based on different strategic cues, such as electromechanical [3,4],
chemical [5,6], and morphological [7,8], in an attempt to recreate tissue-specific microenvironments and
thus trigger their natural recovery. Morphological cues have been demonstrated to effectively influence
cellular proliferation and differentiation, the cell–scaffold interaction triggering a series of physical-chemical
reactions. Cells sense the site they are attached to and mechanically transduce that information (hardness,
curvature, and shape) into morphological changes [9]. When favorable topographical signals are presented
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at the surface of the scaffold, they can trigger the initiation of mechanosensitive cell cascades and thus a cell’s
differentiation signaling pathways [10–12]. However, the effective mechanism by which morphological
cues regulate cell fate, in terms of orientation, morphology, proliferation, and differentiation, is still barely
understood. Given the topographic complexity of its natural microenvironment, bone cells are adaptable
to different scaffolds’ architectures, although it is known that their phenotype is not favored in aligned
morphologies, unlike for instance in the case of myoblasts or neurons. Different structures have been
developed to grow bone tissue, but only a few trials with micropatterned scaffolds have been reported
so far. Micropatterned scaffolds based on polycaprolactone (PCL)/polylactic-co-glycolic acid (PLGA)
have been applied for periodontal tissue regeneration [13], demonstrating that micropatterning can
effectively enhance tissue responses. HA ceramics with surface micropatterning have been demonstrated
to promote the osteogenic differentiation [14]. In addition to the influence of the morphology, studies have
demonstrated that piezoelectric biomaterials, capable of providing mechano-electrical stimuli, can enhance
bone cell differentiation and regeneration [15,16], as those electro active stimuli effectively mimic the
natural cell’s microenvironment.

As previously shown [7], pre-osteoblast cells maintain their phenotype when adhered to a
scaffold with isotropic hexagonal surface topography, unlike what happens in the linear topography.
The influence of both morphologies, hexagonal and linear, on pre-osteoblasts proliferation and
differentiation is here studied in an attempt to determine whether it is possible to physically induce the
differentiation of bone precursor cells, avoiding the use of biochemical differentiation factors. In addition,
it is known that bone tissue presents inherent piezoelectricity, and therefore, morphological features
were patterned on a piezoelectric polymer, using the non-biodegradable polymer of poly(vinylidene
fluoride-co-trifluoroethylene) (P(VDF-TrFE) once it presented the highest piezoelectric coefficient
among all the polymers [17]. This was done to allow the development of electroactive platforms for
bone tissue engineering that combines the morphology and the possibility of further mechano-electrical
stimuli to the cells.

2. Results and Discussion

2.1. Cellular Proliferation

The preference of MC3T3-E1 cells for adhesion on surfaces with specific topographies has been
previously reported [7] and was further assessed in the present study. Further, it is to notice that
it is essential, from a molecular point of view, to obtain the materials in the electroactive phase,
i.e., in the all-trans b-phase chain conformation, to provide electromechanical cues to the cells at the
nano- [18] or microscale [15], depending on the poling state of the material [19]. It is confirmed
that the scaffolds are obtained in the β-phase, identified by the vibration modes at ∼510, 840, 1287,
and 1400 cm−1 [20], representing, respectively, the CF2 bending; CF2 symmetric stretching; CF2 and
CC symmetric stretching and CCC bending; and CH2 wagging and CC antisymmetric stretching
(see supplementary information Figure S1).

Proliferation assays were performed using control scaffolds (non-patterned) and patterned ones
featuring topographies with 25, 75, and 150 μm wide lines or hexagons.

For both linear and hexagonal topographies, the smaller lines and hexagons (25 μm) show higher
cell viability than the larger ones (Figure 1a). Checking the immunofluorescence images (Figure 1b),
it is observed that cells show, contrary to the non-patterned control samples (see supplementary
information Figure S4), the preferential orientation of the microstructure of the patterned P(VDF-TrFE)
scaffolds, being slightly lower with smaller features (25 μm). Thus, the perception of more cellular
viability is provided by the fact that cells have more contact area to proliferate, since they adhere
to all the scaffolds’ surfaces. Bone cells are quite resilient to different surroundings, since they are
naturally present in different microenvironments. Therefore, MC3T3-E1 proliferate quite well in both
topography types and dimensions, although significantly more on the isotropic hexagonal topography.
Immunofluorescent images disclose the compromised cellular phenotype over linear topography,
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being elongated and not round as is common. Their elongated phenotype suggests that the normal fate
of cells is being negatively influenced by this physical stimulus, contrary to the hexagonal topography.
This may indicate that, in a differentiation phase, this stimulus may cause cells to be unable to
differentiate, or to differentiate into an unwanted cell type.

 
Figure 1. (a) SEM images of patterned poly(vinylidene fluoride-co-trifluoroethylene) (P(VDF-TrFE))
scaffolds of hexagons and lines microstructures with 75 μm dimensional features; (b) cellular viability
obtained after MTS assay of MC3T3-E1 cells in contact with control; (c) representative images of
pre-osteoblast culture on linear topographies with 25, 75, and 150 μm (L25, L75, and L150, respectively)
and hexagonal topographies with 25, 75, and 150 μm (H25, H75 and H150, respectively), at 24 h and
72 h timepoints (nucleus stained with DAPI-blue and cytoskeleton stained with tetramethylrhodamine
(TRITC)-red). τ p < 0.0005 vs. control; **** p < 0.0001, *** p < 0.001 (two-way ANOVA); (c) MC3T3-E1
adhesion on patterned P(VDF-TrFE) scaffolds with 25, 75, and 150 μm dimensions, in 24 and 72 h
of contact.

2.2. Differentiation Assays

This study was performed in order to investigate the effect of the surface topography on the
osteoblasts differentiation, using alkaline phosphatase (ALP) quantification assay as early marker,
since it plays a critical role in bone formation [21,22], and alizarin red staining as late marker of
osteoblast differentiation.

For the differentiation assays, control scaffolds (non-patterned) and patterned ones with 75 μm
features (linear or hexagonal topographies) were tested. The differentiation in the two conditions
was assessed in the absence (GM) and in the presence (DM) of the biochemical inducer for 21 days.
The goal is to understand the physical effect, namely, the topography, of the patterned scaffolds on the
cells’ differentiation fate, with or without the cells being exposed to biochemical inducers.

After 7 days, ALP was evaluated in the different samples. Alkaline phosphatase is an enzyme
mostly found in liver, kidney, and bones, and the measurement of its activity has been found to
be suitable for monitoring changes in bone formation and thus in bone cells differentiation [23].
It was found that ALP activity levels are significantly higher for cells under DM, compared to GM
(Figure 2). The physical influence of hexagons topographies on the improvement of differentiation can
be confirmed by cells’ ALP activity in 7 days of culture with GM, compared to cells over the control
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and lines patterned scaffolds. These results demonstrating the positive influence of the hexagonal
topography are further supported by the alizarin red staining results.

 
Figure 2. Osteogenic differentiation determined by relative alkaline phosphatase quantification assay
expression after 7 days of culture (T7), using growth medium (GM) and differentiation medium (DM).
The ALP expression was normalized against DNA content using CyQuant cell proliferation assay.
**** p < 0.0001 (two-way ANOVA).

After 14 and 21 days of cell differentiation, the cell viability assay and alizarin red staining were
performed (Figure 3).

 
(a) 

 
(b) 

Figure 3. (a) Cellular viability of pre-osteoblast cells in contact with control, linear, and hexagonal
scaffold topographies, in a differentiation essay of 7, 14, and 21 days, with GM and DM. * p < 0.05,
*** p < 0.001, **** p < 0.0001 (two-way ANOVA); (b) Alizarin red staining for mineral deposition during
osteogenesis induction, at day 14 and 21, with and without DM. Calcified areas are presented with
pink color. The scale bar 500 μm is valid for all the images.

142



Int. J. Mol. Sci. 2020, 21, 8352

Cell viability results (Figure 3a) were compared to a cell mineralization assay (Figure 3b).
The presence of DM induces differentiating pathways on cells, providing chemical stimuli to stop
proliferating and begin differentiation processes. On the contrary, basal GM provides cells with all
the nutrients necessary to proliferate continuously until reaching the confluency. In DM conditions,
cells present lower viability for all topographies and dimensions, compared to GM (Figure 3a).
Complementing the viability results with the alizarin red images, in order to evaluate the mineralization
of bone cells, a lower osteogenic differentiation of cells over linear topographies can be seen, which was
predictable from the proliferation assays. On the other hand, the degree of mineralization on isotropic
hexagon patterned scaffolds is very similar both with GM and DM after both 14 and 21 days (Figure 3b).
These results indicate that the provided physical effect is able to regulate cell fate and may activate
differentiation signaling pathways, with no need of biochemical inducers.

In this way, it is concluded that pre-osteoblast cells can be differentiated into osteoblast by specific
patterns that also support matrix mineralization.

3. Materials and Methods

3.1. Materials

Poly(vinylidenefluoride-co-trifluoroethylene); P(VDF-TrFE), with 70 mol% vinylidene fluoride and
30 mol% trifluoroethylene, from Solvay (Póvoa de Santa Iria, Portugal); and N,N-dimethylformamide,
DMF, from Merck (Sintra, Portugal), were used as received. An 8% (w/w) polymer solution in DMF
was prepared under magnetic stirring at room temperature.

3.2. Samples Processing and Main Characteristics

Patterned scaffolds were obtained through photolithography and replica molding techniques,
as described in [7,24]. In short, lines and hexagonal patterns with different dimensions (25, 75,
and 150 μm) were designed in AutoCAD 2018 software and printed in photolithographic masks by
Microlitho (see supplementary information—Figures S2 and S3). The photolithographic masks were
used for the fabrication of SU-8 patterned molds, through photolithography, which were replicated in
flexible and reusable polydimethylsiloxane (PDMS) molds, through replica molding. The P(VDF-TrFE)
in DMF polymer solution was deposited on both patterned and non-patterned PDMS molds, previously
treated with an oxygen plasma for 10 min, and evaporated at 100 ◦C [25]. The obtained samples
present hydrophobic behavior (>100◦) and a crystallinity degree of ≈ 32%, as shown previously [7].

3.3. Samples Sterilization

Circular samples with 6 mm diameter were cut, exposed to ultraviolet (UV) light on each side for
1 h, and then placed in standard 48-well cell culture plates. All samples were washed five times (5 min
each time) with sterile phosphate buffer saline (PBS) 1× solution.

3.4. Cell Culture

MC3T3-E1 pre-osteoblasts (Riken bank, Tsukuba, Japan) were grown in a 75 cm2 cell-culture flask
with modified Eagle’s medium (DMEM, Biochrom, Berlin, Germany) containing 1 g·L−1 glucose, 1%
penicillin/streptomycin (P/S, Biochrom, Berlin, Germany) and 10% Fetal Bovine Serum (FBS, Biochrom,
Berlin, Germany). The flask was placed in a 37 ◦C incubator under 95% humidified air and 5% CO2

conditions. Culture medium was changed every two days and, at a 60–70% confluence, cells were
trypsinized with 0.05% trypsin-EDTA (Biochrom, Berlin, Germany). A 25 μL drop of cell suspension
was added over each P(VDF-TrFE) sample with a density of 10 × 104 cells.mL−1 for the proliferation
assays (cell viability) and at a density of 50 × 104 cells·mL−1 for the differentiation studies (cell viability,
ALP and alizarin red). After that, the plates were incubated during 30 min for cell adhesion. The well
volume was then completed with the growth medium (GM) and incubated once more for 24 h.
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For proliferation assessment, cells were cultivated for 3 days, with 24 h and 72 h as timepoints.
For the differentiation assays, the medium was exchanged by osteogenic differentiating medium (DM)
after 24 h and cells were maintained up to 21 days, with 7, 14, and 21 days as timepoints. DM was
composed of the GM supplemented with 0.1 μM dexamethasone (Sigma-Aldrich, Sintra, Portugal),
50 μg.mL−1 of ascorbic acid (Sigma-Aldrich, city, state, country), and 10 mM of b-glycerophosphate
(Sigma-Aldrich, Sintra, Portugal). Culture media were changed every two days.

3.5. Cell Viability

Viable cells in proliferation and differentiation assays were quantified at the different timepoints
using a CellTiter 96® AQueous One Solution Cell Proliferation Assay (MTS, Promega, Madison, WI,
USA). For that, the samples were incubated in an MTS:GM (1:5) solution for 3 h at 37 ◦C, under 95%
humidified air and 5% CO2 conditions, and the absorbance at 490 nm was recorded with a microplate
reader (Biotech Synergy HT, Winooski, VT, USA,). The quantitative results of proliferative cells will
be presented as mean ± standard deviation (SD) and the results of the cells differentiation will be
presented as mean ± standard error of mean (SEM), both of quadruplicated samples.

3.6. Immunofluorescence Staining

At the proliferation assay timepoints (24 and 72 h), two replicates of each sample were fixed
with 4% formaldehyde (Panreac AppliChem, Barcelona, Spain) and subjected to immunofluorescence
staining, to analyze their behavior in the different culture patterns. Cell’s cytoskeleton was stained
with 1 μg.mL−1 of phalloidin tetramethylrhodamine (TRITC, Sigma Aldrich, Sintra, Portugal) solution
for 45 min at room temperature, and cells’ nucleus with 1 μg.mL−1 of a 4,6-diamidino-2-phenylindole
(DAPI, Sigma Aldrich, Sintra, Portugal) solution for 5 min. Samples were washed with PBS 1× before,
after, and during the steps. Finally, the samples were visualized with fluorescence microscopy
(Olympus BX51 Microscope, Lisboa, Portugal).

3.7. Quantification of DNA and Alkaline Phosphatase Activity

Cells’ DNA content was measured using a CyQUANT®Cell Proliferation Assay Kit (Life Technologies,
Porto, Portugal) and the osteogenic capacity was determined through an ALP (Sigma Aldrich, Sintra,
Portugal), both of which are described in [26]. Briefly, after 7 days of cell culture on both GM and DM,
cells were lysed with Triton 0.1% buffer and frozen at 70 ◦C. After thawing, 50 μL p-nitrophenyl phosphate
and 50 μL 2-amino-2-methyl-1-propanol were added, according to manufacturer’s protocol. Using a
microplate reader, the amount of the produced p-NP (p-nitrophenol) was measured, reading the absorbance
at 405 nm. To proceed to the ALP activity normalization, cells’ DNA content was quantified from the
cell lysate using the CyQUANT® Cell Proliferation Assay Kit, according to the manufacturer’s protocol,
measuring its fluorescence by exciting the sample at 480 nm and measuring the emission at 520 nm,
using the same microplate reader. The results will be presented as mean ± SEM of quadriplicated samples.

3.8. Mineralization Assay

At the differentiation timepoints (7, 14, and 21 days), the samples were marked with 10% alizarin
red solution in acetic acid, allowing the qualitative detection of calcium deposits, characteristic of
osteogenic differentiation.

3.9. Statistical Analysis

Statistical analysis was carried out by ANOVA using Tukey test (Graphpad Prism 8, San Diego,
CA, USA), with p values < 0.05 considered to be statistically significant.
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4. Conclusions

This study reports on the influence of different patterned piezoelectric P(VDF-TrFE) scaffolds in
the preosteoblasts’ proliferation and differentiation. It was observed that MC3T3-E1 cells differentiation
can be induced solely by a physical stimulus, specifically by an isotropic hexagonal surface topography,
with no need of using a chemical inducer. Finding that bone cells differentiation can be positively
influenced by this type of geometry, it is concluded that novel scaffolds based on electromechanically
active materials with specific geometries can provide the necessary geometrical and electroactive
components of the bone microenvironment to support bone regeneration.

Supplementary Materials: Supplementary Materials can be found at http://www.mdpi.com/1422-0067/21/21/
8352/s1. Figure S1. FTIR-ATR spectra of P(VDF-TrFE) scaffolds. Figure S2. Schematic representation of the
produced patterned P(VDF-TrFE) scaffolds with linear microstructures. Figure S3. Schematic representation of the
patterned P(VDF-TrFE) scaffolds with hexagonal microstructures. Figure S4. Cell adhesion of MC3T3-E1 on dense
non-patterned P(VDF-TrFE) scaffolds.
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Abstract: Rheumatoid arthritis (RA) is a chronic, inflammatory, and systemic autoimmune disease
that affects the connective tissue and primarily the joints. If not treated, RA ultimately leads to
progressive cartilage and bone degeneration. The etiology of the pathogenesis of RA is unknown,
demonstrating heterogeneity in its clinical presentation, and is associated with autoantibodies directed
against modified self-epitopes. Although many models already exist for RA for preclinical research,
many current model systems of arthritis have limited predictive value because they are either
based on animals of phylogenetically distant origin or suffer from overly simplified in vitro culture
conditions. These limitations pose considerable challenges for preclinical research and therefore
clinical translation. Thus, a sophisticated experimental human-based in vitro approach mimicking
RA is essential to (i) investigate key mechanisms in the pathogenesis of human RA, (ii) identify targets
for new therapeutic approaches, (iii) test these approaches, (iv) facilitate the clinical transferability of
results, and (v) reduce the use of laboratory animals. Here, we summarize the most commonly used
in vitro models of RA and discuss their experimental feasibility and physiological proximity to the
pathophysiology of human RA to highlight new human-based avenues in RA research to increase
our knowledge on human pathophysiology and develop effective targeted therapies.

Keywords: in vitro models; rheumatoid arthritis; cytokines; mesenchymal stromal cells; co-culture;
tissue engineering; 3D cell culture; explants; joint-on-a-chip

1. Introduction

Rheumatoid arthritis (RA) is a progressive systemic, chronic, and inflammatory autoimmune
disease with an average prevalence of 0.5–1.0% in the population worldwide, demonstrating ethnic and
geographic differences [1]. Its pathogenesis is characterized by immune cell infiltration into the synovial
membrane and the joint cavity and the formation of hyperplastic and invasive synovium, resulting in
progressive cartilage destruction and subchondral bone erosion in late stages of disease if not treated
(Figure 1). Along with the joints, RA can affect many of the body’s organs, including the heart, eyes,
skin, intestine, kidney, lung, and brain, as well as the skeleton [2,3]. A disease most likely RA was first
recognized more than 20 centuries ago as a disease that painfully affects the body’s joints [4]. It is the most
common inflammatory joint disease affecting both individuals and society. The affected patients suffer
a considerable loss of quality of life and a decline in productivity, and the effort and costs of health care
increase, ultimately resulting in a major economic and social burden [5]. Symptoms of RA most commonly
include pain, swelling, and morning stiffness in the affected joints. It is a multifactorial disorder and
recent studies have identified multiple genetic and environmental factors associated with an increased
risk of RA, e.g., female sex, smoking, and major histocompatibility complex (MHC) regions encoding
human leukocyte antigen (HLA) proteins (amino acids at positions 70 and 71) [2,6]. Years before first
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clinical symptoms of RA occur, autoimmunity against modified self-proteins is initiated, which results in
the onset of the disease [1].

 

Figure 1. Establishment of rheumatoid arthritis (RA): Mechanisms of disease initiation, development,
and progression. (A) Multiple risk factors, including both genetic and non-genetic influences, are required
to induce the development of RA in susceptible individuals. Years before first clinical symptoms of RA
occur, autoimmunity against modified self-proteins is initiated, which results in the onset of a subclinical
inflamed synovium (symptomatic autoimmunity) propagated by immune cell infiltration and pannus
formation. Once established, RA can be classified according to the clinical symptoms. (B) Onset of
autoimmunity is supposed to occur in the mucosa (e.g., mouth, lung, and gut) by the creation of
neo-epitopes as a result of post-translational modifications, e.g., by citrullination. These neo-epitopes can
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be recognized by antigen-presenting cells (APCs) of the adaptive immune system and (C) are presented
to adaptive immune cells in lymphoid tissues, activate an immune response, and induce autoantibody
formation (e.g., ACPA and RF). (D) Activated immune cells and immune complexes can activate
synovial cells, such as fibroblast-like synoviocytes (FLS) and macrophage-like synoviocytes of the
intimal lining and APCs in the sublining area, to produce a range of inflammatory factors and expand
and form the cartilage- and bone-invasive pannus. Autoimmune activation and immune cell infiltration
(T cells, B cells, macrophages) of the sublining area further contribute to the excessive production of
inflammatory factors, autoantibodies, and synovial vascular leakage, ultimately leading to articular
cartilage and subchondral bone destruction as a result of matrix-degrading enzymes and a de-balanced
bone homeostasis characterized by an imbalanced RANKL/RANK/OPG system and activated osteoclasts.
ADAMTS, a disintegrin and metalloproteinase with thrombospondin motifs; APCAs, anti-citrullinated
protein antibodies; RF, rheumatoid factor; GM-CSF, granulocyte–macrophage colony-stimulating factor;
M-CSF, macrophage colony-stimulating factor; MHC, major histocompatibility complex; MMP, matrix
metalloproteinase; NO, nitric oxide; OPG, osteoprotegerin; RANKL, receptor activator of nuclear
factor-κB ligand; RANK, receptor activator of nuclear factor-κB; TCR, T cell receptor; TNF, tumor
necrosis factor. Figure contains graphics from Servier Medical Art, licensed under a Creative Common
Attribution 3.0 Generic License. http://smart.servier.com/.

As the course of RA within the individual patients may differ with regard to pathogenesis,
clinical symptoms, and diseases subtypes, personalized precision medicine must be the ultimate goal to
achieve disease remission. To date, we are far from curing RA in part due to the need for (i) objective
patient-related biomarkers to identify disease subtypes and treatment response and (ii) the management of
patients who are refractory or resistant to available treatments. Having both will enable us to understand
the disease and their pathogenic processes to optimize and introduce personalized precision health care.

2. The Course of RA Pathogenesis

The course of RA pathogenesis involves several stages. Before clinical symptoms are established,
a certain level of RA susceptibility (e.g., genetic factors) coupled with the accumulation of risk factors
proceed through the pre-clinical stage of the disease, leading to synovial inflammation, which, if not
resolved, ultimately leads to the development of RA. During the early development of RA, post-translational
modifications of a wide range of cellular (e.g., collagen) and nuclear proteins (e.g., histones) occur,
including the conversion of the amino acid arginine to citrulline, a process called citrullination.
Citrullination may be a result of smoking on mucosa, induced by microbiota (e.g., Porphyromonas gingivalis)
or by an overarching neutrophil reaction. Altered modified self-proteins engage professional antigen
presenting cells (APCs), such as macrophages, as foreign and induce a normal immune response via the help
of T cells, thereby stimulating B cells to produce a wide range of (auto)antibodies recognizing self-proteins,
such as rheumatoid factor (RF) and anti-citrullinated protein antibodies (ACPAs). The presence of
autoantibodies often occurs before the onset of clinical synovitis, leading to the assumption that a second
not-fully-understood mechanism seems to be necessary for the transition of autoimmunity to local synovial
inflammation [1,2,6].

However, during the progression of RA, increase in vascular permeability, a disrupted extracellular
matrix, and synovial immune cell infiltration transform the paucicellular synovium into chronically
inflamed tissue. This process includes the expansion of the intimal lining and activation of macrophage- and
stromal-fibroblast-like synoviocytes (FLSs), which then produce a variety of pro-inflammatory humoral
mediators, such as cytokines and chemokines, including interleukin (IL)-1β, IL-6, IL-8, tumor necrosis factor
(TNF), granulocyte–macrophage colony-stimulating factor (GM-CSF), macrophage migration inhibitory
factor (MIF), and matrix-degrading enzymes, e.g., matrix metallopeptidases (MMPs) and a disintegrin and
metalloproteinase with thrombospondin motifs (ADAMTs), prostaglandins, leukotrienes, and reactive
nitric oxide. The aggressive and invasive phenotype of expanding FLSs, forming the hyperplastic pannus
tissue, contributes to cartilage damage but may also be responsible for propagation and systemic spreading
of inflammation by migrating from joint to joint and other organs [7–9]. The inflammation-induced
expansion of FLSs and the infiltration of inflammatory cells into the usually paucicellular synovium
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lead to an enhanced metabolic need and, therefore, to an undersupply of both nutrients and oxygen to
the synovial tissue. Due to the resulting local hypoxia, new vessels are formed that further facilitate
the inflammatory process by increasing the amount of adaptive immune cells, and especially CD4+
memory T (Th) cells infiltrating the synovial sublining. Lymphocyte infiltrates accumulate and form
aggregates ranging from small and loosely arranged lymphocyte clusters to large and organized ectopic
lymphoid structures, which, in some cases, develop germinal centers that facilitate local T cell–B cell
interactions. In these ectopic germinal structures, specific pathologic follicular helper T cells (Tfh)
promote B-cell responses and (auto)antibody production within pathologically-inflamed non-lymphoid
tissues. Apart from pathogenic Tfh cells, Th1 and Th17 cells have been identified in the pathogenesis
of RA. Although the evidence of the pathogenic function of Th1 cells in RA is controversial due to the
lack of therapeutic efficiency targeting of interferon (IFN)-γ [10,11], it should be noted that biologic
targeting of TNF-α, which is a Th1 cytokine, are successful treatments in RA [11]. An effect that can be
explained by the suppressive nature of Th1 on Th17 is that the responses contribute to tissue damage
through production of TNF and GM-CSF [12].

IL-17-producing CD4+T cells have been identified in synovial tissues from patients with RA, including
their inducing cytokines IL-6 IL-1β, IL-21, transforming growth factor (TGF)-β, and IL-23 [13–17], and have
been demonstrated to be increased/maintained in the peripheral blood of RA patients [18–21], whereas IL-17
was shown to induce bone resorption and contribute to neutrophil recruitment, and particularly into
the synovial fluid, a hallmark of RA [22,23]. Besides effector T helper cells, antigen-presenting follicular
dendritic cells, macrophages, and mast cells are present in the synovial sublining and contribute to the
chronic inflammation by a large number of inflammatory mediators, such as cytokines, chemokines,
and reactive oxygen and nitrogen species, as well as matrix-degrading enzymes. In contrast, neutrophils are
lacking in the inflamed synovial lining and sublining but are abundantly present in the synovial fluid.
Recent studies proposed that distinct subtypes of synovial histology displaying inflammatory versus
non-inflammatory patterns are associated with different clinical phenotypes and a concurring response
to novel targeted therapeutic interventions [24,25]. Technical progression and the development and
combination of state-of-the-art methods from single cell genomics to mass cytometry have provided
new insights into the complex interplay of cells and soluble immune mediators, particularly cytokines
and chemokines [2]. Thus, specific pathogenic infiltrating immune cell subsets—such as IL-1β positive
pro-inflammatory monocytes, autoimmune-associated B cells, and peripheral helper T (Tph) cells sharing
similarities with Tfh cells, distinct subsets of CD8+ T cells, as well as mast cells—contribute to the
inflammatory pattern of the RA synovial lining/sublining [26–31].

Invading immune cells and FLSs of the synovial lining produce large amounts of pro-inflammatory
cytokines and express high levels of MMPs, while the expression of endogenous MMP inhibitors remains
insufficiently low. Finally, the invasive and destructive FLS-front of synovial tissue, called the pannus,
attaches to the articular surface and contributes to local matrix destruction and cartilage degradation.
The chondrocytes of the damaged articular cartilage contribute to the vicious cycle of cartilage
degeneration by inducing inflammatory cytokines, such as IL-1β and TNF-α, as well as MMPs and nitric
oxide (NO). Additionally, FLSs negatively affect the subchondral bone by activation and maturation of
bone-resorbing osteoclasts. Osteoclasts are highly responsive to autoantibodies; pro-inflammatory
cytokines, in particular TNF-α, IL-1β, and IL-6; and more importantly, receptor activator of nuclear
factor kappa B ligand (RANKL), which is the key regulator of osteoclastogenesis. RANKL binds to
its receptor, the receptor activator of nuclear factor-κB (RANK), and activates osteoclasts, leading to
an enhancement of bone resorption. Conversely, osteoblasts that play a key role in the regulation
of anabolic bone metabolism produce bone matrix constituents, induce bone matrix mineralization,
and modulate osteoclasts through the production of osteoprotegerin (OPG) [32]. Although osteoblasts
producing OPG, which is a decoy receptor for RANKL, results in protection from bone destruction by
osteoclasts, they also generate RANKL and M-CSF, both of which contribute to osteoclastogenesis.
Imbalanced bone remodeling both in the subchondral and periarticular bone of joints leads to bone
erosions and periarticular osteopenia; generalized bone loss is a general feature of established RA.
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3. Lessons from Animal Models of Arthritis: None are Truly RA

Animal models represent an integral part of the preclinical drug discovery process and are used to
study pathophysiological mechanisms of RA. Despite their extreme usefulness for testing new approaches
of intervention in many cases, concerns about low clinical development success rates for investigational
drugs have been raised [33], “Dozens of preclinical arthritis models have been developed . . . none of these,
however, is truly RA, and none consistently predicts the effect of a therapeutic agent in patients” [33].

Importantly, animals do not naturally develop autoimmune disorders, such as RA, which is
an inherent limitation of these arthritis models (Table 1). Instead, animal models can be used to study
certain specific pathophysiological aspects of human disease, such as destructive pathways involved
in the erosion of articular cartilage and bone. To this end, arthritis can be chemically induced in these
animals by soluble agents (e.g., type II collagen-induced arthritis model) or develop spontaneously
after genetic manipulation (e.g., human TNF transgene model) (Table 1) [34–36]. Although most of
these models display features of human RA, such as inflammatory cell infiltrate, synovial hyperplasia,
pannus formation, cartilage destruction, and bone erosions, they also demonstrate specific limitations,
such as the development of self-limiting arthritis, development of arthritis only in susceptible strains
of rodents, and a pathophysiology that does not recapitulate the endogenous breach of tolerance and
excludes systemic components of disease [34–36]. The mutations used in genetically engineered arthritis
models have not been identified in human RA [36]. When comparing transcriptional programs of
mice and humans overlapping but notably different gene expression patterns have been observed [37].
Therefore, therapeutic approaches, such as the application of biologics highly specific for human target
proteins, cannot be proven using non-humanized rodent models [38]. Finally, mice and humans differ in
their locomotion, life span, evolutionary pressures, ecological niches, circadian rhythms, weight bearing,
and blood leukocyte population ratios. Thus, none of the animal models is capable of fully replicating
human pathogenesis of RA, which provides an explanation for the observed challenges in clinical
translation [33].

Modern management guidelines recommend early and rigorous treatment to achieve low disease
activity or remission targets as rapidly as possible. Thus, RA is currently treated with a wide variety of
therapeutic drugs ranging from steroidal/nonsteroidal anti-inflammatory drugs (NSAID), glucocorticoids
(GCs), and disease-modifying anti-rheumatic drugs (DMARDs) of synthetic origin, such as conventional
synthetic DMARDs (e.g., methotrexate), biological, and biosimilar DMARDs (e.g., TNF inhibitors or IL-6
inhibitors), as well as targeted synthetic DMARDs (the Janus kinase (JAK) inhibitors) targeting specific
immune cells, cytokines, or pro-inflammatory pathways [2,26,39]. Today’s therapeutic approaches using
state-of-the-art biologicals or JAK inhibitors have been proven to be highly successful and effective in
most patients with RA, including those with severe disease progression. Despite major progress in
the treatment of RA, a strong unmet medical need remains, as not all patients reach sustained clinical
remission (less than half of patients with RA) and about 25% still suffer from moderate or even high
disease activity [2,40]. Defining patients with RA (i) refractory to available treatments among patients
with RA who are undertreated or non-adherent to treatment, (ii) identifying objective biomarkers for
disease states (e.g., early versus established RA) and/or (iii) ‘refractory’ states and finally (iv) for states
treatment response is still the greatest unmet need in RA [40]. The lack of therapeutic efficacy in the true
refractory patients may be due to the nature of the “one-fits-it-all” approach of standardized therapeutic
regimes. Thus, clinical management of patients often neglects their heterogeneity with regard to the
endogenous circadian rhythms, disease states, subtypes and duration, as well as autoantibody, cytokine,
and infiltrating immune cell pattern. Identifying objective biomarkers to delineate disease subtypes
and treatment response will be necessary to provide a ‘precise’ customized treatment strategy for each
individual patient enhancing our repertoire in the battle against this potentially devastating disease.
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Therefore, preclinical models are essential to help improve our understanding of pathological
mechanisms and to develop and verify new therapeutic approaches with the aim of meeting this unmet
medical need. This includes the investigation of human-specific alternatives to identify objective
biomarkers to delineate disease subtypes and treatment response, and novel targets to manipulate
the function of immune cells involved in the pathogenesis of RA. The purpose of this review was to
summarize the most commonly used and often cytokine-based in vitro models of RA, and discuss how
they reflect human pathophysiology to further understand the underlying mechanisms of RA.

4. Lessons from In Vitro Models of Arthritis: An Alternative without Alternatives

During the last decade, promising in vitro techniques have been improved by advances in
tissue engineering. Thus, the pathogenesis of RA has been simulated and studied using a variety
of in vitro and in vivo models. Cell-based in vitro assays range from tissue explants and relatively
simplified (co)-culture systems to complex engineered three-dimensional (multi)component tissue
systems using a variety of cell types from cell lines, primary cells, or patient-derived cells, such as
mesenchymal stromal cells (MSCs) or pluripotent stem cells (iPSCs), to study, e.g., cell migration,
activation, antigen presentation, and cell–cell interaction, as well as cell- and matrix-related changes.
Additionally, organoids incubated on microfluidic chips, as well as using in silico models, show promise
as an approach to further studying the mechanisms underlying RA pathophysiology and to identify
potential new targets. Thus, next-generation preclinical in vitro screening systems will be based on
microphysiological in vitro human-joint-on-a-chip systems using primary cells from patients with RA
and from different organs, mimicking the systemic nature of the disease and fostering the translational
process to humans, while reducing the number of animal experiments. Ultimately, the main goal for
all in vitro approaches is to achieve the greatest possible physiological proximity to the disease, while
ensuring experimental feasibility, breaking down the barrier to translational medicine and thus to
conducting high-quality, reproducible research (Figure 2).

Figure 2. Overview of state-of-the-art in vitro models classified according to experimental feasibility
and physiological proximity. Figure contains graphics from Servier Medical Art, licensed under
a Creative Common Attribution 3.0 Generic License. http://smart.servier.com/.
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4.1. Tissue Explants: Close Physiological Proximity but Low Experimental Feasibility

Ex vivo culture models or tissue explants represent the closest physiological similarity to
pathological tissue due to the nature of their origin. If ethically and clinically available, these models
can be easily obtained, are easy to develop, and allow the semi-controlled study of the behavior of
cells cultured. Although tissue explants reflect the human physiology in terms of 3D structure and
environment, they are often affected by individual health status and medication, as well as sample
preparation. However, tissue explant approaches are still a powerful tool in, e.g., osteochondral
bone research due to the ability to retain native bone cell communication and to study cellular
responses and extracellular matrix remodeling processes, including disease-specific matrix degradation
in a (patho)physiological bone environment [64]. In addition to their limited availability (especially in
terms of healthy human material), the main limitations of tissue explant models are shortened lifespan
due to simultaneous disruption of the supplying vessels and, consequently, induced cell death and
necrosis-induced cell death at the explant/wound edges [65]. With synovial tissue, explants can be
obtained from patients with RA or osteoarthritis (OA) during joint replacement surgery, as well as by
needle and arthroscopic biopsy. These types of samples have been comprehensively examined using
molecular and immunohistochemical techniques leading to a better understanding of the pathogenic
events that occur in the course of the disease [66]. For instance, when studying the association between
synovial imaging activity by magnet resonance imaging or color Doppler ultrasound with the expression
of synovial inflammatory mediators using tissue explants, Andersen et al. observed a correlation of
distinct synovial cytokines with corresponding imaging pathology and disease activity [67].

Samples of synovial [68] and bone explants [69] have been used to study the efficacy and efficiency
of therapeutic treatments on the (i) production of pro-inflammatory mediators, (ii) expression of
matrix-degrading enzymes, and (iii) adhesion molecules. Of note, IL-1β, TNF-α, and IL-17 have been
demonstrated to produce many additive and/or synergistic effects in vitro. Using synovial explants
from patients with RA, therapeutic intervention with a combination of biologicals, e.g., anti-TNF-α
antibodies and IL-1Ra, resulted in significantly decreased IL-6 and MMP-3 production, indicating the
superior efficacy of combinatorial therapy over a single biological treatment [70]. Kirenol, which is
a Chinese herbal active component, was demonstrated to inhibit FLS proliferation, migration, invasion,
and secretion of pro-inflammatory IL-6 in explants from RA synovium [71].

To examine disease-related expression profiles, explants, like articular cartilage discs, have been
obtained from patients with RA after knee arthroplasty. Using this approach, Gotoh et al. demonstrated
that the interaction of CD40 with CD154 increased the expression of inflammatory cytokines and MMPs,
resulting in an increased cartilage degradation in patients with RA [72]. Based on the aforementioned
types of explants, Schultz et al. developed a 3D in vitro model to investigate destructive processes in
RA. Although the explant co-culture system did not address all aspects of RA, such as the presence of
immune cells, the authors confirmed the capability of their model to study FLS activity on destructive
processes of established joint diseases in vitro [73]. More than 10 years later, Pretzel et al. established
an in vitro that which closely reflects early processes in cartilage destruction caused by synovial
fibroblasts via, e.g., the suppression of anabolic matrix synthesis highlighting the value and close
proximity of tissue explant models [9].

4.2. Simplified 2D Culture and Co-Culture Approaches for High-Throughput Drug Screening

Closely mimicking physiological and pathophysiological biological complexity in terms of
physiological or pathophysiological characteristics requires the use of tissue explants, using 3D
architecture or the development of sophisticated complex 3D tissue models. However, achieving
experimental feasibility and ensuring adequate nutrient and oxygen supply are more challenging tasks
with 3D designs than with 2D cell cultures. Therefore, 2D monolayer cell cultures are a simple and
cost-effective alternative, especially for high-throughput screening approaches, which are common in
pharmaceutical, industrial, and toxicological research. They are still used to investigate the efficiency
and efficacy of therapeutics, to determine their optimal concentration, to analyze disease-related
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gene expression profiles, and to study cell–cell, cell–microenvironment, or cell–humoral interactions
using auto- and paracrine signals, such as in aggregate–cell interactions, in a simplified co-culture
system [74–77]. Two-dimensional monolayer cell cultures are used for rapid in vitro cell expansion,
despite the risk of cellular alterations in terms of morphology, genetic alteration, cell diversity,
cell cycle progression, and cell differentiation capacity [78]. Accordingly, when 2D modeling cartilage,
for instance, the phenotype of chondrocytes becomes unstable, which is indicated by a downregulation
of type II collagen (COL2) with a simultaneous increase in the expression of type I collagen (COL1).
To avoid these artificial changes, an optimized cultivation procedure is required using specific plate
coatings, such as poly(L-lactic acid) [79]. When investigating the effects of RA-associated cytokines on
cartilage, monolayer chondrocyte cultures are considered an optimal tool due to their easy handling
in combination with the rapid response of chondrocytes to pro-inflammatory cytokines. In addition,
chondrocytes, when stimulated with, e.g., IL-1β, TNF-α, or IFN-γ, show a classical RA-like phenotype
as evidenced by decreased expressions of COL2 and aggrecan (ACAN) when MMP13 expression
increases [80] and induced apoptosis in chondrocytes [81], reflecting the human in vivo situation [82,83].
Using the 2D approach, Teltow et al. demonstrated that the majority of IL-1β-treated chondrocytes
are produced in collagenase 1 instead of collagenase 3, although the latter has been assumed to foster
the destructive processes of RA joints by degrading collagen type II [84]. IL-1β was demonstrated to
decrease the expression of COL2 in 2D monolayer cultures [85].

Expanding the 2D monolayer cultures using co-culture systems, the interaction between cells
growing in the same environment can be either indirectly (physical barrier) cultivated by simple
medium transfer and using a trans-well chamber or directly cultivated in a mixed culture system
providing cell-to-cell contact. Using direct and indirect co-cultivation, Donlin et al. demonstrated that
human RA synovial fibroblasts suppress the TNF-α-induced IFN-γ signature in macrophages under
both conditions, indicating that no cell contact is required, but rather soluble fibroblast products inhibit
the IFN-γ signature of macrophages [86]. To extend the co-culture systems, Pagani et al. developed
an advanced tri-culture model to study the interaction between osteoblasts, osteoclasts, and endothelial
cells and the cytokine-induced effects on bone homeostasis with respect to RA [87].

4.3. 3D tissue Engineering Approaches: Mimicking Structural Features of the Joint

In the field of musculoskeletal disorders, simplified 2D cell culture systems have been stepwise
replaced by promising in vitro 3D tissue engineering approaches, including (i) scaffold-free 3D
approaches, such as cell-sheet formation [88], self-assembly, or self-organization [89], (ii) natural
scaffold-based 3D approaches, such as hyaluronic-acid-based scaffolds [90], and (iii) synthetic
scaffold-based 3D approaches, such as poly-(lactide)-based scaffolds [91].

These 3D approaches offer considerable advantages compared to the above-mentioned 2D
approaches because they facilitate cell–cell and cell–matrix interactions; cell proliferation, differentiation,
and migration and they maintain the cell fate as a result of the physiological 3D structure. To mimic
the structural features of the joint, which is a prerequisite for simulating the pathogenesis of RA,
the various cell-based components, such as synovial membrane and the chondrogenic and osteogenic
parts, must be developed for an in vitro 3D approach.

4.3.1. Synovial Membrane 3D In Vitro Models: From Monolayer to Micromass Culture

The synovial membrane, or synovia, lines the joint cavity and can be divided into the synovial
intimal lining (intima) and subintimal lining (subintima). In the healthy state, the intima lining consists
of one to four cell layers of type A (macrophages) and type B (FLSs) synoviocytes. The subintimal
lining is based on fibrous, areolar, and fatty tissues [92]. As described above, activated FLSs are
supposed to be key mediators of joint destruction and drivers of the inflammatory processes during the
course of RA. Therefore, FLSs are receiving attention for creating 3D models of the synovial membrane.
For this purpose, FLS are resuspended in gels to map a 3D micromass [93]. Karonitsch et al. used
such an in vitro 3D micromass model of the synovial membrane to determine the individual effects
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of pro-inflammatory cytokines, such as IFN-γ and TNF-α, on mesenchymal tissue remodeling [94].
Whereas IFN-γ promotes the invasive potential of FLSs via JAK activation, TNF induces pronounced
aggregation of FLSs, indicating that both cytokines affect synovial tissue remodeling in a different
manner [94]. Using a similar 3D in vitro approach, Bonelli et al. recently observed that TNF regulates
the expression of the transcription factor interferon regulatory factor 1 (IRF1), a key regulator of
the IFN-mediated inflammatory cascade, which was confirmed by a TNF transgenic arthritis mouse
model [95]. Although both studies relied on 3D models solely consisting of FLSs, they indicated that
3D in vitro approaches are sufficient to elucidate mechanistically cellular processes in the FLS-driven
inflammation during RA.

Broeren et al. established a sophisticated, promising, and more complex in vitro 3D synovial
membrane model by combining either primary RA-FLSs with peripheral CD14+monocytes or using
a complete human RA synovial cell suspension [96]. This model reflects the native 3D architecture of the
synovium forming a lining layer at the outer surface consisting of fibroblast-like and macrophage-like
synoviocytes. Long-term exposure to TNF-α led to hyperplasia of the lining layer, an altered
macrophage phenotype, and an increase in pro-inflammatory cytokines, such as TNFA, IL6, IL8,
and IL1B, reassembling key features of established RA, thereby confirming previous observations by
Kiener et al. [93,96]. The findings of the latter study highlighted the unrestricted possibilities of 3D
in vitro approaches to be an excellent alternative for drug testing and mechanistic research.

Although these models closely reflect the inflamed synovial membrane, they all rely on diseased
FLSs, which are often limited in availability and are affected by different stages of disease, as well as
current medication [97]. To mimic a healthy situation, which is essential to understanding pathogenic
alterations of the synovium, an easy to handle and available cell source from different sources that
shares properties of FLSs would be ideal for simulating the synovial tissue in vitro. Adult MSCs share
most properties with FLSs, including surface markers, differentiation capacity, and the capability to
produce hyaluronic acid, and are indistinguishable from each other. Thus, MSCs could be a promising
cell source for the development of in vitro 3D models of the synovial membrane or even the other
components of the joint [98].

4.3.2. Modeling Articular Cartilage: Scaffold Revisited

To mimic articular cartilage for a 3D in vitro model of arthritis, healthy hyaline cartilage is
a relatively acellular and avascular tissue with limited regenerative capacity, nourished by the synovial
fluid through diffusion [99]. Articular cartilage is characterized by an organized structure consisting of
different layers (superficially tangential, transitional, and radial) that absorbs mechanical loads and
forces within the joint and thus protects the underlying subchondral bone. Chondrocytes/-blasts are
the only cell population that produce and maintain the highly organized extracellular matrix (ECM),
consisting of collagens, mainly type II, type IX, and XI; non-collagen proteins; and proteoglycans,
such as aggrecan [99]. During RA, pro-inflammatory stimuli, such as TNF-α or IFN-γ, result in the
molecular activation of catabolic and inflammatory processes in human chondrocytes, which decreases
their viability and proliferation and increases matrix degradation [81,100].

Due to the sensitivity of chondrocytes to the molecular and mechanical cues of the environment,
the consensus is that 3D tissue models, using a matrix that corresponds to the natural tissue properties,
are closer to the in vivo situation [101]. Therefore, most 3D approaches involve a scaffold to provide
the cells with a predetermined 3D structure. These scaffolds include porous scaffolds made of collagen
type II [102], natural gels, such as gelatine microspheres [103], alginate beads [104], hyaluronic acid,
and chitosan [105]. Using gelatine microspheres, Peck et al. created a 3D cartilage model very
closely mimicking human cartilage, as confirmed by the high expression of type II collagen and
proteoglycans [103]. Using a tri-culture approach combining the gelatine microspheres-based 3D
cartilage model with a synovial cell line and lipopolysaccharide (LPS)-activated monocytic THP-1 cells,
the authors confirmed and validated the pathological alteration in the phenotype of chondrocytes
characterized by increased apoptosis, decreased gene expression for matrix components, such as
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collagen type II and aggrecan, increased gene expression for tissue degrading enzymes (MMP1, MMP3,
MMP13, and ADAMTS4, ADAMTS5) and upregulation of the expression of inflammatory mediator
genes (TNFA, IL1B, and IL6), as observed in a disease state of RA [103]. Along this line, stimulation of
alginate-based 3D cartilage tissue models with supernatant from RA synovial fibroblasts led to the
activation of catabolic and inflammatory processes that could be reversed by anti-rheumatic drugs
when used [106]. Ibold et al. developed a 3D articular cartilage model for RA based on the interactive
co-culture of high-density scaffold-free porcine cartilage with a RA-derived synovial fibroblast cell
line to provide a tool for high-throughput drug screening. For high-throughput purposes, automation
of cell seeding was introduced, which improved the quality of the generated pannus cultures as
assessed by the enhanced formation of cartilage-specific ECM [107]. However although the stiffness
and absorption rate of these natural matrices cannot be adjusted to the specific requirements of each
cartilage zone, Karimi et al., modeled the superficial, middle, and calcified zone using varying cell
amounts, mechanical loading, and biochemical influences [108].

To establish scaffold-free 3D cartilage constructs, intrinsic processes, such as spontaneous
self-assembly, or extrinsic processes, such as mechanical load-induced self-organization, have been
described [109–112] and used as 3D in vitro models for, e.g., preclinical high-throughput
screenings [113,114].

Since MSCs, which are progenitors of chondrocytes, can be forced in vitro to enter chondrogenic
differentiation, they represent an ideal cell source for the development of in vitro cartilage models:
MSCs are available from different tissue sources (even autologous), they are immune privileged,
easy-to-handle, and highly expandable. Thus, MSCs have been the focus in numerous studies with and
without the incorporation of scaffolds [115,116]. Using this approach, a chondrocyte-like morphology
and cartilage-like matrix corresponding to that of native cartilage were reported, particularly with the
aim of develop cartilage grafts for therapeutic purposes [115].

4.3.3. The Complexity of Mimicking 3D Subchondral Bone: Mission Impossible?

A key feature of RA is focal bone loss or bone erosion [117]. To address this feature, mimicking bone
tissue is mandatory. However, bone tissue is complex in terms of cell composition, matrix organization,
vascularization, and mechanical loading. Bone is a dynamic, highly vascularized, and connective tissue
that undergoes lifelong remodeling processes in an adaptive response to mechanical stress. It provides
a supporting function within the musculoskeletal system and consists of different cell types, such as
osteoblasts, osteocytes, and osteoclasts embedded in the ECM, which consists of organic and inorganic
phases. Osteoclasts and osteoblasts are key players during bone turnover, whereas osteocytes play
a crucial role in bone homeostasis, responsible for mechanosensing and mechanotransduction [118].
Traditionally, bone tissue engineering has been used to produce implants for bone regeneration [119].
In recent years, however, bone tissue engineering has been increasingly applied to create artificial
in vitro bone models to improve our understanding of bone-related (patho)physiological mechanisms,
such as osteoporosis. Commonly, approaches used to mimic bone in vitro are scaffold-based.
Thus, numerous innovative scaffolds (synthetic, natural, biodegradable, and non-biodegradable)
have been developed that are capable of mimicking the mechanical stiffness and structural properties
of bone; the latter includes mimicking porosity and pore sizes to provide cavities for cell penetration
and nutrient supply [120]. These scaffolds are further optimized to have both osteoconductive and
osteoinductive properties [121].

Apart from the scaffold-based approaches, scaffold-free organoids or spheroids and 3D
printing, hydrogels, or beads have been used [90,122–125]. However, all of the aforementioned
approaches commonly use MSCs capable of differentiating into the osteogenic lineage, osteoblasts,
and a combination of either osteoblasts and osteocytes or osteoblasts and osteoclasts. To further support
osteogenic properties, bioactive compounds, such as bone morphogenetic protein 2 (BMP-2) or vascular
endothelial growth factor (VEGF), have been included [126,127]. To achieve the mechanical impact
important for native bone, suitable bioreactors combined with bioceramics further support the in vitro
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osteogenesis in a defined, standardized, controlled, and reproducible manner [128]. Novel promising
approaches aim to realize in vitro bone models with robust vascularization using human umbilical
vein endothelial cells [129–131]. However, no in vitro 3D bone model is currently available that reflects
the complexity of the human bone.

4.3.4. 3D Multicomponent Approaches: Reconstructing the Joint Structure

Multicomponent in vitro 3D co-cultures systems combining 3D in vitro models of articular
cartilage and bone (osteochondral unit) with in vitro 3D models of the synovial membrane are
necessary to study the cartilage degradation and bone erosive processes during RA that are linked to
the invasiveness of the hyperplastic synovium (pannus) [132]. Currently, multicomponent engineering
approaches are widely used to simulate key features of osteoarthritis instead of RA or are used to
develop suitable artificial matrices that can replace damaged regions and promote tissue regeneration.
Thus, many promising in vitro approaches have been recently developed using (i) scaffold-based bone
and scaffold-free cartilage [133], (ii) different scaffolds for both bone and cartilage, (iii) a heterogeneous
(bi-layered) scaffold, or (iv) a homogenous scaffold for both bone and cartilage (as reviewed in
Reference [134]). Notably, bi-layered systems are most often fixed by adhesives, such as fibrin,
creating a barrier for cell–cell contact. To avoid this, Lin et al. encapsulated iPSCs-derived MSCs
(iMPCs) in a photocrosslinkable gelatin scaffold. Using a dual-flow bioreactor, encapsulated iMPCs
were chondrogenic (top) and osteogenic (bottom) differentiated to directly form a stable bridging
zone between the both tissue models [135]. So far, no appropriate multicomponent in vitro model
exists that is able to mimic the physiologically relevant environment of a healthy or an inflamed
joint, including all signaling molecules, cells, and tissue types. Consequently, we developed a valid
in vitro 3D model to simulate the immune-mediated pathogenesis of arthritis. The in vitro model
relies on the three main components of the joint: (i) the osteogenic and (ii) chondrogenic parts, and (iii)
the synovial membrane with the synovial fluid. All components are based on differentiated MSCs
from a single donor and thus include most relevant cell types involved, enabling crucial cell–cell
interactions [136]. We simulated the inflamed joint using the application of RA-related cytokines,
as well as immune cells [132]. Finally, we confirmed the suitability of the multicomponent in vitro 3D
model, which may serve as a preclinical tool for the evaluation of both new targets and potential drugs
in a more translational setup [137].

5. Microfluidic Approaches: Prospectively Systemic

In recent years, perfused cultivation systems have become increasingly important due to the
advantages they provide for the cultivation of functional tissues. They ensure the permanent supply of
nutrients and the defined real-time monitoring of environmental conditions, such as pH, temperature,
and oxygen concentrations. Multi-chamber bioreactors provide the opportunity to cultivate two or more
cell/tissue types in a defined manner [138,139]. Generally, microfluidic approaches provide inherent
flexibility in combinatory design, which enables relevant concentration gradients, cellular spatial
configuration, and co-culture and shear force conditions [140]. To date, only a few different microfluidic
culture approaches have been reported that at least partially reflect the physiology of the joint structure,
mimicking either subchondral bone, articular cartilage, or both together, namely the osteochondral
part, as well as the synovial membrane, including spatial topology and mechanical loading [141,142].
However, these do not yet cover all the possibilities offered by these microfluidic systems (Figure 3).

In detail, using equine chondrocytes in a microfluidic culture, 3D cartilage constructs were formed
by establishing a physiologic nutrient diffusion gradient across a simulated matrix. Additionally,
the geometric design constraints of the microchambers drive native cartilage-like cellular behavior [141].
Calvo et al. developed a synovium-on-a-chip system by culturing patient-derived primary FLSs
in a MatrigelTM-based 3D micro-mass mimicking TNF-α-driven structural changes and synovial
remodeling [142]. As a result, the activation of FLSs by TNF-α leads to induction of the expression
of pro-inflammatory cytokines, such as IL6 and IL8, as well as matrix-degrading metalloproteinases
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and pannus formation, which is a typical feature of RA. Since the rea-out parameters in a perfused
system are often limited to endpoint assessments, the chip system reported by Calvo et al. (2017)
facilitates the online monitoring of cellular parameters by incorporating a simplified light scattering
method that enables the non-invasive detection of cell motility, proliferation, invasion, and even matrix
condensation processes within the 3D tissue [142].

Figure 3. Overview of microfluidic approaches mimicking selected physiological interactions of the
human joint tissues. Figure was modified from Servier Medical Art, licensed under a Creative Common
Attribution 3.0 Generic License. http://smart.servier.com/.

Conclusively, the ultimate goals of microfluidic approaches are to (i) provide reliable information
on the health and disease status of the integrated complex biological system, (ii) reproducibly promote
the formation of the microphysiological tissue structure, and (iii) non-invasively and automatically
monitor stimuli-driven tissue responses [143].

Additionally, a variety of organoids representing various tissues, such as liver, kidney, or heart,
have been established and implemented in microfluidic systems as a single-tissue approach,
namely organ-on-a-chip, or as multi-tissue approaches, such as multi-organ-on-a-chip or, if possible,
human-on-a-chip (Figure 4). However, the human-joint-on-a-chip approach could be a promising
in vitro tool to improve our understanding of the complex pathophysiological mechanisms in RA and
to develop and verify new therapeutic strategies to further expand our repertoire in the battle against
this potentially devastating disease. Future perspectives include human-joint-on-a-chip tailored to
a single patient for use in a personalized medicine scenario to maintain human health.

Despite their advances and opportunities for translational studies and drug testing, microfluidic
systems have still some limitations. So far, microfluidic systems are more challenging to operate and
control than static systems, some organ functions, such as cognition on the brain and mechanical
function in bone, cannot be readily modeled, and they are difficult to adapt to high-throughput
screening and are difficult to standardize and scale up.
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Figure 4. Next-generation preclinical in vitro approach based on microphysiological in vitro
human-joint-on-a-chip systems in combination with pathophysiological-relevant human organs.

6. Conclusions and Outlook

Here, we comprehensively summarized key events in RA pathogenesis, which is the most common
immune-mediated chronic inflammatory joint disease. Today’s treatment goal of RA is to achieve
remission or at least low disease activity. However, a strong unmet medical need remains, as by far
not all patients reach sustained clinical remission and even about 25% still suffer from moderate or
even high disease activity characterized by systemic inflammation, persistent synovitis, expansion of
synovial cells (pannus formation) and progressive cartilage and bone destruction in late stages. In the
last years, we have witnessed the failure of potential new therapies in clinical trials although their
development was based on promising preclinical animal data, which can be attributed to the nature of
these models. Animal models and simplified 2D cell cultures of arthritis have been useful to identify
certain pathomechanisms underlying RA. However, they do not fully reflect human pathogenesis due
to oversimplification of the pathophysiological processes or misleading in case of animal models which
owe interspecies differences with regard to, e.g., chondrocyte biology, articular cartilage, and cartilage
thickness [144–146].

Thus, we herewith suggest that shifting our traditional research approaches in biomedicine towards
an improved human personalized patient-driven translation by using sophisticated in vitro models may
enhance ‘precision’ in medicine. Finally, personalized in vitro models will provide guidance to replace
today’s inefficient standard treatment regimens (one fits it all) taking into account patient heterogeneity
in terms of disease subtypes, endogenous circadian rhythms, autoantibodies, cytokine and infiltrating
immune cell patterns, and the extent of pannus formation, ultimately preventing ‘refractory’ arthritis.

Along with the joints, RA can affect many of the body’s organs [2,3]. Therefore, combining different
3D tissue models with state-of-the-art microfluidic devices must be the next generation in vitro approach
to study the complex crosstalk between tissues/organs and the immune system, including the spreading
of (auto)immune reactions across different organs, ultimately mimicking the systemic nature of
rheumatic diseases.
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Prospectively, the human-based approach will not only provide opportunities (i) to identify
objective patient-related biomarkers to elucidate disease subtypes and treatment response but also
(ii) enable strategies for the management of patients who are ‘refractory’ or resistant to available
treatments. Thus, human-based cellular and tissue models will close the gaps in RA research and,
finally, health care, increase clinical translatability, and contribute to the reduction and/or replacement
of animal experiments used in basic and translational RA research.
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Abstract: Increases in adipocyte volume and tissue mass due to obesity can result in inflammation,
further dysregulation in adipose tissue function, and eventually adipose tissue fibrosis. Like other
fibrotic diseases, adipose tissue fibrosis is the accumulation and increased production of extracellular
matrix (ECM) proteins. Adipose tissue fibrosis has been linked to decreased insulin sensitivity, poor
bariatric surgery outcomes, and difficulty in weight loss. With the rising rates of obesity, it is important
to create accurate models for adipose tissue fibrosis to gain mechanistic insights and develop targeted
treatments. This article discusses recent research in modeling adipose tissue fibrosis using in vivo
and in vitro (2D and 3D) methods with considerations for biomaterial selections. Additionally, this
article outlines the importance of adipose tissue in treating other fibrotic diseases and methods used
to detect and characterize adipose tissue fibrosis.

Keywords: adipose tissue; fibrosis; in vitro models; in vivo models; biomaterials

1. Introduction

Fibrosis is characteristically defined as the thickening and scarring of tissues from a pathological
repair process. While often fibrosis is thought to occur following an injury, in adipose tissue changes in
metabolism can trigger an inflammatory cascade that initiates the maladaptive fibrotic repair process.
Once initiated, fibrotic changes in adipose tissue have devastating effects for patients. In most cases,
adipose tissue fibrosis is undetected, difficult to reverse, and interferes with treatment options for
obesity and other comorbidities.

White adipose tissue is responsible for storing and releasing energy in the body by regulating
lipogenesis and lipolysis, respectively [1]. Lipogenesis is the process where free fatty acids and glycerol
are taken up from the blood stream and stored in adipocytes as triglycerides. Conversely, lipolysis is
the process in which triglycerides are catabolized into free fatty acids and glycerol that are released
into the blood stream where they are used as an energy source by other organs [2]. An imbalance
between these two processes leads to obesity and metabolic diseases, such as type 2 diabetes [3].

Obesity is associated with adipocyte enlargement (hypertrophy) and formation of new adipocytes
(hyperplasia) [4]. This increase in adipocyte volume and tissue mass triggers inflammation, further
dysregulation in adipose tissue, and eventually adipose tissue fibrosis [5]. Like other fibrotic diseases,
adipose tissue fibrosis is the accumulation and increased production of extracellular matrix (ECM)
proteins [6,7]. In healthy adipose tissue, the ECM can be remodeled to accommodate normal
fluctuations in adipocyte size. However, when adipose tissue becomes fibrotic the stiff ECM cannot be
dynamically remodeled.

Historically, obesity has been linked to an overall increase in lipolysis that results in ectopic
accumulation of lipids in other tissues and insulin resistance [8,9]. An increase is observed when
lipolysis is normalized to overall lean body mass; however, when normalized to lipid content there is a

Int. J. Mol. Sci. 2020, 21, 6030; doi:10.3390/ijms21176030 www.mdpi.com/journal/ijms171



Int. J. Mol. Sci. 2020, 21, 6030

decrease in basal lipolysis rate per cell [10–12]. Furthermore, starved hypertrophic adipocytes only
lose a portion of their stored triglycerides (<50%) without supplemental factors [13]. There is limited
literature investigating the effect adipose tissue fibrosis has on lipolysis, so most studies assume the
same trends as obesity. There are several theories as to why this may not be valid. One being that
as adipocytes shrink, stress between the ECM and cells can increase, eventually inhibiting lipolysis,
leading to enlarged adipocytes without a mechanism for depleting their lipid stores [7].

With decreased lipolytic function, it is not surprising that fibrotic adipose tissue has been linked to
difficulties losing fat mass [14] and insulin resistance [15]. For example, gastric bypass surgery, which
generally causes rapid fat loss and increases in insulin sensitivity, is less effective for patients with
high degrees of adipose tissue fibrosis [14,16]. Specifically, insulin resistance is linked to higher levels
of adipose tissue inflammation and increased ECM deposition [15]. Initially, as insulin sensitivity
decreases, adipocytes begin to undergo enhanced lipolysis and release free fatty acids into the
environment. These free fatty acids cause further insulin resistance and can lead to inflammation
by signaling macrophages and other immune cells to the area [17]. Over time this inflammation
increases ECM protein production leading to interstitial fibrosis in adipose tissue. The increased
ECM stiffness prevents the adipocytes from expanding in a healthy manner, causing the tissue to be
metabolically dysfunctional, including adipocyte death, decreased lipolysis, and disrupted cell-cell
interactions [6,14].

Adipose tissue fibrosis has a complicated and critical role in metabolic dysfunction and obesity.
With the growing obesity epidemic, it is important to understand the mechanisms behind the
development and progression of adipose tissue fibrosis. Furthermore, targeted therapeutic treatments
are required for patients with fibrotic adipose tissue. This article discusses recent research in modeling
adipose tissue fibrosis using in vitro (2D and 3D) and in vivo methods with considerations for
biomaterial selections. Additionally, this article will outline the importance of adipose tissue in treating
other fibrotic diseases and methods used to detect and characterize adipose tissue fibrosis.

2. Mechanisms

While there are a number of cell types, environmental factors, and cellular pathways that contribute
to the development of adipose tissue fibrosis, the overarching cause is obesity (Figure 1) [18–23].
However, the link between obesity and fibrosis is complex and incompletely understood. While there
is an increased prevalence of adipose tissue fibrosis in cases of severe obesity [19,24], not all obese
patients will develop fibrotic tissue. Primarily based on the correlative nature of human studies, there
remains many open questions surrounding the link between obesity and fibrotic tissue. This synopsis
aims to introduce several mechanisms that have been thoroughly researched.

Proper adipose tissue ECM composition and remodeling is crucial for cellular function. During the
development of fibrosis, excess ECM proteins are produced while ECM degradation is limited. Several
cell types in adipose tissue including adipocyte progenitors, adipocytes, fibroblasts, and myofibroblasts
are responsible for the production of ECM proteins [25].

Fibronectin and collagens are the most prevalent ECM proteins found in healthy and fibrotic
adipose tissue. Comparing obese and diabetic mice, it was determined that type I, III, V, and VI collagens
are present in higher concentrations compared to healthy mice [26]. Collagen I (COL1) is responsible
for providing structure within the tissue [14], while collagen V (COL5) in high concentrations inhibits
angiogenesis in adipose tissues [27]. Specific to adipose tissue fibrosis, collagen VI (COL6) has been
investigated for its fibrotic role, with the absence of COL6 (in a knockout model) resulting in lower
inflammation and uninhibited enlargement of individual adipocytes [28]. Furthermore, a component
of COL6, COL6a3 named endotrophin, stimulates fibrotic collagen deposition, inflammation, and
insulin resistance [22]. In times of energy surplus, adipocytes undergo hypertrophy (enlargements of
cells) and hyperplasia (an increase in the number of cells) [29]. As adipocytes become larger, they not
only exhibit morphological changes but also become metabolically dysfunctional [30,31], producing
several proinflammatory chemokines. These chemokines include tumor necrosis factor-alpha (TNFα),
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inducible nitric oxide synthase (iNOS), interleukin 6 (IL-6), interleukin 8 (IL-8), C-reactive protein,
Transforming growth factor beta 1 (TGFβ1), soluble intercellular adhesion molecule (ICAM), and
monocyte chemoattractant protein 1 (MCP-1) [31–40]. Additionally, adipocytes exhibit increased gene
expression for ECM production under a high fat diet [41]. Similar to mature adipocytes, adipose
derived stem cells (ASCs) also undergo significant changes during obesity. After being fed a high fat
diet, mice had higher concentrations of ASCs that expressed platelet-derived growth factor receptor
α (PDGFRα) [42]. PDGFRα activation opposes adipogenesis and causes cells to differentiate into a
profibrotic phenotype [43]. The PDGFRα+ ASCs were found to promote fibrosis and are associated
with insulin resistance [42].

Figure 1. Schematic showing changes to adipose tissue during obesity and fibrosis development.

Hypoxia is another major contributor in the development of adipose tissue fibrosis. As adipocytes
expand due to lipid accumulation, they eventually reach the diffusion limit of oxygen. This results in
hypoxia that causes stress signals to increase angiogenesis and remodel ECM proteins in an attempt to
mitigate the oxygen shortage. In hypoxic adipose tissue, hypoxia-inducible factor 1-alpha (HIF1α) is
expressed. Instead of initiating proangiogenic conditions in adipocytes, it enhances synthesis of ECM
components. HIF1α is also suggested to play a role in collagen crosslinking and stabilization [7]. Both
adipocytes and adipocyte progenitor cells produce angiogenic factors, such as vascular endothelial
growth factor (VEGF), leptin, fibroblast growth factor 2 (FGF-2), and hepatocyte growth factor
(HGF) [44,45]. Interestingly, endothelial cells derived from obese adipose tissue have increased gene
expression related to inflammation and senescence, and impaired angiogenesis [46], suggesting that
initial signals to promote angiogenesis are reversed if hypoxia is unresolved. Therefore, prolonged
hypoxic conditions cause injury and long-term damage, fibrosis, cellular senescence, and necrotic
adipocyte death [47].

Unresolved hypoxia can also attract proinflammatory cell types to the area. A population of cells
that have a high concentration in fibrotic adipose tissue are M1 macrophages. Resident macrophages
comprise between 10–15% of stromal cells in the adipose tissue of healthy, lean individuals [48].
This concentration jumps to between 45–60% of stromal cells in obese individuals [35,49,50].
Macrophages are typically observed in “crown-like structures” surrounding dead or dying adipocytes
in obese adipose tissue [51,52]. The increase in macrophage concentration causes an increased
recruitment of monocytes to the area; where the monocytes then differentiate into macrophages [35,48].
In the presence of M1 macrophages, ASCs are predisposed to differentiate into proinflammatory cells.
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This change occurs due to pro-inflammatory cytokines secreted by the macrophages [49,53], where it
has been shown that they are the primary producers of TNFα, iNOS, and IL-6 [44].

ECM degradation is regulated by metalloproteinases (MMPs) and tissue inhibitors of
metalloproteinases (TIMPs). MMPs have the ability to solubilize ECM components while specific
TIMPs are able to inhibit MMPs activity. Obesity and type 2 diabetes have been linked to increased
circulating TIMPs concentration causing MMP activity to be lower than in healthy individuals [54,55].
The increase in proinflammatory cytokines that occurs during hypoxia and inflammation has also been
linked to regulation of MMPs expression [56].

Another cell population that has been linked to adipose tissue fibrosis is mast cells [57,58]. Mast
cells can promote fibroblast growth and collagen production by releasing cytokines, chemokines,
proteases, etc. [59,60]. By comparing adipose tissue from obese patients with the metabolic syndrome
to healthy patients, it was determined that there is an accumulation of mast cells in the subcutaneous
adipose tissue of obese patients. Related to fibrotic changes, there were positive correlations to collagen,
leptin, and glucose concentrations, as well as waist circumference [57,61]. Overall, more research is
needed to determine the role of mast cells and macrophages in the fibrotic transition of adipose tissues.

One method of better understanding the role of different cell types in ECM production, immune
reactions, and fibrosis is single-cell RNA (scRNA) sequencing. When looking at adipocytes specifically
single nuclei adipocyte RNA sequencing (SNAP-seq) is used [62]. These techniques have been used
to better understand variability in cells from different fat deposits or pathological settings [63–67].
It offers a method of characterizing different subpopulations of adipose tissue cells and detecting
heterogeneity in the populations [68].

3. In Vitro Adipose Tissue Fibrosis Modeling

Whenever possible, in vitro models are utilized to refine, reduce, and replace animal models.
In vitro models can be quickly developed (compared to animal models), are easily manipulated with
highly defined conditions, and have a high likelihood of clinical translation (when developed with
human cells). Having accurate biomimetic in vitro adipose tissue fibrosis models can serve as useful
tools for generating a better understanding of the mechanisms behind fibrosis development and
progression, as well as drug screening for effective anti-fibrotic drugs.

3.1. 2D Models

White adipocytes have large unilocular lipid droplets in their cytoplasm. This causes the mature
adipocytes to float in media when cultured using 2-dimensional (2D) approaches. Unable to meet
their nutritional requirements, the floating adipocytes will lyse in a matter of days [69]. Techniques
have been developed to combat this unique problem, including a method termed “ceiling culture”
where flasks are filled with media and adipocytes attach to the ceiling of the cell culture flask [69–71].
However, cells cultured in this way do not function the same as in vivo adipocytes and lose their lipid
stores [72]. As an alternative to culturing mature adipocytes ex vivo, ASCs are differentiated on 2D
substrates to an immature multilocular phenotype (full differentiation cannot be achieved in these
systems as lipid laden cells will detach from the surface).

Two-dimensional culture systems have been used to model cellular changes during obesity
and adipose tissue fibrosis. Many systems use macrophages to mimic the inflammatory effects
associated with obesity that trigger adipose tissue fibrosis [53,73–77]. One model system used
media that was conditioned by macrophages from an obese human patient with or without
supplementation of lipopolysaccharide (LPS), to study the secretory effects on ASCs from a healthy
patient. The results indicated that ASCs have a lower capacity to differentiate in the presence of
macrophage byproducts. Additionally, in the presence of LPS the ASCs became proinflammatory
and secreted higher concentrations of inflammatory factors [77]. Following a similar experimental
setup, another study found that ASCs exposed to factors secreted by M1 macrophages increased ECM
remodeling. The ASCs had a proinflammatory phenotype, increased proliferation and migration, but a
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decreased ability to differentiate [53]. Together, these results indicate that the presence of secretory
factors from M1 polarized macrophages primes ASCs to develop a proinflammatory phenotype that is
pro-fibrotic, rather than pro-adipogenic.

Another study corroborated these results with a co-culture model. Proinflammatory macrophages
(CD14+) and human ASCs (hASCs) were investigated to determine how stem cell differentiation was
affected by their interaction. Consistently, there was a significant decrease in differentiation after
14 days in the presence of proinflammatory macrophages, with a decrease in adiponectin, CEBPβ, and
GLUT4 and an increase in IL6 gene expression [74]. These results have an increased physiological
relevance compared to similar studies [5,75,78] because both cell types were sourced from the same
patient. It was proposed that the cytokine levels would be similar to native human adipose tissue
because the same cell source was used. This suggests that 2D models could be used to study other
fibrotic mechanisms related to ASC commitment and proinflammatory factors.

3.2. Three-Dimensional Models

Biomaterials Used for 3D Adipose Tissue Culture

Due to the decreased physiological relevance of culturing adipocytes using 2D techniques, 3D
scaffolds are often used to grow and model adipose tissue. Several synthetic and natural biomaterials
have been used to successfully culture ASCs and whole adipose tissue ranging from synthetic to
natural polymers (Table 1). While some progress has been made modeling fibrotic adipose tissue using
3D in vitro platforms, this area of research is still at early stages of development with large potential
for growth.

Diabetic patients have higher degrees of adipose tissue fibrosis [79]. To better understand the link
between the ECM and adipocyte metabolic regulation, researchers used human decellularized adipose
tissue from patients with and without type II diabetes mellitus as a model system. Combining ECM
from a nondiabetic patient and adipocytes from a diabetic patient resulted in adipocytes that had fully
restored basal lipolysis and insulin stimulated glucose uptake. Conversely, combining ECM from a
diabetic patient and adipocytes from a nondiabetic patient decreased insulin sensitivity, but had no
effect on lipolysis [80]. This suggests that dysfunctional fibrotic cues are found in the matrix and are
not an intrinsic property of the cells.

The interaction of matrix stiffness and architecture with adipocytes was also tested in an in vitro
model. Researchers incorporated ethylene glycol-bis-succinic acid N-hydroxysuccinimide ester
(PEGDS) into a collagen hydrogel system. The addition of PEGDS created a more organized and
interconnected ECM by establishing intrafibrillar and interfibrillar crosslinks. This was used to
investigate the effect mechanical changes, like those that occur during adipose tissue fibrosis, have on
adipocyte morphology and function. In stiffer hydrogels, adipocytes experienced increased profibrotic
gene expression and ECM deposition. By inhibiting actin contractility, the researchers determined
that the adipocyte dysfunction was regulated by actin cytoskeletal stress fibers that registered the
mechanical properties of the surrounding environment [81]. This research indicates that if fibrosis
could be reversed cells could be rescued from the fibrotic phenotype. Additionally, this research further
supports that fibrotic cues are found in the extracellular matrix.

To mimic in vivo fibrosis in another system, researchers created hypoxic clusters of ASCs that
grew into 3D cell masses comprised of ASCs, alpha smooth muscle actin positive (αSMA-positive) cells,
necrotic cells, and collagen [82]. Researchers compared these 3D cell masses to 2D cultures and found
that there was a significant increase in TGFβ1 secretion, hydroxyproline concentration, and lactate
dehydrogenase secretion. These changes indicate an increase in expression of the fibrotic phenotype,
ECM production, and cell death which align with physiological changes that occur during adipose
tissue fibrosis development [82].
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Table 1. Biomaterials that have been used in vitro to culture adipose tissue.

Material Cell Type Cell Source Key Features

Poly (lactic-co-glycolic
acid) (PLGA)

ASCs Rat [83,84]
Human [85]

They successfully showed that this PLGA could foster adipose
tissue growth and expansion in a short time frame but was not
sustainable for long term cultures. At two months
post-implantation, there was a dramatic decrease in adipose
tissue in the scaffold. This decrease in adipose tissue is likely
due to resorption by the environment. One reason for this is
lack of vascularization.

Marrow Stromal Cells
(MSCs) Rat [86]

Hyaluronic-based
Biomaterial (Hyaff-11) ASCs Human [87] Over a month long experiment ASCs were able to mature into

adipocytes and showed high cell density [87].

Methacrylated Gelatin
and Hyaluronan ASCs Human [88]

ASCs were able to remain viable and differentiate into
adipocytes in a 4-week time span. This approach was limited
by the lack of vascularization [88].

Polycaprolactone (PCL)

Embryonic Stem Cells Mouse [89]

These scaffolds were composed of nano fibers and had an
average pore size of 30 um and porosity of about 88%. The
stem cells differentiated into functional adipocytes and used
the nano fibers similarly to how they use ECM proteins
in vivo.

ASCs Human [90]

By comparing random and aligned electrospun PCL fibers to
2D cultures, researchers found that the use of aligned fibers
resulted in increased lipid accumulation, decreased
proliferation, and closer to physiological glucose uptake in
differentiated ASCs.

Bacterial Cellulose Based
Biomaterials

MSCs Mouse [91]
By combining bacterial nanocellulose and alginate, stable
porous scaffolds were created. Researchers were able to
culture high numbers of adipocytes for 4 weeks.

ASCS, Microvascular
Endothelial Cells Human [92]

The co-culture of differentiated ASCs and human
microvascular endothelial cells was performed with the goal
of creating vascularized adipose tissue constructs.
Vascular-like structures were seen in co-culture and when
culturing endothelial cells only.

Silk Fibroin

ASCs, MSCs Human [93].

Scaffolds seeded with ASCs or MSCs had higher levels of
adipogenesis in vivo compared to collagen and poly (lactic
acid) (PLA). In vitro studies showed a comparable level of
differentiation of ASCs and MSCs in silk, collagen, and PLA.

Whole Adipose Tissue
(Adipocytes, Stromal

Cells, Endothelial Cells)
Human [94,95]

Seeding scaffolds with whole adipose tissue, rather than
isolating a specific cell type, creates a more physiologically
relevant model. The scaffolds had similar numbers of cells
and triglycerides after 3 months of culture compared to
after seeding.

Methacrylated Gelatin MSCs Human [96]

Three-dimensional printing was used to create microporous
methacrylated gelatin scaffolds with varying pore sizes from
230–531 μm. MSCs differentiated in scaffolds regardless of
pore size, but there was better spatial distribution and the cells
migrated deeper into the scaffolds with the largest pore sizes.

Adipose Tissue ECM ASCs Human [97–99]

These ECM scaffolds have a number of advantages, such as
high pore interconnectivity and mechanical properties
optimized for adipose tissue. However, processing can affect
the scaffolds biocompatibility and be a complex,
lengthy process.

3.3. Biomaterial Considerations for In Vitro Modeling

When designing a biomaterial for modeling adipose tissue fibrosis, evaluating biomaterials that
successfully grow healthy adipose tissue, as well as models that are used for other fibrotic tissues,
can be a good starting point. Important biomaterial characteristics that should be considered follow
(Figure 2).

• Stiffness: Stiffness is an intrinsic property of a material and is defined as the resistance of an
elastic material to deformation by an applied force. Adipocytes and ASCs are mechanosensitive
and mechanoresponsive [100,101]. In the body, mechanical forces are balanced internally by the
cytoskeleton and externally through the ECM. Scaffolding materials act as the ECM in in vitro
models, therefore, the stiffness should be carefully considered as it will influence the cellular
cytoskeleton and phenotype [100]. Scaffold stiffness can be controlled by adding other polymers or
additives [81]. A recent study found that stiffer biomaterials triggered fibrotic traits in adipocytes,
such as increased profibrotic gene expression and ECM deposition [81]. Additionally, stiffer
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matrices were found to promote osteogenic differentiation of ASCs, while softer matrices promoted
adipogenic commitment [101].

• Viscoelasticity: Under deformation, a viscoelastic biomaterial will exhibit both elastic and viscous
behavior making it a time-dependent response. Similar to stiffness, viscoelasticity is an intrinsic
material property. The stress response of the material will vary based on strain and history of
deformation and allows viscoelastic materials to exhibit stress relaxation, hysteresis, and creep.
Soft tissues, like adipose tissue, are composed of solids and liquids and naturally behave like
viscoelastic materials. An increase in collagen content results in a greater elastic component to
the adipose tissue, and therefore fibrotic tissues would exhibit a decrease in the time-dependent
viscous behavior.

• Degradability: A biomaterials degradability is also an intrinsic trait. It is dependent on the molecular
properties of the biomaterial. Factors, such as cross-linking, can decrease the degradability. As
fibrosis involves significant deposition of ECM proteins, degradability should be considered
to ensure that cells have enough time and the ability to remodel their environment before the
scaffolding degrades.

• Dimensionality: Dimensionality is an extrinsic material property that defines the number of
dimensions an object occupies. To make the most accurate model for adipose tissue fibrosis a
3-dimensional model is necessary. Typically, growing cells in 3D constructs is more difficult
than 2D, but due to adipocytes’ unique buoyancy issues, and the fact that 2D cultures results
in different morphological (multilocular lipid droplets as opposed to the single unilocular lipid
droplet observed in vivo) and functional adipocytes, 3D culture is often pursued as a more
physiologically relevant option. In particular, the largest difference is in cell volume; 2D culture
results in adipocytes with less than 20% the total cell volume of lean subcutaneous adipocytes and
less than 3% the total cell volume of obese subcutaneous adipocytes [102–106].

• Deformability: Deformability is an intrinsic material property that is defined as the ability for the
material to change shape. The goal of designing a biomaterial to model adipose tissue fibrosis is to
encapsulate adipocytes and the stromal vascular fraction (SVF) in a scaffold with properties similar
to the ECM found in adipose tissues. One method is to begin with a highly deformable biomaterial
that has similar properties to healthy adipose tissue and allow cells to remodel their environment
by triggering fibrosis. Alternatively, by beginning with a biomaterial scaffold that has properties
of fibrotic adipose tissue, and a low degree of deformability, fibrotic adipose tissue can be modeled.
Depending on the experiment and the end goal, each method offers unique advantages.

• Plasticity: Plasticity is an intrinsic material property that is related to stiffness and viscoelasticity.
Several studies have found that cells are able to plastically remodel certain biomaterial
environments, such as collagen and fibrin gels [107–109]. Cells align and compact the fibers
around them to the point where, when the cells are removed, voids remain [110]. Healthy adipose
tissue is a dynamic organ that is remodeled constantly to allow fluctuations in adipocyte size to
meet energy storage and demand needs. However, adipose tissue fibrosis limits the capacity of
adipose tissue to remodel [111]. The addition of crosslinks can lower the accessibility of cells to
remodel the biomaterial [112].

• Porosity: Porosity is an extrinsic property that is defined as the percentage of void space in a
material. Generally, biomaterial scaffolds used to culture adipose tissue have high porosities
(>90%) [83,84] to accommodate the large size of lipid-laden adipocytes. However, pore sizes vary
considerably based on the method of formation (135–633 μm) [83,93]. For example, gas foaming
results in a larger range of pore sizes and is more difficult to control compared to salt leaching [113].
Researchers that have used salt leaching to generate their scaffolds have chosen pore sizes ranging
from 500–600 μm [93]. Electrospun scaffolds had slightly lower porosity (~88%) and considerably
smaller pore sizes (6–70 μm); however, these scaffolds were used with murine ASC cell lines that
are smaller and do not contain the large unilocular lipid droplet [89]. Three-dimensional printing
can be used to create specific pore sizes but depends heavily on the print resolution.
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• Processing: There are many methods of processing biomaterials. Some researchers have used
electrospinning as a method of making scaffolds for in vitro adipose tissue modeling [89,90].
Electrospinning was chosen because the resulting scaffold has similar structure to collagen fibers
found in the ECM matrix of adipose tissue. However, electrospinning resulted in lower porosity
and smaller pore sizes. Three-dimensional bioprinting has been used to model other fibrotic
diseases [114]. Printing with cells allows for more complex tissues to be created. Currently,
printing vasculature is difficult, which limits the size of the print, as necrotic cores develop if cells
do not have access to nutrients in large tissue constructs without vasculature. Three-dimensional
printing also is not an option for all biomaterials. Decellularized tissue matrices have been used to
study adipose tissue fibrosis [80], with conduits for vasculature to help sustain long term culture.
However, decellularized tissue matrices can limit the cell-cell interactions and only represent the
final stages of the disease [115]. Hydrogels are useful for tissue culture due to ease of fabrication
and can be made using ECM proteins [81]. However, the mechanical properties of hydrogels have
lower tunability.

• External Mechanical Forces: Including mechanical forces, such as tensile or compressive strains, is
independent of material properties. Applying tensile strains of about 12% to adipocyte cultures
resulted in faster accumulation of lipids and larger lipid droplets compared to adipocytes cultured
under no external stresses [116]. This could be a useful technique to expedite the formation of a
lipid-rich model.

Figure 2. Schematic illustrating important biomaterial properties that should be considered when
designing an in vitro fibrotic adipose tissue model.
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4. Current Methods of Modeling Fibrotic Adipose Tissue In Vivo

Rodent

Animal models have been extensively used in obesity research. While it is beyond the scope
of this review to delve into all animal models of obesity, many excellent reviews exist [117–119].
To investigate adipose tissues dynamics, mice are the most common animal model used. Mice are
advantageous as they are readily available with well-established protocols for the development of
monogenic (single genetic cause) and polygenic (surgical, chemical, dietary, or environmental causes)
models [117], comparative historical data, a short lifespan and breeding cycle, and the ability to procure
genetically identical strains [120]. Murine models can provide important whole-body information
and have served as a useful tool in learning about adipose tissue fibrosis. Particularly relevant for
exploring the dynamics of fibrotic adipose tissue, systemic effects (i.e., dynamic signaling with muscle,
liver, etc.) and immune interactions can be explored that are not feasible in in vitro models.

Despite the extensive use of murine models, there are some significant drawbacks. For example,
modeling obesity in mice requires dietary, genetic, and chemical modifications that limit their
applicability to human translation [117]. Additionally, there are significant differences in location and
purpose of fat deposits. Most murine research uses perigonadal fat pads as the adipose tissue source;
however, humans do not have an analogous fat deposit [121]. Finally, differences between male and
female mice and lipolysis mechanisms are not translatable to humans [121]. For example, adult female
fat deposits are strongly influenced by reproductive hormones, while this is not seen in female rodents.
Additionally, mice and human adipocytes respond differently to some lipolytic agents [122–124].

Among some of the most common animal models of obesity are: the leptin-deficient ob/ob
mouse [125–127]; the leptin receptor deficient db/db mouse [125,128] and (the more specific)
ss/ss mouse [129,130]; rat analogs with mutated leptin receptor domains: the Zucker and
Koletsky rats [131,132]; deficits downstream from the leptin receptor: the proopiomelanocortin
knockout [133,134], the melanocortin 4 receptor deficient mouse, and the Agouti related protein
knockout [135]; and models of diet induced obesity [117]. Depending on the study design each model
has advantages. Diet induced obesity in animals likely mimics human obesity more than genetically
modified models (as mutations are very rare in humans) and are therefore a good fit for prospective
therapeutics [117]. High fat diet models (>30% of energy from fat) are highly prevalent as dietary
fat intake increases adiposity [136]. In particular, many diet-induced obesity models either use fat-
and sugar-rich supermarket foods (cafeteria diet) or focus on saturated fatty acids and simple sugars
(western diet). On the other hand, transgenic or spontaneous mutations are beneficial for exploring the
role of specific molecular targets in the progression of obesity.

Obesity is closely linked to fibrosis, and thus many animal models of obesity naturally develop
fibrosis. For example, leptin deficiency, as occurs in the ob/ob mouse results in adipose tissue
fibrosis [28,137]. Likewise, collagens are highly upregulated in adipose tissue during metabolic
challenges in the db/db mouse [28]. Currently, obese models of rats are being used to study fibrosis in
other tissues, such as the pancreas (Zucker rats + high fat diet) [138] and liver (wistar rats + high fat
diet) [139]; however, more research needs to focus on adipose tissue fibrosis in obese animal models.

Knockout models and overexpression models of genes are well-suited to study specific molecular
targets involved in adipose tissue fibrosis. One study targeted periostin, an ECM protein that is
secreted following a high fat diet in mice that amplifies inflammation, collagen cross-linking, and
degradation of the ECM. In periostin knockout mice, there were fewer crown-like structures and
reduced fibrosis compared to wildtype mice [140]. In another study, the same profibrotic genes
(COL1A1, COL6A3, Lumican (LUM), Tensascin C (TNC)) overexpressed in humans with adipose
tissue fibrosis [141] were overexpressed in C3H mice. In conjunction with a high fat diet, the C3H mice
exhibited insulin resistance, collagen overproduction, increased macrophage activity, and adipocyte
metabolic dysfunction. It was also determined that an important factor to consider in adipose tissue
fibrosis models is the strain of mouse used, as different strains vary in levels of gene expression.
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Compared to the C57BL/6J mouse strain, which is often used in obesity research, the C3H strain
showed earlier profibrotic gene expression [141], indicating it was a more accurate model of fibrosis. In
another study, researchers studied gender differences with a knockout model. In mice, female adipose
tissue has higher insulin sensitivities, less susceptibility to inflammation, and a higher expression of
estrogen receptors, compared to male adipose tissue [142–144]. Additionally, in mice, adipose tissue
estrogen receptor α (ERα) regulates body fat distribution, inflammation, and fibrosis [145]. They found
that ERα knockout (αERKO) mice had enlarged adipocytes and higher degrees of inflammation and
fibrosis in both males and females compared to wildtype [145]. Notably, female αERKO mice had
a significantly higher expression of the COL6 gene, a gene related to ECM production and fibrosis.
Taken together, these models highlight the important role of key proteins in the pro-fibrotic profile.

Another approach to model fibrosis is to target microRNAs (miRNAs), which are small noncoding
RNAs that regulate gene expression [146,147]. Inflammatory and dysfunctional metabolic processes
related to obesity have been linked to miRNAs. Specifically, it has been found that miRNA155
(miR155) plays an important role in adipocyte differentiation into the white phenotype and activation
of proinflammatory pathways [148,149]. By deleting miR155 and feeding male mice a high fat diet
to induce obesity, it was found that this deletion caused mice to store less visceral adipose tissue
but exacerbated adipose tissue fibrosis compared to wildtype mice fed a high fat diet [150]. This
was surprising because other groups have shown that miR155 plays a role in promoting macrophage
polarization to the M1 phenotype [151–153]. By preventing the polarization of macrophages to the
proinflammatory phenotype, it was thought that the prevalence of adipose tissue fibrosis would be
decreased. It is important to note that the combination of miRNA155 deletion and a low-fat diet did not
result in adipose tissue fibrosis. Conflicting results were gathered when a similar study was performed
using female mice. Feeding miR155 female knockout mice a high fat diet resulted in lower degrees of
obesity. Additionally, these mice had reduced inflammation and cell hypertrophy [154]. These results
further illustrate that adipose tissue is sexually dimorphic.

The long-term goal of modeling fibrosis in animal models is not only to explore mechanisms of
fibrosis but also to target treatments. Knockout models can be combined with traditional models of
obesity to explore therapeutic targets. For example, knockout of collagen VI was explored in the ob/ob
environment and with exposure to a high fat diet [28]. Interestingly, collagen VI deficiency resulted in
an improvement of the metabolic phenotype in both the high-fat diet and ob/ob background. Similarly, in
another knockout model, iNOS ablation in leptin-deficient mice (ob/ob) decreased fibrosis and metabolic
dysfunction [137]. Towards the goal of clinical translation, a murine adipose tissue fibrosis model was
used to investigate the effect of drugs on modulating adipose tissue fibrosis in a diet induced obesity
model. In another study, Isoliquiritigenin (ILG) was used to treat adipose tissue fibrosis in a C57BL/6
diet induced obesity model. Mice fed a high fat diet and given ILG showed reduced fibrotic area,
TNFα, COL1, and TGFβ1 expression compared to control mice. Importantly, there were no significant
differences between high fat diet plus ILG and normal diet [155]. Overall, these studies emphasize that
while rodent models may not directly translate to human clinical outcomes, they provide an important
pre-clinical tool for controlling confounding variables and determining systemic interactions, immune
responses, and genetic influences.

5. Human Epidemiological Studies

Human epidemiological studies are essential for correlating mechanistic data from in vitro and
in vivo studies to fibrotic outcomes clinically. However, human studies on adipose tissue fibrosis are
limited and inconsistent.

In human adipose tissue fibrosis studies, one of the most well studied comorbidities is the effect
of diabetes. One study examined the effect of bariatric surgery on diabetic versus insulin-sensitive
patients. Using patients with similar age, body mass index, and fat mass, the study showed that before
surgery diabetic patients had a significantly higher degree of adipose tissue fibrosis. Six months after
bariatric surgery, fibrosis levels had not decreased, even with significant weight loss [79]. However,
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contradictory conclusions were gathered from another research group looking at adipose tissue samples
taken during bariatric surgery. It was concluded that adipose tissue fibrosis was less prevalent in obese
patients with diabetes, but adipose hypertrophy was more common in these patients [21]. Additionally,
fewer stem cells were found in the adipose tissue samples taken from the diabetic patients [21].
These conflicting results indicate that comorbidities have varying effects on adipose tissue fibrosis
and patient demographics should be more closely considered when drawing conclusions. A study
comparing healthy, non-obese patients with a predisposition for type 2 diabetes to control patients
found that patients with a predisposition had higher degrees of adipocyte hypertrophy, inflammation,
and Wnt-signal activation [156]. All these factors contribute to adipose tissue dysfunction. This study
further supports that patient demographics should be heavily considered when generalizing adipose
tissue fibrosis mechanisms and effects.

In recent years, more diverse patient demographics (race, gender, disease status, etc.) have been
used to investigate their correlation to adipose tissue fibrosis. A recent report investigated the link
between obesity, insulin resistance, and adipose tissue fibrosis in Chinese Americans [157]. Asian
Americans tend to develop type 2 diabetes at lower BMI values compared to White Americans [157,158].
The researchers found that insulin resistance was more strongly correlated to subcutaneous adipose
tissue fibrosis than the patient’s body mass index in the Asian American population. Another
study examined if there was a difference between patients that had been infected with human
immunodeficiency virus (HIV) versus uninfected patients [159]. Patients with HIV related lipoatrophy
had a higher degree of fibrosis and adipocyte apoptosis compared to uninfected patients but were
unable to conclude if the fibrosis caused insulin resistance [111,159]. Future studies are required to
categorize different demographics and their predisposition for adipose tissue fibrosis.

Clinically, adipose tissue fibrosis can be used as a predictor of health-related outcomes,
demonstrating the importance of considering it in treatment options. A subcutaneous adipose
tissue scoring model was developed to predict weight-loss outcomes after gastric bypass based on
the degree of fibrosis in a patient’s adipose tissue [160]. These scores were correlated to the patients’
weight loss after gastric bypass to train a machine learning algorithm, providing semiquantitative,
reproducible fibrosis scores. The researchers also determined that the higher the fibrosis score, or the
more fibrotic the tissue, the less successful weight-loss was after gastric bypass [160]. Together, these
studies reinforce the importance of diagnosing fibrosis in patients to inform better treatment strategies.

6. Adipose Tissue’s Role in Treating Other Fibrotic Diseases

Cells sourced from adipose tissue, particularly the SVF, have been used to treat other fibrotic
diseases and tissues (Table 2). The SVF consists of all non-adipocyte cell types, including ASCs,
endothelial cells, immune cells, and fibroblasts. ASCs are an attractive therapeutic option as they
secrete growth factors, cytokines, proteins, and exosomes that promote regeneration [161,162] and
have been used to treat systemic sclerosis, as well as dermal, liver, cardiac, renal, muscular, and lung
fibrosis [163–172]. For example, injecting hASCs systemically reduced kidney fibrosis, improved renal
functions, and reduced profibrotic gene expression [168,169]. Many of these treatments are effective by
inhibiting the inflammatory response through the TGFβ1 signaling pathway [168,171] and reducing
collagen deposition [171].

Adipose derived exosomes are another potential therapeutic option. The effect of media
conditioned in the presence of ASCs and ASC injections were investigated for treatment of pulmonary
fibrosis. Not only did ASCs improve pulmonary fibrosis [173], but secretions in conditioned media also
successfully had therapeutic effects [172]. The secretions in the conditioned media included exosomes,
which several researchers have used to treat liver fibrosis [174,175]. Exosomes offer a cell free therapy
for treating fibrotic diseases. Furthermore, the mechanism is similar, as microRNA181 in the exosomes,
reduced TGFβ1 expression, and had in vitro and in vivo therapeutic effects [175].
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Table 2. Synopsis of research that used cells and vesicles sourced from adipose tissue to treat other
fibrotic diseases.

Disease Treated Model Species Delivery Method Outcomes

Adipose Derived
Stem Cells

Systemic Sclerosis
[163] Mouse Intravenous Decreased skin thickness and collagen content.

Renal Fibrosis
[168,169] Rat Intravenous Improved kidney function and reduced fibrotic

tissue.
Liver Cirrhosis

[165] Mouse Intravenous Increased expression of antifibrotic markers

Cardiac Fibrosis
[167,176]

Mouse Intramyocardial
Injection

Improved myocardial function and regeneration.
Rat

Pulmonary Fibrosis
[173] Mouse Intraperitoneal

Injection

Lowered production of profibrotic markers and
improved symptoms, such as septal thickening
and enlarged alveoli.

Muscle Fibrosis
[171] Rabbit Intramuscular Lowered collagen fiber production and

profibrotic markers.

Dermal Scars
[177–179] Human Subcutaneous

Injection

Enhanced tissue regeneration, scar severity and
area, and improved the overall cosmetic
appearance.

Conditioned Media Pulmonary Fibrosis
[172] Rat Intravenous Found that conditioned media was as effective as

ASCs at treating pulmonary fibrosis.

Exosomes
Liver Fibrosis

[174,175] Mouse
Intravenous Downregulated fibrotic markers and reduced

collagen deposits.Intrasplenic
Injection

Secretome Liver Fibrosis [166] Mouse Intravenous Increased expression of antifibrotic, proliferation,
and antioxidant activity markers in the liver.

The significance of these treatments underscores the importance of investigating and modeling
adipose tissue fibrosis. These treatments all rely on adipose derived cells; however, adipose tissue
fibrosis significantly alters ASCs function and morphology. For these treatments to effectively work
a stronger understanding of how adipose tissue fibrosis affects adipose derived stem cells and their
secretome at different stages of fibrosis is required.

7. Methods for Evaluating Degree of Fibrosis

Detecting and evaluating adipose tissue fibrosis using reproducible, standardized techniques is
essential for model development. Information gathered from these techniques in situ can be applied
to engineered models to increase their clinical relevance, demonstrating consistency with clinical
outcomes. Researchers have used multiple methods to evaluate the presence or degree of fibrosis
through staining, imaging, mechanical testing, etc. (Table 3). Each of these techniques offers unique
information and has advantages and disadvantages.

Table 3. Techniques used by researchers to evaluate the presence and degree of adipose tissue fibrosis.

Technique Testing Method Results

Sampling/Biopsies

Human subcutaneous adipose tissue samples can be gathered from live
patients during bariatric surgery or cosmetic procedure (panniculectomy,
abdominoplasty, liposuction, etc.) [21,79]. Needle biopsies can also be used
while patients are under local anesthesia [79,156].

Staining

Hematoxylin and Eosin Adipocyte morphology can be determined by staining with hematoxylin
and eosin [79].

Picrosirius Red
Collagen can be detected through histological imaging by staining with
Picrosirius red [20,21,160]. The images can be analyzed to determine the
collagen and adipocyte area in tissue cross sections.

Masson’s Trichrome Using Masson’s trichrome stain allows for collagen, mucus, nuclei,
cytoplasm, keratin, muscle fibers, and erythrocytes to be stained [82].

Pimonidazole
hydrochloride

Pimonidazole hydrochloride can be used to stain cells that are in a hypoxic
environment [82].
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Table 3. Cont.

Technique Testing Method Results

Imaging

Polarized Light
Microscopy

Polarized light microscopy can detect different collagen types. Under
polarized light and stained with Sirius red, type I collagen fibers will
appear orange to red, while type II collagen fibers will appear yellow to
green [19,160].

Confocal Microscopy

Though traditional histological approaches allow important information to
be discerned, fully understanding collagen volume and dispersity can only
be evaluated using 3D imaging approaches. Confocal microscopy can be
used to discern the differences in adipocyte size and collagen amount
between healthy and fibrotic tissues [20,81].

Second Harmonic
Generation (SHG)

Microscopy

SHG microscopy can be used to image collagen fibers without staining.
This allows for 3-dimensional imaging to evaluate collagen dispersion and
structure [81,180–182]. SHG microscopy has been paired with coherent
anti-Stokes Raman scattering (CARS) and 2-photon fluorescence (TPF) to
image adipocytes and elastin [183].

Scanning Electron
Microscopy (SEM)

SEM can be used to visualize adipocytes and ECM fibers. Researchers have
used SEM to image collagen fibers [28].

Transmission Electron
Microscopy (TEM)

TEM can be used to see the interstitial space, caveolae, vasculature, and
adipocytes [28].

Mechanical Testing

Tensile Testing

Tensile testing has been investigated as a method of measuring adipose
tissue fibrosis [20]. By securing sections of fresh tissue between clamps the
peak force and tensile strength can be determined. Samples with higher
degrees of fibrosis will exhibit higher peak forces and tensile strengths.
Custom made mechanical testing instruments have also been made [183].

Rheological Testing The storage modulus (G’) can be used to measure stiffness on the
macroscale [81] which is correlated with increased collagen content.

Atomic Force Microscopy
(AFM)

AFM can be used to quantify stiffness on the microscale [184]. However,
AFM only measures the surface stiffness rather than the interior of
the sample.

Shearwave Dispersion
Ultrasound Vibrometry

(SDUV)

SDUV allows tissue elasticity and viscosity to be measured noninvasively
using imaging techniques [185].

Magnetic Resonance
Elastography (MRE)

MRE is a magnetic resonance imaging (MRI) technique. MRE allows for
mechanical properties, like stiffness, to be investigated noninvasively using
imaging techniques [185].

Gene Expression PCR, RT-PCR, qPCR,
QRTPCR

Specific genes have been linked to adipose tissue fibrosis, such as TGFβ1,
αSMA, COL1, and COL6. Biopsied adipose tissue samples can be analyzed
through PCR [21,82,154,156].

Assays

Hydroxyproline Assays can be used to measure the abundance of hydroxyproline, a
signature amino acid for fibrillar collagens [82,141].

Glycerol
The levels of lipolysis can be quantified using a glycerol assay [81].
Lipolysis is thought to be affected by adipose tissue fibrosis with some
studies having conflicting results [7–9].

Cell Type Frequencies Flow Cytometry

By staining the cells with specific antibodies flow cytometry can be used to
sort cells or count the number of cells in a population. Researchers have
used this to quantify the frequency of SVF populations (stem cells, mast
cells, and macrophages) [21,58].

8. Conclusions

While adipose tissue fibrosis has been investigated for several decades, there is still an incomplete
understanding of causes, effects, and mechanisms. Under periods of high caloric consumption, the
increase in adipocyte volume and tissue mass results in inflammation, metabolic dysregulation, and
adipose tissue fibrosis in some individuals, but not all.

To address many of the open-ended questions surrounding adipose tissue fibrosis, in vitro
and in vivo model systems should be carefully chosen to meet the needs of the research question.
Three-dimensional in vitro models are an area of adipose tissue fibrosis research that has a high
potential for growth. Improvements to this field would drastically enhance our understanding of the
disease by creating physiologically relevant models where factors can be carefully manipulated, and
treatments can be investigated in human samples. While using a biomaterial scaffold to model adipose
tissue fibrosis would offer a high throughput, inexpensive disease model, the tradeoff is a lack of the
complexities found in in vivo animal models, including systemic effects and immune responses [81].
Human epidemiological studies vary considerably depending on experimental setup and subject
demographics. The effects of race, gender, and comorbidities have just begun to be investigated and
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appear to have a significant effect on adipose tissue fibrosis [157–159]. More in-depth studies and
integration of existing datasets [160] are needed to further investigate how patient demographics affect
adipose tissue fibrosis.

Currently, there is also a large amount of research in treating other fibrotic diseases using cells
and secreted vesicles from adipose tissue. As these treatments rely on cells functioning similarly in
all patients the decreased ability to differentiate and exhibit a proinflammatory phenotype in fibrotic
tissues is concerning.

Overall, adipose tissue fibrosis is not routinely screened for; however, it can have profound effects
on patient outcomes and therapeutic options. With the rate of obesity increasing globally, it is essential
that we develop a better understanding of fibrotic causes and mechanisms, as well as create better
models to study potential treatments.
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Abstract: In hematological malignancies, leukemias or myelomas, malignant cells present
bone marrow (BM) homing, in which the niche contributes to tumor development and drug
resistance. BM architecture, cellular and molecular composition and interactions define differential
microenvironments that govern cell fate under physiological and pathological conditions and serve
as a reference for the native biological landscape to be replicated in engineered platforms attempting
to reproduce blood cancer behavior. This review summarizes the different models used to efficiently
reproduce certain aspects of BM in vitro; however, they still lack the complexity of this tissue, which
is relevant for fundamental aspects such as drug resistance development in multiple myeloma.
Extracellular matrix composition, material topography, vascularization, cellular composition or
stemness vs. differentiation balance are discussed as variables that could be rationally defined
in tissue engineering approaches for achieving more relevant in vitro models. Fully humanized
platforms closely resembling natural interactions still remain challenging and the question of to
what extent accurate tissue complexity reproduction is essential to reliably predict drug responses
is controversial. However, the contributions of these approaches to the fundamental knowledge
of non-solid tumor biology, its regulation by niches, and the advance of personalized medicine
are unquestionable.

Keywords: blood cancer; disease modeling; bone marrow; niche; microenvironment; tissue
engineering; 3D models; tumor-on-a-chip; leukemia; myeloma

1. Introduction

Historically, the objective of tissue engineering and regenerative medicine (TERM) has been to
apply the principles of engineering and life sciences to the development of biological substitutes that
restore, maintain, or improve the function of a tissue or whole organ [1]. While this objective remains
intact, the focus in the field has been extended to the implementation of engineered tissues that will
never be implanted into patients, but will transform the way we study human tissue physiology
in vitro [2–5]. Each tissue and organ is unique and has well defined functions, anatomy and cellular,
molecular and soluble components. In vivo, individual cells are harbored in specific niches where they
integrate many external cues (including those that arise from extracellular matrix (ECM), mechanical
stimulation and soluble signals from adjacent and distant cells) to generate a basal phenotype and
respond to perturbations in their environment. The development of 3D platforms with well-defined
architectures resembling native cellular environments has contributed to significant advances, among
other tissues, in liver or heart modeling [6–8]. The integration of three dimensionality, multi-cellular
interactions, patient-specific polymorphisms, fine control of chemical parameters (pH, oxygen level,
biochemical gradients) and ECM composition are the main assets of this engineered tissues [4,9,10].

Int. J. Mol. Sci. 2020, 21, 5747; doi:10.3390/ijms21165747 www.mdpi.com/journal/ijms195



Int. J. Mol. Sci. 2020, 21, 5747

2. Modeling Solid Tumors in Vitro

Cancer is a heterogeneous dynamic disease in which the associated stroma plays a critical role as
a pro-tumorigenic environment, drug desensitization inductor and drug penetration barrier [11]. 3D
engineered cancer models have been used to overcome major issues of conventional 2D planar cultures
and animal models. The average success rate for candidate drugs in translating from animal models to
clinical cancer trials is less than 8% [12]. Biological differences among humans and animals limit their
ability to mimic complex processes such as carcinogenesis and tumor physiology, progression and
metastasis. Mice are the most frequently used animal models. Crucial genetic, molecular, immunologic
and cellular differences between mice and humans prevent them from serving as effective models [9].
Significant progress has been made, such as humanizing mice by transplanting human cells or obtaining
patient-derived tumor xenografts (so called PDTX or avatar mouse). Nevertheless, such models are
still challenging and expensive to adopt for routine use. Furthermore, fundamental differences in
telomerase regulation between rodents and humans [13] have raised questions regarding the reliability
of transgenic and inducible mouse cancer models, and discrepancies between certain rodent and
human cytokines generate uncertainty for mouse models [9,14]. 2D planar cultures’ lack of architecture,
cell-cell and cell-ECM interactions, and the exposure of cells to high-stiffness substrates like culture
plates could affect cell behavior in terms of gene expression profile and drug sensitivity. For example,
the PI3K–AKT–mTOR pathway is a central regulator of cell growth, proliferation, survival, metabolism
and aging. Riedl et al. reported significant differences in mTOR activity and crosstalk between
AKT-mTOR-S6K and the MAPK pathway in spheroids vs. planar cultures of colorectal cancer Caco-2
cells, including alterations in the responses in treatments with inhibitors of AKT, mTOR and S6K axis
or of the MAPK (ERK) axis, which are ongoing pharmacological targets [15]. Moreover, the role of
specific ECM signaling in regulating gene expression and cell fate has been largely validated as a
pivotal agent in cancer progression and drug resistance. The attachment of tumor cells to the ECM
may trigger cell adhesion-mediated drug resistance (CAM-DR). Several receptors such as integrins
and their ligands, including fibronectin (FN) or hyaluronic acid (HA), are involved in this process.
The interaction between α4β1 integrin on tumor cells and FN induces progressive drug resistance in
chronic lymphocytic leukemia (CLL) and acute myeloid leukemia (AML). Also, β1 integrin-mediated
PI3K activation overrides treatment-induced cell cycle arrest and apoptosis in various solid tumors [16].
As the specific crosstalk between a given cancer and its stroma varies for each cancer type and
perhaps for each patient, in vitro models that better reflect the in vivo human environments and their
heterogeneity may provide more accurate indications of patient outcome [17,18].

TERM has been used to explore several approaches for modeling solid tumors (Table 1).
Scaffold-free models such as spheroids and organoids have achieved great in vitro results [15,19].
Organoids, cell aggregates deriving from one or several stem cells able to self-organize and phenocopy
essential aspects of the organs they derive from, are of great interest from the point of view of drug
testing, as they are easily compatible with high throughput screening technologies (HTS). Genetic
modification of organoids allows disease modeling and organoids can be grown from patient tumor
tissues (tumoroids) and recapitulate better native tumors arising in superior models for patient-specific
drug testing [20]. Other approaches incorporate polymeric substrates with tunable composition,
stiffness or functionality into the equation, as in scaffold or hydrogel-based models [21,22]. Including
bioreactors and perfused microfluidic chambers gives strict control of oxygen, temperature, pH or
nutrients and precise spatiotemporal control over gradient formation [23]. Advances in bioprinting
techniques endow tumor-on-a-chip models with specific properties such as anisotropy or complex
physiological architecture [22,23]. More recent approaches integrate the above-mentioned features in
realistic systems that can even include cancerous vascularized tissues embedded in chemico-physically
defined environments with ECM and healthy neighboring cells under dynamic perfused conditions.
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3. Blood Cancers

Blood cancers, non-solid tumors or hematological malignancies are a collective term for neoplastic
diseases of the hematopoietic and lymphoid tissues with a clinical presentation as leukemia, lymphoma
or myeloma [25]. In humans, definitive adult hematopoiesis is established in the bone marrow (BM)
and thymus [26]. Through this process, all blood cells arise from the hematopoietic stem cell (HSC).
Precursor cells proceed through specific maturation steps before leaving the BM as mature circulating
cells. Two major lineages exist: thrombocytes, erythrocytes, granulocytes, and dendritic cells are
derived from the common myeloid progenitor (CMP) and make up the myeloid lineage, while T-
and B-lymphocytes, plasma cells and natural killer cells arise from the common lymphoid progenitor
(CLP) and compose the lymphoid lineage [26,27]. Lineage and maturation stages can be assessed by
morphologic, immunophenotypic, genetic and cytochemical features. Hematological malignancies are
categorized by the same methods according to cell origin, maturation or tumor characteristics [25].
The World Health Organization (WHO) has published a unified classification of neoplastic diseases
of the hematopoietic and lymphoid tissues [28,29]. Two major classes of cell types are primarily
affected: myeloid neoplasms or lymphoid neoplasms. And then, rare histiocytic, dendritic or mast cell
neoplasms. Each of these major groups is categorized in different subclasses, the most common of
which are summarized in Figure 1.

Figure 1. Representation of BM hematopoiesis together with the simplified WHO classification of
neoplastic diseases of the hematopoietic and lymphoid tissues [28,29]. Blue box contains lymphoid
neoplasms, orange box myeloid neoplasms and green box rare histiocytic, dendritic or mast cell
neoplasms. Abbreviations: del, deletion; HSC, hematopoietic stem cell; CMP, common myeloid
progenitor; CLP, common lymphoid progenitor; MEP, megakaryocyte-erythrocyte progenitor; GMP,
granulocyte-monocyte progenitor; TNKP, T-natural killer cell progenitor; BCP, B cell progenitor; NK,
natural killer.

Although leukemias, lymphomas, and myelomas share some common features, they also have
major differences, with similarities and differences in each disease group. Leukemia (a term derived from
the Greek words “leukos” and “heima”) refers to an excess of leukocytes in the body and originates in
the BM. It can arise in either of two main groups -lymphocytes or myelocytes- and can be acute (a rapidly
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progressing form in which affected cells are very immature and unable to accomplish their function) or
chronic (which progresses slowly from cells that are relatively differentiated but crudely functional).
Lymphoma involves lymphocytes and is initiated in lymphoid tissues. Non-Hodgkin’s lymphoma
is the most prevalent form, with more indolent forms that progress slowly with well differentiated
cells, and the more aggressive forms with less differentiated lymphocytes. Hodgkin’s disease has
different clinical features and is characterized by the presence of the distinctive Reed-Stenberg Cells.
Myeloma are plasma cell disorders characterized by clonal proliferation of malignant cells, normally in
the BM [30]. In leukemia, the cancerous cells are discovered circulating in the blood and BM, while
in lymphoma cells tend to aggregate and form tumors in lymphatic tissues. Myeloma is mainly a
tumor of the BM (Box 1). This review will focus on hematological malignancies with BM homing, how
they are supported by BM niches, and explains how tissue engineers could take advantage of these
interactions and architectures to recapitulate the malignant process in vitro.

Box 1. Blood cancers.

“In leukemia, the cancerous cells are discovered circulating in the blood and BM, while in lymphoma cells
tend to aggregate and form tumors in lymphatic tissues. Myeloma is mainly a tumor of the BM.”

4. Bone Marrow Microenvironment, Home of Hematological Malignancies

4.1. Healthy BM Niche: An Intricate and Precisely Organized Network Sustaining HSCs Homeostasis

To ensure effective hematopoiesis throughout an individual’s lifespan, HSCs are tightly regulated
in their complex BM niche (BMN), which keeps a balance between maintaining the HSC population
and producing mature immune and blood cells. Stromal cells, ECM and biochemical gradients
orchestrate the regulation between quiescence and self-renewal that contribute to maintaining the HSCs
vs. their activation, lineage commitment and terminal differentiation. The hematopoietic system has
developed an adaptive response capacity in order to maintain homeostatic replacement of blood and
immune cells (steady-state hematopoiesis), and also to rapidly increase differentiated cell production
in a context of acute blood loss, infection and metabolic or toxic stress (emergency hematopoiesis).
Aberrant prioritization of differentiation over HSC self-renewal and quiescence leads to the exhaustion
of the HSC compartment, while inhibition of differentiation involves ineffective blood production.
In both cases, the hematopoietic system becomes exhausted, leading ultimately to BM failure and
hematological malignancies. Under physiological conditions, functional HSC heterogeneity appears
to be controlled by spatially-different niches. HSCs with diverse differentiation biases (myeloid vs.
lymphoid) or different fates (quiescent vs. activated) have been found to lodge in different anatomical
locations under the control of different stimuli [31]. Despite the controversies, it is generally accepted
that there are two main HSC niches in the BM: the endosteal BMN (EBMN) in the endosteum, with low
vascularity (arteries and arterioles) and the central BMN (CBMN), with higher vasculature, arterioles
and sinusoids, and enriched in HSCs. In both niches HSCs reside mainly in perivascular areas where
endothelial cells, different stromal cells of mesenchymal origin, neurons or Schwann cells and mature
blood or immune cells critically regulate their location, number and fate (Box 2). They are also governed
by other factors such as the abundance of oxygen tension, shear flow or reactive oxygen species (ROS)
(Figure 2).
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Figure 2. Scheme of bone vasculature structure and healthy BMN. (a,b) BMN location and vasculature
architecture. Arterial vessels that penetrate cortical bone merge and form the central artery. Arterioles
branch from the central artery toward cortical bone and anastomose with the sinusoid, which then
connects with the central vein in bone surface proximities. The vascular structure of the medullary
canal in bones contributes to spatial delimitation of the BM HSC sub-niches. (c) Representation of
cell populations (bold text) and their locations in BMN; main cell-cell interactions by direct contact
and soluble factors and their role in HSC homeostasis (green) are detailed. Abbreviations: EBMN,
endosteal bone marrow niche; CBMN central bone marrow niche; ROS, reactive oxygen species; HSC,
hematopoietic stem cell; CMP, common myeloid progenitor; CLP, common lymphoid progenitor; aEC,
arteriolar endothelial cell; sEC, sinusoidal endothelial cell; LepR+ CAR MSCs, leptin receptor expressing
cells and abundant reticular mesenchymal stem cells; Nest+ NG2+ MSCs, nestin and neural glial
antigen expressing mesenchymal stem cells; SNS, sympathetic nerve fiber; nmSCs, non-myelinating
Schwann cells; OBs, osteoblasts; OCs, osteoclasts; CXCL-12, CXC motif chemokine ligand 12; SCF, stem
cell factor; ANG-1, angiopoietin 1; TIE-2, angiopoietin receptor; IL-18, interleukin 18; FGF-2, fibroblast
growth factor 2; TGF-β, transforming growth factor beta; TPO, thrombopoietin; PF-4, platelet factor 4;
JAG-1, Jagged-1; G-CSF, granulocyte-colony stimulating factor.
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The central niche comprises > 90% of the BM volume, and shelters 85% of the HSCs. It contains
most sinusoids and arterioles. Specific and differentiated functions are linked to arteriolar (aBMN)
or sinusoidal (sBMN) BM niches. Sinusoidal areas are tightly related with myelopoiesis and contain
CMPs and steady-state hematopoiesis. In sBMN mesenchymal stem cell (MSCs) subpopulations
such as leptin receptor expressing cells and abundant reticular cells are mainly overlapping (LepR+

CAR MSCs) and produce crucial growth factors for HSC maintenance as CXC motif chemokine
ligand 12 (CXCL-12) and stem cell factor (SCF). In arteriolar perivascular areas of CBMN and EBMN,
nestin and neural glial antigen expressing cells (Nest+ NG2+ MSCs) are the most abundant MSCs
subpopulation and also produce soluble factors involved in HSC maintenance, such as CXCL-12 and
SCF. Sinusoidal (sEC) and arteriolar (aEC) endothelial cells have also been reported to provide soluble
factors related to HSC maintenance such as CXCL-12, SCF, angiopoietin (ANG-1) or fibroblast growth
factor 2 (FGF-2). However, they have phenotypical differences that determine different functions; aECs
form less permeable blood vessels. High permeability of adjacent vessels increases ROS intracellular
levels in HSCs, increasing their migration capacity while compromising their self-renewal, hampering
quiescence and accelerating differentiation. Sinusoids therefore promote HSC activation and lodge
immature and mature leukocyte trafficking to and from the BM, while more quiescent HSCs are found
adjacent to arterioles. The ROSlow HSCs found in sinusoidal areas reside near megakaryocytes, which
in the BM niche promote HSC quiescence through secretion of transforming growth factor beta (TGF-β),
thrombopoietin (TPO) or platelet factor 4 (PF-4). sECs also express higher levels of E-selectin (adhesion
molecule that supports HSC activation) than aECs [32,33]. Sympathetic nerve fibers innervate BM
perivascular areas and contribute to their functional differentiation. Non myelinating Schwann cells
(nmSCs) in sBMN regulate migration of HSCs by direct contact [31], while Nest+ nmSCs maintain
hibernating HSCs in aBMN [34]. nmSCs associated with sympathetic nerve fibers can promote HSC
quiescence by activating latent TFG-β in EBMN and CMBN [33]. Sympathetic nerves release soluble
mediators such as catecholamines from terminals. Noradrenaline reduces CXCL-12 production by
different niche-forming cells [35], inducing HSC activation (Figure 2c).

The EBMN is a much smaller niche (less than 10% of total BM volume) with 15% of the total
HSC population. Several EBMN signals are related to the promotion of HSC quiescence, essential
to preserve hematopoiesis normalcy through lifespan. It is related to lymphopoiesis and harbors
CLPs [31]. Regulation of hematopoiesis by osteoblasts (OB) may depend on their differentiation
state [36]. The contribution of the osteoblastic niche to HSC maintenance remains controversial
due to OB population heterogeneity and varying degree of maturation. OBs produce cytokines and
growth factors that promote HSC self-renewal and quiescence. For example, ANG-1 interacts with
ANG-1 receptor TIE-2 on HSCs to promote quiescence and adhesion. Increased expression of Jagged-1
(JAG-1) in OBs simultaneously increases their number and HSC self-renewal through Notch-1 signaling
activation in HSCs [36]. OBs also appear to regulate HSC homing and engraftment in the EBMN after
HSC transplantation. Osteocytes, mature bone cells entrapped in the calcified bone matrix, control
HSCs through the secretion of the granulocyte-colony stimulating factor (G-CSF). Osteoclasts (OCs),
bone degrading cells of monocytic origin, also affect hematopoiesis [36].

Non-cellular elements such as oxygen level also affect HSCs in different niches. The hematopoietic
compartment is relatively hypoxic, which contributes to HSC pluripotency by mechanisms such
as reducing intracellular ROS. The oxygen level close to arterioles is higher than in perisinusoidal
regions [32,35]. The ECM produced by niche cells provides structural integrity and has a regulatory
effect on niche-forming cells and HSCs [18]. The most abundant proteins are FN, collagens (COL)
from I to XI, tenascin, osteopontin, thrombospondin or elastin. Also important are proteoglycans,
which can present glycosaminoglycan side-chains such as HA, chondroitin sulfate, heparan sulphate
or heparin. ECM interactions with cells are mediated by integrins or selectins and membrane-bound
immunoglobulins such as the intercellular adhesion molecule 1 (ICAM-1) or vascular cell adhesion
molecule 1 (VCAM-1) [32,37]. Proteoglycans and collagens have been shown to be essential for
HSC maintenance; for example HA is required for in vitro hematopoiesis. As in cell-cell interaction,

201



Int. J. Mol. Sci. 2020, 21, 5747

cell-ECM interactions are differentially regulated during steady-state or emergency hematopoiesis [37].
The mechanical properties of BM determined by ECM composition have also been shown to affect HSC
fate. HSC cultivation in different substrates of varying stiffness and topographies have shown that
matrix density and biophysical properties, e.g., specific presentation of adhesion ligands, contribute
to HSC niche modulation, either directly or indirectly. ECM density and components also modulate
direct cell-cell communications by conditioning secreted factors [37].

Box 2. Bone marrow microenvironment.

Healthy BMN in a nutshell. “HSCs maintenance vs. differentiation is tightly regulated in their complex
BM niche ( . . . ). HSCs reside mainly in perivascular areas, where ECs, different stromal cells of mesenchymal
origin, neurons or Schwann cells and mature blood or immune cells and factors as oxygen tension, shear flow
or ROS regulate their location and fate ( . . . ). The central BMN is related with myelopoiesis and steady-state
hematopoiesis; sinusoidal areas promote HSCs activation and lodge immature and mature leukocyte trafficking
while more quiescent HSCs are found adjacent to arterioles. In bone proximities, the endosteal BMN is related
with promotion of HSCs quiescence”.

4.2. BM Niche in Hematological Malignancies: When the Regulatory Machinery Becomes the Perfect
Tumor Partner

Multiple intricate interactions maintain hematopoiesis physiology and also the pathophysiology
of hematological malignancies, which alter the BMN and its normal interactions and so contribute to
tumor progression. Although BMN was suggested to influence tumor initiation twenty years ago its
role is still not clear. However, there is significant evidence of BMN and malignant cell crosstalk being
involved in tumor progression and resistance to therapies [31]. Transformed cells compete with HSCs
to occupy the BMN during the progression of the disease, which disrupts physiological interactions,
reduces the HSC population and disturbs normal hematopoiesis. For example, malignant cells have a
dependence on canonical HSC niche pathways, such as CXCL12- C-X-C chemokine receptor type 4
(CXCR4). However, as the disease progresses transformed cells progressively become independent of
BMN control.

Niche-driven transformations are mutations or functional alterations in BMN-forming cells that
predispose to myeloid malignant tumors. The first indication was provided by two studies reporting
that genetic ablation of the tumor suppressor gene retinoblastoma (Rb) [38] or retinoic acid receptor γ
(Rarγ) [39] in mice induced myeloproliferative neoplasms (MPN), even though their development
required inactivation of either of these genes in hematopoietic and BMN-forming cells. Development
of MPN from Rarγ mutations needs increased levels of the tumor necrosis factor (TNF) [39], depicting
a pro-inflammatory environment as a crucial triggering factor, together with BMN alteration. As
inflammation is a hallmark of aging, and myeloid malignancies are more prevalent among the elderly,
inflamed BMN could be used as a tumor-initiating factor. As BMN aging promotes myeloid biases
at the expense of lymphoid differentiation, some authors suggest that it facilitates pre-malignant
clone growth by overstimulating myeloid cell expansion, which can lead to myeloid malignancies.
This means that myeloid malignancies may develop over a period of years as a continuous process
involving simultaneous mutation of pre-malignant cells caused by certain BMN alterations [40–42].
There is further evidence that BMN is a predisposing factor from the fact that many recipients contract
leukemia after human clinical halogenic HSC transplantations as a result of the transformation of
healthy HSCs into malignant clones [43].

BMN remodeling by malignant cells contributes to disease progression. Malignant cells
alter the transcriptome, proteome and function of BMN-forming cells by means or secreted
factors, exosomes or direct cell-cell contact and promote BMN changes towards angiogenesis and
inflammation [44–46]. MSCs, adipocytes, OBs, ECs and sympathetic neurons or Schwann cells
are also affected. The reprogramming of BMN-forming cells has been described in myeloid and
lymphoid malignancies. In the case of myeloid malignancies, chronic myeloid leukemia (CML)
cells activate MSCs through soluble factors like CC motif ligand 3 (CCL3) or TPO, and by direct
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cell-cell contact causing overproduction of functionally altered OBs that do not support normal HSC
maintenance [47]. In lymphoid malignancies, T cell acute lymphoblastic leukemia (T-ALL) cells
impair normal hematopoiesis with a dramatic loss of OBs [48]. In CLL, exosomes from neoplastic
clones reduce the production of soluble HSC supporting factors, and CLL cell-derived vesicles affect
immune cell function as natural killer cells and accelerate the transition of stromal cells towards
cancer supportive phenotypes, up-regulating production of angiogenic factors by ECs and MSCs [49].
Sympathetic neurons, which innervate BMN, also become altered by malignant cells in mouse-model
MPN. Transformed HSCs produce IL-β1, which damages sympathetic neurons and kill Schwann cells,
leading to reduced CXCL-12 production and promoting mutant HSC proliferation [50]. Hypoxia and
angiogenesis are two important traits of hematological malignancies, neovascularization induced by
malignant cells provides increased nutrients and oxygen to supply the higher demand, but it also
encourages the arrival of soluble factors that promote the survival, proliferation and chemoresistance of
malignant cells. For example, vascular endothelial growth factor A (VEGF-A) secretion by transformed
HSCs increases angiogenesis, but also stimulates its proliferation [51]. Under physiological conditions
HSCs preferentially use glycolysis to avoid excessive ROS production and maintain quiescence.
Malignant AML cells rely on different regulatory mechanisms to gain metabolic plasticity. Unlike their
normal counterparts, malignant cells tend to have a high glucose uptake and glycolytic rate in the
presence of oxygen, known as the Warburg effect (aerobic glycolysis) [52]. Although this results in low
ATP yields, the Warburg effect is an essential anabolic mechanism that allows cancer cells to manage
cell growth and division [53]. However, the field of tumor metabolism is extremely heterogeneous and
specific fractions of malignant cells exhibit increased reliance on oxidative phosphorylation [54]. Some
studies report that malignant cells uptake functional mitochondria from niche-forming cells using
endocytic pathways to satisfy the greater demand for energy, which provides a survival advantage as
it promotes ROS detoxification, resistance to chemotherapy and the aggressiveness of the disease [53].

Once transformed, BMN favors malignancy though different mechanisms. In some lymphoid
malignancies such as CLL, B cell acute lymphoid leukemia (B-ALL) or mantle-cell lymphoma activation
of survival and pro-inflammatory pathways, like the nuclear factor κB (NF- κB) pathway by altered
BMN cells is necessary for malignant cell survival. This crosstalk is dependent on cell-cell contact and is
also mediated by IL-1α and IL-15. Previously malignant cells modify BMN cells such as MSCs, inducing
protein kinase C (PKCβ) expression [55]. Protection from excessive ROS is a different mechanism by
which altered BMN protects malignant cells and promotes survival and chemoresistance. Altered BMN
cells provide CLL or B-ALL cells with cysteine, used by malignant cells for production of glutathione
for ROS detoxification, a key ability for survival, as chemotherapy effectiveness relies on ROS-induced
DNA damage [56]. Metabolic reprogramming of malignant cells by altered BMN cells has also been
reported. Altered BMN cells such as MSCs also promote immunosuppression and hamper the activity
of effector lymphocytes by TGF-β, IL-10, prostaglandin E2 (PGE2) or arginase 1 or 2, and help to avoid
attacks by malignant cells [57]. All these mechanisms combine to develop therapeutic resistance by
malignant cells. The simple grafting of malignant cells onto specific sites could inhibit chemotherapy.
CD44 has played a particularly important role in malignant cell interaction with the BMN in myeloid
malignancies such as multiple myeloma, CML or AML [58–60]. CD44 binding with its E-selectin EC
receptor mediates homing and grafting of malignant cells in CML [59] and enhances drug resistance in
multiple myeloma [60]. Likewise, β1 integrins mediate adhesion to VCAM-1 or ICAM-1 molecules
on stromal cells and induce CML cells adhesion to BMN. In AML, interaction between α4β1 integrin
and VCAM-1 mediates chemoresistance towards activation of the NF-κB pathway in stromal cells [61].
Several studies report how the blockage of these interactions may help to sensitize malignant cells
to conventional chemotherapy. In fact, the latest approaches to clinical treatment of hematological
malignancies are combined therapies that not only attack malignant cells but also the altered BMN,
or more specifically the crosstalk between supporting and malignant cells [62]. The importance of
the environment in blood cancer pathogenesis is therefore undeniable (Figure 3). Effective in vitro
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modeling of hematological malignancies with BM homing, mainly myelomas and leukemias, goes
through the inclusion into the model of different components from the native BMN.

Figure 3. Diagram of malignant cells and BM niche interplay guiding tumor initiation, progression and
acquisition of resistance to therapies. Abbreviations: BM, bone marrow; BMN, bone marrow niche; Rb,
Retinoblastoma; Rarγ, Retinoic acid receptor γ; HSC, hematopoietic stem cell; ROS, reactive oxygen
species; CAM-DR, cell adhesion-mediated drug resistance.

5. Advances in BM Models

Engineering a BM analog would be important both for basic BMN research and for therapeutic
strategies [63]. However, BM structural complexity, its spatially variable anatomy and the intricacies
and dynamic character of its cellular interactions and regulation under physiological and especially
under pathological conditions make BM and hematological malignancies particularly complicated to
tackle for tissue and disease modeling. Despite the complications, TERM has developed tridimensional
platforms attempting to overcome the limitations of conventional models, such as animal models or
in vitro 2D culture. These platforms have been based on different approaches to provide structural
support for HSCs and BMN-forming populations. BM is a complex machine with many different
pieces (cellular components, ECM, soluble signals, oxygen level, tissue stiffness, etc.) working in
an orchestrated manner to carry out its physiological roles. Different authors have chosen different
approaches, in which some pieces conduct the niche’s in vitro mimicry that governs the spatial and
temporal regulatory signals. Approaches include naïve cultures of hematopoietic progenitors in
association with a biomimetic scaffolding material or in a co-culture with specific niche-forming cells
through the more sophisticated BM-on-a-chip devices. Nonetheless, the development of a functionally
effective model capable of showing BMN diversity and dynamism with the translational potential
for disease modeling is still challenging. No single approach has been adopted as the standard in
the field [63–65], however, different models have succeeded in reproducing some particular and
restricted aspects of specific BM contexts. For example, the first attempts at reproducing cell-cell
interactions started with the co-culture of HSCs and different BMN-forming cells, such as ECs, OBs
or MSCs [66–68]. Cell-ECM interactions have been extensively incorporated into the equation by the
introduction of natural tridimensional substrates or by polymeric synthetic substrates with different
biofunctionalizations, all of them commonly presented in the form of scaffolds or hydrogels [69–73]
(Table 2). Some of these approaches aim to improve the platforms for in vitro expansion of HSCs and ex
vivo platforms for blood production [71,73]. Others aim to reproduce certain complex aspects of native
BMN, such as compartmentalization and differential regulation of HSC fate [69,70,72]. All of them
represent simplified bio-inspired set-ups that have undoubtedly contributed to increasing our basic
knowledge of the hematopoietic compartment. However, their complexity is still far from assimilating

204



Int. J. Mol. Sci. 2020, 21, 5747

BM complexity. Micro-scale systems or microfluidic perfusion chips have been used to mimic BMN
complexity. Usually termed as BM-on-a-chip platforms, they include combinatorial approaches of
fluid flow, biomimetic scaffolds and fine control of biochemical parameters (Table 3). These results
are a step forward, as they succeed in mimicking functional compartmentalization, in providing
knowledge that can be applied clinically or even reproduce the particular native behaviors of some
blood cancers [74–78]. Nevertheless, what these different strategies do have in common is that they
show that progress in the field relies on interdisciplinary approaches (Box 3). Although micro-scale
models offer greater control, their design flexibility and significant result assessment are complicated.
For the present authors, the reviewed models that most closely resemble BMN complexity rely on
genetically modified humanized animal models [79], or the series of studies based on, bioengineered
and humanized, mouse ectopically implanted microenvironments [78,80–89]. This raises the issue of
whether animals should be included in the biological complexity, or if less complete models derived
exclusively from human factors should only be used.

Box 3. BM in vitro existing models.

“Nowadays, the development of a functionally effective model with translational potential is still challenging
( . . . ). Different authors have chosen different approaches, and several models succeeded in recapitulating some
behaviors of BM specific contexts ( . . . ) what these different strategies do have in common is that they show that
progress in the field relies on interdisciplinary approaches ( . . . )”.

Narrowing the context down to hematological malignancies, due to the intricacy of the role of
BMN in tumor initiation and progression some authors use healthy BMN models with deliberately
injected malignant cells to study pathological conditions, while others attempt to mimic pathological
niches by including altered ECM or soluble tumorigenic environment [90,91]. For example, major
efforts have been made to optimize complex BMN models for growing leukemia cells [92]. Highly
porous scaffolds made from different biodegradable and non-biodegradable polymeric materials,
such as poly (l-lactic-co-glycolic acid), polyurethane (PU), poly (methyl- methacrylate), poly (d,
l-lactide), poly (caprolactone), and polystyrene coated with COL I or FN have been tested as models to
study AML biology and treatment [93]. Inclusion of cell-cell interactions has also been considered:
co-culture of BMN-forming cells with AML cells in a decellularized Wharton’s Jelly matrix (DWJM)
showed higher resistance to chemotherapy than conventional suspension cultures and best resembled
in vivo drug-resistance [94]. Different ECM components of ECM are known to play a role in inducing
drug-resistance in different tumors: COL gel cultures induce drug resistance in different tumors;
lymphoma or myeloma cells adhering to FN acquired resistance to mitoxantrone or dexamethasone,
respectively, and HA is associated with drug resistance in leukemia [95,96]. Different authors
have selected these biomolecules as scaffolding for in vitro reproduction of drug resistance [92].
For example, COL, FN and HA are present in DWJM scaffolding in the above-mentioned study on
leukemic cells, generating a simplified but rationally designed platform for the study of ECM-induced
drug-resistance [92,94,97]. Multiple myeloma (MM) is a hematological neoplasia in which the BMN’s
role in disease progression via elevated proliferation, migration and CAM-DR has been extensively
reported [98]. Simplified TERM approaches contributed to this knowledge: co-cultivation of MM cells
with BM-MSCs revealed that these cells co-modulated their phenotype and that BM-MSC secretomes
and microvesicles (MVs) participate in this crosstalk [99–101]. MM cell lines cultured on decellularized
ECM from normal donors (ND) or MM patients’ BM-MSC recently showed that MM-MSCs’ ECM
promotes MM cells’ MAPKs/translation initiation-dependent proliferation and migration, while normal
donors’ ND-MSCs’ ECM has the opposite effect [91], an interesting result that supports the use of
transformed in vitro conditions for modeling hematological malignancies. The more sophisticated
platforms developed as healthy BMN have been used to study the behavior of malignant MM cell
lines and effectively succeeded in reflecting resistance to conventional drugs, the main disadvantage in
current MM clinical management [76,102].

205



Int. J. Mol. Sci. 2020, 21, 5747

T
a

b
le

2
.

Su
m

m
ar

y
of

di
ff

er
en

tT
ER

M
ap

pr
oa

ch
es

fo
r

m
od

el
in

g
BM

N
in

te
ra

ct
io

ns
.

R
e
fe

re
n

ce
F

a
ct

o
rs

o
f

M
im

ic
ry

C
e
ll

u
la

r
C

o
m

p
o

n
e
n

t
B

io
m

a
te

ri
a
l

A
ch

ie
v

e
m

e
n

ts

[6
9]

(F
ig

ur
e

4a
)

C
el

l-
ce

ll
an

d
ce

ll-
EC

M
in

te
ra

ct
io

ns
.

BM
N

C
om

pa
rt

m
en

ta
liz

at
io

n.

H
um

an
M

SC
s

fr
om

U
C

or
BM

.
H

SP
C

s
fr

om
U

C
bl

oo
d.

C
O

L
I/

II
Ib

as
ed

hy
dr

og
el

s.

3D
co

-c
ul

tu
re

sy
st

em
re

se
m

bl
es

th
e

EB
M

N
an

d
di

ss
ec

ts
tw

o
su

b-
po

pu
la

ti
on

s
of

H
SP

C
s:

(I
)h

ig
hl

y
pr

ol
if

er
at

iv
e

w
it

h
te

nd
en

cy
to

lin
ea

ge
co

m
m

it
m

en
ta

nd
(I

I)
w

it
h

cl
on

al
ex

pa
ns

io
n

an
d

im
m

at
ur

e
ph

en
ot

yp
e

w
it

h
se

lf
-r

en
ew

al
an

d
re

po
pu

la
ti

on
ca

pa
ci

ty
.

[7
0]

(F
ig

ur
e

4b
)

C
el

l-
ce

ll
an

d
ce

ll-
EC

M
in

te
ra

ct
io

ns
.

H
um

an
H

SP
C

s
fr

om
U

C
bl

oo
d.

BM
N

-f
or

m
in

g
ce

lls
:M

SC
s

(f
ro

m
BM

an
d

U
C

)a
nd

O
Bs

ce
ll

lin
e

C
A

L-
72

.

PE
G

D
A

hy
dr

og
el

m
im

ic
ki

ng
tr

ab
ec

ul
ar

bo
ne

.
A

dh
es

iv
e

pe
pt

id
es

.

C
o-

cu
lt

ur
e

sh
ow

ed
m

or
e

pr
on

ou
nc

ed
po

si
ti

ve
eff

ec
to

f
M

SC
s

on
pr

es
er

va
tio

n
of

H
SP

C
s

st
em

ne
ss

in
3D

th
an

2D
.

Bi
o-

fu
nc

ti
on

al
iz

at
io

n
off

er
s

ad
he

si
ve

si
te

s,
su

pp
le

m
en

te
d

m
ed

iu
m

pr
ov

id
es

so
lu

bl
e

fa
ct

or
s,

M
SC

s
re

fle
ct

th
e

su
pp

or
ti

ng
st

ro
m

al
ce

ll
co

m
pa

rt
m

en
t.

[7
1]

C
el

l-
EC

M
in

te
ra

ct
io

ns
.

BM
N

C
om

pa
rt

m
en

ta
liz

at
io

n.
H

um
an

C
D

34
+

ce
lls

fr
om

ad
ul

t
pe

ri
ph

er
al

bl
oo

d.
PU

sc
aff

ol
d

w
it

h
ho

ne
yc

om
b

st
ru

ct
ur

e.

C
om

pa
rt

m
en

ta
liz

ed
sc

aff
ol

ds
al

lo
w

ha
rv

es
tH

SC
s

ac
ro

ss
lo

ng
er

pe
ri

od
s.

C
on

ti
nu

ou
s

eg
re

ss
of

ce
lls

w
it

h
an

er
yt

hr
oi

d
pr

og
en

it
or

ph
en

ot
yp

e
ov

er
a

28
da

ys
pe

ri
od

.
M

ai
nt

en
an

ce
of

C
D

34
+

po
pu

la
ti

on
,w

hi
le

fa
ci

lit
at

in
g

eg
re

ss
of

in
cr

ea
si

ng
ly

di
ff

er
en

ti
at

ed
ce

lls
.

[7
2]

C
el

l-
ce

ll
an

d
ce

ll-
EC

M
in

te
ra

ct
io

ns
.

Bi
ot

ra
ns

po
rt

.

M
ur

in
e

BM
de

ri
ve

d
Li

n−
Sc

a1
+

cK
it
+

(L
SK

)
su

b-
fr

ac
ti

on
an

d
Li

n+

BM
N

-f
or

m
in

g
ce

lls
.

C
el

l-
la

de
n

C
O

L
I

hy
dr

og
el

s
w

it
h

va
ry

in
g

de
ns

it
ie

s.

C
o-

va
ri

at
io

n
of

hy
dr

og
el

di
ff

us
iv

it
y

an
d

BM
N

-f
or

m
in

g
ce

ll
de

ns
it

y
co

nt
ro

ls
H

SC
s

pr
ol

if
er

at
io

n
vs

.
di
ff

er
en

ti
at

io
n

by
va

ry
in

g
au

to
cr

in
e

vs
.p

ar
ac

ri
ne

si
gn

al
in

g.
Bi

ot
ra

ns
po

rt
lim

it
at

io
ns

in
3D

m
od

el
s

as
cr

it
ic

al
de

si
gn

el
em

en
t.

[7
3]

C
el

l-
EC

M
in

te
ra

ct
io

ns
.

So
lu

bl
e

fa
ct

or
s

im
pr

ov
ed

pr
es

en
ta

ti
on

.

M
ur

in
e

ck
it
+

en
ri

ch
ed

H
SC

s
ce

lls
fr

om
BM

.

PV
A

.F
N

as
2D

co
at

in
g

fo
r

H
SC

s
re

te
nt

io
n.

So
lu

bl
e

TP
O

an
d

SC
F.

Ex
vi

vo
pl

at
fo

rm
fo

r
lo

ng
-t

er
m

H
SC

s
ex

pa
ns

io
n.

A
ff

or
ds

1-
m

on
th

ex
pa

ns
io

n
of

fu
nc

tio
na

lH
SC

s.
C

ul
tu

re
s

de
ri

ve
d

ro
bu

st
ly

en
gr

af
te

d
in

re
ci

pi
en

ts
w

it
ho

ut
re

qu
ir

em
en

tf
or

to
xi

c
pr

e-
co

nd
it

io
ni

ng
,s

ug
ge

st
in

g
ne

w
ap

pr
oa

ch
es

fo
r

H
SC

tr
an

sp
la

nt
at

io
n.

A
bb

re
vi

at
io

ns
:

E
C

M
,e

xt
ra

ce
llu

la
r

m
at

ri
x;

B
M

N
,b

on
e

m
ar

ro
w

ni
ch

e;
B

M
,b

on
e

m
ar

ro
w

;M
SC

,m
es

en
ch

ym
al

st
em

ce
ll;

U
C

,u
m

bi
lic

al
co

rd
;E

B
M

N
,e

nd
os

te
al

bo
ne

m
ar

ro
w

ni
ch

e;
H

SP
C

s,
he

m
at

op
oi

et
ic

st
em

an
d

p
ro

ge
ni

to
r

ce
lls

;O
B

,o
st

eo
bl

as
t;

P
E

G
D

A
,p

ol
y

(e
th

yl
en

e
gl

yc
ol

)d
ia

cr
yl

at
e;

P
U

,p
ol

yu
re

th
an

e;
H

SC
,h

em
at

op
oi

et
ic

st
em

ce
ll;

FN
,fi

br
on

ec
ti

n;
T

P
O

,
th

ro
m

bo
po

ie
ti

n;
SC

F,
st

em
ce

ll
fa

ct
or

;P
VA

,p
ol

yv
in

yl
al

co
ho

l.

206



Int. J. Mol. Sci. 2020, 21, 5747

T
a

b
le

3
.

Su
m

m
ar

y
of

di
ff

er
en

tc
om

pl
ex

m
ic

ro
sc

al
e

sy
st

em
s

or
BM

-o
n-

a-
ch

ip
ap

pr
oa

ch
es

.

R
e

fe
re

n
ce

A
p

p
ro

a
ch

A
ch

ie
v

e
m

e
n

ts

[7
4]

H
yd

ro
xy

ap
at

it
e-

co
at

ed
ce

ra
m

ic
ca

nc
el

lo
us

bo
ne

m
im

ic
ki

ng
sc

aff
ol

d,
pr

e-
cu

lt
ur

e
w

it
h

pr
im

ar
y

BM
-M

SC
s

in
du

ci
ng

EC
M

de
po

si
ti

on
an

d
fa

ct
or

se
cr

et
io

n.
C

o-
cu

lt
ur

e
w

it
h

H
SP

C
s

fr
om

U
C

bl
oo

d
de

ve
lo

pe
d

in
th

e
M

O
C

pl
at

fo
rm

[6
9]

.

Lo
ng

-t
er

m
cu

ltu
re

of
H

SP
C

s.
M

SC
s

ge
ne

ra
te

d
m

ic
ro

en
vi

ro
nm

en
tc

on
du

ct
s

H
SC

m
ai

nt
en

an
ce

.H
SP

C
s

re
m

ai
n

th
ei

r
na

ti
ve

st
at

e
af

te
r

4-
w

ee
ks

cu
lt

ur
e

in
dy

na
m

ic
co

nd
iti

on
s

in
th

e
pe

rf
us

ed
M

O
C

an
d

re
ta

in
m

ul
ti-

lin
ea

ge
di
ff

er
en

tia
tio

n
po

te
nt

ia
l.

M
O

C
pl

at
fo

rm
al

lo
w

s
co

-c
ul

tu
re

w
it

h
di
ff

er
en

to
rg

an
oi

ds
in

ad
ja

ce
nt

ch
am

be
rs

[7
5]

Bo
ne

-l
ik

e
ce

ra
m

ic
sc

aff
ol

d,
fu

nc
ti

on
al

iz
ed

by
hu

m
an

st
ro

m
al

ce
lls

an
d

by
th

e
EC

M
th

ey
de

po
si

te
d

du
ri

ng
pe

rf
us

io
n

cu
lt

ur
e

in
bi

or
ea

ct
or

s.

Pe
rf

us
io

n-
ba

se
d

bi
or

ea
ct

or
sy

st
em

,p
ar

ti
al

ly
re

ca
pi

tu
la

ti
ng

st
ru

ct
ur

al
,

co
m

po
si

ti
on

al
an

d
or

ga
ni

za
ti

on
al

fe
at

ur
es

of
EB

M
N

.S
up

po
rt

of
H

SP
C

s
m

ai
nt

en
an

ce
an

d
ex

pa
ns

io
n

in
vi

tr
o

w
it

h
pr

es
er

ve
d

m
ul

ti
lin

ea
ge

re
co

ns
ti

tu
ti

on
po

te
nt

ia
l.

Fu
nc

ti
on

al
co

m
pa

rt
m

en
ta

liz
at

io
n.

Po
ss

ib
ili

ty
to

ex
pl

oi
tt

he
sy

st
em

fo
r

st
ud

y
BM

N
w

it
h

cu
st

om
iz

ed
m

ol
ec

ul
ar

si
gn

at
ur

es
.

[7
6]

(F
ig

ur
e

4c
)

M
ic

ro
-s

ca
le

3D
TE

BM
cu

lt
ur

es
de

ri
ve

d
fr

om
th

e
BM

su
pe

rn
at

an
to

fM
M

pa
ti

en
ts

.
D

iff
er

en
tB

M
ce

llu
la

r
co

m
po

ne
nt

s
(M

M
ce

lls
,B

M
N

ce
lls

,a
nd

EC
s)

.C
ro

ss
-l

in
ke

d
fib

ri
no

ge
n

sc
aff

ol
d.

3D
TE

BM
cu

lt
ur

es
al

lo
w

ed
pr

ol
if

er
at

io
n

of
M

M
ce

lls
,r

ec
ap

it
ul

at
ed

th
ei

r
in

te
ra

ct
io

n
w

it
h

th
e

m
ic

ro
en

vi
ro

nm
en

t,
re

cr
ea

te
d

3D
as

pe
ct

s
of

BM
N

(s
uc

h
as

ox
yg

en
gr

ad
ie

nt
s)

,a
nd

in
du

ce
d

dr
ug

re
si

st
an

ce
in

M
M

ce
lls

.

[7
7]

PD
M

S
ho

llo
w

co
m

pa
rt

m
en

tw
it

h
a

C
O

L
Ig

el
co

nt
ai

ni
ng

bo
ne

-i
nd

uc
in

g
D

BP
,

BM
P2

an
d

BM
P4

,i
m

pl
an

te
d

su
bc

ut
an

eo
us

ly
in

m
ou

se
.P

os
te

ri
or

ly
ex

pl
an

te
d

an
d

m
ai

nt
ai

ne
d

in
vi

tr
o

in
a

m
ic

ro
flu

id
ic

de
vi

ce
fo

r
4

or
7

da
ys

.F
un

ct
io

na
lit

y
an

d
re

sp
on

si
ve

ne
ss

of
th

e
te

st
ed

by
ex

po
si

ng
it

to
γ

-r
ad

ia
ti

on
to

de
te

rm
in

e
w

he
th

er
th

is
m

et
ho

d
co

ul
d

be
us

ed
as

an
in

vi
tr

o
m

od
el

fo
r

ra
di

at
io

n
to

xi
ci

ty
.

Fo
rm

at
io

n
a

cy
lin

dr
ic

al
di

sk
of

co
rt

ic
al

an
d

tr
ab

ec
ul

ar
bo

ne
co

nt
ai

ni
ng

m
ar

ro
w

w
it

h
a

he
m

at
op

oi
et

ic
ce

ll
co

m
po

si
ti

on
ne

ar
ly

id
en

ti
ca

lt
o

th
at

of
na

tu
ra

lB
M

.
Pr

es
en

ce
of

ke
y

ce
llu

la
r

an
d

m
ol

ec
ul

ar
co

m
po

ne
nt

s
of

BM
N

.D
ur

in
g

po
st

er
io

r
1-

w
ee

k
in

vi
tr

o
cu

lt
ur

e
re

ta
in

ed
m

or
ph

ol
og

y
an

d
m

ol
ec

ul
ar

pa
tt

er
ns

,e
na

bl
ed

m
ai

nt
en

an
ce

of
a

si
gn

ifi
ca

nt
ly

hi
gh

er
pr

op
or

ti
on

of
lo

ng
-t

er
m

H
SC

s
w

hi
le

eff
ec

ti
ve

ly
m

ai
nt

ai
ni

ng
di

st
ri

bu
ti

on
of

m
at

ur
e

bl
oo

d
ce

lls
.M

im
ic

ke
d

ph
ys

io
lo

gi
ca

lr
es

po
ns

e
to

cl
in

ic
al

ly
re

le
va

nt
do

se
s

of
γ

-r
ad

ia
ti

on
.

[7
8]

G
en

er
at

io
n

of
hu

m
an

iz
ed

he
te

ro
to

pi
ca

lly
lo

ca
liz

ed
bo

ne
or

ga
no

id
,“

os
si

cl
es

”,
re

ca
pi

tu
la

tin
g

no
rm

al
BM

N
m

or
ph

ol
og

y
an

d
fu

nc
tio

n.
O

ss
ic

le
s

fo
rm

ed
in

-s
itu

by
BM

-M
SC

s
ec

to
pi

ca
lly

im
pl

an
ta

ti
on

in
m

ic
e.

H
SC

s
ca

n
su

bs
eq

ue
nt

ly
be

tr
an

sp
la

nt
ed

in
to

th
e

os
si

cl
e.

Tr
an

sp
la

nt
at

io
n

of
no

rm
al

an
d

m
al

ig
na

nt
H

SC
s.

R
ob

us
ta

nd
re

pr
od

uc
ib

le
in

vi
vo

m
et

ho
do

lo
gy

to
st

ud
y

hu
m

an
no

rm
al

an
d

m
al

ig
na

nt
he

m
at

op
oi

es
is

in
a

ph
ys

io
lo

gi
c

se
tt

in
g.

Eff
ec

ti
ve

ly
en

gr
af

tm
en

to
f

pr
im

ar
y

pa
ti

en
t-

de
ri

ve
d

A
M

L
an

d
m

ye
lo

fib
ro

si
s

ce
lls

in
m

ic
e.

A
lt

ho
ug

h
bo

ne
,

ca
rt

ila
ge

,a
nd

M
SC

s
w

it
hi

n
th

e
os

si
cl

e
ar

e
of

hu
m

an
or

ig
in

,t
he

va
sc

ul
at

ur
e

is
m

ou
se

de
ri

ve
d.

Li
m

it
ed

ap
pl

ic
ab

ili
ty

of
th

e
m

od
el

to
hu

m
an

sp
ec

ifi
c

qu
es

ti
on

s.

[6
5]

(F
ig

ur
e

4d
)

C
ry

og
el

-b
as

ed
C

O
L

co
at

ed
ca

rb
ox

ym
et

hy
lc

el
lu

lo
se

m
ic

ro
-s

ca
ff

ol
d

se
ed

ed
w

it
h

m
ur

in
e

BM
N

-f
or

m
in

g
ce

ll
lin

e
O

P9
to

ge
ne

ra
te

a
liv

in
g,

in
je

ct
ab

le
st

ro
m

a
su

pp
or

ti
ve

fo
r

he
m

at
op

oi
es

is
,a

nd
w

it
h

m
ur

in
e

H
PS

C
s.

Se
ed

ed
sc

aff
ol

ds
ac

ta
s

m
ic

ro
ca

rr
ie

rs
,e

na
bl

in
g

cu
lt

ur
e

in
vi

vo
,w

he
n

im
pl

an
te

d
ec

to
pi

ca
lly

in
m

ic
e

fo
r

va
sc

ul
ar

iz
at

io
n.

Sc
aff

ol
ds

pr
om

ot
e

he
m

at
op

oi
et

ic
ce

ll
pr

ol
if

er
at

io
n

ov
er

ti
m

e,
am

en
ab

le
to

liv
e,

hi
gh

-r
es

ol
ut

io
n

im
ag

in
g.

C
o-

cu
ltu

re
on

ch
em

ic
al

ly
de

fin
ed

sc
aff

ol
d

m
ic

ro
ca

rr
ie

rs
.

Si
m

pl
e

an
d

sc
al

ab
le

.N
o

ex
og

en
ou

s
cy

to
ki

ne
su

pp
le

m
en

ta
ti

on
.S

tr
om

al
an

d
he

m
at

op
oi

et
ic

ce
lls

ab
le

to
su

rv
iv

e
in

vi
vo

fo
r

12
w

ee
ks

,s
ho

w
in

g
in

co
rp

or
at

io
n

in
to

th
e

na
ti

ve
ti

ss
ue

vi
a

de
no

vo
va

sc
ul

ar
iz

at
io

n.

A
bb

re
vi

at
io

ns
:B

M
,b

on
e

m
ar

ro
w

;M
SC

,m
es

en
ch

ym
al

st
em

ce
ll;

EC
M

,e
xt

ra
ce

llu
la

r
m

at
ri

x;
H

SP
C

s,
he

m
at

op
oi

et
ic

st
em

an
d

pr
og

en
ito

r
ce

lls
;U

C
,u

m
bi

lic
al

co
rd

;M
O

C
,m

ul
ti-

or
ga

n-
ch

ip
;

E
B

M
N

,e
nd

os
te

al
bo

ne
m

ar
ro

w
ni

ch
e;

B
M

N
,b

on
e

m
ar

ro
w

ni
ch

e;
3D

T
E

B
M

,3
D

ti
ss

u
e

en
gi

ne
er

ed
bo

ne
m

ar
ro

w
;M

M
,m

u
lt

ip
le

m
ye

lo
m

a;
E

C
,e

nd
ot

he
lia

lc
el

l;
C

O
L

,c
ol

la
ge

n;
H

SC
,

he
m

at
op

oi
et

ic
st

em
ce

ll;
D

BP
,d

em
in

er
al

iz
ed

bo
ne

po
w

de
r;

BM
P2

,b
on

e
m

or
ph

og
en

et
ic

pr
ot

ei
n

2;
BM

P4
,b

on
e

m
or

ph
og

en
et

ic
pr

ot
ei

n
4;

A
M

L,
ac

ut
e

m
ye

lo
id

le
uk

em
ia

.

207



Int. J. Mol. Sci. 2020, 21, 5747

Figure 4. TERM models of healthy BMN. (a) Co-culture of human HSPCs with MSCs in 3D COL hydrogel
dissects two sub-populations of HSPCs. (i) Scheme of the 2-compartment system. (ii) HSC morphology by
SEM at day 14 (adapted by kind permission of [69]). (b) Co-culture of HSPCs with mesenchymal stromal
cells in PEGDA hydrogel coated with adhesive peptides mimicking trabecular bone. (i) Scheme of the
approach. (ii) Cross-sections of hydrogels, SEM images (top panel) and fluorescence micrographs (lower
panel) with Alexa Fluor 647-labeled BSA in red as tracer molecule to reveal interconnectivity of the pores.
Scale bars, 20 μm (SEM) or 100 μm (FL). (iii) Pseudo colored SEM micrograph of a hydrogel seeded with
primary MSC-BM and HSPCs. Purple: adherent MSC-BM, 28 μm in size; red: HSPCs, 12 μm in size. Scale
bar, 20 μm (adapted by kind permission of [70]). (c) In vitro 3DTEBM used for culture of BM aspirates from
MM patients. (i) Scheme of the approach; cultures were developed through cross-linking of fibrinogen with
calcium; numerous cellular components, including MM cells, MM-derived stromal cells and endothelial
cells were incorporated. (ii) Illustration of the BMN and the 3DTEBM with oxygen and drug concentration
gradients (adapted by kind permission of [76]). (d) Cryogel-based COL coated carboxymethylcellulose
scaffold seeded with murine BMN-forming cell line OP9 to generate a living, injectable stroma supportive for
hematopoiesis, and with murine HPSCs, seeded scaffolds used as microcarriers for in vivo culture in mice (i).
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(ii) Fluorescence image of CCM seeded scaffold, blue: Hoechst (scaffold); green: GFP (OP9 stromal
cells); red: HSPCs (adapted by kind permission of [65]). Abbreviations: SEM, scanning electron
microscopy; HSPC, hematopoietic stem and progenitor cell; PEGDA, Poly (ethylene glycol) diacrylate;
HSC, hematopoietic stem cell; MSC, mesenchymal stem cell; BM, bone marrow; 3DTEBM, 3D tissue
engineered bone marrow; MM, multiple myeloma; COL, collagen.

6. Unresolved Questions in Modeling BM and Non-Solid Tumors

As the review delves into the advances in modeling healthy or malignant BM, some basic questions
regarding the main design principles of TERM approaches should be considered. The physiological
BMN and the transformations leading to or sustaining blood tumors are extremely complex and it
will be a major challenge for TERM to faithfully reproduce these artificially in a BM model. In our
view, cells must raise the artificial BMN from a provided substrate, which should be as biomimetic
as possible, and from the presence of the appropriate environmental conditions (oxygen, fluid flow,
physico-chemical stimuli . . . ) (Box 4). The promising approach proposed by Torisawa et al., consisting
of an artificial substrate engineered in vivo in a biomimetic BM model for in vitro HSC culture,
strengthens the idea that the cells themselves are the last-resort architects of model complexity.
However, this model is implanted in mice and does not closely mimic the human situation. For more
humanized models, TERM must propose alternative methods of cell-guided niche formation. Some of
the critical issues of these approaches to modeling blood cancers are examined in this section (Figure 5).

Figure 5. Scheme of critical issues that should be addressed by TERM blood cancer model approaches.

Box 4. Unresolved questions in modeling BM and non-solid tumors.

“The physiological BMN and the transformations leading to or sustaining blood tumors are extremely
complex and it will be a major challenge for TERM to faithfully reproduce these artificially in a BM model. In our
view, cells must raise the artificial BMN from a provided substrate, which should be as biomimetic as possible,
and from the presence of the appropriate environmental conditions (oxygen, fluid flow, physico-chemical stimuli
. . . ).”

6.1. ECM Dynamics and Remodeling

ECM is a highly dynamic structure continuously undergoing controlled remodeling [103]. In vivo,
cells rebuild and remodel ECM constantly through synthesis, degradation, reassembly, cross-link or
chemical modification of their different components [104] and resultant biophysical, mechanical and
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chemical ECM characteristics influence tissue homoeostasis [105]. ECM remodeling is therefore an
important mechanism helping to regulate cell differentiation or the establishment and maintenance of
stem cell niches, angiogenesis, bone remodeling or wound repair [104]. Deregulated ECM remodeling
is associated with different pathological conditions: abnormal ECM deposition and increased stiffness
have been broadly linked with solid tumors [106,107]. In tissue engineering approaches, when
adherent cells are seeded on 3D substrates (or on 2D surfaces) preexisting adhesion ligands from
substrate functionalizations or serum protein deposition are essential for initial cell attachment, after
which the cells remodel and secrete their own ECM. This inherent ability of ECM remodeling to
control cell behavior has also been reported and exploited in in vitro 3D models [108,109]. In these
approaches, both stiffness and degradability of the polymeric substrates are critical design variables,
as metalloproteinases or other enzymes are commonly used by cells for ECM degradation, and natural or
engineered proteolytically degradable materials have been extensively used in biomimetic approaches.
Other groups have also proposed material-driven ECM remodeling. Salmerón-Sanchez et al. found
that simple FN adsorption onto poly(ethyl acrylate) surfaces triggered FN organization in a fibrillar
network similar to cell-assembled matrices [110]. These studies provide evidence of the cells’ ability to
direct ECM remodeling in vitro and to enhance this process towards biomimetic ECM configurations.
However, it has also been reported that cells embedded in artificial matrices require externally-imposed
parameters, including matrix stiffness, which affect cell-mediated ECM remodeling by altering ECM
regulatory genes [111]. This means that the initial matrix provided by the model will always guide
cell behavior and influence cell-mediated ECM remodeling, perhaps reshaping the native output
of this process. Therefore, the key question in hematological malignancies modeling is whether
patient-derived malignant cells are able to can carry out this process or induce other cells in the model
to do so.

6.2. Vascularization of the Model

To answer the question of how far cells can reconstruct native BMN complexity from an artificial
substrate we should consider not only cell-mediated ECM remodeling but also the cells’ ability to
create complex structures, such as vasculature, or reproduce the anatomical traits essential for tissue
function, like compartmentalization. Vascularization of the model seems essential, as native BM blood
vessels actively contribute to functional differentiation into subniches by their different BMN-forming
cell populations and generating different biochemical gradients. In vitro vascularization is by itself a
wide research field. Vascular networks have been generated in vitro by different approaches to study
angiogenesis, vasculogenesis and cancer metastasis [112]. Vasculogenesis is the process by which early
capillary-like networks form in vivo during adulthood through recruitment of endothelial progenitor
cells (EPCs) from BM [113]. Following the formation of a primary network, expansion and sprouting
occur from existing vessels by the process termed as angiogenesis, which is key in solid tumor growth,
and activated by hypoxic environments or shear flow [112]. This mechanical stimulus also modulates
the process of arteriogenesis, a maturation step that contributes to arterio-venous differentiation [113].
Many in vitro models are now enabled by microfluidic-based techniques and flexible polymers such as
PDMS that can produce well-defined micro-scale geometries. One of the important aspects dealt with
in this review is that in vivo vascular organization depends on the surrounding microenvironment,
as seen in vessels aligned parallel to muscle, radially in the retina and highly branched in the lungs [112].
The in vitro patterning of the substrate or the composition of ECM mimicry used to develop the
micro vessels influence their organization [114], even systemic factors, such as media flow, may affect
network morphology and function [115]. Two options arise as dominant strategies for vascularization
of engineered tissues in vitro: scaffold-based strategies using naturally derived and synthetically
generated tube-like structures for guided vessel formation vs. the naturally formed cell-based strategies
that rely on endothelial angiogenesis and vasculogenesis to form perfuseable networks [112]. ECs, EPCs,
human dermal microvascular endothelial cells (HDMEC) or human umbilical vein endothelial cells
(HUVECs), among others, have been used in in vitro angiogenesis and vasculogenesis models, always
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with a supporting ECM component and proper soluble environment to enhance their attachment and
function [112,113,116]. However, as MSCs and other stromal cells have been shown to interact with
endothelial lineage cells during neovascularization, MSCs have been co-implanted with human ECs,
improving vascular tissue formation [117,118]. The most successful models of healthy or malignant BM
reviewed in this article in terms of vascularization are those in which complexity has been engineered
by implantation in vivo in mice. Although the human vasculature structure and perivascular BMN
can be resembled in humanized structures implanted in mice [80], these approaches are again limited
by their uncertainty as to the specific role of mouse vasculature and the cytokines supplied by the
mouse system to these humanized implanted structures. Focusing on non-solid tumors, different
authors have reported altered angiogenesis in association with different hematological malignancies.
Laroche et al. reported that the number of arterioles and capillaries increased in myeloma from its
initial stages according to the gravity of the disease [119]. Increased BM angiogenesis and increased
levels of associated factors, such as VEGF, have also been described in relation to AML, ALL, B-CLL or
CML, among others, leading to the development of therapeutic applications based on disruption of
this mechanism [120].

The remaining question concerning vascularization is thus whether there is an effective
animal-independent cell-guided way to biomimetically vascularize human engineered models, or in
its absence, whether it is preferable to sacrifice the complex vascular biomimetic networks and replace
them with gradients and an unstructured or artificially conditioned cellular and soluble factors from
vessels [68] in order to maintain fully human models. This is the case of in vitro models of hematological
malignancies such as the MM model in De la Puente et al., which fully preserve humanization and
recapitulate the polarized BM niche structure with the generation of biochemical gradients, showing a
more hypoxic vs. a more normoxic niche with more endothelial cells (Figure 4c) [76,121]. The present
authors believe that recent advances in the field of in vitro vascularization, particularly the intention to
provide better support to organ-on-a-chip approaches, will sooner or later contribute to the compatibility
of human engineered vessels with native-like characteristics.

6.3. Compartmentalization

The more naïve bio-inspired setups summarized in Table 2 and some of the approaches in Table 3
contain several models that represent compartmentalization as a key factor in inducing mimicry. Diverse
methods are used to create different functional zones, e.g., including structured compartments [21],
differential matrix regions such as suspension vs. solid compartment [69,73], co-culture of different
cells [70] or generation of biochemically different areas by gradients [72]. However, the combinatorial
approaches are the most commonly used [74–76]. When moving forward towards the reviewed
cell engineered approaches [65,77,78] it appears that in vivo-mediated vascularization, native ECM
remodeling or including different cell types in the engineered models will indirectly lead to better
functional compartmentalization than the initial design. Therefore, compartmentalization seems
necessary to mimic functional BMN differentiation either by directly including it in the model or by
indirect cell-mediated remodeling (Box 5). This has led the authors to consider the possible future role
of bottom-up tissue engineering strategies in functional artificial BMN modeling, as this field aims to
engineer complex tissues by the modular assembly of different living building blocks into customized
architectures [122].

Box 5. Compartmentalization.

“Either by direct inclusion in the model by means of different design parameters or by indirect cell-mediated
remodeling, compartmentalization seems necessary for functional differentiation of BMN”.

6.4. Stemness Maintenance Vs. Differentiation Balance

Another distinctive aspect of BMN is the balance between differentiation and maintenance of
pluripotency, which is the key regulator of healthy and malignant BM niches (Section 5). Tumor cells
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interact with many cell types in their environment, especially in hematological malignancies, and in a
trustworthy model these cell types have to coexist, as in in vivo conditions. How can pluripotent or
multipotent cells be maintained at the same time as their differentiated counterparts and the production
of trophic and regulatory factors? (Box 6). Ex vivo expansion of HSCs has been widely studied, mainly
for its implications in hematopoietic cell transplantation (HCT) and generating red blood cells ex
vivo. Uncommitted primitive cells are needed to efficiently repopulate the BM in HCT, which is still
challenging since HSCs outside their niche tend to differentiate or become senescent [123]. The in vivo
regulation of HSC self-renewal and differentiation is the reference pursued. Biomimetic co-cultures
provide biological cues that liquid cultures, in the absence of stromal cells, barely replicate. Some
studies maintain that the main factors that support HSC expansion rely on direct cell-cell interactions
with different BMN-forming cells, while for others direct contact is not required, so that soluble factors
play a key role in HSC fate. However, in agreement with [123], we believe that the interplay between
soluble factors and direct ECM and BMN-forming cell interactions allows niche cues to efficiently
regulate HSC fate. The choice of culture medium is crucial to determine HSC fate in vitro. Most
approaches use supraphysiological concentrations of different HSC-supportive cytokines such as
SCF, TPO, ANG-1 or IL-6 directly added to the medium and/or secreted by the BMN-forming cells
in the model. ECM components, such as FN, COL, laminin or proteoglycans help to regulate HSC
fate by binding the growth factors produced by BMN-forming cells, favoring cell co-localization and
biological cues. Exploiting ECM’s ability to retain bioactive factors, Mahadik et al. bound SCF to a
gelatin-based hydrogel to increase its bioactivity [124]. Diffusion control of nutrients, oxygen and
cytokines by the ECM can also lead to gradients that could provide regulatory cues to HSCs [72].
Nevertheless, the presence of stromal cells seems to be key to promoting HSC self-renewal in vitro.
Gottschling et al. showed that the presence of MSC was enough to ensure self-renewal, while the
activation of β1-integrins by FN was not [125]. Different types of bioreactors have been used for
HSC expansion ex vivo, including stirred tank suspension, perfusion chambers, fixed beds, airlift or
hollow fiber reactors [123]. However, most of these rely on suspension cultures unable to maximize
cell-cell and cell-ECM contact. The design of bioreactors coupled with biomaterial approaches has
overcome this issue, such as that proposed in Sieber et al., whose 3-D co-culture model based on a
hydroxyapatite-coated zirconium oxide scaffold with human BM MSC inserted in a microfluidic device
was able to support long-term HSCs [74].

The issue of the differentiation vs. stemness balance is of interest not only for HSCs, blood and
immune cells, but also for MSCs and osteolineage cells of varying maturity. Several approaches
incorporate MSCs and pre-differentiated OBs in the model to cover this heterogeneity, although
a dynamic balance between MSC expansion and OB differentiation would be of great interest.
Maintaining MSC stemness ex vivo is also still a challenge, some microcarrier bioreactors have
been used as large-scale production systems [126], although TERM approaches do not yet seem to
have incorporated the dynamic balance between MSCs and OBs differentiation in BMN modeling.
The initial steps have been taken, as there are many osteogenic scaffolds that efficiently generate
well-differentiated OBs from initially seeded MSCs. However, the long-term co-existence of OBs,
osteocytes and primitive MSCs seems to be difficult to regulate, as mature osteolineage cells seem to
promote osteogenic MSC differentiation and lead to progenitor exhaustion [127]. Osteogenic media
are commonly used in in vitro approaches, however, when considering co-cultures with HSCs or even
with blood cancer cells such as MM cells, the use of osteogenic media should be rethought, since some
of the soluble factors necessary for osteogenic differentiation of MSC could alter other cells included
in the model. For example, dexamethasone is a commonly used anti-MM treatment (although the
concentrations used in osteogenic media are 10 times lower [128]). The main problem concerning
the use of specific conditioned media to promote specific phenotypic cell commitment in an ideal
BM model is how to control the different effects of this media in different zones, thus allowing the
coexistence of undifferentiated and mature cells. As this localized activation of cell differentiation
does not seem to be possible by means of inductive media, we believe that TERM approaches have
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been shown to be efficient enough to induce differentiation in specific areas of the model and promote
pluripotency in others. Anderson et al. reviewed specific aspects of scaffolding material design to
rationally target MSC cell fate [129]. Mechanotransduction is the process by which MSCs turn an
adherent stimulus into a cellular response able to determine cell fate. For cells to adhere to a synthetic
surface, the material has to replicate an ECM motif or absorb ECM proteins, so that by controlling the
ability of a material to allow cell adhesion, the subsequent activation of different signaling pathways
that control stem cell fate can also be defined [129]. There are important design parameters for
this purpose: material chemistry, stiffness and nanotopography are known as the material/surface
interface “triangle”, as their variations control the scaffold’s interactions with MSCs by conditioning
the formation of focal adhesions. Binding the cell through focal adhesions to adhesive ligands on
the materials creates tension and activates signaling that controls cell behavior and stem cell fate.
Chemical functionality can be used to produce high or low adhesive areas for the cells to respond to
stiffness, which affects their ability to create tension through focal adhesions. Topography can present
the adhesion ligands to the cells in either a favorable or unfavorable way, again affecting adhesion and
subsequent tension and signaling [129]. The chemistry of the surface and its conditioning of matrix
protein deposition, which in turn regulates the presentation of cell adhesion motifs to cells, can be
finely tuned with techniques such as dip pen nanolithography (DPN) to apply a surface chemistry to a
precise substrate on the nanometer scale. For example, Curran et al. set out to optimize an arrangement
of dots of “chemistry” to manipulate MSC behavior by creating specific patterns of -CH3, -NH2, -CO,
and -CO2. They found that the functionalized -CH3 surface maintained stem cell markers while -NH2

dots increased adhesion and osteogenesis [130]. Precise control of chemical functionality in 3D is still
challenging, however ongoing progress in nanofabrication techniques promises to make significant
contributions in the near future [129]. ECM topography in vivo presents a native composition that
provides the cells with behavioral cues. in vitro, the topographical cues influence on stem cell behavior
has also been proved and explored by many scientists as a tool to manipulate MSC fate. Dalby et
al. developed MSC growth substrates with random or highly ordered patterns and observed that
osteogenesis increased in the disordered patterns as efficiently as in inductive media [131]. However,
these studies imply a 2D character and a “static” nature, in the sense that they include a configuration
of the material oriented to promoting a single effect on the cell fate (self-renewal or differentiation).
While the stem cell niche and the BMN are dynamic microenvironments in which the balance between
stemness and differentiation is regulated by the demand. Next-generation materials able to support
self-renewal and differentiation with spatiotemporal control have attracted significant interest in
recent years. For example, stimuli-respondent materials in which a cytocompatible stimuli such as
light triggers material changes leading to alterations in cellular behavior, together with advances
and tridimensional implementation of microfabrication techniques, will address the future need for
niche-mimicking materials [129].

Box 6. Stemness maintenance vs. differentiation balance.

“In hematological malignancies, tumor cells interact with many cell types ( . . . ). How to maintain in culture
pluripotent cells at the same time as their differentiated counterparts? TERM approaches have shown to be
efficient enough to, in a localized and differential manner, induce differentiation in specific areas of the model
and promote pluripotency in others”.

6.5. Cell Culture Media Renewal and Composition

Although culture media renewal is usually considered as routine in in vitro cultures, apart from
its role as a supplier of nutrients and externally selected regulatory factors, a common problem in
both static and bioreactor cultures is that this renewal may remove secreted factors essential for the
relationship of the different cells in the culture system. We hypothesize that the effect of reducing active
component concentration by renewing media can interfere with physiological behaviour. The dynamics
and time lapses required for these processes have not yet been clearly established. However, the effect
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of soluble factor dilution has been reported in particular applications; for example, spontaneous in vitro
HSC differentiation was avoided by diluting secreted differentiation signals via proportional volume
to cell number ratio [132]. Some studies on the use of conditioned media for several applications
and culture duration for conditioned media generation from different stem cells found that culture
conditions could vary from 16 h to 5 d [133]. The timelines of some mammalian cellular processes
could help in understanding the timelines in which cells grow and communicate. For example in a
human HeLa cell, diffusion of a protein across a cell will take 10 s in a 10 μm cell, while transcription of
a 10 kbp gene takes approximately 10 min, and 1 min to translate a 300 aa protein [134]. This means
that a cells’ ability to reconstitute the removed soluble factors from the culture media is probably
within these orders of magnitude. Some cellular responses to different stimuli may also be in the same
order and are thus probably altered to some extent by medium renewal, e.g., the on-switch of apoptosis
in HeLa cells, which has been reported to take between 9 and 29 min [135].

6.6. Towards Personalized Medicine

Research has shifted from gold standard treatments for a given cancer to finding solutions for
patient-specific cancer subtypes or, in other words, personalized medicine [136]. Drug effectiveness
differs greatly between individuals, a cure for one patient can be ineffective or harmful to another.
When modeling hematological malignancies, the challenge lies in reproducing cell-cell and cell-ECM
interactions in a 3D environment to regulate the signaling pathways leading to drug-resistance.
However, inter-patient heterogeneity has driven the need for personalized medicine as individual
tumors have different gene expression profiles, tumor microenvironments and behavior even within
the same cancer subtype [136]. The challenge of recreating niche interactions leading to drug resistance
has advanced to reproducing inter-patient differences in the model (Box 7). Personalized cancer
therapy has historically focused on profiling tumor DNA, RNA, or protein as molecular biomarkers
to predict patient response. However, these methods have not been able to predict therapeutic
response [136], while functional assays based on integrating tumor cells into chemosensitivity and
resistance assays have become a complementary method [137]. In 2017, Snijder et al. evaluated the
effect of ex vivo drug sensitivity screening on the treatment of patients with refractory hematological
malignancies using the Pharmacoscopy automated immunofluorescence microscopy-based platform
on 48 patients, 17 of whom received treatment guided by this approach. Comparison of the benefit
of Pharmacoscopy-guided treatment with the effect of previous treatments in the same patients
showed a marked improvement in progression-free survival with the former, providing evidence
of the promise of drug-response profiling in haemato-oncology [138]. Similar studies have served
as the proof-of-concept of how phenotypic screening approaches to different blood cancers such as
AML [139] or MM [140,141] could improve the selection of the right drug for the right patient at the
right time. Although these approaches are still simplistic in terms of BMN mimicry, some of them
include co-culture with BM stromal cells and ECM components like COL [141]. However, the most
important factor is that they have been the pioneers in introducing multidisciplinary 3D biomimetic
models that reproduce tissue architecture to revolutionize the clinical management of cancer patients.
Certain types of blood cancer such as MM would greatly benefit from these advances, as it is a treatable
but incurable malignancy in which all the patients eventually relapse and the choice of their treatment
now relies on clinical acumen instead of empirical personalized data [141].

Personalized drug resistance assays have thus shown promise, although they still remain
extremely simplistic compared with BMN harboring cancer in vivo [136,142]. TERM engineered
biomimetic models are rapidly progressing. Microscale models can provide unique functionality and
controllability (e.g., enhanced spatial and temporal controls) and are emerging as practical tools to
investigate tumor-stroma interactions [143]. Improvement of 3D substrate production techniques
and their use for stem cell fate regulation [129,144], even on patient-derived ECM as scaffolding
materials [14] and advancement in microscopy, flow cytometry and different evaluation techniques
led the way to integrating patient samples into these in vitro models to assess therapeutic response
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in biomimetic devices and overcome the limitations of immortalized cell lines. The latter are highly
selected populations that do not reflect the heterogeneous tumor genetic and functional variability.
Patient-derived primary cells would overcome this disadvantage, although their use is hindered
by issues of patient sample acquisition, variability and the difficulties associated with their culture.
Integrating patient cells requires that part of the sample, which would ordinarily go to pathology, which
is not always possible, is specially challenging in the case of hematological cancers in which extra mL
of BM aspirate should be extracted. Secondly, it is difficult to transfer the sample from the operating
theatre to the in vitro platform while maintaining cellular viability. The most questionable aspect of
this process is that the sample usually needs processing, which introduces additional variations in
tissue architecture, microenvironment and cell selection. In addition, cells often undergo changes when
removed from their natural environment (primary cells easily become senescent, and have a limited
availability and lifespan). These are well known unsolved problems that hamper the development,
optimization and validation of new assay platforms [136]. We also consider that other issues not widely
included in the literature produce uncertainty and complicate the incorporation of primary cells into
hematological malignancy models, as there are questions regarding the timing of cell expansion before
seeding into the models, types of cells and number or proportions of cells. For example, how long
does it take for a tissue sample from a patient to have the required number of cells of all the relevant
types in a culture to be able to carry out drug resistance tests and get statistically significant results?
Does a BMN aspirate from a patient efficiently represent the proportions of key niche cells such as
MSCs or HSCs?

Despite the progress made, it is undeniable that choosing the right cancer treatment is difficult
because of limited tools, money and time [136]. Important steps have been taken, as some authors
have convincingly resembled acquired drug resistance in vitro with cell lines [76,102], but some issues
need to be addressed until optimized models allow routine patient-specific drug testing studies.
Personalization means that the model must consider inter-patient differences in drug response. In the
authors’ opinion interactions between tumor cells and the cellular and non-cellular components of the
biological niche play a key role in determining these differences. This means that personalization is a
key step towards obtaining the perfect blood cancer model. They also believe that the cells themselves,
acting as the last-resort architects of the particular extracellular environment provided by the 3D
biomimetic model, improve the inter-individual specificity of the biological niche and this cannot be
artificially reproduced.

Box 7. Towards personalized medicine.

“The challenge lies in reproducing in a 3D environment the cell-cell and cell-ECM interactions which regulate
the signaling pathways leading to drug-resistance ( . . . ). Personalization means that the model must consider
inter-patient differences in drug response, thus the challenge lies in reproducing differences from patient to
patient ( . . . ), in integrating patient samples in models to assess therapeutic response in biomimetic devices,
and overcome the limitations of immortalized cell lines”.

7. Conclusions

This review combines information from different fields with the aim of providing an
interdisciplinary view of the biological context and design principles for in vitro models of blood
cancers with BM homing. The BMN is a complex cellular and non-cellular microenvironment and an
important factor in tumor progression and drug resistance. The use of more physiologically relevant
cultures would improve in vitro model prediction of drug response and should therefore be further
explored. This model would ideally incorporate all the tumor components and microenvironment, with
a trade-off between complexity and physiological relevance with reproducibility, ease of use and cost.
Some authors recommend the simple incorporation of specific elements of the in vivo environment into
models to better evaluate the response of a given therapy. However, TERM strategies are now available
and there are a wide range of aspects of the ideal BM model in which the degree of mimicry should
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be further explored, such as vascularization, architecture or cell fate regulation by the biomaterials.
One of the challenges still to be addressed is the development of complex models based entirely on
human cells, which would provide a powerful platform for basic research and clinical translation.
In our view, most attempts at modeling blood cancers have involved “deconstructing rather than
reconstructing” the complexity of native BM. Although this has limited the contributions, at the same
time it has made it possible for the models to advance clinical and basic research, and more dynamic
and biomimetic TERM strategies are now emerging for blood cancer modeling.
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Abbreviations

3DTEBM 3D tissue engineered bone marrow
aBMN Arteriolar bone marrow niche
ADSC Adipose derived stem cells
aEC Arteriolar endothelial cell
AML Acute myeloid leukemia
ANG-1 Angiopoietin
B-ALL B cell acute lymphoblastic leukemia
BCP B cell progenitor
BM Bone marrow
BMN Bone marrow niche
BMP Bone morphogenetic protein
CAM-DR Cell adhesion-mediated drug resistance
CBMN Central bone marrow niche
CCL3 CC motif ligand 3
CLL Chronic lymphocytic leukemia
CLP Common lynphoid progenitor
CML Chronic myeloid leukemia
CMP Common myeloid progenitor
COL Collagen
CSC Cancer stem cells
CXCL-12 CXC motif chemokine ligand 12
CXCR4 C-X-C chemokine receptor type 4
DBP Demineralized bone powder
Del deletion
DPN Dip pen nanolithography
DWJM decellularized Wharton’s Jelly matrix
EBMN Endosteal bone marrow niche
ECM Extracellular matrix
EPC Endothelial progenitor cell
FGF-2 Fibroblast growth factor 2
FN Fibronectin
G-CSF Granulocyte-colony stimulating factor
GMP Granulocyte-monocyte progenitor
HA Hyaluronic acid
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HCoMECs Human colonic microvascular endothelial cells
HCT Hematopoietic cell transplantation
HDMEC Human dermal microvascular endothelial cell
HSC Hematopoietic stem cell
HSPC Hematopoietic stem and progenitor cell
HTS High troughput technologies
HUVEC Human umbilical vein endothelial cell
ICAM-1 Intercellular adhesion molecule 1
IL Interleukin
JAG-1 Jagged-1
LepR+ CAR MSCs Leptin receptor expressing cells and abundant reticular mesenchymal stem cells
MCFS Breast cancer derived tumor initiating cells
MEP Megakaryocyte-erythrocyte progenitor
MM Multiple myeloma
MOC Multi-organ-chip
MPN Myeloproliferative neoplasms
MSC Mesenchymal stem cells
MVs Mirovesicles
ND Normal donnor
Nest+NG2+ Nestin and neural glial antigen expressing mesenchymal stem cells
NF-κB nuclear factor κB
NK Natural killer
nmSC Non myelinating Schwann cell
OB Osteoblast
OC Osteoclast
PDMS Poly(dimethyl siloxane)
PDTX Patient derived tumor xenograft
PEGDA Poly (ethylene glycol) diacrylate
PF-4 Platelet factor 4
PGE2 Prostaglandin E2
PKCβ Protein kinase C beta
PU Polyurethane
PVA Polyvinyl alcohol
Rarγ Retinoic acid receptor γ
Rb Retinoblastoma
ROS Reactive oxygen species
sBMN Sinusoidal bone marrow niche
SCF Stem cell factor
sEC Sinusoidal endothelial cell
SEM Scanning electron microscopy
SNS Sympathetic nerve fiber
T-ALL T cell acute lymphoblastic leukemia
TERM Tissue Engineering and Regenerative Medicine
TGF-β Transforming growth factor beta
TIE-2 Angiopoietin receptor
TNF Tumor necrosis factor
TNKP T-natural killer cell progenitor
TPO Thrombopoietin
UC Umbilical cord
VCAM-1 Vascular adhesion molecule 1
VEGF-A Vascular endothelial growth factor A
WHO World Health Organization
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Abstract: Pathological and healthy skin models were reconstructed using similar culture conditions
according to well-known tissue engineering protocols. For both models, cyclic nucleotide enhancers
were used as additives to promote keratinocytes’ proliferation. Cholera toxin (CT) and isoproterenol
(ISO), a beta-adrenergic agonist, are the most common cAMP stimulators recommended for cell
culture. The aim of this study was to evaluate the impact of either CT or ISO on the pathological
characteristics of the dermatosis while producing a psoriatic skin model. Healthy and psoriatic
skin substitutes were produced according to the self-assembly method of tissue engineering, using
culture media supplemented with either CT (10−10 M) or ISO (10−6 M). Psoriatic substitutes produced
with CT exhibited a more pronounced psoriatic phenotype than those produced with ISO. Indeed,
the psoriatic substitutes produced with CT had the thickest epidermis, as well as contained the most
proliferating cells and the most altered expression of involucrin, filaggrin, and keratin 10. Of the four
conditions under study, psoriatic substitutes produced with CT had the highest levels of cAMP and
enhanced expression of adenylate cyclase 9. Taken together, these results suggest that high levels of
cAMP are linked to a stronger psoriatic phenotype.

Keywords: psoriasis; cyclic adenosine monophosphate; cholera toxin; isoproterenol; tissue engineering

1. Introduction

Psoriasis is an autoimmune skin disease affecting 3% of the population worldwide and for which
no cure currently exists [1]. Clinical manifestation of psoriasis is defined by the apparition of red
plaques with white scales, which have detrimental consequences on patient’s quality of life [2,3].
Psoriasis patches can range from a few spots of dandruff-like scaling to major eruptions that cover large
areas of the body. The histological hallmarks of psoriasis are a marked thickening of the epidermis,
due to keratinocyte hyperproliferation, abnormal epidermal differentiation, and immune keratinocytes
activation accompanied with immune cell infiltrate [4]. Consequently, the granular layer of the
epidermis is reduced in thickness and the horny layer contains some undifferentiated keratinocytes,
which still contain cell nuclei [5]. Furthermore, altered keratinocyte differentiation in psoriasis results
at a molecular level in the deregulation of the epidermal differentiation marker proteins, such as
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involucrin (up-regulated), filaggrin (down-regulated), and keratin 10 (down-regulated) [6–8]. It is now
well documented that the complex etiology of psoriasis involves interactions between environmental
factors and complex genetic background [9]. However, the exact cause of psoriasis is still unknown,
making it difficult to develop an effective treatment for the pathology [1].

Since the development of the first tissue-engineered skin model in 1978, by Green H. and
colleagues, great deal of research has been conducted in this field, leading to the generation of highly
reproducible and sophisticated skin models. In the last decade, the limits of tissue engineering have been
constantly pushed back by the development of new emerging techniques, such as bio-printing [10,11].
However, the reconstruction of pathological skin models, such as psoriatic skin substitutes, remains
challenging, especially since the exact causes of the pathology are still unknown. However, many
psoriatic skin models were reconstructed in vitro using different tissue-engineered techniques [12].
According to Niehues et al., the self-assembly method is the one which leads to the reconstruction of
substitutes faithfully mimicking psoriatic characteristics and which, consequently, offers an effective
tool for the screening of new molecules [12–14]. Indeed, reconstructed psoriatic skin substitutes
produced using cells from patients with psoriasis were shown to closely mimic the pathology, as they
displayed enhanced epidermal thickness, hyperproliferative keratinocytes and disturbed epidermal
differentiation. The morphology of reconstructed skin models is directly affected by culture conditions.
While developing the first healthy tissue engineered model of skin in 1978, Green H. reported the
importance of adding cAMP stimulator, such as cholera toxin (CT) or isoproterenol (ISO), to induce
the proliferation of cells in culture [15]. Therefore, skin models are produced using culture media
supplemented with a stimulator of the AC system, which is crucial for stimulating the colony growth
of human keratinocytes and thus essential to obtain a fully differentiated epidermis [15–20].

The cAMP signaling pathway is composed of the first messenger, the G protein-coupled
receptor (GPCR), the adenylate cyclase enzyme (AC) and the cAMP-degrading enzyme (Figure 1a).
The epidermis contains four independent receptor AC systems: the β-adrenergic, prostaglandin
E, adenosine, and histamine receptors [21–23]. The cAMP mainly acts as a second messenger, by
stimulating different proteins, such as protein kinase A (PKA) and exchange protein directly activated
by cAMP (EPAC). PKA and EPAC are then able to modify cell activity by phosphorylating diverse
proteins [18]. The action of cAMP ends upon its hydrolysis by phosphodiesterases [24–26]. CT and ISO
induce the production of cAMP following a different pathway. ISO is an analogue to epinephrine and
binds exclusively to β-adrenergic receptors, which then stimulates cAMP production following the
classical pathway (Figure 1a) [27,28]. CT binds to ganglioside GM1 receptors on epithelial cells, which
triggers endocytosis, thus transporting the receptors to the endoplasmic reticulum (ER). From the lumen
of the ER, the A1 peptide of the CT is transported into the cytoplasm, where it prevents the G protein
from cleaving GTP to GDP, leading to a tremendous increase in cAMP levels (Figure 1b) [16,29,30].
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Figure 1. The cAMP signaling pathways. (a) 1: The first messenger (red) binds to the G protein-coupled
receptor (GPCR). The receptor then changes conformation, leading to the replacement of GDP by GTP
on the α subunit of the G protein and inducing the subsequent release of the α subunit from the β and
γ subunits of the G protein [21,31]. 2: The α subunit binds to the catalytic domain of adenylate cyclase
(AC). The α subunit can have inhibitory (αi) or stimulating (αs) properties, which will lead to the
inhibition or stimulation of AC [16,32]. The activated AC will convert ATP into cAMP. Isoproterenol
induces the conversion of ATP to cAMP following the classical pathway (b) The A1 peptide of cholera
toxin (CT) (purple) binds to the complex composed of the GTP-α subunit of the G protein and AC and
prevents the G protein from cleaving GTP to GDP, leading to a tremendous increase in cAMP levels [30].

The impact of different cAMP inducers (CT and ISO) on the morphology of psoriatic skin models
has not yet been investigated, whereas it should be chosen with much consideration, especially since
controversial results have been found regarding the involvement of cAMP in psoriasis. Indeed,
Voorhes et al. suggested in the seventies that an alteration in cAMP levels could be involved in
psoriasis [33]. Moreover, a few studies have reported lower levels of cAMP in psoriatic skin, suggesting
that low levels of cAMP were linked with enhanced cell proliferation and thus contrasting with finding
of Green H [33–37]. The aim of the present study was to therefore compare the use of both cAMP
enhancers (CT or ISO) in the reconstruction of psoriatic skin substitutes to establish which one would
lead to the better psoriatic phenotype, with traits, such as cell hyperproliferation and disturbed cell
differentiation. The cAMP signaling pathway was then investigated in detail to demystify cAMP levels,
as well as the activity of various agents of the AC system, in the pathology of psoriasis. Therefore,
the current study brings new insights to the long-standing debate as to whether cAMP is increased or
decreased in psoriasis.

2. Results

2.1. Differential Impact of CT and ISO on the Psoriatic Skin Substitute Phenotype: Epidermal Hyperproliferation

According to the macroscopic aspect of the skin substitutes, the epidermis of psoriatic substitutes
reconstructed using culture media supplemented with CT (PS+CT) and the epidermis of psoriatic
substitutes reconstructed using ISO (PS+ISO) were more disorganized since they displayed a less
opaque and uniform surface than those of healthy substitutes (HS+CT) and (HS+ISO) (Figure 2c,d
vs. Figure 2a,b). Moreover, both PS+CT and PS+ISO had a significantly thicker epidermis than their
respective counterparts, showing higher proliferation of the keratinocytes (Figure 2g,h vs. Figure 2e,f).
Hematoxylin and eosin staining of the skin substitutes are presented in Figure S1. This enhanced
proliferation was confirmed with Ki67 immunofluorescence showing more basal keratinocytes in
cellular division in PS than in HS (Figure 2k,l vs. Figure 2i,j). However, keratinocytes from PS+ISO
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were not as hyperproliferative as those in PS+CT. In fact, the epidermis of PS+ISO was not as thick
as that of PS+CT (Figure 2m). The Ki67 staining confirmed these results (Figure 2n). Taken together,
these results showed that both PS+CT and PS+ISO displayed higher levels of epidermal proliferation
than their healthy counterparts HS+CT and HS+ISO, respectively. Moreover, the hyperproliferation
was greater in the epidermis of PS+CT than PS+ISO.

Figure 2. Morphology and epidermal proliferation of healthy substitutes (HS) and psoriatic substitutes
(PS) produced with cholera toxin (+CT) or isoproterenol (+ISO). (a–d) Skin substitute macroscopic
aspects; (e–h) Masson’s trichrome staining of skin substitute histological sections (D: Dermis,
E: Epidermis living layers, SC: Stratum corneum); (i–l) Ki67 immunofluorescence (green) detecting
keratinocytes in proliferation. White arrows indicate Ki67-positive cells. Nuclei were stained with
Hoechst (blue); (m) quantification of the thickness of the epidermal living layer (designated as E
in panels (e–h) measured from Masson’s trichrome staining using the ImageJ software; (n) ratio of
Ki67 positive cells to the number of total keratinocytes in the basal layer. Scale bars: (a–d) 5 mm;
(e–h) 100 μm. Data presented are the means +SD (N = 2 donors per condition, n = 3 skin substitutes
per donor). The statistical significance was determined using one-way ANOVA followed by a Tukey’s
post-hoc test. (* p-value < 0.05; ** p-value < 0.01; *** p-value < 0.001; **** p-value < 0.0001).

2.2. Differential Impact of CT and ISO on the Psoriatic Skin Substitute Phenotype: Disturbed
Epidermal Differentiation

The expression of differentiation markers was strongly altered in PS+CT compared with HS+CT,
thus showing a psoriatic phenotype such as expected. Indeed, the late differentiation markers filaggrin
and keratin 10 were both down-regulated while the expression of the early differentiation marker
involucrin was up-regulated (Figure 3). On the other hand, the effects of ISO on the expression of the
differentiation markers were not as conclusive as for CT. In fact, the expression of filaggrin and keratin
10 for PS+ISO was down-regulated but not as much as for PS+CT compared with their respective
counterparts. The involucrin staining was even less conclusive, since its expression in PS+ISO appeared
less intense than the other conditions. According to these results, PS produced with ISO displayed
a complete epidermal differentiation similar to what was observed for HS, since late differentiation
markers are expressed. Therefore, epidermal differentiation in PS+ISO did not properly mimic the
disturbed epidermal differentiation characteristics of psoriasis, which further entail that ISO is not a
suitable cAMP stimulator to produce psoriatic skin substitutes.
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Figure 3. Expression of epidermal differentiation markers (green) in healthy substitutes (HS) and
psoriatic substitutes (PS) produced with cholera toxin (+CT) or isoproterenol (+ISO) (N = 2 donors per
condition, n = 3 skin substitutes per donor). The nuclei were stained with Hoechst (blue). The dotted
line indicates the dermo-epidermal junction. Scale bar: 100 μm.

2.3. Levels of cAMP in the Epidermis of Psoriatic Substitutes Produced with either CT or ISO

The levels of cAMP in the epidermis of HS+CT and HS+ISO were approximately the same
(Figure 4.) The two cAMP enhancers, therefore, have similar effects on the AC activity of HS. The level
of cAMP for PS+CT was significantly higher than for the other three conditions, revealing a greater
capacity of CT to stimulate the production of cAMP.

Figure 4. cAMP levels in the epidermis of healthy substitutes (HS) and psoriatic substitutes (PS)
produced with either cholera toxin (+CT) or isoproterenol (+ISO). Data presented are the means +/−
SD (N = 2 donors per condition, n = 2 skin substitutes per donor). The statistical significance was
determined using one-way ANOVA followed by a Tukey’s post-hoc test. (* p-value < 0.05).

2.4. Identification of Isoforms of cAMP-Related Protein Found in the Skin

Gene profiling on microarray was exploited to examine which AC were expressed in the skin
substitutes (Table 1). Among the 10 AC isoform genes (ADCY1-10), only ADCY3, ADCY7, and ADCY9
displayed a linear signal over 100 and were therefore identified as expressed genes in the HS+CT
and PS+CT. Interestingly, the levels of expression of the three ADCY genes were higher (2-fold) in
PS+CT than in HS+CT. Furthermore, expression of the ADRB2 gene encoding for the beta-2 adrenergic
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receptor was also detected in both HS+CT and PS+CT. The expression of ADRB2 was decreased
(0.5-fold) in PS+CT.

Table 1. Linear signals and fold change for ADCY1-10 and ADRB2 genes between healthy and psoriatic
substitutes produced with CT.

Gene Symbol Gene Name
Linear Signal

HS+CT
Linear Signal

PS+CT
Fold Change

PS/HS
p-Value

ADCY1 Adenylate cyclase type 1 6.688 11.806 1.765 0.0628
ADCY2 Adenylate cyclase type 2 2.953 3.933 1.332 0.0942
ADCY3 Adenylate cyclase type 3 1714.868 3504.636 2.044 0.0359
ADCY4 Adenylate cyclase type 4 59.773 43.994 0.736 0.1634
ADCY5 Adenylate cyclase type 5 7.595 5.103 0.672 0.2416
ADCY6 Adenylate cyclase type 6 55.333 127.404 2.302 0.2256
ADCY7 Adenylate cyclase type 7 275.730 614.908 2.230 0.0446
ADCY8 Adenylate cyclase type 8 5.560 4.526 0.814 0.5801
ADCY9 Adenylate cyclase type 9 228.869 549.184 2.400 0.0471
ADCY10 Adenylate cyclase type 10 7.348 5.591 1.286 0.1556

ADRB2 Beta-2 adrenergic receptor 338.779 160.034 0.472 0.0487

2.5. Levels of cAMP-Related Proteins in the Epidermis of Psoriatic Substitutes Produced with Either CT or ISO

Immunofluorescence staining was performed to validate the epidermal levels of AC9 and beta-2
adrenergic receptor, which are encoded by ADCY3, ADCY7, ADCY9, and ADRB2 genes, respectively,
as well as to compare the impact of CT and ISO on those protein levels (Figure 5a). Based on the
immunofluorescence staining, the AC9 was found in the cells of both the dermis and the epidermis
of the skin substitutes. Moreover, AC9 levels seemed up-regulated in psoriatic substitutes (PS+CT
and PS+ISO) as compared with healthy ones. On the other hand, the β2-adrenergic receptor was
found predominantly in the epidermis. Interestingly, high levels of the β2-adrenergic receptor were
detected in HS+CT, while low levels were found in HS+ISO and it was not detected in PS+ISO. These
results therefore support the conclusion that the levels of β2-adrenergic receptors are decreased in
psoriatic skin.

Figure 5. (a) Expression of adenylate cyclase 9 (AC9) (green) and β2-adrenergic receptor (red) in healthy
substitutes (HS) and psoriatic substitutes (PS) produced with cholera toxin (+CT) or isoproterenol
(+ISO). The nuclei were stained with Hoechst (blue). The dotted line indicates the dermo-epidermal
junction. Scale bar: 100 μm. (b) Ten micrograms of total protein from skin substitute epidermis were
analyzed by immunoblot for the presence of adenylate cyclase 9 (AC9). β-actin was used to control
equal loading. (N = 2 donors per condition; n = 2 skin substitutes per donor). One representative
immunoblot is shown. (c) Densitometric analyses of the immunoblot from panel (b) (N = 2 donors per
condition; n = 2 skin substitutes per donor). Data from healthy or psoriatic substitutes were combined
irrespective of treatment regime. The statistical significance was determined using an unpaired t-test
(* p-value < 0.05).
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Western blot analyses were next conducted to validate the levels of AC9 in the epidermis of the
skin substitutes, since immunofluorescence staining of these proteins was used for qualitative purposes.
AC9 was easily detected in the epidermis of all conditions, with a higher prevalence in PS+CT and
PS+ISO (Figure 5b,c). AC3 and AC7 were not detected in the epidermis of either healthy nor psoriatic
skin substitutes under our experimental conditions.

3. Discussion

Culture media used to generate tissue-engineered skin substitutes are supplemented with a cAMP
stimulator, which ensures epithelial cell proliferation [15,17]. In the present study, it was shown that
even if the psoriatic skin models reconstructed with either CT or ISO displayed pathological features
of psoriasis, CT remains more effective for stimulating the cells towards a psoriatic phenotype with
hyperproliferative epidermal cells. Psoriatic substitutes produced with CT also displayed higher cAMP
levels, as well as higher AC9 expression, than other conditions. These results show that higher cAMP
levels would be associated with a stronger psoriatic phenotype, such as epidermal hyperproliferation
and altered epidermal differentiation, therefore supporting studies in which cAMP levels are found to
be increased in psoriatic skin.

Our data suggest that, in the presence of healthy keratinocytes, both cAMP enhancers (CT and
ISO) stimulate the production of cAMP in the same manner, although the concentration of CT used in
the experiment was lower than the concentration of ISO. Therefore, these results are in accordance with
previous studies, which have reported that even if CT and ISO are both cAMP stimulators of epidermal
cells, CT is better than ISO for the improvement of keratinocyte growth since it may increase the overall
growth rate of epidermal cells by reducing the doubling time of cells [15]. In vitro studies reported
by Green et al. have shown that using 10−6 M of isoproterenol produced an increase in keratinocyte
colony size but had less effect on cAMP levels than 10−6 M of CT. Indeed, CT was the strongest agent
in affecting cAMP concentration among the four different cAMP stimulators tested [15]. Moreover,
these results support the use of both cAMP inducers, at appropriate concentrations, when producing
healthy reconstructed skin models, and are in accord with results reported by Cortez Ghio et al. [38].
Isoproterenol (ISO) is therefore a good candidate for replacing CT since it presents several advantages
regarding safety and regulations [38]. Indeed, CT is known to be potentially toxic and therefore
requires more precautions in its manipulation [39,40].

In psoriatic substitutes, CT induced a stronger psoriatic phenotype, as well as higher levels of cAMP,
than ISO when using the same concentration of each inducer as for the healthy models. This suggests
that CT would be a better cAMP stimulator for lesional cells and that unlike for healthy substitutes,
ISO is not recommended to stimulate cAMP in lesional cells. This incapacity of ISO to stimulate cAMP
production in psoriatic substitutes could be attributed to a beta-adrenergic defect in psoriatic skin.
Although Archer et al. once reported that psoriasis is not associated with impaired beta-adrenergic
reactivity [41], most studies have since reported a decrease in responsiveness to beta-adrenergic
stimuli, such as isoproterenol, in the stimulation of cAMP production in psoriatic tissues [16,30,42–44].
This decreased responsiveness would be linked to a lower expression of the beta-adrenergic receptor
in psoriatic skin, which was confirmed in the present study with immunofluorescence staining.
Different beta-2-adrenergic receptor polymorphisms may also contribute to the pathogenesis [30,45].
This defect of the beta-2-adrenergic receptor in psoriatic skin does not affect cAMP stimulation by
CT, since the CT mechanism of action is based on direct activation of AC9. Finally, in 1978, Das et al.
reported that the topical application of 0.1% isoproterenol sulphate mixed with white Vaseline and
applied to the psoriatic plaques of twelve patients induced a significant decrease in the scaliness and
cell turnover of the treated psoriatic skin [46]. Even if no other literature was found on a possible
commercial development of this formulation, it appears that isoproterenol could be a potential topical
or systemic treatment for psoriatic patients.

In the present study, a stronger psoriatic phenotype and higher levels of cAMP were found in
psoriatic substitutes as compared with healthy substitutes, especially with CT, for which the difference
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was significant. These results therefore imply that higher levels of cAMP would be found in psoriatic
skin, which is in contrast to the levels of cAMP monitored in psoriatic skin in the late seventies [33].
However, these results are in accordance with studies on the effects of CT on psoriasis in vivo, in which
it was revealed that the psoriatic epidermis accumulates much more cAMP than uninvolved body
regions or normal human epidermis [18,21]. According to the present study, the higher levels of cAMP
found in psoriatic epidermis could be attributed to enhanced AC9 expression. AC9 is mostly expressed
in the brain, spinal cord, liver, heart, lung, kidney, muscle, and adrenal gland, but little is known about
its localization in the skin, particularly in the epidermis [24,47,48]. Finally, enhanced levels of cAMP in
psoriatic skin are more consistent with the levels of downstream mediators identified in the literature
during the past decade [49–51]. Indeed, it is relatively well established that psoriatic skin displays
increased levels of phosphorylated CREB, which controls cellular functions, such as the regulation of
gene expression [52].

In summary, our study showed that, although both cAMP inducers stimulate the production
of psoriatic skin substitutes displaying hyperproliferating epidermis and disturbed epidermal
differentiation, CT induced a stronger psoriatic phenotype than ISO. Moreover, enhanced cAMP
levels were found in the epidermis of our psoriatic substitutes, which could be attributed to enhanced
expression of AC9 in psoriatic skin. Therefore, our study answers a highly controversial question,
suggesting that cAMP levels are increased in psoriatic skin. Finally, cAMP levels were higher in the CT
psoriatic substitutes than in the ISO psoriatic substitutes, confirming a defect of the beta2-adrenergic
receptors in psoriatic skin. This study is of particular interest since to our knowledge it is one of the
first to determine the concentrations of cAMP in a psoriatic reconstructed skin model produced by
tissue engineering.

4. Materials and Methods

4.1. Cell Culture

This study was conducted in agreement with the Helsinki Declaration and performed under
the guidelines of the Research Ethics Committee of the Centre de recherche du CHU de Québec –
Université Laval. All patients were given adequate information for providing written consent. Two
different patients with psoriasis aged 46 and 49 years old, respectively, were recruited. Six-millimeter
punch biopsies were taken from psoriatic skin. As for the healthy skin substitutes, biopsies were
obtained from healthy donors during breast reduction surgeries. Healthy donors were Caucasian
females aged 46 and 49 years old. Cells were extracted according to the method based on thermolysin,
trypsin, and collagenase digestions described elsewhere [53].

4.2. Skin Substitute Production

All skin substitutes were produced according to the self-assembly method of tissue engineering [13].
Briefly, fibroblasts at passage 6 were seeded in 6-well plates at 0.12 × 106 cells per well. Fibroblasts
were cultured in Dulbecco’s modified Eagle’s medium (DME) (Gibco, Life Technologies, New York, NY,
USA) supplemented with 10% Fetal Calf premium Serum (FCS) (Wiscent, Inc., St-Bruno, QC, Canada),
50 μg/mL ascorbate acid (Sigma, Oakville, ON, Canada) and antibiotics; 60 μg/mL penicillin G (Sigma,
Oakville, ON, Canada) and 25 μg/mL gentamicin (Schering, Pointe-Claire, QC, Canada). After 28
days, dermal cells formed sheets that were superimposed and cultured for another 2 d. After that,
keratinocytes at passage 2 were seeded at 1.2 × 106 cells upon each tissue sheet to form the epidermal
layer. Another 7 days of culture allowed the epidermal cells to grow, and then each substitute was
raised to the air-liquid interface and cultured for a total of 21 days. Keratinocytes were cultured
in DME mixed with Ham’s F12 medium (3:1) (DME-HAM) (Gibco, Life Technologies, New York,
NY, USA) supplemented with 5% FetalClone II serum (Hyclone, Logan, UT, US), 5 μg/mL insulin
(Sigma, Oakville, ON, Canada), 0.4 μg/mL hydrocortisone (Galenova, St-Hyacinthe, QC, Canada),
10 ng/mL human epidermal growth factor (EGF) (Ango Inc, San Ramon, CA, USA), 60 μg/mL penicillin,
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and 25 μg/mL gentamicin. Keratinocyte culture media were also supplemented with either 10−10 M
cholera toxin (MP Biomedicals, Montreal, QC, Canada) or 10−6 M isoproterenol (rISO; Sigma Aldrich,
St. Louis, MO, USA).

4.3. Histological Analyses

Biopsies of skin substitutes were analyzed by histological and immunohistochemical methods
after 21 days of culture at the air-liquid interface. For living epidermal thickness analyses, two biopsies
of each condition were fixed in Histochoice® (AMRESCO, Inc., Solon, OH, USA) and embedded in
paraffin wax. After that, deparaffinized 5 μm tissue sections were cut and stained with Masson’s
Trichrome. The thickness of the living epidermis was obtained by measures made with Image J software
(National Institutes of Health, USA, http://imagej.nih.gov/ij). Ten measurements in three different parts
of each skin substitute were used to compare the living epidermis thickness between skin substitutes.

4.4. Indirect Immunofluorescence on Frozen Tissues

For immunofluorescence staining, tissues were embedded in Tissue-Tek O.C.T Compound
(Sakura Finetek, CA, USA) and 6 μm thick sections were fixed in acetone at −20 ◦C before staining.
The following antibodies were used and incubated in a dark room at room temperature for 45 min:
rabbit anti-involucrin (Abcam, Cambridge, MA, USA), rabbit anti-filaggrin (Abcam, Cambridge, MA,
USA), rabbit anti-keratin 10 (Abcam, Cambridge, MA, USA), mouse anti-Ki67 IgG1 (BD Biosciences,
CA, USA), rabbit anti-AC9 (ab191423, Abcam, Cambridge, MA, USA) and rabbit anti-beta 2 adrenergic
receptor (ab61778, Abcam, Cambridge, MA, USA). Tissues were then incubated with Alexa Fluor 488
donkey anti-rabbit IgG or Alexa Fluor 594 goat anti-mouse IgG (1:1600, Thermofisher Scientific, CA,
USA) for 30 min also at room temperature. Nuclear counter staining using DAPI (SouthernBiotech,
AL, USA) was then effected on different samples. Each tissue was observed using a Zeiss Axio Imager
M2 microscope with an AxioCam ICc1 camera. The quantification of immunofluorescence staining
was performed by densitometry using ImageJ software (from Wayne Rasband, National Institute of
Health (NIH), USA).

4.5. Cyclic AMP Competitive ELISA Kit on Frozen Tissues

After 63 days of cell culture to prepare the reconstructed skin substitutes, the epidermis was
mechanically separated from the dermis using scalpel and forceps, and samples were quick-frozen in
liquid nitrogen to preserve the tissue integrity. Tissues were crushed in a Safe-Lock 2.0 mL Eppendorf
tube (ATS Scientific, Inc., Burlington, ON, Canada) with two 6 mm stainless ball using a Cryomill
MM400 (Retsch®, Newtown, PA, USA). The levels of cAMP were assayed using a Cyclic AMP
Competitive ELISA Kit (ThermoFisher Scientific, Vienna, Austria). The non-acetylated version of the
ELISA Kit was used following the protocol provided by the manufacturer, and 400 μg of cell lysate
was used in the test. Total protein concentrations were determined using a BCA Protein Assay Kit
according to the manufacturer’s instructions (Thermo Scientific, Rockford, IL, USA).

4.6. Western Blots

Western blots were conducted using the following primary antibodies: rabbit anti-AC3 (ab14778,
Abcam, Cambridge, MA, USA), rabbit anti-AC7 (ab14782, Abcam, Cambridge, MA, USA), and rabbit
anti-AC9 (ab191423, Abcam, Cambridge, MA, USA). The secondary antibodies used were: goat
anti-rabbit HRP labeled (1:60,000, Jackson ImmunoResearch Laboratories, Inc., West Grove, PA, USA);
and goat anti-mouse HRP labeled (1:60,000, Jackson ImmunoResearch Laboratories, Inc., West Grove,
PA, USA). Proteins of interest were detected using ECL Prime Western Blotting Detection Reagent
(GE Healthcare, Little Chalfont, UK) and Fusion Fx7 imager (MBI Lab Equipment, Kirkland, QC,
Canada). Quantification of immunoblots was performed by densitometry using ImageJ software
(from Wayne Rasband, National Institute of Health (NIH), USA).
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4.7. Gene Expression Profiling

Total RNA was isolated from skin substitutes using the RNeasy Mini Kit (QIAGEN, Toronto,
ON, Canada) and its quality determined (2100 Bioanalyzer, Agilent Technologies, Mississauga, ON,
Canada) as described [54]. Labeling of Cyanine 3-CTP-labeled targets, their hybridization on a G4851A
SurePrint G3 Human GE 8 × 60K array slide (Agilent Technologies, Santa-Clara, CA, USA), and data
acquisition and analyses were all performed as previously reported [54].

Supplementary Materials: Supplementary Materials can be found at http://www.mdpi.com/1422-0067/21/15/
5215/s1.
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Abstract: Leigh syndrome (LS) is the most frequent infantile mitochondrial disorder (MD) and is
characterized by neurodegeneration and astrogliosis in the basal ganglia or the brain stem. At present,
there is no cure or treatment for this disease, partly due to scarcity of LS models. Current models
generally fail to recapitulate important traits of the disease. Therefore, there is an urgent need to
develop new human in vitro models. Establishment of induced pluripotent stem cells (iPSCs) followed
by differentiation into neurons is a powerful tool to obtain an in vitro model for LS. Here, we describe
the generation and characterization of iPSCs, neural stem cells (NSCs) and iPSC-derived neurons
harboring the mtDNA mutation m.13513G>A in heteroplasmy. We have performed mitochondrial
characterization, analysis of electrophysiological properties and calcium imaging of LS neurons.
Here, we show a clearly compromised oxidative phosphorylation (OXPHOS) function in LS patient
neurons. This is also the first report of electrophysiological studies performed on iPSC-derived
neurons harboring an mtDNA mutation, which revealed that, in spite of having identical electrical
properties, diseased neurons manifested mitochondrial dysfunction together with a diminished
calcium buffering capacity. This could lead to an overload of cytoplasmic calcium concentration and
the consequent cell death observed in patients. Importantly, our results highlight the importance of
calcium homeostasis in LS pathology.
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1. Introduction

Leigh syndrome (LS) is the most frequent infantile mitochondrial disorder (MD) with a prevalence
of 1 in 40,000 births [? ? ? ]. Forty-five percent of LS patients die before reaching 20 years of age, most
of them by respiratory failure. However, there are several complications that may further increase
morbidity and mortality, such as refractory seizures and cardiovascular deterioration [? ]. The common
feature of these patients is the presence of bilateral symmetric necrotic areas in the basal ganglia or the
brain stem, which correspond with regions of demyelination, neuronal death and astrogliosis [? ? ].
However, LS is characterized by a prominent clinical and genetic variability. More than 75 genes have
been associated to LS [? ], all of them involved in mitochondrial energy production [? ].

Mitochondria are cellular organelles considered to be the powerhouse of the cell because of their
participation in cellular energy production through a process known as oxidative phosphorylation
(OXPHOS) [? ]. The OXPHOS process is carried out by five multiheteromeric complexes located in
the inner mitochondrial membrane and collectively termed the respiratory chain (RC) [? ]. Moreover,
mitochondria are also involved in other pivotal processes such as reactive oxygen species (ROS)
production, apoptosis and calcium homeostasis, whose role in pathology is being increasingly
recognized. Given the crucial role of mitochondria for functionality of neuronal cells, it is not surprising
that diseases affecting mitochondria result in neurological conditions such as LS [? ].

Mitochondria possess their own DNA [? ] and the human mitochondrial DNA (mtDNA) is a
double-stranded circular molecule of 16.5 kb that encodes 13 subunits of the OXPHOS complexes
as well as two rRNAs and 22 tRNAs [? ]. Hundreds to thousands of copies of mtDNA are present
per cell [? ? ], allowing the possibility of coexistence of healthy and pathogenic mtDNA molecules,
a phenomenon called heteroplasmy. Genetically, LS is highly heterogeneous; to date, a broad variety of
causative mutations have been described in nuclear- and mitochondrial-encoded genes involved in
energy metabolism. mtDNA mutations are responsible for 10–20% of LS cases and, more specifically,
mutations in genes affecting complex I of the respiratory chain have been a well-recognized cause
of LS. Among them, the m.13513G>A mutation located in the MT-ND5 gene is a frequent cause of LS [?
]. In spite of the advances in the molecular diagnosis of LS, the molecular pathogenesis of this disease
remains poorly understood due, in part, to the lack of suitable disease models.

For that reason, generation of induced pluripotent stem cells (iPSCs) and differentiation into the
affected tissue could be an interesting approach for modeling LS [? ]. Several studies have used iPSC
technology to generate in vitro models of LS harboring the mutation m.8993T>G in the MT-ATP6
gene [? ? ]. These models recapitulate the mitochondrial dysfunction in muscle [? ] or in neurons,
the principally affected cell type [? ]. Moreover, this model recapitulated the typical neurodegeneration
in brains of LS patients [? ]. The m.13513G>A mutation in the MT-ND5 gene is responsible for
mitochondrial myopathy, encephalopathy, lactic acidosis and stroke (MELAS) and LS. Until now, one
report has described the behavior of heteroplasmy during reprogramming and extended culture of
iPSCs harboring this mutation in association with MELAS syndrome, but neuronal characterization
is missing. Here, we generate iPSC-derived neurons from a described patient suffering LS caused
by m.13513G>A mutation in heteroplasmy [? ] and explore the mechanisms by which this mutation
could cause the disease. Although LS iPSC-derived neurons were electrophysiologically normal, they
manifested a decreased respiration and a diminished calcium buffering capacity. The slower removal of
cytoplasmic calcium could lead to an overload and the consequent neuronal death observed in patients.

2. Results

2.1. Diminished Respiration in LS Fibroblasts Caused by a Decrease of Mitochondrial Mass

As a first step to test mitochondrial function in human LS cells, we subjected LS fibroblasts
harboring the MT-ND5 m.13513G>A mutation, with a mutant load of 55%, and control fibroblasts to
high-resolution respirometry on an Oroboros Oxygraph-2k. Measurements revealed that basal
respiration (Cr-ROX), maximal respiratory capacity (CrU-ROX) and complex I contribution to
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respiration, CrU-(CRot-ROX), were lower in patient as compared to control fibroblasts (Figure ??A).
However, albeit lowered to a similar extent, no significant difference was detected in complex II
contribution to respiration (CRot-ROX) (Figure ??A). To further understand if the respiratory deficiency
was provoked by diminished mitochondrial mass or quantity of RC complexes, a Western blot against
subunits of complexes I-V and citrate synthase (CS) as a marker of mitochondrial mass was performed.
A diminished mitochondrial mass was indeed observed in Leigh fibroblasts, accounting for the defect
in complexes I, III+V and IV (Figure ??B). A defect in complexes I, III+V and IV was detected when
normalizing with GAPDH but not when normalizing with both CS and GAPDH (Figure ??B). Moreover,
analysis of enzymatic activities of respiratory complexes highlighted a normal function of complexes
II, III and IV (CS normalized) but a decreased activity of CS in LS fibroblasts (Figure ??C), supporting a
decrease in mitochondrial mass as the main contribution to the lower levels of respiration. Finally,
extracellular lactate measurements demonstrated that LS fibroblasts produced more than twice the
lactate generated by control fibroblasts (Figure ??D), which is consistent with the decreased respiration
of LS fibroblasts.

Figure 1. Decreased mitochondrial mass and respiration in Leigh syndrome (LS) fibroblasts. (A) Oxygen
consumption measured in Oroboros Oxygraph-2k. All data are displayed as a percentage of control.
(B) Western blot assay against mitoprofile, citrate synthase (CS) and GAPDH (left). Quantification
of the Western blot, normalized with GAPDH as a marker of the total protein (right, top panel) or
GAPDH and citrate synthase (CS) as a marker of mitochondrial mass (right, bottom panel). All data
are displayed as a percentage of control. (C) Spectrophotometric measurements of the activity of
electron transfer chain (ETC) complexes (left) and citrate synthase (CS) (right); SA: specific activity.
(D) Extracellular lactate production normalized by total protein. (* p-value < 0.05; ** p-value < 0.01;
*** p-value < 0.001)

2.2. Generation of the Control iPSc Line N44SV.1

Since LS models are scarce, generation of LS iPSCs and their differentiation into neural lineages
would allow to shed light on the pathological mechanisms causing this disease.

To model LS, we used a previously obtained iPSC line, LND554SV.4, with the mutation
m.13513G>A at a percentage of 45% [? ]. This line was derived from the same patient fibroblasts
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where we detected diminished respiration. As a control, we generated the iPSC line (N44SV.1)
from normal human dermal fibroblasts (NHDFs) using Sendai virus. We could confirm by
sequencing that it, in contrast to the LS iPSC line, lacked the m.13513G>A mutation in the
mtDNA (See Supplementary Figure S1A). Moreover, the N44SV.1 line displayed hES-like colonies
positive for the pluripotency marker alkaline phosphatase (see Supplementary Figure S1B,C).
N44SV.1 also showed high levels of mRNAs of pluripotency-related genes OCT4, SOX2, CRIPTO,
NANOG and REX1 in comparison with the original fibroblasts (see Supplementary Figure S1D).
At the protein level, we detected by immunofluorescence the presence of pluripotent surface
proteins SSEA3, SSEA4, Tra-1-81 and Tra-1-60 and the pluripotent transcription factors OCT4,
SOX2 and NANOG (see Supplementary Figure S1E). The ability to differentiate into the three
germ layers was tested using an embryoid body (EB)-based methodology. Endoderm (positive for
AFP), mesoderm (positive for SMA) and neuroectoderm cells (positive for TUJ1) were observed
(see Supplementary Figure S1F). Moreover, N44SV.1 presented a complete clearance of the Sendai
viruses used for inducing reprogramming (see Supplementary Figure S1G) and a normal karyotype
(see Supplementary Figure S1H). Finally, DNA fingerprinting analysis revealed genetic identity of
N44SV.1 with control NHDFs (see Supplementary Figure S1I). Importantly, we did not detect any
difference in the reprogramming process or in the pluripotency markers between LND554SV.4 [? ] and
the control iPSC line, N44SV.1.

2.3. LS iPSCs Manifest a Decreased Basal Respiration and a Combined RC Deficiency

Afterwards, we analyzed metabolic function of LS iPSCs by performing a mitochondrial
characterization. Oxygen consumption measurements revealed that basal respiration (Cr-ROX)
was diminished in LS iPSCs, while maximum respiration (CrU-ROX) and complex I contribution,
CrU-(CRot-ROX), were not significantly decreased. Complex II contribution (CRot-ROX) was unaltered
as compared to control iPSCs (Figure ??A). Except for a significant increase in CS, analysis of
mitochondrial mass and protein content of RC complexes by Western blot demonstrated no major
differences between the patient and the control (Figure ??B). However, activity measurements showed
a prominent defect in the activity of complexes I and III of LS iPSC (Figure ??C). Similar to fibroblasts,
lactate levels were increased in LS iPSCs as compared to control iPSCs (Figure ??D).

These findings show that hyperlactacidemia (a molecular marker of mitochondrial dysfunction
commonly found in LS) can be detected as increased lactate levels in both fibroblasts and iPSCs derived
from LS patient fibroblasts.

2.4. Similar Proliferation and Differentiation Capacity of LS iPSC-Derived NSCs

In order to assess pathology in cells more relevant to the disease, we derived neural stem cells
(NSCs) from control and LS iPSCs. NSCs were efficiently derived from both patient and control iPSCs
and stained positive for the NSC marker nestin (Figure ??A). The m.13513G>A mutation was retained
in patient NSCs at a percentage of 19.26% while absent in control NSCs (Figure ??B). No differences
were observed in the percentages of EdU+ cells between control and patient NSCs (Figure ??C,D),
indicating a similar proliferative rate. Differentiation capacity was tested at 3 weeks of culture in
differentiation media. At that time point, control NSCs had developed a network of neuronal cells
with clustering of somas and interconnecting neurites (Figure ??E). The tendency to cluster was less
strong in patient NSCs, which showed a less organized network. Immunocytochemistry for the
neuronal marker MAP2 and the astrocytic marker GFAP revealed that most of the cells, both in control
and patient, were MAP2+, and only a few of them were GFAP+ (Figure ??F). In order to study the
subtype of neurons present in the culture, we allowed NSCs to differentiate for 6 weeks and analyzed
by immunofluorescence the presence of the glutamatergic marker KGA and the GABAergic marker
GAD65/67. Both control and patient NSCs generated MAP2+ or TUJ1+ cells, which co-stained with
KGA or GAD65/67, without any obvious differences between groups (Figure ??G,H), proving the
presence of both glutamatergic and GABAergic neurons in our cultures.
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2.5. Cell death and Complex I deficiency in LS iPSC-Derived Neurons

In order to specifically analyze neuronal properties, we used a previously published protocol [? ]
to induce a pure population of neurons (iPSC-iNs) from control and LS iPSCs. To analyze appearance of
neuronal networks, sparse cytoplasmic lentiviral GFP labeling was used. Initially, neuronal networks
derived from control and patient iPSCs appeared similar (Figure ??A). However, after prolonged
culture on mouse astrocytes, pronounced neuronal death was observed in cultures from patient iPSCs
at day 21; this was further aggravated at day 42 (Figure ??B).

Figure 2. LS induced pluripotent stem cells (iPSCs) manifest a decreased basal respiration and
a combined respiratory chain (RC) deficiency. (A) Oxygen consumption measured in Oroboros
Oxygraph-2k. All data are displayed as a percentage of control. (B) Western blot assay against
mitoprofile, citrate synthase (CS) and GAPDH (left). Quantification of the Western blot, normalized
with GAPDH as a marker of the total protein (right, top panel) or GAPDH and citrate synthase (CS) as
a marker of mitochondrial mass (right, bottom panel). All data are displayed as a percentage of control.
(C) Spectrophotometric measurements of the activity of ETC complexes (left) and citrate synthase
(CS) (right); SA: specific activity. (D) Extracellular lactate production normalized by total protein.
(* p-value < 0.05; ** p-value < 0.01; *** p-value < 0.001)
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Figure 3. LS neural stem cells (NSCs) manifested similar proliferative and differentiation capacity.
(A) Immunofluorescence analysis of the neural stem cell marker nestin, manifesting an efficient
generation of NSCs from iPSCs; scale bar: 100 μm. (B) Electropherograms showing the mutation
m.13513G>A in patient NSCs and its absence in control NSCs (left) and heteroplasmy levels of
m.13513G>A mutation by RFLP followed by Agilent quantification. (C) Proliferation assay of NSCs
with the thymidine analogue 5-ethynyl-2’-deoxyuridine (EdU). Scale bar: 15 μm. (D) Quantification
of EdU (percentage of EdU+/Hoechst+). (E) Bright field images (4× and 10×) of neural populations
obtained after differentiation of NSCs. (F) Immunofluorescence analysis of MAP2, a marker of mature
neurons, and GFAP, a marker of astrocytes, in the neural populations obtained after differentiation of
NSCs in N2B27 for 3 weeks (G–H) Immunofluorescence analysis of the GABAergic marker GAD 65/67
and glutamatergic marker KGA together with neuronal markers (Tuj1 and MAP2).

Measurement of oxygen consumption was performed on a Seahorse Analyzer directly on attached
iNs without replating to avoid cell death. A complex I deficiency was detected in patient iNs evidenced
by a decrease of the basal respiration (Cr-ROX), maximum respiratory capacity (CrU-ROX) and
complex I contribution, CrU-(CRot-ROX), to maximal respiratory capacity (Figure ??C,D). Complex
II contribution (CRot-ROX) was not different in patient iNs as compared to control (Figure ??C,D).
Treatment with the cell-permeable succinate prodrug NV241 resulted in a similar increase in routine
respiration in both patient and control iNs, however the response in patient iNs vehicle (DMSO)
control also displayed increased respiration which rendered the NV241 response data in the patient
iNs inconclusive (Figure ??C). Further, the treatment with the succinate prodrug increased complex II
contribution to maximal uncoupled respiration in control iNs (Figure ??E). In patient iNs, the succinate
prodrug induced a similar level of complex II contribution to maximal uncoupled respiration, but the
difference to vehicle (DMSO) control did not reach significance (Figure ??E).
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Figure 4. Respiratory defect and neurodegeneration of patient iPSC-derived neurons. (A) iN generation
from iPSCs using lentiviral vectors for NgN2, rtTA and GFP showing no alterations in derivation of iNs
from the patient. (B) iNs co-cultured with mouse astrocytes showing a marked neurodegeneration in
the patient in comparison with the control both at days 21 and 42. (C) Oxygen consumption plots of the
different treatments (Control/Patient and NV241/DMSO). (D) Quantification of oxygen consumption
measured in a Seahorse XFe96 Analyzer. All data are normalized with the control. (E) Quantification of
the contributions of complexes I and II to the maximum respiration, in percentages. (* p-value < 0.05)

2.6. LS iPSC-Derived Neurons are Functional

In order to test whether the alteration in mitochondrial function has an effect on neuronal function,
electrophysiological properties of LS neurons obtained, after a differentiation period of six weeks,
were analyzed using whole-cell patch clamp. Neurons differentiated from both control and patient
iPSC-derived NSCs were able to fire action potentials (APs) upon current injection (Figure ??A), and the
number of elicited APs in each current step injected was not different between groups (Figure ??B).
Moreover, the maximal number of elicited APs was similar (Figure ??C), and the application of ramps
of currents triggered trains of APs in patient neurons in the same way as in controls (Figure ??D).
Furthermore, both control and patient neurons had depolarizing inward Na+ currents blocked by TTX
(Figure ??E) and repolarizing outward K+ currents blocked by TTX + TEA (Figure ??F). In conclusion,
no abnormalities were detected in intrinsic properties or AP characteristics of patient neurons as
compared to control.
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Figure 5. LS iPSC-derived neurons are electrophysiologically functional. (A) Neurons derived from
control (black) and patient (orange) neural stem cells were able to generate action potentials (APs) upon
current injection. (B) Graph showing the injected current versus the number of APs elicited (n = 8).
(C) Bar diagram of the maximal number of APs induced (n = 8, n.s.). (D) Voltage traces show that
current injection (ramp from 0–300 pA) induces trains of APs; * denotes the expanded AP17. (E,F) Left:
Current traces of the fast inward current peak (E) and the sustained outward current (F) activated by
step depolarizations from a holding potential of −70 mV in the absence and presence of 1 mM TTX
(E) or 1 mM TTX and 10 mM TEA (F); * denotes the fast inward current peak (E) and the sustained
outward current (F). Right: Voltage–current plot of the inward current peak (E) and sustained outward
current (F).

2.7. Disturbed Calcium Regulation in LS iPSC-Derived Neurons

Given the role of the mitochondria in regulating intracellular calcium we wanted to assess
calcium dynamics in LS neurons. Intracellular calcium concentrations were analyzed by live cell
calcium imaging in NSC-derived neurons, after 6 weeks of differentiation. KCl was added in order
to stimulate neuronal activity, and the number of evoked cells (responding to KCl) was drastically
diminished in patient neurons as compared to controls (see Supplementary Video S1 (Control) and
Supplementary Video S2 (Patient)). Moreover, patient evoked cells showed a very different response,
compared to controls, with increase in the width of peaks (time from basal to basal level) and time
between peaks (Figure ??A). Quantification confirmed the increase in the width of peaks (Figure ??B),
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which could be explained by a slower increase in cytoplasmic Ca2+ upon a depolarizing stimulus or a
decrease in the calcium buffering capacity. In order to understand the specific step affected, peaks were
measured as time to peak (from basal to maximum level) and time to decay (from maximum to basal
level). Although both parameters were increased in patient cells, time to decay was more affected,
indicating a Ca2+ buffering defect (Figure ??B). Time between peaks was also assessed and showed an
increase of the refractory period in patient neurons (Figure ??C). All these results together indicate a
dysregulation in calcium homeostasis caused by the m.13513G>A mutation.

Figure 6. Calcium dysregulation in LS iPSC-derived neurons. (A) Representative plots of calcium
imaging displaying a different response to KCl in LS iPSC-derived neurons. FRU: fluorescence relative
units. (B) Quantification of the width of the peaks (from basal to basal), time to peak (from basal
to peak) and time to decay (from peak to basal). (C) Quantification of the time between peaks.
(*** p-value < 0.001)
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3. Discussion

All mammalian cells produce ATP by glycolysis and OXPHOS. The balance between these
processes is different in each cell type [? ], and its disturbance can cause disease. Here, we show a
clearly compromised OXPHOS function in LS patient fibroblasts and neurons; however only basal
respiration was altered in patient iPSCs. This indicates that the defect in iPSC lines is less evident
than in fibroblasts or neurons, probably due to the main dependence of iPSCs on glycolysis [? ? ? ].
This conclusion is supported by the low levels of oxygen consumed by iPSCs: basal respiration in
control iPSCs was approximately half and maximum respiration one-third of that of control fibroblasts.

Theoretically, a defect in complex I of the respiratory chain could be bypassed by an increase
in the electron flow through complex II that could restore ΔΨmit and ATP levels. In this regard,
succinate fuels complex II but it cannot cross biological membranes and does not reach mitochondria.
Recently, several cell-permeable succinate prodrugs have been described [? ]. As LS patient neurons
manifested a decreased complex I respiration, we attempted to rescue that phenotype using one of the
succinate prodrugs, NV241, described by Ehinger et al. [? ]. Administration of the succinate prodrug
increased both routine (basal) respiration and the complex II contribution to maximal respiration to
similar levels in patient and control iPSC-derived neurons. However, patient neurons responded
with increased respiration, possibly uncoupling, to the drug vehicle (DMSO), which rendered the
drug response data inconclusive for the patient iPSC-derived neurons. For the control neurons,
the stimulating effects of complex II on respiration were significant. In the initial publication describing
the cell-permeable succinate prodrugs, respiration and spare respiratory capacity were increased by
prodrug administration in LS patient fibroblasts with a recessive NDUFS2 mutation.

The question remains as to why iPSCs with their low dependence on OXPHOS manifest a
combined RC defect with decreased activities of complexes I and III, while fibroblasts, which rely on
mitochondrial OXPHOS more than iPSCs [? ], do not show a diminished activity of complexes III
and IV similar to muscle. Due to technical problems it was not possible to measure complex I
deficiency. Therefore, we cannot discard the possibility of an isolated complex I deficiency in fibroblasts.
Sequencing of mitochondrial complex I related genes, however, ruled out the possibility that control
fibroblasts had mutations that were not previously detected. One possible explanation for normal
specific activity of complexes III and IV in fibroblasts is that the alteration of the ETC function in
patient fibroblasts could lead to a decreased ΔΨmit, which in turn could induce an increase in the
selective elimination of abnormal mitochondria through mitophagy and mask the underlying defect
when enzymatic activities are measured. We do observe, as the main finding in patient fibroblasts,
diminished mitochondrial mass; considering that mitophagy is the core mechanism of mitochondrial
quality and quantity control [? ], it is reasonable to think that mitophagy could account for the decrease
in mitochondrial mass. This compensatory effect has already been described in other fibroblasts
with OXPHOS mutations [? ? ? ? ], and its protective role during pathogenesis is recognized [? ].
However, in one of these studies, no increase of mitophagy in fibroblasts harboring the m.13513G>A
mutation was observed [? ]. We therefore cannot rule out the possibility that the observed reduction in
protein levels and activity in CS could be the consequence of a decreased mitochondrial biogenesis
or an increase in the random elimination of mitochondria by bulk macroautophagy. This alternative
explanation, in which no selection against abnormal mitochondria occurs, would not, however, explain
the normal activity found in complexes III and IV in the fibroblasts.

In contrast to what happen in fibroblasts, iPSCs, similar to cancer cells, are considered to mainly
rely on glycolysis [? ? ? ]. In theory, the low OXPHOS function in iPSCs would lead both in controls
and patients to a decrease of ΔΨmit and the consequent activation of mitophagy [? ? ]. It has been
demonstrated that iPSCs display higher ΔΨmit than differentiated cells [? ? ], even using hydrolase
activity of ATP synthase to maintain ΔΨmit [? ]. The maintenance of normal ΔΨmit would prevent
mitophagy and the compensatory effect on patient iPSCs; as a consequence, no abnormal complexes
would be removed, and a compromised activity of complexes I and III would be detected even when
the defect is not evident at physiological conditions.
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For disease modeling, it is important to recapitulate the principal pathological features of the
disease. LS is characterized by the presence of bilateral symmetric necrotic areas in the basal ganglia or
the brain stem which correspond with regions of demyelination, neuronal death and astrocytic gliosis [?
? ]. Diseased neurons manifested a compromised respiratory capacity and evident neuronal death
after being replated on mouse astrocytes. These results indicate that this in vitro model, at least in part,
recapitulates the in vivo phenotype of LS. Moreover, increased lactate levels in blood or cerebrospinal
fluid are common criteria in the diagnosis of MD. Here, both cell types analyzed (fibroblasts and iPSCs)
manifest elevated production of lactate, independently of the main pathway used by the cell type to
generate energy.

Patch clamp recordings revealed normal electrophysiological function of individual patient
neurons, indicating that mtDNA mutation m.13513G>A does not impair Na+ or K+ currents or the
ability of neurons to fire APs. This is important, because it indicates that electrically functional neurons
can be derived from LS patient NSCs. However, those neurons manifested a marked dysregulation of
calcium homeostasis.

Ca2+ is an intracellular signal responsible for controlling numerous cellular processes [? ]. The Ca2+

signaling network requires first the ON mechanisms, by which there is a 10-fold rise of cytoplasmic
Ca2+, followed by the OFF mechanisms, which ensure that Ca2+ is recovered to basal levels [? ].
The increase of cytoplasmic calcium is the consequence of the entry of external Ca2+ through different
types of channels (VOCs, ROCs, SOCs) and the release of Ca2+ from internal stores [? ]. At the same
time, the OFF mechanisms include the extrusion of calcium to the outside, its return to internal stores
(endoplasmic reticulum and mitochondrion) and its association with cytosolic buffers (parvalbumin,
calbindin-D28k, calretinin) [? ? ]. In the presynaptic membrane of neurons, the rise of cytoplasmic
Ca2+ triggers the release of neurotransmitters. As important as the rise is the buffering of that calcium
to ensure the possibility of a new activation. In fact, sustained high concentrations of cytoplasmic Ca2+

are associated with neuronal death [? ] through apoptosis if there is ATP available or necrosis if there
is ATP depletion [? ? ]. It has been postulated that the addition of KCl induces a slow depolarization
of membrane potential (ΔΨ), consequent activation of Ca2+ voltage-operated channels (VOCs) and
Ca2+ influx into the cell [? ? ]. Cells that respond to this KCl are called evoked cells [? ]. The analysis
of the response of evoked cells harboring the mtDNA mutation m.13513G>A manifested a slower
buffering capacity and an increased refractory period. This is not surprising, because mitochondria
play a significant role in shaping global Ca2+ signals [? ] through direct or indirect participation [?
]. The decreased buffering capacity that we observe can lead to higher amounts of calcium in the
cytoplasm and consequent neuronal necrosis observed in LS patients [? ]. The concrete mechanism by
which this mtDNA mutation causes inappropriate buffering of calcium remains unknown. Recently,
neural progenitor cells (NPCs) harboring the homoplasmic m.9185T>C mutation in the MT-ATP6
causative of episodic paralysis with spinal neuropathy (NPC_ATP6) has been reported [? ]. In contrast
to our results, NPC_ATP6 mutated cells manifested a decreased calcium release (ON mechanisms)
rather than the decrease in calcium buffering observed here (OFF mechanism). These differences could
be the consequence of the ΔΨmit, in which mutations that affect the ATP synthase increase ΔΨmit
and affect calcium release, while mutations in the ETC provoke a diminishment in ΔΨmit and affect
calcium buffering. In support of our findings, iPSC-derived neurons from other neurodegenerative
diseases such as Parkinson’s disease (PD) or frontotemporal lobar degeneration tauopathy (FTLD-Tau)
have also shown an impaired calcium homeostasis as the underlying pathogenic mechanism [? ? ]. It
is also very interesting that the necrosis observed after myocardial ischemia or stroke [? ? ] occurs in
response to a lack of oxygen to the mitochondria, suggesting that MD, similarly to PD and TFLD-Tau
and other conditions such as myocardial infarction or ischemic stroke, could occur through the same
calcium overload process, which leads to necrosis. Although other studies have concluded that
mutations in the MT-ND5 gene in fibroblasts or cybrids can be associated to calcium handling defects [?
? ], the phenotype of the neurons, the cell type in which the disease occurs, remained unexplored.
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Here, we demonstrate defective OXPHOS and a clear dysregulation in calcium homeostasis in neurons
harboring the m.13513G>A mutation, with profound consequences for the pathology.

4. Materials and Methods

4.1. Cell Culture, iPSC Generation and Characterization

This study was approved by the Institutional Ethical Committee of the Autonoma University
of Madrid according to Spanish and European Union legislation and complies with the principles
of the 1964 Helsinki declaration. Normal human dermal fibroblasts (NHDFs) were purchased from
Promocell (C12300) and maintained in Dulbecco’s modified Eagle medium (DMEM) supplemented
with 10% FBS, 50 U/mL penicillin and 50 μg/mL streptomycin. Leigh fibroblasts from a described
patient harboring the heteroplasmic mutation in the mtDNA m.13513G>A (p.D393N) were kindly
provided by Dr. Francina Munell from the Hospital Universitario Vall d’Hebron (Barcelona, Spain),
with prior informed consent for study participation. LS fibroblasts were maintained in the same
growth medium as NHDF but supplemented with 50 μg/mL uridine. A previously described iPSC
line, LND554SV.4 [? ], and a control iPSC line reported here (N44SV.1) have been derived, maintained
and characterized following the protocols described in [? ].

4.2. Oxygen Consumption

Oxygen consumption measurements in fibroblasts and iPSCs were performed in an Oroboros
Oxygraph-2k and analyzed using DatLab4 software (Oroboros Instruments). Approximately one
million fibroblasts or two million iPSCs were used in each chamber. An intact cell measurement
protocol has been used. The experimental regime started with routine respiration (Cr), which is
defined as respiration in cell-culture medium without additional substrates. After reaching steady-state
respiratory flux, ATP synthase was inhibited with oligomycin (2 μg/mL), followed by uncoupling of
oxidative phosphorylation by titration of FCCP (carbonyl cyanide p-trifluoromethoxyphenylhydrazone)
with 0.5 μM steps (CrU). Finally, respiration was inhibited by sequential addition of rotenone at 0.5
μM (to test for the effect of inhibiting complex I activity) (CRot) and antimycin A at 2.5 μM (for
inhibiting complex III) (non-mitochondrial respiration, ROX). Values were normalized by number
of cells, and ROX was subtracted. Basal respiration (Cr-ROX), maximum respiration (CrU-ROX),
complex I contribution, CrU-(CRot-ROX), or complex II contribution (CRot-ROX) were calculated
from a minimum of three independent experiments. Oxygen consumption measurements of induced
neurons (iNs) were performed in a Seahorse XFe96 Analyzer and analyzed by Wave software (Agilent
Technologies). Induction of iNs from iPSCs was performed in the seahorse microplate following a
previously described protocol [? ] and measured at day 7, after puromycin selection. Before the
experiment, growth medium was replaced by XF-Base Medium (Agilent Technologies) supplemented
with 2 mM L-glutamine, 5 mM sodium pyruvate and 10 mM glucose (pH 7.4), and cells were kept 1h
at 37 ◦C at atmospheric O2 and CO2. Oxygen consumption was determined at basal conditions (Cr) as
well as after addition of the following drugs: 500 μM NV241 or DMSO as vehicle, FCCP titration (0.125,
1 or 2 μM), 2 μM rotenone (CRot) and 1 μg/mL antimycin A (ROX). After the experiment, Hoechst
33342 was added to the wells, and pictures were acquired in a fluorescence microscope to quantify
DAPI surface. Values were normalized by DAPI surface and non-mitochondrial respiration (ROX)
was subtracted. Basal respiration (Cr-ROX), maximum respiration (CrU-ROX), complex I contribution,
CrU-(CRot-ROX), or complex II contribution (CRot-ROX) and effect of NV241 were calculated from
three independent experiments.

4.3. Protein Extraction and Western Blot

Protein was extracted using cold RIPA buffer (50 mM Tris-HCl, pH 7.4, 1% NP-40, 0.5%
Na-deoxycholate, 0.1% SDS, 150 mM NaCl, 2 mM EDTA, 50 mM NaF) supplemented with protease
inhibitor cocktail (Roche, 11873580001) and quantified using BCA Protein Assay Kit (Thermo
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Fisher Scientific 23225). Fifty micrograms of protein was separated on a 12% SDS-PAGE gel and
electrotransferred to Immobilon-P membranes (Millipore, IPVH00010). Primary antibodies used
were Mitoprofile (Abcam ab110411; 1:1000), CS (Abcam ab96600; 1:10000) and GAPDH (Abcam
ab8245; 1:6000). Appropriate secondary antibodies coupled to horseradish peroxidase were used,
and peroxidase activity was tested using ECL (GE Healthcare, RPN2209). Quantification of WB was
performed by densitometric analysis in Image J; values were normalized by total protein amount
(GAPDH) and/or by mitochondrial mass (CS).

4.4. Lactic Acid Production

Extracellular lactic acid concentration in the cell culture medium was determined using a
lactate-dehydrogenase activity assay. First, 500,000 fibroblasts were plated on P100 culture dishes.
The next day, growth medium was changed by fresh medium; exactly 24 h after medium was changed,
100 μL was removed, deproteinized and adjusted to pH 6–8. Samples were kept at −80 ◦C until assay.
For the assay, 15 μL of the sample was incubated with 30 μL of NAD+ 15 mM, 5 μL of LDH 1 mg/mL
(Roche, 10 127 230 001), 150 μL of assay buffer (consisting of 0.5 M glycine, 0.2 M hydrazine and 3.4 mM
EDTA; pH 9.5) and adjusted to a final volume of 300 μL with bidistilled water. This reaction was
incubated for 105 min at 37 ◦C before measuring absorbance at 340 nm. The lactate present in the
sample together with NAD+ was transformed by lactate dehydrogenase in NADH, with concentration
proportional to the increase in absorbance at 340 nm. A standard curve of lactate ranging from 4 to
0.25 mM was used to extrapolate the lactate concentration present in the sample. These values were
normalized by the total amount of protein present in the culture measured with BCA Protein Assay Kit
(Thermo Scientific, Waltham, MA, USA, Ref 23225). For iPSCs, a similar protocol was used, but starting
cell density was 80% confluent. The choice of measurement at 24 h after changing the medium was
determined using previous kinetics data. At least three independent experiments were performed.

4.5. Respiratory Chain Activity Determination by Spectrophotometry

Measurements of the specific activities (SA) of respiratory chain complexes were determined
following the protocol established in [? ]. Values were normalized with the specific activity (SA) of
citrate synthase (CS). A minimum of three independent experiments was performed.

4.6. NSC Generation and Neuronal Differentiation

For generation of NSC, the commercially available PSC Neural Induction Medium (ThermoFisher,
Waltham, MA, USA, A1647801) was used, following manufacturer´s instructions. NSCs were routinely
maintained in NEM medium (ThermoFisher, Waltham, MA, USA). For neuronal differentiation,
42,000 cells/cm2 were seeded in GFR Matrigel-coated plates in NEM medium and maintained for 48 h.
After this, growth medium was replaced with differentiation medium consisting of DMEMF12 (Thermo
Fisher; Waltham, MA, USA, 11330-057) supplemented with 1x N2 (Thermo Fisher Scientific, Waltham,
MA, USA, 1750200), 1x B27 (Thermo Fisher Scientific, Waltham, MA, USA, 17504044), 1x NEAA
(Thermo Fisher Scientific, Waltham, MA, USA, 11140035) and 100 μM β-mercaptoethanol (Thermo
Fisher Scientific, Waltham, MA, USA, 21985023). Culture medium was changed every other day for
6 weeks. For Patch Clamp and Calcium Imaging experiments, BrainPhys (Stemcell Technologies,
Grenoble, France, 05792) was used instead of DMEMF12.

4.7. Mutation Analysis and Heteroplasmy Quantification of mtDNA m.13513G>A Mutation

For this purpose, the protocol described in Galera-Monge et al. [? ] was followed.
Briefly, total DNA was extracted using a standard phenol-chloroform protocol. For mutation
analysis, amplification by PCR of a mtDNA region containing the m.13513G>A position was
carried out using the following primers: mt-20F: 5′ ATCTGTACCCACGCCTTC 3′ and mt-20R:
5′ AGAGGGGTCAGGGTTGATTC 3′. Following PCR amplification, direct sequencing of
amplicons was performed on both strands in an ABI 3730 sequencer (Applied Biosystems,
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Foster City, CA, USA) using a dye terminator cycle sequencing kit (Applera, Rockville, MD).
Heteroplasmy quantification of m.13513G>A mutation was studied by RFLP. PCR amplification
with the following primers: 13513F: 5′GACTGACTGACTGACAAGTCAACTAGGACTCATAATA3´
and 13513R: 5′CAGGCGTTTGTGTATGATATGTTTGCGGTTTCGATGACGTGG3´ was followed by
digestion with restriction enzyme PflFI (New England Biolabs. Reference: R0595S) and quantified with
the Agilent DNA 1000 Kit (Agilent, Santa Clara, CA, USA, 5067-1504) in an Agilent 2100 Bioanalyzer.

4.8. Proliferation Assay

Here, 90,000 NSCs were plated onto matrigel-coated 13 mm coverslips in P24 multiwell plates
with NEM medium. At 48 h, 10 μM EdU was added to the media and incubated for one hour. After
that, cells were washed with PBS, fixed with 4% PFA and permeabilized with 0.025% Triton in PBS.
The Click-iT EdU Kit (Invitrogen, Carlsbad, CA, USA, C10338) was used for the detection of EdU,
following the manufacturer´s instructions. Hoechst 33342 was added to stain nuclei. Quantification
was performed manually at 40× in a randomized and blinded manner (n = t5).

4.9. Immunofluorescence

Cells were fixed with 4% PFA, permeabilized and blocked with 0.3% Triton X-100 and 3% Donkey
Serum in TBS. Samples were incubated with the following primary antibodies overnight at 4 ◦C: MAP2
(Sigma, St. Louis, MO, USA, M1406,1:250); GFAP (Dako, Carpinteria, CA, USA, Z0334, 1:500); GAD65/67
(Abcam, Branford, CT, USA, ab11070, 1:500); KGA (Abcam, Branford, CT, USA, ab156876, 1:200); TUJ1
(Sigma, St. Louis, MO, USA, T8660, 1:400); MAP2 Chicken (Abcam, Branford, CT, USA, ab5392, 1:10000).
Alexa Fluor Dye secondary antibodies were applied (1:500) at room temperature for 30 min. Images were
acquired with a spectral confocal microscope LSM710 (Zeiss, Matesalka, Hungary).

4.10. iN Morphology Analysis

iPSC-iNs were generated following the protocol described in [? ]. Lentiviral GFP+ and unlabeled
iNs were mixed in a proportion of 1:6 in order to assess morphology of individual neurons. Images
were directly acquired using a BX61 fluorescence microscope (Olympus, Tokyo, Japan).

4.11. Electrophysiology

iPSC-derived neurons cultured on coverslips were transferred to the recording chamber and held
down with a small piece of platinum wire [? ]. The coverslip was constantly perfused with carbonated
artificial cerebral spinal fluid (in mM: 119 NaCl, 2.5 KCl, 1.3 MgSO4, 2.5 CaCl2, 26 NaHCO3, 1.25
NaH2PO4 and 11 glucose; pH ~7.4) at 34 ◦C. Recording pipettes were filled with intracellular solution
(in mM: 122.5 potassium gluconate, 12.5 KCl, 10 HEPES, 0.2 EGTA, 2.0 MgATP, 0.3 Na2-GTP, 8.0 NaCl;
pH ~7.3) and had a resistance of 4–12 MΩ. Target cells were visualized using a water immersion
objective (Olympus, 40×), and whole-cell patch clamp recordings were performed with a HEKA
double patch clamp EPC10 amplifier using Patch Master for data acquisition. Voltage and current
clamp recordings were used for the electrophysiological characterization. Sodium and potassium
currents were evoked by a series of 200 ms long voltage steps (from −70 to +40 mV in 10 mV steps)
and inhibited with 1 μM TTX and 10 mM TEA, respectively. Series of current steps (0–200 pA in 10 pA
steps) and current ramps from 0–300 pA were performed to determine the cells’ ability to generate
action potentials. Data were analyzed offline with FitMaster and IgorPro. At least nine cells of each
condition were analyzed.

4.12. Calcium Imaging

For calcium imaging, NSCs were allowed to differentiate for 6 weeks (see NSC differentiation
section) on Glass-Bottom P35 culture dishes coated with 15 μg/mL Poly-L-Ornithine (Sigma, St. Louis,
MO, USA, P3655) at RT for 1 h and 10 μg/mL laminin at 37 ◦C for 2 h (Thermo Fisher Scientific,
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Waltham, MA, USA, 23017-015) [? ]. The day of the experiment, cells were loaded with 1 ng/μL of
Fluo-4 AM (Molecular Probes, Eugene, OR, USA, F14201) diluted in growth medium without Phenol
Red and incubated at 37 ◦C and 5% CO2 for 30 min. Before imaging, medium was changed to fresh
growth medium without Phenol Red to wash away excess Fluo-4 AM. Time-lapse recordings were
acquired using a Zeiss confocal microscope at maximal speed during 30 min. At minute 6, 90 mM KCl
was added to the culture plate. Four videos of each condition and independent culture plate were
recorded for analysis. For quantification, 10 cells with response to KCl were chosen randomly, and the
type of response was analyzed.

4.13. Statistical Analysis

Data are presented as mean ± SD. An unpaired two-tailed t-test or Mann–Whitney test was
performed; p-values of less than 0.05 were considered statistically significant. (* p-value < 0.05;
** p-value < 0.01; *** p-value < 0.001).

Supplementary Materials: Supplementary Materials can be found at http://www.mdpi.com/1422-0067/21/9/3191/s1.
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ATP Adenosine triphosphate
ETC Electron transfer chain
rRNA Ribosomal ribonucleic acid
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