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Abstract: Plants can ‘catch’ and mitigate airborne pollutants and are assisted by fungi inhabiting
their leaves. The structure and function of the fungal communities inhabiting the phyllosphere of
hornbeam trees growing in two chronically polluted areas, the oilfield of Bóbrka and the city center
of Warsaw, were compared to the ones growing in one nature reserve, the Białowieża National Park.
Fungi were isolated and characterized both phylogenetically and functionally for their potential
role in air pollution mitigation. Both culture-dependent (e.g., enzyme assays and tolerance tests)
and culture-independent methods (e.g., ITS and shotgun sequencings) were used. Furthermore,
the degradation potential of the fungi was assessed by gas chromatography mass spectrometry
(GC-MS). Shotgun sequencing showed that the phyllosphere fungal communities were dominated by
fungi belonging to the phylum Ascomycota. Aureobasidium was the only genus detected at the three
locations with a relative abundance ≥1.0%. Among the cultivated epiphytic fungi from Bóbrka,
Fusarium sporotrichioides AT11, Phoma herbarum AT15, and Lophiostoma sp. AT37 showed in vitro
aromatic hydrocarbon degradation potential with laccase activities of 1.24, 3.62, and 7.2 µU L−1,
respectively, and peroxidase enzymes with activities of 3.46, 2.28, and 7.49 µU L−1, respectively.
Furthermore, Fusarium sporotrichioides AT11 and Phoma herbarum AT15 tolerated exposure to airborne
naphthalene and benzene. Lophiostoma sp. AT37 was the most tolerant to exposure to these pollutants,
in line with being the best potential aromatic hydrocarbon degrader isolated in this study.

Keywords: air pollution; phyllosphere; phylloremediation; fungi

1. Introduction

Outdoor air pollution is an invisible killer, causing 4.2 million human deaths in
the world each year [1]. New data reveal that 9 out of 10 people breathe air containing
high levels of pollutants as particulate and volatile organic compounds (VOCs), including
mono- and polycyclic aromatic hydrocarbons (MAHs and PAHs).

Plants are known to ‘catch’ and mitigate airborne pollutants. Especially plant leaves
can adsorb pollutants passively, and subsequently, pollutants can be up taken by plant
cells and/or chemically transformed [2,3]. Because of the significant surface area they span
on Earth, which is estimated as a global leaf area of 508,630,100 km2, leaves can have a
substantial impact as a method for filtering air [4]. Plant leaves are not only a passive sur-
face area for air filtration, they are also the habitat for thousands microbial cells, including
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fungi and bacteria [5]. The phyllosphere can be defined as the aerial parts of living plants,
which includes leaves, stems, buds, flowers, and fruits that provide a habitat for microor-
ganisms [4]. Studies on phyllosphere microbiology have been mainly focusing on leaves,
which are the plant structures with the highest global area. The leaf phyllosphere provides
nutrients and a shelter for a large range of highly diverse microorganisms. Nevertheless,
differently from other environmental niches, the conditions in the leaf phyllosphere can be
considered as extreme due to the exposure to UV radiation and extreme temperatures [6,7].
Season also play an important role in structuring the phyllosphere microbial communities.
According to Gomes et al. [8], seasoning was one of the major drivers in shaping the epi-
phytic community, whereas wind speed, rainfall, and temperature were the major drivers
shaping the endophytic community.

The most dominant colonizers of the phyllosphere are bacteria with 106 to 107 cells cm−2

of leaf. Less is known about numbers of phyllosphere fungi [7]. Biomass, more than cell
number, can probably be a more adequate nonbiased parameter for comparing the dominance
of fungi or bacteria on leaves. Biomass is the total weight of organism in a given area, which
is directly related to the microbial size [9]. A few studies have evaluated phyllosphere
biomasses associated to plants, as in the case of Davey et al. [10], who investigated fungal
biomass associated with the phyllosphere of bryophytes and vascular plants, and Jia
et al. [11], who investigated fungal communities during plant development in a copper
tailings dam.

Phyllosphere microorganisms, since they are continuously in contact with air and
consequently with the airborne aromatic hydrocarbons, can cooperate in filtering and
degrading air pollutants and consequently, improve air quality [12]. For instance, fungal
communities of ornamental plants on roadsides in Sri Lanka adapted to pollution condi-
tions by shaping into communities able to degrade aromatic hydrocarbons [13]. Fungi
possess a higher capability to degrade aromatic hydrocarbons compared with other organ-
isms, mainly because of the secretion of extracellular enzymes as lignin peroxidases (LiP),
manganese peroxidases (MnP), and laccases (ligninolytic fungi), whereas others instead
produce cytochrome P450 monooxygenase-like enzymes (non-ligninolytic fungi) [14,15].

In light of the above, phylloremediation, which is based on the synergistic action of
plants and their associated microorganisms to degrade airborne pollutants, is a promising
green technology to tackle the air pollution issue. Engineers and plant scientists are focusing
on harnessing the potential of plants and their associated microorganisms to mitigate air
pollution [2,16,17]. Until now, our knowledge about the interactions of microorganisms
with plant leaves has been limited. This shortage of knowledge is a main obstacle to further
investments and installations of urban green with the purpose for phylloremediation.

The overall aim of this study is to get a better insight in the community structure and
function of epiphytic fungi associated with common hornbeam, via culture-dependent
and -independent methods, to further pave the way for future remediation applications.
For this purpose, we specified the following objectives: (I) to genotypically characterize
the fungal communities on leaves of hornbeam, (II) to culture some representatives and
identify them by Sanger sequencing of the ITS and TEF regions, (III) to test them for
laccase and peroxidase enzyme activity, and (IV) to perform in vitro tests for airborne
pollutant degradation.

2. Material and Methods
2.1. Sampling of Hornbeam Leaves from Three Differently Polluted Areas in Poland

To investigate the fungal communities living on the leaves of hornbeam trees and to
assess their potential for degradation of aromatic hydrocarbons (AH), three sites in Poland
were selected for sampling. Białowieża National Park is Europe’s last temperate primeval
forest with a minimal anthropogenic disturbance (52.7229◦ N, 23.6556◦ E). This forest is
a UNESCO world heritage site and an EU Natura 2000 special area of conservation [18].
Bóbrka oil industry museum is a unique site where the environment naturally was in
contact with crude noncombusted oil since the last glacial period (52.8167◦ N, 23.9264◦ E).
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Bóbrka has the world’s oldest oil wells with still a regular output of a barrel per well every
day [19]. Warsaw city center (52.2297◦ N, 21.0122◦ E) air pollution mainly originates from
combusted exhaust-related organic volatiles, industry, and other human activities. These
sampling locations are far from each other, from a minimum of around 230 km (Warsaw
and Białowieża) to a maximum of around 460 km (Bóbrka and Białowieża), and were
chosen based on different levels of air pollution. More details about the locations and
sampling have been previously described [20].

For each site, five locations were sampled (May 2016), and at each location, four
trees and five leaves per tree were collected for microbiome analyses (4 × 5 = 20 bi-
ological replicates per location) at a height of 1.5 to 2 m. Leaves were collected with
ethanol-sterilized metal scissors and tweezers and stored into sterile 50 mL Falcon tubes
previously filled with phosphate buffer containing (per liter): 11.95 g NaH2PO4 2H2O,
16.5 g Na2HPO4 7H2O, and 100 µL Tween 80. Samples were transported ice-cooled to
the laboratory for further processing.

2.2. Isolation of Biomass from Hornbeam Phyllosphere

In order to isolate epiphytic fungi, 50 mL tubes containing hornbeam leaves in
10 mM phosphate buffer were inverted by hand for 10 s, sonicated for 3 min at 160 W
using a Bransonic® ultrasonic cleaner 2510E-MT (Branson Ultrasonics Corp., Danbury,
CT, USA), vortexed for 1 min, and lastly, shaken on an orbital shaker for 15 min at
240 rpm. Leaves were removed from the tubes, and the phosphate buffer was centrifuged
(4000 RCF × 15 min) to pellet epiphytic microbial cells [21]. The supernatant was dis-
carded, and the pellet was resuspended in the remaining 3 mL of phosphate buffer to allow
the further steps: (i) total genomic DNA isolation and analyses by ARISA and shotgun
metagenomic sequencing and (ii) culturing epiphytic fungi.

2.3. Total gDNA Extraction from Leaf Wash Suspensions

One milliliter of the cell suspensions was transferred into sterile 2 mL tubes. Cells
were pelleted by centrifugation (10,000 RCF × 15 min), supernatant was discarded, and
cells were lysed by homogenization into 180 µL of lysis buffer (1 × Tris-EDTA buffer pH
= 8, 1.2% Triton X-100 and 20 mg mL−1 lysozyme in Rnase-free water) and incubated at
37 ◦C for 30 min. Subsequently, 25 µL of proteinase K and 200 µL of AW buffer from the
Qiagen Blood & Tissue kit (Qiagen, Venlo, The Netherlands) were added, followed by an
incubation at 56 ◦C for 30 min. The gDNA isolation protocol of the Qiagen kit was used.
The DNA purity (260/280 nm and 260/230 nm) was assessed with a NanoDrop ND-1000
spectrophotometer (Isogen Life Science, The Netherlands), the DNA concentration was
quantified using the QuantiFluor® dsDNA System (Promega, The Netherlands), and its
integrity was assessed. DNA gel-loading dye (6X) by Thermo Fisher (US) was used before
loading the samples in an agarose gel 1.5% (120 V; 45 min). Finally, gDNA samples were
stored at −20 ◦C for further analyses.

2.4. Community Fingerprint Analyses

Automated ribosomal intergenic spacer analysis [22,23] was carried out to investigate
the composition of hornbeam phyllospheric communities and to compare the hornbeam
phyllospheres from (i) the crude-oil-polluted area of Bóbrka, (ii) the nature reserve of
Białowieża, and (iii) the city center of Warsaw. The fungal intergenic spacer region ITS1-
5.8S-ITS2, i.e., the region between the fungal 18S rRNA gene and the 28S rRNA gene, was
amplified using the primer pair 2234C (5′-GTTTCCGTAGGTGAACCTGC-3′) and 3126T
(5′-ATATGCTTAAGTTCAGCGGGT-3′) [23,24]. Firstly, for the PCR amplification, samples
were prepared as follow: 5 µL 10X hifi PCR buffer (Roche, Basel, Switzerland), 2 µL 50 mM
MgSO4, 1 µL dNTP mix, 0.1 µL of each primer (0.1 mM), 38.8 µL RNase-free water, and 0.2
µL Platinum® Taq high fidelity (Invitrogen, Waltham, MA, USA) for a total of 50 µL reaction
mixture. To each reaction, 1 µL of DNA (15–40 ng µL−1) extracted from the different leaf
washes was added. PCR conditions consisted of an initial denaturation at 95 ◦C for 3 min,
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followed by 30 cycles of 95 ◦C for 1 min, annealing at 57.5 ◦C for 30 s, and elongation at 72
◦C for 1 min, and a final extension step at 72 ◦C for 5 min. A thermocycler Biorad T100,
Bio-Rad Laboratories N.V., Temse, Belgium was used. Secondly, the amplified reaction
products were loaded onto DNA 1000 chips (Agilent Technologies, Santa Clara, CA, USA),
prepared according to the manufacturer’s recommendations. The resulting DNA fragments,
which vary in length from 150 to 1500 bp, were separated by means of an Agilent 2100
Bioanalyzer (Agilent Technologies, Santa Clara, CA, USA), whose working is based on
capillary electrophoresis. The 2100 Expert Software (Agilent Technologies, Santa Clara,
CA, USA) was used to digitalize the ARISA fingerprints, resulting in electropherograms
in ASCII formats, which were processed using the StatFingerprints package in the 2.13.0
version of the R project (The R Foundation for Statistical Computing, Vienna, Austria).

2.5. Shotgun Metagenomic Sequencing

Shotgun metagenomic sequencing was chosen to obtain a snapshot of the microbial
communities present at the three sites (Warsaw, Bóbrka, Białowieża) [25,26]. Shotgun
metagenomic sequencing sequences give all DNA from a sample, allowing to study all
the microbiota present in it [27,28]. The Illumina Nextera DNA XT kit was used for library
preparation, and the 100 bp PE sequencing kit with reagent TruSeq 4000 SBS Kit v3 was
used. This library preparation is based on a single tagmentation enzymatic reaction in
which sample DNA is simultaneously fragmented and tagged with adapters. Then, a
PCR step amplifies tagged DNA and adds sequencing indexes according to the kit indica-
tions. Samples were prepared and sequenced by Macrogen (Seoul, Korea) on the Illumina
HiSeq4000 platform to generate between 5 and 10 million PE (paired-end) reads per sample.
The sequencing control software used was HCS v3.3. Read quality was assessed with
FastQC v0.11.5. FastQC includes multiple modules: basic statistics, per base sequence
quality, per sequence quality score, per base sequence content, per sequence GC content,
per base N content, sequence length distribution, sequence duplication levels, overrepre-
sented sequences, adapter content, and kmer content. Trimmed reads (Trimmomatic v0.36)
showing leading and trailing minimum qualities of 3 and minimum read length equal to
36 were submitted to the Kaiju web server for taxonomic assignments [29]. Parameters set
in Kaiju included analyses of all taxonomic levels, NCBI BLAST nr+euk used as reference
database, low abundance filter 0 ≤ 0.5 ≤ 10. Samples were filtered considering the lowest
complexity, and mismatches were allowed in Greedy mode (Greedy max mismatches 1 ≤ 5;
Greedy minimum bitscore 10 ≤ 75; Greedy max E-value 0 ≤ 0.05 ≤ 1).

2.6. Isolation of Culturable Epiphytic Fungi

In order to isolate epiphytic fungi, we plated pure and 1/10 diluted leaf wash sus-
pensions onto different types of agar solid media containing different nutrients and at
different concentrations [21]. Malt Extract Agar [30,31] and Czapek dox at pH = 5 [32] were
chosen because both these media are recommended for the general cultivation of fungi
from a wide range of environmental niches. Furthermore, pure and 1/10 diluted leaf wash
suspensions were also screened on 869 rich media plates at pH = 7 [21], 1/10 LB plates pH
= 7 [33], and from minimal medium YMAb284 plates pH = 7 [21]. Plates were incubated at
30 ◦C. These media were chosen for their difference in nutrient content, which can favor
the isolation of a wider array of culturable epiphytic fungi [30,34].

2.7. Improving Isolation of Culturable Epiphytic Fungi via Enrichment Cultures

Aiming to diversify the isolation of epiphytic fungi, we set up enrichment cultures
where 1 mL leaf wash suspensions from Bóbrka were added to 250 mL Erlenmeyer flasks
previously filled with 100 mL of Bushnell-Haas medium at pH = 7 [35] containing 0.1%
(w/v) diesel-related aromatic pollutants as sole C-source, including filter-sterilized diesel,
BTEX (mix of benzene, toluene, ethylbenzene, o-xylene, m-xylene, and p-xylene), polycyclic
aromatic hydrocarbons—PAHs (naphthalene, fluorene, and phenanthrene), phenol, and
n-hexadecane. Pollutants were directly spiked into the medium or supplemented in
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2 mL Eppendorf tubes taped into the Erlenmeyer flask to allow evaporation of the volatile
compounds and a saturation of the air phase inside the flask. Cultures were renovated (1:50)
every three weeks, and after four transfers, aliquots were spread onto MEA and Czapek
dox agar Petri dishes. All plates were incubated at 23 ◦C for two to four weeks. Fungi
picked up from the plates were grown on MEA, Czapek dox agar, Ingestad medium [36],
and a specific guaiacol lignin medium [37]. Ingestad is a minimal medium containing
only macro- and micronutrients, and that was supplemented by diesel (as the only carbon
source) up to 0.0025%. The guaiacol lignin medium was used to facilitate the selection of
fungi that produce enzymes such as laccases and peroxidases [38].

2.8. Genotypic Characterization of the Isolates

Isolated fungi were cultivated in liquid MEB (malt extract broth) medium (pH = 5)
at 30 ◦C on an orbital shaker and in 12-well plates for one week before DNA extraction.
Total DNA was extracted using the PowerSoil® DNA Isolation Kit (Mo Bio Laboratories
Inc., Carlsbad, CA, USA) and the E.Z.N.A.® Fungal DNA Mini Kit (Omega Bio-Tek, Inc.,
Norcross, GA, USA), according the manufacturer’s recommendations. Subsequently, a
PCR reaction was performed using the primer pair ITS1F (5′-CTTGGTCATTTAGAGGTAA-
3′) and ITS4R (5′- TCCTCC GCTTATTGATATGC-3′) to span the entire ITS1-5.8S-ITS2
region in the genome of the fungi [39,40]. Additionally, the primer pair TEF1-108F (5′-
GAYTTCATCAAGAACATGAT-3′) and TEF1-1620R (5′- GACGTTGAADCCRACRTTGTC-
3′) was also used to allow deeper taxonomic resolution of the clades Fusarium and Penicil-
lium [41]. To perform the PCR amplification, a mastermix containing 5.5 µL FastStart
10X reaction Buffer with MgCl2, 1 µL dNTP mix, 2 µL of each forward and reverse
Primer (0.1 mM), 0.25 µL FastStart High Fidelity polymerase (Roche Applied Science,
Mannheim, Germany), 38.25 µL RNAse-free water, and 1 µL of 10−1 diluted template
DNA (2–60 ng µL−1) was made for each primer pair. PCR conditions included an initial
denaturation step of 2 min at 95 ◦C, followed by 40 cycles of denaturation at 95 ◦C for
30 s, annealing at 55 ◦C for ITS/ 50 ◦C for TEF1 primer, extension of the amplicon at
72 ◦C for 1 min, and a final extension of 10 min at 72 ◦C. A thermocycler Biorad T100,
Bio-Rad Laboratories N.V., Temse, Belgium, was used. The length of the amplicons was
checked by gel electrophoresis. DNA gel-loading dye (6X) by Thermo Fisher (US) was used
before loading the samples in an agarose gel 1.5% (120 V; 45 min). Samples were sent for
sequencing to Macrogen (Amsterdam, The Netherlands).

2.9. Laccase and Peroxidase Enzyme Assays

Three representative fungi (Lophiostoma sp. AT37, F. sporotrichioides AT11, and P.
herbarum AT15) obtained from enrichment cultures were tested for laccase and total per-
oxidase enzyme assays. To test laccase and total peroxidase enzyme activities, the fungi
were first grown in liquid Kimura medium (pH = 5) [42]. One plug of each fungus was
added to a 100 mL Erlenmeyer containing 20 mL Kimura medium and incubated at 23 ◦C
for two weeks. After this period, the enzyme activities were determined each 48 h using a
FLUOstar® Omega Plate reader (BMG LABTECH Inc., Ortenberg, Germany). The basid-
iomycetes Clitocybe dealbata, Clitocybe nebularis ST1, and Ganoderma sp. UH-M [43], which
were previously characterized also for their production of laccases and peroxidases, were in-
cluded as positive controls. These 3 fungi are part of UHasselt fungal collection. The laccase
enzyme activity was determined in triplicate spectrophotometrically by monitoring the ox-
idation of 1 mmol L−1 2,6-dimethoxyphenol (DMP) to 2,2′,6,6′-dimethoxydiphenoquinone
in 100 mM sodium acetate buffer (pH = 5). For a final reaction sample of 200 µL, 10 µL
of the culture supernatant was added to 186 µL of the sodium acetate buffer and finally,
4 µL of a 50 mM DMP was added, and the enzyme activity was immediately measured
for a period of time of a minute, using a FLUOstar® Omega Plate reader (BMG Labtech,
Germany) set to a wavelength of 468 nm. Laccase activities (ε468 nm: 49,600 M−1 cm−1)
were expressed in µU L−1 [44]. Enzyme units (U) are a unit of enzyme’s catalytic activity.
Specifically, we present the results as micro units per liter−1 (µU L−1). The activity of
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nonspecific peroxidase (NsP) was determined in triplicate using 0.5 mM o-dianisidine as a
substrate for oxidation in the presence of 4 mM H2O2. The activity was determined in a
final reaction sample of 200 µL containing 100 µL acetate buffer (100 mM, pH = 5), 39 µL
H2O, 26 µL of 4 mM H2O2, 10 µL of the culture supernatant, and lastly added, 25 µL of a
4 mM o-dianisidine stock (dissolved in absolute ethanol). After adding the o-dianisidine,
absorbance was immediately measured for a minute at 445 nm. The peroxidase enzyme
(ε445 nm: 47,665 M−1 cm−1) activities were expressed in micro units per liter medium
(µU L−1) [45].

2.10. Fungal Hydroxyl Radical Production Assay

Fungal hydroxyl radical production was estimated by determining the oxidation
of the substrate terephthalate to hydroxylterephthalate [46]. Four representative fungi
(Lophiostoma sp. AT37, F. sporotrichioides AT11, and P. herbarum AT15, and P. citrinum AT26),
obtained from enrichment cultures, were tested for laccase and total peroxidase enzyme
assays. These fungi and the positive control Ganoderma sp. UH-M were cultivated in
100 mL Erlenmeyers with 20 mL liquid MEB medium, in triplicate, for one week at 23 ◦C
on an orbital shaker at 100 rpm. After one week, the mycelia were washed with Ingestad
medium, which was pipetted out, and freshly prepared Ingestad medium was added to
the flasks. Ingestad medium pH 5 contains 96 µM KNO3, 70 µM K2SO4, 63 µM KH2PO4,
58 µM K2HPO4, 732 µM NH4NO3, 36 µM Ca(NO3)2.4H2O, 62 µM Mg(NO3)2.6H2O, 13 µM
HNO3, 5 µM H3BO3, 2 µM Mn(NO3)2.4H2O, 0.1 µM Zn(NO3)2.4H2O, 0.1 µM CuCl2.2H2O,
0.02 µM Na2MoO4.2H2O, and 3 µM Fe(NO3)39H2O [47]. After one hour, medium was
removed and 5 mL of Ingestad with glucose (0.52 g L−1) and 2.5 mM terephthalate were
added to each Erlenmeyer flask. An amount of 100 µL of the culture supernatant was
pipetted from each flask into the wells of a 96-well plate to measure absorbance at 311 nm
using a FLUOstar® Omega Plate reader. Measurements were done after one hour and then
every day for a week. Blanks were subtracted from the measurement data, and results
were expressed as area under the absorbance versus time curve (AAT).

2.11. MAH and PAH Tolerance Test

To perform an aromatic hydrocarbon tolerance experiment, four representative fungi
(Lophiostoma sp. AT37, F. sporotrichioides AT11, P. herbarum AT15, and P. citrinum AT26)
obtained from enrichment cultures were tested and two fungi were used as positive con-
trols (C. dealbata and C. nebularis ST1). To assess the tolerance of the fungi to the aromatic
hydrocarbons, fungal growth was measured regularly after exposing the fungi to naphtha-
lene and benzene. Firstly, fungi were grown on agar plates containing Ingestad medium
prepared with 2.5 g L−1 fructose and 2.5 g L−1 glucose as carbon sources. When the fungi
reached a diameter of 2 cm, they were exposed to gaseous naphthalene (10 ppmV) and ben-
zene (9000 ppmV). Concentrations of naphthalene and benzene, expressed in ppmV, were
decided based on the evaluation of worldwide air pollution monitoring data related to these
two compounds [48,49]. For each fungus, three replicates were set up for the control group
and three replicates for the group exposed to hydrocarbons. The diameter of the fungi on
the plates was measured at the start of exposure and then every two days up to 11 days.

2.12. Naphthalene Degradation Assay

Three representative fungi (Lophiostoma sp. AT37, F. sporotrichioides AT11, and P.
herbarum AT15) obtained from enrichment cultures were further tested to verify degradation
of the airborne pollutant naphthalene. We chose to focus on naphthalene because it is an
ubiquitous airborne pollutant [50], it is the most investigated among the PAHs [51], and
the naphthalene isomers are the dominant PAHs in fresh crude petroleum [52].

A static experiment in closed 500 mL Erlenmeyer flasks with solid media was per-
formed. The selected fungi were grown on solid media in two batches, one with Kimura
medium (pH = 5) and one with Ingestad medium containing 2.5 g L−1 fructose and
2.5 g L−1 glucose (pH = 5), in Erlenmeyer flasks with an additional neck for subsequent
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sampling with a syringe. Necks were closed with Mininert valves and screw thread
(Sigma Aldrich, St. Louis, MI, USA).

When the slow- and fast-growing fungi had reached a diameter of approximately
5 to 8 cm on agar media (typically after two weeks for the fast-growing fungi), they were
exposed to naphthalene (3 pg−1 L−1, expressed for convenience as 10 ppmV).

Four negative controls were included for each medium used. Additionally, controls
for the unspecific absorption of the pollutants were included to evaluate the amount of
pollutants that was absorbed on the mycelium of the fungi. This was investigated by
spraying a CuSO4 solution (300 mM) on the fungi to make them metabolically inactive [53].
After two weeks of exposure to the pollutants, the naphthalene and benzene concentrations
in the air phase were determined using GC-MS. Gas-tight syringes with fixed needle
(PerkinElmer, Waltham, Massachusetts, USA) were used to sample air phase from the flasks.
Later, GC-MS analyses were performed.

2.13. Analyses of Naphthalene Concentrations Using GC-MS

Volatile organic compounds (VOCs) [54] were determined using gas chromatography
mass spectrometry (GC-MS). We used a 30 m capillary column DB5-MS, 0.25 mm internal
diameter with a film thickness of 0.25 µm (Agilent Technologies, Santa Clara, CA, USA).
The GC-MS parameters used were as follows: 1 µL injection by the TriPlus RSHautosampler
(Thermo Scientific, Waltham, MA, USA), 30 s splitless mode at 280 ◦C, and split flow at
50 mL min−1. The column temperature was initially 35 ◦C for 1 min, then gradually
increased to 245 ◦C at 15 ◦C min−1. The MS conditions were a scan at 33–100 in 0.2 s
for benzene and 33–150 in 0.3 s for naphthalene. The GC used was a Trace 1310 gas
chromatograph (Thermo Scientific, USA), and the MS was a ISQ LT Single Quadrupole
Mass Spectrometer (Thermo Scientific, USA). The mass spectra of individual total ion peaks
were identified by comparison with the NIST mass spectra database.

2.14. Statistical Analyses

All statistical analyses were performed using the 3.2.3 version of R (The R Foundation
for Statistical Computing, Vienna, Austria), and the 2.13.0 version of R was used to edit
ARISA fingerprints. For multivariate datasets such as the enzyme tests, the tolerance test,
and the FDA assay, ANOVA and Student’s t-test were used if the data were normally
distributed and homoscedastic. Post hoc analyses for two-by-two comparisons were
performed using Tukey’s honest significant differences tests. If the data were not normally
distributed, log transformation of the data was done and normality was again checked
using the Shapiro–Wilk test. Homoscedasticity of variances was checked using Bartlett’s
test. If the data were still not normally distributed, the nonparametric Kruskal–Wallis test
was performed followed by a post hoc analysis using the pairwise Wilcoxon rank sum
test. Multivariate statistical techniques were applied on the ARISA fingerprints. These
were analyzed using non-metric multidimensional scaling (NMDS) with the Bray–Curtis
distance metric. Analyses of similarity (ANOSIM) was performed to evaluate significant
differences between groups with multivariate data.

2.15. NCBI Accession Numbers

Raw shotgun sequencing data were submitted to the Short Read Archive of NCBI
with project identifier PRJNA506726 and individual FASTQ sample IDs SRX5062447-
SRX5062463.

3. Results
3.1. Comparison of the Hornbeam Epiphytic Fungal Communities via Community Fingerprint

Community-specific profiles obtained from the hornbeam phyllosphere from the three
locations (Białowieża National Park, the crude-oil polluted site of Bóbrka and the city
center of Warsaw) were compared according to the above-mentioned method. A complete
linkage algorithm was used to perform a cluster analysis of Bray–Curtis dissimilarity
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matrices inferred from the fingerprints profile. Due to the high sensitivity of the automated
sequencer, the Bioanalyses software allowed us to detect between 10 and 25 peaks in
the electropherograms per profile (Supplementary Figure S1). The structure of the profiles,
characterized by the number and length distribution of major bands (peaks of highest rela-
tive fluorescence intensity), varied deeply between phyllosphere isolated from Białowieża
National Park and that from Bóbrka.

Non-metric multidimensional scaling (NMDS) analysis with the Bray–Curtis dis-
tance metric was used to analyze the fingerprints obtained from the ARISA analyses
(Figure 1), with a probability ellipse (standard deviation, p = 0.68) for each location.
The fungal communities inhabiting the phyllosphere of the hornbeam trees growing in
the nonpolluted Białowieża National Park and in the polluted city center of Warsaw were
significantly different (ANOSIM; R = 0.8, p = 0.001). Furthermore, the phyllosphere fungal
communities of Białowieża and Bóbrka showed differences, although less remarkable,
between their fungal communities (ANOSIM; R = 0.45, p = 0.001). A bigger internal varia-
tion was noticed in the fungal communities of the phyllosphere of Bóbrka in comparison
to the other sampling areas. Fungal communities on each subsite within the Białowieża
National Park differed less than for the other sites. Hence, in Białowieża, the lowest varia-
tion between biological replicates was observed. In addition, differences were noticeable
between the phyllosphere fungi of Bóbrka and those of Warsaw; however, the separation
between these communities was less strong (ANOSIM; R = 0.33, p = 0.001).
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3.2. Shotgun Metagenomic Sequencing of Hornbeam Epiphytic Communities

Six samples per site (Warsaw, Bóbrka, and Białowieża) were shotgun sequenced. As
described in paragraph 2.5, the read quality was assessed for all the samples, and reads
were trimmed and submitted to the Kaiju web server for taxonomic assignments. A cut-off
value of ≥1.0% was used at all taxonomic levels.

A mean of the sample reads for the relative abundance of fungi and bacteria at each
location is provided in Table 1. From the classified reads for each site, the highest relative
abundance of fungi was found in the phyllosphere of Bóbrka (calculated as percentage
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of 3.96%), followed by Warsaw (1.66%) and lastly, Białowieża (1.03%). The annotated
phyllosphere of each site was clearly dominated by bacteria, found with percentages of
98.67, 97.86, and 95.41, respectively, in Białowieża, Warsaw, and Bóbrka.

Table 1. Shotgun metagenome analysis was performed on six samples per sampling site (Białowieża,
Bóbrka, and Warsaw). Values presented are expressed as means of classified fungal reads and their
standard deviations (SD). Same data are presented for bacteria, which constitute the highest microbial
fraction in the phyllosphere.

Fungi Bacteria [20]

Mean SD Mean SD

Bóbrka 14,106.00 7097.73 340,110.50 64,229.54
Białowieża 4449.00 1011.79 426,475.33 77,314.96

Warsaw 5704.17 4734.63 336,557.33 62,557.18

The numbers of total sequences and of classified ones are presented in Supplementary
Table S1.

The relative abundances of the phyla Ascomycota and Basidiomycota (Figure 2A)
present on the leaves of the hornbeam trees on each site differed greatly. Warsaw had
the greatest relative abundance of Ascomycota (85.16%), followed by Białowieża (71.66%),
and Bóbrka had the lowest relative abundance (54.56%). Bóbrka had the highest relative
abundance of epiphytic basidiomycetes (45.44%) compared to the other locations. Remark-
ably, no basidiomycetes, even with a lower relative abundance ≥0.1%, were detected in
the phyllospheres of Białowieża and Warsaw. Even though the relative abundance of basid-
iomycetes in the phyllosphere of Bóbrka was high, the phyllosphere fungal communities
on each site were still dominated by fungi belonging to the phylum Ascomycota.
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Figure 2. Total epiphytic fungal communities at the three locations according to shotgun metagenomic
analyses. (A) Relative abundances for Ascomycota and Basidiomycota in the phyllosphere of
the National Park of Białowieża, the crude-oil-polluted site of Bóbrka, and the city center of Warsaw.
(B) Relative abundances of classified fungal genera, with a cut-off value of ≥1.0%.

Relative abundances of the fungal genera for each sampling site are presented in
Figure 2B. A cut-off value of 1.0% was set, and all genera having an abundance greater than
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or equal to 1.0% are presented. The classified fungal genera, with a relative abundance
≥1.0%, belonged to the following classes: Dothideomycetes, Sordariomycetes, Leotiomycetes,
Taphrinomycetes and Tremellomycetes, Ascomycetes, and Urediniomycetes. All these fungal
classes belong to the phylum Ascomycota, except for Tremellomycetes and Urediniomycetes,
which belong to the phylum Basidiomycota. Some fungi belonging to the class Tremel-
lomycetes (Tremella and Xanthophyllomyces) were only detected in the phyllosphere of Bóbrka
with a cut-off ≥1.0%.

Overall, epiphytic fungal communities were more diverse in Białowieża and Bóbrka
compared to that from Warsaw. The phyllosphere from Warsaw was clearly dominated by
members of the genus Aureobasidium, with an abundance of 52.65%. Fungi belonging to
the genus Aureobasidium were also present, although to a lesser extent, in the phyllosphere
of Białowieża (8.62%) and in Bóbrka (2.95%). Aureobasidium is the only genus detected at
the three locations with a relative abundance ≥1.0%. The community composition and
relative abundances of fungal genera also differed greatly when comparing the two sites.

3.3. Fungal Cultivable Isolates from the Hornbeam Leaves

Aiming to isolate and cultivate potential degraders of aromatic compounds, we de-
cided to focus on the cultivable phyllosphere fungi isolated from the phyllosphere commu-
nities of Bóbrka and Warsaw. The 25 cultivable phyllosphere fungi (Supplementary Table S1)
isolated from the crude-oil-polluted area of Bóbrka and the city center of Warsaw were all
classified as Ascomycota. They belonged to the classes Dothideomycetes, Eurotiomycetes,
and Sordariomycetes. Fungi belonging to the genera Alternaria, Aureobasidium, and Fusar-
ium, detected in the phyllosphere after metagenome analysis, could also be cultivated. The
genera Alternaria and Fusarium were detected in the metagenome of the phyllosphere of
Bóbrka. The fungus Aureobasidium pullulans was the only species detected in all three sites,
with the highest relative abundance in Warsaw hornbeam phyllosphere.

3.4. Laccase and Peroxidase Activities

Among the cultured epiphytic fungi, three of them were investigated for laccase
and peroxidase enzyme production. Lophiostoma sp. AT37, F. sporotrichioides AT11, and
P. herbarum AT15 were chosen considering their abundance and hydrocarbon-catabolic
potential. Three fungi were used as positive controls to test the production of laccases and
peroxidases: Clitocybe dealbata, Clitocybe nebularis ST1, and Ganoderma sp. UH-M; these are
all basidiomycetes from our collection producing ligninolytic enzymes, including laccase
and peroxidase.

Among the selected epiphytic fungal strains, F. sporotrichioides AT11, P. herbarum
AT15, and Lophiostoma sp. AT37 produced laccase and peroxidase enzymes in Kimura
medium (Figure 3). The activities of both enzymes were determined starting from day
seven since the beginning of the incubation. Lophiostoma sp. AT37 had the comparatively
highest laccase activity and started producing the enzyme from 10 days, showing an
activity of 7.2 µU L−1 at its highest. For 14 days, the laccase activity remained steady, and
after this, it decreased. P. herbarum AT15 and F. sporotrichioides AT11 started producing
laccase from days 19 and 27, respectively, with activities of 3.62 µU L−1 and 1.24 µU L−1

(Figure 3). The differences in laccase activities between the different fungi were statistically
not significant, but the Ascomycete Lophiostoma sp. AT37 together with the basidiomycetes
that were used as positive controls exhibited the highest activities.

In general, the enzyme total laccases and peroxidases produced by the epiphytic fungi
were comparable, though Lophiostoma sp. AT37 started producing laccases (day 10) earlier
than peroxidases did (at 19 days). In addition, the peroxidase activity was slightly higher
(7.49 µU L−1). Fusarium sporotrichioides AT11 already produced these enzymes after 7 days
(3.46 µU L−1). However, after 10 days, no enzyme activity was detected anymore, then
enzyme production resumed after 19 days. Peroxidase activities for P. herbarum AT15
were higher, with a peak activity of 2.28 µU L−1, compared to the laccase activity. For
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the peroxidase activity as well as for the laccase activity, the epiphytic fungus Lophiostoma
sp. AT37 demonstrated the highest activities compared to the other epiphytic fungi.
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3.5. Hydroxyl Radical Production

Hydroxyl radical production was estimated for the selected epiphytic fungi Lophios-
toma sp. AT37, F. sporotrichioides AT11, P. herbarum AT15, and P. citrinum AT26. Ganoderma sp.
UH-M was used as control (Figure 4). The hydroxyl radical production for F. sporotrichioides
AT11 and Lophiostoma sp. AT37 was significantly higher than for P. citrinum AT26 and P.
herbarum AT15. Ganoderma sp. UH-M demonstrated the significantly highest hydroxyl
radical production.
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Figure 4. Fungal hydroxyl radical production presented as the area under the absorbance (311 nm)
versus time curve. Production of hydroxyl radicals by the epiphytic fungi isolated from Bóbrka
and Warsaw together with the positive control for laccase and peroxidase production Ganoderma sp.
UH-M was measured for five days. Statistically significant differences in hydroxyl radical production
between the different strains are indicated with letters above each column; columns with a different
letter are significantly different (p < 0.05) according by ANOVA followed by post hoc test.

3.6. MAH and PAH Tolerance

To assess the tolerance of the epiphytic fungi to naphthalene (10 ppmV) and benzene
(9000 ppmV), an exposure experiment was performed. Fungi Lophiostoma sp. AT37, F.
sporotrichioides AT11, P. herbarum AT15, and P. citrinum AT26 were investigated. The net
growth rate of each fungus was determined (Figure 5A). Growth assessment was ended
when the fungal mycelia reached the edge of the Petri dish. For F. sporotrichioides AT11 and
P. herbarum AT15, measurements were stopped after seven days. Net growth rate of these
strains was significantly lower when exposing them to the pollutants compared to the non-
exposed conditions (p ≤ 0.01). After two days of exposure, net growth rate still increased,
but for both species, a decline in growth rate was observed after five days. The net growth
after seven days for F. sporotrichioides AT11 and P. herbarum AT15 is presented in Figure
5B. After this period, the net growth after exposure was significantly more inhibited for F.
sporotrichioides AT11 (p ≤ 0.001) than for P. herbarum AT15 (p ≤ 0.01). Lophiostoma sp. AT37
and P. citrinum AT26 showed a lower growth compared with the others. Although, net
growth, after 11 days (Figure 5B), was significantly lower for Lophiostoma sp. AT37 when
exposed to naphthalene and benzene compared to the non-exposed condition (p ≤ 0.01).
However, it appeared that the growth rate for this species (Figure 5A) was not as much
inhibited (p ≤ 0.05) as it was for F. sporotrichioides AT11 and P. herbarum AT15. When
comparing non-exposed and exposed conditions for P. citrinum, the growth was very low
for all treatments.



J. Fungi 2021, 7, 972 13 of 21

J. Fungi 2021, 7, x FOR PEER REVIEW 14 of 22 
 

 

after exposure to the pollutants. Pigmentation of P. herbarum AT15 was also reduced due 
to exposure. 

 
Figure 5. Tolerance test of epiphytic fungi, exposed to naphthalene and benzene, over time. The 
four selected epiphytic strains are represented (A) by the colored lines, showing the mean of the 
net growth rate per time point ± SD. Means based on the three replicates per each sample were 
calculated. A solid line indicates the non-exposed condition, and a dotted line indicates the ex-
posed condition for each strain. (B) Net growth, at the last day of the growth assessment, for each 
strain. Statistically significant differences are indicated after performing Student’s t-tests by * (p ≤ 
0.05), ** (p ≤ 0.01), and *** (p ≤ 0.001). 

3.7. Naphthalene Degradation  
Fungi Lophiostoma sp. AT37, F. sporotrichioides AT11, and P. herbarum AT15 were as-

sessed for their naphthalene degradation potential. We observed that the airborne naph-
thalene concentration in the samples containing the epiphytic fungus Lophiostoma sp. 
AT37 (Figure 6A) exposed to naphthalene was significantly lower than that of the control 
condition (p ≤ 0.05). This significant reduction in naphthalene concentration was also 

Figure 5. Tolerance test of epiphytic fungi, exposed to naphthalene and benzene, over time. The four
selected epiphytic strains are represented (A) by the colored lines, showing the mean of the net growth
rate per time point ± SD. Means based on the three replicates per each sample were calculated. A
solid line indicates the non-exposed condition, and a dotted line indicates the exposed condition for
each strain. (B) Net growth, at the last day of the growth assessment, for each strain. Statistically
significant differences are indicated after performing Student’s t-tests by * (p ≤ 0.05), ** (p ≤ 0.01),
and *** (p ≤ 0.001).

Interestingly, the pigmentation of F. sporotrichioides AT11 and P. herbarum AT15 was
altered after exposure to naphthalene and benzene. Fusarium sporotrichioides AT11 produced
bright pink to red pigments on the Ingestad medium, but stopped producing them after
exposure to the pollutants. Pigmentation of P. herbarum AT15 was also reduced due
to exposure.
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3.7. Naphthalene Degradation

Fungi Lophiostoma sp. AT37, F. sporotrichioides AT11, and P. herbarum AT15 were
assessed for their naphthalene degradation potential. We observed that the airborne
naphthalene concentration in the samples containing the epiphytic fungus Lophiostoma sp.
AT37 (Figure 6A) exposed to naphthalene was significantly lower than that of the control
condition (p ≤ 0.05). This significant reduction in naphthalene concentration was also
observed in the samples containing the basidiomycete C. nebularis ST1 (control fungus
from UHasselt collection). No significant differences in naphthalene concentration were
observed for F. sporotrichioides AT11 and P. herbarum AT15. The controls containing CuSO4
solution were used to inactivate the fungal strains and detect naphthalene absorption on
their mycelia.
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Figure 6. Gas chromatography mass spectrometry (GC-MS) measurement of naphthalene degrada-
tion by (A) the epiphytic fungus Lophiostoma sp. AT37 and the two strains used as positive controls
for laccase and peroxidase production: C. nebularis and C. dealbata, growing on Kimura medium, and
(B) the epiphytic fungi F. sporotrichioides AT11 and P. herbarum AT15, growing on Ingestad medium
containing 2.5 g L−1 fructose and 2.5 g L−1 glucose, with shaded bars indicating the CuSO4-exposed
condition. No-fungus media controls are indicated in gray. Statistically significant differences are
indicated after performing one-way ANOVA by * (p ≤ 0.05).
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4. Discussion
4.1. Hornbeam Epiphytic Fungal Communities

We investigated diversity via ARISA DNA fingerprint and we taxonomically charac-
terized via shotgun metagenomic sequencing the fungal communities inhabiting hornbeam
leaves in three different locations in Poland: the crude-oil-polluted area of Bóbrka, the city
center of Warsaw, and the Białowieża National Park. Although ARISA DNA fingerprint pat-
terns cannot reveal the taxonomic composition of the communities due to the overlapping
of size classes among unrelated populations [23], some conclusions can be drawn about
the diversity and distribution of the communities. We detected differences comparing
fungal communities living on leaves of hornbeam trees in three different areas. Specifically,
ARISA DNA fingerprinting analysis showed that epiphytic fungal communities from Bi-
ałowieża differed the most from the ones in the phyllosphere of Warsaw and differed less
from those in Bóbrka. According to Steven and Rebecca [55], reasons that might explain
the differences in fungal community structure include genetic variation of the hosts, stand
structure and size (single or clustered trees, rows, hedges) [20], properties of the soil, and
nutrient availability and differences in management. However, little is known about these
factors influencing microbial communities, and investigations are still ongoing. A factor
that might play a role in the community differences among sites is that Bóbrka is situated
in a forest area where there is a large and more diverse community of trees, whereas in
the city center of Warsaw, hornbeam trees have been planted in urban parks and along
roadsides. Although Bóbrka and Białowieża have different levels of pollution [20], they
are basically two forest-like ecosystems and therefore with some traits more similar in
comparison to a city center ecosystem. This might explain why fungal communities in
Białowieża and Bóbrka are less different than when comparing Warsaw and Białowieża.
Moreover, fungi in the phyllosphere of Bóbrka were probably already more adapted to
the polluted conditions, more than those in Warsaw. Indeed, in Bóbrka, a massive crude
oil pollution has been present since the last glacial period [19]. Kembel et al. [56] reported
how the Quercus macrocarpa phyllosphere microbial community differs between urban and
non-urban locations. They suggest that a combination of mechanisms leads to differences
between urban and non-urban communities. Among those are stand isolation and size,
nutrient and pollutant accumulation, plus stand management, including fertilization and
litter removal.

Taking into account that it is estimated that only 5–10% of the fungal species are
known in science and that the majority of species are only characterized by morphology
and substrate while only less than 20% of the characterized fungal species are represented
with DNA sequences in public databases [57], we performed shotgun metagenome se-
quencing analysis and taxonomic identification of the phyllosphere fungal communities
using the software Kaiju [29]. Phylum Ascomycota was the most represented in all three
locations, in accordance with Janakiev et al. [58]. We classified fungal genera with a rel-
ative abundance higher than or equal to 1.0%. The fungal phyllosphere communities of
Białowieża and Bóbrka were more diverse than in Warsaw when comparing relative abun-
dances of classified fungal genera (≥1.0%). This can also be due to the fact that Białowieża
and Bóbrka are two forest-like ecosystems in comparison to the city center ecosystem.
According to Laforest-Lapoint et al. [59], when anthropogenic pressure increases, urban
leaf microbial communities show a reduction in the abundance. The urban environment
differs strikingly from the natural forest environment mainly because the anthropogenic
pressure in urban areas reduces tree fitness and longevity and/or modifies functional
traits as levels of leaf macro- and micronutrients [60]. Higher temperatures can influence
vegetation phenology and contribute to the heat island phenomenon [61]. Fungi belonging
to the genus Aureobasidium were found at all three locations, and the genera Kwoniella, Rhyn-
chosporium, and Taphrina at two locations (Białowieża and Warsaw). Jumpponen et al. [62]
reported these three genera as frequently present on leaves in the fungal phyllosphere
communities in temperate regions. Aureobasidium was described as capable of degrading
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mixtures of MAH and PAH [63,64], and the genus Rhynchosporium is known to be able to
degrade aromatic polymers as lignin [65].

The most dominant colonizers of the hornbeam phyllosphere are bacteria [4]. However,
when the environment is polluted by hydrocarbons, fungi are more abundant than in
the nonpolluted area. This could be due to a more favorable leaf environment in terms
of biochemical composition when a tree is exposed to certain concentrations of MAH
and PAH. The relative abundance of bacteria is lower in the polluted areas, which might
indicate that bacteria are more sensitive to air pollution [2]. Brighignal et al. [66] also
mentioned that fungi are less affected or less sensitive to air pollution than bacteria are.
This might explain the trend of a higher relative abundance of fungi in the phyllosphere
of the polluted areas compared to a lower abundance on leaves from the National Park
of Białowieża.

We decided to focus on isolating fungi from Bóbrka and Warsaw because we expected
that these locations would harbor more fungi capable of tolerating and degrading AH [67].
We isolated 25 fungi from 9 genera with hydrocarbon-degrading potential. Specifically,
we decided to focus on four strains: Fusarium sporotrichioides, Lophiostoma sp., Penicillium
citrinum, and Phoma herbarum from the petroleum site of Bóbrka since previous studies
have reported their potential as AH degraders [68–71].

4.2. Catabolic Enzymes Involved in the Degradation of AHs

The three epiphyte fungi investigated were reported to show low peroxidase activity
but a laccase activity comparable to that of litter and wood degraders [72].

Laccases and peroxidases are among the most important enzymes known to be in-
volved in degradation of PAHs by Basidio- and Ascomycetes. Laccases and peroxidases
are excreted by fungal cells into their surroundings and have a low substrate specificity,
which makes them suitable for degrading various organic pollutants, including AH [73].

The epiphytic fungus Lophiostoma sp. showed the highest enzyme activities for both
laccase and peroxidase enzymes compared to the other isolated epiphytic fungi. F. sporotri-
chioides AT11 and P. herbarum AT15 were also able to produce these enzymes. However,
their enzyme activities were lower, and in general, the enzyme activity of the three epiphytic
fungi was lower compared to the positive control ones (C. nebularis ST1, C. dealbata, and
Ganoderma sp. UH-M). Lower enzyme activities might be explained by the type of medium
used to culture the fungi. Torres-Farrada et al. [43] used the SB-U medium with sugarcane
molasses as carbon source to successfully induce ligninolytic enzyme production.

Besides the action of ligninolytic enzymes, the production of hydroxyl radicals is
another possible mechanism to degrade organic pollutants. Hydroxyl radicals are produced
extracellularly by Fenton chemistry and redox cycling of quinones. They are extremely
powerful oxidants [74,75]. The epiphytic fungi F. sporotrichioides AT11 and Lophiostoma
sp. AT37 produced significantly more hydroxyl radicals compared to P. citrinum and
P. herbarum. The Basidiomycete Ganoderma sp. UH-M produced the highest amount
of hydroxyl radicals. This might be explained by the fact that Ganoderma sp. lives on
the bark of trees and uses these hydroxyl radicals to degrade lignin [76]. However, in case
the phyllosphere fungi producing the hydroxyl radicals on the leaves, the concentration
cannot be too high otherwise the plant tissues might be subject to oxidative stress. Moreover,
the production of laccase and peroxidase enzymes might damage plant tissues. Therefore,
plants and their microbiome have evolved in such a way that they are able to cope with
this stress [77].

4.3. Tolerance to MAH and PAH and Napthalene Degradation Potential

Our results indicate that the growth of the Lophiostoma sp. strain was inhibited by
exposing it to naphthalene and benzene. However, it was more tolerant than the other
epiphytic strains that were tested. F. sporotrichioides AT11 and P. herbarum AT15 were
significantly more affected when exposed to naphthalene and benzene. This detrimental
effect influenced the fungal pigmentation. Fusarium sporotrichioides AT11 produced bright
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pink to red pigments on the Ingestad medium, but stopped producing them after exposure
to the pollutants. Pigmentation of P. herbarum AT15 was also reduced due to exposure.
The MAH and PAH tolerance tests were performed using a nutrient-poor medium and
under natural day–night cycle to simulate better the conditions these fungi are used to.
When growing on nutrient-rich MEA medium and not directly exposed to sunlight, F.
sporotrichioides AT11 did not produce these red pigments as much as on the rather nutrient-
poor Ingestad medium. Pigments such as melanin (dark brown pigments), carotenoids
(orange red), and lycopene (dark red) are usually produced by fungi as mechanisms of
protection against environmental stress, including UV light, ionizing radiation, drought, or
oxidative stress [78]. According to Pagano and Dhar [79], pigments can also be produced
when less nutrients are available. The exposure of F. sporotrichioides AT11 to sunlight and
the limited nutrients might explain the bright red pigmentation. However, in case of
too high stress, it might be that the fungal metabolism and consequently the secondary
metabolites production, including pigment production, are getting disturbed. This might
explain the lack or reduction of pigmentation after exposure to naphthalene and benzene.

Concerning naphthalene degradation of the most promising isolates assessed via
GC-MS, our results indicate different decreases of naphthalene concentrations in the air
phase of samples containing Lophiostoma sp., C. nebularis, C. dealbata, F. sporotrichioides, and
P. herbarum, which will be further verified by working with a bigger batch of samples
previously cultivated in different media to assess the influence of media on naphtha-
lene degradation [80]. Some fungi strains were reported as able to use volatile aromatic
hydrocarbons as the sole source of carbon and catalyze degradation reactions [81,82]. Naph-
thalene degradation has been extensively studied on bacteria [83]. However, degradation
pathways for naphthalene catabolism by fungi have not been deeply investigated. For in-
stance, Hadibarata et al. [84] reported how the production of several enzymes (manganese
peroxidase, lignin peroxidase, laccase, 1,2-dioxygenase, and 2,3-dioxygenase) by Armillaria
sp. F022, a white rot fungus collected from tropical rain forest, played an important role
in metabolism of naphthalene. Other phyllosphere fungi belonging to the genera Penicil-
lium sp., Aspergillus sp., and Thricoderma sp. were investigated by Undugoda et al. [67]
for their capability to cope with phenanthrene, naphthalene, xylene, and/or toluene as
the only carbon source, and Penicillium sp. was the only one to tolerate and degrade all
the four AHs.

5. Conclusions

We extended the knowledge about the epiphytic fungal microbiome on hornbeam
leaves from chronically polluted areas. The epiphytic fungal communities from three
different locations in Poland were compared, revealing significant differences between
the city center of Warsaw and the National Park of Białowieża (nature reserve). Different
factors lay behind these differences, one of them may be air pollution, which plays a role in
shaping the fungal communities inhabiting the phyllosphere of hornbeam leaves. Further
investigations will elucidate this aspect.

Among the isolated fungi, Lophiostoma sp., isolated from the phyllosphere of horn-
beam in Bóbrka, revealed to be the most promising candidate to degrade airborne AH. It
demonstrated the highest laccase and peroxidase activities and also produced hydroxyl
radicals. Moreover, Lophiostoma sp. AT37 showed promising for naphthalene degradation
pathways and the production of the hydroxyl radical, which can be used as a marker for
the detection of fungal degradation activity in the phyllosphere. Further studies will be
carried out to investigate these biological markers as indicator of degradation potential by
phyllosphere fungi.

Although knowledge on fungi inhabiting the phyllosphere is still limited, this can be
considered as a contribution towards the development of new bioremediation approaches
to obtain cleaner air, especially supported by recent environmental policies such as, for
example, the European green deal, which encourage the use of greenery and landscaping
to combat indoor and outdoor air pollution.
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Supplementary Materials: The following are available online at https://www.mdpi.com/article/
10.3390/jof7110972/s1, Table S1 Shotgun metagenome sequencing total number of reads, total
number of classified fungal and bacterial reads per sample. Their means and SD are shown. Per
each location (Bóbrka, Białowieża and Warsaw) six phyllosphere samples were sequenced, Table S2
Overview cultivated epiphytic fungi from Bóbrka and Warsaw, Figure S1 Gel-like image generated by
ARISA bioanalyzer to analyse the fungal diversity at the three sites (Warsaw, Bóbrka and Białowieża.
The first column (L) shows the reference DNA ladder. Base pair sizes are indicated next to the ladder.
The lowermost (15 bp) and the uppermost (1500 bp) bands represent the markers used to align
the ladder data with data from the sample wells.
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