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Chapter 1

General introduction and thesis outline

Crowding in Mycoplasma mycoides cell (by David S. Goodsell, 2011).



1.1  Cell versus biochemical reactions in test tubes

The interior of a living cell is an extremely crowded environment, composed of
macromolecules, organelles and cytoskeletal filaments enclosed in a lipid bilayer
membrane (Figure 1. 1). The concentration of proteins and RNA inside a cell of
Escherichia coli is in the range of 300-400 g/L." In order to understand the complexity of
the cell, single elements like proteins are typically studied in vitro with low concentrations
of 1-10 g/L. However, it has been long known that molecular crowding has both
thermodynamic and kinetics effects and overlooking this difference between reactions in
cells or in a test tube should matter.” Other elements to take into account while studying
components of the cell are interfaces and compartmentalization. The cell membrane
contains membrane proteins which allow the cell to transport small molecules in and out or
act as catalysts/enzymes for some specific reactions. Compartmentalization, present in the
cell with regions separated by a physical barrier (organelles), as well as differences in local

composition, are thought to have profound implications for cell function.’

Figure 1. 1 Crowding in a cross-section of a small portion of an E. coli cell. The cell wall is
constituted of a lipid bilayer with transmembrane proteins and a large flagellar (green). The blue
and purple regions correspond to the cytoplasmic area with ribosomes, RNAs and enzymes. The
nucleoid region is shown in yellow and orange, with DNA and DNA polymerase. (o David s. Goodsell 1999)

Although we do not aim to discover in detail how the physical environment impacts on all
aspects of cellular processes, we would like to study, from a physico-chemical point of
view, cell components in vitro under conditions as close as possible to that of the cell. For
instance, while studying the stability of a protein or the activity of an enzyme, crowding
and compartmentalization should be taken into account. In this thesis, we used

microdroplets in microfluidics as a tool for mimicking the cell, and we studied the effect of
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crowding and the shape of the container on the behaviour of cytoskeleton proteins (FtsZ
and tubulin). In parallel, we studied enhanced chemical reactions at water interfaces, of

particular relevance for prebiotic chemistry.*

1.2  Water interfaces

In organic chemistry, water is not commonly used as a solvent mainly because of the
insolubility or the incompatibility of the organic compounds. This situation changed when
Breslow and Rideout showed the rate enhancement of Diels-Alder reactions in the presence
of water.” The authors explained the increase of reaction rates of two apolar molecules in
water with the hydrophobic effect, leading to a very high local concentration of reactants.
The interest in water as a solvent was further invigorated in the 1990°s with the
introduction of the Green Chemistry concept.® Being cheap, safe and harmless, water is the
perfect candidate as the ultimate ‘green’ solvent. Examples of green chemistry using the
potential of water interface have been reported for a wide range of chemical reactions.” "

A new approach for the use of water as a solvent was described in 2005 by
Sharpless and co-workers, who found that reactions can be accelerated by water despite the
non-solubility of the reactants.'' This phenomenon was called ‘on water’ chemistry and a
striking example from their study is the cycloaddition reaction between quadricyclane and
dimethyl azodicarboxylate (Figure 1. 2). This transformation took prolonged reaction times
and heating when carried out in organic solvent (18h in methanol, 2 days in neat, 5 days in
toluene). In contrast, the reaction went to completion in 10 min ‘on water’ at room
temperature. Since this initial report, the surprising rate-enhancing effect of water as a

. . . 12
solvent has been widely reported for numerous organic reactions.

COMe Solvent Conc.’ Time to completion

’ﬁ' " v 0 T Neat 453 M 48 h
Strring

+ N—>y V Toluene 2 M >120h
MeO,C N 2M 18 h

CcOo,Me Methanol

Quadricyclane Dimethyl On H,O 4.53 M 10 min
azodicarboxylate

Figure 1. 2 Cycloaddition reaction between quadricyclane and dimethyl azodicarboxilate using
different solvents. The reaction performed ‘on water’ had the smallest time to completion, being
around 290 times faster than that of the neat reaction.”” °Concentrations of the neat and
heterogeneous reactions are calculated from the measured density of a 1:1 mixture of the
reactants.
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Marcus and Jung proposed a model which suggests that interactions of
hydrophobic organic molecules with the water interface may be responsible for the rate
enhancement observed ‘on water’."” The authors described kinetic models for the neat
(reactants only) and surface (‘on water’) Diels-Alder reactions to compare with
experimental systems. It was concluded that the rate enhancement observed in ‘on water’
reactions is due to the unbounded hydroxyl groups of interfacial water molecules which
form hydrogen bonds with organic reactants and with the transition state (Figure 1. 3).
Some years later, this theory was further confirmed by experimental and theoretical studies
using vibrational sum frequency spectroscopy. Stiopkin et al. reported evidence that the
water surface is only one layer of molecules thick interacting with the subsurface layer in a
similar way as the molecules in bulk water.'* Interestingly, most water molecules at the
interface form hydrogen bonds with each other, but 23 % of water molecules at the
air/water interface have free hydroxyl groups. These hydroxyl dangling bonds are believed
to have a surprising effect on the kinetics of some chemical reactions.

Ksurface/ Kneat = 1.5 10° Ksurface’/ Khomogeneous = 600

“oIL"

- A |
Av B foe [\E)] MO

& B % o] \ _H
H H H H H H Q@ Khomogeneous (AB)t
Q A+ v —
WATER L O T oy O , o \
H‘Q/H Vg P Py PH IR ol H
N soH ‘\"' \UH . O .
H JENe o H o ) A H
R % H H i
Kneat y A, Band (AB)in h lut
A +B . (AB) , B and (AB) in homogeneous solution

Figure 1. 3 Cartoon on the ‘on water’ catalysis with hydrogen bonds forming with the reactant and
the intermediate (left) in comparison to the neat (reactants only) and aqueous homogeneous
reactions with water molecules tangentially oriented around the hydrophobic solute (right). Using
the reaction between quadricyclane and dimethyl azodicarboxylate as a model, the ratio of the
reaction rate constants between the surface reaction and neat or homogenous reactions showed an
increase of 1.5 x 10° and 600, respectively.13

Studying the reactivity and the behaviour of molecules at the interface between
water and a second interface is important to understand from a fundamental molecular-
level point of view, how the interfacial region differs in dynamics, structure, and reactivity
from the behaviour in bulk liquid or in the gas phase. Up to now, a number of hypotheses

have been proposed in order to address the exact role of water as a solvent but no uniform
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answer has emerged. In Chapter 2, the ‘on water’ reaction is studied using two model
reactions and droplet microfluidics to have a control on the interfacial contact between the
oil (reactants) and water droplets. Changing parameters like the temperature and the surface
contact, we tried to discriminate between the two most probable origins of the ‘on water’
reactivity: the hydrophobic effect from Rideout and Breslow, or the hydrogen bonds with

the reactant/intermediate state postulated by Jung and Marcus.

1.3 Crowding

Biochemical reactions in living systems usually take place in media containing a very high
concentration of macromolecules (50-400 mg/ml).1 Rather than ‘concentrated’, such a
solution is referred to as ‘crowded’ or ‘confined’. Macromolecular crowding is defined by
the effects of volume excluded by one soluble macromolecule to another whereas
molecular confinement represents the effect of a fixed boundary to a soluble
macromolecule.'

The most fundamental interaction between macromolecules in solution is the
steric repulsion, which is always present and independent of the presence of electrostatic or
hydrophobic interactions. The volume inaccessible to other molecules in the system is
defined as excluded volume. Figure 1. 4 shows schematically the importance of size in
volume exclusion.'® The squares represent an area containing macromolecules that occupy
~ 30% of the total volume. If a very small molecule compared to the macromolecules in
that region is added to the system, the volume available is approximately 70 % (Figure 1. 4.
A). However, if the molecule added to the system has a similar size (or larger) to the
macromolecules is that region, the available volume is highly reduced since the centre of
that molecule can approach the centre of any other macromolecules to no less than the
distance at which the surface of two macromolecules meet. This restriction is depicted by a
circular shell with a radius that corresponds to the radius of the macromolecules. Then the
volume available, depicted in blue in Figure 1. 4. B, is relatively small, pointing out the
importance of the relative size of the molecules present in a solution and those added to the
solution as well as the density of the macromolecules in the solution.

Crowding and confinement in the cell have great effects on macromolecular

16-19

reaction rates and equilibria. In vitro experiments are usually conducted on solutions

containing low concentrations of proteins (around 1 mg/ml), but in order to mimic the
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crowding of the cell, high concentrations of natural or synthetic macromolecules can be
added to the system. It is important to mention that the choice of the crowder is crucial

when studying its effect on protein reactivity.

"N

Figure 1. 4 Excluded (pink and black) and available (blue) volume in a solution of spherical
background macromolecules. A. volume available to a test molecule of infinitesimal size; B. volume
available to a test molecule of size comparable with background molecules.™®

To be described as pure excluded-volume models, the interactions between proteins and
crowder should predominantly be repulsive. The synthetic polymer polyethylene glycol
(PEG) is one of the most popular crowders although attractive interactions with the
hydrophobic parts of some proteins have been reported.””* As a general caution, we stress
that the contribution of the attractive or repulsive interactions is unknown for most systems,
and the effect can vary between different proteins. As an alternative to PEG, there is a large
variety of inert polysaccharides and proteins which can be used as crowding agents for use
in quantitative studies (ficoll, dextran, hemoglobin, BSA...).**

An illustrative example of the effect of crowding is capsid formation. A capsid,
the protein shell of a virus enclosing its genetic material, is believed to assemble in vitro
only at very high ionic strength. The effect of molecular crowding agents on the assembly
of the capsid protein of the Human Immunodeficiency Virus (HIV) was studied in vitro.”
The authors showed that in the presence of 100 g/L ficoll and low ionic strength (close to
physiological), the half-time for protein assembly was 10 fold lower than in the absence of
crowder. The protein assembled into a hollow cylinder shaped capsid identical to that
formed in diluted and high ionic strength solutions. Thus, the use of crowder may lead to a
better in vitro system to study capsids assembly. Recently, the important role of crowding

in capsid assembly was further characterized using computational simulations which
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showed that the sequences of reaction steps needed for nucleation and growth are more
complicated than simple nucleation-growth models.*

Molecular crowding can also greatly influence enzyme activity. The effect of two
types of crowding agents (globular proteins or polymers) on the reaction rates of three
different decarboxylating enzymes (urease, pyruvate and glutamate) was studied in vitro.”’
The enzyme activity dramatically increased at globular protein concentrations up to 30%,
decreasing with higher crowder concentrations. However, polymeric crowding agents
caused a concentration dependent decrease in enzyme activity that might be explained by a
decrease in the diffusion rate.

To mimic conditions close to in vivo systems, the rate of amyloid fibrillation by o-
synuclein, a presynaptic protein abundant in the brain®®, was studied in the presence of
crowders (Figure 1. 5).* With 150 g/L ficoll or Dextran (neutral sugar polymers) the rate
of fibril formation increased significantly (3 times faster than the control). However, with
the same PEG concentration the reaction was 10-fold faster. The differences in effects may
be due to the relatively high viscosities of the polysaccharide solutions compared to that of
PEG, which may affect the rates of macromolecular diffusion and consequently the rates of
a-synuclein fibrillation. Molecular crowding also modulates the efficiency of direct
interaction of this protein with metal ions, a possible factor in the pathogenesis of disorders

related to this protein as Parkinson’s disease.

Normalized TFT fluorescence

0 1‘0 2’0 3‘0 4‘0 5‘0 ol
Time (hours)
Figure 1. 5 Effect of high concentrations of polysaccharides on the fibrillation of a—synuclein.29 With
150 g/L ficoll or dextran, the rate of fibrillation is significantly increased compared to that of the
control and was 3 times faster.

From Chapter 3 to Chapter S, we studied crowding effects on cytoskeletal proteins (FtsZ

and microtubules bundles formation) using droplet microfluidics, investigating its effect on

the bundles arrangement and organization.
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1.4 Compartmentalization and confinement in

microdroplets

The first droplet experiment was reported in the 1950s when Joshua Lederberg performed
single cell analysis by spraying water droplets containing cells into mineral oil.”> Around
10 years later, Rotman published a study of single enzyme kinetics in droplets dispersed on
a cover slip covered with oil, measuring the conversion by fluorescence microscopy
(Figure 1. 6. a).”' Despite these ground-breaking findings, it took almost 50 years for
microdroplets to become popular in the scientific world, which was probably due to the low
throughput and lack of powerful microfluidic tools. With the creation of digital cameras,
more sensitive fluorescent detection and advances in microfluidics, the field of droplet
microfluidics has grown considerably in the last 5-10 years.

a
[ aqueous phase
l containing cells,
1] enzymes, reagents
W

O aqueous phase oil phase

with surfactant

polydisperse droplets N
. 1-10? droplets per experiment
@@ *.. no further maniputation A

il phas
oil phase 1) @@

monodisperse fL-nL droplets’
1-10¢ droplets s!
single molecules, cells

Figure 1. 6 Top: Schematic of droplet formation with conventional techniques (left) or a microfluidic
platform (right). Micrographs (a) and (b) show the outcome of each technique. a) Rotman’s classic
experiment on single-enzyme kinetics using microdroplets dispersed in oil.* b) Monodisperse
droplets from a microfluidics platform for biological and chemical experiments.32

Droplet microfluidics offers possibility for compartmentalizing reactions in extremely

small volumes (nanolitre to femtolitre droplets), with every droplet acting as a reactor of
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General introduction and thesis outline

the same volume and composition (Figure 1. 6. b).** Single cell or single molecule
encapsulation is possible and by varying the conditions within each droplet multiple
reactions can be performed, making droplet microfluidics suitable for high-throughput
experiments.

Microfluidic channels can be used to produce highly monodisperse emulsions by
shearing of two immiscible phases. Droplet generation is typically carried using a T-
junction or flow-focusing geometry. In the T-junction configuration (Figure 1. 7. A), the tip
of the aqueous phase entering the main channel elongates, due to the shear forces generated
by the continuous phase, until the neck of the dispersed phase thins out and eventually
breaks the stream into a droplet. In the flow-focusing configuration (Figure 1. 7. B), the
continuous phase intersects the disperse phase in a narrow region of the microfluidic
device, perpendicularly on both sides applying symmetric shearing onto it. This
configuration enables faster, more controlled and more stable generation of droplets. In
both cases, droplets size depends on the channel dimensions, the relative flow rates and
viscosities of both phases. For high viscosity ratio of both phases, the dispersed thread
experiences a linear thinning procedure called the jetting regime (Figure 1. 8. b). Droplet
stability is often regulated by addition of surfactant in the continuous phase® but the
surface properties of the channels also plays a critical role in droplet formation. The
channels must be hydrophobic to produce water droplets in oil and hydrophilic to form the

. . 4
inverted emulsion.’

Figure 1. 7 Characteristic images of the two types of microfluidic device for droplet production,
namely (A) T-junction and (B) flow-focusing. White arrows indicate the oil phase flows.*® Scale bar:
100 pum.

The increasing research activity in the field of microdroplets in microfluidics
resulted in a range of methods to manipulate droplets (Figure 1. 8)**. Microdroplets can be
seen as chemical or biochemical reactors of well-defined shape and reagent concentrations.
Unlike bulk experiments, it is possible to add reagents in droplets at a specific point in time
and space in two different ways. The first method is to use different streams of reagents
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Chapter 1

before the intersection with the continuous phase, as nicely demonstrated by Ismagilov and
co-workers.”® *” The other method is to encapsulate the reagents in separate droplets and
induce droplet fusion using an electric field (active way, Figure 1. 8. d)*® or using a specific
channel geometry (passive way, Figure 1. 8. ¢)*”. Opposite to fusing, droplet division can
be beneficial to increase throughput and carry out multiple reactions in parallel. Via control
of the flow rate of continuous phase and the relative fluidic resistance of the channels,
droplets can be divided symmetrically or asymmetrically (Figure 1. 8. g). *

Figure 1. 8 An overview of commonly used droplet-manipulation modules. a) Droplet formation in a
flow-focusing device. b) Droplet formation from jetting in a flow-focusing device. c) Delay

line/storage area™ d) Droplet fusion by electrocoalescence™® e) Passive, channel-geometry-
mediated droplet fusion®® f) Electrosorting of droplets43 g) Channel-geometry-mediated droplet
splitting40 h) Electric-field-induced emulsion separation45 i) Mixing the contents of droplets in a
winding channel‘uj) Droplet storage.46 Remaining figures were reproduced from Theberge et al®

When carrying out a chemical reaction, a good mixing of the reagent is very important to
obtain a uniform solution and improve the reaction yield. Mixing in droplet microfluidics
can be induced by narrow and winding channels (Figure 1. 8. i). These microscale features
cause ‘chaotic advection’ that relies on repeated folding and stretching of the fluid layers in
the droplet becoming exponentially thinner and allowing rapid mixing by diffusion.* One
of the key advantages of droplet microfluidics is the ability to select the droplets of interest
using droplet sorting. In order to sort droplets, passive microfluidic channel geometries
using a bifurcating flow design and controlling the widths of the daughter channels result in
droplets to be separated according to their sizes.** Active droplet sorting is achieved by
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electric pulses generated by microfabricated electrodes which deflect the droplets via
dielectrophoresis into a separate channel (Figure 1. 8. f).*

This technology can also be used to sort droplets according to their fluorescent
content, which can be detected and used to trigger an electric signal. Fidalgo et al.
demonstrated the efficiency of this method by selecting 30 nM fluorescein droplets from a
mixture of 10 and 30 nM fluorescein in droplets with less than 1% false positives (Figure 1.
8. h).* Chemical reactions as well as some biological experiments require long reaction
times with processes occurring on a timescale of hours. Large-scale devices can be used for
purpose of maintaining the droplets inside the device and monitoring them over time
(Figure 1. 8. ¢).** Long-term droplet storage can also be achieved by integrating a droplet
trap array as shown in Figure 1. 8. j.* Aside from the advantages of miniaturization
mentioned previously, microfluidic devices are easier to handle, safer, cheaper (the
consumption of reagent is reduced), and could allow higher reaction and analysis rates (via
online monitoring) than conventional chemical reactions performed in a flask.*’” Shear
forces at the channel walls can induce internal flow circulation in droplet microfluidics,
which can enhance mass transfer at the liquid-liquid interface. The droplet-microfluidics
technology enables fast and sensitive screening which facilitate high throughput biological
assays.” Numerous examples of single cell experiment in droplet microfluidics were
reported during recent years, with applications ranging from the assessment of single cell
behaviour under various conditions to monitoring heterogeneity of drug action over time.*”
54

Microdroplets can also be used to investigate the mechanical properties of gels.
Fibrin networks were encapsulated in nanoliter volumes to study their behaviour in droplets
travelling within microfluidic channels of different geometries (Figure 1. 9).” The device
presented alternated narrow channels and wide channels where the droplets were first
squeezed (acquiring an elongated shape) and then relaxed back to the initial spherical
shape. Figure 1. 9. A shows that when the same droplet travels through the channels and
deforms repeatedly from spherical to squeezed, the fibrin network presented negligible
structural differences. The remarkable ability of the fibrin network to compress and extend
indicates that the system is flexible. However, when the flow rates were almost double, the
fibrin network is concentrated toward the rear of the droplet with respect to the direction of
the droplet movement in the microchannel due to hydrodynamic forces (Figure 1. 9. B).
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Figure 1. 9 Fluorescent images of the fibrin network in droplet microfluidics. A. Structural
arrangement of a fibrin network in the same droplet at the positions a—e, indicated in the sketch of
the device. Scale bar: 40 mm. B. Modification of the network arrangement due to hydrodynamic
forces generated at higher flow rates, pushing the fibrin network towards the back of the droplet.

In Chapter 3 to 5, we used the microfluidic technology to study the behaviour of
cytoskeleton proteins in confined and crowded environments. Typically, water droplets in
oil are stabilized by surfactants. To provide a closer mimic to cellular conditions, we tried
to produce water-in-water droplets (or better: liposomes) using microfluidics. In Chapter
4, the three main proteins involved in the division in E. coli were encapsulated in droplets
and liposomes in order to reproduce and understand the mechanics of this process. In
Chapter 5, dynamic microtubules were encapsulated in microdroplets under crowded
environment to investigate changes in behaviours depending on protein/crowder
concentrations or container properties. The thesis ends with a brief summary of results and

an outlook of future research in Chapter 6.
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Chapter 2

Investigation of ‘on water’ conditions

using a biphasic fluidic platform

Parts of this chapter have been published:
S. Mellouli, L. Bousekkine, A. B. Theberge, W. T. S. Huck, Angew. Chem. Int. Ed. 2012, 51, 7981 —
7984.



2.1 Introduction

An important goal in modern organic chemistry is the development of new, efficient, and
environmentally benign synthetic methodologies.' Progress toward this goal requires the
use of safer solvents and the design of safer chemicals. There have been considerable
advances in this area, especially in the development of aqueous organic reactions, over the
last two decades. The use of water as a solvent offers many advantages: it is cheap, non-
toxic and more interestingly, a strong rate enhancement has been observed for some
reactions with insoluble reactants in the presence of water.”

Water is the most abundant liquid on the planet and is a unique solvent due to the
internal structure arising from the hydrogen bond network.” It is well known that water
has a strong effect on the reactivity of dissolved hydrophobic organic molecules.®"!
Breslow and co-workers reported surprisingly high rate enhancements (up to 200-fold) for
Diels-Alder reactions in water compared to aprotic non-polar organic solvents.® The
authors explained this observation by the hydrophobic effect: when two hydrophobic
molecules are mixed together in aqueous solution, they have a tendency to aggregate in
order to minimize unfavourable interactions with water. In other words, the reaction of two
apolar molecules could be accelerated in water because the hydrophobic effect leads to a
very high local concentration of reactants. The rate enhancements in water have been

attributed to many other factors including ‘enforced hydrophobic interactions’,*'* enhanced

hydrogen bonding of the transition state,'*™'

17-20

the unusually high ‘cohesive energy density’
of water, and in more general terms to the decrease of the hydrophobic surface area of
the reactants during the activation process combined with hydrogen-bond stabilization of
the polarized activated complex.”" **

In a landmark paper, Sharpless and co-workers studied a range of reactions
accelerated by water despite the non-solubility of the reactants under so-called ‘on water’
conditions.” Insoluble reactants were stirred in aqueous emulsions or suspensions and the
surface of water is thought to catalyse the reaction. Although a large number of studies
have exploited these ‘on water’ conditions and have reported rate enhancements,” there is
no conclusive agreement on the molecular origin of the effect. A major reason for our
limited understanding of ‘on water’ reactions, lies in the very nature of the experiment.
Typically, ‘on water’ reactions are carried out by vigorously stirring two immiscible
phases. On a laboratory scale, the water surface area and the surface-to-volume ratio cannot

be controlled reproducibly as they are strongly dependent on stirring rates, volumes, ratio
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of water to organic phase, and the size of both stirrer bar and reaction flask. Figure 2. 1
shows an example of ‘on water’ reaction with the reactants in the upper phase and water in
the lower phase. When the mixture is vigorously stirred, an emulsion of unknown droplet
sizes is formed during the reaction, making any estimate of the effect of the water surface
on the reaction rate an educated guess. The droplets formed are polydisperse, and this could
lead to different reaction rates. As a result, there have been no systematic studies exploring
the ‘on water’ effect and it is still unclear how much the water surface really contributes to

the observed reaction rates.

%ﬁw

- Substrates
Wiater

Figure 2. 1 ‘On water’ reaction in bulk. A. The top red layer corresponds to the reactants
(quadricyclane and DMAD) and the transparent one to the water phase. B. The stirring of two

=~ slirring

produces
reactant
droplets

Product \

insoluble solutions produce polydisperse droplets (D), which could lead to different reactions rate.
C. The product of the reaction is a solid and can by collected at the bottom of the flask.?*

Examples in the literature already demonstrated that the kinetics of chemical reactions in
droplet microfluidics were faster compared to those in bulk solution.

Segmented flow conditions have been used in order to accelerate the rate of Heck
reaction of aryl halides with diazonium.”> The solution of reactants was mixed in a so-
called T-inlet, and upon the introduction of an inert immiscible solvent using a ‘cross inlet’
a segmented flow was obtained, with small plugs of reagents separated by an inert carrier
fluid. Those inlets were connected to PTFE microtubing (500 pum inner diameters)
immersed in an oil bath for temperature control. Due to the large surface-to-volume ratio as
well as internal mixing provided by segmented flow, the Heck reaction was found to be
more efficient than in laminar flow or in bulk with reaction yields in segmented flow
significantly higher than in laminar flow even with low amounts of catalyst.

It should be noted here that mixing of reagents is slow in typical microfluidic
reactors due to the presence of a laminar flow profile, where turbulent mixing cannot occur
and all mixing results from diffusion. The internal flow circulation in droplet microfluidics
has been used by several groups for rapid mixing of reagents, leading to significant
enhancement of the reaction rates. This was demonstrated by Ahmed et al. with the
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hydrolysis of p-nitrophenyl acetate in toluene with aqueous sodium hydroxide as a biphasic
reaction.”® The rapid mixing within the different fluid segments caused by the internal
vortex fluid flow induces a mass transfer between contiguous fluids segments enhanced by
the continuously refreshed interface. A similar trend was observed in the biphasic alkaline
hydrolysis reaction, with the aqueous phase containing sodium hydroxide and the organic
phase containing saturated n-butyl acetate.”’

Using microfluidics to produce monodisperse compartments, Griffiths and co-
workers demonstrated that both the kinetics and thermodynamics of the reversible reaction
of an amine with an aldehyde to form a fluorescent imine was enhanced in water
microdroplets.”® The concentration of the fluorescent product as a function of time was
measured in droplets of different sizes and compared to bulk values. The reaction rate in
droplets is higher compared to those in bulk, increasing when the droplet size is decreased.
For example, in 2.5 pL droplets, the reaction rate was 45-fold higher than in bulk. The
authors explained those results by a simple reaction-adsorption mechanism, in which the
reactants adsorbed at the droplets interface react and diffuse back to the bulk. From these
studies it is unclear however what the chemical nature of this rate enhancement is.

The aim of the present study is to quantify the ‘on water’ effect per unit area of
interface for the first time. We present a fluidic approach to generate precisely defined oil-
water interfaces, which allows us to systematically probe the influence of the water surface
on chemical reactions. Monodisperse water and organic phase plugs (typical frequencies
around 0.06 Hz) are generated in PTFE (polytetrafluoroethylene) tubing by connecting an
aqueous flow with an oil flow via a CTFE (chlorotrifluoroethylene) cross-junction (Figure
2.2 a).*”° This approach gives excellent control over the water surface area by changing
the relative flow rates of the water and organic phase or the internal diameter of the tubing
(Figure 2. 2 b).*"*

The question then arises: what is the real cause of the increase in reaction rate
for the ‘on water’ reaction? Out of the hypothesis previously listed, the hydrophobic effect
and the formation of hydrogen bonds between water and the reactant and/or intermediate
state are the most probable. In the course of this study, we will try to elucidate this

question.
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Figure 2. 2 Experimental set up. a) Plugs form at junction between toluene solutions containing
reagents (‘oil phase’) and aqueous phase, and travel down PTFE tubing to allow reaction to occur. 1
is quadricyclane, 2 is B-pinene and DEAD is diethyl azodicarboxylate b) Plug size and water surface
area are controlled by varying the relative flow rates of the two phases. Images taken from fast
camera were analyzed with Matlab software to calculate plug lengths, volumes and surface areas.
Scale bar =250 pm.

2.2 Results and discussions

2.2.1 Model reactions

The present study focuses on two model reactions: the cycloaddition of quadricyclane (1)
and diethyl azodicarboxylate (DEAD)> (Scheme 2. la), and the Ene reaction between p-
pinene (2) and DEAD? (Scheme 2. 1b). These reactions were shown by Sharpless et al. to

be significantly accelerated under ‘on water’ conditions.>*’
ot COyt
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Scheme 2. 1 Model reactions selected in this study: a) the cycloaddition of quadricyclane (1) with
DEAD (2) ; b) the Ene reaction between B-pinene (4) and DEAD (2).



DEAD (2) is shock and light sensitive and commercially available as a 40 wt% solution
in toluene; therefore we performed all reactions in toluene and in toluene ‘on water’, with
concentrations in the 1M to 3M range. Furthermore, bulk experiments (Figure 2. 3) show
that the reaction rate is linear for the reaction with quadricyclane but slightly plateauing

with B-pinene and therefore we concentrate our studies on conversions under 10% where
the conversion is linear with time.
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Figure 2. 3 Model reactions performed in bulk for the reactions between a) DEAD and
quadricyclane b) DEAD and B-pinene. The ‘on water’ reactions show higher conversions compared
to that of the same reactions in toluene, with a moderate effect for the reaction with B-pinene.

The model reactions were then performed in microfluidics. As shown in Figure 2. 4a, the
‘on water’ reaction between 1 and DEAD is indeed accelerated to 4.3 = 0.2 % and 6 +
0.2 % conversion after 60 min ‘on water’ for water-oil (Q.,/Q,;) flow ratios of 1 (Q1) and 2
(Q2), respectively, compared to only 1.1 = 0.2 % conversion in toluene.

a 6 u 'onwater-Q2 L] b 4, ‘on water'- Q2 .
1 4 ‘onwater-Q1 20 a 'onwater- Q1
59 & intoluene { & intoluene §
J L} ° []
®, 15
b g :
9 3 ] = i ‘B .
034 4
[ 010 -
E * g . &
5 24 = ol *
"7 = © ]
1z 5| =
1 k3
* x :
*
0 __‘-//I T i T ¥ T L] T 0 _—'7/// T ) T L T L] T . T ) T
0 15 30 .45 60 0 5 10 15 20 25 30
Time / min

Time / min

Figure 2. 4 Influence of water on the percent conversion for model reactions in toluene and “on
water”. a) The reaction between 1 and DEAD under different water—organic flow ratios
(Q./Q,=1=Q1, Q,/Q,=2=Q2). b) The reaction between 4 and DEAD under the same water—organic
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flow ratios. Note: fits of these data do not pass through the origin because there is a lag between
sampling and 1H NMR acquisition.

This indicates that the reaction essentially takes place as a result of the introduction of
water. In contrast, we found that the ‘on water’ effect for the reaction of 4 with DEAD is
much smaller (Figure 2. 4b). However, the reaction is sensitive to changes in the water
surface area as demonstrated by the 5 = 0.3 % increase in conversion after doubling the
water-oil (Q.,/Q,i1) flow ratio which resulted in a concomitant increase in water-oil surface
area.

We then determined the order of the reaction by systematically varying the
concentration of each reactant between 0.5 M and 3 M. The reaction between DEAD and 1
was performed with a flow ratio Q,/Q.;=1 and the reaction between DEAD and 4 with a
flow ratio of two. The conversions were not corrected for conversions in toluene phase due
to the low conversion in toluene for the reaction between DEAD and 1. The slopes of the
product concentration versus time give access to the initial reaction rate ry (Table 2. 1). The
partial order was obtained by comparing the reaction with initial concentrations of 2 M for
both reagents and a reaction with a lower or higher concentration of one reagent. For both
reactions, the observed total reaction order is close to two, strongly indicating that the
reaction under these conditions is a simple bimolecular reaction, presumably occurring at

the water interface.

Table 2. 1 Partial order for the reaction between DEAD and 1 or 2. Using different combinations of
reactant initial concentrations, the partial reactions order for both reactions was found to be around
1, corresponding to a total reaction order of 2.

[1]o [DEAD], [4]o ro Partial
[mol L] [mol L] [mol L] [mol L min™] order
2 2 = 5.83 +0.2x10™ 1.3
2 1.5 = 3.75+0.3x10™ 1.5
2 1 = 2.67 +0.3x10™ 1.1
1 2 = 2.33+0.3x10™ 1.3
3 2 = 7.67 +0.3x10™ 0.7
- 2 2 5.83 +0.1x10” 1
- 1 2 3.08 +0.1x10” 0.9
- 2 1 2.58 +0.1x10° 1.2

The kinetic isotope effect (KIE) is described as the ratio of reaction rates of two
isotopes in a chemical reaction. The substitution of an isotope by another one can highly
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modify the kinetics when the replacement involves a chemical bond forming or breaking in
the rate limiting step: this situation is termed primary isotope effect. When no bond
forming or breaking are involved, a secondary isotope effect is observed. Since the largest
KIE are observed when a hydrogen atom is exchanged for deuterium, we measured the rate
constant ratio of the model reactions in the presence on water H,O and deuterium oxide
D,0 (ky/kp). Using the same final concentrations of reactant (1 M) in droplet and knowing
that the partial reaction order is one, the reaction rate is equal to the reaction rate constant (r
= k[1]'[17"). Therefore, the measure of the initial slopes representing the conversion over
time gives us access to the reaction rate constant. As expected for a non-acid/base catalysed
reaction, we measured small kinetic solvent isotope effects (Figure 2. 5). For both
reactions, there is a higher conversion ‘on water’ than ‘on D,O’ and this difference stays
the same when the water/oil flow ratio is increased (Q./Q.ii=1=Q1, Qu/Q.;i=2=Q2) with
kpy/kp in the range of ~ 1.1 to 1.2 and independent of the flow rate ratios. Since no bond
forming or breaking are involved, these results indicate that water could be involved in the

stabilization of the transition state by formation of hydrogen bonds.
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Figure 2. 5 Isotope effect measured ‘on water’ and ‘on D,0’ performed in tubing for the reaction

between a) 1 and DEAD and b) between 4 and DEAD. Note: the axis label ‘conversion at interface’
indicates that the ‘on water’ conversions have been corrected for conversion in toluene phase.

2.2.2 Influence of the water contact area

The fluidics platform allows systematic variation of the surface area available to the
reacting molecules while keeping all other parameters constant. In order to establish that
the reaction between water and the reactants is only happening at the hemispherical cap of
the water plug, a series of experiments were performed using the reaction between DEAD
and 1. The first experiment was done in 750 um inner diameter (ID) tubing; the initial
concentration was 2 M for both reagents, and the total flow rate was 300 uL h'. By
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increasing the water/oil flow ratio from 1 (Q1) to a flow ratio of 2 (Q2), the initial rate
constant went from 6.2 x 10° L mol™ s to 1.1 x 10° L mol™ s respectively (values
obtained from Figure 2. 4). The increased factor is around 1.8 and represents a good
illustration of the water effect. When the flow ratio is doubled, the water plug length is
doubled and we did not observe films between water plug and tubing wall under the
microscope at the flow rates and plug volumes used (Figure 2. 6). Considering that the
reaction is occurring only at the plug caps, the surface cap to volume ratio goes from 1.65 x
107 um™ to 2.8 x 10~ um™ for a flow ratio of 1 and 2 respectively. As the increase in rate
constant (1.8) correlates to the increase of surface contact (1.7), we can conclude that the

reaction is occurring mainly at the interface between the water caps and the oil phase.

Time [min] 750 um ID - Q1 750um 750 um ID — Q2

B ——t— I —
S | S e S ) — c—— —
ST S e S o o —— G—

Figure 2. 6 Images of water droplets in time in 750 um PTFE tubing and different flow ratios. Q1 and

Q2 correspond to water/oil flow ratios of 1 and 2, respectively. No apparent oil films were visible
between the water plugs and the tubing walls.

The absence of a toluene film between the water droplet and the tubing walls was
further demonstrated using fluorescence microscopy. With a fluorescent dye diluted in
toluene (1 mg mL™", Nile red), we formed water plugs in tubing as described in Figure 2. 2
(total flow rate 300 pl/h, flow ratio Quater/Qoi=1).

a b c
I
L ‘
Figure 2. 7 Fluorescent images of water plugs in died toluene with Nile red, flowing in PTFE tubing.
a. No fluorescent signal was detected between the water plugs and tubing wall, confirmed by the 10

X magnify image represented in b. The bright field image of the same droplet is depicted in c. Scale
bar =200 pm.

Using a fluorescence microscope and specific excitation and emission

wavelengths (Aexe= 488nm, A.,=617nm), fluorescence images (Figure 2. 7a 4x objective, b;
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10x objective) clearly show the absence of any toluene film between the water droplet and
the tubing walls as there is no fluorescence. Picture ¢ shows the plug in bright field mode.
Therefore, the water surface area is taken as the hemispherical cap of water meniscus. 3438

To probe directly the effect of the water surface, we measured conversions at three
different reaction times while varying the surface-to-volume ratio by changing the water
and organic phase flow rates and by using 750 and 500 pm internal diameter tubing. As
shown in Figure 2. 8, there is a linear relationship between the surface area and conversion
which implies that the contact between the oil and the water phase is directly involved in
the observed rate enhancements.
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Figure 2. 8 Influence of the surface-to-volume ratio on the percent conversion of DEAD with a) 1 or
b) 2. Note: “Conversion at interface” indicates that the “on water” percent conversions have been
corrected for the conversion that takes place in the toluene phase.

For a constant initial concentration of DEAD (2 M), we increased the
concentration of 1 and 4 from 2 M to 10.5 M and 6.4 M, respectively (close to neat
conditions). As expected, the increase of concentration leads to an increase of reaction rate
for the reactions in toluene (Figure 2. 9). Unexpectedly, the ‘on water’ reaction does not
show a similar dependence of rate enhancement on starting material concentration. The ‘on
water’ reaction of DEAD with 1 (10.5 M) is accelerated almost 3-fold, whereas the reaction
of DEAD with 4 (6.4 M) is slowed down 3-fold compared to the reaction rates at 2M
starting concentration (as estimated from initial reaction rates). These results strongly
suggest that the reaction with quadricyclane is limited by diffusion of reagent molecules to
the surface. For the reaction with B-pinene, we hypothesized that the reaction products
remain pinned at the interface and prevent the water surface from catalysing further

reactions. This results in a decreased reaction rate at higher concentration of reactants or
prolonged reaction times.
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Figure 2. 9 a), b) effect of the starting material concentrations on the kinetics for in toluene and ‘on
water’ reactions between DEAD and 1 or 4, respectively. When the reactions were performed in
toluene, an increase of reactant concentrations led to an increase of the reaction rate. For the ‘on
water’ reaction, the same effect was observed with 1 whereas with 4, it showed the opposite effect.
The diffusion of the product from the water/oil interface could be the limiting step of the reaction
with DEAD and 4. Note: the ‘on water’ conversions have been corrected for conversion in toluene
phase at water/oil flow ratios Q,,/Qg;=2.

2.2.3 Influence of the temperature

As we know the conversion at a certain reaction time and the total amount of interface
associated with this conversion, we can calculate the number of molecules reacted per unit
surface area per unit time (i.e. a turnover number, Table 2. 2). We collected 100 pL
reaction volume at three different time points (15, 22 and 30 min) and measured the
conversion (corrected for background reaction in toluene). Surprisingly, for both reactions

the turnover number decreases of 11-14% over the course of 15 minutes.

Table 2. 2 Turnover for the reactions between DEAD and 1 or 2. The number of molecules reacting
per surface area and per second is decreasing for both reactions implying that limiting steps can
involve the diffusion of the reactant and/or of the product from and to the oil/water interface.

Reaction 1+ DEAD 4 + DEAD
Time [min] 15 22 30 15 22 30
Conversion at interface [%] 1.8 2.4 3.1 2.5 3.3 4.2
Molecules reacted ( x 10"%) 1.1 1.4 1.9 1.5 2.0 2.5
Surface contact [10” x um™T’ 2.87 2.86 2.79 2.55 2.57 2.50
Molecule/um®/s 42x10° | 3.8x10° | 3.7x10° | 6.6 x10° | 5.9 x10° | 5.6 x10°

@ Surface contact error + 0.05 x 10-3

This suggests that the interfacial activity decreases over time, perhaps due to product

molecules remaining at the interface. This form of ‘product inhibition’ could explain why it
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is sometimes difficult to reproduce ‘on water’ conditions in stirred bulk emulsions, where
fresh oil-water interface is continuously generated.

Arrhenius plots were used to determine the temperature dependence of the
reaction rates for both reactions ‘on water’ and in toluene. Equation 1, where £ is the rate
constant, 4 the pre-exponential factor and R the gas constant, is used to determine the
activation energy E,.

Ink=In4-2(2) (1)
For the reaction between 1 and DEAD, the conversion was measured at 5° C, 20 °C and
35 °C and for the reaction between 4 and DEAD, at 20 °C, 40 °C and 60 °C( Figure 2. 10).
The increase or decrease of temperature was achieved by placing the tubing in a warm bath
or cold bath, respectively. An advantage of our tubing-based microfluidic system is the
ease with which the reaction temperature can be modulated using standard laboratory
equipment, as opposed to traditional chip-based microfluidic systems that require
sophisticated apparatus for heating and cooling.
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Figure 2. 10 Activation energy determination a), b) Show the conversion versus time at different
temperature for the reaction ‘on water’ between DEAD and 1 or 4, respectively. These plots give us
access to the initial rate constants which allowed the calculation on the activation energy.

As previously explained, the initial slope of the conversion versus time gives us access to
the reaction rate constant. Therefore, by plotting the natural logarithm of the rate constant
(In k) versus one over the temperature (1/T), we can determine the value of the activations
energy. Both reactions show a considerable drop in activation energy (AE, = 5.4 and 2.4
kcal mol™ for reaction of DEAD with 1 and 4, respectively) upon introduction of water
plugs as summarized in Table 2. 3. A drop in the energy barrier by 5.4 kcal mol™ is in
rather good agreement with a theoretically predicted value of around 7.5 kcal mol™ for a
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hydrogen bond-stabilized transition state the reaction of 1 with DMAD (instead of DEAD)
reported by Jung and Marcus® . Their mechanistic hypothesis is based on free hydroxyl
groups at the water surface, reacting with the intermediates, lowering the energetic barrier
and therefore accelerating the reaction (Figure 2. 11.a) Using the Eyring equation, we
determined the values for AH* and AS* for both ‘on water’ and toluene reactions. For both
reaction, the large change in AH* (23 and 10 kJ mol™) is accompanied by a more negative
value for AS* for both reactions (-59 and -38 J mol K™, respectively), which indicates that

the interfacial nature of the ‘on water’ reaction may put constraints on the reactivity of

molecules at the interfaces (Figure 2. 11.b).
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Figure 2. 11 Cartoon of ‘on water’ catalysis. a) Mechanistic hypothesis proposed by Yung and
Marcus. The free hydroxyl group at the interface stabilize the reactants and the transition state. b)
The reactivity of molecules at the interface is affected by adsorption and desorption processes as
well as by their mobility on the surface.

We calculated the rate constants ki, (obtained from the activation energy plots)
and compare these with kg,q,s experimentally determined values from Figure 2. 4 at the
same flow rate (Table 2. 3). The striking agreement between the calculated and observed
values for the rate constants demonstrate that the biphasic flow approach has provided us

with a detailed insight into ‘on water’ reactions

Table 2. 3 Activation energies and rate constants for the reaction between DEAD and 1 or 2. The
calculated surface rate constant ks from the activation energy correspond well with the observed
rate constant k,,s obtained from experimental value in Figure 2.4.

Reaction Eas Ear AE, Ksycal kr,cal Ksyobs
[keal mol™] [kcal mol™ [kcal mol™ [Lmol™s™ [Lmol™s™] [Lmol”s”]

1+DEAD | 39+04 | 93%13 5.4 13x120° | 1.6x10° [1.1+0.9x10°

4+DEAD | 54+10 | 7.8+03 2.4 52x10° | 7.5x10° [5.8 t0.5x10”

[a] the experiments were performed at a flow rate ratio of Qu/Qui = 2
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2.2.4 Blocking the reactive water surface

In order to determine whether the increase in reaction rate is due to interactions with water
and not only due to the hydrophobic effect or compartmentalization of the reactants, we
added a surfactant to the water phase to create a barrier at the water-oil interface,
minimizing interaction of the reactants with the water interface. The hydrophobic effect
was proposed by Breslow and Rideout® to explain the increase of reaction rate for
hydrophobic molecules in water. The authors stipulate that when hydrophobic molecules
are dissolved in water, they have a tendency to aggregate to minimise the interaction with
water molecules.

The addition of the anionic surfactant SDS (sodium dodecyl sulfate) to the
aqueous phase at a concentration above the critical micelle concentration leads to a water
surface covered with SDS molecules, making the free hydroxyl groups of water not
accessible to the reactants. Figure 2. 12 shows the effect of the addition of SDS in the water
phase on the conversion over time for both model reactions. The reactions were performed
in tubing, at room temperature and the initial concentrations for both starting materials was
2 M. Four different experimental conditions were compared: reaction in toluene, reaction
‘on water’ with water/oil flow ratios equal to 1 (Q1), 2 (Q2) and reaction ‘on water’ with
2% of SDS in the water phase. When SDS is added to the aqueous phase, the reactions
essentially came to a halt, with conversions below ‘on water-Q1’ and similar to the reaction
in toluene only. By covering the water interface with surfactant, the reaction is inhibited

which demonstrated that the reaction is happening at the interface.

a5, , 25 -
m ‘on water- Q1 Y m ‘onwater- Q2
1 A ‘on water- Q2 A ‘onwater- Q1 =
4 -| ® ‘'onwater' + SDS (2%) 20 4 intoluene
* in toluene P ‘on water'+ SDS (2%)
® x= R - E 3
gs . L1 515 N
3 x g -
%4 = K 3 210 - E
c < S =
S 1% 1 x*
1 5 - *
e - X
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Figure 2. 12 Modification of the water phase in flow, performing reactions in toluene, ‘on water’
and ‘on water + SDS’. a) Reaction between DEAD and 1. b) Reaction between DEAD and 4. The initial
concentration for both starting materials is 2M. The addition as SDS in water led to a decrease in
conversions for both reactions showing that the contact between the reactant and water is a more
important factor than compartmentalization.
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2.2.5 Influence of the nature of the reactants

In the model proposed by Jung and Marcus™, the free hydroxyl groups at the water
interface are believed to interact with the starting material as well as the intermediate state,
lowering the energetic barrier and therefore facilitating the conversion to the final product.
Considering the reaction between 1 and DEAD, this will mean the hydrogen bonds would
be formed with the nitrogen of DEAD, increasing its electrophilicity and therefore
improving the nucleophile attack of 1. This leads us to ask if there is ‘on water’ effect with
reactant not able to form H-bonds? This question can be addressed by preforming a reaction
between 1 and a molecule similar to DEAD that is not able or is less able to form hydrogen
bonds. As a substitute, we chose dimetyl acetylenedicarboxylate (DMAcD, 6), which has
an alkynyl group instead of an azo group as depicted in Scheme 2. 2. The lone pair left on
the N atom in DEAD attracts the slight positive charge on the H atoms of water molecules:
this is the hydrogen bond. However, in DMAcD, the fully saturated carbons of the alkynyl
group are not able to form hydrogen bonds.
CO,Me
CO,Me
e’/

MeO,C cO,Me

1 6 7
Scheme 2. 2 Cycloaddition of quadricyclane (1) and DMAcD (6)

Figure 2. 13 shows the conversion over time for the reaction between 1 and DMAcD at two
different temperatures (35 °C and 60 °C), ‘on water’ and neat at the initial concentration of
2 M. At both temperatures, the conversion over time of the reaction performed on water
was below that of the reaction performed neat. We propose that the reaction between 1 and
DMACD is not accelerated ‘on water’ because the carbon atoms in DMAcD do not form
hydrogen bonds with water (in contrast to the nitrogen atom in DEAD). This experiment
provides further evidence to support the mechanism proposed in Figure 2. 11 in explaining
the ‘on water’ effect observed for the reaction of 1 and DEAD.

41



100 m  on water_35°C
1 X ® neat_35°C
v o
a A on water_60°C
2 804 ¥ neat_60°C
- v
5604
@ A
[
2 40 e
<)
(6]
204 °
-
04 =& : - .

0 10 20 30 40 50 60
Time / min

Figure 2. 13 Conversion in time of the reaction between 1 and DMAcD. The neat reactions show
higher conversions than the ‘on water’ reactions, independently of the temperature.

2.3 Conclusions

To conclude, we have demonstrated how biphasic flow can be used to study interfacial
reactions on a macroscopic scale. Total flow rate, residence times and most importantly,
the interfacial area between the water and the oil phase can be precisely known and
controlled in a (micro)fluidic system, which is not possible in bulk emulsions. We have
used this technique to quantify the ‘on water’ effect for the first time. Capitalizing on the
versatility of our microfluidic system, we have conducted a series of experiments to further
elucidate the molecular mechanism underlying the on water effect. Our data correspond
well with the model proposed by Jung and Marcus in which hydrogen bonds stabilize the
transition state of the reaction thereby accelerating it. But it is also quite apparent that the
magnitude of the ‘on water’ effect can be rather modest (as seen in the reaction with 4), and
even if the reaction is accelerated initially, the effect becomes less pronounced with longer
reaction times. As shown in Figure 2. 11 b, the interfacial nature of the reaction can greatly
influence the overall reaction rates as product molecules might become pinned at the
interface. These factors strongly counteract the favourable reduction in activation energy.
In bulk emulsion studies, where the emphasis has been on high conversions, these effects
are not observable because droplets are formed and merged continuously, thereby exposing
‘fresh’ water/oil interfaces. Our method provides a robust platform for rapidly establishing
the key features of ‘on water’ conditions, improving their potential for reducing the use of

organic solvents towards a green chemistry.
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2.4 Experimental section

Chemicals and reagents
Quadricyclane was purchased from Mercachem, diethyl azodicarboxylate (40 wt % in
toluene) and beta-pinene were purchased from Sigma-Aldrich. All reagents were used as

received. Deionized (DI) water from a Milli-Q purifier was used throughout this study.

Kinetics analysis

1H NMR spectra were recorded on a Briiker Avance 500 Cryo Ultrashield (500 MHz) and
on a Varian Inova400 (400 MHz) spectrometers using toluene-d8 or benzene-d6 as internal
standards. Reactions were quenched by diluting the samples in a vial containing benzene-
d6 or toluene-d8 (with stirring) placed on ice. For every data point and regardless of the
overall reaction time, the same volume (100 pL) of reaction mixture was collected from the
outlet tubing, which takes 20 min using flow rates of 300 pl/h. The conversions of the
quenched reaction mixtures were determined using NMR spectra by comparing product
peak integration to reactant peak integration. Conversions reported are average values from

at least two experiments.

Fluidic methods

The oil and aqueous phases were loaded into Hamilton glass syringes with 21G disposable
needles attached. PTFE tubing (500 or 750 um ID) was fitted over the needles and used to
transport the liquid to the droplet formation cross. To form droplets a 500 um or a 750 um
bore CTFE cross (VICI) was connected such that the oil and aqueous phases entered the
cross at right angles to each other with the fourth exit connected to an additional length of
PTFE tubing (500 or 750 um ID) for the reaction tube. Flow rates were maintained using
Harvard PHD 2000 infusion syringe pumps. For all reactions, the droplet frequency was
estimated to be around 0.06 Hz (calculated from videos of 40 droplets). The reaction time
could be controlled either by varying the total flow rate of the solutions or by changing the
length of the reaction tube. Outlet channels were imaged in real time using an inverted
Olympus IX71 microscope connected to a Phantom fast camera (Miro eX4). Images were
then analyzed with Matlab software to estimate surface-to-volume ratios with high

precision.
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Cycloaddition of quadricyclane (1) with diethyl azodicarboxylate (2) in microfluidics
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Statistics on droplets uniformity (300 pl/h total flow rate)

Flow ratio Mean droplet size | Mean Surface-to-volume Number of droplets
Quater/Qoit [pm] ratio [um”']
1 1801 + 39 1.7+0.07x 107 40
2 2441 +60 2.7 £0.09x 107 30
Flow ratio Mean droplet size | Mean Surface-to-volume Number of droplets
Quater/Qoit [m] ratio [um”']
1 1512 +36 1.9+0.04x 107 80
2 2269 +50 2.8+0.04x 107 60
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Chapter 3

Self-organization of the bacterial cell-
division protein FtsZ in confined

environments

Parts of this chapter have been published:
S. Mellouli, B. Monterroso*, H. R Vutukuri, E. te Brinke, V. Chokkalingam, G. Rivas and W. T. S.
Huck, Soft Matter, 2013, 9, 10493-10500.



3.1 Introduction

Cells provide highly complex reaction environments, where crowding, confinement and
interfaces play an important role. In bacteria, around 30% of the intact cytoplasm volume is
occupied by macromolecules.' The energetics and dynamics of macromolecular reactions
in crowded environments differ from dilute solutions due to excluded volume effects and
additional weak, non-specific attractive and repulsive interactions with background
molecules or large structures that are highly system-dependent.”” A fundamental chemical
consequence of volume exclusion is a generalized non-specific force that favours
macromolecular compaction and protein-protein association in order to minimize the

8-10
excluded volume.

In general, larger and less compact macromolecules are more
sensitive to excluded volume effects than smaller and more compact ones. Crowding has a
significant effect on the assembly of fibril-forming proteins. Furthermore, crowding
favours bundling of filaments leading, under certain circumstances, to spatial self-
organization of fibres."" For example, a strong enhancement of actin polymerization and
bundle formation by crowders has been shown in vitro.'"> * Crowding appears to affect
actin dynamics by slowing down subunit dissociation and decreasing the critical
concentration of polymerization of the ADP-actin filaments, potentially enhancing the
binding of actin regulatory proteins.'* The combination of packing constraints and spatial
confinement, studied in cell-sized microchambers, enhances actin bundle formation by
decreasing the threshold concentration for the isotropic-to-nematic phase transition.'> Actin
network architecture is determined by the size'® and shape of the spatial boundaries, and
therefore myosin-induced contraction will vary with the geometry, as determined using
bar-shaped micropatterns.'” As with actin, geometric conditions have significant effects on
the self-organization of tubulin.'® Microfabricated chambers of defined dimensions have
been shown to determine the microtubule aster positioning at the geometric center without
the need of molecular motors.'” This organization becomes highly asymmetric in confined
spherical geometries as determined by the relative sizes of microtubules and container,
generating cortical bundles.”**'

We are interested in the behaviour of FtsZ polymers in crowded
environments. FtsZ, prokaryotic homologue of tubulin, is an essential protein required for
septation in most bacteria. It is an early septum component, forming a ring (Z ring) at mid-
cell during cell division and is thought to be responsible for initiating and driving cell

22-25

constriction. In the presence of GTP, FtsZ polymerizes in an apparently cooperative
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manner to form single stranded protofilaments of around 100 monomers under close to
physiological conditions® highly dynamic in vivo’ and in vitro.”® In the presence of
crowding agents, these protofilaments arrange into supramolecular structures that range
from flexible single and multi-stranded fibres, to circles, bundles and toroids depending on

22, 23, 25, 29, 30

solution and working conditions. Excluded volume models satisfactorily

described, qualitatively and often quantitatively, the behaviour of FtsZ in in vitro studies

: : 29, 31
using different crowders.””

As the assembly of FtsZ to form the structures active in
division takes place at the membrane, experimental efforts are being made to study FtsZ in
membrane-like systems. A variant of FtsZ, containing an artificial targeting sequence able
to bind to the membrane, was able to narrow the region of the liposome in which is located
in the absence of the natural anchoring elements. Inside tubular liposomes, this FtsZ
mutant located preferentially in certain regions and, eventually, produced constrictions,”
while their incorporation on the outer face produced the deformation of the lipid surface.*
* The arrangement of these mutant polymers has also been studied inside lipid tubes,
revealing ribbon-like structures® similar to those formed by wild type FtsZ in the presence
of high concentrations of crowders.” FtsZ has also been encapsulated in giant vesicles with
other elements of the proto-ring (the first protein complex formed in bacterial division)

d,36'38 not observed with those made of

showing deformations of the vesicles formed by lipi
inner membrane isolated from bacteria.’” A complementary tool to study the reactivity of
FtsZ and polymer dynamics inside confined cell-like compartments is the water-in-oil
formation of microdroplets in microfluidic devices, resulting in droplets of sizes similar to
giant vesicles, but completely monodisperse and easily manipulated (for instance, to
change their geometry) inside microfluidic channels.*” Therefore, microdroplets would
allow us to probe and visualize how the complex process of FtsZ bundle formation from
GTP-driven polymerization of FtsZ is influenced by flow, crowding and confinement.

In this study we show how FtsZ polymerization in crowded droplets
coated with E. coli lipids leads to a dense fibrous network, the geometry of which depends
on droplet shape, concentration of FtsZ monomers, crowding agent, and flow conditions in

the microfluidic channels.

3.2 Results and discussions

3.2.1 Microdroplets in microfluidics
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Figure 3. 1 shows a schematic of the flow-focusing microfluidic device for droplet
production. Two streams of dispersed aqueous phases in working buffer and Ficoll 70 are
mixed in a 1:1 ratio prior to the droplet formation junction. One stream contains FtsZ at the
specified concentration; the other stream delivers GTP at a concentration of 6 mM. A well-
controlled crowded environment was induced by the addition of Ficoll 70, chosen because
of its inert nature.”” *' Addition of the crowder induces the arrangement of FtsZ polymers

into bundles,29 suitable for the observation of their organization via confocal microscopy.
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Figure 3. 1 (A) Schematic illustration of the microfluidic chip. Below, images showing typical
production and collection of droplets. (B) Geometries obtained with the microfluidic chip and,
below, corresponding fluorescence images of droplets containing FtsZ bundles. Scale bar = 20 pum.

In order to find the appropriate oil-surfactant combination to study our
system, we first investigated a range of lipids in bulk emulsions. The surfactants tested
were monoolein, asolectin and E. coli lipids. Monoolein is a lipid widely used for emulsion
stabilization due to its biocompatibility and multiple applications in the fields of drug
delivery, emulsion stabilization and protein crystallization.** Escherichia coli lipids are a
ternary mixture of the lipids naturally found in the membrane of the bacteria, and in the
same relative abundances, and it was chosen to better mimic the boundary that FtsZ founds
in the cell. Asolectin was chosen as an alternative lipid mixture, as the ability of the E. coli
lipids to stabilize microdroplets had not been tested before. Bulk emulsions were prepared
by gently pipetting up and down two immiscible solutions: an aqueous phase containing
0.5 g L-1 FtsZ, 100 g L-1 Ficoll, ImM GTP in working buffer and an oil phase composed
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of the specified lipids dissolved in oil. Using squalane as the continuous phase and
monoolein as the surfactant, at FtsZ and Ficoll 70 concentrations of 0.5 g L' and 100 g L',
we found no bundles distributed within the lumen, FtsZ appearing mainly at the oil-water
interphase (Figure 3. 2). However, with the same FtsZ and Ficoll 70 concentrations,

bundles were present when asolectin or E. coli lipids were used to stabilize the droplets.

Monoolein E. coli Lipids
. .

Asolectin

Figure 3. 2 FtsZ bundles were only observed with asolectin and E. coli lipids. With monoolein as a
surfactant, the high fluorescence intensity at the droplet surface shows that most of FtsZ is
adsorbed at the surface explaining the absence of FtsZ bundles in the droplet. Scale bar = 20 um.

Although asolectin successfully stabilized the water droplets, it proved
not suitable for the study of the FtsZ system, as protein was found in the oil phase, which
was much less pronounced in the case of E. coli lipids. Of the different oils investigated
(using E. coli lipids as surfactant), fluorinated oils proved unsuitable for bundle formation
as all FtsZ adhered to the interface, probably as a result of improper formation of the lipid
monolayer at the oil-water interface. Mineral oil, on the other hand, resulted in
homogeneous fibre networks in droplets and the lowest fluorescence intensity in oil phase
(Figure 3. 3). Although the resulting droplets lack the components and functionalities found
in the bacterial membrane, the lipid monolayer provides a more biologically relevant
alternative to the triblock copolymer surfactants typically used in droplet-based

microfluidics.*

Mineral oil HFE-7500

Figure 3. 3 Bulk emulsion of FtsZ bundles in different oil phases containing E. coli lipids (25 g LY.
Scale bar =20 pm
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In all microfluidics experiments, we used E. coli lipids (25 g L'l) in mineral oil as the
continuous phase. To minimize droplet coalescence, a delay channel was added between
the flow-focusing junction and the device reservoir (750 pm length), which allowed the
lipids to self-assemble at droplet interfaces.***

Automated syringe pumps controlled the flow rates inside the microfluidic device,
rendering uniform droplet production at a production frequency around 300 droplets/sec.
After droplet formation, the flow was stopped by cutting the inlet tubing allowing us to trap
droplets in the device reservoir for fluorescence image analysis (Figure 3. 1). Despite some
droplet coalescence due to our weak phospholipid surfactant, around 80% of the droplets
were monodisperse, which allowed us to get sufficient data for quantitative analysis. The
advantage of our technique is that we can induce polymerization and bundle formation of
the FtsZ unassembled species (monomers and small oligomers)*® on chip, confined in
droplets of different dimensionality. Figure 3. 4 is a schematic overview of our microchip
used for droplet production. The narrow channels in the reservoir (~ 20 um width and 800
pum long) were meant to study FtsZ behaviour in cylinder shape droplets but fast drying of
the droplets when trapped in the channels impaired analysis. Therefore, we focused only on
~20 pL spherical (~30 pm diameter) and disc-shaped droplets (~50 pm diameter) using two
devices of different height (28um and 10 pm), which allowed us to directly relate
differences in bundle distribution with the changes in dimensionality and crowder

concentrations.

Figure 3. 4 Schematic illustration of the microfluidic chip design

3.2.2 Dynamics of FtsZ bundles

As previously mentioned, FtsZ needs to bind to GTP to polymerize and form
protofilaments.” In the presence of crowder, these protofilaments rearrange to form
bundles. Because droplets are closed systems, the polymerisation will become depleted of
nucleotide, at which point the FtsZ bundles depolymerise back to the unassembled species.

Figure 3. 5 shows the emergence and disappearance of FtsZ bundles in
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microfluidically produced droplets containing concentrations of FtsZ, Ficoll 70 and GTP of
1 gL', 100 g L and 3 mM respectively. These results show that the formation of the
fibrous network is fully reversible, with complete depolymerisation of FtsZ bundles in both
spherical and disc-like droplets after approximately 40-50 min, in agreement with turbidity
measurements in solution.”” Interestingly, FtsZ bundle formation is delayed by 5-10 min, in
contrast to bulk solution experiments where bundles are formed instantaneously upon
mixing of FtsZ with GTP. These differences might arise from shear forces inside droplets
flowing through narrow channels, as well as generated between the different flows of the
oil and aqueous phases at the junction, which disrupt the arrangement of polymers into
bundles or increase the depolymerisation rates. This delay was not observed at higher
Ficoll concentrations, which could be explained by the fact that the higher viscosity of the
solutions dampens the shear forces, while at the same time favouring bundle formation
through crowding.” In all further experiments, droplets were imaged around 20-40 min

after formation and stopping flows.

5 min 15 min 30 min 40 min 50 min

aJayds
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Figure 3. 5 FtsZ bundle stability in time. FtsZ droplets were produced in microfluidics. The final
concentrations of FtsZ, Ficoll and GTP were 1 g L?, 100 g L" and 3 mM respectively. The droplets
with spherical shape were produced in devices with 28 um height and their diameters were around
30 um. The droplets with disc shape were produced in a device with 10 pm height and their
diameters were around 50 pm. In these conditions, spheres and discs have the same volume. In
both cases, it took around 40-50 min for the FtsZ bundles to disassemble. Scale bar = 20 pm.

Further confirmation of the dynamic nature of the FtsZ bundle network comes
from FRAP (fluorescence recovery after photobleaching) experiments. Erickson and co-
workers have shown that the FtsZ ring in E. coli is a highly dynamic structure where
interchange of subunits between the ring and the cytoplasm renders structures identical to
those observed before photobleaching.”” We performed FRAP experiments on FtsZ bundles
confined in droplets (Figure 3. 6). The graphs show the time-lapse fluorescence recovery of
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bleached FtsZ bundles (1g L™") confined in spherical droplets and disc-shaped droplets, at
two different crowder concentrations: 100g L™ and 150 g L™ Ficoll 70. An important initial
observation is that the bundle arrangement within the droplets before and after
photobleaching showed apparently identical structures and bundle organization, which
seems to indicate that although the system is dynamic (see below), the overall gel-like
structure is maintained for a determined composition and droplet geometry.

We determined the half time of recovery of a bleached region by fitting the corrected
fluorescence intensity to the equation given under Materials and methods. For a Ficoll 70
concentration of 100 g L™, the half time recovery was 25 s = 2s and 20 s =+ 2s in spherical
and disc-shape droplets, respectively. These results show that FtsZ bundles confined in
droplets are continuously exchanging subunits with free FtsZ in the solution.

The background fluorescence intensity in the droplets can mostly be attributed to FtsZ
protofilaments, whose size is below the microscope resolution,”® as the crowder
concentration is around the limit at which bundles form in solution” and in emulsion under
our experimental conditions (not shown), with a minor contribution of unpolymerised FtsZ

plus a minor fraction of free probe.*
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Figure 3. 6 FRAP on FtsZ bundles in spherical and disc-shaped droplets containing the same FtsZ

concentration (1 g L'l). The fluorescence intensity of the photobleached region was measured over
time in droplets containing (A) 100g L Ficoll and (B) 150g L™ Ficoll. (C) Time-lapse series of
fluorescence images showing the time course of recovery. The white arrow shows the bleached

region.
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FRAP experiments on bundles formed using 150 g L™ Ficoll 70 showed a slower exchange
of FtsZ monomers, with a half time of recovery of 38 s + 3s and 29 s + 2s in spherical and
disc-shaped droplets, respectively, although a certain effect on diffusion derived from the
increase in the viscosity of the solution by crowder addition cannot be discarded.*' The
background intensity is clearly lower when compared with measurements at 100 g L'
Ficoll 70, suggesting major arrangement of protofilaments into bundles, as this higher
concentration falls in the plateau of bundle formation in solution.*

The values of half-time recovery are close to the values found by Erickson and co-workers
for the Z ring in E. coli, around 30 s using the fusion protein FtsZ-GFP.”’ Our FRAP
experiments show, therefore, that the crowded environment in the droplets leads to FtsZ

bundles with similar exchange kinetics as those found in vivo.

3.2.3 Effect of crowder concentration on FtsZ bundle distribution

We first observed FtsZ bundles in ~20 pL spherical (~30 um diameter) and disc-shaped
droplets (~50pum diameter) for a fixed FtsZ concentration (1 g L") at Ficoll 70
concentrations ranging from 100 g L™ to 150 g L™ Figure 3. 7 A shows representative
confocal fluorescence microscopy images. For both droplet shapes, a high fluorescent
intensity can be seen at the oil-water interface, which indicates adsorption of FtsZ to the
lipid monolayer.

In the spherical droplets, FtsZ bundles formed a network centred in the droplet
with a lower bundle density in the vicinity of the oil-water interface; we call this region the
depletion zone. The width of this depletion zone is dependent on the Ficoll concentration
and reduced by around 40% when increasing Ficoll concentrations from 100 to 150 g L™
(from 4.6 ym + 0.2 pm to 2.9 um =+ 0.3 pm, Figure 3. 7 B). In disc-shaped droplets, the
arrangement of the FtsZ bundles is clearly different from that in the spherical droplets
under equivalent conditions. The bundle network is spread in most of the droplet lumen,
presenting a larger pore size of the network and a strongly reduced depletion zone which
shrinks only modestly upon increasing Ficoll concentration (from 2.8 pm + 0.2 um to
2.1pm + 0.3 pm, Figure 3. 7). It is worth to mention that the size of the bundles and their
distribution is similar, within our current experimental resolution, along the networks (that
is, no significant difference is observed between the bundles located in the centre and close

to the boundary).
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Figure 3. 7 Effect of crowder concentration on FtsZ bundles distribution in confined environment.
(A) Representative confocal images of spherical and disc-shaped droplets with the same FtsZ
concentration (1g L'l) and different Ficoll concentrations (100g Lt - 150g L'l). (B) Width of the
depletion zone versus Ficoll concentration. Error bars represent standard deviation of the mean.

3.2.4 Effect of FtsZ concentration on bundle distribution

Figure 3. 8 shows representative confocal fluorescence images on the dependence of the
depletion zone and bundles distribution as a function of FtsZ concentration. Ficoll 70
concentration was kept constant (100 g L™") while the FtsZ concentration increased from 1
gL' to 3 g L. In the spherical droplets, the depletion zone shrinks from 4.6 um = 0.2 pm
to 1.6 pm % 0.2 um for an FtsZ concentration of 1g L™ and 3 g L™ respectively (Figure 3. 8
B). The depletion zone in the disc-shaped droplet vanished with the increase of FtsZ
concentration. At 1 g L' FtsZ, the depletion zone is around 2.8 pm + 0.2 um, dropping to
1.3um + 0.3 pm at 2 g L FtsZ and disappearing at 3g L™ FtsZ (Figure 3. 8). The
background intensity in the disc-shaped droplets is significantly lower at all FtsZ
concentrations, indicating that most FtsZ protofilaments within these droplets (but not in
the spherical ones) are forming bundles. These results indicate that the shape of the

network confinement promotes self-organization of FtsZ polymers.
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Figure 3. 8 Effect of FtsZ concentration on bundles distribution in confined environment with the
same Ficoll concentration and (A) FtsZ concentration ranging from 1-3 g L* (B) Depletion zone

versus FtsZ concentration. Error bars represent standard deviation of the mean.

A similar trend was observed when studying the dependence of FtsZ bundles
distribution with a higher Ficoll 70 concentration (150 g L) and FtsZ concentrations
ranging from 1 — 2 g L™ (Figure 3. 9): the bundle density increased with the FtsZ
concentration, but the depletion zone stayed roughly constant for the spherical (2.8 pm +
0.1 pm) and for the disc-shaped droplets (2.3 £ 0.2 um). It seems that with a higher Ficoll
70 concentration, the FtsZ bundle structure is more rigid and independent of the FtsZ
concentration. Noteworthy, no arrangement of polymers into bundles was observed in the
absence of crowder even at FtsZ concentrations as high as 9 g L' (not shown), in contrast
with the self-organization observed in actin filaments, enhanced in cell-sized

confinement,"> and microtubules.*

A A
B
4
28 um ht
£28- = #10pm ht
2 539 : : -
= . ) ! ]
- b L
K] Q2 1 B
-— c
] 5
€ s
i £
5 3
10 = 0
0.50 1.50 2550
FtsZ concentration (g/L)

FtsZ con]céntration (g/L) 2
Figure 3. 9 Arrangement of FtsZ bundles in droplets containing 150 g/L Ficoll and (A) FtsZ

concentration from 1 to 2 g/L (B) Depletion zone versus FtsZ concentration.
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In order to gain more insight into the mechanism by which the depletion zone
forms, we studied the network of FtsZ bundles in droplets, before and after passing through
narrow channels (~20 pum width and 800 pm long) located in the reservoir of the
microfluidic device. A schematic drawing of the chip design is shown in Figure 3. 10 and
Figure 3. 4. fluorescence images of spherical and disc-shaped droplets, taken at different
locations of the device are represented in Figure 3. 10. The FtsZ bundle network deforms
when passing through the channel in both droplet shapes, but in different ways. In the case
of spherical droplets, the network is pushed back to the rear end of the droplet, reminiscent
of the deformation of fibrin networks in moving droplets reported by Pfohl and co-
workers.” Interestingly, this compressed network relaxes back to the initial arrangement
after passing the channels. In contrast, in disc-shaped droplets, the network is permanently
deformed and the FtsZ bundles are clearly aligned with the direction of the flow.
Importantly, these effects are only seen with Ficoll concentrations of 100 g L', and at
higher Ficoll 70 concentrations (125-150 g L), the presumably more robust network looks

similar before and after the narrow channels.
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Figure 3. 10 Arrangement of FtsZ bundles in droplets when forced to pass through narrow
channels. For a final Ficoll and FtsZ concentrations of 100 g L" and 1 g L7 respectively, images of
spherical and disc-shaped droplets were taken before, in and after narrow channels. The channels
width is ~ 20um and the length is ~ 800um. Scale bar = 30um
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3.2.5 Discussion

Using microdroplets in microfluidics we have investigated the structural, spatial and
dynamic organization of FtsZ polymer bundles and how these properties are influenced by
the composition and the geometry of these confined cell-like compartments. In all droplets,
we observe high fluorescence intensity at the oil-water interface and it is likely that as soon
as the droplets are formed, the unassembled FtsZ or/and FtsZ protofilaments adsorb to the
droplet surface, while in the interior of the droplets filaments aggregate into the bundles
making up the observed network. However, the formation of the depletion zone is not
obvious, and a number of hypotheses can be proposed to explain it.

Negishi et al. described a mechanism based on geometric and entropic arguments:
stiff fibres are excluded from the interfacial area where their rotational entropy is reduced.
! The FtsZ protofilaments under low KCI concentration have rather small persistence
lengths (= 55 nm) and contour lengths (= 196 nm),>* which are much smaller than the size
of the observed depletion zone. The exclusion effect, however, might be determining the
distribution of the stiffer FtsZ bundles, although entropic forces would be expected to lead
to aligned bundles.

Another possible mechanism would be related with the spontaneous demixing of
filament-forming proteins (microtubules or actin) and globular proteins under physiological

53, 54 . .
> >" observed in crowded solutions of

15, 56, 57

conditions described by Herzfeld and co-workers,

13,55 and tubulin® in the

actin bundles. In contrast to the bundle formation of actin
absence of crowders, FtsZ protofilaments do not arrange into bundles in the absence of
crowders under close to physiological buffer conditions, even at very high FtsZ
concentrations. The narrow distribution of FtsZ filaments might lower the driving force for
bundling,”® > but we do not observe the alignment of the bundles which would be expected
upon demixing the rods from the globular proteins. A strong argument in favour of a
demixing process is the dependence of the depletion zone on droplet shape. Upon
demixing, the ‘dilute’ phase will form a thinner layer in the case of disc-shaped droplets
with their larger surface-to-volume ratio compared to spherical droplets. Simple
geometrical arguments would give an ~ 3 um depletion zone for disc-shaped droplets when
there is an~ 5 um depletion zone in spherical droplets, which is in line with experimental
results.

However, alternative explanations could be presented. The combination of
adsorption to the interface and bundle formation in the interior of the droplet could lead to

a local FtsZ concentration that falls below the critical concentration required for the bundle
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formation. As a consequence, a region close to the droplet surface is depleted from bundles
as shown in Figure 3. 7 and Figure 3. 8.

Although working in a completely different field, Whitesides and co-workers have
shown the occurrence of such a phenomenon in selective crystal nucleation on patterned
self-assembled monolayers.” The decreasing trend in the depletion zone thickness with
increasing FtsZ concentration in the case of spherical droplets (3D, Figure 3. 8) supports
this mechanism. Accordingly, the non-spherically shaped droplets, with their higher
surface-to-volume ratio, should have a smaller depletion zone for a fixed FtsZ
concentration with respect to their spherical counterparts, as is actually the case as shown
in Figure 3. 8.

Finally, we cannot completely discard some effects of the recirculation flows
around the droplet pushing the FtsZ network away from the interface, as deformation of the
FtsZ network in the narrow channels (Figure 3. 10) shows that shear forces can influence
the distribution of the fibres. However, as disc-shaped droplets have larger contact areas
with the channel walls, fluid flows inside disc-shaped droplets would be expected to be
larger, which does not support the observation that the depletion zone in these droplets is
typically smaller. Moreover, variation of the width of the depletion zone with Ficoll and
FtsZ concentrations showed that dimensions are stable with time, apparently depending

only on the specific composition and geometry of the container.

3.3 Conclusions

The microfluidic based technology developed here, has allowed the reconstitution of
dynamic systems inside lipid containers, and enabled the characterization of the modulation
of the spatial organization of the FtsZ network under determined geometry constraints. We
believe that self-organization of FtsZ bundles might be determined by specific properties
inherent to the system and the geometry of the droplet, conferring specific boundary
conditions. A number of observations can be drawn on the polymerization of FtsZ into
fibrous networks in droplets: 1) bundle formation is delayed in droplets in microfluidic
devices at the lowest Ficoll concentration, 2) the polymerization is reversible, and there is
exchange of FtsZ monomers with the bundles, yet the gel or network as a whole does not
change after formation, and 3) a depletion zone appears near the oil-water interface, where

at the lowest Ficoll and FtsZ concentrations very few bundles are seen; this effect is much
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more pronounced in spherical than in quasi-2D droplets. This microfluidic platform
constitutes a very powerful tool to test the properties of FtsZ in the presence of companion
cell division elements and site-selection systems which will help to complete our
understanding of the precise functional role of FtsZ in cell division.

3.4 Experimental section

Materials
Guanine nucleotides were from Jena, Ficoll 70 and other analytical grade chemicals were

from Sigma. In all experiments, final GTP concentration was 3 mM. Polar extract
phospholipids from E. coli (67 % phosphatidylethanolamine, 23 % phosphatidylglycerol
and 10 % cardiolipin; Avanti Polar Lipids, Alabama, USA) and soybean asolectin
(phosphatidylcholine, lecithin, cephalin and phosphatidylinositol in around the same
amount; Sigma) were stored in chloroform:methanol 1:2 (v/v). Just before use, a
determined amount was dried under nitrogen flow, kept under vacuum for at least two
hours and resuspended in mineral oil by sonication in a thermostated bath at 37 °C for 30
min, to get a final concentration of 25 g L™

Protein purification and labelling

FtsZ was purified by the calcium precipitation method as described,” dialyzed against the
working buffer (50 mM Tris-HCI, pH 7.5, 500 mM KCIl, 5 mM MgCl,), and aliquots were
stored at -80 °C until used. The protein was covalently labelled in the amine groups with
Alexa-488 carboxylic acid succinimidyl ester dye (Molecular Probes, Invitrogen), under
conditions to ensure minimal interference of the dye with FtsZ assembly, as in,” with some
modifications. FtsZ polymers were labelled with Alexa-488 dye (four-fold molar excess
regarding FtsZ monomers) and separated from the residual unpolymerized protein and most
of the free dye.* The labelled protein was stored frozen at -80 °C in 50 mM Tris-HCI, pH
7.5, 500 mM KCI, 5 mM MgCl,, 10% glycerol buffer. The ratio of labelling, estimated
from the molar absorption coefficients of the dye and the protein, was 0.3-0.5. In all the

experiments, labelled protein was 1% of total FtsZ concentration.
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Microfluidic chip design and fabrication

The first step in any microfabrication protocol is the virtual design of the desired device
using computer assisted design (CAD) programs, such as AutoCad (Autodesk Inc.). A high
resolution image of the design is then printed on a transparency which will serve as a
photomask in contact photolithography to produce a negative relief in photoresist on a glass
substrate. The main steps in devices fabrication by photolithography is represented in
Figure 3. 1.A. SU-8 negative photoresist (Micro Resist Technology GmbH, Germany) was
used for fabrication purposes. The device fabrication started with creating a design in an
AutoCAD program. A high resolution commercial image setter then printed this design on
a transparency (JD Photo tools, UK). This transparency served as the photomask in contact
photolithography to produce a negative relief in photoresist on a glass substrate. SU§-2025
photoresist is spin coated on a round Silicon wafer with 50 mm diameter (Si-Mat silicon
materials, Germany). Spin coating parameters were optimized to achieve the desired film
thickness. Subsequently, the sample was soft baked for 1 min at 65°C, 3 min at 95°C and 1
min at 65°C in order to evaporate the solvent and densify the film. Then, the samples were
exposed to UV light (A = 365 nm) in the mask aligner (Karl Suss MJB 3 UV 300/400) for
28 seconds through the photomask.

SU-8 feature

) spin photoresist l’ .
5U-8 photoresist
E =
[ — — E—
Align photomask
Expose to UV light
$ $ b4 Curing
Photomask Peel-off
l, Develop photoresist i, Plasma bonding

ﬁ Sl % s

Figure 3. 11 Microfluidic chip fabrication by photolithography. A, spin-coat SU-8 2000 photoresist

on a silicon wafer; B soft-bake on a hot plate to evaporate the solvent and harden the photoresist.

After exposure, the sample was post-baked for a time which depended on the thickness of
the photoresist (1 min at 65°C, 2 min at 95°C and 1 min at 65°C). The samples were rinsed
with developer solution (mr-Dev600, Micro Resist Technology GmbH, Germany) to
remove the non-crosslinked regions. Thus the fabrication of the SU-8 mask was
accomplished on a silicon wafer which resulted in 28 micron height channels. In order to
achieve 10 micron height channels, SUS-2007 photo resist was used with an exposure time
of 20 seconds. This master is used as a mold for soft-lithographic technique to have PDMS
channels (Figure 3. 11.B). In the next step of device fabrication, PDMS base Sylgard™
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184 and curing agent (Dow Corning GmbH, Germany) were mixed in a ratio of 10:1 w/w,
degassed and decanted onto the SU-8 master. Once mixed, poured over the master and
heated to elevated temperatures, the liquid mixture becomes a solid, cross-linked elastomer
in a few hours via the hydrosilylation reaction between vinyl (SiCH=CH;) groups and
hydrosilane (SiH) groups. After thermal curing for 2-3 hours in an oven at 65 °C, PDMS
facilitates easy peeling from the SU-8 master. In order to use these PDMS structures as
microfluidic devices, inlet holes were punched and the channels were sealed by a glass
slide. Surface activation by oxygen plasma (Diener electronic GmbH, Germany) was used
for PDMS-glass bonding. To improve wetting by the continuous phase, devices were
coated with a hydrophobic layer by flushing with Aquapel (Pittsburgh Glass Works, LLC)
in the channels and allowing it to dry overnight at 65 °C.

Fluorescence microscopy

Samples were observed with a spinning disk confocal microscope (CSU-X1, Yokogawa
Electric Corp.) on an Olympus inverted microscope (IX81). Alexa-488 was excited with
488 nm laser light (A.,= 525 nm) and images were recorded with a temperature controlled
EM-CCD camera (iXon3, Andor) using an exposure time of 0.8-1 s and a piezo-driven
100x (1.3 NA) oil immersion objective. All observations were conducted at room

temperature.

Data analysis

- Droplet volume

The spherical and disc-shaped droplets (Figure 1) were produced such as their volume is
the same (~20 pL). The formula used to calculate the diameter, D, rendering a volume
equivalent to the sphere in the disc-shaped droplet is: (n/12) x [2D3— (D—h)2 (2D+h)], where
h is the height of the channels. The typical flow rates to obtain spheres with a diameter
close to 32 um are 160 uL h™' for the oil phase, 20 pL h™ for the aqueous phases. To obtain
disc-shaped droplets of ~ 50 um diameter, the typical flows were 45 pL h™ and 20 uL h™'
for the oil and aqueous phases respectively.

- Depletion zone

For all experimental conditions, 3-5 representative droplets were selected for the
calculation of the depletion zone. Image J (National Institutes of Health, USA) was used
for data analysis. Using the oval tool of the software, a first circle was drawn around the
core of the droplet (showing the highest FtsZ bundle density), and a second circle was
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drawn around the whole droplet. Then, drawing a line through the section defined by both

circles, we can have access to the depletion zone depicted in Fig. 3B.

FRAP experiment

The same procedure as reported in reference’” was followed. Photobleaching was achieved
by 3 laser pulses of 25 ps at 50% laser power. Time series after bleaching were taken over
1-3 min with exposures every second. Measurement of integrated intensity in the bleached
regions at each time point were made in Image J and exported for data analysis to Excel
2007. For each bleached region, the background intensity was corrected for overall
photobleaching of the sample during observation (determined from the intensity of another
region of the same droplet over time). Calculation of the half time fluorescence recovery
was performed by least-square fitting of the exponential equation F,, - F(t) = [F,, - F] ™,
where F,, is the fluorescence of the bleached region after maximal recovery, F(t) is the
fluorescence at time t, Fy is the initial fluorescence just after bleaching (t=0), and k is the
rate constant, allowing F.,, Fy and the half-time (t;, = In 2/k), to vary. Results correspond to

the average of 2-7 measurements.
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Chapter 4

Reconstitution of the divisome system in E.

coli: from droplets to liposomes




4.1 Introduction

The cell division in E. coli involves complex mechanisms, leading to the formation of two
identical cells.' Cytokinesis is initiated by the formation of a ring at mid-cell by, among
others, the essential GTPase protein FtsZ (a tubulin homologue), which is called the Z ring
and which can generate constrictive forces. More than 20 proteins are involved in the
bacterial cell division and together constitute the divisome, localized at mid-cell and
interacting with each other.” Among the essential proteins of the divisome, FtsZ, FtsA and
ZipA proteins have been described to form the initial proto-ring complex directing the
formation of the Z ring at mid-cell.’ FtsA is an amphitropic protein that belongs to the actin
family and ZipA is a membrane protein, which are both able to interact with FtsZ. It is
thought that the Z ring localisation at mid-cell is achieved by the Min system and the
nucleoid occlusion. The Min system is composed of three proteins MinC, MinD, and MinE,
that generates a dynamic oscillation of FtsZ protein inhibition between the two bacterial
poles with a higher concentration at the poles compared to that in the mid-cell. In these
conditions, the formation of the Z ring is only possible at mid-cell generating identical
daughter cells.* > The nucleoid-associated protein SImA binds to specific DNA sequences
of the bacterial chromosome and stimulates the disassembly of FtsZ filaments in the
vicinity of the nucleoid.’®

Details on how the essential proteins of the divisome system function and interact
with each other are not fully understood. FtsZ is a protein of around 45 kDa that assembles
into single-stranded filaments using GTP to couple FtsZ monomers head to tail, similar to
those in microtubules. FtsZ filaments in vitro are one subunit thick and, depending on the
solution conditions, up to 200 nm long (50 subunits), which can associate further through
lateral interactions into bundles under crowded conditions.”” The question of how FtsZ
filaments are attached to the bacteria inner membrane was first answered by Lutkenhaus
and co-workers.'’ The authors showed that either ZipA or FtsA supports the formation and
stabilization of Z rings, tethering FtsZ to the bacterium lipid bilayer but Z rings were
unable to assemble in the absence of both. It was hypothesised that FtsZ, constituting the Z
ring, is able to generate constrictive forces all by itself.'" The change in conformation of
FtsZ filaments primarily attached to the membrane from straight to curved conformation
might produce the force to generate constriction. This hypothesis was confirmed when the
Z ring was reconstituted in vitro using liposomes.'> An FtsZ fusion protein, able to tether
itself to the membrane though an amphipathic helix onto the C-terminal, has been
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described to assemble into multiple Z rings inside tubular multilamellar liposomes in the
absence of FtsA or ZipA. The Z rings coincided with visible constriction on the liposomes
walls showing that FtsZ can form a ring and generate constrictions without the help of any
other proteins. When the same FtsZ fusion protein was added to the outside of liposomes, a
deformation was observed producing concave depressions and membrane tubules.”’ In a
recent study, FtsZ and a soluble form of ZipA with its transmembrane domain substituted
by a histidine tag (sZipA), induced the shrinkage of giant unilamellar vesicles.'"* The
vesicles were prepared using the droplet transfer method with EPC lipids (egg
phosphatidylcholine) containing 10 % of DOGS-NTA-Ni to anchor sZipA to the inner
membrane. The pore-forming protein a-haemolysin was added after vesicle formation to
trigger FtsZ polymerization by addition of GTP, resulting in vesicle shrinkage in a
concentration ratio of FtsZ/sZipA at least lower than two. Two models were proposed to
describe the arrangement of FtsZ into the Z ring: the patchy band model for overlapping
short filaments with weak interactions and the lateral interaction model for one or few long

filaments with strong interactions.'> '°

The patchy band model was recently supported
using photoactivated localization microscopy (PALM) to investigate the nanoscale
organization of FtsZ in live Caulobacter crescentus."’

We are interested in the interactions between FtsZ and FtsA or ZipA, the proto-
ring elements in confined and crowded environment. The size and nature of the cell-like
container is a critical parameter that should be taken into account. Even if Z rings were
reconstituted in liposomes by Osawa and co-workers,'”” no cases of constriction had
proceeded all the way to liposome division, probably due to the rigidity of the membrane of
the multilamellar liposomes. Also, those constrictions were only observed in tubular
liposome with a diameter below 5 um, which shows the importance of the container
geometry. Microdroplets are easy to produce in microfluidics and their size and shape can
be tuned by the flow rates and the chip design. First, using droplet microfluidics, we
studied the influence of FtsA or ZipA on the arrangement and organization of FtsZ bundles
in lipid coated droplets. Then, combining microfluidics and the droplets transfer method,
we worked on the production of giant unilamellar vesicles (GUV) encapsulating FtsZ and
ZipA anchored to the membrane. The added value of this method compared to those to
produce GUV'® is the fact that we can produce monodisperse droplets and thereafter
vesicles having the same size and composition, allowing for quantitative and statistical
measurements. The main questions we want to address are: what is the distribution of the

proteins depending on the interaction with their partners? What is the effect on the lipid
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membrane derived from the interaction between the proto-ring elements? What is the
stability of FtsZ bundles in time in the presence/absence of their partners? What is the
effect of the cell-like container (sphere, disc, cylinder) on the stability and arrangement of
FtsZ?

4.2 Results and discussion

4.2.1 Emulsion droplets containing proteins of the divisome

Droplets of water in oil (W/O) coated with phospholipids are suitable models to mimic
living cells as the arrangement of the lipids with the hydrophilic part oriented towards the
inner water phase can be assumed to be very similar to the lipid content in the bacterial
membrane.'’?! Compared to liposomes, microdroplets in oil are easy to prepare and less
sensitive to osmotic or mechanical stress, making possible the encapsulation of biological
molecules without being denatured. We therefore used this cell-like container to
encapsulate and study the components of the divisome system in E. coli.

4.2.1.1 FtsZ and FtsA in lipid coated droplets
FtsA is an amphitropic protein of the actin family that interacts with FtsZ via a domain
located on the opposite side with respect to the C-terminal domain, the latter being an
amphipathic helix which can associate to the cytoplasmic membrane.”” > In this work, the
FtsA used has a His-tag at the N-terminal domain.

First, bulk emulsions of water droplet in oil containing FtsZ and FtsA were
produced by gently pipetting up and down the aqueous protein solution with the immiscible
mineral oil solution containing 25 g/L of E. coli lipids (67 % phosphatidylethanolamine, 23
% phosphatidylglycerol and 10 % cardiolipin). A well-controlled crowded environment
was induced by the addition of the inert polymer ficoll 70, which forces the arrangement
of FtsZ polymers into bundles suitable for the observation of their organization via
fluorescence microscopy.” Figure 4. 1 shows representative confocal fluorescence
microscopy images of droplet containing 2.5 uM FtsA labelled with Alexa 647 (red) in the
absence and presence of 12 uM FtsZ labelled with Alexa 488 (green) in working buffer
with 120 g/L Ficoll and 3 mM GTP. In all fluorescent images, a high fluorescent intensity
can be seen at the oil/water interface, which indicates adsorption of proteins to the lipid
monolayer. When only FtsA was present in the droplet, the protein was mainly located at
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the interface as shown by the relative fluorescent intensity profile, with higher intensities at
the droplet interface compare to that of the droplet lumen. However, when both FtsA and
FtsZ were present in the droplet, FtsA was still present at the interface but also colocalized
with FtsZ bundles in the droplet lumen. The respective fluorescent intensity profiles

demonstrate that FtsA was not only present at the droplet interface when FtsZ was present.
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Figure 4. 1 Fluorescent images of bulk emulsion containing FtsA (red) alone or FtsZ (green) and FtsA
(red), in the presence of ficoll 70 and GTP in working buffer (left). Respective fluorescent intensity
profiles of FtsA at a white dotted line in the center of droplets (right). In the presence of FtsZ, FtsA
was dislodging from the droplet interface and colocalized with FtsZ bundles in the lumen of the
droplet.

Using microdroplet in microfluidics (as in chapter 3), the same experiment was
performed in monodisperse droplets. The microfluidics device had 3 inlets and a large
reservoir where droplets can be stored and imaged in time (Figure 4. 2, left). One stream
contains FtsZ and FtsA at 24 pM and 5 uM, respectively in the presence of 120 g/L ficoll
70 and working buffer, the other stream delivers GTP at a concentration of 6 mM. Both
streams were mixed in a 1:1 ratio prior to the droplet formation junction where it joined the
oil containing lipids. Figure 4. 2 (right) shows representative fluorescent images of droplets
containing FtsZ and FtsA at final concentrations of 12 uM and 2.5 pM, respectively. In the
top two images, the same droplet is shown with FtsZ having the green label and FtsA the
red one. In the bottom two images, the proteins have the opposite labels. As previously
observed in bulk experiment, FtsA is dislodged from the droplet interface in the presence of
FtsZ. It seems that when using FtsA with a green label, the colocalization with FtsZ
bundles is more pronounced but since the images are taken in the mid plane, bundle
distribution might be different. In a similar study, using giant unilamellar vesicles instead
of droplets, FtsA had the same behaviour in the presence of FtsZ dislodging from the inner

face of the vesicle membrane to colocalize with FtsZ polymers.” These observations show
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that FtsZ, in a polymerized form, can modulate and have an influence on the FtsA

membrane interactions.
[FtsZ]= 12 uM

[FtsA]=2.5uM

Figure 4. 2 Microdroplets production in microfluidics (left) containing 12 uM FtsZ and 2.5 pM FtsA
with different labels (right). A and B represent a droplet containing FtsZ with Alexa-488 label and
FtsA with Alexa-647 label. C and D contain the same proteins with opposite labels.

4.2.1.2 FtsZ and sZipA in lipid coated droplets
ZipA is a membrane protein present at the E. coli inner membrane which C-terminal
globular domain binds the C-terminal alpha-helix of FtsZ.** We used a soluble mutant of
ZipA (sZipA, lacking the transmembrane region and having a histidine tag instead), that
presents the same binding affinity for FtsZ.*”*® The attachment of sZipA via its His-tag has
been conducted by adding 10% DOGS-NTA-Ni to the E. coli lipids (25 g/L). This amount,
in excess regarding the protein concentration employed, sufficed to attach sZipA at low
concentrations and ensured results will be comparable in terms of surface composition in
the event that higher content of sZipA were required.

First, we produced bulk emulsions in order to find the right conditions to observe
changes in FtsZ bundle organization, with protein concentrations close to those used by
Cabre and co-workers.'* The authors demonstrated that sZipA had a great effect on FtsZ
giant unilamellar vesicles containing FtsZ bundles, leading to shrinkage of the vesicle
presumably due to interaction between the two proteins. The effect exerted in the
membrane by the pulling action of FtsZ bundles through their interaction with sZipA was
demonstrated by the use of the inhibitor peptide, which inhibits interactions between both
proteins.

Similar to the experiment in the previous section with FtsA, we needed to verify
the attachment of sZipA in the presence of 10 mol % DOGS-NTA mixed with E. coli lipids
in mineral oil (Figure 4. 3). With 2 uM sZipA the attachment of the protein to the droplet
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interface is more important than that with 10 uM sZipA, as shown by the relative
fluorescent intensity. Inside the droplets, the mean intensity went from around 20 to 60 a.u
with 2 uM and 10 uM, respectively. The results show that the attachment of sZipA at the
droplet interface is efficient as the increase of relative fluorescent intensity is proportional
to the sZipA concentration. At every sZipA concentration, DOGS-NTA lipids are in large
excess and most of sZipA should be attached to the interface. As vesicle shrinkage was
observed with concentration above 5 uM sZipA and 12 uM FtsZ,'* we decided to continue
with 10 uM sZipA.
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Figure 4. 3 Representative confocal images of droplets containing A. 2 pM B. 4uM or C.10 uM sZipA
with 10% DOGS-NTA. Below, the respective fluorescent intensity profiles of sZipA at a white dotted
line in the center of droplets showed that the over 2 uM, sZipA is also present in the lumen.

Figure 4. 4 shows representative fluorescent images of droplets containing 10 uM
sZipA in working buffer with or without 10 % DOGS-NTA in the E. coli lipids, alone or in
the presence of FtsZ bundles. We used a GTP regenerating system (RS) in order to follow
bundle arrangement and eventual interactions between the two proteins. It is composed of
acetate kinase and acetyl phosphate at final concentrations of 2 uw/mL and 15 mM,
respectively, which allowed the regeneration of GTP to obtain stable bundle for around
2h.* When no RS was used, FtsZ bundles started to disassemble after 40 min (Chapter 3-
Figure 3.5). Without DOGS-NTA and in the absence of FtsZ, sZipA was evenly distributed
at the interface and in the droplet lumen. When FtsZ was present, sZipA colocalized with
FtsZ bundles in the droplets, indicating soluble ZipA was interacting with FtsZ as expected.
With DOGS-NTA, sZipA is mainly at the droplet interface either in the absence or
presence of FtsZ bundles and no major changes are visible in FtsZ bundles arrangement in
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time, meaning no interactions were observed between the two proteins other than at the
lipid interface. It could be that at the concentration tested, the effect in bundle distribution
and/or in the lipid monolayer cannot be observed and we decided to further optimize our

system to determine the proper conditions by changing some parameters.

[sZipA]= 10 pm [FtsZ]=12 um ; [sZipAl= 10 pm

Without DOGS-NTA

With DOGS-NTA

Figure 4. 4 Bulk emulsion containing 10 uM ZipA alone in the droplet (left) or 12 uM FtsZ (green)
and 10 uM ZipA (red) in the same droplet (right), with or without 10 mol % DOGS-NTA in the E. coli
lipid solution. With DOGS-NTA, sZipA is mainly at the droplet interface, while colocalizing with FtsZ
when DOGS-NTA was absent.

The first parameter we changed was the protein concentration combinations. Bulk
emulsions were produced with 10 mol% DOGS-NTA mixed with E. coli lipids in mineral
oil. For the same sZipA concentration at 4 pM or 10 uM, FtsZ was present in the droplet at
concentrations of 12 uM or 24 uM (Figure 4. 5). At a low sZipA concentration of 4 uM, the
protein is mainly located at the droplet interface, independently from the FtsZ
concentration. When the sZipA concentration is increased to 10 pM, a strong fluorescent
intensity can be observed in the lumen of the droplet, probably due to an excess of protein
compared to free NTA groups attached in the inner face of the droplet. Since both FtsZ and
sZipA are spontaneously adsorbing to the droplet interface during droplet formation, the
presence of FtsZ could block the NTA groups that might no longer be available for the
attachment of sZipA. A careful examination of the droplet in time in those different
conditions did not show any noticeable changes in FtsZ or sZipA arrangement and
organization. Moreover, the depletion zone observed in FtsZ confocal images,”® where no
bundles are present between the droplet interface and the FtsZ network might make the
interaction between FtsZ and sZipA at the interface difficult.
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[FtsZ]

=12pum [FtsZ]= 24 pm
[SZipA]“m.. ..
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30 um

Figure 4. 5 Bulk emulsions containing different concentration combinations of FtsZ (green) and ZipA

(red) present in the same droplet. Observation in time did not reveal any changes in the FtsZ bundle
arrangement implying that the interaction between the two proteins is weak or inexistent.

The second parameter we modified was the droplet shape in order to reduce the
depletion zone. Using the same device as described in section 4.2.1.1 but containing narrow
channels in the device reservoir, we were able to trap and follow in time plug shaped
droplets. E. coli lipids (25 g/L) in mineral oil were mixed with 10 mol% DOGS-NTA and
the FtsZ and sZipA concentrations were 24 uM and 4uM, respectively. A higher FtsZ
concentration was used to obtain a denser and more spread network, presenting a smaller
depletion zone. Figure 4. 6 shows representative images of plug shaped droplets of
different size, trapped in narrow channels of 15 pm width and 30 pm height. Two plug
shaped populations were selected according to their different length of around 50 um (plug
1) and 30 um (plug 2). The longer plugs corresponded to droplet fusion occurring before
the narrow channels. In both cases, the concentration of proteins inside the droplets is the
same but the volume is different. Imaging the two droplet populations in time and after 80
min we did not see any deformation of the droplet membrane or any changes in the

arrangement of FtsZ bundles.
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Figure 4. 6 Confocal images of plug shaped droplets containing 24 uM FtsZ (green) and 4 pM sZipA
(red). Plug 1 corresponds to fused droplets having twice the volume of plug 2. The depletion zone
seemed smaller but there was no effect on the droplet membrane or FtsZ bundle arrangement in
time.

The last parameter we investigated was the number of NTA groups present at the
droplet inner face. Considering a droplet of 30 pm in diameter, presenting at its interface
10 mol% DOGS-NTA lipids mixed with E. coli lipids then the number of mole of NTA
would be 6.6 10'°. Now, if the sZipA concentration encapsulated in the same size droplet
is around 4 pM, its number of moles would be 5.65 10" which is around one order of
magnitude lower than the NTA groups at the interface. In other words, in these conditions
there is a large excess of NTA groups compared to that of sZipA. However, since FtsZ is
also going to the droplet interface this could reduce the number of NTA groups available
for sZipA and therefore we decided to increase the percentage of DOGS-NTA from 10
mol% to 30 mol%. Figure 4. 7 shows representative fluorescent images of droplets
containing sZipA (4uM) alone or in the presence of FtsZ (24 uM) with different DOGS-
NTA mol% at the droplet interface. When only sZipA is present in the droplet, no
significant changes of fluorescent intensity in the droplet lumen was observed from 10
mol% to 50 mol% DOGS-NTA, indicating that NTA groups were indeed already in excess
at 10 mol%. When both sZipA and FtsZ are present in the droplet, no major differences in
the arrangement of FtsZ bundles and droplet interface was observed.

80



[sZipAl=4 pM [FtsZ]= 24 pM ; [sZipA]l=4 pM
10 % DOGS-NTA

o . .

Figure 4. 7 Confocal images of bulk emulsions containing 4 UM sZipA alone in a droplet (left) or 24
UM FtsZ (green) and 4 pM sZipA (red) in the same droplet (right), with 10 % or 50 mol % DOGS-NTA
in the E. coli lipid solution. No major differences were observed due to the increase of possible

attachment to the droplet interface.

From all the parameters we investigated, we came to the conclusion that although
allowing the encapsulation of native protein retaining their ability to interact with each
other, droplets were not an adequate platform for the study of possible effect in the lipid
membrane. Several factors can justify this result; first the dynamic properties of a
monolayer can be quite different from those of a bilayer. Also, the high surface tension and
the low flexibility induced in aqueous droplets by the external oil phase could be
hampering the observation of any possible effect. We therefore decided to proceed with our

study using liposomes as a cell-like container.

4.2.2 Liposomes formation for divisome encapsulation

A liposome is a spherical vesicle that consists of a lipid bilayer that is artificially made. The
lipids can be artificial of natural amphiphilic lipids (predominantly phospholipids), which
form a bilayer similar to those found in bio-membranes. Liposomes are often classified by
the number of lamellae and their size. Small unilamellar vesicles (SUV) and large
unilamellar vesicles (LUV) with diameters ranging from 20 to about 100 nm can be used as
a drug delivery sys‘[em,31 whereas giant unilamellar vesicles (GUV, diameter above 1 um)

are often used as a cell like model.** 33

Multilamellar vesicles (MLV) have a diameter
above 500 nm and multivesicular vesicles (MVV) which contain vesicles in a large vesicle

are above 1 um in diameter.

81



The appropriate type of liposome for our study would be the GUV, which can
have a suitable size for microscopy visualization. There are a large variety of methods for
the formation of GUV'® such as the phospholipids film hydration or electroformation
method, which yields polydisperse vesicles with no control over the content and the
membrane composition. Compared to bulk experiments, microfluidics offers the possibility
to have a total control over the size, composition and shape. Some existing methods use
microfluidics as a tool for GUV formation like the double emulsion W/O/W where the oil
phase is a volatile solvent.** The drawbacks of this method are that the device fabrication
and the complete removal of the solvent by evaporation might not be easy. Below are
described two methods of vesicle production we selected for our system, one on chip and
another one combining on and off chip approaches.

4.2.2.1 Liposomes production in chip
An elegant method to produce liposomes in microfluidics was described by Paegel and co-
workers.” The technique is based on a layer-by-layer phospholipid membrane assembly on
droplets in microfluidics. The microfluidic device contained a droplet production part
(water in oil) followed by a long delay line channel allowing the lipids to equilibrate at the
droplet interface and then a reservoir part containing cup arrays in order to trap the
droplets. Subsequently, the oil phase was flushed out by the buffer solution yielding
unilamellar liposomes. As this seemed a very easy method for liposome formation, we
decided to use it for our system.

First, we tried a similar chip with the production, delay line and traps in the same
microfluidic device. With three inlets, we were able to separate the FtsZ flow from the GTP
flow (both in working buffer in the presence of 150 g/L ficoll 70) before droplet production
when meeting the oil flow composed of E. coli lipids in mineral oil. In that way, FtsZ
polymerization into bundles is happening in-line, only when the droplet is formed. After
the droplet production part (30 um) a short delay line followed, ending in a lager reservoir
containing around a hundred traps. Since it usually takes around 5 min before the flows are
stabilized and the droplets are monodisperse, we used inverted traps in order to only trap
monodisperse droplets flushing with the oil flow from the outlet of the device (Figure 4. 8).
Once the droplet production was stabilized, the flow was stopped by cutting the inlet
tubing, which led to uncontrolled droplet fusion (Figure 4. 8 B). Then, the oil tubing was

connected to the outlet to flow the droplet into the cup arrays and get trapped. However, as
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Reconstitution of the divisome system in E. coli: from droplet to liposome

show in Figure 4. 8 C, since a lot of droplets fused and contained FtsZ bundles, this led to
clogging of the production part making it impossible to trap the droplets.

A. Droplet production C. Clogged production part

Figure 4. 8 Liposome formation in chip. A. Droplet production with droplet fusing in the reservoir.
B. When the flow is stopped, droplet fusion is more pronounced. C. Trapping of the droplets was not
possible and led to the clogging of the production channels.

Secondly, we tried to use two different devices to separate the droplet production
part from the droplet trap part in order to have a better control on the droplet production
and avoid the clogging of the device. As previously, the droplet production device also
contained three inlets followed by a short delay line but now containing a gradually wider
reservoir that allowed us to obtain monodisperse droplets (around 80 %). Once the droplet
production was stable and monodisperse (Figure 4. 9 A), a piece of tubing was connected
from the outlet to the inlet of a second chip only containing traps to allow the droplet to
travel from on device to the second. When most of the traps were occupied with droplets,
the piece of tubing was gently disconnected to stop the droplet flow. The tubing was then
replaced by another one containing the working buffer and around 10 cm of oil/lipids
solution at its end to remove the excess of droplets around the traps (Figure 4. 9 B).

A B C
Figure 4. 9 Droplet production and trapping in two different devices. A. Droplets produced were

monodisperse and then transfered to a second device via a tubing to be trapped in cup arrays (B). C.
A confocal image of a trapped droplet shows the presence of FtsZ bundles.
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Confocal images of the trapped droplets in oil showed that all contained FtsZ bundles as
represented in Figure 4. 9 C. After the working buffer replaced the oil flow, some droplet
fusion was observed but a relatively high amount of droplets remained stable until
liposome formation. Figure 4. 10 shows a representative liposome in a trap, on the left a
representative confocal image and on the right a bright field image confirming the presence
of a liposome. Compared to droplet in oil, there is no difference of diffraction index
between the inner solution of a liposome and the surrounding buffer. When the same
experiment was performed with addition of 10 mol% DOGS-NTA mixed in E. coli lipids
and 4 pM sZipA, no deformation or changes in bundle arrangement was observed (not
shown here).

Figure 4. 10 Representative liposome in trap device. Left: confocal image with FtsZ bundles inside
the liposome. Right: bright field image confirmed the presence of a liposome, showing no difference
of contrast with the external solution.

From these images, it can be seen that the liposome formation in chip is not complete.
During liposome formation, the droplet goes from a monolayer to a lipid bilayer and during
this process the unassembled FtsZ is dislodge from the interface. Trapped droplets are
initially spherical and barely touching the traps, but since the working buffer is flushed
with a much higher flow rate to remove the oil around the droplets, this led to squeezing of
the droplet on the traps. The consequence is that a layer of oil remains between the traps
and the droplets and cannot be removed yielding ‘semi-liposomes’. Moreover, swelling of
the droplets during the liposome formation was observed which leads to a dilution of the
droplet content. The liposomes seemed to strongly adhere to the PDMS traps since it was
impossible to flush them out of the device. Despite the promising report in the literature,
this method does not seem to produce high-quality liposomes in our hands, and we

therefore decided to try another method for liposome production described below.

4.2.2.2 Liposomes production by combining on and off chip methods
To produce liposomes in a more controlled way, Yomo and co-workers combined a

microfluidic approach with a droplet transfer method.® Water droplets in oil were
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produced in a flow-focusing device using a mixture of span 80 and tween 80 (9:1 volume
ratio in paraffin) and another oil phase containing lipids (POPC:POPG:Chol at 9:1:1 in
paraffin) was injected downstream to dilute the detergent. The collected droplets were then
transferred in an Eppendorf tube through an oil/buffer interface yielding to vesicle
formation. The authors demonstrated that 80 % of lipids were present at the vesicle
interface using fluorescently tagged lipids. In a similar way, we decided to first produce
monodispersed lipid droplets in microfluidics and thereafter produce vesicles with the
droplet transfer method as described in Figure 4. 11. When FtsZ droplet production in
microfluidics is stable and gives monodisperse droplets, droplets can be collected via a
piece of tube from the outlet to a 2 mL Eppendorf tube containing two immiscible phases:
the working buffer with 100 mM glucose and lipids in mineral oil sitting on top.
Centrifugation allows the droplets to migrate through the lipid saturated oil/water interface,

which could lead to monodisperse unilamellar giant vesicles.

Centrifugation at . )'/
1500 rpm for 10 min
—

— Oil + lipids

—— Buffer

Figure 4. 11 Protocol for monodisperse liposome production. Monodisperse droplet produces in
microfluidic device are collected via a piece of tubing to a tube containing the working buffer and an
lipid/oil mixture. Centrifugation can lead to monodisperse giant vesicles of around 35 um and can
be easily observed by microscopy.

The microfluidic and droplet transfer methods were tested separately for different
lipid compositions. The selected lipids were POPC (1-palmitoyl-2-oleoyl-sn-glycero-3-
phosphocholine), EPC (L-a-phosphatidylcholine from egg yolk) and E. coli lipids,

18,37

common lipids used for vesicle formation. Every lipid solution was prepared in mineral

oil since it was previously concluded that it was the best condition for FtsZ observation.”
For the droplet transfer method, we tested all three lipids in order to know which lipid
composition would provide the highest yield and most stable liposomes. The
concentrations of POPC and EPC were 0.5 g/L and for E. coli lipids of 25 g/L in mineral
oil. FtsZ solution was prepared with an initial concentration of 12 pM with 120 g/L ficoll

70, 3mM GTP and 100 mM sucrose in working buffer with GTP-regenerating system.

85



The droplet transfer method used is fully described in the experimental section of
this chapter. Figure 4. 12 shows representative fluorescent images of bulk emulsion (A),
droplet transfer liposomes (B) and bright field images of the liposomes (C). Comparing the
emulsion droplets, a difference in FtsZ bundle arrangement and attachment to the interface
can be seen. With E. coli lipids, as previously observed, FtsZ is strongly adsorbing to the
interface showing a higher affinity compared to that of the other lipids. This strong affinity
could explain why it was not possible to obtain vesicle formation using E. coli lipids,
preventing the bilayer to form and only water droplets in oil in water were observed. An
alternative explanation might lie in the different hydrocarbon tails mixture, leading to
different interactions with the oil phase and making liposome formation more challenging.
In the case of POPC and EPC, liposome formation succeeded with a higher yield for
POPC. However, no bundles were observed in any of the liposomes even when a GTP-
regenerating system was used, which implies that the procedure for liposome formation

could induce the depolymerization of the FtsZ bundles.

A B C

POPC
lipids

EPC
lipids

E. coli

lipids

Figure 4. 12 Liposome formation with droplet transfer method using different lipids in mineral oil.
A. Bulk emulsion containing FtsZ bundles showed differences in bundle arrangement and protein
adsorption at the droplet interface. B. After centrifugation, liposomes were only obtained with
POPC and EPC lipids. C. Bright field images corresponding to B. Scale bar = 20 um.
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Reconstitution of the divisome system in E. coli: from droplet to liposome

When POPC and EPC (0.5 g/L in mineral oil) were used to produce FtsZ droplets in
microfluidics, it resulted in wetting of the water flow on the channels wall resulting in
droplet fusion (Figure 4. 13 A and B). However, the droplet production with 25 g/L E. coli
lipids gave very stable and monodisperse droplet and no wetting was observed. Lower
concentration of E. coli lipids in mineral oil were tested (15g/L and 5 g/L) and no wetting
were observed.

A. POPC Iipis B. EPC lipids C. E. coli lipids

Figure 4. 13 Lipids coted droplet formation in microfluidic device. A, B. Droplet formation was not
possible with POPC and EPC in mineral oil at 0.5 g/L, respectively. Wetting of the water flow on the
device channels could be due to a low droplet stability or an inadequate device coating. C. droplet
production with 20 g/L E. coli lipids in mineral oil resulted in stable and monodisperse droplets.

A good compromise would be to use a different lipid composition for the inner layer and
outer layer of the liposome. E. coli lipids could constitute the inner lipid face since it
allowed obtaining stable and monodisperse droplet in microfluidics, and POPC could
constitute the outer lipid face of the bilayer since it showed successful liposome formation

with the droplet transfer method.

4.2.3 Mimicking the nucleoid occlusion

In E. coli cells, the genetic material is packaged in a chromosome decorated with the
nucleoid-associated protein SImA that is believed to lead to so-called nucleoid occlusion. It
was shown that SImA leads to disassembly of FtsZ in vitro and was therefore modulating
the formation of the Z ring.” ** * In order to mimic the nucleoid occlusion system, we
started with a simplistic model using commercial agarose beads encapsulated in droplets
containing FtsZ bundles.

As a control experiment, we first studied the polymerization of FtsZ bundles in
time, encapsulated in microdroplets. The droplets production was done in microfluidics,
using a droplet production device as previously described, with concentration of FtsZ and
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Ficoll 70 below the critical concentration of the bundle formation, at 10 uM and 80 g/L,
respectively. We also used a GTP regenerating system to make sure that the GTP
concentration was roughly constant during the course of the experiment. Once the flow was
stable and the droplets were monodisperse the inflows were stopped by cutting the inlet
tubing. Figure 4. 14 shows representative images of FtsZ polymerization in time, triggered
by an increase of concentration while the droplet was shrinking. Since the initial droplet
size was around 40 pm and that the height of the microfluidic device was around 30 pm,
the droplets were immobile when the flow was stopped. It was then easy to select droplets
for imaging in time and follow the polymerization. For the first 10 min after droplet
production, no FtsZ bundles were present in the droplets and high fluorescence intensity
was observed inside and at the droplet interface. After around 30 min, most of the droplets
contained FtsZ bundles which did not change in arrangement and shape during the
following hour. The final droplet size allowed us to estimate the final concentration of the
components encapsulated in the droplets: around 12 uM FtsZ, 100 g/L Ficoll 70 and 3 mM
GTP.

10 min 30 min 45 min 60 min 75 min

Droplet 1

Droplet 2

Figure 4. 14 FtsZ polymerization in shrinking droplets. Droplet 1 and 2 are representative droplets
showing FtsZ bundle formation in time during droplet shrinkage in microfluidic device due to
evaporation.

The second control experiment consisted in checking the encapsulation efficiency
of the commercial agarose beads. The beads are highly crossed-linked agarose beads of
about 10 um in diameter and diluted five times in working buffer (20 % v/v bead solution).
Using a three inlets device, the agarose beads flow was further diluted by two inflow of
working buffer before meeting the oil/surfactant flow, which consisted of 25 g/L of E. coli
lipids in mineral oil. During the droplet formation, some fusion occurred but most of the
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Reconstitution of the divisome system in E. coli: from droplet to liposome

droplets remained monodisperse and all contained at least one agarose bead (Figure 4. 15).
On the 10 X objective image, the beads can be seen by their lower contrast in the middle of
the droplet, which is more evident on the 40 X objective image. Since the bead
encapsulation was successful, we proceeded with bead and FtsZ encapsulation in

microdroplets.
Bead encapsulation

N

10 X objective

40 X objective

Figure 4. 15 Commercial agarose bead encapsulation in microdroplets. Top: 3 inlets device with one
inlet containing the bead solution, another one the buffer to dilute the beads before droplet
formation when meeting the oil/surfactant flow. Bottom: bright filed images of the collected
droplets using different objective magnification showed the presences of at least one bead per
droplets. Scale bar correspond to 30 um.

The third control experiment was performed to check the unspecific adsorption of
FtsZ on the agarose beads. Mixing GDP-FtsZ with agarose beads in working buffer, it
appeared that FtsZ is adsorbing on the bead. Since at the working pH FtsZ has a negative
charge, we decided to coat the agarose beads with BSA (Bovine Serum Albumin), of
similar isoelectric point, in order to repel FtsZ. The coating of the beads with BSA was
achieved by incubating the beads with 10 g/L BSA solution in working buffer for at least
one hour at 4°C. Figure 4. 16 shows fluorescence images of droplets containing
unpolymerized FtsZ with beads with or without BSA coating. On the coated beads, it is
clear that no FtsZ is adsorbing to the bead surface and this system can be used for further

experiments.
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A. not coated

Figure 4. 16 Confocal images of unpolymerized FtsZ droplets containing agarose beads. A. non
coated beads led to FtsZ monomers adsorption. B. BSA coated beads showed no FtsZ monomers
adsorption and can be used as nucleoid mimic. Scale bar = 20 pm.

With a successful bead encapsulation, bead coating and FtsZ polymerization in
time contained in microdroplets, we could combine all three control experiments into one.
The idea was to monitor the FtsZ polymerization in time, encapsulated in microdroplets
containing BSA coated beads which is represented in Figure 4. 17. Using a three inlet
microfluidic device, one flow contained the E. coli lipids in mineral oil (25 g/L) and two
others separate flows containing FtsZ or GTP and agarose beads, mixed before meeting the
oil flow. The monodisperse droplets had a starting diameter of around 40 pm at initial
concentrations of 10 uM FtsZ, 80 g/L Ficoll 70, 2.5 mM GTP and 10 X bead solutions.
Most of the droplets contained at least one agarose bead and as the droplets started to
shrink in time the concentration of the different components increased to reach a
concentration at which bundle formation is possible. Interestingly, FtsZ bundles started to
appear after 25 min nucleating from the agarose beads. It seemed that the beads facilitated
the bundle formation, which started from the bead to the droplet interface. A 3D
reconstruction made from Z-stack images shows that bundles are mainly surrounding the
beads.

bright field

droplet 1

droplet 2

Figure 4. 17 FtsZ polymerization in shrinking droplets containing agarose beads. Droplet 1 and 2 are
representative droplets containing FtsZ and Ficoll at critical concentrations of 10 uM and 80 g/L,
respectively. While droplets are shrinking due to evaporation, the concentrations inside the droplets
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increased and FtsZ bundles appeared first on the encapsulated bead. Grey circles are surrounding
the beads in the bright field images. Scale bar = 15 um.

4.3 Conclusions

The behaviour of three essential divisome proteins in E. coli was investigated in
‘cell-like’ containers. Using droplet microfluidics, FtsZ and FtsA were successfully
encapsulated revealing protein interactions, with FtsA remaining at the droplet interface
when alone in the droplet. These results illustrate that FtsZ bundles have a great influence
on FtsA membrane interactions. The encapsulation of sZipA in microdroplets with
different DOG-NTA % mol mixed with E. coli lipids in mineral oil revealed an increasing
membrane attachment efficiency of the protein. When both FtsZ bundles and sZipA were
present in the droplet, no significant changes in bundles arrangement was observed even
when the droplet shape or sZipA membrane attachment were modified. However, it was
demonstrated by Cabre and co-workers that the encapsulation of the two proteins in giant
unilamellar led to shrinkage of the vesicle presumably due to interaction between the two
proteins. We concluded that despite the encapsulation of the protein retained their ability to
interact with each other, microdroplets were not an adequate platform for the study of
possible effect in the lipid membrane. The factors which can have an influence are the
different physico-chemical properties between droplets and liposomes: the dynamics of a
monolayer differ from those of a bilayer and the high surface tension and the low flexibility
of aqueous droplets in oil could be hampering the observation of any possible effect.

Since studies of the divisome proteins encapsulated in liposomes were already
reported in the literature,' we tried to develop a new method for the formation of
monodisperse liposomes. Focusing on the formation of giant unilamellar vesicles, suitable
size for microscopy visualization, we investigated two approaches: one on chip and another
one combining on and off chip. The on chip approach led to uncontrolled droplet fusion
while the combining method appeared to be promising. The production of FtsZ bundles
droplets in oil containing E. coli lipids was monodisperse and stable. However, when
droplets were collected and transferred through a two phases solution (top: E. coli lipids in
oil, bottom: buffer), vesicle formation was not possible. Bulk experiments revealed that
with EPC or POPC lipids, liposome formation by droplets transfer was successful.
Therefore, droplet formation with E. coli lipids in microfluidics followed by droplet
transfer with POPC lipids could lead to the formation of monodisperse and stable

91



liposomes. Since it was reported that the size and nature of the cell-like container is a
critical parameter for the divisome study,'? optimisation of our system could lead to a

controlled method for liposome formation and study protein behaviour under confinement.

4.4 Experimental section

Materials

Reagents, salts, mineral oil and buffer components were from Sigma. Polar extract
phospholipids from E. coli, L-a-phosphatidylcholine from egg yolk (EPC), 1-palmitoyl-2-
oleoyl-sn-glycero-3-phosphocholine (POPC) and 1,2-dioleoyl-sn-glycero-3-[(N-(5-amino-
1-carboxypentyl)iminodiacetic acid)succinyl] nickel salt (DOGS-NTA-NI) were purchased
from Avanti polar lipids (Alabama, USA) and were stored in chloroform:methanol 2:1
(v/v). Just before use, a determined amount was dried under nitrogen flow, kept under
vacuum for at least two hours and resuspended in mineral oil by sonication in a
thermostated bath at 37 °C for 30 min, to get the desired final concentration (0.5 to 25 g L~
". Fluorescent dyes (Alexa 488, Alexa 647) were from Molecular probes. Agarose beads
were purchased from ABT (agarose bead technologies) and were 4% highly crosslinked
beads with an average diameter of 10 pm.

Protein purification and labelling

The proteins used were wild type proteins except for ZipA, a soluble mutant was used
instead (sZipA, lacking the its hydrophobic N-terminal domain), that presents the same
binding affinity for FtsZ.>"**
as described previously.* sZipA and FtsA, both harbouring a His tag, were overexpressed

E. coli FtsZ was purified by the calcium precipitation method

in E. coli strain BL21(DE3) and purified as described.”” *' The proteins were dialyzed
against the working buffer (50 mM Tris-HCI, pH 7.5, 500 mM KCI, 5 mM MgCl,), and
aliquots were stored at -80 °C until used.

All three proteins were labelled with Alexa probes (1:10 molar ratio) in 50 mM Hepes/HCl
(pH 8), 100 mM KCI and 5 mM MgCl, at room temperature for about 10 min.'* ** F

FtsZ, labelling occurred in conditions promoting protein polymerization as described.’

or
Labelled proteins were separated from free probes using a gel filtration column.** The

labelled proteins were stored frozen at -80 °C in working buffer with 10% glycerol buffer.

The ratio of labelling, estimated from the molar absorption coefficients of the dye and the
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proteins, was 0.3-0.5. In all the experiments, labelled protein was 2% of total protein

concentration

Droplet formation

The microfluidic chip design and fabrication was the same as in Chapter 3 — Experimental
section. The microfluidics device had 3 inlets and a large reservoir with channels. One
stream contains FtsZ at the specified concentration with or without one of the other two
proteins FtsA or sZipA; the other stream delivers GTP at a concentration of 6 mM. They
were mixed in a 1:1 ratio prior to the droplet formation junction where it joined the oil

containing lipids.

Droplet transfer method

FtsZ (12-25 pM) solution was equilibrated in working buffer with 120 g/L Ficoll 70, 3mM
GTP and 100 mM sucrose. Emulsions were produced by mixing 15 pL of protein solution
with 500 pL of oil/lipids solution by gently pipetting up and down until the emulsion was
homogeneously cloudy. In the meantime, 500 pL of the oil lipid mixture was placed on top
of a buffer containing 100 mM glucose in working buffer and allowed to equilibrate for
around 1h. After that time, the emulsion was placed on top of the 2 phase solution and
centrifuged for around 10 min at 1500 rpm. The oil phase was removed and the liposomes
were collected at the bottom of the tube with a 1 mL pipette. Around 200 pL of the
liposome solution was poured in a press-to-seal well placed on a coverslip.

Note: glucose and sucrose are used to create a difference of density between the liposomes
and the outer buffer which will force them to sink and allow easy observation by

microscopy.

Agarose bead solution preparation

From a stock solution of beads in 20% ethanol, 500 pL were centrifuged in a spin column
(0.22pm cellulose acetate), at 900 rpm for 90 s then at 4000 rpm for 90 s. The beads were
washed 3 times with 300 pL 1X PBS solution at 4000 rpm for 3min and resuspended in
300 pL of working buffer yielding to a 2X diluted bead solution. Subsequently, 200 uL of
10 g/L BSA was added to 100 pL of the 2 X diluted bead solution and incubated at 4°C for
around lh. After three washing steps with working buffer at 1000 rpm for 10 min, the
supernatant was removed and 200 pL of working buffer was added to the beads yielding a
5X diluted agarose bead solution coated with BSA.

93



Fluorescence microscopy

Samples were observed with a spinning disk confocal microscope (CSU-X1, Yokogawa

Electric Corp.) on an Olympus inverted microscope (IX81). Alexa-488 was excited with
488 nm laser light (A= 525 nm) and Alexa-647 with 620 nm laser light (A.,,= 675 nm).

Images were recorded with a temperature controlled EM-CCD camera (iXon3, Andor)

using an exposure time of 0.8-1 s and a piezo-driven 100x (1.3 NA) oil immersion

objective. All the images shown below correspond to confocal fluorescence images taken at

mid plane that is an equatorial section of the droplets, and are representative of the

behaviour observed in all droplets tested under each particular condition. All observations

were conducted at room temperature.
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Chapter 5

Microtubules dynamics in crowded and

confined environment

Microtubule Microtubules Microtubules
asters in bulk in emulsion



5.1 Introduction

Microtubules are essential protein assemblies present in the cytoplasm of eukaryotic cells.
They are hollow cylinders of about 25 nm in diameter and a few micrometres long,
composed of o and B-tubulins (each about 55 kDa MW), which are homologous but not
identical. Both have a nucleotide binding site which can bind to guanosine triphosphate
(GTP) but only B-tubulin can hydrolyse its bound GTP to GDP plus P; (inorganic
phosphate), release the P;, and exchange the GDP for GTP.' The atomic structure of tubulin
(Figure 5. 1) was first obtained by Nogales et al. at 3.5 A resolution maps from electron
crystallography of zinc-induced tubulin sheets stabilized with taxol’. The authors noted
another significant difference between o and B-tubulin: the globular domain of B-tubulin
has a binding site for Taxol and other drugs.

tubulin a,p dimer taxol
P

Figure 5. 1 Structure of the a,B-tubulin heterodimer, subunit of microtubules. B-tubulin is able to
hydrolyse GTP to GDP upon microtubule polymerization and present a binding site for taxol and
other drugs, contrary to a-tubulin.

Along the microtubule axis, o,B-tubulin heterodimers (stable once formed) are
joined head-to-tail to form protofilaments in a polar fashion: the end exposing a-tubulin is
slow growing and called minus end; the fast growing end exposing B-tubulin is called plus
end. In vivo, microtubules usually have 13 protofilaments but in vitro, it is possible for
purified tubulin to assemble with a range of diameters containing between 9 and 16
protofilaments.’ During microtubule polymerization, each heterodimer carries two GTP
molecules and associate to form a protofilament or microtubule (Figure 5. 2)*. Upon
addition of a new dimer at the plus end, the catalytic domain of a-tubulin contacts the
nucleotide exchangeable site (E site) of the previous B subunit and the GTP is hydrolysed
to GDP when the tubulin dimers are added to the plus end of the growing microtubule.
Such GTP hydrolysis is not mandatory for microtubule formation, but it appears that only
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GDP-bound tubulin molecules are able to depolymerize. Thus, a GTP-bound tubulin serves
as a cap at the tip of microtubule to protect from depolymerization and once the GTP cap is
stochastically lost, the microtubule begins to depolymerize and shrinks rapidly.5
Microtubules are temperature-sensitive and the hydrolysis of GTP is facilitated at a

temperature of 37 °C and stopped at temperatures of around 4 °C.

Stable or capped microtubule Tubulin-bound GDP Tubulin-bound GTP
Tubulin-bound ()
vy . GTPor GDP-P; Q (:)) 8
n e—— \
—_—
i 0% o0&
b O
Cap loss
Depolymerizing 8
microtubule w
> 25

__—Tubulin-bound GDP

Figure 5. 2 Polymerization dynamics of microtubules. Tubulin heterodimers add up to microtubule
ends leading to GTP hydrolysis with release of inorganic phosphate Pi. A microtubule end containing
tubulin-bound GTP or GDP—Pi is stable, or ‘capped’, against depolymerization. When the GTP cap is
hydrolyses, conformational changes in the tubulin molecules destabilize the microtubule polymer,

resulting in catastrophe and shortening of the microtubule.*

Microtubules are extremely important components involved in essential cell
processes, affecting cell shape, cell mobility, cell transport and cell division.* ® In vivo, the
minus end of microtubules is associated with the centrosome located near the centre of the
cell, whereas the plus end is peripheral. The polymerization of microtubules occurs in three
phases: nucleation, elongation and steady state (Figure 5. 3)’. It is important to emphasise
that microtubules are highly dynamic, growing and shrinking depending on their biological
function in the cell. Microtubules show two kind of non-equilibrium behaviour, both in
vivo and in vitro. The first kind of dynamic behaviour, called dynamic instability,® is a
process in which the individual microtubule ends switch between phases of growth
(rescue), shortening (catastrophe) and attenuated dynamic (steady state). The second
dynamic behaviour, called treadmilling,” is a net growth at one microtubule end and
balanced by net shortening at the opposite end. Dynamic instability and treadmilling are

compatible, and a specific microtubule population can show a mixture of both behaviours.
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Stationary phase
Elongation Disassembly

Microtubule length

Figure 5. 3 Diagram representing microtubules dynamics. The microtubule length versus time starts
with nucleation then elongation, followed by a stationary phase where microtubules are still
dynamic. Once GTP is depleted, microtubule will depolymerize.7

Microtubule dynamics in vivo are regulated by microtubule-associated proteins,
stabilizing or destabilizing microtubules.'” As an example, kinesins and dyneins are
molecular motors that move along microtubules in a directed manner. Confinement and
crowding are also important parameters involved in microtubule dynamics with cell
boundary properties affecting microtubules organization. In animal cells, microtubules
organize into distinct patterns that can be categorized in three classes: bundles, asters and
antiparallel overlaps.!' However, the precise interplay between the cell’s
confinement/crowding and microtubule polymerization/organization/assembly, are not well
understood.

We are interested in understanding the influence of spatial confinement and
crowding on microtubules dynamics. It is known that microtubules and motor protein
kinesin confined in microfabricated chambers (~2 pm depth, 90 um diameter), organize
into asters.'” By varying the relative concentration of the components, different structures
have been obtained, ranging from bundles, vortices to asters. Using similar fabricated
microscopic chambers that simulate the closed environment of cells, Leibler and co-
workers studied the positioning of microtubule asters.”” The authors showed that pushing
forces generated by growing microtubules are enough to drive the asters to the middle of
the chamber. When dynein motor proteins were attached to the edges of the chamber, the
same result was observed.'* However, the experiments mentioned above with microtubules
in microfabricated chamber do not take into account the flexibility of the confining
geometry. Many living cells can change their shape in response to intra-cellular forces.'> '°
In earlier work, microtubules encapsulated in lipid vesicles resulted in a deformation of the

lipid container in the direction of the growing microtubules.'”" Using emulsion droplets
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and vesicles of different stiffness encapsulating Xenopus egg extracts, Gueroui and co-
workers demonstrated that both the size and flexibility of the container are critical for the
self-organization of microtubules.” Interestingly, using droplet microfluidics, two recent
papers showed that the size of Xenopus spindles directly scaled with the volume of the

cytoplasmic extract droplet, with tubulin as a limiting component.* *

Keeping the droplet
volume constant, a change in droplet shape from spherical and elongated to compressed
shape did not give any differences in spindle length.

In this chapter, we studied microtubules organization/assembly inside confined
cell-like compartments, using water-in-oil microdroplets formed in microfluidic devices
and allowed the production of monodisperse droplets that can be easily manipulated.
Therefore, microdroplets would allow us to probe and visualize how microtubules behavior
is influenced by flow, crowding and confinement in droplets of different shapes. The
questions we want to address are: what are the critical conditions for microtubule bundle
formation? What are the differences in microtubule arrangement depending on the droplet
shape or crowder? Is there an effect of the confinement on microtubule bundle arrangement

compared to that of bulk experiment?

5.2 Results and discussion

5.2.1 Preparation of stabilized microtubules

The protocol for the preparation of stabilized microtubules is described in the experiment
section of this chapter and is based on the supplier procedure (Cytoskeleton). Briefly,
rhodamine labelled tubulin was mixed with unlabeled tubulin solution (15 % labelling
ratio) and warmed in a water bath for around 20 min at 37 °C. Tubulin polymerized into
microtubules and was stabilized by the addition of taxol solution (20 uM). When following
the Cytoskeleton kit protocol, we were not able to obtained stable microtubules. Therefore,
we decided to optimize the system investigating the influence of three parameters: tubulin,
taxol and GTP concentrations (Figure 5. 4). In experiment 1, the GTP concentration is very
low due to a dilution by addition of the taxol solution. In experiment 2, GTP was added to
the taxol buffer to obtain a final concentration of 1.5 mM in the microtubule solution.
However, both experiments 1 and 2 did not yield stable microtubules, only some ‘aster’
like microtubules. In the third experiment, we decided to increase both the tubulin and
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taxol concentrations leading indeed to stable and dense microtubule solution. In the next
experiments, the taxol and the GTP concentrations were kept constant and the tubulin
concentration was decreased. The presence of microtubule bundles at very low tubulin
concentrations (0.3 pM) shows that the tubulin concentration is not a critical parameter.
Therefore, the optimum concentrations for obtaining stable microtubules are at least | mM
GTP and 20 pM taxol. Noteworthy: the size of a single microtubule is around 25 nm and it

is most likely that we observe microtubule bundles.

Experiment number q] 2 3 4 5
Final tubulin

concentration (uM) 14 25 38 = =
Final Taxol = = g
concentration (uM) L L L = 2
Final GTP

concentration (mM)

Confocalmages . .

Figure 5. 4 Confocal images of microtubule solutions in different conditions. The optimum

concentration for preparation of taxol stabilized fluorescent microtubules is 20 uM taxol, 1 mM GTP
and above 0.2 pM tubulin.

5.2.2 Stabilized microtubules in bulk emulsions

The protein encapsulation efficiency in droplets depends on the nature and combination of
the oil and surfactant.” In order to find the appropriate oil/surfactant combination to study
microtubules, we investigated a range of surfactants in bulk emulsions as depicted in
Figure 5. 5. The surfactants tested were span 80, monoolein, cithrol and a custom-made
block copolymer (SS1), all at a concentration of 2 % in oil (wt/wt). Span 80 is a commonly
used nonionic surfactant, which wusually offers good emulsion stability and
biocompatibility. Monoolein is a lipid widely used for emulsion stabilization due to its
biocompatibility and multiple applications.”* A commercially available (Cithrol)** and
custom-made Krytox®-based (SS1) block copolymer® surfactants were chosen for their
proven biocompatibility and formation of very stable emulsions. Bulk emulsions were
prepared by gently pipetting up and down two immiscible solutions: an aqueous phase
containing taxol-stabilized microtubules in buffer and an oil phase composed of the
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specified surfactant dissolved in oil (Figure 5. 5). Using mineral oil and span 80,
microtubules were nicely encapsulated in droplets but when the emulsion was imaged the
day after, it showed that microtubules formed thicker bundles and mainly accumulated at
the droplet interface. The same was observed when using the same oil but cithrol as a
surfactant or the combination squalane/monoolein. On the other hand, the custom-made tri-
block copolymer (SS1) in HFE 7500 resulted in homogeneous microtubules distributed in
droplets, with no microtubules present at the interface even after one day of incubation.
This oil surfactant combination seemed to be the best but all the oil/surfactant combinations

will be further investigated in droplet microfluidics.

mineral oil / squalene / mineral oil / HFE 7500 /

Day span 80 monoolein SS1

Figure 5. 5 Stability of microtubule bulk emulsions using different oil/surfactant combinations. The
optimum condition to produce microtubule bulk emulsion is with HFE 7500 oil and SS1 surfactant.

5.2.3 Stabilized microtubules in droplet microfluidics

Droplet microfluidics offers many advantages, which makes it ideal for studying
microtubules. Compared to bulk experiment, the production of microdroplets reduces the
volume of reagent required for assays, the size of sample required, and the size of the
equipment itself. Moreover, microdroplets can be seen as ‘cell-like’ containers that can be
manipulated by changing the shape, size and composition.

Microfluidic devices were prepared as previously described (chapter 3 -
Experimental section). In order to further confirm the choice of our oil/surfactant system,
we produced droplets in microfluidics devices consisting of a 20 um droplet production
part (30 pm height) followed by a large reservoir for droplet storage. By means of syringe
pumps, the stream of water solution and oil/surfactant solution were kept the same for the

different production part devices, at 5 and 10 pL/h, respectively. From Figure 5. 6 it is clear
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Chapter 5

that the custom-made surfactant (SS1) dissolved in HFE 7500 gave the most stable and
monodisperse droplets. When Cithrol or Span 80 in mineral oil was used, droplet fusion
was observed resulting in bigger droplet sizes or in streams of water flows in the reservoir.
With monooleine in squalane, droplets were not completely monodisperse but little droplet
fusion was observed. Therefore, both SS1 and Monooleine surfactant in oil were further

investigated in order to find the best microtubule encapsulation in droplet microfuidics.

mineral oil / span 80 squalane / monoolein  mineral oil /cithrol HFE 7500/ 551

Figure 5. 6 Water droplet production in 20 um production device (30 um height) with different
oil/surfactant. Monoolein and SS1 surfactants in squalane and HFE 7500, respectively, gave
monodisperse and stable droplets. With cithrol or span 80 in mineral oil, droplets fusion was
observed. Scale bar = 100 pm.

A solution of stabilized microtubules was prepared as previously described
(section 5.2.1), with a final tubulin concentration of around 0.5 g/L (Figure 5. 7).
Microtubules droplets with monoolein or SS1 as a surfactant were produced with flow of
10 and 1 pL/h for the oil and microtubule flows, respectively. Microtubules droplets
formed with monoolein in squalane were monodisperse (around 30 pm in diameter) and
interestingly formed lipid bilayers when droplets were getting into contact.’ This resulted in
droplet clusters sharing a lipid bilayer, boundary comparable to the cell membrane. From
the confocal images, microtubule bundles seem to arrange uniformly in the droplet lumen
but when a video was taken, microtubules disappeared with a highest intensity at the
droplet boundary. The reason of this behaviour could be attributed to microtubule
adsorption at the droplet interface as the confocal images show only fluorescent intensity at
the interface compare to that in the droplet lumen. This phenomenon was not observed with
HFE 7500 and SS1 as an oil/surfactant combination, showing that microtubules have a
higher affinity for monoolein lipids or squalane oil (Figure 5. 7. C). In this case, droplets
were formed with water and oil flow set at 15 and 115 pL/h, respectively (Figure 5. 7. A).
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Droplet were stable, monodisperse and from the confocal images, microtubules are spread
over the droplets with no fluorescence intensity observed at the droplet boundaries. From
these results, it seems obvious that the best oil/surfactant combination for the investigation
of microtubule dynamics in confined environment is HFE 7500/SS1 and will be used

throughout this study.
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Figure 5. 7 Microtubules droplets produced in microfluidics with monoolein in squalane or SS1 in
HFE 7500 as oil/surfactant combination. A, droplet production in 25 um height device and 20 um
production part. B, confocal images of microtubules in microdroplets of around 30 um diameter. C,
confocal images of the same emulsion after having taken a video (20s, exposure time 0.2 sec).

Because the droplet diameter is a lot higher than microtubule bundles length, one
cannot follow their behaviour in time. The shear force created during the droplet
production creates mixing in the droplet, resulting in bundle floating around at a high speed
making it impossible to follow microtubules in a single plane.® Therefore, we decide to
produce droplet in a microfluidic device of 10 pm height instead of 25 um height to force
microtubule bundles to stay in one focal plane. Figure 5. 8 show the differences in droplet
production and in confocal images of microtubules bundles using devices of two different
heights. With both devices, the droplets production size was around 60 um and a stable
microtubule solution was prepared as previously mention (section 5.2.1) at a final
concentration of 0.5 g/L. The bright field images were taken after the droplet production
was stopped by cutting the inlet tubings to stop the flows. Using a microfluidic device of 10
pum height, the production of droplet was stable and homogeneous and when the flow was
stopped, most of the droplets were monodisperse even if some fusion was observed.
Comparing the confocal images in the 10 and 25 pm height devices, single microtubule
bundles can be observed and follow in time which is not possible in the spherical droplets
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with microtubule bundles floating around and changing focal plane. Therefore, we decided
to study the microtubule dynamics in confined environment by producing squeezed

droplets in microfluidic devices of around 10 um height.
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Figure 5. 8 Comparison of microfluidic device height for microtubules droplet observation in HFE
7500/ SSO01. Microtubule bundles are stable and static in 10 um height devices, allowing to follow
their dynamics in time which is not possible in spherical droplets where bundles are moving around.

5.2.4 Dynamics of microtubules in crowded environment: bulk versus
bulk emulsion

Theoretical predictions demonstrated that assemblies of macromolecules are stabilized in

fer 26, 27
crowded conditions,”™

confirmed experimentally for filament of tubulin. In the presence
of various concentrations of 10 kDa dextran or 6 kDa PEG, tubulin formed microtubules in
polymerization buffer in the absence of microtubule associated proteins, presumably
through a depletion attraction mechanism.”® No tubulin assembly was observed in the
absence of crowder, increasing upon increase of crowder concentration and lowering the
critical tubulin concentration at 0.25 mg/ml with 15 % of 10 kDa dextran or 4.5 % 6 kDa
PEG. In a more recent study, the effect of 35 kDa PEG on microtubule bundling and
pattern formation was studied.” Using a static magnetic field and in the absence of PEG,
microtubules formed striated birefringence bundle buckling. However, with a sufficiently
high PEG concentration (0.5 wt%), no pattern was observed that was attributed to the loss
of the dispersed microtubule network. The authors proposed that PEG associated osmotic
forces driving microtubules together are the result of enhanced bundling.

In an attempt to investigate the effect of crowding and confinement on

microtubules dynamics, we compared their behavior in bulk solution and in bulk emulsion
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in the presence of crowders. These control experiments were performed to determine the
critical crowding and tubulin concentrations for microtubule bundle observation. Taxol-
stabilized microtubules can be stable for at least 24 h and up to two weeks at room
temperature. Since the goal of our study is to investigate microtubule dynamics, tubulin
solution must be prepared without taxol, polymerized at temperature close to 35 °C.
Following the protocol for microtubules formation as previously mentioned (section 5.2.1),
tubulin and rhodamine tubulin were polymerized in the presence of crowder agents in an
Eppendorf tube placed in a water bath at 37 °C (Figure 5. 9). After 30 minutes, the
microtubule solution was split in two: one for bulk solution observation and the other one
was mixed with SS1/ HEF 7500 for bulk emulsion observation. The crowding agent chosen
for this study were ficoll 70 (semi-rigid spherical) and dextran 70 (linear coil).” ' Both are
inert, neutral and hydrophilic polysaccharide crowders, which can therefore be described

using pure excluded-volume models.”

Bulk solution

_—
/ ' (" ‘)
100 X
objective

Tubulin solution warmed in ;‘!{
a water bath for 30 min at ‘ Confocal observation of the sample solution
37°C Bulk emulsion between cover slips at room temperature

Figure 5. 9 Preparation of microtubule bulk solutions and bulk emulsions in the presence of
crowders.

Figure 5. 10 shows representative images of microtubule bulk solutions on a cover
slip, in the presence of crowder concentrations ranging from 100 g/L to 300 g/L and an
initial tubulin concentration of 1.3 g/L. Bundle dimensions are difficult to analyze since a
network of fiber is always formed making it impossible to determine their length or width
with accuracy. However, qualitative analysis can be done by comparing width and length in
different conditions. With ficoll 70, microtubule bundles are randomly distributed, become
thinner with an increase of crowder concentration and showing a higher bundle density at
200 g/L. In comparison with dextran 70, a random network of thick microtubule bundles

was observed, which became thinner and shorter with an increase of crowder concentration
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and interestingly started to align in the same direction. This significant difference in
alignment between both crowders can be attributed to their different shape: ficoll is usually
modeled as a sphere whereas dextran as rod-like crowding agent.”’ Also, it might indicate
that the network of fibers with dextran 70 is perhaps more connected and therefore better
able to transmit any external force, leading to some kind of global alignment of the fibrils.

At 300 g/L of crowder, only aggregates or very short microtubules were observed meaning

that a high crowder concentration can hamper or slow dawn bundle formation.*”
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Figure 5. 10 Effect of crowder on microtubules bundles arrangement in bulk solution (1.3 g/L
tubulin). Microtubule bundles are thinner and shorter with dextran 70 compared to that of ficoll 70
and started to align at 150-200 g/L. At 300 g/L, no microtubule bundles were observed, only
aggregates were present.

The same tubulin solution was used to produce microtubules bulk emulsions, with HFE
7500 and SS1 as the oil and surfactant, respectively (Figure 5. 11). The emulsion was
prepared by gently pipetting up and down the microtubule solution and three times its
volume in HFE 7500-SS1 in an Eppendorf tube. The floating emulsion was then collected
with a pipette and placed between two cover slips. The shear forces involved in the
emulsion preparation led to mixing inside the droplet and therefore it was not possible to
measure the orientation and anisotropy of microtubule bundles. Comparing bulk emulsion
images, microtubule bundle length and thickness show a large difference whether ficoll 70
or dextran 70 was used. Microtubule bundles are thicker and longer with ficoll 70
compared to those with dextran 70. An increase of ficoll 70 led to a higher bundle density
with a shorter length. However, an increase of dextran 70 repressed the formation of
microtubule bundles with aggregates formed from 200 g/L of crowder.
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Figure 5. 11 Effect of crowder on microtubules bundles arrangement in bulk emulsion (1.3 g/L

tubulin). Bundles arrangement was similar to that of bulk solution and confinement seemed to have
no effect.

Figure 5. 12 shows microtubule bulk solutions and emulsions with lower initial
tubulin concentration at 0.5 g/L and increasing ficoll 70 concentrations from 100 to 300
g/L. No microtubule bundles were observed with 100 g/L ficoll 70 meaning that the tubulin
is below the critical concentration in these specific crowder conditions. At 150 and 200 g/L
ficoll 70, microtubules were observed and formed a network of thin and long microtubule
bundles in bulk solution, getting thicker in bulk emulsion. Interestingly, almost no
microtubule bundles were observed at 300 g/L ficoll 70 as previously observed, probably
due to a repression of the bundle formation by high crowder concentrations. Similar results

were observed when dextran 70 was used as a crowder (not shown here).

100 g/L ficoll70 150 g/L ficoll70 200 g/L ficoll70 300 g/L ficoll70

Figure 5. 12 Microtubules in bulk and bulk emulsion (0.5 g/L tubulin) with different ficoll 70
concentrations from 100 to 300 g/L. No microtubule bundles were present at 100 g/L and 300 g/L

Bulk

Bulk emulsion
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crowder, only a uniform fluorescent signal or aggregates were observed, respectively. At 150 or 200
g/L, microtubules bundles similar in bulk and bulk emulsion and distributed uniformly.

In order to follow microtubules in time, confined in microdroplets of different
shapes in the presence of crowders, the tubulin concentrations should be as low as possible
so the bundle density is good enough for quantitative measurements. In conclusion from
the control experiment above, the best conditions for microtubule observation in time,
confined in microdroplets would be at 0.5 g/L tubulin and between150-200 g/L of crowder.

5.2.5 Microtubules dynamics in temperature controlled microfluidic

devices

Microtubules polymerize at 37 °C and quickly depolymerize at 4 °C. Therefore, the study
of microtubules dynamics requires temperature control. Tran and co-workers proposed an
elegant technique for high-resolution live cell imaging under microfluidic temperature
control.”® Using a bilayer polydimethylsiloxane (PDMS) device, the bottom layer contained
cells and the top one the water channels. The water flow was connected to a Peltier system
for temperature control, capable of reversible temperature switch from 5 °C to 45 °C. A
complete microtubule depolymerization in Cdc25-55 cells was observed at 6 °C, followed
by a quick repolymerization at 22 °C.

The experimental setup we used to study microtubule dynamic confined in droplet
is described in Figure 5. 13. The bilayer PDMS device was prepared using soft lithography
and the details of the fabrication procedure can be found in the Experiment section of this
chapter. Briefly, the top layer consisted of deep winding channels (160 pm) with 100 pm
width and the bottom layer consisted of a droplet production part ending in a large reservoir
of 10 um height. The PDMS top layer, prepared as a regular device, was carefully aligned
and bond on the bottom layer, which was prepared by spin coating PDMS mix on the
master, by plasma treatment. The bilayer assembly was then peeled off from the master to
be bond on a cover slip after a second plasma treatment. Inlet punched in both PDMS
layers allowed to separate inflows and outflows in the different layers.
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Microtubules dynamics in crowded and confined environment
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Figure 5. 13 Temperature control system. Left: The PDMS double layer device is constituted of a
bottom layer for microtubule observation and a top layer for temperature regulated water using a
Peltier system. Right: bright field image of the doubles layer device with microtubules droplets
trapped in the bottom layer and the water channel sitting on top, separated by a 25 um PDMS layer.

Microtubule droplets were produced from a cold solution of 1.5 g/L tubulin
concentration, 200 g/L Ficoll and 3 mM GTP in tubulin buffer using HFE 7500/SS1 as the
oil/surfactant, while a warm flow of water was running in the top layer set at 35 °C with the
Peltier system. The flow of droplets was stopped by cutting the inlet tubing and after
microtubule polymerization, the water flow in the top layer was cooled down to 5 °C.
Figure 5. 14 shows representative confocal images of microtubule droplets in time during
the cooling process. Interestingly, microtubules bundles were present from the beginning
while the droplets were produce from a cold tubulin solution. This could be explained by a
combination of factors: the droplet production was done at room temperature which might
be enough for tubulin polymerization and the high tubulin and crowder concentration could
increase the polymerization speed. Images at 5 and 10 min showed a decrease of bundle
density with an increase of background intensity. Also, a high fluorescent intensity at the
droplets interface implied affinity of tubulin for the oil/surfactant. After 30 min of cooling,
microtubule bundles are not visible anymore and only high background intensity is present
probably corresponding to tubulin monomers of oligomers.
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Figure 5. 14 Microtubules depolymerization in bulk emulsion with 1.5 g/L tubulin and 200 g/L Ficoll,

using a bilayer device. 10 min after cooling the system to 4 °C, microtubules started to depolymerize
and no microtubule bundle was observed after 10 min.

The use of double layer device for microtubule polymerization can be a powerful
tool to study polymerization/depolymerization in time depending on different conditions
however the droplets are sensitive to temperature and shrinkage which could lead to errors.
Droplets can evaporate or swell depending on their location in the device compared the
water device channels above. Evaporation in time is illustrated in Figure 5. 15, where
droplets produced in a single layered device were imaged in time while the device was
heated on a hot plate set at 40 °C. Droplets contained 0.5 g/L tubulin, 200 g/L dextran in
the presence of GTP regenerating system. Monodisperse droplet after 5 min show a
uniform distribution of the tubulin protein that moves to the interface as the droplet is
shrinking in time. After 45 min, no microtubule bundles were observed and droplet seemed
to stick to the channel walls.

To conclude from these experiments, the optimum experimental set up to study
the arrangement and organization of microtubules in droplets was first to generate
polymerization in bulk then to produce monodisperse droplet containing microtubules in
microfluidic device. In that way, tubulin will not go to the droplet interface, as mainly

microtubules will be present after bulk polymerization
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Droplets in microfluidics t=5min t=20 min t=45 min

Flgure 5.15 Droplet evaporatlon in time. Monodisperse droplets containing 0.5 g/L tubulin and 200

g/L dextran were trapped in microfluidic a device and left on a hot plate at 40 °C. At first, droplets
had a uniform distribution of the protein but while the solvent is evaporating, the protein is going to
the interface and no microtubule bundle was observed.

5.2.6 Microtubules dynamics in droplet microfluidics

Taxol stabilized microtubules are stable for at least 24 h at room temperature but quickly
depolymerize at 0°C. Without taxol, microtubules show dynamic behaviour characterized
by stochastic growing and shrinking at microtubules ends. Tubulin is a GTP-ase protein
and as soon as GTP is depleted, microtubules will depolymerize. In the conditions
described in the previous section, microtubules are stable for around 40 min before starting
to disassemble. In order to mimic the condition present in the cell with a stable GTP
concentration, we decided to wuse a GTP regenerating system (RS) with
phosphoenolpyruvate (PEP) and pyruvate kinase (PK). The enzyme PK catalyses the
transfer of a phosphate group from PEP to GDP, yielding one molecule of pyruvate and
one molecule of GTP. Figure 5. 16 show representative fluorescent images of microtubule
bulk emulsions containing 0.5 g/L tubulin, 150 g/L ficoll 70, with and without RS. In the
absence of RS, microtubules started to depolymerize after 25 min as shown by the high
background intensity in the droplets. With RS, it took more than 60 min before
microtubules began to depolymerize and this system was therefore used to produce and

image droplets in microfluidics in time.
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Figure 5. 16 Comparison of microtubules stability on bulk emulsion, with and without regenerating
system (RS). With RS, microtubule bundles are stable for more than 60 min while were quickly
depolymerizing after 25 min without RS.

Without RS

With RS

The microfluidic device was prepared as previously described in the Experimental
section of Chapter 3. The flow-focussing device is composed of two inlets, a droplet
production part and a reservoir containing long and narrow channels. The height of the
devices was 10 um, allowing microtubule observations and the width of the channels was
around 15 pm. The tubulin flow is separated from the oil/surfactant flow constituted of
HFE 7500/SS1 before meeting at the droplet production part where microtubules droplets
in oil were formed. Once droplet production was stable and monodisperse, the flow was
stopped by cutting the inlet tubings forcing the droplets to stop and be trapped in different
parts of the reservoir. Hence, droplets trapped in the reservoir will have a quasi 2D shape
and droplets trapped in the narrow channels will have an elongated shape also called plug
shaped as showed in Figure 5. 17. Compared to bulk emulsion, droplets in microfluidics
were monodisperse and had a well-defined size. The narrow channel height of 10 pm
allowed obtaining squeezed droplets containing microtubule bundles fixed in a quasi 2D

plane, allowed to follow microtubules in time.
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After channels In channels Before channels

Figure 5. 17 Droplet production device showing droplets trapbed in different part 01; the device

yielding to 2D or plug shape droplets.

The quantification of the imaged droplets in different condition was done using
the software ‘Microfilament analyser’ or MFA.** This image analysis tool allows
quantification of fibril orientation and a description of the software as well as the data
analysis is described in the Experimental section of this chapter. Briefly, a section image
(mid-plane) and a z-stack of a droplet are saved in a same file then uploaded in the MFA
software. After alignment of the mid-plane image with the z-stack project appearing semi-
transparent on top, the droplet was selected by manually drawing the outline contour. When
the image contrast and the filament detection settings were adjusted (minimal filament
length, filament diameter, threshold value and step size of the optical polarizer), the
detected filaments appeared in yellow on the images.

The parameters were adjusted such that the detected filaments would coincide with the
existing filament in the droplet. The MFA detection is based on an approach called ‘virtual
rotating polarizer’ with a virtual line grid placed in a horizontal start position over the
image as showed in Figure 5. 18 A. The filaments that lie on top of the grid line thus
having the same orientation are detected and then the grid is slightly rotated in an angle
step of 3°. As the detected filaments have a direction but no sense, analysis from 0° to
180 © give the same results as 180° to 360° range. For every line, the connectivity of every
pixel is successively studied on an orthogonal cross-section though the line. A pixel is part
of a filament if its intensity value is above the set threshold, minimal length and diameter
values. Once the number of filaments and their orientation are known, a circular graph
displays the output grouped into transversal, longitudinal and oblique orientations
according to the angle limits described in Figure 5. 18 B.* When more than three
orientations are detected it is defined as random while two detected orientations correspond

to a combined orientation.
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Figure 5. 18 A. Confocal image of microtubule bundles in a droplet with the white arrow showing
the rotational plane of the virtual polarizer. B. Schematic representing the limits of the different

orientations related to the positioning of the virtual polarizer on the image (MFA detection

34,35
module).

As a starting tubulin concentration, we used 0.5 g/L in the presence of 200 g/L of
crowder in tubulin buffer. Images of droplets at three different locations were taken: before
channels, in channels and after channels. We were interested to investigate the influence of
crowding and container shape on microtubules arrangement, in disk or plug shaped
droplets. The droplets after channels were imaged in order to study the influence of shear
force and mixing on microtubules arrangement, after passing through the narrow channels.
Figure 5. 19 shows the output data of the MFA when 200 g/L of Ficoll 70 was used as a
crowder. Before the channels, only two main orientations were observed (two green
asterisks), a transversal and longitudinal which can be attributed to a combined orientation.
Interestingly, when droplets are trapped in narrow channels, the main orientation was still
combined but with an increase of oblique and transversal detected filaments. The same was
observed with droplets after the channel and can be attributed to the shear forces while
passing through the channel at a high speed creating a rapid internal mixing. The
microtubule bundles seem to cluster and did not disassemble into homogeneous bundle
even after 30 min. Future experiments could optimize crowder concentration or other

methods to alter microtubule stability in order to observe more dynamic processes.
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in channels after channels

before channels

Figure 5. 19 Microtubule visualization and detection using MFA. Analyzed droplets contained 0.5
g/L tubulin and 200 g/L ficoll 70, and detected microtubules are represented in yellow. Below,

ficoll 70

circular plot represent the output data, with the main orientation of microtubules.

The same experiment was performed with 0.5 g/L of tubulin but using dextran 70
as a crowder at a concentration of 200 g/L. In that case, two main orientations were also
identified as transversal and longitudinal (green asterisks) constituting a combined
orientation. Surprisingly, the microtubule bundles orientation seemed different after
channels whether ficoll 70 or dextran 70 was used as a crowder. Previously, it was shown
that with droplet containing ficoll 70, microtubule bundles aggregates or clustered together
probably due to the shear forces and mixing passing through the narrow channels.
However, no clustering was observed with dextran 70, and microtubules bundle
arrangement was similar before and after channels. Pfohl and co-workers showed similar
behavior with deformation of fibrin networks in moving droplets passing through narrow

channels that relaxed back to the initial arrangement after passing the channels.*.
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Figure 5. 20 Microtubule visualization and detection using MFA. Analyzed droplets contained 0.5

dextran 70

g/L tubulin and 200 g/L dextran 70, and detected microtubules are represented in yellow. Below,

circular plot represent the output data, with the main orientation of microtubules.

5.3 Conclusions

We have described an approach for the investigation of microtubules behaviour and
arrangement in crowded and confined environment. Monodisperse droplets were generated
in a flow-focusing device of 10 pm height, suitable for microscopy observation. Despite
the high shear forces involved during the droplet production, microtubules retained their
capability to assemble. The critical parameter for microtubule bundle formation and
observation with fluorescence microscopy were the GTP, crowder and tubulin
concentration. For an initial tubulin concentration of 0.5 g/L, GTP and crowder
concentration should be at least 1 mM and 150 g/L, respectively. The roles of physical
constraints on microtubules were investigated by a control of the droplet size and
geometry. Using ficoll 70 or dextran 70 as a crowder, microdroplets containing
microtubules passing through a narrow channel showed different behaviour. Microtubules
bundles were more connected and robust and led to aggregation into droplets while passing
the channel when ficoll 70 was used, which was not observed with dextran 70. Further
experiments changing the droplet volume or crowder nature need to be investigated. This
approach should in principle allow for a detailed study of microtubule bundles behaviour

and conformation under confinement and crowding, possible with precise droplet
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production in microfluidics. In our system, the bundles are not very dynamic and hence we
did not observed strong dependencies on flow rates, droplet sizes and droplet shapes. In the
future, the stability of the microtubule bundles could be tuned in order to access a richer set
of behaviours. We believe that this assay can be useful for quantitative studies of biological

systems in confined environment.

5.4 Experimental section

Materials

Tubulin and rhodamine tubulin were purchased from Cytoskeleton Inc. in a kit containing
general tubulin buffer, cushion buffer, taxol and DMSO. Proteins were used as received
without any extra purification. Guanine nucleotides, Ficoll 70, Dextran 70 and other
analytical grade chemicals were from Sigma. In all experiments, final GTP concentration
was 2 mM. Droplets were produced using different oil/surfactant combinations. Mineral
oil, span 80, monoolein and squalane were purchased from Sigma, the fluorinated oil (HFE
7500) was purchased from 3M and cithrol was generously offered by Croda. The custom-

made tri-block surfactant®-’

was prepared as previously described.”

Preparation of stabilized microtubules

The protocol utilized for the preparation of fluorescent microtubules was based on the
supplier procedure (Cytoskeleton). Because tubulin protein is highly labile, the whole
preparation was done on ice to prevent tubulin polymerization. First, 20 pg of lyophilized
Rhodamine labelled tubulin were resuspended in a solution mixture containing general
tubulin buffer (80 mM PIPES pH 6.9, 2 mM MgCl, and 0.5 mM EGTA), ImM GTP and
cushion buffer (general tubulin buffer with 60 % glycerol). The final concentration of
glycerol was around 5 % and is believed to improve tubulin polymerization.” * The
second step consisted in preparing a solution of unlabelled tubulin in the same way as
previously, dissolving the lyophilised tubulin in general tubulin buffer and cushion buffer.
In the final step, a certain volume of rhodamine tubulin solution is mixed with unlabeled
tubulin solution (with a labelling ratio usually around 15 %) and warmed in a water bath
for around 20 min at 37 °C. Since tubulin is not stable to many rounds of freeze/thawing,
the rest of the tubulin solution was divided into aliquots of 5 pL and stored at — 80 °C.
After 20 min, most of the tubulin was polymerized into microtubules, which can be
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stabilised by the addition of a taxol solution (20 uM). After 20 min, most of the tubulin was
polymerized into microtubules, which can be stabilised by the addition of a taxol solution
and GTP to a final concentration of 20 pM and 1 mM, respectively. In these conditions,
microtubules are stable at room temperature for more than a week but will immediately

depolymerize when the temperature of storage is decreased to 4 °C.

Microfluidic chip design and fabrication

The devices used in this study were constructed by conventional soft lithographic
techniques as described in chapter 3 - Experimental section. To improve wetting by the
continuous phase, devices were coated with a hydrophobic layer by flushing with Aquapel
(Pittsburgh Glass Works, LLC) in the channels and allowing it to dry overnight at 65 °C.

Double layer device fabrication

The PDMS device is composed of two layers: the bottom one contains channels for
microtubule observation in microdroplets and the top one contains winding channels to
flow temperature controlled water.

The bottom layer will be called ‘thin slab’ and was prepared by mixing PDMS and curing
agent at 21:1 ratio, stirred for about 3 min and degased under vacuum to remove the air
bubbles. Once the mixture was transparent, it was poured on top of the silica wafer (master)
containing channels to cover around 30 % of the surface followed by spin coating. The
program used for spin coating was 10 sec at 1000 rpm followed by 60 sec at 1250 rpm
allowed getting an even layer of around 25 um. The master was then placed on a hot plate
at 90 °C until the thin layer of PDMS was cured which took around 15 min.

The top layer will be called ‘thick slab’ and was prepared using PDMS:curing agent
mixture with a ratio of 5:1, mixed and degased as previously. The more curing agent, the
stiffer the cured PMDS will be and since high water flow rates will occur in the thick slab
channels, it needed to be stiffer than the thin slab. Once the mixture was bubble free, it was
poured on top of the master placed in a petri dish and cured at 65 °C for at least 3h.
Afterwards, the thick slab was cut, peeled off from the petri dish and holes were pushed for
the inflow and outflow of water using a 1.5 mm puncher.

Subsequently, the thick layer was carefully aligned and bond on the thin layer using plasma
treatment (65 % power for 9 sec). The bilayer assembly was then placed in the oven at
90 °C for around 2h. The PDMS bilayer assembly was peeled off the master, inlet and
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outlet holes were punched for the thin layer (1 mm puncher) and bond on a cover slip after

plasma treatment at 65 % power for 9 sec.

Fluorescence microscopy

Samples were observed with a spinning disk confocal microscope (CSU-X1, Yokogawa
Electric Corp.) on an Olympus inverted microscope (IX81). Rhodamine was excited with
561 nm laser light (A.,= 547 nm) and images were recorded with a temperature controlled
EM-CCD camera (iXon3, Andor) using an exposure time of 0.8-1 s and a piezo-driven
100x (1.3 NA) oil immersion objective. Observations were conducted at temperatures
between 4°C and 37°C using a temperature control system.

Quantification

-Microfilament analyser

The manual and the MicroFilament Analyser program were downloaded from
http://www.ua.ac.be/bimep/MFA, freely available for research and education purposes. The
MFA program is written in Matlab code but runs a user-friendly interface which comprises
the different steps of data analysis. For every droplet, a mid-plane image and a z-stack
project were saved as tiff in a same file, with an extension for the z-stack. As an example,
the mid-plane image was saved as dropletl and the z-stack as dropletlzsk. It is important to
mention that the z-stack correspond to a maximum projection of a set of successive optical
sections through the droplet. First, the mid-plane images was loaded in the software and
aligned with the z-stack image, which appears semi-transparent on top. Then, the droplet
was selected by drawing manually a region of interest to outline the droplet contour. An
automatic selection is also possible but did not give accurate results in droplet selection.
Afterwards, the contrast was adjusted to 1.3 in order to reduce the background intensity.
The final step consists in the filament detections adjusting four parameters: the minimal
length was set to 30 pixels, the filament diameter to 4 pixels (nothing was detected below);
the threshold value was set between 20 and 25 (depending on the detection accuracy) and
the step size of the optical polarizer to 3° (smallest meaningful and detectable increment).
The detected microtubule bundles appeared in yellow and a circular plot gave their main
orientation. Also, the data can be exported on an excel file, like the number of filament
detected and the detected main angles.
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Chapter 6

Conclusions and future perspectives




6.1 Conclusions and outlook

For decades, water has for the most part been ruled out as a solvent for synthetic organic
chemistry. A key reason is of course the insolubility of the reactants and the incompatibility
of the intermediates with water. However, numerous synthetic organic reactions have been
found to be accelerated and sometimes more (stereo)selective (relative to organic solvents)
in environments described as ‘on water’ reactions.' Research aiming to clarify water’s
behaviour in aqueous reactivity could lead to new applications of water as a viable
alternative solvent for organic chemistry. Water is cheap and a non-toxic solvent,
frequently promoted as an ideal solvent in green chemistry which led to an industry
perspective. Water is used for homogeneous catalysed processes such as hydrogenation and
hydroformylations. Moreover, a selected number of ‘on water’ reactions can have potential
implications in prebiotic synthetic chemistry® and in synthetic biology approaches for the
design of minimal biomimetic systems having specific synthetic functions such as
oscillator systems.* Using droplet microfluidics, we have studied the hypotheses that have
been proposed to explain the ‘on water’ effect on some chemical reactions.”
Unfortunately, a lot of the work on synthetic chemistry ‘on water’ did not include a
rigorous analysis of the kinetics of the reactions. When we screened many of the reactions
reported to be enhanced in the literature, we could not attribute any enhancement to
interfacial effects. For two reactions, we were able to determine ‘on water’ reaction rates
and confirm the rate enhancements predicted. To develop ‘on water’ conditions as a
synthetic tool, more work will have to be done in order to predict which reactions will be

catalysed under these conditions.

The bacterial division system of E. coli comprises around 15 essential proteins,
most of them membrane proteins. In the early stages of division, the first multiprotein
complex formed is the proto-ring composed by FtsZ, FtsA and sZipA. Efforts toward
understanding the mechanisms involved in the division process are undergoing. A very
interesting concept is the ‘bottom-up’ approach,® which consists in the construction of
biological parts, devices and systems with increasing levels of complexity towards a
minimal cell-like scaffold. Liposomes have proven to be suitable platform for the study of
the divisome but few reports presented complex systems with more than two encapsulated
proteins.” The next step would be to incorporate a mimic of the nucleoid occlusion in order

to force FtsZ to adopt a ring-shaped structure. This can be achieved by decorating gel beads
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with SImA, a nucleoid-associated inhibitory protein. Furthermore, a potentially very
different way of organizing the bacterial divisome assemblies inside liposomes could be
achieved by a lipid phase separation of the DOGS-NTA at the interface. It was shown that
mixture of lipids composed of phosphatidyl cholin lipids, cholesterol and sphingolipids

could lead to phase separation.'®"'?

This approach would lead to symmetry breaking of the
chemical composition inside the container, and thus localized assembly of the FtsZ fibers

to anchor ZipA proteins.

Microtubules organize in vivo into different patterns with the help of associated
molecules to form asters, antiparallel overlaps or bundles. The basic mechanisms by which
these patterns arise are not fully known and effort toward the understanding of this
phenomenon can be achieved by the use of a bottom-up approach." In vitro experiments of
increasing complexity were mainly performed in microfabricated chamber and do not take
into account the flexibility of the confining geometry. Droplet and liposomes seem to be a
better approach to investigate the effect of the confining space. Additions of microtubule
associated proteins in such containing space could lead to similar patterns found in living
cells. The volume of the container had proved to be a critical parameter of the spindle size
' 15 More effort should be done toward the

change of size and volume of the ‘cell-like’ container.

while encapsulating Xenopus egg extracts.
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Summary

Interfaces and confinement are important parameters to take into account when
investigating the influence of the intracellular environment on chemical or biochemical
reactions. The chemical reactivity at liquid interfaces is very important in a wider context
in chemistry, whether processes are happening at liquid/solid, liquid/gas or liquid/liquid
interfaces. Interfaces can dramatically increase or decrease chemical reaction rates. In
biological systems, the cell membrane is a complex biochemical interface, critical to its
health and functioning. The cell membrane contains proteins which allow the cell to
transport small molecules in and out, or act as catalysts/enzymes for some specific
reactions. In addition to the importance of interfaces, confinement and crowding are
thought to have profound implications for cell function.

Chapter 1 provides an overview of the importance of interfaces, confinement and
compartmentalization with respect to specific chemical and biological systems. In this
thesis, we used microdroplets in microfluidics as a tool for mimicking the cell, and we
studied the effect of crowding and the shape of the container on the behaviour of
cytoskeleton proteins (FtsZ and tubulin). In parallel, we studied enhanced chemical

reaction rates at water interfaces, of particular relevance for prebiotic chemistry.

The research described in Chapter 2 was aimed at the development of a new
method in order to shed light on the cause of the increase in reaction rate for the ‘on water’
reactions and quantify its effect for the first time. Droplet microfluidics allowed a precise
control over the interfacial area between the water and the oil phase, which is not possible
in bulk emulsions. Using two model reactions, we conducted a series of experiments and
our data corresponded well with the model proposed by Jung and Marcus in which
hydrogen bonds stabilize the transition state of the reaction thereby accelerating it. The
drawback of our method is that even if reactions were accelerated initially, the effect
became less pronounced with longer reaction times. This might be due to saturation of the
interface by the product formed that is not the case in bulk emulsions where droplets are

continuously formed, exposing ‘fresh’ interfaces.

FtsZ and the divisome system constitute the essential proteins involved in the cell
division in E. coli. In Chapter 3, we investigated the effect of crowding and confinement
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on the polymerization of FtsZ into filament bundles. FtsZ polymerization in crowded
droplets coated with E. coli lipids led to a dense fibrous network, the geometry of which
depended on droplet shape, concentration of FtsZ monomers, crowding agent, and flow
conditions in the microfluidic channels. At the lowest ficoll 70 concentrations, bundle
formation was delayed in droplet microfluidics and once formed, the network did not
change as a whole even though FtsZ monomer exchange with the bundles was observed.
Furthermore, a depletion zone appeared near the oil-water interface, where very few
bundles were seen and a number of hypotheses were described to explain this phenomenon.
This microfluidic platform constitutes a very powerful tool and was further explored in
Chapter 4, in which the properties of FtsZ were investigated in the presence of companion
cell division elements FtsA and sZipA to complete our understanding of the precise
functional role of FtsZ in cell division. However, although the proteins retained their ability
to interact with each other upon encapsulation, microdroplets were not an adequate
platform for the study of possible effect in the lipid membrane. We therefore decided to use
liposomes instead, developing a new method for the formation of monodisperse liposomes.
The on-chip method was unsuccessful, whereas droplet formation in microfluidics followed
by droplets transfer seemed promising, using E. coli lipids in the inner face and POPC
lipids in the outer face of the liposomes.

Chapter 5 describes an approach for the investigations of microtubule
organization/assembly inside microdroplets, under conditions of crowding and
confinement. We first conducted bulk emulsion experiment in order to find the best
surfactant/oil combination and the critical concentrations for microtubule bundle formation.
Then, droplets were produced in a 10 pm height device with a custom-made surfactant
which allowed the successful visualisation and encapsulation of microtubules retaining
their ability to assemble, despite the high shear forces involved during the droplet
production. The roles of physical constraints on microtubules were investigated by a
control of the droplet size and geometry comparing different crowders. The alignment of
microtubule bundles inside the droplets did not vary between rod shaped and disc shaped
droplets. Ficoll 70 led to more robust and connected microtubules compared to dextran 70
that gave a more uniform microtubule distribution, which was explained by the different

nature of crowder.
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Samenvatting

Grensvlakken en “confinement” (het fysiek beperken van de bewegingsvrijheid van een
molecuul) zijn belangrijke parameters waarmee rekening gehouden dient te worden als men
de invloed van de intracellulaire omgeving op (bio)chemische reacties onderzoekt. De
reactiviteit van chemische verbindingen aan vloeistofgrensvlakken is ook van belang in een
bredere context, aangezien processen kunnen plaatsvinden aan een vloeistof-vastestof-,
vloeistof-gas-, of vloeistof-vloeistofgrensvlak. Het is bekend dat grensvlakken een zeer
groot effect kunnen hebben op reactieconstanten. In biologische systemen vormt de
celmembraan een complex biochemisch grensvlak dat essentieel is voor het gezond
functioneren van de cel. De celmembraan bevat speciale eiwitten die ervoor zorgen dat de
cel kleine moleculen kan uitwisselen met zijn omgeving, of die functioneren als
signaalreceptoren of als katalysator voor chemische reacties. Naast de rol van grensvlakken
zijn confinement en “crowding” (een beperking van het beschikbare volume dankzij een
hoge concentratie van macromoleculen) vermoedelijk van grote invloed op cellulaire
functies.

Hoofdstuk 1 geeft een overzicht van het belang van grensvlakken, confinement en
compartementalisatie voor specifiecke chemische en biologische systemen. In dit
proefschrift zijn microdruppels in microfluidica toegepast om de cellulaire omgeving na te
bootsen, waardoor onderzocht kon worden wat de invloed is van crowding en de vorm van
de microdruppel op het gedrag van eiwitten uit het cytoskelet (FtsZ en tubuline). Parallel
hieraan werd de verhoging van reactiesnelheden aan watergrensvlakken bestudeerd, wat in

het bijzonder van belang is voor prebiotische chemie.

Het onderzoek beschreven in Hoofdstuk 2 was gericht op het ontwikkelen van
een nieuwe methode om de oorzaak van verhoogde reactiesnelheden in zogenaamde “on-
water”-reacties te achterhalen en om dit effect voor het eerst te kwantificeren. Met behulp
van druppelmicrofluidica kon de oppervlakte van het grensvlak tussen de olie- en waterlaag
precies worden gecontroleerd, iets wat niet mogelijk is met emulsies in bulk. Twee
modelreacties werden onderzocht en de verkregen data voldeden goed aan het model van
Jung en Marcus, waarin stabilisatie van de overgangstoestand door waterstofbruggen de
reactie versnelt. Echter, het nadeel van onze methode is dat het “on-water”-effect kleiner

werd naarmate de reactietijd toenam, zelfs als reacties initieel sneller verliepen. Een
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mogelijke verklaring hiervoor is de verzadiging van het grensvlak met het gevormde
product. In bulkemulsies vormt dit geen probleem, omdat er continu nieuwe druppels en

dus onverzadigde grensvlakken worden gevormd.

FtsZ en het divisoomsysteem vormen de essentiéle eiwitten voor celdeling in de
bacterie E. coli. In Hoofdstuk 3 laten we zien wat het effect is van crowding en
confinement op de polymerisatie van FtsZ tot filamentbundels. FtsZ polymerisatie in
microdruppels met een hoge concentratie macromoleculen en gecoat met vetten uit E. coli
leidde tot een dicht netwerk van vezels. De geometrie van het netwerk hing af van de vorm
van de druppel, concentratie van FtsZ monomeren, welk macromolecuul werd gebruikt als
crowder en de vloeistofstroomcondities in de microkanalen. Bij de laagste concentraties
van de crowder ficoll 70 was de bundelvorming vertraagd in de microdruppels gemaakt in
microkanalen. Wanneer de bundels eenmaal gevormd waren, veranderde het netwerk niet,
hoewel de bundels wel FtsZ monomeren uitwisselden met de buffer. Daarnaast ontstond er
een verarmingszone vlak bij het olie-watergrensvlak waar zeer weinig bundels werden

waargenomen en een aantal hypotheses werd aangedragen om dit fenomeen te verklaren.

Het gebruik van microfluidica voor het onderzoeken van bundelvorming werd
voortgezet in Hoofdstuk 4, waarin de eigenschappen van FtsZ werden onderzocht in de
aanwezigheid van FtsA en sZipA, twee eiwitten die ook betrokken zijn bij de celdeling.
Het doel van deze studie was om vast te stellen wat de precieze rol is van FtsZ tijdens de
celdeling. Echter, hoewel de eiwitten nog steeds interacties aan konden gaan na
compartementalisatie bleken microdruppels niet het geschikte platform om een mogelijk
effect op het vetmembraan te onderzoeken. In plaats daarvan werden liposomen gebruikt,
waarvoor eerst een nieuwe methode moest worden ontwikkeld om monodisperse vesikels
te verkrijgen. De aanpak waarbij de liposomen direct op de microfluidische chip werden
gemaakt bleek onsuccesvol, maar microdruppelformatie in microkanalen gevolgd door
druppeltransfer was een veelbelovende methode. Bij deze laatstgenoemde methode
bekleedden vetten uit E. coli de binnenzijde van de liposomen, terwijl de buitenkant
bestond uit POPC.

Hoofdstuk 5 beschrijft een aanpak om de organisatie en assemblage van

microtubuli te onderzoeken in microdruppels onder condities van crowding en

confinement. Eerst werden experimenten uitgevoerd in bulkemulsies om de beste
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surfactant/olie combinatie te vinden en de kritische microtubuliconcentraties voor
bundelvorming te bepalen. Daarna werden druppels geproduceerd in kanalen met een
hoogte van 10 pm, gebruikmakend van een surfactant gesynthetiseerd in ons eigen
laboratorium. De microtubuli werden succesvol geéncapsuleerd en gevisualiseerd en
behielden de mogelijkheid te assembleren, ondanks de hoge schuifkrachten tijdens
druppelproductie. De rol van fysieke beperkingen op microtubuli werd onderzocht door te
variéren in crowder, druppelgrootte en —geometrie. De uitlijning van verschillende
microtubulibundels in staaf- of schijfvormige druppels verschilde niet. Tevens bleek dat het
gebruik van ficoll 70 leidde tot robuustere en meer verbonden microtubuli in tegenstelling
tot dextran 70 dat resulteerde in een meer uniforme verdeling van microtubuli, wat werd

verklaard door de verschillende eigenschappen van de crowders.
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