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processes in microfluidic models

The great variety of Earth’s microorganisms and their functions is attributed 
to the heterogeneity of their habitats at the nano scale. Our understanding 
of the impact of those heterogeneous conditions on microbes is however still 
limited. In this project, we used microfluidic devices to simulate transparent 
microscale habitats for microbes. With this technology, we tested the effect 
of different physical characteristics of microhabitats on microbial interactions 
and functions. 
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Popular science summary  
We barely stop and think about the life we hold in our hands when we grab a piece 
of soil. Only one gram of soil can contain more organisms than humans in the entire 
planet Earth. When we have a closer look, we can find curious facts, such as that 
the local conditions inside this piece of soil can change drastically over just a few 
micrometres, that it contains an extraordinarily high diversity of microbes, and that 
it stores an immense amount of carbon-rich nutrients for those microbes. 
Microorganisms, such as fungi or bacteria, are found in soils in a state of starvation, 
which means they are constantly hungry and ready to consume any nutrient that 
becomes available to them. How is it possible, then, that starving microbes and high 
amount of nutrients are found simultaneously in soil? What is impeding microbes 
to access the nutrients? These questions surpass the mere scientific curiosity due to 
their global relevance. Soils contain the largest reservoir of organic carbon on land 
on Earth and if, for some reason, anthropological or natural, this carbon becomes 
available to microbes, large amounts of carbon would be released to the atmosphere, 
contributing to climate change. 

Keeping the carbon buried in soils is therefore crucial if we want to mitigate the 
effects of climate change. But to do so we need first to understand why and how the 
carbon is kept in soils, why the starving microbes are not consuming the available 
nutrients that soil contains. Several theories have been proposed to explain this 
phenomenon: it has, for instance, traditionally been thought that the nutrients soil 
contains are composed of too complex, large and amorphous molecules, which 
surpasses the mechanisms soil microorganisms use for obtaining food. Recent 
studies, however, show that the majority of nutrients found in soil are small 
molecules with a high nutritional value for microbes that are consumed immediately 
when they become available. The idea that microbes and their food are not in 
reachable contact in the soil, has been brought up in the latest years to explain the 
accumulation of carbon in soils. The reason why this separation occurs might be the 
intrinsic nature of soil being a porous system that contains small volumes of 
countless habitats of different characteristics. Microbes and their food are thus not 
necessarily located in the same space but separated from one another by a complex 
labyrinth.   

On the other hand, the intrinsic nature of soil, its heterogeneity, that allows it to have 
so unique properties, also makes it difficult to study. We can manipulate a soil in 
bulk, measure indirectly how the microbes, nutrients, and other properties, change 
within it, but we cannot separate its differing microhabitats nor visualize how these 
processes occur in real time. The fact that we cannot see through soil does not allow 
us to understand how the labyrinth-like structure of the soil affects the accessibility 
of microbes to the nutrients contained within it. To tackle this limitation several 
computer modelling approaches have been tried, which simulate the inner structure 
of soil to better understand its interaction with microbes. Other attempts are to scan 
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samples of soils using x-rays to obtain detailed characteristics of its inner porous 
system. These methods, although valuable and informative, still do not allow us to 
understand, through visualization, manipulation and quantification, the direct effect 
of the soil structure on microbes and nutrients. 

In the present work, we used microfluidic technology to simulate the inner 
characteristics of soils. Microfluidics is a technology that allows chemical and 
physical manipulation at a microscale, allowing us to design our own pore space 
with fixed characteristics that simulate the inner soil pore space. A microfluidic 
device is made of Polydimethylsiloxane (PDMS), a transparent rubber-like material, 
that permits direct visualization of the processes occurring within its 
microstructures. In this way, we can track how much microbes are growing, how 
they are moving, competing, and consuming nutrients. Using this technology, we 
conducted our research in three parts. First, we tested if the method was viable to 
study real communities of soil microbes and their interactions (Paper I); 
furthermore, we tested how the spatial characteristics of a pore space affected lab 
microbes (Paper II and Paper III); and finally, we evaluated if the results obtained 
with lab microbes can be replicated in natural soil microbes (Paper IV). Our initial 
hypothesis was that a physically complex habitat would limit microbial mobility 
and growth, leading to an overall reduction in microbial biomass and the nutrients 
they consume.  

First, to test if the microfluidic devices could be used to study soil microbial 
interactions, their colonization patterns, and the modification they do to their 
surroundings, we buried microfluidic devices containing structures that mimicked 
the soil pore space and we studied them in the microscope after two months (Paper 
I). We could find not only that the devices were full of bacteria, fungi, and protozoa, 
but that air bubbles constitute unsurmountable obstacles for the swimming soil 
microbes like bacteria or protists, that bacteria and protozoa can use fungal hyphae 
as a bridge to access deeper regions of the microfluidic device, and that microbes 
modify their habitat when they colonize it. We then wanted to focus our next studies 
on the effect of the spatial shape of a soil pore space on microbes and their organic 
matter degradation in more detail. We used two different concepts to build a pore 
space with help of geometric structures: one was by looking at the pore space as a 
conjunction of channels (Paper II) or looking at it as a maze with many branching 
paths which are more or less connected (Paper III). When we tested the effect of 
channels, and how the effect of crooked channels differed from the effect of more 
straight ones, on a laboratory fungal and bacterial strain, we found that both 
organisms, as well as their nutrient degradation, are negatively affected in crooked 
channels, but the effect on fungi is stronger. We then tested the effect of the 
complexity of mazes on the growth of the lab strains used in the previous study. We 
found that as maze complexity increased, fungal growth decreased, in accordance 
with the previous study, but bacterial growth increased. Similarly, the nutrients were 
degraded more strongly inside the most complex mazes. Finally, we tested the effect 
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of channel and maze complexity on the nutrient degradation of natural soil microbes 
(Paper IV). We found that nutrient degradation was higher in crooked channels and 
complex mazes, meaning that as the habitat became more complex, the nutrient 
consumption was higher.  

As it can be seen, our results were the opposite of what we expected in the 
beginning. We expected to see that complex habitats would decrease the fungi and 
bacteria inside them, reducing thus the amount of nutrients that were degraded. In 
turn, we found that while this was true for fungi, it was the opposite for bacteria, 
which grew more and degraded more nutrients in complex habitats. The explanation 
of why a more complex habitat promotes higher bacterial biomass and nutrient 
degradation might be because complex environments offer different advantages. In 
a complex environment the interaction between individuals is reduced, which means 
that the competition between them is also reduced, giving the opportunity for a large 
variety of strategies to emerge and cohabit.  Bacteria that prefer to live in association 
with others, rather than swimming freely, grow better in a complex environment, 
because they are better protected against predation and high competition. They can 
then join each other’s company and start forming a collective behaviour called 
“biofilm”, where they become more efficient for different processes such as growth 
and nutrient acquisition.  

Even though many parameters that exist in soils, such as air pockets, are not yet 
included in our later experiments, our approach demonstrates how complex and 
unintuitive the behaviour of microbes can occur inside microhabitats. The final goal 
of the approach we use is to be able to replicate as many parameters as possible so 
that we can evaluate how each one affects soil microbes. Once a clear picture of 
such effects is drawn, we could be capable of looking at a CT scan of soil and 
identify what type of microbes, interactions, and functions are happening in each 
spot and in the entire soil. In this sense, understanding parameter by parameter, how 
the inner characteristics of soils affect microbes, their interaction, and nutrient 
consumption, can help us to identify proper strategies to reduce the soil carbon from 
being consumed, thus reducing thus our contribution to the global climate change.  
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Introduction  

The habitats where microbes grow tend to be patchy and to change over time. These 
changing habitat characteristics influence not only the way microbes behave, but 
also the impact they have in ecosystems. Heterogeneous microhabitats can be found 
inside the human body, in marine sediments, or in soils. In soils, the extreme 
complex habitat that microbes inhabit is thought to be one of the reasons why the 
carbon soils contain is preserved and not consumed by microorganisms.  

Soil organic matter and the global carbon cycle 
It is expected that through the 21st century the global mean temperatures will keep 
rising if the emissions of greenhouse gases are not decreased(IPCC, 2013). This will 
likely carry negative effects to the environment, the economy, and human health 
and safety(Forum, 2009). Since CO2 emissions from fossil fuels and changes in land 
use are the main driving forces behind climate change, understanding the global 
carbon cycle and its dynamics will help us to predict and find possible solutions to 
such changes.   

The carbon cycle describes the transformations carbon undergoes on Earth, which 
can be part of a long-term geological cycle or a short-term biological cycle (Kasting 
et al., 1988). While the biggest pools of carbon lay in the long-term geological cycle, 
it is the biological carbon cycle, the short-term cycle, that human activities impact 
the most (Lal, 2008). The biological cycle is determined by the balance between 
photosynthesis and decomposition, and its dominant compounds are CO2 and CH4. 
A theoretical start of the cycle occurs when the atmospheric CO2 is incorporated in 
terrestrial biological tissue via photosynthesis. The total amount of carbon 
incorporated in plant tissues via photosynthesis is known as Gross Primary 
Productivity. After a portion of this carbon has been respired back to the 
atmosphere, what remains as death or living biomass is known as Net Primary 
Productivity. This biomass carbon can later undergo different paths, it can be further 
consumed by other organisms and be respired as CO2 back to the atmosphere, or it 
can enter the soil and be transported later to oceans through rivers, or it can remain 
in soil forming what is known as soil organic matter (SOM). 
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The SOM chemical composition is thought to depend on both the initial 
characteristics of the input material and on the biotic and abiotic processes it is 
subjected to in the soil (Liang et al., 2017; Stoops et al., 2010). Even though SOM 
is essential for soil agriculture, water quality and for the resistance a soil can have 
to erosion (Bot & Benites, 2005; Schmidt et al., 2011), an agreement on the basics 
of its nature is still lacking(Lehmann & Kleber, 2015). A deeper understanding of 
SOM might help to clarify why a portion of soil organic carbon is decomposed 
promptly, while another remains stable in soils for millennia (Schmidt et al., 2011)  

Traditional Views on Soil Organic Matter Stability 
Three conceptual models that describe the stabilization of OM have been 
traditionally discussed: The Humification-; the Selective preservation-; and the 
Progressive decomposition model (Lehmann and Kleber 2015). 

The “Humification” perspective is a method-based approach that states that an 
accumulation of recalcitrant OM due to its chemical properties is the reason why 
carbon remains in soil. In this approach, SOM is formed of plant material that has 
been modified by soil microbes into complex lignin-like compounds known as 
humic substances (Stevenson, 1994). In this process, known as “humification”, 
humic substances increase in size and complexity as they are metabolically 
processed in soils. However, the methods to extract them from soil consist in harsh 
alkali extractions which, despite been widely adopted, have not been shown to 
represent the actual compounds that exist in an undisturbed soil (Lehmann & 
Kleber, 2015). In this line, recent studies have found that the large molecules, 
traditionally called humic substances, are rather a product of aggregation of small 
molecules during the extraction methods (Myneni et al., 1999; Piccolo, 2001; Sutton 
& Sposito, 2005). It has been, therefore, suggested that the molecular structure of 
the SOM components does not necessarily determine the long-term persistence of 
carbon in soils (Schmidt et al., 2011). 

Another approach that explains carbon accumulation in soils is the “Selective 
preservation” model, which assumes that the OM input into soil is, per se, composed 
of a labile and a stable pool (Lützow et al., 2006). The labile pool is thought to be 
composed of simple molecules, such as glucose and amino acids, and of 
macromolecules of high nutritious value for microbes, like polysaccharides or 
proteins . The stable pool, in contrast, is thought to contain complex molecules of 
low nutritional value such as amorphous polymers with aromatic rings, which would 
make this pool less likely to be consumed by soil microbes, and therefore persist in 
soil (Lützow et al., 2006). Polymers that are part of this pool are lignin and 
molecules like lipids, waxes, cutin and suberin (Derenne & Largeau, 2001). 
However, several studies have shown that, given the right conditions, a wide variety 
of compounds can be mineralized or modified by microbes (Gramss et al., 1999; 
Hamer et al., 2004; Hazen et al., 2010; Wiesenberg et al., 2004; Yang et al., 2014). 
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The molecular recalcitrance of a compound plays, therefore, a relative rather than 
an absolute role in its persistence in soil and might be relevant only in the early 
stages of decomposition (Lützow et al., 2006) 

The “Progressive decomposition” model, on the other hand, is based on the concept 
of an energetic downhill process where the fauna, plant, and microbial derived 
compounds, fall into. SOM is here considered as a unstable mixture of different 
thermodynamic state molecules that tends to fall through a “free energy 
precipice”(Hedges et al., 2000). In this sense, the SOM would be formed by 
molecules of different sizes and states of decomposition that accumulate over time. 
However, as indicated before, molecular structure does not necessarily determine 
the time a compound would remain in the soil(Schmidt et al., 2011). Thus, factors, 
other than the chemical properties of SOM compounds, might be preventing its 
mineralization. 

Emergent views on soil organic matter persistence 
Recent advances in SOM research indicate that none of the presented concepts 
suffice to explain the nature of SOM. There are still phenomena that cannot be 
answered with the traditional views on SOM. It is possible to find, for instance, high 
concentrations of supposedly labile OM in soils such as free amino acids (Gallet-
Budynek et al., 2009; Jones et al., 2009; McDowell et al., 2006; Van Hees et al., 
2008; Yu et al., 2002) On the other hand, the addition of low molecular weight 
compounds to soils resulting in a rapid mineralization rate, reveals the starving 
nature of soil microbes (Hobbie & Hobbie, 2013). This paradox supports the idea 
that a part of the SOM, in natural conditions, is not accessible to microbes and that 
the high concentration of low molecular weight compounds extracted from soil 
might be sample-induced (Hobbie & Hobbie, 2013). To explain this lack of 
accessibility, new models have been proposed (Lehmann & Kleber, 2015), where 
the accessibility of microbes to SOM is the driver of OM decomposition. 
Accessibility is defined in terms of both physiochemical interactions of the OM with 
mineral surfaces, where the attachment of organic molecules to mineral surfaces 
limits their availability, and in terms of the physical protection of SOM within the 
inner soil structure (Lehmann & Kleber, 2015).  

Soil structure 
Soil is considered the most complex biomaterial known, which is in part due to the 
interaction of soil microbes with its heterogeneous microenvironments, forming a 
self-organized system that sustains its functionalities over time (Young & Crawford, 
2004).  The way particles and voids are distributed in the soil matrix, regardless 
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chemical heterogeneities, is known as soil structure (Rabot et al., 2018). This 
property of soils has been traditionally studied because it can help to descre some 
soil physical aspects like hydraulic and solute transport properties  (Bejat et al., 
2000; Vogel, 2000), soil water retention curves (Vogel, 2000), hysteresis, or 
dependence of the soil media on its previous phenomena (Jerauld & Salter, 1990), 
or the relationship between capillary pressure and saturation based on the 
heterogeneity of the pores (Ferrand & Celia, 1992). 

But soil structure does not only alter soil physical parameters, it also influences the 
living organisms inside it. Plants, for instance, adjust their root colonization 
showing a preference to pores generated by organisms such as earthworms 
(Stirzaker et al., 1996). For microorganisms, soil structure is considered to have a 
major impact due to the diversity of microenvironments it provides (Young & 
Crawford, 2004). It can, for instance, promote differences in the abundance of 
different microbial communities (Negassa et al., 2015), affect local denitrification 
and intra-aggregate anoxia patterns (Arah & Vinten, 1995), affect the 
decomposition rate of freshly added plant residues depending on the pore 
connectivity (Negassa et al., 2015). On the other hand, microorganisms can in turn 
also affect the soil structure: It has e.g. been shown that microbial decomposition 
activity inside artificial soil aggregates caused micro-cracks that changed their inner 
porosity and morphology (De Gryze et al., 2006).  

The study of the structure of soil can be approached by either looking at the matter 
it is composed of, or, in contrast, at the empty spaces this matter creates. Thus, the 
approaches to study soil structure consist mainly of two perspectives: the soil 
physical approach and the soil pore approach. 

Soil physical approach 
The physical approach or aggregate approach is a method-based characterization of 
the soil structure and it is defined by the stability of the soil particles after a certain 
separation treatment.  It has been established a three-state organization of the soil 
solid phase: macroaggregate, mesoaggregate, and microaggregate (J. Six et al., 
2004).  

The aggregate properties of soils have been suggested to be determinant for the 
SOM dynamics inside them. The SOM inside soil aggregates is thought to be 
protected from microbial degradation due to the inaccessibility of degrading 
enzymes and the reduced oxygen diffusion inside of them (J. Six et al., 2002). Poorly 
stable macroaggregates have been shown to offer little protection to SOM in the 
long term when compared to more stable microaggregates (J. Six et al., 2002). 
Therefore, the amount of carbon contained in microaggregates-within-
macroaggregates as a ratio of the total SOC is proposed as indicator of the physical 
stabilization of SOM in soils(Johan Six & Paustian, 2014). 
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Pore space perspective 
The pore space perspective, as opposed to the aggregate perspective, focuses on the 
soil architecture, or the properties of the soil pore space(Ritz & Iain, 2012). The 
physical part is, however, not completely disregarded, for the composition of the 
pore forming particles is also studied inside this approach. Parameters such as 
distance between different pores, their sizes, shapes, conditions, are studied for 
determining the involvement they have in the soil functions.  

The methods for characterizing the pore space of a soil can be divided into indirect 
methods and direct methods.  A, third and theoretical way of studying the soil pore 
structure is with the use of network models, which are an idealized representation 
of the geometrical characteristics of porous media (Vogel, 2000). 

Indirect Methods for studying pore space 
The indirect methods refer to the study of the pore space without a direct 
visualization of it, but with the use of probe molecules to infer its bulk 
characteristics. Mercury porosimetry has been used for decades for this purpose and 
it consists in the introduction of mercury into the soil sample, followed by a pressure 
application so that the mercury penetrates the pores of the soil. The characteristics 
of the pore space are then calculated based on the pressure applied and the volume 
of mercury introduced (Van Brakel et al., 1981). One of the advantages of this 
system is the wide range of pore sizes that can be covered in a single run (Rabot et 
al., 2018).  However, facts such as the drying of the soil before analysis likely 
changes the original pore space, or that the largest entrance toward a pore is 
measured instead of the actual size of the pore, are some drawbacks to this method 
(Rabot et al., 2018; Van Brakel et al., 1981).  

The correlation between the soil water content and its matric potential can also be 
used as a method for inferring the pore space characteristics of a soil. This method 
is based on the water retention curve of a soil and the different indicators derived 
from it. A soil with many large pores will show a retention curve that drops rapidly 
its volumetric water contents under high matric potentials, whereas a soil with fine 
pores retains water even at high matric potentials (Nimmo, 2013). However, when 
the water retention curve is in the dry range of a soil, this method is prone to errors 
that can be partly compensated by considering the relative humidity or osmotic 
equilibrium of the soil (Rabot et al., 2018).  

Using gases is another way to study indirectly the pore space of a soil. This can be 
done by using gas as the mobile phase to determine the pore space properties of a 
soil derived from isotherm or model applications (Zachara et al., 2016).  The gases 
used are generally dinitrogen (N2), carbon dioxide (CO2), or water vapor, which are 
introduced in a small soil sample (between 1 to 5 mm columns) (Rabot et al., 2018).  
After being degassed, the samples are subjected to a fixed pressure of the gas in use. 
The introduced gas forms monolayers at first and then multilayers against the pore 
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walls. Micropores are the first pores to be filled because the interaction between the 
gas and the pore walls is higher (Lowell et al., 2004). Mesopore and macropore 
filling needs more pressure because multilayers need to be formed, thus relying not 
only on the interaction of gas to pore walls but also on interaction of the gas with 
itself(Sing, 1985). The amount of adsorbed gas is calculated using the difference in 
pressures before and after equilibrium.  The range of pores that can be characterized 
in size are between 1 and 200 nm in diameter (Darbyshire et al., 1993).  

Direct Methods for studying pore space 
Direct methods are the ones that allow the characterization of the pore space by 
direct visualization of it. The strength of these techniques is that they allow a 
characterization of the morphological and topological features of the pore space. 
Among the direct methods are the optical (electron) microscopes, which can 
visualize the pore space directly in thin sections of a sample (Bruand & Cousin, 
1995; Pagliai et al., 2004). Other methods allow characterization of the soil pore 
space without thin sectioning, by using radiation that passes through the sample 
followed by a digital 3D reconstruction. These methods are, namely, X-ray 
tomography, gamma-ray tomography, neutron tomography, and nuclear magnetic 
resonance imaging (Cnudde & Boone, 2013; Pires et al., 2005; Pohlmeier et al., 
2008; Schaap et al., 2008).   The studied pore size limit depends on the resolution 
of the scan (Wildenschild et al., 2002). A further segmentation, using the obtained 
image contrast, allows identification of the different phases, namely: air, water, soil 
matrix, roots, gravel. 

These approaches have nonetheless some drawbacks such as the necessity of 
expensive equipment, possible introduction of artifacts during sample preparation, 
and lack of standard protocol for digital segmentation. This last one produces 
significant differences in the proportion of the phases of the soil depending on the 
type of segmentation used (Baveye et al., 2010).  

Pore space and soil organic matter 
The pore space characteristics of a soil have been suggested to be crucial for the fate 
of the SOM. The challenge is, however, to know what type of spatial arrangements 
or characteristics influence SOM and soil functions. An example of this challenge 
is the unclear and sometimes contradictory role of the bulk soil porosity in 
determining soil functions. Experiments using medical X ray scans suggest that it is 
more important to know parameters that describe connectivity or presence of 
obstacles, rather than bulk porosity when describing air, water, and solute transport 
through soil (Katuwal et al., 2015). In the same line are the results of  Larsbo et al., 
(2016) and of Paradelo et al., (2016), that show that SOM content was not correlated 
with the total imaged porosity. Also, bulk macroporosity measurements derived 
from CT images could not predict spatial characteristics of a pore space, such as its 
tortuosity, which is thought to be relevant for soil processes(Katuwal et al., 2015). 
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Therefore, bulk porosity per se seems not to provide enough information about soil 
functions and SOC turnover. 

The pore size distribution of a soil, rather than its bulk porosity, has also been 
studied in relation to SOM fate. Concentrations of SOM have been found to be 
linked to the volume of the pores that surround it, especially the smaller ones. For 
instance, the SOM content of a soil was found to be correlated with the volume of 
the pores below 0.6 mm, but not with the pores bigger than 1.2 mm(Larsbo et al., 
2016). Complementary, Ananyeva et al., (2013)found that the correlation between 
porosity and total carbon content in studied soil aggregates was positive for pores 
between 15 and 37.5 µm and negative for pores between 37.5 and 67.5 µm. Also, 
Toosi et al., (2017)found in soils of different land management that the abundance 
of pores below 32 and above 136 µm was positively correlated with FTIR indicators 
of low decomposable OM. There seems to be, thus, a link between SOC stabilization 
and the number of small pores in the soil. 

The correlation between pore space of a soil and SOM is likely to go on both 
directions, meaning that SOM can also have a feedback on soil porosity. For 
instance, high concentrations of organic carbon in soils were linked to an increase 
in the arrival time of a tracer through those soils, indicating the presence of weak 
preferential transports(Larsbo et al., 2016). This correlation might be occurring 
because having weak preferential transports allows new nutrients to be distributed 
through the whole pore space, preserving the carbon concentrations inside it.  

Not only the pore size has been under scrutiny when studying the link of pore space 
and SOC, but soil aeration, or the access of pores to air, has also been pointed as a 
crucial factor for soil processes related to SOM. For instance, Naveed et al., (2014) 
found that fertilized soils have a better aeration compared to non-fertilized soils, 
which could be attributed to a higher number of macropores, higher gas diffusivity 
and air permeability, and the higher connectivity between pores in fertilized soils 
compared to non-fertilize ones. This has been supported by analysis of soils that 
show a positive correlation between connectivity of the pore network and macro 
porosity which might promote aeriation(Paradelo et al., 2016). Aeriation, or the 
access of pores to the atmosphere has been shown to be crucial for organic matter 
mineralization. This was evidenced by Kravchenko et al., (2015)who found that 
pores connected to atmosphere tend to lose more particulate organic matter 
compared to other pores. It seems, thus, that the access of the pores to air is a crucial 
factor that might promote SOM mineralization, if well connected, or SOM 
preservation if not connected to air. 
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Microfluidic models 
One of the challenges with studying soil is the difficulty of visualizing the processes 
that occur inside it in real time. A way to tackle this challenge is by studying such 
processes with the use of micro models that simulate soil. These models allow us to 
test specific soil parameters and follow the processes inside them in real time. An 
emerging approach of models that simulate the pore space are the microfluidics 
systems. 

Microfluidics are defined as the manipulation of fluids within structures at the 
micrometre scale (Beebe et al., 2002). Due to its unique characteristics, regarding 
control of flows, chemical gradients, structures, among others, it has been widely 
used in fundamental and applied research of several fields such as soft-matter 
physics, chemical engineering, disease diagnostics and biomedicine (Rusconi et al., 
2014). 

One of the main characteristics of microfluidics is the change of hydrodynamics that 
occur when the fluid transport system is small, as its dynamics become different 
than the ones experienced at the macroscale: Fluids in channels smaller than 100 
µm and fluid velocities in the µm/s order enter a low Reynolds number regime 
which means that flow becomes exclusively laminar (Brody et al., 1996) instead of 
turbulent, which is the common condition at macroscale. Laminar flow, as opposed 
to the chaotic state of the turbulent one, occurs orderly and in parallel to the surface 
of flow (Beebe et al., 2002). This occurs because in small compartments, viscous 
forces become dominant over inertial forces, turbulence is thus neglectable, and the 
role capillary forces play is significantly higher than in large dimension processes 
(Beebe et al., 2002). Also, since diffusion time is proportional to the square of the 
diffusion distance, it becomes the main mixing mechanism at the microscale (Brody 
et al. 1996).  Additionally, surface tension as well as evaporation play a more 
important role in small volumes as opposed to macro scale ones (Brody et al., 1996). 
All these characteristics of the microscale are likely to be dominant as well in the 
soil pore space, specially in the mores below 50 µm, where most microbial activity 
is thought to happen, being thus of high relevance the application of microfluidics 
to study soil microbial processes.    

Fabrication 
There are currently several methods for the fabrication of microfluidic devices. The 
efficacy of each one of them depends on the type of experiment performed.  

The fabrication method that is mostly used for biological and biomedical purposes 
nowadays is soft photolithography since its fast, less expensive, and needs less 
specialized techniques(Beebe et al., 2002). Soft photolithography consists in the 
moulding of a polymer called polydimethylsiloxane (PDMS), formed by an 
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elastomer and a curing agent, onto a photoresist master. The use of soft 
photolithography for biological research has been widely reviewed before 
(Whitesides et al., 2001). 

There are, nonetheless, other methods for the fabrication of microfluidic devices. In 
situ construction, for instance, is based on photopolymerizable liquids, lithography 
(Beebe et al., 2002), where the walls of the device are formed by 3D printed material 
or by polymerized material, which was exposed to UV light, and the non-exposed 
part that remains unpolymerized is washed away (Khoury et al., 2002). Since it does 
not need the use of a clean room or other expensive equipment, it is a fast and simple 
process. However, in situ construction is limited in its dimensions by the resolution 
of the mask and the polymerization effect of the polymer(Beebe et al., 2002)). Other 
promising techniques, such as micro moulding (Choi et al., 2001), or laser ablation 
(Roberts et al., 1997)have shown limitations, especially due to their low resolution 
and low throughput.  

Microfluidics in Microbial Ecology 
Microfluidics have been used to investigate a wide range of microbial phenomena 
at the micrometre scale, which include processes such as microbial chemotaxis, the 
effect of fluid flows in microbes, microbial navigation and their effect on flows, 
surface-microbe interactions, among others.   

Chemotaxis 
Before microfluidics, chemotaxis, which is the property of organisms that allows 
them to adjust their motility based on the chemical gradient around them, was 
traditionally characterized with chemotaxis assays. These assays include protocols 
such as stopped flow diffusion chambers, continuous-flow capillary assays, two 
chamber glass capillary arrays, swarm plate assays, and tethered cell assays(Ahmed 
et al., 2010). The main challenges in these traditional methods were related to the 
control of experimental factors, such as chemical gradients, at the relevant scale for 
microbes. With the use of microfluidics and its accurate control over channel 
geometries and fluid flows, some of the pitfalls that are traditionally encountered 
can be potentially solved. , allowing a revision of the previously stablished 
knowledge by chemotaxis assays. Mao et al., (2003), for instance, showed with a 
microfluidic gradient generator composed of two continuous laminar flows that the 
chemotactic sensitivity of E. coli is 1000-fold higher than previously described with 
traditional capillary-based methods.  

The main advantage of microfluidics when it comes to chemotaxis studies is the 
possibility of a direct control of the created gradients. Masson et al., (2012), for 
example, produced a controllable gradient by connecting reservoirs through a 
microfluidic channel. To get even more controllable gradients, it is also possible to 
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separate the test channels from the chemical gradient using membranes of porous 
materials like nitrocellulose (Diao et al., 2006) or hydrogel agarose(Cheng et al., 
2007), which prevents direct interaction between cells with the gradient. Stable 
gradients have also been produced with oxygen by using a two-layer microfluidic 
device creating a gradient from aerobic to microaerobic conditions(Adler et al., 
2012), and with temperature to test the confound effect between chemotaxis and 
thermotaxis in E. coli (Salman et al., 2006). 

Unsteady gradients have also been part of experimental designs inside microfluidics 
to mimic more realistic conditions. An unsteady gradient of α-methylaspartate, for 
example, was used to obtain a detailed map of the chemotactic velocity of E. Coli 
(Ahmed & Stocker, 2008). Unsteady gradients have also been shown to be produced 
by the organisms themselves as an effect of bacterial nutrient 
consumption(Saragosti et al., 2011).  

Flows 
Microbes in nature are exposed to flow regimes that determine their life cycles. To 
simulate the effect of flows on microbial communities, different microfluidic 
approaches have been optimized to expose microbes to controlled flow regimes. 
Marcos et al., (2009)for instance, used a microfluidic device to study the effect of a 
shear flow in the alignment of helically shaped, non-motile bacteria, showing how 
bacteria align according to flows as a mean of adaptation. Flows in nature do not 
occur only in one direction but rather can be of a wide variety of types. In this sense 
microfluidic approaches have been developed to study extensional flows, 
hyperbolic flows and vortex flows, that serve to test the response of microorganisms 
to different types of flows (Hudson et al., 2004; Marcos & Stocker, 2006). 

Motility effects on fluids 
Microbial motility itself can also affect chemical diffusion and fluid properties. 
Using a microfluidic flow cell, (Kim & Breuer, 2004)showed that the presence of 
motile E. coli increased the effective diffusion coefficient of Dextran. Also, it has 
been shown, using bacterial surface arrays (carpets), that the temperature and 
nutrient conditions in which bacteria grow determine their mixing performance of 
their culturing liquid. (Kim & Breuer, 2007). Moreover, Gachelin et al., (2013) 
showed, by changing the shear rate of a fluid, that the viscosity of the fluid changed 
due to the mixing effect created by E. coli motility inside it. 

Interaction with surfaces 
In every type of environment, microbes encounter surfaces that affect their 
behaviour and life cycles. However, the study of the biophysical mechanisms behind 
microbe-surface interactions are still underexplored (Rusconi et al., 2014). Some 
attempts have been done to explore these interactions using microfluidics. Lauga et 
al., (2006), for instance, showed that E. coli swim in a circular motion when they 
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are near a solid boundary, which causes a hydrodynamic trapping of the cells close 
to the surface. Also, by letting bacteria move on an agar substrate and confined in 
PDMS microchannels, (DiLuzio et al., 2005)found that bacteria swam mainly to 
their right along the right wall of the channels. These results highlight the 
importance of studying microbial processes occurring at surfaces, for they seem to 
be different than the ones performed in traditional plate studies.  

It has also been shown that bacteria can get trapped when encountering dead ends 
or funnel like structures. Galajda et al., (2007)managed to concentrate motile 
bacteria in certain regions of the microfluidic device, and to separate them from 
non-motile ones by using funnel like structures. Even with the presence of flow 
against the orientation of the funnel structures in a channel, contra intuitively 
concentrates more bacteria in the section of the channel after the funnel than before 
it (Altshuler et al., 2013). This shows the importance of corners for bacterial 
accumulations in absence of gradients. However, it seems that when a density 
threshold of bacteria is reached, enough substrate consumption causes the formation 
of an attractant gradient that allows bacteria to escape from a barrier of funnels 
(Lambert et al., 2010).  

Bacterial attachment to surfaces is of great importance for different fields of 
research like biomedical or environmental sciences. Microfluidic approaches have 
revealed that there might be bacterial attachment mechanisms to surfaces that we 
are still not aware of. Lecuyer et al., (2011), for instance, showed that mutant strains 
of Pseudomonas aeruginosa lacking surface organelles or extracellular matrix could 
still present a shear-enhanced attachment to the surface of the channels. These 
results indicate that not only extra cellular matrix and surface organelles are 
involved in bacterial attachment to surfaces, but that other mechanisms might also 
play an important role. A similar phenomenon was seen when comparing wild type 
Xilella fastidiosa with mutants lacking type I and type IV pili under different flow 
regimes (De La Fuente et al., 2007). Also, mechanisms like bacterial alignment, can 
as well be used by bacteria to perdure in surfaces. Shen et al., (2012)showed that 
Pseudomonas aeruginosa, besides using attachment mechanisms, also oriented 
themselves upstream against the flow direction. This mechanism, according to the 
authors, could be beneficial for bacterial persistence under flow regimes. 

Not only the bacterial physiology determines surface attachment but also the 
chemical and the topographical properties of a surface play a crucial role in the 
adhesion of bacteria to them. By testing the effect of having lipid membranes on a 
surface, Holz et al., (2009) showed that the size of the membrane patches and the 
number of bacteria determine whether Neisseria gonorrhoeae presents a clustering 
or a spreading behaviour when attaching to surfaces. On the other hand, studies 
concerning the interactions between cells and different topographic features at the 
nanoscale have been widely reviewed, and the importance of elucidating such 
interactions with bacteria has been particularly pointed out(Anselme et al., 2010)). 
An example of the effect of surface topography on bacteria was shown by 
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Hochbaum & Aizenberg, (2010)when different surfaces characteristics promoted 
specific orientation patterns in gram negative and gram-positive bacteria. 

Microfluidics for studying soil microbial processes  
The advantages of microfluidics for soil studies are the transparency it provides for 
real time visualization and the versatility at manipulating its internal parameters, 
both of which are key for understanding soil phenomena. Over the last years there 
has been increasing interest in the use of microfluidics in soil sciences (Aleklett et 
al., 2018; Karadimitriou & Hassanizadeh, 2012; Stanley et al., 2014, 2016; Stanley 
& van der Heijden, 2017). Microfluidic devices have been applied to answer a wide 
variety of research questions ranging from the effect of extracellular polymeric 
substances (EPS) on the drying dynamic of soils (Deng et al., 2015), to the role soil 
unicellular eukaryotes play on transporting nanoparticles(Rubinstein et al., 2015). 
Microfluidics allow also the incorporation of optodes (sensor device to optically 
measure the concentration of a substance)  to measure indirectly some of the 
properties inside the device, such as pH and redox potential, that could not be 
measure in real time at the pore scale in real soil (Pedersen et al., 2015; Rubol et al., 
2016)).  

The production of EPS is crucial for the survival of many microbes and is considered 
a key advantage for EPS forming microorganisms over their planktonic counterparts 
Rusconi et al., (2014). Researchers have used microfluidics for studying the 
formation of bacterial EPS in flows(Rusconi et al., 2010), the effect of a channel 
curvature in EPS formation(Rusconi et al., 2011), clogging of channels due to EPS 
and biomass accumulation(Drescher et al., 2013), EPS forming dynamics in a wide 
variety of geometric features (Kumar et al., 2013; Marty et al., 2012; Valiei et al., 
2012). As mentioned before, Deng et al.,(2015)used a CT-based soil chip to show 
that the presence of EPS strongly increased the water retention potential of the 
artificial pore space. 

However, as Baveye et al., (2018)mentioned, two main challenges remain for the 
application of microfluidic models in soil research. The first one is related to the 
connectivity of the pore space which is limited by the 2D structure of the 
microfluidics (often referred to as pseudo-3D since it has a constant and low height) 
and does not resemble the real 3D nature of soils. Moreover, designs based on µCT 
images miss “sub resolution” pores, which are not detected due to CT limitations in 
resolution (currently at  10 µm) Baveye et al., (2018) and ,thus, it is difficult to know 
how those pores, that are crucial for biological activities, are arranged in an 
undisturbed state.   
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Aims 

The aim of my PhD project was to reveal the effect soil structure has on microbial 
processes. For this purpose, I used microfluidic techniques that simulated different 
soil parameters and its effect on lab and natural microbial populations. The present 
work focuses on the following questions: 

- Can microfluidics be a tool for studying the influence of soil structure on 
microbial interactions at inter-kingdom level? What is the effect of the 
liquid phase, pore geometry on microbial colonization? To what degree do 
microbes and physical forces modify the microhabitats? (Paper I) 

- We then moved to a more specific question of influence of pore geometry 
on microbial biomass. Thus, if we see the inner soil pore space as a 
conjunction of channels, what is the impact of the turning angle on the 
growth of microbes and substrate degradation? (Paper II) The initial 
thought was that sharper turning angles would reduce fungal and bacterial 
growth since channels become less accessible. This reduction in growth 
would also be translated into a reduced substrate degradation. Hence, 
sharper angles would lead to low microbial biomass and low substrate 
degradation. For this question, a fungal and a bacterial fluorescent lab 
strains were used to detect biomass and a fluorogenic peptide was used to 
detect enzymatic activity. 

- If we consider the soil pore space as a maze with branching paths of 
different connectivity where microbes grow, what is the effect of maze 
complexity in microbial growth and substrate degradation? (Paper III) We 
expected that an increase in maze complexity, obtained by an increase in 
the maze fractal order, would lead to a reduction of bacterial and fungal 
biomass and the substrate degraded. The lab strains used in this question 
were the same as in the previous question.   

- Finally, how similar are the obtained results when the effect of angle 
sharpness and the maze fractal order are tested in a soil inoculum containing 
natural microbial communities? (Paper IV) Nutrient degradation was 
followed by using the same fluorogenic substrate that was used in the two 
previous questions.  
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Main results and conclusions 

Microfluidics for studying soil structure 
One of the main challenges when studying soil microbial ecology is that microbial 
processes cannot be seen, and their activity must be measured indirectly. Hence, by 
having a methodology to study soil microbial functions that allows a direct 
visualization of processes in real time, can be a powerful tool to investigate 
longstanding knowledge gaps in the field. In this first project we tested microfluidic 
techniques for studying soil microbial processes, and more specifically, we tested 
broad questions on microbial exploration of a pristine pore space. To do this, we 
performed a series of experiments with soil microbial communities inside 
microfluidic devices where we could test the effect of pore geometry, the 
distribution of the liquid phase, and interaction of fungal hyphae with swimming 
microorganisms, as well as the habitat modification microbes and particles do to 
their surroundings (Paper I).  
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Figure 1. Types of soil organisms and processes studied in the microfluidic device. The devices were colonized by 
soil microorganisms when buried in the field. The inner section shows a schematic drawing of the types of structures 
contained (dimensions are enlarged for didactic purposes). Bright field microscopy images indicate the types of 
processes observed in the study: a, Water meniscus connecting soil particles and structures. b, Mobile soil particles 
blocking connectivity of the artificial pore spaces. c, Preferential water flow paths developing among soil particles 
sedimenting at the bottom of hyphal structures. d, Passage opening by hyphae: hyphae broke through the borders of 
an artificial pore space, creating a new micropore. e, Habitat fragmentation by hyphae clogging a pore neck. f, Fungal 
highways: hypha-facilitated bacterial dispersal across air gaps. g, Passage obstruction: a hypha blocking the 
entrances to a rectangle pore occupied by a nematode. h, Particle transport: amoeba transporting ingested bacteria 
and particles. i, Foraging behaviour: flagellated protozoa foraging around and in soil aggregates. Images a, d, and e 
derive from air filled chips; b, f, g, and i derive from malt medium-filled chips; c and h derive from water filled chips.  

The microfluidic device design was made in AutoCAD 2015 and it consisted of a 
series of pillars as entry to a treatment area. The treatments had channels with 
varying width and shapes and were either filled with air, water, or nutrient medium 
to test the effect of a liquid or air interphase in microbial colonization. The inner 
part of the microfluidic device contained channels of different geometry with 
increasing complexity so that it could be tested the effect of these on microbial 
colonization. Additionally, other two aspects were tested: the effect of fungal 
hyphae of the advancement of swimming organisms, and the habitat modification 
organisms did to the structures in the microfluidic device. The microfluidic devices 
were buried under a soil plot for a period of two months, after which they were 
recovered and analysed in the microscope. In a parallel approach we incubated 
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microfluidic devices containing soil in the laboratory, so that we could follow the 
changes inside over time.  

 

Figure 2. Maximum dispersal extent of different soil microbial groups. Colonization distances of the three microbial 
groups, fungi, bacteria, and protists, recorded in soil chips incorporated into soil (a, b, c, Expt. 1, n=3) and incubated 
with soil in the laboratory (d, e, f, Expt. 2, n=3 chips x 12 channels). g, Fungal colonization distance in Expt. 3 (air-
filled chips, n=2 chips x 12 channels). The channels analysed are 10 μm wide, shaped with corners of different angles 
(see legend: zigzag (white bars), square (light grey bars), z-shaped (dark grey bars), under dry =air-filled, water-filled, 
or malt extract-filled conditions, error bars denote the standard error of the mean. The maximum extent of the 
channels was 2700 μm and thus the maximum possible colonization extent of this experiment. 

The data analysis indicated that bacteria and protozoa were strongly dependent on 
connected liquid phases for their colonization of the microfluidic devices. Fungi, on 
the other hand showed variable results, indicating that other factors than liquid or 
air phases influence their colonization. At the same time, the presence of fungal 
hyphae did not enhance the colonization of bacteria and protozoa, although fungal 
hyphae increased the wettability of dry spaces by, putatively, exudate secretion. 
Channel geometry did not affect the colonization of the channels at this level of 
replication, except for fungi in one of the experiments which grew better when the 
deviation from a straight path was minimum. Finally, microbes also altered their 
habitat by growing in it, especially fungi, which dragged and modified the 
arrangement of mineral particles inside the microfluidic device. 

In conclusion, microfluidic devices can act as a connection between lab and field 
experiments as we can insert a controllable device into a natural ecosystem, which 
will become thus a part of the ecosystem, and test parameters that could not be tested 
with traditional techniques. It is possible to internally replicate experimental 
sampling points to a very high number which allows us to make rough estimates on 
the relevance of processes as well.  

 



32 

Effect of angles in a pore space 
It has been hypothesized that one of the reasons why SOM is not consumed by 
microbes is because they are not co-located in space and time. What separates, thus, 
microbes from decomposers to be co-located is the soil matrix around them. In this 
sense, our initial thought was that a complex set of structures that separate microbes 
and substrate would decrease the interaction between them, slowing down the 
substrate degradation rate. For this purpose, we tested how the turning angle 
sharpness in a geometrical, channel-shaped pore space affected fungal and bacterial 
growth inside a microfluidic device. Our hypothesis was that as a channel’s turning 
angle sharpness increased, bacterial and fungal growth would decrease, due to the 
elevated energy investment needed to find their path in sharp angled channels. This 
biomass reduction would thus lead to a reduction of substrate degradation in sharper 
angled channels (Paper II). 

 

Figure 1. Microfluidic device design containing different channel treatments. (a) Channel types used. Each channel 
had a bending angle (45°, 90°, and 109°) and a turn order (alternated or repeated). (b) Entire design, consisting of a 
pillar system as entrance to the channels, and thesix type of channels in six variations distributted randomly. The 
design dimensions were: 281 mm x 276 mm. (c) The PDMS microfluidic device bonded to a glass bottom Petri dish. 

Using AutoCAD 2019 we designed a microfluidic device that contains a series of 
channels with different turning angle. The tested channel types had turning angles 
of 45, 90, or 109 degrees, and for each angle two turning orders were tested: an 
alternated turning order, where a right turn was followed by a left turn, or a repeated 
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turning order, where each turn direction was followed by a turn of the same direction 
(two to the left, followed by two to the right). The volume of the channels was 
normalized so that all channels would contain the same volume of medium. After 
the microfluidic device was filled with nutrient medium M9, it was inoculated with 
either the bacterial strain Pseudomonas putida (PP), the fungal strain Coprinopsis 
cinerea (CC), or with both of strains together. In this way we could test the effect 
of the structures on each strain and in the interaction of both. A fluorogenic 
substrate, the amino peptidase substrate L-Alanine 7-amido-4-methylcoumarin 
trifluoroacetate salt (AMC), was added to the growing medium so that enzymatic 
activity inside the microfluidic structures could be followed in time. The inoculated 
microfluidic devices were imaged using epifluorescence microscopy every 24 hours 
for 14 days. At the end of the experiment the obtained images were subjected to a 
process of background subtraction, alignment, and measurement. In this way, we 
obtained the bacterial and fungal biomass, as well as the substrate degradation inside 
each type of treatment channel.  

 

Figure 2. Fluorescence images of the bacterial strain P. putida mt-2 (green) together with the fungal strain C. cinerea 
AmutBmut PMA412 (red) with M9 liquid medium inside the PDMS microfluidic device on day 2 after inoculation. (a) 
90°-angled channel with repeated turn order colonized by bacteria and fungi. (b) 109°-angled channel with repeated 
turn order where accumulations of fungal hyphae block do not allow bacteria to advance further inside the channel. (c) 
All the type of channels studied colonized by both strains (from left to right: 45°, 90°, and 109°, with alternated turning 
order, and 45°, 90° and 109°, with repeated turning order) taken at 4x magnification. 

The image analysis revealed that the growth of both PP and CC were negatively 
affected in sharper turning angle channels. This negative effect was stronger when 
the turning order of the angles was repeated than when it was alternated. When 
grown together, the negative effect of angle sharpness continued for both strains but 
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became stronger for bacteria when growing together with fungi. Substrate 
degradation was not different between channels when PP and CC grew separated, 
but when both strains were together substrate degradation was lower in sharper 
angles.  

 

Figure 3. Bacterial and fungal biomass and substrate degradation in the different conditions. Upper pannels of each 
graph show examples of the initial part of the channels colonized by P.putida expressing GFP  C. Cinerea expressing 
d-tomato, or AMC (scale bar=100 µm) in conditions of absence (left) and presence (right) of competitor. Bottom 
panels show the three-way analysis of the response of bacterial biomass (a) fungal biomass (b) or substrate 
degradation (c) to the different channel types and competition conditions at the day of maximum fluorescence signal. 
The symbols represent the mean log-transformed fluorescence of each fluorophore for each treatment and the error 
bars represent the ±SE based on ANOVA for all the channel types (n=50).  
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These results were according to our initial expectations that angle sharpness would 
reduce biomass and substrate degradation. Both, fungal and bacterial biomass, were 
reduced in sharper angles due to the increased difficulty to access them. Bacteria 
could be limited in their dispersal because the sharp turning angles are higher than 
the angles they naturally turn while swimming in a free medium, and thus repeatedly 
hit walls or make detours before finding their way to the next channel segment. In 
the case of fungi, when hitting a wall at 90 degrees or more, the mechanism that 
keeps growth directionality loses direction, followed by a branching event. The 
habitat modification caused by fungal hyphae strengthened the effect of structures 
on bacterial growth, meaning that the habitat for bacteria became more difficult to 
access when fungi were present. This did not occur vice versa, meaning that the 
presence of bacterial biomass did not affect the response of fungi to the structures. 
Finally, the reduction in substrate degradation in sharper angled channels seem to 
be occasioned by the limited access bacteria had in those channels, which limited 
the amount of enzymatic degradation they could perform, while fungi did not 
degrade the substrate in significant levels. 

Our findings confirmed our hypothesis that an increase in turning angle sharpness 
reduces microbial biomass and nutrient degradation. They also reveal that the effect 
structures have on microbes are of different magnitude depending on the microbial 
group we studied. Overall, this study shows the relevance of considering multi 
species and multi-kingdom organisms in experimental designs so that we can draw 
a clear picture of how these interactions might be occurring in nature.   

Effect of fractal order 
The results found in the previous project followed a certain factor of habitat 
complexity, which was turning angle and order. In the present project, we wanted 
to evaluate the effect of another parameter of habitat complexity by looking at the 
pore space as a maze instead of a conjunction of channels. In this sense, the selected 
parameter that defined complexity was the fractal order of a series of mazes inside 
a microfluidic device (Paper III).  
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Figure 4. Fractal microfluidic device design, containing the 4 types of mazes studied with different fractal order: order 
0 (F0), order 1 (F1), order 3 (F3), and order 5 (F5). 7 replicates of each maze type with a standarized volume were 
included in the. The microfluidic device was molded in PDMS and bonded to a glass-bottom Petri dish. The device 
containes a pillar system as entrance to the structures. A sterile wet tissue was placed inside the Petri dish to prevent 
humidity losses.  

The design of the microfluidic device was done in AutoCAD 2019 and 
comprehended four types of mazes replicated 7 times each one, distributed 
randomly inside the design. Each maze contained the same volume and was filled 
with structures that followed a Hilbert curve pattern. The simplest of the mazes 
corresponded to the order 0 of the fractal, meaning that none of its inner structures 
were connected with each other, giving a complete accessibility to the space inside. 
The rest of the mazes were of order 1, 3 and 5, which means that the forming unit 
of the maze was 1, 3 or 5 iterations of the basic Hilbert curve unit, respectively. The 
microfluidic devices, previously filled with M9 medium containing AMC, were 
inoculated with PP and CC separately and together, and were followed for 10 days. 
Every 24 hours the microfluidic devices were imaged with epifluorescence 
microscopy so that data on fungal and bacterial biomass, and substrate degradation 
could be measured. The obtained images were subjected to alignment, background 
subtraction and measurement as a post processing step. Also, with the purpose of 
measuring how biomass and substrate degradation changed within the mazes, a 
spatial analysis of the fluorescence within the fractal mazes was performed, where 
fluorescence intensity was obtained as a function of the accessibility of each region 
of the maze.  
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Figure 2. Fractal microfluidic device colonized by the fungal strain Coprinopsis cinerea  expressing d-tomato (red) 
and the bacterial strain Pseudomonas putida expressing GFP, 24 hours after inoculation (a). Dead-ends colonized 
either by fungi or bacteria (b). Dead ends colonized by bacteria (c). Dead-ends colonized by fungi (d). Pictures were 
taken with 20x magnification. Scale bar represents 500 µm.  

The data obtained indicates that the effect of the maze fractal order was different for 
bacteria and for fungi. Bacteria, contrary to our initial thought, had a higher biomass 
in the complex mazes, F3 and F5, compared to the lower order ones, F0 and F1. 
This phenomenon was stronger when looking at the substrate degradation (caused 
by bacteria mainly) which was consistently higher as maze fractal order increased. 
Fungi, on the other hand, were negatively affected as fractal order of the mazes 
increased, which was in line with our hypothesis. When both organisms, PP and CC, 
grew together, the biomass pattern of fungi was similar to when CC grew alone; 
whereas bacterial distribution pattern was changed, as the two complex mazes, F3 
and F5, were colonized first, followed by a higher colonization in the following days 
in mazes F0 and F1. Substrate degradation, however, was similar to the bacterial 
treatment when both organisms were cultivated together, meaning that higher fractal 
order mazes showed the highest enzymatic activity.  
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Figure 3 comparison of mean values of bacterial biomass (a), fungal biomass (b), and substrate degradation (c), 
between treatments on the day of maximum fluorescence signal. Capital letters under themean values indicate 
weather significant difference was found between means (p<0.05). The dashed red line shows the background 
fluorescence level for each fluorescence channel. The maze representation (d) indicates the basic structure of each 
maze. As mazes increase fractal order, the building block of the maze increases in size, and the overall connectivity 
of the maze decreases.  

The spatial analysis of the mazes, which show how the fluorescence changed within 
the mazes, revealed that bacterial biomass decreased towards the innermost regions 
of the maze when growing alone. When growing with CC, however, bacterial 
biomass was especially affected in the most accessible regions, where it was lower, 
and increased towards the inner regions of the maze. This increase in bacterial 
biomass occurred until a certain region of the maze, after which it decreased. Fungal 



39 

biomass, on the other hand, always followed the same pattern, meaning it was high 
in the most accessible regions of the maze and decreased towards the inner regions.  
Substrate consumption, both in bacterial and in bacterial with fungal conditions, 
increased as accessibility of the maze decreased until a certain point of accessibility, 
after which substrate degradation decreased.  

The reason why bacteria seem to benefit by habitat fragmentation is that an increase 
of obstacles, which limit or reduce interactions and competition, results in a wider 
variation of metabolic strategies that can co-occur even within the same clonal 
population. While a connected habitat favours only fast growers, which outcompete 
individuals with lower metabolic rates but higher nutrient acquisition efficiency, a 
fragmented habitat allows both strategies to survive, leading to a higher population 
and a jointly higher enzymatic activity. Also, the presence of dead ends and corners 
in the most complex mazes favours the accumulation of quorum sensing molecules 
which attract more bacteria that could be eventually forming biofilms with a higher 
nutrient acquisition efficiency. This did not occur in the fungal treatment, where the 
fungi, in order to colonize complex habitats, need to do more turns, and branch less, 
in comparison with a simpler habitat. Branching in open spaces mean that the 
mycelium exploration capacity would be doubled after every branching event. 
When one of the new branches encounters a dead end instead of an open space, the 
advantage that branching offers for space explorations is reduced. The same occurs 
with the turns that are necessary for exploring the maze. While growing in an open 
space does not demand turning or directional changes, encountering obstacles such 
as the studied mazes, forces fungi to turn, branch, and loose directionality, which 
occasions a reduction in the overall biomass.   

These results as well indicate the importance of considering different microbial 
groups when trying to understand the role of habitat structure on soil processes. 
Also, it shows that the characteristics of the pore space can determine which 
microbes will be favoured, and the way those microbes would behave. In this sense, 
a well-connected habitat might be dominated by fungi, whereas a fragmented habitat 
would be dominated by bacteria, and would promote a higher bacterial growth with 
a wider variety of metabolic strategies and a higher substrate degradation efficiency 

.  
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Effect of habitat complexity on a natural soil inoculum 
The two previous studies analysed the effect of microhabitat structures on a bacterial 
and a fungal strain. A question remained whereas the obtained data could be relevant 
for a natural microbial community. Thus, a new set of experiments was performed 
in which the parameters of turning angle sharpness, as well as maze fractal order, 
were tested on a microbial inoculum extracted from soil (Paper IV). 

The microfluidic devices containing the channels with different turning order and 
angle, and the ones containing mazes with different fractal orders, were first filled 
with M9 medium containing the fluorogenic aminopeptidase substrate AMC. The 
soil inoculum was obtained by suspending soil in water, followed by a sonication 
and a sedimentation step. The suspended liquid phase was then centrifuged, and the 
supernatant removed and replace by M9 medium. A small volume of this suspension 
was added to the microfluidic devices, which were imaged for 12 days using 
epifluorescence microscopy. The images obtained were aligned, their background 
subtracted to minimize autofluorescence noise, and measured to quantify 
fluorescence intensity inside each treatment. Fluorescence profiles were obtained 
from both, channels, and mazes, in order to see how substrate degradation changed 
in space within the studied structures. 

 

Figure 1. comparison of mean values of substrate AMC degradation within channels (left) and mazes (right). Data 
points correspond to the day of maximum fluorescence signal for each treatment type.  

The image analysis showed that the substrate degradation generally was higher as 
the complexity of the structures increased. Sharper angles and higher fractal order 
mazes showed the highest enzymatic activity in the twelve days of experiment. DIC 
images indicate that the microfluidic devices were mainly colonized by bacteria and 
fungi while fungi were absent, and protozoa started growing only after the 
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experiment was over. Within the structures, spatial analysis indicated that the 
substrate degradation became higher towards the deeper regions of the channels and 
mazes until a specific point were degradation started to decrease.  

 

Figure 2. Distribution of substrate degradation along the studied mazes. The x axis shows the accesibility region 
within each maze, being 1 the most acccesible regions located at the entrance of the maze, and 0 the regions with the 
lowest accesibility being the deepest region of the highest fractal order maze F5. Different colors represent different 
time points: day 2 (red), day 5 (black), day 8 (green), and day 12 (grey). Each dot represents the mean fluorescence 
of AMC degradation in a specific region within the maze. The level of accesibility of each region of the maze was 
calculated using a COMSOL simulation of difussion. The lines in each pannel correspond to curve fittings using a 
quadratic model. The right pannels show how accesibility changes for each type of maze. 

These results might be explained with the fact that a fragmented or a complex habitat 
reduced the interactions that exist between individuals of a microbial community. 
This occasions that the competition or the selection pressure inside fragmented 
habitats is lower, leading to a wider variety of metabolic strategies and species to 
coexist. As a result, communities, species, or individuals, typically slow growers 
but efficient at substrate acquisition, are not outcompeted by inefficient fast grower 
ones, leading to higher enzymatic degradation in complex habitats. 
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Synthesis and outlook 

This project started with the idea that physical complexity in soil is a responsible 
factor for the soil carbon protection from microbial decomposers. In this sense, we 
first tested the effect of physical parameters on the dispersion of soil 
microorganisms and how these in turn modified their environment (Paper I). Then, 
we focused on studying the effect of complexity of a channel-like pore space on the 
growth on lab microbes and on substrate degradation (Paper II). We continued by 
evaluating the effect of complexity of a maze-like pore space on microbial growth 
of lab strains and nutrient degradation (Paper III). Finally, we tested the effect of 
channel and maze complexity on substrate degradation using a soil microbial 
inoculum (Paper IV). We found different and at first glance opposing results on the 
effect of increasingly complex structures on bacterial growth and substrate 
degradation. This, we think, is because we look at different aspects of spatial 
complexity that seem to affect bacterial growth in different was. 

The way structures interact with microbes seem to depend, thus, on which of the 
microbial processes is affected. The two main processes that are being affected in 
our experiments are, to the best of our knowledge, accessibility and scale of 
competition. Channels with increasingly sharper turning angles seem to mainly 
affect the accessibility of the structures to the organisms by obstructing their 
navigation, whether they are bacteria or fungi. Fungi are more affected in this regard 
because a loss in directionality by one hypha in a certain region implies that the 
fungi would stop growing further at that specific point. Bacteria, however, are 
capable to find their ways through sharp turns because the directionality loss of an 
individual would not stop the growth of many more that would come after. The 
spatial shapes of the mazes, on the other hand, affect both accessibility of the 
structures and the possible interactions occurring inside them. The increasing 
number of dead-end paths and the decreasing connectivity of the channels create 
compartments where both, molecules, like enzymes, nutrients, or quorum sensing 
molecules, and cell movements are increasingly confined. This seems to be affecting 
fungi negatively but bacteria positively, which might be having a reduced 
competition with each other in complex habitats, which allow a wider range of 
metabolic strategies to emerge and cohabit. The lowered competition (or increased 
cooperation) seems to be happening at species level (intraspecific competition) and 
at community level (interspecific competition), which is reflected in the higher 
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substrate degradation inside complex habitats. Our results open up a variety of other 
questions: 

- What is the role of surface properties in microbial and substrate 
accumulation? The experiments we performed were done using a silicone-
based polymer, PDMS, which surface properties differ from the minerals 
that are the building blocks in the soil pore space. A closer approach to 
simulate these surfaces is thus crucial to increase our understanding of the 
impact of soil structure on microbial processes. 

- How can the presence of a controlled air interface interact with physical 
properties of the pore space? Our experiments, beside our first one, 
consisted of a saturated interface where microbes could navigate freely. 
This scenario is possible to be found in the soil pore space under water-
saturated conditions, but the upper layers of a soil are commonly found in a 
constant change, switching from being saturated to being filled with air 
gaps. Thus, including air gaps is crucial for a wider understanding of 
microbial processes at the pore scale.  

- Are we seeing biofilm formation in our devices? Another crucial 
phenomenon seeing in microbes is the formation of biofilms or collective 
behaviour facilitated by quorum sensing. The impact of these processes in 
our experiments still remain as a hypothesis for we have not yet measured 
to what extent collective behaviour due to quorum sensing is occurring. And 
since these type of processes have been shown to determine the lifecycle of 
microbes in other areas, such as for pathogens studied in medicine, they 
might be occurring as well in soils. 

- What occurs in the long term? Our experiments in the lab did not last more 
than 14 days. However, having a longer experiment would allow to study 
metabolic and genetic changes, having the proper methodology, inside 
microbial communities that could shed light on the long effect impact of 
structure on soil processes. 

Of course, our methodology relies on a simplification of conditions in relation to 
real soils, but the fact that founding unintuitive results, sometimes contrary to our 
initial hypothesis, in such a simplified system, indicates that a more complex system 
becomes even more unpredictable and challenging to study. We hope that this study 
can thus serve as milestone for future soil microbial ecology studies where more 
parameters and even more complex conditions are tested.     
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Methodology used 

Microfluidic device fabrication 

Designs 
The microfluidic devices used in the present work were design using AutoCAD. 
Three designs were created for the different studies which had different geometrical 
characteristics. The first design was used for Paper I, the second design for Paper 
II and Paper IV, and the third design for Paper III and Paper IV. 

For Paper I, a design that contained different structure type was needed since we 
needed to test different aspects of microbial colonization. Hence, the structures 
inside comprehended a series of channels with different geometry in their angle, to 
test how microbial navigation could be influenced by them; it also contained a series 
of channels with diamonds along them to facilitate microbial dispersion 
measurements. The diameter of the channels used was 10 µm so that it would allow 
the entrance of all types of soil microorganisms.  

The second design, used for Paper II and Paper IV, consisted of a series of 
channels connected to a common entrance. The channels were of 6 different types 
that varied in two parameters: turning angle (45°, 90°, or 109°) and turning order 
(alternated, or repeated).  These three angles were selected so that they represent 
broadly the types of turning angles that exist in soil: obtuse, right, acute; and the 
turning orders were selected so that we could see if the impact of angles in the 
channels depends on how previous turns were, or if the effect were merely local. 
The width and height of the channels was 10 µm and 12 µm respectively so that 
they allow the entrance of fungal hyphae. Each microfluidic device contained 10 
channels of each type distributed randomly along a rectangular pillar system that 
served as a common entrance.  

In Paper III and Paper IV we used a third design that consisted of a series of mazes 
of different fractal order. The type of fractal used as a base unit for the mazes was 
the space-filling curve Hilbert curve. This fractal type was selected because it did 
not produce variation in channel size inside its structure, but rather it kept it 
homogeneous, with a fixed width of 10µm, independently of the fractal order used. 
Four fractal orders were tested: 1, 3, and 5, which corresponded to the number of 
iterations of the basic fractal unit. Also, as a way of testing the absence of any dead 
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end in the mazes, a 0-order fractal was included in the design, which differ from the 
order 1 fractal in that the middle wall of the basic unit, which produces a dead end, 
was removed, leaving only two opposed, non-connected walls, as the basic unit of 
the maze. The basic unit of each fractal order was multiplied until its structures filled 
the entire maze and produce the same normalized volume for all treatments. Each 
microfluidic device of this design contained seven replicates of each fractal order 
maze distributed randomly along a rectangular pillar system that served as entrance.  

Mask and master fabrication 
The Auto Cad designs were printed on photomasks to be later used for making the 
masters. The photomasks were made of soda lime glass with a thin layer of 
chromium (Nanofilm, CA, USA). The shapes of the designs were patterned with a 
dwl66+ mask writer (Heidelberg Instruments, Germany). A NdYag laser, 532 nm, 
was used to draw the patterns on a photoresist, AZ1500. The patterns were 
subsequently developed in AZ 351B positive developer and the chromium etched 
in TechniEtchCr01 (Microchemicals GmbH, Ulm Germany).  

For the master fabrication, SU-8 2015 (MicroChem, Newton, MA, USA) was 
dispensed onto a previously heat-dried (90 degrees 30 minutes) 3- inch silicon wafer 
(Siegert Wafer, Aachen, Germany) and spun at 4000 rpm to obtain a 12 μm thick 
layer. The SU-8 was exposed to UV-light using a mask aligner that contained the 
mask (Karl Suss MJB4 soft UV, Munich, Germany). The photoresist that was not 
crosslinked after UV exposure was developed (MrDev600) and rinsed with 
isopropanol. To prevent PDMS from sticking to the master, the wafer was activated 
in an oxygen plasma for 60 seconds (ZEPTO, Diener Plasma-Surface Technology, 
Germany) and exposed overnight to a vapor of trichloro (1H,1H,2H,2H-
perfluorooctyl) silane (PFOTS, Sigma Aldrich, Saint Louis, MO, USA) at 180 
degrees during which a monolayer is formed.  

PDMS and microfluidic device obtention 
SYLGARDTM 184 PDMS (Dow Chemicals Company, Midland, Michigan) was 
obtained by mixing the elastomer with the curing agent in a mass proportion of 10:1, 
poured on the master, degassed at -15 kPa for one hour and polymerized in an oven 
at 60 ˚C for two hours. 

The PDMS labyrinths were removed from the master and an entrance was opened 
in the pillar system. Depending on the design, the entrance had different dimensions. 
For the first design, a cut that covered the entire pillar system was done and the 
remaining PDMS was removed to leave the pillar system exposed to the exterior. 
For the second and third design, a rectangular portion of 2.5 cm x 0.5 cm and 3 cm 
x 0.5 cm respectively was cut out in the middle of the pillar system, approximately 
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0.5 cm away from the entrance of every channel or maze. This cut was made to 
create the reservoir that served as entrance to the labyrinth. The PDMS labyrinths 
and an object glass for the first design or a glass bottom Petri dish for the second 
and third design were activated using a Zepto Plasma System (Diener Plasma 
Surface Technology, Germany; negative polarity; 1 min for cover slips and 10 
seconds for PDMS labyrinths). Directly after activation, the surfaces were put 
together, forming a tight, irreversible bond, and the treatment medium was 
introduced through the pillar system to keep the channels hydrophilic. 

Inoculation process 

Belowground inoculation   
The inoculation was done differently depending on the project. For Paper I, two 
conditions were used: one with the microfluidic devices buried in the soil, and the 
other having a portion of soil at the microfluidic device entrance. 

Fungal inoculation 
For Paper II and Paper III, the inoculation was done with the fungal strain 
Coprinopsis cinerea that expressed constitutively the fluorescent protein d-tomato. 
The mother culture of each experiment was precultured for 2 weeks on YMG 
medium at 21°C. A rectangular portion of the outer colony part was cut out and 
placed at the pillar system entrance of the microfluidic device.  

Bacterial inoculation 
Bacterial inoculation for Paper II and Paper III was done using the bacterial strain 
Pseudomonas putida mt-2 that expressed constitutively the fluorescent protein GFP. 
For inoculation, an overnight culture of PP was prepared in M9 medium with PH 
6.5 at 28°C and 150 rpm. On the day of the experiment, overnight culture was 
centrifuged at 5000 rpm for 10 min and the supernatant was disposed. The obtained 
pellet was resuspended in fresh M9 medium with PH of 6.5 containing the 
fluorogenic substrate AMC. The bacterial concentration was measured as optical 
density and a volume was added to the microfluidic device so that the final 
concentration of bacteria inside the device was 0.2 OD600. In experiments were 
bacteria was cultivated together with fungi, in order to avoid priority effects, the 
inoculation of bacteria was done after fungal hyphae had grown sufficiently inside 
the pillar system. 
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Natural inoculum 
For the inoculation with a natural soil microbial community, a soil sample taken 
from the sample plot of the Ecology Building was mixed with water and vortexed 
for three minutes. The mix was let to repose for one minute so that coarse sand 
particles could precipitate. The liquid phase was later centrifuged at 5000 rpm for 
10 minutes and the supernatant was removed. Fresh M9 medium containing the 
AMC substrate was added to the pellet and resuspended. Centrifugation and 
resuspension allowed us to have a more homogeneous inoculum and helped to avoid 
priority effects in the experiments.  

Microscopy 
Two main microscopy techniques were used in the experiments: DIC and 
epifluorescence microscopy. DIC was used in experimental conditions were 
fluorescent microbial populations were not present.  

For the visualization of the fluorescent strains and the AMC degradation, 
epifluorescence microscopy was performed using a fully motorized Nikon Ti2-E 
inverted microscope with PFS4 hardware autofocus, full 25 mm field-of-view, 
CoolLED pE300-White MB illumination connected via a 3 mm liquid light guide 
(LLG). Grey scale pictures were taken with a Nikon Qi2 camera with 1x F-mount 
adapter. The filters used in the experiments were a LED-DAPI-A- 2360A Semrock 
Filter Cube (Ex: 380-405 nm, Em: 413-480 nm) for measuring AMC degradation, 
GFP-4050B Semrock Filter Cube (Ex: 444-488 nm, Em: 498-553 nm) for PP 
biomass, and mCherry-C Semrock Filter Cube (Ex: 520-585 nm, Em: 600-680 nm) 
for CC biomass. Entire microfluidic device images for overall fluorescence 
quantification were obtained using a (MRH00041) CFI Plan Fluor 4X, N.A. 0.13, 
W.D. 17.1 mm objective, with an exposure time of 20 ms for GFP, 100 ms for DAPI, 
and 100 ms for mCherry. For high magnification picture acquisition, a (MRD31905) 
CFI Plan Apochromat DM Lambda 100X Oil N.A. 1.45, W.D. 0.13mm and a 
(MRD30405) CFI Plan Apochromat DM Lambda 40X, N.A. 0.95, W.D. 0.21mm 
objectives were used. The JOBS package included in the NIS-Elements software 
was used for coordination of the multipoint imaging. Pictures were taken for every 
chip every 24 hours for the entire duration of each experiment. The days selected 
for analysis were the ones of maximum fluorescent signal. 
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Image analysis 
DIC images from Paper I were studied visually to detect the presence of fungal 
hyphae, bacterial cells, or protozoa. Measurement rulers that were part of the design 
were used to indicate distance inside each channel type. 

Fluorescence images obtained for Paper II, Paper III, and Paper IV, were post-
processed in order to have them aligned in the same fashion and background 
subtracted before measurements could be performed in them. Background 
subtraction was done using the rolling ball algorithm with a rolling ball radius of 7 
pixels which corresponded to the width of the microfluidic channels in the 4x 
images. Measurements of fluorescence intensity were done using a ROI 
measurement which calculated the mean fluorescence intensity of all the pixels 
contained in a rectangular ROI that contained either a channel or a maze depending 
on the microfluidic device. The software used for the image analysis was Image J.  

For profile measurements of fluorescence along channels, the multiline 
measurement tool of Image J was used. In the case of fluorescence profiles for 
mazes a diffusion model for accessibility estimation was used. Using COMSOL we 
evaluated the necessary time of each region of the maze to reach half the 
concentration of a given particle, assuming a concentration 0 at the beginning of the 
simulation and a source of the particle located in the entrance of the mazes. The 
level of accessibility was given from 1 to 0, being 1 the most accessible regions of 
the maze, and 0 the regions that took the longest to reach half the concentration of 
the simulated particle in the most complex maze. The accessibility of each region 
of the mazes was compared to the fluorescence measured using the ROI 
measurement of the second fractal unit of each maze type, located approximately in 
the middle section of each maze, to obtain the fluorescence profiles as a function of 
the accessibility. 

Statistics 
For statistical analysis, data from the day showing maximum fluorescence was 
chosen. One, two- and three-way ANOVA were used depending on the number of 
factors considered in the experiments. 

The experiments had a full-factorial design were all the structure conditions were 
tested for all culture conditions. Each chip had all the structures tested, either 
channels or mazes. Multilevel model fitting correcting for random effects was used 
to test the influence of every factor on the variables. Additionally, for testing 
significant differences in variances three-way or two-way multivariate ANOVA 
correcting for random effects was conducted using R. Random effects were 
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attributed to each microfluidic device as a physical replicate of the experiments. 
Fluorescence data was log-transformed when necessary to obtain normality of the 
residuals and homogeneity of variances. The significance threshold used for all 
statistical tests was p < 0.05. When significant differences were found in ANOVA, 
interactions were analysed separately using Dunn’s method for multiple comparison 
of means. Pairwise comparisons were performed with t-tests, using Holm corrected 
p-values.  

Also, linear regressions were done using R, with bacterial biomass, fungal biomass, 
and substrate consumption as dependent variables and tortuosity of the channels as 
independent variables. 
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Abstract 
Microbes govern most soil functions, but investigation of these processes at the 
scale of their cells has been difficult to accomplish. Here we incubate 
microfabricated, transparent ‘soil chips’ with soil, or bury them directly in the field. 
Both soil microbes and minerals enter the chips, which enables us to investigate 
diverse community interdependences, such as inter-kingdom and food-web 
interactions, and feedbacks between microbes and the pore space microstructures. 
The presence of hyphae (‘fungal highways’) strongly and frequently increases the 
dispersal range and abundance of water-dwelling organisms such as bacteria and 
protists across air pockets. Together with physical forces such as water movements, 
fungi form new microhabitats by altering the pore space architecture and 
distribution of soil minerals in the chip. We show that soil chips hold a large 
potential for studying in-situ microbial interactions and soil functions, and to 
interconnect field microbial ecology with laboratory experiments.  
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Introduction 
Soil microorganisms are essential for nutrient cycling, soil aggregation, and 
regulation of soil carbon storage. Their home, the soil, consists of matrices of 
mineral particles that harbour partly interconnected pores. These pore spaces are full 
of contrasting microhabitats of varying size and chemical condition, in which 
microbes live, and which they constantly re-shape1,2. The physical microstructure 
of soil is a strong determinant of soil functions and ecological interactions3. It makes 
the soil habitat unique, extraordinarily species rich4, and allows for the 
accumulation of organic matter despite the presence of many substrate-limited 
microorganisms5,6. The arrangement and structure of soil aggregates and pore 
spaces define the connectivity between microhabitats and thus the soil 
microorganisms’ access to or restriction from different resources (e.g., food sources, 
water, and oxygen) based on their dispersal potential7,8. The system is highly 
dynamic in space and time: solid particles are moved by both physical processes 
and biota, and additional barriers for diffusion and mass flow occur when pores dry 
out, inhibiting the dispersal of microorganisms such as bacteria and protists that are 
reliant on hydraulic connectivity for relocation8–10. 

Despite the continuous effort to understand how communities of soil microbes 
function and contribute to soil processes, current techniques have not been able to 
completely address the complexity of their spatiotemporal organization at the 
microscale1,11–13. For organisms living inside the minuscule, solid, soil 
microstructures, it is expected that most of the cell-to-cell interactions take place 
over short distances, generally no more than a few tens of micrometres14. 
Identifying and studying these microhabitats is challenging as their spatial 
organization is easily destroyed and lost during sample processing12,15. As a result, 
the capacity for addressing fundamental knowledge gaps in the field of soil science 
has been limited, including the impact of spatial microstructures on biogeochemical 
processes like nutrient cycling, feedbacks between microbes and soil physical 
processes, inter-kingdom interactions, and biodiversity-function relationships16–
18. We have now developed a microfluidic system that allows us to experimentally 
address these questions in situ and with higher spatial control than previously 
possible. Natural microbial communities can be inoculated into these systems, 
selected only by their ability to pass through the entrance of limited size. 

Microfluidic chips have already demonstrated their usefulness in controlling and 
shaping micro-environments for the study of cell-to-cell interactions, and 
revolutionized biomedical research with, e.g., organ-on-a-chip devices19. Even 
within soil science and microbial ecology, chips have been used to address 
important questions20,21 such as how to increase the number of culturable bacteria 
from the environment22, how bacteria spatially organize in a pore space along 
chemical gradients23, and how intracellular signals propagate in fungal networks24. 
In most cases, chips have been inoculated with one or two microbial species at a 
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time, exposed to very controlled spatial and/or chemical conditions. In this study, 
we used a whole-soil inoculum for microfluidic chips to investigate interactions 
within multi-species microbial communities including physical soil components. 
We studied the early microbial colonization of the chip’s pristine, soil-like habitat 
by (I) burying it directly into the soil habitat in the field, or (II) inoculating it with 
soil and incubating it in the laboratory. We expect the first approach to allow us to 
study conditions most closely resembling those in nature, while the second approach 
allows us to follow processes over time. We asked whether the dispersal capability 
of three functional microbial groups—fungi, bacteria and protists—into a pristine 
pore space environment is influenced by pore space characteristics such as their 
geometric shape and chemical conditions, and by interactions with other microbes. 
We further examined how the microhabitats themselves are affected by abiotic and 
biotic factors such as drying and rewetting of the soil, and by the microorganisms 
themselves.  

The chip design contained different experimental sections with distinct geometrical 
patterns25 (Supplementary Fig. 1a, Sections A-E), which we used to address the 
following specific questions: a) How is microbial dispersal influenced by the pore 
spaces being filled with air, water, or nutrient medium? b) How does pore space 
geometry affect microbial dispersal, such as channels angled in zigzag patterns, 
forcing the microbes to navigate through increasingly sharper turns? c) Are bacteria 
and protists influenced in their dispersal capabilities to new pore spaces by the 
presence of a fungal hypha? and d) How does drying and rewetting soil, and the 
moving and growing microorganisms, affect the spatial arrangement of the chips’ 
pore space? 

In summary, our experiments show that water and nutrient conditions mainly affect 
water-dwelling organism groups of bacteria and protists, while the shape of the 
microstructures has an effect on fungal dispersal. Fungal hyphae strongly enhance 
the colonization success for both bacteria and protists in an initially dry pore space 
via increased pore wetting. The chips also reveal spatiotemporal changes of 
microhabitats: hyphae both open up new passages in the pore space system and 
block them for both organisms and abiotic soil components. Water movements, 
triggered by drying and rewetting the soil, lead to the development of preferential 
water pathways that differentiate microhabitats further.  

Results  
All major groups of soil microorganisms (bacteria, fungi, protists), as well as 
invertebrates such as nematodes and microarthropods, colonized the chips and 
explored their internal structures, both when the chips were incorporated into soil 
(Expt. 1) and when they were incubated with soil in the laboratory (Expt. 2 & 3). 
Soil mineral particles (Supplementary Fig. 2) and soil solution also entered the chips 
via water movements. The transparency of the chips allowed us to observe the 
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primary colonization of a pristine pore space and soil microbial interactions in real 
time (Fig. 1): microhabitat formation (Fig. 1a-c, Supplementary Movies 1-2), 
interactions of fungal hyphae with other soil organisms and components (Fig. 1c-h, 
Supplementary Movies 3-7), and microbial food web interactions (Fig. 1g-i, 
Supplementary Movies 7-8).  

 

Figure 1. Soil organisms and processes recorded in micro-engineered soil chips. The chips were colonized in situ 
from a natural soil when buried in the field. The inner section shows a schematic drawing of the design of the silicone 
and glass chip (dimensions exaggerated for clarity) and indicates the 7 µm high opening from where soil components 
and organisms can enter. Bright field microscopy images are grouped into the research fields of microhabitat 
formation, the mycosphere, and soil food web dynamics. A graphic legend below the chip explains content of the 
microscope images. a, Water meniscus connecting soil particles and chip structures. b, Mobile soil particles blocking 
connectivity of the artificial pore spaces. c, Preferential water flow paths developing among soil particles sedimenting 
at the bottom of hyphal structures. d, Passage opening by hyphae: hyphae broke through the borders of an artificial 
pore space, creating a new micropore. e, Habitat fragmentation by hyphae clogging a pore neck. f, Fungal highways: 
hypha-facilitated bacterial dispersal across air gaps. g, Passage obstruction: a hypha blocking the entrances to a 
rectangle pore occupied by a nematode. h, Particle transport: amoeba transporting ingested bacteria and particles. i, 
Foraging behaviour: flagellated protozoa foraging around and in soil aggregates. Images a, d, and e derive from air-
filled chips; b, f, g, and i derive from malt medium-filled chips; c and h derive from water-filled chips. Each type of 
observation was recorded at least 3 times. Figure panels a, b, and d-i are supported by Supplementary Videos 1-8, 
resp. Scale bars, 20 µm (a-i). 
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Pore space geometrical characteristics and filling  
To assess the influence of growth medium conditions in the pore spaces on the 
dispersal of soil microbes, we filled the chips with either malt extract medium, 
water, or left them empty prior to incubation in or with soil. Bacteria and protists 
colonized the chips filled with malt extract medium or water to a much larger extent 
than air-dry ones in-situ (Expt. 1, Fig. 2b, c; F= 26.8, p<0.0001 and F= 9.03, 
p=0.005, resp.; n=3, DF=8), and in the laboratory-controlled setups, both liquid-
filled chips were colonized to a significantly larger extent by bacteria and protists 
than in the air-filled chips (Expt. 2, Fig. 2e, f; F=1075; F=157, resp; p<0.0001 for 
both; n=12 x 2 channels x chip, DF=8). In contrast, fungal hyphae showed variable 
results, with strong or weak growth without a consistent effect of chip filling in both 
the field- and lab incubated settings (Fig. 2a, d). The lab-incubated chips (Expt. 2) 
enabled us to investigate the colonization of pore spaces in a time-resolved manner 
(Supplementary Fig. 3; Supplementary GIFs 1-3). The organisms entered the liquid 
filled chip from within hours (bacteria) to days (fungi, protists and nematodes). 
Generally, cell numbers in the malt treatment were immediately higher than in the 
water treatment and maintained larger population sizes, especially for protists, 
throughout the experiment. We found a high turnover of fungal hyphae in the malt 
treatment (Supplementary GIF 3).  

We further analysed the influence of channel-shape geometries on the dispersal 
ability of the different soil microorganisms, both in the in situ-chips (Fig. 2a-c) and 
in the laboratory incubations (Fig. 2d-g). Water-dwelling organisms such as bacteria 
(Fig. 2b, e) and protists (Fig. 2c, f) were not affected in their dispersal by the three 
investigated channel shapes. Fungi preferred, at sufficient colonization, to grow 
through ‘zigzag’ channels, deviating 45° from the main growth direction in 
alternating 90° angles, over ‘square’ 90° angles alternating perpendicularly to the 
growth direction, or ‘z’-channel angles of 135° (Fig. 2g. Expt. 3, air-filled chips; 
F=21.7, p>0.0001, n=12x2 channels per type x chip; no significant effects found 
during Expt. 1 and 2, Fig 2a, d).  



7 

 

Figure 2. Maximum dispersal extent of different soil microbial groups. Colonization distances of the three microbial 
groups, fungi, bacteria, and protists, recorded in soil chips incorporated into soil (a, b, c, Expt. 1, n=3) and incubated 
with soil in the laboratory (d, e, f, Expt. 2, n=3 chips x 12 channels). g, Fungal colonization distance in Expt. 3 (air-
filled chips, n=2 chips x 12 channels). The channels analysed are 10 µm wide, shaped with corners of different angles 
(see legend: zigzag (white bars), square (light grey bars), z-shaped (dark grey bars), under dry =air-filled, water-filled, 
or malt extract-filled conditions, error bars denote the standard error of the mean. The maximum extent of the 
channels was 2700 µm and thus the maximum possible colonization extent of this experiment. 

The influence of fungal hyphae on microbial dispersal  
To study the impact of fungal hyphae on the dispersal of other soil organisms, we 
used sets of air-filled chips where air pockets constitute obstacles for water-dwelling 
organisms in Expt. 1. After two months buried in the soil, those chips were no longer 
exclusively dry, as condensation water and soil solution had been dragged into the 
chip space, resulting in a patchy distribution of air and water in the pore space, and 
a subsequent colonization of its crevasses. We measured the dispersal and 
abundance of bacteria in the repeated widenings (Fig. 3a) in initially air-filled 
channels colonized by hyphae compared to directly adjacent hypha-free channels. 
Results showed that the presence of hyphae, coming directly from the surrounding 
soil into the chip, facilitated bacterial dispersal deeper into the chip interior by 
enabling their passage across air pockets (Figs. 1f, 3b, d-f; Supplementary Movie 
5), which resulted in a more than six-fold increase in bacterial abundance in 
channels with a hypha (F= 45.6, p<0.0001; n=33 x 4; or paired t-test p=0.0008, n=4, 
DF=3 Fig. 3b). Hyphal presence changed the pore space hydrology, as 80% of the 
pores containing hyphae filled up with liquid, in contrast to only 40% of the 
widenings without hyphae (Fig. 3c, ChiSquare 42.5, p<0.0001, n=264, DF=1). 
Bacterial cell abundance commonly peaked at two different areas near the hyphal 
frontier: close to the tip (Fig. 3e) or further behind (Fig. 3f). 
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While the chips embedded in-situ in a natural outdoor soil ecosystem experienced 
the most realistic environmental influences, the chips that were incubated with soil 
in the laboratory enabled us to follow processes in a time-resolved manner (Expt. 3, 
Fig. 4, Supplementary GIFs 4-6). In air-filled pore spaces connected to soils with 
intermediate humidity, hyphae were commonly the first to enter the channels, 
shortly followed by water films and then bacteria (Fig. 4a). The presence of hyphae 
increased the water saturation of the pore spaces (between days 6-20; F=44.6, 
p<0.0001, see Fig. 4b), increased the bacterial populations colonizing the chips’ 
pores during the first 20 days by more than 8-fold (F=23.9, p<0.0001, largest 
enhancement at day 12, 170-fold), and the extent of bacterial dispersal into the 
channels (p=0.033; Fig. 4c). At day 12, already 46% of the 108 channels were 
colonized by hyphae, and 10% of all channels contained bacteria growing along 
hyphae, compared to 3% of the channels colonized by bacteria alone 
(Supplementary Fig. 4a). 

 

Figure 3. Fungal hyphae influence the dispersal of bacteria. a, Example of a diamond-shaped widening along the 
channels which served as the basic entity to calculate bacterial abundance depending on the presence of a hypha. b, 
Abundance of bacteria in diamond-shaped openings depending on presence of a fungal hypha. n=4x33 in a paired 
ANOVA, error bars denote the standard error of the mean. c, Contingency diagram showing the occurrence of air or 
water in diamond-shaped openings depending on the presence of a fungal hypha. Along the x-axis the frequency of 
channels containing hyphae, and along the y-axis the frequency of channels containing liquid or water, is shown, 264 
observations in total. d, Example of fungal highways developed within the soil chip’s pillar system, where hyphae drag 
water films with them, allowing bacterial transgression. e, f, Bacterial abundance along a fungal hypha protruding into 
an initially air-filled channel. Bacteria were quantified per diamond-widening, each dot represents a diamond. Red 
dots represent diamonds that remained air-filled after two months in the soil, blue dots represent soil-solution filled 
diamonds at examination. The line beneath the data curve represents the extent of the hypha in the chip. Scale bars, 
10 µm (a), 50 µm (d). Data derives from chips of Expt. 1 that were buried in soil and initially air-filled. 
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Protist colonization of the pore spaces (in total 261 encounters, dominated by 
flagellates and some amoebae) was also enhanced when fungal hyphae were present 
in the pore spaces during the first 20 days after inoculation, until the artificial 
waterlogging event (F=5.1, p=0.02, Fig. 4b). Protists were almost five times more 
abundant in the pores containing hyphae, and their colonization depth into the 
channels was increased 4-fold. After 20 days, 23% of the channels contained 
protists, in 68% of those together with hyphae (Supplementary Fig. 4b).  

Bacterial and protist dispersal increased over time until we performed the 
waterlogging event before measurement at day 28, equalizing water levels in 
channels with and without hyphae, and consecutively also their bacterial 
colonization (Fig. 4b). After the waterlogging event, we let the chips dry out and 
found, contradicting our expectations, that channels containing fungal hyphae did 
not retain water better than the ones without hyphae. We also investigated the 
dynamics of hyphal influence on bacterial dispersal using a third approach, by 
quantifying the colonization of droplets of condensed water that spontaneously and 
frequently formed within the pillar system, analysed in one chip (Fig. 4e, 
Supplementary Movie 9). Initially, most water droplets were sterile, and ca. 25% of 
them started to form along hyphae. The first water droplets colonized by bacteria 
were almost exclusively those containing hyphae. Over time, drying and rewetting 
events caused droplets to unite or split so that bacteria-only droplets started to occur 
more frequently. 
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Figure 4. The influence of fungal hyphae on pore wetting and microbial dispersal recorded in Expt. 3, soil incubated 
on initially air-filled chips in the laboratory, monitored over time. a, Dispersal extent of fungal hyphae, water films, and 
bacteria into the ‘diamond’ channels, mean and 95%-confidence interval, n=3x36. b, Presence of water and 
abundance of bacteria and protists in diamond shape widenings over time, depending on the presence of a fungal 
hypha, mean and 95%-confidence interval, n=3x1188. c, Bacterial dispersal extent into channels with diamond-shape 
widenings, depending on the presence of fungal hyphae, boxplot combined with curve of the means and 95%-
confidence interval, n=3x36. Prior to day 28, we performed a waterlogging treatment to the inoculation soil that 
saturated most parts of the chips’ pore spaces, indicated by the blue droplet in b and c. Between days 29 and 36, 
chips were exposed to drying without any additional watering, indicated by the strikethrough red droplet in b. d, 
Example of a diamond-shaped widening along the channels with a protist along a hypha. e, Quantification of the 
presence of hyphae and bacteria contained within spontaneously formed water droplets within the entry system of an 
initially air-filled chip. Humidity of the inoculation soil was kept equable, no waterlogging or drying was applied. Stars 
in b and c denote statistically significant differences at * p<0.05; ** p<0.01; *** p<0.0001. Scale bar, 10 µm. 

Microhabitat formation 
In addition to microorganisms, abiotic components also entered the chips: mineral 
particles, identified with in-situ Raman scattering microspectroscopy as quartz 
(Supplementary Fig. 2), as well as soil solution. This enabled us to study how 
microorganisms interact with soil particles and contribute to shaping the dynamic 
soil pore space. We observed the formation of new microhabitats inside and around 
newly formed soil aggregates (Fig. 1a-c, h-i, Supplementary Movies 1-2, 7-8), 
changing the original pore connectivity and pore size distribution.  

We recorded particles being dragged along with moving water inside the chip in 
evolving meandering stream patterns, and bacteria being strongly displaced 
(Supplementary Movie 10). As a result of the water mass flow, stream channels in 
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between the mineral particles developed and were re-shaped over time. Particle 
movement in the streams was quantified via automated particle tracking (Fig. 5, 
Supplementary Movies 11, 12; tracked particles and original video, resp.). Particles 
in the presented video (recorded at a minimum displacement distance of 20 µm per 
frame) moved with an average speed of 65 µm/s. The average speed of the fastest 
10% of these particles was 138 µm/s, most of which moved through one of the two 
clearly visible water flow paths in Fig. 5a, while the largest part of the recorded area 
showed little or no water movements. 

 

Figure 5. Preferred water flow paths in the soil matrix within the chip, revealed by tracking of displaced particles. a, 
Threshold image and tracked particle visualization of a 45s long real-time movie sequence (ImageJ plug-in TrackMate 
version 3.8.0.; Supplementary Movie 10). Colours of the lines following the tracked paths indicate the mean velocity of 
the particles. The large round structures are pillars of the chip, smaller particles are soil minerals that were dragged 
into the chip. The recorded water flow was caused by drying of the chip through the adjacent soil layer. b, Original 
bright field image (Supplementary Movie 11), recorded from an initially air-filled chip buried in soil of Expt. 1. Scale 
bar,100 µm (a, b).  

We also recorded effects of biota on the soil physical structure: fungal hyphae 
directly changed the pore space shape by breaking up solid structures with help of 
hyphal tip forces (Fig. 1d), or by blocking passages in the chips’ pore spaces 
themselves (Fig. 1e, g), and indirectly, by constituting barriers for mineral particles 
that accumulated along the hyphae during water movement of drying and rewetting 
events (Fig. 1c, h). Hyphal colonization restricted microbial dispersal of larger 
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organisms such as protists and nematodes by occupying and obstructing the access 
to free pore spaces (Fig. 1g, Supplementary Movies 6, 13). Both nematodes and 
larger protists were frequently observed having difficulties passing hyphae in the 
chip with its low height of 7 µm, especially if the hyphae occupied narrow 
constrictions in the solid pore matrix of the chip. Phagotrophic ciliates displayed an 
active hunting behaviour, pushed into aggregates and moved them, thus also 
creating new passages (Supplementary Movie 14). During drying processes, we saw 
a distinct development of water menisci connecting structures (Fig. 1a), especially 
around fungal hyphae (Fig. 1f, Fig. 3d), which increased hydraulic connectivity and 
maintained the potential for bacterial motility. The cells that died inside the chip 
laid the base for an initial organic matter build-up, and necromass inside the system 
was recycled within the food web which was clearly visible when bacteria 
accumulated around fractured cells and organisms (Supplementary Movie 15, 
Supplementary GIF 3).  

Discussion 
Despite the infinite number of pores present in soil, soil microbes usually occupy 
only a fraction of them26, and they need to navigate across these in search of food 
and suitable environmental conditions. Investigating the soil microhabitats at a 
relevant scale will give deeper insights into soil processes such as carbon cycling. 
The soil chips, colonized by a rich microbial community, constitute literal windows 
into the soil, allowing us to monitor soil processes in real time, and multi-level 
interactions among and between microorganisms and their habitat (Fig. 1). We 
examined the effect of principal pore space characteristics (Fig. 2) and showed that 
fungal hyphae frequently increased pore connectivity and dispersal of water 
dwelling organisms (Figs. 3, 4), which is likely of high relevance for their 
colonization success in an ever-changing pore space system. We demonstrated that 
the dynamics of changing microhabitats are caused by both physical forces and 
biological activity (Fig. 5). 

The pore space geometry inside the soil chips affected the colonizing capacity of 
fungi, showing that fungi experience difficulties navigating through acute angles 
and geometries that are not in line with their initial growth direction. This confirms 
previous results from laboratory experiments25,27, which we here extend to species 
from complex natural inocula. The variation found in our results suggests however 
that fungal reactions to microspaces can depend on factors not specifically tested in 
this study, such as priority effects by the order in which individual species entered 
the channels25, or seasonal variation. It has been suggested that fungal hyphae 
prefer growing in air-filled pore spaces28, but our study did not confirm this to be 
generally true. However, we did find that water dwelling organisms are strongly 
restricted in their dispersal ability in air-filled pore spaces (Fig. 2). Under these dry 
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soil pore conditions the phenomenon of ‘fungal highways’ becomes important, 
where hyphae facilitate dispersal of motile bacteria along them29,30. 

While fungal highways have previously been demonstrated in laboratory 
settings31,32 and indirectly in-situ33, we have produced direct microscopic footage 
of hypha-mediated bacterial dispersal proceeding from natural conditions into a 
pristine pore space, quantified that footage, and elucidated the sequence of processes 
and causes over time (Fig. 3, 4). The presence of fungal hyphae facilitated the 
dispersal and population growth of water-dwelling soil microbes, including protists, 
severalfold. Our results suggest that enhanced pore filling with soil solution, rather 
than newly created elongated liquid films along the hyphae, is the responsible 
mechanism (Supplementary GIFs 4-6), and single remaining air bubbles were 
observed to be insurmountable obstacles for bacteria (Supplementary Movie 16). 
The higher levels of wettability in channels containing fungal hyphae could be 
explained by the fungi producing exudates, in a manner similar to how bacterial 
extracellular polymeric substances have been shown to be responsible for increased 
water retention in micropore spaces34. Dispersal via fungal hyphae is hypothesized 
to explain the maintenance of costly flagella for soil-dwelling bacteria, even in soil 
with generally low water content35. In this study, bacteria were found to colonize 
even channels without hyphae, but in fewer cases, and cell numbers commonly 
remained lower in those channels (Fig. 4c, 4b, Supplementary GIF 6). Bacterial 
abundance is known to be generally higher in the mycosphere than in bulk soil32. 
Laboratory experiments have shown how mycosphere bacteria are likely to have 
greater access to nutrients36–38, both in the form of exudates and nutrients released 
during fungal degradation of organic matter. The pore spaces of the air-filled chips 
were initially nutrient void, and at least part of the increased bacterial abundance 
along hyphae in our experiment may be explained by hyphal-fed population growth 
inside the chip, rather than solely by means of dispersal via the hyphae.  

The potential importance of fungal hyphae for dispersal of other soil organisms, 
such as protists, has previously been hardly recognized, and our results are the first 
to bring attention to this unexplored field of research. The larger eukaryotic cells 
would not be able to travel in water films along hyphae, but they can take advantage 
of the increased water filling in larger pores that hyphae generate. The influence of 
fungal hyphae on general microbial dispersal dynamics is thus greater than 
previously acknowledged. Especially important, our data can demonstrate that this 
phenomenon is not a rare, anecdotal event but rather, under intermediate humidity 
conditions in the pores, occurred in up to 32% (bacteria) resp. 16% (protists) of 108 
examined channels. In a real soil pore system, this priority dispersal should exhibit 
a large competitive advantage, as freshly opened soil spaces (e.g., via 
bioturbation39) likely contain free nutrients and degradable necromass. 

Soil-inoculated chips hold an especially high potential for future studies involving 
protists, such as their involvement in trophic networks. Although it is well known 
that many protists feed on bacteria and control microbial populations40, the details 
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of dietary requirements of most soil protists, and their functions in soil processes, 
have been difficult to study directly41. Our soil chips create new possibilities for 
visual and time-resolved monitoring of food web structures, and may in the future 
identify food web members via single cell genomics on extracted material, 
increasing our understanding of protists’ involvement in soil nutrient cycles.  

Both macro- and microaggregates are in permanent turnover42, and much of the 
soil pore space is permanently being reshaped. The largest effects on microhabitat 
modification are usually caused by physical forces. Preferential flow paths are the 
main channels for water movement in soil, and their chemical composition can be 
very different from the soil matrix located in smaller pores, because only a fraction 
of water and solutes passes from the preferential flow path to the surrounding 
matrix43–45. Our results illustrate that microbes will experience very local levels 
of habitat stability and nutrient supply, and the need for anchorage or biofilm 
formation. To the best of our knowledge, our results constitute the first record of 
water movements in and around mobile and realistic soil microaggregates1 which 
result in the development of distinctly different characteristics in microhabitats 
located only a few micrometres away from one another. Other current studies are 
commonly performed at spatial scales larger than soil micropores, since most of the 
methods used (e.g., magnetic resonance imaging (MRI), neutron computed 
tomography (NCT), and X-ray tomography (XRT)) produce insufficient image 
resolution46–48, and are often incompatible with live imaging of undisturbed biota 
activity during measurements. This leaves crucial knowledge gaps regarding flows 
and solute transport in soils at the low micrometre and nanometre scale where 
microbial activity is confined.  

Visualizing how flows influence the microbial environment can help us predict the 
way microbes react to and interact with different flow movements in the soil. Chip 
studies on time-resolved microbe-habitat interactions constitute a valuable addition 
to studies in 2-D thin sections of soil microbe distribution14, e.g., for investigations 
of bacterial biofilm settlement in relation to different shear forces in a simulated 
sand pore space49.  Aufrecht et al. (2019) successfully identified the spatial 
distribution of fluorescent bacterial strains when inhabiting a microfluidic chip with 
water flows around a fixed solid PDMS matrix, while we here use a pore space 
combining fixed and mobile solids (the PDMS structures and the soil particles, 
resp.) which allow us to record spatial changes in the pore space as a response of 
water flows. However, it must be considered that the measurements and 
observations of the present study correspond to flow properties around 
microaggregates formed inside a synthetic porous medium with surface roughness 
and charges that might differ from those found in natural soils. This could be 
improved by harbouring more soil material and having a longer stabilization phase, 
allowing organic coatings to form on the chip surfaces. Despite the simplifications 
of this experiment, we believe that the knowledge obtained will be of great 
significance for an increased understanding of water flows, such as during drying 
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and rewetting inside soil aggregates, and their impact on soil biota and their 
functions. 

Bioturbation of soil is commonly ascribed to larger soil fauna50, while insufficient 
data is available on the role of microorganisms51. The strong influence of fungal 
hyphae on both opening and blocking of passages in soil makes them important 
‘ecosystem engineers’ for microbial microhabitats. Hyphae are able to exert 
considerable pressure at their tips52, and when many hyphal tips join they can 
vigorously open passages in their surrounding (Fig. 1d)25. Hyphae blocking pore 
space passages for both soil components and organisms, as recorded in the soil 
chips, is a likely overestimation of their occurrence in real 3-D pore systems, 
because of their uniform and low height (7 µm), but our results illustrate the 
principle that hyphae can influence pore connectivity at necks and constrictions. We 
found, unexpectedly, not only hyphae but even protists forcing new passages 
through aggregated soil in their hunt for food (Supplementary Movie 13). This 
demonstrates the importance of the interplay of the microbial community with their 
fluctuating microenvironment, at different scales, for important large-scale 
processes such as nutrient cycling.  

We see microfluidic chips as a promising tool to deepen insights into soil ecology 
by observing biological processes in a transparent and geometrically realistic 
environment, making it possible to track large numbers of individual cells in real 
time, including traditionally unculturable species22, and as an optimal platform for 
connecting research frontiers in the fields of soil physics and soil ecology at relevant 
scale. Nevertheless, soil ecologists should remain aware of the limitations of these 
highly artificial systems, where current technology only provides a pseudo-3-
dimensional space, and the fabrication material lacks many properties of soil 
minerals: the chips are unnatural in terms of their chemical composition (silicone-
based polymer) and surface properties (smooth, inert, and either homogenously 
hydrophilic when wet, or homogenously hydrophobic when dry), but represent an 
improvement in realism in terms of their physio-spatial properties because they 
fragment the microbial habitat. Their miniscule channels generate a large surface 
structure with strong surface tension, capillary forces, adhesion, and viscous drag; 
and liquids moving through the structures exhibit a laminar flow, just like real soil 
solution in small pores20.  

Compared to the more frequently used lab-strain inoculation of microfluidic chips, 
soil inocula contain many organisms that interact with each other, as well as solutes 
and mineral particles diffusing into the chips. This can thus add several layers of 
complexity into controlled laboratory experimental systems, and may become an 
important link between field and laboratory experiments in microbial ecology. We 
present two different ways of using soil as ecosystem inoculum, either in-situ 
incubation in a natural soil ecosystem, or else taking soil inoculum into the 
laboratory. Combining these two approaches may yield the most comprehensive 
results for many questions: the most realistic picture may be drawn from in-situ 
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inoculation, where chips are exposed to natural oscillations in humidity, 
temperature, plant photosynthate inputs, and changes in the microbial species pool. 
Fungi can interconnect the natural soil with the chips’ interior and move nutrients 
into it, especially in mycorrhizal symbiosis with surrounding plants. On the other 
hand, experiments using soil inoculum in the laboratory are easier to accomplish, 
control, and manipulate, and may be monitored with time resolution. To combine 
advantages of both, microcosms could be constructed with larger amounts of soil, 
including vegetation, placed around the chip in a large Petri dish. 

Micro-engineered chips could be successfully combined in the future with other 
techniques (e.g., microspectroscopy, epifluorescence microscopy, single-cell 
sequencing) to incorporate high-resolution information about the chemical and 
genetic characteristics of the different soil components53. Future studies may 
investigate, e.g., directly and at microscale how abiotic components (e.g., pH or 
toxic compounds) affect different microbial groups; how the diversity of microbial 
communities is linked to different soil ecosystem functions such as soil carbon 
sequestration; and the ecophysiology of important but understudied organism 
groups such as soil fungi and protists. We even see a high potential in microfluidic 
chips to bring soils closer to society, as visual experience may increase interest and 
concern for an ecosystem in need of protection. 

Material and methods 

Chip design 
We constructed a proxy of a soil pore space system in a micro-engineered silicone 
chip containing different sets of microstructures, termed the “Obstacle chip”25. The 
chip consists of an artificial pore system open on one side for inoculum, and it was 
designed to investigate the growth and dispersal behaviour of soil microbes 
(Supplementary Fig. 1a, b). The chip’s pore-space dimensions were optimized to 
match the dimensions of fungal hyphae, with structure widths ranging between 4 
and 100 µm, and a uniform height of approximately 7 µm to aid microscopy, since 
cells are located in the same focal plane and rarely overlay. It contained five 
different geometric sections accessible by soil microbes via a common entry area 
(Supplementary Fig. 1a). The entry area consists of an open area with round pillars 
of 100 µm diameter at a separation of 100 µm, holding up the chip’s ceiling. It was 
cut open longitudinally with a scalpel prior to bonding (see below, section ‘Chip 
fabrication’), ensuring direct contact of the soil with the chip’s interior. The inner 
section comprises a combination of differently shaped channels and obstacles 
constituting five experimental sections, of which two were systematically examined 
in this study: 1) Section C: A set of channels with sharp corners of three different 
types (n=12, randomly distributed): zigzag channels (90° turns with all channel 
sections at ±45° angle from the main growth direction), meandering square channels 
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(90° turns with each section oriented in either the main growth direction or 
perpendicular to it), ‘z’-shaped channels (sharp corners diverting 135° from the 
previous growth direction, with channel sections in the main growth direction and 
at angles of 45° and 135° from it); 2) Section D: So-called ‘diamond channels,’ with 
a repeated combination of 10 µm wide and 400 µm long straight channels 
alternating with 140 µm wide diamond-shaped widenings. This channel type was 
replicated in 36 channels, each containing 33 diamond widenings. The widenings 
were used as quantification units to count bacteria and protist cell numbers, and for 
determination of liquid ingression, for the experiments on dispersal via fungal 
hyphae. Section A of the chip contained systems of hexagonal pillars of different 
diameters, Section B consisted of straight channels with different widths, and 
Section E contained two types of obstacle courses comprised of complex structures. 
Those and the entrance system provided space for general observations. The design 
was constructed in AutoCad 2015 (Autodesk), in which patterns within 
experimental Sections A and C were randomized using a custom script from 
UrbanLISP (http://www.urbanlisp.com). 

Chip fabrication 
The microfluidic chips were moulded in polydimethylsiloxane (PDMS) on a 
photoresist master defined by UV lithography and bonded to glass slides, according 
to Aleklett et al.25.  The master was made by spin coating a thick negative 
photoresist (SU-8 5, MicroChem Corp, USA) on a glass plate for 60 seconds at 1250 
rpm. This generated a photoresist layer of approximately 7µm. The photoresist was 
soft baked for 5 minutes at 90°C on a hot plate, patterned by UV exposure (Karl-
Suss MA4 mask aligner) and post-exposure baked. It was then developed for 3 
minutes in mr-Dev 600 (MicroChem) and finally rinsed with isopropanol (VWR 
International).  

The PDMS slabs were produced by thoroughly mixing a PDMS base and a curing 
agent (both Sylgard 184, Dow Corning, USA) in a 10:1 ratio, followed by pouring 
the mix onto the master in a 4 mm-thick layer, and degassing it in a vacuum chamber 
at -25 kPa for 45 minutes. Then the PDMS was cured in an oven for 2.5 h at 60 °C. 
Once cooled, the PDMS was cut into pieces covering an area (about 40×65 mm) 
slightly larger than the designed pattern, creating a lateral opening to the chip along 
the pillar system.  

The PDMS slabs were bonded to glass slides. Twelve glass slides, 55×75 mm and 
1 mm thick (Thermo Scientific), were first cleaned with acetone, 75% ethanol and 
deionized water, and then dried under an air-blower to enhance the bonding strength. 
The pieces of PDMS and the glass slides were treated separately in an oxygen 
plasma chamber (Diener Electronic Zepto). A glass slide was exposed to oxygen 
plasma under UV light for one minute, followed by exposure of a PDMS piece for 
10 seconds. Once both samples were plasma-treated, they were immediately 
brought in contact with their activated surfaces facing each other, and gently pressed 
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to each other in the centre parts of the chip. To avoid collapse of the ceiling of the 
entrance, none of the chip edges were pressed, but heated for approximately 15 
seconds at 100°C to ensure a proper bonding. After another 15 seconds, the chips 
with liquid treatments were filled with different media using a micropipette, taking 
advantage of the PDMS’s temporary hydrophilia following plasma treatment so that 
liquids were readily drawn into its structures. The chips were filled with one of the 
following three treatments: (1) deionized water, (2) liquid malt medium, a complex 
medium to provide a nutrient-rich environment including reduced sugars such as 
disaccharide maltose and in lower proportion nitrogenous components such as 
peptides, amino acids purines and vitamins (malt extract for microbiology, Merck 
KGaA), or (3) chips were left empty, i.e., air-filled. The eight chips filled with liquid 
were then placed in a vacuum chamber for 30 minutes at -25kPa to remove any 
bubbles. Finally, the chips were kept in sterile Petri dishes, sealed with Parafilm and 
stored overnight in a cold room before being dug down into the soil.  

Expt. 1: In situ incubation of chips  

To evaluate the effect of different nutritional conditions on colonization of the soil 
chips by microbes, we evaluated three pore space filling treatments: (1) deionized 
water, (2) malt extract medium, or (3) air; n=3.  

The experimental site was a small grove of deciduous trees in the city of Lund, 
Sweden (55° 42′ 49.5′′ N, 13° 12′ 32.5′′ E; Supplementary Fig. 1c). The season 
chosen for burial of the chips was the early autumn (October 2017) to guarantee a 
moist soil during the experiment. Groups of replicates of all three chip treatments 
were buried randomly within the inner parts of the grove (n=4). The litter layer was 
removed, and 20×20 cm holes were carefully dug into the ground with a spade. The 
chips were placed horizontally in the soil at a depth of 10 cm in which the PDMS 
chip was facing up and the glass slide down. Horizontal placement was chosen to 
probe a single stratum of the soil, serving as a comparable inoculum to the whole of 
the entry system, and to aid non-destructive recovery. The soil was carefully placed 
back in its original orientation, and the litter layer was placed back. A string attached 
to each chip was placed with its opposite end above the soil surface and attached to 
a pin, to guide future retrieval. There was a minimum distance of one meter between 
each chip replicate.  

Preliminary experiments had shown that a two-month incubation period would grant 
the colonization of different types of soil microorganisms and minerals, and a 
stabilization of the inner environmental conditions between the soil chip and the 
surrounding soil. Thus, after 64 days (December 2017), the chips were collected by 
carefully removing soil around the string leading to each chip. We carefully kept 
the adjacent soil atop the glass slide along the opening of the chip, to keep our 
artificial pore system connected to the real soil pore system, and to avoid such 
disturbances as hyphal tearing or evaporation of the liquid inside the chips 
(Supplementary Fig. 1d). We cleaned the chip windows by softly wiping them with 
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a clean wipe and deionized water. Samples were carefully transported to the 
microscopy facilities, located adjacent to the burial site. The chips were harvested 
one at a time and analysed under the microscope immediately after collection and 
cleaning. 

We recorded the presence or absence of the main soil microbial groups in the entry 
systems and in the different channels, including their furthest extent into the chips, 
with help of the internal rulers (n=3 per treatment).  

To analyse the effect of fungal hyphae on bacterial abundance, we recorded real-
time videos slowly scanning along the whole length of the diamond-shaped opening 
channels (each 33 diamonds, section D in Supplementary Fig. 1a; Fig. 3). The rather 
sparse hyphal colonization allowed us to select pairs of channels where in the first 
channel a hypha had proliferated far into the channel, combined with a directly 
adjacent channel without hyphae, n=4. We then counted the number of bacterial 
cells in diamond-shaped widenings, the presence or absence of fungal hyphae, and 
the presence or absence of liquid inside each diamond. After measurements, the 
chips were left uncovered at room temperature for 60 minutes to initiate air drying 
in the adjacent soil, in order to observe the real-time effects of drying on organisms 
and particles in the pore space system of the chips. The adjacent soil was re-wetted 
by adding 400 µl of water. The water inside the chips corresponded to the adjacent 
soil pore water, regressed upon evaporation, and refilled the chip structures upon 
rewetting of the adjacent soil.  

Expt. 2-3: Laboratory incubation of soil on chips 

In a complementary approach, we collected soil from a lawn in Lund, Sweden, at 
10 cm depth, and placed 5g of this soil in front of the entry system of the chip. Chips 
received the three nutrient condition treatments as described above, air, water or 
malt medium (n=2, Expt. 2); an additional set of air-filled chips was studied to 
quantify fungal highways (n=3, Expt. 3). Chips were monitored under the 
microscope after inoculation, after 6 hours, after 24 hours, and thereafter every 
second day. Observation was documented with images and videos. Chips were kept 
in sealed Petri dishes with wet cotton cloths to maintain high humidity and were 
taken out for analysis only. The soil inoculum on the chips and the interior of the 
chips were kept moist with 500µl of water added to the soil once a week. The 
artificial waterlogging event in the chips of Expt. 3 (‘fungal highways’) was 
achieved by adding a total of 2 ml of water to the inoculum soil over the course of 
a week, and the drying event was achieved by discontinuing the watering. 

During Expt. 2, we recorded the abundance and the furthest extent of bacteria, 
protists (including the morpho-groups ciliates, flagellates and amoeboids), and the 
extent of hyphal colonization into the diamond section over time. After two month 
of incubation we measured the furthest extent of colonization into the angled 
channels for the organism groups bacteria, fungi and protists. During Expt. 3, we 
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recorded the presence and the furthest extent of hyphae, liquid, bacteria and protists 
in the diamond channels over time. 

Microscopy and image analysis of the chips 
All visual inspection and imaging were done with an inverted microscope (Nikon 
Diaphot 300) with 40-400× magnification. Cells down to a size of circa 0.4 µm were 
recordable in movement. The real cell number may be underestimated in a few 
cases, since small cells may have remained undetected at rest. The absence/presence 
of the main soil microbiota groups (fungi, bacteria, protists, nematodes, and 
microarthropods) was recorded in the entry system and in the different channels. 
Where present, the maximum individual extent of each soil biota group into the chip 
was recorded in the straight and turning channels. Videos and images of particles 
and microbial interactions were recorded in the entry system and in the channels 
and pillar systems of the chip. Bright field images and real-time videos were 
recorded through the microscope with a digital camera (USB29 UXG M). All 
images shown in Figure 1, except for 1c and 1h, were extracted from videos 
(Supplementary Videos 1-6, 8) using Adobe Premiere Pro CS6. All images shown 
in Figs. 1and 3 were cropped in Adobe Photoshop CC (v. 20.0) and the image from 
Fig. 4 was cropped in Adobe Photoshop 2020 (v.21.2.4); contrast and brightness 
were adjusted to obtain optimal visual data. Scale bars were added with ImageJ 
Software (v. 1.56h, NIH). False-colour image legends were produced in Adobe 
Photoshop CC (v. 20.0). The central illustration and the final assembly of other 
elements of Figure 1 were performed in Adobe Illustrator 2020. Images shown in 
Figure 5 were captured using the ImageJ plug-in TrackMate version 3.8.0.  

Velocity analysis of particles in water flow paths 
The velocity analysis of soil particles in soil solution streams was performed in 
ImageJ version 1.52i. A 48-second video clip of the drying event inside the chip 
was converted to an 8-bit file and subjected to a threshold of grey values from 0 to 
175. This range was selected because it showed to be optimal in the number of 
moving particles captured. Particles were tracked with the Image J plug-in 
TrackMate version 3.8.0. A LoG detector, which applies a Laplacian of Gaussian 
filter to the image, was used to detect the particles. The parameter ‘Estimated blob 
diameter,’ which should have approximately the same size as the analysed particles, 
was set to 2.76 µm. The radius of the particles considered by the software then 
ranged from one-tenth to two times the radius. This value represents the quality of 
the detection, and must be a positive number with higher numbers representing 
higher quality. This size range was chosen because particles smaller than 2 µm were 
frequently lost in the tracking algorithm, and particles larger than 6 µm commonly 
were aggregates that could break apart and move in parts. The quality histogram 
threshold was set above 37. The particles were tracked using the simple Linear 
Assignment Problem (LAP) tracker function, with linking and gap-closing 
conditions of 30 and 40 pixels respectively, and a maximum frame gap of 0 frames 
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(frame rate: 18.3 frames per second). Velocity tracking in Fig. 5 is visualized as 
colour-coded mean velocity tracking lines, showing individual velocities of the 
particles. 

Raman scattering microspectroscopy in the chips 
Raman scattering spectra of particles in the chips were recorded using a long 
working distance ×50/0.5 objective of a LabRAM HR Evolution confocal Raman 
microscope, equipped with 785 nm diode excitation laser, 600 gr/mm diffraction 
grating, and front-illuminated thermoelectrically deep-cooled CCD camera 
Sincerity (Horiba Scientific). The confocal mode of the microscope was used, 
employing 50 μm diameter pinhole. Spectra in the spectral region 200-970 cm-1 
were acquired with an acquisition time of 30 s and 32 accumulations, at full 
excitation laser power (neutral density filter T =100 %, P785 = 100 mW). Spectra 
of the particles in the chip were compared with mineral reference spectra and 
identified as quartz. Other peaks in the spectra are assigned to the PDMS 
(Supplementary Fig. 2). 

Statistical analyses 
Data was statistically evaluated in JMP Pro 15.0 (SAS Institute Inc., Cary, USA) 
with the significance level set to α=0.05, two-sided tests. Analysis was performed 
on log-transformed data if necessary to meet normal distribution of the residuals.  

Expt. 1: The influence of the chip-filling treatment and the different channel shapes 
on the maximum colonization distances of fungal hyphae, bacteria, and protists was 
evaluated via a restricted maximum likelihood ANOVA model, with the full-
factorial combination of the two factors ‘channel type’ (three levels: 
zigzag/square/z-shaped; maximum extent per channel type) and ‘nutrient treatment’ 
(three levels: air/water/malt medium), and the factor ‘chip replicate’/location (n=3) 
as a random attribute. The influence of the presence of fungal hyphae on the 
presence of bacteria in Expt. 1 was investigated in a paired set of channels with a 
hypha, against directly adjacent channels without hypha, n=4. Data of four channel 
pairs from one air-filled chip were evaluated by a paired two-way t-test. In an 
alternative approach, individual pores were used as a replication base, n=33 in 4 
pairs in a restricted maximum likelihood ANOVA model depending on the 
presence/absence of a hypha and with pairs as random attribute factor, which 
produced similar results. The influence of the presence of fungal hyphae on the 
presence of water in the diamond widenings of the initially air-filled chips was 
analysed with a 2×2 contingency analysis and evaluated for dependency with 
Pearson’s Chi-squared test. 

Expt. 2: A restricted maximum likelihood ANOVA model with the full-factorial 
combination of the two factors ‘channel type’ (three levels: zigzag/square/z-shaped; 
12 of each channel types per chip) and ‘nutrient treatment’ (three levels: 
air/water/malt medium), and the factor ‘chip replicate’ (n=2) as a random attribute, 
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was used to test the influence of nutrient condition and channel shape on fungal, 
bacterial, and protist dispersal. 

Expt. 3: A restricted maximum likelihood ANOVA model, with a full-factorial 
combination of the factors ‘time’ and ‘presence of hyphae’, and with the factor ‘chip 
replicate’ (n=3) as a random attribute, was used to test the influence of fungal 
hyphae on water ingression, bacterial, and protist dispersal over time both on pore 
space (n=1188 x 3 chips) and at channel replication (n=36 x 3 chips). 

The datasets generated and analyzed during the current study presented in Figures 
2-5, and image and video documentations are available from the corresponding 
author upon reasonable request. 
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Supplementary material 

 

Supplementary Figure 1. The soil chip and its use in soil. a, Overview over the design of the chip’s internal 
structures. b, Photograph of a newly produced chip. c, Burial site where a chip remained in the soil at 10 cm depth for 
two months. d, Microscopy analysis of the chip with adjacent soil after unearthing. 
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Supplementary Figure 2. Raman scattering microscopic analysis of mineral particles inside the chip.  Examples of 
measured minerals (a-c), and their corresponding spectra over the reference spectra for quartz and PDMS. 
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Supplementary Figure 3. Microbial succession in the soil chips incubated with soil in the laboratory. Image 
sequences of the time-resolved changes in microbial colonization of a diamond-shaped widening along the channels 
used to calculate the presence of major soil microbial groups and water films in chips filled with air (a), water (b) and 
malt (c) (GIFs 3-5, resp.).  
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Supplementary Figure 4. Frequency of co-dispersal of bacteria and protists with fungal hyphae. Percentage of the 
108 examined channels of three initially air-filled chips without any microorganism (sterile), with hyphae only, with 
bacteria or both (a), and with protists or both (b).  
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Abstract 
Microhabitat conditions determine the magnitude and speed of microbial processes 
but have been challenging to investigate. In this study we used microfluidic devices 
to determine the effect of the spatial distortion of a pore space on fungal and 
bacterial growth, interactions, and substrate degradation. The devices contained 
channels differing in bending angles and order. Sharper angles reduced fungal and 
bacterial biomass, especially when angles were repeated in the same direction. 
Substrate degradation was only decreased by angles when fungi and bacteria were 
grown together. Investigation at the cellular scale suggests that this was caused by 
fungal habitat modification, which branched in sharp and repeated turns, blocking 
the dispersal of bacteria and the substrate.  

Our results demonstrate how the geometry of microstructures can influence 
microbial activity. This can be transferable to soil pore spaces, where spatial 
occlusion and microbial feedback on microstructures is thought to explain organic 
matter stabilization. 
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Introduction 
Spatial confinement affects microbial behavior, interactions and the chemical 
processes they drive [1]–[5]. The need to include spatial explicitness into microbial 
studies has recently been pointed out in research related to biofilm formation [6], 
host-pathogen interactions in microenvironments [7], the coexistence of bacteria 
with bacteriophages [8], and competing bacteria in gut microbiomes [9]. Spatially 
defined microhabitats are especially relevant in soils and can explain many of its 
unique properties [10]–[12], where the heterogeneous distribution of pores, 
nutrients, air and gas in soils enhances microbial diversity and functions [13].  

Microbes determine the biogeochemical cycles across all ecosystems [14], where 
changes in microbial metabolism can lead to an acceleration or a delay of such 
cycles. It has been hypothesized that spatial restriction plays an important role in 
preventing microbial access to soil organic matter (SOM) [15], which could explain 
the persistence of large amounts of SOM despite being largely composed of simple 
and highly nutritious molecules [16]. Since SOM constitutes a carbon stock that is 
larger than the combined stocks of the atmosphere and global vegetation [17], 
changes in its carbon cycling rates will have consequently large effects on 
atmospheric CO2 levels. However, our understanding of how physical 
microstructure of soils affects microbes and their ecosystem functions, such as SOM 
turn over, is limited [18]. 

Morphology and topology of the soil pore space have been characterized using 
direct methods of visualization, such as electron microscopy and X-ray tomography 
[19]–[22]. X-ray tomography studies have revealed correlations between pore size 
and SOM losses, feedback of SOM decay on the porous space, and an influence of 
pore heterogeneity, and their connection to the atmosphere as determinants  of SOM 
fate [23]–[27]. Studies using these techniques have, however, limitations such as 
the lack of a controlled and manipulatable environment, the lack of real-time 
measurement of processes in the inner space, disturbance of natural conditions 
during sample preparation, subjectivity when thresholding greyscale images, and a 
current resolution limit of a few tens of micrometres which does not allow the study 
of smaller micropores [28].  

A complementary approach that solves these issues is to study soil pore space using 
model systems. Such model systems include the use of a controlled assembly of 
different soil materials [29], transparent materials [30], or 3D-printed soil structure 
proxies [30]. A particularly promising approach is micro-engineered or microfluidic 
devices [31]. 

Microfluidics is defined as the manipulation of fluids within structures at the 
micrometre scale [32]. The use of microfluidics opens up the possibility of studying 
a wide range of microbial phenomena at the micrometre scale in a higher level of 
detail than with other methods. Some of the microbial processes studied with 
microfluidics include chemotaxis [33]–[36], bacterial motility [34], the effect of 
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EPS in soil drying processes [37], transport of nanoparticles by unicellular 
eukaryotes [38], and fungal-bacterial interactions [39]. These systems can also be 
powerful tools to investigate the effect of soil physical characteristics on soil 
microbial communities [31].  

In the present study we have developed a microfluidic approach to explore the effect 
of a simulated pore space, consisting of differently angled channels, on fungal and 
bacterial biomass distribution and organic matter degradation. We chose to use the 
geometrical structures of long channels differing in their deviation from a straight, 
undisturbed passage that could represent major patterns found in the soil pore space. 
The studied channels differed in their bending angle, and the turning direction of 
the angles, which resulted in different tortuosities (the ratio of the channel length to 
the straight distance between the beginning and the end of it). Angles were selected 
to represent the three main types of angles that can exist within a range of 180 
degrees (acute, right, and obtuse). To track substrate degradation, we used a 
fluorogenic peptide that becomes fluorescent after enzymatic cleavage. The selected 
substrate is degraded only by the bacterial and not the fungal strain used, which 
allows us to estimate how bacterial substrate degradation is affected through the 
experiment. Our hypotheses were: (1) Bacterial and fungal biomass will be most 
strongly reduced in channels with sharp turning angles and repeated turn order. This, 
we thought, would occur because obstacles reduce fungal growth, according to 
models based on tomography images [40], as well as because sharp angles require 
sharper turns than the natural turns of free swimming bacteria [41].  (2) When 
growing together, we expected an enhancing effect of the angle and turn order on 
bacteria and fungi respectively, because the presence of the other organism’s 
biomass contributes to the solid physical structure,  thus increasing the complexity 
of the spatial structures. Finally, we hypothesized that (3) bacterial substrate 
degradation would follow bacterial biomass patterns and thus be higher in channels 
with smooth angles and alternated turns.  

Materials and methods 

Chip design 
The chip design was drawn in AutoCad 2018 (Autodesk) and consists of six kinds 
of treatment channels and a pillar system that served as an entrance to the channels 
(Figure 1). The pillar system is formed by pillars of 100 micrometers in diameter, 
separated by 100 micrometers, and allows bacteria and fungi to penetrate the full 
width of the chip before entering the treatment channels. The treatments consist of 
dead-end channels of six different geometries (n=10/per chip) with the same internal 
volume. The channels are randomly distributed in parallel orientation along the chip. 

The parameters assigned to the channels were “Angle” and “Turn order”. The angles 
used were 45˚, 90˚, 109˚, measured as the deviation from a continued straight line 
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and thus the turning angle an organism in this channel needs to perform (Figure 1). 
Channels of each angle had two types of arrangements, one with an alternated turn 
order, and one with a repeated turn order. Channel types with an alternated turn 
order followed a pattern of alternating right and left bends, while channels with 
repeated turn order followed a pattern of two right turns followed by two left turns. 
The channels dimensions were adjusted so that every type of channel would contain 
the same volume (2.42 nL) with a width of 10 µm and a height of 12 µm. Each 
channel segment was 50 µm long before the next turn.  

Chip fabrication 
The chip was molded in polydimethylsiloxane (PDMS) silicone rubber and bonded 
onto a glass bottom Petri dish [31]. The master that served as mold for the PDMS 
was in turn fabricated through photolithography using a photomask. 

The photomask was made of soda lime glass with a thin layer of chromium 
(Nanofilm, CA, USA). The shapes were patterned with a dwl66+ mask writer 
(Heidelberg Instruments, Germany). A NdYag laser, 532 nm, was used to draw 
patterns on a photoresist, AZ1500. The pattern was subsequently developed in AZ 
351B positive developer and the chromium etched in TechniEtchCr01 
(Microchemicals GmbH, Ulm Germany). For master fabrication, SU-8 2015 
(MicroChem, Newton, MA, USA) was dispensed onto a heat-dried (90 degrees 30 
minutes) 3-inch silicon wafer (Siegert Wafer, Aachen, Germany) and spun at 
4000 rpm to achieve a 12 µm thick layer. The SU-8 was exposed with UV-light in 
a contact mask aligner (Karl Suss MJB4 soft UV, Munich, Germany). After UV 
exposure, the non-crosslinked photoresist was developed (MrDev600) and rinsed 
with isopropanol. To prevent PDMS from sticking to the mold, the wafer was 
activated in oxygen plasma for 60 seconds (ZEPTO, Diener Plasma-Surface 
Technology, Germany) and exposed overnight to a vapor of trichloro 
(1H,1H,2H,2H-perfluorooctyl) silane (PFOTS, Sigma Aldrich, Saint Louis, MO, 
USA) at 180 degrees during which a monolayer is formed. SYLGARDTM 184 
PDMS (Dow Chemicals Company, Midland, Michigan) was made by mixing the 
elastomer with the curing agent in a mass proportion of 10:1, poured on top of the 
master, degassed at -15 kPa for one hour and polymerized in an oven at 60 ˚C for 
two hours.  

The PDMS labyrinths were removed from the master and a rectangular portion of 
2.5 cm x 0.5 cm was cut out in the middle of the pillar system, approximately 0.5 
cm away from the entrance of every channel. This cut was made to create the 
reservoir that served as entrance to the labyrinth (Figure 1b). The PDMS labyrinths 
and a glass bottom Petri dish were activated using a Zepto Plasma System (Diener 
Plasma Surface Technology, Germany; negative polarity; 1 min for cover slips and 
10 seconds for PDMS labyrinths). Directly after activation, the surfaces were put 
together, forming a tight, irreversible bond [42], and 150 μl of the treatment medium 
was introduced through the reservoir to keep the channels hydrophilic. 
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Figure 1. Chip design and arrangement of channels. (a) Channel geometries used in the Channel chip. Each channel 
has one type of bending angle (45°, 90°, and 109°) and one turn order (alternated or repeated). The channel tortuosity 
is shown in the last row, which is the ratio between the distance inside the channel between two points and the 
distance between the same points in a straight line. (b) Chip design, consisting of a pillar system serving as the entry 
area to the channels, and the array of channels in six variations, randomly distributed along the chip. The chip design 
dimensions were: 281 mm x 276 mm. (c) The PDMS chip bonded to a custom-made glass bottom Petri dish, 
containing the growth medium and microbial cultures introduced via the rectangular reservoir opening. 

Bacterial strains and growth conditions 
The bacterial strain used in the experiment was Pseudomonas putida mt-2 carrying 
plasmid-borne msfGFP-reporter constructs. Bacteria were pre-cultured overnight in 
M9 minimal medium (12.8 g/L NaHPO4.7H2O, 3 g/L KH2PO4, 0.5 g/L NaCl, 100 
mg/L NH4Cl, 0.12 g/L MgSO4, 4 g/L d-Glucose, 11.66 mg/L CaCl2, 13.5 mg/L 
FeCl2, 125 mg/L MgCl2.6H2O, 1 mg/L MnCl2.4H2O, 1.7mg of ZnCl2, 0.43mg 
CuCl2.2H2O, 0.6 mg CoCl2.6H2O, 0.6mg Na2MoO4.2H2O, pH 6.5) [43] with pH 
6.5 at 28°C and agitated at 150 rpm. 

The experiments with Pseudomonas putida mt-2 were conducted as follows: 2 ml 
of overnight cultures were pelleted by centrifugation (5000 g for 10 min at 21 °C), 
and cells were resuspended in 0.5 ml of fresh M9 medium. L-Alanine 7-amido-4-
methylcoumarin (AMC, 160 mg/L) was added to the medium to determine substrate 
consumption inside the chips. AMC is a fluorogenic substrate that becomes 
fluorescent when it is enzymatically hydrolyzed by aminopeptidase enzymes [44]. 
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The fluorescence from the AMC shows the extent of enzymatic activity that the 
bacteria have, which can be quantified within each structure. 1.5 µl of the bacterial 
suspension was added to the entrance of the chip to obtain a final optical density at 
600 nm of 0.2 OD600 [45], [46].  

Fungal strains and growth conditions 
The fungal strain used was Coprinopsis cinerea AmutBmut PMA412, expressing 
constitutively the cytoplasmic fluorescent dTomato protein [47]. Pre-incubation was 
done in 1.5% agar plates containing Yeast Malt Glucose medium [39]. A rectangular 
plug of the mycelium sized 1 mm x 25 mm was placed upside down in the reservoir 
inside the chip. Care was taken to separate the fungal mycelium from the top of the 
agar plug so that no extra nutrients would be added to the medium. The inner part 
of the labyrinth was filled beforehand with M9 medium containing 160 mg AMC/L 
(pH 6.5) by capillary forces directly after bonding. After 48 hours, once the hyphae 
had arrived at the entrance of the channels, the medium from the reservoir was 
extracted and replaced with fresh medium. In the fungal-bacteria treatment, an 
inoculum of Pseudomonas putida was introduced in the reservoir after the medium 
replacement to a final concentration of OD600 0.2. Sterile wet tissues were placed 
inside the Petri dishes to preserve humidity. The plates were sealed with Parafilm to 
prevent water from evaporating and kept in the dark at room temperature. 

In total, 15 chips were used for the experiment, 5 containing Pseudomonas putida 
and 5 with Coprinopsis cinerea (absence of competitor), and 5 containing both 
(presence of competitor).  

Microscopy 
Epifluorescence microscopy was used for visualization of P. putida, C. Cinerea, and 
AMC using a fully motorized Nikon Ti2-E inverted microscope with PFS4 
hardware autofocus, full 25 mm field-of-view, CoolLED pE300-White MB 
illumination connected via a 3 mm liquid light guide (LLG), and a Nikon Qi2 
camera with 1x F-mount adapter. The filters used were LED-DAPI-A-2360A 
Semrock Filter Cube (Ex: 380-405 nm, Em: 413-480 nm), GFP-4050B Semrock 
Filter Cube (Ex: 444-488 nm, Em: 498-553 nm), mCherry-C Semrock Filter Cube 
(Ex: 520-585 nm, Em: 600-680 nm). The entire chip images for overall fluorescence 
quantification were captured using a (MRH00041) CFI Plan Fluor 4X, N.A. 0.13, 
W.D. 17.1 mm objective, with an exposure time of 20 ms for GFP, 100 ms for DAPI, 
and 100 ms for mCherry. For high magnification pictures a (MRD31905) CFI Plan 
Apochromat DM Lambda 100X Oil N.A. 1.45, W.D. 0.13mm and a (MRD30405) 
CFI Plan Apochromat DM Lambda 40X, N.A. 0.95, W.D. 0.21mm objectives were 
used. NIS-Elements software was used for coordination of the multipoint imaging. 
Pictures were taken for every chip for 14 days. The days selected for analysis were 
the ones of maximum biomass, namely day 2 for Pseudomonas putida biomass and 
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its AMC consumption, and day 6 for Coprinopsis cinerea biomass, its AMC 
consumption, and the AMC consumption of the fungal+bacterial conditions. 

Image Analysis 
The fluorescence intensity was quantified using ImageJ 1.52n [48]. Background was 
subtracted using the ImageJ rolling ball algorithm [49] using 7 pixels as radius of 
rolling ball for images taken with 4x objective. The rolling ball radius was given 
based on the size of the biggest fluorescent object, which was the width of a channel. 
After the subtraction, the mean florescence intensity per pixel was quantified inside 
each channel using the ROI manager tool. The rectangular ROIs were of the same 
size and covered every individual channel of the experiment.  

To attain a deeper understanding of the fluorescence distribution along the channels, 
fluorescent profiles were obtained for every type of channel. For this purpose, the 
segmented line tool and the measure tool were used to cover manually the entire 
length of the channels.  

Besides the images obtained with the 4x objective, the 40x and the 100x objectives 
were used to obtain higher magnification images to facilitate overall result 
interpretation. The time-lapse videos of colonizing hyphae were obtained with a 40x 
objective every 5 minutes for a total period of 12 hours.  

Statistical Analysis 
For in-depth statistical analysis, the data from the day typically showing maximum 
biomass (indicated by maximum fluorescence, Supplementary Figure 1) was 
chosen, namely day 2 for bacteria and day 6 for fungi. Day 6 was also selected for 
substrate consumption comparison.  

The experiment had a full-factorial design with the factors Angle (45°, 90°, 109°), 
Turn order (alternated or repeated), and Competition (presence or absence of the 
other organism). Each chip had 10 channels of each type (with all the angle-turn 
order combinations), and five chips of each inoculation type were analyzed: 5 with 
bacteria (bacteria in absence of competitor), 5 with fungi (fungi in absence of 
competitor), and 5 with bacteria and fungi (presence of competitor). Multilevel 
model fitting correcting for random effects was used to test the influence of every 
factor on the variables. Additionally, a three-way multivariate ANOVA correcting 
for random effects was conducted using R [50] for testing significant differences in 
variances. Random effects were attributed to each microfluidic device as a physical 
replicate of the experiment. Angle, turn order, and competition were considered 
fixed factors for bacterial and fungal biomass, while angle, turn order, and organism 
(fungi, bacteria, fungi+bacteria) were the fixed factors for substrate consumption. 
Fluorescence data was log-transformed to obtain normality of the residuals and 
homogeneity of variances. The significance threshold used for all statistical tests 
was p < 0.05. When significant differences were found in the ANOVA, interactions 
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were analyzed separately using Dunn’s method for multiple comparison of means 
[51]. Pairwise comparisons were performed with t-tests, using Holm corrected p-
values [52].  

Also, linear regressions were done using R, with bacterial biomass, fungal biomass, 
and substrate consumption as dependent variables and tortuosity of the channels as 
independent variables.  

Results 
We inoculated the chips with either a fungal (Coprinopsis cinerea), a bacterial 
(Pseudomonas putida), or a fungi+bacteria inoculum. The chips contained six types 
of channels that varied in two parameters: bending angle (45°, 90°, 109°) and 
bending order (alternated, repeated). Bacterial and fungal growth, together with 
substrate consumption (L-Alanine 7-amido-4-methylcoumarin trifluoroacetate salt), 
were followed over time using fluorescence microscopy. During the 14 days the 
experiment lasted, the organisms successfully colonized all chip channels of all 
tested turn angles and turn orders (Fel! Hittar inte referenskälla., Supplementary 
Figure 1) and caused measurable substrate consumption along the channels 
(Supplementary Figure 2).  
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Figure 2. Epifluorescence images of the bacterial strain P. putida mt-2 (green) grown together with the fungal strain 
C. cinerea AmutBmut PMA412 (red) on M9 liquid medium inside the PDMS chip on day 2 after inoculation. (a) 90°-
angled channel with repeated turn order. (b) 109°-angled channel with repeated turn order where fungal hyphae block 
the channel and do not allow bacteria to advance further. (c) All the type of channels studied (from left to right: 45°, 
90°, and 109°, with alternated turning order, and 45°, 90° and 109°, with repeated turning order) at 4x magnification.  

Bacterial biomass  
While all channels were colonized over their whole length (Figure 5), there were 
significant differences in the amount of bacterial biomass depending on the angle 
and order of their turns (Figure 3a). Angles reduced bacterial biomass as they 
became sharper. However, their effect was stronger when the bending order was 
repeated and when the fungus was present (Figure 3a, Supplementary Table 1, 
Supplementary Table 2, Supplementary Table 3). Repeated bending order lowered 
bacterial biomass, independently of whether the fungus was present or not. 
Alternated and repeated turn order channels differed significantly from each other 
in their impact on bacterial biomass only at angles of 90 and 109 degrees 
(Supplementary Figure 3) while they did not differ at angles of 45 degrees.  

When the fungus was present, the effect of channel turning angles on bacterial 
biomass was increased, producing significantly lower bacterial biomass as angles 
became sharper. Such reduction occurred regardless of their angle turn order. b 
shows an example of fungal hyphae blocking the access of bacteria to the deeper 
part of the channel.  
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Bacterial biomass was also negatively correlated with channel tortuosity 
(Supplementary Figure 4a, Supplementary Table 4), increasingly when fungi were 
present. 

Fungal biomass 
Angles reduced fungal biomass in general as they became sharper, but their impact 
was significantly higher when their turn order was repeated b, Figure 5, 
Supplementary Table 5, Supplementary Table 6, Supplementary Table 7). The 
presence of bacteria caused a reduction of the overall fungal biomass independently 
of the structures. The fungal biomass was distributed heterogeneously along the 
different types of channels, where typically most of the hyphae concentrated in the 
first parts of the channels, while fewer, if any, hyphae progressed towards the deep 
interior of the channels. The dispersal distance into the channels was especially 
decreased in sharp angle and repeated turn order channels (Figure 4). Supplementary 
videos 1-6 and Figure 4 show the effect of every type of angle and turn order on the 
fungal growth. 

Fungal biomass was negatively correlated with channel tortuosity (Supplementary 
Figure 4b, Supplementary Table 8) and had a steeper slope when regressed against 
tortuosity in the absence of bacteria. 

Substrate consumption 
Bacteria caused degradation of the AMC substrate detectable within 24 hours, while 
fungi did not cause significant degradation during the experiment. The effect that 
the structures had on bacterial substrate degradation depended on the interactions 
with the fungi present in the chip (Figure 3c). Bacteria alone had a generally higher 
substrate consumption than fungi alone in all types of channels and was not affected 
by the turn angles or the turn order of the channels (Supplementary Table 9, 
Supplementary Table 10, Supplementary Table 11).  

Only when bacteria were cultivated with fungi the AMC degradation was 
significantly affected by both the turn angle and turn order (Supplementary Figure 
6), generally showing decreasing substrate degradation as turn angles became 
sharper, and when turn order was repeated. 

Substrate degradation was distributed differently along the channels depending on 
the treatment conditions (Figure 5), being highest in the middle of the channel and 
decreasing towards the ends for bacteria only. This effect was less strong in the 
sharper angled channels and changed to a gradual increase with increasing channel 
depth when fungi were present. Substrate degradation was negatively correlated 
with channel tortuosity only when bacteria and fungi grew together (Supplementary 
Figure 4c, Supplementary Table 12).  
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Figure 3. Bacterial and fungal biomass and their substrate consumption in differently angled channels. Upper pannels 
show examples of the initial part of the microfluidic channels colonized by P.putida expressing GFP constitutively 
inside the microfluidic chip, on day 2 after inoculation, growing without (left) and with (right) the competitor C. cinerea 
(scale bar=100 µm). Bottom panels show the three-way analysis of the response of bacterial biomass to the different 
channel types at day 2, in absence (left) and in presence (right) of the fungal competitor C. cinerea, as quantified via 
bacterial GFP fluorescence expression. (b) Upper pannels show examples of the initial part of the microfluidic 
channels colonized by C.cinerea expressing d-Tomato constitutively, on day 6 after inoculation, growing in absence 
(left) and presence (right) of the competitor P. putida. Below shows the three-way analysis plot of the d-Tomato 
fluorescence intensity of C. cinerea inside the channels on day 6, without (left) and with (right) the competitor P. 
putida. (c) Upper panels show the substrate consumption represented by fluorescence of released 4-methylcoumarin 
in the initial part of the microfluidic channels, at day 6 after inoculation with the bacterial strain P. Putida (“bacteria”), 
the fungal strain C. cinerea (”fungi”), and the combined experiment containing P. putida and C. cinerea 
(“bacteria+fungi”; Scale bars = 100 µm). The symbols represent the mean log-transformed fluorescence of the 
respective fluorophore for each treatment and the error bars represent the ±SE based on ANOVA for all the channel 
types (n=50).  
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Discussion 
Channel shapes similarly affected C. cinerea and P. putida when they had been 
grown alone. But when grown together, the effect of shapes on bacteria increased, 
whereas it remained similar on fungi. The pore space habitat inside the chip was 
dynamic and evolved over time as both strains grew. When both strains were 
together, fungi changed the physical environment so much that it resulted in a 
reduction in bacterial growth. Bacterial habitat modification, on the other hand, did 
not affect fungal foraging, which was only affected by the (solid) chip obstacles. 
The effect of the habitat modification was also reflected on the substrate 
consumption, which was affected by structures only when bacteria and fungi grew 
together.  

Bacterial biomass 
Bacterial biomass was reduced as the turning angle became sharper. The effect of 
the angles was enhanced when their turn order was repeated. This interaction 
occurred, however, only at sharp angles, 90° and 109°. This result might be 
explained by the fact that a 45° turning angle is still inside the range of angles that 
P. putida tumble (randomly change direction) in a free-swimming environment [41]. 
Therefore, bacteria can swim through these channels without being significantly 
affected by the corners and the way they are arranged. On the other hand, in 90° and 
109° angle channels, repeated turn order reduced the motility of bacteria more 
strongly. This suggests that bacteria not only keep a tumble frequency memory [53] 
but also a tumble direction memory, which seems to be affected by the repeated turn 
order angles, leading to an increased time to cover a distance [54]. Bacterial biomass 
at 45°, however, was similar for both angle arrangements, suggesting that before the 
critical point (90°), turning directions do not affect the dispersal and growth of 
bacteria. Bacterial accumulation has been modeled to occur in 90° corners [55], and 
similar accumulations seem to be occurring in the present experiment at 90° and 
109°, which can block additional parts of the void pore space and by this impede 
further bacterial dispersal. It has been shown that the mean distance bacteria run 
before tumbling for bacterial strains such as E. coli is approximately 19 µm [56], 
which is lower than the distance between channel turns in our experiment (50 µm). 
Having a shorter distance between the channel turns could, thus, produce a higher 
cell accumulation and thus a stronger effect on bacterial colonization of the 
channels.  

The way structures affected bacterial biomass was stronger when fungi were 
present. In general, there was less bacterial biomass when cultivated together with 
the fungus. Since antibiotic production by C. cinerea has been reported to affect 
exclusively gram-positive bacteria [57], we believe that the main reason for this 
must be competition for nutrients and space [58].  
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Interestingly, when fungi were present, hyphae increased the effect that structures 
had on bacterial biomass, where sharper angles and repeated turn order reduced 
bacterial biomass more than when they were not present. Such findings, together 
with high magnification pictures (Figure 2b), suggest that the habitat modification 
caused by fungi – by blocking the pore space with their hyphae – increased the 
complexity of the habitat where bacteria grew. In nature, fungi might act not only 
as bridges or networks [59] [60], and “highways” for bacterial dispersal [61], but 
also as barriers that prevent bacteria from advancing further inside the soil pores. 
The interaction between the effect of structures and the presence of competitor in 
bacterial biomass indicates that competition does not only occur for nutrients but 
also for space. 

Fungal biomass  
Turns in the channels reduced fungal biomass as angles became sharper, the effect 
increased when turn order of the angles was repeated. Thus, the effect of an angle 
in a pore space depends on how it is positioned, similar to what has been suggested 
by models based on tomography images [40]. When fungal hyphae hit a wall, their 
Spitzenkörper shifts towards the wall and stays near the wall as hyphae grow [62]. 
Spitzenkörper seems to be responsible for the reorientation of hyphae after hitting 
an obstacle because it remains in the part of the hyphae that is close to the wall, in 
a phenomenon known as thigmotropism [63], as a way to maintain its original 
directionality after the obstacle is circumvented. In alternated turns channels, 
hyphae seem to maintain the original directionality regardless of the contact angle 
reducing the effect of the angles on fungal biomass. The explanation can be as 
follows: once a hypha encounters an obstacle, the Spitzenkörper shifts towards the 
wall and stays near the wall as hyphae grow [62], where it remains close to the wall, 
in line with the direction of its growth. When hitting the next wall in a channel with 
alternating turns, both directions would help hyphae to find the right path. This 
contrasts with channels with repeated turn order, where during every second turn, 
one of the two directions does not point towards the right path and instead hit a wall. 
Such findings can be corroborated by high-magnification analysis of single hyphal 
tip growth, showing that frequent hyphal branching occurred only at angles of 90° 
and 109° (Figure 4, Supplementary Video1-6), and that hyphae suffered loss of 
direction in corners of repeated turn order (with 90° and 109°).  
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Figure 4. Time lapse images of C. cinerea passing through the different types of channels in absence of a competitor 
at day 1. Pictures were taken with a 40x objective at a time interval of 5 minutes in brightfield with DIC overlayed with 
the red fluorescence channel.  

The fluorescent profiles (Figure 5) show that the fungal biomass distribution along 
the channels was indeed affected by the angle sharpness. Hyphae covered longer 
distances in the 45° channels, but in the channels with angles of 90° and 109°, the 
fluorescent profile locally reached higher levels of fluorescence, specifically in the 
first parts of the channels. This could be explained by the fact that when hyphae hit 
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a wall at an angle of 90° and 109° the Spitzenkörper shrinks [62] and leads to a 
branching event that initiates growth towards both sides. Eventually, one of the sides 
would reach the continuation of the path, whereas the other grows towards its origin 
or gets trapped between two corners. Such branching leads eventually to a localized 
accumulation of biomass in the beginning of the 90° and 109°-angled channels, even 
though their total biomass is lower than the 45°-angled channels. (Figure 5, Figure 
4 and Supplementary video 1-6). Branching events can be observed after hyphae 
encounter walls, but this does not generally stop the hyphal advancement in 
alternated turn orders as it was found for repeated turn order. The importance of 
branching for a successful fungal colonization in microstructures has been explored 
previously [64]; the present study suggests that the higher hyphal branching rates 
produced by encountering 90° and 109° corners lead to a different fungal biomass 
distribution along the different microstructures. 

Applied to a situation in real soil, this would mean that pore space passages forcing 
fungi to bend at a certain angle could be prone to cause a local accumulation of 
fungal biomass, where joint forces of several hyphal tips may support its effort to 
penetrate the pore wall. Models performed on soil derived from micro-computed 
tomography images consider that pore volume, pore connectivity, and presence of 
water bubbles affect fungal growth inside the pore space [40], [65]. Although it 
remains to investigate exactly how much of the pore space can be protruded by 
fungal hyphae, the current study adds passage turning angle and the way they are 
arranged (turn order) to the characteristics that should be considered when 
evaluating the effect of soil architecture on fungal growth.  

The effect that the studied angles had on fungi did not depend on the presence of 
bacteria but occurred similarly when the fungus grew alone. The same is observed 
in the linear regression of fungal biomass vs channel tortuosity in absence and in 
presence of bacteria (Supplementary Figure 4, Supplementary Table 8). Therefore, 
the only effect of bacterial presence on fungal biomass seems to be an overall 
reduction of hyphae across all the angle profiles. This reduction can be mainly 
attributed to competition for nutrients. This seems to suggest that bacteria, as 
opposed to fungi, do not alter the spatial habitat in a way that would interfere with 
fungal foraging. Even though bacteria grow faster [66], bacterial biomass did not 
change the effect structures had on fungal growth, as hyphae can easily push through 
bacterial colonies using protrusive forces [67], [68]. Besides nutrient competition, 
other explanations of importance when studying polymicrobial interactions, such as 
quorum sensing signaling, which could change bacterial or fungal metabolisms [58], 
might also play a role in the reduction of fungal biomass.  
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Effect of structures on substrate degradation 
Substrate degradation did not differ across angles and angle arrangements when 
bacteria and fungi grew by themselves. The two structure parameters only affected 
substrate degradation when bacteria and fungi grew together.  

P. putida alone degraded the AMC through the different channels even though 
mineral nitrogen was provided. Regardless of the different biomass levels 
encountered in the channels, the substrate cleavage of the cells did not differ 
between channel type, which means that cells had a higher enzyme activity rate 
(Supplementary table 13) in channels with sharper turning angle and repeated turn 
order. Fungi did not degrade the peptide when grown alone, which gives us the 
advantage that we could measure bacterial substrate degradation exclusively, even 
in the presence of the fungus. Since fungi have generally a higher nitrogen use 
efficiency than bacteria [69]–[71], the mineral nitrogen provided in the medium 
could have sufficed for a much longer growth period than for bacteria. Nonetheless, 
C. cinerea did not show enzymatic activity that cleaves AMC in trials with an order 
of magnitude lower nitrogen levels (data not shown).  

When C. cinerea and P. putida were incubated together, the substrate degradation 
was different across angle and turn order types, following a similar pattern as 
bacterial and fungal biomass in those chips. While in co-cultured chips, bacterial 
and fungal biomasses were lower than when they grew alone, indication competition 
for nutrients, substrate degradation was higher in both channels with 45° angles. 
The increase of substrate consumption in low-angled channels may be caused by 
the onset of fungal peptide degradation under competition, an over-proportional 
increase in bacterial degradation under competition, or both. However, substrate 
degradation was lower in those with 109° angles compared to substrate degradation 
in chips with only one of the organisms (Fig 3, supplementary Fig 4c). The 
decreasing levels of substrate consumption in sharper-angled channels may partly 
be explained by the lowering biomass of both bacteria and fungi, but the same 
decrease in biomass did not affect substrate consumption in bacteria-only and fungi-
only systems. Thus, the lowered substrate consumption in the 90° and 109°-angled 
channels is presumably due to the habitat modification produced by hyphae, as they 
block the channels and restrict passage for bacteria, and substrate and fluorophore 
exchange via diffusion between the channels and the pillar system.  

Our results show that the geometry of the pore space significantly affected how 
much bacteria and fungi grew. They also show that bacteria are affected by the 
habitat modification by fungal hyphae, whereas fungi were not affected by the 
habitat modification by bacteria. It has been suggested that spatial heterogeneity in 
substrate distribution can reduce respiration from soils [72]. In the present study, we 
do not see that structure itself could reduce substrate consumption of single cultures 
of bacteria, but the interaction of fungal biomass with structure allowed such a 
reduction to occur. Further experiments could address the factors influencing fungal 
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degradation activity, or focus on tracking how much of a common substrate is 
accessed by bacteria and fungi, and how much of it is assimilated into their biomass 
and consecutively into their necromass. To extrapolate our findings to the fate of 
organic matter in soil pore spaces there is the need to continue work with more 
diverse and more complex substrates that require subsequent attack by a wide 
variety of enzymes or radicals. However, our experiments address general effects of 
microstructures on fungal and bacterial growth, as well as bacterial enzymatic 
activity. Our findings highlight the fact that functions of different microbial groups 
can neither be assessed accurately when studied isolated without interactions, nor 
without considering the habitat where interactions occur, as brought forward in [73]. 
In the present study we can witness that microbial functions and competition can 
differ across space at micrometre scale, and can be influenced by habitat 
modification of the involved organisms.  

Although real soil pore space physical parameters differ in more parameters than 
turning angle, this study succeeded in isolating this factor and showing how it 
influences the biomass distribution and substrate consumption of soil microbes. 
Further soil pore geometrical properties could be identified using the information 
provided from micro-computed tomography to include these parameters into 
microfluidic devices. In the present setup we used a saturated system where liquid 
was filling the whole of the microfluidic device pore system, where both bacteria 
and substrates could freely move within the limits of the pore walls. In nature, under 
non-saturated conditions, water films alternate with air bubbles in soil pore spaces, 
hampering diffusion of substrates and creating barriers for swimming organisms 
[74]–[76]. Thus, air barriers and gas mobility should also be considered since they 
will likely influence outcomes of substrate availability. It would also be relevant to 
have a constant flow of nutrient medium inside the system, and thus avoid microbial 
starvation. It has been shown that when starvation initiates, the strength of pore 
clogging due to bacterial accumulation diminishes, increasing the permeability of 
the porous system [77]. Also, adding flows to the experimental system would 
elucidate how these structures affect the hydraulic properties of the bacterial 
colonization and possible biofilm formation. Flows and the location of the pores 
with respect to the flow have been shown to be crucial when predicting bacterial 
accumulation in porous systems [78] [79].  

The habitat where microbes grow and interact is not stable over time, but it changes 
as a result of the microbial processes inside it. The need to better understand how 
microenvironments co-evolve with microorganisms has been pointed out previously 
[18], [73]. In this study, we have only analysed the interaction of two parameters of 
structure on the degradation of a specific substrate by two lab strains. We found that 
sharper angles and repeated turns reduced bacterial and fungal growth, as well as 
bacterial enzymatic activity. In nature, needless to say, soils contain many more 
parameters of structure [80], countless substrate types [81], and countless microbial 
species interactions [82], [83]. Despite the necessary simplifications, this study 
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suffices to demonstrate the importance of microhabitats and to initiate a closer way 
of studying the complex role of physical structure on soil microbial ecology and on 
soil nutrient occlusion, leading ultimately to a better understanding of the laws of 
soil carbon storage. A deeper understanding of how microbes behave in 
microhabitats will give us the possibility to comprehend their role across all the 
environments in which they are present, from soil microbiology, to gut microbiome 
and biofilm-forming pathogens.  
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Supplementary material 
 

 

 

Supplementary Figure 1. Bacterial biomass of Pseudomonas putida estimated via its constitutive expression of GFP 
inside the microfluidic channels, during the 14 days after inoculation, growing without (a), and with the competitor 
Coprinopsis cinerea (b). The Y-axis represents the fluorescence intensity, quantified as grey value, of GFP 
corresponding to each type of channel (n=50). Fungal biomass of Coprinopsis cinerea expressing d-Tomato 
constitutively inside the microfluidic channels, during the 14 days after inoculation, growing without (c), and with the 
competitor Pseudomonas putida (d). The Y-axis represents the fluorescence intensity of d-Tomato corresponding to 
each type of channel (n=50).  
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Supplementary Figure 2.  Substrate consumption of L-Alanine 7-amido-4-methylcoumarin trifluoroacetate salt inside 
the microfluidic channels, during the 14 days after inoculation. The panels show bacterial experiment with 
Pseudomonas putida (a), Coprinopsis cinerea (b) and together both organisms together (c). The Y-axis represents the 
fluorescence intensity of 4-methylcoumarin corresponding to each type of channel (n=50).  

  



29 

Supplementary Table 1. Output of three-way ANOVA of the variable log-transformed bacterial biomass measured via 
their GFP fluorescence, with chip as random effect and Angle, Turn order, and Competition as fixed factors. Contrasts 
ngle*Turn order and Angle*Competition were analyzed separately using the Dunn’s method for multiple comparison of 
means. Pairwise comparisons were done with t-tests with p values adjusted using Holm corrections.  

 Sum of 
squares 

Mean 
Square 

Degrees 
of 
freedom 

Density 
degrees 
of 
freedom 

F value P value  

Angle 1.797 0.899 2 580 98.737 <2.2e-16 *** 
Turn order 0.328 0.328 1 580 36.028 3.43e-09 *** 
Competition 0.104 0.104 1 8 11.409 0.01 ** 
Angle*Turn order 0.212 0.106 2 580 11.627 1.12e-05 *** 
Angle*Competition 0.279 0.14 2 580 15.332 3.25e-07 *** 
Competition*Turn order 0.002 0.002 1 580 0.249 0.618  
Angle*Competition*Turn 
order 

0.0004 0.0002 2 580 0.024 0.977  

Angle*Turn order        
Angle @Alternated TO 0.388 0.194 2 288 2.066 0.09962 . 
Angle @Repeated TO 1.620 0.810 2 288 8.618 1.1e-4 *** 
Angle*Competition        
Angle @Absence 0.343 0.172 2 293 1.829 0.1406  
Angle @Presence 1.732 0.866 2 293 9.226 7e-5 * 

 

Pairwise comparison: 
Turn order = Repeated TO 45 90 
90 4.3e-11 - 
109 4.2e-15 0.14 

 
Competition = Presence 45 90 
90 6.1e-14 - 
109 <2e-16 0.012 
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Supplementary Table 2.  Output of the multi-level model fitting for the variable log-transformed bacterial biomass 
measured via their GFP fluorescence, with chip as random effect and Angle, Turn order, and Competition as fixed 
factors. Each step performs an ANOVA and compares the model with the previous model. 

Model df     AIC BIC   logLik Test    L.Ratio p-value 

1 3   -840.1047   -826.9139 423.0524 
 

 
 

Angle 5 -988.4581   -966.4735 499.2291 152.35341 1vs2 <.0001 

Turn order 6 -1019.0571   -992.6755 515.5285 32.59893 2vs3 <.0001 

Competition 7 -1025.9199   -995.1414 519.9599 8.86280 3vs4 0.0029 

Angle*Compet
ition 

9 -1051.1584 -1011.5861 534.5792 29.23858 4vs5 <.0001 

Turn 
order*Competi
tion 

10 -1049.4017 -1005.4324 534.7008 0.24321 5vs6 0.6219 

Angle*Turn 
order 

12 -1015.8292 -1068.5924 546.2962 23.19071 6vs7 <.0001 

Angle*Turn 
order*Competi
tion 

14 -1064.6408 -1003.0837 546.3204 0.04839 7vs8 0.9761 

 

Supplementary Table 3. Contrasts of the multi-level model with the variable log-transformed bacterial biomass 
measured via their GFP fluorescence, with chip as random effect and Angle, Turn order, and Competition as fixed 
factors.   

Value Std.Error DF t-value p-value 

(Intercept) 5.072999 0.033199 582 152.8039 0 

Ang 45 – Ang 90 0.105983 0.016518 582 6.41606 0 

Ang 109 - Ang 90 -0.01035 0.016518 582 -0.62646 0.5313 

 Alternated TO – Repeated TO 0.070932 0.015574 582 4.5546 0 

Presence – Absence -0.17115 0.046301 8 -3.69643 0.0061 

Ang 45 – 90 (Pres-Abs) 0.065965 0.019074 582 3.45839 0.0006 

Ang 109 – 90 (Pres – Abs)  -0.03847 0.019074 582 -2.01675 0.0442 

Alternated TO – Repeated TO (Pres – Abs)  -0.00777 0.015574 582 -0.49879 0.6181 

Ang 45 – 90 (Alternated TO – Repeated TO)      -0.072955 0.019074 582 -3.8249 0.0001 

Ang109 – 90 (Alternated TO – Repeated TO)  0.012044 0.019074 582 0.63144 0.528 

 

  



31 

Supplementary Table 4. Output of the linear model with bacterial biomass (GFP fluorescence signal) as dependent 
variable and channel tortuosity as independent variable. Second and third panel indicate linear regression for bacterial 
biomass data in absence and presence of competitor respectively. 
 

Value Std.Error DF t-value p-value 

(Intercept) 5.227055 0.040156 588 130.1694 <1E-10 

Tortuosity -0.163643 0.012562 588 -13.02687 <1E-10 

Presence-Absence 0.035249 0.056789 8 0.6207 0.5521 

Tor*Presence - Tor*Absence 0.081356 0.017765 588 4.57949 <1E-10 

Absence 
     

(Intercept) 5.262304 0.046053 294 114.26531 <1E-10 

Tortuosity (slope) -0.082287 0.010905 294 -7.54597 <1E-10 

Presence  
     

(Intercept) 5.227055 0.033227 294 157.31152 <1E-10 

Tortuosity (slope) -0.163643 0.014025 294 -11.66821 <1E-10 

 

 

 

 

a b  

Supplementary Figure 3. Effect of interactions Angle-Competition (a) and Angle-Turn order (b) on the Pseudomonas 
putida biomass measured via their GFP fluorescent signal. The fluorescence data are log-transformed and presented 
for the alternated (continuous line) and for repeated turn order (doted line). The points represent the mean log-
transformed fluorescence for each treatment and the error bars represent the ±standar error based on ANOVA for all 
the angles (n=50).  
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Supplementary Figure 4. The effect of tortuosity on bacterial biomass (a), fungal biomass (b) and substrate 
consumption (c), shown as linear correlations. The Y-axis shows the log transformed value of fluorescence intensity of 
GFP for bacteria, d-Tomato for fungi, and 4-methylcoumarin for the substrate. Different colours represent the 
experimental conditions: PP for bacteria only, CC for fungi only, and CCPP for bacteria and fungi growing together. 
The scattered points represent single measurements of fluorescence (n=50). Shaded areas represent confidence 
intervals. 
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a b

 

Supplementary Figure 5. Effect of interactions Angle-Turn order in absence of competitor (left) and in presence of 
competitor (right) on the Coprinopsis cinerea biomass measured with d-Tomato fluorescent signal. The fluorescence 
data are log-transformed and presented for the alternated (continuous line) and for the repeated turn order (doted 
line). The points represent the mean log-trasnformed fluorescence for each treatment and the error bars represent the 
±standard error based on ANOVA for all the angle types (n=50).  
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Supplementary Table 5. Output of three-way ANOVA of the variable Coprinopsis cinerea log transformed biomass 
measured with d-Tomato fluorescence, with chip as random effect and Angle, Turn order, and Competition as fixed 
factors. Contrasts were analyzed separately using Dunn’s method for multiple comparison of means. Pairwise 
comparisons were done with t-tests with p values adjusted using Holm corrections[45]. The significance of the three 
way interaction is likely to be produced because a similar interaction of angle and turn order in presence of bacteria 
could not be similar to the same interaction in absence of bacteria since fungal biomass levels are already showing a 
minimum growth, close to background levels.  

 Sum of 
squares 

Mean 
Square 

Degrees 
of 
freedom 

Density 
degrees 
of 
freedom 

F value P value  

Angle 6.236 3.118 2 580 148.188 <2.2e-16 *** 
Turn order 4.762 4.762 1 580 226.344 <2.2e-16 *** 
Competition 0.497 0.497 1 8 23.603 0.001 ** 
Angle*Turn order 1.484 0.742 2 580 35.254 3.55e-15 *** 
Angle*Competition 0.418 0.209 2 580 9.928 5.76e-15 *** 
Competition* Turn order 0.332 0.332 1 580 15.766 8.07e-05 *** 
Angle*Competition* Turn 
order 

0.183 0.091 2 580 4.345 0.013 * 

Competition        
Angle*Turn order 
@Presence 

0.464 0.232 2 290 1.627 0.18963  

Angle*Turn order 
@Absence 

1.202 0.601 2 290 4.209 0.00613 ** 

Competition = Absence        
Angle @ Turn order = 
Repeated  

5.398 2.699 2 143 18.9 <1e-6 *** 

Angle @ Turn order = 
Alternated 

0.641 0.321 2 143 2.245 0.07670 . 

Competition = 
Presence 

       

Angle @ Turn order = 
Repeated 

2.048 1.024 2 143 7.17 0.00634 *** 

Angle @ Turn order = 
Alternated 

0.233 0.116 1 143 0.817 0.6641  

 

Pairwise comparisons: 
 

Competition= Absence 
Turn order = Repeated TO 

45 90 

90 3.8e-8 - 
45 <2e-16 1.7e-06 

 

Competition = Presence 45 90 
90 7.2e-9 - 
45 1.3e-13 0.065 
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Supplementary Table 6. Output of the multi-level model fitting for the variable log-transformed fungal biomass 
measured with d-Tomato fluorescence, with chip as random effect and Angle, Turn order, and Competition as fixed 
factors. Each step performs an ANOVA and compares the model with the previous model. 

 
Model df AIC BIC logLik Test L.Ratio p-value 

1 1 3 -128.47 -115.28 67.2351
3 

   

Angle 2 5 -289.05 -
267.066 

149.525
1 

1 vs 2 164.579
8 

<.0001 

Turn order 3 6 -
453.421 

-427.04 232.710
6 

2 vs 3 166.371
1 

<.0001 

Competition 4 7 -
465.159 

-
434.381 

239.579
7 

3 vs 4 13.7381
5 

0.0002 

Angle*Competition 5 9 -
478.266 

-
438.694 

248.133
1 

4 vs 5 17.1068
9 

0.0002 

Turn order*Competition 6 1
0 

-
490.211 

-
446.242 

255.105
6 

5 vs 6 13.9449 0.0002 

Angle*Turn order 7 1
2 

-
552.955 

-
500.192 

288.477
5 

6 vs 7 66.7438 <.0001 

Angle*Turn 
order*Competition 

8 1
4 

-
557.729 

-
496.172 

292.864
5 

7 vs 8 8.77419 0.0124 

 

Supplementary Table 7. Contrasts of the multi-level model with the variable log-transformed fungal biomass measured 
with d-Tomato fluorescence, with chip as random effect and Angle, Turn order, and Competition as fixed factors.  

 
Value Std.Error DF t-value p-value 

(Intercept) 5.077005 0.060732 580 83.5974 0 

Ang 45 – Ang 90 0.113564 0.029056 580 3.90849 0.0001 

Ang 109 - Ang 90 -0.04097 0.029056 580 -1.41019 0.159 

 Alternated TO – Repeated TO -0.21461 0.029056 580 -7.38624 0 

Presence – Absence -0.47 0.085887 8 -5.47231 0.0006 

Ang 45 – 90 (Pres-Abs) -0.05389 0.041091 580 -1.31138 0.1902 

Ang 109 – 90 (Pres – Abs)  0.005047 0.041091 580 0.12282 0.9023 

Alternated TO – Repeated TO (Pres – Abs)  0.034485 0.041091 580 0.83924 0.4017 

Ang 45 – 90 (Alternated TO – Repeated TO) 0.13887 0.041091 580 3.37959 0.0008 

Ang109 – 90 (Alternated TO – Repeated TO)  -0.17066 0.041091 580 -4.15322 0 

Ang 45 – 90 (Alternated TO – Repeated TO) (Pres – 
Abs)  

0.021144 0.058111 580 0.36385 0.7161 

Ang109 – 90 (Alternated TO – Repeated TO) (Pres – 
Abs)  
  

0.157559 0.058111 580 2.71134 0.0069 
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Supplementary Table 8. Output of the linear model with fungal biomass (d-Tomato fluorescence signal) as dependent 
variable and channel tortuosity as independent variable. Second and third panel indicate linear regression for fungal 
biomass data in absence and presence of competitor respectively. 

 
Value Std.Error DF t-value p-value 

(Intercept) 5.572636 0.07139 588 78.05873 <1E-10 

Tortuosity -0.363774 0.019788 588 -18.38381 <1E-10 

Presence-Absence -0.6736 0.100961 8 -6.67188 2.00E-04 

Tor*Presence - Tor*Absence 0.145963 0.027984 588 5.21595 <1E-10 

Absence 
     

(Intercept) 5.572636 0.088027 294 63.30601 <1E-10 

Tortuosity (slope) -0.363774 0.02319 294 -15.68649 <1E-10 

Presence  
     

(Intercept) 4.899036 0.049441 294 99.08868 <1E-10 

Tortuosity (slope) -0.21781 0.015663 294 -13.90632 <1E-10 

 

 

Supplementary Figure 6.  Effect of the interaction between the factors Angle and Organism on the substrate 
consumption. The 4-methylcoumarin fluorescence data are presented for the bacterial Pseudomonas putida 
(continuous line), fungal Coprinopsis cinerea (doted line), and fungal-bacterial (dashed line) experiments. The points 
represent the mean fluorescence for each treatment and the error bars represent the ±standard error based on an 
ANOVA for all angle types (n=50).  
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Supplementary Table 9. Output of three-way ANOVA of the variable substrate consumption, measured with 4-
Methylcoumarin fluorescence, with chip as random effect and Angle, Turn order, and Organisms as fixed factors. 
Contrasts were analyzed separately using the Dunn’s method for multiple comparison of means. Pairwise comparisons 
were done with t-tests with p values adjusted using Holm corrections[45].  

 Sum of 
squares 

Mean 
Square 

Degrees 
of 
freedom 

Density 
degrees 
of 
freedom 

F value P value  

Angle 3.773 1.886 2 870 43.934 <2.2e-
16 

*** 

Turn order 0.788 0.788 1 870 18.351 2.04e-
05 

*** 

Organism 8.794 4.397 2 12 102.403 2.88e-
08 

*** 

Angle*Turn order 0.700 0.350 2 870 8.157 3.09e-
04 

*** 

Angle*Organism 8.243 2.061 4 870 47.993 <2.2e-
16 

*** 

Organism*Turn order 0.983 0.491 2 870 11.442 1.25e-
05 

*** 

Angle*Organism*Turn order 0.303 0.076 4 870 1.765 0.134  
Angle*Turn order        
Angle @Alternated 0.642 0.321 2 433 2.441 >0.05  
Angle @Repeated 3.831 1.916 2 433 14.53 <0.01 * 
Angle*Organism        
Angle @Bacteria 0.081 0.041 2 293 0.309 >0.05  
Angle @Fungi 0.001 6.7e-4 2 293 5.12e-3 >0.05  
Angle @Bacteria + Fungi 11.932 5.966 2 293 45.39 <0.01 * 
Turn order*Organism        
Turn order @Bacteria 8.4e-3 8.4e-3 1 294 0.064 >0.05  
Turn order @Fungi 0.015 0.015 1 294 0.117 >0.05  
Turn order @Bacteria + 
Fungi 

1.747 1.747 1 294 13.28 <0.01 * 

 

Pairwise comparison: 
Turn order = Repeated 45 90 
90 0.039 - 
45 3.3e-03 0.348 

 

Organism = Bacteria + fungi 45 90 
90 1e-10 - 
45 <2e-16 0.018 
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Supplementary Table 10. Output of the multi-level model fitting for the variable log-transformed substrate consumption 
measured with 4-Methylcoumarin fluorescence, with chip as random effect and Angle, Turn order, and Organism as 
fixed factors. Each step performs an ANOVA and compares the model with the previous model. 

 
Model df AIC BIC logLik Test L.Ratio p-

value 
1 1 3 98.14038 112.5476 -46.0702 

   

Angle 2 5 35.67437 59.68634 -12.8372 1 vs 2 66.46601 <.0001 

Turn order 3 6 23.14013 51.9545 -5.57007 2 vs 3 14.53424 0.0001 

Organism 4 8 -16.2714 22.14778 16.13569 3 vs 4 43.41151 <.0001 

Angle*Organism 5 12 -176.617 -118.988 100.3084 4 vs 5 168.3455 <.0001 

Turn 
order*Organism 

6 14 -195 -127.767 111.5002 5 vs 6 22.38354 <.0001 

Angle*Turn 
order 

7 16 -207.31 -130.472 119.6551 6 vs 7 16.30971 0.0003 

Angle*Turn 
order*Organism 

8 20 -206.461 -110.413 123.2304 7 vs 8 7.15064 0.1281 

 

Supplementary Table 11. Contrasts of the multi-level model with the variable log-transformed substrate consumption 
measured with 4-Methylcoumarin fluorescence, with chip as random effect and Angle, Turn order, and Organism as 
fixed factors. 

 
Value Std.Error DF t-value p-

value 
(Intercept) 5.851698 0.063653 874 91.93076 0 

Ang 45 – Ang 90 -0.09126 0.03395 874 -2.68804 0.0073 

Ang 109 – Ang 90 -0.02163 0.03395 874 -0.63701 0.5243 

Repeated TO – Alternated TO -0.03984 0.030992 874 -1.28549 0.199 

Fungi – Bacteria -1.15348 0.088946 12 -12.9683 0 

Fungi+Bacteria – Bacteria  0.010437 0.088946 12 0.11735 0.9085 

Ang 45 – Ang 90 (Fungi – Bacteria) 0.035737 0.04158 874 0.85948 0.3903 

Ang 109 – Ang 90 (Fungi -Bacteria)  0.026321 0.04158 874 0.63301 0.5269 

Ang 45 – Ang 90 (Fungi+Bacteria – 
Bacteria) 

0.386306 0.04158 874 9.29061 0 

Ang 109 – Ang 90 (Fungi+bacteria – 
Bacteria) 

-0.0905 0.04158 874 -2.17648 0.0298 

Repeated TO – Alternated TO (Fungi – 
Bacteria) 

-0.00368 0.03395 874 -0.10841 0.9137 

Repeated TO – Alternated TO 
(Fungi+Bacteria – Bacteria)  

-0.14198 0.03395 874 -4.18213 0 

Ang 45 – Ang 90 (Repeated TO – 
Alternated TO) 

0.107305 0.03395 874 3.16066 0.0016 

Ang 109 – Ang 90 (Repeated TO – 
Alternated TO) 

-0.01965 0.03395 874 -0.57869 0.5629 

 

  



39 

Supplementary Table 12. Output of the linear model with substrate consumption (4-methylcoumarin fluorescence 
signal) as dependent variable and organism present and channel tortuosity as independent variables.  

 
Value Std.Error DF t-value p-value 

(Intercept) 4.705342 0.078689 882 59.79673 <1E-10 

Bacteria – Fungi 1.11153 0.111283 12 9.98832 <1E-10 

Bacteria + Fungi - Fungi 1.857722 0.111283 12 16.69367 <1E-10 

Tortuosity -0.019443  0.026835 882 -0.72454 0.4689 

B:Tortuosity – F:Tortuosity 0.014389 0.03795 882 0.37917 0.7047 

B+F:Tortuosity – F:Tortuosity -0.426684 0.03795 882 -11.24339 <1E-10 

 

Supplementary Table 13. Output of the linear model with substrate consumption (4-methylcoumarin fluorescence 
signal) as dependent variable and organism present and channel tortuosity as independent variables.  

Turn Order Alternated Repeated 
Angle 45 90 109 45 90 109 
Ratio Log(Substrate degradation 
fluorescence)/ Log (B GFP 
Fluorescence) 

1.113 1.138 1.132 1.125 1.145 1.14 
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Abstract 
The great variety of Earth’s microorganisms and their functions is attributed to the 
heterogeneity of their habitats, but our understanding of the impact of those 
environmental conditions is limited, especially on the microscale. In the present 
study we tested how a gradient of habitat physical complexity in the form of 
increasing fractal order of a space filling maze influenced the growth, substrate 
degradation, and competition, of the bacterial strain Pseudomonas putida and the 
fungal strain Coprinopsis cinerea.  

Bacteria and fungi responded to the habitat complexity in different ways: complex 
habitats strongly reduced fungal growth but in contrast increased the number of 
bacteria inside them. The substrate degradation also increased with habitat 
complexity, even more than the bacterial biomass. Detailed spatial analysis within 
the mazes showed that the maximal bacterial growth and substrate degradation 
occurred at intermediate depth into the mazes. Fungal hyphae did not reach far into 
the mazes but forced bacteria to mainly grow in the deeper regions.   A likely reason 
for the increase of bacterial biomass and substrate degradation in more complex 
mazes and dead ends is the accumulation of enzymes and quorum sensing molecules 
leading to an onset of biofilm metabolism. These results suggest an increase in 
enzymatic activity in confined spaces and demonstrate the effect of spatial 
microstructures on microbial growth and substrate degradation which may add up 
to considerable differences in nutrient cycling when scaled up to macroscale.  
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Introduction 
The habitats where microbes grow are far from homogeneous and static, but rather 
they tend to be patchy, and change over time. In human, plant and marine 
microbiomes, examples can be found of the characteristics of the habitat influencing 
not only the way microbes behave, but also the impact microbes they have in 
ecosystems. Heterogeneous microhabitats inside the human body, for instance, like 
crypts, mucus, or the appendix, can benefit microbial communities by serving as 
reservoirs for repopulation after stress, or as protection against external competitors, 
which they would not have in homogeneous environment (Donaldson et al. 2015). 
Another example is the skin microbiome, which exhibits a high diversity despite its 
exposure to harsh and variable conditions, thanks to the topographic characteristics 
of the skin which also determine in part the type of microbes that colonize it  (Grice 
& Segre 2011).  

The role of microhabitats is also crucial for biogeochemical processes occurring in 
marine and terrestrial environments. Microbial communities inside marine organic 
particles, for example, can influence the marine carbon dynamic differently 
depending on the inner chemical and physical structure of those particles (Carrias 
& Sime-Ngando 2009). A stronger effect is seen in soils, a far more heterogeneous 
environment, where the microscopic heterogeneity gives rise to a higher microbial 
density, genomic diversity, and substrate  preservation, than any other microbial 
environment (Or et al. 2007; Lehmann & Kleber 2015; Rabbi et al. 2016). This last 
example is of special importance for climate change, for it can help to explain the 
high amount of easily degradable carbon sharing habitat with nutrient limited 
microorganisms in soils (Schmidt et al. 2011; Hobbie & Hobbie 2013). 

The challenge when studying the effect of microhabitats on microbial communities 
is to be able to manipulate the characteristics of the environment on the relevant 
scale and to study the resulting behaviour. Microfluidic structures are ideal in this 
sense, and the use of microfluidic techniques opens up a wide range of possibilities 
to study microbial processes  (Hol & Dekker 2014) . Microfluidics allow the 
building of environments with different physical or chemical characteristics at the 
micro scale, where processes such as bacterial attachment to surfaces (Gu et al. 
2016), or bacterial biofilm formation (Nadell et al. 2017), can be studied. 
Microfluidic structures fabricated in PDMS are also transparent and provide a 
control of flows and nutrients, being therefore ideal for the microscopic study of 
microbial interactions and growth. Effects of habitat heterogeneity or spatial 
separation between bacterial communities in microfluidics have already shed light 
on crucial microbial processes that could not be studied before. It has been 
demonstrated, for instance, that otherwise mutually exclusive species can cohabit 
and even cooperate for mutual benefit when they are not in direct contact (Hyun et 
al. 2008), and that the predator-prey balance of a community can be reached in 
presence of physical complexity (Yawata et al. 2014; Hol et al. 2016). 
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In the present study we investigate how an increasing complexity of spatial 
microstructures affect growth, interactions, and substrate degradation patterns of the 
two major microorganism groups: fungi and bacteria. We designed structures in 
microfluidic devices that simulate different levels of spatial complexity via mazes 
of different fractal order. There we studied the effect of maze complexity on the 
growth of the fluorescently labeled soil bacterial strain Pseudomonas putida and the 
fungal strain Coprinopsis cinerea; both separately and when present in the 
microenvironment together. A fluorescent aminopeptidase substrate was used to 
quantify the spatially resolved enzymatic activity in the mazes. Bacterial and fungal 
biomass as well as substrate degradation inside the mazes were followed for 12 days 
using fluorescence microscopy.  We hypothesized that increasing maze fractal order 
would reduce bacterial and fungal growth. When grown together, we expected an 
increased impact on bacterial biomass due to the additional complexity that fungal 
hyphae create. Because of the decreased biomass, we also expected the substrate to 
have lower degradation in high fractal order mazes. Our results showed, however, 
that bacteria and fungi were differently affected by maze complexity, resulting in 
an increase in bacterial biomass and a reduction of fungal biomass as mazes became 
more complex. The enzymatic activity of bacteria also increased as maze 
complexity increased, both in absolute values and proportional to bacterial biomass. 
We think that these results point towards a community behavior of bacteria versus 
the individual behavior of fungi. The increase in bacterial growth and nutrient 
degradation efficiency in complex mazes might thus be due to a decrease in 
competition between individuals which allowed a diverse, and more efficient, set of 
strategies to emerge and cohabit.  

Materials and Methods 

Device design 
The design for the Fractal chip was written in AutoCad 2019 (Autodesk). The design 
consists of an inoculation area filled with pillars (100 µm diameter and 200 µm 
pitch) that allow the bacteria and fungi to grow across the width of the device and 
enter an array of treatment mazes (Figure 1). The treatments consist of dead-end 
mazes based on space filling Hilbert curves (Hilbert & Hilbert 1935) of four 
different fractal orders with a normalized internal volume. Four orders of the Hilbert 
curve were chosen for the experiments: zero, one, three and five (F0, F1, F3, F5, 
respectively; Figure 1). The “zero” fractal iteration consisted of a series of 
rectangular pillars that had one connection less with each other than the first 
iteration ones. The width of the channels within the mazes was 10 µm, and the height 
12 µm so that we give enough space for hyphae and bacteria to grow. The mazes 
were randomly distributed along the chip (n=7/per chip). 
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Figure 1. Microfluidic device designs containing 4 types of mazes of different fractal iteration: 0 iterations (F0), 1 
iteration (F1), 3 iterations (F3), and 5 iterations (F5). The design contains 7 replicates of each type of maze with 
standardized internal volumes. The microfluidic device is molded in PDMS and bonded to a glass-bottom Petri dish. 
The device contains a pillar system serving as inoculation area in which an entrance is opened and filled with liquid 
inocula. A sterile wet tissue preserves humidity in the Petri dish during incubation.  

Device fabrication 
The Fractal chip was molded using polydimethylsiloxane (PDMS) on a master, 
previously made through UV photolithography using a photomask, and 
subsequently bonded to a glass bottom Petri dish (Aleklett et al. 2018). The 
photomask that was used to make the masters, was made from soda lime glass with 
a thin layer of chromium (Nanofilm, CA, USA) patterned with a dwl66+ mask 
writer (Heidelberg Instruments, Germany) where a NdYag laser with a wavelength 
of 532 nm was used to draw the designed patterns on a AZ1500 photoresist spray 
cotted with nanofilm. The patterns in the mask were afterwards developed in AZ 
351B positive developer and the chromium etched in TechniEtchCr01 
(Microchemicals GmbH, Ulm Germany).  

The master was made by dispensing SU-8 2015 photoresist (MicroChem, Newton, 
MA, USA) on a heat dried (90˚C for 30 minutes) 3-inch silicon wafer (Siegert 
Wafer, Aachen, Germany) and spun at 4000 rpm to get a 12 µm thick layer. The 
wafer was soft-baked at 90 ˚C, after which the SU-8 on it was patterned with UV-
light through the photomask using a contact mask aligner (Karl Suss MJB4 soft UV, 
Munich, Germany). After UV exposure and the post exposure-bake at 90 ˚C, the 
photoresist that was not crosslinked was removed through development 
(MrDev600) and the remaining structures were rinsed with isopropanol and hard-
baked at 200 ˚C for 2 hours. To prevent PDMS from sticking to the mold in the 
microfluidic device fabrication, the wafer containing the structures was activated in 



6 

an oxygen plasma for 60 seconds (ZEPTO, Diener Plasma-Surface Technology, 
Germany) and then exposed overnight to a vapor of trichloro (1H,1H,2H,2H-
perfluorooctyl) silane (PFOTS, Sigma Aldrich, Saint Louis, MO, USA) at 180˚C to 
obtain a monolayer. SYLGARDTM 184 PDMS silicone was used for the 
microfluidic devices and it was prepared (Dow Chemicals Company, Midland, 
Michigan) by mixing the elastomer base with the curing agent in a proportion of 
10:1 in mass, poured on top of the master, degassed at -15 kPa for one hour and 
finally polymerized in an oven at 60˚C for two hours.  

The PDMS devices were cut out from the master and a rectangular portion of 4 cm 
x 0.5 cm was cut out in the middle of the pillar system, approximately 0.5 cm away 
from the entrance of every maze. This cut was made to create the reservoirs that 
served as entrance to the maze in the inoculation area (Figure 1). Using a plasma 
chamber, the PDMS mazes and a glass from a glass bottom Petri dish were activated 
and bonded. This activation consisted in treating the surfaces with a Zepto Plasma 
System (Diener Plasma Surface Technology, Germany) with these conditions: 
negative polarity; 1 min coating time for cover slips and 10 seconds for PDMS 
mazes. Directly after activation, the surfaces were put together, forming a tight 
irreversible bond (Mcdonald et al. 2000). Directly after bonding, 300 μl of the 
treatment medium was introduced through the reservoir. 

Strains and growth conditions 
Pseudomonas putida mt-2 carrying plasmid-borne msfGFP-reporter constructs 
were pre-cultured overnight in M9 minimal medium (12.8 g/L NaHPO4.7H2O, 3 g/L 
KH2PO4, 0.5 g/L NaCl, 100 mg/L NH4Cl, 0.12 g/L MgSO4, 4 g/L d-Glucose, 11.66 
mg/L CaCl2, 13.5 mg/L FeCl2, 125 mg/L MgCl2.6H2O, 1 mg/L MnCl2.4H2O, 1.7mg 
of ZnCl2, 0.43mg CuCl2.2H2O, 0.6 mg CoCl2.6H2O, 0.6mg Na2MoO4.2H2O, pH 
6.5) (Smith 1991) with pH 6.5 at 28°C and agitated at 150 rpm. 

The experiments with Pseudomonas putida mt-2 were done as follows: 2 mL of 
overnight cultures were pelleted by centrifugation (5000 g for 10 min at 21 °C), and 
cells were resuspended in 0.5 ml of fresh M9 medium. L-Alanine 7-amido-4-
methylcoumarin (AMC, 160 mg/L) was added to the medium to determine substrate 
consumption inside the chips. AMC is a fluorogenic substrate that becomes 
fluorescent when it is enzymatically hydrolyzed by aminopeptidase enzymes 
(Razavi et al. 2019). 1.5 µl of the bacterial suspension was added to the entrance of 
the chip to obtain a final optical density at 600 nm of 0.2 OD600 (Nicodème et al. 
2005; Güll et al. 2009). This peptide can only be accessed by the bacterial, and not 
the fungal strain we used, and functions thus as an indicator of the bacterial 
enzymatic activity over the course of the experiment. 

The fungal strain used for the experiment was Coprinopsis cinerea AmutBmut 
PMA412, expressing constitutively the cytoplasmic fluorescent dTomato protein 
(Burns et al. 2005). Pre-incubation was done in 1.5% agar plates of Yeast Malt 
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Glucose medium (Stanley et al. 2014), for 6 days at 28°C. A rectangular plug of the 
mycelium sized 1 mm x 25 mm was placed upside down (with the mycelia facing 
the inner part of the microfluidic device) in the reservoir inside the chip. Care was 
taken to separate the fungal mycelium from the top of the agar plug so that no extra 
nutrients would be added to the medium. The inner part of the maze was filled 
beforehand with 300 µL of M9 medium containing 160 mg AMC/L (pH 6.5) by 
capillary wetting directly after bonding. After 48 hours, once the hyphae had arrived 
at the entrance of the mazes, the medium from the reservoir was replaced with fresh 
M9 medium containing AMC. In the fungal-bacteria treatment, a 1.5 µL inoculum 
of Pseudomonas putida was introduced in the reservoir after the medium 
replacement to a final concentration of OD600 0.2. Sterile wet tissues were placed 
inside the Petri dishes to preserve humidity. The plates were sealed with Parafilm 
(Bemis™ Parafilm™) to prevent water from evaporating and kept in the dark at 
room temperature (21 °C). 

In total 12 chips were used for the experiment, 4 containing Pseudomonas putida 
and 4 with Coprinopsis cinerea, (absence of competitor), and 4 containing both 
(presence of competitor).  

Microscopy 
Epifluorescence microscopy was used for visualization of P. putida, C. cinerea, and 
AMC using a fully motorized Nikon Ti2-E inverted microscope with PFS4 
hardware autofocus, full 25 mm field-of-view, CoolLED pE300-White MB 
illumination connected via a 3 mm liquid light guide (LLG), and a Nikon Qi2 
camera with 1x F-mount adapter. The filters used were LED-DAPI-A-2360A 
Semrock Filter Cube (Ex: 380-405 nm, Em: 413-480 nm), GFP-4050B Semrock 
Filter Cube (Ex: 444-488 nm, Em: 498-553 nm), mCherry-C Semrock Filter Cube 
(Ex: 520-585 nm, Em: 600-680 nm). Images for fluorescence quantification of the 
entire chip were captured using a (MRH00041) CFI Plan Fluor 4X, N.A. 0.13, W.D. 
17.1 mm objective, with an exposure time of 20 ms for GFP, 100 ms for DAPI and 
100 ms for mCherry. For high magnification pictures a (MRD31905) CFI Plan 
Apochromat DM Lambda 100X Oil N.A. 1.45, W.D. 0.13 mm and a (MRD30405) 
CFI Plan Apochromat DM Lambda 40X, N.A. 0.95, W.D. 0.21 mm objectives were 
used. NIS-Elements software was used for coordination of the multipoint imaging. 
Pictures were taken for every chip once a day for 12 days. The days selected for 
statistical analysis were the ones of maximum fluorescence signal for each 
treatment. 

Image Analysis 
The fluorescence intensity of each treatment was quantified using ImageJ 1.52n 
(Schindelin et al. 2012). Background was subtracted using the ImageJ rolling ball 
algorithm (Kneen & Annegarn 1996) using 7 pixels as radius of rolling ball for 4x 
objective images. The rolling ball radius was chosen based on the size of the largest 
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fluorescent object, which was the diameter of a PDMS channel in the images at the 
obtained resolution. After the subtraction, the total intensity was quantified inside 
each maze using the ROI manager tool.  

The fluorescence spatial variation inside the mazes was quantified by measuring the 
fluorescence of the dead ends of the second portion of the F5 maze. The second 
portion was selected to minimize the edge effect produced in the first fractal due to 
its direct contact with the pillar system. The measurement was done in the 7 internal 
replicates of each maze type and in one chip per treatment. 

Estimation of accessibility within mazes 
The mean fluorescence of each dead-end path was compared to its accessibility 
defined as one minus the time required for a particle diffusion model to reach 50% 
of the asymptotic final concentration. The time was normalized so that 1 is the time 
required for the last dead end of the F5 maze to reach 50% of the final concentration, 
giving this point the accessibility 0 and the maze entrance accessibility 1. The 
diffusion was simulated using COMSOL Multiphysics® (Multiphysics & 
Multiphysics 2020). 

Statistical Analysis 
The experiment had a full-factorial design with fractal order (F0, F1, F3, F5) and 
competition (presence or absence of the other organism) as factors. Each device 
contained 7 copies of each type of maze, and four devices were used combinedly 
for each of the following inoculation conditions: 4 with bacteria (bacteria in absence 
of competitor), 4 with fungi (fungi in absence of competitor), and 4 with bacteria 
and fungi (presence of competitor). Multilevel model fitting correcting for random 
effects was used to test the influence of every variable. Random effects were 
attributed to each device as physical replicate of the experiment, to take into 
consideration the variation that existed between devices. For bacterial and fungal 
biomass, maze type and competition were considered as fixed factors. For substrate 
consumption, maze type and organism (Fungi, Bacteria, Fungi + Bacteria) were the 
fixed factors. For in-depth statistical analysis, the data from the day with maximum 
fluorescence was chosen for each maze type. The significance threshold used for all 
statistical tests was p < 0.05. When significant differences were found in the 
ANOVA, interactions were analyzed separately using the Dunn’s method for 
multiple comparison of means (Dunn 1961). Pairwise comparisons were done with 
t-tests with p values adjusted using Holm corrections (Holm 1979). All statistical 
analysis was performed using R (Team 2019). 

Results and discussion 
The Fractal chip contained four different types of mazes. The mazes had different 
degrees of space filling fractal orders (Figure 1), namely, fractal order 0 (full 
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connectivity, F0), fractal order 1 (F1), fractal order 3 (F3), and fractal order 5 (F5). 
The bacterial (Pseudomonas putida) and the fungal (Coprinopsis cinerea) strains 
were inoculated together or separately inside the microfluidic devices and their 
biomass was measured as GFP and d-Tomato fluorescent signal, respectively. Also, 
the substrate degradation under the different treatments was followed using the 
fluorogenic substrate L-Alanine 7-amido-4-methylcoumarin trifluoroacetate salt. 
The experimented lasted 12 days in total, during which bacteria and fungi colonized 
all the mazes inside the microfluidic devices under all the studied conditions.  
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Bacteria without competitor 
During the experiment, all mazes were colonized by bacteria, however both the 
amount and timing of maximum bacterial growth differed significantly between 
maze fractal order and competition conditions (Figure 2, Supplementary videos 1-
4). Even though we hypothesized that higher order mazes would result in lower 
bacterial biomass due to the large number of turns bacteria need to do (Arellano 
et.al. under review), bacteria in fact colonized and reproduced more in higher order 
mazes (F3 and F5 being higher than F0 and F1) (Figure 2). Substrate degradation 
followed the same principal pattern, meaning that it was higher in F3 and F5 
compared to the simpler mazes F0 and F1.  

To explore this further, we analyzed the spatial distribution of bacterial biomass 
within individual mazes at the day of maximum biomass. We used a diffusion model 
as a proxy for defining accessibility for randomly moving particles coming from the 
direction of the entry area. The level of accessibility of any region within the mazes 
was defined as one minus the time (normalized from 1 to 0 as the maximum in the 
F5 maze) needed for that region to reach half the final concentration of molecules. 
Thus, accessibility went from 0, given to the last region of the maze to reach half 
the final concentration of molecules, to 1, which was given to the first regions in the 
fractal that reached the desired concentration. In other words, an accessibility value 
of 1 would correspond to the most accessible regions, and 0 to the least accessible 
ones. Comparing the bacterial biomass with the accessibility within mazes revealed 
that in simple mazes (F0, F1) bacterial biomass was homogeneously distributed 
inside the maze. In complex mazes (F3, F5), on the other hand, bacterial cell density 
decreased towards the less accessible regions.  

The reduced biomass in deeper regions of the mazes might be caused by the high 
number of 90˚ turns that bacteria need to make. Even though bacterial biomass in 
the deeper regions of these fractals stayed at similar or even lower levels than in the 
simple mazes (F0 and F1), the overall bacterial biomass was still higher in the 
complex mazes, F3 and F5, than in the simple ones, F0 and F1, due to the high 
bacterial biomass in the most accessible dead ends of F3 and F5.   

Accumulation of bacteria in confined spaces has been shown before (Park et al. 
2003; Hou et al. 2011), and could possibly be attributed to the tendency of bacteria 
to maximize their contact area with the surface (Mitik-Dineva et al. 2008; 
Hochbaum & Aizenberg 2010), although this seems to be species dependent (Chung 
et al. 2007). Dead end structures create a gradient of chemoattractant molecules both 
since cell mobility is reduced and since signal diffusion is only possible within the 
open space, attracting more bacteria. This has been observed to occur inside 
microfluidic devices (Long et al. 2017), and is likely present in the soil pore space 
and other microhabitats such as tumors or the appendix in the human microbiome. 
The bacterial biomass accumulation in mazes with more dead ends may be caused 
by quorum sensing where bacteria alter their gene regulation as response to cell 
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density, making them regulate their run and tumble frequency to follow a particular 
chemical cue coming from higher cell densities (Miller & Bassler 2001). When 
bacteria sense such a specific chemical cue or attractant, they regulate the duration 
(Baker et al. 2006) as well as the angle of their tumble (Saragosti et al. 2011) which 
directs their movement towards the chemical cue. In our case, the initial cue could 
be the nutrient gradient that attracts bacteria into the mazes. Nonetheless, the lower 
bacterial concentration in the less accessible dead ends of the mazes F3 and F5 
suggests that the tortuosity and length of the path towards the dead end influences 
the number of bacteria that access it.  

The fluorogenic substrate used in our study did not serve for measuring fungal 
enzymatic activity but only bacterial enzymatic activity, which enabled us to 
selectively know the effect of structures and interaction with fungi on bacterial 
enzymatic activity. Substrate consumption followed a similar trend as bacterial 
biomass in the different fractal order mazes. It was highest in the most complex 
maze (F5) and it decreased as maze fractal order decreased. High fractal order mazes 
(F3 and F5) reached the maximum substrate consumption on day 5 after inoculation 
which was later than the biomass peaked, while lower fractal order mazes (F0 and 
F1) reached their maximum values on day 1. Spatial analysis within the mazes 
showed that substrate consumption increased as accessibility decreased (Figure 3). 
However, in F5, substrate consumption increased only until a certain point, after 
which it decreased, in a similar pattern as for bacterial biomass. This pattern 
indicates an optimum accessibility point where substrate consumption is at its 
maximum, after which conditions seem to be suboptimal for enzymatic degradation, 
becoming thus proportional to the lowering of bacterial biomass in deeper regions. 
The increasing effect of higher fractal order on substrate degradation is stronger than 
on bacterial biomass, the ratio of AMC to GFP fluorescence being 1.36, 1.62, 2.59 
and 3.56 for F0, F1, F3 and F5, respectively. These differences suggest that bacteria 
are becoming more efficient at degrading the substrate when the habitat is more 
complex. Such behavior can be the product of accumulation of enzymes in the 
confined spaces, and an emerging biofilm formation. It has been shown that 
Pseudomonas putida can form biofilms (Arevalo-Ferro et al. 2005) and that its 
properties can differ to a high degree from the properties of individual bacteria 
(Flemming et al. 2016). For instance, the capability of increased communal 
degradation of antibiotics (Park 2003) and contaminants (Breugelmans et al. 2008) 
is an emergent property of bacterial biofilms that is not present in single individuals 
of the same strain. In soils, the degradation of organic matter that requires the initial 
investment of enzymes, can be enhanced through bacterial biofilms, since the 
extracellular enzymes produced are functional for many hours and can become a 
common good for the bacterial population. It has been hypothesized that for this 
collective enzyme production to be efficient in soils, a certain enzyme to cell number 
ratio must be reached (Kaiser et al. 2015). Since confined spaces seem to favor 
biofilm-type metabolisms (Chu et al. 2018), it is possible that the confinement of 
the mazes in our design favors a biofilm formation that enhances and optimizes 
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enzyme production or metabolic exchange (Pande et al. 2016). Another reason for 
such increase in enzymatic activity might be the coexistence of bacteria with 
different metabolic strategies in complex environments. The heterogeneity of the 
landscape might allow different types of strategies to be adopted, such as fast, non-
enzymatic degradation and slow, enzymatic degradation, which leads to an 
increased enzymatic production (Keymer et al. 2006). 

Fungi without competitor 
The overall effect of the maze structure on fungal growth was similar in presence or 
absence of bacteria: Fungal growth was strongly reduced as the fractal order of the 
mazes increased. Differences between mazes were stronger when fungi grew alone 
than when bacteria were present.  

The day of maximum fungal growth occurred at different times among the maze 
types: At day 5 for F0 and F1, and at day 7 for F3 and F5. In the two simplest fractals 
(F0 and F1) fungal biomass distribution was unaffected by decreasing spatial 
accessibility inside the mazes (Figure 3). For the two complex and less connected 
mazes (F3 and F5), however, the fungal biomass decreased as accessibility 
decreased, with the strongest measured effect in the most complex maze type F5. 
The high magnification videos (Supplementary Videos 5-8) show the impact that 
structures had on fungi: The most connected maze (F0) allows fungi to forage and 
explore the spaces rather undisturbed via branching and anastomosis, and easily 
grow in a straight fashion without disrupted growth. In contrast, increasing 
structural complexity (F1, F3 and F5) impedes this advancement by forcing fungi 
to turn in order to advance through the maze, and the frequently occurring dead ends 
trap the lead hyphae, limiting the possible alternative paths for exploring the totality 
of the maze.  

Supplementary videos 5 and 6 show how fungi branch in every turn of F0 and F1, 
optimizing the space they occupy. In contrast, in the complex mazes F3 and F5 
(supplementary videos 7 and 8), only few possible passages allow access to the 
interior of the fractal (Figure 4). The efficient space exploration of the randomly 
branching hyphae is disturbed since the paths leading to access to the deeper parts 
of the maze are more limited. It has previously been shown that a colliding angle of 
90° stops the hyphal growth or induces a branching event in Neuraspora crassa  
(Asenova et al. 2016), several basidiomycetes (Aleklett et al. 2021) and in 
Coprinopsis cinerea (Arellano-Caicedo et.al. submitted), and also in the present 
experiment, hyphal collision with the maze walls produces branching events 
(Supplementary Video 5-8). While such branching represents an increase in the 
exploratory ability of hyphae in F0 and F1, in the complex, less connected, mazes 
(F3 and F5), those branches often get trapped in dead ends reducing the advantage 
of branching in exploration under low spatial connectivity. This confirms the 
importance of pore connectivity for fungal colonization, which has earlier been 
pointed out based on modelled data (Kravchenko et al. 2011).  
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Despite the ability of fungi to keep an overall directionality (Asenova et al. 2016) 
and increase their rate of branching under confinement (Hanson et al. 2006), our 
results show that, due to the many turns and branching events needed (Figure 4, 
Supplementary video 5-8), the overall fungal colonization of the highest order 
mazes is lowered. Such patterns of colonization, being dependent on branching, 
anastomosis and apical growth rates, are very likely to differ between different 
fungal species, which differ in these parameters (Aleklett et al. 2021; Asenova et al. 
2016).  
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Bacterial-fungal interactions 
When the bacteria grew together with the fungal competitor Coprinopsis cinerea, 
the peak of maximum bacterial biomass occurred at generally later but differing 
time points for each maze (Figure 2). While in the simple mazes, F0 and F1, 
bacterial growth peaked at day 6, in the complex ones, F3 and F5, it peaked already 
at day 1 and 2, respectively. F0 reached a higher maximal bacterial growth than the 
rest of the mazes (significant for F0 over F3, p<0.001). The spatial analysis of 
bacterial biomass distribution within the mazes in presence of the fungal competitor 
indicates that in the simplest maze (F0) the pattern of bacterial biomass was similar 
to the one in absence of competitor, namely, bacterial growth decreased in lower 
accessibility regions. In the rest of the maze types, however, bacterial biomass 
increased in lower accessibility regions, opposite to the distributions of bacteria 
growing alone (Figure 3). Initial dead ends, occupied by bacteria when those are 
growing alone, became in this case occupied by fungal hyphae that displaced 
bacterial accumulation (Figure 6). Thus, bacteria were forced to grow in the regions 
of the maze where fungi have difficulties to grow, namely the regions of lower 
accessibility, following a pattern of spatial niche partitioning. As mentioned before, 
spatial analysis of F5 shows that the increase in bacterial biomass in low 
accessibility regions occurs only until a certain accessibility level. After this critical 
point bacterial biomass starts decreasing, putatively due to the difficulty to access 
the deepest regions of the maze. High magnification images (Figure 6) show that 
the presence of bacteria and fungi in dead ends is mutually exclusive, meaning that 
bacteria accumulate when fungi are not present and vice versa. Hyphae have a strong 
protruding force that can penetrate strong structures and tissues (Lew 2011; Tayagui 
et al. 2017), which allows them to penetrate and easily disrupt the bacterial 
accumulations. The dead ends where bacteria could accumulate easily were the ones 
that were not accessible to fungi (Figure 3 and 5). 

The data for bacterial biomass in presence and absence of fungi suggests that 
quorum sensing might determine the bacterial distribution in heterogeneous habitats 
when growing alone, but the presence of fungal hyphae can alter this spatio-
temporal distribution by occupying the spaces where bacteria can grow. Thus it 
seems like fungi might constitute not only networks (Banitz et al. 2011), bridges 
(Furuno et al. 2010; Mafla Endara et al. under rev), highways (Kohlmeier et al. 
2005), or food sources (Ballhausen et al. 2015) for bacteria, but also crucial 
modifiers of the microhabitat that bacteria inhabit. Since the antibiotics produced 
by Coprinopsis cinerea have been shown to affect gram positive bacteria 
exclusively (Essig et al. 2014), the effects of the fungi on the biomass patterns of 
the gram negative Pseudomonas putida are rather likely to be due to habitat 
modification by fungal hyphae and the nutrient competition between bacteria and 
fungi.  
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Figure 4. Time-lapses of fungal hyphae of Coprinopsis cinerea expressing d-tomato constitutively growing in the 
studied mazes. The images along the x axis have a time step of 30 minutes. The scale bars are 100 µm). The full 
time-lapses can be seen in Supplementary video 5 – 8. 

The effect of maze structures on fungal biomass when growing together with the 
bacteria followed the same trend as when fungi grew alone, though overall fungal 
biomass was 88 % reduced. Fungal biomass decreased as complexity of the mazes 
increased, which can be seen especially when comparing the simplest maze (F0) 
with the most complex one (F5). Fungal biomass fluorescence reached its maximum 
on day 4 in the simplest mazes (F0 and F1), whereas on day 6 in F3 and F5; one day 
earlier compared to growth without competitor. Spatial analysis of the fungal 
biomass distribution within the mazes indicates a similar pattern as in absence of 
bacteria. Fungal biomass was homogeneously distributed for F0 and F1, whereas it 
decreases in F3 and F5 as accessibility decreases. These results suggest that, 
regardless of that bacteria grow faster than fungi and can thus colonize a habitat 
faster (Varma et al. 2008), we find no indications of a spatial priority effect in the 
spatial habitat as the fungus grows in similar patterns in the presence or absence of 
bacteria, confirmed by the high magnification time-lapse images on hyphal 
exploration patterns. There is apparently a competitive replacement in the higher 
accessible niches where fungi take over, while bacteria are displaced to the more 
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hidden spaces where they can grow undisturbed. Hence, the only impact that 
bacterial competitors seem to have on the hyphal exploration of the mazes is the 
magnitude and the speed at which it happens, which could be attributed to the 
decrease in nutrients along the channels due to bacterial growth.  

The pattern of substrate consumption did not change when both organisms grew 
together in comparison to when bacteria was cultivated alone; however, less 
bacterial biomass developed, leading to an increased ratio of substrate degradation 
per bacterial biomass. Substrate consumption patterns showed a larger temporal 
variation across the maze types, as in the low order mazes it peaked later (day 3) 
than when bacteria grew alone (day 1), while it peaked earlier in high order mazes 
reached (day 3 and 2 for F3 and F5 respectively (Figure 2). Spatial analysis within 
mazes revealed a similar pattern of substrate consumption as when bacteria were 
cultivated without competitor, where substrate consumption increased with 
decreasing accessibility. The patterns of substrate consumption within the mazes in 
F5 reflected the pattern of the corresponding bacterial biomass distribution (Figure 
3).  

It is important to note that habitat complexity did reduce fungal growth, which 
means that fungal substrate consumption is likely reduced as well. This should, 
however, be tested in future experimentation for confirmation. For this purpose, a 
substrate that can only be targeted by fungi should be used, e.g. a substrate that 
demands enzymes produced by fungi only. This could show the effect of structure 
on the fate of nutrients acquired by fungi, leading to the idea that nutrient fate 
depends on where it is located in the soil matrix and what type of organism that can 
access it, spatially and metabolically.  Our study points out the importance of 
studying multiple actors in an ecosystem simultaneously because feedback 
mechanisms may change or even reverse patterns, such as when the fungal growth 
changes the physical characteristics of the mazes, which also should be prioritized 
in future studies.  
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Figure 5. Time-lapses of the bacterial strain Pseudomonas putida expressing GFP constitutively growing in the 
studied mazes. The scale bars are 100 µm. The full time-lapses can be seen in Supplementary videos 1-4. 

Earlier experiments in elongated channel-shaped pore spaces in microfluidic 
devices showed that also bacterial biomass and substrate degradation decreased with 
increasing spatial complexity. In that case, complexity was defined by the deviation 
from straight passage in increasingly sharper angles (Arellano et al. 202Xa under 
review). In contrast, the present study considers spatial complexity as an increase in 
fractal order of a maze like pore space, which is correlated to the connectivity of the 
space within it(decreasing with increasing fractal order), and to the length of 
individual channels and the number of dead ends (increasing with increasing fractal 
order). The angled channels require an increased amount of energy to move through 
increasingly sharper turns, as they require more turns for bacteria to find their way 
and, on the other hand, lead to increased branching for fungi. However, the angled 
channels likely do not differentially affect the level of interactions between 
individuals in a high degree, but the mazes with decreasing connectivity and 
increasing number of dead ends do, which could explain the different outcome of 
this study compared to Arellano et al. 202Xa. This isolating effect is even enhanced 
under fungal presence when hyphae take up and clog parts of the maze and, by this, 
decrease connectivity, where we in parallel see an increased substrate degradation 
efficiency.  

These findings suggest confined microhabitats, like soil aggregates or gut 
microenvironments, increase enzymatic degradation efficiency of microbial 
communities that inhabit them. Other functions that might be affected by 
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confinement, such as resistance to disturbances, still need to be explored in future 
experiments. It is important to consider that microbes themselves also influence the 
spatial characteristics of microhabitats by occupying initially free spaces thus 
influencing long-term nutrient cycling by depositing new necromass at certain 
spatial locations. However, many more factors like air phases, differential chemical 
conditions and more complex biotic interactions will also influence these processes, 
and more research is needed to elucidate this. 

 

Figure 6. Example of mazes colonized by the fungal strain Coprinopsis cinerea (red) and the bacterial strain 
Pseudomonas putida (green), 24 hours after inoculation (a). Dead-ends being colonized alternatively by fungi or 
bacteria (b). Dead ends colonized mainly by bacteria (c). Dead-ends colonized mainly by fungi (d). The scale bar in 
a.is 500 µm, and in b. c. and d. is 250 µm.  
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Conclusion 
Our initial hypothesis was that an increase in habitat physical complexity would 
lead to a reduction in bacterial and fungal biomass, along with a reduction in 
bacterial enzymatic activity, in line with what has earlier been seen in turning 
channels (Arellano et. Al. 202xa, submitted). However, our results showed that 
bacteria were positively affected by structures, increasing their biomass and their 
enzymatic activity as habitat complexity increased – at least until a certain level of 
spatial complexity. Fungi, on the other hand, followed the hypothesis and grew less 
as habitat complexity increased. Even though our study omits major parameters of 
natural microenvironments, such as gas-liquid interphases, pH and nutrient 
gradients, and a significantly higher diversity of microorganisms, we found a clear 
tendency of how the spatial complexity influences bacterial and fungal growth. 
Knowing the spatial distribution of the different microbial communities helps us 
better understand their ecological role in natural environments, from soil, to gut, 
sediments, and biofilms. The way microbes behave in nature depends strongly on 
the physical and chemical environment that surrounds them, but it can be 
methodologically challenging to study every aspect of their environment in 
isolation. Using microfluidic devices where we can control various physical 
parameters can teach us the way microbial communities grow, adapt, and interact in 
environments previously difficult to mimic. 
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Supplementary material 
Supplementary Table 1.  Output of the multi-level model fitting for the variable mean fluorescence intensity of 
bacterial biomass measured via their GFP fluorescence, with device as random effect and fractal order and 
competition as fixed factors. Each step performs an ANOVA and compares the model with the previous model. 

 
 Model df AIC BIC Log Lik Test L. Ratio p-value 

Baseline 1 3 2483.075 2493.310 -1238.537    
Fractal 2 6 2459.390 2479.860 -1223.695 1 vs 2 29.68515 <.0001 

+ Organism 3 7 2431.675 2455.557 -1208.838 2 vs 3 29.71454 <.0001 

+ Fractal*Organism 4 10 2423.213 2457.330 -1201.607 3 vs 4 14.46195 0.0023 
 

Supplementary Table 2. Contrasts of the multi-level model with the variable mean bacterial biomass meassured with 
GFP fluorescence, with device as random effect and fractal orderd and organism as fixed factors. 

 Value Std.Error DF t-value p-value 

(Intercept) 329.0508 10.70607 210 30.734984 0.0000 

F1 - F0 18.9404 13.93379 210 1.359311 0.1755 

F4 - F0 61.5117 13.93379 210 4.414569 0.0000 

F5 - F0 60.5800 13.93379 210 4.347707 0.0000 

FB - B -125.0832 15.14067 6 -8.261404 0.0002 

F1 – F0: FB – B -41.5140 19.70536 210 -2.106738 0.0363 

F4 – F0: FB – B -73.4469 19.70536 210 -3.727257 0.0002 

F5 -F0: FB - B -27.5075 19.70536 210 -1.395939 0.1642 
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Supplementary Table 3.  Output of the comparisson of means bacterial biomass fluorescence values between 
groups using tukey method for comparing a family of 8 estimates. 

contrast estimate SE df t.ratio p.value 

F0 B – F1 B -18.940 13.9 210 -1.359 0.8744 

F0 B – F4 B -61.512 13.9 210 -4.415 0.0004 

F0 B – F5 B -60.580 13.9 210 -4.348 0.0006 

F0 B – F0 FB 125.083 15.1 6 8.261 0.0020 

F0 B – F1 FB 147.657 15.1 6 9.752 0.0008 

F0 B – F4 FB 137.018 15.1 6 9.050 0.0012 

F0 B – F5FB 92.011 15.1 6 6.077 0.0101 

F1 B – F4 B -42.571 13.9 210 -3.055 0.0509 

F1 B – F5 B -41.640 13.9 210 -2.988 0.0613 

F1 B – F0 FB 144.024 15.1 6 9.512 0.0009 

F1 B – F1 FB 166.597 15.1 6 11.003 0.0004 

F1 B – F4 FB 155.959 15.1 6 10.301 0.0006 

F1 B – F5 FB 110.951 15.1 6 7.328 0.0038 

F4 B – F5 B 0.932 13.9 210 0.067 1.0000 

F4 B – F0 FB 186.595 15.1 6 12.324 0.0002 

F4 B – F1 FB 209.169 15.1 6 13.815 0.0001 

F4 B – F4 FB 198.530 15.1 6 13.112 0.0002 

F4 B – F5 FB 153.522 15.1 6 10.140 0.0006 

F5 B – F0 FB 185.663 15.1 6 12.263 0.0002 

F5 B – F1 FB 208.237 15.1 6 13.753 0.0001 

F5 B – F4 FB 197.598 15.1 6 13.051 0.0002 

F5 B – F5 FB 152.591 15.1 6 10.078 0.0007 

F0 FB – F1 FB 22.574 13.9 210 1.620 0.7377 

F0 FB – F4 FB 11.935 13.9 210 0.857 0.9894 

F0 FB – F5 FB -33.073 13.9 210 -2.374 0.2599 

F1 FB – F4 FB -10.638 13.9 210 -0.763 0.9947 

F1 FB – F5 FB -55.646 13.9 210 -3.994 0.0023 

F4 FB – F5 FB -45.008 13.9 210 -3.230 0.0306 
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Supplementary Table 4.  Output of the multi-level model fitting for the variable mean fluorescence intensity of fungal 
biomass measured via their d-tomato fluorescence, with device as random effect and fractal order and competition as 
fixed factors. Each step performs an ANOVA and compares the model with the previous model. 

 Model df AIC BIC logLik Test L.Ratio p-value 

Baseline 1 3 3026.371 3036.606 -1510.185    
Fractal 2 6 2928.914 2949.383 -1458.457 1vs2 103.4572 <.0001 

+ Organism 3 7 2925.083 2948.965 -1455.542 2vs3 5.8304 0.0158 

+ Fractal*Organism 4 10 2885.519 2919.635 -1432.759 3vs4 45.5641 <.0001 
 

Supplementary Table 5. Contrasts of the multi-level model with the variable mean fungal biomass meassured with d-
tomato fluorescence, with device as random effect and fractal orderd and organism as fixed factors. 

 Value Std.Error DF t-value p-value 

(Intercept) 870.4249 83.04410 210 10.481478 0.0000 

F1-F0 -153.6034 37.01624 210 -4.149622 0.0000 

F4-F0 -387.3626 37.01624 210 -10.464666 0.0000 

F5-F0 -449.9701 37.01624 210 -12.156019 0.0000 

FB-B -494.2171 117.44209 6 -4.208177 0.0056 

F1-F0: FB-B 87.7975 52.34886 210 1.677162 0.0950 

F4-F0: FB-B 281.4306 52.34886 210 5.376060 0.0000 

F5-F0: FB-B 307.6641 52.34886 210 5.877188 0.0000 
 

Supplementary Table 6.  Output of the multi-level model fitting for the variable mean fluorescence intensity of substrate 
degradation measured methyl coumarin fluorescence, with device as random effect and fractal order and competition 
as fixed factors. Each step performs an ANOVA and compares the model with the previous model. 

 Model df AIC BIC logLik Test L.Ratio pvalue 

Baseline 1 3 4965.749 4977.201 -2479.875    
Fractal 2 6 4760.940 4783.843 -2374.470 1vs2 210.80929 <.0001 

+ Organism 3 8 4734.558 4765.095 -2359.279 2vs3 30.38171 <.0001 

+ Fractal*Org 4 14 4541.202 4594.642 - 2256.601 3vs4 205.35613 <.0001 
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Supplementary Table 7. Contrasts of the multi-level model with the variable mean substrate degradation meassured 
with methyl coumarin fluorescence intensity, with device as random effect and fractal orderd and organism as fixed 
factors. 

 Value Std.Error DF t-value p-value 

(Intercept) 447.5790 58.55928 315 7.643178 0.0000 

F1 – F0 127.8715 52.51934 315 2.434751 0.0155 

F4 – F0 576.4132 52.51934 315 10.975255 0.0000 

F5 – F0 939.6686 52.51934 315 17.891859 0.0000 

F – B -311.1678 82.81533 9 -3.757369 0.0045 

FB – B -102.2334 82.81533 9 -1.234474 0.2483 

F1 – F0: F – B -138.0124 74.27356 315 -1.858163 0.0641 

F4 – F0: F – B -590.6654 74.27356 315 -7.952565 0.0000 

F5 – F0: F – B -947.1576 74.27356 315 -12.752284 0.0000 

F1 – F0: FB – B 60.0165 74.27356 315 0.808046 0.4197 

F4 – F0: FB – B -16.8869 74.27356 315 -0.227360 0.8203 

F5 – F0: FB – B  46.6460 74.27356 315 0.628029 0.5304 

 





Paper IV





1 

Microhabitat heterogeneity promotes 
substrate degradation by soil 
microbial community 

 

Authors: 

Carlos Arellano Caicedo1,* 

Pelle Ohlsson2 

Saleh Moradi1 

Edith C. Hammer1,4 

 

Afiliations: 
1. Department of Biology, Lund University, Lund, Sweden 
2. Department of Biomedical Engineering, Lund University, Sweden 
3. Division of Solid State Physics, Lund University, Sweden 
4. Centre for Environmental and Climate Science, CEC, Lund University, Sweden 

 

*Corresponding author. E-mail address: carlos.arellano@biol.lu.se 

 
Key words: 

microhabitat, soil bacteria, organic matter stabilization, soil pore space, physical 
carbon stabilization, organic matter occlusion, microfluidics, micromodel.   

  



2 

Abstract 
Soil pore space, considered the most complex biomaterial that exists, generates such 
a heterogeneous environment, that gives rise to a wide variety of properties, such as 
microbial diversity and carbon storage. Soils contain, at the same time, the largest 
carbon reservoir on earth, and an immense amount of nutrient limited microbial 
biomass. The reason why this carbon is not consumed by soil microbes is attributed 
to the heterogeneous nature of soil, which forms a labyrinth were carbon and 
microbes cannot be in direct contact. In the present study, by using microfluidics, 
we tested the effect of labyrinth-like structures of increasing complexity on the 
decomposing activity of soil microbial communities from a soil inoculum. The two 
parameters used to study the effect of microhabitat complexity were either the 
turning angle in an array of channel-like pore structures, or the fractal order in an 
array of maze-like pore structures. We found that in both cases, channels and mazes, 
an increased complexity produced a higher substrate degradation. When we 
analysed the degradation within the structures, we found that the majority of the 
activity is concentrated in the middle region of the structures. We think that the 
increased in degradation activity in complex mazes might be due to the reduced 
interactions within the microbial communities which leads to a reduction in 
competition. Lowered competition allows different communities with a wide range 
of metabolic strategies to co-habit in the structures, which resulted in a bulk increase 
of the substrate degradation.  
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Introduction 
Heterogeneous habitats are responsible of the wide diversity of microbes in 
ecosystems (Whitman et al. 1998), ranging from marine ecosystems (Armeli 
Minicante et al. 2019), sea floors (Zeppilli et al. 2016), and gut microbiota (Lu et al. 
2014) to the big array of microhabitats that are formed within soils (Crawford et al. 
2005). In soils, a spatiotemporal fluctuating habitat gives rise to a patchy nutrient 
distribution, a fragmented aqueous interface, and a barrier to cells and molecules 
dispersion, which affect the distribution, functions, and diversity of microorganisms 
(Raynaud & Nunan 2014). This gives the soil emergent properties (Baveye et al. 
2018), such as hosting a wide diversity of microorganisms  in the bulk soil (Bach et 
al. 2018) cohabiting aggregates that may act as independent evolutionary incubators 
(Rillig et al. 2017). One of the most relevant emergent characteristics that arise from 
the unique nature of the soil pore space is its capacity to retain large amounts of 
carbon buried within its structure (IPCC 2007). The preservation of this carbon 
underground can last from minutes to decades, and it occurs even though soil 
microbial biomass is found in a constant state of starvation (Hobbie & Hobbie 
2013). A tentative explanation to this paradox is that due to the physical complexity 
of the soil pore space, microbial decomposers, and their potential substrate, are not 
co-located in space and time and carbon consumption occurs only at short and 
specific times and locations (Kuzyakov & Blagodatskaya 2015).  

To explore the way microhabitat characteristics, affect soil microorganisms, several 
approaches have been adopted, which range from studying intact soil aggregates to 
a simulation of the pore space in artificial microsystems. The study of intact soil 
structure is mainly conducted with help of microcomputed X-ray tomography, 
which registers the inner spatial properties of aggregates, revealing a maze-like 
matrix where microbial processes take place (Voltolini et al. 2017). From the images 
obtained, information such as distribution of air pockets, water interface, and 
particulate organic matter, can be derived. It have been detected that organic matter 
turn-over was linked to the connectivity and accessibility of the pores to the external 
part of the aggregate (Kravchenko et al. 2015), that there are correlations between 
pore size distribution and organic matter loss  (Ananyeva et al. 2013; Toosi et al. 
2017), and a link between the pore characteristics and the phylogenetic composition 
of microbial communities that they contain (Negassa et al. 2015). Limitations of this 
technique, nonetheless, arise when trying to have a controllable micro-
environmental conditions, real time measurements of microbial communities, 
undisturbed sampling, and micrometre scale resolution (Rabot et al. 2018), which 
constrains the testable hypotheses. 

The intrinsic characteristics of soil that limit an in-depth study of its nature can, 
however, be simulated using artificial models that mimic the inner pore space in a 
controlled way. An important approach is the use of microfluidics, which is defined 
as the manipulation of structures and fluids at the micro and nano scale (Beebe et 
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al. 2002), to test ecological questions. The use of microfluidics for microbial 
ecology has revealed mechanisms of chemotaxis (Mao et al. 2003; Ahmed & 
Stocker 2008; Ahmed et al. 2010; Saragosti et al. 2011), bacterial motility (Ahmed 
& Stocker 2008), effects of EPS in the resistance of pore spaces to drought (Deng 
et al. 2015), and the way fungi and bacteria interact at the cellular level (Stanley et 
al. 2014).  

Previous microfluidic studies, focused on the influence of pore space physical 
parameters on microbial growth and their nutrient degradation, showed that fungi 
and bacteria are affected in different ways by turning angles in microchannels 
(Arellano-Caicedo et al. 202Xa, under review), and by the connectivity and fractal 
order of a pore space maze (Arellano-Caicedo et al._ 202Xb, submitted). The 
turning angle characteristics in long, non-connected microchannels increasingly 
deviating from straight passage reduced bacterial and fungal growth, as well as 
substrate degradation inside the channels. In contrast, when testing microhabitats of 
different fractal order in space-filling fractal mazes, fungal biomass was reduced, 
while bacterial biomass and substrate degradation increased as fractal order 
increased. The spatial patterns of substrate degradation inside the highest-order 
fractals indicated that the highest enzymatic activity occurred in regions of 
intermediate depth into the mazes, while in the deepest regions (i.e. the least 
connected, longest paths into the maze) enzymatic activity decreased again. This 
indicated that the different parameters defining spatial complexity, in the case of 
these two studies: channel turning angle, and maze fractal order, dissimilarly affect 
the microbial growth and substrate degradation.  

These previous experiments (Arellano-Caicedo et. al 202Xa; b) were performed 
with the laboratory bacterial strain Pseudomonas putida and the fungal strain 
Coprinopsis cinerea under sterile laboratory conditions. It remained open whether 
these patterns would be generally true and thus similar in other microbial strains, or 
in a whole microbial community as from a natural inoculum. For this purpose, we 
aimed at testing the effect of these pore space physical parameters (turning angle 
and turning order in microchannels, and fractal order of a maze) on the microbial 
substrate degradation of a microbial inoculum extracted from a soil sample. With 
this approach we wanted to evaluate if (1) channel complexity would reduce 
substrate degradation as shown in Arellano-Caicedo et. al 202Xa, while (2) maze 
complexity would increase it (Arellano-Caicedo et al 202Xb). We also wanted to 
test (3) if the spatial pattern of nutrient degradation occurs in a way that it is higher 
at intermediate confined regions of the channels and mazes, while it is lower at their 
entrances, which was found in both studies. 
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Materials and Methods 

Device design 
The design of the microfluidic devices that we have named Channel device and 
Fractal device were made in AutoCad 2019 (Autodesk) and they consist of an 
experimental area with six and four treatments respectively, and a pillar system that 
served as entrance. The pillar system is formed by pillars of 100 micrometres in 
diameter, separated by 100 micrometres, which soil microbes to penetrate the full 
width of the device before entering the treatment areas.  

 

Figure 1 The two microfluidic devices used in the experiment containing different channels (a-d) and mazes (e-h) 
(Arellano-Caicedo 202X a; b). The channel device consists of channels with 6 different conditions: 3 angles (45°, 90°, 
and 109°) with two turning orders (alternated, repeated), which resulted in channels with different tortuosities (ratio 
between arc-chord ratio and the distance between the two ends of the channels). A pillar system connecting to the 
channels serves as inoculum area (a). The channel device contained 10 internal replicates of each treatment, with a 
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normalized volume, which were distributed randomly along the pillar system (b). The channel device was sterilized 
and bonded to a glass bottom Petri dish that contained a sterile wet tissue to prevent humidity losses during the 
experiment. A hole cut into the pillar system area served to enter the inoculum. (c). Detailed view of the entries with 
funnel-shaped connectors to different channels (d). The fractal device contained four different mazes of four fractal 
orders: 0, 1, 3, and 5, which were named respectively (F0, F1, F3, and F5). Five maze modules of each fractal order 
type of the size corresponding to the smallest entity of F5 (as shown in e red squares) are stacked to blocks that only 
internally connect to the pillar system. Seven replicate blocks of each maze type, with a normalized internal pore 
space volume, were randomly located along a pillar system (h). Once molded in PDMS and sterilized, the channel 
device was bonded to a glass bottom Petri dish that contained a sterile wet tissue to prevent humidity losses during 
the experiment, with an inoculation reservoir cut into the pillar system (f). Detailed view of the entries to the mazes 
with funnel-shaped connectors. Each maze block is accessible via three points from the pillar system, and internally 
connect to the following four maze modules, while a wall separates each block (g). 

The Channel device consists of dead-end channels of six different geometries 
(n=10) with the same internal volume. The channels were randomly distributed in 
parallel orientation along the device. The parameters assigned to the channels were 
“Angle” and “Turn order”. The angles used were 45˚, 90˚, and 109˚, measured as 
the deviation from a continued straight line and thus the turning angle an organism 
in this channel needs to perform (Figure 1). These angles were selected so that they 
could represent obtuse, right, and acute angles. Channels of each angle had two 
types of arrangements, one with an alternated turn order, and one with a repeated 
turn order. Channel types with alternated turn order followed a pattern of alternating 
right and left bends, while channels with repeated turn order followed a pattern of 
two right turns followed by two left turns. The channels dimensions were adjusted 
so that every type of channel would contain the same volume (2.42 nL) with a width 
of 10 µm and a height of 12 µm. Each channel segment was 50 µm long before the 
next turn. The tortuosity of the channels was is indicated in figure 1. 

The Fractal device consists of an array of dead-end mazes constructed based on the 
space filling Hilbert curve (Hilbert & Hilbert 1935). Four orders of the Hilbert curve 
were chosen for the experiments: zero, one, three and five (Fig 1), with a normalized 
internal volume. The width of the channels within the labyrinths was 10 µm, and 
the height 12 µm. The labyrinths were randomly distributed along the device (n=7). 

Device fabrication 
The fabrication of the microfluidic devices was done according to previously 
described workflows (Aleklett et al. 2018). The photomask was made of soda lime 
glass covered with a thin layer of chromium (Nanofilm, CA, USA). The designed 
patterns were printed with a dwl66+ mask writer (Heidelberg Instruments, 
Germany). A NdYag laser, 532 nm, was used to print the patterns on a photoresist, 
AZ1500. The patterns were subsequently developed in AZ 351B positive developer 
and the chromium etched in TechniEtchCr01 (Microchemicals GmbH, Ulm 
Germany). For the masters fabrication, SU-8 2015 (MicroChem, Newton, MA, 
USA) was poured onto a heat dried (90 degrees 30 minutes) 3-inch silicon wafer 
(Siegert Wafer, Aachen, Germany) and then spun at 4000 rpm to get a 12 µm thick 
layer, which determined the height of the device structures. The wafer containing 
the SU-8 was exposed to UV-light in a contact mask aligner (Karl Suss MJB4 soft 
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UV, Munich, Germany). After UV exposure, the non-crosslinked photoresist was 
developed (MrDev600) and rinsed with isopropanol. To prevent PDMS from 
sticking to the mold, during the microfluidic device fabrication, the wafer was 
activated in oxygen plasma for 60 seconds (ZEPTO, Diener Plasma-Surface 
Technology, Germany) and exposed overnight to a vapor of trichloro 
(1H,1H,2H,2H-perfluorooctyl) silane (PFOTS, Sigma Aldrich, Saint Louis, MO, 
USA) at 180 degrees to obtain a monolayer over the structures. SYLGARDTM 184 
PDMS (Dow Chemicals Company, Midland, Michigan) for the microfluidic device 
fabrication, was made by mixing the elastomer base with the curing agent in a 
proportion of 10:1 in mass, then poured on top of the master that contained the 
structures, degassed at -15 kPa for one hour and finally polymerized in an oven at 
60˚C for two hours.  

The PDMS labyrinths were cut out from the master and a rectangular portion of 2.5 
cm x 0.5 cm for the channel device, and 4 cm x 0.5 cm for the fractal device, was 
cut out in the middle of the pillar system, approximately 0.5 cm away from the 
entrance of every labyrinth. This cut was made to create the reservoir that served as 
entrance to the labyrinth (Figure 1). Using a plasma chamber, the PDMS labyrinths 
and a glass from a glass bottom petri dish were activated and bonded. This activation 
consisted in treating the surfaces with a Zepto Plasma System (Diener Plasma 
Surface Technology, Germany) with these conditions: polarity, negative; coating 
time, 1 min for cover slips and 10 seconds for PDMS labyrinths. Directly after 
activation, the surfaces were put together, forming a tight irreversible bonding 
(Mcdonald et al. 2000). Directly after bonding, 150 μl and 300 μl of the treatment 
medium were introduced through the reservoir of the Channel and the Fractal device 
respectively. 

Soil inoculum and growth conditions 
The soil used for the experiment was obtained from a grassland of pH 6.5 and a 
SOM content of 7.9% in weight, located outside the Ecology building of the Lund 
University, 55° 42′ 49.5′′ N, 13° 12′ 32.5′′ E. 1 gram of soil was mixed with 20 ml 
of distilled water and vortexed for 3 minutes at 3200 rpm (full speed). The mixture 
was allowed to sediment for 5 minutes to let sand and coarse silts collect at the 
bottom. 1.5 ml of the supernatant were collected and centrifuged for 10 minutes at 
5000 RPM to concentrate the microbial extract. This strongly increases microbial 
cell numbers and diversity in the inoculum and thus decreases the risk of fast-
growing species quickly outcompeting most others. The supernatant with the water 
solution was disposed and the pellet was resuspended with 100 µl of M9 minimal 
medium (12.8 g/L NaHPO4.7H2O, 3 g/L KH2PO4, 0.5 g/L NaCl, 100 mg/L NH4Cl, 
0.12 g/L MgSO4, 4 g/L d-Glucose, 11.66 mg/L CaCl2, 13.5 mg/L FeCl2, 125 mg/L 
MgCl2.6H2O, 1 mg/L MnCl2.4H2O, 1.7mg of ZnCl2, 0.43mg CuCl2.2H2O, 0.6 mg 
CoCl2.6H2O, 0.6mg Na2MoO4.2H2O, pH 6.5) (Smith 1991) containing 160 mg/L of 
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L-Alanine 7-amido-4-methylcoumarin (AMC) to determine substrate consumption 
inside the devices. 

The inner part of the microfluidic devices was filled beforehand with the same M9 
medium containing 160 mg AMC/L (pH 6.5) by capillary forces directly after 
bonding. Directly after, 5 µl of the soil extract were pipetted into the reservoir of 
the devices. Sterile wet tissues were placed inside the Petri dishes to preserve 
humidity. The plates were sealed with Parafilm to prevent water from evaporating 
and kept in the dark at room temperature. 

In total, 6 devices were used for the experiments, 3 of the Channel device and 3 of 
the Fractal device.  

Microscopy 
Epifluorescence microscopy was used for visualization of AMC degradation using 
a fully motorized Nikon Ti2-E inverted microscope with PFS4 hardware autofocus, 
full 25 mm field-of-view, CoolLED pE300-White MB illumination connected via a 
3 mm liquid light guide (LLG), and a Nikon Qi2 camera with 1x F-mount adapter. 
The filter used was LED-DAPI-A-2360A Semrock Filter Cube (Ex: 380-405 nm, 
Em: 413-480 nm). Images for fluorescence quantification of the entire device were 
captured using a (MRH00041) CFI Plan Fluor 4X, N.A. 0.13, W.D. 17.1 mm 
objective, with an exposure time of 100. NIS Elements advanced research imaging 
software (Nikon) was used for coordination of the multipoint imaging. Pictures were 
taken for every device once a day for 12 days. The days selected for statistical 
analysis were the ones of maximum fluorescence signal for each treatment. 

Image Analysis 
The fluorescence intensity was quantified using ImageJ 1.52n (Schindelin et al. 
2012). Background was subtracted with the ImageJ rolling ball algorithm (Kneen & 
Annegarn 1996) using 7 pixels as radius of rolling ball for 4x objective images. The 
rolling ball radius was given based on the size of the biggest fluorescent object, 
which was the diameter of a PDMS channel. After the subtraction, the total intensity 
was quantified inside each labyrinth using the ROI manager tool. For this, a ROI 
mask, which contained multiple rectangles of equal size that surrounded each 
channel or maze, was used to quantify the mean fluorescence intensity within each 
structure. 

For comparison of the fractals of different order, replication consists of the pooled 
data of the area of each fractal block (n=10, 4 treatments), which equals the size of 
five connected modules of the F5 maze lined up after each other. It is inoculated via 
its connection to the entry pillar system only via the first module (Figure 1). The 
spatial variation of the fluorescence inside the fractal mazes was measured by 
quantifying the fluorescence of the channels at different regions inside the mazes. 
The spatial analysis was performed on the second module of each fractal block 
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counted from the pillar system, selected to minimize the edge effect produced in the 
first fractal due to its direct contact with the pillar system. The spatial analysis was 
done in all internal replicates of one microfluidic device.  

Estimation of accessibility within Fractal mazes 
The spatially resolved analysis of fluorescence at the dead ends or corresponding 
locations of all fractal order mazes was compared to their accessibility index which 
was calculated using COMSOL Multiphysics® (Multiphysics & Multiphysics 
2020). The accessibility index is defined as the time required for a particle in a 
diffusion simulation to reach 50% of the final concentration and was compared 
between all dead end locations (n=324 dead ends per fractal module) of the maze 
order F5 or corresponding locations, second module from the pillar system.  

Statistical Analysis 
Both experiments with the respective microfluidic device type had full-factorial 
designs. The channel device experiment had Angle (45°, 90°, 109°) and Turn order 
(alternated or repeated) as fixed factors. Each device contained 10 channels of each 
type (with all the angle-turn order combinations), and three devices were analyzed. 
Multilevel model fitting correcting for random effects was used to test the influence 
of every factor on the variables.  

A linear regression was performed to test the effect of channel tortuosity in the 
substrate degradation. Fluorescence intensity of AMC was regressed against the 
tortuosity of each type of channel considering the microfluidic device as a random 
variable.   

The fractal device had fractal order (F0, F1, F3, F5) as fixed factors, each device 
had 7 mazes of each fractal order type, and three devices were included into the 
experiment. Multilevel model fitting correcting for random effects was used to test 
the influence of fractal order in fluorescence intensity. Random effects were 
attributed to each device as physical replicate of the experiment.  

For in-depth statistical analysis in both experiments, the data from the day 
comprising maximum fluorescence for each fractal maze was chosen. The 
significance threshold used for all statistical tests was p < 0.05. When significant 
differences were found in the ANOVA, interactions were analyzed separately using 
the Dunn’s method for multiple comparison of means (Dunn 1961). Pairwise 
comparisons  between treatments (channel or maze type) were done with t-tests with 
p values adjusted using Holm corrections (Holm 1979). All statistical analysis was 
performed using R (Team 2019). 
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Results 
During the run of the experiments, all the studied structures were colonized by 
microorganisms, mainly bacteria, confirmed by microscopy. Although there was no 
filtration process that would leave fungi excluded from the experiment, there were 
no hyphae observed within the structures during the first twelve days of 
measurements. In the later stage of the experiment, around day 14, several 
unicellular eukaryotes were observed to grow in both the pillar system and the 
experimental structures of the devices, for which reason data was only analysed up 
to day 12 where mainly bacteria, our intended study organisms, affected the 
measurements.  

 

Figure 2 Fluorescence intensity indicating enzymatic activity in the channel (a,b) and the fractal (c,d) devices over 
time (a,c) and at the timepoint of maximum fluorescence signal (b,d). The fluorescence data over time for the channel 
device (a) is shown for the 6 studied treatments (45°, 90°, and 109°, with alternated or repeated turn order each one) 
with 30 total replicates (10 per device of a total of 3 devices used). The fluorescence means for the time points of 
highest mean fluorescence value for each treatment were compared considering fluorescence intensity as dependent 
variable and angle and turning order as independent variables (b). Fluorescence intensity data over time for the fractal 
device shown for the  4 fractal order treatments (fractal order 0,1,3, and 5) at normalized volume (c). Comparison of 
the fluorescence levels in the four maze types of increasing fractal order at the time points of their respective highest 
mean fluorescence (d). Mean comparisons were done with two- and one-way ANOVA for the channel and the fractal 
treatment, respectively. Error bars show standard error for n=30 and n=21 for the channel and the fractal condition, 
respectively. Different capital letters under mean values indicate statistically significant differences between the 
treatments derived from pairwise comparison using Sidak method for confident interval adjustment (b, d). 
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In device design 1 (Channel device), all studied channel types showed a measurable 
fluorescence signal starting from day 2 of the experiment (Figure 2, Figure 3). The 
fluorescence increased until it reached its maximum for all the channel types at day 
5 after inoculation (Figure 2a). After 5 days, the fluorescence signal decreased until 
the end of the experiment on day 12. A comparison of the fluorescence between 
channel types at the day of maximum signal showed that as channel turn angle 
increased, the amount of substrate cleaved also increased (Figure 2b). The 
fluorescence increased, however, only from 45˚ angles to 90˚ angles, after which it 
did not change significantly, and turn order had no measurable effect. When the 
tortuosity of the channels was used as the independent variable to explain the 
fluorescence patterns in regression against fluorescence intensity, the results 
suggested a similar output: as tortuosity increased, the amount of cleaved substrate 
also increased (Figure 4, p=0.046, R2 = 0.017).  

 

Figure 3 Example of the fluorescence intensity corresponding to enzymatic activity changing over time in the Channel 
device. Left panel images show the entire device and right panel images show a magnified part of the channel. The 
fluorescence intensity inside each channel is shown using the color coding placed on the right side of the figure. The 
selected days correspond to the days after inoculation where the first enzymatic activity is detected (day 2), when it 
reaches its maximum (day 5), when it starts decreasing (day 8), and when it reaches a lower plateau (day 12).  
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The fractal device also showed measurable fluorescence signals in each of its mazes 
from day 2 after inoculation (Figure 2, Figure 7). The maximal fluorescence was 
found at different time points, delayed with increasing fractal order of the mazes 
(Figure 2c): While F0 and F1 had their maximum fluorescent signal on day 2 and 3 
respectively, F3 and F5 had it on day 5 and 7, respectively. The comparison between 
the maximum fluorescence values of each maze showed that as fractal order 
increased, fluorescent signal also increased (Figure 2d), highly significantly 
different from each other except for F0 and F1.   

A spatial analysis of the fluorescence within the fractal modules indicates that the 
fluorescence distribution within the mazes depended on the fractal order (Figure 6). 
For simple fractals (F0 and F1), the enzymatic activity was higher towards the 
deeper parts of the maze, but as time passed the pattern was reverted and the 
fluorescence in the deeper parts of the maze decreases in comparison to the higher 
accessible regions. In the more complex fractals (F3 and F1), on the other hand, the 
pattern was the opposite (Figure 6). Fluorescence was higher in the most accessible 
areas compared to the deeper regions in the earlier stages of the experiment (day 2) 
but, as time passes (from day 3 on), the fluorescence reaches its maximum levels in 
the deeper regions of the maze. In the most complex fractal, F5, however, this 
increase was only until a certain point, after which lower fluorescence intensity were 
located. 

 

Figure 4 Linear regression of the fluorescence intensity corresponding to enzymatic activity measured in the different 
channel types of the Channel device as a function of the tortuosity of the channels, at the day of maximum 
fluorescence for each channel type.  
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Discussion 
Our hypothesis stated that as spatial complexity of a microhabitat increases, the 
substrate cleaved by a natural inocculum would also decrese. This assumption was 
made based on previous perspective papers that have proposed the soil spatial 
microheterogeneity as a responsible factor for carbon stabilization (Baveye et al. 
2018). The results obtained in this study show, however, the opposite pattern: as 
simulated habitat complexity increases, substrate degradation increases. We 
observed similar results to happen with a pure culture of the bacterial strain 
Pseudomonas putida in similar mazes of increasing fractal order  (Arellano-Caicedo 
et. al. 202Xb) where higher fractal order mazes showed more bacterial biomass and 
nutrient degradation than low fractal order mazes. 

There are two explanations to the increasing enzymatic activity observed as the 
spatial complexity in our experimental setting increases: one is that an increase in 
habitat complexity promotes a higher accumulation of bacteria due to quorum 
sensing, which leads to higher biomass and biofilm formation, which ends up in a 
higher nutrient acquisition efficiency. Bacterial strains such as E. coli have been 
shown to acumulate in dead ends of microfluidic mazes due to the action of quorum 
sensing molecules (Park et al. 2003). Quorum sensing can occur not only between 
bacterial individuals of the same strain, but also between organisms of different 
species (Willems et al. 2016), forming what is known as polymicrobial biofilms. 
These biofilms can have characteristics that differ to a great degree to the sum of 
characteristics of all the species that conform it (Flemming et al. 2016). One of the 
main difference is that enzymatic production can be shared between the different 
species, as exoenzymes can remain active for hours to days, and their products 
become available for all microbes in the vincinity, becoming in the long run more 
efficient at degrading substrates via a division of tasks (Hyun et al. 2008).  

A complementary explanation is that an increase in habitat complexity reduces the 
interactions within the bacterial communities and individuals present in the mazes. 
A reduction of interaction reduces the competition stress in the different 
communities, allowing a higher diversity of species and metabolic functions to co-
occur (Hyun et al. 2008). This means that species or individuals which show a 
preference for an enzymatic acquisition of nutrients, which is usually less efficient 
than a direct uptake of readily dissolved mineral elements, like carbon, nitrogen and 
phosphorous present as salts or sugars, are allowed to grow since potential 
interactions with fast growing competitors would be reduced. More connected, 
easibly accesible habitats reduce the fitness of the slow growers and favor 
communities of fast growers which are in a competitive advantage (MacLean & 
Gudelj 2006). Since such fast-grower communities have lower tendency to 
enzymatic nutrient acquisition, this could explain that the enzymatic activity is 
considerably lower than in less connected environments in our study. Having a 
physical separation allows otherwise slower growing bacteria to cooperate via 
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sharing metabolic pathways without being outcompeted by opportunists, as it has 
been seen to happen in pure cultures of bacteria (Hyun et al. 2008).  

 

 

Figure 5 Spatial distribution of enzymatic activity within the different mazes measured via the fluorescence intensity of 
AMC. Accessibility of different spaces within the mazes are ranging from 1 to 0, determined via a COMSOL model 
simulation (right panel), where 1 is the most accesible region and 0 is the least accessible. All fractal order mazes are 
compared over the whole accessibility range for F5; comparison of the internal maximal variability of accessibility for 
each fractal order can be appreciated in the shorter curves of the rest of the fractal types compared to the F5 in the 
figure.  Each dot in the regression plots (left panel) denote to the specific spatial accessibility of the COMSOL model 
and the measured mean fluorescence of that specific region, in all fractal order mazes corresponding to the dead-end 
locations within F5. The second fractal module of each block was used for analysis of seven internal replicates. The 
lines correspond to curve fitting using a quadratic model, the colors of the lines and the dots represent the timepoint 
they correspond to: day 2 (red), 5 (black), 8 (green), and 12 (blue).  
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This goes in line with the species sorting model that states that the variation of the 
populations is determined by the environmental characteristics of a particular 
habitat (Leibold & Chase 2017). In a heterogeneous habitat, the fitness landscape is 
more diverse, allowing several populations to grow with limited interactions with 
each other. Species sorting has been shown to be responsible of microbial 
community structures in aquatic environments (Staley et al. 2015; Souffreau et al. 
2018), and might be responsible, at least in part, for the high microbial diversity 
found in soils. In this sense, trends in the population structure of the community 
should match those in the habitat structure, which can be partially confirmed with 
our results: the channels and mazes with the highes spatial complexity show a higher 
enzymatic activity, suggesting that populations exhibiting a higher substrate 
degradation efficiency have a better fitness than in more spatially homogeneous 
structures. We can not, however, show if the microbes in our system have a higher 
substrate degradation efficiency since we can not, with the methods used in this 
experiment, determine the microbial biomass for the distinct structures, nor 
determine their diversity. Nonetheless, and based on previous our studies with a 
bacterial lab strain that shows a substrate degradation uncoupled with the bacterial 
biomass (Arellano-Caicedo et al. 202Xb), we can speculate that in our case we also 
might have an increased substrate degradation efficiency in complex mazes and 
channels.  
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In the present experiments we tested how spatial variation in a pore space structure 
affected the activity of peptidases, which presumably was used by the bacteria to 
complement their nitrogen demand. Other studies in soils have focused on how 
various enzymes for cleavage of different substrates act around plant roots. It has 
been shown that the ratios of enzymatic activities are different for each enzyme type, 
meaning that in regions where carbon specific enzymes are high, those needed to 
acquire nitrogen or phosphorous are low, and vice versa (Razavi et al. 2019). It 
would thus be interesting to investigate in future studies how the relationship of 
different enzyme activities is affected by spatial structures in controlable systems, 
by using a suite of different fluorogenic substrates. Even though our study was 
mainly focused on prokariotic nutrient degradation, which is the dominant 
community in the first 12 days of study, we know from previous experiments (Mafla 
Endara et al. 202X) that unicellular eucaryots also can grow within the devices. 
Thus, a study on how the onset of predation and trophic foodweb interactions acts 
on organic matter subtrate consumption in different microstructures can also be a 
step forward to our study.  

We singled out spatial microstructures as the manipulated explanatory factor in our 
devices, while we had to disregard other variables that likely have a strong influence 
on OM dynamics in soils, such as the ratio and patchiness of gas/water saturation in 
the pores, or organo-mineral interactions that may immobilize organic molecules. 
Under such an increased complexity of physical components, an increased 
biological complexity including inter-kingdom interactions likely plays an even 
more important role, where e.g. fungi are the only organism group that easily bridge 
over air bubbles and can aid the dispersal of other organisms like bacteria and 
protists, which require water films for movement (Mafla Endara et al. 202X).  
Nevertheless, our approach was able to dempostrate the considerable effect that the 
2-d spatial arrangement of a pore space can have on its microbial colonization and 
speed of nutrient cycling. This can in the long run lead to a better understanding of 
the role of pore space characteristics on soil functions and could lead to 
recommendations for land uses preserving soil structure and their related ecosystem 
functions.  
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Supplementary material 
Supplementary Table 1. Output of the multi-level model fitting for the variable mean fluorescence intensity measured 
with MC fluorescence, with device as random effect and Angle and Turn order as fixed factors. Each step performs an 
ANOVA and compares the model with the previous model. 

 Model df AIC BIC Log Lik  Test L. Ratio 
p-
value 

baseline 1 3 2217.928 2227.507 -1105.964     
Angles 2 5 2213.556 2229.520 -1101.778 1 vs 2 8.372250 0.0152 
Angles + T. 
Order 3 6 2215.492 2234.650 -1101.746 2 vs 3 0.063176 0.8015 

Interaction 4 8 2217.613 2243.157 -1100.807 3 vs 4 1.879087 0.3908 
 

Supplementary Table 21. Contrasts of the multi-level model with the variable mean fluorescence intensity measured 
with MC fluorescence, with device as random effect and angle and turn order as fixed factors, using the Sidak method 
for adjusting confidence interval.  

contrast estimate SE df t.ratio p.value 

45 - 90 -53.41 19.9 175 -2.689 0.0213 

45 - 109 -45.53 19.9 175 -2.293 0.0595 

90 - 109 7.88 19.9 175 0.397 0.9169 
 

Supplementary Table 3. Output of the multi-level model fitting for the variable mean fluorescence intensity measured 
with MC fluorescence, with device as random effect and maze type as fixed factor for the final model. Each step performs 
an ANOVA and compares the model with the previous model. 

 Model df AIC BIC logLik Test L.Ratio p-value 

Baseline model 1 3 1242.339 1249.631 -618.1695    
Final Model 2 6 1215.864 1230.449 -601.9322 1vs2 32.47469 <.0001 

 

Supplementary Table 42. Contrasts of the multi-level model with the variable mean fluorescence intensity measured 
with MC fluorescence, with device as random effect and maze type as fixed factor, using the Sidak method for adjusting 
confidence interval.  

contrast estimate SE df t.ratio p.value 

F0 - F1 -27.1 95.5 78 -0.284 0.9920 

F0 - F4 -239.7 95.5 78 -2.509 0.0663 

F0 - F5 -519.7 95.5 78 -5.440 <.0001 

F1 - F4 -212.6 95.5 78 -2.225 0.1254 

F1 - F5 -492.6 95.5 78 -5.156 <.0001 

F4 - F5 -280.0 95.5 78 -2.931 0.0225 
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The influence of soil structure on microbial 
processes in microfluidic models

The great variety of Earth’s microorganisms and their functions is attributed 
to the heterogeneity of their habitats at the nano scale. Our understanding 
of the impact of those heterogeneous conditions on microbes is however still 
limited. In this project, we used microfluidic devices to simulate transparent 
microscale habitats for microbes. With this technology, we tested the effect 
of different physical characteristics of microhabitats on microbial interactions 
and functions. 
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