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1. Introduction

Plants are composed of a variety of different cells with distinct physical characteristics,
which are reflected in the different amounts of proteins, lipids, and structural polymers (e.g.
polysaccharides and polyphenolic compounds) that are contained within them. One
common characteristic to all plant cells is the presence of a rigid cell wall (with thicknesses
ranging from 0.1 to 10 um) that not only conveys to the cell its shape, mechanical strength
and pathogen resistance, but also participates in cell-to-cell adhesion, a key interaction that
provides plants the robustness that allows them to grow under variable environments.(1,2)
The structure of plant cell walls is typically described in terms of three layers: the middle
lamella, primary cell wall and secondary cell wall, which have been characterized according
to their composition, role during organ growth, and their ability to resist tensile or
compressive forces (1,3). Plant cell walls are constructed from a combination of a variety of
polysaccharides that can be generally grouped into cellulose, hemicelluloses, and pectic
polysaccharides (Figure 1), and whose relative proportions depend on the plant species,
specific tissue, and growth stage. Cellulose, the most abundant structural polysaccharide in
cell walls (comprising 15-50% of the dry weight of plant biomass),(3) is a linear polymer of
glucose units covalently linked through (3(1-4) glycosidic bonds. Cellulose glucan chains
aggregate through hydrogen bonding and pyranose ring stacking into tightly packed
crystalline elementary microfibrils (2-20 nm in diameter), which are the essential scaffold of
all plant cell walls.(2,4,5) Hemicelluloses, the second most abundant component of cell walls
(10-35% by dry weight),(3) are highly branched hetero-polymers of pentoses and hexoses
that can be broadly classified into xylans, mannans, (3-glucans and xyloglucans. These
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Figure 1. In a simplified representation, the plant cell wall can be visualized as a collection of crystalline
cellulose microfibrils sheathed by hemicellulose and lignin. Adapted from (5) with permission from
Nature Publishing Group.

branched polysaccharides associate with microfibrils through hydrogen bonds and form,
together with pectic polysaccharides a porous matrix (with pores > 10 nm) that sheaths the
crystalline cellulose core of the microfibrils.(6-8) In woody biomass the cell wall is further
reinforced by lignin (5-30% by dry weight),(3) a three dimensional polymer of phenyl
propanoid units that is covalently linked to hemicellulose. The main components that make
up lignin polymers are p-coumaryl alcohol, coniferyl alcohol and sinapyl alcohol, the
proportional distribution of which varies between plant species and tissue type.(2,5) Lignin
acts as nature’s glue, forming a protective barrier that limits water and enzyme accessibility
to cellulose and gives plants increased resistance to pathogen attack and biomass
degradation. The variability in the compositions and relative proportions of structural
elements in plant cell walls from different species and tissues results in a high degree of
physical and biochemical complexity of plant biomaterials, which creates a challenge for the
physicochemical characterization of plant biomass.

Beyond their importance as structural elements in plant morphology and development, the
polysaccharides found in the cell wall also represent the major repository of
photosynthetically fixed carbon in the biosphere, making them critical for plant, microbial,
and animal nutrition and growth, and for the maintenance and balance of Earth’s
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ecosystems.(1) Additionally, structural polysaccharides within the cell wall are widely
exploited by humans in the elaboration of a myriad of products such as lumber, food, food
additives, paper, fibers, textiles, biocomposites, bioplastics, and biofuels. All these products
and their characteristics depend intimately on the composition and structural arrangement
of cell walls. In particular, due to their importance in the production of biofuels and
bioproducts from plant materials, much recent research has focused on studying the
changes effected by thermal, chemical and biochemical processes on the structural
arrangement of cellulose, hemicellulose and lignin.

Traditionally, cellulose structure has been studied at high resolution through scanning
electron microscopy (7,9-14) or transmission electron microscopy.(9,14-20) In these
techniques, cellulose samples must be prepared through drying, coating or staining
methods that render the samples compatible with electron microscopy. Despite the exquisite
detail that can be gained from these imaging techniques and the wealth of knowledge that
has already been obtained through them, the sample preparation procedures can introduce
artefacts through modifications to the physical structure of cellulose, such as the collapse of
the micro- and nanoporous structure of plant-derived cellulose, the recrystallization and
aggregation of elementary microfibrils, or by disrupting the biomolecular interactions
occurring at the interface of the insoluble cellulose, such as the dislodgement of proteins
weakly adsorbed to the surface of cellulose fibrils. This has resulted in a search for
experimental techniques that can reveal the structure of cell wall components with high
spatial resolution under environmental conditions that do not modify the structure or the
biomolecular interactions. Furthermore, techniques able to visualize the structural and
compositional changes that occur due to the biochemical deconstruction of plant material in
real time and at temperatures relevant for industrial processing could offer insights into the
limitations of biomass conversion processes. This chapter explores a set of advanced-
microscopy techniques that allow imaging of cellulosic structures at high resolution under
hydrated conditions and how they have been applied to study cellulose and the
biomolecular interactions that occur with cell-wall degrading enzymes. The chapter will end
with an overview of the possibilities that have opened over the past years due to the
development of these novel imaging approaches.

2. Advanced-microscopy techniques

2.1. What can advanced-microscopy offer for the study of cellulose?

The term advanced-microscopy refers in general to the host of techniques that allow us to
visualize biological samples with resolution in the submicron to nanometer scale. This level
of detail enables the study of biomolecular structures, interactions, and mechanisms of
catalysis at the fundamental length scale of proteins, lipids, amino acids, glycans, and other
biomolecules. In particular, for the study of cellulosic materials this implies the ability to
visualize the arrangement of cellulose from the length scale of the individual glucan chains
(sub-nanometer) to that of their aggregates in the form of elementary microfibrils
(nanometers) or cell wall macrofibrils (microns). Furthermore, the study of the interactions
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between cell wall modifying enzymes and cellulosic structures requires the ability to
identify individual proteins, their localization, dynamic motions, conformation, and
catalytic activities, as well as the changes that they effect on the structural arrangement of
cellulose. Ideally, all these measurements would be obtained under experimental conditions
that preserve the cellulosic materials in their native state, maintain the full functionality of
cell-wall modifying enzymes, and also provide high spatial and temporal resolution to
observe any dynamic restructuring and biomolecular interactions in real time. It is clear that
a single technique cannot provide all this information simultaneously with the optimal
temporal and spatial resolution, and that complementary techniques are needed to achieve a
full understanding of the structural and biochemical changes that occur in cellulosic
materials as they undergo physical, chemical or biochemical processing.

A number of techniques, including certain types of electron microscopy (EM), scanning probe
microscopy (SPM), and optical microscopy can be considered advanced-microscopy
techniques because they can yield images with spatial resolution ranging from the micrometer
to the sub-nanometer scale. Each one of these types of microscopy has its advantages and
limitations in their application to the study of cellulose: EM techniques can yield exquisite
detail even at the sub-nanometer scale, but in most cases are limited to dry samples that must
ideally be rendered conductive to make them compatible with EM imaging; SPM techniques
have the ability to image immobile substrates with sub-nanometer resolution, but must come
into contact or be in very close proximity with the sample, cannot effectively image large
surface areas, and cannot track multiple biomolecular species simultaneously; and optical
microscopy can track multiple biomolecular species with high temporal resolution in large
surface areas, but is limited in spatial resolution by the diffraction of light through the optical
microscope, as well as by the refraction and scattering of light in thick biological samples.
Thus, the choice of experimental advanced-microscopy techniques to image a cellulosic
sample depends strongly on the information sought, the complexity of the system, the
environmental requirements, and the spatial and temporal resolution desired. In this chapter
we focus on a subset of advanced-microscopy techniques which yield images with micron to
nanometer scale spatial resolution over periods ranging from seconds to hours, while allowing
experimental conditions that provide appropriate temperatures for the catalytic activity of
enzymes and keep the samples hydrated in solutions with biologically relevant ionic strength
and pH. These capabilities make them ideally suited for the study of cellulose and the
interaction between cell wall degrading enzymes and cellulosic substrates.

The discussion throughout the chapter will center on recently developed SPM and
fluorescence microscopy techniques, which have been applied to the visualization of the
structural arrangement of cellulose and the interactions that occur at the interface between
insoluble cellulosic materials and enzymes, with sub-micron to nanometer scale resolution.
These techniques have made it possible to study the structural arrangement of cellulose
microfibrils and elementary glucan chains, including their intermolecular spacing, cellobiose
unit repeat and individual glucose unit distances, both for dry and hydrated cellulosic
materials. Furthermore, the use of fast-acquisition SPM and fluorescence techniques has
enabled the observation of the binding and molecular motion of individual or multiple cell-
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wall modifying enzymes and their corresponding binding and catalytic modules even at the
single molecule level. These advanced-microscopy techniques have also been recently applied
in the study of the depolymerization of cellulose by individual cell wall modifying enzymes
and by commercially available cellulolytic enzyme cocktails. The use of advanced-microscopy
techniques for the study of cellulose, especially in the complex environment of the cell wall, is
still in its infancy and many opportunities exist for the fundamental study of cell wall
structure, enzyme-cellulose interactions, and for the study of the changes that occur in
cellulose structure and biochemical composition as cell walls are deconstructed through
different treatments used in industrial settings. As will be seen in the discussion to follow, the
development of new SPM and fluorescence microscopy approaches has made it possible to
study cellulose with high spatial and temporal resolution under conditions that are
biologically relevant. These studies will surely lead to an improved understanding of the
organization of the cell wall and of the way cellulolytic enzymes operate. This in turn can steer
the development of deconstruction technologies that more efficiently convert plant biomass
into useful raw materials for the manufacturing of renewable and sustainable products.

2.2. Scanning Probe Microscopy

Scanning Probe Microscopy techniques (SPM) measure the interaction between the sample
and a small sample probe, which is brought into contact or very close proximity to it. An
image of the sample under investigation is then constructed by scanning the tip and
collecting pixel by pixel data, which can then be displayed as a three dimensional
reconstruction. SPM techniques allow the direct characterization of the surface of biological
specimens with very high spatial resolution and with very little sample preparation.(4)
Furthermore, SPM techniques allow imaging biological samples under dry or aqueous
conditions and with suitable chambers that can provide temperature-controlled
environments. Thus, they are ideal for the structural and biochemical characterization of
cellulosic materials and for the study of the interactions between cell-wall degrading
enzymes and the surface of insoluble cellulose substrates.

Atomic Force Microscopy (AFM) is a high-resolution SPM technique, which has become one
of the most widely utilized tools in real-time imaging of biological samples due to its ability
to record surface topography and properties at the nanoscale. The basis of AFM operation is
quite simple and lies in the interaction between a sharp tip located at the end of a
microfabricated cantilever and the sample surface.(21) The tip, with a radius ranging from of
a few nanometers (silicon-based tips) to a few angstroms (carbon nanotube tips), senses a
distance-dependent potential that is the result of a multitude of interactions with the
surface, including van der Waals, chemical, electrostatic, capillary, and magnetic forces,
among others.(22) As the tip is brought into close proximity with the surface, these
intermolecular forces deflect the cantilever. The deflection is measured by tracking the
displacement of a laser spot that is reflected off the back of the cantilever and imaged onto a
photodiode array (Figure 2). The tip can be raster-scanned across the sample using a
piezoelectric stage, with the recorded cantilever deflection as a function of position yielding
a surface map of the biological sample. The resolution of the surface map is limited by the
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Figure 2. Schematic depiction of a typical atomic force microscope setup. As the tip is brought into
close proximity of the surface the cantilever is deflected by attractive or repulsive forces. The
displacement is monitored using a laser spot bounced off the back of the cantilever and imaged on a
photodiode array. Feedback controls maintain a constant force on the tip.

size of the AFM tip used, and under optimal conditions can reach 0.1 nm in the vertical and
0.5 nm in the lateral directions.(21) In a typical AFM setup, the tip-to-substrate distance is
controlled by a feedback mechanism, which adjusts the tip position to maintain a constant
force between the tip and the sample. For imaging of soft biological samples, the force
applied by the cantilever is usually limited to the range between 50 and 100 pN to minimize
sample deformation and avoid the disruption of biomolecular interactions (21).

AFM scanning can be performed in two modes: contact or tapping. In static or contact
mode, AFM imaging is performed in contact with the sample, where the overall force is
repulsive. The main drawback of contact mode for imaging biological samples is that the
forces applied during tip scanning can sweep away weakly bound objects or deform soft
samples. On the other hand, tapping mode is achieved by driving the cantilever into
oscillation at its resonant frequency and allowing limited interaction between sample and
tip. The amplitude, phase and frequency of the oscillations are changed by the tip-sample
interactions, leading to a description of the surface characteristics. Nowadays, amplitude
modulation is the most widely used non-contact mode. In this mode, changes in the
oscillation amplitude and phase provide the feedback for imaging.(23) Amplitude variations
allow the mapping of the surface topography, while changes in phase allow the
discrimination between different types of materials. Surface topography, rigidity, viscosity,
as well as adhesion forces can thus be studied through non-contact AFM.

Until recently, one of the main limitations to AFM was that the acquisition of a single image
of a 1-micron square area would take several seconds, which precluded the use of AFM to
study molecular motions that occur within the millisecond time regime. Efforts towards
realizing high speed AFM were pioneered in the 1990s and by 2001 a complete system for
the fast acquisition of high quality images was reported. This system introduced small
cantilevers with high resonant frequencies (~600 kHz in water) and a suitable optical
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detection system, which allowed acquisition times of 80 ms per frame. Later improvements
in the z-scanner damping system and the feedback loop increased sample stability and
minimized the tip-sample interactions, enabling acquisition times as fast as 30 ms per
frame.(24) Nowadays, the most advanced tapping-mode, high-speed AFMs are being
utilized to observe the motions of biomolecular motors such as kinesin, myosin V, and
dynein, (25,26) as well as the motions of processive cell wall degrading enzymes.(27,28) The
ability to monitor surface topography changes along with biomolecular interactions in real
time under aqueous environments and under controlled temperature, pH and ionic strength
conditions make AFM a very useful tool for the study of cellulose, its structural properties,
and the interactions that occur between insoluble cellulosic substrates and cell wall
degrading enzymes.

2.3. High-resolution fluorescence microscopy

Fluorescence microscopy has become one of the most utilized techniques for the study of
biological systems for its high sensitivity, selectivity and the ability to monitor multiple
species under biologically relevant conditions. Fluorescence arises from the spontaneous
emission of a photon from a molecule (fluorophore) in which the absorption of an incident
photon causes an electron to transition to an excited singlet state and this electron
subsequently transitions to the ground state via the emission of a second, lower energy,
photon.(29) Fluorophores that emit in the visible wavelength range are usually molecules
with multiple aromatic rings, such as the dyes from the cyanine, fluorescein and rhodamine
families or fluorescent proteins like those derived from the green, yellow, red, and cyan
fluorescent proteins. Commercially available organic fluorophores are further modified with
reactive groups that allow the covalent attachment of the organic dyes to thiol, amine,
alkyne, and hydroxyl groups, among others. Conversely, fluorescent proteins can be
expressed within the target system as proteins fused to the targeted protein or peptides,
which allows fluorescent tagging in vivo.(30-32) The ability to easily tag proteins, lipids,
nucleic acids or glycans with fluorescent moieties allows the selective observation of these
biomolecules over the background of the biological system of interest. Furthermore, through
the use of high performance optics and very sensitive detectors it is possible to observe the
fluorescence emitted from the tagged biomolecules, enabling the study of biomolecular
localization, transport, binding, catalysis, and other biomolecular interactions even down to
the level of single molecules. A number of microscopy techniques have been developed to
exploit the advantages of fluorescence emission to study these biomolecular interactions,
including confocal fluorescence microscopy, total internal reflection fluorescence
microscopy, fluorescence correlation spectroscopy, Forster resonance energy transfer, single
molecule tracking, and super-resolution fluorescence microscopy, among others. Through
these techniques researchers aim at maximizing the fluorescence photons collected while
minimizing the background noise to enhance the sensitivity and the spatio-temporal
resolution of the measurements.

The implementation of fluorescence microscopy can be done in different configurations, all
of which aim at achieving the highest fluorescence signal to background noise possible. All
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Figure 3. All configurations for fluorescence microscopy imaging share common basic elements:
excitation source, excitation and collection optics, and detectors. (a) Epifluorescence microscopy utilizes
a broad lamp excitation source for widefield illumination and a high-sensitivity camera for collection.
(b) Scanned Confocal and Stimulated Emission-Depletion Super-Resolution microscopy utilize a laser
excitation source for point illumination and PMT or APD for collection. (c) Total Internal Reflection and
photo-switching based Super-Resolution microscopy utilize a laser excitation source for widefield
illumination and a high-sensitivity camera for collection. Adapted from Reference (101).

these experimental configurations share some basic constitutive elements: an excitation
source, which can be mono chromatic or wide spectrum and coherent or incoherent; optics
for excitation and collection, including excitation and emission filters, dichroic mirrors, and
polarizing optics, among others; and one or multiple highly sensitive detectors, such as
avalanche photodiodes, photomultiplier tubes, and EMCCD or CMOS cameras (Figure 3).
The available microscope configurations can be broadly divided into two main groups:
those that detect the emitted fluorescence in wide-field mode (e.g. epifluorescence, TIRF,
and photo-switching type Super Resolution microscopy) and those use point detection (e.g.
laser scanning confocal microscopy and Stimulated Emission-Depletion Super Resolution
microscopy). The selection of the configuration to be used depends on the observables to be
measured, the sample and sample requirements, and the spatial and temporal resolution
desired. As mentioned before, no single technique can yield all the measurements
simultaneously with the maximum spatial and temporal resolution. Thus the selection of the
appropriate fluorescence technique is crucial to the successful, reliable and reproducible
measurement of sample properties and biomolecular interactions. Below, a few
configurations and experimental techniques that have been applied to the study of cellulose
or that hold great promise for it are discussed in detail.

Epifluorescence is perhaps the simplest implementation of fluorescence microscopy, but
also the most versatile and widely used. The configuration for epifluorescence (Figure 3-a)
consists of a broad spectrum light source, such as a mercury arc lap or a metal halide lamp,
which emits light in the visible spectrum with enough intensity to excite fluorescence from
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the specimen; a set of excitation and emission optics, which include an excitation filter that
selects the band of wavelengths appropriate for excitation of the fluorophore, a dichroic or
dichromatic mirror that selectively transmits or reflects wavelengths of incident light,
allowing the separation of excitation and emission photons for the orthogonal observation of
fluorescence, and an emission filter with a transmission band for wavelengths of light that
separates the reflected and scattered light from fluorescence emitted from the specimen; and
a sensitive imaging device, such as an electron multiplication charge-coupled device
(EMCCD) or a complementary metal-oxide semiconductor (CMOS) camera, which collects
the photons at the image plane of the microscope and translates them into an electronic
signal that can be recorded in the form of a picture where the pixel intensity is a reflection of
the fluorescence emitted from the sample. The configuration for epifluorescence microscopy
relies on the excitation and the collection of the emitted light through a high quality
objective with magnifications ranging from 2 to 100x, and numerical apertures as high as
1.49, which allow the efficient collection of photons without chromatic or spherical
aberrations. Through this configuration it is possible to image samples containing multiple
fluorophores with temporal resolution ranging from milliseconds (EMCCD) to
microseconds (CMOS). The use of appropriate calibration standards also allows the use of
epifluorescence for the quantitative characterization of concentrations of biomolecules
within biological samples. Furthermore, different microscope configurations allow the use
of environmental chambers to provide capabilities for temperature control, perfusion of
fluids and gases, and integration of electrical measurements, among others. The main
limitation to epifluorescence is its poor spatial resolution, which is limited by the diffraction
and scattering of light as it travels from the sample to the collection objective and through
the optical components of the microscope. Rayleigh’s criterion defines the highest
achievable resolution in the transverse sample plane:

My = Sy (M)
where A is the wavelength of the emitted light and NA is the numerical aperture of the
objective, whereas the axial resolution is typically two to three orders of magnitude larger.
As an example, a fluorescent sample emitting at 525 nm, observed with a 60x/1.4 NA
objective, would be observed with a maximum resolution in the transverse plane of ~230
nm. Because of its versatility, quantitative epifluorescence has been widely used to visualize
a wide range of biological systems. The development of more sensitive cameras, more
intense illumination sources and better optics will undoubtedly keep quantitative
epifluorescence microscopy as a versatile tool for the study of biological structure and the
characterization of biomolecular interactions.

Confocal microscopy improves on the axial resolution of the fluorescence microscope and
allows imaging three-dimensional structures through optical sectioning. In the configuration
for laser scanning confocal microscopy (Figure 3-b) a collimated laser is used as an
excitation source to overfill the back aperture of a high-NA objective, which focuses light
into a diffraction-limited spot at the focal plane. The same objective collects the fluorescence
emitted from the sample, which is filtered through the dichroic mirror and emission filter,
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and focuses it onto a small pinhole aperture. This aperture is placed at the conjugate focal
plane of the objective and serves to reject out-of-focus light. Typically, the confocal aperture
diameter is selected such that it is slightly larger than the transverse dimension of the
illumination volume (Eq. 1) multiplied by the objective magnification. (33-35) The spatial
filtering provided by the confocal aperture improves the axial resolution of the fluorescence
microscope by collecting emitted fluorescence light only from the focal plane. The size of the
observation volume depends on the wavelength of the emitted light (A), the objective’s NA
and the index of refraction of the sample medium (n). Equation 1 defines the transverse
dimensions of the observation volume, while the axial dimension is given by

2nA
I«Z = NZZ (2)

From these, the confocal observation volume can be calculated as the volume of an ellipsoid.
Following the same example as above, the axial resolution for the observation of a sample in
aqueous medium (n = 1.33) with a confocal setup would be ~710 nm, which yields an
observation volume of approximately 0.1 fL. After the light passes through the confocal
aperture, it is collected by a high-sensitivity photon detector, such as an avalanche
photodiode (APD) or a photomultiplier tube (PMT). These detectors convert incident
photons into electronic signals that can be recorded. Because the signals recorded from the
illuminated focal volume represent a single pixel of information, two-dimensional images
can be reconstructed by scanning the illumination across the sample in the x and y planes.
Scanning can also be extended to the axial dimension by changing the focal plane, allowing
the collection of multiple optical z-sections (z-stacking). This enables the reconstruction of
the fluorescence profile arising from complex three-dimensional structures with improved
resolution and signal to noise ratio. The main drawback of scanning confocal microscopy is
that the collection of a 2D image can take several seconds, while a 3D stack can take up to
several minutes, depending on the number of optical sections acquired. Thus, dynamic
events that are in the sub-second time regime cannot be observed through confocal
microscopy. Yet, the improved spatial resolution and the ability to collect fluorescence in
multiple channels simultaneously have made confocal microscopy a widely used technique
in the biological sciences, and a good candidate for the study of cellulosic samples with
complex structure.

Total Internal Reflection Fluorescence Microscopy (TIRFM) is another configuration, which
is well suited to study molecular phenomena because it can selectively excite fluorescence
from a thin sample layer adjacent to a glass surface. In TIRFM, the incidence of the
excitation laser beam upon the interface between a high and a low index of refraction
material (typically a glass-water interface) at an angle beyond the critical angle results in TIR
of the incident light. Although under TIR no light propagates through the interface, an
exponentially decaying (evanescent) electromagnetic field penetrates the sample. This
evanescent field is capable of exciting fluorescence emission from fluorophores located near
the interface. The penetrating depth of this evanescent field depends on the incident angle
and is usually in the 50-250 nm range. Due to the nature of the evanescent field, the
excitation volume is large in the transverse dimensions but highly confined in the axial
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dimension, which greatly reduces background fluorescence from out-of-focus planes and
results in images with very high signal-to-noise ratio. TIRFM imaging can be done in two
common configurations: prism-based (36) and objective-based.(37-39) In prism-based
TIRFM, the laser beam is coupled into the sample through a trapezoidal or cylindrical prism
using an index-matching medium (e.g. glycerol or oil). TIR is achieved by coupling the
illumination at angles beyond the critical angle and the microscope objective is used to
collect the photons emitted by the sample, which are filtered by the dichroic mirror and the
emission filter. Thus, the fluorescent sample is imaged from the other side of the specimen
using a high-sensitivity camera, which captures the emitted fluorescence. An advantage of
this configuration is the low cost of the components, although the incidence angles are
restricted to a few discrete values defined by the prism characteristics. Objective-based
TIRFM, on the other hand, couples the laser beam via the same objective used for imaging
(Figure 3-c). Through the use of a moving lens, the position of the laser beam can be
translated axially from the center to the edge of the back aperture of the objective, causing
the incident light to hit the glass/sample interface at an angle. This has become the most
popular configuration because it allows a continuous range of incidence angles, with a
maximum angle determined by the objective’s NA. By using a high NA objective,
supercritical illumination angles can be achieved that are suitable for TIRFM imaging of
dense biological samples such as cells or cellulose. The fluorescence emitted from the
sample can then be imaged through the same objective onto a high-sensitivity camera (e.g.
EMCCD or CMOS). Key advantages of through-the-objective TIRF are that the use of high-
magnification, high-NA objectives allows improved lateral resolution, that the photons have
a shorter path to the collection optics, that the top of the sample can be open and easily
accessible, and that switching between epifluorescence and TIRF can be achieved easily by
changing the position of the incident beam. In addition, this configuration allows
illumination with multiple laser wavelengths either simultaneously or in rapid succession
for imaging of multiple fluorophores. Several excellent reviews of the implementation of
TIRF and the comparison between the experimental configurations have been
published.(36—41)

A number of fluorescence microscopy techniques have been developed over the past
decades to take full advantage of the capabilities of the microscope configurations described
above in order to measure specific observables with the highest spatial and temporal
resolution. These techniques can be implemented using different microscope configurations,
depending on the sample characteristics and the sensitivity desired. One such technique is
fluorescence recovery after photobleaching (FRAP), which can be implemented in
epifluorescence, confocal, or TIRFM setups. First described by Axelrod in 1976,(42) FRAP is
a method for measuring the two-dimensional lateral mobility of fluorescent particles or
molecules. In this method, a small spot of a fluorescent sample is permanently
photobleached through exposure to a high intensity illumination source, such as an arc
lamp or a laser beam. Subsequently, imaging of the sample with the same illumination
source under attenuated intensity monitors the recovery of the fluorescence due to
molecular transport. With this technique it is possible to identify the type of transport
process present in the sample (e.g. diffusion, restricted diffusion, flow), measure the lateral
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diffusion coefficient of the fluorescent species, and identify the fraction of the fluorescent
molecules that are mobile within the sample. More recently, models have also been
developed to fit FRAP data from systems where binding occurs at the same time scale as the
transport phenomenon of interest.(43,44) This has enabled the study of complex biological
environments, such as the cytoplasm, where the molecular association to immobile
structures hinders the diffusion of the molecular species of interest.(45-49) As will be
discussed below, FRAP has already been used to measure the mobility of cellulases on
cellulosic substrates.

Forster Resonance Energy Transfer (FRET) is a molecular process that decreases the photon
output from fluorophores, a fact that has been tuned into a useful technique to measure
molecular distances arising from the close association of two biomolecules or from the
mobility of fragments within a single biomolecule. FRET occurs when the emission
spectrum of a fluorophore, the donor, overlaps with the absorption spectrum of a second
molecule, the acceptor.(50) The basis of FRET lies in the non-radiative transfer of energy
from the donor to the acceptor vial long-range dipole-dipole coupling.(51) The energy
transfer between the donor and the acceptor depends both on the extent of the spectral
overlap and, due to dipole coupling, the distance between them. The FRET efficiency of a
donor-acceptor pair is defined as:

R6
= ®

where r is the distance between donor and acceptor pair and Ro is the characteristic Forster
radius (FRET efficiency of 50%) for the pair. In the practical implementation of FRET where
the donor and acceptor are both fluorescent molecules, the sample is illuminated with an
excitation source matched to the donor’s absorption band. If the FRET pair is in close
proximity, energy transfer will occur between the donor and the acceptor, resulting in the
excitation and subsequent emission of fluorescence from the acceptor fluorophore. The
fluorescence emitted is recorded in both the donor and acceptor channels and the FRET
efficiency (E) can be calculated. Because E depends strongly on the separation between
donor and acceptor, the ratiometric measurement of fluorescence emission from the pair can
be effectively used as a spectroscopic molecular ruler.(50) Typical values of Ro for
fluorescent FRET pairs lie in the 20-100 A range and optimal sensitivity of donor quenching
is achieved at distances where 0.7R, < r< 1.5R(.(52) Experimentally, FRET can be done in
two modalities: through widefield imaging of molecules immobilized on a solid surface or
through point probing of molecules in solution. FRET has been used in a wide range of
applications, even at the single molecule level, and a number of excellent reviews exist on
the theory and applications of this technique.(51,53-56)

Over the past decades, the development of highly sensitive cameras and bright, stable
fluorescent dyes has allowed life scientists to image single molecules (SMs) through
fluorescence microscopy. The ability to visualize and track individual fluorescent molecules
over time permits a more direct characterization of their dynamic behaviour, including
molecular association, molecular transport, conformational changes, and catalytic activities.
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Furthermore, the study of SMs can evidence heterogeneous behaviour, or help identify rare
molecular subpopulations that would otherwise be averaged and masked by ensemble
techniques. The downside of SM experimentation is that in order to get statistically
significant measurements, large data sets are required to construct histograms that yield
discrete values of the experimental observables. Yet, the information obtained through SM
experimentation has proven very valuable and the use of SM techniques has increased
exponentially over the last decade. In fluorescence microscopy, SM experimentation is
performed in two modes: point detection and widefield imaging. In point detection mode, a
laser illumination beam is focused into a diffraction-limited excitation volume, which limits
the background fluorescence from out-of-focus planes and gives a very high signal-to-noise
ratio. As fluorescent molecules are transported through the excitation volume, they emit a
fluorescent signature that is collected and recorded by a highly sensitive detector, such as a
PMT or an APD. This fluorescence signature, in the form of bursts of recorded photons, can
be analyzed through the photon counting histogram (PCH)(57-60) or fluorescence
correlation/crosscorrelation spectroscopy (FCS/FCCS) techniques.(61-67) In this way, the
collection of fluorescence photon bursts allows the study of dynamic molecular behaviour,
such as diffusion, transport, association and conformational changes, with high temporal
resolution ranging from the nanosecond to the second time scale. The strength of point
detection SM experimentation is the high temporal resolution afforded by the detectors
used, with the caveats of having to measure one molecule at a time and that molecular
trajectories can only be followed within the focused excitation volume. On the other hand,
widefield SM techniques use configurations such as those for epifluorescence or TIRF
microscopy to illuminate a sample containing a sparse collection of fluorescent molecules,
and SM images are collected using high sensitivity EMCCD or CMOS cameras. In this
modality, the field of view can cover areas of hundreds to thousands of square microns
where hundreds of molecules can be visualized at a time. This allows the simultaneous
collection of SM data from many individual molecules, reducing the number of experiments
required to obtain the required measurements for statistical significance. The main limitations
of widefield SM techniques are that the molecules can only be followed for a period of time
determined by photobleaching and that the temporal resolution is limited by time it takes the
camera to acquire the image (typically in the millisecond range). In the analysis of widefield
SM images, each molecule within the image is identified and localized through algorithms that
tit the SM emission profile to a theoretical point spread function, such as a two-dimensional
Gaussian or a Bessel function.(68-70) This results in the ability to pinpoint the location of
individual molecules with precisions that are well below the diffraction limit. Experimentally,
the number of photons collected for each molecule and the background determine the
accuracy of localization(71,72) and values as low as one nanometer have been reported in the
literature.(73) Furthermore, the collection of sequential images and their analysis with SM
tracking (SMT) algorithms allows tracking the active or passive transport of individual
molecules in real time. Thus, through widefield SM techniques it is not only possible to
pinpoint the location of individual molecules and their association kinetics, but it is also
possible to reconstruct their molecular trajectories. The simultaneous acquisition of SM images
from two spectrally distinct channels also permits the extension of widefield SM
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experimentation to other techniques, such as SM colocalization and SMFRET. SM fluorescence
techniques have gained widespread acceptance and are being used for the study of numerous
biological systems. The interested reader is referred to the wealth of SM fluorescence reviews
for additional information on the different implementations, applications, and the limitations
for these advanced-microscopy techniques.(74-86)

Another advanced-microscopy technique that is suitable for the study of cellulose structure
and its temporal evolution as a result of physical, chemical or biochemical treatments is
super-resolution fluorescence microscopy (SRFM). The term SRFM has been applied to a
host of techniques which all aim at obtaining sub-diffraction resolution images from
macromolecular assemblies. These assemblies typically contain fluorescently labeled
molecules that can be selectively excited to emit photons, and their emission profile can be
localized within the field of view with high precision in a manner analogous to the SM
localization and tracking approaches described above. SRFM includes methodologies that
take advantage of nonlinear optical effects to condition or reduce the size of the excitation
point spread function (Stimulated Emission-Depletion or STED, Saturated Structured
[Nlumination microscopy, SSIM)(87-91), or that reconstruct super-resolution images from the
emission profiles of individual fluorescent molecules that are selectively (Photo-Activated
Localization Microscopy or PALM, and related techniques)(92,93) or randomly (Stochastic
Optical Reconstruction Microscopy, STORM, blink microscopy or dSTORM)(94-98)
switched to emit fluorescence. While all these approaches obtain similar resolution (< 50
nm), they have different attributes and equipment requirements that make them more or
less amenable to implementation, and a number of reviews exist that compare
them.(88,99,100) For example, photoswitching techniques allow a facile implementation,
without the need for expensive instrumentation, and shift the focus of the SRFM technique
development from hardware to the dyes utilized for imaging. Recently, Tinnefeld and
collaborators have reported the ability to perform SRFM with conventional fluorescent dyes,
provided that suitable imaging wavelength intensities and aqueous medium can be
utilized.(95-97) This imaging medium can be utilized with protein or nucleic acid systems,
and could be well suited for imaging of cellulose-protein interactions.(101) Despite the
difference in operational mechanisms, the principle behind SRFM techniques (Figure 4) is
that in a sample that contains a large number of fluorescent molecules, under appropriate
experimental conditions, only a few of them are conditioned to emit fluorescence at any
given time. The fact that only a sparse collection of molecules is imaged enables their
localization with an accuracy that is only limited by the number of photons collected for
each emitter. Thus, by continuously illuminating the specimen, and imaging sparse
collections of fluorescent molecules in each frame, their position can be determined with
great precision, and a final image of the macromolecular structure can be reconstructed.
Using these SRFM imaging approaches, the structural arrangement of cellulose microfibrils
within a host of substrates could be reconstructed from the aggregated information of
fluorescent cellulose-binding proteins. This information could be obtained in real time and
with a spatial resolution that can reach the fundamental length scale of proteins (5-20 nm)
and elementary cellulose microfibrils (widths of 5-30 nm).
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Figure 4. Principle behind photoswitching SRFEM. A macromolecular structure (a) is labeled with
fluorescent molecules, which are randomly switched between emissive and dark states, causing sparse
collections of the fluorescent molecules to be imaged in each frame (b-c). The molecules can be localized
with high accuracy, and a super-resolution image (d) is reconstructed using the locations of all
molecules imaged. (e-g) Sample SRFM reconstruction images showing sub-diffraction sized fibrils.
Adapted from Reference (101)

3. Experimental implementations of advanced-microscopy techniques

3.1. Elucidation of cellulose structure and biochemical composition

Cellulose, in the form of elementary microfibrils, constitutes the core structural component
of plant cell walls. As such, the fundamental crystalline packing of glucan chains and
microfibril structure determine many of the biological, chemical and physical characteristics
of plant derived cellulosic materials. Despite the abundance of plant biomass and its
importance to plant biology and the food, pulp and paper, textile, bioenergy and green
materials industries, the structure of cellulose in plant cell walls is not known in detail.(102)
This stems primarily from the reduced availability of techniques that can acce