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SUMMARY 

Hydrophobins are small amphipathic proteins: one side shuns water, the other seeks 

it. Unlike common amphipathic molecules (e.g., sodium dodecyl sulfate or SDS used in 

soap), hydrophobins are nearly rigid, thanks to an elaborate disulfide crosslinking network 

that stabilizes their compact globular structure. Hydrophobins have been called nature’s 

Janus particles, and nature makes them by the ton in mushrooms and other forms of fungi. 

A particular hydrophobin in our possession, Cerato-ulmin or CU, stabilizes cylindrical 

microbubbles up simple agitation of its dilute suspension or sausage-like oil blobs in the 

presence of nonpolar solvents. No emulsifier or other polymer is required to trap either air 

or oil, suggesting that CU provides both emulsification and strength. Air or oil can be 

trapped directly without a fluid carrier. They are numerous and remain in suspension long 

enough for facile study. Application of the air pressure over CU aqueous dispersion in a 

prescribed sequence converts cylindrical bubbles to air-filled tori with ~100 m outer 

diameters. Toroid formation is preceded by morphological transitions from cylindrical to 

spherical bubbles. Bending elastic energy and curvature model are used to explain the 

existence of toroidal CU bubbles and their stability. The toroidal bubbles may serve as 

encapsulation and reaction platforms or as delivery vehicles. The amphipathic property 

allows CU to adsorb to the hydrophilic-hydrophobic interface and the adsorption is 

irreversible. The resulting CU films at interfaces are rigid with high interfacial modulus. 

They are about ten times stronger than those formed by traditional surfactant molecules, 

although the CU-adsorbed squalane-water interface is not as rigid as the air-water interface. 

Introduction of a competing agent, such as SDS, both disrupts and displaces a preformed 



 xxii

CU film as well as contributes to a mixed surfactant-protein adsorption layer. In addition, 

differential dynamic microscopy, an alternative to dynamic light scattering, has been 

validated to measure diffusive dynamics of colloidal particles in fluid. It has been further 

extended to study local dynamics of CU bubble debris that is under overpressure or 

explosion in region of interest, as well as particles’ dynamics in the toluene-filled CU 

confined droplet. Potential uses of hydrophobin biofilms include oil spill clean-up, anti-

fouling coatings, personal care products, protection of proteins on sensors, textile coatings, 

and separations. 
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CHAPTER 1. HYDROPHOBINS 

 

1.1 General Background 

Hydrophobins are small proteins secreted by filamentous fungi. A common example 

of such fungi is the bottom mushroom, Agaricus bisporus. In the early 90s, Wessel et al.1 

found the first hydrophobin gene during the development of highly expressed 

Schizophyllum commune.2 About 70 hydrophobins have been found to date. Among all 

hydrophobins, their typical molecular weights are about 8-14 kDa containing around 100 

amino acids.3 Even though hydrophobins have small similarity in the amino acid 

sequences, they all surprisingly share one unifying feature which is the presence of eight 

conserved cysteine residues. Hydrophobins are surface active; indeed, they are among the 

most surface active proteins known. They are globular in shape, containing both 

hydrophilic and hydrophobic patches in the molecular structures. This Janus-like formation 

induces them to be amphiphilic and exhibit strong tendency to self-assemble both in 

solutions and at hydrophilic-hydrophobic interfaces, such as air-water interface and oil-

water interface, where they form amphipathic films. Thanks to these characteristics, 

hydrophobins show the potential to play specific roles in the formation of aerial structures 

and the development of aerial growth. They help the fungi to survive in and adapt to the 

environment. Hydrophobins are also related to different surface phenomena. They enable 

lowering the surface tension, interacting with surfaces and coating the surfaces. These 
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properties give them with great potential for a wide range of applications. A few examples 

are anti-fouling, foams, emulsions, sensors and detectors.4-6 

1.2 Biological Roles 

Hydrophobins are known to play a specific role in a broad range of processes in the 

formation of the aerial structure of fungi and the development of aerial growth (Figure 

1.1).3 Generally the processes involve the following steps. In nature, the hydrophobin 

proteins are released into the surroundings of the growing, submerged hyphae and diffuse 

into the aqueous environment. They are then free to accumulate as monomers or in some 

cases dimers or tetramers. These small units tend to accumulate at the interfaces and form 

an amphiphilic monolayer through self-assembly. Upon self-assembly at the interface, 

hydrophobins orient and attach themselves to the hydrophilic cell wall while the 

hydrophobic sides are exposed to hydrophobic environment. The self-assembled 

monolayer is efficient in lowering the surface tension of water. The hydrophobin SC3, 

expressed from Schizophyllum commune, reduces the water surface tension from 72 mN/m 

to as low as 24 mN/m, as reported by Wösten et al.7 This significant reduction in surface 

tension caused by the presence of amphiphilic film allows the hyphae to escape from the 

aqueous environment, breach the medium-air interface and grow into the air. Apart from 

allowing hyphae to escape from the aqueous environment, hydrophobins play other 

biological roles. They may act as toxins and/or attach fungal structures to the host surface 

in pathogenicity or formation of fruit-body and conidia.3, 8-10 
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Figure 1.1. Model of the biological role of hydrophobins during growth and 
development of filamentous fungi.6 Soluble hydrophobin is secreted at the tip of the 
growing, submerged hypha and diffuses into the aqueous environment (A). The water 
surface tension is lowered due to the assembly of hydrophobins into an amphipathic 
membrane at the medium-air interface (B), allowing the hypha to breach the medium-
air interface and grow into the air. The hydrophobin protein molecules secreted by 
emerging aerial hyphae cannot diffuse into the environment and assemble at the cell 
wall-air interface (C). Aerial cavities in fruiting bodies are lined with an assembled 
hydrophobin layer preventing water from filling these cavities (D). Hydrophobins 
also play a role in the dispersal of spores by coating them with an amphipathic 
hydrophobin layer (E). Via assembly at the interface between the cell wall and a 
hydrophobic surface, hydrophobins mediate attachment to the surface, for example, 
during infection of host tissue (F). (Adapted from reference 6) 

 

 

 

1.3 Structures of Hydrophobins 

The sequences and structures in molecular level have been elucidated and unlocked 

by extensive research in the past decades. The primary length of hydrophobin sequences 
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varies from 75 to 125 amino acids. Hydrophobins have shown a very low level of similarity 

between the amino acid sequences, but one important characteristic feature they all share 

is eight conserved cysteine residues.11 Figure 1.3 shows the chemical structure of cysteine 

amino acid. These eight conserved cysteine residues all occur in a specific order. The 

second and third cysteine residues follow each other immediately in sequence and create a 

pair. The sixth and seventh also pair adjacently in the primary structure of hydrophobins.12 

Eight cysteine residues form intramolecular disulfide bridges that is in their secondary 

structures.  

 

 

 

Figure 1.2. Chemical structure of cysteine amino acid. 

 

 

Hydrophobins are categorized into two classes, Class I and Class II, depending on 

the hydropathy patterns of the amino acid sequences.13 The classification appears to be 

consistent with some properties of hydrophobins, such as the solubility of their self-

assemblies. Figure 1.3 shows examples of Class I and Class II hydrophobins, having the 
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same order of eight cysteine residues and the formation of four intramolecular disulfide 

bridges. Class I hydrophobins such as SC3 from Schizophyllum commune form insoluble 

aggregates, which can only be dissolved in strong acids such as trifluoroacetic acid or 

formic acid.14 In contrast, the assemblies of Class II hydrophobin can be readily dissociated 

by agents such as ethanol or sodium dodecyl sulfate (SDS). Russo et al. characterized the 

stability of assembled Cerato-ulmin (CU) and found CU to be dissolved in 70% ethanol 

and in 2% SDS. CU is also known to dissociate through the application of pressure or 

lowering of temperature.15 Table 1.1 lists the hydrophobins mentioned in this chapter.  

 

 

 

Figure 1.3. Examples of amino acid sequences and disulfide bridges of Class I and 
Class II hydrophobins.11 
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Table 1.1. Lists of Class I and II hydrophobins mentioned in this chapter. 

Gene names Organism Hydrophobin Classes 

CU Ophiostoma ulmi II 

HFBI Trichoderma reesei II 

HFB II Trichoderma reesei II 

SC3 Schizophyllum commune I 

EAS Neurospora crassa I 

DewA Aspergillus nidulans I 

MPG1 Magnaporthe grisea I 

RodA Aspergillus fumigatus I 

Vmh2 Pleurotus ostreatus I 

ABH1 Agaricus bisporus I 

HGF1 Grifola frondosa I 

CFT1 Clayulinopsis fusifomis I 
 

 

It is important to know the three-dimensional structures of hydrophobins in order 

to better understand their functions. Some important breakthroughs have been made in the 

past decades. Hakanpää et al.16 have successfully crystalized a Class II hydrophobin, HFB 

II from Trichoderma reesei, and determined its three-dimensional structure at 1.0 Å 

resolution.17 HFB II has a compact single domain structure with the approximate 

dimensions of 24×27×30 Å. The structure contains one stretched α-helix and four 

antiparallel β-sheets (S1, S2, S3, and S4) as shown in Figure 1.4A. S1 and S2 β-sheets form 
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one β-hairpin linked to the α-helix (blue, Figure 1.4A) that is linked to the second β-hairpin 

(S3 and S4). The four intramolecular disulfide bridges are colored in yellow in Figure 1.4A.  

The most notable and unique feature of the HFBII structure is that instead of having 

hydrophobic residues buried in the core of the protein, about half of all hydrophobic residue 

in the protein are exposed at the protein surface. This remarkable structure is probably 

stabilized by the disulfide network mentioned above. This part of the surface consists of 

hydrophobic aliphatic side chains forming a flat area and it is called the hydrophobic patch 

shown in Figure 1.4B (green).18 The rest of HFBII surface is mainly hydrophilic and thus 

the protein surface is segregated into a hydrophilic and hydrophobic part. This amphiphilic 

structure has led some writers to describe hydrophobin as Janus particles.18  

 

 

 

Figure 1.4. Three-dimensional structure of HFBII showing -barrel and four 
disulfide bridges in yellow (A). The hydrophobic patch is shown in green, the 
hydrophilic surface is in grey. N- and C- terminal are colored in blue and red (B). 
Adapted from references17-18. 
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Hydrophobins are normally compared by aligning the amino acid sequences. The 

amino acid residues that form the hydrophobic patch in HFBII comprises residues Val-18, 

Leu-19, Leu-21, Ile-22 and Val-24 of the first beta hairpin loop, Ala-55, Val-57, Ala-61, 

Leu-62 and Leu-63 of the second beta hairpin loop and Leu-7.12 When comparing the 

sequence of HFBII to other class II hydrophobins, the residues forming the hydrophobic 

patch are conserved, that is similar residues are found in the corresponding positions in the 

other sequences.18 This suggests they all share a similar amphiphilic protein surface.  

A well-studied of the structure of Class I hydrophobin is EAS protein from 

Neurospora crassa. Its structure has been studied by nuclear magnetic resonance (NMR) 

spectroscopy, reported by Kwan et al.19 The authors found EAS structure comprises a four-

stranded -barrel with an additional two-stranded antiparallel -sheet as shown in Figure 

1.5A (blue). Two of the four intramolecular disulfide bridges (yellow, Figure 1.5A) exist 

in the center of the fold, whereas the other two connect the outside of the barrel fold to the 

additional -sheet and a loop. In comparison with the structure of the Class II hydrophobin 

HFBII, both EAS and HFBII have a similar core fold despite the very low level of similarity 

in amino acid sequence.19 In addition, the Class I hydrophobin EAS has two large 

disordered loops (indicated by arrows in Figure 1.5A) which are not seen in Class II HFBII 

structure. The additional antiparallel -sheet from outside of the center core in EAS is 

replaced with an α-helix in HFBII. The superposition of structures of HFBII and EAS is 

shown in Figure 1.5B.18-19  
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Figure 1.5. Ribbon structure of EAS (A) and a structure overlay of EAS (blue) and 
HFBII (yellow). 18-19 

 

 

The 3D structures of the soluble state of some other Class I and Class II 

hydrophobins have been explored too. These include SC3 (Schizophyllum commune),20 

DewA (Aspergillus nidulans),21 MPG1 (Magnaporthe grisea),22 RodA (Aspergillus 

fumigatus),23 HFB I (Trichoderma reesei),24 and NC2 (Neurospora crassa).25 In general, 

both Class I and Class II hydrophobins have a four-stranded β-barrel core and one 

additional structure, either α-helix or β-sheet (Figure 1.6). The small differences in 

structures between Class I and Class II hydrophobins may affect their functions or even the 

way individual hydrophobin molecules pack together. 
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Figure 1.6. Examples of the 3D structures of Class I (A, B) and Class II (C) 
hydrophobins.6 Both hydrophobin types contain a four-stranded β-barrel core (A-C, 
in green) and either an α-helical (B, C) or a β-sheet structure in loop 2 (L2). Loops 1 
and 3 are larger in Class I hydrophobins than in Class II hydrophobins.  

 

 

1.4 Self-assembly of Hydrophobins 

1.4.1 In Water 

Due to the amphiphilic structure having the hydrophilic and hydrophobic patch on 

the protein surface, hydrophobins are surface active and self-assemble in aqueous solution. 

Torkkeli et al. used small-angle X-ray scattering (SAXS) to study the solution state of both 

Class II hydrophobins HFBI and HFBII.26 They found HFBI and HFBII have the same 

radius of gyration of 2.4 nm in monomeric form. The SAXS data also indicated the 

maximum dimension of assemblies, which is 6.5 nm. This could be corresponding to the 

size of a tetramer. Kisko et al. and others continued to study the association of HFBI and 

HFBII in aqueous solution.17, 27-28 They showed the tetramers of HFBII dissociate more 

easily than those of HFBI by changing the value of pH from 3 to 9 and by changing the 
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temperature in the range of 5 – 60 °C. Adding ethanol to the solution can break tetramers 

into monomers. In the presence of surfactants, such as cetyltrimethylammonium bromide 

(CTAB) or sodium dodecyl sulfate (SDS), the HFBII binds to the outside surface of 

surfactant micelles to form complexes.29 The Class I hydrophobin SC3 was found to exist 

as a dimer mainly, accompanied with a small amount of monomer and tetramer in 

solution.30 Mackay et al. reported another Class I hydrophobin, EAS, which has been 

proposed to occur as monomers.31 Monomers, dimers and tetramers are normally formed 

in aqueous solution through associations of the hydrophobins (Figure 1.7). Other examples 

are Vmh2 from Pleurotus ostreatus,32 DewA from Aspergillus nidulans,21 ABH1 from 

Agaricus bisporus33 and recombinant hydrophobins H*Protein B produced by BASF.34 

 

 

 

Figure 1.7. Cartoon representations of monomers, dimers, and tetramers of 
hydrophobins in aqueous solution. 
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In addition to monomer, dimer and tetramers, large aggregates formed by some 

hydrophobins are also observed in solution. Takai et al. reported “Rods” and “fibrils” are 

easily formed under gentle shaking or applying shear force upon mixing.35 And the Cerato-

ulmin solution from Ceratocystis ulmi appears to be milky. HFBII forms similar needle-

like structures.26 The assembly mechanism inducing formation of large aggregates 

structures is not known.  

1.4.2 At Interfaces  

Hydrophobins not only self-assemble to form multimers in aqueous solution, but 

also form self-assembled monolayer at the hydrophilic-hydrophobic interfaces. The most 

commonly described structures are observed at the air-water interfaces. The self-assembled 

structures exhibit distinct features for Class I and Class II hydrophobins. Early studies by 

Wösten et al.36 showed the SC3 hydrophobins spontaneously assemble into a membrane 

on a hydrophilic surface. The dried surface was characterized under electron microscopy 

and was found to consist of nanometer-sized rods with diameter of 10 nm and length of 

hundreds of nanometers.10 These rods packed together in a mosaic pattern, as shown in 

Figure 1.8. The similar pattern was also observed from another Class I hydrophobin, EAS, 

as reported by Mackay et al.31 The form of rodlet layer is also very similar to that of the 

wild-type spore surface.37 Gebbink et al.38 described these rodlets have to do with amyloid 

fibrils due to the same spectroscopy change when hydrophobins bond to the dyes 

Thioflavin T and Congo Red.39 The formation of amyloid fibrils is only limited to Class I 

hydrophobin.40  

 



 13

 

 

Figure 1.8. An example of rodlet layer of Class I hydrophobin SC3 observed under 
atomic force microscopy (AFM).12 

 

 

Unlike the rodlet layer seen from Class I hydrophobins, Class II hydrophobins have 

not been observed to form rodlets. Instead, they exhibit highly organized surface layers at 

the air-water interface. Mica substrates were covered by Langmuir-Blodgett films of  the 

hydrophobin HFBI.41 The films showed highly ordered two-dimensional crystalline 

structures (Figure 1.9). The crystalline domain had a regular arrangement of holes. 
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Figure 1.9. An atomic force image of Class II hydrophobin HFBI Langmuir-Blodgett 
films on mica.41  

 

 

Adsorption and self-assembly of hydrophobins at the water-air, water-oil, and 

solid-air interfaces are attributed to their amphiphilic feature. Conformational changes are 

involved. The secondary structure undergoes conformation change during self-assembly 

(Figure 1.10).6 Self-assembly of SC3 is accompanied by a conformational change from an 

α-helical structure to an intermediate β-sheet I state and eventually to a β-sheet II end 

state.42 These rodlets resist detergent, ethanol and pressure.36 In contrast, Class II 

hydrophobins do not form bundles of rodlets at interfaces. They assemble at the water-air 

interface with a conformation similar to that in their soluble state. The monolayer formed 

by Class II thus can be dissociated readily by pressure or detergent.11, 41  
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Figure 1.10. Conformational changes of Class I and Class II hydrophobins through 
self-assembly (adapted from reference 6). 

 

 

When hydrophobins bind to a solid surface, they can switch its hydrophobicity. A 

glass surface coated with hydrophobin turns hydrophobic with a 110° water contact angle 

(WCA),11, 36 which is similar to that observed on poly(tetrafluoroethylene), PTFE, surfaces. 

When a PTFE surface is coated with hydrophobin, its water contact angle drops to between 

22° and 63°.11 Binding to polar surface causes significant change in the water contact 

angle.43 The highest contact angles were obtained on cationic surfaces where the 
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hydrophobin HFBI, HFBII, and HFBIII have average WCA of 62 - 69° in the range of pH 

8 - 9. These profound alterations in water contact angle are driven by surface activity. 

1.4.3 Surface Activity of Hydrophobins 

Hydrophobins are among the most surface-active protein known.12 As already 

mentioned, one important role of hydrophobins is lowering the surface tension of water 

during the development of aerial growth. In general, proteins the reduce surface tension of 

water because they have both hydrophilic and hydrophobic residues. The degree of surface 

tension reduction depends on the types of hydrophobins and their concentrations. As 

described on Page 2, the Class I hydrophobin SC3 can lower the surface tension from 72 

mN/m to 24 - 34 mN/m.7 The difference in final surface tension is due to the variant 

conditions, such as liquid composition, concentrations or temperature. CFT1 of 

Clavulinopsis fusiformis has a surface tension of 33.5 mN/m at 0.1 mg/mL.44 HFBII can 

reduce the surface tension of water to 28 mN/m at a concentration of 0.02 mg/mL.45 Russo 

et al. reported Class II hydrophobin Cerato-ulmin shows surface activity at concentrations 

as low as 30 ng/mL.15, 46 Traditional small molecular weight surfactants are able to lower 

the surface tension within seconds, while it takes minutes or hours for hydrophobins. This 

is because of the conformational change during self-assembly at the interfaces.3 Another 

interesting observation is their ability to form and stabilize air bubbles15, 47 or foams48 

because of surface-active property. Some other examples are air vesicles produced by 

shaking a solution of SC3 hydrophobin36 and non-spherical bubble stabilized by HFBI and 

HFBII hydrophobins.49 

1.5 Applications 



 17

Due to the intriguing properties of hydrophobins, they have shown a wide range of 

applications, which have been comprehensively reviewed.4-6, 12, 18, 50-52 

1.5.1 Dispersants  

A commercial hydrophobin H*Protein B was used to encapsulate quantum dots and 

was able to phase transfer quantum dots from organic solvent to water.53 Further taking 

advantage of using a biological molecule with available functional groups, the authors 

explored their use in imaging application, such as imaging cancer cell in vivo. Rosu et al. 

showed Cerato-ulmin dispersion facilitated improved alignment and organization of the 

semi-conductive polymer poly(3-hexylthiophene) (P3HT) chains into highly ordered 

crystalline structures in an aqueous suspension process.54 The authors claimed this opens 

the door to latex-like processing of semiconducting polymers into crystalline, high-

performance thin films for device applications. Other examples of hydrophobins as 

dispersants include hydrophobin-stabilized dispersion of partially crystalline 

poly(vinylidene fluoride) (PVDF) nanoparticles in water,55 and improvement of the 

incorporation of insoluble flavor compounds in beverages.56 Single-walled carbon 

nanotubes coated by the Class I hydrophobin EAS results in a stable dispersion in aqueous 

solutions.57 The Class I hydrophobin HGFI from Grifola frondosa was used to disperse 

multi-walled carbon nanotube (MWCNTs) in water. Wang et al. claimed that the HGFI-

coated MWCNTs can work as linkers to immobilize target proteins.58 

1.5.2 Binding and Immobilization  

Researchers reported Vmh2 from Pleurotus ostreatus is able to bind molecules like 

glucose, thus offering the possibility of using Vmh2 as a surface functionalization tool in 
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bio-hybrid devices.59-60 Vmh2 and HFBI hydrophobins are also found to immobilize 

graphene oxide.61-62 63 HFBI can interact with a graphite surface in water too.64 Binding 

with hydrophobin-polymer conjugated can also been achieved by Kostiainen et al.65 

Gazzera et al. used HFBII hydrophobin to improve the efficiency of binding of a 

phosphate-terminated perfluoropolyether onto polystyrene, polypropylene and low-density 

polyethylene surfaces.66 Varjonen et al.67 and others68 demonstrated the interaction 

between a genetically engineered HFBI and cellulose nanofibrils enhanced self-assembly 

of nanocellulose at the air/water interface and formation of thin layers of tightly packed 

fibrils. 

1.5.3 Coatings  

Highly oriented pyrolytic graphite (HOPG) electrodes coated with HFBI were 

tested electrochemically.69-70 A matrix-assisted laser desorption/ionization (MALDI) steel 

sample-loading plate was coated with Vmh2 and this allowed for a simple and effective 

desalting method suitable for development of lab-on-plate platforms focused on proteomic 

applications.71 Mixture of caseins and hydrophobins have been deposited on cotton fabrics. 

The surface treatments have enhanced the flame retardancy of the fabrics.72 

1.5.4 Foams and Emulsions 

Emulsions made from hybrid capsules containing hydrophobin and hydroxyapatite 

mineral are stable in an aqueous environment.73-74 The hybrid capsules can serve as 

microreactors. Foam stability were of interest in the presence of HFBII hydrophobin48 and 

another surface-active agent such as -casein75 or milk proteins.76 Hydrophobins could 

even affect the mouthfeel of ice cream by reducing the amount fat in ice cream48 and 
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become useful for design capability of ice cream.77 Hydrophobins also play roles during 

beer gushing in the brewing industry.78-79 The explosion of hydrophobin-coated CO2 

nanobubbles provokes the gushing effect of a beverage when opening a bottle.80 

Hydrophobins as novel functional ingredients in terms of formation and stability of food 

foams and aerated emulsions has been reviewed.50  

1.5.5 Drug Release 

Hydrophobic drug molecules can be dispersed by hydrophobins to improve their 

bioavailability. For example, water-insoluble drug particles coated with the Class II 

hydrophobin HFB II are stable for at least 5 hours in suspension, and they could be stored 

for longer periods after freeze-drying.81-82 Other examples are use of hydrophobins in 

formation of water-insoluble drugs for oral administrations,83 and delivery of hydrophobin-

functionalized porous silicon nanoparticles by altering the hydrophobicity of the 

particles.84 

 

1.6 Cerato-ulmin 

Cerato-ulmin was first identified and discovered by Takai and Richards in 1973 long 

before the term hydrophobin was coined.85 It has been extensively characterized by 

Richards and Takai et al. due to its phytotoxicity.35, 85-91 It is believed that Cerato-ulmin is 

a wilting toxin of Dutch elm disease.88-89 Takai and Richards were able to isolate the 

Cerato-ulmin using the bubbling technique, which blows the gas through the culture 

filtrate. Cerato-ulmin has unusual characteristics. Microstructures were observed in the 
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liquid shake cultures where single “units” assemble into “rods”, “fibrils” and even 

“membrane”. Takai first described how Cerato-ulmin is associated with the Dutch elm 

disease and proposed it as the causal agent to produce the symptoms of the disease when 

the pure protein is introduced to elm seedlings.35 Researchers made little progress in 

characterizing Cerato-ulmin until 1979. Takai and Richards86 developed isolation 

techniques and were able to partially purify Cerato-ulmin. The partial structures of Cerato-

ulmin were characterized.87 It was reported (wrongly) that Cerato-ulmin is a small protein 

having 128 amino acids with a molecular weight of 13000 g/mol. A part of the amino acid 

sequences was determined by that time. Russo et al. studied the surface activity and 

solubility of Cerato-ulmin. They described that Cerato-ulmin can lower the surface tension 

at concentrations as low as 30 ng/mL and assemblies of Cerato-ulmin can be dissociated 

with 70% ethanol or by pressuring or cooling.15, 46 The mechanism by which Cerato-ulmin 

causes the Dutch elm disease is still not fully understood but evidence was shown Cerato-

ulmin plays an important role.88-90  

More recent studies have improved our understanding of molecular structure of 

Cerato-ulmin. The complete amino acid sequence of Cerato-ulmin was determined, 

showing it has 8 cysteine and 75 residues overall compared to the 128 reported earlier.91 

The molecular weight calculated from amino acid sequences is 7618.7 g/mol compared to 

13,000 g/mol estimated earlier, which is consistent with our mass spectroscopy result. The 

infrared and Raman data indicated the secondary structure and all eight cysteine residues 

formed disulfide bonds.91 These are very important to understand the structure-function 

relationship of Cerato-ulmin. Temple et al. studied the biological roles of Cerato-ulmin 

hydrophobin.92-93 Cerato-ulmin is not as easy to obtain as HFB II, and it has not caught a 
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lot of attentions from materials science stand point of view although it is heavily studied in 

the phytopathology field.35, 86-90, 92, 94 Recently Rosu et al.54 took advantage of the dispersal 

capability to align and organize semiconductor polymer such as poly(3-hexylthiophene). 

They found the sensor device has a better performance on transporting the electrons and 

charges.  
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CHAPTER 2. STABILITY OF HYDROPHOBIN CERATO-ULMIN 

AIR-ENCAPSULATE BUBBLES OR OIL-ENCAPSULATED 

DROPLETS 

 

2.1 Introduction 

Surfactants play significant roles in forming and stabilizing foams, emulsions and 

bubbles.95-97 They can be used as foaming agents, emulsifiers and stabilizers. As natural 

surfactant-like proteins, hydrophobins have shown the ability to stabilize foams and 

bubbles for a long period of time. Cox et al.49 studied the surface properties of Class II 

hydrophobin HFB I and HFB II and found these proteins have a significant impact on the 

stability of air bubbles as well as the process of coalescence and disproportionation (bubble 

shrinkage). The protein-coated air bubbles were stable for more than 1 hour, but other 

protein-coated bubbles such as β-casein or sodium dodecyl sulfate (SDS) are very unstable 

to disproportionation. The bubbles tend to shrink and disappear eventually after a few 

minutes. Even more remarkably, Basheva et al.47 used a specific cell to show that blown 

bubbles formed in HFB II hydrophobin solutions preserved the non-spherical shape in 

micrometer size. Wrinkles with periodic undulations were seen on the bubble surfaces 

indicating mechanical strength not common to other protein-stabilized bubbles. Cox and 

coworkers further studied the foam stability of aerated solutions containing HFB II 

hydrophobin.48 HFB II has been found to form remarkably stable foams under different pH 
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conditions at a concentration of 0.1 wt%. Moreover, the foams stabilized by HFB II were 

very stable over a period of at least 4 months. No such studies have been performed on 

Cerato-ulmin hydrophobin, although CU efficiently forms foams and bubbles in the 

process of purification. The observations of microstructures like rods, fibrils and 

membranes demonstrate that Cerato-ulmin has good stabilizing ability. Therefore, it is 

intriguing to study and understand the behavior of Cerato-ulmin as a stabilizing agent.  

Cerato-ulmin (CU) is known to produce an especially wide variety of unusual 

structures in aqueous solution. It has been proposed that they are air bubbles which are not 

nominally spherical but in cylindrical shape. Not only can Cerato-ulmin form air bubbles, 

it is also capable of entrapping various gases into unique shapes. In the case of presence of 

immiscible liquids in CU aqueous solution, CU is able to encapsulate them into cylindrical 

bags or drops. CU’s ability to stabilize gas bubbles and oil drops are of interest under 

different conditions.  

The objective of this chapter is to investigate the ability of CU to entrap air in 

aqueous solution as well as to entrap immiscible oil in aqueous solution. Then different 

conditions, for example, vacuum, heat, and solvent variations have been used to manipulate 

the CU-stabilized structures while observing their remarkable stability.  

 

2.2 Materials and Methods 

2.2.1 Reagents and Chemicals 
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A commercial hydrophobin H*Protein B from BASF was used as a study model. 

The early-stage of the study was to characterize the commercial hydrophobin. H*Protein 

B hydrophobin is in the appearance of brownish granulates. The amount of the active 

content is not known.  

Cerato-ulmin was a gift from Wayne Richards of the Canadian Forest Service. It 

was produced by an aggressive strain of C. ulmi (RDT2) and purified by the methods of 

Takai and Richards86 and Stevenson et al.87 The purified sample was stored in a sealed vial 

and placed in a jar filled with Drierite® (CaSO4) at ambient temperature and pressure. The 

water used to prepare CU aqueous stock solutions was supplied by a Barnstead Nanopure® 

purification system. The stock solution of CU was prepared at a concentration of 0.02 

mg/mL.  

 

2.2.2 Isolation and Purification of Hydrophobin H*Protein B 

As the active content in hydrophobin H*Protein B is unknown, the purification is 

needed. The general procedure is shown in Figure 2.1 according to other research papers.36, 

98 In brief, the brownish H*Protein B granulates were dissolved in deionized water at the 

desired concentration. The suspension was mixed and the H*Protein B granulates started 

swelling after a few minutes. The suspension was stirred with a stirring rod for a few hours 

(except that sometimes overnight stirring was needed) to ensure the protein fully dissolved. 

Insoluble impurities were seen and remained in the suspension. After removing the 

insoluble impurities by centrifugation (step 1 in Figure 2.1), supernatant was distributed 

into two vials (labeled as A and B in Figure 2.1). One portion of supernatant was freeze-
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dried and then treated with/without trifluoroacetic acid or TFA (step 2, labeled as C and 

D). TFA was removed from the supernatant C with a stream of nitrogen and 60% v/v 

ethanol was added to the residue (step 3). Supernatant C1 was collected by centrifugation 

one time and freeze-dried. Sample A, C1, C2, and D were kept for later characterization.  

 

 

Figure 2.1. Purification procedure of commercial hydrophobin H*Protein B (step 1: 
centrifuge; step 2: TFA treatment; and, step 3: ethanol treatment).  

 

 

2.2.3 Sodium Dodecyl Sulfate-Polyacrylamide Gel Electrophoresis (SDS-PAGE) 

The SDS-PAGE was performed in Professor Vince J. Licata’s laboratory at 

Louisiana State University. The general procedure was followed by the one provided by 

Thermo Scientific. In brief, electrophoresis was performed to identify hydrophobin 

H*Protein B present in both raw materials as received and our isolation product. A 12% 

separating protein polyacrylamide gel was prepared in 0.375 M Tris at pH 8.8 and a 4% 
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stacking protein polyacrylamide gel was prepared in 0.125 M Tris at pH 6.8. The run 

voltage was set at 175 V and running time was 45 minutes. 1 mg/mL of hydrophobin 

H*Protein B solutions were dissolved in sample buffer (a mixture of 0.5M Tris-HCL, 

Glycerol, 10% w/v sodium dodecyl sulfate, β-mercaptoethanol and 0.05% w/v 

bromophenol blue) and then were loaded into the wells to determine purity and to 

approximate molecular mass. Polypeptide bands were visualized by staining with Silver 

Stain Plus (Bio-Rad). 

2.2.4 Matrix-Assisted Laser Desorption/Ionization-Time of Flight Mass Spectrometry 

(MALDI-ToF MS) 

MALDI-ToF mass spectrometer was used to determine the mass and identity of 

hydrophobin H*Protein B and Cerato-ulmin (CU). The matrix used was 2,5-

dihydroxybenzoic acid (DHB) dissolved in 0.1% TFA. A total of 1 µL of the hydrophobin 

sample (1-2 mg/mL for H*Protein B and 0.2 mg/mL for CU) was spotted on a MALDI 

target and mixed with DHB (1 µL of 10 mg/mL).  

2.2.5 Circular Dichroism Spectroscopy (CD) 

CD spectroscopy was performed to identify secondary structure organizations of 

hydrophobin H*Protein B and CU. The effects of alcohol, temperature and pH were 

investigated. CD spectra were obtained for wavelength of 185-250 nm using a quartz 

cuvette with 0.1 cm path length and the Jasco J-185 spectropolarimeter in continuous 

scanning mode. Acquisition parameters included a scanning speed of 50 nm/min, 1 nm 

bandwidth, and 0.5 nm or 1 nm data pitch. Data sets were averaged over three scans and 

preceding solvent blank were subtracted.  
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2.2.6 UV-Vis 

UV-Vis spectra were collected with Agilent 8510 UV-Vis spectrometer with a 

cuvette path length of 1 mm. 

2.2.7 Contact Angle Goniometry 

Contact angle measurements were conducted to monitor the surface modification 

behavior of assembled hydrophobin. The sessile drop technique was employed using a 

Rame-Hart goniometer coupled with DROP-image data analysis software. The static 

contact angle formed by drops of deionized water was measured on each surface 

immediately after deposition.  

2.2.8 Optical Microscopy 

The optical images were observed with a Leica DMR optical microscope equipped 

with a Canon EOS6D digital camera (1920×1080 pixels) or a high speed scientific 

pco.edge sCMOS camera (1920×1080 pixels). Various objective lenses (10×, 20×, 40×, 

and 50×) were used for different purposes. A Linkam PE120 Peltier heating stage (-25 °C 

to 120 °C) was used for temperature control. The experimental set up consists of a 

rectangular glass tubing (Vitrocom, Inc.), a syringe pump (Harvard Apparatus) and a 

standard optical microscope (Leica DM2500P) with a digital camera (Canon EOS6D). A 

volume of CU solution (10 µL to 200 µL) were transferred to a modified VitroCom 

rectangular cell with 1 mm thickness and 1 cm width. Tygon tubing was used to connect 

the glass vial, syringe pump and differential pressure meter (Extech, model 407910). 

Microscopy images were taken using bright-field illumination.  
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2.2.9 Atomic Force Microscopy 

CU solution (a concentration of 0.02 mg/mL) was agitated by hand shaking to 

generate air bubbles. An aliquot of CU air bubble solution was drop-cast onto silicon 

wafers that have been cleaned with isopropanol and air-dried. The protein solutions are 

allowed to dry the bubbles on the substrate for imaging. AFM probe MPP-11100-10 was 

selected (cantilever length, 125 m; nominal force constant, 40 N/M, and resonance 

frequency, 300 kHz). Height, phase, and amplitude images were collected simultaneously. 

The image size ranged from 4 × 4 m2 to 50 × 50 m2, while the resolution was held 

constant at 512 × 512 data points. 

2.2.10 Simultaneous Multi-Angle Multi-Correlator Dynamic Light Scattering 

The instrument was originally home-built by former group alumnus Dr. Grigor 

Bantchev.99 In general, HeNe red laser (632.8 nm) was used for the set-up. Single-mode 

fiber optic detectors were housed in the sample holder and separated by every 15°. The 

scattering angle ranges from 15° to 175°. The number of angles that can be measured 

simultaneously is limited to 8 by the correlator and software. The scattering signals were 

detected by PMT devices. The detected signals were fed in and analyzed with a multi-tau 

Correlator.com Flex01/08Ch. The device’s channels are arranged in a series of blocks. In 

the first block of 16 channels, each channel is separated by 200 ns. In the next block of 8 

channels, the interchannel time doubles to 400 ns. In subsequent blocks, the sample time 

again doubles. The software was written in LABVIEW 7.0 by Dr. Grigor Bantchev for 

collecting data. The software is capable of providing the intensity trace, the correlation 

curves for all angles and cumulant data analysis.  
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For the present work, the fiber optics aligning system has been modified and 

updated to improve instrument performance. New optical fiber positioners have been 

designed and built, which are similar to those used in Wyatt Dawn EOS model for DLS 

detection. The PMT detectors were also upgraded to Excelitas single photon counting 

modules. The newest simultaneous 8-angle 8-correlator DLS was further combined with 

Wyatt Dawn EOS 8-angle static light scattering. Taking advantage of Wyatt Dawn EOS 

sample holder, one can measure both DLS and SLS simultaneously with batch mode. This 

is one of the first instruments of its kind.  

 

2.3 Results and Discussion 

2.3.1 H*Protein B Isolation and Characterization 

SDS-PAGE and MALDI-ToF MS analysis were used to determine the identity of 

the isolated H*Protein B hydrophobin. Figure 2.2A shows SDS-PAGE of raw H*Protein 

B hydrophobin suspension. The column 1 and 2 is lysozyme as a reference. The column 3 

is the marker from broad molecular weight standards. The rest of the columns in Figure 

2.2A represent raw H*Protein B hydrophobin suspension filtered with 0.45 µm PVDF 

membrane and without further purification. In silver stained gels, two heavy bands are 

observed for the first two columns and several heavy bands are also seen for column 3. The 

lysozyme bands are horizontally aligned with the one from the molecular weight maker, 

which represented the lysozyme with molecular weight of 14 kDa. The raw H*Protein B 

shows much fainter bands at an apparent molecular mass of 40 kDa from column 4 to 8. 

Heavier bands are seen and remain at the loading wells. This indicates the raw H*Protein 
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B may contain different states of aggregation of the protein in the suspension. Even the 

bands near 40 kDa can be possibly attributed to aggregates, such as dimers or tetramers. 

Such aggregation appears to be characteristic of hydrophobin proteins and has been 

reported previously.30 Very similar SDS-PAGE results were obtained from H*Protein B 

treated with TFA. In Figure 2.2B, column C1 represents TFA-treated H*Protein B and 

column D is non-TFA treated. There is no significant difference in SDS-PAGE bands. 

Overall, fainter bands for all four columns are observed near 40 kDa, which is consistent 

with previous results. TFA is believed to dissociate the oligomers of hydrophobin. Non-

TFA treated bands (column A and D) show residues from the top of wells to the end band. 

TFA-treated H*Protein B (column C1 and C2) bands are not obvious. This could be due to 

loss in protein during centrifugation.  

 

 

 

A 

 

B 

Figure 2.2. SDS-PAGE results. Column 1-2 is lysozyme, 3 is the marker, and column 
4-8 are 1 mg/mL H*Protein B filtered with 0.45 µm PVDF membrane and without 
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further purification. Column A, C1, C2 and D are purified H*Protein B samples 
following the procedure shown in Figure 2.1.  

 

 

MALDI-ToF analysis (Figure 2.3) further confirms the impurity of H*Protein B 

hydrophobin. Two large peaks are observed at 6436 Da, 9320 Da, and a minor peak is 

visible at approximately 18931 Da which could be attributed to other components in the 

protein or dimer or trimer aggregates. After filtering and freeze drying, H*Protein B protein 

appears to be white and fluffy. The MALDI-ToF signal is much smoother after freeze 

drying. Several small peaks near 8729 Da become broad and merge together. To figure out 

the amount of active content and further purify the H*Protein B protein, more sophisticated 

characterization such as using HPLC is required. This is out of scope of the thesis. 

Nevertheless, MALDI-ToF of CU in Figure 2.4 shows a large peak at 7623 Da without 

residual peaks, indicating the raw white CU powders are pure and do not contain 

impurities. Further purification is not needed for CU and the protein is used as received. 

The complete amino acid sequence of Cerato-ulmin was reported to have 8 cysteine and 

75 residues.91 The molecular weight calculated from amino acid sequences is 7618.7 g/mol, 

which is consistent with MALDI-ToF molar mass analysis.  
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Figure 2.3. MALDI spectrum obtained from H*Protein B w/o filtering and freeze-
dry treatment.  
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Figure 2.4. MALDI spectrum of CU showing a single broad peak. 

 

 

Circular dichroism was performed to identify secondary structural changes that 

occur in the bulk hydrophobin H*Protein B solution. Bovine serum albumin or BSA was 

first measured to test the instrument, as shown in Figure 2.5A. BSA samples were raw 

proteins, and either treated with TFA or not. CD spectra of BSA protein solution show 

characteristic peaks in the far infrared wavelength. The peaks at 205 nm and 225 nm 

indicate the BSA remained in a predominantly α-helical conformation in the bulk solution. 

In Figure 2.5B, similar CD spectra were obtained from H*Protein B hydrophobin solution, 
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suggesting H*Protein B is rich in α-helix. Introducing TFA to H*Protein B solution is 

believed to dissociate aggregates or self-assemblies. TFA treatment seems not to have an 

effect on secondary structure of hydrophobin H*Protein B in bulk solution. It is reported 

that for other hydrophobin such as SC3, no secondary structural changes result from TFA 

treatment too.42 Adding alcohol improves the solubility of hydrophobins. The CD spectra 

of H*Protein B dissolved in 60% v/v ethanol is shown (Figure 2.6A). Again, two 

characteristic peaks for α-helix structure were observed, indicating no significant 

secondary structural changes occur in the H*Protein B bulk solution by the effect of 

alcohol. Heating the H*Protein B bulk solution during CD measurements can cause 

secondary structural changes. Figure 2.6B depicts CD spectra changes under heat 

treatment. By increasing the solution temperature (indicated by red arrow), the peak at 223 

nm gradually disappears and merges with the peak at 205 nm to become a single broad 

band. It means α-helix is the dominant structure for H*Protein B at low temperature 

(between 20 °C and 50 °C). Then the secondary structure turns into β-sheets conformation 

at high temperature, characterized by the broad peak at 205 nm. Potassium phosphate 

buffer solutions made at different pH (4.20, 5.88, 8.31, and 9.71) were used to determine 

whether secondary structural changes occur under pH conditions. As shown in Figure 2.6C, 

α-helical conformation exists in the bulk solution at moderate pH condition. The peaks at 

205 nm shifted to 200 nm and peaks at 225 nm are gone as pH value increased. It suggests 

the secondary structure has changed from α-helix to β-sheets.  

CD measurements on CU as a function of concentration of proteins, temperature, 

alcohol, and oil presence have been conducted and will be discussed in Chapter 4. 
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Figure 2.5. CD spectrum of H*Protein B sample A, C1, C2, and D in Figure 2.2 and 
BSA w/o TFA treatment.  
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Figure 2.6. Alcohol, temperature and pH effect on secondary structure of H*Protein 
B. 

 

 

Takai reported the UV absorption of 2 mg/mL of CU in 60% aqueous ethanol 

exhibited peaks at 269 nm, 278 nm and 285 nm (shoulder).86 Due to the limited amount of 

CU, 0.2 mg/mL CU aqueous solution was prepared. Weak UV absorption peaks were 

observed at 285 nm (Figure 2.7). It is believed that increasing the concentration of CU can 

improve the signal/noise of the absorption peak. This is true in the case of H*Protein B. 

Solutions with higher H*Protein B concentrations were made for UV-Vis, such as 3 mg/mL 

and 30 mg/mL. For example, the maxima wavelength of 297 nm and 325 nm (shoulder 

peak) were shown.  
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Figure 2.7. UV-Vis spectra of CU and H*Protein B. 

 

The contact angles were measured on both microscope cover slip (VWR) and 

Teflon PTFE sheets (McMaster-Carr, Catalog #:8545K18, 3/8” thickness with tolerance of 

-0.0019” to +0.038”). The glass cover slip and Teflon were submerged in ethanol for 5 min 

and rinsed with 18 mΩ milliQ water and then air-dried. Another set of clean glass cover 

slips and Teflon were submerged in 0.02 mg/mL CU aqueous solution and incubated for 4 

hours. After the protein was allowed to assemble at the substrate interface, the substrate 

was removed from the solution, rinsed with milliQ water, and dried with air. The 

hydrophilic glass substrate has a water contact angle of 48.8° and beads up with an increase 

of 7.1° after treatment with CU (Figure 2.8). The hydrophobic Teflon substrate displayed 

opposite behavior. The water contact angle decreased from 115°to 93°. It suggests CU-

coated Teflon substrate has turned hydrophobicity to hydrophilicity. The wetting and de-

wetting behavior confirms CU has both hydrophilic and hydrophobic side in the 

monomeric molecules. When hydrophobins bind to a hydrophilic surface, the hydrophobic 
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side is exposed to the outside, and vice versa. The amphiphilic properties of hydrophobins 

allow hydrophobins to self-assemble at the hydrophilic/hydrophobic interface.  

 

Figure 2.8. Water contact angle of glass and Teflon surface with and without CU (0.02 
mg/mL) coating. Measurements were taken at various locations on the surfaces. 

 

The impact of concentration of CU on contact angle is illustrated in Figure 2.9. 

Instead of coating the substrate with CU, a microliter of CU drop was directly deposited. 

Table 2.1 summarizes the contact angle measurements. CU reduces the contact angle on 

bare Teflon substrate from 124° ± 3° to 89° ± 5° with an increase in concentration from 

0.02 mg/mL to 0.5 mg/mL, whereas H*Protein B has changed hydrophobicity much less 

at a concentration of 2 mg/mL. CU seems to be more efficient. As CU concentration 

increases, the shape of CU drop changes too from round to irregular. The irregular drop 
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shrinks after 10 min. It is an indication of strong membrane has formed at the air-water 

interface. The 0.5 mg/mL CU drop exhibit a flat surface atop at long times. The observation 

of the flat surface has also been found from HFBI and BslA hydrophobin by other 

researchers. 100-101 

 

Figure 2.9 Contact angle of CU and H*Protein B droplet on bare Teflon substrates. 

 

 

 

 

 



 40

Table 2.1 Summary of contact angle measurements by depositing CU and H*Protein 
B drop directly on bare glass and Teflon substrates. 

Sample Glass (°) Teflon (°) 

Water 10 ± 1 115 ± 1 

H*Protein B (mg/mL)   

0.02 37 ± 3 117 ± 2 

0.2 31 ± 1 121 ± 2 

0.5 25 ± 4 116 ± 2 

1 36 ± 2 117 ± 5 

2 37 ± 1 118 ± 4 

CU (mg/mL)   

0.01 45 ± 3 124 ± 3 

0.2 38 ± 4 102 ± 10 

0.5 31 ± 5 89 ± 15 
 

 

 

2.3.2 The Stability of Air Bubbles and Oil Droplets 

2.3.2.1 Air Bubbles and Oil Droplet Structures  

The early stage of this research was focused on phenomenological study. CU 

hydrophobin can very efficiently form air bubbles and oil droplets under small agitations. 

The resulting air bubbles and oil droplets are non-spherical in shape. In comparison, the 

H*Protein B hydrophobin is less likely to form non-spherical air bubbles. The typical 
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experiments were carried out using an optical microscope and digital or high-speed camera. 

A 0.02 mg/mL CU stock solution was prepared by dissolving the dry CU powder into 

nanopure water. The solution turns opaque when the solution vial is gently shaken, and 

some millimeter-scale particles are seen by the unaided eye. They are like particles 

suspended in water. It is clear that these particles are in various structures from optical 

microscopy images. For microscopy experiments, ~ 50 µL of CU solution is transferred 

into a Starna© cell where the path length is 1 mm. The cell containing the CU solution is 

immersed into a sonication bath for a few seconds before gently shaking the cell or slowly 

giving a shear force. Figure 2.10 shows typical images seen under the microscope. Figure 

2.10A and B are rod-like structures and fiber-like ones made by bare CU solution. The 

differences in controlling the agitation by hands gives arise to the structures in different 

length scales. Nevertheless, these rods and fibers are more or less in the micron size range. 

The ability to control the agitation and size distribution may be challenging but still can be 

accomplished. One approach could be using a wave tank to generate steady waves instead 

of hand shaking. It is proposed that these cylindrical structures have entrapped air inside. 

Further study has confirmed this idea and will be discussed later. When the cell containing 

cylindrical structures is bath-sonicated for a few seconds again, the structures disappear. 

Amazingly, the process of forming and destroying structures can be repeated many times. 

Adding a thin layer of oil (a few microliters) to CU solution can make oil droplets in 

unusual shapes by agitation as well. CU is able to entrap the oil into these long tails or fat 

bags as shown in Figure 2.10C and D. A variety of hydrocarbon oils, hexane, cyclohexane, 

dodecane, squalane, benzene, toluene and Macondo oil (from the Gulf of Mexico oil spill 

incident of 2010), have been tried; all show similar phenomena. The size ranges of oil 
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droplets are much bigger than the rods or fiber-like structures. Membranes and wrinkles 

are also seen on the surfaces of oil droplets.  

 

 

  

  

Figure 2.10. Typical optical microscopy images of CU dispersion after agitation in the 
absence (A and B) and presence of benzene (C) and cyclohexane (D). 
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2.3.2.2 Physical Effects on the Stability of Bubbles and Droplets 

One way to characterize the stability of air bubbles and oil droplets is their response 

to physical effects such as pressure and temperature. They behave differently in the case 

of air-filled bubbles and oil-filled droplets (see video S2.1&S2.2). For this purpose, a 

vacuum system was constructed. The solution cell was connected with a syringe pump and 

a differential pressure manometer by a three-valve connector though PVC tubing. Figure 

2.11 demonstrates the behavior of CU air bubbles under pressure change conditions. 

Agitation of CU solution forms cylindrical bubbles before any further process (Figure 

2.11A). Applying a vacuum to the system, the cylindrical structures are in tension and 

expand into spherical structures (Figure 2.11B). Further increase in tension (up to -760 

mbar) causes formation of a few large spherical structures. As the tension is subsequently 

lowered, the surface of the spheres starts to crinkle and wrinkles are seen. When the tension 

is removed, the structures begin to break up (Figure 2.11C). This sequence of events 

suggests that these “rods” are cylindrical air bubbles. When overpressure is applied, the 

“rods” and “fibrils” disappear (Figure 2.11D); they tend not to reappear after the pressure 

is released, indicating the air bubbles are present in submicron size (Figure 2.11). 
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Figure 2.11. Unique behavior of CU air bubbles under pressure change conditions. 

 

 

Oil-filled droplets behave differently; they maintain their structures or shapes when 

they are either exposed to the vacuum or after releasing vacuum as shown in Figure 2.12. 

One possible reason is the virtual incompressibility of oil. The pressure change in the 

system here is still relatively small. Another explanation for this phenomenon is correlated 

with the thickness of membrane on the surfaces. The thickness for air bubbles and oil 

droplets can be estimated through image processing and mass balance. Knowing the 

molecular weight of single CU molecules and using the typical partial specific volume of 

proteins, the thickness of air bubble and oil droplets is single and multilayers.  

 

A 

100 m 

B 

100 m 

C 

100 m 

D 

100 m 

E 

100 m 

B 
C D 

E 

Time 

P
re

ss
ur

e 
(m

ba
r)

 

A 
0 

-760 



 45

 

 

Figure 2.12. Oil droplets (sausage-like structures) remains their shapes under vacuum 
and removal of vacuum, whereas air bubbles (spheres) do not. 

 

 

Temperature influences the stability of air bubbles. Increasing the temperature 

causes a similar effect on them as reduction in pressure (Figure 2.13). The cylindrical 

structures of bubbles turned into spheres as the solution warmed. The spherical bubbles did 

not collapse as the temperature further increased until very high temperature (100 °C) was 

reached. Meanwhile small cylindrical bubbles dissolved into the solution and disappeared. 

The collapsed bubbles eventually left membranes; over time, these continued dissolving 

into solution. The cylindrical bubbles behaved similarly instead of skipping the transition 
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to spherical structure when cooling from room temperature. The visible debris indicated 

by arrows in Figure 2.13D will be revisited; their diffusivity and corresponding 

hydrodynamic radius will be determined using a particle sizing technique in Chapter 5. The 

effect of temperature increase on toluene-filled droplet in CU solution was investigated. 

The temperature was raised to 70 °C and the droplets are very stable to the temperature 

change and retained their structures. Benzene-filled capsules also behave similarly as the 

system was cooled to freeze the water (and presumably the benzene). The stability of CU-

encapsulated oil droplets must be correlated with the boiling and freezing point of the 

hydrophobic solvent.  

 

 

 

Figure 2.13. Temperature effect on bubbles (A) at 25 °C, (B) at 55 °C, (C) at 100 °C 
and 3 min after 100 °C. 



 47

2.3.2.3 AFM of Air Bubbles 

From the turbidity of the agitated stock solution, the air bubbles are seen to stay 

stable for minutes or hours in dispersions that are allowed to stand, undisturbed. A solution 

containing air bubbles is drop-cast on the glass slide and left open to the ambient 

environment. After the evaporation of water in the solution, large bubbles remain and their 

shapes and shells or membranes are left behind. Small rod-like bubbles are also seen 

(Figure 2.14). In Figure 2.15, AFM images provide more features of air bubbles after 

drying on the glass slide. The bubbles size decrease from micrometer to nanometer scale.  

 

 

  

Figure 2.14. Optical microscope images of bubbles after drop-cast drying on the glass 
slide. 
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Figure 2.15. AFM amplitude images of bubbles after drop-cast drying on the glass 
slide. 

 

 

2.3.2.4 Thickness of CU Membrane 

The stability of air-encapsulated CU bubbles and oil-filled CU droplets could be 

attributed to the thickness of CU membrane at air-water and oil-water interfaces. Knowing 

the thickness of CU membrane will help to explain the strength and stability of the 

membranes. As the crystallography structure of CU has not been resolved, the dimension 

of single CU molecule can be estimated by 𝜋𝑅 = ×  assuming CU is in globular 

spherical shape, where 𝑅  is the radius of a single CU molecule, 𝑀 is the molecular weight 

of CU,  is the density of CU, and 𝑁  is Avogadro’s number.  is unknown here but equals 
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inverse of partial specific volume of CU, which can be replaced with a value for regular 

protein. As a result, the radius of single CU molecule is estimated to be 1.32 nm, which is 

similar to HFB II’s value of 1.5 nm.17 Using the ImageJ image analysis tool, the surface 

areas for air bubbles and oil droplets from optical microscopic images are measured. Under 

assumptions that CU molecules fully occupy the bubble and droplets surface, CU 

membrane has a thickness of made up of 1 - 9 molecules. It seems to be thicker for oil 

droplets than air bubbles. More sophisticated techniques have been tried to figure out CU 

membrane thickness, such as small-angle X-ray scattering and small-angle neutron 

scattering. It seems to be challenging to get useful data due to extremely weak scattering 

signal, even though the concentration of CU solution has been increased to 3 mg/mL and 

the entire solution become very viscous and gel-like after agitation at this concentration.  

 

2.3.2.5 Free Energy of CU Molecule Detachment from Interfaces 

Here, using the simplest model enables to compute the free energy of CU molecule 

detachment from interfaces, assuming the CU single molecule is a solid, spherical particle 

with a radius of r and contact angle of as shown in Figure 2.16
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Figure 2.16. Small solid particle with radius of r and contact angle  attached to a 
planar oil-water or air-water interfaces. 



The energy required to remove one CU molecule from the interface is expressed by 

∆𝐸  or ∆𝐸  (eqn 2.1), ∆𝐸  (eqn 2.2) and ∆𝐸  (eqn 2.3), where ∆𝐸  or ∆𝐸  is the free 

energy of particle detachment into oil or air, ∆𝐸  is the free energy of particle detachment 

into water and ∆𝐸  is the minimum energy for detachment into the bulk phase. Using the 

value of r = 1.32 nm, the surface tension of clean air-water interface of 72 mN/m and oil-

water interfacial tension of 50 mN/m, the free energy of CU detachment is calculated as a 

function of contact angle  and shown in Figure 2.17. The free energy required for CU 

detachment is at least 100 kT when °, indicating irreversible particulate adsorption 

at interfaces. The irreversibility of CU adsorption could contribute to the stabilization of 

CU air bubbles,102 and yet eventually CU goes back into solution (or glass-water interface) 

after the bubbles disappear. 
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 ∆𝐸  𝑜𝑟 ∆𝐸 =  𝜋𝑟 𝛾 / (1 − cos 𝜃)  (2.1) 

 ∆𝐸 =  𝜋𝑟 𝛾 / (1 + cos 𝜃)  (2.2) 

 ∆𝐸 =  𝜋𝑟 𝛾 / (1 − |cos 𝜃|)  (2.3) 
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Figure 2.17. Free energy of CU molecule detachment into water (Edw) and into oil 
(Edo) or air (Eda) calculated by equations 2.1 and 2.2 with r = 1.32 nm, 𝜸𝒂𝒘 = 72 
mN/m and 𝜸𝒐𝒘  = 50 mN/m versus contact angle . The line is drawn based on 
equation 2.3.  
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2.3.2.6 Dynamic Light Scattering of H*Protein B and CU 

In dynamic light scattering, the particle size is characterized by hydrodynamic 

radius (Rh). For a true solid sphere, Rh equals the actual radius R. When the object has some 

other shape, such as cylinder and cube, then Rh is the radius of some hypothetical sphere 

that diffuses as fast as the measured non-spherical objects do. Rh is determined from the 

diffusion coefficient D, according to the Stokes-Einstein equation 𝑅 = 𝑘𝑇 6𝜋𝜂𝐷⁄ , where 

k is Boltzmann’s constant, T is the Kelvin temperature, and  is the solvent viscosity. D is 

measured by DLS, which measures the intensity autocorrelation function, 𝑔( )(𝑡), of light 

scattered by the object in solution or suspension. One must extrapolate to zero scattering 

vector magnitude q. In general, the intensity autocorrelation function is converted to the 

electric field autocorrelation function, 𝑔( )(𝑡), using Siegert relation 𝑔( )(𝑡) = 𝐵 +

𝑓 𝑔( )(𝑡) , where B is the baseline, f is the parameter related to coherence. For a single 

scattering species, 𝑔( )(𝑡) = 𝑒  shows a single exponential decay rate . The decay rate 

is directly proportional to the diffusion coefficient, with a slope equivalent to the square of 

the magnitude of the scattering vector q2, Γ = 𝑞 𝐷. 

First, three H*Protein B aqueous solutions were prepared at 3 mg/mL, 0.3 mg/mL 

and 0.03 mg/mL. Next, a conventional DLS with rotating-arm allows to measure DLS 

signal at desired scattering. The H*Protein B may form aggregates by agitating although it 

does not form micrometer structures, which was not observed from optical microscopy 

study. The DLS of H*Protein B over time appears in Figure 2.18. The H*protein B 

aggregates (possibly nanobubbles) indicates polydisperse radii ranging from 100 to 200 

nm with respect to scattering angles. The size slightly decreases over aging time for both 
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0.3 mg/mL and 3 mg/mL samples (Figure 2.18A and B). The lowest concentration of 

H*Protein B (0.03 mg/mL) shows the opposite trend, in which the aggregates becomes 

bigger at long time. The results of measurements at 0.03 mg/mL are questionable. One 

possible explanation could be the active H*Protein B content is even lower (the actual 

percentage of active content is unknown for H*Protein B). And at such low concentration 

of H*Protein B (0.03 mg/mL), the amount of H*Protein B aggregates could also be low. 

Any dust or impurity present in the solution can cause the failure of DLS measurement. 

Thus the data fluctuates over time and do not indicate a clear trend.  
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Figure 2.18. Aging time dependence on the aggregates size in H*Protein B aqueous 
solutions as a function of H*Protein B concentration. (A) 3 mg/mL, (B) 0.3 mg/mL 
and (C) 0.03 mg/mL. The DLS data were collected from the conventional rotating-
arm system.  

 

CU is more likely to form micron-sized air bubbles compared to H*Protein B. The 

bigger ones rise quickly and smaller remain in the suspension for a long time (28 days). 

Even the bubbles that remain are large scatterers that should ideally be measured at 

multiple scattering angles. It is challenging to characterize such a quick-evolving system 

by collecting DLS at each angle one at a time. Therefore, simultaneous multi-angle multi-

correlator dynamic light scattering has the advantage of doing DLS quickly within one 

minute for multiple scattering angles and has been used to monitor the stability of CU air 

bubbles as a function of aging time.  

In this study, CU solution dispersed in a scintillation vial at a concentration of 0.02 

mg/mL was agitated by shaking. DLS measurements were made at different aging time 

after CU solution being agitated. Typical autocorrelation functions are shown in Figure 
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2.19 for CU air bubbles suspension. Figure 2.19A and C are in a format of linear y-axes 

and logarithmic x-axes for 0 h and 3 h dispersion. Several features are directly evident. 

First, all autocorrelation functions show reasonable single exponential decay patterns at 

seven different scattering angles, which means all systems have relatively narrow size 

distributions at each angle. They shift to faster lag time as scattering angle increases 

because of a small detection volume. Second, all autocorrelation functions shift to faster 

lag time at 3 h aging time in comparison with those at 0 h aging time. This suggests the air 

bubbles being measured have become smaller at long aging time. Third, the data quality is 

greater at the tail of autocorrelation functions with less noise as aging time become longer. 

This is even more evident in the semi-logarithmic representation, Figure 2.19B and D, 

which exhibit considerable noise at long lag times. This is because the correlation function 

approaches zero after baseline subtraction and log(0) equals -∞. As seen from the smoothly 

curved semi-log representations, the correlation functions are unimodal, despite the non-

uniformity nature of the CU air bubble dispersion. This demonstrates the “invisibility” of 

the very small objects, such as aggregates or clusters, relative to the scattering from the 

huge air bubbles. The corresponding decay rates and the polydispersity indices are 

retrieved from linear slopes and curvatures from the semi-log autocorrelation functions.  
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Figure 2.19. Linear-log and log-linear plots of autocorrelation functions for CU air 
bubbles suspension at 0 h (A and B) and 3 hours (C and D) of aging time. All symbols 
denoting scattering angles. All measurements were made at room temperature.  

 

 

One expects a plot of Γ vs 𝑞  to be linear with a zero intercept and slope 𝐷. And 

this often appears to be the case, the quantity 𝐷 = Γ 𝑞⁄  is computed to highlight any 

deviations. A plot of 𝐷 = Γ 𝑞⁄  should be flat. Failure of Γ vs 𝑞  to rise linearly, or a 
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slanted 𝐷 = Γ 𝑞⁄  plot, indicates particle heterogeneity and/or large particles with a 

non-spherical shape. This is not evident from DLS results obtained for CU air bubbles at 

short and long time after agitation shown in Figure 2.20. As can be observed, decay rates 

at both 0 h and 3 h were proportional to the scattering vector with R2 of 0.99, as expected 

for uniformly sized particles. The 𝐷 = Γ 𝑞⁄  plots, which are more sensitive than Γ vs 

𝑞  for detecting small deviations from the uniformity, were flat for 0 h. The diffusion 

coefficient extrapolated to 𝑞 = 0 is 𝐷  (𝑞 = 0) = 0.41 ± 0.02 × 10-8 cm2/s. As shown in 

Figure 2.20B, the bubbles exhibit correspondingly low linear correlation coefficient, R2, as 

expected when the primary plots (Γ vs 𝑞 ) pass through the origin with a very high 

correlation coefficient. The 𝐷  vs 𝑞  plots for 3 h directly indicate fast mode, 𝐷  (𝑞 = 

0) = 1.33 ± 0.05 × 10-8 cm2/s. Apparent hydrodynamic radii for air bubbles were calculated 

from the Stokes-Einstein law (Figure 2.20C). At short aging time, air bubbles have a mean 

size of 600 nm. Minor size deviation is observed at different scattering angles. Air bubbles 

are smaller at high scattering angle. Figure 2.20D shows the polydispersity parameter as a 

function of scattering angle. The high value of polydispersity is not surprising. It could be 

attributed to the various aspect ratio of the bubbles, which is hard to control during the 

bubble formation while agitating the CU solution. The rotational diffusion of cylindrical 

bubbles could also play a role at short aging time, but its contribution is not dominant at 

long time because the bubbles are prone to monodisperse resulting in the decrease in the 

slope of 𝜇 Γ⁄ . It is tempting to consider other fitting model, such as CONTIN when 

𝜇 Γ⁄  is greater than 0.3.  
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Figure 2.20. (A) Decay rate (𝚪) plotted against squared scattering vector (𝒒𝟐), showing 
good linear fits for air bubbles at 0 h and 3 h aging time (solid line is line of best fit). 
(B) Apparent diffusion coefficient (𝑫𝒂𝒑𝒑) plotted against 𝒒𝟐. (C) Apparent 
hydrodynamic radius (𝑹𝒉) plotted against 𝒒𝟐. (D) The polydispersity parameter 
(𝝁𝟐 𝚪𝟐⁄ ) vs 𝒒𝟐 plots. 

 

 

Figure 2.21 summarizes the changes in size of air bubbles over time. Bubbles 

became smaller with time. Starting at 600 nm, the size and decreased quickly for the first 
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2 hours and reached a steady value of 200 nm. The value for each angle at each measuring 

time varied because of the wide size distribution. The trend towards decreased size was 

reproduced in another run, as shown in Figure 2.22. The measurements were kept for a 

month this time. The size of the air bubbles became around 100 nm and stayed stable after 

28 days. Diluting the original concentration of solution to 10 µg/mL while taking care not 

to disturb it, the submicron-sized bubble size remained constant. Even after another 

dilution to 6.7 µg/mL, the size was unchanged. This shows the submicron bubbles are 

stable to dilution. 

These 200 nm large aggregates are submicron bubbles stabilized by a membrane 

formed by CU hydrophobin aggregates with high elasticity. Deckers and co-workers 

studied strong interaction between CO2 and hydrophobin HFBI resulting in formation of 

stabilized bubbles is required for the beer gushing phenomenon.103-104 DLS analysis 

revealed the presence of particles with a diameter of approximately 100 nm in the gushing 

beer.105 Although these particles could have been large hydrophobin HFBI assemblies, this 

is highly unlikely because they would also have been present in noncarbonated beverage, 

which was not the case for mineral water containing hydrophobin.  
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Figure 2.21. Aging time dependence on the size of air bubbles. All open and solid 
symbols denoting apparent Rh and solid symbols Rh(q=0), respectively. 
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Figure 2.22. Dilution effects on stability of air bubbles at scattering angle of 90°. 
Triangle and square symbols denote dilution with deionized water to 10 g/mL and 
6.7 g/mL, respectively. 

 

2.4 Conclusion 

Physicochemical properties of two hydrophobins, H*Protein B and Cerato-ulmin, 

have been characterized. In particular, the ability of CU to form non-spherical air bubbles 

and oil droplets was examined. CU is much more efficient to encapsulate air or oil intro 

micrometer vesicles. Optical microscopy results show unique structures, such as 

cylindrical and sausage-like shapes. These non-spherical structures coated by CU were 

stable and characterized by simultaneous multi-angle multi-correlator DLS and other 

techniques. The existence of strong membranes of these non-spherical structures led to 

understand their stiffness and interfacial mechanical properties.  
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CHAPTER 3. TOROIDAL MICROBUBBLES STABILIZED BY 

CERATO-ULMIN 

3.1 Introduction 

Bubbles and droplets are often stabilized by films enclosing gases or liquid. They 

usually adopt a spherical shape in order to minimize surface energy at the liquid/vapor 

interface.106 Micron-size bubbles have shown incredible applications in medical imaging 

as contrast agents.107 Droplets generated by microfluidic systems have been shown to 

provide novel solutions to biomedical engineering challenges for advanced diagnostics and 

therapeutics.108 These bubbles and droplets are always in equilibrium shape, nominally 

spheres, but an adsorbed film can stabilize other shapes if it is strong enough. Non-

spherical structures are prized for their high surface area relative to volume, and may be 

exploited for the production of materials for directed strength, acoustic imaging, micro-

manufacturing, encapsulation and delivery vehicles, and transport/reaction platforms. 

Additionally, some shapes, such as torus, offer intriguing topological features. 

Subramaniam et al. reported ellipsoidal bubbles created by covering or armoring gas 

bubbles with a close-packed monolayer of particles and then fusing them.109 Russo et al. 

showed that a surface-active protein has been found to generate and stabilize cylindrical 

and fibrilliform air bubbles by forming a thin monolayer of protein at an air-water 

interface.46 Non-spherical liquid droplets can also be achieved by introducing external 

forces. Cui et al. discovered that applying an electrical field can induce droplet deformation 
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and self-assembly and jamming of nanoparticles at the interface can remain non-spherical 

deformation and arrest further shape change.110 Further examples are provided by 

generation of toroidal droplets in a viscous liquid111 and mass production of vortex ring-

derived particle through freezing.112 Other toroidal-like structures have been reported 

through self-assembly of biomolecules, such as DNA,113-114 and block copolymers.115-117 

A search for a molecular, rather than particulate, approach to stabilizing non-spherical 

structures might be expected to begin with small surfactants such as sodium dodecyl sulfate 

(SDS) or cetyl trimethyl ammonium bromide, but these amphiphiles fail to stabilize non-

spherical bubbles. The smallest molecular surfactants capable of supporting stable, non-

spherical bubbles seem to be proteins. Johnson and Cooke attributed the crinkling of 

bubbles in sea water to the adsorption of unknown proteins at the air-water interface.118 

Using a highly purified protein called Cerato-ulmin (CU), Miller and co-workers46 

demonstrated not only crinkled bubbles but sub-millimeter cylindrical and fibrilliform 

bubbles with length:width ratios up to ~35. Their CU protein, excreted from the fungus 

Ophiostoma ulmi,2 had been extensively characterized by Richards, Takai and coworkers 

due to its reported phytotoxicity.35, 86, 91  

Cerato-ulmin, as a protein surfactant, strongly stabilizes bubbles, foams and 

emulsions like other hydrophobins do.50, 119 They can form viscoelastic thin films on oil 

droplets or air bubbles. For example, Cox et al. reported that non-spherical bubbles 

stabilized by a hydrophobin from Trichoderma reesei can persist for 4 days of storage.49 

Wrinkles appear on the adsorbed surface when the bubbles are under compression.47 

Adsorbed hydrophobin layers can be so robust that alcohols or potent surfactants, such as 

SDS above its critical micelle concentration,120 are required to disrupt them. The 
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dilatational modulus of hydrophobin films well exceeds that of the interfacial layers formed 

by other common proteins,75, 102, 121-122 suggesting that these proteins may be able to stabilize 

even more complex shapes than cylinders or crinkled spheres. 

In this chapter, a facile method that takes advantage of CU’s robust films was 

developed to make stable sub-millimeter toroidal bubbles. The structures can exhibit one 

hole (donut-shaped, genus 1 toroid) or two (button-shaped, genus 2). No special apparatus 

is required; one merely controls gas pressure above the solution. the possible mechanism 

of formation of toroidal microbubbles are also discussed. 

 

3.2 Materials and Methods 

CU aqueous dispersion at a concentration of 0.2 mg/mL was loaded into a cell 

constructed of rectangular glass tubing (2 mm ×10 mm), which was connected to a syringe 

pump (Harvard Apparatus PHD 2000) and a differential pressure meter (Extech, model 

407910) as shown in Figure 3.1. Microscopy images and videos were taken by a standard 

optical microscope (Leica DM2500P) or a Motic inverted microscope with Canon EOS 6D 

or PCO.edge camera. Z-directional images were obtained using a Nikon A1R confocal 

microscope, courtesy of Prof. Peter Yunker (Georgia Tech, Physics). Excitation of the 

sample was achieved by a 488 nm laser. 
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Figure 3.1. A diagram of pressurized system. 

 

3.3 Experimental Results  

Agitation of clear CU dispersions resulted in a slightly turbid sample containing 

abundant cylindrical bubbles (Figure 3.2A and video S2.1 & S3.1 - S3.3). After applying 

vacuum to the system, the cylindrical structures are in vacuum tension, which causes the 

larger of them to expand into nominally spherical bubbles (Figure 3.2B). When the tension 

is subsequently lowered, the surfaces of the spheres start to crinkle and the remaining small 

cylindrical structures disappear (Figure 3.2C). With application of slight overpressure, the 

crinkled bubbles tend to become toroidal in shape and retain this shape when returned to 

the original atmospheric pressure (Figure 3.2D). This sequence of events suggests that the 

rods are cylindrical air bubbles, as previously  identified.46 The entire process can be 

repeated many times.  
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Figure 3.2. A typical process to produce toroidal bubbles. (A) Fibril 
microstructures from after gently shaking the glass vial containing 0.2 mg/mL CU 
solution. (B) Spherical bubbles are generated under vacuum. (C) Wrinkles are seen 
on the surface of spherical bubbles after releasing the vacuum. (D) Applying 
vacuum to the bubbles induces toroidal bubbles. 

 

Although viewing a simple bubble with improper focus can result in an artefact that 

resembles a hole, the holes appearing in Figure 3.2 are real. As shown in the videos S3.1 – 

S3.3 the toroidal shapes of genus 1 and 2 emerge without any change in focus (Figure 

3.3A&B). Additionally, Brownian motion of submicron particles shed by the bubbles as 

they undergo shape changes can be observed through the holes. Static images using dark-

field illumination confirms the presence of the toroidal bubbles (Figure 3.3C). Wrinkles 

appear on the toroid’s surface, indicating the formation of CU film.  
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Figure 3.3. Bright-field (A, B and E), dark-field (C) and negative-fluorescent (D) 
microscope images of toroidal microbubbles with wrinkles stabilized by CU.  
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A fluorescent dye, 5-(4,6-Dichlorotriazinyl) Aminofluorescein, known as 5-DTAF, 

was prepared in a carbonate-bicarbonate buffer (pH 9.2) and then used to label CU. 

Attempts to add 5-DTAF label to CU for fluorescence imaging proved unsuccessful. 

Instead, free dye (sodium fluorescein) was added to the dispersions (Figure 3.3D). In 

confocal images, the toroidal bubbles appear dark against a fluorescent solvent (Figure 

3.4A). The projected views of bubbles also confirm the formation of torus (Figure 3.4C). 

As a control, spherical bubbles (Figure 3.4B) do not have holes, and complete spherical 

structures are generated from their 3D reconstruction. The holes are clearly seen from more 

confocal z-stack images (Figure 3.5). The toroidal bubbles are stable for at least five days 

(Figure 3.6). 
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Figure 3.4. Z-stack confocal fluorescent images of toroidal bubbles (A) and 
spherical bubbles (B). XY (square), XZ (lower rectangle) and YZ (right rectangle) 
projective views (C and D) of confocal images of toroidal (A) and spherical (B) 
bubbles. The side-views of a toroidal bubble show two sides of its ring. Side-views 
of the spherical bubbles show a solid particle. Scale of images is 1273 m in width, 
1273 m in height, and 212 m (left) and 154 m (right) in depth. 

 

C D 
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Figure 3.5. Z-stack confocal images of negatively labeled toroidal bubbles. Insets 
are bright-field microscopic images.  
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Figure 3.6. The toroidal microbubbles are stable for at least five days (scale bar is 100 
m). 

 

 

3.4 Discussion 

Various processes to form toroidal gas bubbles have been reported.121, 123, 124 For 

example, toroidal bubbles were generated by pushing a specially shaped object through 

water with a laser.124 Large toroidal bubbles can be generated by injecting air into a fluid, 

a fact not lost on certain sea mammals, but these bubbles are unstable125-126 and the 

turbulent process bears no relation to the slow pressure changes applied here. Squeezing 

0 day 1 day 

5 days 7 days 
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two particle-armored bubbles between plates resulted in a genus-1 toroid that remained 

stable after the plates were separated due to the jamming of the colloidal particles on the 

closed interface.2  

Here, simply manipulating the pressure in the system has a significant impact on the 

bubble shapes. Two major shape transitions are involved during the formation of toroidal 

microbubbles (Figure 3.7). After agitation, the initial CU aqueous dispersion contains 

cylindrical bubbles with various aspect ratios. Intermediate spherical bubbles are obtained 

by reducing the pressure above the dispersion. Following with the manipulation of 

pressure, spherical bubbles transform to toroidal ones. The shape transition between sphere 

and torus is repeatable and reversible for many times (video S3.4), whereas the transition 

from cylinder to sphere is irreversible.  

 

Figure 3.7. A cartoon depicts three air-bubble shapes stabilized by CU through 
pressure manipulation.  
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3.4.1 Stage 1: Formation of Cylindrical Bubbles 

Formation of air bubbles in CU hydrophobin dispersion, both the micron-sized 

cylindrical bubbles and spherical ones, is attributed to strong interaction between air gas 

and CU hydrophobin. The mechanism of formation of air bubbles stabilized by CU 

hydrophobin is proposed as follow. First, CU hydrophobins are present in the aqueous 

solution. Air exists above the air-water interface and a tiny amount of air also dissolves in 

the liquid. Second, the CU hydrophobin molecules migrate to the hydrophilic-hydrophobic 

liquid-gaseous interface and contact with gas atmosphere due to their amphiphilic property 

in nature. Then, CU hydrophobin self-assembles at the interface, forming a crystalline-like 

monolayer49 when the critical concentration is reached.18 Applying energy, such as shaking 

or shearing, will disturb the equilibrium and the hydrophobin films enter the liquid.85 This 

results in the attraction between the hydrophilic glass wall of the vial and the hydrophilic 

part of the hydrophobin layer. The hydrophobic part acts as an anchorage place for the 

bubbles formation by accumulation of gaseous air molecules.103 Because of CU’s ability 

to reduce surface tension from 72 to 30 mN/m,127 and the elasticity of their structure,102 

CU hydrophobins are able to accumulate gaseous air molecules and finally form a 

stabilized microbubbles and nanobubbles closed by the lateral force. CU films exhibit both 

fluid and solid interface properties (will be discussed in next chapter), depending on 

whether CU molecules form a two-dimensional lattice or not. Therefore the Young-

Laplace’s Law is not applicable to CU membranes but a fluid interface.  A similar 

mechanism is used to explain formation and stabilization of CO2 nanobubbles in brewery 

products (Figure 3.8).104  
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Figure 3.8. Schematic description of the formation and stabilization of CO2 
nanobubble by elasticity of the Class II hydrophobin film in successive phases. (A) 
Hydrophobins are present in the liquid. (B) Hydrophobins migrate to the interface 
where they will populate. (C) The concentration/accumulation at the interface 
results in the formation of the crystalline layer. (D) Disturbance of the equilibrium 
by energy incorporation. (E) Return to equilibrium by nanobubble formation. (F) 
Closing of the nanobubbles. Adapted from reference 104. 
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3.4.2 Stage 2: Cylinder to Sphere  

The next stage involving the shape transition from cylinders to spheres is recorded 

in video S3.5. Figure 3.9 summarizes the shape evolution from cylinder to sphere under 

the reduction of external pressure. Here, the underlying assumption for the possible 

mechanism is that the CU hydrophobin is initially at high concentration at the air-water 

interface rendering a highly viscoelastic surface, i.e. high interfacial shear and dilatational 

moduli. At step A, the cylinder (indicated by arrow) is a smoothly bending rod. By step B, 

two distinct kinks are visible. These probably signify surface defects. At step C, one of 

these spawns a spherical nodule. Because the surface is fluid in this vicinity but elsewhere 

the rod is still a rigid solid. As the nodule grows, it pushes the two stiff ends closer (step 

D). The pressure in this local region is high since ∆P is inversely proportional to the radius 

of curvature and hence the defect grows in area. In the local defect, the interface of the 

defect cap increases, reducing the surface density of CU hydrophobins, thus reducing the 

effecting surface pressure, and consequently the interfacial moduli. This is based on 

previously published data of strong coupling interfacial rheology to the surface 

pressure/surface density of the hydrophobins.102, 128-129 Because the rest of the cylindrical 

bubble is stiff, it bends in the opposite direction as the cap inflates. Next, Step E – H is 

essentially fusion of two of the surfactant interfaces as volume of gas increases inside. 

Finally, at step I – L, the cylindrical bubble continues inflation, which is similar to the 

rubber balloon expansion model.130 This provides a work argument based on difference in 

local pressures due to two curvatures, since Laplace pressure is inverse to local radius. The 

bubbles start becoming spherical since the CU is spread over a larger area, and thus low 

surface pressure, and low modulus can be effectively modelled as a uniform surface 
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tension. A schematic (Figure 3.10) highlights the major steps of the cylinder-to-sphere 

transition. Figure 3.11 provides two more examples showing the cylindrical bubbles 

transform to spherical ones under vacuum tension. Not all the cylindrical bubbles have 

turned into spheres. That is because some small/thin cylinders may not be perfectly closed 

bubbles meaning defects or holes are present on their surface and the surface are not fully 

covered by CU. In other words, the internal pressure inside bubbles are equivalent to 

external pressure above the dispersion. Application of external pressure change would not 

introduce pressure difference between inside and outside of bubbles. Therefore, no shape 

changes occur. Another possibility for some small/thin cylinders to retain their structures 

would be their stiff and solid-like interfaces. The stiffness and elasticity of the films are 

attributed to rearrangement of CU molecules at interfaces. The resistance to deformation 

of cylindrical bubbles may be due to a hampered rearrangements of CU. A certain threshold 

is believed to exist at where the critical pressure is related to the elasticity of the films. This 

is might be the case as the interfacial modulus of CU films is discussed in next chapter.  
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Figure 3.9. Shape evolution of CU bubbles while decreasing external pressure (A to 
L).  
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Figure 3.10. Cartoon exhibits the major steps of transition from cylindrical to 
spherical CU bubbles. (credits to Prof. Saad Bhamla) 

 

 

 

Figure 3.11. Two examples of shape evolution of CU bubbles despite their aspect 
ratio. Scale bars represent 50 m. 

 

 

Cylindrical bubbles are believed to be in a non-equilibrium or metastable state,131 

which is suggested by computing the energy difference ∆𝐸 between the free energy 𝐸  of 

CU molecules integrated at the air-water interface and the free energy 𝐸  of CU molecules 
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themselves lying in the water (Figure 3.12). Let 𝛾  , 𝛾 , and 𝛾  be the interfacial 

energies of gas-particle (CU), liquid-particle and gas-liquid. 𝐴  , 𝐴 , and 𝐴  are the 

surface area correspondingly. 𝑅  and 𝜃  are the radius of CU molecule and contact angle 

at interfaces.  is the fraction of surface area CU covers at the air-water interface.  

 

 

Figure 3.12. Diagram illustrates the migration of a CU hydrophobin molecule lying 
in the liquid to an extended meniscus.  

 

 

 ∆𝐸 = 𝐸 − 𝐸  (3.1) 

 𝐸 =  𝛾 𝐴 = 𝛾 4𝜋𝑅  (3.2) 

 𝐸 = 𝛾 𝐴 + 𝛾 𝐴 + 𝛾 𝐴  (3.3) 
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 𝐴 = 2𝜋𝑅 (1 − cos 𝜃 ) (3.4) 

 𝐴 = 2𝜋𝑅 (1 + cos 𝜃 ) (3.5) 

 
𝐴 =

𝜋𝑅

∅
− 𝜋𝑅 sin 𝜃  (3.6) 

By combining equations above, the energy difference becomes 

 
∆𝐸 = 𝜋𝑅

1

∅
− (1 − cos 𝜃 )  (3.7) 

Since 1/ >1 and 0 ≤ (1-cosCU)2 ≤ 1, therefore ∆𝐸 is greater than 0. The positive 

∆𝐸 indicates the quasi-static transformation of spherical bubbles into non-spherical ones 

(through migration of CU lying in the water to an extended interface) costs more energy. 

In other words, a non-spherical bubble is not in the stable state and would return to its least 

energetic state, i.e. spherical armoured bubble.131 This argument provides the information 

that cylindrical bubbles are not at equilibrium state from surface energy stand point of view. 

Application of external energy to the cylindrical bubbles, they are possible and preferred 

to find its way to return to the least energetic or equilibrium state such as spheres. 
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3.4.3 Stage 3: Sphere to Toroid  

Figure 3.13 and video S3.6 show how application of pressure in a prescribed 

sequence converts spherical bubbles to air-filled torus. Spherical CU bubbles were pre-

generated by applying vacuum to a dispersion of cylindrical bubbles (Figure 3.13A). 

Releasing the tension atop the dispersion, wrinkles were observed as shown in Figure 

3.13B. Further release of vacuum followed by an overpressure, ~ 500 mbar, induced the 

morphological transitions of spherical bubbles. The membrane exhibits large inward 

buckling (Figure 3.13C). The bubbles, which are large enough to float to the top of the vial 

and touch to the glass wall, deformed while deflating. Instead of continuing to increase the 

pressure, which causes full collapse of membranes and dissolution of the bubbles(discussed 

in Chapter 5), high pressure was kept for a while and then vacuum was applied to the 

dispersion again (Figure 3.13D – G). Bubbles are inflated again but in the toroidal shape. 

Further application of the vacuum results in the formation of spherical bubbles and 

continued growth in size.  
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Figure 3.13 Image sequences exhibit formation of toroidal bubbles with pressure 
profiles. Scale bar represents 50 m. The dash line denotes the ambient pressure.  

 

 

3.4.4 Interpretation and Comparison to Liposome and Red Blood Cell 

The foregoing is the first description of air-filled submicron torus. Most of what is 

known about toroidal objects comes from studies of liquid-filled systems. Amphiphilic 

molecules often assemble into membranes which then form different structures, closed 

surfaces or vesicles. Two well-known examples are lipid vesicles and red blood cells. Such 

vesicles have a linear size of the order of 1 - 10 m and their membranes are in nanometer 

length scale (e.g. the thickness of the lipid bilayer is about 5 nm.). They exhibit a large 
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variety of shapes, in particular, non-spherical ones.132-133 Physical theories have been 

developed to describe many aspects of membrane conformational behavior, such as the 

preferred shapes and shapes transformations of their closed vesicles.134-136 It is believed 

that the non-spherical shapes of the vesicles or red blood cells are determined primarily by 

the bending elasticity and curvature.133, 137-140 Curvature elasticity is not the only factor that 

controls the shape; the shear elasticity of the membrane is another factor.133 In the case of 

red blood cells, the shear elasticity is often neglected because the elastic modulus of 

shearing is much smaller than that of area dilation. The membrane is considered constant 

during osmotic swelling or shrinking, which usually takes hours or days to develop the 

shape.141-142 The same assumption is also done in the lipid bilayer model. Among the 

different shapes, such as, budding, discoid, sickle-shaped and etc., Mutz et al. reported the 

first observation of toroidal topology in partially polymerized diacetylenic phospholipid 

membranes,143 which was followed by theoretical studies of toroidal vesicles by other 

researchers.144-148 Liposome vesicles and red blood cells do not when first formed, but 

assume them later to minimize the elastic energy stored in the membrane. 

Here, the bending elasticity and curvature theories are applied to CU-coated 

toroidal microbubbles. The shapes with surface area 𝐴 and enclosed volume 𝑉 are 

determined by a minimization of the shape energy 𝐹133, 138 

 
𝐹 =

1

2
𝑘 (𝑐 + 𝑐 − 𝑐 ) 𝑑𝐴 +

1

2
𝑘 𝑐 𝑐 + Δ𝑝 𝑑𝑉 + 𝜆 𝑑𝐴 (3.8) 

where 𝑐  and 𝑐  are the principle curvatures (inverse of its radius), 𝑐  is the spontaneous 

curvature, 𝑘  and 𝑘  are the mean and Gaussian curvature elastic constants, 𝑑𝐴 and 𝑑𝑉 are 



 85

the surface area  and the volume elements. The first and second terms of Equation 3.8 are 

the curvature elastic energy of the vesicle membrane. The spontaneous curvature 𝑐  

describes the effect of an asymmetry of the membrane. In other words, for a symmetric 

membrane, 𝑐  = 0. The Gaussian curvature 𝑐 𝑐  is usually omitted, being constant for all 

shapes under fixed topology conditions. The third and fourth terms take account of the 

constraints of constant volume and area, where Δ𝑝 and 𝜆 denote the difference between the 

outside and the inside pressure, and the mechanical lateral tension, respectively. The shapes 

with lowest energy are among the solutions of Equation 3.9. 

 𝛿𝐹 = 0 (3.9) 

Three branches have been reported by solving the equation for axisymmetric shapes, 

including sickle-shaped, discoid, and the circular torus (Figure 3.14).145 A detailed phase 

diagram of toroidal vesicles was predicted.147 
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Figure 3.14. Cross sections of sickled-shaped (a), discoid (b), and circular torus (c). 
145 The numbers denote the reduced volume of the toroidal shapes, see equation 
3.10. The dashed line represents the axis of symmetry. Shapes marked with an 
asterisk are unstable. 

 

 

A generic circular torus is shown as a 3D model in Figure 3.15A. The red arrow 

indicates the small ring, sometimes called the handle, and the blue one goes around the big 

ring. R is the major radius, defined as the distance from the center of the big ring to the 

center of the small ring, and r is the radius of the small ring or minor radius. The size of 

the torus hole varies while changing the ratio of R/r, as shown in Figure 3.15C. When R is 
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greater than r, the structure is called a ring torus or anchor ring. A horn torus is obtained 

when R = r. In the case of R = 0, the torus becomes a sphere.  

 

 

 

 

Figure 3.15. An illustration of 3D ring (https://en.wikipedia.org/wiki/Torus) and a 
section of 2D curved membrane (A&B), which exhibit two curvatures of c1 and c2, 
defined as 1/R and 1/r respectively. Various tori were drawn by POV-Ray by 
changing one of the ring radius while holding the other constant(C).  
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The shape of CU-coated toroidal microbubbles is in agreement with the circular 

torus, predicted by theories. Ou-Yang et al.144 first analytically solved Equation 3.9 and 

predicted the existence of toroidal vesicles whose generating circles have a R/r ratio of √2 

. As shown in Figure 3.16A, these are called Clifford tori. Evaluation of the major (R) and 

minor (r) radius for 24 individual CU-coated toroidal bubbles allows verification of the 

predicted ratio of √2. The results are shown in Figure 3.16B. The major radius, R, ranges 

from 20 to 40 m, whereas the minor radius are in the range of 12 – 30 m. The ratio of 

R/r being measured for each torus is aligned on a straight line. The mean ratio of 1.40 ± 

0.03 is in good agreement with the theoretical prediction, i.e., √2. This result agrees with 

findings from partially polymerized phospholipid toroidal vesicles.143 
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Figure 3.16. (A) Top-view and cross-sectional view of a torus. The major radius (R) 
and the minor one (r) of each ring, as drawn here, have no particular value. (B) R/r 
results for 24 individual toroidal bubbles. The solid fitted line represents the 
theoretical prediction. 
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The curvature model (the first and second terms from Equation 3.8) are scale 

invariant, meaning two vesicles have the same bending energy by differing only by their 

sizes and not by their shape. As a consequence, different shapes exist under toroidal 

topology. In other words, not all torus are the same. A famous example of this is the coffee-

cup-to-donut transformation 

(https://en.wikipedia.org/wiki/File:Mug_and_Torus_morph.gif). No such extreme 

examples were observed in this work, but toroidal shapes with the holes shifted away from 

the center were found (Figure 3.17). These shapes are known as Dupin cyclides. The 

observation of Dupin cyclide bubbles is also in agreement with both experimental and 

theoretical studies;143, 146-147 a significant difference from all previous studies is the air-

filled interior in a submicron structure. This feature enables easy manipulation of the 

shapes by applied gas pressure. Liquid-filled torus are usually manipulated by addition of 

small-molecule solutes to create an osmotic gradient between the inner compartment and 

external surroundings.111, 149-150 
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Figure 3.17 A collection of Clifford torus and Dupin cyclides (left column: our CU 
bubbles, middle column: lipid vesicle143 and right column: 3D model drawn in 
POV-Ray).  

 

Due to scale-invariant property, the surface area 𝐴 and enclosed volume 𝑉 are no 

longer important but the system can be described by a single dimensionless term, called 

reduced volume, which is expressed as 

 𝑣 = = 6√𝜋  . (3.10) 
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The value of the reduced volume varies from 0 to 1. For a sphere, its reduced volume 

becomes 1, representing the maximum volume enclosed for a given surface area. For 

bubbles lacking a surface coating, or for those stabilized by a liquid membrane, surface 

tension often enforces the spherical shape. For the toroidal bubbles observed here, the 

surface has solid-like character and it may leak gas to the surroundings. Multilayer 

membranes may stabilize the system (see page 84) and reorganize. Nothing guarantees the 

system is at equilibrium. Anyway, the shape of torus varies smoothly as a function of the 

reduced volume. For example, the torus with a R/r of √2, a torus known in the 

mathematical literature as the Clifford torus,144 has a value of 𝑣 = 3 2  √𝜋 ≈ 0.71. 

Circular tori are predicted to be stable when 𝑣 < 𝑣 . They are verified to have a 

reduced volume of 0.66.144 On the other hand, the reduced volume for an axisymmetric-

breaking deformation appears to be 𝑣 < 𝑣 < 1. Another useful parameter is the 

eccentricity, which is calculated as c/a, where the meaning of parameters a and c is 

illustrated in Figure 3.18. For the non-axisymmetric circular toroidal bubbles (Dupin 

cyclides), the eccentricity tells how off-center the structure is. Detailed geometrical 

parametrization of the Dupin cyclide has appeared in the literature.148, 151 The reduced 

volume formula is calculated as a function of eccentricity and its profile is shown inFigure 

3.18. The reduced volume increases with an increase in eccentricity. A dozen Dupin 

cyclide CU bubbles were selected and their eccentricity falls in the range of 0.20 ± 0.03, 

as indicated by the arrow in Figure 3.18. 
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Figure 3.18. Cross section of a Dupin cyclide in its planes of symmetry (left). 
Theoretical reduced volume profile for non-axisymmetric circular torus as a 
function of eccentricity (defined by c/a) of the torus (right). The red arrow depicts 
the mean eccentricity of a dozen Dupin cyclide torus. 

 

 

3.4.5 Other  

Particle jamming is known to stabilize liquid-filled droplets of unusual shape, 

too.110 In the vesicle community, toroidal and other high-topology shapes have been known 

for about 25 years.117, 136, 145-146, 152-157 Their formation from spherical vesicles is described 

in terms of forces imposed by neighboring particles,155, 157 by fluctuations that lead to 

wrapping one end of a cylinder over another permitting the fluid structures to fuse,154 or by 

dimpling of a sphere to create opposing concave surfaces that pinch off to leave the 

toroid.117 
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The formation of CU toroidal gas bubbles seems to resemble this last mechanism, but the 

diffusion that enables small-molecule amphiphiles to translate along the surface of a liquid 

vesicle to permit a new shape must be greatly restricted for CU, whose films are known to 

behave almost as solids.102 Hydrophobins can be considered rigid Janus-like particles with 

distinct amphipathic sides;158-159 they are small but rigid amphiphiles. The reduction of 

surface tension due to adsorption of CU lowers the energy required to form shapes with a 

non-minimal surface area, but whether due to the rigid and globular nature of the protein 

or to specific interactions among proteins, the adsorbed film retains solid-like properties. 

Compared to traditional armor-coated bubbles, the surface is composed of very fine and 

possibly somewhat sticky particles. As described by Kam and Rossen, particles on a 

surface leave bare interfaces,160 especially if the bubble is expanded under tension and has 

not yet recruited more particles from the dispersion, but the equilibrium shape remains 

spherical until the particles come into contact during compression. Thereafter, expulsion 

of particles (debris, as noted above) and flatter shapes may occur. CU-coated toroidal 

bubbles are stable for 5 days and do not coalesce on contact, suggesting that if the particles 

do exhibit specific interactions at all they are of the lateral sort. 

 

 

3.5 Conclusion 

Stable toroidal air bubbles with ~100 m outer diameters were generated by 

manipulating the air pressure over aqueous dispersions of the amphiphilic protein Cerato-

ulmin. Toroid formation is preceded by morphological transitions from cylindrical to 
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spherical bubbles. The toroidal bubbles are stable for at least five days. After they have 

finally disappeared, the process to create them can be repeated many times. The same 

parent dispersion remains active for at least one year. The toroidal bubbles may serve as 

encapsulation and reaction platforms or as delivery vehicles.  
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CHAPTER 4. STIFFNESS AND IRREVERSIBILITY OF 

ADSORBED CERATO-ULMIN HYDROPHOBIN MEMBRANES 

AT AIR-WATER AND OIL-WATER INTERFACES 

 

4.1 Introduction 

Proteins and small molecular weight (SMW for simplicity) surfactants play a crucial 

role in the stabilization of emulsions, foams and gas bubbles.97, 119, 161-162 Large surface 

areas exist in such systems. Proteins and small molecular weight surfactants tend to adsorb 

to the interfaces. Here the interfaces are of the liquid-liquid and gas-liquid types, normally 

oil-water and air-water interfaces respectively.163 The stabilization of the emulsion, foams 

and gas bubbles to some extent depend on the adsorption and desorption behavior of 

proteins and SMW surfactants at the interfaces during the process and at equilibrium. This 

is related to some important interfacial features of proteins and SMW surfactants. They are 

the capability of lowering the interfacial tension and the rate of lowering, the adsorbed 

amount at the interface, the ability to desorb, the possible conformational changes, and the 

thickness of the adsorbed layer.164-165 A variety of methods and techniques can determine 

these properties. For example, tensile or sessile drop and Brewster angle microscopy 

approaches can give information about interfacial tension,76, 121, 166-167 the thickness and 

adsorbed amount can be determined by ellipsometry,122, 168 and spectroscopic methods can 

monitor the conformational changes.42, 91, 165 The most important property of the interface 
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is the interfacial rheology, which relates to change in the interfacial tension as the interface 

deforms. Both static (at equilibrium) and dynamic (in expansion or compression) 

measurements are approachable.  

 

4.1.1 Interfacial Tension 

A surface forms when two phases exist together such as gas-liquid. This surface is 

held by a force called surface tension. The interfacial tension is similar to surface tension 

only in the case of two liquid phases. The interfacial tension allows a drop of water to 

become spheres because it minimizes the surface area to acquire minimum amount of free 

energy. Thereby the interfacial tension is measured in energy per unit area (J/m2) or force 

by length (N/m). The Young-Laplace equation is expressed as, 

 
∆𝑃 = 𝛾

1

𝑅
+

1

𝑅
 

(4.1) 

where ΔP is the pressure difference across the interface, γ is the interfacial tension and R1 

and R2 are the principal radii of curvature. In the simple case of capillary forming a 

spherical curvature, the Young-Laplace equation can be simplified as 

 
∆𝑃 =

2𝛾

𝑅
 

(4.2) 

Here common interfacial tension characterization techniques are discussed in brief. 

A Langmuir-Blodgett device (see Figure 4.1) is built around a trough made of Teflon which 
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is filled with water. Two movable barriers sit on top of water. Proteins or surfactants are 

dissolved in a volatile solvent and placed on the surface of the water between the two 

barriers. The volatile solvent is allowed to evaporate. When the barriers move closer 

together water can flow under the barriers but the surfactants remain at the surface. The 

surface tension is then monitored as a function of surface area at constant temperature to 

obtain the surface tension-area isotherm.  

 

 

Figure 4.1. Schematic diagram of Langmuir trough. 

 

 

Drop volume tensiometer is another way to measure surface tension. A schematic 

of drop volume method is shown in Figure 4.2. A drop of heavy density liquid (water) is 

dispensed through a capillary into a surrounding low-density phase (water immiscible oil). 

The drop is held at the tip due to the interfacial tension. The drop at a certain volume falls 
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when the separation force due to weight equals to the interfacial tension. At this moment 

the drop volume is measured and the interfacial tension is calculated.  

 

 

Figure 4.2 Schematic diagram of drop volume method. 

 

 

Bubble and drop oscillation is another common technique to measure surface 

tension. In general, a bubble or drop is formed at the tip of capillary inside of surrounding 

liquid phase (see Figure 4.3). Depending on the density difference between two liquids, the 

configuration of the drop varies. Pendant and sessile drop are two examples. Such shapes 

are determined by both gravity force and surface tension. Gravity force tends to elongate 

or squeeze the drop or bubble whereas the surface tension forces the drop to be spherical. 

The pressure difference across the liquid-liquid interface, the curvature of the bubble or 
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drop and their interfacial tension are related to each other as shown by the Young-Laplace 

equation mentioned above.  

 

 

 

Figure 4.3. Schematic of bubble/drop profile set up.169 

 

 

4.1.2 Interfacial Rheology 

Interfacial rheology describes the relationship between the deformed interfaces and 

corresponding interfacial tension as a function of time.161, 169-170 Dilatation, shear and bend 

can cause the deformation of the interfaces. In the dilatational deformation, the interface 

area is either increased or decreased while the shape of an interface remains the same. 

When applying shearing to the interface, the interfacial area keeps constant whereas the 

shape of an interface changes. The example of these two cases is illustrated in Figure 4.4.  
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Figure 4.4. An example of 2D shear and dilatational deformation of an interface. 

 

 

Only the dilatational model is discussed. As the interface is in expanded or 

compressed motion, the corresponding interfacial rheology is referred to a dynamic 

characterization. The expansion or compression can be slow or fast. In a dynamic 

measurement, the interfacial deformation leads to a sinusoidal change in surface tension 

(dγ) and a change in surface area. The infinitesimal change in surface area is expressed as 

 𝑑𝐴

𝐴
= 𝑑 ln 𝐴 

(4.3) 

The interfacial dilatational modulus E, is defined by 
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𝐸 ≡ |𝐸| =

𝑑𝛾

𝑑 ln 𝐴
 

(4.4) 

The magnitude of interfacial dilatational modulus provides the information about 

the stiffness of the interface while expanding or compressing. For an elastic-viscous 

interface, two components can be extracted from interfacial dilatational modulus, which 

are the interfacial elastic modulus (E’, in-phase contribution) and the interfacial viscous 

modulus (E”, out-of-phase contribution). They can be given as 

 𝐸 = 𝐸 cos 𝛿 , 𝐸" = 𝐸 sin 𝛿 , 𝐸 = 𝐸′ + 𝑖𝐸" (4.5) 

The phase difference between E’ and E” is presented by tan δ, which is described as 

 
tan 𝛿 =

𝐸"

𝐸′
 

(4.6) 

This is a measure of the elastic vs. viscous behavior of the interface, nominally higher 

elasticity shows a lower tan δ. 

Different techniques such as Langmuir trough, bubble/drop oscillation have been 

developed to measure the interfacial rheology (Table 4.1).  
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Table 4.1. Techniques used to measure interfacial rheology.161, 171 

Interfacial rheology techniques 

Dilatation Shear 

Langmuir trough 

Ring trough 

Drop volume tensiometer 

Bubble/drop oscillation 

Dynamic light scattering 

 

Langmuir trough 

Surface shear viscometer 

 

 

4.1.3 Interfacial Properties of Protein and Small Molecular Weight Surfactants 

The surface activity and interfacial properties of proteins and SMW surfactants 

have been extensively studied (Table 4.2). 96, 161, 170 Proteins are surface-active and show 

the ability to lower the interfacial tension of the fluid interfaces. Once the proteins absorb 

at the interfaces, their conformation may change. The protein desorption from the 

interfaces is often irreversible. The proteins are usually in globular shape. SMW surfactants 

have a hydrophilic head and hydrophobic tail and no conformational change at the 

interfaces. SMW surfactants can replace proteins at the interfaces in the case of protein-

surfactant complex. This results in the proteins desorption. Proteins can form a viscoelastic 

film at the interfaces whereas the SMW surfactants cannot. It is found that proteins 
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adsorption and desorption is slower than SMW surfactants because of their high molecular 

weight. 

 

 

Table 4.2. General interfacial properties of proteins and low molecular weight 
surfactants.161 

 

 

 

4.1.4 Interfacial Rheology Studies of Hydrophobins 

Langmuir-Blodgett trough technique has been widely used to examine the adsorption 

of hydrophobins at hydrophilic-hydrophobic interfaces (normally air-water and oil-water 

interfaces) as well as interfacial tension in the presence of hydrophobin. The Class II 
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hydrophobins HFBI and HFBII41, 172 are particular examples that have been extensively 

studied. Brewster angle microscopy has also been used to characterize internal tension of 

HFBI and HFBII.76, 167 Bubble/drop approach is another way to assess the surface 

properties of hydrophobins. Lumsdon et al measured the adsorption of HFBII at the air-

water and hexane-water interface with a digital video goniometer.173 Askolin et al. used 

bubble/drop technique to determine the surface-activity of Class I hydrophobin SC3.45 

They further compared the difference in adsorption behavior of HFBII and SC3, and found 

the maximal lowering of the water surface tension was obtained instantly or took several 

minutes in the case of HFBII and HFBI, respectively. In contrast, it took several hours in 

the case of SC3.45 Cox et al. determined the surface activity of HFBII at different 

concentrations.49 Surface tensiometry data showed that HFBII can reduce the water surface 

tension to approximately 30 mN/m. The equilibrium surface tension depends on the 

concentration of hydrophobins. First, the equilibrium surface tension decreases as the 

concentration of hydrophobins is increased. A break point is reached and surface tension 

sharply decrease as the surface is saturated with hydrophobins (i.e. the surface saturation 

concentration, SSC).18, 49 Further increase in concentration of hydrophobins, the 

equilibrium surface tension may or may not drop again. Linder et al. reported that the SSC 

term seems to have no direct connection with the formation of oligomers in solution. 

Therefore, SSC was suggested to describe the behavior of the hydrophobins better than the 

critical micelle concentration (CMC).18, 174  

Hydrophobins are known to stabilize foams and bubbles.4, 18 Cox et al. reported 

foams stabilized by Class II hydrophobin HFBII show no significant change in bubble size 

over 4 months and they are very stable across a wide range of pH conditions.48 The 
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exceptional foam stability is due to the adsorption of HFBII to the air-water interface, 

forming a highly elastic surface and thus preventing the foams from coalescence and 

disproportion. This is also applied to the air bubbles.49 The authors measured the interfacial 

shear elastic modulus and viscous modulus using a Pt-Ir Du Noüy setup. The measured 

surface shear elastic modulus is in the range of 300 - 400 mN/m,48-49 which far exceeds 

that of other typical proteins, about 10 fold higher. For example, the surface elasticity of 

β-casein and β-lactoglobulin is around 50 mN/m or less.175 Similar study was explored to 

show the comparison of stability foams made with HFBII, β-casein or β-lactoglobulin by 

measuring the differences in surface shear rheological properties.122 The highly elastic 

monolayer of HFBII hydrophobin shows wrinkles when it is subjected to compression. 

Basheva and co-workers measured the average wavelength of the periodic wrinkles (= 

11.5 ± 0.1 µm) and further calculated the bending elasticity (rigidity) of J19101.1  .47 The 

value of bending elasticity from HFBI adsorption monolayer is J18105.7  with an 

average wrinkle wavelength of 33 µm.176 It seems that for HFBI the bending elasticity is 

greater than for HFBII, which is 75 times greater. Alexandrov et al. characterized the 

elasticity of interfacial layers from HFBII hydrophobin by expansion and compression of 

the protein layers.121 The dilatational elasticity shows a clear increase trend when the 

surface pressure is small, corresponding to high surface tension, until it reaches 11 mN/m. 

At higher surface pressure, the elasticity exhibits the opposite tendency and the data are 

scattered. The maximum dilatational elasticity from pendant drop method is 300 mN/m at 

a concentration of 0.002 wt%. This approach is not applicable to hydrophobin solutions 

because the model fails to fit an irregular drop shape by means of the Laplace equation.18, 
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121, 176 Other studies on interfacial rheology of hydrophobins layers at air/water interfaces 

are included reference 129, 168, 177-179 

The interfacial properties of hydrophobins adsorption layers have been studied 

mostly at the air/water interfaces. There are only a few studies on interfacial rheology at 

the oil/water interfaces. Radulova et al first reported results on shear rheology of HFBII 

adsorption layer on oil/water interface, in particular hexadecane and soybean-oil.180 They 

found the values of shear elasticity for HFBII layers at hexadecane/water interface and 

soybean-oil/water interface are 106 mN/m and 148 mN/m, which are lower than for the 

air/water interface. Richter and co-workers performed studies on the adsorption and 

interfacial behavior of the Class I hydrophobin H*Protein B at silicon oil/water interface.181  

In addition to understanding the interfacial behavior of hydrophobin as a single 

species, studying a binary system containing hydrophobins and other surfactants or 

proteins are of interest too. The addition of β-casein leads to a rigid HFBII adsorption layer 

at the air/water interface.75, 182 The results on high elasticity indicate the formation of an 

interfacial bilayer consisting of a layer of β-casein towards to water phase and a second 

layer of HFBII facing to air phase.182 Blijdenstein et al reported the study of surface 

dilatational properties of HFBII adsorption layers in the presence of whey protein isolate 

at air/water interface.183 They claimed a multi-layer is formed at the interface, where HFBII 

rich layer is dominant on the top and whey protein is adsorbed on the bottom layer.  

The objective of this chapter is to understand the adsorption behavior of CU at both 

air-water and oil-water interfaces. The surface activity and dilatational moduli of CU at 

oil-water interfaces were investigated. That analysis, on samples of limited availability, 
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was made possible using a microtensiometer platform.184 This fully vetted technique is 

based on capillary tensiometry and has been used to characterize the dynamics and 

transport of small molecule surfactants184-187 as well as the irreversible adsorption and 

interfacial mechanics of polymeric surfactants,120, 188-189 polymer grafted nanoparticles,190 

colloidal particles,191-192 and proteins.102  

Knowledge of the interaction of hydrophobins with oil in water and hydrophobin 

membrane’s properties is germane to development of environmentally friendly dispersants 

for oil spill cleanup, and hydrophobins have been interacting with oils from natural seepage 

for eons. Additionally, the interaction of hydrophobins with organic molecules offers new 

opportunities in materials science. For example, CU membranes have been used to stabilize 

latex-like aqueous dispersions of semiconducting polymer solutions in organic solvents.193 

The oil being used is squalane (2,6,10,15,19,23-hexamethyltetracosane), which is a 

branched alkane with a melting point (-38 °C) well below the temperature range of interest 

for potential CU applications and with no measurable partitioning into water. 

Characterization of the progression and reversibility of membrane formation in the absence 

of competing surfactants was performed using dynamic and static measurements. 

Switching to mechanical (oscillatory) measurements, CU membranes were observed to 

grow quite strong, whether at oil-water or air-water interfaces. The study was extended to 

investigate how CU behaves at air interfaces in the presence of competitive surfactants.102 

The organization of the remainder of the chapter is as follows. After describing the 

experimental methods, the behavior of CU at the air-water interfaces are discussed. Then 

the main topic, the results of CU at oil-water interfaces, are addressed. These observations 
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suggest circular dichroism (CD) measurements to probe CU’s secondary structure, 

especially changes that may be induced by surface adsorption. 

 

4.2 Materials and Methods 

Cerato-ulmin was a gift from Dr. Wayne Richards of the Canadian Forest Service. It 

was produced by an aggressive strain of C. ulmi (RDT2) and purified by the methods of 

Takai and Richards86 and Stevenson et al.87 The purified sample was stored in a sealed vial 

and placed in a jar filled with Drierite® (CaSO4) at ambient temperature and pressure. The 

water used to prepare CU aqueous stock solutions was supplied by a Barnstead Nanopure® 

purification system. A stock solution of CU was prepared at a concentration of 20 g/mL. 

As a simple confirmation of potency, exposing glass and poly(tetrafluroroethylene) 

(Teflon) surfaces to CU, even at this low concentration, altered the water contact angle 

(See Chapter 2, Fig. 2.8). 

Squalane was purified by gravity filtration through a glass column packed with 1.5 

g of basic alumina. The filter medium was held in place with a slug of 400 m silica beads 

purchased from OPS Diagnostics, LLC, Lebanon, NJ.188  

The surface tension measurements were carried out using a microtensiometer design 

based on a capillary tensiometer (Figure 4.5). Because the apparatus has been described 

previously,184 here a brief summary will suffice. Bulk solution is placed into the ~3 mL 

solution well (A) which is fabricated from cross-linked polydimethylsiloxane (PDMS). 

The solution chamber is open at the top and sealed by a No. 1 cover slip at the bottom. A 

glass capillary (E) is inserted from one side of the chamber and connected with a pressure 



 109

transducer (B) through polyethylene tubing. The capillary is extended to make a 35 - 38 

µm tip using a capillary puller (Micro Data Instrument Inc., South Plainfield, NJ). An air 

bubble or oil drop is formed at the end of the capillary tip using a constant pressure head 

(C). The pressure is generated using a column of water attached to a three-way solenoid 

valve. An inverted light microscope and a camera are used to image the bubble or drop. 

The images are captured using a LabVIEW code. The radius of the bubble or drop is 

analyzed in real time by fitting a circle to images and extracting the radius, 𝑅(𝑡), of the 

spherical cap. The surface tension 𝛾(𝑡) is calculated from the Laplace equation, 

 
𝛾(𝑡) =

𝑅(𝑡)(𝑃(𝑡) − 𝑃 )

2
  (4.7) 

 

where 𝑃(𝑡) is the pressure behind the fluid slug inside the capillary and 𝑃  is the 

hydrostatic pressure of the aqueous solution at the capillary. The difference 𝑃(𝑡) − 𝑃  is 

then the pressure jump across the hemispherical cap trapped at the end of the capillary. 

Rinsing the bulk solution with deionized water is achieved via the dilution/exchange bath 

valve (D) and peristaltic pump.  The residence time of the reservoir is on the order of tens 

of seconds. 

To determine the dilatational modulus, a reciprocating pump generates periodic 

pressure fluctuations to expand and contract a single bubble or drop. A low-amplitude 

pressure (400 Pa) oscillation is imposed at a frequency of 1.9 rad/s, and the response in the 

radius is measured. For an air bubble or oil drop, the dilatational modulus E is expressed 

as,188 
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𝐸 =

𝑑𝑃

𝑑 ln 𝐴
 (4.8) 

 

where PS is the surface excess normal stress and A is the surface area of the spherical cap. 

The magnitude of the complex dilatational modulus can be calculated from the pressure 

and radius measurements as  

 
|𝐸∗| =

𝑏

1 − 𝑏

𝑅

∆𝑅

𝑃 𝑅

2

∆𝑅

𝑅
+ 2

∆𝑅

𝑅
cos ∅ + 1 (4.9) 

 

where  𝑏 = 1 −  and ∆𝑅 = . 𝑃  is the equilibrium pressure, 𝑅  is the 

equilibrium radius, 𝑃  is the amplitude of the pressure oscillations, 𝑅   is the amplitude of 

the radial oscillations, 𝑅  is the capillary radius, and 𝜙  is the phase angle of the radial 

oscillations.194 The oscillatory data are processed using a fast Fourier transform in 

MATLAB to find the frequency, amplitude, and phase angle of the pressure oscillation and 

resulting radius oscillation signals. All reported modulus values were obtained in the linear 

limit of small-amplitude oscillations, verified by the absence of harmonics in the radius 

oscillations. 
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Figure 4.5 Schematic of the microtensiometer apparatus (top view, not to scale, 
adapted from Reference 38). 

 

Circular dichroism spectroscopy was performed to monitor possible secondary 

structural changes of Cerato-ulmin as a function of concentration as well as in the presence 

of alcohol. CD spectra of the hydrophobin solutions were acquired with a Jasco 810 

spectrometer at 20 °C. A rectangular quartz cell with 1 mm path length was used. The 

wavelength range was selected from 250 to 190 nm with a stepwidth of 1 nm and a 

bandwidth of 1 nm. The scan rate was set at 200 nm/min. The CD signals of the water 

background were subtracted. The data are averaged over three scans without smoothing.  

Contact angle measurements were measured on a 2 L Cerato-ulmin solution droplet 

under ambient conditions. The sessile drop technique was employed using a Rame-Hart 

goniometer coupled with DROP-image software. The static contact angle was averaged 

from three measurements at different locations for both Teflon and glass substrates. 
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4.3 Results and Discussion  

4.3.1 Air-water Interface 

The result of how CU behaves at the air-water interface has been published.102 Given 

sufficient time to develop, CU forms solid-like films with very high dilatational moduli of 

at least 500 mN/m, accompanied by surface pressures of approximately 15 - 22 mN/m at 2 

g/mL bulk CU concentration (Figure 4.6). The CU films were irreversibly adsorbed 

(stable towards rinsing with water). Once a rigid hydrophobin film forms, the interface 

becomes incompressible. Figure 4.7 shows the pressure and radius of a rigidified film 

during a compression experiment. The pressure is reduced at a constant rate of 11.3 Pa/sec 

with a syringe pump, but the radius does not respond to the changing pressure. At 180 

seconds, near a pressure of 100 Pa, the film buckles and collapses. 
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Figure 4.6. (a) Dynamic surface pressure and (b) dilatational modulus as a function 
of time for three sequential adsorption experiments of a 0.002 mg/mL solution of 
Cerato-ulmin at an air/water interface: immediately after pouring the sample into the 
reservoir (circle data points), a reservoir residence time of 1500 seconds (triangles), 
and a residence time of 3000 seconds (squares). Vertical “bars” in (a) indicate 
pressure oscillations to measure the dilatational modulus shown in (b). The inset 
shows the oscillations in surface pressure resulting from the imposed pressure 
oscillations. Lines are added in (b) to guide the eye.102  
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Figure 4.7. Pressure (open symbol) and radius (solid symbol) as a function of time 
during a compression experiment after the formation of a rigid CU film. The pressure 
is reduced at a steady rate of 11.3 Pa/sec. There is no change in the measured radius 
until the film buckles and collapses, at 180 seconds.102  

 

 

Sequential addition of a competing surfactant, sodium dodecyl sulfate (SDS), further 

increased the surface pressure while reducing the dilatational modulus. Only at high SDS 

concentrations was CU removed from the interface. That analysis, on samples of limited 

availability, was made possible using a microtensiometer platform.184 This fully vetted 

technique is based on capillary tenisometry and has been used to characterize the dynamics 

and transport of small molecule surfactants184-187 as well as the irreversible adsorption and 

interfacial mechanics of polymeric surfactants,120, 188-189 polymer grafted nanoparticles,190 

colloidal particles,191-192 and proteins.102 
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Figure 4.8. Dynamic surface pressure versus time for an air/water interface 
undergoing several bulk solution exchange steps. Filled symbols indicate adsorption 
from bulk solution, and open symbols indicate bulk fluid exchange with deionized 
water. Initially, the Cerato-ulmin adsorbs to the interface. The bulk fluid is exchanged 
with deionized water starting at 1650 seconds, once a protein film has formed. A 
0.1mM SDS solution is introduced to the reservoir at 1950 seconds, indicated by the 
vertical dashed line. The surface pressure is allowed to reach steady state before the 
reservoir fluid is again exchanged with deionized water. This process is repeated with 
several increasing concentrations of SDS, up to 10mM (greater than the critical 
micelle concentration).102  

 

Although our main focus is on the oil-water interface, it will prove valuable to update 

the previously published air-water results102 by extending them to lower CU concentration 

and by considering the response of incompletely formed CU membranes to rinsing with 

water. In clean water, the microtensiometer provided a value of 72.8 ± 0.5 mN/m. 

Measurements at our previously used CU concentration of 2 g/mL (0.26 M) showed a 

surface tension reduction of ~15 mN/m (Figure 4.9). This result agrees with previous 
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measurements15 by the du Noüy ring pull method at this concentration but falls short of our 

recent microtensiometry observations (~22 mN/m).102  
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Figure 4.9. Dynamic surface tension of 1 µg/mL and 2 µg/mL of bulk CU dispersions 
at an air-water interface. Measurements were taken at room temperature using 
bubbles with similar interfacial curvatures (53 or 43 µm for 1 µg/mL and 2 µg/mL, 
respectively). 

 

The easily measurable surface tension reduction suggested the feasibility of 

experiments at the even lower concentration of 1 g/mL (0.13 M). These experiments 

resulted, after longer initial plateaus and slower overall dynamics that necessitated longer 

measurements, in reproducible surface tension reductions of 22 mN/m. According to the 

du Noüy ring pull measurements,15 which show the expected monotonic decline in surface 

tension with CU concentration, the maximum surface tension reduction is ~25 mN/m, seen 

at CU concentrations >30 g/mL (3.9 M).  
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These results suggest sensitivity to small differences in handling, a problem 

exacerbated by the propensity of CU and other hydrophobins to form and stabilize small 

bubbles in unusual shapes that do not minimize surface area for a given volume of trapped 

air.46-47, 49 Measurements are also confounded by the fact that CU membranes form slowly 

into two-dimensional solids, making the comparison between a “static” experiment like du 

Noüy ring and an experiment that captures the full dynamics complicated. The observation 

that solutions at either 1 g/mL or 2 g/mL generate similar static surface pressures in a 

range of dilute solution demonstrates the exciting potential of these materials as surface 

active agents. Reproducibility at 1 g/mL for the series of solutions studied here was very 

good and the important point lies in the dynamics of the surface tension reduction.  

In all cases, the air-water surface tension versus time curves begin with a plateau 

where the surface tension does not vary significantly with time. At 2 g/mL, whether in 

the present study or our previous one, this plateau lasts about 400 s. At 1 g/mL the plateau 

time was extended almost three-fold to ~1200 s. As expected, these times are much longer 

than observed when measuring the interfacial behavior of small surfactants.184 The exact 

duration of the initial plateau trended to longer values with repeat runs, likely due to 

depletion of material to the surfaces of the reservoir lowered the bulk concentration and 

slowed the dynamics. Working with dilute solutions of highly surface-active species does 

require concern over depletion of the bulk solution when measuring dynamics, but by using 

protocols of pre-rinsing/coating the reservoir with bulk solution we are confident in stating 

that the essential behavior—an initial plateau in surface tension followed by a rapid decline 

after a certain induction period—is a combination of slow diffusion to the interface and a 

competitive adsorption/desorption behavior.185,42, 161  
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To determine whether membranes evolve structurally during the adsorption process, 

the air-water interfaces were rinsed with deionized water after adsorption had progressed 

for a certain time. Figure 4.10 shows two individual dynamic surface tension measurements 

in which rinsing was performed early in the adsorption process (a low surface pressure) 

and later (a larger surface pressure), after steady state had almost been reached. For the 

early rinse run, the dynamic interfacial tension curve (red) decreased from the clean water 

value of 72.8 ± 0.5 mN/m. At 1600 s, when the dynamic surface tension reached 69.8 ± 0.5 

mN/m, deionized water was introduced to the cell. The surface tension increased, 

indicating that some CU was removed from the interface. In the second run, the adsorption 

were permitted to continue for about 4200 s before exchanging the bulk solution. At this 

later time and larger surface pressure, the removal of CU from the surface was not 

observed. This suggests that the CU remained. The adsorption of CU is reversible at first, 

but becomes more difficult as the surface tension approaches its steady-state value. This 

observation invites measurements to determine the mechanical strength of the membrane.  
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Figure 4.10 Effect of rinsing the interface with DI water on the adsorption of 1 µg/mL 
of CU at the air-water interface. Arrow indicates when a water rinse was begun at 
1600 or 4200 seconds in each of the two separate runs. 

 

4.3.2 Dilatational Modulus of the Air-water Interface 

The dilatational modulus |E*| at the air-water interface was measured as described 

previously102 by oscillation of the applied pressure (Figure 4.6). Figure 4.11 shows the 

magnitude of |E*| as a function of time for two different bulk solutions. At a CU 

concentration of 2 µg/mL, starting from about 18 mN/m before 400 seconds, the 

dilatational modulus increases and reaches a value of 764 ± 45 mN/m by 1460 s, which in 

these experiments is the microtensiometer’s effective upper limit for reliable measurement 

(at longer times, the interfaces become too rigid and the radius modulations were too small 
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to detect 102). This result should be compared to that of typical small molecule surfactants, 

about 10 mN/m.190 For the lower concentration, 1 µg/mL, the dilatational modulus 

gradually increased, reaching about 15 mN/m at 760 seconds. Then it started to grow and 

followed the same trend as for 2 µg/mL of CU. The highest reliably measured value was 

748 ± 39 mN/m. As with the interfacial tension behavior the development of modulus is 

faster for membranes formed from 2 g/mL dispersions, but given extra time the 

membranes formed from 1 g/mL dispersion are just as strong. So, although the data of 

Figure 4.9 show lower surface tension for 1 g/mL compared to 2 g/mL, we make no 

claim regarding the relation between interfacial tension and interfacial elasticity, or E*. 

Every interface measured achieved a modulus so large that the deformation of its shape 

upon application of oscillatory pressure was smaller than the optical detection limit of the 

instrument. This confirms the highly elastic interfaces reported previously, but now at 

either 1 g/mL or 2 g/mL. Not only can a competing surfactant as used in Ref. 102 but also 

pure water itself disrupt the CU membrane, as long as it is supplied early in the membrane 

formation (at about 1500 s in Figure 4.10).  
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Figure 4.11 Dilatational modulus plot of 1 µg/mL and 2 µg/mL of CU at the air-water 
interface. 

 

 

4.3.3 Oil-water Interface 

A squalane-water interface was created that protruded slightly into the aqueous 

phase. Any air bubbles adhering to the tip were first removed by sweeping a sterile needle 

past the capillary. Figure 4.12 (black curve) shows the measured interfacial tension value 

as CU adsorbed from a dilute solution. The interfacial tension dropped immediately from 

the squalane-water value (52.5 ± 0.5 mN/m) and decreased continuously to a steady state 

value at 40 ± 0.5 mN/m, a reduction of 12.5 mN/m. Despite the lack of an apparent plateau 

at low times, as seen for air-water interfaces, almost 30 minutes were required for CU at 

the squalane-water interface to effect the full surface tension reduction. Again, many 
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factors may be responsible, including transport and orientation at interfaces, not to mention 

possible changes in the secondary structure. In a second run, the reservoir was pre-exposed 

to CU solution and emptied to guard against depletion of protein due to binding with the 

walls of the reservoir. As shown in Figure 4.12 (red curve) now the CU solution is able to 

reduce the surface tension from an intial value of 52.5 ± 0.5 mN/m by at least 23 mN/m.  

In Figure 4.12 the reduction of interfacial tension is not steady but instead seems to 

accelerate after about 100 s. It almost levels out between about 300 s and 700 s before 

resuming its downward trend. Regarding the cause of this unsteady, or stepped, surface 

tension reduction, curvature of the interface itself does not introduce artifacts in 

microtensiometry measurements presented here. The technique relies on changes in the 

curvature and pressure jump across the interface to characterize the interfaces.184 In our 

earlier work, the data for CU adsorbed at air-water interfaces were shown to collapse over 

a wide range of radii of curvature (see Figure 2 in Ref. 102). Finally, there was no evidence 

that CU partitions from the aqueous into the oil phase; squalane left in contact with an 

aqueous CU dispersion returned the same interfacial tension against water as pure squalane. 

The most likely explanation for the stepped surface tension reduction is creation of non-

equilibrium structures on the way to a more solid-like surface.  
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Figure 4.12 Dynamic interfacial tension of 2 µg/mL of CU at the squalane-water 
interface. The microtensiometer reservoir is either pre-exposed or post-exposed to 
dilute CU solution. Measurements were taken at room temperature using the 
interfacial curvatures (46 µm and 73 µm, respectively). 

 

Comparison of adsorption from bulk solution to squalane-water and air-water 

interfaces reveals details of the adsorption behavior. Figure 4.13 shows the comparison in 

terms of surface pressure, defined as Π(t) = γo - γ(t) where γo is the interfacial tension of 

the clean air-water/oil-water interface and γ(t) is the instananeous measured interfacial 

tension of CU solution, as shown in Figure 4.9 and Figure 4.12. Representing the data as 

Π(t) allows us to compare water and oil interfaces in terms of the differences, without 

regard for the pure air or pure oil surface tension values. The surface pressure rises as CU 

adsorbs to both interfaces, but for the squalane-water interface it starts increasing as soon 
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as the interface forms. At the air-water interface, an apparent plateau exists before the rapid 

increase in surface pressure. In this case, the final value of surface pressure reached is 

similar for both interfaces, suggesting a similar level of interfacial concentration (strict 

equivalence is not established, as that would require measurement of an isotherm). It seems 

adsorption of CU to an oil-water interface in a form capable of reducing surface tension is 

fast compared to that at an air-water interface, possibly due to differences in transport, 

molecular rearrangements or orientation of CU.185, 195 In the next two sections, exploration 

of these possibilities from mechanical and spectroscopic perspectives are shown.  
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Figure 4.13 Comparison of surface pressure as a function of time at squalane-water 
and air-water interface (Inset is semi logarithmic representation). Bulk solution 
concentration is 2 µg/mL. Capillary radii were 46 µm and 43 µm, respectively. Larger 
surface pressures are sometimes observed at the air-water interface.102 
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4.3.4 Dilatational Modulus of the Oil-water Interface 

As in Figure 4.10 for an air-water boundary, dilatational measurements were 

performed during the relaxation of an oil-water interface. Figure 4.14A shows interfacial 

tension and curvature profiles at the squalane-water interface with periods of applied 

oscillations. The interfacial tension decreases as CU adsorption takes place and surface 

pressure increases to 20 mN/m. Figure 4.14B shows the dilatational modulus as a function 

of time as CU adsorbs to the squalane-water interface. The dilatational modulus increases 

from 45 ± 2 mN/m to a highest reliably measured value of 339 ± 19 mN/m over a time of 

~30 min. These values are higher than the moduli typically measured for small-molecule 

surfactants, but lower than measured for CU at the air-water interface. Experiments were 

conducted by simply filling the reservoir, as with the air-water interface measurements, 

and after pre-treating the reservoir by exposing it to CU solution and emptying prior to 

loading with fresh solution. Given the result of Figure 4.12, it is not surprising that the 

latter procedure produced the stronger dilatational moduli. Results in this section refer to 

the measurements after pre-treatment of the reservoir, but the outcome is the same with or 

without pre-treatment: very low concentrations of CU produce very large surface tension 

reductions and high dilatational moduli.  
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Figure 4.14 Dynamic interfacial tension and radius measurements while oscillating 
the squalane-water interface (A) and dilatational modulus (B) as a function of time. 
The system is 2 µg/mL of CU at the squalane-water interface. 
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4.3.5 Circular Dichroism  

Circular dichroism spectroscopy was performed to identify structural characteristics 

of CU and how they may change at interfaces. First, CD spectra were recorded at different 

CU concentrations; see Figure 4.15. The CD signals were too weak to collect at the 

concentrations below 20 g/mL, so the same low concentrations used for microtensiometry 

could not be investigated. At all measurable concentrations, the overall features of the far 

UV CD spectra were similar. All spectra are characterized by a minimum at ~200 nm, 

suggesting CU is rich in -sheets. A weak negative band close to 225 nm indicates partial 

-helical structure. These results agree with those of Yaguchi et al., who reported infrared  

and Raman spectra showing that CU contains both -sheet and -helix.91 Although no 

major changes appear, the band intensity at 200 nm increases with CU concentration, which 

is attributed to increased -sheet folding. It is known that hydrophobins self-assemble into 

aggregates (dimers or tetramers) driven by the interaction between the surface hydrophobic 

patches existing among monomeric molecules. The secondary structures such as -sheets 

and -helical structure are expected to be preserved during self-assembly.196 This could 

explain the minor change in the far UV CD with increasing CU concentration. Agitation 

of CU solution leads turbidity due to the formation of microstructures stabilized by CU,46 

yet no changes in CD spectral shape were observed after vigorous shaking of the solutions. 

Only a slight alteration of intensity was seen, which was due to accumulation of protein at 

the air-water interface.45 The effect of a hydrophobic solvent, ethanol, on the secondary 

structure of CU was also studied. The far UV CD spectrum of CU in 70% ethanol (v/v) 

indicate that ethanol does not have a dramatic effect on the conformation of the 

hydrophobin within the bulk solution. Similar observations have been reported for Class I 
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hydrophobin EAS15.197 Temperature also had almost no effect on the shape of the CD 

spectra of CU solutions (Figure 4.16) but reductions in the band intensity with increasing 

temperature probably signal partial unfolding.  

190 200 210 220 230 240 250

-2x109

-1x109

0

1x109

 

 

[ 
] /

 d
e

g
 × 

cm
2
 × 

d
m

o
l-1

Wavelength / nm

 0.2 mg/mL 
 0.2 mg/mL shaking
 0.3 mg/mL in 70% ethanol
 0.33 mg/mL 
 0.5 mg/mL 

 

Figure 4.15 CD spectra of the Cerato-ulmin hydrophobin in water at different 
concentration, after vigorous shaking and in 70% ethanol (v/v). 
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Figure 4.16. CD spectra of the Cerato-ulmin hydrophobin as a function of 
temperature. (A & B) 0.2 mg/mL CU before and after shaking, (C) 0.33 mg/mL, (D) 
0.33 mg/mL in 70 % ethanol (v/v) and (E) 0.5 mg/mL. 
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Having established the basic CD spectroscopy of aqueous and ethanolic CU solutions 

and agitated suspensions, we can turn to the behavior in the presence of oil. These studies 

were accomplished by shaking CU suspensions in the presence of squalane. This had 

almost no effect on the CD spectrum, as shown in Figure 4.17, but ultrasonication resulted 

in an emulsion, whereupon the minimum band of the CD spectrum lost intensity, 

broadened, and shifted from 200 nm to 205 – 208 nm. The signal at 225 nm intensified. 

These changes indicate an increase in -helical content. Such changes resemble the 

conformational transition of the Class II hydrophobin HFBI when it binds to colloidal 

Teflon.45   
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Figure 4.17 CD spectra of 0.2 mg/mL of Cerato-ulmin hydrophobin in the presence of 
oil, with shaking, and after sonication. 
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To summarize the results, high surface pressure (~20 mN/m) was observed from very 

dilute CU solutions (1 g/mL or 0.13 M) at both air-water and oil-water interfaces. The 

corresponding elastic modulus reaches values almost 75 times higher than observed for 

typical surface-active proteins. The mechanism leading to such strong interfaces for CU is 

not known, but the process is likely controlled by the rate of diffusive transfer relative to 

that for adsorption to the interface in an orientation and form that can reduce surface 

tension.163, 166 Once bound, or perhaps concurrent with binding, the protein may experience 

conformational change,42 jamming109, 190 and/or “sticky” hydrophobic interactions with 

neighboring proteins.198 At the air-water interface, surface tension reduction and elastic 

strengthening only occur after an induction period, which is much longer than it is at oil-

water interfaces.  

These results are consistent with others on interfacial protein adsorption. In a study 

on the Class I hydrophobin H*Protein B, Richter et al.181 classify adsorption into three 

regimes, following the work of Beverung, Radke and Blanch166 on non-hydrophobin 

proteins. In Regime I, corresponding to the induction period, proteins diffuse to the 

interface without much effect on surface tension. Regime II is characterized by a rapid 

decline of surface tension. In the third and final regime, the reduction in surface tension 

slows as the interface solidifies (Beverung, Radke and Blanch use the term “gelation” for 

this phase). The CD spectra of Figure 4.17 support the notion of a surface-induced 

conformational transition for the oil-water interface, but no such evidence is found from 

Figure 4.15 for the air-water interface. It has been reported that Class I hydrophobin SC3 

undergoes structural changes at adsorbed interfaces,30 but the two Class II hydrophobins 

HFBI and HFBII did not show significant conformational changes at the molecular level 
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at an air-water interface.45 They do in the presence of colloidal PTFE, and this resembles 

our result at a squalane-water interface after sonication. Other mechanisms to stabilize the 

surface may occur concurrently (at least at the time resolution of our present experiments) 

with the conformational transition sensed by CD. For example, hydrogen bonding, 

hydrophobic and covalent bonding (crosslinking), and electrostatic interactions may vary 

strongly.161 The fashion of the hydrophobin molecular packing could also affect surface 

elasticity. Knoche et. al 199 proposed a model featuring hard cores with soft shells to explain 

the elastic properties of hydrophobin-coated interfaces. Elucidation of the degree of surface 

coverage or the importance of conformational change requires a separate measurement like 

neutron reflectivity128, 200 or vibrational sum-frequency generation spectroscopy.201-202  

 

4.4 Conclusion 

Cerato-ulmin reduces the interfacial tension of both oil-water and air-water 

interfaces, even at a low CU concentration of 1 µg/mL (0.13 µM). The quick action at oil-

water interfaces compared to the long induction period at air-water interfaces suggests that 

CU adsorbs in a form capable of reducing tension more quickly at oil-water interfaces 

relative to air-water interfaces. In support of this idea, far UV CD spectra show a significant 

enhancement of the helix content after oil-water microemulsion formation. Other potent 

environmental factors such as alcohol and temperature only exert a comparatively minor 

effect on CU’s secondary structure. For either oil-water or air-water interfaces, many 

minutes are required to reach steady interfacial tension values, suggesting that it is 

worthwhile to characterize protein transport fully before designing applications. Initially, 

CU adsorption at an air-water interface is reversible by water rinsing, but this property is 
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lost in aged samples. The increase in dilatational interfacial modulus during oscillation 

experiments shows that the air-water interface stiffens as CU adsorbs. The highest reliably 

measured dilatational modulus at the air-water interface was 764 ± 45 mN/m but aged 

membranes probably achieve even greater moduli not measurable by our methods. The 

CU-adsorbed squalane-water interface is not as rigid as the air-water interface but still 

shows very high stiffness, ultimately reaching a dilatational modulus of 339 ± 19 mN/m. 

These values are higher than those measured for most proteins, including other 

hydrophobins (Table 4.3).34, 49, 102, 121, 129, 180-181, 203-204  

Table 4.3. Interfacial moduli measured for various hydrophobin systems. 

Hydrophobin Class 

Dilatational/Shear Elasticity (mN/m) 

Air-water interface Oil-water interface 

Cerato-ulmin II >764 (0.0002 wt%)102,205 >339 (0.0002 

wt%)/squalane205 

HFB II II 300 -350 (0.002 wt%)121 

500 (0.15 wt)%129 

150 (0.005 wt%)/soybean 

oil180,a 

110 (0.005 wt%)/n-

hexadecane180,a 

HFBI II 500 (0.00072 wt%)49,a 500 (10 wt%)/Galden® 

V90203,a 
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Charged-

engineered 

HFBI  

II 1400 (0.00023 wt%)204,a / 

H* Protein A I / 4 (0.4 wt%)/octane34  

H* Protein B I / 25 (0.000047 wt%)/silicon 

oil181 

a, shear elasticity 

 

 

Much remains to learn about CU adsorption to air-water and oil-water interfaces. For 

example, how quick is the transition in the secondary structure relative to adsorption and 

surface tension reduction/modulus build-up?   

 

 



 135

 

Figure 4.18 Membrane development at oil-water (blue curve) and air-water (red 
curve) interfaces, showing induction period for air-water curves, followed by more 
rapid growth in surface pressure. 

 

 

Figure 4.18 depicts a tentative scheme, based on that of Beverung, Radke and Blanch;166 

see also Richter et. al..181 It highlights the differences between air-water and oil-water 

interfaces, including the secondary structural conformation transition in the latter case 

(indicated by orange helix). The air-water surface stronger than the oil-water interface, and 

strengthens quickly after a long induction period. The increased helix content attending the 

adsorption of CU to an oil-water interface is largely based on ultrasonication results leading 

to a microemulsion. The fast action at oil-water interfaces (compared to air-water case) 

could equally well be the result of specific interactions with the oil phase.  
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Promising avenues for future investigation include other frequencies for the dynamic 

measurements and the addition of salt and other components, like alcohols and oils other 

than squalane, that may alter possible conformational transitions, or “sticky” interactions. 

Physicochemical characterization of CU and its aggregates as a function of concentration 

in the bulk phase may help to identify why there is a plateau prior to surface tension 

reduction at the air-water interface and why it varies with concentration. Given the low 

concentrations, these experiments are expected to be challenging. Similar investigations in 

a bulk CU dispersion under an oil-water interface could reveal whether trace oil in the 

aqueous phase alters how CU is dispersed. Finally, the strength of the membranes invites 

continued experiments to use hydrophobins to develop novel materials.  
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CHAPTER 5. DIFFUSIVE DYNAMICS OF CU BUBBLES 

DEBRIS AND NANOPARTICLES UNDER CU OIL DROPLET 

CONFINEMENTS BY DIFFERENTIAL DYNAMIC 

MICROSCOPY  

 

5.1 Introduction 

The diffusion of small molecules, macromolecules, and nanoparticles is evident in 

chemical, biological and physical systems. Nevertheless, these systems often include 

complex and confined geometries and fluids. For example, natural porous structures and 

surfaces, crowded environments and complex biological systems. Understanding the 

dynamics of nanoparticles in a variety of complex systems is of significant interest206 and 

is required for not only fundamental studies207 but also different applications, such as drug 

delivery, enhanced oil recovery and remediation.208 Brownian motion caused by thermal 

motions characterizes of particle diffusion in the liquid phase. Robert Brown was the first 

to describe the motion of pollen particles in a static liquid suspension.209 Einstein solved 

the relationship between the coefficient of diffusion of the particle (D) and other physical 

properties including the particle radius (R), and the viscosity () of the liquid phase at a 

temperature (T).210  
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Two common techniques have been used to quantify the dynamics of a suspension 

of nanoparticles either as individuals or as a group. The particle tracking method tracks the 

position of an individual particle based on real-space micrographs as a function of time. 

The determined trajectory provides information on the dynamics in a limited region of 

interest of a sample. The experimental setup includes an optical microscope and open 

source algorithm. Particle tracking becomes more challenging for nanoparticles as their 

size is smaller than the resolution of the microscope. The other well-known technique for 

characterizing the dynamics of nanoparticles is the scattering method. Depending on the 

incident light, it consists of light, X-rays and neutron scattering. Traditionally, the diffusive 

dynamics of nanoparticles in dilute suspension have been measured by dynamic light 

scattering (DLS). DLS consists of shining a laser through the dilute particle suspension and 

monitoring the intensity fluctuations of scattered light as a function of time. It provides the 

average information on the dynamics of a sample. DLS also has limitations. For example, 

DLS is typically not reliable for measuring dynamics in complex geometries or region of 

interest of a sample. It also struggles in very dilute suspensions, and is not suitable for high 

concentrations of a sample.  

Differential dynamic microscopy, also known as DDM, is becoming an emerging 

technique to measure sample dynamics. It was first developed by Cerbino and Trappe in 

2008.211 This new approach consists of a standard light microscope with normal 

illumination and a digital fast camera. A series of sample images is analyzed using a digital 

Fast Fourier transform and the relevant dynamics are obtained.212 The first attempt was 

made to measure an aqueous dispersion of colloidal particles with 73 nm using simple 

bright-field illumination.211 Since then, different microscopy approaches have been 
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developed, ranging from bright-field to fluorescence-based, confocal, polarized, and dark-

field to study diverse systems. Ferri et al. studied the kinetics of colloidal fractal 

aggregation induced by adding salt.213 Wilson and Martinez used DDM to measure the 

dynamics of E. coli bacteria and their swimming speed distribution.214-215 He et al. reported 

the diffusive dynamics of polystyrene nanoparticles using fluorescence based DDM and 

compared to the measurements from dynamic light scattering.216 Confocal DDM was first 

introduced by Lu and they characterized concentrated hard-sphere-like colloids.217 The 

dynamics of nematic liquid crystals218 and gold nanoparticles have been studied using 

polarized and dark-filed based DDM, respectively. Others include anisotropic magnetic 

particles219 and Janus particles.220  

Researchers have also applied DDM to more complex systems and confined 

geometries. Dienerowitz and co-workers were able to retrieve the flow information from 

the image structure function of sub-diffraction nanoparticle suspension.221 DDM allowed 

them to spatially resolve the flow velocity and map out the flow profile across the width of 

a microfluidic channel. Cell mobility on curved substrates was observed by Gouglass.222 

They found the minimal radius of curvature that constrains motility of rat Schwann cells 

along the axis of cylinder is determined based on difference images analysis. Another 

example is the determination of the diffusive dynamics of nanoparticles in microfabricated 

arrays of nanoposts. The Conrad group showed the dynamics of nanoparticles of diameter 

200 - 400 nm slowed as the spacing between posts was decreased.223-224 They further 

conclude the strongly confined nanoparticles experience a heterogeneous spatial 

environment leading to non-Gaussian diffusive dynamics.225 Other examples include 
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anomalous diffusion behavior of small particles as they move in a slowly rearranging, glass 

matrix of large spheres.226 

One objective of this research is to use DDM to measure dynamics of hydrophobic 

polystyrene latex beads in oil droplet confinement stabilized by CU membrane. First, DDM 

was validated by measuring dynamics of standard monodispersed polystyrene beads 

aqueous solutions. As a second application, DDM is demonstrated to study diffusive 

dynamics for region of interest. Specifically, bubble debris expelled from micrometer CU-

coated bubbles were of interest. Finally, DDM is proved to be an easy and powerful 

technique for local diffusive dynamics of particles confined in CU-coated oil droplet. This 

suggests potential for applications such as controlled drug release from 

encapsulations/vesicles.208  

 

5.2 Materials and Methods 

5.2.1 Latex Beads Suspensions 

Uniform polystyrene (PS) microspheres and cross-linked 

poly(styrene/divinylbenzene) (PS/DVB) were purchased from Bangs Laboratories Inc., 

Polysciences Inc. and ThermoFisher Scientific. The diameter of microspheres includes 50 

nm, 119 nm, 290 nm, 500 nm and 1 - 2 m. The nanoparticles are well dispersed in water 

with the addition of a trace amount of surfactant to inhibit aggregation and promote 

stability at a weight fraction of 1 – 10%, depending on vendor. Generally, the nanoparticles 

have a density of 1.05 g/cm3 and a refractive index of 1.59 at a wavelength of 589 nm (25 

°C).  
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DDM microsphere aqueous suspensions were prepared by diluting the original 

concentration in 1:1 or 1:2 v/v with deionized water or used as received without dilution. 

Non-aqueous suspensions of cross-linked PS/DVB particles were prepared following the 

protocol in elsewhere.227 To transfer the particles from aqueous to organic solvent, they 

were first treated with deionized water and then transferred to the organic solvents. Because 

many organic solvents are not miscible with water, successive steps of solvent exchange 

were performed. In brief, first exchange was made to water in the original suspension with 

ethanol through 3 cycles of dilution and concentration; in each cycle, the particle 

suspension was diluted with ethanol, sonicate for 10 minutes, centrifuge at 4700 RPM for 

30 minutes, and remove the supernatant. Then the process of dilution and concentration 

with octanol to exchange ethanol for octanol was repeated for 3 times. To suspend the 

particles in nonpolar solvents such as toluene, suspension of particles was diluted by 

volume in octanol by a ratio of 1:10 with the desired nonpolar solvent. Nanoparticle 

dispersions were withdrawn by capillary force to VitroCom rectangular capillary tubes. 

The typical dimensions for the capillaries were 100 m in thickness and 1 mm in width. 

The samples were flame-sealed to prevent evaporation. 

 

 

5.2.2 Theoretical Background of Differential Dynamic Microscopy 

The DDM experimental set up consists of a Leica DM2500P microscope equipped 

with a scientific CMOS camera (PCO.edge, 1920 × 1280 pixels). A condenser lens 

(numerical aperture 0.9) is used to focus white light on the sample. An objective with 50 × 
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magnification (numerical aperture 0.55) is used for detection. In a typical experiment, a 

stack of 3000 images is acquired with a frame rate of 60 fps and an exposure time of 8 ms. 

The longer exposure time potentially provides higher signal-to-background contrast, which 

is crucial to extract the light scattering off the samples from overall signal background in 

the data analysis process later. The region of interest is set to 500 × 500 pixels in the middle 

of the camera sensor. The size and location of the region of interest are subject to change 

depending on the needs. 

To extract the dynamics of  the particles, a DDM algorithm was written in 

MATLAB by Dr. Jinxin Fu as described in the literature.211 First, the intensity difference, 

 𝐷(𝑥, 𝑦; ∆𝑡) = 𝐼(𝑥, 𝑦;  𝑡 + ∆𝑡) − 𝐼(𝑥, 𝑦;  𝑡) (5.1) 

 

 is obtained by subtracting two images acquired at different times, where 𝐼(𝑥, 𝑦; 𝑡 + ∆𝑡)is 

the intensity obtained in the sensor plane (𝑥, 𝑦) at time t, and the minimum delay time ∆t 

here is 0.017 s depending on the frame rate. After performing Fourier transform of 

𝐷(𝑥, 𝑦; ∆𝑡), we obtained,  

 
𝐹 𝑢 , 𝑢 ; ∆𝑡 = 𝐷(𝑥, 𝑦; ∆𝑡)𝑒𝑥𝑝 −𝑖2𝜋 𝑢 𝑥 + 𝑢 𝑦 𝑑𝑥𝑑𝑦 (5.2) 
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where 𝑢 , 𝑢  are the coordinates in Fourier space. By calculating the square of the 

absolute value of 𝐹 𝑢 , 𝑢 ; ∆𝑡  and assuming the sample is isotropic, the 2D image 

structure function |𝐹 (𝑞, ∆𝑡)|  is obtained. Finally, we fitted it to,  

 |𝐹 (𝑞, ∆𝑡)| = 𝐴(𝑞)[1 − 𝑓(𝑞, ∆𝑡)] + 𝐵(𝑞) (5.3) 

 𝑓(𝑞, ∆𝑡) = 𝑒𝑥𝑝 −∆𝑡/𝜏(𝑞)  (5.4) 

 

where 𝑞 = 2𝜋 𝑢 + 𝑢  is the scattering wave factor by averaging azimuthally, A(q) is the 

signal factor, B(q) is the background, and (q) is the relevant q-dependent decay time. A 

single exponential fitting model is used to extract the decay time using OriginLab software. 

The decay rate (Γ(𝑞)) is defined as 1 𝜏(𝑞)⁄ , and the diffusivity of nanoparticles 𝐷 =

Γ(𝑞) 𝑞⁄ , is obtained by linear fitting going through origin intercept. More theoretical 

background appears in the original DDM paper211 and in review articles.212, 228 

 

 

5.3 Results and Discussion 

5.3.1 Dynamics of Latex Nanoparticles in Aqueous Suspensions 

A sequence of N = 3000 micrographs was acquired with a sampling rate of 125 

frames/s and an exposure time of 4 ms. Figure 5.1A shows a typical bright-field microscope 

image of 119 nm latex particle in an aqueous suspension. The image appears as a bright 

background with some dark spots. These dark spots are dust particles located on the camera 
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sensor. The particles of interest are below the resolution of the microscope, which is 

𝜆/2𝑁𝐴 ≈ 0.58 m. The signal due to the particles is barely visible as it contribution is 

small compared to the large background signal. Although they are weak, the signal caused 

by Brownian motion of the particles is dynamic and fluctuates all the time while the 

background signal is static. Subtracting two images acquired at different times allow to 

eliminate the background contributions in images and promote the particles signal. 

Examples of difference images obtained by this subtraction procedure are shown in Figure 

5.1B, C and D. They are separated in time by 8 ms, 80 ms and 240 ms, respectively. The 

signal has become visible after subtractions and has increased as the grainy appearance of 

the difference images increases due to long separation time. The increasing signal suggests 

the increasing displacement of the particles. Figure 5.2 image structure function 

|𝐹 (𝑞, ∆𝑡)|  for the images B, C and D in Figure 5.1. Each image is the result of an average 

over 1000 statistically independent difference image with the same separation time. The 

donut signal has increased too. 
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Figure 5.1. (A) Microscope image of an aqueous suspension of 119 nm particles at a 
weight fraction of 1.3%. The particles are below the resolution of the microscope and 
the signal generated by them is very small. (B to D) Results of the subtraction of two 
images taken 8 ms, 80 ms and 240 ms apart in time. The signal due to the particles is 
now visible from diffuse speckle patterns and has increased. The size of each panel 
corresponds to 51 m in the sample. 

 

 

 

Figure 5.2. Results of images structure function |𝑭𝑫(𝒒, ∆𝒕)|𝟐for the images B, C and 
D in Figure 5.1. Each image is the result of an average over 1000 statistically 
independent difference image with the same separation time. The donut signal has 
increased too. 
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From a time series of images similar to those shown in Figure 5.1A, the azimuthal 

average |𝐹 (𝑞, ∆𝑡)|  was calculated as a function of the wave vector 𝑞 for different values 

of the separation time ∆𝑡 (see Figure 5.3). The area under the curve increases with ∆𝑡. 

Representative delay time dependence of the image structure function |𝐹 (𝑞, ∆𝑡)|  at three 

values of 𝑞 (= 1.60 m-1, = 2.83 m-1, = 3.45 m-1) for suspensions of nanoparticles with 

diameter 119 nm is shown in Figure 5.4. Data at different values of 𝑞 increased 

monotonically with the delay time ∆𝑡 until reaching a plateau at long delay times, 

indicating the system had decorrelated. The crossover to the plateau value shifts to smaller 

∆𝑡 as the wave vector 𝑞 increases, suggesting a 𝑞 dependence in the characteristic time of 

the system. Such behavior is similar to 𝑞 -dependence correlation functions in DLS. The 

non-normalized representation of the image structure function against delay time (Figure 

5.4) looks odd at first glance because the black curve corresponding to low q value has the 

highest slope. After normalization of the baselines for each q value, it is clear that the black 

curve is the slowest plot.  
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Figure 5.4. Growth of |𝑭𝑫(𝒒, ∆𝒕)|𝟐with delay time ∆𝒕 for three values of 𝒒. The 
continuous lines are fits of the data to Equation 5.4.  
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Fitting the data in Figure 5.4 to Equation 5.4 allows to extract the characteristic 

time 𝜏(𝑞), as shown in Figure 5.5 for q ranging from 0.5 m-1 to 5 m-1. 𝜏(𝑞) scales as 𝑞 

in power of 1.95 ± 0.03, which is close to the theoretical value of 2 for Fickian diffusion. 

Using the formula 𝐷 = Γ(𝑞) 𝑞⁄ , the diffusion coefficient of the nanoparticles is fitted to 

be 4.4 ± 0.1 m2·s-1. The estimated diffusion coefficient (using Stokes-Einstein equation) 

is 4.1 m2·s-1. The experimental result is in good agreement with the theoretically expected 

values over the 𝑞 range. The decay rate (Γ) versus 𝑞 is sensitive to linear behavior.  
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Measurements from particles with different diameters were also performed using 

DDM. The characteristic decay time  versus the wave vector q plots for four particles are 

summarized in Figure 5.6. As for different particles, the characteristic decay time  scales 

as q-2 as expected from the anticipated free diffusive behavior of the nanoparticles. For all 

four latex nanoparticle samples, the diffusion coefficient results measured by DDM are in 

good agreement with the estimated value calculated from the Stokes-Einstein equation as 

shown in Table 5.1. These results indicate DDM is reliable for measuring dynamics of 

nanoparticles in aqueous solution at higher concentration normally not handled by 

traditional method such as DLS. DDM provides a new and alternative way to measure 

dynamic diffusion.  
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Figure 5.6. Summary of four particles with different diameters (119 nm, 221 nm, 290 
nm and 500 nm). 

 

Table 5.1. Diffusion coefficient results of DDM compared to expected theoretical 
values for four latex microspheres. 

Particles/diameter 

nm 

D (DDM) 

m2/s 

D (Stokes-Einstein) 

m2/s 

119 4.4 ± 0.1 4.1 

210 2.19 ± 0.08 2.34 

290 1.76 ± 0.03 1.69 

500 1.07 ± 0.01 0.98 
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Here, several advantages of DDM over traditional light scattering technique such 

as DLS are highlighted. From the sample preparation point of view, DDM does not require 

dust-free samples and is immune to the static dust that is present in the sample as it can be 

subtracted off between two images by any intervals. This allows sample preparation for 

DDM to be much easier. Unlike DLS, any large particles or dust exist in the scattering 

volume would destroy the measurement, therefore DLS samples are often prepared and 

cleaned followed by specific procedures. In terms of colored materials, it is no problem for 

DDM because the light source used in experiments is incoherent such as LEDs, but often 

an issue as coherent laser source is common in DLS. Using the microscope as a platform 

for imaging in DDM provides multiple options with respect to images collection and 

contrast enhancement. In other words, bright-field, dark-field, and fluorescent microscope 

can be used for various samples. For bidisperse colloidal suspensions,229 DDM enables 

measurement of diffusion of the little objects in the presence of big ones. It can even 

measure objects in the region of interest among inhomogeneous systems, which is 

challenging in DLS. The disadvantage of DDM is its inability to go to high q values, but 

in some applications this is an advantage. The information obtained from DDM could be 

complementary to that from DLS. Working at low q in DDM increases the possibility to 

provide high-resolution polydispersity analysis via Laplace transforms.229 DDM has been 

successfully applied to colloidal particles and protein aggregates but seems to be limited to 

real polymer in solutions, although the polymer has a molecular weight in the level of 

millions and high dn/dc. 
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5.3.2 Dynamics in a Region of Interest: Bubble Debris 

Differential dynamic microscopy permits diffusive measurement of region of 

interest. Some cylindrical bubbles coated with CU membrane turn into spherical bubbles 

after applying partial vacuum to the container. They fall apart if overpressure is supplied 

to increase the solubility of dissolved gases. Generation of small debris is observed from 

micrograph (denoted by red arrows in Figure 5.7). Such tiny debris are believed to be 

bubbles of submicron size rather than large protein aggregates. Measuring their dynamics 

provides information about the size and its distributions. It is more challenging to use DLS 

due to existence of micrometer size spherical bubbles. The intensity of scattered light from 

large bubbles dominates. Taking advantage of DDM, the region of interest for those tiny 

debris is easily taken series of microscopic images. The corresponding dynamics therefore 

is recorded.  

DDM experiments were performed on bubble debris shown in right below corner 

in Figure 5.7. Taking advantage of logarithmically sampled ∆𝑡 with 10 points per decade 

according to the procedure of Germain, Leocmach and Gibaud,230 results in the reduction 

of calculation time to a few minutes. The DDM matrix |𝐹 (𝑞, ∆𝑡)|  and auto-correlation 

function 𝑓(𝑞, ∆𝑡) projected on ∆𝑡 for different 𝑞 are shown in Figure 5.8, indicating either 

exponential growth or decay behavior. Figure 5.8C represents 𝑓(𝑞, ∆𝑡) collapses when 

plotted as a function of Δ𝑡𝑞  . This scaling is compatible with a Brownian diffusive 

process. That is also confirmed when plotted 𝜏(𝑞) versus q and have a slope of -2 (Figure 

5.9). Our measurements yield a diffusion coefficient of D = 0.61 m2/s. The apparent radius 

of bubble debris falls to ~ 400 nm.  
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Figure 5.7. Spherical CU-coated air bubbles fall apart into small debris (arrow 
indicated) as overpressure is supplied. Inset images show zoom-in view of two 
bubbles after falling apart.  
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Figure 5.8 DDM results from bubbles debris in Figure 5.7. (A) Growth of 
|𝑭𝑫(𝒒, ∆𝒕)|𝟐with delay time ∆𝒕 for three values of 𝒒 (m-1). The continuous lines are 
fits of the data to Equation 5.4. (B) Auto-correlation function 𝒇(𝒒, ∆𝒕) extracted 
from |𝑭𝑫(𝒒, ∆𝒕)|𝟐 at various 𝒒 versus ∆𝒕. Lines are exponential fits to the data 
according to Equation 5.4. (C) 𝒇(𝒒, ∆𝒕) at various 𝒒 rescaled as a function of 𝚫𝒕𝒒𝟐. 
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Figure 5.9 The bubble debris indicates characteristic Brownian diffusion behaviors 
and shows a uniform size of 400 nm in radius.  

 

 

 

Figure 5.10 depicts a sequence of optical microscopic images recorded by a fast 

camera as spherical CU bubbles fall apart. Different morphological transitions were 

observed during bubble dissolution. Debris kept fluctuating spatially for many minutes. 

After further dissolution, 3000 images were captured to determine the dynamic of those 

debris by DDM.  
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Figure 5.10. An example of time series of DDM micrographs denoting generation 
of bubble debris under overpressure. The frame rate was set at 125 frames per 
second. 3000 images were taken and DDM was calculated by averaging 1000 images 
statistically.  

 

 

5.3.3 Dynamics of Latex Nanoparticles in Confined Media (CU Oil Droplet) 

CU has shown the ability to encapsulate hydrocarbon oil into cylindrical droplets 

in aqueous dispersion. Therefore, water-insoluble colloidal particles or polymers can be 

dispersed into aqueous environment. Earlier experiments show toluene evaporates away 

from CU encapsulated toluene droplets as time proceeds (as shown in Figure 5.11). The 

droplets flatten and CU membranes are left behind and disappear eventually.  
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These behaviors can promote organic solvent evaporation-assisted alignment of 

encapsulated particles or polymers. Fluorescent C18 (stearyl alcohol) particles and rod-like 

polymer such as poly(-stearyl-L-glutamate) (PSLG) have been tried (Figure 5.12). The 

toluene-filled CU droplets containing fluorescent C18 particles deform and collapse over 

the time. No clear organization or alignment of particles is seen. Birefringence of PSLG 

under cross-polarized microscope becomes apparent as time progresses due to the 

evaporation of toluene from the droplets.  

 

 

Figure 5.11. Toluene evaporates away from toluene-filled CU droplets.  
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Figure 5.12. Bright-field (A) and epifluorescence microscopy images (B to D) of 
fluorescent C18 particles and cross-polarized microscopy images of rod-like PSLG 
polymer (E to H) in toluene-filled CU droplets as a function of time. 

 

 

Early studies show CU/water dispersion is known to form oil droplets when gently 

agitated with a small amount of nonpolar solvent layered on top of the sample. 

Hydrophobic particles are anticipated to be encapsulated inside of CU oil droplet after 

introducing them to the nonpolar solvent. The results confirm it. Commercial cross-linked 

poly(styrene/ 41% divinylbenzene) are hydrophobic and coated by surfactants to be well 

dispersed in water. After removal of surfactants on the particles surface and solvent 

exchange, PS/DVB are well dispersed in a binary mixture of 1-octanol and toluene by a 

ratio of 1:10 v/v. Figure 5.13 shows typical toluene-filled CU oil-droplets. They are in fat, 

sausage-like shapes. 1.54 m PS/DVB particles are evidently encapsulated inside of oil 

droplets. Aging time affects significantly the morphological of CU oil droplets. The 

evaporation of toluene from the capsules is related to changes in morphology. The oil 
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droplets become smaller as aging time progresses. On the other hand, encapsulated 

PS/DVB particles tend to become close to each other in packed fashion, in comparison 

with big distances between each other at short aging times. They are more packed at long 

times as shown in Figure 5.13E. After further aging, the particles stopped moving as judged 

by naked eyes. The relevant dynamics are expected to be slower and eventually lose the 

feature of Brownian motion. Here, DDM was used to monitor the dynamics of PS/DVB 

particles encapsulated inside of CU toluene-filled droplet at each aging time.  

 

 

 

Figure 5.13. Hydrophobic particles, cross-linked poly(styrene/divinylbenzene) with a 
diameter of 1.54 m, were encapsulated toluene-filled CU droplet. (A, B, C, and D), 
optical microscopic images of encapsulations as a function of time. (E), a zoom-in view 
of particles inside of encapsulations. 
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As control experiments, DDM was first performed on PS/DVB particles that were 

dispersed in toluene and drawn into a capillary glass tube. The representative image 

structure functions grow monotonically as a function of separation time for different values 

of wave vector q. The measured diffusion coefficient of PS/DVB particles is 0.35 ± 0.01 

m-2/s. Next, similar DDM procedure was conducted on PS/DVB inside of CU toluene 

droplet. The corresponding measured diffusivity of PS/DVB in confined media is 0.34 ± 

0.01 m-2/s.  

Figure 5.14 summarizes characteristic Brownian decay rate (inverse of 

characteristic relaxation time) at various q2 as a function of aging time of CU droplet for 

another individual experiment. The slope of  vs. q2 plot exhibits insignificant changes at 

first a few hours, meaning the evaporation of toluene is slow and has not impacted the 

PS/DVB particles’ diffusion. Nevertheless, the oil droplet becomes smaller in size and 

starts to return to the spherical shape and a declined trend in diffusion coefficient is 

observed as the toluene evaporates away from droplet at longer aging time, indicating the 

diffusion of PS/DVB particles becomes slower. This confirms the confinement 

environment due to solvent evaporation has caused the slowdown of particles’ diffusion 

dispersed in the confinement. At even longer time beyond 12 h, the diffusion coefficient is 

not measurable and becomes close to zero, suggesting no diffusive dynamics exist at this 

point.  
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Figure 5.14. Diffusivity of PS/DVB in toluene droplet confined by CU membrane as a 
function of aging time. 
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5.4 Conclusion 

CU-stabilized oil droplets sometimes exhibit solid-like interfaces. The high 

interfacial modulus allows long term stability of and oil droplets. Under certain 

circumstances, such as solvent evaporation, the oil droplets reconfigure their shape or size, 

confining the organization/packing of the particles dispersed inside droplet. Such systems 

complicate size determination of these particles by dynamic light scattering or even particle 

tracking. Instead, differential dynamic microscopy is suitable for measuring local diffusive 

dynamics of particles. The results show the particles freely follow Brownian diffusion at 

short time but lost their diffusive dynamics at long times due to solvent evaporation inside 

confinement. DDM proves to be an easy and powerful technique for such study. This 

suggests potential for applications such as controlled drug release from large vesicles. 
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CHAPTER 6. CONCLUSIONS AND FUTURE WORK 

6.1 Conclusions 

This dissertation has presented detailed measurements and characterization of air 

bubbles and oil droplets coated by surface-active hydrophobin, Cerato-ulmin (CU). 

Producing bubbles and droplets coated with CU was explored by starting with a variety of 

gases and organic solvent. CU is not fussy about forming bubbles. It requires a tiny, hard-

to-weigh speck of dry CU added to 1 mL of water and agitation of the container by gently 

rocking back and forth. The “solution” becomes opaque and turbid although CU is scarcely 

soluble at the molecular level. The experiments are reproducible by agitation and 

sonication (bath sonication destroys bubbles to “reset” the system). The formation of 

bubbles coated with CU is efficient even at a dilute concentration of 0.02 mg/mL. It is as 

easy to produce blobs as bubbles: one merely layers a nonpolar organic solvent atop the 

CU solution and agitates the container. Hexane, dodecane, and toluene were easily trapped 

and encapsulated. Both bubbles and blobs are in unusual cylindrical shapes with aspect 

ratios of length:width up to 35 and 5, respectively. No other hydrophobin systems 

reproducibly produce such structures. Then experiments were performed over different 

range of pH, temperature and pressure. Some rods have turned into spherical bubbles after 

applying partial vacuum to the container. They fall apart if overpressure is supplied to 

increase the solubility of dissolved gases. The cylindrical blobs are less compressible 

compared to bubbles and retain their shape with pressure change. After further expansion 

followed by release of tension, crinkled bubbles remain, suggesting CU molecules have 
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assembled at the interface and formed a strong membrane. Big bubbles are in millimeter-

size and visible in an optical microscope. Submicron bubbles are detected by dynamic light 

scattering. They are initially around 600 nm in radius, decreasing to 200 nm over a period 

of several hours. Those nanobubbles are stable and remain for a month. 

Chapter 3 described a facile method to produce stable sub-millimeter toroidal 

bubbles and provided possible mechanisms of the non-equilibrium shapes. Unlike other 

phospholipid vesicles produced by osmotic pressure, producing CU air-filled toroidal 

bubbles simply relies on atmospheric pressure changes. Manipulation of pressure in a 

prescribed sequence introduces shape transitions of the bubbles from cylinders to spheres 

and ultimately torus. The stable air-filled tori are in the scale of 100 µm and the major-to-

minor radius ratio of the majority toroidal bubbles is 1.41, known as Clifford torus. Non-

axisymmetric circular torus, known as Dupin cyclides, are also found and have a mean 

eccentricity of 0.20 ± 0.03. The size of the toroidal bubbles are correlated to the differential 

values between inside and outside pressures. A critical differential pressure window was 

found. The bending elasticity and curvature theories were applied to the formation of 

toroidal shapes.  

The stability of bubbles and droplets coated with CU led us to study the behavior of 

CU at interfaces (Chapter 4). The adsorption of CU solutions at air-water and squalane-

water interfaces has been characterized using a home-built microtensiometer at CMU. The 

interfacial tension at both interfaces were reduced by CU, even at a low concentration of 2 

µg/mL (0.26 µM), but adsorption is slow in either case. Hours or minutes were required to 

reach steady interfacial tension values. The measured dilatational modulus at the air-water 

interface was 764 ± 45 mN/m, while the CU-adsorbed squalane-water interface is not as 
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rigid as the air-water interface but still shows very high stiffness with a dilatational 

modulus of 339 ± 19 mN/m. Those values indicate interface about ten times stronger than 

those formed by traditional surfactant molecules. CU adsorption is irreversible, exhibiting 

no significant desorption upon fluid exchange with deionized water. The protein film 

remains rigid and incompressible after fluid exchange. The sodium dodecyl sulfate (SDS) 

is added to CU solution as a competing component, SDS co-adsorbs to the preformed CU 

membrane. For SDS concentrations greater than 0.32 mM (critical micelle concentration, 

CMC, equals 8.2 mM), the surface pressure increases with SDS concentration while the 

dilatational modulus decreases, indicating SDS is adsorbing to the interface and decreasing 

the rigidity of the CU membrane. Exchanging the bulk solution with deionized water after 

exposing the CU membrane to SDS reveals behavior that strongly depends on SDS 

concentration. At high SDS concentrations near the CMC, the surface pressure and 

dilatational modulus decrease substantially upon rinsing, indicating the nearly total 

desorption of CU and SDS. At moderate concentrations, some SDS remains adsorbed on 

the surface with CU, creating a mixed layer that retains an extremely large dilatational 

modulus. SDS can both disrupt and displace a preformed CU film as well as contribute to 

a mixed adsorption layer.  

The final research explored the delivery of hydrophobic molecules by taking 

advantage of CU’s ability to encapsulate nonpolar organics. An analytical method based 

on image enhancement, differential dynamic microscopy (DDM), was used to track the 

dynamics of the particles. The results show CU can efficiently deliver hydrophobic 

particles and molecules in nonpolar solvents to aqueous solutions. The solid-like interfaces 

confining the particles and solvent retain enough flexibility to reconfigure their shape and 
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size during solvent evaporation. The particles freely follow Brownian diffusion soon after 

encapsulation, but lose diffusive motion as the solvent evaporates. 

 

6.2 Future Work 

Future work will be aimed at extending further exploration based on what has been found 

in this dissertation.  

 

6.2.1 Coalescence Behaviour for Air Bubble and Oil Droplet Coated by CU 

Rarely, coalescence of expanded spherical bubbles occurs, whereas cylindrical 

bubbles never do possibly due to the thicker membrane. Figure 6.1 shows dumbbell and 

“T”-shape fused bubbles. They retain their unusual shapes both during the inflation and 

deflation. Our early studies show the solid-like CU membrane is attributed to the shape 

stability of a single bubble in Chapter 4. Continuous collaborating with Prof. Lynn Walker 

and Prof. Shelly Anna and using the modified two-capillary microtensiometer platform 

would allow future workers to characterize the coalescence behaviour between two air 

bubbles or oil droplets. Interfacial properties, such as coalescence time, interfacial tension 

and elasticity would be measured to help understand the mechanism of air bubble/oil 

droplet stability. The findings would provide more insight into application of CU 

hydrophobin as an emulsifier.  
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Figure 6.1. Bubble coalescence.  

 

 

6.2.2 Correlation of the Collapse Pressure and Toroidal Bubble Formation 

The formation of toroidal CU bubbles was achieved by application of pressure in a 

prescribed sequence (Chapter 3). Finding the critical pressure at which the crumpled 

bubbles start to rupture before full dissolving is the key to generating the holes of the 

toroidal bubbles. This pressure level acts as the upper limit while deflating the bubbles 

(Figure 6.2). On the other hand, locating the critical pressure at which the toroidal bubbles 

turn into full spheres is also important. This pressure level sets the lower limit during the 

inflation. The relationship between critical pressure and radius of the bubbles will be 

determined as well as the various morphological regimes. Understanding those correlations 

would provide a roadmap/procedure for mass production of toroidal bubbles. 
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Figure 6.2. Four cycles of pressure manipulations. The red dashed line denotes 
ambient pressure, and two blue ones represent ideal upper and lower pressure 
limits. Bubble fully dissolves above the upper limit and transforms to spherical 
shape below the lower limit. 

 

 

6.2.3 Wrinkling of the Pressurized CU-Coated Elastic Shell 

Wrinkling of the bubbles surface during the deflation would be another subject of 

interest. (Figure 6.3). Future study would be focused on presenting scaling laws for the 

critical pressure at which wrinkling occurs, the position and number of wrinkles in terms 

of applied pressure, and mechanical properties of CU-coated elastic shell.  
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Figure 6.3. Wrinkling of the pressurized CU-coated elastic shell. 

 

 

6.2.4 Polymerization in CU Droplets 

Polymerization of oil-soluble monomer inside of CU droplets is also of interest. 

Styrene is a good choice as the model monomer. Here styrene monomer with initiator 

azobisisobutyronitrile (AIBN) and fluorescent C18-coated silica was encapsulated by CU 

and heated at 70 °C for 14 hours. Optical and epifluorescence images of the single CU 

droplets containing the styrene monomer illustrate the deformation of droplet after 

polymerization (Figure 6.4). Future study is required to confirm in-situ polymerization in 
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the droplet. Particle tracking, or DDM discussed in Chapter 5, would be used to track the 

fluorescent particles inside CU droplet as the polymerization proceeds. Physical properties 

of synthesized polystyrene, such as molecular weight, melting or glass transition 

temperature and morphology, would be further characterized by Gel Permeation 

Chromatography (GPC), Differential Scanning Calorimetry (DSC) and Scanning Electron 

Microscopy (SEM). Other strategies to demonstrate that polymerization occurred include 

washing the objects with sodium dodecyl sulfate (SDS) and alcohol which are proved to 

disrupt the CU membrane. If the objects retain intact, it is likely the polymerization has 

succeed.  
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Figure 6.4. Optical and epifluorescence images of CU droplet containing styrene 
and fluorescent C18-Silica before (A and B) and after polymerization (C and D). 
Milky solution after polymerization (E).  

 

 

6.2.5 Cross-linking of Shells  

Although the unusual air bubbles (cylindrical, spherical, and toroidal ones) and 

sausage-like oil droplet remain long enough in the solutions for hours or days, it is desirable 

to preserve their structures or shapes permanently for practical applications such as light-

weight materials, contrast agents and etc. One strategy is to chemically crosslink the shells 
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of the objects. In general, four functional groups in the proteins are accountable for 

crosslinking despite the complexity of amino acid sequence and composition. They are 

primary amines (-NH2), carboxyls (-COOH), sulfhydryls (-SH) and carbonyls (-CHO). 

Among the amino acid composition of CU (Table 6.1), five reactive crosslinking targets 

exist including one Lysine (Lys) and four aspartic acid (Asp). Aldehydes and 

carbodiimides are common reactive reagents. Other specific reagents are also available. 

The crystallography of CU is not understood yet. Crosslinking CU shells may be expected 

to be challenging because the locations of reactive groups are unknown, either on the 

surface or in the core, in terms of the protein structure.  

 

Table 6.1. Amino acid sequence of Cerato-ulmin.91 

Ser. Asp. Ser. Tyr. Asp. Pro. Cys. Thr. Gly. Leu. Leu. Gln. Lys. Ser. Pro. Gln. Cys. Cys. 
Asn. Thr. Asp. Ile. Leu. Gly. Val. Ala. Asn. Leu. Asp. Cys. His. Gly. Pro. Pro. Ser. Val. 
Pro. Thr. Ser. Pro. Ser. Gln. Phe. Gln. Ala. Ser. Cys. Val. Ala. Asp. Gly. Gly. Arg. Ser. 
Ala. Arg. Cys. Cys. Thr. Leu. Ser. Leu. Leu. Gly. Leu. Ala. Leu. Val. Cys. Thr. Asp. 
Pro. Val. Gly. Ile. 
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