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SUMMARY
Oomycete diseases in seaweeds are probably widespread and of significant ecological and economic impact, but overall still poorly understood. This study investigates the organization of the cytoskeleton during the infection of three brown algal species, Pylaiella littoralis, Ectocarpus siliculosus, and Ectocarpus crouaniorum, by the basal marine oomycete Eurychasma dicksonii. Immunofluorescence staining of tubulin revealed how the development of this intracellular biotrophic pathogen impacts on the microtubule (MT) organization of its algal host. The host MT cytoskeleton remains normal and organized by the centrosome until the very late stages of the infection. Additionally, the organization of the parasite’s cytoskeleton was examined. During mitosis of the E. dicksonii nuclei the MT focal point (microtubule organization center, MTOC, putative centrosome) duplicates and each daughter MTOC migrates to opposite poles of the nucleus. This similarity in MT organization between the host and pathogen reflects the relatively close phylogenetic relationship between oomycetes and brown algae. Moreover, actin labeling with rhodamine-phalloidin in E. dicksonii revealed typical images of actin dots connected by fine actin filament bundles in the cortical cytoplasm. The functional and phylogenetic implications of our observations are discussed.  
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INTRODUCTION
Brown seaweeds represent an estimated 70% of the biomass on cold and temperate rocky seashores, and the commercial cultivation of brown algae continues to increase (Duarte et al. 2009). They are harvested and cultivated for food and pharmaceutical industry, and increasingly as a possible biofuel source (Singh et al. 2011). This ecological and commercial interest has led to increased scientific research on brown algae, culminating in the recently-accomplished Ectocarpus genome project (Cock et al. 2010). Indeed, Ectocarpus has become one of the most important experimental macroalgal models available (reviewed by Peters et al. 2004) and it can conveniently be cultured in small volumes of sea water-based and artificial media. Several hundred fully characterized strains are available in the public domain (Gachon et al., 2007) and both routine protocols for isolating into axenic culture (Müller et al. 2008) and cryopreservation (Heesch et al., 2012) have been developed.
Macroalgae, like all other terrestrial and marine organisms face an ever constant onslaught of pathogens including viruses, bacteria and fungi (Potin et al. 2002). Pathogens affect algal populations, impacting their reproduction or energy metabolism, while they can also cause significant losses of crop in intensive algal aquaculture (Gachon et al. 2010). The impact of viruses and various eukaryotic pathogens in the oceans are well-covered subjects (Suttle 2005; Bidle & Vardi 2011). Even though oomycetes are well-known for their ecological and economic impact in terrestrial and freshwater systems, oomycete pathogens affecting seaweeds remain poorly explored. Despite a substantial body of older work (e.g. Sparrow 1960; reviewed in Strittmatter et al. 2009), oomycetes parasitizing marine brown algae have been only sparsely studied over the last two decades (Müller et al. 1999; Gachon et al. 2009), even though epidemic outbreaks have been reported (Küpper & Müller 1999).
Eurychasma dicksonii is an intracellular, holocarpic marine oomycete infecting at least 45 species of brown seaweeds (Müller et al. 1999). Molecular data support the basal phylogenetic position of E.dicksoniiin the oomycete lineage (Küpper et al. 2006; Sekimoto et al. 2008). The study of the morphological development and the ultrastructural cytology of Eurychasma dicksonii by Sekimoto et al. (2008) described the basic stages of the infection on Εctocarpus siliculosus and Pylaiella littoralis. However, the cytoskeleton organization of both host and parasite remains unexplored. 
Within this context, the present study aims to contribute new insights on the host and parasite cytoskeleton organization and the possible reactions of the three brown algal host species studied, with the ultimate objective of further elucidating the physiological relationships between Eurychasma dicksonii and its brown algal hosts, especially within the Ectocarpales.
MATERIALS AND METHODS

Plant material and culture conditions
Two clonal strains of Ectocarpus siliculosus (CCAP 1310/4, CCAP 1310/56), one strain of Ectocarpus crouaniorum (CCAP 1310/300; Peters et al., 2010) and one strain of Pylaiella littoralis (CCAP 1330/3) were used. Each unialgal strain was infected by a given strain of Eurychasma dicksonii (CCAP 4018/1, CCAP 4018/2, CCAP 4018/3). These Eurychasma strains are morphologically indistinguishable, but differ by their geographic origin and host range (Gachon et al, 2009).  Accordingly, the susceptible cultures that were used originate from the following four combinations: 1310/4-4018/1, 1330/3-4018/2, 1310/300-4018/3, 1310/56-4018/3. 

Female Macrocystis pyrifera (CCAP 1323/1) gametophytes do not release motile propagules and can be infected with all Eurychasma strains mentioned above. Hence, M. pyrifera was used as an inoculum to infect target hosts, as described by Gachon et al. (2009). 
All cultures were grown in half-strength Provasoli medium (Starr & Zeikus 1987), at 12 oC, under a 12:12 photoperiod and a light intensity of 10 μΕ.m-2.s-1. 
All strains were  provided by CCAP (Culture Collection of Algae and Protozoa, Oban, Scotland).

Cytoskeleton labeling
For tubulin immunolocalization, thalli of E. siliculosus, E. crouaniorum and P. littoralis infected by E. dicksonii were fixed with 4% paraformaldehyde in microtubule stabilizing buffer [MTB, 50 mM; PIPES, 5 mM; ethyleneglycolbis(aminoethyl ether)-tetraacetic acid (EGTA), 5mM; MgSO4.7H2O, 25 mM; KCl, 4% NaCl, 2.5%; polyvinylpyrrolidone 25 (PVP), 1 mM; DL-dithiothreitol (DTT) pH 7.4] for 1 h. The samples were then washed thoroughly with MTB, and the MTB was gradually replaced by phosphate buffer saline (PBS; 137 mM NaCl, 0.7 mM KCl, 5.1 mM Na2HPO4, 1.7 mM KH2PO4, 0.01% NaN2 pH.7.4). After washing, the samples were transferred to a solution of 6% abalone acetone powder (Sigma, discontinued) 4% cellulase Onozuka R-10 (Yakult Honsha Co., Tokyo, Japan), 5% limpet acetone powder (Sigma, disconnected), 5% hemicellulase (Sigma), 2% macerozyme R-10 (Yakult) and 2% pectinase (Sigma) in PBS and incubated for 40 minutes at room temperature. After the enzyme treatment, the samples were washed with PBS and extracted for 45 min with 4% Triton X-100 in PBS. After washing with PBS containing 1% bovine serum albumin (BSA), the samples were incubated overnight at room temperature with a monoclonal anti-tubulin antibody (MAS 078 rat IgG clone YOL 1/34 Serotec) diluted 1:40 in PBS containing 1% BSA. After rinsing with PBS containing 1% BSA, the specimens were incubated for two hours at 37 °C with fluorescein isothiocyanate (FITC)-conjugated IgG (Sigma Chemical, St Louis, MO, USA) diluted 1:40 in PBS-1% BSA. Washing with PBS followed, and then DNA staining for 15 minutes with 10 μg/ml Hoechst 33258 (Molecular Probes, Eugene, Oregon, USA) in PBS. The samples were mounted with a solution of 1.6 mg/ml p-phenylen-diamine (Sigma) diluted in a solution containing 2:1 glycerol:PBS. For confocal laser scanning microscopy (CLSM), the secondary antibody was the Rhodamine conjugate ImmunoPure™ Goat Anti-Rat IgG, (H+L) (ThermoScientific, Pr.No. 31680); instead of FITC, the DNA staining was accomplished with 4',6-diamidino-2-phenylindole (DAPI, 1mg/mL) and the samples were mounted on a slide using antifading agent (Slowfade, Invitrogen). 
The actin labeling in E. dicksonii spores was accomplished with a slightly modified version of the protocol used by Karyophyllis et al. (2000), i.e. algal thalli infected by the oomycete were first incubated with a solution of 300 μM 3-maleimidobenzoic acid N-hydroxysuccinimide ester (MBS, Sigma) in MTB containing 0.1% Triton X-100, for 30 min at room temperature and the enzyme treatment was accomplished with a solution containing 5% abalone acetone powder, 1% macerozyme, 3% cellulase, 2% hemicellulase (Sigma). Actin staining was performed with 1% Rh-Ph (Molecular Probes), for 1 h in the dark at room temperature. 
Epifluorescence and confocal microscopy 
The samples were examined under epifluorescence with a Zeiss Axioplan™ microscope and the pictures were recorded with AxioCam Mrc 5 (Zeiss), using the AxioVision™ software. CLSM was conducted with an inverted microscope Observer™ Z.1 (Zeiss), the LSM 510 laser™ (Zeiss) and pictures were captured by AxioCam HRc™ (Zeiss).  
RESULTS
Both host and parasite reveal morphological modifications during the different stages of the infection. E.dicksonii, as a holocarpic species, passes from the immature, plasmodium-like vegetative thallus to the reproductive phase represented by the formation of the walled zoosporangium. This transition, though, is part of a continuous life story, a fact that complicates the distinction between the two phases. In this study, we organized the cytoskeleton results according to the basic stages of the infection, in order to facilitate the reader to follow the procedure. Images of living algal material in the basic stages of the infection by E.dicksonii are presented in Figs. 1-4 (see also Sekimoto et al. 2008).
MT organization

The MT cytoskeleton organization in the vegetative cells of E. siliculosus, E. crouaniorum and P. littoralis is similar to that already described in a variety of studies on different brown algal species (Katsaros et al. 1991, 2006, Katsaros and Galatis 1992, Katsaros 1995). The MT organization in a vegetative thallus cell of E. siliculosus is presented in Fig. 5. The MT cytoskeleton consists of many MT bundles radiating out of a site close to the nucleus, which is the centrosome. Some of these MT bundles encircle the nucleus, and many others extend towards the cortical cytoplasm.
Early infection and the immature vegetative pathogen thallus stage
The first sign of infection is marked by the attachment of an E. dicksonii spore to the surface of the host cell, in order to penetrate the cell wall and transfer its cytoplasm (Fig. 6, 7). 
The small size of the parasite spores, with a diameter of 3-5 μm, does not allow high resolution of the cell structure and cytoskeleton organization. However, it is clear that there is a positive reaction in tubulin immunofluorescence(Figs. 6, 7a). Just after spore penetration, the nucleus of the host cell seems to approach the spore attachment site, usually forming a protrusion towards the pathogen nucleus (not shown). After the transfer of the spore cytoplasm into the host cell, the spore nucleus moves inwards and it is located close to the host nucleus which usually forms an invagination, in which the pathogen’s nucleus is partially engulfed (Fig. 8b). Nevertheless, the microtubules of the host remain organized by the centrosome, as shown in fig. 8a. At this stage the pathogen nucleus starts dividing (Fig. 9). The parasite MTs show a clear perinuclear distribution, radiating out of a point close to the nucleus, which is the oomycete microtubule organizing center (MTOC). Repeated divisions result in a multinucleate immature pathogen thallus. Before each division, the MTOC duplicates and each daughter MTOC migrates to opposite poles of the nucleus (Fig. 9a, 10a). It is noteworthy that, despite the difficulties in the observation of these minute cytoskeletal structures, in appropriate nucleus orientation the duplicated MTOCs can be observed as two almost parallel, densely fluorescent rods, from which MTs radiate out (arrow in Fig. 11). The divisions of the pathogen nuclei are synchronous, a fact evidenced by the observation of variable numbers of spore nuclei with duplicated MTOCs (Fig. 9, 10, 11). The host-MT organization and the host nucleus appear still normal, without any sign of damage. In parallel, the host nucleus is still functional and continues dividing (prophase shown in fig. 9). 
Vacuolate immature zoosporangium
The continuous, synchronized divisions of the E. dicksonii nuclei lead to the expansion of the host cell which is now filled with the parasite's nuclei (Fig. 12).This phase is called "foamy" stage by Sekimoto et al. (2008) and represents the gradual transition of the vegetative thallus to an immature zoosporangium. At the same time, the algal nucleus is displaced and pushed to the periphery of the host cell (arrow in Fig. 12b). However, at this stage, despite the fact that the thallus of E. dicksonii appears dominating, the host's MT cytoskeleton still exists, consisting of MT bundles radiating out of a perinuclear site (MTOC, arrow in Fig. 12a). At the same time, E. dicksonii nuclei continue dividing and bear the typical perinuclear MT system similar to that shown in figs 9-11. 
Thallus maturation and primary cyst development 
The end of the pre-cleavage vacuolatestage is marked by the termination of the continuous divisions of the E. dicksonii nuclei. This is accompanied by the gradual disappearance of the perinuclear MTs and the MT converging sites (perinuclear MTOCs). At this stage, bundles of MTs traverse the sporangium area, converging toof distinct, pointed sites (arrows in figs. 13, 14, 15). Repeated observations showed that these MTOCs are mainly peripherally distributed and more or less symmetrically located around the highly vacuolated cytoplasm of the parasite thallus. Fig. 13a shows the coexistence of these characteristic MTOCs at the periphery with the disorganized perinuclear MTs. The host nucleus and MT cytoskeleton have gradually disintegrated and are no longer visible. 

The “net sporangium” stage and the secondary spores
After this stage, zoosporangium formation is complete. Numerous primary cysts fill the sporangium space, arranged mainly at the bottom of the structure (Fig. 16b, 17b). Tubulin immunofluorescence shows a thick fluorescent bundle surrounding each nucleus (arrows in Figs. 16a, 17a). At this stage each spore bears variable numbers of intensely fluorescent spots mainly arranged in cortical sites (arrows in Fig. 17a). Subsequently, this thick fluorescent bundle appears denser and more compact and no isolated MT arrays are observed. This MT bundle surrounds the nucleus, but not completely, leaving a short gap (Fig. 18). Detailed examination of the fluorescent images at different focal levels revealed that this bundle consists of two parts deriving from an intensely fluorescent dot which represent the flagellar axonemes developing from the basal kinetosomes (arrows in Fig. 18a). 
Anti-tubulin immunofluorescence revealed the existence of fully formed flagella at the subsequent stage. Each of them consists of two intensely fluorescent axonemes, unequal in length, oriented to opposite directions (Fig. 19a). At this stage the spore cysts apparent in the zoosporangium are a mixture of empty ones, which have discharged their contents, and full with the still not discharged zoospores. For this reason in fig. 19a, we note both rounded MT bundles around encysted spores and free, flagellated zoospores in the same sporangium. DIC optics of the sporangium shows the opened discharge tube (Fig. 19b). 
Actin organization in Eurychasma dicksonii
Rhodamine-phalloidin unfortunately did not result in good labeling of the host cytoskeleton, even in uninfected cells. Therefore, this issue was more likely due to an experimental artifact than actin depolymerization caused by infection. However, rhodamine-phalloidin staining enabled us to follow the actin organization of E. dicksonii throughout its development. In E. dicksonii spores, actin is distributed mainly in prominent plaques and condensed bundles of AFs. In more detail, highlighted by arrows in Fig.20, actin cytoskeleton of each spore consists of densely fluorescent spots and more diffuse fibrils in the adhesorium-pad site. After the penetration of the parasite cytoplasm into the host cell, the actin arrangement remains the same, with actin plaques in the periphery (Fig. 21). Fine AF bundles that connect the actin plaques were observed under the microscope, but not properly captured in the photos
 It seems that during the synchronous nuclear divisions in the pre-cleavage vacuolated stage, each nucleus is surrounded by plaques and filaments of actin (Fig. 23). At the following stage, when zoosporogenesis commences, actin cytoskeleton is characterized by diffuse AFs. A reduced number of actin plaques are still visible (Fig. 24). Finally, after the formation of the zoosporangium, each encysted spore shows the typical image of actin cytoskeleton with plaques and condensed AFs, as mentioned above (Fig. 25). 
The cytoskeleton interactions between host and pathogen during the different stages of infection are summarised in an overall scheme (Fig. 26).
DISCUSSION

In plants, the cytoskeleton plays a basic role in the resistance of cells infected by intracellular pathogens (oomycetes or true fungi) and the possible interactions between them. Reorganization of cytoskeletal elements and cytoplasmic translocation towards the penetration site suggest a rapid plant response in order to avoid penetration by the parasite (Hardham et al. 2007). On the other hand, this indicates that plant cytoskeleton could be the parasite’s target by producing anti-cytoskeletal compounds in the effort of routing plant resistance, a mechanism known for a variety of fungal and oomycete pathogens of higher plants (Takemoto et al. 2003; Hardham et al. 2007; Kobayashi & Kobayashi 2008). Moreover, it has been found that treatment with cytochalasins and microtubule polymerization and depolymerization inhibitors permitted the non-pathogen Erysiphe pisi to penetrate barley coleoptile cells, i.e. to artificially develop pathogenicity (Kobayashi et al. 1997a, b). Therefore, we believe that addressing the existing gap of knowledge regarding cytoskeleton organization in both the host brown alga and E. dicksonii will further illuminate the infection mechanism and will open new routes for further studies. 
The stages of infection through attachment and transfer of parasite cytoplasm in the algal host cell have been described before. The attachment of E. dicksonii to the host surface triggers a migration of the host nucleus towards the penetration site (Grenville-Briggs et al. 2011), in a way similar to a variety of other host-pathogen systems (Gross et al. 2003; Takemoto & Hardham 2004). However, we found that the organization of the host MTs remains surprisingly unaffected. Our observations contrast with previous studies on compatible interactions like soybean infected by Phytophthora sojae and Arabidopsis infected by Peronospora parasitica, where it was found that the host MTs were fragmented or disorganized at an early stage of infection (Cahill et al. 2002; Takemoto et al. 2003). This significant difference could be attributed to the lack of centrosomes of plant cells in interphase. In contrast to these higher plant systems, the brown algal species investigated here  retain the organization of the MT bundles by the centrosome for almost the whole vegetative phase of E. dicksonii, even though they ultimately enter compatible interactions. The host MT cytoskeleton is finally completely disintegrated at the late pre-cleavage vacuolate stage. This is probably due to the significant increase of the cytoplasm size and the wall formation of the pathogen, which is accompanied by the rupture of the algal cell wall. Indeed, as already mentioned by Sekimoto et al. (2008), during the early stages of the thallus discharge tube formation the host wall stretches around the immature zoosporangium and is subsequently destroyed. From the above, it can be hypothesized that the host cell cytoskeleton shows a remarkable resistance to the infection by the oomycete, despite the final dominance of the pathogen. 
The second significant finding of the present work is the organization of the pathogen MT cytoskeleton, which was monitored throughout the basic infection stages. The critical role of the cytoskeleton during the infection has been also reported in other host-pathogen systems and it has been underlined that the arrangement of MTs at each stage of infection is the cornerstone for its dominance in the host cell and the morphogenesis of the zoospores (Holloway & Heath 1977; Hardham 2009).  The typical cytoskeleton of an E. dicksonii spore during division is quite similar to that of related stramenopile species (Katsaros 1980; Jelke et al. 1987; Katsaros & Galatis 1992). MT arrays encircle the nucleus and converge to one MTOC located close to the nucleus. These observations are consistent with ultrastructural analysis by TEM, which revealed the presence of two centrioles (kinetosomes), localized one next to the other in an angle less than 90o and close to the nucleus,shown by Sekimoto et al. (2008). Therefore, we presume that the fluorescent spots from which MTs radiate out at the first infection stages correspond to one centrosome consisting of a pair of centrioles. 

However, the fact that in E. dicksonii spores, during the cleavage stage, the tubulin localization did not reveal MT convergence points, suggests that the perinuclear sites functioning as MTOCs during division are inactivated. A similar fact was also observed in other systems, like in the chlorophyte alga Uronema sp. where the centrosome functions as a MTOC during mitosis, but not during cytokinesis and interphase (Katsaros et al. 2011).
The oomycete vegetative thallus development is characterized by repeated nuclear divisions that could be considered as synchronous, because the whole number of parasite’s nuclei appear at the same division stage. Although an asynchronous behavior of the system has been reported in eucarpic Saprolegnia ferax (Heath 1980), synchronous divisions seem to be a general phenomenon in holocarpic oomycetes (Martin & Miller 1986), even inbrown algae, like during zoosporogenesis of Halopteris filicina (Katsaros & Galatis 1990). Of course, ultrastructural data, which are not available so far, are required in order to substantiate this hypothesis. 


The end of the vegetative stage is marked by the stop of nuclear divisions and the shift from a multinucleate syncytium to a zoosporangium through cellularization. Cellularization of a syncytium is a complex process that involves the MT cytoskeleton in order to space the nuclei, organize the cytoplasm and place the cell walls between them, in a variety of organisms like barley endosperm (Brown et al. 1994), the giant unicellular green alga Acetabularia (Menzel 1986) and the oomycete Phytophthora (Hyde et al. 1991a, b). Radial MT arrays associated with the nuclear membrane have been proposed to maintain nuclear positioning during pre-cleavage in lower and higher plants, numerous algae and fungi which do not possess centrosomes (Wick 1985, Menzel 1986, Brown & Lemmon 1988, Brown et al. 1994, Lowry & Roberson 1997). In oomycetes, aster-like arrays of MTs emanated from the region of the basal bodies are responsible for the translocation of the nuclei to the periphery and subsequently for the formation and shape of zoospores (Gotelli 1974; Jelke et al. 1987; Hyde et al. 1991b). 
In Phytophthora cinnamomi, prior to cleavage in the sporangia, MTs form aster-like configurations radiating out of basal body-associated poles of the nuclei (Hyde and Hardham 1992).  These MTs are proposed to stabilize the cytoplasm around the nucleus, thus directing the cleavage planes. The model suggested by these authors is that the cleavage plane is formed at the junction of the two opposite sets of MTs. A similar mechanism has been described in brown algal cytokinesis (Katsaros and Galatis 1992).
In the case of E. dicksonii infection, the role of MTs in the cleavage process seems different from what reported above. No nuclear-membrane associated, radial or aster-like MTs were observed related to the parasite nuclei. The dense, cage-like fluorescent MT bundles organized by the centrosome are replaced at this stage by a diffuse signal of perinuclear fluorescence (shown in fig. 13a) that gradually disappears. Consequently, the sporangium cleavage is not supported by that type of MT systems.

In parallel, preliminary TEM observations show that the pre-cleavage stage is accompanied by the formation of a large central vacuole and the nuclei are peripherally distributed similar to that found during the infection of the red alga Palmaria mollis by the oomycete Petersenia palmariae (Pueschel & Van Der Meer 1985). Combining all the above, we presume that sporangial cleavage in E. dicksonii seems to follow the Saprolegnia type, i.e. it involves the expansion of a central vacuole (Gay & Greenwood 1966; Heath & Greenwood 1971). 
The process continues with the ensuing peripheral distribution of the nuclei. The cytoplasm takes a parietal position because of the large central vacuole.  Around the highly vacuolated cytoplasm of the parasite thallus,.a modified system of MTs was observed, consisting of MTOCs localized at the sporangium periphery. Numerous elongated MT bundles radiate out of these sites crossing the zoosporangium in different directions. The MTs that used to converge to one perinuclear MTOC, gradually disappear and are replaced by dense MT arrays that converge to the aforementioned cortical MTOCs. What is peculiar in this observation is that each MTOC is not directly related to each nucleus. However, in Phytophthora cinnamomi it was found that MT arrays in cleaving sporangia emanate from a distinct pole of each nucleus which corresponds to the basal body (Hyde & Hardham 1991a, b). One possible explanation of this difference is that the centrosomes in E. dicksonii function as MTOCs only during mitosis. This is supported also by the fact that centrosome-associated MTs were found by immunofluorescence in spores only during their division, as mentioned above. A presumption about the role of these MTOCs that do not correspond to the nuclei, is that they replace the centrosome-associated organization of MTs and contribute to the final formation of the primary cysts. 

The late stages of zoosporogenesis in E. dicksonii include the establishment of the primary cyst domains and consequently their complete formation. It should be noted here that several perinuclear fluorescent dots were observed in the cytoplasm of the pathogen spores. These findings are comparable with similar dots found in the soil fungus Trichoderma hyphae as apparent MT termini, isolated structures or along tracks of MTs, not excluding the possibility of existence of non-nuclear associated cytoplasmic MTOCs (Czymmek et al. 1996). 
It is not yet clear when exactly flagella formation starts. The only convincing results in this respect originate from the observations after the cleavage, when the tubulin immunofluorescense marks thick, dense bundles of MTs that correspond to the flagellar axonemes. The hypothesis that the flagella in E.dicksonii are assembled from the two basal bodies parallel to the cleavage process, agrees with the example of Phytophthora cinnamomi (Hyde & Hardham 1992). However, the E.dicksonii primary zoospores can potentially encyst upon the thallus wall when not released through the discharge tubes (Sekimoto et al. 2008), suggesting that Fig. 18could represent retracted flagellar axonemes. In this case, a post cleavage formation of the flagella as proposed for Saprolegnia (Heath & Greenwood 1971), is not excluded. Subsequently, the biflagellate zoospores are released, obtaining the typical pyriform shape of nuclei. It has been reported that cytoplasmic MTs radiating out of the kinetosomes are associated with the modifications in the shape of nuclei (Cerenius et al. 1984). The variation in the organization of the involved cytoskeletal structures underlines their significant role in the infection process as well as their correlation with the pathogen development during infection.
The prominent actin plaques and fine AFs were anticipated observations in consideration of actin distribution in other oomycetes like Achlya bisexualis and Phytophthora cinnamomi (Walker et al. 2006). On the contrary, typical organization of actin in brown algae reveals a completely different image with oriented AFs crossing the cytoplasm and without the existence of dense fluorescent spots or plaques (Katsaros et al. 2006). Moreover, the accumulation of diffuse AFs on the base of E.dicksonii spores attached to the host cell wall indicates the contribution of actin in the injection of the cytoplasm. Beakes et al. (1998) mentioned the existence of actin-like material in the developing infection tube of Haptoglossa infecting nematodes. Modifications in actin distribution during the zoosporangium formation in E. dicksonii are in agreement with the fact that actin is considered to be involved in the cleavage processes in zoosporogenesis of oomycetes. Indeed, in the developing sporangia, peripheral plaques of actin were observed in Saprolegnia and Achlya, while in later stages spots were found dispersed in the cytoplasm which formed clusters (Heath & Harold 1992). In the same systems, during cleavage, the developing cytokinetic septa were associated with peripheral plaques and diffuse cytoplasmic actin. In Phytopthora cinnamomi prior to cleavage, actin formed plaques in the periphery of the sporangia (Jackson & Hardham 1998). During cleavage the plaques disappeared and F-actin began to accumulate along the developing cleavage planes and around the nuclei. Treatment with drugs interfering with actin leads to abnormal cleavage (Hardham & Hyde 1997). Combining the present observations of MT arrangement with those of Heath and Hardham (1992) on the role of actin in the final stages of sporangial development it could be suggested that MTs regulate the positioning of the cleavage actin arrays (Hyde & Hardham 1992). A similar system has been proposed for cytokinesis in brown algal cells (Karyophyllis et al. 2000, Katsaros et al. 2012). 
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FIGURE LEGENDS
Figs 1-4. Images of living algal material in different stages of infection by E. dicksonii. Fig. 1. The beginning of the infection. Arrow marks an attached to the host cell spore. Fig. 2. Formation of the parasite’s walled thallus in the host cell. Fig. 3. Pre-cleavage, vacuolate stage of sporangial development. Fig. 4. Mature zoosporangium full of cysts. Arrow shows an opened discharge tube. 
Figs 5-11. Early infection stages of Ectocarpus siliculosus by Eurychasma dicksonii.  Figs a) MT labeling. b) DNA staining with Hoechst 33258. c) DIC images. 5a. MT organization in a vegetative cell of E. siliculosus. Arrow marks the centrosome area. 6. CLSM image of a spore (arrow) attached to the host cell wall, and double-stained with rhodamine (MTs, reddish color in the spore) and Hoechst 33258 (DNA, blue). The orange-red color in the host cells is chlorophyll autofluorescence.7a. Parasite MT cytoskeleton of an attached to the host cell wall spore. 7b. Parasite nucleus of the same spore. 7c. DIC of the same spore attached to host cell wall..8a. Ηost MT cytoskeleton in an early infection stage. Arrow marks the host centrosome. 8b. Parasite nucleus close to invaginated host nucleus. 8c. DIC of the same cell. 9a. MT cytoskeleton of a prophase cell of E. siliculosus. Arrows shows polar MTOCs of the parasite. 9b. Prophase nucleus of the same cell and two E. dicksonii nuclei derived from a recent division. The shape of the nucleus, the condensed chromatin and the broad and intense fluorescence of the MTs in the poles are characteristic features of brown algal prophase. 9c. DIC of the same cell. 10a. Left arrow shows host centrosome and right arrow the E. dicksonii polar MTOCs. 10b. A cluster of four parasite nuclei of the cell in a higher and the host nucleus at a lower focal level, respectively. 11. CLSM image of apical E. siliculosus cell infected by E. dicksonii. Arrows showthe  two more intense fluorescent spots, representing duplicated centrosomes of the dividing spores.  Inset: DIC and MT labeling of the same cell. 
Figs 12-15. Host and parasite cells at the pre-cleavage, vacuolate stage of sporangial development and early zoosporogenesis. Fig.12. E. crouaniorum 1310/300 infected by E. dicksonii 4018/3. a. MT labeling of host cytoskeleton. MT bundles organized by a peripherally located centrosome (shown by arrow). b. DNA staining of the same cell with Hoechst 33258. Swollen cell, full of E. dicksonii nuclei. Arrow shows the host nucleus in the periphery. c. DIC of the same cell. Fig.13. Pylaiella littoralis 1330/3 infected by E. dicksonii 4018/2 at a pre-cleavage stage. a. MT labeling of parasite MT cytoskeleton at early zoosporogenesis. The left arrow shows some disorganized, perinuclear MTs. The two right arrows mark two cortical MTOCs. b. MT labeling of the same cell in a different focal plane. Arrows show three dense MTOCs in the periphery of the cytoplasm. c. DNA staining of the same cell with Hoechst 33258. Note that the nucleus of the host is not present. Inset: DIC of the same cell. Fig.14. Pylaiella littoralis 1330/3 infected by E. dicksonii 4018/2. a. MT labeling of parasite MT cytoskeleton during spore cleavage. Dense MT bundles crossing the zoosporangium. Arrows show four peripheral fluorescent MTOC’s. b. DNA staining of the same cell with Hoechst 33258. c. DIC of the same cell. Fig.15.  E. siliculosus 1310/56 infected by E. dicksonii 4018/3. a. CLSM image of MT bundles converging to three MTOCs (marked by arrows). b. DNA staining of the same cell with DAPI. c. DIC of the same cell.  

Figs. 16-19. CLSM images of mature zoosporangia. a. MT labeling in a median focal plane. b. DIC of the same cell. Fig. 16. E. crouaniorum 1310/300 infected by E. dicksonii 4018/3. Arrows mark tubulin fluorescence dots in the primary cysts. Fig.17. E. crouaniorum 1310/300 infected by E. dicksonii 4018/3. Primary cysts just after the cleavage. Arrows show thick MT bundles, representing the forming flagella. Fig.18. P. littorallis 1330/3 infected by E. dicksonii 4018/2. Primary cysts. Arrows show thick MT bundles (formed flagella) that converge to a dense spot (kinetosome). Fig.19. E. crouaniorum 1310/300 infected by E.dicksonii 4018/3. Released secondary spores each one consisted of two unequal in length, intensely fluorescent axonemes oriented to opposite directions (marked by arrows).

Figs. 20-25.  Actin labeling of E. dicksonii 4018/2 infecting P. littoralis 13303/3. Fig.20. Prominent plaques of actin in a pathogen spore attached to the host cell wall. Arrow shows fine AFs accumulated in adhesorium-pad site. Inset: combination of DIC and DNA staining with Hoechst 33258 of the same spore. Fig.21a. Arrow shows the actin distribution in plaques and AFs just after the penetration of the parasite cytoplasm into the host cell. b. Arrow shows the related parasite nucleus stained with Hoechst 33258. Fig.22. Fluorescent plaques of actin in the parasite cytoplasm (arrow). Inset: arrow shows three related E. dicksonii nuclei stained with Hoechst 33258. Fig.23. Actin cytoskeleton in the pre-cleavage vacuolate stage. Inset: combination of DIC and DNA staining with Hoechst 33258. Fig.24. Arrows show bundles of AFs crossing the parasite cytoplasm in an early zoosporangium. Inset: DIC of the sameimage. Fig.25. Plaques of actin in encysted spores (arrows). Inset: combination of DIC and DNA staining with Hoechst 33258 of the formed zoosporangium and the encysted spores.
Fig. 26. A diagrammatic representation of the E. dicksonii infection stages, showing the modifications of the cytoskeleton organization in both host and parasite. Blue filled circles: nuclei. Green lines: MT bundles. Green dots: MTOCs. Red dots and lines: actin plaques and filaments.
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