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Genomic tools reveal changing Plasmodium falciparum
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ABSTRACT

A new era of malaria eradication programs relies on increased knowledge of the parasite
through sequencing of the Plasmodium genome. Programs call for re-orientation at specific
epidemiological markers as regions move from control towards pre- and total elimination.
However, relatively little is known about the effects of intervention strategies on the parasite
population or if the epidemiological cues correspond to effects on the parasite population.

We hypothesized that genomic tools could be used to track population changes in Plas-
modium falciparum to detect significant shifts as eradication programs apply interventions.
Making use of new whole-genome sequencing data as well as GWAS and other studies, we
used SNPs as biological markers for regions associated with drug resistance as well as a set
of neutral SNPs to identify individual parasites.

By utilizing tools developed as proxy for full genomic sequencing of the human pathogen
Plasmodium falciparum, we characterized and tracked parasite populations to test for changes
over time and between populations. When applied to markers under selection - those as-
sociated with reduced antimalarial drug sensitivity - we were able to track migration of
resistance-associated mutations in the population and identify new mutations with potential
implications for resistance.

Using a population genetic analysis toolbox to study changes in neutral allele frequencies
in samples from the field, we found significant population changes over time that included
restricted effective population size, reduced complexity of infections, and evidence for both

clonal and epidemic propagation of parasites.
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Introduction

At present, approximately half of the world’s population lives at risk of malaria infection.
The World Health Organization (WHO) reports that more than 200 million infections and
600,000 deaths from malaria in 2012. The deaths are attributed primarily to pregnant women

and to children under the age of 5 whose immune systems are still naive to the parasite [125].

Beyond the devastating death rate due to P. falciparum malaria, the continued economic
impact of infections is enormous, with government costs for health clinics, supplies, and
workers as well as lost tourism revenue. In addition, individual costs of missed economic op-
portunities, time out of work due to illness, and the financial burden of drugs and treatments
all add up to decreased productivity in already poverty-stricken regions of the globe [34].
Treatment and control of malaria remains a priority of both governments and international

organizations.

While historically found in tropical and sub-tropical regions of the globe, the blood-borne

parasite currently exists in greatest prevalence in Sub-Saharan Africa, where more than 80%



of malaria cases occur. Plasmodium falciparum is typically known above the other members

of the human-infecting Plasmodium family for its global mortality impact [125].

1.1 PARASITE BIOLOGY

Plasmodium is part of the phylum Apicomplexa, whose members are characterized primar-
ily by an apicoplast organelle integral to the intracellular parasite’s strategy to infect its
vertebrate host’s cells. This eukaryote employs a complex life cycle requiring not only verte-
brate hosts, but also insect vectors. Upon biting its host, the mosquito or fly vector releases
Plasmodium sporozoites from its salivary glands. This motile haploid form traverses from
the peripheral blood vessels to the host liver. Here the sporozoites differentiate within hep-
atocyte cells and multiply exponentially to emerge as merozoites to infect erythrocytes in
the blood stream. Development continues as the parasite co-opts the blood cell to feed the
mitotic division of a new generation of sporozoites that differentiate into trophozoites and

merozoites that burst from the erythrocyte for a new round of red blood cell invasion.

During this cyclical invasion of, development within, and lysis of the host red blood cells,
factors are released that signal a subset of this population to instead differentiate into male
and female gametocytes that also circulate in the blood stream. Rather than infecting
red blood cells, however, these gametocytes are taken up by an invertebrate host. This
next stage of the life cycle is the only point at which meiosis occurs, when male and female
gametocytes recombine in the insect midgut before again becoming haploid and sequestering
in the salivary glands for release into the next vertebrate host when the insect takes a blood
meal (Figure 1.1.1[105]).

Based on the plentiful members of the family infecting a variety of vertebrates, including
avian, reptilian, and mammalian hosts as well as the relative diversity of invertebrate host
species, Plasmodium’s origins are ancient. Its history within humans, however, is relatively
recent, though still controversial in it details. Compelling evidence exists for origins rang-
ing from 5 million to 10,000 years ago, with zoonotic transfer claimed from chimpanzees,
bonobos, gorillas, and even the flat-nosed monkey [52, 58, 63, 96, 99]. While debate still
exists about the details of the zoonotic leap from higher primates to humans, what is clear

is that the parasite has co-evolved with its human host for a very long time. Several red
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Figure 1.1.1: Life cycle of Plasmodium spp.

bood cell mutations have been correlated to resistance with Plasmodium growth or invasion.
A mutation in the human hemoglobin gene results in a misformed actin complex within
the red blood cell, resulting in the characteristic sickle shape associated with sickle-cell dis-
ease. The parasite is unable to successfully establish an infection in these cells. Similarly,
a mutation in glucose-6-phosphate dehydrogenase (G6PD) blocks parasite development by
establishment of peroxide-induced hemolysis that also stymies parasite development. Both
of these mutations are most prevalent in geographical regions from which malaria originated

and continues to persist in greatest concentration.

Several Plasmodium species preferentially infect humans: P. ovalae, P. malariae, P. vivaz,
and P. falciparum. Of these, the last two are largely responsible for the morbidity and mor-
tality from malaria, the anemic disease caused by infection by these parasites. Plasmodium
vivaz is found primarily in Asiatic regions around the globe. It is less responsible for acute
and fatal infections compared to its more virulent cousin P. falciparum, instead developing
a unique stage within the host liver, the hypnozoite, that can differentiate and develop into

malaria infection months and even years after the initial infection.



1.2 HISTORY AND CONTROL EFFORTS

Western medicine first described Plasmodium parasites as the causative malaria agent in
1880; however, ancient Chinese medical texts from more than 4,000 years ago also detail
symptoms and treatment of the disease [16]. Efforts to curb the spread of the disease also
have a long history, culminating previously with the Global Malaria Eradication Programme
(GMEP) first instituted in 1955, with an ambitious goal of total eradication of malaria based
on successful localized efforts in North and South America and armed with the newest chem-
ical breakthrough of DDT (dichlorodiphenyltrichloroethane). While locally successful in a
number of regions, the Program encountered many challenges to its success and eventually
backed away from its goal of eradication to a more passive localized malaria control program
by its end in 1969 [83].

Many confounding factors, from systemic lack of combined strong central organization
or empowered local programs, combined with the faculty of both the vector and parasite
to develop resistance to chemical interventions, led to the eventual decline of the GMEP as
regions previously declared success cases for elimination suffered re-emergence and increasing

transmission and enthusiasm for the Programme waned.

Despite the unraveling of the Programme’s goals for total global eradication, smaller efforts
continued to control and treat in localized areas.The Programme’s failure led to increased
awareness of the need for more research into the molecular mechanisms of the parasite and
its life cycle to better understand how Plasmodium had escaped pressures. Finally, in 2007,
the WHO and other organizations again took up the eradication banner, this time armed
with more intimate knowledge of the inner workings of the parasite and with the hard-earned

lessons of the previous campaign.

A coalition of several organizations, including the Malaria Eradication Research Agenda
(MalERA) initiative and the WHO along with the Roll Back Malaria (RBM) Partnership
have published new models for global malaria elimination. These models move away from
the previous single universally applied vertical approach to instead encourage flexible inter-

vention and surveillance strategies.

In these initiatives, each country is categorized according to its relative impact on the

global malaria burden. Countries may be assigned to control intervention levels if their high
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transmission levels or numbers of infections contribute to the annual mortality due to malaria
deaths. When this impact has been reduced, countries enter pre-elimination and elimination
status with a goal towards country-wide elimination and a shift to surveillance measures.
These categorizations allow for mobile and changing strategies to address evolving concerns
in treatment, tracking, and surveillance of the parasite and its Anopheles mosquito vectors
(Figure 1.2.1).

The WHO has further refined the definitions for each of these stages in order for individ-
ual countries to apply for an official WHO certification of malaria elimination. Individual
countries are encouraged to participate on every level, from individual education to health-
care and government health ministries to plan strategies with the assistance of international
collaborative teams representing a variety of clinical and epidemiological disciplines. Un-
der this scheme, program reorientation is specifically called for as a country moves into
pre-elimination status and again when no local cases are detected. Again, these specific
epidemiological milestones are necessary to best make use of limited government resources

to best address changing priorities for each stage. (Figure 1.2.2).

RBM’s Global Malaria Action Plan (GMAP) has established milestones for global malaria
control based on current intervention strategies in a hope to reduce the number of deaths
from malaria. By 2010, the goal had been to reduce the number of malaria-attributed deaths
by 50% from the numbers reported in 2000 to 500,000. Also by 2010, nearly every pregnant
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Figure 1.2.2: World Health Organization eradication milestone. World Health Organiza-
tion markers towards certification as malaria-free

woman in high-transmission areas would have access to intermittent preventative treatment.

More significantly, by 2015, in addition to extending the preventative and treatment cov-
erage to be nearly universal with accompanying reduction of malaria deaths, 810 countries
are expected to report zero local transmission of the malaria parasite [67]. These goals
would be accomplished by ensuring that 80% of people living in endemic areas have access
to appropriate vector control strategies like insecticide-treated bed nets and indoor residual
spraying as well as environmental control methods such as reduction of standing water and
application of insecticides to mosquito breeding grounds. Similarly, this population would
have access to diagnostic tests and treatments. Unlike the previous Programme efforts,
the initial consolidation stages would gradually ease into control efforts. The initial stages,
termed Scale Up for Impact (SUFI) require massive initial outlay and labor for materials

and distribution to ensure the greatest coverage possible at the outset [68].

Also in contrast to the GMEP, this new elimination campaign requires integration of
both laboratory and field clinic researchers [69]. Both MalERA and RBM call for funding

of research and outline its utility throughout all stages of malaria control and eradication
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Figure 1.2.3: Global Malaria Action Plan elimination strategy. GMAP’s global action
plan, calling for continued research accompanying the control and elimination phases

(Figure 1.2.3).

Research efforts cover all aspects of the parasite life cycle and development to increase
knowledge of the molecular machinations of the parasite, especially those involved in escape
from host immune systems and development of drug resistance. In addition, sequencing a
number of individuals from a variety of populations offers additional data to address the
challenges inherent to the proposed elimination strategies. Using this information, funda-
mental and necessary tools can be developed to study the spatial and temporal distribution
of both parasites and their vectors, how they are transmitted, and how changes in these
characteristics effect clinical burden due to malaria infections. Further, they will help to de-
termine if the epidemiological milestones correlate to parasite population changes indicative

of reduced genetic diversity and complexity of infection through reduced meiotic outcrossing.

These new tools offer different views of changing populations and population structure
in response to natural and artificial selection pressures, especially as regions move from
control towards elimination. In these stages, parasite population epidemiology, diversity,
and distribution are expected to change dramatically. Current gold-standard technologies
like rapid diagnostic tests (RDTs) cannot detect low levels of parasites or assess the changing
dynamics of effective population size or genetic diversity. They offer limited information in
the face of increasing case numbers to differentiate between newly emerging infections from
undetected reservoir populations, or drug treatment failures from emerging infections, or
importation of parasites into a previously-cleared region. These are questions imperative to
assess the effectiveness and status of control programs. This work presents several new tools
developed to not only answer these questions, but to offer real-time utility to quickly inform

these efforts.



1.3 GENOMICS

The sequence of the Plasmodium falciparum reference genome was first assembled in 2002
[36], catalyzing research efforts to understand parasite biology. Since publication of the
original genome, isolates from a variety of geographic origins have been sequenced, revealing
a diverse and motile genome [51, 70, 79, 90, 113], with antigenic variation, microsatellites,
gene copy-number variations (CNVs), and single-nucleotide polymorphisms (SNPs) among

the strategies that the parasite employs to rapidly adapt to natural and artificial selection.

Researchers can use these genomic markers to characterize Plasmodium populations in
several ways. First, by using markers under selection, such as genes for parasite surface
antigens, studies can determine relationships between immunity and transmission. These
relationships are especially interesting as malaria vaccines are tested and clinical trials com-
pleted. In addition, SNPs and microsatellites related to reduced drug sensitivity can reveal
evolutionary history of selection events, detect emergence of new mutations, and track the
spread of these SNPs across the globe. Surveillance of these SNPs allows control programs
to better tailor their anti-malarial drug regimens and to respond to new resistance threats
before they are introduced or emerge in populations. Other markers that appear to be under

positive selection are also candidates for regions under selective pressure.

Using selectively neutral markers in the genome, each of these measures of genetic di-
versity can also describe parasite population structure [6, 18, 86, 98]. With sufficient data
from a variety of populations, researchers can measure genetic diversity between and among
populations. Polymorphic markers also define linkage disequilibrium (LD), the nonrandom
association of alleles. Further, these variable markers make useful tools to consider com-
plexity of infection (COI), a metric of the number of genomes present in a patient sample.
Combined, these traits characterize individual populations and can inform genetic relat-
edness between populations. The combination of population structure and relatedness of
parasites within geographical regions allows identification of parasite types and their likely
movement within and beyond these regions. This knowledge leads to better predictions of the

likelihood of successful elimination [76], and thus better prioritization of limited resources.

Understanding changes in population structure of considerable importance as countries
and regions move from control towards pre-elimination status. Under these conditions, the

number of reported cases is considerably reduced and new surveillance strategies must be im-



plemented. The gold-standard for malaria detection, RDTs, require a minimum parasitemia
in patients; when treatment programs have sufficiently reduced the burden of malaria, the
number of false-positive instances is expected to increase. PCR-~based methods of detection
are an option for increased sensitivity, but thus far, strategies for implementation as part
of control and elimination efforts have not been developed to adequately assess the true

prevalence of the parasite in these low infection settings.

However, in order to be prepared for these program reorientations, it is essential to track
how close populations are getting to these levels. While many studies describe extant popu-
lations and compare their population structure and other characteristics to others, few have
tracked changes in the population genetics of the parasite. It is of paramount importance
to detect and characterize changes in the parasite populations as regions move along the
spectrum from control towards elimination, particularly as the parasite population responds
to control and eradication efforts. In regions of high parasite transmission, it is common
to find evidence for multiple parasite genomes within a single patient (high COI). In con-
trast, in areas with very low reported transmission such as areas well into pre-elimination
or experiencing imported or other small-scale epidemics, either a single or limited number
of P. falciparum genomes are present (low COI). What is unclear and so far unreported is
the route between these population states and what effects the number of genomes within

patients (single versus mixed infections and relative COI) has on population structure.

As transmission — and presumably the number of reported malaria cases — decreases, the
overall genetic diversity will also decrease as the opportunity for meiotic crossover events
between genetically distinct parasites within the mosquito midgut will become more rare.
This will be co-incident with a reduced complexity of infection. With fewer parasite types
in the population, crossover events that occur will be between identical or nearly-identical
individuals, increasing the inbreeding levels within the population. However, several groups
have reported continued transmission of mixed infections even in low transmission areas,
hinting that the mechanisms for parasite transmission may be complicated by persistence of
mixed gamete transmission within mosquitoes [13, 28]. This continued elevated COI could

confound efforts to determine eradication status.

Identification of markers of the status of these populations will develop a better under-
standing of the changing population genetics and ultimately lead to better strategies and

more effective distribution of limited resources in the global effort to eradicate malaria.



These measures and their implications for malaria control efforts are discussed in greater

detail in the following chapters.

1.4 SUMMARY OF CHAPTERS AND AIMS

The work of this dissertation is to utilize genomic information to better understand both nat-
ural changes in Plasmodium falciparum population genetics as well as those in geographical
regions undergoing intense control efforts. The most informative methods to generate com-
plete data for comparison of populations and identification of markers remains deep (high
coverage) sequencing and large-scale Affymetrix SNP arrays. Using these methods, a variety
of population characteristics can be described as above and in the work by Chang and Park to
show population demography as well as additional sites of selection in the genome [3, 17, 91].
While sequencing entire parasite genomes continues to become more tractable in cost and
computation, it remains prohibitive and excessive for large-scale population surveillance and
cumbersome for results to be generated in a time frame to allow real-time assessment of the
effects of control efforts on parasite populations. The feasibility of large-scale studies utiliz-
ing whole-genome sequencing is questionable, especially when other methodologies could be
used to answer questions relevant to population surveillance such as changes in transmission
type and frequency, complexity of infection, and allele frequency and its related variance

effective population size.

We hypothesized that a limited number of genetic markers could be used to track temporal
changes in parasite population genetics, especially in response to enhanced malaria control
efforts. We review these principles of population genetics as they apply to Plasmodium

falciparum parasite diversity in Chapter 2.

Toward this end, we have developed tools designed for easy implementation in a variety of
research settings, then set about applying these tools to track parasite populations to test our
hypothesis that significant population-level changes were happening and could be tracked in
the parasite population. Building on existing knowledge of SNPs associated with reduced
drug sensitivity, we designed and implemented a set of assays meant for easy genotyping in a
variety of settings. In Chapter 3, we develop and apply new tools with increased sensitivity
and utility to discover temporal trends in markers under selection, identify emerging or

imported drug resistance mutations, and track imported resistance reported elsewhere as it

10



moves through the population.

An additional tool that we have developed is the molecular barcode, a set of SNP markers
from across the Plasmodium falciparum genome. Using the genotypes from 24 individual
alleles from the parasite’s 14 chromosomes, we are able to uniquely identify individual para-
sites and also mixed infections [24]. We test the hypothesis of changing population structure
in Chapter 4 by utilizing the neutral markers of the molecular barcode as a proxy for entire
genome sequencing to track radical changes in a population over 6 years to find evidence of
clonal and epidemic expansion of certain parasite types, extremely small variance effective

population size, and persistence of parasite types across dry seasons.

Chapter 5 uses the molecular barcode to track parasite populations within children suf-
fering from cerebral malaria, a severe condition that commonly results in death. Here we
present a trend that single parasite types over-run the patients, rather than an accumulation

of multiple parasites that overwhelm the immune system.

These studies track parasite population genetics through both neutral markers and those
under selection. Using these markers in geographical populations and even within individuals

can inform eradication programs of the effectiveness of their interventions.

11



Population genetics and parasite diversity

In population genetics, evolution occurs when the frequency of alleles in a population changes
over time. A single organism cannot undergo evolutionary change, but individuals possess
genomic diversity that collectively forms a pool of genetic variation upon which the forces
that lead to evolution can act. Some authors prefer the term evolution to refer only to changes
in allele frequency that result from natural selection; however, in most cases the underlying
cause or causes of allele-frequency change cannot easily be assigned with certainty; however,
we can develop frameworks to approximate the observed frequency changes. In this chapter,
we describe an idealized model of allele-frequency change and discuss the ways in which
evolutionary forces can cause these changes to differ from the model. Differences between
actual data and model predictions open a variety of approaches to drawing inferences about

the evolution of microbes through analysis of genetic data.
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2.1 MUTATION

Mutation encompasses a wide range of changes from substitution of single nucleotides to
relocation of entire segments of chromosomes. Single-nucleotide polymorphisms (SNPs) in-
clude transitions and transversions that exchange bases within or across purine and pyrimi-
dine classes. Some nucleotide substitutions can affect the codon for an amino acid without
changing the amino acid (a synonymous SNP). When the mutant codon does code for a
different amino acid, the SNP is nonsynonymous. Some mutations insert or delete one or a
small number of nucleotide bases and shift the reading frame of the translational machinery;,

causing a usually non-functional product to be translated from the RNA transcript.

On a larger genetic scale than single-nucleotide changes, copy number variations (CNVs)
are mutations caused by mobile genetic elements like insertion sequences, transposons, or
retroelements. Genes can also be duplicated through chromosomal mutations such as trans-
positions and translocations; like the other types of CNVs, these mutations place genes out
of their normal genetic context and away from their normal regulatory elements. The new
copies may also be less prone to correction by processes such as gene conversion, leaving
them free to accumulate further mutations. A special class of copy number polymorphisms
consists of minisatellites and microsatellites with variable numbers of tandem repeats of
relatively short stretches of DNA.

Mutation can have significant consequences on populations. For example, the effects
of nonsynonymous SNPs and CNVs have been associated with reduced drug sensitivity in
Plasmodium falciparum, the apicomplexan parasite that causes most malaria deaths. The
implications of these and other types of mutations in populations of P. falciparum will be

discussed in greater detail in later chapters.

At the beginning of population genetics, the only way to observe mutations was through
direct polymorphic evidence: Mendel’s vaunted peas, Kettlewell’s melanic moths, and Gal-
ton’s amazing catalog of continuous traits all owed their phenotypic variation to different
versions of genes where mutations had caused the organisms to appear different from each
other. Increasingly sophisticated techniques such as allozyme (also known as allelic isozyme)
and restriction fragment length polymorphism (RFLP) analyses allowed more direct studies
of protein and DNA differences between individuals within populations and among species.

These early experiments formed the basis for many current theories in population genetics
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and remain informative to the present day. The recent emergence of cost-effective technolo-
gies such as DNA and protein arrays has changed the scale and accelerated the discovery of
diversity from single genes or proteins to genomes and proteomes in massively multiplexed
studies involving larger numbers of individuals within and among populations. Advances
in sequencing technologies have further enhanced the deluge of new data available to re-
searchers. With lowered costs and increased coverage, entire genomes can be sequenced for
a complete picture of polymorphic sites across populations and time. Further technological
advances like hybrid selection and single-molecule amplification mean that pathogens and
other microorganisms including eukaryotic microbes that cannot be separated from host
material or cultured in sufficient quantities to allow easy sequencing under previous tech-
nologies can now be sequenced directly from patients or the environment. These technologies
do not rely on in vitro culturing systems and offer researchers glimpses of the population
genetics of pathogens whose mechanisms of virulence may be intractable for study in model

organisms.

2.2 GENETIC DIVERSITY AND RANDOM GENETIC DRIFT

Knowing the extent of genetic diversity allows us to make comparisons among populations
in space or time. Studies of genetic differences among populations and the mechanisms
that bring them about can reveal evolutionary history and can predict future evolutionary
events. Genetic diversity is measured in several standard ways, so comparisons can be made
within and among populations. Heterozygosity, originally developed to quantify allozyme
differences, calculates the proportion of loci that are heterozygous. This flexible and straight-
forward metric allows testing between variable locations in a single diploid organism, among
individuals in a population, and between species. With access to genetic sequences, other
measures of genetic diversity are more commonly used. One measure, nucleotide diversity
(typically symbolized by ), is the average proportion of nucleotides that differ between any
randomly sampled pair of sequences. A second measure of DNA sequence variation is the
number of segregating sites (usually symbolized by S)[54]. While cataloging the magnitude
of genetic differences offers ways to compare populations, it does little to inform evolu-
tionary history or relationships among populations. In order to recognize and understand
the forces that change the frequency of alleles in a population, it is convenient to compare

an actual population with an idealized model population in which only well-defined evolu-
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tionary forces are at work. In the simplest models, the ideal population is infinitely large,
mating is random, and generations do not overlap. In the absence of mutation, migration,
and selection, the allele frequencies remain constant generation after generation, and with
only two alleles at a locus, the genotype frequencies in a diploid organism are given by the
familiar Hardy-Weinberg principle as p?, 2pq, and ¢?, where p and ¢ are allele frequencies and

p+qg=1.

The next level of complexity still in an idealized model is to allow mutation to take place
and to assume that the population is finite in size. The finite size allows random fluctuations
in allele frequency to take place from generation to generation. The mutations are assumed
to have negligible effects on survival and reproduction, which is called selective neutrality.
Under these assumptions, the idealized model is known as the neutral model and often serves
as a null hypothesis for comparison with observed data. Tajima’s D is one test statistic that
we can use to test differences between the observed and idealized situations. Tajima’s D [106]
can be easily calculated from sequences of selected loci of many individuals in a population

through measures of sequence variation m and S/a, where

1

1

i=1
a =

n—1

and n is sample size. Rejection of the neutral model, where the observed value is significantly
different from the expected value of Tajima’s D (which is 0), can identify genes in which
forces such as natural selection may be important; however, departures from neutrality can
also result from the departures from any other assumptions made in the idealized model

such as population growth.

In a finite population, random genetic drift changes allele frequencies over time through
stochastic sampling variation that can change the relative representation of an allele in the
next generation. Gametes from each parent that successfully combine to form offspring are
a subset of the total possible from each parent; which particular set of alleles combines with
those from another gamete is entirely random. Also random is the chance that an individual
carrying a particular allele will survive and successfully reproduce. A formal model for the
effects of random genetic drift was proposed independently by Wright and Fisher [1, 126]
and hence is known as the Wright-Fisher model. The key simplifying assumptions are a
finite and constant population size (N), nonoverlapping generations, and equal likelihood of

reproduction of each individual. In its simplest form, the model also assumes no new muta-
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tion and deals only with those that already exist in the population. With these assumptions,
the probability that the copy number of an allele will be k£ in a diploid population in the

next generation is

(2N>‘ k 2N—k
KN —e P

where p is the frequency of the allele in the current population and ¢ = 1 —p. The formula
here could be further used to predict the influence of genetic drift and population dynamics,
such as the expected frequency of mutations in a population or the expected time for an

allele to become fixed or lost by genetic drift.

Once a mutation enters the population, its possible fates are limited to either survival or
extinction. With no selection, its fate is determined by purely random fluctuations in allele
frequency (random genetic drift). A new mutation in a diploid population of size N has an
initial allele frequency of 1/(2N). The odds are greatly against the allele establishing itself
in the population. For a large population, the probability that the allele will be lost in the
next generation is 0.368. The odds against surviving to the second or fifth generation after
introduction are 0.532 and 0.732, respectively. On average, an allele that is destined to be
lost will do so in approximately 2in(2N) generations. Although the odds are strongly against
any new neutral mutation remaining in the population for very long, there are so many new
mutations that some of them do become established, and a few even drift to fixation. In
the neutral model, the probability that an allele eventually becomes fixed is equal to its
frequency in the population. Fixation of a new neutral allele takes a long time, however. A
mutation at initial frequency 1/(2N) that is destined to be fixed requires an average of 4N

generations for this to occur [55].

Through the accumulation of mutant alleles and their random changes in a frequency due
to genetic drift, an equilibrium is eventually established with predictable values of m and S
and other population parameters, as well as a predictable probability distribution of allele
frequencies (called the allele frequency spectrum). It is against these predictions that actual
data are compared to reveal genes that deviate from the assumptions of the model. For
example, deviations caused by selection for biological attributes or drug resistance would be

of interest.
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2.3 THE NEUTRAL THEORY

Kimura formalized the Wright-Fisher model in the neutral theory, which proposes that the
primary cause of evolution in populations is through the mechanism of genetic drift on
neutral alleles [53, 56]. Kimura developed this theory based on thinking at the time that the
human genome might contain at least a million genes. With the degree of polymorphism
of protein-coding genes then known, most segregating mutations must be selectively neutral
and must confer no apparent advantage to individuals with different alleles; otherwise, the
genetic load from segregating mutations would be so large that the population could not
survive. Kimura also posited that even if non-neutral mutations emerged, the vast majority
would be deleterious and quickly lost from the population through negative selection. One
strong example used to defend this theory was the degeneracy of the codons mapped to
amino acids. Kimura hypothesized that most gene products that are found in the possible
genetic landscape are at some form of an optimal state and that most changes are simply
variations on a theme that has been successful for many generations. In this theory, the rate
of loss of neutral alleles is balanced by the mutation rate (u) of these same neutral alleles
and variation is maintained in the population. We now know that in eukaryotes with large
genomes, the vast majority of the DNA does not code for proteins, and hence, the neutral
theory has been extended to apply to most noncoding sequences. Because of its simplicity
and ability to make specific predictions about such things as the allele frequency spectrum,
the neutral theory has served as a critical null hypothesis in molecular population genetics

and genomics.

2.4 MUTATION AND SELECTION

The obvious alternative to the neutral theory is natural selection. First proposed by Dar-
win and subsequently modified to reflect updated scientific knowledge, this theory acts on
individuals to change the characteristics of an entire population. Under natural selection,
in contrast to the neutral theory, selection on allelic variation nonrandomly changes allele
frequency owing to differences in the relative fitness of the individuals. Fitness is measured
by survivorship and fecundity the ability to survive to reproduce, the number of successful
matings, and the number of off-spring produced per mating. Positive selection increases the

likelihood of an allele passing to the next generation through increased fitness, while negative
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selection is deleterious to these chances. There are three general types of selection that work
to change allele frequencies in distinctive ways. First, directional selection favors one extreme
variant over the other genotypes and pushes the allele frequency toward one homozygote.
If the new mutation is favored, the directional selection is positive; if the original type is
favored over the mutation, negative or purifying selection occurs. Next, balancing selection
chooses an intermediate solution over extremes. A well-known example of balancing selection
is the fitness advantage of having one copy of the sickle-cell mutation to help protect against
severe illness caused by P. falciparum malaria. Homozygous nonmutant genotypes are more
likely to suffer severe infections, but homozygous mutant genotypes have severe anemia. The
heterozygous genotype, therefore, has an advantage over both homozygous genotypes. The
third general type of selection is diversifying selection, which emphasizes maximum allelic
diversity. Many genes in the immune system and pathogen virulence factors that interact

with the immune system are thought to be under diversifying selection.

Even when a beneficial mutation appears in a population, random genetic drift plays
an important role in determining its fate, especially in the early generations. For a new
mutation with a selective advantage of 1%, for example, the likelihood that the mutation
will be lost in the first, second, or fifth generation is only slightly smaller than under a
neutral model: The theoretical probabilities of loss when N is large are 0.364, 0.526, and
0.725, respectively. When the selective advantage s is small, the likelihood of ultimate
fixation in the population is only twice the selective advantage. Selection can indirectly
affect neighboring genes. When strong positive selection changes the frequency of an allele,
the advantageous form sweeps through the population. If this selective sweep happens in
a short period of time, neighboring alleles are carried along as genetic hitchhikers before
genetic recombination can break up the allelic associations. One measure to test for the
presence of selective sweeps is linkage disequilibrium, which is the nonrandom association
of alleles in a chromosome. Under the neutral model, genes are in equilibrium when no
particular combination of alleles (a haplotype) is more prevalent than would be expected by
chance. Under selective pressure, including selective sweeps, linkage disequilibrium occurs

when the frequency of certain haplotypes rises above random expectation.

Proponents of Darwin’s theory of natural selection at first saw the neutral theory as being
in direct opposition to the tenets of selection, and for about a decade, disagreements between
the two camps appeared as polemics supporting either selection or neutrality as a universal

mechanism of evolution. These grand theoretical battles are mostly in the past, and modern
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researchers are more concerned with assessing the relative importance of selection and neu-
trality in various actual situations. In this instance, progress in sequencing technology and
other aspects of genomics were important to help the field of evolutionary genetics escape
the impasse. We should note here an important modification of the neutral theory known as
the nearly neutral theory, which recognizes that many mutations may indeed have selective
effects of their own but stresses that these effects are often small in relation to the population
size [89).

2.5 EFFECTIVE POPULATION SIZE

When a population geneticist refers to population size, it is usually the effective population
size that is intended. The effective size of a population, sometimes informally called the
“breeding size,” corresponds to the size of the ideal population discussed earlier that would
have the same magnitude of random genetic drift as an actual population [126].The effective
size of a population is usually smaller than the actual size and is sometimes much smaller.
Symbolized by N, the effective population size is an important characteristic of a population
that determines the effects of genetic drift interacting with selection and other processes.
More formally, the effective size of a population is defined as the size of an ideal Wright-
Fisher population that has the same properties with respect to genetic drift as the real
population does. The effective size is often more relevant to evolutionary processes such as

adaptation, including the evolution of drug resistance, than the actual population size.

The detailed consequences of random genetic drift can be measured in several distinct
ways, and depending on the way random genetic drift is measured, three kinds of effective
population sizes have been defined: variance effective size, eigenvalue effective size, and in-
breeding effective size. Variance effective size is the size of an ideal population that would
produce the same variance of allele frequency from one generation to the next as the actual
population; eigenvalue effective size considers the rate of loss of heterozygosity across gen-
erations; and inbreeding effective size focuses on the probability that alleles are identical by

descent.

One complication is that the three types of effective size can differ in certain demographic
models. Sjodin et al.(2005) introduced the coalescent effective size and demonstrated that,

if it exists, the coalescent effective size is the most general because it allows all aspects of

19



random genetic drift to be described by Kingman’s coalescent process [102].The coalescent
effective size is defined as the size of an ideal population that has the same properties of the
coalescence process as an actual population. Coalescence is the convergence of the ancestral
lineages of two alleles to a common ancestral allele. In an ideal population that follows the
Kingman coalescence process, the time for two lineages to coalesce follows an exponential
distribution with mean 2NN, and hence in an actual population, the coalescent effective size
can be estimated as half the reciprocal of the rate of coalescence. Coalescent effective size
does not always exist: It exists only when the factors that affect N, take place on different

timescales from coalescence events.

2.5.1 FACTORS AFFECTING EFFECTIVE POPULATION SIZE

Even though an actual population may be very large, its effective population size could be
small. Various factors affect effective population size. First, variation in offspring number
reduces N, and the effective population size equals approximately the actual population size
divided by variance of offspring number. Second, inbreeding decreases effective size, and the
inbreeding effective size is equal to the actual population size divided by (1 + F7), where F}
is the inbreeding coefficient. Third, N, also depends on the ratio of females to males. If a

population consists of INV,,, males and Ny females, the effective population size is

AN, N;
N, + Ny

That is, the effective population size decreases as the sex ratio becomes more skewed.
Moreover, effective population sizes for sex chromosomes and autosomes are different. Effec-
tive sizes for X chromosome and Y chromosome are 9N,,, Nt4N,, +2N; and %, respectively.
In addition, if the population size changes through time, the effective population size is
approximately the harmonic mean of the actual sizes. Finally, in the case of subdivided
populations, the effective size of the ensemble of populations could be (but not always,
depending on migration situation) greater than the actual size because the probability of co-
alescence between individuals from different subpopulations is smaller than that in an ideal

population (for more details see [47]).
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2.5.2 THE STRENGTH OF SELECTION RELATIVE TO RANDOM GENETIC DRIFT

Effective population size is a key parameter that determines the rate of evolution. The
relative importance of selection and random genetic drift depends on the absolute value
of the product of effective population size N, and selection coefficient s. If |Ngs| > 1,
selection dominates over genetic drift and beneficial mutations are more likely to become
fixed in the population, while deleterious mutations are efficiently eliminated. If |N.s| < 1,
selection is swamped and the frequency of non-neutral mutations fluctuates like neutral
mutations. If |V s| & 1, selection and genetic drift both play important roles in determining
the evolutionary fate of a new mutant allele. These principles not only imply that the efficacy
of selection increases with N, but they also imply that more genes are affected by selection
in populations with a larger effective population size. Mutations with the same selection
coefficient therefore can have different fates in populations with different effective sizes.
Factors that reduce effective size, such as large variance in offspring number, inbreeding, and

skewed sex ratio, reduce the efficacy of selection.

2.5.3 HOW DO WE ESTIMATE EFFECTIVE SIZE FROM SEQUENCE DATA?

Effective population size can be directly estimated by genetic diversity if the mutation rate of
the organism is known. Under neutrality, genetic diversity is proportional to the product of
the effective population size and the mutation rate (7 = 4N .u and m = 2N, for diploid and
haploid systems, respectively). Alternatively, if temporal polymorphism data are available,
variance effective population sizes can be estimated by variance in allele frequency changes.
If there are large changes in population size, these two methods could give very different
estimates. The first N, represents the effective population size over longer time periods,
whereas the second N, is more related to current population size. If we want to predict the
effectiveness of selection in the near future, the current NN, is more suitable, but if inference

of past evolutionary processes is the goal, then the long-term N, is appropriate.

As an example, we may consider the effective population size of P. falciparum. Based on
the DNA sequence diversity of nuclear and mitochondrial genes, N. has been estimated to
be on the order of 10° [52, 77] , an order of magnitude larger than the effective population
size of humans. It would be interesting to compare this estimate with that of N, based

on changes in allele frequency across generations in contemporary populations as the latter
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could be considerably smaller. If so, this would mean that selection for drug resistance or
virulence may become less effective as the effective population size decreases. The finding
would also have implications for increased contributions of random genetic drift in changing

allele frequencies in parasite populations.

2.6 VARIATION IN MUTATION RATES

In addition to effective population size, mutation rate is an important parameter in evolution-
ary processes. Mutation rates are important because they influence the speed of adaptation
to new environments or selection pressures, the magnitude of mutation load due to deleteri-
ous mutations, and other evolutionary dynamics, such as coevolution between host immune
systems and pathogenic strains. For neutral mutations, Kimura (1968)[53] showed that the
evolutionary rate of neutral substitutions equals the rate of neutral mutations. This impor-
tant principle is surprisingly simple to derive: The rate of nucleotide substitution is equal to
the product of the probability of fixation and the mutation rate. For newly arisen neutral
mutations in a diploid population, the fixation rate is 1/(2N.). The total mutation rate
equals 2N, times the neutral mutation rate per individual, say, U. Therefore, the neutral

substitution rate is expected to be ﬁ X 2N, x U =U.

Many studies suggest that, rather than being uniform across the genome of an organism,
mutation rates vary across the genome. Wolfe et al. (1989)[121] found that the rate of
synonymous substitution, for which it is widely assumed that |N.s| < 1, is not uniform
among genes in the mammalian genome. Studies of mammalian repetitive sequence showed
a similar variation. Furthermore, Gaffney and Keightley (2005)[33] compared substitutions
in repetitive elements in mice and suggested that mutation rates vary on a megabase length
scale in the murid genome. On the other hand, Amos [4] observed small clusters of SNPs in

the human genome.

Several confounding factors might affect inference of variation in mutation rate based
on sequence data. First, natural selection shapes local nucleotide variation. Genes under
positive selection tend to have lower intraspecies polymorphism and higher interspecies diver-
gence, whereas genes under purifying selection are more likely to have lower polymorphism
and lower divergence than neutral loci. Second, recombination breaks down associations

between linked alleles and makes the history of different regions in the genome different.
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Polymorphism would vary among different segments that have different times to the most

recent common ancestor because of recombination.

To avoid the confounding effects of sequence-based methodology and to achieve more ac-
curate estimates of mutation rate, Lang and Murray [60] improved the method of estimating
mutation rates based on the fluctuation test in yeast and applied this experimental method
to the estimation of mutation rates of two genes. The mutation rates were estimated on
a per-nucleotide scale and were shown to differ significantly, supporting the view that the

mutation rate is not uniform over the yeast genome.

Other researchers have investigated factors that may affect mutation rates across the
genome. First, mutation rate is associated with DNA replication timing in humans and is
higher in later-replicating regions of the human genome [104]. Second, Amos [4] suggested
that mutations tend to occur near existing polymorphic sites. This author conducted com-
puter simulations of SNPs and compared the simulated pattern with actual SNPs of human
chromosome 1 and found that a nonindependence model predicted the frequency and density
of the SNP clusters better than the random model. This result suggests that mutations are
more likely to occur in regions that are already polymorphic. This mechanism is attractive
since it seems to be favored by selection: Polymorphic regions are usually able to tolerate or
even favor mutations, and fewer mutations in nonpolymorphic regions can reduce the poten-
tial deleterious mutations. This idea will be more convincing if the proposed mechanism can
be supported by more direct experimental evidence. If more mutations take place near sites
with existing mutations, it also implies that mutations are more likely to happen in genes
under balancing and diversifying selection and further suggests that the speed of evolution

of antigenic genes could be increased by both mutation and selection.

Variation of mutation rate across the genome reduces effectiveness to identify putatively
functional regions. Researchers have been trying to reduce this effect: In coding regions,
synonymous changes are usually used as a control for mutation rates by assuming that
synonymous changes are effectively neutral. If the numbers of synonymous changes and
nonsynonymous changes are both high or are both low, it is likely that they are affected
by higher or lower mutation rates in the region. If there are many nonsynonymous changes
but few synonymous changes within a gene, the large number of nonsynonymous changes
cannot be explained by mutation rates and suggests that positive selection may be acting

on this gene. However, these methods are problematic. For example, synonymous sites are
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not always nearly neutral, and besides non-neutral synonymous sites within coding regions,
increasing amounts of noncoding DNA have been found to be functional, making it impor-
tant to annotate these functional regions in noncoding DNA. To improve the efficiency of
identification of putatively functional regions, further work is needed to estimate mutation

rates on a fine scale across the genomes.

2.7 WHAT CAN WE LEARN FROM POLYMORPHISM AND DIVERGENCE?

Advances in sequencing technology and other aspects of genomics have enhanced the power
to study basic evolutionary processes and their relationships to diversity. Sequence data can
be used to infer the demographic history of a population, the population structure, and which
genes are under selection. It can be used to trace the evolution of antigenic genes in order
to understand the evolution of virulence and drug resistance in microbes. In this section, we
briefly introduce some methods that are useful in the study of evolution of microbes and we

describe what kinds of questions can be answered.

Linkage disequilibrium would appear if individuals in the population tended to mate non-
randomly due to geographic distance or had mating preference with particular phenotypes.
Natural selection can also lead to linkage disequilibrium by favoring specific combinations
of alleles at different loci. Therefore, it is important to examine the possibility of popula-
tion structure before identifying genes under selection. The difference between the effects of
natural selection and population structure is that natural selection acts only on some genes,
whereas population structure affects the pattern in the whole genome. There are two kinds
of approaches for detecting population substructure. One is based on clustering methods,
such as those implemented in software packages Structure[95] , FRAPPE [107] , SABER
[108] , and ADMIXTURE [2] ; the other approach is principal component analysis (PCA),
implemented in the SmartPCA application [92].

When population size increases, more new mutations occur, increasing the number of low
frequency alleles in the population. Conversely, a reduction in the population size results in
a deficit of rare alleles. Since changes of population size affect the relative amount of alleles
with different frequencies, an allele frequency spectrum (distribution of allele frequency) can
be used to examine whether population size has changed in the recent past. There are

some software packages available such as BEAST and dadi that can estimate demographic
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parameters. The method implemented in BEAST is based on Bayesian analysis, whereas
dadi applies a diffusion approximation to the allele frequency spectrum for demographic

inference.

Selection forces can also affect the allele frequency spectrum, but, similar to population
structure, any change in population size affects the whole genome, while selection forces
only influence a limited number of genes. Any pattern pervasive across the genome is likely

caused by demographic changes.

As previously discussed, effective population size can be estimated from genetic diversity if
the mutation rate is known or from allele frequency changes if temporal allele frequency data
are available. Moment methods, maximum likelihood methods, and Bayesian approaches
based on the temporal allele frequency data are all available, and the software package

NeEstimator includes many of these.

2.7.1 IDENTIFYING GENES PUTATIVELY UNDER SELECTION

Identifying genes under selection has always been a major interest in population genet-
ics. Identifying genes under selection is important in understanding interactions between
pathogens and their hosts, as genes related to host parasite interactions are expected to
be subject to natural selection. Inference of selection may also be useful for choosing tar-
gets of new therapeutics. To identify genes under selection, investigators typically compare

divergence between species, polymorphism within species, or both.

Genes under positive selection are expected to have higher divergence among species and
genes under negative selection to be less diverged. In order to control for different mutation
rates, the ratio of the number of nonsynonymous substitutions per nonsynonymous site to the
number of synonymous substitutions per synonymous site (dN/dS) is used as an indicator
of selection. The software package PAML can be used to calculate dN/dS and to test
for statistical significance. dN/dS > 1 indicates positive selection; dN/dS < 1 represents
purifying selection; and dN/dS = 1 suggests that the gene is not under selection.

Three approaches are commonly used to detect selection based on data for intraspecies
polymorphism. One set of methods is based on the allele frequency spectrum, one set

on linkage disequilibrium, and another set on allele frequency differentiation. How different
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Figure 2.7.1: Allele frequency spectra. Allele frequency spectra under neutrality, positive
selection, and negative selection. Equation 11 from Sawyer and Hartl (1992) was used to generate
the spectra under positive and negative selections. The example here has sample size equal to 10.

selective forces change the allele frequency spectrum is shown in Figure 2.7.1. Under negative
selection, deleterious mutations are removed from the population and therefore the fraction
of low frequency alleles is higher. Under positive selection, mutations are favored and there
is an increase in fraction of high frequency alleles. Because demographic history can alter
the null distribution under the neutral hypothesis, if we detect demographic changes in the
past, it is better to estimate the null distribution by coalescent simulation rather than to
assume a constant population size under the neutral hypothesis. Coalescent simulation of
simple demographic models can be done in a program denoted ms [49] .Tests for selection
based on the allele frequency spectrum include Tajima’s D [106], Fu and Li’s D [32] , and
Fay and Wu’s H [29].

If positive selection is recent, recombination does not have enough time to break down
linkage disequilibrium near the selected position, so linkage disequilibrium is higher and
haplotype length longer around the selected loci. Methods based on haplotype length and
linkage disequilibrium include integrated haplotype score (iHS) [112] and cross population
extended haplotype homozygosity (XP-EHH) tests [101]. An estimation of recombination
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rates is needed for applying this kind of method. Recombination rates can be estimated by
experimental crosses or from linkage dis-equilibrium. Programs such as LDhat and PHASE

can be used for estimating recombination rates.

Selection changes allele frequency differentiation among populations depending on the
type of selection. Regions with local adaptations are more differentiated among popula-
tions, whereas regions under uniform balancing selection are less diverged. Allele frequency

differentiation among populations is usually summarized by the statistic

where Hg is the average heterozygosity in subpopulations and Hy is the average heterozygos-
ity in the whole population assuming Hardy-Weinberg equilibrium [115]. Since population
differentiation could also affect Fig7, a null distribution under a proper model of population
subdivision should be generated in order to detect loci under selection by conducting Fsp-
based method. In haploid organisms, Hg and Hp are “virtual” heterozygosities calculated

from the observed allele frequencies under the assumption of random mating.

Recently, Grossman et al. [40] developed a method called composite of multiple signals
(CMS) to incorporate different kinds of information, including linkage disequilibrium, allele
frequency spectrum, and allele frequency differentiation among populations, to increase the
power of detecting recent positive selection. This method successfully increases the resolution

of localizing regions under recent positive selection by up to 100-fold.

The widely used McDonald-Kreitman method is based on the number of non-synonymous
and synonymous mutations within and between species and the assumption that synony-
mous changes are neutral [71]. This test is more robust to the demography since synony-
mous and nonsynonymous mutations are similarly affected. Under a neutral prediction,
the ratio of the number of nonsynonymous polymorphisms to the number of synonymous
polymorphisms should be the same as the ratio of the number of nonsynonymous fixations
to the number of synonymous fixations. Positive selection is expected to lead to an in-
creased ratio of nonsynonymous-to-synonymous fixations but to have a smaller effect on
nonsynonymous-to-synonymous polymorphism; negative selection is expected to result in a
reduced ratio of nonsynonymous- to-synonymous fixations but to have a relatively smaller

effect on nonsynonymous- to-synonymous polymorphism.
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2.8 (CONCLUSIONS

With the introduction of next-generation sequencing technologies, obtaining sequence data
is no longer a limiting factor for large-scale population-level research. Furthermore, third-
generation sequencing methods based on semiconductors are emerging. Although these new
technologies offer huge advantages and massive amounts of new data, they also bring new
tasks. With scale-up of the quantity of data comes a similar scale-up in the potential
errors that can be introduced, such as sequencing errors, alignment errors, and missing
data. Sequence reads generated by next-generation sequencing methods are short, and thus
the difficulty of alignment is challenging. This can be partially solved by using paired-end
sequencing, but the alignment for repetitive or highly polymorphic regions is still difficult,
and correcting for biases in estimating nucleotide diversity still needs to be solved. Most
sequencing errors are visible as singleton alleles observed once per sample and skew the allele
frequency spectrum toward singletons. Since some of the methods for inferring demographic
history and detecting selection are based on allele frequency spectrum, they are sensitive to
sequencing error. Missing data are also a big issue that remains to be solved. Simply ignoring
missing data can bias the population genetic inference because often data are not missing
at random, but imputation can introduce different biases. When using next-generation
sequencing data to study population genetic questions, researchers need to be aware of the
biases that sequencing error and missing data introduce. One way to reduce the effect of
sequencing error is to incorporate quality scores in the analyses. Rather than using all the
sequence information that passes the quality score threshold to make inferences, we can
include a quality score that is related to the error probabilities in a statistical model. Lynch
(64, 65] developed a method to incorporate a quality score to estimate nucleotide diversity
and the allele frequency spectrum. Further work to develop tools to account for sequencing

errors and missing data remains to be done.
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Rapid, field-deployable method for genotyping
and discovery of drug-resistance single
nucleotide polymorphisms in Plasmodium

falciparum

Despite efforts to reduce malaria morbidity and mortality, drug-resistant parasites continue
to evade control strategies. Recently, emphasis has shifted away from control and toward
regional elimination and global eradication of malaria. Such a campaign requires tools to
monitor genetic changes in the parasite that could compromise the effectiveness of anti-
malarial drugs and undermine eradication programs. These tools must be fast, sensitive,
unambiguous, and cost-effective to offer real-time reports of parasite drug susceptibility
status across the globe. We have developed and validated a set of genotyping assays using

high-resolution melting (HRM) analysis to detect molecular biomarkers associated with drug
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resistance across six genes in Plasmodium falciparum. We improved on existing technical ap-
proaches by developing refinements and extensions of HRM, including the use of blocked
probes (LunaProbes) and the mutant allele amplification bias (MAAB) technique. To val-
idate the sensitivity and accuracy of our assays, we compared our findings to sequencing
results in both culture-adapted lines and clinical isolates from Senegal. We demonstrate
that our assays (i) identify both known and novel polymorphisms, (ii) detect multiple geno-
types indicative of mixed infections, and (iii) distinguish between variants when multiple
copies of a locus are present. These rapid and inexpensive assays can track drug resistance
and detect emerging mutations in targeted genetic loci in P. falciparum. They provide tools
for monitoring molecular changes associated with changes in drug response across popula-
tions and for determining whether parasites present after drug treatment are the result of

recrudescence or reinfection in clinical settings.

The Malaria Eradication Research Agenda (malERA) initiative recently reported that de-
velopment of new tools for surveillance and detection of drug-resistant parasites is imperative
for any successful eradication effort. Rapidly expanding genetic data sets for malaria can
be leveraged to identify molecular biomarkers related to important parasite characteristics,

which could be key for surveillance [69].

Arguably the most well studied and clinically important sets of molecular biomarkers are
genetic loci associated with resistance to antimalarial compounds. Resistance to aminoquino-
lines, such as chloroquine, and antifolates, such as pyrimethamine and sulfadoxine, is wide-
spread, and molecular markers associated with these resistant phenotypes have been identi-
fied. Specifically, researchers have identified genetic changes in the pfcrt locus for chloroquine
resistance [30], the dhfr locus for pyrimethamine and proguanil resistance [94, 97], and the
dhps locus for sulfadoxine resistance [14]. Other candidate molecular biomarkers for drug
resistance are pfmdrl [31, 118], associated with resistance to amodiaquine and other amino-
quinolines; cytB, associated with atovaquone resistance [38, 57]; and PfATPase6, implicated
in artemisinin resistance [19, 50, 110]. New discovery efforts, including genome-wide associa-
tion studies, have identified additional candidate loci related to drug resistance [78, 111, 127];

these loci will need to be validated in independent parasite populations.

Because the parasite population changes readily and radically in response to selective
pressure from drugs and other intervention methods, eradication policies must be equally

responsive and adaptable. The data from these assays must allow real-time observation of
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parasite population changes to inform timely protocol changes and further global eradication

efforts to reduce or even eliminate child deaths from malaria.

While a number of assays have been developed to genotype drug resistance loci, they rely
on technologies that are not suited to real-time detection and discovery of single-nucleotide
polymorphisms (SNPs) associated with reduced drug sensitivity. Many of these technolo-
gies, like pyrosequencing and real-time PCR [120, 128], require extensive training and the use
of expensive reagents on instruments in regional clinic settings, which means that samples
collected from field sites can wait months or years for analysis. Other technologies, such
as restriction fragment length polymorphism (RFLP) and msp-1, msp-2, and glurp marker
typing, are economical to implement, but interpretation of results can be complicated and
dependent on the user’s skill level or lead to results that cannot be directly compared be-
tween studies [80]. These limitations reduce the utility of existing methodologies for global
surveillance campaigns and emphasize the need for solutions that are portable, cost-effective,

and uncomplicated.

In this report, we describe a novel modified high-resolution melting (HRM) method for
real-time genotyping of malaria, using parasites derived from culture-adapted isolates. We
validate these highly sensitive and robust assays by examining known drug resistance loci
found in patient blood samples from Senegal. We also report the discovery of new genetic

variants for several genetic loci known to be involved in modulating drug resistance.

3.1 MATERIALS AND METHODS

3.1.1 DNA EXTRACTION AND QUANTIFICATION

We utilized culture-adapted parasites and clinical isolates from a number of sources. Culture-
adapted Plasmodium falciparum parasites obtained from the Malaria Research and Reference
Reagent Repository (http://MR4.org) included 3D7 (MRA- 151, deposited by D. Walliker),
7G8 (MRA-152, deposited by D. Walliker), Dd2 (MRA-156, deposited by T. E. Wellems),
D10 (MRA-201, deposited by Y. Yu), FCR3 (MRA-731, deposited by W. Trager), V1/S
(MRA-176, deposited by D. E. Kyle), W2 (MRA-157, deposited by D. E. Kyle), W2mef
(MRA-615, deposited by A. F. Cowman), K1 (MRA-159, deposited by D. E. Kyle), and
TM90C6B (MRA-205, deposited by D. E. Kyle). Culture-adapted P. falciparum parasites
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obtained from the Walter Reed Army Institute of Research (WRAIR) included W2, W2mef,
and WMCI. We obtained an additional 27 P. falciparum clinical samples under human
subject informed consent conditions from patients being evaluated at the SLAP clinic in
Thies, Senegal, during 2007. The research and ethics study was approved by the Harvard
School of Public Health Institutional Review Board (IRB) and the Ministry of Health in

Senegal. Written informed consent was obtained in the subjects’ own language.

We isolated genomic DNA from culture-adapted parasites using the QIAmp DNA Blood
Mini Kit (Qiagen catalog number 51106), Qiagen G-100 (catalog number 13343), and Promega
Maxwell 16 Blood DNA Purification Kit (Promega catalog number AS1010). We preserved
DNA from patient blood samples by using Whatman FTA filter paper (Whatman catalog
number WB120205), and isolated DNA using the QIAmp DNA Blood Mini Kit (Qiagen
catalog number 51106), the GenSolve Blood Spot Kit (GenVault catalog number GVR-50),
or the Promega Maxwell DNA 1Q Casework Sample Kit (Promega catalog number AS1210).
We quantified DNA using a Nanodrop 1000 (Thermo Scientific) or a real-time quantitative
PCR assay with a labeled probe for hypothetical P. falciparum gene PF0O7_0076, as previ-
ously described [24]. We used 0.01 ng of P. falciparum patient sample template material per

reaction.

3.1.2 PRIMER AND PROBE DESIGN

We imported genomic sequence of the laboratory strain 3D7 from PlasmoDB version 6.3
(http://www.plasmodb.org) into BioFire Diagnostics, Inc. Primer Design Software (version
1.0.R.84). We selected primer and probe sets ranking in the top 10 out of 1,000 potential set
designs for SNPs located in six genes across the P. falciparum genome: pfert (C72, M74, N75,
K76, H97, A220, N326, and 1356), pfdhfr (N51, C59, 1164, and S108), pfdhps (S436, G437,
K540, A581, and A613), cytB (Y268), pfATPase 6 (1.263, E431, A623, and S769), and pfmdr1!
(N86, Y184, R371, S1034, N1042, and D1246). We designed the probes to contain the SNP of
interest. Where several SNPs existed in close proximity on the genome, we designed the probe
to cover as many of the SNPs as possible. We determined likely melting peak separation
between mutant and wild-type alleles on these probes using Hybridization Probe Melting
Temperature Software v1.5 and uMelt (BioFire Diagnostics, Inc.) [26]. These applications
allowed us to determine peak separation, but the actual melting peak temperatures depended

on the actual amplification reaction conditions. We discarded designs that did not show at
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least 1.5°C difference between melting peaks and redesigned many to increase that difference.
We ordered probes with a 3" block (a C3 spacer phosphoramidite attached to a standard 3’
CpG) to prevent extension during PCR amplification. Table 3.1.1 lists primer and probe

sequernces.

3.1.3 AMPLIFICATION CONDITIONS AND EQUIPMENT

We optimized the assay amplification conditions on a 96-well microtiter plate system using
a gradient thermocycler (Bio-Rad iCycler), followed by HRM analysis on a LightScanner-
96 (BioFire Diagnostics, Inc., Salt Lake City, UT). We performed all PCR amplification
reactions using 2.5ul LightScanner master mix with LCGreen Plus double-stranded DNA
(dsDNA) dye (BioFire Diagnostics, Inc.) and primers and probes at various concentrations
for assay optimization. We used cultured P. falciparum strains with previously reported
genotype profiles for wild-type and mutant SNPs to test the performance of the assays in
detecting both alleles. Where we did not have samples with all possible mutant SNPs for
an assay, we generated constructs containing those mutated positions and used them as
controls for the assays (miniGenes; Integrated DNA Technologies). We verified all products
by sequencing by Genewiz (Genewiz, Inc., Cambridge, MA) on an ABI 3730x] DNA analyzer

and with BigDye Terminator v3.1 chemistry using the company’s sample submission requests.

Once optimized for 96-well plate systems, we transferred the technology directly to a
LightScanner-384 to increase assay economy, with decreased reaction volumes (5ul) and

384-well reaction plates instead of 96.

We performed PCR using a gradient thermal cycler to determine optimal annealing tem-
peratures for asymmetric PCR conditions, with one primer in 5:1 or 7:1 excess and the
probe at 80 to 100% of the concentration of the excess primer (data not shown). Asymmet-
ric PCR is essential to probe-based amplification, producing excess single-stranded material
that binds to the blocked probe, which increases the signal needed for probe melting analysis.
For assays crtH97, cytBY268, and mdrS1034, the optimal asymmetric ratio of forward to
reverse primers was 5:1; for the remaining assays, the asymmetry was 1:5. The final primer
concentration was 0.5 uM excess primer and 0.1 M limiting primer. The final reaction

concentration of the 3’-blocked probes was 0.4 uM.
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The best amplification and melting conditions depended on the instrument used for HRM.
On the LightScanner-96 or -384, 55 cycles of a three-step program performed best. For
assays dhfrS108, mdrD1246, ATPase6S769, crtl356, and crtA220, the reaction mixtures
were denatured for 2 min at 95°C and denatured, annealed, and extended at 94°C, 63°C,
and 74°C for 30 s each, with a final step at 95°C for 30 s. All remaining assays had an

annealing temperature of 66°C instead.

With glass capillaries used in the LightScanner-32 (LS32; BioFire Diagnostics, Inc.), which
transfer heat much more efficiently than the plate- based LightScanner-96 and -384, the
amplification cycle was 95°C denaturation for 2 min, followed by 55 cycles of 94°C for 5
s and 66°C for 30 s, and then a premelt cycle of 5 s each at 95°C and 37°C. Following
PCR, the amplified products were analyzed using HRM on the LightScanner instruments.
Products were heated from 40 to 90°C and the change in fluorescence recorded incrementally.
Standard software included with the instruments were used for unlabeled probe analysis to

visualize melting peaks based on these changes in fluorescence.

Once we selected an optimal annealing temperature for pure allelic samples, we imple-
mented a novel amplification protocol to preferentially increase the amplification of mutant
alleles in mixed samples. The mutant allele amplification bias (MAAB) technique is an ex-
perimental approach used in samples suspected of containing very small fractions of mutant
alleles in a single sample. MAAB uses decreased annealing temperature during PCR am-
plification to increase the melting signal from the mutant allele in mixtures. Amplification
bias of the mutant allele is accomplished by using a probe design that is perfectly matched

to the normal, or wild- type, allele.

We developed MAAB protocols on a LightScanner-32 to take advantage of the high tem-
perature transition rate capability, which is critical for optimal performance of the MAAB
technique. This instrument utilizes capillary tubes in a 5- to 10-ul reaction volume and
offers real-time PCR and automated high-resolution melting analysis capability. The glass
capillary reaction vessels accommodate the requisite rapid temperature transitions required
for MAAB. Optimal annealing temperatures under MAAB were reduced to 52 to 56°C.
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3.2 RESULTS

We designed a set of 23 HRM assays using the 3’-blocked LunaProbe technology to genotype
SNPs across six genes previously associated with reduced drug sensitivity. These assays failed
traditional TagMan assay design, but HRM design was successful in all cases. The LunaProbe
technology has been shown to increase assay sensitivity: the addition of 3’-blocked probes
covering short (less than 50-bp) regions within the primer amplicon results in enhanced peak
melting-temperature (Tm) separation between alleles, especially class IV SNPS (A—T or
T—A) that are a challenge to differentiate with traditional HRM methodologies. Figure
3.2.1 A and B illustrate this using Pfert H97. Shown is TM90C6B with the mutation H97Q
that results from a nucleotide base change from A to T. This class IV SNP is the most
challenging for HRM to distinguish. Figure 3.2.1 B is an example of detection of multiple
alleles. Pfmdr 86 shows wild-type N86 in 3D7 (gray), mutant N8GY in strains K1 and FCR3
(red), and a recently reported mutation in field isolates, N8GF in Dd2 (blue). Note that
different sources of Dd2 have varying numbers of copies of pfmdrl. In this instance, Dd2
has copies with different SNP mutations that have been sequenced to verify the presence of
both alleles. Both N86Y and N86F derive from an A—T nucleotide change. Additionally,
the SNPs tested are adjacent to one another in the genome and can be clearly differentiated

by the assay.

LunaProbes also allow separation of SNPs located very close or adjacent to each other
in the genome (Figure 3.2.1 B and C), allowing determination of SNP haplotype blocks.
Figure 3.2.1 C uses Pfert 72-76 to illustrate. The probe is designed as a perfect match to
the 3D7 allele at each locus (codons 72, 74, 75, and 76); thus, sample 3D7(blue) displays the
highest melting peak (Tm) possible with this probe. This peak corresponds to a genotype
at these four loci of C,M,N K. Sample 7G8 (red) is mismatched under the probe at codons
72 (TT mismatch) and 76 (CT mismatch) for a genotype of SM,N,T. Samples Dd2, V1/8,
and FCR3 (gray) are all the same genotype and are mismatched to the probe at codons 75
(GT and AA mismatch; 1st and 3rd bases of codon 75) and 76 (CT mismatch), making the
genotype C,LE,T. If a sample were mismatched with the probe at only a single base site,
the melting peak would be somewhere between the red and blue peaks. If a sample were

mismatched at all four sites, the melting peak would be even lower than the gray peak.

This improved design resulted in better peak separation than previously reported with
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Figure 3.2.1: Representative melting peaks of High Resolution Melting (HRM) assays.
(A) Example of a single-SNP probe assay; Pfcrt H97 shown. (B) Example of a single-SNP probe
assay with multiple alleles in Pfmdr 86. (C) Representative SNP haplotype probe assay. Shown is
pfert 72, 74, 75, and 76.

HRM [7]. We confirmed the genotypes determined by HRM analysis through direct se-
quencing of the amplicons, finding 100% correspondence of the observed genotypes to the

reported sequences.

Our genotyping assays proved to be robust and specific. They were able to detect and

differentiate alleles with low concentrations of template material even in the presence of
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Figure 3.2.2: Limit of detection and performance with human genomic material. (A)
Shown are the normalized derivative melting peaks of both the probe and full amplicon (the higher-
temperature melting peaks outside the vertical bars of the probe amplicon) of representative assay
(pfdhps 436/437).The melting peaks are still distinguishable, with 10° ng of Plasmodium template.
(B)The same assay shown in panel A after software normalization of the probe melting peaks
(BioFire Diagnostics, Inc., standard software suite analysis of unlabeled probes) still shows strong
peaks for the mutant and wild-type alleles. (C) Performance with an excess of human material.
Mock samples of culture-adapted parasite genomic material with an excess of human material
added. Pfert K72-76 assay is shown. The limit of detection is 10 pg of parasite template combined
with 1 ng of human DNA.

excess contaminating genomic material. Using cultured isolates without excess human ma-

terial, as would be found in filter-extracted patient samples, the limit of detection was 10°
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ng, similar to that found by other groups (Figure 3.2.2 A and B) [7, 35] and also similar to
other PCR~based methodologies and comfortably within the yield from extraction of patient
samples collected on filter paper in the field. The assays remained specific for their target re-
gions in the presence of an excess of human genomic material that we introduced in order to
mimic the ratios of human and parasite DNAs obtained from patient samples; however, the
absolute limit of detection with contaminating human DNA was reduced to approximately
10 pg (Figure 3.2.2C).

The genotyping assays are also sensitive and were made more so by our technology mod-
ifications. We were able to detect alleles comprising 2% to 5% of the total sample; by
introducing the novel amplification method MAAB on a LightScanner-32 instrument using
glass capillary tubes, we were able to increase the sensitivity to detect mutant alleles present
at less than 1% of the mixture (Figure 3.2.3B). There is some vertical spread between the
mixture peaks; however, the inflection for each mixture does not change compared to the
negative or peak curve seen with the unmixed samples. This inflection difference is consistent

across repeated trials and is reliable as long as unmixed controls are present.

Remarkably, we could discriminate individual alleles even in more complex mixtures con-
taining three or more alleles using our modified HRM approach (Figure 3.2.3A). These results
demonstrate that the assays are sensitive and specific and are able to identify alleles present
at less than 1% of a mixture when multiple alleles exist in a sample. Comparable amplifi-
cation technologies, such as TagMan, fail to consistently detect mutant alleles at less than
10% of the sample mixture [24]. Without the refinements to HRM using blocked probes, the

typical sensitivity for detection is still an improvement at 2 to 5%.

Additional methods, such as nested-PCR, amplification and RFLP analysis, rely on more
subjective and complicated interpretation of gel bands. Here, we show that HRM analysis

results in clearly separated and unambiguous melting peaks to determine sample genotypes.

To assess the accuracy and reliability of these assays, we applied them to genotype 44
independent, culture-adapted parasites from a number of different geographical regions and
verified our results by sequencing (Genewiz, Inc., South Plainfield, NJ) (Table 3.2.1). From
our assays, we found that 40% of the samples had the mutant genotype for pfert K76 and
18% and 40% displayed variants at dhps residues 436 and 437, respectively. For dhfr, 65%

were mutants at residues 51 and 59, and 70% were mutants at residue 108. While many
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Figure 3.2.3: Assay performance with mixtures of genomes and MAAB. (A) Mixture
of three genomes showing clear differentiation between fractions: 3D7-7G8-Dd2. The pfert K72-76
assay is shown. (B) Shown in the pfert K72-76 assay, MAAB in the LightScanner-32 increases the
likelihood of detecting low-frequency allele fractions in a mixed population. Different proportions
of mutant DNA were mixed with wild-type DNA: 100% wild-type DNA (3D7), a 50/50 mixture
of mutant DNA (7G8) with wild-type DNA (3D7), a 25/75 mixture of mutant DNA (7G8) and

wild-type DNA (3D7), down to less than 1% mutant DNA mixed with wild-type DNA in 1 ng total
template concentration.
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other SNPs associated with drug resistance were primarily wild-type genotypes, there were
variant polymorphisms in this international collection for each of the following loci: pfert
220 (40%) and 356 (12.5%), pfmdr1 86 (32.5%) and 184 (70%), and PfATPase6 (40%). All
mutations detected by genotyping assays were confirmed by sequencing (Genewiz, Inc., South
Plainfield, NJ), and our assays showed 100% correlation with the sequencing results, as well
as those reported on PlasmoDB version 6.3 (http://www.plasmodb.org). The genotyping
assays are also sensitive and were made more so by technology improvements. These data
validate the assays as able to reliably detect previously characterized mutations in the six

drug resistance loci.

We next tested the correspondence of our genotyping assays with drug phenotypes among
the culture-adapted parasites [8]. We evaluated the K76 locus of pfert associated with chloro-
quine resistance and the N51, C59, and S108 loci of dhfr associated with pyrimethamine
resistance. We observed 100% correspondence between the pfert K76T mutation and chloro-
quine resistance among culture-adapted parasites. We also observed 100% correspondence
between the N51I allele (100%) and the C59R allele (100%) in dhfr for pyrimethamine resis-
tance. For the S108N allele, four of the parasites deviated from direct correspondence with
pyrimethamine resistance. Three of the parasites that had the SI08N allele tested sensitive
to pyrimethamine. These parasites were wild type for the N51 and C59 alleles and had
pyrimethamine resistance levels near the cutoff (2,000 nM) for resistance [9]. One parasite
that had the S108 allele tested resistant to pyrimethamine. This parasite, however, was
mutant for the N51I and C59R alleles and also had a level of pyrimethamine resistance that
was just over the resistance cutoff level of 2,000 nM. Thus, we observed almost complete
correspondence between the genotyped alleles and the expected drug responses for chloro-
quine and pyrimethamine among the culture-adapted parasites in this analysis, confirming
that these molecular markers are useful for interpreting drug responses in P. falciparum

parasites.

We then demonstrated the usefulness of our HRM assays on materials derived from blood
collected on filter paper from patients seeking treatment for malaria at the Thies, Senegal,
clinic. Table 3.2.1 shows the prevalences of mutations in the following loci: pfert 76 (15%),
dhps 436 (26%) and 437 (48%), and dhfr 51 and 59 (85%) and 108 (93%). Other SNPs
with variant alleles include pfert 220 (26%) and 356 (22%), pfmdrl 86 (7%), pfmdri 184
(70%), and PfATPase6 623 and 431 (7%). Based upon comparison to data from previous

years, there has been a decrease in the prevalence of mutations associated with chloroquine
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resistance and an increase in mutations associated with pyrimethamine resistance. The
decrease in chloroquine resistance but increase in pyrimethamine resistance is consistent with
the use of these drugs for malaria treatment in Senegal. While chloroquine use has largely
been discontinued, use of pyrimethamine has continued (initially in a combination treatment
with sulfadoxine and amodiaquine) and remains the mainstay treatment for intermittent

preventative treatment for pregnant women (IPTp) in Senegal to date [123].

Because they generally require prior knowledge to design exact matches to every SNP
sequence variants, probe-based technology approaches like TagMan fail to amplify if novel
variants appear within the amplicon region. However, because by design our assays allow
us to detect both known and novel haplotypes and mutations in genetic loci associated with
drug resistance. First, we detected previously unreported haplotypes in Senegal for pfdhps
436/437 in three of the culture-adapted parasite lines, including the 436A/437A haplotype
for two parasites (P05.02 and Th105.07), as well as the 436Y /437G haplotype for another
parasite (Th28.04) (Figure 3.2.4A). Second, we detected a new mutation in the cytB locus
from a single patient sample (Figure 3.2.4B). This novel mutation, confirmed by sequencing
(Genewiz, Inc., South Plainfield, NJ), is the M270I variant, located near the amino acid
associated with atovaquone resistance in the cytB gene at Y268 [57]. Because this novel
allele was detected in direct patient material preserved only on Whatman FTA cards that
did not preserve whole parasites for culture, we were unable to test for any biological effects
of the mutation on drug sensitivity. Because the probe-based analysis also allows study of
the larger amplicon, we were able to discover SNPs 22 bp upstream of the probe region
but still within the amplicon targeted by the ATPase6 431 assay in D10 (MRA-201) (data
not shown). The additional utility to scan both single SNPs are well as genomic regions
known to be under selection increases the likelihood that additional mutations associated
with reduced drug sensitivity will be found in the regions targeted by the assay primers.
While samples with variant melting peaks must be sequenced to characterize the newly-
discovered mutation, HRM technologies offer the unique ability to quickly and economically

scan samples for emerging variants.

In addition, the assays differentiated between copies of a genetic locus. The pfmdrl locus
is known to be present in multiple copies in some drug-resistant parasites, particularly those
resistant to mefloquine [31, 119]. As part of this analysis, we observed different genotypes

for the pfmdrl locus in the Dd2 parasite and confirmed the presence of the newly reported
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Figure 3.2.4: Detection of emerging and new mutations. (A) New SNP haplotype detected
in Senegal patient samples. The pfdhps 436A /437A and 436Y /437G haplotypes have not previously
been reported in Senegal, though they have been reported in other regions. (B) Novel mutation
in cytB. The plot of melting peaks shows the expected wild-type Y268 and mutant S268 peaks
as controls in gray and red, respectively. The new mutation, M270I, confirmed by sequencing, is
shown in blue.

pfmdrl N86F mutation in Dd2 [12, 25]. This demonstrates the ability of these assays to
detect mutations among loci subject to copy number variation, which has been implicated
in some drug-resistant parasites [27, 62, 82]. Copy number variation has also been identified
as a source of reduced sensitivity to antimalarial drugs. Instruments with real-time capacity
(BioFire Diagnostics LightScanner-32, Illumina ECO, Roche Nano and Light Cycler series,
and Qiagen Rotorgene-Q) offer additional utility of these assays for direct detection of these

variations.

Finally, we demonstrated that our assays distinguish between single and mixed alleles,
in both culture-adapted and clinical samples. Multiple melting peaks appearing in single-
genome infections determined by molecular barcode or other methods [24] suggest that there

are variant copies of the genetic locus in the parasite genome (Figure 3.2.1).
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3.3 DISCUSSION

High-resolution melting technology offers a new tool for first-line surveillance of known and
emerging markers associated with reduced sensitivity to drug treatments. While it does not
replace standard protocols, such as sequencing, to characterize the specific genetic changes,
the method is economical and easy to implement in a large number of global regions to
scan the parasite population for changes that could signal the emergence or importation of
known mutations. As new mutations are detected through this and other methodologies,
they can be characterized by sequencing, and new HRM assays can be rapidly developed in

an iterative process for population tracking.

Several other groups have presented HRM assays applied to P. falciparum [7, 23, 35];
however, the techniques presented here show clear advances over the previous works. We
have implemented a probe-based technique that improves the sensitivity of these assays over
the whole-amplicon methodology presented in the work of Andriantsoanirina et al. [7] aand
similar to the technology presented by both Gan and Loh [35] and Cruz et al. [23].

Compared to the previous publications, we have developed and validated an extended set
of assays for SNPs related to reduced drug sensitivity and have made notable advances in the
ability to detect mutant alleles present in small amounts within a sample, an improvement on
both studies, which noted a 10% limit of detection of mutant alleles while we have detected
mutant alleles at less than 1%. While MAAB is most effective in instruments that use
glass capillaries for their improved heat transfer properties, the method could be especially
useful for surveillance of emerging resistance where the primary causative SNP is known.
The ability to detect these mutations at very low levels can inform control efforts. MAAB
could be applied following larger-scale plate-based screens where the results may indicate

the presence of a minor population of mutants. MAAB could confirm these observations.

Further, we applied these assays to determine the SNP genotypes of 27 patient samples
with both single and mixed infections and were able to detect the emergence of haplotypes
new to Senegal. Like Gan and Loh [35], we identified new mutations within the probe region

but also found evidence of new mutations outside the probe but within the larger amplicon.

With this technology, results are robust, consistent, and repeatable; however, care must

be taken in preparing the reaction mixtures. Salt concentrations have a strong effect on the
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melting temperature of the complexes, so it is advised that all samples be in the same buffer
for the most consistent results. Not all samples have to be at the same concentration, but the
reactions are most reliable with low concentrations of template. They become less so with an
excess of template (more than 10 ng/ul), and the melting peaks may shift even if all samples
are in the same buffer if any of them are at a very high template concentration relative to
the other samples. While most groups report femtogram levels of detection within culture-
adapted strains without human genomic material, the sensitivity of the assays decreases
when this human contaminant is present in the sample. Still, we observed universally robust
amplifications and unambiguous genotypes from 0.005 to 0.01 ng of P. falciparum template

from patient-derived samples that had not been depleted of white blood cells.

HRM is a promising technology for field-based studies; however, the success of the results
also depends on the quality of the analysis software that is included with the HRM analysis
instruments. Currently, no standalone application exists for melting analysis. We have had
the best success with the suites offered by BioFire Diagnostics, Inc., as a combination of
sensitive analysis and ease of peak calling without extensive and complicated user training.
User training will be further reduced as researchers publish additional validated assays that
require no further optimization. Our initial panel of 23 assays is a strong start toward this

goal.

Because our HRM assays are sensitive, work on mixed infections, and are easily deployed
onsite to study field samples, they have the capacity to track both current and emerging
infections. Our genotyping assays can be used to monitor the frequencies of known drug
resistance alleles or parasite types within a population. Furthermore, they can track changes
in these frequencies as interventions or other factors that impact transmission dynamics in
a given population. For example, as molecular markers of emerging drug resistance are
discovered, these markers can be monitored across a population to determine the likelihood
that current drug therapies would remain effective or to inform policies to contain the spread
of emerging drug resistance and detect the importation of drug-resistant parasites. Because
these assays do not require fluorescence-based probes, the reagent cost per sample is much
lower than for alternative technologies, and storage and preparation conditions are much
less stringent. In our hands, HRM costs approximately 2/3 of what TaqMan-based SNP
genotyping costs and have less than 1/10th the cost for sequencing all of these regions. In
addition, the assays are reliable for samples collected on filter paper, a low-cost method for

sample preservation, transportation, and storage. The fast readout of the melting analysis is

46



clear and unambiguous, allowing easy interpretation of results and less specialized researcher

training.

With increased efforts to establish global networks of research centers based on-site across
the globe, such as the International Centers of Excellence for Malaria Research (ICEMR)
and the collaborative efforts of the Gates Foundation, the initial capital expenditures for
equipment capable of high-resolution melting analysis can be distributed across sites. In

addition, many of these instruments are multipurpose and are able to offer real-time analysis

in addition to HRM.

Our rapid and field-deployable genotyping tools have great promise for surveillance and
clinical diagnosis as we transition from malaria control to malaria elimination. For malaria
elimination to be successful, tools that can provide quick and reliable information about the
changing dynamics of parasites in the natural setting are key. Such information includes
monitoring drug-resistant loci in parasites or determining whether a parasite persists after
drug treatment. Our genotyping assays work on small amounts of patient-derived material
and can disentangle information from mixed parasite infections. These assays can be used

to track parasites and determine the sources of emerging infections.
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(Genetic surveillance detects both clonal and
epidemic transmission of malaria following

enhanced intervention in Senegal

Using parasite genotyping tools, we screened patients with mild uncomplicated malaria seek-
ing treatment at a clinic in Thies, Senegal, from 2006 to 2011. We identified a growing
frequency of infections caused by genetically identical parasite strains, coincident with in-
creased deployment of malaria control interventions and decreased malaria deaths. Parasite
genotypes in some cases persisted clonally across dry seasons. The increase in frequency of
genetically identical parasite strains corresponded with decrease in the probability of multiple
infections. Further, these observations support evidence of both clonal and epidemic popula-
tion structures. These data provide the first evidence of a temporal correlation between the
appearance of identical parasite types and increased malaria control efforts in Africa, which

here included distribution of insecticide treated nets (ITNs), use of rapid diagnostic tests
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(RDTs) for malaria detection, and deployment of artemisinin combination therapy (ACT).
Our results imply that genetic surveillance can be used to evaluate the effectiveness of disease

control strategies and assist a rational global malaria eradication campaign.

4.1 INTRODUCTION

The Plasmodium falciparum malaria parasite causes nearly 700,000 deaths annually, pri-
marily in sub-Saharan Africa [124], where disease prevalence and transmission intensity are
highest. Because parasite populations are large in Africa, they are more genetically diverse
there than elsewhere. They also exhibit less correlation between allelic states at different
loci (i.e. less linkage disequilibrium, or LD), reflecting both the large population and also

higher disease transmission rates, which facilitate sexual outcrossing [81, 111, 113].

We sought to use changes in parasite population diversity to detect longitudinal changes
in disease transmission, and thereby to develop useful metrics for monitoring antimalarial
interventions. As a tool to track parasite diversity, we employed a previously developed
‘molecular barcode’, composed of assays for 24 single nucleotide polymorphisms (SNPs)
across the P. falciparum genome [24]. We applied the barcode to samples from Senegal. Since
2005, Senegal has dramatically increased deployment of intervention strategies, including
ITNs for prevention, RDTs for detection, and ACTs for treatment, resulting in an overall
decline in a number of malaria indicators [66], and making it a good site for detecting changes

in parasite diversity.

4.2 RESULTS

4.2.1 IDENTIFICATION OF REPEATED BARCODES

We sampled patients annually from 2006 - 2011, from the Service de Lutte Anti-Parasitaire
(SLAP) clinic in Thies, Senegal, under ethical approval, and genotyped the samples using
the barcode (Methods). We first compared molecular barcodes within and between years.
We confined this analysis to infections caused by a single parasite strain to reduce ambiguity

from heterozygosity. The most prominent signal in our longitudinal collection of molecular
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barcode data was a steady increase in the number of identical barcodes observed in distinct
patient samples (Figure 4.2.1A). Whereas 10% of samples shared barcodes during the 2006
transmission season, more than 50% were within identical-barcode clusters in 2010 and 2011.
Repeated instances of the same barcode were not limited to clusters of 2 or 3; in 2008 one
barcode was observed in 22 distinct patient samples, and in 2011 nearly a quarter of the sam-
pled infections exhibited another shared barcode. Overall, the proportion of unique parasite
types decreased significantly over the study period (Figure 4.2.1 B; P = 0.006, ANOVA). We
investigated whether parasite samples exhibiting identical SNP barcodes are also genetically
identical at other sites in the genome by hybridizing multiple clusters of samples with shared
barcodes to a whole-genome SNP array that interrogates 17,000 polymorphic positions [111].
Parasite samples sharing barcodes exhibited array-based genotype profiles as similar to each
other as technical replicate hybridizations of a single laboratory reference strain (Supple-
mentary Figure 1), suggesting that samples sharing barcodes are nearly genetically identical

and likely derived from the same ancestor.

4.2.2 CLONAL PROPAGATION VERSUS EPIDEMIC EXPANSION

The increasing occurrence of repeated barcodes (i.e. nearly genetically identical samples) in
later years could be attributed to either “clonal propagation” or “epidemic expansion”, or
both. Clonal propagation is intrinsically linked to low parasite transmission, owing to the
life history of Anopheles mosquito vectors. Female Anopheles mosquitoes ingest haploid P.
falciparum gametocytes during a blood meal from a human host. The gametocytes differen-
tiate into gametes in the mosquito midgut, where they unite to form a diploid zygote, which
in turn undergoes meiosis to restore haploidy prior to inoculation of the next human host.
Genetic outcrossing during the parasite s sexual stage occurs only when a mosquito bites
a host infected simultaneously by multiple parasite strains and gametocytes from multiple
genetically distinct strains circulate in the blood of a host; bites of singly-infected hosts
result in the union of nearly genetically identical gametes in the mosquito midgut, and con-
sequently result in self-fertilization and clonal parasite transmission. To test this possibility
of increasing self-fertilization, we compared the proportion of multiple infections over time
and found that the proportion of mixed infections was significantly greater in 2006-2007
compared to subsequent years (Figure 4.2.2 and Supplementary Table 1). While the patient

parasitemia reported for those years varied between years, there was no trend in decreased
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Figure 4.2.1: Temporal changes in population characteristics. A. Decreasing prevalence
of unique parasite barcode profiles. For every collection season, the number of samples with unique
barcodes (grey) and the number of samples in each shared-barcode cluster (blue) are shown. B.
Ratio of shared vs. unique barcode profiles. The proportion of samples residing outside of shared-
barcode clusters is shown per year. The error bars show 95% confidence interval of mean (+1.96
SE).

o1



Mixed infection rate

0.5
c
0
B 0.4
@
[
£
o 03
X
€
k3
c 02
K]
t
g
o 0.1
S
o
0

2006 2007 2008 2009 2010 2011

Year

Figure 4.2.2: Mixedness over time. Proportion of mixed infections decreased between 2007
and 2008. The error bars show 95% confidence interval of mean (+1.96 SE).

parasitemia or sampling bias that could contribute to the trend (Supplementary Figure 2).
This pattern of decreasing proportion of multiple infections is consistent with the decrease
in the proportion of unique barcodes in Figure 4.2.1B, suggesting that clonal propagation
due to decreased outcrossing is also consistent with the appearance and increase of repeated

barcodes.

Epidemic expansion means that particular clones expand in the population, perhaps due
to advantageous haplotypes, or a founder effect at the beginning of each transmission season,
or both. Factors promoting variance in reproductive success, such as enhanced production
of gametocytes, evasion of the host immune response, or enhanced transmission by selected
or alternative mosquito vectors could select and enrich for favored parasite lineages in the
population. Epidemic expansion is supported by the observation of two exceptionally preva-
lent barcodes in 2008 and 2011 (shown in Figure 4.2.3). To further test the possibility of
epidemic expansion in our population, we used the framework described in Maynard Smith
et al. [103] and Anderson et al.[6]. We compared multilocus linkage disequilibrium (LD)
using the standardized index of association (I3) [48], when including and excluding samples

with the same barcode. The result shows significant LD from 2008 to 2011 when all samples
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Figure 4.2.3: Clonal transmission of parasites across transmission seasons. Size and
distribution of same parasite types across collection years.

are included, and no significant LD when only considering unique barcodes (Table 4.2.1),
suggesting that the significant LD from 2008 to 2011 is caused by repeated barcodes; that is,
some epidemic clones. There is no significant LD in 2006 and 2007 whether we included or
omitted repeated barcodes. The lack of significant LD in 2006 and 2007, and the restoration
of linkage equilibrium from 2008 to 2011 after excluding repeated barcodes suggest that the
background population is still under linkage equilibrium and the decrease in the population
recombination rate due to lowered transmission is very recent. Taken together with our
analyses of the proportion of mixed infections, a likely explanation for these observations
is a reduction of outcrossing in 2007-2008 followed by an expansion of individual parasite

genotypes.

Moreover, we examined whether parasite samples with shared barcodes were collected in
proximal dates. The difference in collection dates among samples with identical barcodes

is significantly smaller than that among samples with different barcodes (Wilcoxon rank
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Table 4.2.1: Multilocus linkage disequilibrium.

2006 2007 2008 2009 2010 2011

All samples 1, -0.0049 0.0049 0.0306 0.0072 0.0293 0.1111
P-value 0.989 0.162 <1 x10* 0.021 <1x10* | <1x10*

Unique barcodes only 1, -0.0059 0.002 0.0012 0.0038 0.0042 0.0041

P-value 0.997 0.332 0.329 0.151 0.145 0.128

sum test, P = 0.005), suggesting temporal expansion of particular clones in the population.
However, because there was no temporal trend of increasing prevalence of a single parasite
type (Figure 4.2.3) we do not believe that this was a selection event caused by emergence of
drug resistance. It could possibly be a selection caused by emergence of resistance to host
immune response, but the advantage disappears over time due to the corresponding changes
in host, or non-selective forces. Alternatively, it might be possible that the parasite clones
that appear to expand in the community were derived from an imported line novel to the
area and thus the local population has little “strain-specific” immunity. We compared the
pairwise differences between two exceptionally prevalent barcodes in 2008 and 2011 and the
rest of strains with the pairwise differences among all strains from the same year, and found
that the differences between two prevalent repeated barcodes and the rest of strains are not
significantly higher than the differences among all strains from the same year (Supplementary
Figure 3). This result indicates that we do not observe the evidence of imported lines from
the current data. Additional sequence information of polymorphic sites will be helpful to

distinguish migrants from local population.

4.2.3 EFFECTIVE POPULATION SIZE

Reduced transmission can lead to lower parasite effective population size (N.). To test
whether the deployment of intervention strategies in recent years reduces malaria transmis-
sion, we examined the parasite effective population size (IV.). Population genetic theory
predicts that a decreasing population should undergo increased genetic drift, manifested as
increasingly variable allele frequencies across generations. The relevant measure of effective
size in this context is the variance effective population size; this we estimated by measur-
ing the fluctuation in allele frequencies across transmission seasons of the SNPs comprising
the molecular barcode. We observed large fluctuations in allele frequencies over time (Sup-

plementary Figure 4). The variance N, was calculated by all polymorphic SNPs using a
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Table 4.2.2: Variance effective population size estimated by likelihood approximation.

Likelihood method

Mean 95% Confidence Interval
2006-2007 ND (226, ND)
2007-2008 19 (9, 49)
2008-2009 29 (12, 90)
2009-2010 18 (9, 42)
2010-2011 10 (6, 18)

* ND represents “Not Determinable”.

likelihood approximation (Methods) and observed an extremely small variance N, over time
(Table 4.2.2 and Supplementary Table 2). The estimated variance effective size in 2011 is
only 10, a strikingly low value that reflects large fluctuations in allele frequencies. In order
to exclude the possibility that some particular parasite types are so successful in the pop-
ulation that they lower the estimate of effective population size, we also calculated N, by
counting each repeated barcode once (Supplementary Table 2). The estimates of N, are still
very small (less than 250) although some of the confidence intervals could not be determined.
This extremely small effective population size predicts low effectiveness of selection efficiency

and low rate of adaptation in Senegal.

4.2.4 PERSISTENCE ACROSS YEARS

We also investigated the barcode dataset for evidence of clonal parasite persistence across
years. Malaria transmission in Senegal is sharply seasonal, coinciding with annual rainfall
patterns. Some parasite clones did indeed appear in more than one transmission season
(Figure 4.2.3). These included clonal parasite types that persisted into the subsequent year
and some that persisted longer, sometimes reappearing two or three seasons after initial
detection. The increasing ratio of parasites persisting between years from 2006 to 2011 was
statistically significant (P = 0.008, ANOVA) (Supplementary Figure 5). Notably, we found
an increase in the frequency of identical-barcode parasites persisting between 2010 and 2011:
of the 15 identical barcodes that persisted for at least one year, ten were found during that
pair of years. Because parasite samples sharing the same barcode are likely to be identical

by descent, the persistence of identical barcodes across years suggests multiple sequential
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transmission cycles among singly-infected hosts, and indicates clonal propagation.

To explore the patterns of repeated barcodes, and to rule out sampling biases in our
study design, we examined the spatial and temporal relationships between samples exhibiting
identical barcodes. We insured that clonal parasites were derived from independent natural
infections by assaying 18 SNPs in the human host genetic material. We found no evidence of
serial sampling of the same host among samples exhibiting the same barcode (Supplementary
Tables 3 and 4). Examination of patient data confirmed that barcodes observed more than
once were not clustered by household, ruling out a simple hypothesis of transmission among
family members. Further analysis of the parasites within these samples by sequencing of
the highly-polymorphic T-epitope region of the csp gene provided further evidence of highly
related parasites (Supplementary Table 5). We found that samples with identical barcodes
are distributed across the entire transmission season and clinical catchment area, indicating
a lack of temporal or spatial clustering. Our data therefore suggest a regional-level change

in transmission dynamics from 2006 to 2011, rather than localized shifts.

Moreover, we compared ages of hosts before and after we observed the significant increase
in the frequency of repeated barcodes. There is no significant difference in host ages between
2006-2007 and 2008-2011 (t-test, P=0.094), suggesting that the patterns of identical barcodes

are unlikely to be confounded by host ages.

4.3 CONCLUSIONS AND DISCUSSION

With the restructuring of the National Malaria Control Programme (NMCP) in 2005, Sene-
gal implemented an organized approach to malaria control and elimination. From 2006 to
2010, the NMCP increased access to insecticide-treated bednets (ITNs) and residual insecti-
cide spraying, with the number of reported bednets per home increasing more than 35% from
2008 to 2010. Combined with no-charge access to ACTs from 2007, the country reported
a 41% drop in the number of malaria cases between 2008 and 2009 [66]. The findings of
increasing repeated barcodes, persistence, and proportion of single infections across trans-
mission seasons demonstrate the usefulness of genetic tools for monitoring the effectiveness
of intervention strategies against infectious disease. This type of evidence could inform con-
trol efforts as a real-time gauge of the progress towards control, elimination, or eradication.

Our ability to differentiate between clonal and epidemic population structures and to track
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these changes within the population could lend a more refined view of the subtle effects and

varying degrees of effectiveness in control programs.

While our study reported the first evidence of clonal propagation and epidemic expansion
in Africa, other groups have also used genetic tools to study parasite dynamics in geograph-
ically distinct regions, and reported clonal lineages and persistence over time [13, 39, 87].
Roper et al. showed the persistence of parasites over the dry season in Sudan and Echeverry
et al. showed similar in Colombia [28, 100]. Both Branch et al. [13] and Griffing et al. [39]
point to distinct genetic types within South America and Peru, in particular, and attribute
population patterns to periodic epidemics in regions with relatively low transmission levels.
Similarly, Nkhoma et al. [87] showed the decreases in the proportion of unique parasite
genotypes and the proportion of multiple infections along with large reduction in transmis-
sion over time. However, they found no evidence of reduction in N, during the same period
of time, which was possibly caused by migrations between nearby populations, or the lack
of power in analysis of temporal data when the true N, is not small enough. Moreover,
Mobegi et al. [74] showed that the background of non-clonal population structure has been
widespread elsewhere surrounding our study area in West Africa, indicating that there has
been dramatic changes in the population structure of this site in contrast to the surround-
ing regional parasite population structure. These studies, including our study, indicate the
power of using genetic tools to study parasite population structure, and highlight the need
for further detailed study of parasite population dynamics in more extensive geographical

regions to understand the interactions and migrations between different parasite populations.

Further applications of this approach might be to differentiate between parasite recrude-
scence or re-emergence in selected populations to allow facile decision-making in the face of
a very changeable parasite where resistance emerges quickly [24]. With additional evidence
provided by other types epidemiological studies to more directly link these parameters to par-
asite population genetics, changes in the profile of parasites with different molecular barcodes
might be used as an indicator of parasite transmission. This finding is also one beneficial
outcome of a genomic diversity project undertaken by the malaria community five years ago
[51, 79, 113]. The decreasing cost and increasing translation of sequencing and genotyping
tools into clinical environments will make genetic data invaluable for rapidly understand-
ing diverse aspects of infectious disease epidemiology, particularly when such information is

combined with population genetic inferences and knowledge of pathogen biology.
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4.4 ADDENDUM

Following the publication of this manuscript, we have been working to address our concerns
that our sampling methodology of passive case detection could be biased in representing
only those P. falciparum patients that cause acute illness in a population already familiar
with long-term and consistent exposure to the parasite. Towards that end, in 2012 we have
collected samples both from symptomatic and asymptomatic patients appearing at the SLAP
clinic. We determined the molecular barcode for these samples and found that the percentage
of samples found within identical-barcode clusters for 2012 was nearly identical (0.53 and
0.56) for symptomatic and asymptomatic patients. This preliminary result remains to be
verified with a larger number of asymptomatic patients (here N=35); however, evidence
indicates that we do not have a large bias of parasite representation at this site by sampling

only those patients reporting illness.

4.5 MATERIALS AND METHODS

4.5.1 STUDY SITE

We obtained P. falciparum-positive clinical samples from patients evaluated at the SLAP
clinic in Thies, Senegal under ethical approval for human subjects and informed consent
conditions. Full written consent was obtained in a protocol approved by Harvard School of
Public Health, Office of Human Research Administration (P16330-110, Wirth PI) and the
Ministry of Health, Senegal.

The site, located 60km southeast of the country capital of Dakar, is characterized by
perennial hypo-endemic transmission with the greatest number of malaria cases by primarily
Anopheles gambiae s.l and A. funestus vectors occurring approximately from September to
December, at the end of the rainy season. Samples are collected passively; with patients over
the age of 12 months admitted to this study with self-reported acute fevers within 24 hours
of visiting the clinic and no recent anti-malarial use. Patients are screened by slide smears

and rapid diagnostic test (RDT) to diagnose P. falciparum infection [84, 85].
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4.5.2 DNA EXTRACTION AND QUANTIFICATION

Whole blood spots from 2006-2011 were preserved on Whatman FTA filter paper (Whatman
catalog #WB120205). We extracted genomic DNA from 4-6mm punches from the FTA
cards using the manufacturer protocol for Promega Maxwell DNA 1Q) Casework Sample kit
(Promega catalog #AS1210). After extraction, we quantified and generated a molecular
barcode for each sample as described previously [24]. Extracted samples were excluded from
analysis if the concentration (and corresponding parasitemia of the patient) were too low for

successful amplification. The sample size in each year is shown in Supplementary Table 1.

4.5.3 SEQUENCING CSP

We sequenced across the T-epitope region of the P. falciparum csp gene. Primer sequences
were: 5 - AAATGACCCAAACCGAAATG-3 forward and 5- TTAAGGAACAAGAAG-
GATAATACCA-3 reverse. We used 1ul of each sample as a template in 25ul PCR reactions
using iProof master mix (Bio-Rad cat # 172-5310) (initial denaturation 98°C 30s, followed
by 35 cycles of 98°C denaturation (30s), 55°C annealing (30s), 72°C extension (30s), and
a final extension of 72°C for 5min) and sent post-PCR, processed samples (exoSAP-IT, usb
catalog #78201) for sequencing (Genewiz, Inc., South Plainfield, NJ).

4.5.4 AFFYMETRIX ARRAY ANALYSIS

Using an Affymetrix array containing 74,656 markers [111], we hybridized parasites with
identical barcodes and parasites within the same collection but with different barcodes as
well as technical replicates of control strains. We called SNPs using BRLMM-P from Affy
Power Tools v1.10.2.Haploid genotypes were forced by designating all SNPs as “Y chromo-
some” and all individuals as “male”. We counted the number of differing SNP genotypes
for pairs of arrays, with pairings sorted into three categories: 1) technical replicates (same
parasite sample hybridized to two arrays); 2) identical barcodes (distinct patient samples

with identical barcodes); and, 3) unrelated parasites (distinct barcodes).
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4.5.5 HUMAN GENOTYPING

We used a set of SNPs selected by The Broad Institute for human typing on their analysis
platforms to distinguish patient samples from one another. From an original set of 23 as-
says, we selected 18 as robust under conditions with low template concentrations. We ran
these pre-developed TagMan-MGB probes (Life Technologies, Inc.) on an Applied Biosys-
tems 7T900HT qrt-PCR system (LifeTechnologies, Inc.) using the standard amplification and
analysis protocols (see Supplementary Table 3 for SNP identity and human typing results).

In addition, we sent several samples for STR genotyping on an ABI 3130 Genetic Ana-
lyzer to detect the STR alleles amplified using the ABI AmpFISTR Profiler Plus Kits (Life
Technologies catalog # 4303326) at the Histocompatibility and Tissue Typing Laboratory,
Brigham and Women’s Hospital, Boston, MA. See Supplementary Table 4 for results of this

genotyping.

4.5.6 DATA ANALYSIS

We excluded from analysis those samples with missing data on more than four SNP positions.
We determined that samples with more than one site showing both fluorescent signals in
genotyping (indicating that more than one allele were present) were mixed infections with
more than one genome present in the patient sample. For simplicity, the results we show in
the paper are all based on samples with single genome. We also considered mixed infection

in the analyses, and the results do not change qualitatively.

We calculated the standardized index of association (I%) by the program LIAN, version 3.5
[48]. The number of re-samplings was set to be 10,000. We assumed there are two generations
per year and estimated variance effective population size through temporal changes in allele
frequencies by both the moment method [114] and likelihood approximation implemented
in program CoNe [5]. We calculated the ratio of parasites persisting between years in each
year through dividing the number of barcodes that are shared with other years by the total

number of barcodes in a particular year.
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Human cerebral malaria and Plasmodium

falciparum genotypes in Malawi

Besides studying and tracking parasite populations within geographical regions, we explored
the parasite populations within single patients. Using the molecular barcode described in
Chapter 4 and [24], we applied the TagMan SNP assays to parasite material extracted from
multiple tissue types from autopsy patients diagnosed with cerebral malaria as well as a

control set of patients who had died from other presumptive causes.

We found that the parasite types extracted from individual tissues matched those found
in the peripheral blood from the same patient, indicating first that peripheral blood has
utility for tracking infections in more complicated severe malaria cases. The statistically
significant finding of single-genome infections in the cerebral malaria cases, as well as signifi-
cant association with retinopathy-positive diagnosis, indicate that single and low-complexity

Plasmodium falciparum populations dominate severe malaria infections.
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Further, in temporal studies of this relatively high-transmission region, we saw no evidence
of clonal barcode propagation, with no shared parasite types appearing within or between

seasons.

5.1 INTRODUCTION

Patients suffering malaria can have uncomplicated malaria, where the disease is curable
when treated promptly with appropriate anti-malaria treatments and with no long-term
complications. However, a number of cases are severe malaria, especially in immunologically
naive adults and children under the age of 2. Severe malaria is generally diagnosed when the
patient suffers acute and severe symptoms such as cardiovascular or respiratory distress and
symptoms associated with massive lysis of red blood cells [122]. The WHO defines cerebral
malaria, a special case of severe malaria, as a patient in an unresponsive and otherwise
unexplained coma for at least one hour (for children) with accompanying parasitemia in
the peripheral blood. This clinical definition, however, has been recently refined to include
detectable presence of malarial retinopathy [11]. Approximately 20% of cerebral malaria
victims die, and a number of the survivors suffer permanent disabilities from the neurological

effects.

While progress has been made towards better diagnoses of severe and cerebral malaria
infections, less is understood about the parasites that lead to these conditions. A classic
symptom of cerebral malaria upon autopsy is the sequestration of non-sexual-stage parasites
in the blood vessels of the brain; however, the mechanism for this phenomenon is still under
investigation. This is in contrast to non-severe malaria cases, which generally do not feature

organ sequestration [109].

Several studies have utilized merozoite surface protein (msp) typing of highly polymorphic
antigenic regions of the parasite to conclude generally that as infections become more se-
vere, the complexity of infection decreases [20, 21]; but these methodologies cannot identify

parasite types.

In order to better understand the parasite population within patients with cerebral malaria
compared to those with uncomplicated cases, we first tested the performance of the molecular

barcode in the presence or absence of cerebral malaria in autopsy tissues where the diagnosis

62



was most accurate [75]. We next analyzed the molecular barcode in the peripheral blood
of patients with clinically defined cerebral malaria, comparing results in patients with and
without malarial retinopathy. We hypothesize that “true” cerebral malaria patients, meet-
ing WHO clinical case definition and also malaria retinopathy positive, would demonstrate
a strong association with single/low complexity infections in peripheral blood due to the ho-
mogenous total body parasite biomass and the ability of the molecular barcode to uniquely
identify genotypes. We further hypothesize that non-cerebral malaria patients (clinical case
definition and malaria retinopathy negative) patients would show various patterns (single
or low-complexity or mixed) due to the presumed incidental nature of this population. We
include important co-factors in this analysis including the effect of data of admission (such
as time point in the malaria season) as we questioned what the effect of seasonal immunity
would be on clinical infections. If this hypothesis is supported it will allow us to directly
study with in depth sequencing the pathogenic strain in an individual patient, allowing for
genome-wide association studies by identifying the critical parasite associated with disease
episode. In addition, by analyzing the specific signature of the molecular barcode, we will be

able to determine if a single genotype is responsible for cerebral malaria in this population.

5.2 MATERIALS AND METHODS

5.2.1 DEFINITION OF CEREBRAL MALARIA

The WHO clinical definition of cerebral malaria (CM) includes the following: a Blantyre
coma score < 2, parasitemia by blood film, and no other evident cause of coma (e.g., menin-

gitis, post-ictal state, hypoglycemia) [122].

The definitive diagnosis of cerebral malaria relies on post-mortem examination of the brain
either by autopsy or supraorbital sampling. It is established that the clinical diagnosis of CM
is strongly associated with the pathological finding of parasite sequestration (attributable to
cytoadherence of parasites to endothelium) within the cerebral vasculature [72, 109]. Finding
malarial retinopathy on ophthalmoscopy in a comatose pediatric patient supports a diagnosis
of CM. [10, 11, 73, 116, 117]. The specific features of retinopathy that are indicative of a
malarial cause of illness are vessel color changes and retinal whitening. White-centered

hemorrhages are suggestive of malaria but are also seen in other conditions outside of the
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Autopsy Series Clinical Series

January 1999 to February 2001 January 2009 - June 2009
628 Patients admitted to 137 Patients admitted
Malaria Research Ward to MRW

602 patients 25 patients with insufficient

discharged/died without
post-mortem

DNA (13 with negative
peripheral parasitaemia)

26 Patients had Molecular Barcode
autopsies performed Performed (n = 112)

U [PELED GBI C B 9 patients excluded because

low or negative

e > 5 SNP calls were missing

19 Patients included in Molecular Barcode
this study Analysed (n =103)

Figure 5.2.1: Flowchart of patients and samples collected for these studies.

setting of tropical pediatrics. Retinopathy is associated with intracerebral sequestration of

parasites and with the severity and outcome of the disease [10].

5.2.2 STUDY DESIGN AND PATIENTS

Two cohorts of patients were included in this study nested within the clinicopathological
study in the Paediatric Research Ward (PRW, Queen Elizabeth Central Hospital, Blantyre,
Malawi) (Figure 5.2.1). The autopsy series includes 19 autopsies (January 1999 to June
2001) in which we previously assessed genotypes (characterized by msp-1 and -2) of tissue-
sequestered parasites [75]. We compared tissues collected at autopsy (six sites per patient
including three brain sites, heart, lung, and colon) and peripheral blood at time of admission
to the research ward (one per patient when available) for the definitive pathological diagnostic
groups CM versus other causes of death. A total of 120 samples were available (19 x 6 tissues
+ 6 x 1 peripheral bloods).

The second cohort was comprised all patients (n = 137) admitted between January and
June of 2009. Peripheral blood was collected on FTA cards (Whatman) at admission. All
genotyping was performed blinded to patient information including parasitemia. We com-

pared two groups (i.e., those with and without malaria retinopathy) specifically to under-
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stand the peripheral blood genotypes associated with cerebral malaria as compared with
parasites found in patients with incidental parasitemia. The use of retinopathy alone to sepa-
rate CM from assumed incidental parasitemia will lead to some misclassification (specifically,
false negatives); however, for the purposes of this study we assume complete delineation and
interpret the results in this context. Patients meeting the clinical case definition without
evidence of malaria retinopathy are a mixed group of diagnoses with essentially incidental
parasitemia and no to limited histological evidence of sequestered parasite populations in
the brain or other organs. In this clinical study, we did not readily have access to deep tissue
sites of sequestered populations which may have been informative (such as the gastrointesti-
nal tract which, in our autopsy data, suggests a strong correlation to brain sequestration).
Our autopsy observations do no support the skin as a valid correlation with brain it is also
culturally unacceptable in our patient population. Thus, in this analysis, we rely solely on
retinopathy to confirm cerebral malaria. The research ethics committees at Michigan State
University, the University of Liverpool, the University of Malawi College of Medicine, and
the Brigham & Women’s Hospital have approved all or appropriate portions of this study.

5.2.3 THE MALARIA RESEARCH WARD

The Malaria Research Ward (MRW) admits children, with informed parental consent, to a
program of clinical care and detailed observational studies. Patients are admitted who fulfil
clinical criteria for a variety of malarial and non-malarial diagnoses. Diagnostic criteria,
clinical management, laboratory investigations and treatment protocols have been previously
described [109]. Final clinical diagnoses were derived from data collected throughout the
hospital stay. The presence or absence of malarial retinopathy, defined as the presence in
one or both eyes of vessel color changes (orange vessels or vessel whitening), retinal whitening,
and/or hemorrhages was assessed after admission using direct and indirect ophthalmoscopy
[10, 11]. In the event of death, a Malawian clinician or nurse met with key family members
to request their consent for an autopsy. If permission was granted, the post-mortem was
performed as quickly as possible in the mortuary at the Queen Elizabeth Central Hospital
(typically, less than 12 hours).
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5.2.4 AUTOPSY PROCEDURES

Gross examination, documentation, and histological assessment of the brains and other or-
gans were performed, and a final anatomic diagnosis was determined as previously described
[5]. Briefly, patients meeting the WHO clinical case definition of CM during life who were
found to have sequestration of parasites in their brain were classified as CM; patients with
these features plus a hematocrit less than 15% were classified as CM + severe malaria anemia
(SMA); patients with a hematocrit of less than 15% and no other pathology were classified as
SMA; and all other patients were classified by the anatomic cause of death (e.g., pneumonia

or other).

5.2.5 DNA EXTRACTION

For the 20 autopsy patients included in this study, 200 ul. of peripheral blood and 0.5 g of
frozen tissue from six organ sites (frontal lobe, midbrain, cerebellum, lung, heart, colon) were
used for DNA extraction by a previously described phenol:chloroform extraction protocol
[75]. From the 137 admitted patients in the second part of the study, FTA peripheral blood
samples were used for DNA extraction using QIAmp DNA Blood Mini Kit (Qiagen Catalog
# 51106) using three-6 mm punches.

5.2.6 DNA QUANTIFICATION

We optimized the previously described parasite DNA quantification assay [24] for both a
96-well and a 384-well plate RT-PCR system. For the quantification of peripheral blood
samples of admitted patients (MLW Research Laboratories (MLWRL), Blantyre, Malawi),
where a 96-well plate system was available, a master mixture was prepared using 5.0 pu
Master Mix (Applied Biosystems Catalog #4364343) and 0.5 pl of 20x PF07-0076 pre-mixed
quantification assay. Experimental internal control for standard curve (3D7 from culture in
serial dilution, verified by Nanodrop quantification) and samples were loaded into 96-well
PCR plates (total volume of DNA and water was 5.0 ul in a 10 ul reaction) followed by
addition of the master mixture. PCR conditions and analysis were as described previously
[24].
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5.2.7 GENOTYPING

The 120 organ samples and 6 peripheral blood samples from the 20 autopsy patients un-
derwent molecular barcoding using the 24-SNP assay in a 384-well format as previously
described [24] DNA extracted from the 112 peripheral blood samples from admitted patients
underwent molecular barcoding using a 24-SNP assay in a 96-well format performed in the
field (MLWRL, Blantyre, Malawi) as follows: template DNA and water in a total volume of
5.0 ul was added to a 5.0 pul mix made up of 0.250 pl 40x SNP assay and 5.0 pl Master Mix
(AB Catalog # 4364343) in a 96-well optical PCR plate and mixed, for a total reaction vol-
ume of 10 pl. The PCR amplification conditions and analytical approach were not changed
[24]. For all barcodes, raw data and allelic calls were made blinded to all clinical data and

independently by at least two observers and discrepancies were resolved by consensus.

5.2.8 MOLECULAR BARCODE INTERPRETATION

For each SNP call, the four possible results include: allele 1 is present; allele 2 is present; both
alleles are present (heterozygous); or the assay fails. Because the parasites that are being
sampled are in the intra-erythrocytic stage of their life cycle and are, therefore, haploid,
identifying both alleles present in a single sample means, by definition, that there must be
at least two genomes. In the development of the 24-SNP molecular barcode assay, ratio
experiments using known mixtures of two different single clone parasites were performed
revealing the minimum ratio of individual assays (5:1 17%; 10:1 65%; 20:1 21%) which
supports, in vitro, that a single barcode signature indicates at least 90% of the DNA content
was from a single genome[117]. When all 24 alleles are single calls (i.e., no heterozygous calls),
this suggests a single genotype is present at the 90% or greater level. Autopsy samples
were analyzed by diagnosis and classified based on the previous msp-1 and -2 data and
the molecular barcodes from the autopsy data (Table S1). Peripheral blood samples from
the second group were classified based solely on molecular barcode using assumptions from
autopsy data. For this analysis, 0, 1, or 2 heterozygous calls were considered single/low
complexity infections while 3 or more heterozygous calls were considered mixed infections. In
our previous work, failed reactions were always due to either absent genomic DNA (deletions)

or insufficient DNA quantity in the sample.
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5.2.9 STATISTICAL ANALYSIS

Comparisons of baseline characteristics between patients at autopsy and clinical patients
with and without retinopathy were based on t-tests or Wilcoxon tests when studying numer-
ical characteristics. We explored the effect of date of admission on heterozygosity using an
over-dispersed Poisson regression, since we expected that multiplicity of infection would de-
crease as the malaria transmission season progressed owing to increasing immunity level and
decreasing transmission pressure. Logistic regression, unadjusted and adjusted for potential
confounders, was performed to study the effect of presence of a single/low-complexity infec-
tion (as opposed to a complex population) on malaria retinopathy. Results of those models
were compared to results of models including number of heterozygous calls, i.e., studying the
impact of one unit increase in heterozygous calls on the likelihood of malaria retinopathy.
Candidate confounders included patient s age, parasite density, hematocrit, and the date on
which the sample was collected. These were retained in models when the P-value of their
likelihood-likelihood ratio test was < 0.05 or when they appreciably impacted the coefficient
of the main variable of interest less complex vs. more complex population. When modeling
numeric variables, linearity of associations was assessed using splines in generalized additive
models. No variable had a statistically significant departure of linearity. Adding non-linear
terms for the selected candidate confounders did not appreciably change the odds ratio of
the main predictor of interest. All statistics and graphs were analyzed and/or created with
STATA v9.0 (College Station, Texas), R (www.r-project.org), and Graphpad Prism v4.03

(La Jolla, California). Statistical tests were considered significant to an a-level of 0.05.

5.3 RESULTS

5.3.1 RETROSPECTIVE AUTOPSY STUDY: LIMITED PARASITE COMPLEXITY IN BRAIN
AND TISSUE OF CEREBRAL MALARIA PATIENTS

Autopsy data from 19 patients were examined including five with CM, five with CM+SMA,
one SMA, four pneumonias, and four other non-malarial diagnoses. We analyzed autopsy
material and determined the genotypes of parasites sequestered in tissues and circulating in
the peripheral blood (Figure 5.2.1 & Table 5.3.1). We found that molecular barcodes across

tissues within an individual were nearly identical (parasites found in the heart, lungs, colon,
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Table 5.3.1: Comparison of baseline characteristics. (A) 19 autopsy patients presented in
the first part of the study and (B) the admitted patients presenting with or without features of
malaria retinopathy in the second part of the study

Characteristic Cerebral Malaria (+/— SMA) Non-CM (including SMA) p*
(N =10) (N=29)
Median (IQR)
Age [months] 24 (18-70) 25.5 (17-39) 0.64
Time [weeks]t 136 (94 - 164) 10 (9-14.3) 049
Haematocrit [%] 18 (14-31) 29.5 (22-40) 0.15
Parasitaemia [p/ul] 275,200 (11,399-572,880) 98,518 (4,716-286,850) 0.25
Characteristic Retinopathy Positive (N = 69) Retinopathy Negative (N = 34) p*
Median (IQR)
Age [months] 38 (25-56) 51 (31-67) 0.19
Time [weeks]t 74 (43, 129) 104 (4.1,174) 044
Haematocrit [%] 22 (18, 27) 30 (25, 34) 0.0003
Parasitaemia [p/ul] 101,176 (31,590-366,070) 70,230 (42,871-211,680) 071

and, when available, peripheral blood, were the same by the assay as those found in the
brain Figure 5.3.1 & Supplementary Figure 7) in patients with retinopathy-positive CM
(with or without severe anaemia). It is important to note that this included some mixed
infections (many heterozygous calls) that were still conserved across tissues suggested the
total body population was the same mixture, an observation which was seen primarily in the
CM+SMA patients. More complex infections (variation from consensus across tissues) were
found more commonly in the patients without evidence of retinopathy who had a range of
other demonstrable causes of death. In addition, the peripheral blood reflected the extent of
parasite complexity found in tissues (few genotypes in blood equals few genotypes in tissue

and vice versa) (Supplementary Figure 7).

5.3.2 PROSPECTIVE CLINICAL STUDY: LIMITED PARASITE COMPLEXITY IN PERIPHERAL
BLOOD OF PATIENTS WITH CEREBRAL MALARIA

A total of 137 patients had peripheral blood collected on FTA cards and 25 patients were

excluded because they had either insufficient DNA by quantification or they had negative
peripheral parasitemia. For 112 patient samples that were barcoded, a total of 2736 individ-
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Table 5.3.2: Comparison of the major alleles encountered in the Malawi consecutive
patient data set. Omne season (n = 112) compared with the same allele for the set of global
parasites previously published (n = 114).

Assay  Malawi  Original Difference  z-score  p-value

1 0.6446 0.8690 0.2244 -7.1029 <0.05
2 0.9099 0.8475 0.0625 1.8546 NS
3 0.6591 0.6885 0.0294 -0.6786 NS
4 0.8182 0.6446 0.1736 38716 <0.05
5 0.7653 0.7698 0.0045 -0.1150 NS
6 0.6269 06154 00115 0.2520 NS
7 0.6270 04640 0.1630 34894 <0.05
8 0.8130 0.8034 0.0096 0.2576 NS
9 0.7481 0.5873 0.1608 34871 <0.05
10 0.6391 06111 0.0280 06130 NS
11 0.6529 0.3220 0.3309 7.5603 <0.05
12 0.5620 04274 0.1346 29058 <0.05
13 0.6504 0.5289 0.1215 2.5985 <0.05
14 0.7241 06239 0.1002 2.2087 <0.05
15 0.5489 05124 0.0365 0.7791 NS
16 0.7652 04872 0.2780 59392 <0.05
17 0.5556 06032 0.0476 -1.0392 NS
18 0.6330 05124 0.1206 25768 <0.05
19 0.5909 06250 0.0341 -0.7519 NS
20 0.6692 0.6230 0.0462 1.0183 NS
21 0.5231 04318 0.0913 1.9671 <0.05
22 0.5766 0.3953 0.1813 3.9591 <0.05
23 0.6866 06518 0.0348 0.7795 NS
24 0.9231 0.5897 0.3333 7.2356 <0.05

Thirteen assays are significantly different from the population observed in the
original study with the differences ranging from 9.1 to 41.0%. Assay 24 is non-
informative in the Malawi population

ual SNP assays were performed with 207 reaction failures (7.6%) and 466 heterozygous calls
(17%); the baseline allele frequencies were different between the Malawi population and the
global population previously studied with one assay (SNP 14A) being non-informative in
the Malawi samples (Table 5.3.2 and Supplementary Table 7)[24]. The molecular barcodes
of 103 patients were analyzed, 69 with and 34 without malaria retinopathy; 9 samples were
excluded due to greater than 5 failed reactions out of 24. Fifty-two samples contained single

or less complex infections (0, 1, or 2 heterozygous calls) while 51 samples had more complex
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populations (> three heterozygous calls, maximum number observed in a sample = 19).
When comparing retinopathy positive to retinopathy negative patients, 77% of retinopathy
positive patients had singleor low-complexity infections including 28 samples with 0 het-
erozygous calls suggesting a single genotype (Figure 5.3.2). The unadjusted OR for having
positive malarial retinopathy in individuals with a low complex infection was 3.70. We per-
formed a sensitivity analysis using only molecular barcodes with 0 failures, 1 failure, etc. up
to 5 failures within an individual barcode and found the same unadjusted odds ratio (3.7
to 4.2) which was significant (P-value < 0.01) except for the case of 0 failures due to sam-
ple size (P-value = 0.071). Patients with and without malaria retinopathy were clinically
similar except for hematocrit (Table 5.3.1). When adjusted for hematocrit, parasite density
(confounding variable), and the effect of time, the OR for a single/less complex (vs. more

complex) infection having retinopathy was 4.8 (Table 5.3.3).

Although we saw a preponderance of single or less-complex parasite populations in cerebral
malaria patients, we found no unique genotype or group of genotypes associated with cerebral
malaria, nor did we find any instances of repeated barcodes between patients or between
seasons. In addition, we found that the complexity of infections decreases over the six
months during which data were collected (i.e., from start to end of the malaria season). The
number of heterozygous calls per patient decreased over time and, compared to retinopathy
negative patients collected concurrently, retinopathy positive patients had consistently and

significantly fewer heterozygous calls per patient (p-value = 0.00007, Figure 5.3.3).

5.4 (CONCLUSIONS AND DISCUSSION

This study focused exclusively on children who meet the clinical case definition of cerebral
malaria, all of whom had P. falciparum parasitaemia. Patients were separated solely on
the presence (retinopathy-positive CM) or absence (retinopathy-negative CM) of malaria
retinopathy to ask what the differences are in genetic components of infection between these
two phenotypes using the molecular barcode technique. Genotyping by msp-1 and -2 has
been used to evaluate these patients previously [75] and the current study supports and

extends those observations to show a dominant genotype by barcoding.
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Number of Heterozygous Calls by Clinical Group
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Figure 5.3.2: Number of heterozygous calls in molecular barcodes. Molecular barcodes
were grouped by number of heterozygous calls (range = 0-19) after excluding barcodes missing in
more than five assays and were then categorized by malaria retinopathy (presence or absence). A
one unit decrease in heterozygous calls is associated with increased risk of presenting with malaria
retinopathy: adjusted OR 1.11; 95% CI = 1.01, 1.22; P = 0.03.

Table 5.3.3: Association between malaria retinopathy and infections caused by a sin-
gle/less complex genotypes (vs three or more).

Single/Less Complex Multiple
Genotype Genotypes
(< 3 Het. Calls) (=3 Het. Calls)
(N =52) (N =51)
Retinopathy 42 (81%) 27 (53%)
No retinopathy 10 24

Logistic Regression
(N = 67 with and 32 without retinopathy)

Unadjusted Modelt OR (95% CI) p*
Single/Less Complex (vs. 3 Hets) 37 (1.51-9.10) 0.003
Adjusted Modelt

Single/Less Complex (vs. > 3 Hets) 482 (1.59-14.30) 0.003
Hematocrit 0.84 (0.79, 0.96) < 0.0001
Parasites/ul (natural logarithm) 1.36 (0.996, 1.85) 0.046
Time (weeks from January until date of sample collection) 087 (0.77-0.92) 0.001

Frequencies and odds ratios (OR) obtained in logistic regression models. Four patients were removed from regression modeling due to missing data
Het. = Heterozygous; OR = Odd Ratio; C/ = Confidence Interval

*P-values were estimated using likelihood-ratio tests.

te-statistic (corresponding to the area under the ROC curve of the fitted model) of the unadjusted model was 0.66 and of the adjusted model was 0.82.
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Figure 5.3.3: Changes in the number of heterozygous calls per barcode in individual
patients (Y-axis) as days of sample collection progressed (X-axis) January to June
2009. The crosses and dashed line (obtained from an over-dispersed Poisson model) represent
the malaria retinopathy-positive patients with a decrease of approximately 5.0 heterozygous calls
The diamonds and solid line (obtained in an over-dispersed Poisson model)
represent the malaria retinopathy-negative patients with a less marked decrease of approximately
3.6 heterozygous calls over six months. The trend suggests that over the course of the data collection
period (i.e. the malaria season in Malawi), the number of mixed infections decreases leading to
more homogenous infections. Trends over time of patients with and without malaria retinopathy

over six months.
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were statistically significantly different (P-value = 0.0007).
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Previous studies have shown that malaria retinopathy is strongly associated with patho-
logical confirmation of cerebral parasite sequestration, while parasitaemic comatose patients
without malaria retinopathy represent a diverse group of non-malarial diseases [109, 117].
This current data support the concept of limited parasite diversity in cerebral malaria pa-
tients and are consistent with mathematical models and immunological evidence from a
broad range of studies [15, 22, 37, 41-45, 59, 61, 88, 93]. These results validate the previous
msp- 1 and msp-2 data; importantly, they demonstrate that the molecular barcodes from
peripheral parasitaemia mirror those generated from sequestered parasites in various tissues

and this genotype is predominant in CM [75].

The number of heterozygous calls within individual patients with retinopathy-positive CM
decreased over the malaria season, suggesting that complexity of infection is a product of
time. This could be explained by a decreasing rate of parasite inoculations, or an increasingly
broad acquisition of immunity in the population as the season progresses. Clinically evident
infections may, as immunity accumulates, tend to occur only in patients inoculated with new

genotypes for which no immunity has developed.

Parasites from peripheral blood and parasites found in tissues at autopsy had the same
conserved barcode identification within an individual patient in CM patients. Less complex
infections in the peripheral blood were more common in patients with stringently character-
ized cerebral malaria (standard clinical case definition plus retinal examination) and include
apparently single genotypes fairly frequently (35%). However, there was not a single global
conserved barcode genotype associated with cerebral malaria, and no instances of barcode
genotype appearing within any other patients. The tissues of patients without cerebral
malaria showed different signals in different tis- sues, and this heterogeneity is reflected in
the peripheral blood samples. The corresponding histological tissue slides from these patients
show very few sequestered parasites suggesting that the signal from individual tissues came
from either small collections of sequestered parasites or parasite DNA within phagocytic
macrophages. Cerebral malaria patients had less complex infections in tissue (average of 1.6
heterozygous calls per sample = two to three genotypes per sample), a finding consistent
with the earlier study in which the complexity was characterized using msp-1 and msp-2
genotyping (average of 1.9 genotypes per sample) and with the literature (Supplementary
Figure 6) [75].

What remains unknown is the full range of diversity within a single cerebral malaria
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patient with such an enormous sequestered burden. The autopsy data presented here are
from patients who died from the illness; thus, single/low complexity infections may be more
likely to result in death. The observations made in this clinical cohort suggest that a wider
range of diversity is possible within the individual with or without retinopathy, although in
these clinical patients those with retinopathy had significantly less complex infections than

those without.
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Concluding remarks and future directions

In a new era of hope for malaria eradication, we rely on better information to design effective
strategies based on the combined work of clinical and laboratory researchers as well as front-
line clinicians, health care workers and governmental bodies. Bolstering these efforts has
been a data renaissance: increased access to sequencing and other genetic information that
has the potential to answer a plethora of biological questions. Of particular interest is
the population structure of the malaria parasites and how it changes through natural and

selective pressures.

Given the population genetic fundamentals reviewed and applied to Plasmodium in Chap-
ter 2, this work used distinct sets of markers to track population genetics of P. falciparum.
First, using markers expected to be under selection, we developed and applied assays to de-
tect SNPs associated with reduced drug sensitivity. The data discussed in Chapter 3 revealed
the changing ratios of mutations within different populations, detected the emergence of a
novel mutation, and pinpointed the emergence or importation into the Senegalese parasite

population of a SNP reported elsewhere.
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Then, in Chapter 4, we used neutral markers to study temporal trends in P. falciparum
infections from patients being evaluated at the SLAP clinic in Thies, Senegal. From 2006
to 2011 we identified a trend of increasingly less complex infections, with an increased pro-
portion of single infections, suggesting clonal propagation of the parasite due to reduced
outcrossing in the mosquito midgut. Furthermore, we discovered evidence of epidemic ex-
pansion of certain parasite types, with 25-30% of the single infections in 2008 and 2011
containing the same parasite molecular barcode. Coincident with this finding was the obser-
vation that the parasite types persisted across years and dry seasons, sometimes emerging

intact over several years.

Chapter 5 discusses a more narrow focus of the molecular barcode to study the population
of parasites within children suffering from cerebral malaria. This technique was able to show
that the complexity of infection in patients with severe and cerebral malaria was generally
less complex than patients without clinical diagnosis of cerebral malaria. Furthermore, the
parasites found in peripheral blood matched those sequestered in organs, making it an ac-
ceptable proxy for parasites in those organs. No single or group of parasites were found in

prevalence in the CM patients or in the population as a whole.

These Chapters describe the tracking of Plasmodium falciparum parasite populations using
a variety of markers. What makes these approaches particularly powerful is that they offer
a real translation from laboratory research to field surveys. While sequencing of parasite
genomes directly from patient samples is becoming more technically feasible and approach-
able for more budgets [70], the costs are still too great and the analysis of the material
requires more skill than most settings can afford. The development and dissemination of
facile tools for surveillance of population changes empowers real-time observation in more
settings to answer outstanding questions; for instance, few studies track parasite popula-
tions over time outside of the spread of drug resistance [13, 28, 39, 74, 87, 100]. Those few
groups, including ours, that have described temporal studies observe real and significant
changes that must surely effect control program decisions; however, the limited number of
studies emphasizes the dearth of information about parasite populations and their potential

responses to control efforts.

In particular, they highlight the necessity to understand the population dynamics as trans-
mission is decreased and the parasite population changes, which will lead to better assess-

ment of control and pre-elimination status and also allow better prediction of the likelihood
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of program success. In particular, as the number of cases decreases, appropriate population
surveillance is necessary to detect asymptomatic patients and travelers as potential reservoirs

of the parasite.

Easily-implemented methods for this surveillance are necessary, as well as improved meth-
ods for more fine-scale tracking of populations. The high-resolution melting assays described
are just a first step; with additional information from genome-wide association studies
(GWAS) to highlight SNPs associated with reduced drug sensitivity, assays can be quickly

designed and implemented for tracking of these emerging resistances.

The molecular barcode currently gives a sentinel view of the population and detects large-
scale changes associated with significant reduction in effective population size; however, with
additional markers throughout the genome and centered in regions reported to be hotspots
for recombination [46], the utility of the barcode could be expanded to detect earlier hallmark

changes in population such as reductions in relative complexity of infection.

The work described in Chapter 5 particularly highlights the complexities of surveillance
and discovery in sites with higher transmission and concomitantly higher COI. This challenge
is one for which the current barcode is not yet optimized. While the molecular barcode has
shown itself to be valuable in regions with low transmission, additional work is required to
better understand areas like Malawi to better answer population genetic questions where
complexity of infection is high. With additional information about the nature of these
mixed infections, we can evaluate the proposed predictor of multi-clonality presented in the
Chapter. Sequencing is one way to address these questions most directly, but single cell
capture and amplification will also provide information about parasites on an individual
level without potential confounders of sequencing error and biased reads still common with

existing sequencing technologies, especially when applied to mixed infections [70].

Further work is needed to more directly link these genomic observations to trends and
reports in transmission as well as the clinical instances and description of disease. Where
program re-orientation is required at specific epidemiological milestones, we need to better
understand if those milestones correspond to the population changes that we have described.
In particular, as transmission decreases, the dynamics of vector mating are particularly
important to better understand trends with mixed gametes, reassortment, and recombination

contributing to the parasite population structure.
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As the most virulent and deadly of the malaria species, Plasmodium falciparum remains
the priority for most control programs and international efforts; however, the methodologies
and research requirements developed for P. falciparum will become essential when addressing
the next-highest cause of morbidity, P. vivaxz. These studies pave the way for additional work

in these other organisms.
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SenT028.09
SenT142.09
SenT029.09
SenT132.09
SenT061.09
SenT072.09
Dd2#1

Dd2#2

Supplementary Figure 1: The percent differences between hybridized biological replicates and
samples with identical barcodes. Array analysis shows that the percentage of SNP differences
between samples with identical barcodes is similar to those seen in biological replicates, suggesting
that samples with identical barcodes are nearly genetically identical.
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Supplementary Figure 2: Parasitemia variation by year. Kruskal-Wallis rank-sum test indicates
variance between years (p-value < 2.2e-16); however, there is no decreasing trend over time.
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Supplementary Figure 3: Pairwise differences between two exceptionally prevalent barcodes and
other barcodes. The number of pairwise differences between the exceptionally prevalent barcode
and other barcodes is not significantly higher than the number of pairwise differences among all

the barcodes in the same year.
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Supplementary Figure 4: Changes in allele frequencies between transmission seasons. Fach
colored line shows the year-to-year variability in allele frequency for each non-fixed SNP. Each
colored line shows the year-to-year variability in allele frequency for each non-fixed SNP. Allele fre-
quencies fluctuate substantially across years, suggesting high random genetic drift and low effective
population size.
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Supplementary Figure 5: Proportion of between-year shared barcodes. Proportion of between-
year shared barcodes increased significantly. The error bars show 95% confidence interval of mean
(£1.96 SE).
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CM CM/SMA Pneumonia Other Cause P-Value

2| msp-18&-2 1.9 2.9 3.3 2.8 <0.001
0= = — — . @ e — — = = — — — S
E Barcode 1.6 3.6 6.5 3.4 <0.001
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Barcode 3.5 5.8 0.018

Supplementary Figure 6: Comparison of the number of msp-1 and msp-2 alleles found in
peripheral blood and tissues of patients with different diagnosis with the number of heterozygous
calls found using the molecular barcode demonstrates low complexity in cerebral malaria. Statistical
comparison was made by ANOVA. Comparison of the average number of heterozygous calls found
using the molecular barcode in the clinical peripheral blood samples shows a significant difference
between retinopathy positive and retinopathy negative. The slightly higher average value of the
retinopathy positives is due to the inclusion of patients who may be CM and SMA. Statistical

comparison was made by t-test of means.
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Supplementary Table 1: The number of mixed and single infections in each year.

Single Mixed Total
2006 90 41 131
2007 54 26 80
2008 95 13 108
2009 77 15 92
2010 100 25 125
2011 112 26 138

Supplementary Table 2: Variance effective population size.

Moment Likelihood

Mean 95% Cl Mean 95% Cl
All
samples
2006-2007 ND* (70,ND) ND (226, ND)
2007-2008 18 (7, 46) 19 (9, 49)
2008-2009 24 (9, 67) 29 (12, 90)
2009-2010 16 (7, 36) 18 (9, 42)
2010-2011 9 (4, 16) 10 (6, 18)
Ignoring duplicate barcodes
2006-2007 ND (116, ND) ND (132, ND)
2007-2008 82 (16, ND) 85 (19, ND)
2008-2009 138 (21, ND) 197 (27, ND)
2009-2010 59 (14, ND) 77 (18, ND)
2010-2011 240 (22, ND) 214 (24, ND)

* ND represents “Not Determinable”.
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Supplementary Table 3: Human genotyping data. TagMan probes from Broad Institute set

Sample Name NG
SenT005.11 |TT AG GG CC CG AG GG TT AG AG AG CC GG AA GG GG GG CC CT GT
SenT014.11 |CT AG - CC CG AA GG TT AG AG AA - GG AA GG GG AG CC CT GT
SenT018.11 |TT AA - CC GG GG GG TT AA AA AG - AG AA GG GG GG CC CC GG
SenT019.11 |TT AA GG CC GG AG AG TT AA AA AA CC GG AA AA AG GG CT CT GT
SenT021.11 |TT AA GG CT GG AA AG TT GG AA AG - AG AA AG GG - CcC CcT TT
SenT026.11 |TT AG GG CC CG GG GG TT GG AG GG - GG AA AG GG GG CT TT GT
SenT054.11 |TT AG GG CT CG AG AG TT AA AG AA - GG AA GG GG GG CC CT GT
SenT064.11 |TT AG GG CC CG GG GG TT AA - AG CC - AA AG GG GG CcC CT TT
SenT078.11 |TT AA GG CT GG AG AG TT AG AG GG CC GG AA AG AG GG CcC TT TT
SenT095.11 |TT AG - CC GG AG GG TT AA AA AG CC GG AA AG GG GG CC CT TT
SenT098.11 |TT GG GG CT GG AA GG TT AG AG GG - AG AA AG GG GG CT Tr GT
SenT101.11 CT AG - CT CG AG GG TT AA AG AA CC AG AA AA GG GG CcC TT TT
SenT103.11 |TT AG - CC GG GG AG TT AA AG AG CC GG AA GG GG GG CC TT TT
SenT104.11 |TT AG - CT GG AG GG TT AG AG AG - GG AA GG GG GG CC CT GT
SenT105.11 |TT AG - CC GG AG AG TT GG AA GG CC AG AG GG GG GG cC TT TT
SenT106.11 |CT AG GG CT CC AA GG TT AG AG GG CC GG AA AG AG GG CC CT TT
SenT110.11 |TT AG GG CT CG AA GG TT AA AG AG CC AG AA GG GG GG CC TT TT
SenT111.11 CT AG GG CC CG GG AG TT AA AG AG TT GG AA AA AG GG CC CcC TT
SenT117.11 |TT AG GG CT GG AA AG TT GG AG GG CC AG AA AA AG AA CcC - TT
SenT122.11 |TT GG GG CT GG AG GG TT AA AG AA CC AG AA AA GG GG CC cCc TT
SenT123.11 CT GG - CT GG AA GG TT AG AA AG CC AG AA AA GG GG CT TT TT
SenT127.11 CT AG GG CC CG AA GG CT AA AG AG - AG AA AG - AG cc cc 1T
SenT132.11 |TT AG GG CT GG AG - TT AA AG AG - GG AA AG - GG CC cCc aGT
SenT134.11 CT GG GG CC GG AG GG TT GG AG AA CT GG AA GG GG GG TT CT GT
SenT135.11 |TT AG GG CC CG AG GG TT AA AG GG CC - AA AA GG GG CC CT TT
SenT136.11 |TT AG - CT CG GG AG TT AG AA AG CC GG AA AA AG AG CT TT GG
SenT145.11 |TT AA GG CT GG AA AG TT AA AG AA CC AG AA AG AG GG CC CT TT
SenT146.11 CT AA - CC GG GG GG TT AA AG AG CC GG AA GG GG GG CC CT TT
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Supplementary Table 4: Human genotyping data. STR genotyping on an ABI 3130 Genetic
Analyzer

STR Locus Th153.09 Th093.09 Th138.09 Th142.09 Th108.09 Th 109.09

D3S1358 16,18 15,16 17,18 15,- 15,16 15,16
vWA 15,18 19,20 13,16 15,20 15,16 15,16
FGA 24,26 21, (& 20?) 122,26 24,25(?) 22,23 21,24
Amelogenin | XY XY X, X XY XY XY

D8S1179 11,14 12,- 15,16 14,15 15,- 13,16
D21S11 28,- 33,34 28,29 29,- 28,30 28,30
D18S51 11,15 12,19 16,17 17,20 17,18 17,18
D5S818 10,12 11,12 11,13 10,13 10,12 10,12
D138317 12,13 12,14(7?) 12,13 11,12 10,12 11,12
D7S820 10,11 1,- 10,- 8,10 9,13 9,-
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Supplementary Table 7: Descriptions of the assays used in this study are shown including
the derived major and minor allele frequencies for the Malawi data set (*) as well as codes for
heterozygous allele calls (both alleles present) in the standard ITUPAC format(**).

Assay Number Assay ID Major Allele* Minor Allele Heterozygous™*

1 1A T C Y
2 . m®s A G R
3 2A C T Y
4 A T Cc Y
5 5A C G S
6 A  Cc G s
7 6B A G R
.8 A G A R
9 7B A T W
w00 7 T Cc Y
11 7D C T Y
12 ' G A R
13 7F C T Y
% A Cc M
15 7H C A M
.~ ® 8, CcC A M
17 9A C T Y
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