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Abstract

The present manuscript is a conceptual review concerning the photo-Fenton reaction at near-neutral
pH, used for bacterial inactivation. In this first Part, an overview of the mechanisms involved, as well
as the fundamental concepts governing the near-neutral photo-Fenton reaction are critically assessed.
The two constituents of the process, namely solar light and the Fenton reagents, are dissociated, with
their direct and indirect actions thoroughly analyzed. The effects of UVB and UVA on the bacterial cell
are firstly discussed, followed by the presentation of the indirect oxidative stress-related inactivation
mechanisms initiated into the microorganism, in presence of light. Afterwards, the effect of each
Fenton reagent (H202, Fe) is analyzed in a step-wise manner, with H202 and Fe as enhancements of
the solar disinfection mode of action. This approach proves that in fact, the solar photo-Fenton
reaction is an enhanced solar disinfection process. Finally, the photo-Fenton reaction is put into
context by considering the possible interactions of the separate parts of the combined process with
the constituents of the natural environment that can play an important role in the evolution of the
bacterial inactivation.

Keywords: solar disinfection; near-neutral photo-Fenton; light-bacteria interaction; mechanisms;
photo-chemistry; photo-biology
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Abbreviations

AOP — Advanced Oxidation Process, ATP — Adenosine Triphosphate, CAT — Catalase, CDOM —
Chromoforic Dissolved Organic Matter, CPC — Compound Parabolic Collector, CPD — Cyclobutane
Pyrimidine Dimers, DHAD — Dihydroxyacid Dehydratase, DNA — Deoxyribonucleic Acid, ESR — Electron
Spin Resonance, FADH2 — Flavin Adenine Dinucleotide, LMCT — Ligand to Metal Charge Transfer, MDA
— Malonaldehyde, NADH — Nicotinamide Adenine Dinucleotide, NER — Nucleotide Excision Repair,
NOM — Natural Organic Matter, PET — Polyethylene Tetrapthalate, POM — Particulate Organic Matter,
PP — Photoproduct, ROS — Reactive Oxygen Species, SOD — Superoxide Dismutase, SODIS — Solar
Disinfection, tRNA — transfer ribonucleic acid, UV — Ultraviolet (light), Vis — Visible (light).
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Introduction

The year 1894 marked a new era in chemistry, with the postulation of the so-called Fenton reaction,
named by H.J.H. Fenton himself. Although accidentally, it was found that iron ions, when combined
with oxidizing agents, resulted in a solution with higher oxidative capacities than its original
counterparts. The first “application” was the mix of hydrogen peroxide, tartaric acid, a base and iron
(1) salt [1]. The identification of this finding marked the “Fenton reaction” or “Fenton reagent and the
first full publication which he authored indicated the principles of what we refer today as Fenton

chemistry [2]:

1) The use of an oxidant,
2) ametalinits reduced form and

3) the involvement of higher oxidation state of the used metal.

Although the initial formulation involved the application of iron (ll) and H,0; or hypochlorous acid,
nowadays, we know that many metals can be used to facilitate the reaction, such as Cu, Cr, V, Ni, and

the H,0, can be replaced by chlorine water or CaO; [1, 3-5].

Fenton himself continued his research using this reaction for the synthesis of hydroxylated
compounds. The years that followed were governed by controversy on the action mode of this
reaction, such as Bray and Gorin [6] who proposed the involvement of ferryl species [Fe(1V)O]* or the
proposal of Haber and Weiss [7], who proposed the one-electron oxidation of H,O,, and other
investigators [8] who suggested that the free radical mechanism is not plausible, but other

intermediates are involved.

The progress continued with additions (from Baxendale et al. and Barb et al.) [9, 10] and better
understanding of the process led to the application of treatment of various effluents from industrial
activities. Walling contributed significantly to the understanding of the process against pollutants [11-
16], but the treatment of microorganisms was still out of question. No one could imagine that the
massive wastewater flows could be acidified for disinfection of microorganisms. Nevertheless,
investigators such as Irwin Fridovich and James Imlay, have contextualized the Fenton reaction and its
significance to biological systems (e.g. Imlay et al.) [17], and the first notions of its importance have
been made. 100 years after the discovery, unanimity prevailed over the importance of the Fenton

reaction in chemical and biological concepts.
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The final era in photo-Fenton started during the 90’s, when the first trials in higher pH were initiated
[18], and the contextualization assays of the photo-Fenton reaction were set-up [19-21]. The first
effort to inactivate microorganisms with iron complexes was made by Cho et al., [22] and the first
actual near-neutral photo-Fenton reaction for microorganisms’ inactivation was performed by Rincon
and Pulgarin two years later [23]. The enhancing effect of the photo-Fenton process for E. coli
inactivation in drinking water was for the first time reported, opening the way for new research
directions; the near-neutral photo-Fenton works targeting various microbiological pollutants are
presented in Table 1. These past 10 years, until now, have witnessed numerous works in micro-

contaminant and microbiological pollutant elimination.

In this review, we present a holistic approach in the (solar) photo-Fenton-driven inactivation of
bacteria, and move from the entirely internal processes towards the external events that take place
in aqueous media. More specifically, we begin with the direct effects of light on microorganisms, on
their vital components, separating the direct (Chapter 1) and the indirect actions of light (Chapter Il).
A conceptual review of the various actions, focusing on the photo-biological aspects is performed. As
the photo-Fenton process is a synergetic sum of different parts based on light exposure, it is in fact a
solar disinfection which can be enhanced (Chapter lll), either by H,0,, by iron, or both simultaneously;
the effects of each process are deeply discussed. The final chapter (Chapter 1V), deals with the basic
interactions of the aqueous media in which solar photo-Fenton may take place. Critical points and
details on the effects that simultaneously occur, and elucidation of the process in a high degree is

provided to the reader.

Table 1 - Chronological review of the works on near-neutral photo-Fenton inactivation of microorganisms.

Authors | Year | Reference Topic
Inactivation of Escherichia coli by photochemical reaction
Cho et al. 2004 [22]
of ferrioxalate at slightly acidic and near-neutral pHs
Rincon and Comparative evaluation of Fe®* and TiO, photoassisted
2006 [23]
Pulgarin processes in solar photocatalytic disinfection of water
Absence of E. coli regrowth after Fe®* and TiO; solar
Rincon and
2007a [24] photoassisted disinfection of water in CPC solar
Pulgarin
photoreactor
Rincon and Fe3* and TiO, solar-light-assisted inactivation of E. coli at
2007b [25]
Pulgarin field scale




Bacterial inactivation and organic oxidation via

Moncayo-
2008 [26] immobilized photo-Fenton reagent on structured silica
Lasso et al.
surfaces
Simultaneous E. coli inactivation and NOM degradation in
Moncayo- river water via photo-Fenton process at natural pH in solar
2009 [27]
Lasso et al. CPC reactor. A new way for enhancing solar disinfection of
natural water
Kim et al. 2010 [28] Inactivation of MS2 Coliphage by Fenton's reagent
Comparative evaluation of polymer surface
functionalization techniques before iron oxide deposition.
Matzille et
2010 [29] Activity of the iron oxide-coated polymer films in the
al.
photo-assisted degradation of organic pollutants and
inactivation of bacteria
Dramatic enhancement of solar disinfection (SODIS) of
Sciacca et
2010 [30] wild Salmonella sp. in PET bottles by H,0, addition on
al.
natural water of Burkina Faso containing dissolved iron
The effect of Fe?*, Fe3*, H,0, and the photo-Fenton reagent
Spuhler et
2010 [31] at near neutral pH on the solar disinfection (SODIS) at low
al.
temperatures of water containing Escherichia coli K12
Inactivation of MS2 coliphage in Fenton and Fenton-like
Nieto-Juarez
2010 [32] systems: role of transition metals, hydrogen peroxide and
et al.
sunlight
Solar disinfection of wild Salmonella sp. in natural water
Sciacca et
2011 [33] with a 18L CPC photoreactor: Detrimental effect of non-
al.
sterile storage of treated water
Bandala et Application of azo dyes as dosimetric indicators for
2011 [34]
al. enhanced photocatalytic solar disinfection (ENPHOSODIS)
Bernabeu et Exploring the applicability of solar driven photocatalytic
2011 [35]
al. processes to control infestation by zebra mussel
Ortega- Water disinfection using photo-Fenton: Effect of
2012 [36]
Gomez et al. temperature on Enterococcus faecalis survival
Moncayo- The detrimental influence of bacteria (E. coli, Shigella and
2012 [37]
Lasso et al. Salmonella) on the degradation of organic compounds




(and vice versa) in TiO; photocatalysis and near-neutral

photo-Fenton processes under simulated solar light.

Polo-Lopez Mild solar photo-Fenton: An effective tool for the removal
2012 [38]
et al. of Fusarium from simulated municipal effluents
Treatment of Municipal Wastewater Treatment Plant
Klamerth et Effluents with Modified Photo-Fenton As a Tertiary
2012 [39]
al. Treatment for the Degradation of Micro Pollutants and
Disinfection
Garcia- Bacteria and fungi inactivation using Fe3*/sunlight,
Fernandez 2012 [40] H,0,/sunlight and near neutral photo-Fenton: A
et al. comparative study
Bandala et Inactivation of Ascaris eggs in water using sequential solar
2012 [41]
al. driven photo-Fenton and free chlorine
Inactivation of Enterococcus faecalis, Pseudomonas
Rodriguez-
aeruginosa and Escherichia coli present in treated urban
Chueca et 2013 [42]
wastewater by coagulation-flocculation and photo-Fenton
al.
processes
Inactivation of Enterococcus faecalis in simulated
Ortega-
2013 [43] wastewater treatment plant effluent by solar photo-
Gbémez et al.
Fenton at initial neutral pH
Virus removal and inactivation by iron (hydr)oxide-
Nieto-Juarez
2013 [44] mediated Fenton-like processes under sunlight and in the
and Kohn
dark
Inactivation by solar photo-Fenton in PET bottles of wild
Ndounla et
2013 [45] enteric bacteria of natural well water: Absence of re-
al.
growth after one week of subsequent storage.
Agullo- Solar Advanced Oxidation Processes as disinfection tertiary
Barceld et 2013 [46] treatments for real wastewater: Implications for water
al. reclamation
Comparative effect of simulated solar light, UV, UV/H,0,
Rubioetal. | 2013 [47] and photo-Fenton treatment (UV-Vis/H,0,/Fe?*,**) in the

Escherichia coli inactivation in artificial seawater




Benefits of photo-Fenton at low concentrations for solar

Polo-Lopez
2013 [48] disinfection of distilled water. A case study: Phytophthora
et al.
capsici
Ruales- Iron-catalyzed low cost solar activated process for drinking
2014a [49]
Lonfat et al. water disinfection in Colombian rural areas
Deleterious effect of homogeneous and heterogeneous
Ruales- near-neutral photo-Fenton system on Escherichia coli.
2014b [50]
Lonfat et al. Comparison with photo-catalytic action of TiO, during cell
envelope disruption
Evaluation of the efficiency of the photo Fenton
Ndounla et
2014a [51] disinfection of natural drinking water source during the
al.
rainy season in the Sahelian region
Relevant impact of irradiance (vs. dose) and evolution of
Ndounla et
2014b [52] pH and mineral nitrogen compounds during natural water
al.
disinfection by photo-Fenton in a solar CPC reactor.
Solar photo-Fenton for water disinfection: An investigation
Ortega-
2014a [53] of the competitive role of model organic matter for
GOmez et al.
oxidative species
Ortega- Inactivation of natural enteric bacteria in real municipal
2014b [54]
Gbémez et al. wastewater by solar photo-Fenton at neutral pH
Disinfection of greywater pre-treated by constructed
Teodoro et
2014 [55] wetlands using photo-Fenton: Influence of pH on the
al.
decay of Pseudomonas aeruginosa
Rodriguez-
Disinfection of wastewater effluents with the Fenton-like
Chuecaet | 2014a [56]
process induced by electromagnetic fields
al.
Rodriguez-
Disinfection of real and simulated urban wastewater
Chueca et | 2014b [57]
effluents using a mild solar photo-Fenton
al.
Assessment of solar photo-Fenton, photocatalysis, and
Polo-Lopez
2014 [58] H>0; for removal of phytopathogen fungi spores in
etal.

synthetic and real effluents of urban wastewater




Iron oxides semiconductors are efficients for solar water

Ruales-
2015 [59] disinfection: A comparison with photo-Fenton processes at
Lonfat et al.
neutral pH
Giannakis et Ultrasound enhancement of near-neutral photo-Fenton for
2015 [60]
al. effective E. coli inactivation in wastewater
Principal parameters affecting virus inactivation by the
Ortega-
2015 [61] solar photo-Fenton process at neutral pH and uM
Gbémez et al.
concentrations of H0; and Fe?* /3%,
Escherichia coli inactivation by neutral solar
Barreca et
2015 [62] heterogeneous photo-Fenton (HPF) over hybrid
al.
iron/montmorillonite/alginate beads
Fe vs. TiO, photo-assisted processes for enhancing the
Pulgarin C. 2015 [63]
solar inactivation of bacteria in water.
Solar light (hv) and H,0,/hv photo-disinfection of natural
Ndounla
2015 [64] alkaline water (pH 8.6) in a compound parabolic collector
and Pulgarin
at different day periods in Sahelian region
Rodriguez- Kinetic modeling of Escherichia coli and Enterococcus sp.
Chuecaet | 2015a [65] inactivation in wastewater treatment by photo-Fenton and
al. H,0,/UV—vis processes.
Rodriguez-
Conventional and Advanced Oxidation Processes Used in
Chueca et | 2015b [66]
Disinfection of Treated Urban Wastewater
al.
Effect of iron salt counter ion in dose—response curves for
Aurioles-
2015 [67] inactivation of Fusarium solani in water through solar
Lépez et al.
driven Fenton-like processes
Bacterial inactivation with iron citrate complex: A new
Ruales-
2016 [68] source of dissolved iron in solar photo-Fenton process at
Lonfat et al.
near-neutral and alkaline pH
Ruiz-Aguirre Assessing the validity of solar membrane distillation for
2016 [69]
et al. disinfection of contaminated water
Ortega- Wastewater disinfection by neutral pH photo-Fenton: The
2016 [70]
Gdémez et al. role of solar radiation intensity
Giannakis et Castles fall from inside: Evidence for dominant internal
2016a [71]
al. photo-catalytic mechanisms during treatment of
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Saccharomyces cerevisiae by photo-Fenton at near-neutral

pH

Giannakis et

al.

2016b

Simultaneous degradation of microorganisms and
micropollutants in wastewater by Advanced Oxidation
Processes (AOPs): influence of the secondary

(pre)treatment on bacterial inactivation and regrowth

11




152 Chapter I: Direct action of light

153

154 1.  UVB wavelengths (290-320 nm) effect

155

156  The germicidal action of solar disinfection of drinking water is attributed to the wavelengths reaching
157  the Earth’s surface. Although UVC is absorbed during its passage through the atmosphere and is
158 neglected, UVB is very often not taken into account, when the physical and microbiological aspects of
159  the process are estimated. This strategy may be true for SODIS taking place in recipient vessels which
160 filter UVB, but before its diminution due to length limitations, UVB affects significantly a considerable
161 layer of the exposed natural water bodies, mainly resulting to mutations and possibly apoptosis and/or
162 imminent cell death. The significance of this process has been long identified [72] and has influenced
163  the design of solar disinfection units [73]; its germicidal effect is 100-1000 times more efficient against
164  microbial inactivation than UVA. Hence, the first chapter of this review is dedicated to the biological

165 effects of the direct UVB action on bacteria.

The electromagnetic spectrum

uvB UVA Visible light
290 nm 320 nm 800 hm

Gamma rays X-rays Ultraviolet \\ Infrared Microwaves Radio waves
4———— Sshorter Wave\[ené(h (m) Longer ——p
102 10° 102 104 10°¢ 107 109 1011 1013

Energy (kcal)

108 108 10° 102 100 102 10 106
166
167 Figure 1 — The electromagnetic spectrum, with emphasis on the UV-visible light. The order of increasing
168 wavelengths, as well as the decreasing energy are noted.

169 In principal UVB inflicts damages due to its absorbance by the various cellular components. More

170 specifically, Bensasson et al., [74] offer an extensive review on the components directly damaged by

12



171
172
173
174
175
176

177

178

179
180
181

182

183
184
185
186

187

188
189
190
191
192
193

194

195
196
197

198

199
200

UVB irradiation (for instance, chromophores like the heme groups, enzymes, vitamins, acids), with the
principal targets being the genetic material and the proteins. Other components such as lipids and
polysaccharides do not undergo direct damage, as their absorption in this light region is limited [75].
Considering the affected entities, the damages will be separated in DNA photoproducts, targets of
protein nature and iron bearing compounds. The further implications inflicted to the repair

mechanisms will also be assessed.

1.1. UVB-induced DNA photoproducts

Commonly, the UVB wavelengths leads to the formation of same-strand photo-adducts among
nitrogen-containing bases [76-79], or even in double stranded DNA [80]. These photoproducts fall

within the next categories [78]:

1.1.1. Cyclobutane pyrimidine dimers (CPDs)

Light excites pyrimidine bases in a triplet state, and then undergo a [2+2] addition of the C5-C6 bonds
of consequent pyrimidine bases, forming the cis-syn cyclobutane pyrimidine dimers (P<>P) [78]. This
process is very similar to the effects of shortwave UVC irradiation, being the most common photo-

product [81-84].

1.1.2. Pyrimidine (6-4) pyrimidone dimers

Under a different energetic transition than CPDs, a pyrimidine base is exited to singlet state and reacts
with another pyrimidine base, by [2+2] cycloaddition, forming the stable bonds, the pyrimidine (6-4)
pyrimidone dimers [78, 81, 84]. The implications aggravate due to the shift of UV light absorption
towards the long UV wavelengths, and the further absorption of UV (A or B) light converts these
adducts into different isomers, the Dewar valence isomers [85, 86]. These stereoisomers add to the

existing problems of DNA replication.

1.1.3. Monomeric pyrimidine (cytosine) photoproducts

Light absorption from the monomeric cytosine compounds has been found to favor the excitation to
its single state and a subsequent nucleophilic addition of water. The hydrated product “6-hydroxy-5,6-

dihydrocytosine” or cytosine photo-hydrate is formed [87].

1.1.4. Purine base photoproducts

Along with pyrimidine bases, purine bases share the characteristics of high UV light absorbance at 260

nm, tailing up to the UVB region [75, 85]. As a result, photo-damage is bound to take place. Dewar

13
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adducts in isolated DNA have been reported [75, 88] and at a smaller effect, damages include bi-
stranded OxyPurine or abasic clusters, double strand breaks [89]. However the most common

products are the T<>T, T<>C and (6-4) T<>C dimers [88].

1.2.  Other UVB Targets

While the strand itself suffers from extensive photo-damage, there are more, also noteworthy
candidates reported in literature, such as some proteins and their constituents and other more
complex targets, such as enzymes and proteins. In principal, UVA light (above 320 nm) is not absorbed
by proteins without bound co-factors or groups, as they do not contain chromophoric compounds in
this region [75, 90]; in the opposite case, i.e. UVB wavelengths, this is deemed possible. However,
some amino acids, such as are tryptophan (Trp), tyrosine (Tyr), phenylalanine (Phe), histidine (His),
cysteine (Cys) and cysteine residue, are reported to absorb UV light (for UV spectra, see Bensasson et
al. [74]). The rest of the amino acids absorb mainly at 190 nm, tailing up to 220 nm, mostly due to the
presence of the peptide bond [-C(O)-NH-]. Therefore, as UVC wavelengths are not present in the solar
spectrum, it is concluded that the absorption by the backbone of the proteins is negligible [90].
Another target, which, as will be analyzed in next chapters, initiates indirect reactions is enterobactin.
This powerful iron-chelating agent demonstrates peak absorbance at 316 nm [91]. This behavior
suggests chromophoric abilities and the result is an increase of the internal iron concentration in the
cell. Finally, as a result of the cell exposure to UVB light, depending on the damage levels on the
genome, either apoptosis or repair can be initiated. The latter case can be demonstrated that cell
death can be repealed by CPD restoration, by nucleotide excision repair (NER) [92, 93]. However, some
of the proteins (Fpg, formamidopyrimidine-DNA glycosylase) responsible for DNA repair are suspected

to be prone to UVB-induced alterations, ending up compromised [94].

2. UVA wavelengths (320-400 nm) effect

As explained in the beginning, in the case SODIS is taking place in polyethylene terephthalate (PET) or
plain glass bottles, UVA light is the principal wavelength region causing bacterial inactivation during
solar exposure of water. Although differences can occur in the absorption wavelengths among the
materials that carry the treated water, the largest fraction of these wavelengths will get transmitted;
in PET or borosilicate bottles the absorption spectra differ in the near-UVB region, permitting a higher

fraction in the latter case. In overall, the direct effects of UVA can be characterized as less harmful,
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compared with the rest of the UV light wavelengths, but the direct absorption by DNA, proteins and
other structures is noteworthy [75, 78, 95, 96] and will be discussed in this part. The indirect pathways

will be further analyzed in later stages of this review.

2.1. Direct UVA DNA damage

In an analogy with UVB light, UVA is responsible of inflicting a series of different types of damage on
the DNA. The hypothesis on UVA-induced CPD formation [83, 97, 98] were verified. Besaratinia et al.
[99] proved that CPDs are also CPDs formed under UVA light, but in a different way than UVB [100]. It
has been reported that the photo-products are strand breaks, oxidation of pyrimidines, purines (all
analyzed afterwards) and CPDs [97] in a ratio of 1:1:3:10. According to the medium carrying the DNA,
the degree of damage can differ; high CPD formation is induced in pure water [101]. In the same work,
and other ones (for instance Mouret et al. [102]) the direct connection of UVA-and CPDs is verified.
The wavelengths that can induce the CPD formation tail up to 365 nm, both for isolated and cellular
DNA [103-106], with simultaneous absence of (6-4) photo-products. Mainly, the dimerization took
place among thymine bases at nearly 90% of the total dimers [102], through direct absorption of UVA
light although initially a photo-sensitizer was thought to mediate [97]. Finally, the issue of the Dewar
valence isomers is also attributed to UVA light absorption, as this photo-transformation peaks at
around 320 nm, border among UVA and UVB light [79]. Especially (6-4) PPs produced by UVB
illumination will undergo UVA-mediated conversion to an isomer [85, 86, 97], if the light source emits

both UVB and UVA wavelengths, such as sunlight [79, 107].

2.2.  UVA Oxidative Damage

Although CPDs are formed in a higher ratio than the other products [97], UVA light is responsible for
a series of other reactions, namely Type | and Type Il photo-oxidation reactions [78, 108]. Type |
reactions are one-electron oxidation (or hydrogen atom abstraction) processes, and Type Il are singlet
oxygen (4g *0, or more simply *0,) ones [75, 78, 109]. In Type | reactions, DNA bases are the electron
donors, and especially guanine, compared with thymine, adenine, cytosine and 5-methycytosine [78].
The result of this process is a large quantity of base (guanine) cations, possibly hydrated or
deprotonated afterwards. However, the excitation by UVA light, in Type |l reactions, singlet oxygen is
involved, reacting with electron rich bases. As a result, singlet oxygen facilitates the energy transfer

from guanine towards molecular oxygen [78, 110], also involving unstable sterecisomers among its C4
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and C8 carbon atoms [78, 111]. However, since Type Il reactions are oxygen-dependent, their main

action is considered indirect and will be analyzed in next chapters.
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Figure 2 - Chemical structural modifications of the DNA during exposure to solar light (adapted from Batista
et al.[100]). The exposure of thymine bases to light can induce the formation of CPDs and (6-4) PPs, while the

existence of UVA can further inflict modifications in the structure of the chain, the Dewar valence isomers.

2.3.  Other UVA targets

Apart from DNA, UVA light affects other compounds in the cell with significant biological effects. More
specifically, compounds that participate in either the metabolic cycle or are vital for cell homeostasis
exhibit UVA absorption. Catalase, for instance, is an enzyme which regulates the H,0, concentration
during the respiration process, and UVA light effects suggest peroxidase activity halting [91].
Dihydroxy acid dehydratase (DHAD) is one of the iron-sulfur containing molecules, which
demonstrates photo-sensible behavior; although initially it was detectable, upon irradiation its
function was suspended [112, 113]. Its modification can initiate further indirect stresses; more details
on the compounds that initiate indirect pathways of damage will be given in following chapters.
Furthermore, the thiolated tRNA is a trigger molecule for environmental changes, which indicates
possible stresses of near-UV nature [91]. Finally, ribonucleotide reductase, a key enzyme in metabolic
cycles of living organisms, contains components which demonstrate strong absorption in the UV range

and are likely to be affected [91].
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3.  Simultaneous UVA and UVB exposure

During simulated solar exposure, if both wavelength groups are transmitted effectively through the
medium, the DNA damage resembles mostly the pattern due to the UVB wavelengths [80]. After some
hours under simulated solar light, the analyses revealed undetectable levels of (6-4) photoproducts
[84]; therefore it was estimated that irradiation under simulated solar light inflicts 20 to 40 times more
CDPs than any other photoproducts [83, 84]. Also, the contribution of UVA to thymine dimer
formation is not negligible, since it produces more thymine dimers, compared to UVB alone [75], in a
synergistic way. Finally, the visible light wavelengths alone, around 400-450 nm, yield damage to DNA,
repairable by the Fpg proteins, but the simultaneous emission of UVB, will hamper its capabilities

[114].
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Chapter II: Indirect action of light

1. Indirect inactivation mechanisms: UVB or UVA-initiated, iron
release - ROS generation and cellular targets

1.1.  Overview of the indirect pathways

According to the previous chapter, the damage inflicted onto the cells and subsequently, the chain of
events followed towards inactivation, can be separated in direct and indirect pathways. In this
chapter, locating the indirect inactivation mechanisms is attempted, limited to the ones initiated by

light but fulfilled with various intermediaries.

In overall, as far as UVB light is concerned, its main effect is the direct formation of photoproducts, as
described before. However, there are important findings relating these wavelengths with initiation of
secondary mechanismes, crucial to cell survival. In principal, UVB light and catalase are implicated in an
unexpected inactivation pathway. First, UVB light is inflicted onto the cell. Direct actions aside,
catalase is activated in a dual manner, protective or toxic [115], as follows: UVB light is absorbed by
catalase and is converted to reactive chemical intermediates, in order to protect the DNA from the
direct action against its bases [115]. These intermediates can be easily scavenged by the normal
antioxidant enzymes [116], but under light stress, this possibility is jeopardized. The damage is heavily
related to the presence of oxygen, indicating an indirect, ROS-related pathway of oxidative damage,
thanks to protonation from water, against functional moieties of the cell [115]. In our opinion, this
behavior confirms an early hypothesis that catalase is not the only, or a primary intracellular enzymatic
defense mechanism against toxicity of UV light [117], but other mechanisms (such as the peroxidase-
supported ones, or the light absorbance by pigments and similar substances) exist; further details on

the oxidative protection ways will be given in the following chapters.

On the other hand, UVA wavelengths affect the DNA only in a limited extent and affect the overall
functions of the cell on different levels. As explained before, UVA initiates Type | or Il reactions, with
the latter being oxygen dependent, indicating its subsequent implication in indirect mechanisms,
distinguished by the initiation by chromophores or photo-sensitizers, for Type | and Il, respectively
[100]. Type Il reactions have even been separated into two categories, minor (superoxide radical
anion-) and major (singlet oxygen-related) reactions, depending on the chemical properties of the

facilitator [118]. In this review, Type Il reactions will not be further distinguished in minor and major.
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As seen in Figure 3, the damage in this category of reactions, is a result of energy absorption of light
by photosensitizers, and excitation to singlet state (!sens*). Through intersystem crossing, relaxation
and/or internal conversion the triplet state generation is induced (3sens*), then energy transfer to
molecular oxygen takes place plus the subsequent production of ROS. The main enabler of electron
transfer is guanine, which demonstrated high reactivity with singlet oxygen [110, 119]. The
photosensitizing abilities of guanine must not be excluded either; the photo-oxidation of DNA appears
most frequently as studied 8-oxo-7,8-dihydroguanine (8-oxoGua) [97]. In the same work, the
evaluation of hydroxyl radical formation via photosensitization was also evaluated, which can induce

a variety of DNA lesions.

Direct and indirect DNA damage by solar irradiation
/J Excitation . sens
/ of P |
/ pyrimidine ’ v
/ bases lsens*®
1 0;  sgens*. \
| \ Gua*
g X 3 B ¥
AV A < CPD sens + 10, sens*~ C: 03— —H,0, \\\”\'»—\,,,,
<©> (6-4)PP _Fe
L v Q Monomeric 10 Gua*t ‘
Y ‘
pyrimidine & 8-oxoGua 8-oxoGua HO®
Purine base FapyGua Oxidized Pyrimidines
photoproducts Type I1 Type I .Oxidized purines
‘ Single strand breaks

Figure 3 - Direct and indirect DNA damage mechanisms (adapted from Cadet et al. [120]). The different
pathways initiated from UVB and the Type | and Il induced by UVA are depicted, limited to the DNA damage as

end-product.

These modes of action explain the comparative examination performed by Santos et al. [121], who
compared the damage inflicted by either UVC, UVB or UVA light. It was found that the lightest damage
(high survival rates and activity) was achieved under UVA light, but was induced by the highest ROS
measured, as well as protein and lipid oxidation. This order was inversed for double strand breaks, as

we move towards UVC light. Here, in order to further elucidate the inactivation mechanisms initiated
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by light, the different ROS produced and their relationship with the functional moieties of the cell, as

well as the targets of damage via indirect pathways are further analyzed in the next subchapters.

1.2.  Reactive Oxygen Species (ROS) as a part of the cell life cycle

1.2.1. ROS as physiological intermediates

ROS are a natural part of the respiratory cycle of bacteria [122], when growing in aerobic conditions.
The prevailing ROS formed in a trivial way are the superoxide anion (05 ') and hydrogen peroxide (H20,)
[123]. The process can be simplified as a spontaneous oxidation of redox enzymes, playing the role of
reductants, by molecular oxygen. Since oxygen is uncharged, its presence inside the cell is
unambiguous, and its internal concentration can be regarded equal to the external one [124]. The
main reductants that have been identified so far are flavoenzymes [125], which facilitate transfer of
electrons onto secondary compounds. Another path includes oxygen collision with a reduced
flavoenzyme, resulting in electron transfer from FADH2 [123]. With the abundance of (both oxygen
and) flavins, these ROS are produced in a relatively steady quantity [126]. It must be noted here that
the superoxide radical anion (03 ~)/hydroperoxyl radical (HO3~) are the initial products of electron
transfer, but at near-neutral pH, the non-radical form is prevailing [127]. In principal, since 0, is the
actual product of the electron acceptance by molecular oxygen, its symmetry (delocalization of
electrons in the molecule) dictates little radical character; this explains the often common

representation by O, .

In in vitro tests, it has been found that O, and H,0, also form during electron transport between
reductant substances and oxygen [128-131]; therefore it can be concluded that the possible reactions
involve both one- and two-electron transfer [131, 132]. The transfer is always completed in single
steps, first by reaction of flavins with oxygen and formation of 0, and flavosemiquinone [123]. This
product can either further react with oxygen (further forming 05 ) or more commonly, the former

O, or the flavosemiquinone undergo transformation, finally forming H,0O,, rather than 05 [123].

1.2.2. ROS imbalance in cells

Normally, bacterial contain regulators of ROS to counter potential imbalances generated within the

cells or withstand the ROS production by enzyme auto-oxidation [126]. The most known defense lines
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are catalase [123], Ahp Alkyl hydroperoxide reductase [133] superoxide dismutases (FeSOD, MnSOD),
hydroperoxidases (HPI, HPIl) and glutathione reductase (GR) [134].

0z
.
flavins M FADH?2

cytoplasmic

0z

2H202 ' H20 + 02

catalase

H,0,
dismutases

peroxidase

Figure 4 - Internal ROS cycle, before light addition. The opportunistic creation of ROS is depicted here, with the

pair of superoxide radical anion (03~ )/hydroperoxyl radical (HO3~) being the most reactive species. Their
scavenging efficiency determines the auto-damage levels, via direct damage (oxidation) or indirect creation of

more reactive ROS in reduced-metal catalyzed reactions with H20:.

Catalase is the enzyme mainly responsible for the decomposition of H,0, in water and oxygen [135].
Also, Ahp Alkyl hydroperoxide reductase scavenges the activity of the normally produced H,0;in E.
coli. Although H,0O itself is not an immediate threat to DNA (may only cause oxidation of adenine
[136], it engulfs the danger of hydroxyl radical production [137]. However, H,0, accumulation can be
detrimental to cell survival, as it will be analyzed later. Superoxide dismutases (Mn, Fe- or CuZn-SOD)
are the enzymes burdened with the dismutation of O, to O, and H,0, [138]. Their presence is located
in both cytoplasm and periplasm of the cell [126]. Function-wise, they are similar, but the diffusion

limitation of O; at neutral pH [139, 140] imposes their presence in both places. The superoxide radical
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itself is relatively unreactive towards DNA but is attributed to participate in a variety of biochemical
reactions away from it. Among others, it can cause peroxynitrite formation [141, 142], thymine
reduction and oxidation of transition metals. Also, superoxide can react with H,0, and result in the
production of hydroxyl radicals [134]. Finally, peroxidases mainly dehydrogenate (by H.0,) phenolic
and endiolic compounds, but are also responsible for the reduction of O, to 03~ and H,0,, using
dihydroxyfumarate or NADH [143]. It has been mentioned however, that some other microbes use
reductases and peroxidases, rather than dismutase and catalase, respectively, for effective internal

ROS scavenging [123].

When solar light is provided to the bacterial cells, the chain reaction of events is comprised from a
complex mechanism, initiated by two simultaneous fronts: action of light and action of ROS. Assuming
that a cell is preserving its normal ROS cycle, light addition creates a chain of oxidative events. UVB
was mentioned to affect catalase functions, and therefore enhance H,0O, accumulation, and also,
induce excess O, production in E. coli cells in vivo [144, 145]. Also, singlet oxygen (10,), a key factor
in cytotoxicity and gene expression [146-148] can be generated by UVA irradiation, through excitation

of chromophoric substances, such as porfyrins [148].

As it seems, there is an over-accumulation of ROS inside the cell, which is only made worse by the
inactivation of the key enzymes by the action of light; CAT and SOD reduce significantly their activity
when exposed to UVB or UVA light [121, 123, 126]. It has been long suggested that near-UV induces
mutations in bacteria (in macroscopic level) and the explanation has been attributed to the excess
H.0, accumulated into the cell and the subsequent reactions involved with it [91]. UVA has also been
known to affect the respiratory chain of E. coli, with some of the mechanisms suggested by Bosshard
et al. [122] being verified in this cycle of events. The possibility of a malfunctioning electron transport
chain would provide electrons, with many reductants now available to accept them and convert
themselves to reactive intermediates. Also, the oxidizing agents’ accumulation will lead to ROS
production by internal metal- and NAD(P)H-driven reactions [149]; the reductants will act towards the
regeneration of the catalysts of these reactions. Therefore, in this point, it is important to analyze the

release of metals and their result.

1.3.  The significance of the internal Fenton process: iron release and facilitation
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1.3.1. Physiological state of iron into the cell

Iron homeostasis in bacterial cells is controlled and kept in physiological levels by the Fur protein. It is
the most common iron regulator (among others) in bacteria [150], controlling the genes implicated in
iron acquisition, but also de-repression of the genes during iron deprivation [151]; the genes which
encode proteins concerning direct Fe?* acquisition or the transfer of Fe3* by siderophoric action are
negatively regulated by Fur [152, 153], acting as a repressor of transcriptional activity [151]. Fe?" is
soluble enough to feed the growth needs of bacteria, but the problems are found with Fe3*. Usually,
it is solubilized by siderophores produced by bacteria, chelating and efficiently delivering Fe3*.
Especially in near-neutral values, the aqua-complexes of Fe3* are insoluble in water [154], and the
siderophoric action facilitates their use. In total, bacteria utilize many transport systems to satisfy their
needs; for instance, E. coli K-12 use 7 transport systems. Interestingly, although the siderophore
movement through the outer membrane is excluded due to size of the protein, the gram-negative

bacteria tend to use the outer surface receptor proteins as transport ones [155].

Internally, iron in E.coli is deposited in compounds such as bacterioferritin and ferritin [155-158].
Ferritin is essentially an iron storage unit, with a molecular weight of 444.000 kDa and 4500 mol
Fe/mol protein. Its structure is complex, consisting of 24 sub-units, a protein surface cover
(apoferritin) and 6 places for interior communication. Its function consists in storage of “free”, non-
protein-bound iron into the cell, oxidizing the Fe?* with the aid of proteins [159]. On a reverse function,
it can release Fe?* from the stored Fe3* by the use of reducing biological compounds. This function is
crucial for the cell, but it can provide a potential target for the oxidants accumulated into the cell
during oxidative stress. Also, other iron containing units are the Fe/S clusters. Dehydratases contain
[4Fe-4S] clusters which include readily soluble iron atoms, prone to oxidation as well [157]. Finally,
iron can also bind to the surface of the DNA structure and specifically, it is chelated to the

phosphodiester backbone [17].

1.3.2. Light-induced changes in iron homeostasis

During light exposure, iron is playing a key role in the subsequent oxidative stress. There are two
possible ways of iron release into the cell: the ROS-mediated and the direct damage to the iron

containing compounds.

The ROS production, as described in the previous chapter can play the role of the intermediate, which
“unlock” the structures and release iron into the cell. More specifically, the superoxide anion can
extract iron from the iron-storage proteins [160-163], through oxidation of dehydratases, for instance.

As described before, the critical iron atom is bound and the cluster is left in an unstable state [126];
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the [4Fe-4S])% form is univalently oxidizing the cluster to [4Fe-4S]*, resulting into released ferrous iron
and [3Fe-4S]* cluster [163, 164]. Hydrogen peroxide causes similar damage [165] by a two-step
process, releasing ferric iron and the same [3Fe-4S]* cluster [164]. The simultaneous production of
“free” iron, H,0, and superoxide radical anion which can reduce Fe® to Fe?* [17], can effectively

facilitate an internal Fenton reaction.

As far as the light itself is concerned, the previous actions simply aggravate. Near UV is known to
degrade membrane structures inside the cell [166]. More specifically, Fe/S clusters absorb in the UVA
region [112]. UVA has been found to degrade ferritin and other ferritin-like substances, leading to
immediate release of iron into the cytoplasm [148, 167, 168] via destruction of its ligand [112]. Most
importantly, in presence of these chelating ligands and ROS, the Fenton reaction is already taking
place, producing HO®. Taking into account the incident light in these wavelengths, the Fenton reaction
will find its catalyst regenerated back to Fe?* with the simultaneous production of another hydroxyl

radical.

1.4. Internal targets of the oxidative damage

Light action against the cell presents a uniformity in its application, if saturation conditions are applied.
Although some compounds demonstrate a photo-absorbing activity, it is rather unlikely that shading
occurs significantly, if no physical barriers exist. However, this statement does not stand equally true
for the ROS damage during oxidative stress conditions, since ROS are short living, and in their majority,
diffusion limited. Therefore, except for the long-living H,0, and O; the rest cause “local” damage. The
effects can be separated according to the mediator (ROS) or the target; here, the latter is going to be
presented, separating the damage on the DNA, and the rest of the involved compounds (proteins,

enzymes, lipids etc).
1.4.1. Oxidative-driven DNA damage

DNA was long identified as a weak link in the chain of resistance to ROS damage by light-initiated
internal Fenton reactions, for two main reasons: it was mentioned that it can effectively bind loose
iron [17, 75] catalyzing the Fenton reaction and suffering oxidative damage at the site of reaction.
Then, the possibility of withholding such damage is considerably more crucial to survival than in other
compounds of the cell [17]. Diffusion-limited oxidative damage by HO® can induce different effects,
such as base oxidation, sites which suffer base loss, inter-strand adducts within DNA, DNA-protein

crosslinks and ultimately, DNA strand breaks [136, 137, 169-171]. Strand breaks are a major
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consequence of the reaction with HO® [172], since the reaction with deoxyribose leads to base loss,

as well as with thymine [17, 173].

The hydroxyl radicals are non-selective in their mode of action. Their reaction with purine bases leads
to C8-hydroxylated radical, which increases 8-oxoGua, FapyGua, 8-oxoAde and FapyAde [167]. Also,
their reaction at the C5-C6 double bond ends up in the thymine and cytosine and uracil methyl
oxidation by-products, 5,6-dihydroxy-5,6-dihydrothymine, 5,6-dihydroxy-5,6-dihydrocytosine and
Hydroxymethyluracil and 5-formyluracil, respectively [174]. Finally, hydrogen abstraction from 2-
deoxyribose moieties demonstrates strand breaks end-products [174]. Less reactive ROS, such as
singlet oxygen, react with nucleotide bases at different k constants reported [175]. It is noteworthy
that the most prone base is again guanine, and the final damage by-product being the 8-oxodGua.
Furthermore, ROS can attack the sugars of the DNA, with a variety of end-products actually formed
[176]. The final result is lesions which are either misread by repair enzymes or blocking this process;

the latter type leads to growth impairment and cell death [177].
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1.0 UVB - H:03 HO3™ 03 uva pathway
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Figure 5 - Light induced changes in cell homeostasis. a) UVB-induced damage to DNA and CAT functions, b)
UVA dffects the functions of enzymes and proteins related with the ROS production (flavins, FADH2, CAT, SOD,
peroxidases, porphyrins), leading to accumulation of ROS, c) release of iron and reduction by light, d) LMCT-

driven reduction of iron and internal photo-Fenton initiation.
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1.4.2. Other cellular targets (proteins, lipids, membranes, Fe/S clusters)

One of the first and major targets of oxidative stress during light exposure of bacteria are proteins
[177]. Although it was long believed that DNA damage and lipid peroxidation are the most prone to
oxidative stress, proteins have arisen as important points of interest [178]. Both HO® and 1Ag 0, have
been reported to inflict severe and diverse problems onto the normal protein functions. Firstly, there
are functional modifications in proteins, onto amino acids and protein side chains [134]. Proteins
suffer from structural modifications and aggregation [179] carbonylation etc [180]. Modifications in
sulfur groups (oxidation of sulfhydryl groups or reduction of disulfides), as well as oxidation of amino
acids due to hydroxyl radicals, protein agglutination and cross-linking, aldehyde reactions and
fragmentation of peptides have also been reported [181-186]. Especially, proteins involved in the
respiration process are in danger, such as F1FO ATPase and respiratory enzymes [180]. Modification
of 3-D structure [187, 188] changes in metal binding properties, susceptibility towards proteolysis and
unfolding [75] should also not be excluded. Protein modifications’ effect can vary from mild to severe,
inducing irreversible damage to the cell [180], including cellular metabolism failures [134], membrane

modifications (loss of function) [189], blocking of DNA replication, mutations [181] etc.

Singlet oxygen is not as reactive as the hydroxyl radical, but has a much longer half-life time, however
possesses an ability to affect protein functions has stated it as a potentially dangerous agent, as it can
react with amino acids directly. It reacts with tryptophan, tyrosine, histidine, methionine, cysteine and
cysteine residues [75]. It is also responsible for inactivating enzymes, forming protein peroxides or
side-chain by-products, fragmenting the backbone, as well as cross linking and aggregation [90]. Many
functions are common with the effect of the hydroxyl radical, proving its significance. Also, if not
destroyed, there can be an effect of the properties of the protein, such as its turnover efficiency [90].
Proteins are also in danger from the indirect pathway of the hydrated electrons, which add to

molecular oxygen, result in 03~ and can subsequently damage proteins [75].

Moving to even more inert ROS, 05 and H,0; can affect other groups, such as Fe/S dehydratases or
mononuclear Fe-enzymes [177]. Superoxide is less harmful although more reactive than H,0, [123]
and acts mostly in blocking the [4Fe-4S] clusters as described before; the inactivation of this enzyme
causes pathway failure. HO, on the other hand, can oxidize sulfur atoms (oxidation of cystenyl
residues, or oxidation towards sulfinic moieties) [123], or (through HO®) carbonylate proteins, and

oxidize Fe/S clusters [123].

Finally, although some of the targets presented seem like end-products, there are significant side-

products possibly forming, inducing secondary damage [75]. For instance, the peroxides formed on
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proteins and peptides can cause oxidation of residues on other proteins or deplete antioxidants [190],
or even increase the possibility of DNA-base oxidation [191], with the consequences already analyzed

before (i.e. strand breaks and DNA-protein adducts).

The second large group of damage is lipids and fatty acids. A proposed chain reaction of autocatalytic
lipid peroxidation has been proposed [172], where oxidation by HO® leaves a lipid radical anion readily
reacting with molecular oxygen to form lipid peroxyl radicals. This radical can potentially play the role
of HO® in the next cycle, and form this auto-oxidation process. Metals and H,0, can generate the
necessary HO®, singlet oxygen [148] or the secondary damage by protein photoproducts could initiate
the peroxidation process. Some authors have suggested the dangers of lipid peroxidation [122, 192]
but in order to facilitate this reaction, the bacteria must contain the poly-unsaturated lipids; it is

suggested that most membranes lack these compounds [122].

27



546

547

548

549
550
551
552
553
554
555
556
557
558

559

560

561
562
563
564
565

566
567
568
569
570
571
572
573
574
575

Chapter lll: Enhancements

1.  Hydrogen peroxide (H,0,).

In the previous chapters, we have revised the actions that take place during sole irradiation of bacteria
by light, including UVB, UVA and visible light. The various mechanisms that have been described, lead
to the assertion that the main mechanisms of cellular inactivation by light are two: direct light action
(mutations, strand breaks etc.) and indirect light-initiated pathways (ROS formation, iron release and
the subsequent internal Fenton and photo-Fenton reaction). During the ROS formation, superoxide
and H;0; have been found critical in the facilitation of the internal photo-Fenton reaction, in both
direct damage to bio-molecules and indirect aggravation of ROS production. In this chapter, we assess
the enhancement of photo-inactivation of bacteria, by the simple addition of H,0,, and present the

mechanisms that take part internally and externally, in absence or presence of light.

1.1.  Hy0; actions, in absence of light

Hydrogen peroxide (H20) is a relatively strong oxidant, with potential 1.8 V at pH=0and 0.87 V at pH
=14 [193]. In natural waters, its formation is connected with photochemical mechanisms, explained
in next chapters of the review, or the release of metals and sulfur from anoxic regions [194]; when
near-neutral conditions are encountered, the expected potential is around 1.4 V. Its use in biological-

related activities was connected with disinfection and biofilm growth control [193].

As analyzed in the previous chapter, intracellular H,O; is a normal by-product of the respiration
process, through the auto-oxidation of respiratory dehydrogenases of bacteria [123], which in turn
can regulate and maintain these ROS concentrations to nanomolar levels, by catalases and
peroxidases [195]. However, the H,0; is present in the surroundings of the microorganism, since it is
an uncharged molecule, it is known to diffuse through membranes, therefore facilitating its transport
into the cell [195]. Therefore, a steady state concentration is preserved, as a balance of its intracellular
generation, the potential diffusion from outer sources and the scavenging efficiency from the enzymes
[196]. Different physiological states can imply varying steady state concentrations [197]. The
imbalance created into the cell can be either scavenged or inactivate enzymes; reports mention 20%

of the external concentration of H,0, being able to diffuse into the cell [195], ultimately leading to cell
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death. In order to separate the different pathways with which H,0; can lead to cell inactivation, the

lieu and the mode will be assessed.

Beginning with the external actions, as H,0; can be either naturally produced or voluntarily added, a
wide range of concentrations can be encountered. Imlay and Linn [198] have experimented with mM
concentrations of H,0,, and a correlation with H,0, addition and cell inactivation was confirmed [17,
198]. Two main categories of concentrations can be suggested: low (1-3 mM) H,0; and high
concentrations (>20 mM). The outcome of this investigation suggested internal and external damage,
respectively, for the two categories, namely Mode | and Mode Il [199]. Mode Il involves external H,0;
reacting probably directly with the cellular membrane, thus increasing its permeability; this increase
can permit the inflow of extra concentrations of H,0,, as well as the overall detrimental impact on the

viability of the cell [200]. A proportionality has been reported up to 100 mM [198].

However, the actions implicated in Mode | damage are far more intriguing. In summary, these actions
are enhancing the internal Fenton reaction as it was presented in the previous chapter. More
specifically, it was evidenced in [201] by the uM concentrations that disrupted catabolic and
biosynthetic functions of the cell, by the destruction of Fe/S clusters [157, 164, 202, 203]. The
damaged cluster contributes to loose iron release and the excess of H,O, will initiate Fenton reactions.
However, H,0; is not the only oxidant, but can act as a scavenger of electrons. More specifically,
through one-electron transfer, hydroxyl radicals (HO®) can be generated. Also, via either direct or
indirect pathways, Mode | killing will take place [198]. Also, hydrogen peroxide can scavenge HO®,
leading to the creation to the less reactive superoxide anion [198], which as we have analyzed before
has a lower oxidative potential, but is biologically significant, because of its strong affinity with
bacterial components [159]; plus, it is far more long-living than HO®. Therefore, there are interesting
Fenton-related implications involved, if a considerable amount of H,0, is added to the bulk and

saturation conditions are to be taken into account.

Avery interesting concept has also been discussed in literature, concerning the nature and significance
of the Fenton reaction itself [201, 204, 205], and more specifically, the effect of the reaction kinetics.
The k constant for the oxidation of Fe?* at pH values around 3 is 76 M/s? [11]. This value was
considered too low to be important, especially for micro-molar (or lower) concentrations. Also, the
reduction of Fe® back to Fe?" is around 100 times slower. However, at near-neutral pH, it was found
that [201] Fe** in aqua- hydroxy- complexes is often found with lower reduction potentials, due to its
coordination by the hydroxide anion (OH ™). The result is a reaction constant k around 20.000-30.000

M s which withholds more implications; this high reactivity indicates the need for the bacteria to
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scavenge the intracellular nano-quantities of H,0,, because of the apparent toxic activity implicated

[164].

1.2. Light-assisted H.O2 mode of action

In general, H,0; addition is performed in uM to mM, which place the action into the Mode | killing,
but on the other hand, the concentrations used might be considered as low; Rincon and Pulgarin,
Spuhler et al., or Garcia-Fernandez et al. [31, 40, 206] below 15 mg/L (0.44 mM) did not find any
inactivation, Sciacca et al. with 10 mg/L (0.29 mM) found 2-log reduction and Ndounla et al. negligible
inactivation in the dark with 8.5 mg/L (0.25 mM) H,0,[30, 45]. Nevertheless, the diffusion into the
cell, and the light addition into the sample can offer conditions for effective internal photo-Fenton

reaction and fast regeneration of ferric iron back to ferrous.

The first instance on synergistic inactivation by near-UV light and H,O0, was demonstrated by
Anathaswamy and Eisenstark [207] for phages and Hartman and Eisenstark some years later [208] for
E. coli K-12. The following years many works have been developed to assess the H,0,-enhanced
photokilling modes and parameters that are involved [30, 31, 40, 209-214]. The majority of the works
agree that the involved mechanism is in fact a light-enhanced internal photo-Fenton reaction. The

prevailing mechanism is as follows.

1) The direct damage of the light affects the DNA and the enzymes responsible for its reparation
(direct action).

2) Light is disrupting the normal ROS-scavenging enzymes into the cells such as catalase,
superoxide dismutase, peroxidases etc. (indirect action)

3) H,0, penetrates the cell, causing imbalance of ROS into the cells.

4) ROS and light release iron into the cytoplasm, with reacts with H,0, to create HO®. Other ROS
are involved into the reduction of iron, direct attack to susceptible moieties (oxidative stress).

5) Added H,0, affects bacterial membrane (outer damage), initiating its auto-oxidation.

6) Light reduces ferric iron to ferrous directly, through ligand-to-metal charge transfer (LMCT) or
indirectly, through the reactive intermediates available by the light-induced malfunctioning

into the cell, initiating a photo-catalytic cycle.

Concerning the suggested mechanism, there are some indications that confirm the majority of these
actions or limit to a certain extent. For instance, it is suggested that in aerobic, near-neutral conditions,
the LMCT could not proceed for hours [215], so the sources of iron need to be replenished. In the

majority of the cases, this time frame will not be required for bacterial inactivation; nevertheless, in
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these conditions Fe3* is expected to precipitate and not participate further into the inactivation
mechanism. Also, there was a linear increase of the inactivation kinetics by increasing the added H,0;
from 0 to 500 mM or 0-10 mg/L for Fisher et al. or Garcia-Fernandez et al. [40, 209], respectively. It is
suggested that the internal Fenton is taking place and also, Fe?" is not the limiting reagent in the

reaction. Therefore, there is a constant iron release and reduction, in an efficient catalytic cycle.
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ea6 2.  Addition of iron (Fe?*/Fe3")

647  So far, the light-induced oxidative stress and the voluntary addition of H,0; have been assessed. In
648  these actions, internal damage directly or indirectly by light has been inflicted, and an internal photo-
649 Fenton has been established. H,O, addition has proven to enhance the internal photo-Fenton,
650 therefore in this part, we present the events that take place if the matrix contains iron or if iron is
651 added at will. The various events, such as the homogeneous Fenton, the heterogeneous Fenton and
652 the semiconductor mode of action by the iron oxides will be further analyzed. But first, the role of

653 iron, the various forms and formations in natural waters are presented.

654

655 2.1. Iron asthe Fenton reaction catalyst.

656 More than 100 years after the discovery of the Fenton reaction, iron still remains the most commonly
657 employed metal catalyst for the fulfillment of HO® generation from this method [216]. The use of iron
658 employs a series of characteristics which are rarely encountered simultaneously in other metals. For
659 instance, its versatility in gaining various oxidation states (-2 to +6), which derives from its position in
660 the periodic table of elements [217], the characteristic abundance as far as its mass availability is
661  concerned, the low toxicity implicated in its utilization and easy integration, state iron as the principal
662 facilitator of the Fenton reaction [216]. Its coexistence with H,0; initiates the Fenton reaction. The

663  different types of Fenton reaction are summarized in Table 2 [218].

664 Table 2 — The different types of the Fenton reaction (adapted from [218].

Process Reagents Light pH Iron Loss

Classic Fenton H,0,, Fe?* No 2to4 Yes

Fenton-like H,0,, Fe** No 2to 4 Yes

Photo-Fenton H,0,, iron complexes, free iron ions Yes Acidic to neutral Yes

Heterogeneous H,0,, solid iron oxide No wide range No

Fenton
Heterogeneous H>0, solid iron oxide Yes wide range No
photo-Fenton

665

666  The most common forms of iron salts used for the Fenton reaction are Fe?* and Fe3*. These two salts
667  are used mostly due to the low mass transfer limitations among them and the oxidants [219]. One of
668  the main differences among the two forms are the characteristic insolubility of Fe3* in slightly acidic

669  and near-neutral pH values, making it difficult to operate outside the strict acidic region [217]. pH
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dependence is a matter strongly affecting iron speciation, and will be further analyzed later. Also,

although Fe?* is borderline categorized as a hard acid, Fe3* shows a preference in hard oxygen ligands;

Fe2* favors sulfur and nitrogen ligands [217]. Finally, among the Fenton reactions initiated by Fe?* or

Fe3*, a small differentiation has been made, and if the starting form of iron is Fe3*, the reaction is

named Fenton like. A summary of the Fenton and Fenton-like reactions is proposed in Table 3.

Table 3 — Proposed reaction mechanism for the Fenton (-like) reaction with H20; (25°C and 1=0.1M) (adapted

Reaction No.

from [220]).

Reaction

Reaction Constant

(1)
(2)
(3)
(4)
(5)
(6a)
(6b)
(7)
(8)
(9)
(10a)
(10b)
(11a)
(11b)
(12a)
(12b)
(13a)
(13b)
(14a)
(14b)
(15)

Fe3* + H,0 < Fe(OH)?** + H*
Fe3* + 2H,0 & Fe(OH)? + 2H™
2Fe3t + 2H,0 & Fe,(OH)3* + 2H*

Fe3* + H,0, & Fe3*(HO0,)?* + H*

Fe(OH)?* + H,0, < Fe3*(OH)(HO,)* + H*

Fe3*(HO,)?* - Fe?* + HO;
Fe3*(OH)(HO,)* - Fe?t + HO5 + OH™
Fe?* + H,0, » Fe3* + HO® + OH™
Fe?* + HO® - Fe3* + OH™
HO® + H,0, — HOS + H,0
Fe?t + HO; — Fe3*(HO,)?*

Fe?t + 03~ + H* - Fe3*(HO0,)?*
Fe3* + HO; - Fe?* + 0, + H*
Fe3t + 05~ - Fe?t + 0,

HO3 - 03~ +H*
03~ + H* > HOS
HOS + HOS > H,0, + 0,

HOS + 03~ + H,0 - Hy0, + 0, + OH™
HO® + HOS > H,0 + 0,

HO® + 03~ > 0, + OH~

HO® + HO® - H,0,

33

(ky = 2.9x1073M)

(ky = 7.62x10~7M?)
(ky, = 0.8x1073M)
(kI; = 3.1x1073)

(kl, = 2x10~%)

(kg = x1073s71)

(kg = x1073s71)

(k; = 63 M~1s™1)

(kg = 3.2x108M~1s71)
(kg = 3.3x10°M~1s71)
(k1pq = 1.2x10°M~1s71)
(kiop = 1x107M~1s71)
(ky1y < 2x103M~1s71)
(ky1p = 5x107M~1s71)
(k12¢ = 1.58x10°M~1s71)
(kqpp = 1x101°M~1s71)
(ki35 = 8.3x10°M~1s71)
(kq3p = 9.7x10"M~1s71)
(kyss = 0.71x100M 1571
(kyqp = 1.01x101°M~1571)

(k15 = 5.2x109M_1S_1)
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A summary of the main parameters which affect the Fenton reaction efficiency, measured by the

production of HO®, through the oxidation of Fe?* to Fe*, are involved in the following equation [221]:

d[Fe?*]

T k [OH™]? Py, [Fe**] (1.1)

Where the pH (represented by OH), partial pressure of oxygen and initial Fe?* concentration are the
actors which influence the kinetics of the reaction. As it appears, pH is the most influencing factor in

the rates of iron oxidation, and has to be analyzed separately.

2.2. Influence of the matrix pH

Theoretically, Fe?* drives the homogeneous Fenton reaction. However, Morgan and Lahav [154] have
analyzed the importance of pH in the distribution of iron species in the solution. Fe?*, forms hydroxide
species, which have varying solubility rates in water, depending on the pH. The rate of oxidation and
the products are included in the following equation, which accounts for the various soluble iron

species.

2+
ST (kg [Fe?") 4k [Fe(OHY™] + Ky [Fe(OH)S o]

dt (I11.2)

+ ks [Fe(OH)3]) DO,

Where partial pressure replaced by dissolved oxygen, since this is participating in the oxidation

reaction, and ki, k, ks are oxidation rate constants.

The main regions of interest, as far as Eq. 2 is concerned, are below 4, between 5 and 8 and above 8.
At pH<4, Fe?* is the main species. Between 5 and 8, Fe(OH)g(aq) concentration is pH-dependent
(increasing from 5 to 8) and above 8, it is the dominating form. The three species in Eq.lll 2 have rate
constants of 6:10°, 1.7, and 4.3-10" min, which is a big difference and also indicates the main Fe-
species in near-neutral pH. Below a pH value of 10, Fe(OH)3 is not likely to affect the process, since
its concentration is insignificant. Also, the necessary time to oxidize Fe?* depending on the pH varies

approximately from 50 min at pH=7 to 175 at pH=6.3 and theoretically infinite at pH = 4 [154].

Considering the main Fenton reaction of Fe?* with H,0,, we get:
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Fe?* + H,0, - [Fe®* — OH] + HO® (111.3)

According to the iron speciation diagram [216], at near-neutral pH Fe(OH); and Fe(OH)*; will be the
predominant species. Fe** may form oxide and or precipitate on existing oxides [222]. However the
guestion of iron oxides will be analytically presented in the next chapter. The oxidized iron, will lead

the heterogeneous Fenton reaction, either in the form of ferric hydroxides or as iron oxides.

At neutral pH, ferryl ion and HO® compete on their formation from Fe?, as alternatives from the
previous equation [223-225], reducing the efficiency of HO® production, as ferryl is a less reactive

species. Ultimately, the ferric species formed will create aqua hydroxy complexes [226]:

[Fe(H,0)¢]3 + H,0 & [Fe(OH)(H,0)s]** + H;0* (111.4)
[Fe(OH)(H,0)s]?* + H,0 & [Fe(OH),(H,0),] + H;0* (I11.5)

And at near-neutral pH, we get [227]:

2 [Fe(OH)(H,0)s]?* + Hy0 & [Fe(OH),(H,0)g]* + 2 H,0 (111.6)
[Fe(OH),(H,0)g]** + Hy0 < [Fe,(OH)3(H,0)71* + H30* (1.7)
[Fe,(OH)3(H,0),]3T + [Fe(OH)(H,0)s]** (111.8)

& [Fe(OH)4(H,0);]°* + 2H,0

2.3.  lIron Oxides: Formation and basic properties

Iron oxides are the final product of iron transformation in nature. In total, 16 known oxides and
hydroxides exist [228], presented in Table 4, and a range among them has been used in heterogeneous
catalysis processes, recently reviewed by Pouran et al. [219]. As the ferrous state of iron is highly prone
to oxidation, oxides are a deterministic product of the evolution through time. Also, oxides derive
from ferric iron as well. Therefore, there are Fe?* and Fe3*-containing iron oxides, such as wiistite and
goethite, respectively [218]. Jolivet et al. for instance have summarized the composition in Fe?*/** and
hydroxylation ratio among the various iron oxides, indicating the existence of oxides with Fe?* and Fe3*

in their composition [229].
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Table 4 — Oxides and hydroxides comprehensive list (adapted from [228]).

Oxide Hydroxides Oxides
Name Formula Name Formula
Goethite a-FeOOH Hematite a-Fe;0s3
Lepidocrocite y-FeOOH Magnetite FesO4 (FellFelll0,)
Akaganéite B-FeOOH Maghemite y- Fe20;
Schwertmannite | Feis016(OH)y(SO4). * nH,0 B- Fe,0;
6-FeOOH - Fe,03
Feroxyhite 6'-FeOOH Woustite FeO
High pressure FeOOH
Ferrihydrite FesHOs ® 4H,0
Bernalite Fe(OH)s
Fe(OH),
Green rusts Fey' Fej/ (OH)sxay2(A7),

The different oxides can be formed according to the conditions present in the matrix; for instance for

pH > 3 hydroxylation of ferric ions can lead to ferrihydrate and hematite [229], or ferrous sulfate in

water has led to lepidocrocite and goethite [59]. A comprehensive list of the possible iron (Fe?* or Fe*)

to iron oxides can be found in Figure 6 [228]. Nevertheless, the significant/relevant interconversions

are the ones taking place in natural water, i.e. slightly acidic or basic conditions, presence of organic

matter, response to light etc. The initial conditions of the oxides formation on the other hand could

lead in the appearance of various forms of oxides in more special contexts; for instance mines or

volcanic soils, where temperatures and pressure could lead to transformations and subsequently,

transfer of the oxides to surface waters.
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Figure 6 - Iron oxides formation and transformation (adapted from [228]). The different pathways of oxides
transformation are presented, including both the ones taking place in natural waters, as well as the

(theoretically) potentially present due to previous terrestrial properties.

37



735

736

737
738
739

740
741

Table 5 - Interconversion among the iron oxides (adapted from [228]).

Precursor Product Type of Transformation Preferred medium
Hematite Thermal or mechanical Gas/Vacuum
. dehydroxylation
Goethite Hematite Hydrothermal dehydroxylation Solution
Maghemite Thermal dehydroxylation Air + Organic
Maghemite/ Thermal dehydroxylation Gas/Vacuum
Lepid . Hematite
epidocrocite Goethite Dissolution/re-Precipitation Alkaline Solution
Magnetite Reduction Alkaline Solution with Fe?*
Hematite Thermal dehydroxylation Gas/Vacuum
Ak .. Goethite Dissolution/re-Precipitation Alkaline Solution
aganeite Hematite Dissolution/re-Precipitation Acid Solution
Magnetite Dissolution/Reduction Alkaline Solution with NoH4
6-FeOOH Hematite Thermal dehydroxylation Gas/Vacuum
Feroxyhyte Goethite Dissolution/re-Precipitation Alkaline Solution
Maghemite Thermal Dehydration/Dehydroxylation Gas/Vacuum
/Hematite
Goethite Dissolution/re-Precipitation Aqueous Solution pH 3-14
Akaganéite Dissolution/re-Precipitation Acidic Media+Cl
, . Lepidocrocite Dissolution/re-Precipitation pH = 6 + cysteine
Ferrihydrite Hematite Aggregation Aqueous Solution pH 6-8
Hematite Short-Range Crystallization Aqueous Solution pH 6-8
with Ferrihydrite
Substituted Dissolution/re-Precipitation Alkaline Solution + M"
Magnetite
Hematite Magnetite . . Redu.ction o . Reducihg ga:s
Magnetite Reduction-Dissolution/re-Precipitation Alkaline Solution with NyH,4
Magnetite Maghemite/ Oxidation Air
Hematite
Maghemite Hematite Thermal Conversion Air
Magnetite Oxidation N, + alkaline solution
Goethite Alkaline Solution
Fe(OH): Lepidocrocite
Magnetite
Maghemite
FeO Magnetite + Fe Disproportionation Air

Their solubility in water varies and depends on the composition of the matrix, as well as the properties

of the oxide itself [230]. More specifically, the presence or absence of ligand, and the ionic strength,

as well as the pH of the solution.

Table 6 [231] summarizes the pH for the zero point charge for the various oxides. This property is

significant, as in natural waters and the corresponding pH values present, their contact with
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microorganisms could be either favored or prevented. Some other relevant properties, for their
participation in the Fenton reaction is the crystallinity. This property is a good indicator of potential
release of iron into the bulk and subsequent utilization in the homogeneous Fenton (-like) reaction.
For instance, Ferrihydrite and Schwertmannite have low crystalline properties and they are expected

to release more iron ions than oxides with similar content but high crystallinity [218].

Table 6 — pH and isoelectric points of the various iron oxides (adapted from [231]).

Sample pH (point zero charge)

Fef 7.8-8.1
Fesz04 6.3-8.72
a-Fe>03 5.2-8.96
y- Fe;03 8.25
o-FeOOH 7-9.5
B-FeOOH 6.5-6.9
y-FeOOH 7.05-8.47
6-FeOOH 8.5
FesHOs - 4H>0 3.9

Finally, of particularly high interest are the oxides which have oxidizing or good photochemical
properties, like a-Fe;03, c- Fe;03, a-Fe-O0OH, b-FeOOH and c-FeOOH. These oxides will be expected to
contribute in the photo-enhanced Fenton reaction in near-neutral media [232, 233], actively

participating either as sources of homogenous iron, heterogeneous catalysts or semiconductors.

2.4. lron, light supply and bacterial presence facilitate the photo-Fenton reaction

Before the simultaneous presence of iron and H,0; is further analyzed, the sole addition of iron will
follow, as it can have bactericidal properties by itself. After the initial oxidation of Fe?*, the next steps
of the process involve Fe3**-initiated reactions. Fe3* is thermodynamically more stable than Fe?, but is
also less soluble [234]. Even at near-neutral pH, this is not a detrimental constraint, since Fe** can be
reduced back to Fe?* by different mechanisms. First of all, it must be noted that reduction process is
in competition with precipitation. Since the iron-containing solids have big specific surface area [235]
they can complex with ligands, or react with oxidants/reductants; electron transfer is facilitated and
the aforementioned competitive processes. Therefore, the possible routes back to Fe?, involve

reduction of i) organically or inorganically complexed iron, ii) dissolved inorganic Fe¥, iii)
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microorganism-complexed iron and iv) matrix-assisted (i.e. thermal, abiotic) processes [236-242].
After its conversion back to Fe?*, even in small amounts, electron transfer is very fast, and iron is

established as an efficient catalyst and a considerable electron source [235].

2.4.1. Complexed iron: Organic, aqua- and aqua- hydroxy- complexes

In principal, the available complexes are encountered in water through multiple routes, including
precipitation, exchange with soils and urban activities [243-250]. One option is the carboxylate group
(R-COO) which facilitates iron complexation. The polycarboxylates facilitate the photo-Fenton
reaction, as they are photo-active under solar light, and initiate a number of Fenton-related actions
[251]. Before we analyze the mechanism of reduction, we mention that some of the products of
photo-reduction include the superoxide/hydroperoxide radical (03~/HO3~) and H,0; [243, 252]; the

photo-Fenton reaction is again initiated by Fe?* and H,0,, and HO® are produced anew.

There are two mechanisms of iron regeneration under light, via either an inner or an outer electron
transfer mechanism [253]. Firstly, the [Fe®*-L,] is excited to [Fe**-L,]* state, and i) via the inner-sphere
mechanism L** is formed, and [Fe?*-L.1]; In reaction with another ligand and oxygen the parent [Fe3*-
L.] is regenerated or ii) via an electron donor (which gets oxidized) the reaction of [Fe?*-L,] with
molecular oxygen [253]. In both cases, a sacrificial electron donor is required and superoxide anion is
formed, which, as analyzed before, has its own biological significance. Solar light is energetic enough
to overpass the ligand-to-metal charge transfer (LMCT) band with only if the organic ligand is easily

oxidized; in natural waters this is easy to get and therefore, this reaction is deeply meaningful.

The one-electron oxidation of the ligand generated within the process requires a second electron

transfer to return to stable oxidation states, by the following reaction scheme:

hv (LMCT)
[Fe*3 — L3* + 2H,0 —— [Fe(H,0),]** + L** (1.9)

L*t + [Fet3 — L3t > [Fe?t — L]?* + L?* (11.10)
L*t+0, > L*" + 03" (1n.11)
L*t + Cu?t - L?* + cut (11.12)

The oxidized ligand can react either by reaction a) with the parent Fe3*-L complex, b) with oxygen,
creating superoxide radical anion) or c) with other oxidants in the matrix [253, 254]. The unstable
superoxide radical anion is leading to H,0, formation or biological damage; it is therefore made clear

that the photo-Fenton cycle by-products initiate more pathways towards bacterial inactivation.
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Within the aqua- hydroxy complexes, there is a limited availability in neutral pH. [Fe3*0H (H,0)s] is
one of the remaining complexes in slightly acidic environments, which, is photoactive [255]. In the
case of aqua and/or aqua hydroxy complexes, the main difference lies in the ligand oxidation product,
which in this case is HO® [256]. Therefore, in near neutral pH, inner sphere LMCT can take place and
transfer electron to Fe®, to generate Fe?* and HO*®:

hv (LMCT)

(11.13)

[Fe3*(0H)(H,0)s]** + H,0 [Fe?t(H,0)g]*T + HO®

In other Fe-hydroxo complexes, there are similar pathways [232, 242], which can be summarized as:

hv (LMCT
[Fe3* OH, (Hy0)g_n] + Hy 0~ [Fe2+ (H,0)] + HO® (111.14)
[Fe?* (Hy0)6] + OH™ + 0, > [Fe**OHy(H,0)6n] + Ha0 (11.15)

Among the two categories of ligands, only around 10-20% is waterbound, with the most abundant

species, being the organically-complexed iron forms [257, 258].

2.4.2. Iron-Microorganism interaction

Iron holds the property of binding to surfaces which can provide the necessary electrostatic
conditions. In the previous chapters, the chelating properties of organic ligands were presented and
the water-iron complexes, as well as the iron inter-conversion in these cases. Although
microorganisms are far more complex entities than organic compounds, there are some noteworthy
properties that influence iron, such as: i) the overall solubility of iron in the matrix and ii) the iron

formation within it.

Bacterial membranes consist in layers, which, on the outer surface, contain lipo-polysaccharide
molecules (LPS). These LPS have been documented to bind bivalent molecules [259], and therefore
offer binding sites to iron as well. The second macro-observation is that Fe3* can form complexes with
big macromolecules, which could mean that iron-bacteria aggregates can be formed [260]. As it is
made clear, Fe?* after its oxidation to Fe** can remain in suspension (even for a short period) and use
the bacterial membrane as a ligand. Therefore, LMCT can occur, among the iron and the surface
binding it [31]. As a result, reduction of Fe3* takes place and the oxidation of the ligand, as it was

described before, damages the external bacterial surface [50].

Even in absence of light, there were important observations of groups studying the iron oxides’

interaction with bacteria [219, 261, 262], where different strains of both Gram negative or positive
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bacteria were found to be partially, up to fully covered in iron oxides. This could initiate a strong
oxidative damage on the bacterial surface if the proper conditions are met. Also, another set of
observations led to the influence of iron form if bacteria were present in a sample. It was shown [262]
that letting the microorganisms age in a sample and allow the subsequent release of proteins and DNA
(from dead cells) influenced the formation of specific iron oxide structures. As it appears, the iron
oxides’ formation is affected also by the presence of microorganisms, in a process called “oriented

aggregation” [263, 264] apart from the pH, temperature and oxygen constraints mentioned before.

2.5.  Homogeneous and heterogeneous Fenton, photo-Fenton and semiconductor
action mode, during simultaneous presence of hv, H,0, and Fe.

Continuing from the enhancement by H,0,, we assume now that iron is inserted into the photo-
inactivation process. Fe?* in a previous chapter was subject to analyses and the presence of oxygen, in
combination with pH were defined as the combined oxidation triggers. In a similar system, hydrogen
peroxide can also determine the oxidation rate [265], converting Fe** to Fe3*. The ferrous ion is
considerably more soluble, is readily oxidizable or assimilable by bacteria [266], but has lower
complexing capabilities than Fe**; considering the oxidative conditions present, it is not expected to

remain long in this valence [265].

Legend
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Figure 7 - Summary of the contribution by Fe and H:0: enhancements. The analytical explanations of the

various actions are analyzed in-text, at steps 1-6.
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Nevertheless, the first step of the Fenton reaction is taking place efficiently, with simultaneous
generation of Fe** and HO®. In this part, we will attempt to concentrate the different photo-catalytic
actions involved by the simultaneous addition of Fe salts and H,0, and synthesize the inactivation

mechanism dominating bacterial inactivation.
Step 1: addition of Fe?* - internal action.

Fe?* addition, in absence of H,0; in the water matrix, has itself limited reactivity. However, it can
diffuse into the bacterial cell quite easily [150, 155] due to low charge density and difference in
osmotic pressure between the cell and the matrix. From this point and onwards, it is available as a
readily oxidizable catalyst, able to induce oxidative stress internally with the H,0, produced as a
normal part of the respiration chain. Considering an illuminated system, which, as we have analyzed,
affects the regulation of ROS into the cell, the reaction with H,0, becomes a photo-catalytic process;
Fe3* binds in various positions and uses a LMCT to regenerate back to Fe?*, or O3 constantly releasing

it from the Fe/S clusters around the cell.

Fe?t + H,0, » Fe3t* +HO®*+ OH™ (11.16)
Fe3* + H,0, > Fe?* + HOy + H* (.17)
Fe(OH)?** + hv - Fe?* + HO® (11.18)
[Fe(COO — R)]?** + hv > Fe?* + CO, + R*® (11.19)

This process has been proven of significant contribution [31, 50]. The internal process has been found
to be important, when the internal and the external damage were compared through
malondialdehyde (MDA) formation [50]. Both in bacteria [267] and in another microorganism
(Saccharomyces cerevisiae) it was proven through proteomic analyses that internal photo-Fenton is

the main driving force of its inactivation [71].
Step 2: addition of Fe?* = external action (including chelating agents).

Fe?* addition, in presence of H,0, in the matrix, can drive a homogeneous photo-Fenton process, for
a limited period of time. Fe?* is soluble in water, and by reaction with H,0,, production of HO® is
achieved in a big extent, effectively degrading the external cell membrane and resulting in
microorganism degradation. However, we have analyzed the fate of Fe? in near-neutral pH and
presence of dissolved oxygen and/or H,0,; Fe3* is expected to be formed, which in turn has limited

dissolution rates in these conditions, except if it is complexed with organic ligands (its activity will be
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analyzed in step 3). In order to mitigate the problem of iron availability in unfavorable conditions, the
use of chelating agents has been assessed for bacterial inactivation [68]. In this work, Fe** was

provided by a stable (in the dark) Fe-citrate complex, whose light-initiated dissociation was as follows:

[Fe3*-citrate] + hv — Fe?* + citrate?®~ (11.20)
citrate?*” + 0, - product + CO, + 03~ (11.212)
Fe?* + 0, - Fe(OH)?* - Fe(OH)3 (111.22)
Fe3* + 03~ - Fe?* + 0, (111.23)

Under irradiation of the photo-active complexes (main form at near-neutral pH: [FeHcit], [Fecit],
[Fecit]* and [FeHcit]*, [Fecit], [FeOHcit]™ for ferric and ferrous complexes, respectively) Fe?* was

released, according to the following reactions:

[Fe(OH) — citrate]™ + hv e Fe2* 4 3 — HGA?*- (In.24)
[Fe?*-citrate]™ + H,0, — [Fe3*-citrate] + OH™ + HO® (11.25)
HO3 & 03~ + HT, pK,=4.8 (11.26)

HOS$ + 03~ + Hy0 — Hy0, + 0, + OH™ (111.27)

HOS + HOS — H,0, + O, (111.28)

Due to the presence of the ligand, effective bacterial inactivation was obtained up to pH = 8.5, by
production of HO® and 03, measured by electron spin resonance (ESR) spectroscopy. The citrate
by-products, as the ligands in the LMCT presented in previous chapters, can react with molecular

oxygen or H,0; to initiate further ROS production, mainly superoxide radical anion [18].

Step 3: Fe¥* formation/addition (in presence of bacteria).

Fe3* has been shown to form after the oxidation of Fe?*, inside and outside the cell. Into the cell, upon
formation Fe®* can bind to proteins and DNA backbone, but efficiently participating in LMCT-initiated
oxidative damage. Fe3* can also play the role of electron acceptor during UV-affected dumping of
electrons, during malfunctioning of the respiration process [31]. Furthermore, bacteria are known to
produce siderophores such as (enterobactin, aerobactin, and ferrichrome), which are able to

metabolically chelate Fe®* present in the cell [268, 269], to cover their needs in Fe3*. These proteins
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efficiently bind to Fe** and create complexes, therefore facilitating internal photo-assisted LMCT and

production of HO®.

LMCT
Fe3*-siderophore + hv — Fe?* + [** (1.29)

On the other hand, siderophores are not limited to internal activity, but, along with the bacterial
membranes, can facilitate external iron availability, as follows: the reduced diffusion capability of Fe3*
is overpassed by transfer proteins, which bring Fe®* into the cytoplasm. From this point it can play the
aforementioned roles. Outside the cell, Fe* binds to the bacterial membrane possessing high affinity
compounds, such as carboxylic groups [31] or phospholipids and lipo-polysaccharides [270] as
described in the previous chapter, forming Fe-bacterium complexes or nFe3**-mBacteria agglomerates.
The photo-initiated electron transfer by LMCT creates local, external oxidative damage and the
oxidized ligand could continue the oxidative chain reaction, producing more ROS. The production of

Fe?* from this process re-initiates steps 1 and 2.
Step 4: Iron Oxides formation from Fe?*/Fe** addition.

After conversion of Fe?* to Fe¥, the Fenton process is considered as limited, since Fe(OH)? has limited
solubility at near-neutral pH and therefore, exploitation of its photoactivity is limited [50]. Instead,
zero-charge complexes are formed, such as Fe(OH)$9, which are prone to oxidation and formation of
solid iron oxides, such as magnetite, goethite, lepidocrocite, or feroxyhyte [229]. Measurements have
shown that iron precipitates as ferric oxide or hydroxide; formation of goethite and/or lepidocrocite
(a-FeO(OH) and y-FeO(OH), respectively) [228]; this is why usually soluble iron precipitates after some
time in Fenton experiments in near-neutral pH. As analyzed before, the formation of the oxides is
affected by a number of parameters, and the different oxides could participate differently in the
photo-catalytic inactivation mechanisms. The presence of H,0, in the sample, as well as dissolved

oxygen, normally initiates a series of reactions to create the oxides [59]:

Fe** + 6H,0 — [Fe(H,0)6]¢am (11.30)
[Fe(H,0)6](aq + OH™ = [Fe(OH)(H,0)5](aq) (1.312)
[Fe(OH)(H;0)5]{uq) + OH™ = [Fe(OH);(H;0)4](aq) (I1.32)
Fe?* + 0, » Fe3* + 03~ (111.33)
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Fe(OH)* + 0, > Fe(OH)?* + 03~ (111.34)

Fe(OH), + 0, — [Fe(OH),]* + 03~ (111.35)
4[Fe(OH);(H20)4](aq) = [Fea(OH)g(H20)s](s) + 8H,0 (11.36)
[Fea(OH)g(Hy0)g](s) + 05 = 4Fe00H ) + 10H,0 (111.37)

Furthermore, iron oxides, depending on their isoelectric point (IEP), can adsorb to bacterial surfaces
[271, 272]; for instance, goethite, with an IEP between 7.6 and 8.9, is positively charged and its
connection with bacterial membrane, being negatively charged among pH 3 and 9 [270], is permitted.
In addition, Voelker et al. [273] have suggested also a small release of iron from the oxides. However,
in presence of bacteria, some of the iron oxides are chelated either by siderophores, bacterial surfaces
or bacterial degradation by-products. This increases the normally low solubility which these species
present at neutral pH. Even more, their simultaneous availability with H,0, and/or light initiates the
next two mechanisms of inactivation, the semiconductor mode of action and the heterogeneous

catalyst effect.

Step 5: Semiconductor action mode of iron oxides.

Iron oxides can function as either heterogeneous photo-catalysts or as semiconductors. Although this

|”

is not a step prior to the heterogeneous mechanism, but rather “a parallel” one, it will be presented

first, as this pathway can evolve, under condition, even without H,0, addition.

Iron oxides, either naturally present in water [228] or laboratory-prepared [228] are among the most
reactive components within the matrix. Their chemical activity involves potential photocatalyst
activity, if the hole-electron recombination problem is overpassed [274]. The semiconductor action

mode is described by the following equations [228]:

Fe,05 + hv - Fe,05 (e~ + h*) (11.38)
ecpy + 02 = 07 (1mn.39)

hopy + 03~ = 10, (111.40)

eep) T > Fe’t —» > Fe?* (111.41)
héopy + RXaqa = RXg4 (11.42)
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epy + 037 +2H" - H,0, (111.43)
e(cpy + H20, » OH™ + HO® (111.44)

Briefly, the mechanism involves the absorption of a photon with higher energy than the band gap,
generating hole-electron pairs in the conduction and valence bands, respectively. Assuming that there
is a fraction of efficient promotion, rather than 100% recombination, redox reaction can take place in
the surface of the oxide (marked as >Fe?*/3*) [59]. Light is essential to initiate the reaction [228, 275,
276] creating the hole-electron pairs. The conduction band produces electrons, which can initiate
superoxide radical anion production, with molecular oxygen as electron acceptor, and either react
with the holes to produce singlet oxygen, which has important biological significance, affect the
external bacterial membrane themselves, or convert by-standing Fe3* to Fe* [275, 276]. The holes, on
the other hand can create oxidative damage to the bacterial membranes themselves, since their
positive oxidation potential (1.7 at neutral pH), is under the redox potential of bacteria [276-279].
Another suggestion [276] proposes a scheme involving the production of HO® and H,0,. If H,0, is
added in the bulk, then higher HO® production is achieved, and therefore more significant bacterial

inactivation.

Ruales-Lonfat et al. [59] tested 4 iron oxides, 3 of which revealed a semiconductor mode of action,
goethite, hematite and wistite; magnetite failed to demonstrate such capabilities in absence of H,0,,
possibly due to low band gap, unfavorable IEP, high agglomeration [280] or high precipitation
dynamics of the Fe?* content [281, 282]. In presence of bacteria, the siderophores affected the
experiments, possibly by either enhancing dissolution of iron [269, 283, 284], electron transfer
through LMCT in the Fe-siderophore complex, or a semiconductor-driven charge transfer of electron

towards the oxide surface [284], leading to Fe3* reduction.
Step 6: Heterogeneous (photo)Fenton reaction.

Iron oxides in presence of H,0;, can play the role of an efficient heterogeneous photo-catalyst,
towards, bacterial inactivation [50, 59], in two ways. Firstly, in presence of siderophores, it can
contribute to the supply of dissolved Fe?* in the bulk [269]. Furthermore, H,0, can start a series of
reactions, at which iron hydroxide ligands can get reduced, with simultaneous hydroperoxyl radical
formation [269]. Under light, the production of hydroxyl radicals is also favored [285]. The reactions

involved are the following:
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> Fe3*-OH + H,0, » > Fe?* + HO3 + H,0 (111.45)

> Fe?* + H,0, - > Fe3*-0H + HO® + H,0 (111.46)

> Fe3*-0H + hv » > Fe?t + HO® (111.47)

HO3 < 03~ + H*, pK.=4.8 (111.48)

> Fe3*-0H + HO3 /03~ - > Fe?* + H,0/0H™ + 0, (111.49)

As it is seems, even magnetite, which does not demonstrate semiconductor capabilities, was reported
to efficiently inactivate E. coli when H,0, was added in the bulk [59]. In step 5, the formation of
quantities of H,0, was also proposed, here we assess the possibility of H,0, addition from the
beginning; then the preferred pathway for the oxides would be to use H,0; as electron acceptor
(under light) or act as heterogeneous catalysts. The H,0; accepting the electrons would further create

HO?® radicals, and further regeneration of Fe3* back to Fe?* would be achieved.

An alternative mechanism includes the disruption of the excited > Fe**O0H bond, resulting to >Fe*=0
species and HO® [286]. The latter reacts with water and further produces HO*® radicals; a summary of

the reaction scheme is as follows:

> Fe3*-0OH + H,0, - > Fe?* + HOS + H,0 (111.45)
> Fe3*-00H + hv - > Fe*t =0+ HO® (11.50)
> Fe** =0+ H,0 > >Fe3*"-OH + HO® (11.51)
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Chapter IV: Influence of the water matrix

1.  Influence of natural organic matter on the photo-Fenton
reaction

The following conceptual part of this review assesses one of the most crucial components facilitating
the near-neutral photo-Fenton in natural waters, the presence of natural organic matter (NOM). Its
presence has been connected with both enhancement of the photo-Fenton reaction and partial
hindering, under circumstances. In this chapter, the various forms, functions and effects of NOM will

be presented.

1.1.  Definitions — Distinction among the components of NOM

Natural organic matter (NOM) is a general definition, bringing together all types of organic matter
normally present in natural water bodies. The two major categories of NOM, are the dissolved organic
matter (DOM) and the particulate organic matter (POM). The distinction among the two categories is
facilitated through a convention set in the isolation technique, i.e. filtering with 0.1-0.7 um diameter
membranes [287]; DOM is the fraction that is passing through, while POM is retained [288]. A number
of authors have proposed further distinction, from the permate of ultrafiltration (<10 kDaltons), being
the real dissolved organic matter, and the fraction above 10 kDa and below 0.4 or 0.7 um the “total
dissolved organic carbon”. The colloidal sizes are among 1 nm and 1 um, with the dissolved fraction

being a part of it [289-293].

DOM is the result of material run-off from soils, the algal or phytoplankton originated biological by-
products from other surface waters, and the artificial, man-made substances that infiltrate natural
waters; the three categories compose the allochthonous organic matter, varying from 10 to 300.000
kDa size [294-296]. However, there is a fraction of organic matter (OM) that is present and produced
in the water body, the autochthonous part. Humic or fulvic substances, bacterial by-products, as well
as organic acids, carbohydrates, proteins, lipids, alcohols, sterols and phenols are the rest of the major
autochthonous fraction [288, 297-302]. Finally, the particulate organic matter (POM) is by definition
larger in size and is composed by floral debris, bacterial and higher microorganisms’ by-products and

is also often a function of the neighboring soil properties [287].
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1.2. DOM functions in natural waters

The two main functions of DOM which facilitate its active participation in the photo-Fenton reaction
are the photo-active behavior of certain moieties and its ability to complex metal cations, keeping
them in solution and subsequently allow their participation in homogeneous oxido-reductive cycles,

without suffering high degree of precipitation.

1.2.1. Photo-activity: chromophoric and colored DOM

In general, DOM is reported to absorb light in both UV and visible regions of light wavelengths [288,
299, 302-305]. The fundamental difference among colored and chromophoric DOM (CDOM) is the
absorption in the visible region. The substances absorbing in the visible region are denoted as colored.
Among the NOM, a differentiation could be made among the high and low molecular weight DOM
constituents (HMW and LMW DOM). HMW DOM absorbs in a range of 250 to 800 nm and more
specifically, the allochthonous fulvic and humic acids and the autocthnonous fulvic acids. The
aforementioned substances are colored and can be marked as both colored and chromophoric DOM
[287, 302, 306-310]. On the contrary, LMW DOM constituents absorb almost exclusively in the UV
region and lack color. In detail, Mostofa et al. [287] have reviewed various components of the LMW
DOM, such as formaldehyde, acetate, malonate and more, which absorb in 207-250 nm, 204-270 nm
and 225-240 nm, respectively. As no color is demonstrated, these substances are classified as

chromophoric DOM, but not colored DOM.

1.2.2. Complexation with trace metal ions

The ability of DOM to complex metal ions is of critical importance in rendering metals available in the
environment. This ability is exploited also by the natural cycle of photo-Fenton, further analyzed later.
Their complexation is an indirect regulator of the overall chemistry of metal ions, affecting functions
as transport, acid-base balance, solubility in water and more [287]. Among the DOM constituents,
many of its components can participate in these functions, from both allochthonous and
autochthonous fraction. More specifically, humic and fulvic substances, amino acids, extracellular
polymeric substances produced by bacteria have demonstrated complexing capabilities [311, 312].
The diversity of the functional groups realize the complexation, with chromophoric and fluorophoric
groups being among the most probable facilitators [288, 313-315]. Finally, the most important
measure of the DOM-metal interaction is the conditional stability constant. This parameter has been
reviewed by Mostofa et al. [287] and the most important parameters have been found to be the size

(and origin) of DOM, the matrix pH, the cations and anions present, the photochemical processes
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potentially involved and the contribution of microbial species. Since this constant is a function of a set

of parameters, its value is expected to differ significantly.
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Figure 8 - Iron cycling in natural waters (adapted from [243]). The LMCT with oxalate, malonate and citrate
complexes is presented, as indicative organic ligands of iron. Their photo-induced LMCT leads to reduced iron
(blue panel) and ligand radicals (yellow panel). The ligand radicals initiate further oxidative-related reactions

including the formation of H20., oxido-reduction of Fe, and HO® generation.

1.3.  DOM photo-chemistry and the Fenton reaction.

The interaction between DOM and light has been repeatedly reported to generate ROS in natural
waters. Highly reactive ROS, such as the hydroxyl radical (HO®) or less reactive/more selective, such
as the superoxide radical anion (03~), hydrogen peroxide (H,0,), singlet oxygen (*O>), are generated
in-situ, when DOM is irradiated. In this chapter, the generation of ROS, the implicated photo-chemistry

and the dual role of DOM will be analyzed further.

Figure 8 summarizes the events that take place in natural waters, where the simultaneous presence
of Fe, H,0, and DOM is expected. Measurements have indicated their co-existence in natural waters
in USA [316-318], therefore in the case of solar irradiation, once again an in-situ photo-Fenton reaction
is initiated. Adding iron and H,0; will only enhance the photo-Fenton already taking place, aggravating
the oxidative stress for the microorganisms present in water. The different events (1-14) are analyzed

below:
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Event 1: Contribution of Particulate Organic Matter (POM).

Particulate organic matter has been identified to contribute in the overall photochemistry, producing
singlet oxygen [319] but also is an indirect source of DOM for the bulk [320-324]. Therefore, it can be

considered as input of DOM for the subsequent steps.
Event 2: Direct photo-reactions of DOM with sunlight.

In presence of organic matter, solar light is absorbed by DOM in the ground state and the excited
singlet state is generated, leading to the conversion to the triplet state as explained in a previous
chapter ((DOM*) [325, 326]. The triplet state is an unstable form and will quickly react with molecular

oxygen [327-331], with the result being singlet oxygen (*O,) production:

DOM + hv-> DoOM > 3DpoM* (IV.1)
3DOM* + 0, » DOM + 10, (IV.2)

The termination of this reaction is reached with the return of DOM to its ground state. The singlet
oxygen on the other hand will continue reacting (i.e. attacking bacteria), according to the schemes

suggested in the previous chapters, or produce superoxide radical anions [332].
Event 3: Triplet state energy transfer.

The 3DOM* can react with ground state DOM present in water, including energy/electron transfer
and/or hydrogen transfer [333]. The end-product of this reaction is the formation of DOM*" radicals

and oxidized organic matter.
Event 4: Formation of HO3/03", as H,0, precursors.

Continuing with energy/electron transfers, reaction of the DOM radical with molecular oxygen will
induce the production of reactive transient species, precursors of ROS, such as HO3 /03~ .The most
important contribution of these transient species is derived by their dismutation, where H,0; is
formed [334-337]. During daytime, the maximal concentrations of H,0, were measured [338]. The
type of DOM did not seem to influence the H,0, production [335, 339-343]. The initiator of the

reaction is then oxidized.

Event 5: Iron participation.
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Iron can complex with the organic matter forming stable Fe**-DOM species. Fe-DOM species are less
prone to precipitation, plus have high absorption coefficients in near UV and visible range [260]; LMCT
is therefore facilitated, between iron and DOM as a ligand. More specifically, below 450 nm, Fe-humic
complexes absorb light strongly [242, 273] and above 450 nm very few instances have been reported
where efficient LMCT is taking place [265]. The reaction includes the reduction of iron and the

oxidation of the participating ligand (DOM as ligand) as follows [344]:

[Fe3* — DOM],, + hv > [Fe?* — DOM],_y) + DOM, (Iv:3)

Humic and fulvic acids can induce this reaction in the dark, but the reaction constant is greatly
enhanced under illumination [236, 242, 345, 346]. Even more, the presence of oxalate or malonate

offer even higher reaction constants [243].
Event 6: The Fenton reaction.

The Fenton reaction between the Fe? deriving from the LMCT and the H,0, formed by the dismutation
of hydroperoxyl and/or superoxide radicals leads to the production of HO®and Fe3* [18, 241, 344, 347,

348]. Fe3* could re-complex with organic matter due to its strong electrophilic character.
Event 7: Alternative Fe?* oxidation pathways.

Apart from the classical oxidation of Fe?* to Fe** with H,0, as oxidant, more pathways exist which
result to Fe3*. Its reaction with HO3 /05~ will result to Fe* but actually catalyzes the production of

H,0, [273, 338, 349]:

Fe?* + HO3 /03~ > Fe3* + H,0, (IV.4)

The advantage of this process is the active replenishment of the H,0; in the bulk, which aids the

HO*® production of Event 6.
Event 8: Reduction of Fe3* to Fe** (Non-LMCT pathway).

Apart from the typical photo-Fenton-related pathways of iron reduction and re-initiation of the
reactions, an alternative pathway has been reported. A reduced ligand L’ reacts with dissolved Fe3*

producing Fe?* [241]:

Fe3* + L' - Fe?* + L), (IV.5)
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Other pathways include the reaction of Fe* with the amphoteric HO3 /03, producing Fe* [240, 241,

243, 265, 273, 350, 351], in an inverse process compared with the one presented in event 7:

Fe3* + HO3 /03~ > Fe?t + 0, (IV.6)
The Fenton reaction could then be again initiated anew.
Event 9: Release of FeZ*/Fe3 from iron oxides and vice-versa.

Voelker et al. [273] have included in the potential mechanisms the release of iron into the bulk,
through iron oxides. This plausible mechanism will result to “readily available” or “complexable” iron.
Since the presence of oxygen is highly probable and the pH of the majority of natural waters is
circumneutral, the influence of the iron oxides is to be considered (and will further be assessed in next
steps). Also, if microorganisms are present, chelating substances (siderophores) can aid the

(photo)dissolution of iron oxides [284].
Event 10: Fe? - Fe* cycling at the surface of the iron oxide.

Fe?* at the surface of the iron oxide can react with the H,0, formed in the bulk, producing HO® and
Fe3* [273]. This reaction can be important, in the case of encountering dissolved Fe?* being unlikely

[352].
Event 11: DOM-Oxides complex.

DOM can form complexes with the Fe oxides surface. More specifically, humic and carboxylate
substances can form complexes with the surface of the oxides and participate in LMCT [242, 353].
Similarly to the Fe-DOM complexes in the bulk, the result is reduction of Fe* in the surface of the

oxide, with simultaneous Fe?* and oxidized ligand production.
Event 12: Reaction of DOM with molecular oxygen.

A less reactive but nonetheless important reaction under concurrent illumination in presence of
oxygen and DOM, is the reduction of dioxygen by CDOM, resulting to oxidized DOM and HO3 /03~
as follows [344]:

DOM + 0, + hv » DOM{, + HO5 /03~ (IV.7)

The HO3 /03~ pair can then further regulate iron stoichiometry, as well as H,0, production through

dismutation.
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Event 13: Scavenging of HO® by DOM.

Apart from the role of facilitator, DOM can equally play the role of scavenger in the aquatic

photochemistry implicated, as follows [325, 354, 355]:

DOM + HO® - DOM}, + HO3 /03~ (IV.8)

As it can be understood, since the hydroxyl radicals are highly reactive and non-selective, their
harnessing for bacterial inactivation only, is impossible. Side reactions, such as the present with DOM,

or with Fe®* (to reduce it to Fe?*) are bound to happen, but are a function of the type of DOM.
Event 14: Restarting the DOM cycle.

The oxidized DOM and ligands most possibly do not stop their contribution at the moment of
oxidation. It has been reported that HO® can inflict fragmentation of the humic acids in water [347],
and end up in lower molecular weight organic compounds [239, 356-358]. These fragments can
possibly re-complex with iron and further participate in the photo-chemical cycle. This process
however is not infinite, and is macroscopically perceived as discoloration of CDOM, and this

photobleaching engulfs the side-effect of decreased absorption coefficients of water [359, 360].

1.4. The dual role of DOM

In many works, the presence of DOM in water has been found identified as an enhancement of the
photo-Fenton reaction [27, 349, 361-369] [27, 349, 361-368, 370]. On the other hand, it has been also
found to hinder the process [53, 371, 372]. Some authors suggested that the presence of humic

substances inhibited [373-375] or had no significant effect [376-378] on the Fenton processes [365].
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Figure 9 — Overall contribution of the natural water matrix and photochemical conversions. More detailed
explanations can be found in-text, presented in events 1-14. DOM: Dissolved Organic Matter, :DOM*:Singlet
state DOM, 3 DOM*: Triplet state DOM, DOM},: Oxidized DOM, LMW DOM: Low molecular weight DOM, L':

reduced ligand, L' ,,: Oxidized reduced ligand, POM: Particulate Organic Matter.

In overall, the ability of DOM to enhance or inhibit the photo-Fenton reaction depends primarily on
the complexation capabilities, the efficiency of Fe?*/Fe3* cycling and the types of ROS produced during
illumination [379]. As a principal, allochthonous fulvic acid is a less efficient DOM* producing DOM
than autochthonous fulvic acid, while their ability to induce radicals is inversed [380]. Also, terrestrial
DOM s inhibiting HO® production than the aquatic DOM [381], depending on their structure.
Nevertheless, during solar disinfection of drinking water, the self-degradation of DOM is not a
complete side-effect, since there is requirement to reduce the organics content; hence, the in-situ
achieve efficient disinfection and simultaneous DOM

photo-Fenton reaction can

degradation/modification.
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1.5.  Other radical species and interactions

Apart from the DOM-related interactions, the ROS formed during the previous process can either
attack the microorganisms, the DOM itself (self-scavenging) or even anions and inorganic substances
present in water. For instance, the HO® radicals formed can attack chloride ions, generating various
chlorine radicals, such as °Cl,, *Cl;, or CIOH [382]. Even more, hypochlorous acid can be formed
from the reaction with H,0,. This would have the positive side-effect of inducing further inactivation.
On the other hand, these reactions, or similar ones with bromine could potentially lead to halogenated
by-products. Furthermore, the production of HO® has been linked with nitrite and nitrate photo-

reactions [383, 384]. The reaction scheme is as follows [385]:

NO3 + H* + hv - HO® + °NO, (IV.9)
NO3 + H,0 + hv > HO® + NO; + OH™ (IV.10)
NO; 4+ H,0 + hv = HO® + NO + OH™ (IV.11)

Also, photolysis of nitrogen-containing DOM is found to produce nitrite, as well as nitrate photolysis
[369]. However, although nitrites are of less importance than nitrates in the overall photochemistry,
their quantum vyield is much higher [333]. The composition of the nitrogen-related compounds
themselves is a dynamic process, changing during the photo-Fenton process, as it was reported [51],

by the following reaction:

NHf & NH; + HO® - NH,0H - NOH - NO; < NO3 (IV.12)
The reaction then continues as Equations IV.9-11 indicate.

Finally, the reaction of ROS with (bi)carbonates should not be overlooked, as they scavenge ROS,
offering a protective effect on bacteria. HCO3 itself absorbs light, shielding the microorganisms along

with the ROS-scavenging effect [206, 386-388]. The reactions involved are as follows [47]:

HO® + HCO5 > *CO5 + H,0 (IV.13)
HO® + CO2™ - *CO3 + OH™ (IV.14)

However, the importance of the organic matter, ions and inorganic matter will be further assessed in

a wastewater matrix, where the weight and contribution in either scavenging or producing ROS will
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Provisional conclusions

In this review, we attempted to approach bacterial inactivation by the near-neutral photo-Fenton
process in aqueous media, in an inside-out approach. We began by the description of the effect of
light alone on different components of the bacterial cell (solar disinfection), followed by the individual
responses of the Fenton reagents inside the bacteria, concluding with a contextualization in natural

conditions.

As solar light has been proven to play a key role in the process, a significant part of the review is
devoted on the elucidation of its inactivation mechanisms, which in fact share common ground and
overlap significantly with the Fenton process. As a matter of fact, it is here proven that solar
disinfection is indeed a multi-level photo-Fenton process, internally and possibly in the exterior of the

microorganism.

In the following part of the review (Part 2), the applications on drinking water and wastewater are
reviewed, presented in a critical way, thus differentiating the principal components involved in each

of the two contexts.
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