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ABSTRACT 

 
 
 A better understanding of the bioresponse of naturally occurring systems will help 

to optimize the engineering of synthetic biomaterials. The aim of this thesis was to 

characterize the mechanical and chemical behavior of two distinct biological composite 

systems, human teeth and wool fibers. These mechanical and chemical properties were 

also studied as a function of natural structure and environmental conditions.  

 Human teeth are composite systems consisting primarily of hydroxylapatite and 

protein. This project investigated how the use of clinical dental treatments and 

procedures, such as whitening and etching, affects mechanical properties. Analysis of 

nanoindentation with the Oliver-Pharr model provided elastic modulus and hardness 

across the DEJ. Mechanical properties of autoclaved and non-autoclaved teeth were 

measured to ensure both comparability to published values and relevance to clinical 

applications. Large increases were observed in the elastic modulus of enamel with 

autoclaving (52.0GPa versus 113.4GPa), while smaller increases were observed in the 

dentin (17.9GPa versus 27.9GPa). There was a similar trend in the increase in hardness of 

enamel (2.0GPa versus 4.3GPa) and dentin (0.5GPa versus 0.7GPa) when subjected to 

autoclaving. This work shows that the range of values previously reported in literature 

may be due largely to the sterilization procedures. Treatment of the exterior of non-

autoclaved teeth with Crest Whitestrips™, Opalescence™ or UltraEtch™ caused changes 

in the mechanical properties of both the enamel and dentin. Those treated with Crest 

Whitestrips™ showed a reduction in the elastic modulus of enamel (55.3GPa to 32.7GPa) 
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and increase in the elastic modulus of dentin (17.2GPa to 24.3GPa).  Opalescence™ 

treatments did not show a significant affect on the enamel properties, but did result in a 

decrease in modulus of dentin (18.5GPa to 15.1GPa). Additionally, UltraEtch™ 

treatment decreased the modulus and hardness of enamel (48.7GPa to 38.0GPa and 

1.9GPa to 1.5GPa, respectively) and dentin (21.4GPa to 15.0GPa and 1.9GPa to 1.5GPa, 

respectively). These changes were linked to the change in protein content, verified by 

FTIR and fluorescence microscopy.   

 The second study characterized the amino acid distribution on the surface of 

Merino wool fibers. Although previous research identified which amino acids compose 

wool fibers, this was the first study to determine the amino acids distribution along the 

surface. Specifically, which amino acids have high concentrations near topographical 

surface features, such as the scale ridges. The distribution and types of amino acids along 

the surface of wool fibers was analyzed using force spectroscopy techniques. Initial 

measurements in phosphate buffer solution (PBS) showed carboxyl acid groups, aspartic 

acids and glutamic acids, are randomly distributed over the surface of wool fibers. 

Clusters of sulfur groups, cysteines, are uniformly distributed. In addition, the amine 

groups, arginine and lysine, are concentrated near the edge of scales. SEM images of 

wool fibers coated with functionalized nanoparticles were used to verify these results. 

The SEM images showed the binding sites of various charged chemical groups. To 

distinguish between positively charged surface groups, force spectroscopy was done 

under elevated pH, indicating a high contribution of lysine just below the edge of the 

scale. 
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CHAPTER ONE 
 

INTRODUCTION  
 

Characterization of the bioresponse of naturally occurring systems may further 

optimize the engineering of biomedical devices. This bioresponse, a living organism’s 

reaction to external stimulus, may lead to control cell response, allow for the design of 

improved biomimetic materials, or permit the development of predictive models of 

biomaterial behavior. The research outlined here aims to characterize the mechanical and 

chemical response of two distinct biological composite systems, human teeth and wool 

fibers, in their natural state and after exposure to various environmental conditions.  

1.1 Background 

A biomaterial can be defined as part of a living structure or biomedical device 

[1.1]. The composite nature of many biomaterials allows for the achievement of distinct 

physical and chemical characteristics. Composite materials are combinations of two or 

more materials differing in form or composition [1.2] (e.g., reinforcing elements, fillers, 

and composite matrix binders). Environmental conditions often contribute to the 

chemical and mechanical behavior of a biological composite. Characterization of 

mechanical behavior and surface chemistry draw the attention of global research efforts 

in medicine, dentistry, biology, chemistry, bioengineering and materials science because 

of the profound impacts on the development of biomaterials.  

Mechanical and chemical properties of a substrate may influence the behavior of 

the external environment. Rather than merely supplying an inert scaffold or temporary 

framework, biomaterials are approaching the capability of effectively manipulating 



 2 

biological responses [1.3-8]. Previous research has indicated that both chemical and 

physical surface properties control cellular response [1.9-10], thus the potential of 

biomedical devices has been progressing from “biocompatible” towards “bioactive”. 

Bioresponse is influenced by mechanical properties (e.g., hardness and elastic modulus) 

as well as surface chemistry (e.g., charges, homogeneity, hydrophobicity/ hydrophilicity, 

surface energy, and the presence specific functional groups). Bioresponse includes altered 

cell or peptide behavior, i.e., migration, adhesion [1.11], proliferation, growth and/or 

function [1.12, 1.13-14]. Viesha et al. demonstrated protein-patterning based on surface 

chemistry [1.15], while Zreigat et al. suggested that bone tissue integration is altered in 

the incorporation of ions onto a substrate [1.16][1.17]. Alternatively, Craighead et al. 

outlined the nerve cell response to substrates of various mechanical properties [1.18]. The 

control of cell behavior could present a wide-range of applications [1.6-8], further 

optimizing synthetic material cooperation with biological materials [1.18], allowing for 

more controlled drug delivery and enhanced coatings for medical devices [1.19].  

Additionally, investigations of the mechanical and chemical properties of 

naturally occurring biomaterials will accommodate the engineering of biomimetic 

materials. Biomimetics is the study of the structure and function of biological systems as 

models for the design  and engineering of materials. Current research in biomimetics 

involves the synthesis of materials that function similarly to natural materials [1.18] 

including natural biopolymers, such as DNA and cytoskeletal proteins [1.19], and hard 

tissues, such as hydroxylapatite [1.19]. For example, bone was recently characterized for 

the development of new composite joint implant materials with comparable behavior to 

that of the natural bone [1.16]. Likewise, the toucan beak is a lightweight highly rigid 
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material that has been studied in the interest of replicating its unique mechanical 

properties. The beak is a highly organized cancellous bone fiber matrix, composed of a 

solid “foam” of airtight cells [1.19]. Also, replication of the surface chemistry of a lotus 

leaf offers excellent hydrophobicity and self-cleaning properties [1.19]. Effective 

engineering of biomimetic systems is largely dependent on thorough characterization of 

chemical and mechanical behavior of the naturally occurring biological system. 

Also, mechanical and chemical properties are indicative of reliability of a 

material. Riggs and Melton recently confirmed that bone density is not the only factor 

contributing to osteoporosis [1.20-21], thus renewing interests in elastic modulus, 

strength, and toughness, with respect to biomaterial reliability. Surface chemistry may 

also improve the reliability of a material by providing a protective layer, such as 

sacrificial silicon oxide [1.22]. Establishing the properties of a biocomposite material as a 

function of various environmental conditions will allow for the development of a 

predictive model of material behavior. Such models may be useful for the refinement of 

treatments and processing techniques for biomaterials.  

Though tremendous progress has been made, a better understanding of 

mechanical behavior and surface chemistry of biomaterials is still necessary. 

Characterization of naturally occurring biocomposites will allow for advancement of 

biomedical materials to control environmental response, the engineering of biomimetic 

materials in order to replicate natural biological materials, and the development of 

predictive models of the behavior of biological composite systems.   
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1.2 Research Intent 

 This research characterized the mechanical properties and surface chemistry of 

composite biomaterials in various environments using appropriate characterization 

techniques for the scale of the composites.   The two biomaterial systems selected include 

the human tooth, composed primarily of hydroxylapatite and protein [1.23], and the 

Merino wool fiber, which belong to a class of proteins called α-keratins [1.24].  

(I) Characterization of mechanical properties of dentin and enamel after 
common dental treatments and preparation for restorative procedures 
 

 Most of the published literature regarding mechanical properties of teeth do not 

consider affects of sterilization treatment, use internal controls, nor follow manufacturer 

recommended instructions [1.24]. Although some preliminary studies have been done on 

common dental treatments, including 30% hydrogen peroxide [1.23], there are no reports 

of the affect on these procedures on fresh teeth. The affects of increasingly popular 

whitening treatments and preparation for restorative procedures are still largely unknown 

[1.23].   

(II)  Determination of surface chemistry of Merino wool fibers  

 The composition of wool fibers is established; however, the distribution of these 

constituents has not been previously considered. The variation of surface charges along 

the surface of wool fibers was analyzed using force spectroscopy techniques. A better 

characterization of the wool surface will improve the quality and efficiency of fiber 

processing. 
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CHAPTER TWO 

TEST TECHNIQUES APPLIED FOR BIOCHARACTERIZATION 

 

2.1 Introduction 

 Analytical techniques that were originally developed for non-biological systems, 

including scanning electron microscopy, atomic force microscopy and nanoindentation, 

have proven effective for the characterization of biological materials. The application of 

these techniques requires appropriate considerations, including analytical models and 

testing parameters [2.1-3]. The application of effective investigative methods to 

biological systems is imperative to expanding the frontiers of biomaterials. This chapter 

will outline some characterization techniques used in the study of biocomposite systems.  

 

2.2 Measurement of Small-Scale Structures by Nanoindentation 

  Mechanical behavior reflects the relationship between the deformation of a 

material and an applied load.  Typically, mechanical behavior is described by properties 

including hardness (intrinsic resistance to plastic, or permanent, deformation), elastic 

modulus (intrinsic resistance to elastic, or recoverable, deformation) and strength 

(microstructure dependant resistance to failure). There are several acceptable techniques 

available for quantitatively determining elastic and plastic properties of bulk materials 

[2.4], such as tensile and microhardness tests. However, the small scale of many 

biological samples demands improved spatial, force and displacement resolution [2.5]. 

For investigations of mechanical properties of biomaterial composites, e.g., the DEJ area 

of human tooth with an area of interest of ~200µm, nanoindentation is more appropriate. 
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Nanoindentation is an analytical method that has grown substantially in popularity due to 

its ability to spatially map the local mechanical properties of a surface [2.6]. 

During nanoindentation, a hard tip of known surface area and geometry is loaded 

into the sample, and then unloaded. The load and displacement are simultaneously 

monitored during loading and unloading. A typical load versus displacement curve is 

shown in Figure 2.1A. As the applied force is increased, the indenter tip moves into the 

material causing both elastic and plastic deformation. Plastic deformation from 

indentation can cause a permanent impression in the shape of the indenter tip, Figure 

2.1B.  When the load is removed, only the elastic deformation will recover [2.7].  

Figure 2.2 is a schematic representation of a Triboscope™ spring-actuated 

nanoindenter [2.8]. A transducer is an electronic device that converts energy from one 

form to another. The type of transducer used in this research applies a load on the tip, 

which is proportional to the square of the voltage of the electrostatic energy generated 

between the middle plate and the upper and lower plates. The indentation depth of the tip 

is measured by monitoring the capacitance between the center electrodes and the outer 

electrodes. These tips typically have a radius of 0.3-10µm and are composed of hard 

materials, such as diamond or sapphire, to ensure that deformation occurs primarily in the 

specimens, rather than the tip.  The geometries utilized include the Berkovich, conical, 

and cube-corner, each type inducing unique strain fields.  
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Figure 2.1: A plot of a typical load versus displacement curve [2.7] (A) and an image of 
residual plastic deformation expected to occur during nanoindentation [2.7] (B). Plastic 
deformation is the displacement that isn’t recovered when the load is released, as 
indicated by the remaining impression of the indenter tip.  

 
Figure 2.2: A schematic diagram of a Triboscope™ nanoindenter. This type of 
electrostatic system was used during the investigation described in this thesis, however 
electromagnetic transducer systems are also available [2.8].  

 

 
Various models have been used to calculate the mechanical properties of a 

material from the unloading stiffness [2.9-10], specifically elastic modulus and hardness. 

Oliver and Pharr proposed the most prevalent method for homogeneous materials.  They 

showed that the linear portion of the unloading curve (Figure 2.1A) indicates the 
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material’s stiffness, S, as defined by: 

€ 

S =
2 AC
π

Er        2.1 

where AC is the contact area between the indenter tip and the sample and Er is the 

reduced, or combined, elastic modulus. Figure 2.3 is a schematic diagram showing 

contact between the tip and sample, indicating the respective AC and general region of 

plastic deformation.   

 
Figure 2.3: A schematic diagram of contact between a nanoindenter and material surface 
[2.7] where Ac is the contact area, hc is the contact deformation, and hel is the elastic 
deformation. 
 

Er is the combined average of the elastic moduli of the indenter tip and the sample. 

The reduced modulus can be used to calculate the sample elastic modulus (ES): 

€ 

Es = 1−υ s
2( ) Ei

1−υ i
2

 

 
 

 

 
 − Er        2.2 

where Ei and νi are the elastic modulus and Poisson’s ratio of the indenter tip 

respectively, and νs is the Poisson’s ratio of the sample. Poisson’s ratio is the elastic 

dimensional change occurring transverse to an applied uniaxial load, defined as: 

 

€ 

ν = −
εx
εy

= −
εy
εz

      2.3 
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A schematic illustration of the lateral and axial strains is shown in Figure 2.4 [2.4]. 

Poisson’s ratio is an intrinsic property, and therefore does not vary significantly from 

bulk materials to thin films. Poisson’s ratio is assumed to be the same for small scale and 

bulk measurements for many materials. For diamond indenter tips, as used in this study, 

the indenter modulus is 1141GPa, with a Poisson’s ratio of 0.07 [2.8]. 

 
Figure 2.4: An illustration of strains used in calculation of Poisson’s Ratio [2.4]. 
 

Hardness is another mechanical property that can be quantitatively measured 

using nanoindentation. Hardness is the measure of a material’s resistance to deformation, 

determined quantitatively by: 

€ 

H =
P
AC

      2.4 

where AC is the contact area, and P is the maximum indentation load. During 
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nanoindentation, the load can be calculated by: 

€ 

P =α h − hf( )
m

       2.5 

where h represents indentation depth, hf represents the depth of residual impression after 

complete unloading, α is constant that depends on the mechanical properties of a 

specimen, and m is an empirical tip fitting parameter [2.7], equal to 2 for the conical 

indenter tips used in this study [2.8].  

The average nanoindenter force ranges from 1µN to 500mN and displacement 

ranges from 1nm to 20µm [2.5]. The high sensitivity allows for investigation of fine-scale 

microstructures including thin films, nanowires, and biological structures [2.8]. 

Nanoindentation has been previously applied in studies of highly porous bioceramics 

[2.11] and scaffolds [2.12] for bone tissue engineering.  

Biological materials introduce numerous analytical complications. Creep, the 

continued plastic deformation under constant stress, must be considered for some 

polymers and biological samples [2.5]. To reduce noise, Ngan et al. [2.13-15] and Cheng 

et al. [2.16] suggested sustaining the maximum load for a period of time, generally 

between 3 and 120 seconds, depending on the sample, to allow for creep to dissipate prior 

to unloading. This approach ensures that creep does not interfere with elastic modulus 

calculations, and has been effective for indentation of biocomposites, including bone 

[2.17] and dentin [2.18]. Environmental response and tip-sample interaction may also 

become an issue with biological materials [2.12]. Adhesion between the tip and sample 

may occur with some polymeric and soft tissue samples [2.19-22], often introducing error 

into analysis of mechanical properties. Adhesion is evident on the unloading section of a 



 11 

load-displacement curve as a region of apparent negative load. Additionally, appropriate 

precautions should be taken to avoid contamination resulting from contact with 

biohazardous samples.  

 

 2.3 Atomic Force Microscopy  

Atomic Force Microscopy (AFM) has been applied for generating force images 

related to the chemical nature of a surface, measuring topography of a non-conducting 

surface in a variety of conditions, [2.23-26] and sensing local mechanical properties of 

relatively soft elastic materials [2.27]. AFM is an imaging technique that employs a sharp 

tip (Figure 2.5) to scan across a sample surface. A schematic of the system is shown in 

Figure 2.6. A laser is reflected on the cantilever and then to a photodiode, monitoring the 

cantilever deflection as it bends in response to tip/surface interactions, into a photodiode 

[2.26].  

 

Figure 2.5: An SEM image of an AFM probe used in this study of surface charges 
on Merino wool fibers. SEM was used to determine the radius of the AFM tips for charge 
density calculations.  
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Figure 2.6: A schematic of image of an AFM [2.28]. Applying voltage to the 
piezoelectric tube controls samples movement. The tip is secured to the end of the 
cantilever. As the cantilever bends in response to the tip/surface interactions, a laser is 
reflected off the cantilever and into a photodiode.  

 

Force microscopy is done in either contact mode, effective for determining 

surface roughness and structure, or tapping mode, used for force mapping in addition to 

imaging surface topography without inducing friction. In contact mode, also referred to 

as static mode, the tip scans along in close contact with the surface with a constant force 

between the tip and sample. In tapping mode, or dynamic mode, the cantilever oscillates, 

i.e. approaches and retracts from the surface repetitively during scanning rather than 

dragging along the sample. Tapping mode allows for monitoring repulsive and adhesive 

forces between the surface charge and the tip charge, to create maps of surface charges 

densities [2.29]. Initially, the tip is away from the surface, Figure 2.7A. As the tip 

approaches the surface, it will bend in response to long-range repulsive or attractive 
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forces, and bend, Figure 2.7B. The cantilever will continue moving toward the surface. 

When the set maximum force is reached, the cantilever will retract, Figure 2.7C. During 

retraction, the cantilever may detect adhesive interactions between the tip and the sample, 

Figure 2.7D. These bonds will break as the cantilever continues to withdraw, Figure 2.7E. 

At this point, the cycle may start again. 

 

 
Figure 2.7: An outline of the steps involved in collecting data for a force curve. Initially, 
the tip is away from the surface (A). As the tip approaches the surface, it will experience 
long-range repulsive or attractive forces, and bend accordingly (B). The cantilever will 
continue moving toward the surface. When the set maximum force is reached, the 
cantilever will retract (C). During retraction, the cantilever may detect adhesive 
interactions between the tip and the sample (D). These bonds will break as the cantilever 
continues to withdraw (E)[2.28]. 

 
Hooke’s law is used describe the interaction of the tip and sample. The force, F, is 

calculated as: 

€ 

F = −kx        2.6 

where k is the spring constant of the tip and x is tip deflection. Thermal tuning was used 

to determine the spring constant for each cantilever. The interaction between a probe of 

known charge and a sample is plotted, as deflection versus distance as the tip approaches 
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(extension) and withdraws from (retraction) the surface, Figure 2.8.  

 
Figure 2.8: A representative deflection versus distance extension and retraction plot 
 

 Recent research has used AFM to expand the frontiers of biomaterials because of 

its capability to map soft, insulating samples in liquids with molecular resolution. For 

example, the recent analysis of the force interaction between bacteria and the silicon 

nitride surface of the AFM probe revealed that lipopolysacharides facilitate E. Coli 

adhesion to specific negatively charges surfaces [2.28], and AFM was used for the 

determination of the elastic modulus of naturally occurring biomaterials, e.g., cells [2.30] 

and blood vessels [2.31]. 

  Gibson et al. previously used force microscopy to characterize surface mechanical 

properties of Merino wool and, including elastic modulus [2.31-32]. However, the work 

in this thesis focuses on AFM to map surface chemistry variation along Merino wool 

(Figure 2.9) as a function of topography (Figure 2.10).  
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Figure 2.9: Illustrations of the use of AFM to create a map of surface charges. This 
charge map corresponds to the box of Figure 2.10. 
 

 
Figure 2.10: An example of AFM being used to develop a topographical image of a 
sample surface. This particular sample is a wool fiber, including a scale edge, indicated 
by the box. 
 

 
 2.4 Scanning Electron Microscopy 

Scanning Electron Microscopy (SEM) is a high-resolution imaging technique that 

uses a focused electron beam to generate signals containing information about a surface. 

The electrons’ interactions with atoms on the sample surface typically result in secondary 

emissions from the specimen and the backscattering of electrons. A cathode ray tube 

displays the signal, indicating contrast within the image [2.33] that may reveal the 

texture, chemical composition, crystal structure and crystal orientation of the sample.  
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A schematic of a typical SEM is presented in Figure 2.11. As illustrated, an 

electron beam is produced as a voltage is passed through a filament, most commonly 

Tungsten or Lanthanum Hexaboride (LaB6), at the top of the column. The beam is 

attracted to the anode, condensed by a cylindrical magnetic aperture, and then focused by 

electromagnetic lenses. The sample chamber and electron beam column must be under 

vacuum to preserve the integrity of the beam.  

 
Figure 2.11: A diagram of the basic components of a SEM [2.35]. The 
sample is placed into a vacuum chamber. The electron gun at the top of 
the instrument produces an electron beam, which is condensed by the 
aperture and focused by electromagnetic lenses. The scanning coil rasters 
the beam across the sample as interactions between the beam and the 
sample are monitored.  
 

To obtain an image of the sample, the electron beam scans the surface in a raster-

like fashion. Scanning is possible by varying the current between two pairs of 

electromagnetic coils. As the electron beam strikes the sample, a photon and electron are 

emitted. Detection of electrons backscattered from the sample can produce a 

topographical image of the surface [2.33], Figure 2.12. 
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Figure 2.12: A SEM image of a merino wool sample. SEM provides improved resolution 
over optical microscopy.  

 

Conductive samples are often better suited for SEM because the flow of electrons 

is unimpeded, thus build up of charge is less likely [2.34-35]. However, imaging of 

biological materials is feasible. Nonconductive samples may be coated in a thin layer of 

metal, e.g., Au or Pl, by evaporating or sputtering. The application of a conductive 

coating will dissipate charge and prevent accumulation. Alternatively, a variable pressure 

or ‘wet’, low vacuum SEM maintains a high vacuum within the electron gun, but allows 

for a variable pressure in the sample chamber. This type of SEM is ideal for biological 

samples because charging is less likely, even on non-coated samples. [2.36-40]. 

 

 2.5 Fourier Transform Infrared Spectroscopy 

Fourier transform infrared (FTIR) spectroscopy is a means to identify a substance 

based on energy absorbed by chemical bonds within or on the surface of a sample. FTIR 

is convenient, relative to conventional infrared spectroscopy, due to the simultaneous 
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measurements of all resolution elements, and therein significant reduction of testing time. 

A Fourier transform is then used to convert the signal data into traditional IR spectra. The 

spectra allow for identification of chemical functional groups based on the specific 

frequencies of a molecule’s vibration and rotation. FTIR has previously been used to 

distinguish between fluctuation in protein concentration in demineralized and restored 

dental enamel [2.41]. 

 

Figure 2.13: A schematic illustration of the experimental setup of FTIR [2.41]. An 
infrared beam is split into two beams. One is sent through the sample and the other is sent 
through a reference material. The beams are directed through a splitter that alternates 
which beam enters the detector.  
 

Figure 2.13 outlines the general components required for FTIR. A Michelson 

interferometer functions by sending a parallel, polychromatic radiation beam to a beam 

splitter. The beam splitter is often composed of potassium bromide, or some other 

material that is transparent in the infrared region. The beam splitter reflects half of the 

light to a fixed mirror, where it is then sent back to the beam splitter. The remaining half 

of the light is reflected to a mirror that is constantly moving at a set speed, back and forth 

along a track. This light is also reflected back to the beam splitter. The light beams from 
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each mirror recombine and are reflected to the sample. The light that passes through the 

sample is focused on the detector, which processes the time domain signal changes from 

the interferometer modulation [2.41] to produce a spectrum, Figure 2.14. 

 

Figure 2.14: A FT-IR spectra of the apatite heated at 900°C for 3 hours [2.41]. 

IR spectroscopy is based on the relationship between intensity of transmitted and 

incident radiation, as defined by the Beer-Lambert law: 

€ 

I = I0
−εcl       2.7 

 
where I is the intensity of the transmitted radiation, I0 is the intensity of the incident 

radiation, ε is the molar absorptivity, c is the concentration and l is the cell length. [2.42]. 

 2.6 Fluorescence Microscopy  

Fluorescence microscopy is similar in principle to conventional light microscopy, 

though it relies on the ability of certain molecules to emit light of a specific wavelength 

following the absorption of light of a higher energy [2.43]. The experimental setup is 

described in Figure 2.15. The sample of interest is labeled with fluorophores, and then 

illuminated with a high-energy source, typically Xenon or Mercury discharge lamps 
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[2.43]. The fluorescent species then emits light of a lower energy, producing a magnified 

image that is distinguishable from the original light source. Filters are used block 

radiation, permitting only the image of that which is fluorescing. An example of a 

fluorescent image is provided in Figure 2.16. 

 

Figure 2.15: A diagram of the basic instrumental setup of florescence microscopy [2.45]. 
 

Though fluorescence microscopy may be used to specifically image specimens 

that have been marked with fluorescent tags, some materials naturally fluoresce, thus no 

additional fluorophores are required. Fluorescence microscopy is non-invasive and non-

destructed, making it suitable for many biological samples, even living specimens [2.44].  
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Figure 2.16: A fluorescence microscopy image of a tooth. The fluorescence shows the 
presence of Collagen Type 1, an auto-fluorescing protein that naturally abundant in teeth. 
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CHAPTER THREE 

THE EFFECT OF TEETH BLEACHING AND PREPARATION FOR COMMON 
RESTORATIVE PROCEDURES ON THE MECHANICAL PROPERTIES  

OF ENAMEL AND DENTIN 
 

3.1 Introduction  

Biomimetic models uniting two 

dissimilar materials frequently motivate 

considerable interest in the mechanical 

properties of the human tooth [3.1]. Enamel is 

a hard substance, offering excellent wear 

resistance, located on the outside of the tooth 

(Figure 3.1). However just below the enamel, 

is dentin, a tough and highly elastic, thus 

effective for allowing stress to dissipate within 

the tooth. Both dentin and enamel are composed of hydroxylapatite, protein, and water, 

which are arranged in a porous matrix. Mature enamel is composed of 96% 

hydroxylapatite and 1% protein by weight, while dentin is composed of 70% 

hydroxylapatite and 20% protein. [3.3] SEM images of enamel and dentin may highlight 

the clear boundary between the two materials, known as the dentin-enamel junction 

(DEJ) (Figure 3.2). This DEJ is a highly specialized interface, transferring force between 

two materials of distinct mechanical properties, offering toughness and crack deflection. 

Crack propagation across the DEJ into the dentin is typically fatal to the tooth [3.4] 

 
Figure 3.1: A schematic diagram of the 
components of a human tooth [3.2] 
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 3.1.1 Background 

The mechanical properties of 

dentin and enamel have been previously 

measured, as well as those across the DEJ 

[3.1, 3.6].  Variations in mechanical 

properties have been observed depending 

on the tooth type, tooth age, indent 

direction and environmental conditions 

[3.4-6].  

The reliability and longevity of a human tooth is controlled by many factors, 

including the mechanical properties of enamel and dentin and their composite structure. 

When these composite materials are subjected to dental treatments that alter the ratio of, 

or interface between hydroxylapatite and protein, the mechanical properties are also 

changed. Characterizing dentin and enamel will allow for the development of a better 

model to predict tooth response to altered environmental conditions, restorative materials, 

and preparation techniques and treatments used in dentistry.  

3.1.2 Objective of the Problem-Hypothesis 

Most previous studies of mechanical properties do not consider affects of 

sterilization treatment, do not use internal controls, nor follow manufacturer 

recommended instructions [1.7]. Previous studies of tooth structure by Finke et al. [3.8] 

and Hairul Nizam et al. [3.9] using nanoindentation have shown that external factors, 

such as exposure to soft drinks or 30% hydrogen peroxide [1.10], will change mechanical 

properties [3.11]. However, no work has yet measured the affects of increasingly popular 

 
 

Figure 3.2: An SEM image of enamel, 
dentin, and the DEJ. 
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dental treatments of common clinical dental treatment procedures, such as whitening, or 

preparation for restorative procedures. This investigation will characterize the effect of 

these treatments on elastic modulus hardness and tracking changes in protein content. 

Testing of teeth that have been subjected to autoclaving will permit comparison of 

mechanical property data values previously published in the literature. Characteristics of 

teeth that haven’t been subjected to sterilization procedures, i.e. autoclaving and chlorine 

treatments may be more representative of natural conditions, and those which are not 

autoclaved have more clinical application. Each sample was compared to a portion of the 

same tooth, minimizing the affects of external factors, such as age of tooth, type of tooth, 

and health of the donor. Additionally, data analysis was done with the Oliver-Pharr 

model, which was often used in previous studies. 

 
 
3.2 Experimental Procedures 

The Medical University of South Carolina provided extracted human teeth. These 

teeth were obtained during necessary extractions due to vertical cracking or caries. It 

should be noted that areas in the vicinity of defects were not tested in this research. 

Both whole and sliced teeth were stored in Hank’s Balanced Salt Solution (HBSS) 

prior to testing. Previous studies have shown that HBSS does not to affect the mechanical 

properties of teeth during long-term storage [3.1, 3.6-7, 3.12].  

Samples for nanomechanial testing are sensitive to storage and handling 

procedures. A significant loss of hardness was observed when samples were stored in the 

presence of the metal sample puck used for AFM testing. This was potentially due to 

breakdown of the hydroxylapatite matrix (Figure 3.6) [3.13]. Previous studies by 



 25 

Gustafason et al. indicated that calcified tissues are sensitive to mineral content [3.13]. 

Furthermore, Habelitz et al. showed that storage solution can create an electrical potential 

that will demineralize teeth and lead to softening [3.1]. Therefore, all the results reported 

here are those of teeth stored in HBSS and only mounted on pucks immediately prior to 

testing. 

 
Figure 3.3: An illustration of the significant loss of mechanical integrity accompanying 
long-term storage in HBSS while mounted to AFM puck.  

 

A subset of the teeth was disinfected using chlorine treatment and autoclaving, 

while others received neither sterilization treatment, Table 3.1. Treatments were applied 

to teeth following manufacturer recommended instructions (e.g., only the exterior surface 

of the teeth were treated). Changes in material properties were then monitored across the 

DEJ. Teeth were sectioned to allow for direct comparison, reducing variation due to prior 

condition of the tooth.  
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 Autoclaved Non-autoclaved 

Crest Whitestrips™ ✔ ✔ 

Opalescence™ ✔ ✔ 

UltraEtch™ ✔ ✔ 

 
Table 3.1:  Chart of environmental conditions to which samples were exposed prior 
mechanical testing. Three teeth were sterilized and received one of the dental treatments, 
Crest Whitestrips™, Opalescence™, or UltraEtch™. Three other teeth were not sterilized 
but did receive one of the three dental treatments.  
 

3.2.1 Sample Preparation 

The teeth were briefly air dried, then subjected to one of three surface treatments 

groups Table 3.1. Prior to sample preparation, each tooth was divided in half, with one 

half of the tooth receiving treatment, while the other half served as a matched control. 

Sample treatment and preparation is outlined in Figure 3.4 A and B. As directed by the 

manufacturer’s instructions, one group was treated with 35% phosphoric acid 

(UltraEtch™) for 30 seconds, the second group was coated with 20% carbamide peroxide 

(Opalescence™) and wrapped in Parafilm™ for one hour, the third group was wrapped in 

Crest Whitestrips™ Premium, 10% hydrogen peroxide, for 30 minutes.  
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A  

          B          

Figure 3.4: A flowchart of the tooth sample treatment (A) and preparation process (B).  

 

After each treatment, the teeth were rinsed with water.  The teeth were then 

embedded in Caroplastic™, a non-infiltrating polyester resin, to allow for easier handling 

during polishing. Caroplastic™ does not alter the mechanical properties of the sample 
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[3.14].  After the manufacturer recommended curing time of approximately 24 hours, the 

teeth were sliced with a 0.8mm thick diamond saw into ~2mm sections. Each slice was 

prepared according to a previously established method for nanoindentation of teeth [3.7]. 

Polishing was done with silicon carbide paper (Buehler) in the following progression:  

400 grit for 1 minute, 500 grit for 5 minutes, 600 grit for 8 minutes and 5µm polishing 

paper (K4000 from Exakt) for 10 minutes.  Then the slices were fine polished with 

0.05µm alumina slurry for 30 minutes [3.7].  Between each polishing step, the slices were 

ultrasonically cleaned in deionized water for 10 seconds [3.7].  A short ultrasonic time 

was necessary to remove residual particles from the polishing. Polishing reduced the 

depth of the section that may have been subjected to thermal damage from slicing 

sufficiently so that undamaged areas analyzed during testing. 

Each sample was then mounted such that the untreated and treated pairs reflected 

similar orientation to control the effects of tubule direction. Consistency in sample 

preparation was critical, particularly regarding slicing direction and tubule alignment. 

This internal comparison minimized the effect of preexisting condition of the sample. 

[3.10]. Each tooth was optically imaged to ensure that there were no features that might 

not be an ideal representation of enamel or dentin and to achieve consistent testing 

location between a sample and it’s respective control (Figure 3.5). Samples with apparent 

cracks, cavities, fillings, etc. were eliminated from the study.  
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Figure 3.5: An optical image of sliced tooth allows for more consistent indent area 
selection. When possible, distinct features were identified to serve as a reference location 
for aligning the sample in the nanoindenter. Thus improving uniformity of tubule direction 
between samples.  
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3.2.2 Sample Characterization 

Initial studies using 

backscatter SEM revealed that 

extended ultrasonic times disturbed 

the mineral structure, specifically, 

resulting in a collapse of tubule 

(Figure 3.7). Habelitz [3.5] made 

mention of a similar finding, noting 

that ultrasonication longer than 30 

seconds may alter the surface 

enamel’s mechanical behavior. 

Ultrasonic cleaning for 10 seconds 

was sufficient to remove polishing 

particles while not disrupting dental 

structure and properties. The tooth slices were easily broken free from the Caroplastic™ 

after polishing.  Finally, each slice was etched with 0.005 mol% citric acid for 5 seconds, 

and then rinsed with deionized water.  The tooth slices were stored in HBSS until 

mechanical testing.  

Characterization of the effects of the whitening agents and phosphoric acid 

etching was accomplished by nanoindentation, atomic force microscopy (AFM), optical 

imaging, fluorescent microscopy, scanning electron microscopy (SEM), and Fourier 

A  
                        

      B   
Figure 3.6: Backscatter SEM images of dentin 
(A) and enamel (B) that has been subjected to 1 
minute of ultrasonic cleaning. There seems to be 
a loss of integrity of the dentin tubules. 



 31 

transform infrared spectroscopy (FTIR).  These techniques were discussed in greater 

detail in Chapter 2. 

3.2.3 Mechanical Properties 

Nanoindentation was performed using a Hysitron™ quasi-static transducer with a 

modified Veeco Multimode™ AFM.  The indentations transected the DEJ, as shown in 

Figure 3.7, with a 2 micron 90° conical, diamond tip, similar to the tip used in previous 

nanoindentation of teeth [3.15].  Each indent was performed under a constant loading rate 

of 1200µN/sec with 10µm spacing between indents to prevent effects of plastic 

deformation of previous indentations. A hold segment was enforced to allow for creep 

relaxation, which may occur in soft, biological samples.  

 
 
 
 
Figure 3.7: An AFM image of the indentation pattern, moving from the dentin across the 
DEJ and into the enamel.  
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3.2.4 Roughness 

AFM was performed on tooth slices before and after etching and whitening 

treatments with and without polishing to verify that indentation depth was sufficient to 

overcome affects of surface roughness. Contact AFM with a Veeco™ NP non-conductive 

silicon nitride tip was used to map out the topography of the DEJ and images were 

analyzed to determine RMS roughness of untreated samples and those treated with 

Opalescence™ or UltraEtch™.  

3.2.5 Composition 

Chemical characterization was done to establish a correlation between the 

mechanical properties and composition. Samples were treated and prepared as described 

in Table 3.2.  FTIR was employed to further analyze apparent changes in composition. 

The exteriors of autoclaved teeth were treated with Crest Whitestrips™, Opalescence™ 

or UltraEtch™ according to the package directions, or left untreated. Dentin was 

separated from the enamel, formed into potassium bromide pellets then analyzed by IR 

spectroscopy under dry nitrogen.  

Fluorescence microscopy was used to image the protein content of teeth with 

exposure to Crest Whitestrips™, Opalescence™ or UltraEtch™. The most abundant 

protein in teeth is Type I collagen, which autofluoreses at approximately 550 nm when 

excited in the 470–490 nm wavelength [3.14-15]. Four teeth were prepared for examining 

autofluorescence. The exteriors of three autoclaved teeth were treated according to the 

manufacturer recommended directions and one was left untreated. The samples were then 

sliced longitudinally into 2mm sections.  
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Tooth Treatment FTIR Autofluorescence Monoclonal Anti-collagen  

No Tr  No treatment ✔ ✔ ✔ 

Autoclaving & Crest Whitestrips™ ✔ ✔  

Autoclaving & Opalescence™ ✔   

Autoclaving & UltraEtch™ ✔ ✔  

Crest Whitestrips™ of ½ tooth   ✔ 

Opalescence™ of ½ tooth   ✔ 

UltraEtch™ of ½ tooth   ✔ 

Autoclaved as whole tooth   ✔ 

Autoclaved as whole tooth and 
secondary autoclaving after slicing 

  ✔ 

Hydrogen peroxide treatment of ½ tooth   ✔ 

Table 3.2: Chart of preparation methods for compositional testing. Three teeth were 
sterilized and received one of the dental treatments, Crest Whitestrips™, Opalescence™, 
or UltraEtch™. Three teeth were not sterilized but did receive one of the three dental 
treatments. One tooth was autoclaved prior to slicing. One tooth was autoclaved prior to 
slice and again after slicing. One tooth was treated with hydrogen peroxide. 
 

To further clarify is there was a loss of collagen Type 1 with treatment, it was 

useful to use fluorescence microscopy for samples stained with monoclonal anti-collagen 

Type 1. An additional batch of teeth was prepared. Non-autoclaved teeth were bisected, 

with half treated with Crest Whitestrips™, Opalescence™, or UltraEtch™, while the 

other half of each tooth was untreated. To further isolate the effect of hydrogen peroxide, 

the active ingredient in Crest Whitestrips™, a slice of a non-autoclaved tooth was soaked 

in 3% hydrogen peroxide for 30 minutes. Additionally, one tooth that had been 

autoclaved prior to slicing, and one tooth that had been autoclaved both prior to slicing 
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and after slicing were stained to evaluate the affect of autoclaving on chemical 

composition. Rhodamine was elected as a secondary antibody to distinguish between 

selective binding and the autofluorescence of collagen in the green spectrum. These 

observations further characterized dental proteins’ response to whitening and etching.  

 

3.3 Results and Discussion 

Variation of hardness and elastic modulus within both the enamel and dentin of 

different teeth was investigated by means of quasi-static nanoindentation. 

Nanoindentation data were analyzed according to the Oliver-Pharr model, as described in 

Chapter 2, which assumes that there is no pile-up of material around the indent. 

Preliminary tests indicated that the respective load for nanoindentation of dentin and 

enamel yielded no noticeable pile-up, Figure 3.8 A and B. 

 
Figure 3.8: AFM images of nanoindentation into enamel with a Berkovich tip (A) and 
dentin with a conical tip (B) indication the absence of pile-up. 

 

 The Oliver-Pharr Model also assumes homogeneous deformation in the area 

below the indenter tip [3.18]. Enamel and dentin have tubules which are oriented 
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approximately perpendicular to the direction of indentation. However, the small size of 

the indent relative to the inter-tubule spacing validated the assumption of homogeneity. A 

topographical image of the area around the indentation area was obtained prior to 

indentation, and efforts were made to avoid indentation into a pore or void to prevent 

breaking the indenter tip and allow the sample to be treated as a uniform material. The 

maximum area of contact, Ac max was calculated to be approximately 2.5µm2 according to 

the average dentin indentation depth, at which the tip is assumed to be spherical. The 

deformation zone is 2-3 times Ac, small relative to the spacing between pores, ~50µm2 

[3.7] [3.19]. Thus, the modulus and hardness represent those of the hard material between 

the pores, and will not be affect by the presence of pores located away from the 

indentation area.  
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3.3.1 Mechanical Properties of 

Autoclaved Samples 

For the untreated group, subjected to 

autoclaving, the average elastic modulus of 

dentin was 31.63±6.58 GPa and enamel was 

111.71±16.02 GPa (Figure 3.9).  The 

hardness value for dentin was found to be 

0.99±0.30 GPa and that of enamel was 

4.35±0.38 GPa, Figure 3.10. These values 

are consistent with those of previously 

published studies, in which elastic modulus 

of enamel was found to be 70-120 GPa [3.6] 

and hardness is 3-6 GPa, [3.10-11, 3.20-25], 

while the elastic modulus of dentin was 

reported to be 16-37 GPa with hardness of 

0.74-1.09 GPa [3.26-33]. Untreated teeth 

exhibit similar trends in elastic modulus and 

hardness across the DEJ, though there is 

fluctuation among teeth, possibly due to age 

of tooth, location of tooth, or type of tooth 

[3.22]. To account for these variations, each 

 
 
 
 
 

 
Figure 3.9: An illustration of the general trend and 
variation among the elastic moduli of untreated 
teeth. 
 
 

 
Figure 3.10: An illustration of the general trend 
and variation among the hardness of untreated 
teeth. 
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test was conducted on a single tooth that was sectioned to allow for comparison of 

treatment and control. 

The enamel and dentin elastic modulus and hardness of teeth treated with the 

Crest Whitestrips™ were significantly increased (p=3.3E-4, p=9.8E-6, p=4.3E-4 and 

p=9.8E-6 respectively), as highlighted in Figure 3.11-14.  

Whitening of autoclaved teeth due to Opalescence™ decreases modulus of dentin 

(p=0.0079) but has no significant effect on enamel (p=0.308>0.05), though only the 

exterior enamel was treated. Treatment with Opalescence™ also resulted in a decrease in 

the hardness of dentin (p=6.9E-3).  

Etching with UltraEtch™, 35% phosphoric acid, did significantly decrease the 

modulus and hardness of enamel (p=1.4E-3, p=0.14E-2 and p=2.0E-3) and the modulus 

of dentin, but did not significantly change the hardness of dentin (p=0.132) for 

autoclaved teeth. 

3.3.2 Mechanical Properties of Non-autoclaved Samples 

Teeth that did not receive the autoclaving and chlorine sterilization demonstrated 

lower elastic modulus and hardness. Treatment of non-autoclaved teeth with Crest 

Whitestrips™ resulted in a significant decrease in the elastic modulus and hardness of 

enamel (p=5.8E-3 and p=4.9E-3) and increase in that of dentin (p=4.7E-2). Treatment of 

non-autoclaved teeth with Opalescence™, (Figure 3.11-14), resulted in a decrease in 

elastic modulus of the dentin (p=1.3E-2), though the hardness of dentin, as well as 

hardness and modulus of enamel remained unchanged (p=0.461, p=0.406, and p=0.168 

respectively). Treatment of non-autoclaved teeth with UltraEtch™ resulted in a decrease 
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of modulus and hardness of dentin (p=1.0E-3 and p=3.4E-3) and enamel (p=1.2E-6 and 

p=1.8E-2), as evident in Figure 3.11-14. 

The changes in hardness and modulus with treatments may be the result of a 

combination of the protein loss, apparent in Figure 3.16, and the effect of fluoride, an 

additive in Crest Whitestrips™, suspected to offset the effects of the peroxide.  The 

phosphoric acid, which was applied for only 30 seconds, may not have penetrated to the 

dentin, which could explain the more pronounced decreased hardness of enamel, relative 

to the dentin (Figure 3.13 A). FTIR may be used to further investigate this theory by 

monitoring the rate and extent of etchant penetration into the tooth.  
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Figure 3.11: A direct comparison of the elastic modulus of fresh teeth and those that have 
been autoclaved, upon treatment with common dental agents. Autoclaving tended to 
increase the elastic modulus of enamel and dentin. Crest Whitestrips™ treatment of 
autoclaved teeth increased the modulus of dentin and enamel. Opalescence™ treatment 
of autoclaved teeth didn’t significantly change the modulus. Treatment of autoclaved 
teeth with UltraEtch™ reduced the modulus of enamel and dentin. Crest Whitestrips™ 
treatment of non-autoclaved teeth increased the elastic modulus of dentin and decreases 
the elastic modulus of enamel. Opalescence™ treatment decreased the modulus of dentin. 
UltraEtch™ treatment decreased the elastic modulus of dentin and enamel of non-
autoclaved teeth.    
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Figure 3.12: The observed the percentage changes in elastic modulus with each treatment.  
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Figure 3.13: A direct comparison of the hardness of fresh teeth and those that have been 
autoclaved, upon treatment with common dental agents. Autoclaving tended to increase 
the hardness of dentin and enamel. Autoclaved teeth treated with Crest Whitestrips™ 
showed an increase in the hardness of dentin and enamel. Those treated with 
Opalescence™ showed a decrease in hardness of dentin. Autoclaved teeth treated with 
UltraEtch™ demonstrated a reduction in the hardness of enamel. Non-autoclaved teeth 
demonstrated a decrease in hardness of enamel and an increase in the hardness of dentin 
with Crest Whitestrips™ treatment. Opalescence™ treatment didn’t change hardness 
significantly. UltraEtch™ treatment decreases the hardness of enamel and dentin.   
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Figure 3.14: The observed the percentage changes in hardness with each treatment. 
 

3.3.3 Roughness 

AFM was used to determine the roughness of dentin and enamel before and after 

treatment with UltraEtch™. AFM revealed that RMS roughness of enamel increased 

from 12.97±7.34 nm to 342.92±106.95 nm and dentin increased from 21.10±9.95nm to 

165.99±70.86nm due to etching with 35% phosphoric acid (p<<0.01, Student’s t-test). 

These initial values are comparable to those published [3.10], and the trend of change 

with treatment is as predicted, based on treatments with lesser concentrations and similar 

application of phosphoric acid [3.31]. 

AFM was also used to determine the effect of treatment with Opalescence™ 

(Figure 3.15 B) on dentin and enamel. AFM indicated that whitening with Opalescence™ 

did not significantly change the RMS roughness of enamel (p=0.057>, Student’s t-test), 
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but did significantly increase the RMS roughness of dentin from 16.93±5.12nm to 

22.06±5.98nm (p=4.2E-7, Student’s t-test).  

A  

            B   
Figure 3.15: A comparison of RMS roughness of untreated tooth versus an UltraEtch™ 
treated tooth (A) and an versus an untreated tooth Opalescence™ whitened tooth (B) over 
an 80µm x 80µm area. 
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3.3.5 Composition 

Fluorescence microscopy 

indicated a reduction in the protein 

concentration of teeth subjected to 

various treatments. Protein 

concentration was further investigated 

by means of Fourier transform infrared 

spectroscopy, Figure 3.16. FTIR has 

been used for comparing protein levels 

in natural and deproteinated dentin and 

enamel [3.30] [3.31], and may be indicative of the effect of dental treatments on teeth 

Analysis of IR spectra of dentin revealed notable changes in amide bonds with dental 

treatments, thus indicating a possible loss of protein with treatment. However, further 

research is necessary to investigate the denaturing of proteins that may be apparent in 

altered absorbance at other wavelengths.  

Florescence microscopy in the green spectrum showed a loss of collagen in teeth 

that were treated with Crest Whitestrips™ and UltraEtch™ compared with those that 

were not treated. Figure 3.17 shows loss of fluorescence along the DEJ with Crest 

Whitestrips™ treatment and a loss of fluorescence within the dentin with UltraEtch™ 

treatment. Denatured collagen may also autofluorese. 

 
Figure 3.16: An FTIR spectra of teeth subjected 
to various treatments indicates a reduction of 
phosphate and carbonate, and amide bonds, 
further suggesting a loss of protein with 
treatments  
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Figure 3.17: A collection of florescent microscopy images of an untreated tooth, a tooth 
treated with Crest Whitestrips™, and a tooth treated with UltraEtch™. There appears to 
be a loss of fluorescence along the DEJ with Crest Whitestrips™ treatment and a loss of 
fluorescence within the dentin with UltraEtch™ treatment.  

 

Florescence staining of intact collagen type 1 with monoclonal anti-collagen Type 

1 indicated the presence of proteins in Figure 3.18, highlighting the apparent overall loss 

of collagen and increased definition of DEJ, which accompanies treatment with Crest 

Whitestrips™ (Figure 3.18 B). There is a loss of collagen in the outer enamel of teeth 

treated with Opalescence™ (Figure 3.18 D). There is also a noticeable loss of collagen in 

the dentin and enamel and increase definition of the DEJ in those teeth that have been 

etched with 35% phosphoric acid (Figure 3.18 F). An overall loss of florescence was 

observed with hydrogen peroxide, the active ingredient in Crest Whitestrips™, treatment 

(Figure 3.18 I). The secondary autoclaving causes an additional overall loss of 
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florescence and increased definition along the DEJ (Figure 3.18 J and K). This lack of 

protein is most obvious on the surface of the enamel teeth dental treatment.  
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(Continued from previous page) 

 

       
Figure 3.18: A collection of florescent microscopy images of teeth treated with Crest 
Whitestrips™ (Figure B), Opalescence™ (Figure D), UltraEtch™ (Figure F), as well as 
the untreated portions of the same teeth (Figure A, C, and E respectively). Figure H 
shows a florescent image of a tooth treated with hydrogen peroxide, and the 
corresponding untreated tooth, Figure G. Also shown is a tooth subjected to autoclaving 
as a whole tooth, Figure I, and a tooth subjected to an additional autoclaving after slicing, 
Figure J. 
 

3.4 Conclusion: 

Development of a standard testing technique is warranted for tooth preparation 

(enamel and dentin), storage and testing. Autoclaving was generally found to increase the 

elastic modulus and hardness of teeth. Although only surface of each tooth was treated, 

changes were noted in both the enamel and dentin.  Whitening due to Crest Whitestrips™ 

increases elastic modulus and hardness of enamel and dentin of autoclaved teeth.  
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Whitening due to Opalescence™ decreases hardness of dentin but has no significant 

effect on enamel of autoclaved teeth.  UltraEtch™ significantly decreases elastic modulus 

and hardness of enamel and decreases the elastic modulus of dentin of autoclaved teeth. 

Treatment of non-autoclaved teeth with Crest Whitestrips™ resulted in a significant 

decrease in the modulus and hardness of enamel and increase in the hardness and 

modulus of dentin. Treatment of non-autoclaved teeth with Opalescence™ resulted in a 

decrease in dentin elastic modulus. Treatment of non-autoclaved teeth with UltraEtch™ 

resulted in a significant decrease in modulus and hardness of enamel and dentin. Changes 

in mechanical properties of teeth may be due in part to the loss of protein, evident with 

optical imaging, fluorescent microscopy, and FTIR.  

 

3.5 Future Work 

With a new understanding of tooth response to environmental conditions during 

common dental treatment, it is possible to develop a synthetic dental material that will 

respond more like natural tooth. Uniformity across the biological material/synthetic 

material interface will promote effective transfer of forces when subjected to the forces of 

mastication.  

Additionally, research is underway, as described in Appendix B, to establish the 

dental pulp cell response to substrate topography. Consideration of surface features and 

replication of natural mechanical properties may allow for optimal bioresponse, 

improving the design of biomaterials for cranial reconstruction.  
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CHAPTER FOUR 

MAPPING OF CHARGES ALONG THE SURFACE OF WOOL FIBERS  
 

4.1 Introduction 

Sheep wool offers unique 

advantages for use in high-

performance and multi-climate 

apparel, bedding and carpets, as well 

as medical garments [4.1]. The fiber 

is durable, inherently antimicrobial, 

and offers superior temperature 

regulation, moisture wicking and breathability.  

Wool structure is complex, as shown in Figure 4.1, with heterogeneous 

composition of proteins, primarily, and lipids [4.3]. These fibers have spindle shaped 

cortical scales, which are staggered along the fiber length as shown in Figure 4.2. In 

woven fabrics, these scales result in the ratcheting effect observed during agitation [4.4].  

The overall surface charge of wool fibers is established and frequently considered 

in the development of dyes. Additionally the amino acid components of wool fibers have 

been determined by protein assays, x-ray photoelectron spectroscopy, and Fourier 

transform Raman spectroscopy [4.5-8]. However, the arrangement of these amino acids 

along the surface has not been previously determined. More clarification of the charge 

distribution on the surface of wool fiber will improve processing and treatments. 

 
Figure 4.1: A schematic diagram of a wool fiber 
showing its heterogeneous structure [4.2].  
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4.1.1 Objective  

The objective for this project was to 

determine the distribution of amino acids 

along the wool fibers. At a pH of 6, 

comparable to the pH at which the 

experiments in this paper were carried out, the 

zeta potential for the wool fibers was found to 

be -24 mV [4.9].  This indicates a slightly 

negative charge over the entire surface of the 

wool [4.10].  

 The functional groups of several of 

the amino acids in wool are charged. 

Negatively charged groups include aspartic and glutamic acids, while positively charged 

groups include lysine and arginine.  Also, cysteine is present in significant quantities in 

wool fibers, and may also be distinguishable with the detection of sulfhydryl group 

interactions.  

This study mapped the amino acid distribution on wool fiber surfaces with respect 

to topographical features using chemically specific high-resolution [4.9-16]. Atomic 

Force Microscopy has previously demonstrated adequate force sensitivity in an 

electrolytic fluid to permit the measurement of electrostatic interactions between the tip 

and the sample [4.10].  Force measurements differentiated between types of amino acids 

based on charge interactions between the wool fiber surface and the AFM tip, with 

nanometer resolution. Measurements were also acquired under elevated pH to more 

 

Figure 4.2: An illustration of scales 
along a merino wool fiber, shown to 
occur at regular intervals in this SEM 
image.  The scale ridges are 
approximately 500nm in height and 
each scale is spaced around 20 µm 
apart.  
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specifically distinguish the force contribution of particular types of amino acids. 

Observation of the binding sites of nanoparticles targeting specific chemical groups was 

used to verify the results of the AFM investigation. 

 

4.2 Materials and Experimental Plan 

4.2.1 Tip Preparation and Force-Distance Experiments 

Merino wool fibers were scoured according to standard industrial procedures and 

mounted onto Atomic Force Microscope (AFM) pucks with cyanoacrylate epoxy. The 

samples were then were placed in 0.0015M phosphate buffer solution within the fluid cell 

of a Dimension 3100 Veeco AFM. A total of twenty fibers were prepared, with each 

experiment performed on a unique scale.  

High resolution force spectroscopy experiments were performed using Au-coated 

Si3N5 cantilevers (Veeco Probes, nominal k~0.12N/m and Rtip~50nm) that were 

chemically functionalized with a self assembled monolayer (SAM) of 10mM 11-

mercaptoundecanoic acid to create negatively charged carboxyl-terminated, 10mM 11-

Amino-1-undecanethiol to create positively charged amine-terminated probes, or 100mM 

dithiolthreitol (DTT) to create sulfur sensitive probes. Probes were then rinsed with and 

stored in ethanol. Tips were rinsed with 0.15M Phosphate Buffered Saline (PBS) 

immediately prior to use. 

20µm x 5µm contact-mode imaging scans with constant displacement velocity of 

1 mm/sec were used to image the fiber morphology. Using the “Point and Shoot” feature 

of Veeco Nanoscope™ v6 controller software, normal force versus tip-sample separation 

distance was measured every 250 nm in an evenly spaced 5µm x 5µm grid centered over 
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the scale edge.  Three individual approach curves were taken at each grid location to 

obtain a representative average value for the charge at that location. This gave 1,200 

force-distance curves per scale for each of the 20 scales analyzed. The spring constant for 

each cantilever was measured using the thermal tune feature of the Veeco Nanoscope™ 

software. The radii of representative AFM probes were determined using SEM. The mean 

radius was assumed to be consistent for all AFM probes in the research.  

4.2.2 Estimation of Surface Charge Density from Carboxyl/Amine/Sulfide Force-
Distance Curves 

 
The force-distance curves were analyzed using the linearized Poisson-Boltzmann 

equation with constant charge boundary [4.9-11] to determine the electrostatic 

interactions on the wool surface, Figure 4.3. 

 
Figure 4.3: An example of a normal force between the NH2

+ terminated SAM probe tip 
and wool fiber surface in a 0.0015M phosphate buffer solution, as a function of separation 
distance between the probe tip and fiber.  
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Using the linearized Poisson-Boltzmann theory, the electrostatic force, F, 

calculated between the hemispherical tip and the wool surface has the form [4.10-11]: 

€ 

F =
4πσ tipσwool

ε κ
e−κD      4.1 

where swool is the charge density on the wool, stip is the charge density of the tip, ε is the 

permittivity of the fluid (6.923×10-10 C2/Nm2), κ-1 is the Debye length, and D is the tip-

sample separation distance. From previous experiments on self-assembled monolayer 

coated control substrates, the surface charge densities of the carboxyl-terminated and 

amino-terminated tips were estimated to be -0.01 C/m2 and +0.02 C/m2 respectively 

[4.10-11].  The Debye length at 0.0015M NaCl; therefore, force-distance curves were fit 

for distances between 8 nm and 40 nm to minimize any short range non-electrostatic 

components of the interaction (including van der Waals forces) [4.17-19]. 

The charge interaction between the tip and sample is most clearly defined with the 

analysis of the force curves of like charges. A detection of negatively charged functional 

groups was possible by analyzing the approach curves of a charge map produced with a 

carboxylated probe. Likewise, detection of positively charged functional groups is 

possible with the analysis of approach curves of charge plots of an amino terminated 

probe. The adhesion corresponding to DTT functionalized probe force curves were 

indicative of disulfide bonding between the thiol of the DTT and a thiol of cysteine. 

The application of the Poisson-Boltzmann equation does stretch the assumptions 

of the linearized model due to the low ionic strengths and small size of the tip [4.12]. 

However, since the goal of this study was to understand the trends in the distribution of 

charge over the surface of the fibers rather than the exact magnitude, the linearized PB 
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equation was used to minimize computation time on the 24,000 individual force curves 

analyzed.  

4.2.3 Effect of Elevated pH on Amino Acid Charges 

 Evaluation the effect of pH on surface forces was considered in order to further 

distinguish locations of specific amino acids. By altering pH to such a value that only one 

amino acid remains significantly protonated, it is possible to distinguish to contribution 

of that specific functional group. For this process, the pH was elevated to the third pKa of 

arginine, 12.48 [4.20], well above the pKas of the other amino acids. 

The previously described surface charge measurements by force spectroscopy and 

analysis with the PB equation were repeated on five scale with a 11-Amino-1-

undecanethiol functionalized probe, replacing the PBS with ~12.48 pH NaOH, with a 

Debye length of ~8 nm. Since measurements were taken near the pKa of arginine, it was 

necessary to double the magnitude of the force charges for comparison to the charge 

density pH 7, at which arginine is fully proteinated. The tip charge was calculated 

according to Equation 4.2: 

€ 

σ tip( pH=12.4 ) =σ tip(pH= 7)10
pH
pKa       4.2 

where the surface pKa of the SAM is equal to 5. [4.21].  

4.2.4 Labeling of carboxyl and amine groups with gold nanoparticles 

 To confirm results of the AFM charge mapping, gold nanoparticles were 

functionalized to attach to either the carboxyl, amine, or sulfur groups on the wool fiber. 

These labeled fibers were then imaged by backscatter SEM. 
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 James Chow, a collaborating Clemson University Bioengineering student, 

developed the nanoparticle functionalization procedure and applied the DTT and 

carboxylated nanoparticles. Gold nanoparticles (Sigma, 20nm diameter) were 

functionalized with carboxyl groups using 10mM 11-mercaptoundecanoic acid or amino 

groups using 10mM 11-Amino-1-undecanethiol. The carboxylated and amino-

functionalized nanoparticles were then treated with 1-ethyl-3-(3-dimethylaminopropyl) 

carbodiimide (EDC) hydrochloride and N-hydroxysulfosuccinimide (sulfo-NHS) and 

allowed time to react on cleaned wool fibers.  Carboxyl terminated particles were then 

bound to the negatively charged functional groups on the wool surface while, in separate 

samples, amine-terminated particles were bound to the positively charged functional 

groups on the wool surface.  

 To identify sulfur atoms, a 100mM dithiolthreitol (DTT) solution was prepared. 

The DTT mixture was poured over wool and allowed to incubate for 2 hours at 37ºC. A 

gold nanoparticle solution was then poured over the wool samples and stored at cool 

temperature.  

 All treated wool fibers were dried, sputter coated with a thin coating of platinum 

(approximately 4 Å), and placed in a Hitachi S4800 Ultra High Resolution Field 

Emission SEM for backscatter electron (BSE) imaging. Due to the high atomic number of 

gold, relative to the background wool composition, the gold nanoparticles are easily 

identified, as they appear much brighter than their surroundings when viewed with the 

backscatter detector. 

 

 



 57 

4.3 Results and Discussion 

Topography of fiber scales was measured by contact mode AFM and showed that 

wool scales had curved ridges.  The scales were fairly consistent in their morphology; 

they were found to be 565 +/- 124 nm in height and about 20mm long. 

 The surface charge of the wool fiber calculated using the NH2
+ functionalized tip 

measuring the repulsion, Figure 4.4. The data were compiled to show the placement of 

positive-charged moieties on the fiber surface as a function of the fiber topography. 

Within 3µm of the scale edge, the average surface charge density due to the amine groups 

was estimated to be 0.0055 +/- 0.0012 C/m2, Figure 4.4.  Although there is variation in 

the measured surface charge density, clear trends were observed. As shown in Figure 4.5 

for a sample scale, there were more positive charge groups with 0.5 micron on either side 

of the edge of the scale than further away. 

 
Figure 4.4: The average of surface charge per unit area from the HRFS data on five 
different scales using NH2

+ SAM.  The distance from the scale edge is normalized so that 
0 is the middle of scale ridge.   
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Figure 4.5: A contact mode AFM height image of a single representative merino wool 
fiber scale (A).  The overlaid square shows the specific location probed with high-
resolution force spectroscopy (HRFS). The corresponding charge map calculated from 
the HRFS data measured with the positively charged probe tip (B). Averaged surface 
charge density as a function of distance to the edge of the scale calculated from the 
charge map for a single scale. The distance from the scale edge was calculated so that the 
mid-point of the scale ridge was taken as 0. Positive charge areas are located closer to the 
edge of the scale (C). 
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There is an apparent trend in the 

averaged positive charge data over all scales 

(Figure 4.4); although the standard deviation is 

large due to variance between fibers, the 

average charge due to positive groups at 

distances greater than 2 microns from the edge 

of the scale was significantly lower than that 

within 1 micron from the edge (p = 0.019, 

paired t-test).  This indicates that there is a high 

concentration of either lysine or arginine near 

the scale edge.  This non-uniform distribution of 

primary amine groups (lysine and arginine) near 

the scale edge was further confirmed by the 

SEM images of nanoparticle functionalized wool fibers. As shown in Figure 4.6, the 

backscatter SEM revealed that although some nanoparticles were attached in the middle 

of the scales, the nanoparticles were predominantly found near scale edges. 

The estimated negative surface charge measured from the COO- functionalized tip 

force curves, Figure 4.7, indicates where there are negative charge moieties distributed 

somewhat evenly on the fiber surface. It also shows that these are not located 

preferentially along the scale ridge, Figure 4.8. This would indicate an evenly spaced 

distribution of aspartic or glutamic acids along the surface. In addition, the average 

surface charge density due to negative charged groups was -0.011 +/- 0.0059 C/m2. This 

uniform distribution of acidic carboxyl groups was further confirmed by the backscatter 

A  
 

B  
Figure 4.6: Backscatter SEM images of 
wool fibers with gold nanoparticles 
bound to Lysine and Arginine residues 
(A). Particles were found near scale 
edges (B). 
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EM images of the gold labeled wool. As shown in Figure 4.9, the gold particles 

functionalized to attach to the carboxyl groups clusters were uniformly distributed over 

the wool fibers. In addition, the density of particles is higher in these images (Figure 4.8) 

than the images of the particles bound to amine residues. This further confirms that the 

net surface charge is negative. 

 
Figure 4.7: A contact mode AFM height image of a merino wool fiber scale (A).  The 
overlaid square shows the specific location probed with high-resolution force 
spectroscopy (HRFS). The absolute value of the corresponding charge map calculated 
from the HRFS data measured with the negatively charged probe tip (B). This shows a 
random uniform distribution of negative charged areas over the surface of the scale edge. 
 

 
 

Figure 4.8: An approximation of the magnitude of the surface charge per unit area from 
the HRFS data across five scales using COO- SAM.  The distance from the scale edge is 
normalized so that 0 is the middle of the scale ridge.  This shows an even distribution of 
acidic amino acid groups across the wool fiber surface.  
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A B  
Figure 4.9: Backscatter SEM images of wool fibers with gold nanoparticles bound to 
glutamic acid and aspartic acid residues (A and B). 

 

Adhesion maps corresponding to DTT functionalized AFM probes provide no 

indication of a correlation between disulfide interactions and proximity to scale edges or 

other distinguishable topographical feature, Figure 4.10. Furthermore, clusters of DTT 

functionalized nanoparticles are randomly distributed and non-uniform, Figure 4.11. 
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4.10: A topography image (A) and corresponding adhesion map (B)  and plot of adhesion 
versus distance from the scale edge (C) measured with a DTT functinonalized AFM 
probe, showing uniform distribution of sulfur groups on the surface. 
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4.11: Backscatter SEM images of wool fibers with gold nanoparticles forming disulfide 
bonds to cysteine. 

 

The average net surface charge density over a scale was found to be about -

0.006C/m2. Zeta potential, ζ, can be estimated from a charge density using the linearized 

Poisson-Boltzmann formation. Briefly, ζ is the potential at the slip plane, which is 

approximately the potential one Debye length, κ-1, away from the surface. Since the 

potential decays exponentially away from the surface in the linear Poisson-Boltzmann 

formulation, the relationship between the surface charge density and the zeta potential is 

as previously described in Equation 4.1. Thus, a net average charge density over the 

surface of the wool fiber, -0.0055 C/m2, will translate to a measured zeta potential of -23 

mV, which is consistent with the previously published results on zeta potentials of -24 

mV [4.9].  

Force mapping at an elevated pH resulted in a slight loss of surface charge, Figure 

4.12, due to the deproteination of lysine and partial deproteination of arginine. However, 

there is a large reduction in the charge density just below the scale edge.  
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Figure 4.12: A plot of surface charge density versus distance from scale edge at pH 12.5 
(A) and pH 7 (B). 

 

4.4 Conclusion 

This study determined charge density using high-resolution force spectroscopy, 

which has previously demonstrated adequate force sensitivity in an electrolytic fluid to 

permit the measurement of electrostatic interactions between the tip and the sample 

[4.10]. AFM was used to identifying trends in charge affiliated with the scales on the 

surface of wool so that amino acids could be mapped. Using only a standard probe in a 

salt solution, the fiber surface shows different charge with varying location, which 

presumably correlates with different chemical composition.  

Mapping of specific charge groups using carboxyl (COO-), amino (NH2
+), and 

sulfur (DTT) functional groups indicate that although all scales have a net negative 

surface charge, there is variability between groups and certain scales seem to have more 

negatively charged groups on their surface than others. Negative charges seem uniformly 

distributed over the scale surface. The surface charge density is relatively high; on the 
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same order of magnitude as some self assembled monolayers [4.22]. This result likely 

correlates to a distribution of acidic amino acid residues. Since acidic, these AA residues 

can be only aspartic acid or glutamic acid. From the surface charge density 

measurements, the approximate density of acidic residues was estimated to be about 1 

group per 15 nm2 over the surface of the wool fiber.  

However, as observed in both the AFM and SEM data, the surface of the wool is 

not homogeneous in the density of acidic groups. Although there was no prevalence for 

acidic groups at the edge of the scales or other topographical feature the fibers, the acidic 

groups were always found in small clusters as seen in the AFM charge maps and in the 

clustering of nanoparticles in the SEM images. Mapping did reveal the presence of 

positively charged domains near the scale edges. This result would indicate a localized 

concentration of basic amino acids.  

When lysine is largely deprotonated at pH 12.5, only a slight reduction in charge 

density was observed, indicating that the primary constituent of wool scales is arginine, 

which is in agreement with previously published Raman Spectroscopy analysis of wool 

scale composition [4.8].  There is however a significant loss of charge just below the 

scale edge, indicating that perhaps lysine is the larger constituent at the base of the scale.  

DTT functionalized AFM probes were analyzed to yield adhesion maps, which 

show random binding of the tip to the wool surface. There is no correlation between thiol 

groups and proximity to scale edges. Furthermore, DTT functionalized nanoparticles are 

randomly distributed and non-uniform. This binding pattern is consistent with the 

prediction that thiol groups are randomly distributed along the surface of wool fibers.  
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Overall, the density of groups resulted in a net average negative charge over the 

surface of the fiber. These results are consistent with previous measurements of wool zeta 

potentials, which concluded that wool was more negatively charged. AFM and 

backscatter SEM results are in agreement that clusters of carboxyl acid groups and 

cysteine groups are uniformly distributed over the surface of wool fibers while amine 

groups, namely lysine, are concentrated near the edge of scales. 1 

 

                                                 
August 27, 2009: “Alteration of Dentin-Enamel Mechanical Properties Due to Common 
Dental Whitening and Etching Treatments" submitted for consideration for publication in 
Journal of the Mechanical Behavior of Biomedical Materials. 
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CHAPTER FIVE 

SUMMARY 

 This thesis characterizes the mechanical and chemical response of biological 

composite systems. Mechanical properties and chemical composition of human teeth 

were characterized by means of nanoindentation, FTIR and fluorescence microscopy. 

Chemical characterization of Merino wool fibers was done by high-resolution force 

spectroscopy. A better understanding of mechanical and chemical properties of naturally 

occurring systems will allow for prediction of bioresponse and optimize the engineering 

of synthetic biomaterials.  

Analysis of the mechanical properties of dentin and enamel with the Oliver-Pharr 

model indicated changes resulting from common dental treatments and preparation for 

restorative procedures. These changes are associated with alterations in chemical 

composition and structure. 

The surface chemistry of Merino wool fibers was analyzed to clarify the 

distribution of amino acids along the surface of wool fibers. Atomic force spectroscopy 

was used to detect positively charged, negatively charged, and sulfur functional groups 

on the surface and their relative proximity to surface features. SEM was used to verify 

AFM results by monitoring the binding locations of functionalized nanoparticles on wool 

surfaces.  
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APPENDIX A 

SENSITIVITY OF CELLS TO SUBSTRATE TOPOGRPAHY FOR 
APPLICATION TO CRANIAL RECONSTRUCTION 

 
A.1 Introduction  

Manipulating the surface topography of a biomedical device may induce atypical 

cell behavior, particularly in circumstances of long-term implantation [A.1]. The 

application of current analytical techniques, force spectroscopy and nanoindentation, in 

studies of ambiguous biological samples allow for the characterization of the cell 

response to mechanical and topographical traits of various surfaces. The investigation of 

dental pulp cells is unique and potentially revolutionary to the field of cranial 

reconstructive surgery. 

Background 

It is critical for the development of an accurate model of cell development and 

guidance, to determine cell preference and the effect substrate surface topography on 

biological response. Recent studies of stem cells bone marrow cells have demonstrated 

that surface structure control cell binding [A.2-4] as well as manipulate the large-scale 

cell adhesion and proliferation in vivo [A.5]. Compliance, chemistry, temperature, and 

roughness of substrate are among other surface properties factors that direct the 

bioresponse of the cells, as illustrated in Figure A.1  [A.3].  

This project is unique in the use of dental pulp cells, which are potentially 

applicable for cranial reconstruction. Dental pulp cells are naturally arranged in a 

hexagonal array of tubules [B.14]. Perhaps, direction of cells to adhere and replicate in 

such a fashion could profoundly advance dental restoration practices. With the conclusion 
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of this study, observations of trends in cell behavior may be applied to development of a 

model that will more accurately predict dental pulp cell position and response as a 

function of the substrate topographical structure.  

 

Figure A.1: A series of substrates with patterned regions of various moduli. Adherent 
cos-7 cells were cultured, in Gray fashion, on substrates with periodic patterns of varying 
stiffness, while the chemical environment was unchanged. Cells preferred growth on 
stiffer regions [A.3]. 

 

Though no attention has been given to the response of dental pulp cells to 

substrate properties, based on previously reported behavior of other types of cells, it is 

anticipated that dental pulp cells will preferentially adhere to specific surfaces. Cell 

proliferation will depend on the mechanical properties and surface characteristics of the 

substrate. The development of an accurate model to predict cell response, as a function of 

the substrate surface topography, will have biomedical benefits. Manipulating substrate 

surfaces may allow for the development of implant materials for cranial reconstruction, 

which manipulate cell adhesion and expedite the healing process.  
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 Objective of the Problem- Hypothesis 

This study will clarify the influence of surface structure found in thin film sensors 

used for biomedical applications [A.6-7].   The hypothesis of concern is that substrate 

topography could be used to manipulate dental pulp cell response. The sensitivity and 

preference of a cell can be evaluated by common surface sensing techniques.  

Topographical structures frequently investigated in previous studies of other cell 

types [A.8] include holes [A.9] continuous [A.10-12] and discontinuous grooves [A.13] 

of varying sizes. The aforementioned substrate designs, as well as novel designs, 

specifically honeycombs of various dimensions, will be investigated.  

 

4.2 Possible Experimental Plan 

This work involves the characterization of different silica substrates according to 

their surface roughness.  The first goal of this project is to use photolithography to 

construct a variety of specific surfaces on substrates.  A uniform gold coating will then be 

applied to ensure consistent surface chemistry, thus allowing for isolation of the effect of 

topography. Cells will then be deposited onto these substrates and monitored by SEM, 

AFM, and time-lapse contrast and fluorescent imaging. The background fluorescence of 

sputtered gold examined in preparation for this study, was found to be very low. Thus 

cell responses are expected to be readily identifiable. This work will allow for the 

determination of cell sensitivity and cells’ preferred surface structure and design of 

surfaces to initiate growth of certain cells and control cell migration and encourage 

selective cell proliferation.  
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Substrate Preparation Micro-construction of substrate surfaces 
will be accomplished primarily of 
photolithography, Figure A.2. 
Manufactured structures will include 
trough-like grooves, discontinuous 
grooves, holes, and hexagonal honeycomb 
structures of various diameters, as 
represented in Figure A.3. To isolate the 
effects of topography and ensure uniform 
surface chemistry, a~ 10nm gold coating 
will be applied.  

Substrate Characterization Characterization and sensing surface 
topography will be possible with Atomic 
Force Microscopy (AFM) and Scanning 
Electron Microscopy (SEM)[A.14]. 

Cell Preparation  
Cell Deposition  
Observation of Cell Behavior Monitoring of cell movement will also use 

AFM and SEM, as well as time-lapse phase 
contrast and fluorescent imaging of cell 
cultures [A.3]. 

 

 

 

Figure A.2: An illustration of the general photolithography procedure.  
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Figure A.3: A representative layout of a photolithography mask. 
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Figure A.4 Arrangement of feature on the photolithography mask. The features shown 
represent for 6um diameters. Masks will also be constructed with features of 12µm, 
25µm, and 50µm diameters.  
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APPENDIX B 

ADDITIONAL SEM IMAGES OF ENAMEL 
 

SEM was used to view untreated teeth and treated teeth at various magnifications 

in order to gather additional images regarding the tooth surface with regards to 

microscopic morphological change associated with treatment conditions.  

 
  

A  
 

B  
 
Figure B.1: SEM images of UltraEtch ™ treated tooth of enamel (A) and dentin (B) 
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