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ABSTRACT

Aims: Design and assembly of an inexpensive microfluidic PDMS chip for visual detection of cell
adhesion and biofilm formation.

Study Design: Three different styles of microchannels (2.6, 5.0, and 11.5 yl volumes) were
designed, fabricated and tested for adhesion and biofilm formation in a microfluidic system. The
pressure drop measurements system includes a bio-Ferrograph connected to the PDMS
microchannel via a syringe and a pressure transducer.

Methodology: Microfluidic chips were fabricated using Polydimethylsiloxane (PDMS) by means of
soft lithography. Different cell densities of E.coli K12 cells were introduced to investigate adhesion
and biofilm formation at different time intervals. Stabilization time and hydraulic resistance were
obtained via a Bio-Ferrograph connected to a pressure transducer.

*Corresponding author: E-mail: assemd@hotmail.com;
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Results: PDMS microfluidic volume (2.6 pl) failed to generate noticeable biofilm, while slight and
greatest yield occurred with PDMS microchannels (5.0, and 11.5 pl), respectively, and could detect
as low as 26 cells in 11.5 pl microchannel. As incubation time and/or initial cell density increases,
cell adhesion increased, illustrated by crystal violet color intensity. High stabilization time (3 h)
didn’'t allow for bacterial attachment and cultivation inside the microchannel (2.6 pl) while lower
stabilization time (10 min) yielded the highest capacity of cell adhesion in microchannel (11.5 pl).

Conclusions: We developed a microfluidic chip with low stabilization time and hydraulic
resistance, thus offering more volume for adhesion of bacterial cells and biofilm formation. It
allowed bacterial cultivation without any addition of nutrients. The microfluidic chip provides a
platform to monitor biofilm growth and can be integrated in situ investigations for biological
systems, food biotechnology and other industrial biotechnology applications. This would allow a
non-destructive and non-invasive monitoring of the biofilm-forming bacteria inside the PDMS
microfluidic chip. This work opens opportunities for further investigations of pressure drop
phenomena in microchannels that would otherwise go unnoticed in macro scale measurements.

Keywords: Microfluidic; biofilm-forming bacteria;, Escherichia coli; PDMS; bio-ferrograph; stabilization

time; hydraulic resistance.
1. INTRODUCTION

Bacteria can adhere to surfaces by excreting an
exopolysaccharide (EPS), which anchors them to
all kinds of materials, forming a biofilm [1]. These
bacterial biofilms can dramatically affect humans
[2]. Centers for Disease Control and Prevention
(CDC) estimate that 65% of human bacterial
infections involve biofilms [3]. Poor sanitation of
food contact surfaces, equipment, and
processing environments have been a
contributing factor in food borne disease
outbreaks. Foodborne pathogens are associated
with biofilms and responsible for many cases of
outbreaks, especially those involving Listeria
monocytogenes [4,5,6], Salmonella [7,8], and E.
coli O157:H7 [9,10]. Biofilms are not only implied
in a significant number of human bacterial
infections (food-borne disease and others), they
can also be formed inside the body, dramatically
increasing the bacterial resistance to antibiotics
[11]. Medical implants such as heart valves or
artificial joints are significantly affected by
biofilms. These device-related infections are very
difficult to clean because of the protection that
biofiims offer the bacteria [12]. Improperly
cleaned conduits in food processing,
pharmaceutical industry, and medical devices
may promote dirt buildup. In the presence of
water, this contributes to the development of
bacterial biofilms, which may contain pathogenic
microorganisms. Biofilms can also increase the
corrosion in the inner surface, reduce the heat
flow across the devices, or increase the fluid
frictional resistance at the surface [13]. Here the

biofims can greatly reduce the operating
efficiency and thus result in decreased
productivity as well as downtime and

replacement costs [14]. Dental Plaque is a good
example to show that biofilms are not merely
some cells in a sticky matrix. There are more
than 300 different bacterial species living in a
microbial community around a tooth [2]. Biofilm-
formation is influenced by cell surface properties
including the presence of capsules, fimbriae, and
cell surface hydrophobicity [14], which are based
on compounds associated with the outer
membrane, including lipopolysaccharides,
lipoproteins, lipoteichoic acid, and lipomannan.
Some bacteria can also excrete substances
before or after attachment, which increases
hydrophobicity of the cell surfaces [15]. Direct
detection and monitoring of pathogen-containing
biofiims play a major role in controlling the
spread of foodborne disease [16]. Numerous
methods  such as direct microscopic
enumeration, total viable count, metabolically
active dyes, radiochemistry, and fluorescence,
have been used to investigate microbial biofilms
[17,18]. Many of them require invasive sampling
and removal of biofilm material from a surface
because of its total biomass, microbial
composition, and biological interaction with
surfaces. The amount of biofilm that has to be
removed is often limited by the size of the
laboratory biofilm reactors. Therefore, non-
destructive and non-invasive detection
techniques to monitor biofilm accumulation and
activity are of major interest. Several approaches
have been developed to increase the
reproducibility of biofilms and to cultivate biofilms
under conditions of fluid flow [19]. Microfluidic
systems are becoming more important in modern
life sciences, diagnostics and therapeutics, and
in biomedical engineering [20]. Another device
employs hydrodynamic effects inside the



microchannel to encapsulate and sort cells [21].
Cell encapsulation allows for observation and
analysis of individual cells (e. g with drugs or
reagents) in an automated and swift manner.
Recent trends in cell biology emphasize single-
cell studies in micro technologies raising the
hope for dramatic breakthroughs in this field [22].
Microfluidic devices are continuously being
developed for many different applications:
Clinical, DNA, and proteomics analyses,
immunoassays, toxicity monitoring, and even
forensic analysis [23]. The routine assay of many
biofilm forming bacterial isolated from clinical
specimens and foods frequently involves the use
of microliter plates. In considering the cost of
commercially available plates, we undertook to
significantly reduce the cost of each assay by
developing a microfluidic biofilm assay. Our
previous work indicated that the hydrophobic
characteristic of the PDMS internal surfaces
allowed the adsorption of hydrophobic targets
such as bacterial cells [24] and uniformity
distribute them along the larger surface area of
PDMS mini channels (200 pl). Biofilm formation
of Listeria monocytogenes, Salmonella enteritis,
and E. coli O157:H7 in PDMS channel was
apparently higher than microliter plates when
nutrients in their surroundings became limited
[24]. A PDMS flow cell was later developed for
quantitative monitoring and studying biofilm
stages of E. coli O157:H7 in the beverage
industry [25]. The novelties of this work lie within
the design and assembly of different styles of
PDMS microfluidic chips for studying the
adhesion and biofilm  formation inside
microchannels using E. coli K12 as a non-
pathogenic model for pathogenic bacteria. The
microfluidic chip provides a platform to monitor
biofilm growth. Based on our knowledge, this
microfluidic chip is the smallest chip to
investigate different steps in biofilm formation.
Different design and styles can be customized
and integrated for in situ investigation of initiating
the adhesion and biofilm formation for biological
systems, food biotechnology and other industrial
biotechnology applications. This would allow the
continual replacement of fresh nutrients, in a
similar manner as in the real environment,
whether medical, food beverage, natural or
industrial. This work opens opportunities for

further investigations of pressure drop
phenomena in microchannels that would
otherwise go unnoticed in macro scale
measurements. This would allow a non-

destructive and non-invasive monitoring of the
biofilm-forming bacteria inside the PDMS
microfluidic chip.
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2. MATERIALS AND METHODS
2.1 Fabrication of PDMS Microfluidic Chip

A photomask (Fig. 1) was designed using a
computer-aided design (CAD) program Art
Services, Inc (Bandon, OR). The microchannels
were fabricated from Polydimethylsiloxane
(PDMS) by means of soft lithography, the most
successful technology in microfabrication [26,27].
Three different designs of PDMS microfluidic
chips were fabricated with different masked
photoresist and channel volumes (2.6 pl, 5.08 pl,
and 11.5 pl). To fabricate the microchannels, SU-
8 2100 photoresist (Microchem, Newton, MA)
was coated on a 4-inch silicon wafer. The
masked photoresist was then patterned by
exposing it to 365-nm collimated light, followed
by post baking at 95°C for 30 minutes. It was
then developed in SU-8 developer (Microchem,
Newton, MA) and rinsed in SU-8 developer
(Microchem) to form the SU-8 structure. Liquid
PDMS was prepared by mixing PDMS base with
a curing agent at a ratio of 10:1. The mixture was
degassed and then poured onto the mold. After
45 minutes of hardening at 90°C, elastomeric
PDMS was peeled from the wafer and holes
were punched through at the ends of the
microchannels to assist with lining up the
microchannel layers during assembly. The
incubation reservoir was built by joining two
layers of PDMS. The peeled PDMS was then
bonded to a flat PDMS pad by plasma treatment
in an oxygen environment, forming closed
volumes of microchannels. Fig. 1 presents the
photomasks and the micrograph of these
microchannels.

2.2 Microorganism Cultivation

E. coli K12 strain MG1655, obtained as a gift
from the department of Cell and Molecular
biology, University of Rhode Island), was
routinely grown in 50 ml of Tryptic Soy Broth
(Difco, Detroit, Ml)) plus 0.5% glucose (TSB") at
37°C in 250 ml baffled flasks with rotary agitation
(200 rpm). Exponentially growing cells (~1x10°
cells/ml) were harvested by centrifuging broth
cultures at 13000 g for 10 min at 4°C. Pellets
were re-suspended in sterile saline solution,
pelleted again and the concentration of cells
adjusted as required by re-suspending in either
saline or TSB® as needed. Cell densities
were determined using plate counts with Tryptic
Soy Agar (TSA) and the corresponding
absorbance at 600 nm using a Biophotometer



Eppendorf AG
spectrophotometer.

(Hamburg, Grermany)

2.3 The Effect of Initial Cell Density on
Biofilm Formation

This study was conducted for the three designs
of PDMS as mentioned above (Fig. 1). PDMS
chips were rinsed with 95 % ethanol three times
using a syringe with a tube connected to the
channel inlets (Fig. 2) and then aseptically air
dried at 37°C until used. To study the effect of
initial cell adhesion on biofilm formation, TSB+
media containing different concentrations of E.
coli K12 (2x 10°, 2 x 10%, 2 x 10°, 2 x 10°, and 2 x
10" cells / ml, unless otherwise stated), were
aseptically added into the PDMS chips and
incubated at 37°C for 12 h. PDMS chips were
emptied from the broth media and then subjected
to another 24 h of incubation at 37°C for biofilm
formation. To ensure that the contents of the
PDMS channels did not dry up during the biofilm
formation, each were placed in the upper shelf of
plastic boxes (Fig. 2), designed for 1.0 ml
automatic pipette tips, that were partly filled with
5 ml distilled water. After the incubation period
was complete, the microchannels were washed

ey i ‘
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with sterile distilled water to remove all planktonic
bacteria and then washed three times with sterile
distilled water to remove loosely associated
bacteria. Subsequently, Crystal Violet (CV) was
introduced into the microchannels and incubated
inside the microchannels for 45 min at room
temperature. CV was then washed out with
distilled water. At this point, stained biofilms were
visible as purple layers formed on the sides of
each channel. To improve the visibility of CV,
ethanol was added to the channels. The
introduced ethanol volume must be the exact
volume of the microchannel. To avoid
evaporation of the ethanol, the microchannels
were sealed with a PDMS plug. The plug was
fabricated by using the same biopsy punch that
was used to punch the inlet and outlet. The
PDMS biofilm assay was performed at least in
triplicate. Images were taken for both stained and
de-stained biofilm using a digital camera.
Stained images were obtained after the removal
of CV as an indicator of successful biofilm
formation on the inner wall of PDMS
microchannels. However, de-staining with
ethanol increases color intensity for inexpensive
assay of clear visual observation.

..

Fig. 1. Different design and fabrication of PDMS microfluidic chips
The microchannel was fabricated from PDMS by means of soft lithography. Three different designs of PDMS
microfluidic chips were fabricated with different channel volumes, A’ (2.6 ul), B’ (5.08 ul), and C’ (11.5 ul) using
different masked photoresists (A, B, and C) respectively. Channel cross-sectional dimensions are 50 um high x
400 pum wide with varying lengths
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Fig. 2. Microfluidic chip system
Experimental set up showing a syringe connected to the channel inlet (A) and plastic boxes (B) used for biofilm
formation

2.4 The Effect of Incubation Time on Cell
Adhesion

To study the effect of incubation time on biofilm
formation, a cell suspension of 1x 10° E. coli K12
in TSB™ was delivered to PDMS channels (C’
11.5 pl) using a syringe tube and incubated at
37°C for different time intervals (0, 3, 6, 9, and
12 h). The planktonic culture media was gently
removed after cell adhesion periods were
completed. After another 24 hours of incubation,
channels were washed three times with sterile
saline to remove loosely associated bacteria.
Control was conducted by adding sterile TSB" to
the control channels. Crystal Violet (1.0% in
water) was introduced to the channels and
incubated at room temperature for 45 min
followed by washing the channels with sterile
distilled water three times. The PDMS biofilm
assay was performed at least in ftriplicate.
Images were taken using a digital camera.

2.5 Pressure Drop Measurements

Pressure drop measurements were conducted to
ensure that the designed microchannels and the
setup of the experiment were compatible. PDMS
microfluidic chips of each design (A’ 5.0 ul, B’
11.05 pyl and C’ 2.6 pl) were subjected to
different concentrations of E. coli K12 (3.55 x
10°, 3.55 x 10°, 3.55 x 10°, 3.55 x 10" cells/ml)
prepared in TSB+ and incubated for 12h as
described above. After cell adhesion periods
were complete, the planktonic culture media was
gently removed and then subjected to another 24
hours for biofilm formation. Sterile saline was
then introduced to the channels via the Bio-
Ferrograph at the same constant volumetric flow
rate of 0.1 ml/min to ensure uniformity. Since

each cross-sectional area of the microchannels
differs, the velocity of the sterile saline wash in
each channel will also be different. Hence, using
the same constant volumetric flowrate over the
varying cross-sectional areas ensures the wash
is delivered uniformly. In this manner, differences
in pressure drop readings if any, are
emphasized. Stabilization time and hydraulic
resistance were obtained via the Bo-Ferrograph
connected to a pressure transducer (Fig. 3). The
theoretical values of hydraulic resistance Rpyqr
are calculated using [28],

12871,
hydr = E (1

and are found in Table 1. Here, |, is the length of

the microchannel, n is the absolute viscosity of

water, Dy is the hydraulic diameter, defined as
2(h-w) .

————= for rectangular microchannels, where h
h+w

is the height and w is the width of the channel,
respectively. Since Rhyar is inversely
proportionate to the Dy to the fourth power, it
demonstrates that very small changes in Dy
results in significant changes in Ruq. The
theoretical values of pressure drop Ap, also
tabulated in Table 1, are calculated as,

Ap = Rhydr ' Q (2)

where Q is the volumetric flowrate. The
experimental pressure drop data obtained from
the pressure ftransducer was collected by
connecting to a computer. Control
measurements were taken for each channel
before adding bacterial cells.
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Fig. 3. The pressure drop measurement
setup
A Bio-Ferrograph is connected to the PDMS
microchannel via a syringe where a pressure
transducer is installed within the system. This leads
the fluid through a tube with a pressure transducer
connected to the microchannel

3. RESULTS AND DISCUSSION

3.1 The Effect of Initial Cell Density and
Biofilm Formation

Nowadays, nanotechnology and microfluidics
have emerged in science and technology. The
proof of concept was previously achieved and
published [24,25] with mini channels (200 pl).
However, these channels do not mimic tiny tubes
in biological systems and/or in industrial
biotechnology applications. This study was
conducted with different numbers of bacteria (2.3
x 10°, 2.3 x 10%, 2.3 x 10°%, 2.3 x 10° 2.3 x 10’
cells /ml), unless otherwise stated. Three designs
of microfluidic PDMS channels were used in this
study. The first attempt to design and fabricate a
microchannel volume (A’: 2.6 pl) did not allow
biofilm to grow (Fig. 4). Microchannel diameters
were very small and did not allow enough oxygen
for biofilm growth. Nutrient availability also has a
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different impact on bacteria of various species.
Biofilm formation of E. coli were found to be
repressed by the presence of glucose [27]. Yet
enteroaggregative E. coli’s (a certain pathogenic
E. coli strain) tendency to form biofilm is
promoted by the abundance of glucose [27]. The
lack of oxygen has also a negative impact on the
initial adhesion of E. coli K12 [28]. For these
reasons, different photomask designs were
developed with larger channel volumes. The
small channel (B’: 5.0 pl) improved the color
intensity of stained and de-stained biofilm
formation (Fig. 5) while the larger channel
volume (C’: 11.5 pl) generated the greatest yield
of biofilm (Fig. 6). Since the channel volume is
larger, it can hold enough oxygen and enough
traces of nutrient for biofilm formation. Moreover,
it does not become dry easily. This microfluidic
chip successfully produced biofilm from an initial
cell density of 2.3 x 10° cells/ml (26 cells /
channel). The three different designs microfluidic
PDMS channels showed great impact on
cell adhesion and biofiim formation. This
phenomenon was repeatedly observed several
times throughout the whole study with three
different designs of microfluidic PDMS channels
(Figs. 4, 5, 6). Various cell densities of K12
incubated at 37°C for 12 h in PDMS
microchannels showed slight impact on cell
adhesion and biofilm formation. Digital images
have indicated that the channel volume of 11.5 pl
can be used to detect both staining and de-
staining biofilm (Fig. 6).

3.2 Effect of Incubation Time on
Adhesion of Bacterial Cells and
Biofilm Formation

When the PDMS channels (11.5 ul) were

subjected to the broth culture media containing 1
x 10° cells/ml (1150 cells/ channel) of E. coli K12
at different time intervals (3, 6, 9, and 12 h),
emptied and then incubated for another 24 h, the
digital images of CV staining biofilm was visually
observed as a purple color inside the channels
(Fig. 7).

It is of interest to mention that the use of the
microfluidic chip (C’: 11.5 pl) allowed bacteria to
adhere to the inner surface and excrete an
exopolysaccharide (EPS), or glue-like substance
that can anchor them to PDMS inner surfaces
after 3 hours of incubation. It also allowed for
biofilm formation without filling the microchannels
with any nutrient media. Attached
microorganisms just used traces, left over from
after wash of planktonic media, and successfully



grew at different incubation time intervals (Figs.
6, 7). An increase in the color intensity of biofilm
formation occurred with the increase of
incubation periods (Fig. 7) at 37°C as oxygen
becomes more available for biofilm formation in
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the microenvironment. The maximum yield of the
biofilm was obtained after 12 h of incubation.
Undoubtedly, various incubation times have

significant impact on color intensity of biofilm
formation.

Fig. 4. PDMS microfluidic chip (2.6
Different numbers of bacteria (2.3 x 1 0° 2.3x10° 2.3x 10

yl) tested for biofilm formation
2.3 x10°% 2.3 x 107 cells / mi) were introduced to the

microchannels and incubated at 37°C for 12 h. PDMS chips were emptied of the planktonic media, subjected to
another 24h of incubation and then washed three times with sterile saline. Controls were conducted by adding
sterile TSB" to the control channels. Crystal Violet was introduced at room temperature for 45 min followed by
washing with sterile distilled water three times. Images of de-staining chips were taken using a digital camera
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Fig. 5. PDMS microfluidic chip (5.0 pl) tested for biofilm formation
Different numbers of bacteria (2.3 x 1 0° cells/ml for D, D’, and 2.3 x 10° cells /ml for E, E’) were introduced to the
microchannels and incubated at 37°C for 12h. Planktonic media was removed and the PDMS chip was incubated
for 24h and then washed three times with sterile saline to remove loosely associated bacteria. Crystal Violet
(1.0% in water) was introduced as mentioned above and images were taken for stained (D, E) and de-stained
(D’, E’) channels using a digital camera

3.3 Pressure Drop Measurements

A Bio-Ferrograph provides a constant flow rate
by a motor exerting force on a syringe. This
leads the fluid through a tube and a pressure
transducer into the microchannel. The pressure
drop across the PDMS microchannel was
measured by a pressure transducer with the
difference between the transducer reading and
the ambient pressure at the exit of the
microchannel. A Bio-Ferrograph can be used
together with a pressure transducer to measure
the pressure drop across a microchannel. An
advantage of using a Bio-Ferrograph for this kind
of experiment is that it can provide a constant

flow rate between 0.001 and 1%.A constant
volumetric flowrate of 0.1 ml/min was used in
each channel volume size. Since each cross-
sectional area of the microchannels differ, the
velocity of the sterile saline wash in each channel
was also different. Hence, using the same

constant volumetric flowrate over the varying
cross-sectional areas ensured the wash is
delivered uniformily. Differences in pressure drop
readings were not evident, and hence not
affected by the differences in saline velocities, as
all the pressure drop readings are on the same
order of magnitude. The setup can be seen in
(Fig. 3). This set up generated a calibration curve
for PDMS microfluidic chips. The three graphs
with different designs of microchannels (2.6, 5.0,
and 11.5 pl) show the increase in pressure drop
over time (Fig. 8). A constant volumetric flowrate
of 0.1 ml/min was used in each volume channel.
Since each cross-sectional area of the
microchannels differ, the velocity of the sterile
saline wash in each channel was also different.
Hence, using the same constant volumetric
flowrate over the varying cross-sectional areas
ensured the wash is delivered uniformity. Major
differences in pressure drop readings were not
evident, and hence not affected by the
differences in saline velocities, as all the



pressure drop readings are approximately on the
same order of magnitude. Measurements of five
microchannels with 5 pl volume (Fig. 8, A) and of
five microchannels with 11.5 ul volume indicated
a stabilization time of approximately ten minutes
with the improved design of microfluidic channel
(Fig. 8, B), far less than the three hours that were
necessary for the first design (2.6 ul volume)
(Fig. 8, C). The stabilization time is an indication
of how quickly the resulting constant pressure
drop is established. It is a function of the channel
dissipative losses such as wall roughness and
the fluid-to-channel surface ratio, contributing to
the dominating viscous effects prominently
illustrated in microchannel flows, as opposed to

o
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inertial effects. A shorter stabilization time shows
that dissipative effects are lower than in channels
with higher stabilization times. While the larger
channels (5 pl and 11 pl) provided a faster
stabilization time and enhanced bacterial growth,
channels larger than micro size are not more
advantageous since higher inertial effects will be
present. These effects will not allow for
enhanced bacterial growth due to disruption of
bacterial adhesion to channel surfaces, which
must take place first before accumulated growth
of bacteria occurs. Stabilization time was found
by plotting the pressure drop measurements and
noting the time at which the the pressure drop
value became nearly constant.

Control

Fig. 6. PDMS microfluidic chip (11.5 pl) tested for biofilm formation
Different numbers of bacteria (2.3 x 1 0° cells / ml for A A, 23x1 0 cells / ml for B,B,23x1 0° cells / mi for Cc.C’
2.3 x 10° cells /mi for D,D’) were incubated in microchannels at 37°C for 12 h. PDMS chips were prepared as
mentioned above. Sterile TSB* was used for the control channels. Crystal Violet was introduced as mentioned
above and images of stained channels (A, B, C, D) and de-stained channels (A’,B’,C’,D’) were taken using a
digital camera



Kolossa et al.; ARRB, 22(3): 1-13, 2018; Article no.ARRB.37804

Fig. 7. Effect of incubation time on biofilm formation
A cell suspension of 1x 10° E. coli K12 in TSB* was delivered to PDMS channels using a syringe tube and
incubated at 37°C for different time intervals (0, 3, 6, 9, and 12 h) in the upper shelf of plastic boxes (Fig. 2). The
planktonic cells were removed, incubated at 37°C for 12h in the upper shelf of plastic boxes, and then washed
three times. Controls were conducted by adding sterile TSB®. Microchannels were filled with Crystal Violet (1.0%
in water), incubated at room temperature for 45 min, washed three times with sterile distilled water. Imaging was
recorded for de-stained channels using a digital camera

Increases in stabilization time from before
incubation to after incubation as noted in Table 1
are a consequence of the increase in volume in
the channel of the bacterial growth which,
dynamically changing the hydraulic diameter Dy,
which in turn creates a higher hydraulic
resistance Ry, as also seen in Table 1. Recall
from Eq. (1) that very small changes in Dy,
results in higher Ry, and these higher Ry
cause the stabilization times to increase.

It is of interest to note that the curves for both 5
ul and 11.5 pl microchannels, each representing
one microchannel measurement, are relatively

10

similar in their characteristics. The two major
improvements of the new design (5.0 and 11.5
ul) are the reduction of stabilization time and
hydraulic resistance (Table 1). A reduction of the
stabilization time enhanced bacteria cultivation
inside the microchannel due to a larger channel
volume and therefore higher oxygen availability.
This improved design has a lower hydraulic
resistance and also offers more volume for
the bacteria cultivation. Advancements in
nanotechnology and microfluidics requires
microfluidic devices to mimic tiny tubes for
studying biofilm formation in biological systems
and industrial biotechnology applications.
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Table 1. Stabilization time and hydraulic resistance for the new design Microchannels (11.5.0 pl

and 5.0 pl)

Volumetric 11.5 uL Microchannels 5.0 uL Microchannels
Flowrate Theoretical Before After 36 h Theoretical Before After 36 h
Q = 0.1 ml/min value incubation incubation  value incubation  incubation
Hydraulic 64.7 82.3 89.01 146.2 116.9 1241
Resistance, Rn
(kPa-s/mm3)
Stabilization Time - 600 750 - 675 800
(sec)
Average Pressure 15.6 8.23 8.901 35.3 11.69 12.41
Drop, Ap (psi)
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Fig. 8. Pressure drop measurements of microchannels with the new designs. Each curve
represents a different microchannel volume, A) 5 pl, B) 11.5 pl, and C) 2.6 pl
Different cell densities of E. coli K12 (3.55 x 10°, 3.55 x 10°, 3.55 x 10°%, 3.55 x 10 cells/mi) were each introduced
to PDMS microfiuidic chips of each design (A’ 5.0 ul, B’ 11.05 ul and C’ 2.6 pl), and incubated for 12 h as
described above. After cell adhesion periods were complete, the planktonic culture media was gently removed
and then subjected to another 24 hours for biofilm formation. Sterile saline was then introduced to the channels
via the Bio-Ferrograph at a constant flow rate of 0.1 ml/min. Stabilization time and hydraulic resistance were
obtained via the Bio-Ferrograph connected to a pressure transducer The experimental data obtained from the
pressure transducer was collected by connecting to a computer for generating the graph. Control measurements

were taken for each channel before adding bacterial cells
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4. CONCLUSIONS

An inexpensive microfluidic PDMS chip was
developed for the non-destructive and non-
invasive detection of biofilm-forming bacteria.
Three different designs of microchannels (2.6,
5.0, and 11.5 pl volumes) were fabricated and
tested for adhesion and biofilm formation in a
microfluidic system. The highest yield of biofilm
formation occurred with microfluidic volume (11.5
pl) and detection as low as 26 cells was possible.
This microfluidic chip reduced stabilization time,
decreased hydraulic resistance and offered large
volume for adhesion of bacterial cells and biofilm
formation. It allowed bacterial cultivation without
any addition of nutrients. Microchannels with high
stabilization time (3 h) did not allow the
attachment and cultivation of bacterial cells
inside, while 10 min yielded the highest color
intensity of biofilm formation. Cell attachment
found to be time-dependent, generating various
color intensities of biofilm formation. The
microfluidic chip provides a platform to monitor
biofilm growth and can be integrated for in situ
investigation. This would allow a non-destructive
and non-invasive monitoring of the biofilm-
forming bacteria inside the PDMS microfluidic
chip. This work opens the opportunities for
further  investigations of pressure drop
phenomena in microchannels that would go
otherswise go unnoticed in macro scale
measurements for biological systems, food
biotechnology and other industrial biotechnology
applications.
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