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Abstract 

Lignin, a natural biopolymer and abundant by-product, is a particularly promising 

feedstock for carbon-based materials and a potentially sustainable alternative to 

phenolic resins, which are typically derived from crude oil. The source and method used 

to isolate lignin have a large impact on the thermal properties of the polymer, and can 

affect resultant materials prepared from lignin. Previous investigations into lignin 

characterisation often utilise a variety of feedstocks and isolation methods, which can 

make robust comparisons challenging. We present a systematic investigation into the 

chemical composition of lignins extracted using an identical Organosolv isolation 

method but from different biomass feedstocks: hemp hurds, eucalyptus chips, flax 

straw, rice husk and pine. We show how the aromatic structure of lignin can affect the 

thermal behaviour of the polymer, which correlates to the structure of resulting 

carbons. Carbons from lignins with a high syringyl unit content display a pronounced 

foaming behaviour which, on activation, results in a high-surface area material with 

hierarchical porosity.  
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1 Introduction 

Lignin is a natural biopolymer found in lignocellulosic biomass and is a major by-

product of the paper pulping and biofuel production processes.  Every year, 70 million 

metric tons of lignin is produced, [1] and without a large-scale application it is primarily 

burnt as a fuel. [1,2] The wide availability, low cost and high aromaticity of lignin have 

made this an attractive feedstock for a variety of applications. The high carbon content 

of lignin makes it a particularly promising feedstock for carbon-based materials 

including carbon fibre and activated carbons. [3–6] Lignin-derived activated carbons 

have shown promise in a range of applications from electrode materials in 

supercapacitors [7–10] and batteries [11–13] to sorbents for the adsorptive storage of 

gases [14,15]. In addition, the highly aromatic structure of lignin makes it a good 

candidate for a sustainable replacement for phenolic resin, a crude oil-derived 

aromatic polymer used in the synthesis of polymeric carbons and as a thermal binder. 

[16–19]  

Native lignin is found in plant cell walls within a matrix of cellulose and hemicellulose. 

[20–22] The polymer has a highly complex structure that differs depending on its 

origin. Although due to the complexity of the three-dimensional macromolecule the 

exact structure of lignin is unknown, [23] it is formed primarily from three aromatic 

monomers known as monolignols; p-coumaryl,  coniferyl, and sinapyl alcohol. These 

result in the formation of p-hydroxyphenyl (H), guaiacyl (G) and sinapyl (S) residues 

respectively in the polymer. [20,22] 
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Studies have previously shown that the thermal properties of lignin, and the structure 

of lignin-derived carbon materials, can be affected by both the polymer source and 

isolation method. [8,24–29] Previous investigations into lignin characterisation, 

however, have frequently utilised a variety of feedstocks and pulping methods, making 

it challenging to make robust comparisons. Here we present the characterisation of 

five lignins, four were extracted using an identical organosolv pulping process from 

different sources; hemp hurds (also called hemp shives or core fibres), eucalyptus 

chips, flax straw, and rice husk, in addition to an industrial organosolv extracted lignin 

from pine. The feedstocks were chosen to ensure two types of lignin with differences 

in aromatic structure were examined, wood lignin (pine, hemp hurds and eucalyptus 

chips) and grass lignin (flax straw and rice husk). We show how the aromatic lignin 

structure impacts the thermal behaviour of the polymer, and the high-value 

application of these materials to produce products such as activated carbons with 

hierarchical porosity. 

2 Materials and Methods 

2.1 Materials 

The four lignocellulosic feedstocks (hemp hurds, eucalyptus chips, flax straw and rice 

husk) and an industrial organosolv lignin from pine were provided by MAST Carbon 

International, Basingstoke. The biomass was used as provided, chopped into pieces up 

to 3 cm long. All reagents and solvents used were of analytical grade. 
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2.2 Organosolv Lignin Extraction 

The organosolv process used to extract lignin was based on the autocatalytic Alcell 

process. [30] Experimental conditions were chosen according to information from a 

variety of sources. [31–33] Digestion of biomass took place in a Parr pressure vessel. A 

suspension of biomass-water-ethanol (10 mL solvent per 1 g biomass, solvent was a 

60:40 ethanol-deionised water solution by weight) was heated in the sealed vessel at 

200 °C for 2 hours before cooling to room temperature. The delignified fibre and lignin-

rich black liquor were separated by filtration, and fibres rinsed with a 60:40 EtOH-DI 

solution. The filtrate and black liquor were combined and the ethanol removed under 

vacuum until the onset of precipitation. Precipitation was achieved by the addition of a 

0.1 M sulphuric acid solution to the concentrated liquor (2:1 ratio by volume of acid to 

liquor) whilst stirring. Lignin was separated by filtration and rinsed with DI water until 

the filtrate was neutral, then dried in a drying oven at 55 °C. Extractions were 

performed in duplicate for each feedstock. 

2.3 Purity Determination of Lignin 

Lignin purity is commonly defined by the acid-insoluble (known as Klason) lignin 

content. [34] A modified procedure described by Effland et al. [35] was followed. The 

dried lignin sample (200 mg to the nearest 0.1 mg) was dissolved in 72% sulphuric acid 

(2 mL), held at 30 °C for one hour, and stirred at frequent intervals. The mixture was 

quantitatively transferred to a conical flask using deionised (DI) water (56 mL). The 

flask was covered and boiled on a hot plate for 4 hours; the volume was kept constant 

by addition of DI water. The solution was filtered hot through a sintered glass crucible, 
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washed with hot water, and then dried at 105 °C overnight. Samples were cooled in a 

desiccator before weighing. The Klason content was determined as a percentage of the 

oven-dried lignin sample. Analyses were run in duplicate for each sample. 

Fourier transform infrared (FTIR) spectroscopy was used to confirm the absence of 

cellulose in lignin samples. A force of 115 N was applied to a small amount of solid 

sample on a Perkin Elmer Spectrum 100. A spectrum of 32 scans was recorded from 

4000 to 600 cm-1 with a resolution of 4 cm-1. The instrument software Spectrum 

version 10.4.00 was used to remove a background spectrum, which was run at the 

start of the experiment. A MasterGrind Shield Series Aluminium Herb Grinder was 

used to grind feedstocks and dried, rinsed pulp samples to a fine powder. Ground 

samples were then used to record a FTIR spectrum. 

Microanalysis of lignin samples were carried out by Des Davies at the University of 

Bristol Microanalytical Laboratory, UK. Elemental analyses (C, H, N, S) were carried out 

using combustion, content of O was determined by difference. Ash content was 

determined by burning the sample in pure oxygen at 900 °C. 

2.4 Lignin Structure Characterisation 

Characterisation of the lignin polymer structure was performed using gel permeation 

chromatography (GPC) and 2D 1H-13C HSQC NMR spectroscopy. GPC was used to 

determine the molecular weight and polydispersity of lignin polymers. Acetylation of 

lignin to enable dissolution in tetrahydrofuran (THF) was not required for the 

organosolv lignin examined. Samples were dissolved in THF only at a concentration of 

2 mg mL-1. Characterisation was performed on an Agilent Technologies 1260 Infinity 
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instrument with a flow rate of 1 mL min-1 at 35 °C, THF was used as the eluent and 

samples were referenced against a polystyrene standard. 

All NMR spectra were acquired on a Bruker Avance III NMR spectrometer operating at 

500.13 MHz for 1H and 125.77 MHz for 13C. Lignin samples (approximately 60 mg) were 

swollen in dimethyl sulfoxide-d6. 2D 1H-13C HSQC spectra were acquired using a 

spectral width of -40 to 180 ppm for 13C, and -1.28 to 10.68 ppm for 1H. The standard 

Bruker pulse sequence hsqcedetgpsp.3 was used with 128 transients for 256 

increments and a TD of 1024 in the F2 direction. Data acquisition and processing were 

performed using Topspin 2.1. A semi-quantitative method was used for analysis of the 

HSQC cross-peak intensities, as described by del Rio et al. and Wen et al. (del Río et al., 

2008; J.-L. Wen et al., 2013) Inter-unit linkages were estimated from peaks in the 

aliphatic side-chain region (δC/δH 50-90/2.5-5.5 ppm). Relative abundances of linkages 

were estimated from Cα-Hα correlations. The S/G ratio was determined from peaks in 

the aromatic region (δC/δH 95-140/6.0-7.7 ppm). The C2,6-H2,6 peak correlating to S-

units and the C2-H2 plus C6-H6 peaks correlating to G-units were used to calculate the 

S/G ratio. The same area was integrated over all spectra using the MestReNova 

software. Cross-peaks were assigned using literature data from a variety of sources. 

[27,32,36–38] 

2.5 Thermal Behaviour Determination 

The thermal behaviour of organosolv lignins was examined using differential scanning 

calorimetry (DSC) and thermogravimetric analysis (TGA). The DSC method was based 

on that of Huijgen [39] and Buranov [40]. The thermal analysis was performed under a 
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nitrogen flow (50 mL min-1) at a heating rate of 10 °C min-1 throughout. The analysis 

was performed over two cycles, with the first to eliminate any history effects. Samples 

were heated from 20 to 140 °C, held isothermally for 10 minutes, quenched from 140 

to -50 °C, and held isothermally for 10 minutes. Samples were then heated a second 

time from – 50 to 200 °C. Samples were run in duplicate and the mean values are 

reported. 

TGA was undertaken using a Seteram TGA 92 16.18 analyser at the University of Bath. 

A small amount of sample (10-15 mg) was weighed into a 100 µL alumina crucible. To 

obtain a TG trace the samples were run from 20 to 1000 °C at 5 °C min-1 in nitrogen 

(99.8 % purity, 1.5 bar). To obtain thermal decomposition (Td) values, samples were 

heated from 20 to 105 °C at 5 °C min-1 in nitrogen, dried for 30 minutes, and then 

heated as before. The dry weight of the sample was taken at 105 °C, and the Td 

calculated as the temperature at which 95 wt.% of the dry sample remained. A 

scanning electron microscope (JEOL IT300 SEM) was used to obtain micrographs of 

TGA chars and pyrolysed lignin samples. The microscope was operated in secondary 

electron mode at an accelerating voltage of 15 kV. 

2.6 Activated Carbon Preparation and Characterisation 

Pyrolysis was performed in a horizontal tube furnace (Lenton, LTF 12/75/750) fitted 

with a digital PID controller 3216CC. Furnace contained a separate work tube fitted 

with gas-tight end seals. The industrial organosolv pine lignin (3 g) was placed in an 

alumina combustion boat (20 ml capacity) and inserted into the centre of the furnace. 

PureShield argon (99.998 % purity) with a flow rate of 500 ml min-1 was used as the 
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furnace gas. The furnace was purged with inert gas for 30 minutes, then heated from 

room temperature to 105 °C and held for a further 30 minutes. The sample was then 

heated from 105 °C to 350 or 900 °C, samples were held at temperature for 30 or 360 

minutes, a heating rate of 5 °C min-1 was used throughout. The char was ground and 

passed through a 35-mesh sieve prior to activation. The ground char (1 g) was heated 

to the activation temperature of 1000 °C under argon using the same method as the 

char pyrolysis. At the activation temperature, the furnace gas was switched to carbon 

dioxide (99.998 % purity) at 100 ml min-1 for 60 minutes, then cooled to room 

temperature in an argon atmosphere (500 ml min-1).  

Carbons were characterised by nitrogen adsorption at 77 K using a 3Flex analyser from 

Micromeritics. Prior to analysis, chars (1 g) and carbons (100 mg) were degassed at 250 

°C and 300 °C respectively for a minimum of 4 hours under dynamic 10-7 mbar vacuum. 

Isotherm data was collected using filler rods over the range p/po 0.01 – 0.30. The BET 

surface area was calculated according to the procedure set out by the International 

Organisation for Standardisation ISO 9277:2010. [41] The Rouquerol correction was 

applied, and the range p/po 0.01 – 0.03 used to calculate the BET surface area.  

 

3 Results & Discussion 

3.1 Extraction & Purity Determination of Organosolv Lignin 

For reliable comparison of differences in lignin structure between the four feedstocks, 

an identical ethanol-based organosolv pulping method was used to isolate lignin from; 

hemp, flax, rice husk, and eucalyptus. The organosolv process was the chosen isolation 
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method because it results in less modification of the lignin in comparison to other 

procedures, and allowed facile adaptation of this method to a laboratory scale. The 

lignin content of biomass depends primarily on the species, growing conditions, and 

geographic location. The efficiency of the organosolv extraction process for the four 

starting feedstocks is presented in Table 1, and represented as the yield of lignin 

produced per weight of starting biomass. The average yield was similar for each 

feedstock (around 10 wt.%), although eucalyptus had a slightly higher yield (nearer 14 

wt.%). Similar extraction conditions were employed by Wildschut et al. [43] who 

reported feedstock delignification of 40 %. As eucalyptus chips are reported to contain 

23 to 35 % lignin,[44,45] flax straw 24 to 31 %, [40,46] hemp hurds between 16 and 28 

%,[47,48] and rice husk between 19 and 31 %, [49,50] a delignification rate of 40 % 

means the lignin yields reported here are within the expected range. 

High purity lignin samples were required for robust comparisons of lignin structure, 

and the resulting effects on thermal behaviour. The purity of the lab-isolated and 

industrial organosolv lignins were assessed using the acid insoluble (known as Klason) 

lignin content. The lignin undergoes an acid-catalysed hydrolysis, solubilising the 

carbohydrates and leaving behind an acid-insoluble residue, which is determined 

gravimetrically. [34,51] This method is one of the most common measures of lignin 

content and has been used throughout the literature. [27,43,46,52–55]   

The acid insoluble lignin content, ash content and elemental composition of the 

samples are shown in Table 1. The high purity of all lignin samples was confirmed by 

their high acid-insoluble lignin content (> 80 wt.%), and negligible ash content (< 0.15 
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wt.%). Elemental analysis showed lignin samples were primarily composed of carbon, 

oxygen, and hydrogen in a ratio of approximately 65:30:6. These lignins also contained 

trace nitrogen (< 1.20 wt.%) and sulphur (< 0.15 wt.%). The elemental composition is 

consistent with values reported for other organosolv lignins in the literature, 

[22,27,56] while the trace sulphur is a result of the acid precipitation step in the 

extraction procedure.  

Furthermore, the successful delignification of the feedstock and extraction of a 

product free from cellulose was supported by Fourier Transform Infrared (FTIR) 

spectroscopy. FTIR spectra (not shown) of the four lab-extracted organosolv lignins 

were free from bands characteristic of the presence of hemicellulose (at 1740 and 

1240 cm-1) and cellulose (at 898 cm-1). [32,52,57]  

 

3.2 Characterisation of Lignin Structure 

 

Differences in polymer structure and molecular weight between Organosolv lignin 

samples was assessed using a combination of 2D NMR spectroscopy and GPC. The 

aromatic structure and linkages (depicted in Figure 1) of lignin samples were examined 

using 2D HSQC NMR 1H-13C spectroscopy, spectra are shown in Figure 2. Valuable 

information about the abundance of monolignol monomers can be determined in the 

aromatic region (δC/δH 95-140/6.0-7.8 ppm). All lignin samples had signals relating to 

syringyl (S) and guaiacyl (G) units. In addition, rice husk and hemp lignins had a signal 

characteristic of the p-hydroxyphenyl (H) unit. The S2,6 peak was present in all spectra 

and is especially broad for the eucalyptus and industrial lignins. The S’2,6 peak of the α-
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oxidised S unit is present in all spectra except flax lignin. Signals corresponding to G2, 

G5, and G6 of the G-unit are present in all lignins. The H2,6 signal is only present in the 

rice husk and hemp lignin spectra, and is far more intense in the former. Cross-peaks 

relating to cinnamaldehyde end groups Jβ and cinnamyl alcohol end groups, Iα were 

present in all lignin spectra. Hemp and rice husk lignin also exhibited a cross peak for p-

coumaric acid PCA, which is not seen in eucalyptus, flax, and industrial lignins due to 

the absence of H-units. The samples can be divided into two main types of lignin: high 

S unit content and high G unit content. Relative values were calculated for the ratio of 

S and G units (S/G ratio), and are shown in Table 2. Eucalyptus, hemp, and industrial 

lignins were primarily composed of S units, with S/G ratios of 2.85, 1.18, and 1.37 

respectively. Rice husk and flax lignins by contrast have a higher G unit content, with 

S/G ratios of 0.19 and 0.18 respectively. 

In the aliphatic side-chain region (δC/δH 50-90/2.5-6.0 ppm) cross-peaks corresponding 

to methoxy groups are prominent in all lignin samples. Signals corresponding to β-aryl-

ether β-O-4 (A), resinol β-β (B), and phenylcoumaran β-5 (C) linkages are evident in all 

spectra at varying intensities. In particular the β-O-4 linkage appears highly abundant 

in all spectra (43 – 54 %), which differs from Constant et al.[27] who reported a low β-

O-4 content in their organosolv lignins from poplar and spruce. The β-O-4 linkage is 

usually the most abundant in native lignin but is readily cleaved by 

depolymerisation/isolation methods. The difference here is likely due to the harsher 

pulping conditions used by Constant et al. causing extensive cleavage of the β-O-4. The 

low S/G lignins from rice husk and flax have a high abundance of β-5 (Cα) linkages (~40 

%), which contrasts with the low abundance (10 – 17 %) in high S/G lignins from 
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eucalyptus, hemp, and the industrial pine. Conversely, the high S/G lignins show a 

higher abundance of β-β (Bα) linkages (29 – 35 %) than the low S/G lignins (13 – 17 %). 

All lignins except for eucalyptus have signals belonging to p-hydroxycinnamyl alcohol 

end groups. Spirodienone structures (Dα) appear to be present in eucalyptus lignin 

only, and rice husk lignin is the only sample to show signals relating to carbohydrates.  

 

Gel permeation chromatography (GPC) was used to determine the molecular weights 

of lignin samples. The molecular weight of lignin obtained by GPC has previously been 

demonstrated in the literature to be highly dependent on the experimental set-up. 

[27,28,37,52] This includes the type of column, eluent chosen, calibration standard, 

and pre-treatment of the lignin sample. Absolute values of molecular weight should, 

therefore, be used with caution, but comparisons can be made between different 

lignins run under the same conditions. The samples were examined using a THF solvent 

system without acetylation, and compared to a polystyrene standard, the results are 

illustrated in Figure 3a. Values range from 800 to 1100 Da for the number average 

molecular weight Mn, 1500 to 2200 Da for the weight average molecular weight Mw, 

and 1.94 to 2.28 for the polydispersity index (PDI). Organosolv lignins are known to 

have an overall lower molecular weight than lignins extracted from alternative 

methods (such as from the Kraft process), [22,25,27,31] and values of a similar range 

are reported in this paper. Despite similar values across the lignins examined, there are 

small differences in the average Mw of samples. Rice husk lignin has the lowest Mw of 

around 1550 Da, the industrial, flax and hemp lignins have increasing values of 1800, 
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2000 and 2200 Da respectively, and eucalyptus lignin had the highest Mw value of 2400 

Da. A comparison of the size exclusion chromatograms (Figure 3b) shows the Mw 

distribution of rice husk and the industrial lignins are shifted towards lower molecular 

weight values. A high molecular weight shoulder is seen in the other three samples, 

most prominently in eucalyptus lignin.  

Constant et al. [27] has previously shown that the starting feedstock had little bearing 

on the average molecular weight of lignin polymers, however it did influence the Mw 

distribution. Findings by Tejado et al. [25] support the idea that lignin polymers with a 

higher G-unit content show a higher average Mw. This is reportedly due to the 

presence of highly stable C-C bonds at the C5 position of the aromatic ring, which are 

not cleaved during the pulping process. Lignins with S-units are unable to form these 

bonds due to the C-5 substituted methoxy group. While literature data indicates the 

extraction method has the most significant influence, our findings show the feedstock 

also appears to have a small effect on the molecular weight distribution of lignin. In 

contrast to findings by Tejado et al. however, the lignin with the largest S-unit content 

exhibited the highest Mw. In addition, hemp and flax which have a high and low S/G 

ratio respectively both exhibit a similar Mw value and distribution.  

3.3 Thermal Behaviour of Organosolv Lignins 

The behaviour of organosolv lignin samples is important in the context of thermal 

processing of the polymer. The primary difference between the lignin samples 

examined in this paper has been shown to be the make-up of the polymer’s aromatic 

backbone.  This should thus be the primary influence on variations in thermal 
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behaviour between the different lignin samples, which was examined using a 

combination of differential scanning calorimetry (DSC) and thermogravimetric analysis 

(TGA). Temperature- heat flow curves from DSC analysis are illustrated in Figure 4a. An 

inflection, related to the glass transition (Tg) temperature, is immediately evident in all 

lignins examined. The glass transition of lignin represents the segmental mobility of 

lignin polymeric chains [53] with organosolv lignins typically having a low Tg of 100 - 

120 °C. [28,40,53] The Tg values of all samples tested here (values listed in Table 3), fall 

within the values expected for organosolv lignins. 

Lignins from different sources did show variation in Tg. The high S/G (~1.3) industrial 

and hemp lignins have the lowest Tg values (101 and 103 °C respectively), and the low 

S/G (~0.2) flax and rice husk lignins have an increased Tg (111 and 118 °C respectively). 

Eucalyptus lignin however, with a S/G ratio (2.9) higher than the industrial and hemp 

lignins, exhibited the highest glass transition (120 °C), indicating Tg is influenced by 

factors other than the aromatic composition. A variety of factors including the 

molecular weight distribution, degree of crosslinking, hydrogen bonding, free volume 

between polymer chains and chemical structure, [24,58] have previously been shown 

to impact the Tg. It is therefore difficult to assess which factor has the greatest 

influence. It is well known within the literature [3,24,25,58] that, as with molecular 

weight, the lignin extraction procedure has a large influence on the glass transition. 

Higher Tg ranges are reported for lignins extracted via steam explosion (113 – 139 °C) 

and the Kraft process (120 – 160 °C).  
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Thermogravimetric traces for thermal decomposition of lignin samples are shown in 

Figure 4b, and values are listed Table 3. Lignin decomposition occurs over a wide 

temperature range, unlike the decomposition of cellulosic components of biomass. 

The four organosolv lignins all exhibit similar decomposition behaviour, which can be 

divided into three stages, as noted by Watkins et al. [59] An initial small decline in 

sample weight is due to water loss by evaporation. A sharp decrease in weight loss is 

then observed between 200 and 400 °C, when 40 – 50 wt.% of the material is lost. This 

is due to the degradation of carbohydrate components in the lignin, which are 

converted to volatile gases including CO, CO2, and CH4. Finally, a more gradual but 

significant loss of mass continues up to 1000 °C, representing emission of volatile 

components including phenolics, alcohols and aldehyde acids.   

The decomposition temperature of samples (Td), which corresponds to the 

temperature at which 95 wt.% of an initial dry sample remains, [60] is recorded in 

Table 3. The decomposition temperature of hemp lignin appears to begin at a lower 

temperature (263 °C) than the other lignin samples (~275 °C). This early onset can be 

observed in the hemp lignin TG trace (Figure 4b), where the sharp mass loss stage of 

the sample begins first. Most notably, a swelling of the char was observed during TG 

analysis of the high S/G hemp, eucalyptus, and industrial lignins, producing a carbon 

foam, as shown in the inset of Figure 4b. The low S/G flax and rice husk lignins did not 

exhibit swelling to the same extent. Consequently the highest char yields were 

recorded for rice husk and flax lignins (39.8 wt.% and 38.6 wt.% respectively), followed 

by the high S/G eucalyptus and industrial lignins (36.2 and 35.6 wt.% respectively) and 

hemp (33.7 wt.%) lignin. Similar differences in char yields relating to the aromatic 
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content have been noted by other groups. [26,28] Lignins from softwoods (with a high 

G-unit content) had an increased char yield compared to those from hardwoods 

(containing both G and S units). These results were confirmed by this work, and the 

increased char yield can be attributed to the higher stability of ether bonds between 

G-units resulting in higher thermal stability, and the propensity of G-units to undergo 

condensation and coupling reactions, forming a more cross-linked char and resulting in 

an increased yield of residue. [26,28] 

The peak of the first derivative of the thermogravimetric curves (DTGmax, not shown) 

corresponds to the thermal decomposition temperature of materials. Values for 

DTGmax are summarised in Table 3. Vales are similar across the samples analysed, 

increasing for lignins in the order; eucalyptus and hemp (354 °C), rice husk (359 °C), 

and flax (368 °C).  The values are comparable to those recorded previously for 

organosolv-extracted wheat straw lignins. [53,56] In addition to DTGmax, all lignin 

samples exhibit a low-temperature shoulder between 150 to 250 °C, which was more 

pronounced in hemp lignin than the other samples. Although not seen on the 2D-NMR, 

this shoulder is possible due to residual carbohydrates from hemicellulose in the 

samples, [56]. The more pronounced shoulder in hemp lignin could explain the earlier 

onset of decomposition. 

Scanning electron microscopy was used to investigate the structure of lignin TG chars 

further (see Figure 5). It is clear from the micrographs that each lignin melted to form a 

smooth carbon. Micrographs of flax and rice husk chars are shown in Figure 5a and 

Figure 5b respectively. The top surface of both chars shows evidence of large bubbles 
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forming and breaking, presumably due to the release of volatiles during carbonisation. 

These bubbles are also evident in the underside of the rice husk char. The foaming of 

the hemp and industrial lignin chars can be clearly seen in Figure 5c and Figure 5d, with 

large voids throughout the structure. Despite shattering of the eucalyptus lignin char, 

the smooth carbon surface and formation of bubbles is also evident in Figure 5e. 

Despite similar decomposition traces, extensive swelling occurs in some lignin samples 

but not in others. The swelling behaviour was investigated further by heating small 

samples (not shown) of the industrial lignin in a conventional oven (Jeio Tech OV-

11/12) in air from room temperature to 250 °C. The lignin had formed a melt by 150 

°C, and the onset of expansion occurred between 150 and 200 °C, with an increase in 

sample volume of 210 % during this period. From 150 to 250 °C (the highest 

temperature examined) the sample volume increased by ~250 %. On removal from the 

heat source deflation of the char occurred, implying gas escape is the cause of the 

swelling, and indicates volatiles released during decomposition provide the mechanism 

for the swelling to occur.  

The chemical properties of all lignins investigated were similar; they have a high lignin 

purity, low ash content, low molecular weight, and similar decomposition trace. The 

swelling observed in hemp, eucalyptus, and the industrial lignins therefore is thought 

to be an effect of differences in the aromatic structure. The aforementioned high S/G 

ratio lignins exhibit swelling of the sample on heating, whereas the low S/G ratio flax 

and rice husk lignins do not. Foaming of lignocellulosic materials is not common. A 

plastic phase and swelling behaviour was previously observed by Rodríguez-Mirasol et 
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al. [61] in Kraft eucalyptus lignin. They noted the swelling decreased and disappeared 

in samples with increasing ash content. Rios et al. [62] prepared a carbon foam by 

pyrolysis of olive stones under steam, which required a minimum heating rate of 30 °C 

min-1 to initiate foam formation. They postulated that for a lignocellulosic precursor to 

expand the following conditions must be met: (i) softening of the lignocellulosic matrix 

(lignin in particular) which provides the structural rigidity, (ii) formation of an 

intermediate ‘melt’ of high viscosity due to depolymerisation of some components, 

and (iii) evolution of volatiles from the melt before polymerisation of the precursor 

causes it to solidify.  

All lignin samples are seen to form a melt, as evidenced from the plastic-like 

appearance of the chars and presence of bubbles in the structure in Figure 5. The 

foaming in hemp and eucalyptus lignins is likely due to differences in viscosity of the 

melts between the high and low S/G ratio lignins. Sun et al. [28] noted that low S/G 

lignins have increased viscosity values compared to high S/G lignins, which was 

attributed to increased cross-linking in the char, and is supported by the increased char 

yield reported in this work. Furthermore, 2D-NMR results in this work show that low 

S/G lignins have an increased quantity (~40 %) of β-5 linkages compared to high S/G 

lignins (< 20 %). The β-5 linkages limit molecular rotation, [3] which may also lead to 

increased viscosity of the low S/G lignin melt.  

3.4 Preparation of Hierarchical Activated Carbons from Lignin 

The differences in swelling behaviour between high and low S/G ratio Organosolv 

lignins has important implications for the application of these materials. The use of 
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high S/G ratio lignins as a binder or for the formation of carbon monoliths for example 

would not be recommended. Swelling of the lignin during heat treatment would cause 

deformation and potentially an increasingly brittle product. Therefore the use of a low 

S/G ratio lignin would be more appropriate. The formation of carbon foams by the high 

S/G ratio lignins, however, leads to exciting possibilities as a new feedstock for carbon 

materials with a hierarchical pore structure. Applications including water filtration and 

supercapacitance require a pore structure with micropores, mesopores, and 

macropores, to allow rapid diffusion and transport of the adsorptive species.  

To investigate the viability of these materials, industrial organosolv lignin was used to 

prepare activated carbons. Lignin was carbonised using both mild (350 °C for 30 

minutes) and relatively harsh conditions (900 °C for 6 hours) to prepare the 350-C and 

900-C carbon foams respectively. Activation of foams in carbon dioxide at 1000 °C 

produced the 350-1000-AC and 900-1000-AC activated carbon samples. The burn-off 

values and adsorptive characteristics of the lignin chars and activated carbons are 

listed in Table 4. Nitrogen sorption was used to examine the surface area of the char 

samples. The BET surface area of char 350-C was too low for accurate measurement 

(the measurement limit of the instrument is 30 m2 g-1), and the N2 uptake of the 

sample (at p/po = 0.30) was well below 1 cm3 g-1 (STP). The 900°C char by contrast had 

a BET surface area of 150 m2 g-1 and N2 uptake (at p/po = 0.30) above 30 cm3 g-1 (STP). 

These results indicate the foaming effect produces carbon with large macropores, but 

is essentially non-porous at 350 °C.  
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Below 350 °C low molecular weight volatiles (CO, CO2, H2O, MeOH, HCHO) are released 

in the initial stages of pyrolysis, [26,63–66] in quantities that, as shown previously, 

contribute to the swelling of the char to form a carbon foam. Research by Liu et al. [64] 

shows that increasing the carbonisation temperature greatly increases the amount of 

low molecular weight volatiles released. This is due to devolatilization of higher 

molecular weight compounds (including phenols and hydrocarbons) and secondary 

pyrolysis of these products to release CO, CO2 and CH4. Increasing the carbonisation 

temperature to 900 °C thus increases the quantity of volatiles emitted, enhancing the 

rudimentary pore structure of the char and leading to an increase in BET surface area.  

Full nitrogen isotherms (not shown) of the 350-1000-AC and 900-1000-AC activated 

carbons were used to extract information on the surface area, gas uptake and pore 

volume of materials. Both samples exhibited primarily type 1 isotherms, indicative of 

highly microporous materials. The isotherm of 350-1000-AC also showed a small 

uptake of nitrogen between p/po = 0.2 – 0.9, indicating the presence of mesopores in 

the sample. Both materials had a large BET surface area; 1400 m2 g-1 for 350-1000-AC 

and 1060 m2 g -1 for 900-1000-AC. The total pore volume (Vtot) of 350-1000-AC (0.70 

cm3 g -1) was higher than 900-1000-AC (0.46 cm3 g -1). The micropore volumes (Vmicro) 

of 350-1000-AC (0.31 cm3 g -1) and 900-1000-AC (0.38 cm3 g -1) were similar. However, 

Vmicro as a percentage of Vtot (44 % and 83 % respectively) was highest for 900-1000-AC. 

The two different carbonisation conditions of the industrial lignin have produced high 

surface area activated carbons. Further optimisation of the activation conditions could 

be used to further enhance the quantity of mesopores in samples, dependent on the 



 

22 
 

desired application. Activation of the mildly treated carbon foam produced an 

activated carbon with a higher surface area and pore volume than the more severely 

treated carbon foam. In addition 350-1000-AC has a hierarchical structure, with the 

isotherm indicating the presence of both micro-and mesopores, which is not seen in 

900-1000-AC. The lower proportion of micropores to the total pore volume in 

comparison to 900-1000-AC can be attributed to the presence of this mesoporosity in 

350-1000-AC.  

The lower surface area and total pore volume exhibited by 900-1000-AC, despite a 

higher proportion of micropores, is likely due to the severity of the carbonisation 

conditions utilised. In general, increasing the carbonisation severity (temperature and 

time) leads to an improvement in surface area and pore volume of subsequent 

activated carbons. This is due to an increased release of low molecular weight 

volatiles, enhancing the development of the char’s rudimentary porous structure. This 

can be seen with the increased BET surface area of the severely treated char in 

comparison to the mild char.  

Activation of the char should further enhance this porosity, improving the adsorptive 

characteristics. If the conditions are too severe however, redeposition of volatiles and 

constriction of the porous structure can occur, which restricts the access of the 

activating gas into the chars porous structure and results in reduced adsorptive 

characteristics. [67,68] The restriction of the activating gas into the pore structure of 

900-1000-AC could also be attributed to the absence of mesoprosity, despite the high 

burn-off level. Meso- and macroporsoity is usually enhanced with increasing burn-off 
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levels and decrease in micropore volume. This is due to the micropore widening and 

collapse of pore walls becoming the dominant process over the formation of new 

micropores. [69–71] 

3.5 Conclusion 

The ratio of aromatic monomers (S/G ratio) in lignin was linked to the polymer’s 

thermal behaviour. High S/G ratio samples produced a lower char yield than low S/G 

lignins, and swelled during heating producing a carbon foam. This is an important 

parameter to consider when choosing lignin for an application. High S/G ratio lignins 

showed excellent potential to produce high surface area (1400 m2 g-1) activated 

carbons with hierarchical porosity; macropores resulted from the swelling, and 

activation with CO2 introduced meso- and microporosity.  
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6 Figure Captions 

 

Table 1. - The extraction efficiency, Klason lignin content, ash, and elemental 

composition of lignin samples shown in this table are measured in wt.%, all except 

extraction efficiency are on a dry basis. Results shown are the mean of duplicate 

measurements on the same sample. Uncertainty values given represent the range. 

Figure 1. - The aromatic structures present in lignin; (S) syringyl unit, (S’) oxidised 

syringyl unit, (G) guaiacyl unit, (H) p-hydroxyphenyl unit, (FA) ferulic acid, (I) cinnamyl 

alcohol end group, (J) cinnamaldehyde end group, and (PCA) p-coumaric acid, and the 
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main linkages present; (A) β-aryl-ether β-O-4, (B) resinol β-β, (C) phenylcoumaran β-5, 

and (D) spirodienone. 

Figure 2. - 2D-NMR HSQC spectra of the aromatic region (left) (δC/δH 95-140/6.0-7.8 

ppm) and aliphatic side-chain region (right) (δC/δH 50-90/2.5-6.0 ppm) of (a) hemp 

lignin, (b) flax lignin, (c) rice husk lignin, (d) eucalyptus lignin, and (e) industrial lignin. 

Spectra have been recoloured to highlight regions of interest using Inkscape.  

Table 2. - Quantification of the aromatic units and linkages present in lignins. Data 

results from the average of integrations on at least three different spectra acquired on 

different batches of samples; the mean values are displayed here with uncertainty 

values representing the range. 

Figure 3. - (a) GPC results of lignin samples extracted using the organosolv method. Mn 

is the number average molecular weight, Mw is the weight average molecular weight, 

and PDI is the polydispersity index. Each sample was measured three times. Error bars 

show the greatest difference between the maximum and minimum measurements and 

the mean. Results show that the lignin extracted from each feedstock has a relatively 

low molecular weight (Mw 2.4 – 1.5 kDa). (b) Size exclusion chromatograms (SEC) of 

the four lignin samples isolated using the same extraction method from rice husk ( ), 

flax ( ), hemp ( ), and eucalyptus ( ) feedstocks, and an industrial organosolv 

lignin ( ). Samples were run in triplicate. The full data set for each lignin type is 

included in the supplementary information. 

Figure 4. - (a) Differential scanning calorimetry (DSC) curves. The onset temperatures 

relating to the glass transition are highlighted. Spectra were offset along the heat flow 



 

29 
 

axis for clarity. (b) Thermogravimetric (TG) trace of rice husk ( ), flax ( ), hemp (

), eucalyptus ( ), and industrial ( ) organosolv lignins. Samples were run 

from 20 to 1000 °C in nitrogen at 5 °C min-1. Inset: Images of post-analysis TG chars, it 

is evident two types of carbon are formed. Eucalyptus and hemp lignins produced a 

carbon foam, whereas rice husk and flax lignins produce a carbon char. Samples for 

both experiments were run in duplicate. 

Table 3. - Summary of thermal analysis performed on all lignins including the glass 

transition (Tg) and decomposition temperatures (Td). The temperature at which the 

maximum weight loss occurs (DTGmax), and the remaining unvolatilised char at 1000 °C. 

Samples were run in duplicate, the mean values and uncertainty representing the 

greatest difference from the mean are shown here. 

Figure 5. – Scanning electron micrographs of chars from the thermogravimetric 

analysis of (a) flax, (b) rice husk, (c) hemp, (d) industrial, and (e) eucalyptus organosolv 

lignins. Samples were heated from room temperature to 1000 °C at 5 °C/min under 

nitrogen. 

Table 4. – Adsorptive characteristics of lignin-derived chars and activated carbons from 

gas adsorption using nitrogen at 77 K.  
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7 Tables and Figures 

 

Table 1 

 

 

 

  

 

Lignin feedstock Extraction efficiency Klason lignin[a] Ash[b] C[c] O[d] H[c] N[c] S[c] 

Rice husk 9.2 ± 2.8 86.8 ± 11.1 0.15 ± 0.03 64.7 ± <0.1 28.0 ± 0.2 6.11 ± 0.06 1.14 ± 0.11 0.02 ± <0.01 

Flax 11.6 ± 0.3 96.8 ± 0.2 0.00 ± <0.01 65.9 ± <0.1 27.4 ± 0.1 6.01 ± 0.01 0.73 ± 0.01 0.00 ± <0.01 

Hemp 8.9 ± 1.9 94.6 ± 0.3 0.01 ± <0.01 64.3 ± <0.1 28.0 ± 0.2 6.43 ± 0.09 1.20 ± 0.08 0.04 ± <0.01 

Eucalyptus 13.9 ± 1.1 89.8 ± 1.1 0.10 ± <0.01 63.7 ± 0.6 30.5 ± 0.7 5.75 ± 0.03 0.00 ± <0.01 0.11 ± 0.09 

[a] Determined using a wet chemical method. [b] Determined by burning in pure oxygen. [c] Microanalysis determined by combustion. [d] Calculated as the 

difference between CHNS values. 
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Figure 1 
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Figure 2  



 

33 
 

 

Table 2 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

  

 

Lignin 

feedstock 

S/G 

Ratio[a] 

% Aα
[b] % Bα

[b] % Cα
[b] % Dα

[b] 

Rice husk 0.19  

± 0.03 

43.4  

± 2.6 

13.2  

± 0.6 

43.4  

± 3.2 

0.0 

Flax 0.18  

± 0.01 

45.1  

± 2.7 

17.1  

± 0.9 

37.8  

± 3.3 

0.0 

Hemp 1.18  

± 0.17 

53.5  

± 2.2 

29.0  

± 1.2 

17.5  

± 1.2 

0.0 

Eucalyptus 2.85  

± 0.18 

46.8  

± 8.5 

24.9  

± 2.6 

10.3  

± 2.6 

18.1  

± 4.1 

Industrial 1.37 

± 0.17 

49.1 

± 0.5 

34.4 

± 0.5 

16.5 

± 0.2 

0.0 

[a] S/G ratio estimated from integrals of S2,6, G2 and G6 correlations [b] 

Relative abundances of inter-unit linkages estimated from integrals of α-

position of β-O-4 (A), β-β (B), β-5 (C), and β-1 (D). 

 



 

34 
 

Figure 3  
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Figure 4 
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Table 3 

 

  

 

Lignin 

Feedstock 

Tg (°C)[a] Td (°C)[b] DTGmax (°C)[c] Char (wt.%) 

Rice Husk 118 ± 1 277 ± 4 359 ± 1 39.8 ± 0.2 

Flax 111 ± 1 275 ± 8 365 ± 2 38.6 ± 1.4 

Hemp 103 ± <1 263 ± 8 354 ± 2 33.7 ± 0.3 

Eucalyptus 121 ± <1 278 ± 8 354 ± 5 36.2 ± 0.2 

Industrial 101 ± <1   35.6 ± 0.9 

[a] Glass transition temperature defined as the mid-point of the inflection in 

the heat capacity-temperature curve. [b] Defined as the temperature where 

95% of the initial dried sample remained. [c] Determined from the midpoint of 

the highest peak in the first derivative curves 
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Figure 5 
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Table 4 

 

 
 

Sample [a] Burn-off 

(wt.%) 

BET Surface 

Area (m2 g-1)[b] 

Maximum Uptake 

(cm3 g-1 STP)[c] 

Total Pore Volume 

(cm3 g-1)[d] 

Micropore Volume 

(cm3 g-1)[e] 

350C 40 - < 1 - - 

900C 60 150 30 - - 

350-1000AC 87  1400 460 0.70 0.31 

900-1000AC 83 1060 300 0.46 0.38 

[a] Where XC denotes a char carbonised at X °C, and X-YAC denotes an activated carbon prepared from a char 

carbonised at X °C then activated at Y °C in CO2. [b] Surface area calculated using Brunauer–Emmett–Teller 

theory, the Rouquerol correction was used for activated carbon samples. [c] Measured at p/po = 1. [d] Calculated 

using the 2D-NLDFT model.  [e] Calculated using the t-plot method. 


