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Abstract
Nanomechanical Sensing of Biological Interfacial Interactions
Wenjian Du

Prof. Reinhard Schweitzer-Stenner
Prof. Jun Xi

Cellulose is the most abundant biopolymer on earth. Cellulase is an enzyme
capable of converting insoluble cellulose into soluble sugars. Cellulosic biofuel produced
from such fermentable simple sugars is a promising substitute as an energy source.
However, its economic feasibility is limited by the low efficiency of the enzymatic
hydrolysis of cellulose by cellulase. Cellulose is insoluble and resistant to enzymatic
degradation, not only because the -1,4-glycosidic bonds are strong covalent bonds, but
also because cellulose microfibrils are packed into tightly bound, crystalline lattices.
Enzymatic hydrolysis of cellulose by cellulase involves three steps—initial binding,
decrystallization, and hydrolytic cleavage. Currently, the mechanism for the
decrystallization has not yet been elucidated, though it is speculated to be the rate-
limiting step of the overall enzymatic activity. The major technical challenge limiting the
understanding of the decrystallization is the lack of an effective experimental approach
capable of examining the decrystallization, an interfacial enzymatic activity on solid
substrates. The work presented develops a nanomechanical sensing approach to
investigate both the decrystallization and enzymatic hydrolytic cleavage of cellulose. The
first experimental evidence of the decrystallization is obtained by comparing the results
from native cellulase and non-hydrolytic cellulase. Surface topography has been applied

to examine the activities of native cellulase and non-hydrolytic cellulase on cellulose



Xiv
substrate. The study demonstrates additional experimental evidence of the
decrystallization in the hydrolysis of cellulose. By combining simulation and monitoring
technology, the current study also investigates the structural changes of cellulose at a
molecular level. In particular, the study employs cellulose nanoparticles with a bilayer
structure on mica sheets. By comparing results from a molecular dynamic simulation and
the distance between cellulose layers monitored by means of the atomic force microscopy
(AFM), the current study shows that water molecules can efficiently reduce the energy
required for separating two layers of cellulose bilayers during hydration of cellulose
bilayer nanoparticles. The findings of the study contribute to explicating the mechanism
of cellulose the decrystallization, a free-energetically unfavorable process, through
enzymatic hydrolysis of cellulase. The study also investigates the application of a cell-
based microcantilever sensor to monitor the real-time ligand-induced response of living
cells. These nanomechanical approaches offer unique perspectives on the interfacial

activities of biological molecules.
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Chapter 1: Introduction

Three fossil fuels—petroleum, natural gas, and coal—have provided most of the
world’s energy in the past century and are predicted to account for 78% of the total global
energy consumption in 2040. In the future, the worldwide consumption of petroleum will
likely continue to increase, from 90 million barrels per day (BPD) in 2012 to 100 million
BPD in 2020 and 121 million BPD in 2040!. Commentators predict that the production of
conventional oil will reach a peak and begin to decline before 2030, or even sooner
before 2020 (so-called peak oil: the hypothetical point when the global production of
fossil oil reaches its maximum rate, after which production will gradually decline)?. Thus,
the predicted energy crisis is increasingly become a major concern. To avoid the serious
social and economic pitfalls following the peak oil, the Hirsch report emphasizes the need
to find affordable alternatives and renewable energy sources, as well as to lessen the
world’s dependence on petroleum over time?. Hirsch indicates that use of renewable or
alternative energy sources to replace petroleum is the most efficient method for
mitigating the peak oil. Moreover, such energy sources should be able to fill the gap
between global oil production and consumption at least 10 to 20 years before the peak oil.
The five most common renewable energy sources include hydropower, geothermal, wind,
solar, and biomass. These are the world’s fastest-growing energy sources. In 2014, these
renewable energy sources will account for 10% of total U.S. energy consumption and
13% of U.S. electricity generation, with an increase of 2.6% each year between 2012 and
2040. According to the Clean Power Plan (CPP) regulations in the U.S., an additional 7%
of U.S. energy use will be renewable in 2020. By 2040, this growth will be 37%.

Hydropower is the oldest and largest renewable energy source, but has irreversible



environmental impacts, such as the obstruction of fish migration, effects on the local
ecology of rivers, and the relocation of the residents. Biomass is from plants and animals
and is the second largest renewable energy source. Its energy comes from the sun through
photosynthesis. When buried underground, it spontaneously but slowly turns into
hydrocarbon fuels, such as coal. However, the formation of coal takes up to hundreds of
millions of years. Biomass can be burned directly to produce a heating source with low
energy density, or converted to liquid biofuels and biogas burned as fuels. Biofuels
(bioethanol or biodiesel) are typically blended with petroleum fuels (gasoline and diesel)
but can also be used by themselves. Bioethanol is usually made from sugars found in
grains, like corn, or other sugar production crops, like sugar cane and beets. However, it
is not the most ideal to convert edible crops or vegetables into energy materials,
especially considering that the current population of the earth does not have enough food
to live a healthy and active life*. Bioethanol can also be produced from inedible biomass,
such as straw, corn stover, grasses, fast-growing trees, sawdust, and even waste paper.
Given that the major component of such biomass is cellulose, this bioethanol is also
called cellulosic ethanol. Although it is considered an advanced biofuel, its production
involves a more complicated process than that of conventional bioethanol and thus more
substantial production costs. Several challenges have to be overcome before making
bioethanol a conventional form of energy, like petroleum fuel. One of them is the low
efficiency of the enzymatic hydrolysis of cellulose. The mechanism of cellulose-cellulase
interaction is still not fully understood. This chapter introduces the basic concepts of
biofuel, cellulosic biomass, enzymatic hydrolysis of cellulosic biomass, and its

recalcitrance to the cellulase enzyme.



1.1 Biofuel

Plants on earth absorb energy from the sun and store it as biomass energy. The
history of biomass energy can be traced back to an age when hominin routinely used fire,
roughly 350,000 years ago>. Biomass energy can be released through the direct burning
of plants and their derivatives. It can also be converted to other forms, like methane gas,
or biofuels such as biodiesel and bioethanol. The use of more biofuels can reduce the
dependence of petroleum in the modern world. Moreover, they have significant
environmental advantages over petroleum-based gasoline and diesel fuel.

Biodiesel can be made from vegetable oils, fats, or greases, and even recycled
restaurant and kitchen grease. It is non-toxic, biodegradable, and less pollution than
petroleum-based fuel. It can be sold as pure diesel or as a blend, combined with
petroleum-based diesel fuel. A standard commercial biodiesel is B20 which is 20%
biodiesel.

Bioethanol is primarily produced by a sugar fermentation process and contributes
to 65% of the global ethanol production. There are two generations of bioethanol. The
first generation is produced from a small proportion of the whole corn plant—starch—
about half the mass of the dry corn kernel. The second generation of bioethanol, also
known as the advanced biofuel, can be manufactured from various types of cellulosic
biomass. There are two manufacturing paths: biochemical and thermochemical. The
former uses enzymatic hydrolysis and yeast fermentation to convert cellulose, the
structural components of plants, into ethanol. The latter employs pyrolysis to convert the
whole plant to syngas, consisting of hydrogen and carbon monoxide. The syngas is then

catalytically converted to bioethanol. While nearly all bioethanol produced in the U.S.



comes from corn starch, it is not considered the best practice to produce transportation
fuel from edible food. Thus, ethanol produced from cellulosic feedstock, such as wood,
grasses, straw, and agricultural waste, is considered a promising future trend.

Cellulosic biomass is more abundant and less expensive compared to corn and
other sugar crops®. Particularly, straws and corn stalks are considered agricultural wastes.
Furthermore, ethanol is much cleaner than gasoline—it burns more completely and the
exhaust gas is quite clean. Moreover, the energy balance is positive for cellulosic
biomass—the energy contained in the fuel is more than the energy required to produce it.
These qualities make it an attractive alternative to traditional fuel. Additionally, it is
carbon neutral—the carbon dioxide released when bioethanol burns is the same amount
as previously absorbed by crops during photosynthesis. A carbon cycle such as this could
be completed in less than a decade and the overall carbon release is null. By contrast, a
similar carbon cycle for fossil fuel requires millions of years, and humans have burned
such a large amount of fossil fuel that the CO» in the atmosphere is about 30% more than
150 years ago. The use of ethanol-added fuels, such as E85 (gasoline with 85% ethanol),
can reduce the emission of greenhouse gases by 37.1%, and even E10 (gasoline with 10%
ethanol, which is now the most prevalent gasoline sold in the U.S.) can reduce
greenhouse gases by up to 3.9%/’. Finally, the use of bioethanol greatly benefits the
energy security and freedom of many economic entities as it can substantially reduce
dependency on countries that produce crude oil. Bioethanol from cellulosic biomass is
thus considered as having great potential.

However, while the application of additional renewable energy sources has

significantly increased within the past decade, the commercialization process of



cellulosic biofuels has been slower than previously envisioned in 20078, The price of
bioethanol produced from cellulosic biomass remains high and can only be competitive
when its price is less than $2.15/gallon’. The high price of bioethanol stems from the
difficulty of converting cellulosic biomass to sugars, largely due to its relatively
compressed molecular structure®.
1.2 Cellulosic Biomass

There are three primary components of cellulosic biomass: cellulose,
hemicellulose, and lignin. Through millions of years of evolution, it has developed a
complex supramolecular structure by combining the three polymer materials used to
strengthen plant cell walls (Figure 1-1). This complex, three-dimensional structure
provides desirable mechanical properties in plants, and prevents plants from being
attacked by microorganisms and other adverse physical and chemical factors'®. Such
recalcitrance is considered the principle obstacle that prevents the full use of cellulosic

biomass.



Pectin
Middle —

lamella

Cellulose
microfibril

Primary ——
wall

Plasma ——
membrane —

b

Plasma
membrane

Secondary
wall (S3)

Secondary
wall (S2)

Secondary
wall (S7)

Primary
wall

Middle
— Protein lamella

— Hemicellulose

— Middle lamella

— Primary wall

Figure 1-1. Plasma membrane and cell wall structure of plants.
Adapted from Sticklen, 2008. (a) Cell wall containing cellulose microfibrils, hemicellulose, lignin, pectin,
and soluble proteins. (b) Cellulose synthase enzymes float in the plasma membrane. (c) Lignification
appears in the S1, S2, and S3 layers of the cell wall.!!



1.2.1 Cellulose

Cellulose is the skeletal structure of almost all plants and the most abundant
biopolymer on earth!2. It is particularly plentiful in non-food plants, such as trees and
grasses'3. A cellulose molecule is a linear polymer of D-anhydroglucopyranose units
linked by f-1,4-glucosidic bonds (C1 of one glucose ring covalently bonded to C4 of the
adjacent ring), see Figure 1-2. The repeating unit is composed of two anhydryoglucose
rings ((C¢H100s5)n; n = 10000 to 15000). The cellulose molecule chain has an
unsubstituted hemiacetal on the reducing end and a hydroxyl group on the non-reducing
end. When cellulose is synthesized by plants, van der Waals interactions between ring
carbon atoms and intermolecular hydrogen bonding between —OH and —O of the adjacent
molecules promotes parallel stacking of multiple cellulose chains, in turn producing
elementary fibrils'4. These fibrils then aggregate into larger microfibrils. The fibril matrix
structures provide the mechanical properties of plants’ cell walls, see Figure 1-3. Some
cellulose chains in the regions within these microfibrils are highly ordered (crystalline

region) and others are disordered (amorphous region)'>, see Figure 1-4.

OH OH
/ OH o OH o
HO N o HO o OH
HO Oho HO
O o}
A OH oH X
Non-reducing end OH B OH g, Reducing end

Figure 1-2. The molecular structure of a cellulose molecule.
Adapted from Xi, 2013. A linear polymer of D-anhydroglucopyranose units linked by -1,4-glucosidic
bonds. There is an unsubstituted hemiacetal on the reducing end and a hydroxyl group on the non-reducing
end."?
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Figure 1-3. The structure of wood from the tree to the cellulose.
Adapted from Moon, 2008. (P = primary cell wall, S1, S2, S3 = cell wall layers, and ML = middle lamellae
between tracheids)!!7.
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Figure 1-4. Cellulose microfibril showing crystalline and amorphous regions.



Cellulose is strong, crystalline, and resistant to hydrolysis. Various non-covalent
interactions, such as hydrogen bonding and van der Waals interactions, are present in the
ultrastructure of cellulose. Figure 1-5 shows the arrangement of the intra-sheet hydrogen
bonding network in cellulose I, and the resulting hydrophilic and the hydrophobic faces
of the ring plane!®>. While O-H-*-O hydrogen bonding is primarily responsible for intra-
sheet interactions in cellulose, both van der Waals interactions of ring carbon atoms and
the much weaker C—H---O hydrogen bonding contribute to the inter-sheet interactions in
cellulose!. Overall, because of such intra- and inter- chain non-covalent interactions,
cellulose chains aggregate into various ultrastructure that neither melt nor dissolve in
common solvents. Such aggregation prevents the direct access to each cellulose chain by

other biomolecules, such as cellulase.

o o s
‘o / -0 {
0-eeel 0 o SRSy OH:-
HO OH Shat 0o

i o 'HCE OH-...

————— HO C\H-\E\D%j HO OH .,_O_%-HO ow-\.c,’__ e S
H e H
Figure 1-5. The intra-sheet hydrogen bonding network in cellulose I, and the resulting hydrophilic and
hydrophobic face of the ring plane.

Adapted from Xi, 2013. (A) Hydrophilic and hydrophobic faces of the ring plane, and (B) schematic
drawing of the intra-sheet hydrogen-bonding network in cellulose Io."
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There are four major polymorphs of cellulose: cellulose I, II, III, and IV. In
nature, cellulose exists in the crystalline form, cellulose I, with high resistance and in the
amorphous form in less ordered regions. Cellulose I, with high crystallinity, can be
isolated from native cellulose through chemical or enzymatic treatment'®. Cellulose I
exists in two allomorphs, i.e., I, and Ig. Bacteria and algae are rich in cellulose I, and
higher plants mainly contain cellulose Ig'°. Both of their chains are aligned in parallel
with the same growth direction?®?2. With the exception of cellulose I, other polymorphs,
namely, cellulose 11, cellulose 111, and cellulose IV, can be transformed through
thermochemical treatments of cellulose I. The regeneration of the cellulose solution and
mercerization of cellulose I are two ways to obtain the crystalline form cellulose II.
Regeneration involves either preparing a solution of cellulose in an appropriate solvent or
preparing an intermediate derivative followed by coagulation and recrystallization.
Mercerization involves intracrystalline swelling of cellulose in concentrated aqueous
NaOH followed by washing and recrystallization. Treatment of cellulose I and cellulose
IT with liquid ammonia transforms the forms to cellulose I11'? and further heating in
glycerol transforms the forms to cellulose IV?*?4, The hydrolysis rates of different forms
of cellulose are influenced by chain packing. The hydrolysis rates can be arranged in
decreasing order as follows: amorphous cellulose > cellulose III > cellulose IV >
cellulose II > cellulose 12523,

Projections of visualizations of the chains arranged in parallel in cellulose Ig and
cellulose II are shown in Figure 1-6. Crystal structures proposed for cellulose I, and

cellulose Il are compared in Table 1-1.
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Figure 1-6. Representation of the model of cellulose Ig (A) and cellulose II (B) onto the a-b plane.
Adapted from Zugenmaier (2001).24

Table 1-1. Comparison of crystal structures of common cellulose allomorphs.

Type Unit cell Chains Repeat distance (A) Asymmetric
Iy One-chain triclinic Parallel ~10.35 Two glucosyl
Ig Two-chain monoclinic Parallel ~10.35 Two glucosyl
11 Two-chain monoclinic  Antiparallel ~10.35 Two glucosyl

Numerous research has focused on the crystal structure, morphology, properties,
and hydrolysis behaviors of cellulose. The different intra- and intermolecular hydrogen
bonding network of cellulose I and cellulose II influence the crystal structure. The I form
is found mostly in lignocellulosic biomass derived from the cell walls of higher plants. In
the cellulose Ig allomorph, there is an inherent organization of the intermolecular H-
bonding network that maintains the cellulose chains in sheets and high crystallinity??.
Within a cellulose Ig sheet, there are intramolecular hydrogen bonds O3—-H:--O5, O2—
H---06, 02-H---O1, O6-H---02, and O6-H---O1, and intermolecular hydrogen bonds
06-H---03, 06-H:--02, and O2-H---06%2. However, there is no indication of intersheet

O-H:--O hydrogen bonds (Figure 1-7). The cellulose sheets are accumulated by weak C—
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H:---O hydrogen bonds and van der Waals forces??. The crystal structure of regenerated
cellulose I was first determined in the same year independently by Kolpak and
Blackwell?® and Stipanovik and Sarko®® with X-ray diffraction. The crystal structure of
cellulose II is formed by an array of antiparallel chain molecules and a three-dimensional
network of both intralayer and interlayer hydrogen bonding?®3!. The intramolecular
hydrogen bonds are O3—H---O5 and O2—H---06, as well as intermolecular hydrogen
bonds of 02-H---02, 06-H:--03, O3-H---06, and O6-H---023%32, On a separate note,

O2-H---02 exists as an intermolecular intersheet hydrogen bond?® (Figure 1-8).

Figure 1-7. Schematic representation of the hydrogen bonds in the origin (top) and center (bottom) sheets
of cellulose Ip.
Adapted from Nishiyama (2002). Carbon, oxygen, hydrogen, and deuterium atoms are colored black, red,
white, and green, respectively. Hydrogen bonds are represented by dotted lines. Only oxygen atoms
involved in hydrogen bonding have been labeled for clarity.?!
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Figure 1-8. Hydrogen-bonding pattern in cellulose II.
Adapted from Sturcova (2003). (A) Intersheet hydrogen bonding; (B) intra- and intermolecular hydrogen
bonding within the origin sheet of chains; (C) intra- and intermolecular hydrogen bonding within the center
sheet of chains.33-34
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1.2.2 Lignin

The recalcitrance of biomass materials is largely due to lignin components.
Lignin, following cellulose, is one of the most abundant organic polymers in plants. The
content of lignin in wood is 20—40%. The term refers to a group of polymeric substances
derived from phenylpropene units that are nonlinearly and randomly linked. There are
three main types of lignin based on the three most common monomers: coumaryl alcohol,

coniferyl alcohol, and sinapyl alcohol (Figure 1-9).

N HC0 N"oH oH
/@/\/\ D/\A -
HO HO OCH,
Coumaryl alcohol Coniferyl alcohol Sinapyl alcohol

Figure 1-9. The basic unit structure of lignin.

Lignin presents both physical and chemical barriers to the enzymatic hydrolysis
of cellulosic biomass?®. In the matrix of the plant cell wall, cellulose microfibrils are
embedded in lignin (Figure 1-1). To allow the exposure of cellulose to cellulases, it is
critical to remove the lignin components. Another mechanism for lignin in limiting the
access of cellulases to cellulose is the nonproductive binding of cellulase to lignin®6-4°.
Therefore, lignin is the main barrier to biofuel production and pretreatment processes are
being developed to break down cell walls into intermediates, removing lignin to allow the

exposure of cellulose to cellulase!!.
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1.2.3 Hemicellulose

In the plant cell wall, cellulose microfibrils are coated with other polysaccharides,
such as hemicellulose or xyloglucans (Figure. 1-1). Depending on the species, 20—40% of
the plant cell wall content is hemicellulose. This has an amorphous structure with little
mechanical strength compared to cellulose. Like lignin, hemicellulose can also hinder the
enzymatic hydrolysis of cellulose by limiting the access of cellulase to cellulose.
Moreover, hemicellulose can remain coated on the cellulose microfibrils or bound to
cellulose after pretreatment.
1.3 Enzymatic Hydrolysis of Cellulosic Substrates

Cellulase, like all glycosyl hydrolase enzymes found in fungi, bacteria, plants, and
some invertebrates, can break down the B-1, 4-glycosidic bonds of cellulose through
general acid/base catalysis*' 3. There are three main kinds of cellulase: endo-B-1, 4-
glucanases, exo-B-1, 4-D-glucanases, and B-D-glucosidases (Figure 1-10)*43-32, Each
cellulase type alone cannot hydrolyze the crystalline cellulose efficiently, but working
synergistically with other types of cellulase, can significantly increase the rate of
hydrolysis™.

Endo-fB-1, 4-glucanase breaks internal glycosidic bonds of individual cellulose
chains to disrupt the structure of cellulose and expose individual polysaccharide chains.

Exo-B-1, 4-D-glucanase can access a single cellulose chain from the exposed
reducing or non-reducing end and cut 2to 4 glucose units at a time to produce
tetrasaccharide (i.e., tetraose) or disaccharide (i.e., cellobiose).

Cellobiase or B-D-glucosidase hydrolyzes cellobiose to release D-glucose units.



16

CD ¢ . CcD

Linker ‘ Cellobiose Linker

Exo-fp-1, 4-D-glucanase Endo-p-1, 4-D-glucanase

Figure 1-10. Schematic illustration of the hydrolysis of cellulose by various types of cellulases'?.
Adapted from Xi, 2013."2

Most fungal cellulases have two domains in their structures, a catalytic domain
(CD), and a carbohydrate binding module (CBM)**; see Figure 1-11. These domains are
connected by a peptide linker known to maintain separation between the CD and the
CBM!2. The CBM is a contiguous amino acid sequence within cellulase that anchors the
CD onto the surface of cellulose through van der Waals interactions and hydrogen
bonding>-°. Cellulases can be grouped into families according to sequence similarities of

their amino acid residues within CDs and CBMs.

Figure 1-11. The domain-like structure of the cellulase (CBH I) bound to cellulose Iy microfibril.
Adapted from Zhong, 2008.5
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There are several steps for cellulolytic hydrolysis by the cellulase enzyme on the
cellulose substrate, shown in Figure 1-12. First, the CBM binds to the cellulose and then
lead CD to be close to the cellulose crystal. The cellulase-substrate complex is formed in
this initial binding step. Then, a single cellulose chain is separated from the cellulose
crystal by cellulase and led to the active site of a cellulase. This step is the
decrystallization step. A pseudo-Michaelis complex is the product of this step. The
pseudo-Michaelis complex then undergoes hydrolytic cleavage to produce cellobiose.

Finally, the cellulase dissociates from the substrate and is released from the chain.

Cellulase (E) ES
CBM n
Linker ) Kq
—>
<«—
v ‘A " A iv AN Al e v k VNIV DY v
N AN AN AN A NAVAVAY A -1 NIy A
v W\ N WA .‘V N\ N, JA j.v N j.v N ’V A j.v N v A A\ WA WV WA
Cellulose (S) Initial binding
. o « Enzymatic
ks | Dissociation 2 2 decrystallization
H - - -
E'S Cellobiose (P) E*S (PseudoMichaelis complex)
N
Ks
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Hydrolytic cleavage

Figure 1-12. Mechanistic model of cellulose hydrolysis by cellulase.
The carbohydrate binding module (CBM) of a cellulase (E) anchors the cellulase onto the surface of
cellulose (S). The surface-bound cellulase (ES), then extracts a glucan chain to form a pseudo-Michaelis
complex (E*S), which undergoes hydrolytic cleavage to afford the hydrolysis product (P).!?
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For cellulose hydrolysis, the substrate cellulose is water insoluble and the solid
aggregate of cellulose fibers is resistant to biological attack. The inaccessibility of a
single cellulose chain for cellulase makes the formation of a Michaelis-complex before
hydrolytic cleavage harder than when compared to enzymatic reactions involving soluble
substrates.

1.4 Cellulosic Biomass Recalcitrance

Cellulosic biomass is a source of biofuel which is the most promising and
sustainable alternative energy source to fossil fuels. However, an economically feasible
biomass-to-biofuel conversion method has not yet been developed. The deconstruction of
cellulosic biomass followed by enzymatic hydrolysis to produce fermentable sugars is a
primary method of biofuel production. Nevertheless, the lack of an efficient and
profitable cell-wall degrading technique or enzyme continues to be a major obstacle
preventing the commercialization of a biologically-based lignocellulosic biomass
conversion process.

Plant biomass has developed complex structural and chemical mechanisms for
resisting attacks on its structural sugars from the microbial and animal kingdoms>®. This
dissertation considers the natural resistance of plant cell walls to microbial and enzymatic
deconstruction, collectively known as biomass recalcitrance.

Biomass recalcitrance typically arises from the following aspects: epidermal
tissues, chemical compositions, the physical structure of the plant cell wall, the cellulose
structure, and pretreatment-induced effects (Figure 1-13). Himmel and colleagues have
summarized the natural factors contributing to the recalcitrant nature of cellulosic

biomass against physical, chemical, and enzymatic degradation, to include>®-: (i) the
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epidermal tissues of the plant, particularly the cuticle and epicuticular waxes; (ii) the
relative amount of sclerenchymatous (thick wall) tissue; (ii1) the arrangement and density
of vascular bundles; (iv) the degree of lignification®!-%%; (v) the physical heterogeneity and
complexity of cell-wall structures, such as microfibrils and matrix polymers®3; (vi) the
challenges for enzymes acting on an insoluble substrate®; and (vii) the inhibitors to
subsequent fermentations that naturally exist in cell walls or are generated during the
conversion processes®. Plant wall cells vary in the levels of degradation simplicity. For
example, a vascular tissue cell is most resistant to microbial degradation while a
parenchyma cell is more vulnerable to degradation®. Additionally, cellulose crystallinity
and the presence of other inhibitors to enzymatic hydrolysis, such as cell wall proteins
and uronic acid, also cause the recalcitrance of cellulosic biomass. Furthermore, during
processes of pretreatment of cellulosic biomass, some structural changes may contribute
to a lesser extent to recalcitrance, such as the collapse of the vascular structure of plant

wall cells and reannealing of cellulose — hornification®.
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Figure 1-13. Factors constructing biomass recalcitrance.

1.5 Objectives

Enzymatic hydrolysis of cellulose by cellulase is assumed to consist three major
steps, i.e., initial binding, decrystallization, and hydrolytic cleavage. Currently, the
mechanism for the decrystallization has not yet been elucidated, though it is speculated to
be the rate-limiting step of the overall enzymatic function. A major technical challenge to
the understanding of the decrystallization is the lack of an effective experimental
approach for examining the decrystallization. It is assumed that decrystallization occurs
on the surface of solid cellulose and it facilitated by cellulase. Thus, the primary goal of
the current study is to develop an experimental approach for assessing the
decrystallization activity in real time and to provide experimental evidence for

decrystallization.
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To achieve these objectives, a cellulose film having a controlled level of physical
properties, including thickness, roughness, and crystallinity was developed. Spin coating
of a cellulose solution was used to prepare the film. In addition, nanoparticles consisting
one to three layers of cellulose molecules was prepared on mica.

An atomic force microscope (AFM) was employed to study the surface
topography by measuring the surface roughness of the cellulose film. AFM was also
utilized to examine the height of cellulose nanoparticles. X-ray diffraction (XRD) was
applied to investigate the crystallinity of cellulose film.

Two forms of cellulase, active cellulase and inactive cellulase, were used in this
study. The inactive celluase is made non-hydrolytic by action of a paladium complex.
Bovine serum albumin (BSA), which has similar size and mass as cellulase, was used as
a blank protein.

1.6 Organization

The current dissertation has seven chapters. Chapter 1 serves as an introduction,
detailing background information, including cellulose, cellulase, cellulosic biofuels, and
the objectives of the dissertation. Chapter 2 introduces research techniques used in the
current dissertation. Chapter 3 describes the use of a nanomechanical sensor (i.e.,
microcantilever) to probe the interaction between cellulase and cellulose and presents the
first experimental evidence of the decrystallization. Chapter 4 describes the study of the
cellulase—cellulose interaction based on topography changes during enzymatic
hydrolysis, providing further experimental proof of the decrystallization. Chapter 5
presents a study on the interaction between water molecules and cellulose molecule

chains (with the cellulose bilayer nanoparticles as a model substrate). Dr. Linghao Zhong
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provides the results of computational calculation. Chapter 6 is a published manuscript,
and to the best of the current study’s knowledge, it reports one of the few studies that
utilized a microcantilever nanomechanical sensor to study the mechanical properties of
cells. Chapter 7 summarizes the dissertation and discusses the important contribution of

the findings, as well as future plans.
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Chapter 2: Research Methods

2.1 Atomic Force Microscopy (AFM)
2.1.1 Principles

Atomic force microscopy is a type of scanning probe microscopy (SPM) with
high resolution, used to measure surface properties. The scanning tunneling microscope
(STM), a precursor to AFM, was developed by Gerd Binnig and Heinrich Rohrer in 1981
at IBM Research, in Zurich, Switzerland. It was the first instrument capable of directly
obtaining three-dimensional images of a solid surface at an atomic resolution. Binnig and
Rohrer received a Nobel Prize in Physics in 1986 “for their design of the scanning
tunneling microscope™®’. In 1986, based on the design of the STM, Binnig and his
colleagues developed the first AFM to measure ultra-small forces (less than 1 uN)
between the AFM tip and the sample surface®®7°. The first commercially available AFM
was introduced in 1989 and has become a popular surface profiler for topographic and
force measurements on the micro-nano scale’!. Unlike the STM, which can only be used
to study an electrically conductive surface, the AFM can be used to measure any surface,
including electrically conductive and insulating surfaces. The AFM probes the
topography of the surface of a sample with an ultra small tip located at the free end of a
flexible microcantilever beam with a low spring constant (lower than the forces bonding
the atoms of the sample surface). It is flexible enough that even van der Waals and
coulombic interactions between the microcantilever tip and atoms of the sample’s surface
bend the microcantilever’?. The microcantilever, as shown in Figure 2-1, can experience
two types of interactions (Lennard-Jones potential): 1) repulsion: if the tip is close

enough to the sample surface, the force between the tip and sample will be repulsive,
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typically short-range coulombic interactions; 2) attraction: if the distance between the tip
and the sample surface increases, the force between them will be an attractive, typically
van der Waals interaction. If the distance continues to grow, they will be separated and
the microcantilever will experience no force’. The force experienced by the
microcantilever will make the microcantilever bend according to Hooke’s law.
Moreover, the deflection of the microcantilever can be detected by a laser which
reflects from the microcantilever to a photodiode. The combination of this deflection
signal and the position of the tip on the sample’s surface provides information about the
surface topography. The working scheme is shown in Figure 2-2. A three-dimensional
surface profile will be given by AFM. With this powerful tool for surface imaging, it is

possible to investigate surface changes within a chemical or physical process.
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Figure 2-1. Force-distance relation of atomic force microscope (AFM) microcantilever.”*
Adapted from Maver, 2016.7
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2.1.2 Instrument Configuration

A typical AFM instrument includes the following components (see Figure 2-2).

1) A piezo translator system (piezoelectric tube) which moves the sample under
the stationary tip (for small samples, as shown in Figure 2-2) or scans the tip over the
sample (for large samples, not shown). The piezoelectric tube scanner can generate sub-
Angstrom motion increments.

2) A flexible microcantilever with a sharp tip secured to the AFM scanner head.
The force between the tip and sample is small (less than 10~° N). The microcantilever is
usually made from silicon which has a small spring constant.

3) A probe detection system, including a photodiode and electronics, measures

the deflection of the microcantilever and feeds this signal to the AFM controller.

4) The AFM controller unit communicates with the computer, scanning system,
and probe detector. It provides the voltage to drive the scanner, receives signals from
the detector, contains the feedback system to maintain either the deflection (force) or
the height of the piezo constant during scanning, retrieves commands from the
computer, and feeds all information back to the computer to draw a three-dimensional
image.

5) The computer controls all the instruments and completes data processing,

image building, analysis, and display.

6) Other components include a vibration isolation table, an optical microscope

for sample monitoring and laser alignment, and a thermal block to heat the sample to

50°C.
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2.1.3 Functions of AFMs and Working Modes

The AFM has three major functions: surface topographic imaging, force
measurement, and manipulation. For force measurement, the AFM can be used to
measure the force between the tip and the sample as a function of their distance. For
manipulation, this force can be utilized to manipulate the sample in a controlled manner.
For surface imaging, there are three primary modes: contact, tapping, and non-contact.
2.1.3.1 Contact (repulsive) Mode

Contact mode is the original and the first operational mode of the AFM. The tip is
placed in constant contact with the sample. As the probe slides softly across the sample
surface, the contact force causes the microcantilever to bend to accommodate changes in
the topography. There are two working modes for contact mode: constant deflection and
variable-deflection (constant height). In constant deflection, the contact mode feedback
loop maintains the deflection of the microcantilever at a setpoint value by vertically
adjusting the scanner. The adjustment of the scanner is displayed as AFM data. By
maintaining a constant deflection, the force between the tip and the sample remains
constant. The ability to track the surface in this manner is limited by the feedback circuit
and scanner. However, in variable-deflection (constant height), the tip is allowed to scan
without height adjustment from the scanner and the microcantilever deflection, which
changes along with the surface topography, is measured. It is the deflection of the
microcantilever that is displayed as data. Constant height mode is extremely useful for
high-speed AFM scans, but the sample must be relatively flat and small for the feedback

loop to maintain control during scanning.
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Because the tip is in firm contact with the surface, the stiffness of the
microcantilever must be less than the effective spring constant holding atoms together,
around the order of 1-10 nN/nm. Thus, most microcantilevers used for the contact mode
have a spring constant less than 1 N/m. The advantages of contact mode are its higher
scan speeds, the ability to obtain atomic resolution images, and it is more user-friendly
for rough samples. Disadvantages include that the lateral (shear) forces can distort
features in the images, capillary forces from the adsorbed fluid layer on the sample
surface may significantly influence the interaction force, and the combination of these

aspects may damage the sample surface and more easily wear out the microcantilever.

2.1.3.2 Tapping Mode

Tapping mode, also referred to as intermittent-contact or Dynamic Force Mode
(DFM), is the most commonly used of all AFM modes. It is a patented technique from
Bruker (TappingMode™).

In an ambient environment, most samples develop a liquid layer on the surface.
The tip tends to stick to the surface because of capillary forces between this layer and the
probe. To prevent this effect while keeping the tip close to the surface for imaging,
tapping mode was developed. In tapping mode, a stiff microcantilever oscillates close to
the sample at its resonance frequency (~50-500 kHz) and part of this oscillation extends
into the repulsive regime. The oscillation amplitude changes with the sample surface
topography and there is a vertical feedback loop minimizing this change. By monitoring
the amplitude change and the vertical loop feedback, topographic 3D images can be

plotted.
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An advantage of tapping mode is that it can eliminate lateral forces that damage
samples and reduce image resolution and allow imaging samples that are considered
impossible to image with other working modes of AFM. Because of the gentle tapping
behavior of the microcantilever on the sample surface with the tapping mode, there are
lower forces and less damage to soft samples. With proper scanning parameters, the
conformation of single molecules can remain unchanged for hours during scanning.
However, because of the nature of the tapping movement, the scan rate is slower than
contact mode.

Another advantage of tapping mode is the ability to obtain phase images. The
phase of the microcantilever’s oscillation can provide information about energy
dissipation when the microcantilever taps on the sample, containing details about the
stiffness or adhesion properties of a sampling area. Tapping mode can thus be particularly
useful for studying samples whose parts have different mechanical properties, like block

polymers or biological materials.

2.1.3.3 Non-contact (attractive) Mode

In non-contact mode, the tip of the microcantilever does not contact the sample
surface. Rather, it oscillates at its resonance frequency near the surface, above the
adsorbed fluid layer in the ambient environment. The interaction force between the probe
and the sample is within the attractive region (typically van der Waals interactions). This
interaction decreases the oscillation frequency of the microcantilever. A feedback loop
system monitors this decrease in oscillation frequency and adjusts the tip-to-sample

distance to maintain a constant oscillation amplitude or frequency. By measuring this
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distance across the entire sample surface, the scanning software can construct a
topographic image.

The most significant advantage of non-contact mode is that there is no tip or
sample degradation because there is no force exerted on the sample surface. However, the
technique has some disadvantages limiting its application, including a lower resolution
from the tip-sample separation, a slower scan rate to avoid contacting the adsorbed fluid
layer, and it also requires extremely hydrophobic samples to minimize the thickness of

the adsorbed fluid layer.

2.1.3.4 Other Operational Modes

There are additional operational modes of AFM. Lateral force microscopy (LFM)
measures frictional forces between the probe and the surface. Laterally moving the tip on
the sample surface creates a lateral force that will “twist” the microcantilever. By
measuring the level of twisting instead of bending, it is possible to qualitatively
distinguish areas with higher friction from smoother areas. Magnetic force microscopy
(MFM) registers the magnetic force gradient and distribution above a sample’s surface by
means of a microcantilever coated with a ferromagnetic thin film in non-contact mode.
Electrostatic force microscopy (EFM) applies voltage between the probe and the surface,
thus, the microcantilever deflects when scanning over static surface charges in non-
contact mode, and the electric field gradient and distribution can be mapped. There are
other operational modes, including, but not limited to, scanning capacitance microscopy
(SCM), scanning electrical potential microscopy (SEPM), magneto-resistive sensitivity

mapping (MSM), and chemical force microscopy (CFM).
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Most of the methods register the bending of the microcantilever as voltage: the
experimenter, using a calibration factor and the microcantilever’s spring constant
computes the force between the tip and the sample, the force at each point on the scanned
area is used to generate a three-dimensional image of the surface. These techniques all
belong to surface probe microscopy (SPM).

2.1.4 Advantages and Disadvantages of AFM

The AFM has several advantages over the scanning electron microscope (SEM),
transmission electron microscopy (TEM), and the scanning tunneling microscope (STM).
Compared to electron microscopes, including SEM and TEM, the AFM can provide a
three-dimensional, rather than a two-dimensional image. Also, the sample for AFM
imaging does not require special treatment (such as metal coating, specimen sectioning,
or positive staining), which may damage samples and alter surface properties. The
working conditions for AFM are also more feasible. The process can be completed in a
vacuum, air, or even liquid environment. The SEM or TEM requires an expensive
vacuum environment for proper operation. Thus, it is possible for AFM to study materials
at their working temperature and pressure, biological macromolecules in their proper
buffer, and even in vivo specimens. Compared to the STM, the AFM does not require the
sample to be conductive, significantly broadening its applications.

The AFM also has several disadvantages. Because of the way it probes the
sample, the tip must image the entire imaging area point by point. The scan size is small
and the scan rate slow. A common, commercial AFM instrument can only produce an
image smaller than 15 % 15 um with a resolution less than 512 x 512, and it may require

up to 20 minutes to scan one image of this size and resolution. Also, AFM images need to
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be flattened before analysis, due to the nonlinearity, hysteresis, and creep of piezoelectric
materials. The larger the scan size, the more flattening require. Moreover, because
imaging by AFM depends on a sharp microcantilever tip, there is the possibility of image
artifacts. Some of these disadvantages can be overcome by the use of a sharp tip,
programming software with better correction algorithms, and deploying a fast-acting
design.
2.2 Nanomechanical Microcantilever Sensor
2.2.1 Introduction

Sensors are devices that transform one form of energy or response into another
form, detecting the signal produced during this transition. These sensors include, but are
not limited to, electrochemical, electroacoustic, photoelectric, electromagnetic, magnetic,
thermoelectric, and electrical. A mechanical sensor responds to changes in an external
parameter, such as temperature or molecule adsorption, through a mechanical response”.
Mechanical sensors consist of two parts: a fixed and a movable part. The movable part
can be a thin membrane, plate, or beam, fixed at one end or both ends. One common
mechanical sensor is a microcantilever. It has a flexible beam fixed on a substrate (Figure
2-3). When used as probes for AFM imaging, there is a sharp tip on the free end of the
flexible beam. The fabrication of small microcantilevers takes advantages of
developments in silicon micromachining techniques developed for integrated circuit (IC)
process technology. They are typically made of silicon, silicon oxide, or silicon nitride,
and are commercially available in different shapes, dimensions, and spring constants. The
first report to use cantilever-like beams as a sensor was published by Wilfinger ef al. in

19687°. The size of the silicon microcantilever used to detect resonances was about 5 x 3
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x 0.8 cm, quite large compared to cantilevers currently manufactured. Their study already
contained basic concepts for use of a microcantilever as a sensor, as well as applying
piezoelectricity to stimulate the microcantilever. In the following decades, due to
limitations of manufacturing techniques, there were only a few reports related to

microcantilever sensors’’-’8.

t%\/ﬁ

Figure 2-3. Schematic of a microcantilever, including a rigid substrate and a tip.
The dimension of tip: / — Length, w — width, # — thickness.

2.2.2 Operational Modes of the Microcantilever
Similar to the AFM, the microcantilever as a sensor has various operating modes.

Depending on whether the microcantilever oscillates while working as a sensor, the
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modes can be divided into two categories: static and dynamic. Based on their

applications, they can then be subdivided into nine main subcategories (Figure 2-4).

Static mode Dynamic mode Heat mode
(surface stress) (microbalance) (temperature)
b) Yoo e e h)
Diffusion into polymer Catalytic reaction
C) i) Heat source T

e e

Heat sink

Biomolecular recognition Biochemistry Calorimeter

Figure 2-4. Basic microcantilever operation modes.”
Adapted from Bhushan, 2010. (a) Static bending of a microcantilever on adsorption of a molecular layer.
(b) Diffusion of molecules into a polymer layer leads to swelling of the polymer and eventually to bending
of the microcantilever. (c) Highly specific molecular recognition of biomolecules by receptors changes the
surface stress on the upper surface of the microcantilever and results in bending. (d) Oscillation of the
microcantilever at its resonance frequency (dynamic mode) allows information on mass changes taking
place on the microcantilever surface to be obtained (application as a microbalance). (¢) Changing the
temperature while a sample is attached to the apex of the microcantilever allows information to be gathered
on decomposition or oxidation processes. (f) Dynamic-mode measurements in liquids yield details on mass
changes during biochemical processes. (g) In heat mode, a bimetallic microcantilever is employed. Here,
bending is due to the difference in the thermal expansion coefficients of the two materials. (h) A bimetallic
microcantilever with a catalytically active surface bends due to heat production during a catalytic reaction.
(1) A tiny sample attached to the apex of the microcantilever is investigated, taking advantage of the
bimetallic effect. Tracking deflection as a function of temperature allows the observation of phase
transitions in the sample in a calorimeter mode.”
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2.2.2.1 Static Mode

In static mode, the microcantilever does not oscillate but remains static. The top
side of microcantilever is covered by an adhered layer. The microscopic change in
geometry of the adhered layer (e.g. length or volume) can induce bending of the
cantilever. If the adhered layer expands along the length of the microcantilever, the
cantilever bends down. If the adhered layer shrinks along the length of the
microcantilever, the cantilever bends up. The deflection on the microcantilever is
perpendicular to its long axis.

The static mode can be operated in various environments, including air (Figure 2-
4a and Figure 2-4b) and liquid (Figure 2-4¢). For example, the top surface of
microcantilever can be coated with a layer of gold (Figure 2-5). When this coated
microcantilever is exposed to a vapor of alkylthiol molecules, spontaneous adsroption of
these straight-chain thiol molecules occurs, and the microcantilever bends down®-80.
Static mode can also be used in air on polymer films (Figure 2-4b). A wide range of
polymers can be selected and the magnitude of response depends on the chosen polymer.

Static mode can also be used in liquids, even in biological buffers. It requires a
specific sensing layer on the microcantilever based on molecular recognition response,
such as antigen-antibody recognition and DNA hybridization®!=%° (Figure 2-4c). This
response with a biochemically functionalized microcantilever is highly specific to
biomolecules based on biomolecular key-lock principles of molecular recognition.
Depending on biochemical interactions, the cantilever may bend either up or down The

detection efficiency is pivotal for this type of application.
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Figure 2-5. Schematic diagram of chemisorption of straight-chain thiol molecules on a gold coated
microcantilever.
Adapted from Lavrik, 2004. Spontaneous adsorption processes are driven by an excess of interfacial free
energy and accompanied by a reduction of interfacial stress®.

2.2.2.2 Dynamic Mode

When the microcantilever oscillates at its resonance frequency, the mass change
can be accurately determined by the frequency change. Owing to the addition of mass on
the microcantilever surface, the microcantilever oscillates at a lower frequency from
damping effects (Figure 2-4d). The mass change is calculated from the frequency shift as

follows’!:
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where Am is the mass change of the microcantilever, fp and f; are the frequencies before
and after the mass change occurs, respectively, and & is the spring constant of the
microcantilever.

Similar to the static mode, the dynamic mode can operate in various environments
and at a variety of temperatures (Figure 2-4d, e, f). The simplest and most sensitive setup
in dynamic mode operates in air. In air, the resonance frequency can be easily determined
with a resolution below 1 Hz. In a liquid, because of the damping of the oscillation due to
the viscosity of the surrounding medium, the sensitivity is lower (with a resolution of
about 20 Hz). However, it is still an efficient method for studying the adsorption of
targeted molecules, especially biomolecules (Figure 2-4f). In dynamic mode, the
microcantilever can also be used as a micromechanical thermo-gravimeter. When the test
sample is bound to the surface by the end of the microcantilever while it is oscillating, the
mass change of the test sample due to thermal treatment can change the oscillating
frequency of the microcantilever. It is sensitive due to the small sample size (less than
several hundred nanograms), and even a mass modification in the range of a picogram

can be detected in real time®?.

2.2.2.3 Other Operational Modes

There are further operational modes of the microcantilever sensor, including but
not limited to heat (Figure 2-4g, h, 1), photothermal spectroscopy, electrochemistry,
electrostatic, and magnetic forces detector modes®*~%. In heat mode, the microcantilever

consists of two different materials with different thermal expansion coefficients. Thus, it
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bends when it absorbs heat. For photothermal spectroscopy, it employs a similar
microcantilever-like heat mode but is heated by photons from light. In electrochemistry
mode, the microcantilever is coated with a metallic electrode. During the electrochemical
processes, the transfer of ions between the electrolyte and electrode can produce surface
stress and electrostatic forces, in turn producing observable bending of the
microcantilever. For electrostatic and magnetic force sensors, charged or magnetic
particles are usually deposited on the microcantilever and the attractive or repulsive
forces between the particles and the environment can bend the microcantilever. The
forces can be calculated based on principles of electrostatics and magnetism.

2.2.3 Advantages and Disadvantages of the Microcantilever Biosensor

The nanomechanical microcantilever sensor has become a powerful and highly
sensitive tool to study physisorption, chemisorption, and biosorption, as well as to
investigate the properties of materials during heat transfer and phase transitions. For
biological applications, since it is possible to work in liquid environments, it also
provides great flexibility in tapping into complex biochemical reactions, such as DNA
hybridization or molecular recognition.

Due to inevitable thermal drift and other undesirable interactions between the
microcantilever and its environment, the results from a sensor system with a single
microcantilever are not always reliable. To avoid the baseline drift and deflection induced
by nonspecific adsorption of molecules on the microcantilever surface, multiple reference
microcantilevers are sometimes introduced as a control. This microcantilever array can

produce more consistent results and is likely the future of microcantilevers as sensors.
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2.3 Quartz Crystal Microbalance
2.3.1 Introduction to the Quartz Crystal Microbalance

Among mechanical biosensors, the quartz crystal microbalance (QCM) has
become one of the most established instruments. This device is based on quartz crystal
resonators that are piezoelectric and thus enable the direct measurement of crystal
deformation through electrical methods. With this device, the resonance frequency is
measured and related to the mass change induced by an analyte binding to the recognition
layer immobilized on the crystal surface.
2.3.2 Principles of QCM

The main component of a QCM is a thin quartz wafer sandwiched between two
metal electrodes (Figure 2-6). The quartz wafer is produced from bulk quartz cut at
specific orientations (Figure 2-7). These orientations are classified based on angles
around the rectangular coordinate system OXYZ in a quartz crystal structure. Quartz
crystals with different cut types will produce different piezoelectric responses. Two
common cuts are X-cut and AT-cut crystals. The X-cut is cut normal to the x-axis. The
AT-cut was introduced by Lack et al. and it is cut at 35° from the z-axis®’. The “T”
implies that the quartz is temperature-compensated and the “A” stands for the first of

such cuts to be discovered. It has good performance over a wide temperature range.
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Figure 2-6. (a) Schematic diagram of a quartz crystal sensor, (b) cross-sectional view of the sensor.
Adapted from QSense® (http://www.biolinscientific.com/q-sense/).

Figure 2-7. Quartz crystal orientation and common quartz crystal cuts.”®
Adapted from Hewlett Packard®, 1997. AT-cut is the most popular cut of quartz crystal in use.®’
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Due to the piezoelectric nature of the quartz crystal, an alternating current (AC)
applied to the electrodes results in the in-plane shear of the quartz crystal®®'%, Resonance
is generated when an AC voltage is applied with a frequency close to the resonance
frequency (fo) of the specific crystal. The resonance frequency of a QCM changes when
the mass on one of its electrodes changes. In 1959, Sauerbrey provided experimental
proof of the mass-frequency relationship!'®!. Sauerbrey demonstrated that adding mass to
the surface of the quartz crystal produces a frequency decrease proportional to the added
mass. The linear relationship between changes in frequency, Af, and adsorbed mass, Am,

is referred to as the Sauerbrey relationship':

Am = ZAf, 2-4

where Am is the mass deposited per unit area of crystal surface, Af;, is the change in
frequency at the vibrational mode number n, and C is the mass sensitivity constant of the
instrument (17.7 ng/Hz-cm? for a 5 MHz quartz crystal)!®’. The Sauerbrey relationship is
based on the assumption that the mass adsorbed on sensors is rigid. Many applications of
QCM are problematic when frequency changes are due to the viscous and elastic
properties of liquid samples.

As such, energy dissipation monitoring was introduced into the QCM system.

Dissipation factor, D, is a parameter that quantifies energy damping in the system!0%-102-

108 Dissipation occurs when the driving voltage to the crystal is shut off and the energy

from the oscillating quartz crystal dissipates from the system (Figure 2-8). D is defined

aSlO9
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where Eiost is the energy lost during one oscillation cycle and Esored is the total energy

stored in the oscillator.

This new QCM-D system can spontaneously detect frequency and dissipation and

provides insights into the structural (viscoelastic) properties of adsorbed layers.
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Figure 2-8. Schematic diagram of the difference in dissipation signal generated by a rigid (red) and soft

(green) molecular layer on the sensor crystal.

Adapted from QSense® (http://www.biolinscientific.com/q-sense/).
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Chapter 3: Use of a Nanomechanical Sensor to Probe the Interaction Between
Cellulase and Cellulose
3.1 Introduction
Cellulose is the most abundant biopolymer on earth. It is renewable and
biodegradable. Cellulose is insoluble and resistant to enzymatic hydrolysis, not only
because the B-1,4-glycosidic bonds are strong covalent bonds, but also because the
cellulose microfibrils are packed into tightly bound and crystalline lattices. Aggregation
of cellulose prevents the direct access of each cellulose chain by biomolecules, including
cellulase. Cellulases are produced by bacteria, fungi, plants, and some invertebrates, to
convert insoluble cellulose to soluble sugars through general acid/base catalysis. It
catalyzes the hydrolysis of B-1,4-glycosidic bonds of cellulose, breaking insoluble
cellulose into fermentable simple sugars. There are three steps in the overall enzymatic
hydrolysis process: initial binding, decrystallization, and hydrolytic cleavage. Although
some previous research based on computational results suggests that the dissociation of
cellulase from the substrate after hydrolysis is the bottleneck!!'?, most researchers believe
that the decrystallization is the rate limiting step*®!'!-1'4, Even with the importance of the
decrystallization, the mechanism for this step has not been fully clarified. The lack of
substantial progress in understanding the mechanism underlying the decrystallization can
be largely attributed to the dearth of experimental approaches capable of examining
interfacial enzymatic activity on solid substrates.
The conventional method for studying the hydrolysis of cellulose involves

monitoring the concentration of glucose and other simple sugars produced in this

hydrolytic process'?. This is not suitable for studying the decrystallization, as no new
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compounds are generated in this process. Other techniques can be used to investigate the
structural change of cellulose fibers, such as Fourier transform infrared spectroscopy
(FTIR)!4115-117 'Raman spectroscopy!#!!%:119 "and X-ray photoelectron spectroscopy
(XPS)!20-123 However, these techniques focus on variations of cellulose at a global scale.
The proposed mechanism (Figure 1-12) of decrystallization is likely to cause
modification only on the surface of the cellulose substrate and within a relatively small
region at nanometer scale. Thus, the techniques mentioned above are insufficiently
sensitive for studying decrystallization.

Another common method for studying the interaction between a biological
recognition layer (cellulose substrate) and adsorbate (cellulase enzyme) is the use of a
biosensor. Existing biosensors can be classified into three categories: optical, electrical,
and mechanical. Optical biosensors are highly sensitive but sometimes require laborious
labeling processes. Electrical biosensors specialize in detecting biological processes that
involve electron transfer.

Mechanical biosensors are based on the physical changes produced by the binding
of targeted molecules. Among mechanical biosensors, the quartz crystal microbalance
with dissipation monitoring (QCM-D) can be used to study the enzymatic hydrolysis of
cellulose!04-108.120.124-134 "However, it is not suitable for studying the decrystallization, as
the frequency signal measured by QCM-D is primarily induced by changes in the mass of
the substrate coated on sensors, but enzymatic decrystallization by cellulase does not
cause any change is the dry mass of cellulose, and there is no firmly established link
between any mass change in hydrated cellulose and decrystallization!!!:!'3. The change in

dissipation during enzymatic hydrolysis of cellulose could be caused by various
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processes, such as the decrystallization, the adsorption of cellulase, morphological
changes during cellulase enzymatic activities, hydration from coupled water, and film
swelling!%6124 This makes it difficult to obtain information about the decrystallization
from the QCM-D measurement.

Another mechanical biosensor is the nanomechanical sensor—a mechanical
sensor capable of nanometer-scale sensing. A typical nanomechanical sensor is the
microcantilever. A microcantilever is typically 200 um long, 1 um thick, and 20 um
wide, and comes in various types of shapes (Figure 3-1), as do AFM probes. A
microcantilever has been used to study interactions between different biomolecules®®!3>-
157 Tts applications include, but are not limited to, DNA and RNA recognition®:143:147.148
the quantitative study of the mechanical response of receptors to antibiotics!#?!44154  the
recognition of interactions between proteins and receptors'#-133, the detection of bacteria
and pathogens'3%130.151 " the study of conformational changess of proteins'*>, and the
development of a mass sensor for nanoparticles'#>1>°, All these interactions can produce
bending, which can then be detected by use of a laser beam to measure the deflection of

the tip of the microcantilever. Thus, the detection takes place in real time (Figure 3-

2)89,1377140,143,148,1587161 .

(A) (B)

Figure 3-1. Various shapes of the microcantilever



46

Photo detector

Laser

Figure 3-2. Working scheme of the microcantilever.

Other methodologies developed for the real-time study of cellulase include

electrochemical sensors'®?, flow ellipsometry!%3

, and isothermal titration calorimetry
(ITC)'+167, High-Speed AFM!® and photo-activated localization microscopy'® can
provide highly valuable information about cellulase activities on a substrate. However,
like QCM-D, although they are capable of real-time studies, they cannot be used to
examine the decrystallization because of the complexity of the data.

The properties of the substrate, including surface topography!70-173,
heterogeneity'’’, and crystallinity!’*!7>, can influence the ability of cellulase enzyme to
carry out enzymatic hydrolysis!”>. On the other hand, mechanisms of synergistic effects

of cellulases are complex and not fully understood!’®, and the published results show

inconsistent findings!”’.
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3.2 Previous Research on Decrystallization and Its Limitations

In the absence of experimental approaches for studying decrystallization,
computational methods have been used. Beckham et al. calculated the free energies of
decrystallization for four common cellulose polymorphs and placed them in decreasing
order as follows: cellulose Ig, cellulose I, cellulose 111y, and cellulose IT''!. It is posited
that the lower the free energy of decrystallization, the easier will be the overall
hydrolysis. They also predicted that edge chains in native cellulose (cellulose Iy, cellulose
Ig) are more difficult to decrystallize than those in synthetic cellulose allomorphs
(cellulose II and cellulose III). To explain the enhanced overall hydrolysis of cellulose 111
compared with cellulose I, Gao ef al. set up a mechanistic kinetic model, including
enzyme binding, decrystallization, and glycosidic bond hydrolysis!'3. They concluded
that individual cellulose chain decrystallization free energies are smaller for cellulose III
than cellulose 1.
3.3 Objective of the Current Study

This section develops a novel nanomechanical sensor and applies it to explore the
interaction between cellulase and a cellulose solid substrate. With this technique,
activities of both native cellulase and non-hydrolytic cellulase (chemically deactivated)
on cellulose substrate film are examined. The experimental evidence for decrystallization
is demonstrated by comparing the results from native cellulase and non-hydrolytic

cellulase.
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3.4 Materials and Methods
3.4.1 Preparation of Microcantilever Coated with Cellulose Model Film

200 mg microcrystalline cellulose (Sigma-Aldrich, Inc., St. Louis, MO) was
added to 10 mL of 50-wt.% water/N-methylmorpholine N-oxide (NMMO, Alfa Aesar,
Ward Hill, MA) and mixed on a hot plate at 110°C until the solution (~1 wt.%) was
transparent. Then, 10 mL of dimethyl sulfoxide (DMSO, VWR, West Chester, PA) was
added to dilute the solution. This cellulose solution was freshly prepared before every
spin coating.

A microcantilever (SHOCON-TL-200, purchased from Applied NanoStructures,
Inc.) was successively soaked in DI-water (Milli-Q, resistivity > 18 MQ-cm) for 30 min,
ethanol for 30 min, followed by UV-ozone (ProCleaner™) treatment for 30 min.
Polyvinyl amine (PVAm, BASF) was used as an anchoring substance to improve the
attachment of cellulose to the substrate. Microcantilevers were immersed into a 0.22-
wt.% solution of PVAm for 20 min three times, rinsed with water between each
immersion, and air dried before spin coating. Following this process, a thin layer of
PV Am was coated on both the top and bottom sides of the microcantilever, working as
anchoring layers to improve the adsorption of cellulose on the substrate. After
pretreatment, model films were prepared by means of spin coating the cellulose solution
evenly onto the top side of the microcantilever at 3000 rpm for 1 min. The
microcantilever was then soaked in DI-water for 12 hours, air dried at room temperature,
and dried in an oven at 80°C for 1 hour. As a result, the microcantilever was only coated

on one side with cellulose (Figure 3-3). When cellulase acts on the cellulose coating and
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changes the surface stress on one side, the surface stress difference Ac between the two

sides of the microcantilever produces measurable deflection of the microcantilever.

Laser Photo detector

= PVAM
Cellulose

Figure 3-3. The coating scheme of surface coating on the microcantilever.

3.4.2 Enzyme Preparation and Characterization

The native cellulase (Celluclast® 1.5L, a product of Novozyme Corp., isolated
from Trichoderma reesei) was purchased from Sigma-Aldrich. The partial enzyme, the
carbohydrate binding module, (CBM, MW = 17 kD, isolated from Clostridium
cellulovorans) was purchased from Sigma-Aldrich. Both were prepared as 0.10-mg/mL
solution in 50-mM sodium acetate buffer (NaOAc, pH 5.5, VWR, West Chester, PA). In
addition, some of the native cellulase was inactivated by treatment with (NH4)>PdCle
(Sigma-Aldrich, Inc., St. Louis, MO)'73181: this is termed non-hydrolytic cellulase (NH
cellulase) hereafter. The irreversible inhibition of native cellulase was carried out by

incubation of 0.30-mg/mL native cellulase with an equal volume of 200-uM (NH4)>PdCls
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solution at 50°C for 1 hour. The inactivated solution of cellulase was then loaded onto
Sephadex® G-25 gel (Sigma-Aldrich, Inc., St. Louis, MO) and was purified by
centrifugation at 1000 rpm for 10 seconds. After this step, the (NH4)>PdCles was removed
from the cellulase solution and NH cellulase was obtained. Then both native cellulase and
NH cellulase were mixed separately with 5.0-mM of p-nitrophenyl-B-D-cellobioside
(pNPC, TCI America, Portland, OR) at 50°C for 40 minutes, and were quenched with
1.0-M Na,COs3. The amount of p-nitrophenol released after hydrolysis of pNPC by native
cellulase and NH cellulase was calculated from the molar extinction coefficient of 18.5
ml/pmol/cm for p-nitrophenol at 410 nm (ODa10). Relative activity of NH cellulase was
determined as the ratio of the amount of p-nitrophenol produced by NH cellulase to the
amount of p-nitrophenol produced by native cellulase.

3.4.3 Cellulose Characterization

An AFM was used to characterize cellulose sample films. Before treatments with
native cellulase and NH cellulase, surface roughness and topography of the cellulose
films was examined with the AFM (Veeco NanoScope 3D multimode atomic force
microscope).

There are several roughness calculation methods associated with the AFM
technique. The current study employs roughness average (Ra) because it is a relatively
straightforward parameter to obtain. The roughness average is described as follows
(Figure 3-4)'82:

l
Rq = 7 [,1Z(x)ldx 3-1

where Z(x) is a function that describes the surface profile analyzed regarding height (2)

and position (x) of the sample over the evaluation length (L).



51

Z(x)

f ..-J“ A R A
...Jf \w / \\ i f |

A

Center line

—

=Y

——-

Sampling length (1)

Figure 3-4. Profile of a surface (Z).
This figure represents the roughness average (Ra) based on the center line. Adapted from Jenoptik™. 132

3.4.4 Detection of Enzyme—cellulose Interactions with a Microcantilever

All microcantilever measurements were performed with a modified commercial
Nanoscope III scanning probe microscope (Digital Instruments/Veeco, Santa Barbara,
CA). The cellulose-coated microcantilever was mounted with the coating face-down in a
liquid cell having a volume of 50 puL. Here, CBM, native cellulase, or NH cellulase was
introduced through injection either in a batch or continuous mode. For the batch mode,
the solution was injected all at once. In the continuous mode, the injection was controlled
by a syringe pump producing a steady flow rate ranging from 1 to 100 pL/min depending
on the experiment. The cellulose was allowed to equilibrate with the assay buffer (25-
mM sodium acetate, pH 5.5) for at least 2 hours before any addition. The solutions of
cellulases and CBM were prepared with the same buffer 30 min before use. Each assay
was performed against a reference to allow for subtraction of the background signal and
control for the bulk solvent effect. A desktop PC, running programs written in LabView
(National Instruments, Austin, TX) was used to record the microcantilever deflection

signal from the AFM via a data acquisition board with a maximum data acquisition rate
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of 300 kHz. The deflection measurement was monitored with a 5-mW laser diode at a
wavelength of 680 nm and a split position sensitive detector. During measurements, data
points were taken at a rate of 100 kHz. These data points were then averaged every 30
second. Calibration was carried out by measuring the ratio between the actual bending of
the microcantilever (nm) and the change of voltage measured by position sensitive
detector (volt) under controlled engagement. The conversion factor is 62 nm/volt.
3.4.5 Curve Fitting

We fit the progressive bending curves induced by the activities of native cellulase
and NH cellulase with a combination of an exponential decay function and a linear
function. The observed bending curves are apparently biphasic, suggesting that they
represent only two steps of the overall enzymatic hydrolysis process. The initial phase is
most likely the rapid reaction of the cellulose substrate with the enzyme cellulase to yield
a stoichiometric amount of a pseudo-Michaelis complex. This initial phase can be
described by an increase in microcantilever bending, the rate of which decreases with
time; this can be described by the exponential decay function in Equation 3-2 below. The
second phase is the steady state reaction of the pseudo-Michaelis complex that cleaves
the cellulose. As a processive enzyme, the cellulase is able to cleave the polymeric chain
of cellulose in its pseudo-Michaelis complex in a processive manner. This hydrolytic
cleavage results in a steady decrease in microcantilever bending, which can be described
by the linear function in Equation 3-2, representing zero order kinetics:!83-186

AZ = Aje ¥t —k,t + C 3-2

where AZ is the magnitute of the microcantilever bending, k; is the fitting parameter for

the exponential decay phase of the curve corresponding to the initial rise of the bending,
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k> 1s the fitting parameter of the linear phase of the curve corresponding to the decline of
the bending, A is the amplitude of the exponential decay, and C is a fitting constant.
Fitting results are shown in discussion.
3.5 Influence of Coating Methods on Cellulose Coatings

The preparation of a cellulose-coated nanomechanical microcantilever sensor is of
utmost importance for the success of this project. This requires the coating of a
microcantilever to meet at least two criteria. First, the microcantilever should be coated
on one side only. The other side should experience minimal binding to the adsorbate.
Otherwise, surface stress on one side would cancel that on the other side. Second, the
coating on the coated side should uniformly cover most of the microcantilever. The
formation of surface stress requires that the coating fully cover the microcantilever
surface. Both of these criteria are easy to achieve for a macro-sized surface by means of
spin coating. The small size of a microcantilever makes coating particularly challenging.
Also, the preparation of the cellulose solution involves NMMO as a primary solvent,
which has a high viscosity and is difficult to disperse on a microcantilever surface. The
combination of these two factors makes the task of cellulose coating demanding. For this
reason, several different coating methods were attempted to optimize the coating of the
microcantilever.
3.5.1 Spin Coating

Spin coating is one of the most common coating techniques for producing
uniform polymer thin films'3"-1°!, A typical sample preparation for spin coating follows
the following steps. First, a piece of double-sided tape is affixed to the center of a petri

dish. Second, several layers of Teflon tape are stacked next to the double-sided tape on
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the petri dish. Third, the microcantilever is then placed on the double-sided tape with the
microcantilever base stuck to the tape while keeping the microcantilever tip above the
Teflon tape. The number of layers of Teflon tape is carefully determined so the bottom
side of the microcantilever is blocked by Teflon tape and the microcantilever remains
flat. Then, the entire petri dish is subjected to spin coating such that the top side of the
microcantilever is coated with cellulose. See Figure 3-5 and Figure 3-6 for a schematic

diagram.

Petri Dish

[Double Sided Tape] [Teflon Tape]

Figure 3-5. Schematic diagram of the blocking technique for spin coating.



55

DN

[Cantilever Base| Cantilever Tip |

IDouble Sided Tape]

4

Figure 3-6. Close-up of a schematic diagram of the bottom blocking technique for spin coating.

The spin coating can also be carried out with the microcantilever flipped (Figure
3-7). The top side of the microcantilever has to be blocked with Teflon tape, and the

bottom becomes coated with cellulose.

A

[Cantilever Base] Cantilever Tip |

[Double Sided Tape] [Teflon Tape] %

Figure 3-7. Close-up of a schematic diagram of top blocking technique for spin coating (cantilever flipped).
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Spin coating for the microcantilever has a major disadvantage. Namely, it does
not have the ability to manipulate the solution at a micro scale and the solution tends to
bypass the microcantilever during spinning due to the surface tension of the solution.
Thus, the success rate of this coating method is likely to be low.

3.5.2 Float Coating

The current study developed a novel coating method, named float coating. Figure
3-8 provides a schematic description. This method entails carefully dropping a
microcantilever into a freshly prepared hot cellulose solution and slowly removing it after
several minutes (e.g., S minutes). Because of the low weight of the microcantilever and
the strong surface tension of the cellulose solution, the microcantilever can float on the
latter. If both steps have been carried out with caution, then only one side of the
microcantilever was in contact with the cellulose solution and a single-side coated
cantilever was obtained. The advantage of this coating method is that the cellulose
solution can completely cover the tip of the microcantilever. However, because there is
only a slight contact between the microcantilever and hot cellulose solution, the amount
of solution left on the microcantilever is tiny. Thus, the solid cellulose coating is thin and
the microcantilever may not be fully covered after the cellulose solution has crystallized.

Like spin coating, float coating can also be completed with the microcantilever flipped.
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|Cellulose soluti0n|

Figure 3-8. Schematic diagram of the float coating technique (cantilever shown flipped).

3.5.3 Brush Coating

The coating methods just discussed cannot be used to successfully manipulate the
cellulose solution at a microscale level. As a result, the cellulose solution is coated onto a
microcantilever with low chance. To address this problem, the current study developed an
additional coating method — brush coating—which utilizes a small, iron wire as a brush
to apply cellulose solution to a microcantilever under the microscope of AFM (Figure 3-
9). The microcantilever is first affixed onto the AFM sample stage with double-sided
tape. Next, a small iron wire is mounted to the AFM tip holder which is then inserted into
the AFM head. A small drop of freshly prepared cellulose solution is then transferred to
the tip of the iron wire. Considering that the AFM can manipulate the iron wire at a

nanoscale, the cellulose solution can be spread onto the microcantilever with the iron
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wire. This step is repeated three times. The AFM sample stage is heated to 50°C to
maintain the fluidity of cellulose solution. As a result, the coating side of the

microcantilever can be fully covered while the other side is kept clean.

A’Cellulose solution]

Figure 3-9. Schematic diagram of brush coating technique (cantilever shown flipped).

After the cellulose solution is brushed onto the microcantilever, it is placed into
DI-water for the cellulose to crystallize into a film on the microcantilever. This brush
coating method usually resulted in the complete coverage of cellulose on the
microcantilever. Compared with spin coating, the cellulose solution does not undergo
spreading, and the uniformity of the film obtained from brush coating technique was still
of concern.

To ensure a uniform, flattened model film, the brush coating method was
optimized by adding a spinning step before the microcantilever with cellulose coating

was placed into DI-water. The microcantilever was taped to the petri dish and spun on a
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spin coater while. The spinning helped to level out the cellulose solution on the
microcantilever, it did also sacrifice the thickness of the coating.
3.6 Results
3.6.1 AFM Images of Microcantilevers

Representative AFM images of microcantilevers are shown in Figure 3-10,
including: 1) no coating (clean microcantilever); 2) PVAm coating; 3) blocked side of
microcantilever after cellulose coating; and 4) coated side of microcantilever after
cellulose coating. After the cleaning process, the microcantilever was freed of
contamination (Figure 3-10A) and ready for PVAm coating. The PVAm was then dip-
coated onto the surface of the microcantilever (Figure 3-10B). With the PVAm coating as
an anchor layer, the cellulose solution was then coated onto the microcantilever. The
blocked side was free of cellulose (Figure 3-10C) and the coated side was covered by a
uniform layer of cellulose. Ideally, the coated side of the microcantilever must be

completely and uniformly covered with cellulose.

Cellulose coating Cellulose coating
- blocked side - coated side

No coating PVAM coating

Figure 3-10. Images of the microcantilever from the AFM.
(A) no coating (clean microcantilever), (B) PVAm coating, (C) blocked side of microcantilever after
cellulose coating, (D) coated side of microcantilever after cellulose coating.
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3.6.2 Characterization of Non-hydrolytic Cellulase

Palladium compounds irreversibly inhibit CBH I and EG II from Trichoderma
reesei, BG from A. niger (EglA), and B-glucosidases'’®17%-192, Different concentrations of
(NH4)>PdCls were employed to inactivate native cellulase. Although the native cellulase
used is a mixture of CBH (~70%, 40 — 60% CBH I), EG (~25%), and B-glucosidases
(~2%)'%3, all components have similar specific activities as tested with p-nitrophenyl-p-
D-cellobioside (pNPC) used in the current study’s assay'®*. The percentage activities of
NH cellulase are shown in Table 3-1 and Figure 3-11. It was determined that 200-uM
(NH4)2PdCle could decrease the relative activity to less than 3% after incubation with
native cellulase for 40 minutes. Since the relative error for these measurements is about
1%, activities are considered virtually halted with 200-uM (NH4)>PdCle after 40 minutes.
Thus, inactivation in the current study was carried out under these conditions. A possible
explanation for the observed inhibition of cellulase activity may be the disruption of

disulfide bonds, which serve to stabilize the active site tunnel of cellulase.'”®

Table 3-1. % Activities of non-hydrolytic cellulase
Time (rnin) 30 mM (NH4)2PdC16 100 mM mH4)2PdC16 200 mM (NH4)2PdC16

0 74.50 + 6.74 40.60 +5.72 30.99 +4.97
10 40.62 £5.25 6.36 +1.77 3.82+2.03
20 3896 + 1.61 5.70 + 1.87 2.74 £1.76
40 28.27+3.05 4.04+1.13 2.62+£1.10

60 26.44 +0.76 2.96 £ 0.54 0.93 +0.59
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0 min 10min 20min 40 min 60 min

Time (min)
Figure 3-11. % Activity of cellulase after treated with (NH4)2PdCls with different concentrations at
different durations.

3.6.3 Use of a Cellulose-coated Microcantilever for CBM Binding Assay

The microcantilever coated with cellulose was first treated with cellulase binding
module (CBM), a partial enzyme isolated from the cellulase enzyme. The bending of the
microcantilever was monitored and is shown in Figure 3-12. This modular domain, which
anchors cellulase to cellulose, does not generate hydrolysis activity on cellulose, but still
maintains the ability to bind to cellulose. Figure 3-12 clearly shows that exposing the
cellulose substrate on the microcantilever to the CBM does not generate any measurable

deflection over 120 minutes.
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Figure 3-12. The deflection curve of CBM actions on cellulose measured by the microcantilever sensor.

3.6.4 Use of a Cellulose-coated Microcantilever for Enzyme Activity Assays

Then, a cellulose-coated microcantilever was treated with native cellulase. The
results are shown in Figure 3-13. Immediately after the injection of native cellulase
(0.010 mg/mL), the microcantilever deflection increased, reached a peak, and then
decreased within a period of 10 hours. This suggests that native cellulase is capable of
inducing bending of the cellulose-coated microcantilever. The observed curve typically

indicates two counteractive activities, discussed in greater detail later.
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Figure 3-13. The deflection curves measured by the microcantilever sensor, probing native cellulase and
NH cellulase induced structural change of cellulose.

The same microcantilever assay was performed with NH cellulase instead of
native cellulase (NH cellulase has lost its ability to cause hydrolysis of cellulose). The
result is also shown in Figure 3-13. The deflection of the microcantilever increased
immediately after injection of the NH cellulase, similiarly to the behavior of cantilever in
the native cellulase environment. However, unlike that for native cellulase, the deflection
after the peak has been reached decreases neither rapidly nor extensively; on the contrary,
the deflection decreases very slowly. These differences are discussed in detail in the

discussion.
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3.7 Discussion

As shown in Figure 3-12, binding of CBM (binding module of cellulase) on
cellulose surface does not result in any bending of the cantilever. Although CBM is
smaller compared with cellulase, of the three steps of the overall hydrolysis process
effected on solid cellulose by native cellulase, the initial binding step does not likely
result in any bending of the cantilever (Figure 3-12). The bending observed can be
assumed to be due to the two other activities: decrystallization and hydrolysis (Figure 1-
12). In the microcantilever bending curve in the presence of native cellulase, the
deflection of the microcantilever increases at the beginning and decreases after
approximately 200 minutes, suggesting the occurrence of two processes of cellulase
activity, producing two counteracting effects on the microcantilever: upward bending
followed by a return to the unbent state at the molecular level (Figure 3-13). These two
processes are assumed to be decrystallization and hydrolysis. On the other hand, the NH
cellulase was able to generate upward bending at the beginning in similar manner to
native cellulase. This increase upward deflection, as for native cellulase, shows the
preservation by NH cellulase of the enzymatic activity responsible for the bending during
the early phase (Figure 3-13).

For quantification of aspects of the bending curves, a curve fitting procedure was
conducted on each experimental curve shown in Figure 3-14. This fitting procedure used
both linear and exponential terms in order to accommodate the whole range of each
experimental curve over the 700 minutes of data collected. The resultant fitting
parameters as per Equation 3-2 are shown in Table 3-2. For native cellulase, the intial rise

covered 0 to 200 minutes, and the decline phase covered 200 to 700 minutes. For NH



cellulase, the intial rise covered 0 to 300 minutes, and the decline phase covered 300 to

700 minutes.
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Figure 3-14. Curves fitted based on microcantilever bending data for native cellulase and NH cellulose.

Table 3-2. Fitting parameters of native cellulase and NH cellulase

Initial rise phase Decline phase R-Squared
(kix103 min!) (+ SE)  (k2x10"! min!) (+ SE)
Native cellulase 7.7 (x0.11) 1.0 (£ 0.01) 0.97
NH cellulase 7.1 (£0.11) 0.26 (£ 0.01) 0.94

In this fitting process, the quantity R? in the last column of Table 3-2 is used as an

indicator of the goodness of fit of the computed line to the experimental data. The high
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values of R? indicate that, in both native cellulase and NH cellulase, the computed lines
fit the data well.

Figure 3-13 and Figure 3-14 show that the deflections of micocantilever for both
native cellulase and NH cellulase increased immediately in a similar pattern at the
beginning. After that, for the NH cellulase, in which the hydrolytic cleavage activity has
been abolished, the declining phase of the induced bending of microcantilever was
substantially suppressed. By contrast, the decline of microcantilever bending in the case
of native cellulase is not suppressed. This result suggests that the decline of the
microcantilever bending and its return to a nearly unbent condition is most likely caused
by hydrolytic cleavage of the cellulose coating.

The initial rise of the bending curve may result from cellulase actions before
hydrolytic cleavage, such as initial binding and/or enzymatic decrystallization. However,
since the initial binding did not produce immediate and measurable microcantilever
bending (Figure 3-12), the initial rise of the bending curve would seem to be caused
solely by the decrystallization step. This is the first experimental evidence of
decrystallization as one of the steps of the overall process of hydrolysis of cellulose.

Figure 3-15 is the diagram of the response of the top-coated microcantilever
exposed to cellulase. The explanation for the observed bending is posited as follows.
Cellulose, as it is deposited on the microcantilever in crystalline form, is in the extended
chain conformation, the chain axis being parallel to the long axis of the microcantilever.
When, during decrystallization, the extended chains in the top layer of the cellulose film
and released by cellulase from their positions in the crystal. They immediately assume a

random coil conformation. The end-to-end distance of a random coil is much less than
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the end-to-end distance of an extended chain. Thus, the freed cellulose chains behave as
entropic springs and shorten. These shortened chains, in turn, shorten the top layer of
cellulose, creating a tension parallel to the long axis of the microcantilever that causes the
microcantilever to bend upward. Only when the continuity of these randomly coiled
cellulose chains is broken by hydrolysis of cellulose by native cellulase, the tension is
relieved, allowing the microcantilever to unbend and return closer to its original flat
geometry. In the case of NH cellulase, little or no hydrolysis occurs. And the upwardly

bent microcantilever cannot unbend to a significant extent.

|.«‘ Native Cellulase d Deflection |

Binding Decrystallization
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Figure 3-15. Schematic diagram depicting how cellulose—cellulase interactions may cause a
microcantilever to bend upon decrystallization and then unbent upon hydrolysis of the top layer of
cellulose.
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By comparing deflection curves from native cellulase with those obtained from
NH cellulase (Figure 3-13), it can be seen that the maximum deflection induced by the
decrystallization from NH cellulase is slightly smaller (30 nm vs 38 nm) than that
induced by cellulase. It can be concluded that the majority of deflection is caused by the
decrystallization or related processes. This deflection provides strong experimental
evidence confirming that decrystallization is an important step and has a large impact on
the overall enzymatic hydrolysis of cellulose.
3.8 Conclusion

The study details the successful coating of a microcantilever with a cellulose
model film and the investigation of the enzymatic activities of cellulase with this novel
nanomechanical sensor. The bending curves of the microcantilever provide physical
evidence for the decrystallization. This is consistent with the notion that the
decrystallization may play a crucial role in overall enzymatic hydrolysis by cellulase.
Future experiments will investigate the effects of temperature, degree of crystallinity, and
other factors on the decrystallization and hydrolysis of cellulose by cellulase. These
studies may provide novel perspectives into the mechanisms of stress development in
enzymatic hydrolysis, which has broad implications for the studies of biochemical
interfaces. To better verify the effect of initial binding of cellulase on the cantilever
bending, a cellulase mutant, which could bind on cellulose surface without doing
decrystallization and hydrolytic cleavage actions, is needed as a control in future
experiments. Additionally, this technical approach could serve as a useful screening tool
for the optimization of cellulase enzymes which are of great importance for the modern

green chemical industry.
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Chapter 4: Cellulase Activity on Cellulose: Topographical Evidence
4.1 Introduction

As discussed earlier, cellulose is the most abundant biopolymer, and biofuel
products from lignocellulosic sources have great potential in serving as substitute energy
sources. Before it becomes a conventional form of energy, as is petroleum fuel, a number
of challenges have to be overcome. One of them is the low efficiency of enzymatic
hydrolysis of cellulose. Cellulose is an insoluble, semi-crystalline polymer, held together
by inter- and intra- molecular hydrogen bonding, that is resistant to degradation*>43-32,
Cellulase is the enzyme responsible for the overall hydrolysis of cellulose. This
hydrolysis occurs in three sequential steps: binding, decrystallization, and hydrolytic
cleavage. Cellulase with higher enzymatic efficiency is urgently needed, if the cost of
biofuel production is to be lowered. The decrystallization step is believed by many
researchers to be the rate-limiting step.*3!'-114 However, currently the mechanism of the
decrystallization is not fully understood, and there is no experimental approach to
examine it directly or indirectly.

Many studies have indicated that the topography of cellulose undergoes
noticeable changes as a result of treatment with many different types of
cellulase!06-124.127.170,181,195-204 "1y one of these studies, Nidetzky and colleagues®®>
monitored the surface modification of a model film of cellulose by cellulase. They
suggested that the change of roughness during enzymatic hydrolysis was a step-wise
rather than continuous process'®.

In another study, Liu et al. found that the surface roughness of cellulose increased

upon the addition of CBH I, one type of cellulase'*®. They confirmed that the change in
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roughness was due to the activity of CBH I. In another study, Jiang ef al. examined the
change in roughness of cellulose before and after hydrolysis and observed an increase in

the roughness after hydrolysis'?’

. They suggested that this increase was due to two
processes, the partial erosion of the cellulose substrate during hydrolysis and adsorption
of cellulase on the substrate. In another study, Wang et al. monitored the height profile of
cellulose before and after hydrolysis, and also observed an increase in the surface
roughness of the cellulose!®®. Maurer et al. also found that the surface roughness of
cellulose increased from 24.3 & 3.1 nm to 47.2 £ 2.2 nm after enzymatic hydrolysis by
cellulase!®. In examining the surface morphology of cellulose model films, JauSovec et
al. utilized AFM topographical imaging and reported an increase in roughness of the
substrate as a result of treatment with cellulase'®’.

While by far the majority of studies have shown an increase in roughness upon
the cellulase treatment, some groups have also reported inconsistent findings that
suggested a decrease in surface roughness!?62%. Using Celluclean®, a brand new
cellulase enzyme developed by Novozymes, Calvimontes et al. observed an increase in
roughness of cellulose film at low cellulase concentrations and a decrease at high

cellulase concentrations?’

. The rarity of cases where roughness of cellulose has been
found to decrease could be attributed to the properties of the cellulose substrate
(crystallinity, polymorph, and distribution of amorphous and crystalline areas) and the
details (concentration and composition) of the cellulases used.

In view of the prior findings, it is likely that changes in the surface roughness of

cellulose, as a result of treatment with cellulase, are closely related to cellulase action on

cellulose. Thus, assessing changes of surface roughness of cellulose may be a feasible
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method to investigate the action of cellulase on cellulose.
4.2 Objective of the Current Study

This section of the dissertation reports a study of cellulase in which the time-
dependent change in surface roughness of a cellulose substrate was monitored. The study
aims to compare the surface topography of cellulose after exposure to native cellulase
and native CBH I (another form of native cellulase) with the surface topography of
cellulose after exposure to the non-hydrolytic forms of these cellulases (chemically
inactivated, as described below). It is hoped that this comparasion will establish
experimental evidence for the decrystallization activity of cellulase.
4.3 Materials and Methods
4.3.1 Preparation of Cellulose Model Films for Roughness and QCM-D Studies

Microcrystalline cellulose (Sigma-Aldrich, Inc., St. Louis, MO) was added to 10
mL of 50-wt.% water/N-methylmorpholine N-oxide (NMMO, Alfa Aesar, Ward Hill,
MA) and was stirred on a hot plate at 110°C until the solution was transparent. Then, this
solution was diluted by the addition of 10 mL dimethyl sulfoxide (DMSO, VWR, West
Chester, PA). A solution of cellulose in the above mixed solvent was freshly prepared
before each spin coating. For binding experiments monitored by means of QCM-D, a
0.50% (w/w) solution of cellulose in the mixed solvent was used for coating the sensor
disc. For roughness experiments monitored by means of AFM, two concentrations of
cellulose in the mixed solvent were used: the low concentration of cellulose (LCC) was
1.0% (w/w), while the high concentration of cellulose (HCC) was 3.0% (w/w).

Round cover glasses (12-mm micro-cover glasses, VWR, West Chester, PA) and

QCM-D sensors (Q-sense, Gothenburg, Sweden) were soaked in DI-water (Milli-Q,
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resistivity > 18 MQ-cm) for 30 min and then in ethanol for 30 min, followed by a UV-
ozone (ProCleaner™) treatment for 30 min. To improve the attachment of cellulose to the
surface, the round cover glasses and QCM-D sensors were immersed in 0.22% (wt.%)
polyvinyl amine (PVAm) solution for 20 min and were rinsed with DI-water. The PVAm
coating was repeated three times, and the round cover glasses and QCM-D sensors were
air-dried before they were spin coated. This thin layer of PVAm worked as an anchoring
layer, improving the attachment of cellulose to the surface.

After pretreatment with PV Am, cellulose model films were prepared by spin
coating the cellulose solution onto the round cover glasses and QCM-D sensors. For the
round cover glasses, LCC and HCC cellulose solutions were used; the spin speed was
initially 1000 rpm for 10 seconds and then 3000 rpm for 1 min. For QCM-D sensors,
0.50%-wt.% cellulose solution was used and the spin speed was 3000 rpm for 1 min. The
round cover glasses and QCM-D sensors were then soaked in DI-water for 12 hours,
were air-dried at room temperature, and were oven-dried at 80°C for 1 hour.

The solid cellulose derived from solution is termed regenerated cellulose. The
crystalline portion of the regenerated cellulose is termed cellulose II.

4.3.2 Preparation and Characterization of Cellulase

In the current study, 50-mM sodium acetate buffer (NaOAc, pH 5.5, VWR, West
Chester, PA) was used to prepare a 0.10-mg/mL solution of native cellulase
(Trichoderma reesei, Sigma-Aldrich, Inc., St. Louis, MO), a 0.10-mg/mL solution of
native CBH I (Sigma-Aldrich, Inc., St. Louis, MO), another form of native cellulase, and
a 0.10-mg/mL solution of bovine serum albumin (BSA, Sigma-Aldrich, Inc., St. Louis,

MO). In a separate procedure, some of the native cellulase and native CBH I were
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inactivated with (NH4)>,PdCls (Sigma-Aldrich, Inc., St. Louis, MO) to form non-
hydrolytic cellulase (NH cellulase) and non-hydrolytic CBH I (NH CBH I). The
irreversible inhibition of both of these native cellulases was accomplished by incubation
of a 0.30-mg/mL solution of each native cellulase with an equal volume of 200-uM
(NHa4)2PdCls solution at 50°C for 1 hour!8%:181.206208 The inactivated solutions of
cellulases were then loaded separately onto Sephadex® G-25 gel (Sigma-Aldrich, Inc.,
St. Louis, MO) and were purified by centrifugation at 1000 rpm for 10 seconds. After this
step, the (NH4),PdCls was removed from the solutions of cellulases, and NH cellulase
and NH CBH I were obtained. The final concentration of all solutions of cellulases were
0.10-mg/mL. After inactivation, the solutions of cellulases were mixed with 5.0-mM p-
nitrophenyl-p-D-cellobioside (pNPC, TCI America, Portland, OR) at 50°C for 40 minutes
and then were quenched with 1.0-M Na>COs. The amount of p-nitrophenol released after
hydrolysis of pNPC by native cellulase, NH cellulase, native CBH I, and NH CBH I was
calculated from the molar extinction coefficient of 18.5 ml/umol/cm for p-nitrophenol at
410 nm (ODa410). Relative activity of NH cellulases was determined as the ratio of the
amount of p-nitrophenol produced by NH cellulases to the amount of p-nitrophenol
produced by native cellulases. In another procedure, BSA was also treated in the same
manner with (NH4)2PdCls and was termed Pd-treated BSA. Both BSA and Pd-treated
BSA were used as blanks.
4.3.3 Cellulose Characterization

An AFM (Veeco NanoScope 3D multimode atomic force microscope) was used
to measure the mean roughness (Ra) of surface. X-ray diffraction (XRD) was used to

measure the crystallinity index (CI) of cellulose samples. The diffractometer (Rigaku
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SmartLab, Tokyo, Japan) used 1.54-A Cuk, radiation, generated at 40 kV and 44 mA.
Scans were taken from 5°<20<50° in increments of 0.02°, at a rate of 1°/min.
4.3.4 Roughness Measurements

Round cover glasses coated with cellulose films were used for roughness
measurements. Each round cover glass was split into 8—10 small triangular slices. One
glass slice was immersed in the buffer as a blank and the others were placed in 0.1-
mg/mL solution of cellulases. At time points of 10, 20, 30, 50, 100, 200, and 400
minutes, one glass slice was taken out from the solution of cellulases, rinsed in DI-water

at 0°C, air dried, and used for AFM imaging (Figure 4-1).
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Figure 4-1. Sample preparation for the roughness measurements.



75

Usually, AFM imaging is not ideal for time-dependence measurement because the
sample surface may alter during the time-consuming imaging process and samples from
the same series of measurement may already differ in the first place. To alleviate this
concern, the roughness measurements were carefully designed. At each time point when a
sample was taken, it was immediately placed into an ice water (0°C). This action,
followed by blow-drying the sample with N>, quenched all enzymatic activity right after
the sample was taken. To ensure the comparability of samples taken at different time
points, samples were all selected from the same round cover glass (Figure 4-1). In
addition, the AFM images were obtained only from the sharp angle of every triangle
slice, as this part of the slice was the closest to the center of the original round cover
glass. In this way, the possible variation of cellulose coatings between samples taken at
different time points could be minimized. Furthermore, all roughness measurements at
each time point were repeated at least three times to ensure reproducibility.

4.3.5 Enzyme-cellulose Binding Examined with QCM-D

A QCM-D (Q-Sense E4) was used for studying cellulase activity on the cellulose
model films at 37°C. A highly sensitive sensor device, QCM-D is capable of
simultaneously measuring changes in frequency and energy dissipation. The frequency
change can be related to the change in mass of the adsorbed layer, and the dissipation
factor change can be related to the change in viscoelasticity properties of the layer
adsorbed to the surface of quartz crystal. QCM-D has been used previously to study the
interactions between cellulose and cellulase!06:107:124-127,130,131,134

The experiments in the current study were conducted in a static mode, where

NaOAc buffer and solutions of cellulases were directly and manually added to the open
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module of QCM-D. Before each experiment, the cellulose film on each sensor was
allowed to swell in the buffer for about 2 hours until equilibrium was reached. The buffer
was then carefully removed with a pipette that was not allowed to touch the sensor, and a
0.10-mg/mL solution of cellulases was added to the open module. Changes in the
resonance frequency (Af,) and energy dissipation factor (AD) of vibrational mode
number, n=3, were recorded as a function of time for approximately 4 hours.
4.4 Results
4.4.1 Preparation and Characterization of Cellulose Model Films

The AFM images of the model films on the round cover glasses and QCM-D
sensors are shown in Figure 4-2. The thickness of cellulose coatings is about 50—-100 nm
on cover glass and 20—30 nm on QCM-D sensors. The mean roughness of the LCC

sample is about 10 nm, and the mean roughness of the HCC sample is about 20 nm.

4 P4 /4 '

! ) ' ) 3
N/ ! . \
PO 4 TS, |

LCC cellulose HCC cellulose QCM-D sensor

Figure 4-2. The AFM images for all three substrates, low concentration cellulose (LCC), high concentration
cellulose (HCC), and cellulose coating on the QCM-D sensor.

The crystallinity of the cellulose sample has a significant effect on the activity of

cellulase!7>?%°, When the cellulose coating was prepared, the concentration of original
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cellulose solution may have influenced the level of crystallinity of the cellulose. To
measure the crystallinity of the cellulose substrate, X-ray diffraction (XRD) tests were

performed. Results from the XRD tests are shown in Figure 4-3.

——— LCC Cellulose
—— HCC Cellulose

' I ' I ' I ' 1
10 20 30 40 50
20 (°)
Figure 4-3. X-ray diffractions results from LCC and HCC cellulose.

The absence of sharp peaks in the XRD scans shows that both cellulose samples
have limited crystallinity and are highly amorphous. However, the HCC cellulose sample
showed a small peak at 27°, evidence for some crystallinity. There are many methods for
CI% calculation?®. Following the common practice in the field, the current study uses the

following equation:

CI% = ’I‘J x 100% 4-1

cr

where I is the diffraction intensity at 20° = 21.7° for cellulose II, and I.m is the intensity

at 20° = 16° for the amorphous background?!°.
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In general, the crystallinities for both HCC and LCC samples are low. By
comparing the two samples, CI1% of the HCC cellulose sample is almost twice that of

LCC cellulose sample (Table 4-1).

Table 4-1. Crystallinity of LCC and HCC cellulose samples.
Peak Intensity o

I: 21.7°)  Lam (16°) C1%

1.0% (LCC) 0.013389 0.011178 16.5

3.0% (HCC) 0.013775 0.009906 28.1

wt. %

4.4.2 Characterization of Non-hydrolytic Cellulase and Non-hydrolytic CBH I

To prepare non-hydrolytic cellulases, in the current study, different concentrations
of (NH4)2PdCls were employed to inhibit the activity of native cellulase and native CBH
I. To characterize the activity of these NH cellulase and NH CBH 1, p-nitrophenyl-B-D-
cellobioside (pNPC), a model for cellulose, was used as a substrate.!**

The percentage activities of both types of cellulase after inactivation are shown in
Table 4-2 and Figure 4-4. Similar to the results described in 3.6.2, the current study also
found that 200-uM (NH4)2PdCls reduced the activities of cellulase and CBH I to less than
3% of the native activities. Since the relative error for the measurement is about 2%,
activity can be considered essentially quenched after 40 minutes of incubation with 200-
pM (NH4)2PdCle. Since the removal of the activity was the goal, this procedure was used

to inactivate all cellulases in the current study.
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Table 4-2. % activities of 0.1 mg/mL non-hydrolytic cellulases.

Cellulase CBHI1
Tirpe 100 mM 200 mM 100 mM 200 mM
(min) (NH4)>PdCle (NH4)2PdCle (NH4)2PdCle (NH4)>PdCle
0 40.23 +£5.71 30.75+4.92 66.26 +3.74 5722 +1.75
20 571 +1.82 2.71£1.79 22.77 + 4.86 6.60 +£2.33
40 4.05+1.15 2.60 £1.08 11.47+2.57 2.32+2.74
(A Cellul
cluulase
100~ Hl 0 M (NHy),PdClg
804
B 200 uM (NHy),PdClg
>
= 604
S
< 401
X
204
0-.
0 20 40
Time (min)
(B) CBH 1
100- Bl 0 M (NH,),PdClg
804
B 200 uM (NHy),PdClg
>
= 604
S
< 40-
NS
201

0 20 40
Time (min)

Figure 4-4. Percentage activity of 0.1 mg/mL cellulase and 0.1 mg/mL CBH I after being treated with
(NHa4)2PdCls for different concentrations and with different time durations.
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4.4.3 Results of Roughness Measurements

Percentage change of roughness Ra, AR%, can be calculated from:

AR% = % x 100% 42

a0

where Ry is the initial mean roughness (Ra) of the cellulose and Ry is the R, of the
cellulose at time 7. Thus, a positive AR% indicates a rougher surface and a negative AR%
indicates a smoother surface than at £ = 0. All roughness measurements were repeated at

least three times to ensure the reproducibility.

4.4.3.1 Roughness Measurements of cellulose treated with Cellulases and CBH I

Figure 4-5A and Figure 4-5B show the results for change in roughness (AR%)
after treatment of LCC and HCC cellulose samples with 0.10-mg/mL solutions of native
cellulase, NH cellulase, native CBH I, and NH CBH I at 25°C. Similar treatments affect
LCC and HCC similarly, although different types of treatment differ from each other in
their effects.

Figure 4-5C and Figure 4-5D show the results for change in roughness (AR%)
after treatment of LCC and HCC cellulose samples with 0.10-mg/mL solutions of native
cellulase, NH cellulase, native CBH I, and NH CBH I at 37°C. As found for lower
temperature, similar treatments affect LCC and HCC similarly, although different types

of treatment differ from each other in their effects.
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(A) LCC Cellulose sample 25 °C
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Figure 4-5. Roughness measurements results from 0.10-mg/mL native cellulase and non-hydrolytic (NH)

cellulase, native CBH I and non-hydrolytic (NH) CBH L.

(A) LCC cellulose at 25°C. (B) HCC cellulose at 25°C. (C) LCC cellulose at 37°C. (D) HCC cellulose at

37°C.
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(D) HCC Cellulose sample 37 °C
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Figure 4-5 (continued). Roughness measurements results from 0.10-mg/mL native cellulase and NH

cellulase, native CBH I and NH CBH 1.

(a) LCC cellulose at 25°C. (b) HCC cellulose at 25°C. (d) LCC cellulose at 37°C. (d) HCC cellulose at

37°C.
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4.4.3.2 Roughness Measurements of BSA

Cellulase adsorbs on the cellulose substrate through initial binding. The changes
in surface topography of the substrate may be a result of cellulase adsorption. Any
change in surface roughness due to the initial adsorption would complicate the
interpretation of the changes in roughness being caused by cellulase activities. Thus, we
decided to conduct a blank experiment with bovine serum albumin (BSA) as an adsorbate
to evaluate the impact of physical adsorption on the surface roughness of cellulose. Both
the size and molecular weight of BSA, a protein, are close to those of CBH I (66.5 kDa
vs. 65.0 kDa, 15.0 nm vs. 18.0 nm)**2!!, Bovine serum albumin is known to bind to
cellulose3®40212-221 "and it does not hydrolytic cleave the cellulose substrate. Therefore, it
is a suitable blank for this study. Not only was BSA used as a blank but also BSA treated
with (NH4)2PdCle (Pd-treated BSA) in the manner described in section 4.3.2 was used as
a blank. Roughness measurement results of HCC and LCC cellulose samples treated with
0.10-mg/mL BSA or Pd-treated BSA at 25°C and 37°C are shown in Figure 4-6. These
AR% are all close to zero (~-5%—+5%), and negligible compared with the AR% for

cellulase or CBH I (Figure 4-5).
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(A)
LCC Cellulose sample 25 °C

20+ BSA Pd-treated BSA
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(B)
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201 BSA Pd-treated BSA
104

v
200
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Figure 4-6. Roughness measurements results of 0.10-mg/mL BSA and Pd-treated BSA.

(A) LCC cellulose sample at 25°C. (B) HCC cellulose sample at 25°C. (C) LCC cellulose sample at 37°C.
(D) HCC cellulose sample at 37°C.
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Figure 4-6 (continued). Roughness measurements 0.10-mg/mL results of BSA and Pd-treated BSA.
(A) LCC cellulose sample at 25°C. (B) HCC cellulose sample at 25°C. (C) LCC cellulose sample at 37°C.

(D) HCC cellulose sample at 37°C.
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4.4.4 QCM-D Study of Cellulase and CBH I

In the study of hydrolysis of cellulose, it would be ideal if the first step — binding
— occurred immediately and did not extend into the decrystallization step. Slow binding
could interfere with a clear evaluation of the time-dependent change in roughness. To
assess the kinetics of cellulase binding to cellulose, the QCM-D was used to measure the
binding of cellulases to cellulose.

The results for native cellulase and NH cellulase are shown in Figure 4-7A. The
initial decrease in the resonance frequency of the QCM-D crystal indicates a mass
increase of the sensor. Application of both 0.10-mg/mL native cellulase and NH cellulase
decreased the resonance frequencies of the sensors immediately. For native cellulase, the
decrease was followed by an increase and then a plaeateu. By contrast, for NH cellulase,
the decrease was followed simply by a plaeateu.

The results for native CBH I and NH CBH I are shown in Figure 4-7B. For both
native CBH I and NH CBH 1, the initial decreases were swift. For native CBH I, the
decrease was followed by an increase and then a plaeateu. By contrast, for NH CBH 1,

the decrease was followed simply by a plaeateu.
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Figure 4-7. QCM-D study of 0.10-mg/mL native cellulase and NH cellulase, native cellulase and NH CBH
I, and BSA and Pd-treated BSA at 37°C.
(A) Native cellulase and NH cellulase. (B) Native CBH I and NH CBH I. (C) BSA and Pd-treated BSA.
(D) NaOACc buffer rinses after QCM-D study with native cellulase, native CBH I, and BSA.
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Figure 4-7 (continued) QCM-D study of 0.10-mg/mL native cellulase and NH cellulase, native CBH I and
NH CBH I, and BSA and Pd-treated BSA at 37°C.

(A) Native cellulase and NH cellulase. (B) Native CBH I and NH CBH I. (C) BSA and Pd-treated BSA.

(D) NaOAc buffer rinses after QCM-D study with native cellulase, native CBH I, and BSA.
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The results for BSA (the blank) and Pd-treated BSA are shown in Figure 4-7C.
Similar to the cases of cellulase and CBH I, the frequency of the QCM-D sensor
decreased immediately after additon of BSA and then reach a plateau. The Pd-treated
BSA demonstrated a similar hehavior (Figure 4-7C).

In summary, all proteins (native cellulase, NH cellulase, native CBH I, NH CBH
I, BSA, and Pd-treated BSA) used in the experiments adsorb rapidly to the cellulose
surface. For all proteins, the plaecatues were reached within minutes, sometimes as little as
10 minutes.

The effect of a buffer rinse on the adsorbed proteins (native cellulase, native CBH
I, and BSA) was also examined by means of QCM-D (Figure 4-7D). In the experiment,
the buffer solution was used to rinse the sensor surfaces after protein binding. Except for
the initial perturbation, no change of the resonance frequency caused by the rinse was
observed.

4.5 Discussion

In this section of the dissertation, a study explored the use of surface topography
(i.e., roughness) to examine the interaction between cellulase and cellulose is discussed.

Figure 4-5 shows that when native cellulase and native CBH I are applied, the
roughness of the cellulose surface increases and then decreases, a behavior that suggests
that there are two separate activities of the enzyme, producing two counteracting effects
on roughness: a relatively fast process that increases the roughness and a slower one that
decreases the roughness. By contrast, NH cellulase and NH CBH I only increased and did
not decrease the roughness of cellulose (Figure 4-5), suggesting that the roughness-

decreasing activity is absent from these non-hydrolytic (NH) cellulases. Since the
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hydrolytic cleavage activity of NH cellulase and NH CBH I has been quenched (Figure 4-
4), it can be assumed that it is hydrolytic cleavage that decreases the roughness of the
cellulose surfaces.

In addition to hydrolytic cleavage, overall hydrolysis of cellulose by cellulase
contains two steps: initial binding and decrystallization (Figure 1-10). As described
before, BSA was chosen as a blank, because of its similar size and mass to those of
cellulase and CBH 1. The initial adsorption of BSA to cellulose, as indicated by means of
QCM-D, was similar qualitatively and quantitatively, to the initial adsorption of native
cellulase and native CBH I to cellulose. As shown in Figure 4-6, adsorption of BSA to
cellulose does not show any significant effect on the surface roughness of the cellulose.
Thus, the initial binding of cellulases and CBH Is to cellulose surface, a simple
adsorption of a protein to cellulose, is not likely to cause any measurable change in the
surface roughness.

Because the hydrolytic cleavage caused the decrease in roughness, the activity
that generates the increase in roughness can be assumed to be the decrystallization.
Comparisons of the topographic difference caused by native cellulase and NH cellulase,
or native CBH I and NH CBH I established topographic evidence of the ability of
decrystallization ability to increase the surface roughness of the cellulose substrate.

The effects of the following three factors on the ability of cellulase and CBH I to
modify the surface of cellulose were also examined: reaction temperature, synergistic
effect of the cellulase mixture, and CI% of the substrate.

The overall hydrolysis of both cellulase and CBH I increases as the temperate

increases from 20°C to 50°C??2-2%6, Thus, when the temperature of the experiments was
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increased from 25°C to 37°C, the enzymatic activities of native cellulase and native CBH
I would be expected to increase. The AR% curves confirmed this expectation. The results
for the LCC cellulose samples at 37°C are shown in Figure 4-5C. Compared with
roughness measurement results for the LCC cellulose samples at 25°C (Figure 4-5A),
both native cellulase and native CBH I are capable of smoothing the cellulose surface to
lower minimum AR%-values at 37°C, and those minima AR% are reached more quickly
compared with those at 25°C. The extended decrease of AR% and the more rapid
development of AR% clearly indicated that both native cellulase and native CBH I
exbihit an enhanced modification of the surface at 37°C than at 25 °C. Similarly, for
HCC cellulose samples, both native cellulase and native CBH I exhibit an enhanced
modification of the surface at 37°C (Figure 4-5D) than at 25 °C (Figure 4-5B).

The native cellulase used in the experiment was a mixture of CBH (~70%, 40 —
60% CBH I), EG (~25%), and B-glucosidases (~2%)!3. At the same concentration (0.1
mg/mL), the overall hydrolysis of native cellulase (mixture of multi-types of cellulase) is
expected to be higher than that of individual cellulase (in this case, native CBH I) due to
the synergism of the mixture. The results for the LCC cellulose samples at 25°C are
shown in Figure 4-5A. Native cellulase is capable of smoothing the cellulose surface to a
lower minimum AR%-value, and this minimum AR% is reached more quickly compared
with that induced by native CBH 1. The extended decrease of AR% and the more rapid
development of AR% clearly indicated that native cellulase exbihits an enhanced
modification of the surface than does native CBH 1. Similarly, for HCC cellulose samples

at 25°C (Figure 4-5B), LCC samples at 37°C (Figure 4-5C), and HCC samples at 37°C
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(Figure 4-5D), native cellulase exhibits an enhanced modification of the surface
compared with native CBH 1.

The crystallinity of the cellulose substrate is a crucial factor in influencing the
activity of cellulase. It is widely observed that the higher the crystallinity, the more
difficult the hydrolysis?**2’. High concentration cellulose (HCC) samples have higher
CI% than low concentration cellulose (LCC) samples (Table 4-1), so the overall
hydrolysis of native cellulase and native CBH I is expected to be higher on LCC cellulose
samples than on HCC cellulose samples. The results for the LCC cellulose samples at
25°C are shown in Figure 4-5A. The roughness measurements for the LCC cellulose
samples at 25°C (Figure 4-5B) show that both native cellulase and native CBH I are
capable of smoothing the cellulose surface to a lower minimum AR%-value, and those
minimum AR%-values are reached more quickly compared with those for HCC cellulose
samples. The extended decrease of AR% and the more rapid development of AR% clearly
indicate that both native cellulase and native CBH I exbihit an enhanced modification of
the surface of LCC cellulose samples compared with that of HCC cellulose samples.
Similarly, at 37°C, both native cellulase and native CBH I exhibit an enhanced
modification of the surface of LCC cellulose samples (Figure 4-5C) compared with that
of HCC cellulose samples (Figure 4-5D).

Overall, this series of experiments has shown that the increase in reaction
temperature and the involvement of multi-types of cellulases (cellulase mixture as the
native cellulase in current study) enhanced the ability of cellulases to modify cellulose
surfaces both in rate and extent change in roughness. An increase in crystallinity reduced

the effectiveness of the cellulases in modifying the surface of cellulose. In summary, this
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approach has provided an effective tool for assessing the effect of cellulases on the
surface topography of cellulose.
4.6 Conclusion

A surface-topography-based method was employed for characterizing the effect
of cellulases on the surface topography of cellulose. With this approach, experimental
evidence of the decrystallization, so far elusive to the cellulase research community, is
successfully established. It is determined that the decrystallization can roughen the
surface of the cellulose substrate and hydrolytic cleavage can then smooth this surface. It
is the author’s aspirations that these findings will inspire future efforts with the use of

such approaches in the mechanistic study of cellulase actions on cellulose.
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Chapter 5: Cellulose Bilayers

5.1 Introduction

Constituting the different forms of cellulose, are molecular chains which are
tightly aggregated into microfibrils via strong intra- and inter- molecular hydrogen bonds
and van der Waals forces. The hydrogen bonding network endows specific properties of
cellulose I and IT on both the macroscopic and nano scale, attracting the lively interest of
researchers. In recent decades, nanotechnology has provided novel tools for researchers
to study cellulose at nano and molecular scales. The most common method to obtain
cellulose crystals in nanosize is through the hydrolysis of cotton, ramie, hemp, sisal,
palm, bacterial cellulose, and Tunicates*?®-2*4, The resulting cellulose nanocrystal is in
the form of cellulose I'341:62233236Cellulose fibers, one form of cellulose I crystal, with
heights from 0.4 nm (a monolayer of cellulose) to 2.7 nm (multilayers of cellulose) can
be prepared using a TEMPO/NaBr/NaClO oxidation system with ultrasonication!4237-238,
Shingo Yokota ef al. separated single cellulose chains by dissolving cotton cellulose in a
cupri-ethylenediamine solution and characterized the single-chain cellulose by AFM?%.

Ionic liquid is a type of solvent capable of dissolving cellulose
completely!18:205:240.241 By varying the concentration of cellulose of a cellulose/ionic
liquid solution, single chain fibers and nanodots of cellulose could be obtained®*?. The
prepared cellulose nanocrystals could be used as a model for cellulose for studying the
hydrolysis of cellulose by cellulases at a nanoscale. Igarashi ef al. employed high-speed
atomic force microscopy for a real-time visualization of hydrolysis of high crystalline

cellulose by individual cellulase molecules'®®24%, Bubner et al.'®® prepared an especially
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smooth cellulose substrate and studied the dynamics of enzymatic hydrolysis of cellulose
according to the varying roughness of the cellulose substrate.

The crystal structure has been determined for a variety of cellulose allomorphs,
such as I, Ig, I1, 111}, IVy, and 1Vy21:2233:244245 In the past decade, a significant amount of

246-248 and classic calculations®*-2%!, have been employed

modeling efforts, both quantum
to study cellulose. There is no doubt that such endeavors have helped to advance the
understanding of cellulose structure. At the same time, they have also led to some
controversies (e.g., whether or not the cellulose microfibril is a twisted entity). The
extension of such investigations, on both time scale and size scale, is necessary to provide
an accurate description of the properties of cellulose.

Some simulations have demonstrated that removing one cellulose molecule or
deconstruction of the crystalline cellulose I requires energy ranging from about 8.4
kJ/mol per glucose unit to about 46.02 kJ/mol per glucose unit depending on the
environment surrounding the crystalline cellulose?*%>32-254, Cellulose chains mutually
approach and form aggregates through hydrogen bonding in non-aqueous environments.
In aqueous environments, such as a bio-system, cellulose molecules are separated by
water molecules and there is no direct hydrogen bonding exists between the cellulose
chain molecules. Therefore, the behavior of cellulose molecules in aqueous environments
has drawn particular interest?>>. Heiner and Teleman?*¢ studied the interface between the
crystal face of cellulose I and water by molecular dynamic simulations with cellulose
coordinates obtained from electron diffraction data. They found that only the topmost

surface layer of the crystalline cellulose is structurally affected by water outside the

surface, reflecting the strength and rigidity of the cellulose crystal>>’. The structure of the
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topmost surface layer of cellulose is only mildly different from that of the bulk. Aulin et
al.?*® undertook a systematic study of cellulose by swelling different cellulose model
films in water by the means of QCM-D. The results indicate that cellulose films can be
swelled in water and the difference in both crystalline ordering and the mesostructure of
films affects the swelling process of cellulose films. However, although these studies
have shown that cellulose can be swelled in an aqueous environment, few experimental
details at a molecular level have been reported.

Cellulase, a type of enzyme, could hydrolyze cellulose in 3 steps:*° (a) initial
binding of cellulase to cellulose; (b) decrystallization of cellulose aggregation; and (c)
hydrolytic cleavage of cellulose molecule chain. The detailed molecular mechanisms of
these enzymatic activities have still not been convincingly elucidated. Cellulose
decrystallization is a free-energetically unfavorable process, cellulases must overcome a
free energy barrier to decrystallize an individual cellulose chain from the surface of a
crystalline fibril. Understanding how cellulase disrupts the cellulose crystallinity is still a
challenge. One well-documented explanation is that the catalytic domain of cellulase
contains hydrophobic and polar residues which form favorable interactions with a
cellulose chain. This favorable ligand-binding free energy allows cellulase to form a
catalytically active complex with cellulose despite a thermodynamic barrier to the
removal of a cellulose chain from the crystal**2>*-261, Further investigations are needed to
explain the disruption of cellulose aggregation by cellulase at a molecular level.

There has been a growing interest in understanding the mechanism of cellulose
breakdown and its interaction with water, acids, and cellulases in an effort to optimize the

cellulose digestion process. Water, a solvent used in most biofuel production, may play a
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major role in hydrolysis. To better study the effect of water molecules on the
decrystallization, a type of cellulose particle was developed in the current study. This
cellulose particle, termed as cellulose bilayer, consists of two cellulose layers. Typical
dimensions of one cellulose bilayer are 20 nm long, 10 nm wide, and 0.8 nm height, thus,
cellulose bilayer could be considered as nanoparticle. It is a promising model for studying
the interactions between cellulose and water, as the height of the nanoparticle is equal to
the sum of the height of two layers of cellulose. Any change in the bilayer structure can
be measured with AFM imaging at a molecular level of sensitivity and resolution.

In the current study, molecular dynamics simulation and AFM imaging
techniques are combined to study the structural changes of cellulose bilayer nanoparticles
at the molecular level. Ionic liquids (ILs) were used to dissolve cellulose and prepare
cellulose solution. Bilayer cellulose particles were prepared by regeneration of cellulose
solid particles from cellulose solution on mica. The heights of the cellulose bilayer
nanoparticles and the distances between two cellulose layers in the aqueous environment
were characterized by means of AFM. Molecular dynamics simulation based on the
bilayer cellulose in an aqueous environment was used to provide a semi-quantitative
estimation of the energy required for separating cellulose bilayer.

5.2 Materials and Methods
5.2.1 Materials

Microcrystalline cellulose, 1-butyl-3-methylimidazolium chloride, sulfuric acid

(H2S04), and (3-glycidyloxypropyl)trimethoxysilanem were purchased from Sigma-

Aldrich (St. Louis, MO).
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5.2.2 Preparation of Cellulose Nanoparticles

To prepare nanoparticles, microcrystalline cellulose (MCC, 50 mg) was dissolved
in the ionic liquid 1-butyl-3-methylimidazolium chloride (5g) with stirring at 80°C for 4
hours to a concentration of 10 mg/g. This ionic liquid is not only a good solvent for
microcrystalline cellulose, but also contains no water that could inadvertently hydrolyze
the cellulose. Tonic liquids have excellent thermal stability, are liquid over a wide
temperature range, and are good solvents for a range of polar and non-polar
compounds,!'#20524! including cellulose. Prior to deposition of cellulose, a freshly
cleaved mica sheet (Icm % 1cm) was treated with an aqueous solution of (3-
glycidyloxypropyl)trimethoxysilane (0.50% v/v) for 5 minutes, was rinsed thoroughly
with DI-water, and was dried in air. The modified mica was then placed into the
cellulose/ionic liquid solution (5.05 g), and then 1 uLL H>SO4 was added and the solution
was maintained at 80 °C. After 1 hour, the mica sheet was removed from the cellulose
solution. Gentle contact of the mica sheet with DI-water caused the residual cellulose to
aggregate into crystalline cellulose nanoparticles. The mica sheet containing the cellulose
nanparticles was air dried and kept at 60°C for 4 hours for further drying.
5.2.3 Sample Treatment and Imaging

To characterize the morphology of cellulose nanoparticles on mica, AFM imaging
was performed on a Nanoscope [IIA multimode atomic force microscope (Digital
Instruments, Inc.). Samples were scanned in tapping mode in air with silicon nitride
microcantilevers (model no.: MLCT) manufactured by Veeco (Camarillo, CA) with a
nominal spring constant of 0.05 N/m. Both height images and amplitude modes were

obtained. The height of cellulose nanoparticles was analyzed with image-processing
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software. The mica sheet containing cellulose nanoparticles was affixed with double-
sided tape to a steel sample mounting disk. The disk was placed on the atomic force
microscope and was stabilized during the experiment. Cellulose nanoparticles were first
characterized by AFM in the dry state. After this, the nanoparticles were check for
evidence of hydration by exposure to water; a few drops of DI-water were placed on the
test area and the region was kept in an aqueous environment for various durations.
Following this, water droplets were removed with blown air. The resulting nanoparticles
were again characterized with AFM imaging.
5.2.4 Molecular Dynamics Simulation Method

A bilayer of cellulose II (Figure 5-1) was built based on its crystal structure
derived from a neutron diffraction experiment®3. Each of the antiparallel origin and
center layers contains six glucan chains in the a-direction of the crystalline lattice; there
are 16 glucose residues in each chain. This bilayer was then placed at the center of a
rectangular box filled with TIP3 water molecules?$?. The size of the box was chosen to
allow a 10-A solvation shell in every direction, except for a 24-A solvation in the +z
direction, as the center layer would be pulled in this direction during the steered
molecular dynamics (SMD). Periodic boundary conditions were imposed on this system
throughout the study. The C35 force field*6>2%* was used for the cellulose 1I bilayer and
the simulations were performed with the NAMD package?®®. In the molecular dynamics
calculations, constraints were placed on the system to keep two cellulose II layers parallel
to each other. With time-steps of 2 fs, the solvated system was heated to 300 K within 60

ps, followed by a 40-ps equilibration.
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a. end view
top layer

St S S Somi Some Some_

bottom layer

b. top view

Figure 5-1. End (a) and top (b) view of the cellulose II bilayer model.
Water molecules and hydrogen atoms are omitted for clarity. The top layer was subject to constant velocity
pull in the steered molecular dynamics (SMD), while the bottom layer was fixed.

After the system was equilibrated, an SMD procedure was performed on the
center layer. All atoms in this layer were pulled with a spring in the +z direction at a
constant speed of 0.001 A/ps. The spring constant was set to 836.8 kJ/mol-A? (140 N/m).

The trajectory for the SMD simulation was collected for 12 ns (Figure 5-2).



101

“19Ae| u1bLIo ay) wouy pajnd si JaAe| J91us2 Ayl S[IYM SI1aAe| 3S0|N||3d USaMIS]
Bulisus sapnaajow Jayem Jo ssadsoad ayr Moys J—q siulod ‘(mojak) Jajuad pue (an|q) uiblio—siaAe|iq || 8sojn||ad Jo a1els [eulblIo ay) SMOYS ® Julod
*31npad0ud (QINS) SaIwreuAp Jejndajow paJasls ayl Jo uondiiasap awayds “z-G ainbi4

j juiod p juiod
yeziL 0 0 S0 ¢ Oy S0 ¢ Cw 00 O vesor 20~ oo e

q iod E JUl0d

_ R T T T

vZlre

—rErEAREEEE R . . . ey b 2




102

Considering that one of the primary aims in the current study is to determine how
water affects the cellulose bilayer separation process, a simulation in vacuo was
generated as a control with the same parameters and configurations as in water.

5.2.5 Results of Calculation
The energy to separate cellulose bilayer, either in water or in vacuo, can be

calculated by means of integral calculus:
E = f;‘f Fdx + (Uy — Uyy) 5-1

where FE is the energy to separate cellulose bilayer, x; is the start point in water or in
vacuo, x> is the end point in water or in vacuo, F is the separating force, Uy is the elastic
energy of the spring at the start point, and U, is the elastic energy of the spring at the end
point.

In the simulation, there are 6 % 16 glucose residues in one layer. The formula used

to compute energy per mol glucose (Eo) is:

_ ENg

0 " 6x16 >-2
The elastic energy (U) of the spring can be calculated as:
1 2
U= EkAx 5-3
where £ is the spring constant of the spring and 4x is the deformation of the spring.
The kinetic energy (Ex) can be calculated as:
Ex = %mvz 5-4

where m is the mass of the cellulose and v is the velocity of the top cellulose layer.
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5.3 Results and Discussion
5.3.1 Morphology of Cellulose Nanoparticles

Atomic force microscope (AFM) is an effective tool to characterize cellulose
nanoparticles when the particles are anchored to an extremely flat, smooth surface. In this
study, the mica was first modified by (3-glycidyloxypropyl)trimethoxysilane, as
described earlier. Figure 5-3 shows the proposed mechanism of (3-
glycidyloxypropyl)trimethoxysilane binding to a surface, as envisioned by the
manufacturer of the silane. Figure 5-4a and Figure 5-4b show the surface morphology of
the mica sheet with and without modification of the silane. Clearly, the bare mica surface
was smooth and the mean roughness was found to be 5.5x10"2 nm. The mean roughness
of the mica sheet after modification increased to 11.3x102 nm. The results suggest that

(3-glycidyloxypropyl)trimethoxysilane deposited on the mica and formed a film.
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agent on mica.
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700 x 700 nm 700 x 700 nm

Figure 5-4. Atomic force microscope images of bilayer samples.
(a) Mica sheet surface. (b) Mica surface with modification. (c) Cellulose nanoparticles. (d) Cellulose
nanoparticles treated with water for 10 min

The nanosize cellulose particles were obtained by regeneration of the
cellulose/ionic liquid solution in water. After drying thoroughly, the morphology of dry
cellulose nanoparticles was characterized by means of AFM (results shown in Figure 5-
4c). The nanoparticles were generally ovoid, with dimensions of ~40 nm x 15 nm x 1
nm. The heights of these particles range from 4.35 A to 12.42 A (detailed data listed in

Table 5-1). These values are comparable to the height of a cellulose monolayer (~4 A), a
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bilayer (~8 A), or a trilayer (~12 A), respectively'#2%. After these nanoparticles were
treated with water, the heights of some cellulose particles were changed significantly.
Figure 5-4d shows the surface morphology of cellulose nanoparticles after hydration. For
example, the height of the particle labeled as No. 5 in Figure 5-4 increased from 8.33 A
to 15.56 A, with an increase of 7.23 A. Meanwhile, particles No. 7 and 8 in Figure 5-4
showed almost no increase in height. According to some reported results?>¢2%8, the
variation in height of cellulose particles after exposure to water is related to variation in
amount of water molecules diffused into the cellulose layers. The current study
hypothesizes that water molecules can disrupt the Hydrogen bonding network between
cellulose layers and this behavior would in turn decrease the energy required to separate
the bilayer structure and promote deconstruction of the cellulose. To support this
hypothesis, a molecular dynamics simulation of bilayer cellulose in a water environment
was carried out to provide an estimate of the energy needed for the separation of the

bilayer structure.

Table 5-1. Height before and after treatment of cellulose II particles with DI-water shown in Figure 5-4.

Sample Initial Height/A After Treatment Height/A Increment/A
1 12.42 £0.32 13.27 £0.50 0.85+0.59
2 11.0+£0.45 15.25+0.81 4.25+0.93
3 7.43 +0.26 13.30 +£ 0.29 5.87+0.39
4 8.07+£0.24 10.51 £ 0.25 2.44 +0.35
5 8.33£0.37 15.56 £ 0.48 7.23 £0.61
6 7.96 +0.26 10.62 + 0.32 2.66 +0.41
7 7.71 £0.28 9.42 +0.49 1.71 £ 0.56
8 4.35+0.10 447+0.19 0.12+0.21
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5.3.2 Cellulose Bilayer Separation Process

After the constant velocity SMD trajectory was collected, the force-extension
profile for this process was analyzed. Since the bottom center layer was fixed and the top
origin layer was pulled, the extension of the top layer here represents how far it is from
the bottom layer. For the purpose of an intuitive interpretation of the AFM monitoring
results, the extension was converted into the height of these two layers. According to the
data obtained, the initial heights of monolayer and bilayer cellulose in a stable state are
3.45 A and 7.65 A, respectively.

Figure 5-5 shows force vs. layer height and layer height vs. time profiles for the
top layer as it was pulled further from the bottom layer in the simulation. Initially, the
two layers were separated by 4.15 A to be in a stable state and the height of the two
layers was 7.65 A (point a in Figure 5-5). Since the AFM was pulled at a constant
velocity (1 A/ns), a force gradually built in the spring attached to the AFM until the force
accumulated to roughly 35,000 pN. At this moment, the top layer had moved upwards by
0.47 A and the height of two layers reached 8.12 A (point b in Figure 5-5). This height
was maintained relatively unchanged. In stage I (from point @ to b), the movement
velocity of the top layer cellulose, calculated from the slope of the straight line a-b in
Figure 5-5A, was 0.16 A/ns. The velocity of the top layer was lower than that of the
spring (1 A/ns) because of the attractive force between the two layers of cellulose bilayer.
When the force reached 35, 000 pN, the energy barrier of the attractive force between the
two layers of cellulose bilayer was overcome. This led to swift movement in the top
layer, covering a distance of 1.43 A (to point ¢) in 0.14 ns. This suggests that the spring

recovered from the deformation quickly with a speed of 10.21 A/ns at this stage (stage I,



108

from point b to ¢). When the height of bilayer cellulose reached 9.55 A (point ¢), the
separation allowed for some initial diffusion of water molecules into the space between
the layers. Both the large force acting on the top layer and the initial water diffusion led
to fast cellulose layer separation at this stage (stage III, from point ¢ to point d); the speed
of the top layer cellulose was 11.88 A/ns. The rapid, upward movement of the top
cellulose layer was accompanied by a 10-fold decrease in the SMD force, from 35,000
pN to 3,500 pN. Simultaneously, the quick separation facilitated even swifter water
diffusion. This rapid separation stage was followed by another slow separation process
(stage IV, from point d to e) in which a monolayer of water fully filled the gap.
Consequently, the height was further stretched to 10.75 A to form a stable single
hydration layer, sandwiched between the two layers of cellulose bilayer. The separation
speed in stage IV is lower than that in stage III because the water layer functions like an
adhesive that joins two layers of cellulose bilayer together. However, the strength of this
adhesion is weaker than the interaction between the two layers of cellulose bilayer in
their initial configuration. As a result, it took a shorter time for the two layers of cellulose
bilayer to begin separating again at the end of stage V (0.32ns, from point e to f), and the
SMD force peaked at 11,000 pN compared to 35,000 pN in stage [. With further
separations, more water molecules diffused between the cellulose layers (stage VI, from
point f'to g) and formed the second hydration layer (stage VII, from point g to 4). The
adhesive effect of the double hydration layer greatly diminished compared to that of the
single hydration layer. After a short period of negative SMD force, hardly any interaction

held the cellulose bilayer together (stage VIII, from point % to 7). The top layer moved at
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the same speed as prescribed by the SMD (stage IX, from j to k). Hence, the AFM force

merely fluctuated around zero pN.

A) 40
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Figure 5-5. Force with bilayer height (A) and bilayer height with time (B) profiles from the SMD

simulation.
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The results indicate that the heights of bilayer cellulose, the heights of bilayer
cellulose filled with a single hydration layer, and the heights of bilayer cellulose filled
with a double hydration layer, are 7.65 A, 10.75 A, and 12.93 A, respectively (diameter
of a water molecule is about 2.75 A). Compared to the height of particles shown in Figure
5-4, particles No. 3, No. 4, No. 5, No. 6, and No. 7 are likely bilayer cellulose particles.
The particle No. 8 is probably a monolayer cellulose particle and the others are cellulose
particles with multilayer of cellulose. After treatment with water, the height of all bilayer
cellulose particles were increased. Based on these heights, it appears that particle No. 4
and No. 6 are filled with one layer of water molecule and particle No. 3 is filled with two
layers of water molecule. The particle No. 5 is filled with more than two layers of water
molecule. The particle No. 7 is likely in stage III, a fast cellulose layer separation stage.
The height distributions of 100 particles treated for different time duration with water
were compared and are shown in Figure 5-6. The initial heights of cellulose particles are
around 5 A, 8 A, and 11.5 A, corresponding to monolayers of cellulose, bilayers of
cellulose, and trilayers of cellulose, respectively (Figure 5-6a)'4%6¢, Upon hydration for
10 minutes, the height of bilayer cellulose was obviously increased and most of the
heights were found to be around 11 A, which is likely the height of bilayer cellulose plus
one layer of water molecule (Figure 5-6b). Moreover, there were many particles with
heights around 13.5 A, which is likely the height of bilayer cellulose plus two layers of
water molecule. When the duration of incubation with water increased, the number of
particles with a height around 11 A decreased while the number of particles with a height
around 13.5 A increased, suggesting the continuation of diffusion of water molecules into

the space between two layers of cellulose bilayer. In summarys, it is evident that cellulose
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nanoparticles are able to absorb water to form either single or double hydration layers of
water molecule between two layers of cellulose bilayer. More double hydration layers
form with a longer incubation time. Throughout the entire experiment, the number of
monolayer cellulose nanoparticles remained constant. This is consistent with the idea that
hydration layers are formed between the layers of cellulose, not on the outer surface of

cellulose or underneath the bottom layer of cellulose.



112

"sa1njonas Jake|uy pue Jake|iq asojn||ad Jo abueyd Auend (8) a4nmoanuis Jakejouow
aso|n||82 Jo abueyd Linuend (p) ‘uonelpAy Jsye uonnguisip ybiay Jeul4 (9) uonelpAy uiw T J8ue uonngrisip ybisH (q) ‘uonngrasip ybiay jeniu| (e)
"J8TeM U1 SUOIRIND JusLileal) Juatayip yum sajaiued 00T 4o suonnguisip ybiaH '9-G ainbiq

(') uBieH
gl 8 £ Z
L O I 1 I 1 1 L c
I.W IN
8 O O
[ | =
s !
L F =
-9
Fol
|ON U |®
() ubiaH () bisy () JubioH
8k 9l 2 0L g 9 14 o 8l oL l cl o] ] 9 v
L _) 1 __ 1. \.._ _.. L " O L L 1 1 L i I " 1 I 1 c
\ 4 1107008 |tz w -z m w v
N 0L'OFEL LL z 1
__ - N - m 7
\ Lo o W [, 2 wm : s |°
o S N 95 /| 0V’
ST O¥ST L) LB g N 3 A\t
8LOTSLS |, = N = -2
g8 & vo'0%2l's [8 2
_ -0l m -0l g -9l
80 0F92 Tl LR
L) PLOF00LL L)
0 g 90'0F16'2 e [0
“l C 1

Auenp



113

In order to explore how water affects the cellulose bilayer separation process,
simulation results in vacuo were examined. The relationship between force and layer
height in vacuo and in water are compared in Figure 5-7. In vacuo, the energy barrier of
the attractive force at point b was the same as in water, about 35000 pN. However, from
point b to point d, the force decreased faster in water than in vacuo, which is likely due to
water molecules diffused in cellulose bilayers and supported the separation of two layers
of cellulose bilayer. In the snapshot of the stage between point b and point d, it is shown
that water molecules diffused into the cellulose layers (Figure 5-8 b to d). Nevertheless,
as more water fills in and the adhesive effect of water increases, the support of water
molecules to the separation of cellulose layers lessens (Figure 5-7 point d). At the same
height, the attractive force between cellulose-water-cellulose in water gradually exceeds
the attractive force between cellulose-cellulose in vacuo (from point d to point f), and the
separation of cellulose-water-cellulose in water requires an stronger force (point fin
water) than in vacuo at this time. After the height of cellulose bilayer reached 13 A, the
attractive force between the cellulose layers is almost zero both in water and in vacuo. As
stable hydrated cellulose-water-cellulose structure readily formed in water, the separation
of cellulose bilayer in water starts from stage I11, rather than stage I in vacuo, thus, it
requires far less force in water compared with in vacuo. The energy to separate cellulose
bilayer was also assessed by means of integration. The area under the curve in vacuo
between a and j is the energy needed to separate cellulose bilayer in vacuo. The area
under the curve in water between e and j is the energy needed to separate cellulose

bilayer in water.
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Figure 5-7. Force with bilayer height (A) and bilayer height with time (B) profiles from SMD simulation:

in water (red) and in vacuo (blue).

The energy barrier of attractive force at point b was the same for vacuo and water experiments. From point
b to point d, the force decreased faster in water than in vacuo. For point f, more force is required to separate
cellulose chains in water than in vacuo.
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Figure 5-8. Snapshot of the SMD simulation at different durations in water.
Both the center layer (yellow) and origin layer (blue) of cellulose contain 6 glucan chains. When the center
layer is pulled from the origin layer, water molecules (red) enter the gap between two layers.

The energy for separating cellulose bilayer is less than 7.34 kJ/mol per glucose in
water and 46.08 kJ/mol per glucose in vacuo. These values are similar to those reported
in recent simulation works?4%-233:254, The stacking of two units results in stabilization

energies of 38.37 to 61.63 kJ/mol in cellulose 13?>*. To peel off the corner glucan chain
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from the cellulose microfibril, the free-energy cost of deconstructing a glucan from
crystalline cellulose in water is about 7.95 kJ/mol per glucose residue?®’. This suggests
that the diffusion of water molecules into cellulose layers decreases the attractive force of
two layers of cellulose bilayer by more than three-fold and the energy of separating two
layers of cellulose bilayer by more than six-fold. When double hydration layers are
formed between two layers of cellulose bilayer, the separation of two layers of cellulose
bilayer needs only 0.27 kJ/mol per glucose. These results indicate that water molecules
decrease the attractive force between cellulose and facilitate the separation of cellulose
molecules.

Because simulation capabilities are currently limited by computer, the velocity of
spring movement in an SMD simulation is still unrealistically high. Previous studies have
shown that, in SMD simulations, a faster velocity leads to a higher rupture force?®’.
Therefore, there may be concerns associated with the accuracy of the force estimated
from this simulation. Guzman et al. studied the effect of SMD velocity on the rupture
force for peptidomimetic-sheets and found that the force remained the same when the
velocity was 100 A/ns or lower?0”. The velocity in the current study’s simulation (1 A/ns)
is two orders of magnitude slower than 100 A/ns. This is believed to be slow enough that
approximates the relatively realistic scenarios. Even so, it is important to stress that the
scope of the current study is to gain qualitative, rather than quantitative, understandings
of the process of separation in cellulose bilayers.

5.3.3 Adhesive Effect of Water
Although termed as a constant velocity SMD simulation, only a dummy spring

moves upwards at a constant velocity. The top cellulose layer is attached to the spring.
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Because of the binding of the two layers of cellulose bilayer, as well as the adhesive
effect of water between them, the velocity of the top layer will be different from the
velocity of spring which gives rise to the elastic energy of the spring. In other words, the
volume of the elastic energy reveals the binding of the two layers of cellulose bilayer and
the adhesive effect of water between the two layers. The elastic energy calculation is
illustrated in Equation 5-3.

The elastic energy of different points in Figure 5-5 is listed in Table 5-2. At point
a, the spring remains the initial length and the elastic energy (U) is 0. The slopes of point
a to b, point d to f, and point g to i in Figure 5-5 (distance vs. time) provide the velocity
of the top layer movement. Between point a and b, the velocity of the top layer (0.16
A/ns) is lower than the velocity of the spring (1 A/ns) because the binding between the
two layers of cellulose bilayer induces the deformation of the spring. The elastic energy
(U) reaches to 28.33 kJ/mole per glucose at point . Between point b and d, the energy
barrier of the attractive force between the two layers of cellulose bilayer is broken,
leading to a swift movement of the top layer of about 10 A/ns. At this stage, the spring
partly recovers its deformation and the elastic energy (U) decreases to 0.42 kJ/mol per
glucose at point d. Some initial diffusion of water molecules into the space between
layers occurs at point ¢ and the water molecules act as an adhesive. The adhesive effect
slows down the velocity of the top layer and again causes the deformation of the spring.
Between point d and f, the velocity of the top layer is about 0.545 A/ns and the elastic
energy of the spring increases to 3.08 kJ/mole per glucose at point f- With the same
distance of two layers of cellulose bilayer in vacuo, the elastic energy of the spring is

0.63 kJ/mole per glucose. The increment of the elastic energy is 2.45 kJ/mole per glucose
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(increased from 0.63 kJ/mole per glucose in vacuo to 3.08 kJ/mole per glucose in water)
in water compared with that in vacuo, which is due to the adhesive effect of the water
monolayer between two layers of cellulose bilayer. Between point f'and g, both the water
adhesive effect and the interaction between two layers of cellulose bilayer are weak, thus,
the velocity of the top layer increases to about 2.49 A/ns. Although the second water
layer forms at point 4, the adhesive effect of two water layers is too weak to slow the
velocity of the top cellulose layer. The velocity of the top cellulose layer is almost the

same as the velocity of the spring in stages VII, VIII, and XI (shown in Table 5-2).

Table 5-2. Descriptive information of the SMD simulation in water.

. 1
Point Time (ns) H?Agjht kJ/mol p[ejr glucose Stage (A&ns) ’ =p;r"g:cgti/)m01

a 0 7.65 0
b 3.02 8.12 28.33 I/a-b  0.16 1.97 x 10
c 3.16 9.55 6.90 II/b-c  10.21 0.08
d 3.24 10.58 0.42 l/e-d  11.88 0.11
e 3.56 10.75 0.92 IV/d-e 0.53 2.28 x 10*
f 4.42 11.23 3.08 Vie-f  0.56 2.54 < 10*
g 4.97 12.60 1.74 x 1073 VI/f-g 249 5.02 x 1073
h 5.31 12.93 3.92x 107 VIl/g-h  0.97 7.62 x 104
i 6.96 14.53 0.03 VIIl/h-i  0.97 7.62 x 104

8.35 15.97 3.92x 107 IX/j-k 1.01 8.1 x 104

k 10.00 17.63
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5.3.4 Expanding Effect of Water

In vacuo, the disruption takes the same amount of time as in water. Also, the
rupture forces are the same (~35,000 pN). Both observations suggest that water does not
play a role at stage I. However, without water, the rupture occurs at a height of about
10.58 A. After exceeding this height, the top layer moves almost at the speed of the
spring. When the height of two layers reaches about 12.60 A for the simulation in water,
the top layer moves almost at the speed of the spring. The difference is caused by water
molecules that diffused into the space between two layers of cellulose bilayer after the
height reaches 9.55 A (point c). Before enough water molecules diffused into cellulose
layers and the first water monolayer, which acts as an adhesive, was completely formed,
the water generates an opposite effect — expanding effect — which facilitates the
separation of the two layers of cellulose bilayer. This is not surprising considering what
occurs when water is injected between two stacked glass plates. This expanding effect of
water significantly decreases the SMD force from around 20,000 pN in vacuo to 15,000
pN in water at 9.55 A (point ¢). It is likely that this process again occurs with two layers
of water. If the SMD force is small enough, the expanding effect of water can dominate
and make the SMD force below 0 pN (around point /). Therefore, it is proposed that the
effect of water alternates between expanding and adhesive cycles. However, as the
magnitude of the effect dramatically decreases after every cycle, it is not observable
beyond two water layers.

Another interesting pattern worth noticing is that before any water diffusion, the
height of the two cellulose layers was 7.65 A. The separation increased the height to

10.75 A after the first layer of water diffusion was complete. Therefore, the first water
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layer increased the height by 3.10 A. With the second water layer, the height became
12.93 A. Thus, the second water layer increased the separation by 2.18 A. This difference
may be confusing at first. However, after considering the hydrophobic nature of the
cellulose surfaces, the difference could be accounted for reasonably. When the first layer
of water is present, due to the hydrophobic nature of the cellulose surfaces, there is a
space — so-called hydrophobic space — between the water layer and each of the
cellulose layers. As such, the 3.10 A increase in the cellulose layer separation is the
thickness of the water monolayer plus twice the thickness of the hydrophobic space.
When another water layer is added, it is reasonable to assume that the two water layers
are in close contact. Therefore, the 2.18 A increase in the cellulose layer separation
reflects the net thickness of a water monolayer. This value is smaller than the 3 A that has
been widely believed?®. 1t is likely that the highly ordered water molecules between two
layers of cellulose bilayer contribute to the smaller thickness of the water monolayer in
the current study. Moreover, the 2.18 A is the net thickness of the water monolayer, not
the sum of the thickness of the water monolayer and the thickness of the hydrophobic
space.
5.4 Conclusion

Cellulose nanoparticles with the size of bilayers were prepared on a mica sheet.
Cellulose bilayer particles filled with a monolayer, bilayers, and trilayers of water were
found by means of AFM. Moreover, SMD simulations of bilayer of cellulose II in a water
environment and in vacuo were carried out to investigate the interaction between water
molecules and cellulose layers. In the water environment, at the stage I, when two layers

of cellulose bilayer are pulled apart in the SMD simulation, the initial structure is
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maintained because of the strong direct interaction between cellulose layers. The force
built up in the spring eventually leads to a rupture of cellulose-cellulose structure. Before
a monolayer of water is formed completely, water molecules diffuse into the space
between two layers of cellulose bilayer and aid in the expansion of two cellulose layers.
Once a monolayer of water is completely formed, the monolayer of water generates an
adhesive effect which stabilizes the two layers of cellulose bilayer. This process is
repeated when the second layer of water diffuses into the space between cellulose layers.
The direct interaction between two layers of cellulose bilayer is negligible at this point.
Both expanding and adhesive effects of water layers disappear when the two layers of
cellulose bilayer are further separated by more than two layers of water. The SMD
simulation results indicate that water molecules can effectively decrease the internal
energy between two layers of cellulose bilayer. The energy to separate two layers of
water-hydrated cellulose bilayer is 6.92 kJ/mol per glucose for a stable bilayer cellulose
filled with a monolayer of water, and 0.27 kJ/mol per glucose for a stable bilayer
cellulose filled with a bilayer of water. Same simulation in vacuo shows that the energy
to separate two layers of cellulose bilayer likely requires 46.08 kJ/mol per glucose in
vacuo. Cellulose decrystallization is a free-energetically unfavorable process. Its
thermodynamic barrier needs to be overcome for the removal of a cellulose chain from
the crystal. Results from the current study suggest that the decrystallization could be
considered as a process that separates cellulose layers and allows water molecules to
diffuse in between the layers. Consequently, water filled cellulose is readily peeled off by
cellulase. Thus, water molecules play an important role for cellulase in overcoming the

thermodynamic barrier during enzymatic hydrolysis.
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Chapter 6: A Mammalian Cell-based Nanomechanical Biosensor
6.1 Introduction

A biosensor is an analytic device that combines biological sensing elements, such
as antibodies, nucleic acids, enzymes, and cells, with a physicochemical detector to detect
analytes rapidly?®. In recent years, a new trend has emerged that utilizes living cells as
the sensing element in the biosensors, and these biosensors have been widely used in the
field of environment, medine, toxicology, and defense?’%?’!, Like other biosensors, cell-
based biosensors have not only high selectivity and sensitivity, but also a rapid response
to biological analytes. The advantage of cell-based biosensors is that they can uncover
physiological and mechanistic information because they use living cells. Therefore, cell-
based biosensors can provide further understanding towards the functional basis of the
activities of analytes in protein synthesis, signaling transduction, cell apoptosis,
migration, and metabolism.

Another fundamental component of biosensors is a transducer, which measures
the interaction between an analyte and the sensing element and turns it into an electric
signal. The efficiency of the transducer determines the sensitivity, stability, and
reproducibility of the signal. Over the years, many types of transducers have been

275 and

developed: optical?’, electrochemical?’?, thermal®’*, gravimetric/acoustic
mechanical transducers'#,

Cantilevers®”276277 are highly sensitive mechanical transducers. They originated
from atomic force microscopy probes and are usually made of silicon or silicon nitride in

a variety of shapes. Their small size makes possible a faster response and the ability to

explore microenvironments. When combined with a biosensing element, the
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microcantilever can be used as a biosensor. For such application, the microcantilever
responds to changes in the biosensing element and this response is converted into a
measurable signal. The response could be the bending of the microcantilever or the
change in oscillating frequency of the microcantilever.

Figure 6-1 is a schematic illustration that demonstrates the measurability of the
bending of a cell-based microcantilever sensor. The biosensing element (cells) adhered to
the surface of the microcantilever responds to the presence of an analyte. The analyte will
cause a change in the mechanical properties of the cells, and the changes in the cells will
bend the microcantilever. The deflection of the microcantilever can be monitored with a
laser beam reflected from the tip of the microcantilever. The change in surface stress, Ao,

can be related to the deflection of the microcantilever through the Stoney equation.
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Figure 6-1. Schematic illustration of cell-based microcantilever sensing.
(A) The cells exhibit a flat morphology before exposure to an analyte. (B) The cells exhibit a more rounded
morphology after exposure to an analyte. The deflection of the microcantilever upon the morphological
change of the cells is indicated in (B).

Although there is an increasing number of papers reporting microcantilever
biosensors!6%-278-281 " the development of cell-based microcantilever biosensors is still very
limited. Antonik first proposed to use microcantilever sensors to detect the
nanomechanical responses of living Madin—Darby canine kidney (MDCK) cells cultured

on one side the microcantilevers?®?, The responses of cells to melittin and sodium azide
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were observed by monitoring the deflection of microcantilever within several seconds of
injection. Park ef al. later cultured mice heart muscle cells on microcantilevers, and they
found that the grooved surfaces of microcantilevers can produce more bending than flat
surfaces of microcantilevers under the small contraction forces generated by mice heart
muscle cells?®3284, Xi et al. grew muscle cells on micromechanical structures to create
cell-powered mechanical motors?®. Das et al. integrated skeletal muscle with a silicon
microcantilever array to develop a serum-free cell-based sensor?®®-?%7, This integration
could allow high-throughput and real-time measurement of physiological properties of
the myotubes and could become a micro-biomechanical platform for studying other
complex biological phenomennons?8®,

In the present research, we developed a protocol for preparing microcantilever
biosensors by culturing human epidermoid carcinoma A431 cells on one side of the
microcantilever. Using cell-adhered microcantilevers, we have observed distinct, real-
time responses of adherent cells to a-cyclodextrin and methyl-B-cyclodextrin. With this
work, we have revealed the possibility of cell-based microcantilevers in sensing the
change of cells induced by an analyte and have provided some direct evidence to explain
the biological cause of the microcantilever deflection.

6.2 Material and Methods
6.2.1 Reagents and Material

The human epidermoid carcinoma A431 cell line was obtained from American
Type Tissue Collection (Manassas, VA). Microcantilevers (CSC38/Cr-Au, force constant
0.03 N/m, length / width / thickness = 350 um / 35 pm / 1.0 um) were purchased from

MikroMasch (Wilsonville, OR). a-Cyclodextrin (a¢CD) and methyl-p-cyclodextrin
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(MBCD) were obtained from Sigma-Aldrich (St. Louis, MO) (Figure 6-2). Antibiotics,
Dulbecco’s modified Eagle’s medium (DMEM), HEPES buffer (4-(2-hydroxyethyl)-1-
piperazineethanesulfonic acid), trypsin—EDTA, fetal bovine serum (FBS), and Hank's

balanced salt solution (HBSS) buffer were purchased from Invitrogen (Carlsbad, CA).

(B)

Figure 6-2. Molecule structure of (A) aCD and (B) methyl-f-CD.

6.2.2 Cell Culture

A431 cells were cultured under a humidified atmosphere at 37°C and 5% CO; in
DMEM containing 100-IU/mL penicillin, 10% FBS, and 100-pg/mL streptomycin in T75
Corning culture flasks. The A431 cells were harvested at 95% confluency as usual.
The microcantilevers were washed with DI-water and 200 proof ethanol, followed by
exposure to ProCleaner™ UV-ozone for 20 minutes. They were then placed in a 12-well

tissue culture plate along with A431 cells (1.60 x 10° cells/mL) in the buffer. The cells
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adhere and grow on the gold-surfaced side of the microcantilevers under the same
condition as cell culture. Once 80-90% coverage of cells were reached, the adherent cells
on the microcantilevers were rinsed with phosphate-buffered saline and then were starved
in serum-free medium for 18 hrs before assay.
6.2.3 Cantilever Assays

Before the assay on the same day, the cells on the microcantilever were rinsed
carefully with assay buffer (20-mM HEPES in HBSS, pH 7.2). The microcantilever was
then placed in a flow-through liquid cell with a volume of 0.30 mL. The microcantilever
assay was then executed as described previously?®. In brief, the assay buffer was injected
into the flow cell at 1 mL/h with a syringe pump, so that the baseline fluctuations could
be minimized. After the baseline had become stabile, the assay buffer with analyte
dissolved in it was injected through the 0.50-mL sample loop into the liquid cell. The
bending of the microcantilever was monitored by measuring the position of a laser beam
reflected from the microcantilever tip to a photodiode (Figure 6-1). Each assay was
repeated several times to ensure its reproducibility and reliability.
6.3 Results and Discussion

In this present study, we sought to test the possibility of cell-based
microcantilevers as biosensors. First, we prepared a cell-adhered microcantilever by
culturing human epidermoid carcinoma A431 cells onto its front side (non-reflective
side) only (Figure 6-3). As strong adherent cells, A431 cells formed a nice monolayer,
which is ideal for cell-based assay. Considering that the microcantilever deflection is
caused by the imbalance in surface stress between the front and back sides of the

microcantilever, it is critical to culture the cells on only one side of the microcantilever.
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This was achieved by blocking the backside of the microcantilever (reflective side); the
microcantilever was placed backside down during the cell-seeding. Another important
contributing factor to sensitivity is the surface coverage of the microcantilever by the
cells. Satisfactory results were obtained when a high density (1.60 x 10 cells/mL) of the

cells was seeded.
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Figure 6-3. Microscope images of the cells cultured on a microcantilever before and after exposure to 8.0-
mM MBCD.
The cells exhibit a flat morphology before exposure (A) and a more rounded morphology after exposure

(B).

Next, we examined the sensing ability of cell-adhered microcantilevers. The study
was focused on the detection of methyl-f-cyclodextrin (MBCD) and a-cyclodextrin
(aCD) (see Figure 6-2A and Figure 6-2B). Both of them belong to cyclodextrins, a family
of cyclic oligosaccharides composed of a-1, 4-linked glucopyranose subunits. The

difference between these two compounds is that aCD has six glucopyranose subunits



129

whereas MBCD has seven, which results in different sizes of the hydrophobic cavities in
these molecules®. First, the cell-adhered microcantilever was placed in the liquid cell
and allowed to equilibrate at room temperature with a constant flow of the assay buffer at
1.0 mL/h. Once a stable baseline was obtained, an analyte was injected into the flow cell
at the 25th min. For MBCD, the earliest bending response occurred at 40 min and
remained the 0.27-nm/min deflection rate for 22 min. The deflection rate is defined as the
change in the level of the microcantilever bending over time. The results of this study are
summarized in Figure 6-4. At 62 min, the responses switched to a more drastic change in
deflection (0.54 nm/min). This sudden switch could be an indication of the occurrence of
a second cellular response at a higher concentration of MBCD. This switch was also
observed for aCD. However, the overall deflection of aCD, which was barely above the
baseline response established by the assay buffer (i.e., blank), was much smaller
compared with that of MBCD. A more quantitative comparison shows that the rate of
deflection for aCD is approximately 0.025 nm/min, which is about 20-fold lower than

that for MBCD.
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Figure 6-4. The results of the cell-based microcantilever assay.
The different profiles of the microcantilever bending caused by 8-mM aCD and 8-mM MBCD are shown,
respectively. The baseline response was established with the blank.

We attribute the substantial bending of the microcantilever shown in Figure 6-4 to
the MBCD-induced cell response. MBCD is known for the ability to extract cholesterol
from the cell surface by forming inclusion complexes. One important function of
cholesterol is to maintain the integrity and fluidity of cell membrane and secure important
protein in the membrane. By disrupting the structure of cholesterol-rich microdomains,
MBCD was able to change the cell morphology to a more rounded shape, which is
evidenced in Figure 6-3. Consequently, the interaction between individual cells and the

surface of the microcantilever was significantly altered, which conceivably led to the



131

significant change of the overall surface stress of the microcantilever and the subsequent
substantial bending of the microcantilever. Apparently, the cell-adhered microcantilever
was able to convert the MBCD-induced cellular response to a measurable mechanical
response (bending).

Although both aCD and MBCD are cyclic oligosaccharides, aCD does not extract
cholesterol from cells as efficiently as MBCD does***?°!, because aCD has a smaller
hydrophobic cavity compared to that of MBCD. In fact, aCD is often used as a negative
control for MBCD in studies involving cholesterol extraction?®!. aCD is incapable of
producing a measurable change in cell morphology, which probably explains the 20-fold
lower deflection rate compared with that of MBCD.

Overall, the present study has demonstrated for the first time the feasibility of
cell-based microcantilever sensing, which capitalizes on the unique capability of the
microcantilever to convert cellular response to a measurable mechanical response.
Compared with other sensing technologies, cell-based microcantilever sensing is a label-
free, noninvasive technology that can perform real-time monitoring based on induced
cellular response. Also, it has high sensitivity and excellent specificity with a low
production cost, low-power consumption, and a small size'38. Cell-based microcantilever
sensing has the potential to become a cost-effective and highly sensitive sensing platform

for environmental, medical, toxicological, and defense applications.
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Chapter 7: Summary

Chapter 1 provided the background on the energy crisis, which is a major concern
for humanity. To avoid serious social and economic pitfalls, it is critical to find
affordable, alternative, and renewable energy sources, as well as to reduce the world’s
dependence on petroleum. Cellulosic biofuel (bioethanol) is one of the most promising
substitute energy sources. However, before bioethanol becomes a conventional form of
energy as petroleum fuel is currently, some challenges have to be overcome. One of these
challenges is the low efficiency of the enzymatic digestion of cellulose. The mechanism
of cellulose-cellulase interactions is still not fully understood. One reason for this is
because the interactions between cellulase and the cellulose substrate occurs on the
liquid—solid interface and few techniques are sensitive enough to study it.

Chapter 2 provided background on nanomechanical sensors, including
microcantilevers and QCM-D. These sensors have drawn increased attention due to the
development of silicon micromachining techniques for integrated circuits (IC).
Techniques using these sensors are sensitive enough to monitor surface-property changes
of cellulose substrates. With these techniques, the study of the interfacial interactions
between cellulase and cellulose became possible. Chapter 3 reported the use of a
nanomechanical sensor (cantilever) to probe the interaction between cellulase and
cellulose and described the discovery of experimental evidence for decrystallization. It
was also shown that decrystallization plays a critical role during the degradation of
cellulose aggregation. Chapter 4 reported the examination cellulase—cellulose interactions
from a unique perspective—changes in topography during enzymatic hydrolysis. The

topography was found to be a useful tool for studying enzymatic hydrolysis. Further
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experimental proof of decrystallization was described. Chapter 5 described the
computations and experiments designed to evaluate the interaction between water
molecules and cellulose. Chapter 6 reported the use of a microcantilever sensor to explore
the response of mammalian cells to chemicals.

The chapters as a whole examine topics related to the enzymatic hydrolysis of
cellulose by cellulase, the possibility of utilizing nanomechanical sensing techniques to
study interactions between cellulase and cellulose substrates, and provide valuable insight
into understanding the mechanisms of enzymatic hydrolysis of cellulosic biomass.

Scientists are aware of the importance of the decrystallization, but few actual
studies have been carried out due to a shortage of research methods for the
decrystallization. In this dissertation, a nanomechanical sensor was developed that can
monitor in real time the overall hydrolysis of cellulose by cellulase. With this
nanomechanical sensor, the first experimental evidence of decrystallization was obtained.
Topography was also successfully employed to explore the enzymatic activity of
cellulase, and the approach is straightforward, easy to implement, and informative. These
techniques provide researchers in related fields with useful tools to study enzymatic
activities at liquid—solid interfaces.

Continued research should attempt to apply the methods developed in the research
described in this dissertation to study the interactions between cellulose and different
cellulase enzymes. More information about cellulose hydrolysis by cellulase, such as
synergistic effects and the influence of pretreatment on biomass, can be thus obtained. In

the future, genetically modified cellulase will be characterized by means of these novel
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sensing techniques, such that the hydrolysis process can be optimized and the efficiency

of biomass conversion improved.
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aCD
AC
AFM
BPD
BSA
CBHs
CBH1
CBM
CD
CFM
CI
CpP
AD
DFM
DMEM

DMSO

Eo
EDTA
EFM

Er

Appendix: List of Abbreviations

a-Cyclodextrin

Alternating Current

Atomic Force Microscope

Barrels per Day

Bovine Serum Albumin
Cellobiohydrolases

Cellobiohydrolases I

Carbohydrate Binding Module

Catalytic Domain

Chemical Force Microscopy
Crystallinity Index

Clean Power Plan

Change in the Energy Dissipation Factor
Dynamic Force Mode

Dulbecco’s Modified Eagle’s Medium
Dimethyl Sulfoxide

Energy to Separate Two cellulose Layers
Energy per Mole Glucose
Ethylenediaminetetraacetic Acid
Electrostatic force microscopy

Internal Energy Between the Two Layers

160



EG

Ex

Aty

FTIR

HBSS

HCC cellulose
HEPES buffer
IC

ITC

LCC cellulose
LFM

ILs

MBCD

MCC

MDCK cells
MFM

MLCT

MSM

NaOAc

NH

NMMO
pNPC

PVAm

QCM-D
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Endoglucanases

Kinetic Energy

Changes in the Resonant Frequency
Fourier Transform Infrared Spectroscopy
Hank's Balanced Salt Solution
High Concentration Cellulose
4-(2-hydroxyethyl)-1-piperazineethanesulfonic Acid
Integrated Circuit

Isothermal Titration Calorimetry
Low Concentration Cellulose
Lateral force microscopy

Ionic liquids
Methyl-B-Cyclodextrin
Microcrystalline Cellulose
Madin—Darby Canine Kidney Cells
Magnetic force microscopy

Silicon Nitride Microcantilevers
Magneto-resistive Sensitivity Mapping
Sodium Acetate Buffer
Non-hydrolytic Cellulase
N-Methylmorpholine N-oxide
p-Nitrophenyl--D-Cellobioside
Polyvinyl Amine

Quartz Crystal Microbalance with Dissipation Monitoring



AR%
Ra
SCM
SEM
SEPM
SMD
SPM
ST™M

TEM

XPS

XRD
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Percentage Change of Roughness R,
Average Roughness

Scanning Capacitance Microscopy
Scanning Electron Microscope
Scanning Electrical Potential Microscopy
Steered Molecular Dynamics
Scanning Probe Microscopy
Scanning Tunneling Microscope
Transmission Electron Microscopy
Elastic Energy

X-ray Photoelectron Spectroscopy

X-ray diffraction
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