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Pulse EPR distance measurements to study multimers and 

multimerisation 

Pulse dipolar electron paramagnetic resonance (PD-EPR) has become a powerful 

tool for structural biology determining distances on the nanometre scale. Recent 

advances in hardware, methodology, and data analysis have widened the scope to 

complex biological systems. PD-EPR can be applied to systems containing lowly 

populated conformers or displaying large intrinsic flexibility, making them all but 

intractable for cryo-electron microscopy and crystallography. Membrane protein 

applications are of particular interest due to the intrinsic difficulties for obtaining 

high resolution structures of all relevant conformations. Many drug targets 

involved in critical cell functions are multimeric channels or transporters. Here, 

common approaches for introducing spin labels for PD-EPR cause the presence 

of more than two electron spins per multimeric complex. This requires careful 

experimental design to overcome detrimental multi-spin effects and to secure 

sufficient distance resolution in presence of multiple distances. In addition to 

obtaining mere distances, PD-EPR can also provide information on 

multimerisation degrees allowing to study binding equilibria and to determine 

dissociation constants. 

Keywords: electron paramagnetic resonance; PELDOR; DEER; RIDME; multi-

spin 

Introduction 

Pulse dipolar electron paramagnetic resonance (PD-EPR) is becoming increasingly 

important in structural biology [1,2]. The combination of methods such as pulsed 

electron-electron double resonance (PELDOR or DEER for double electron-electron 

resonance [3-5]) and DQC (double quantum coherence) filtered EPR [6] with site-

directed spin-labelling (SDSL) [7,8] has been frequently employed for precisely 

determining distances in-between paramagnetic centres in the range of 2 to 10 nm and 

beyond [9-11]. These long-range distances have been used to elucidate conformational 

changes [12,13], assign conformational states [14,15], or study quaternary structures of 



complex biological systems [16]. 

SDSL-PELDOR is the most established PD-EPR technique [1,2,10]. It is highly 

complementary to other biophysical and structural methods: i) it is a solution method 

that does not require (micro)crystallisation, ii) distances can be measured between 

identical labels, and iii) it is not easily overwhelmed by the complexity of the system 

under study, since commonly only the introduced spin labels result in EPR signals. 

Thus, it can be applied to intrinsically disordered or flexible systems, or can be used to 

target lowly populated conformational states [17].  

The dipolar couplings measured in PD-EPR are usually much smaller than the 

inhomogeneous EPR line width. In PELDOR this small coupling frequency is recovered 

by refocusing all other inhomogeneities during formation of a Hahn echo that is 

subsequently refocused. The set of spins contributing to the refocused echo is often 

called A-spins. The dipolar coupling is selectively introduced by inverting a set of B-

spins with a microwave pulse of different frequency at a specific time t during the 

evolution of the transverse A-spin magnetisation. The A-spins will now accumulate a 

phase factor of Dt with D being the distance- and orientation-dependent dipolar 

coupling (eq 1) [5,18]. 
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ℏ is the reduced Planck’s constant, μ0 the permeability of vacuum, μB is the Bohr 

Magneton, gi is the g-factor of spin i, rAB is the scalar distance between the two spins 

and AB is the angle between the distance vector and the external magnetic field. Spins 

A and B can be of the same chemical nature. However, the same spins must not be 



excited by both microwave frequencies. Ideally, the two different resonance frequencies 

are caused by different orientations or different nuclear spin states of coupled nuclei. 

The A-spin echo will be modulated by a cos(Dt) term for pairs in which the B-spin was 

inverted by the pump pulse. Thus, the overall modulation and the effect-sensitivity in a 

two-spin system Vintra (eq 2) will scale linearly with the fraction of B-spins inverted by 

the pump pulse (inversion probability  multiplied by labelling degree f) [10,19]. 

 

𝑉𝑖𝑛𝑡𝑟𝑎 = 1 − 𝜆𝑓(1 − 𝑐𝑜𝑠(𝜔𝐷𝑡)) (2) 

 

Consequently, great efforts have been taken to maximise the number of inverted 

B-spins and thus sensitivity. The opportunity to use high power at 34 and 95 GHz has 

led to breakthroughs for the sensitivity of Q- and W-band PELDOR, respectively. 

Sensitivity demands a finite concentration for real samples leading to a background 

decay determined by dipolar coupling to spins in different complexes (eq 3).  

 

𝑉 = 𝑉𝑖𝑛𝑡𝑟𝑎 × 𝑉𝑖𝑛𝑡𝑒𝑟  (3) 

𝑉𝑖𝑛𝑡𝑒𝑟 = 𝑒𝑥𝑝(−𝑘𝑡) 

 

k depends on the sample concentration and the inversion probability . In 

homogeneous samples, this background Vinter can be approximated to a mono-

exponential decay. However, the isolation of Vintra from the overall signal bears higher 

uncertainties if the maximum dipolar evolution time tmax is not much larger than the 

inverse dipolar coupling.  



In multimers or other systems bearing N multiple spins within one complex the 

signal factorises over all possible B-spins (eq 4) with the total modulation depth  (eq 

5) [21,22]. 

 

𝑉𝑖𝑛𝑡𝑟𝑎,𝑁 =
1

𝑁
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𝑁
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∆= 1 − (1 − 𝜆𝑓)𝑁−1    (5) 

 

For PELDOR, the most commonly used spin labels for SDSL are stable 

nitroxide radicals such as MTSL ((1-oxyl-2,2,5,5-tetramethyl-3-pyrroline-3-methyl) 

methanethiosulfonate) [7,23]. However, paramagnetic metal ions that can be used in 

combination with systems bearing a native or introduced metal-binding site, are 

receiving increasing attention [24-27]. These labels are more stable than nitroxides in 

the reducing environment of the cell [28,29], and are especially attractive in 

combination with evolving methodology, such as shaped pulses [30,31] or RIDME 

(relaxation-induced dipolar modulation enhancement) [32], to compensate for the 

reduced overall modulation depth  achievable with metal ions compared to nitroxides. 

Compared to PELDOR, fast relaxation times and broad spectra (as observed in metal 

ions) can be less problematic using RIDME. While PELDOR is by far the more 

established and better understood technique, RIDME has great potential, and recent 

advances such as the dead-time free five-pulse version [33], averaging schemes to 

reduce nuclear modulation artefacts [34], or modified Tikhonov kernels to eliminate 

overtones [35], will significantly widen the scope of this method. 

Pulse EPR distance measurements are especially attractive in combination with 

known sub-structures obtained from complementary methods such as NMR or 

crystallography [15,36]. This approach allows for example conformational studies on 



membrane proteins to identify “hot spots of motion”, i.e. protein regions undergoing 

major conformational changes, in cases where not each functional conformation can be 

structurally characterised by crystallography or cryo-electron microscopy. Notably, 

already before pulse EPR distance measurements came into focus, continuous wave 

(CW) EPR measurements were performed on membrane proteins [37]. These CW 

experiments provided information on accessibility [38], dynamics [8], polarity [39], or 

short inter-spin distances (up to 2 nm) [40]. 

Here, we will focus on pulse EPR applications to multimeric systems. 

Quantitative modulation depth studies using PELDOR and RIDME are performed 

mainly on dimeric systems, and multimeric systems such as membrane proteins are used 

in combination with the PELDOR technique for accurate extraction of nanometre 

distances. 

PELDOR on multi-spin systems 

Multi-spin effects 

The presence of more than two spins per protein complex or quaternary structure results 

in an increase in total modulation depth (eq 4) [21] and in combination frequencies 

leading to so-called multi-spin effects [19,21]. These result from sum and difference 

frequencies in the dipolar oscillations and without extra treatment they often lead to 

erroneous distance distributions. So-called ‘ghost peaks’ [41] in the distance distribution 

that do not correspond to a true distance and the loss of the true intensities of 

populations with long distances have both been attributed to combination frequencies 

[41,42]. Distance distributions are generated from the primary data by solving a 

moderately ill-posed inverse problem. This is most frequently done by Tikhonov 

regularisation to ensure a smooth distance distribution. The Kernel attributes a Pake 



distribution of frequencies to every distance based on a two-spin system [43,44], and 

modification of the Kernel to allow for multiple spins is not trivial. Combination 

frequencies will depend on correlations between distances and between dipolar angles 

as well as the probability of multiple excitation. Commonly, the two-spin Kernel is used 

approximatively even in multi-spin systems [41,42]. 

Multi-spin effects arising from data inversion by use of the two-spin Kernel 

have been shown to worsen with the number of spins present per complex and can 

severely hamper data analysis and interpretation [42,45]. However, multimeric proteins 

and their conformational changes during function are an important target in structural 

biology and are also increasingly studied by pulse EPR.  

Membrane proteins 

Membrane transporters and channel proteins are often homo-multimers playing 

essential roles in cellular signalling pathways, and many of them are potential drug 

targets [46]. Membrane proteins are notoriously difficult to crystallise, and the ability 

for investigating conformational changes and functional dynamics makes them highly 

attractive targets for EPR spectroscopy [46]. Both, pulse EPR methods and CW EPR 

have been used extensively to investigate membrane proteins in a large variety of 

biological systems [7,15,40,47-61]. However, for higher multimers multi-spin effects 

have been demonstrated to seriously affect PELDOR distance distributions obtained 

from multimeric membrane proteins with nitroxide spin labels attached to each 

monomer [45]. This has even led to the coerced disregard of all but the shortest distance 

for the sake of unambiguity in data interpretation [15,51]. Additionally, limitations in 

the achievable dipolar evolution time can result in low distance resolution and higher 

uncertainties for the longer distances present in the system [62]. Generally, higher 

uncertainties in labelling efficiency have been observed for transmembrane sites, and 



nearby lipid-binding sites can affect binding of the spin label [14]. 

Suppressing multi-spin effects  

Power-scaling 

Recently, a post-processing approach for reducing multi-spin effects has been 

implemented in DeerAnalysis, the gold standard of PD-EPR data analysis [44]. In this 

approach, the background-corrected time trace is scaled to the power of 1/(N-1), where 

N is the number of spins in the system [41]. The approach was validated on chemical 

model systems containing up to three spins and simulated systems with up to five spins 

[41]. However, we could demonstrate that in systems with seven or more spins power-

scaling alone is no longer sufficient to fully suppress multi-spin effects at X- and Q-

band frequencies (~9 and 34 GHz), if still the maximum achievable power is applied 

(, see below) [45]. Nevertheless, power-scaling is a highly useful approach that is 

easy and practically free to implement during data analysis as it does not require 

modified experimental settings or changes in sample preparation. Importantly, in cases 

where the number of spins (or the oligomeric state) in the system is unknown, power-

scaling of the PELDOR traces can help to confirm the presence of multi-spin effects, 

i.e. if the distance distribution changes with power-scaling it is likely that multiple spins 

per protein complex are present. 

-reduction 

An experimental approach to reduce multi-spin effects is to reduce the probability of 

simultaneous excitation of B-spins by the microwave pump pulse, and can thus no 

longer contribute to the creation of multi-spin effects. The maximum achievable 

probability of flipping spins,  (or inversion efficiency [19]), is dependent on the 



experimental hardware, and can be reduced by modifying the pump pulse in a PELDOR 

experiment [19]. 

Recently, we evaluated the combined use of -reduction and power-scaling in a 

heptameric membrane protein and were able to demonstrate practically complete 

suppression of multi-spin effects if was kept smaller than 1/(N-1) [45], in line with 

previous predictions [41]. In contrast to power-scaling, -reduction requires 

modification of experimental settings, however implementation is straight-forward and 

no changes in sample preparation are involved. 

Sparse labelling 

A rather obvious suggestion to suppress multi-spin effects is eliminating their root cause 

by the reduction of the number of spins (or the labelling degree f) in the system under 

study, implying some modifications during sample preparation. Spin dilution has been 

used already for early CW studies [63,64], and has recently been taken into 

consideration for PELDOR experiments [11,48,65,66]. For SDSL-PELDOR with 

sparsely labelled samples commonly a mixture of the paramagnetic MTSL spin label 

with its NO-acetylated diamagnetic analogue dMTSL ((1-acetoxy-2,2,5,5-tetramethyl-

δ3-pyrroline-3-methyl) methanethiosulfonate) is used during the labelling procedure, 

allowing the precise control of the percentage of paramagnetic labelling to be achieved. 

A combined approach using both -reduction and sparse labelling to perform 

distance measurements of up to 16 nm in a tetradecamer has been reported [11]. We 

have recently performed a comparative study to investigate potential performance 

differences in sparse labelling versus -reduction on the heptameric and pentameric 

mechanosensitive membrane channels MscS and MscL, respectively [62]. Interestingly, 

while both approaches were able to fully suppress multi-spin effects if the product 



fwas kept smaller than 1/(N-1) and in combination with power-scaling, the sensitivity 

comparison gave clear advantages for sparse labelling (Figure 1), at least in both 

cytosolic mutants investigated [62]. Dipolar dephasing studies further demonstrated the 

detrimental effect of high local spin concentration on sensitivity. It can be rationalised 

that sparse labelling reduces instantaneous diffusion [67] in detection and background, 

while -reduction only reduces background decay rates; however, differences in overall 

modulation depths are currently under further investigation. 

 

Figure 1. Comparison of -reduction and sparse labelling. A: MMM model of fully 

labeled protein. MscS S196R1 PELDOR distance distributions obtained for fully 

labeled protein (B), -reduced fully labeled protein (C: = 67% 0, D: = 33% 0), 

and sparsely labeled protein (E: f = 67%, F: f = 33%). Depicted are the ±2 confidence 

intervals as black and red area for non-scaled and power-scaled data, respectively. 

Predicted distance distributions from MMM2015.1 and MtsslWizard are shown as gray 

lines (solid and dashed, respectively). The bottom color bars represent reliability ranges 



for the distance distributions as indicated in DeerAnalysis2015 (green: shape reliable; 

yellow: mean and width reliable; orange: mean reliable; red: no quantification possible). 

This figure has been published in [62] (see also for additional details) and was 

reproduced with permission under CC-BY license. 

 

Technically, specific double-labelling of membrane protein complexes can be a 

difficult task, since the methods usually applied require either systems exchanging 

monomers, or systems that can be re-constituted after denaturation. Both is often not the 

case for membrane proteins, therefore alternative approaches are required, such as 

heterologous co-expression of wild-type and mutant protein [68]. For pentameric MscL, 

the controlled generation of heteropentamers by detergent exchange and 

chromatofocussing has been described recently [69], however this approach awaits 

generalisation.  

Alternative spin labels 

An entirely different approach can be taken by switching from nitroxide radicals to spin 

labels showing intrinsically low multi-spin effects. These have been demonstrated for 

high-spin paramagnetic metal ions, such as manganese or gadolinium labels [26,70]. 

However, these come at the cost of reduced modulation depth in the standard PELDOR 

experiment. Combination of these spin labels with emerging methods such as RIDME 

or the use of broadband excitation in PELDOR with shaped pulses could facilitate their 

more wide-spread application [71].  

Distance resolution 

Another main challenge for the determination of precise distance distributions in 

multimeric systems in addition to multi-spin effects is the distance resolution. The 

length of dipolar time domain evolution (tmax) recorded determines the frequency 



resolution. The latter limits the distance determination twofold. First, the frequency 

resolution determines the longest possible distance that can be reliably determined, and 

secondly it determines whether resolution between populations at different distances 

present in the system is achievable. Thus, consideration of the distance resolution will 

be important for correct interpretation of distance distributions beyond mean and width 

of the main population. 

DeerAnalysis colour codes regions of the distance distribution, thereby judging 

the reliability of the distribution shape. In dependence of tmax reliability ranges will 

render the shape, the mean and width, or merely the mean of the distribution reliable 

(corresponding to a maximum distance in nm of about 3, 4, or 5 × (
𝑡𝑚𝑎𝑥

2 [𝜇𝑠]
)

1
3⁄

, 

respectively). A validation tool allows systematically varying processing parameters 

and performing statistical analysis to calculate confidence bands [44,72]. Similar 

concepts have been used for the estimation of uncertainties in PELDOR distance 

distributions for other approaches to data analysis. [73,74]. 

However, data explicitly targeting reliable separation or recognition of multiple 

distance populations is limited. Even in the best case of background- and noise-free 

simulated data recovering the input distribution is not trivial in a system with multiple 

distances [42]. This can be experimentally shown by use of a chemical model system 

with three very defined distance populations all within 1 nm (Figure 2). The PELDOR 

time trace was analysed using Tikhonov regularization in DeerAnalysis and data were 

truncated at different times to emulate different achievable tmax in challenging 

applications. A set of tmax were chosen as 1, 2, 3, or 4.6 multiples of the inverse dipolar 

constant Ddip for the longest distance present (5.2 nm). The longest tmax was chosen 

because here, the entire distance distribution lies within the green reliability range of 

DeerAnalysis. Thus, the entire shape of the distribution should be reliable. Data further 



demonstrate that distance resolution is not sufficient using tmax = 2/Ddip, even with 

excellent experimental signal-to-noise (here above 400 to 1). 

 

Figure 2. Distance resolution. A: Two terpyridine-based compounds are used for 

templated complex formation with Zn2+ as the template. Dimerisation on the template 

occurs with a statistical distribution of possible complexes; a model distance 



distribution is shown in C. B: PELDOR trace of the resulting mix of dimers; vertical 

lines indicate dipolar oscillation times corresponding to 1, 2, 3, or 4.6 multiples of the 

inverse dipolar coupling corresponding to the longest distance present (5.2 nm), these 

were used for data truncation before Tikhonov regularisation. D-G: Distance 

distributions with ±2 confidence intervals obtained by statistical analysis. The vertical 

line in G corresponds to the expected cut-off distance (at r /nm = (t /μs × 52)1/3) and is 

shown to highlight the right peak as an artefact. The color bars represent reliability 

ranges for the distance distributions as indicated in DeerAnalysis2015 (green: shape 

reliable; yellow: mean and width reliable; orange: mean reliable; red: no quantification 

possible). More details on distance resolution and the synthesis and characterization of 

the shorter terpyridine ligand will be published elsewhere. 

 

Furthermore, measuring at even shorter dipolar evolution times often leads to 

artefact peaks as the background correction (eq 4) becomes unreliable. Such artificial 

distance populations could easily be misinterpreted as a true peak since they are often 

rendered significant by validation of the data by statistical analyses over a 

systematically varied background correction. A detailed study on the resolution of 

multiple distances is ongoing and will be reported elsewhere. 

Multimerisation studies – quantitative assessment of the modulation depth 

PELDOR 

In addition to the dipolar oscillation encoding the distance in a PELDOR experiment, 

the modulation depth  contains information about the number of spins in the system 

and thus, the multimerisation degree [21]. Furthermore,  can be used to follow 

multimerisation equilibria such as the liner build-up of modulation depth upon increased 

dimer formation. Quantitative assessment of changes in  allows determining binding 

constants [75]. 



Several PELDOR studies have demonstrated the usefulness of quantitative 

assessment of  in biological systems. The true dimer interface of the influenza A virus 

non-structural protein 1 (NS1) could be identified based on changes in  employing a 

mutant known to inhibit dimerisation [76], and incomplete dimerisation of the effector 

domain could be concluded from a reduced [76], in agreement with weak binding 

observed using 19F NMR [77]. In another PELDOR study multimerisation of the 

influenza A M2 transmembrane domain could be assessed [78]. We recently 

demonstrated that  behaves as expected in the pentameric mechanosensitive channel of 

large conductance from E. coli (MscL) [62]. Only in higher oligomers, such as the E. 

coli heptameric mechanosensitive channel of small conductance (MscS) lower values 

than expected were reported [15,45], indicating that in these systems other effects might 

take over.  

RIDME 

In contrast to PELDOR, RIDME is a single frequency technique [32,79]. While in a 

PELDOR experiment the bandwidth of the pump pulse is limiting, this is not the case 

for relaxation-based RIDME, which has been shown to result in a larger modulation 

depth and thus, sensitivity when pulse bandwidth is limiting [80]. This makes RIDME 

especially attractive in combination with paramagnetic metal ions and could prove 

highly useful for studying proteins with native or engineered metal binding sites. 

RIDME is still an emerging technique, and quantitative assessment of the 

modulation depth  for multimerisation studies has not yet been demonstrated in a 

biological system. However, recently it was shown in a templated dimerisation model 

system that dimerisation can be followed using , similarly to PELDOR [75,81]. 



However, applicability to challenging biomolecular systems remains to be 

demonstrated. 

For multimerisation studies on higher oligomers bearing multiple metal centres 

(i.e., in a multi-spin system), multi-spin effects are expected to come into play using 

RIDME similarly to PELDOR on nitroxides. It will be very useful to see if RIDME will 

allow determining higher oligomerisation degrees and whether the different approaches 

for recovering the true distance distribution will be transferable from PELDOR to 

RIDME. 

Conclusion and Perspectives 

PD-EPR distance measurements have become an important tool in the armoury of 

structural biology methods. However, applications to complex biological systems such 

as multimeric membrane proteins have exposed complications arising from multi-spin 

effects and the presence of multiple distances. Substantial advances have been made in 

overcoming these challenges, and the use of PELDOR in combination with power-

scaling, sparse labelling and/or -reduction will have extended the scope of the method 

to multimeric systems which become tractable with careful experimental design. 

In addition, PD-EPR methods have been demonstrated to be highly suited to 

assess the multimerisation degree and to determine binding constants using the 

modulation depths. Initial model studies will have to be translated to complex 

biomolecules as has been shown for PELDOR [78]. For RIDME as an emerging, highly 

promising technique for measurements involving fast relaxing paramagnetic metal ions, 

these applications will widen the information that can be retrieved and thus, the scope of 

applications. 



Studying systems with multiple distances using PD-EPR requires both, accuracy 

and precision, becoming particularly challenging in combination with additional multi-

spin issues in multimers. A good understanding of the achievable distance resolution 

and in turn its limits is highly important. More research into the reliable separation of 

multiple distance peaks of different widths and intensities is in progress. 
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