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Abstract 

Collagen is the most abundant protein in the animal kingdom and, together with elastin, forms 

extensive fibrous networks that constitute the primary structure of the mammalian extracellular 

matrix, respectively endowing it with the tensile and elastic properties that fulfil its principal role 

as the passive framework of the body. The fibrous proteins are distinctly hierarchically 

organised from the molecular scale upwards; for example, the nanoscale tropocollagen 

monomer assembles in arrays that form the micrometer scale microfibrils and fibrils, and 

thence into collections of millimetre scale collagen fibres, that in-turn, constitute functional 

tissues such as skin, tendon and bone. Much is known about the structure at each of these 

individual scales – collagen being the most extensively researched – and the macromechanics 

of the fibres are well established. However, far less is known about the micromechanics of 

these proteins, in particular how the monomers influence the functional mechanics of the 

macroscopic fibres. In this thesis, I explore the multiscale mechanics of collagen and elastin 

fibres over a range of hydrations – with fibres in direct contact with aqueous solution, and 

progressively dehydrated in humidity-controlled environments. I use quasi-static tensile testing 

to probe the macroscopic mechanical response (Young’s modulus and stress relaxation) of the 

fibres, and employ Brillouin and Raman microscopy to assess the longitudinal modulus in the 

GHz range and corresponding molecular properties of the proteins. Brillouin microscopy is an 

emerging technique in the biomedical field. It enables the all-optical, contact-free and non-
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destructive testing of tissue micromechanics through detection of frequency shifted light 

scattered off thermally excited acoustic waves or “phonons” in the GHz range. As one of the 

first studies of Brillouin light scattering in these fibres, it sets the basis for further investigation 

of tissue biomechanics. In particular, I provide the full description of the protein fibre 

micromechanics by performing angular measurements using a so-called platelet-like 

configuration with sample mounted onto a reflective substrate at 45° angle to the excitation 

beam. I derive the high-frequency longitudinal modulus, and discuss the results in comparison 

to the Young’s modulus, in terms of the different frequency and spatial scale of the 

measurements. I obtained a full description of elasticity using Brillouin spectroscopy applied to 

dried fibres; however, obtaining the same description in hydrated fibres is a challenge, as the 

Brillouin spectrum is dominated by water. An assessment of the mechanical differences 

between type-I and type-II collagens is also given here. 

Water is known to be a primary determinant of tissue biomechanics, and I identified for the 

first time, the critical hydration ranges between 100 and 85% relative humidity (RH) for 

collagen, and around 85% RH for elastin, at which point each macroscopic fibre switched from 

viscoelastic to plastic-like behaviour. Dehydration below these critical points was shown to 

severely diminish collagen fibrillar sliding, and completely rob elastin of its ability to reversibly 

deform under strain. The Young’s modulus increased markedly below these hydrations, and I 

observed a parallel increase in the longitudinal modulus at high frequencies in each protein, 

indicating a concomitant increase in stiffness at the two scales. The major difference observed 

between the two fibrous proteins is that, in the case of elastin, I observe a two-fold increase 

in the longitudinal modulus as the hydration is decreased from 100 to 21% RH, whilst the 

Young’s modulus increases by two orders of magnitude. This discrepancy was not observed 

in collagen, which confirmed that the protein maintained its long-range order in the form of 

the triple helix at all hydrations employed in this work, whilst the elastin ultrastructure 

experiences a liquid-to-solid state change at a critical hydration. 

I demonstrate through the analysis of the low-wavenumber region (<500 cm
-1

) of the Raman 

spectrum, that the increase in molecular stiffness of both proteins, is reflected in an increase in 

torsional rigidity of the peptide backbone upon dehydration. Moreover in collagen, I observe 

a reduction in the number of inter-protein water bridges, which I propose causes a collapse 

of the lateral spacing between monomers and an increase in direct backbone-backbone 

hydrogen bonding, that further stiffens the fibre. Small strain induced reorientations of the 

amide III and C–C stretching modes in dehydrated collagen fibres suggest that macroscopic 



Abstract  iii 

 

 

stresses may be transferred to the triple helix, otherwise left unperturbed in the hydrated state. 

I postulate that this is a result of the degraded intra- and interfibrillar sliding mechanism below 

the critical hydration. Hence in its dehydrated state, the collagen whole-fibre mechanics are 

similar to those at the molecular scale. The role of proteoglycans and glycosaminoglycans and 

their potential connection to hydration, is also discussed.  

In agreement with previous work, I found no Raman spectral changes as a result of stretching 

hydrated elastin fibres, indicating that even large strains e.g. 80%, have no significant effect on 

the structural scale probed by Raman microscopy, nor in the air-dried state where the brittle 

fibres break at low strains. I suggest this may imply a limited sensitivity of Raman bands to these 

changes, possibly an indication of elastin’s dynamic ultrastructure, or that stress is dissipated at 

a higher level of the fibre structure. On the macroscopic scale, it is the poroelastic nature of 

elastin which controls the stress relaxation under strain, and the elastic recovery is mediated 

by an interplay of hydrophobic interactions and hydration forces.
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Introduction 

1.1. The Extracellular Matrix 

The mammalian extracellular matrix (ECM) is the dynamic network that forms the main 

structural scaffold of many tissues. Generated and maintained by the cells that it houses and 

protects, it acts as a mediator for the exchange of cellular signals and nutrients, and transfers 

the forces and electrical signals through which we interact with the world around us. The ECM 

is composed mainly of water, fibrous proteins and polysaccharide rich glycosaminoglycans 

(GAGs) and proteoglycans (PGs). However, tissues vary widely in their structure and in their 

topology; a comparatively rigid calcified bone for instance, responsible for supporting the 

weight of the body, is noticeably a very different material to the elastic lungs undergoing 

repeated deformation with each breath. Indeed, each tissue, whether connective, muscle, 

nervous or epithelial, plays a distinctly different role in our body appropriate to its location, 

highlighting the importance of composition, the balance of the base materials, and their 

interactions, to the highly adapted function of that particular ECM. Composition therefore plays 

a crucial role in the maintenance of homeostasis and in the pathology of a given tissue; but 

these are complex, composite materials of which many physical and chemical features of the 

constitutive parts are still not completely understood. It is sensible therefore, to separate the 

major components of the matrix and consider their contribution to the structure and function 

of the ECM on an individual basis. Fibrous collagen and elastin are the primary structural 
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proteins that constitute the mammalian ECM, endowing it with the tensile and elastic 

properties that fulfil its principal role as the passive framework of the body. There is an 

extensive literature on changes in the biochemistry of each of these polymers, and changes in 

their organization in the tissue with age and disease. However, it is at present impossible to 

determine how these changes are related to the functional biomechanics of the tissues. This 

lack of knowledge in turn limits understanding of the process of ageing and the development 

of disease, and further impedes efforts to target therapeutic measures and diagnostic 

techniques. A fundamental problem is our lack of understanding of tissue mechanics at the 

microscopic and molecular level, and this is the subject of the research described in this thesis. 

 

 

1.2. The Mechanics of Collagen and Elastin 

1.2.1. Fibre Structure and Assembly 

1.2.1.1. Collagen 

Collagen comprises the largest proportion of protein in the human body (30%) and is the 

predominant component of the ECM. The collagens are a large family of proteins, with some 

twenty-eight types currently known in vertebrates. All of them are defined by a common 

repeating amino acid triplet, Gly-X-Y, which forms the ubiquitous triple-helix. Here every third 

amino acid is occupied by a glycine (Gly) residue and the X and Y positions are frequently 

occupied by proline (Pro) and hydroxyproline (Hyp) residues. Variations in the wider amino 

acid sequence lead to the unique properties that separate the different types and tertiary 

structures, though seven of these (I, II, III, V, XI, XXIV and XXVII) take a fibrous form. 80-

90% of the collagen in the human body consists of types I-III [6], of which type-I collagen is 

the best-characterized and most ubiquitous. Collagen fibres are extremely stable structures 

with turnover times of tens of years [7, 8]. In consequence, damage or changes in their physical 

properties through slow chemical reactions such as glycation, can be particularly serious. 

Collagen begins its synthesis in the endoplasmic reticulum (ER) of fibroblasts, where single 

helical chains termed procollagen are formed. These polypeptide -chains contain the central 

Gly-X-Y amino acid repeating region of approximately 1000 residues, terminating at either 

end, in non-helical sequences known respectively as the C- and N-terminal propeptides. Self-

recognition sequences contained in the C-terminal promote the alignment of three individual 
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-chains, and cystine (Cys) residues similarly located, facilitate the initial inter-chain disulphide 

bonding at the terminus, which promotes a zipper like assembly running up to the N-terminal. 

Strong inter-chain hydrogen bonds form sequentially between the hydrogen atom of the Gly 

amide bond (N-H), and the carbonyl oxygen atom (C=O) of the residue at the X-position in 

the adjacent strand [3]. The nucleation process completes with the cleaving of the propeptides 

by N- and C-proteinases, resulting in a 300 nm long, <2 nm diameter triple-helix flanked by 

terminal non-helical telopeptide regions [9]. This tropocollagen monomer is the base unit of 

the collagen superfamily, from which mutations in amino acid sequences form specific -

chains, and varying trimeric combinations of these form specific tropocollagens appropriate to 

their purpose. For example, type-I collagen is formed of two 1(I) chains and one 2(I) chain 

(termed a heterotrimer – different chain combinations), whilst type-II collagen found in 

cartilage, consists of three identical 1(II) chains (a homotrimer) [10]. 

Fibrillogenesis occurs spontaneously in vitro after the molecules have been excreted from the 

cell, but is mediated by the glycoprotein fibronectin in vivo, which is believed to aggregate 

collagen monomers for location-specific fibril assembly [11]. In either case, tropocollagens 

associate through an entropy-driven process [12] into thin microfibrils, packed in a quasi-

hexagonal lattice [13] to form composite fibrils of between 10~300 nm in diameter, aligned 

in parallel arrays, C-terminal to N-terminal, with a characteristic D-period of 67 nm. This 

reflects the overlap and consequent gap regions which are instrumental to the flexibility of the 

fibrils. The lysine (Lys) and hydroxylysine side-chains in telopeptides also form cross-links 

between adjacent microfibrils in this region, imparting mechanical strength and stability to the 

mature fibrillar structure. Parallel arrays of fibrils can further associate into collagen fibres with 

diameters tailored (between 1-500 m) to the ensemble physiology of the macroscopic tissue 

that they form.  

 

1.2.1.2. Elastin 

Elastin constitutes the core component of all elastic tissues in the human body. Primarily found 

in tissue such as lungs and vasculature it shows impressive mechanical performance. In the 

aorta, for example, it experiences 42 million pressure pulses annually, and it plays a vital role 

in matching the mechanics of the vessel to the pulsatile ejection of the heart which is essential 

for the hydrodynamic efficiency of the circulation [14]. It forms primarily within the early-stages 

of development (late fetal and early neonatal periods) and exhibits a rapid slowdown in 
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synthesis with age. With an average half-life of around 70 years, it is the longest lasting protein 

in the human body and we live most of our lives with the same elastin that we are born with. 

Without appreciable repair, it must endure billions of stretch-relaxation cycles without damage 

or permanent deformation. In fact, the functional lifetime of elastin has been posited as one of 

the major physiological determinants of the human lifespan [15]; so in prolonging this limit, 

furthering our understanding of elastin structure and function may be key. 

Elastin fibres form around the common base unit known as tropoelastin. However, unlike 

tropocollagen, the secondary structure of the elastin monomer is highly disordered and 

consequently not as well defined, although x-ray scattering measurements of the protein have 

at least proposed a shape for the monomer [16] and attempts to attribute functional roles to 

its various regions are underway. Tropoelastin is formed in the ER of smooth muscle and 

endothelial cells, as well as in chondrocytes and fibroblasts, and it consists of alternating 

hydrophobic and cross-linking domains. The former contains predominantly glycine (Gly - G), 

valine (Val - V), proline (Pro - P), leucine (Leu - L) and alanine (Ala - A) residues, which are 

believed to organise in the (VPGVG)n repeating sequence, and the cross-linking domains 

contain two or three Lys residues separated by several Ala, Pro or Gly residues. Whilst the 

tropoelastin structure is highly disordered, there is growing evidence to suggest that it is not 

completely random [17, 18]. The extensible hydrophobic domains adopt local -turns and 

polyproline-II helices, whilst the cross-linking domains take on an -helical conformation, 

conferring strength and stability to the molecule. This is still very much an active area of 

research, and a review by Muiznieks and Keeley [19] discusses the current reductionist 

approach to structure determination, with a focus on the resulting mechanical properties. 

In tissues, the process of elastic fibre formation begins with the deposition of an array of 

microfibrils separately to the production of tropoelastin [20]. The elastin monomers are then 

secreted into the extracellular space, where they spontaneously coalesce into globules through 

an entropy driven process (which can be replicated in vitro in an inverse temperature-solubility 

phenomenon known as coacervation). This is the first stage in the alignment of tropoelastin, 

in which the hydrophobic residues of adjacent monomers self-associate under optimal 

conditions of temperature, pH and salt content [21]. Subsequently, cells appear to coordinate 

a parallel deposition of the coacervate onto the fibrillin-rich microfibrils, which act as a scaffold 

for the further alignment and growth of the elastic fibre. The architecture, namely the length 

and thickness of the elastic fibres laid down during this stage, is highly tissue specific [22] and 

there is still debate over the exact role of the transporting cells, and in the mechanisms of 
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binding [11, 23]. Finally, the Lys-rich domains are cross-linked through the action of the copper 

dependent enzyme lysyl oxidase, introducing strength and stability to the now insoluble, 

mature fibre. 

This thesis will concentrate on the mechanical properties of purified elastin. It is still not clear, 

in general, whether the microfibrils make an important contribution to the mechanics of elastic 

fibres in tissues or whether their role is solely to provide templates for formation 

 

1.2.2. Hierarchical Fibre Mechanics 

The best studied of the collagen and elastin mechanics is at the macroscale of the tissues, 

where large-scale, single-mode testing devices can be employed to simulate physiological 

movements and loads of functional components of the body. However, increasingly, to 

understand the true function of a tissue – particularly in the fields of prosthesis development, 

tissue reconstruction and replacement – there is a requirement to understand the underlying 

structure and operation of its constituent parts, and how each of these combine to achieve 

the well-studied macroscopic behaviour. In this respect, there is a considerable body of 

literature that studies each of the individual scales of structure and mechanics in isolation [14, 

24-38]; however, the study of hierarchical mechanics is more challenging, particularly when 

considering the micro- and nanoscale, where multimodal techniques must be employed to 

probe deformation mechanisms in situ at a specific length scale. Such experimental setups 

generally involve a purpose built macroscopic compressive or tensile testing stage coupled 

either to a microscope, or incorporated into some spectroscopic apparatus, allowing for the 

impact of functional, macroscopically applied forces to be measured closer to the fundamental 

scale of the structure. 

The following outlines the structural changes known to occur in collagen and elastin fibres at 

each hierarchical level, with reference to the techniques currently employed in linking the 

mechanics between different length scales.  

 

1.2.2.1. Collagen 

One of the most ubiquitous structural features of collagen, visible even by eye, is the sinusoidal 

arrangement of collagen fibrils that constitute the larger fibres. There is an active debate in the 

literature over the 2D-planar or 3D-helical arrangement of the fibrils that constitute the crimp 
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structure in tendon, which varies widely throughout the body. Recent work has posited a 

dependence on the physiological role of the tissue in question; with a helical arrangement 

associated with energy storing tissues such as the Achilles tendon, and the planar-type linked 

to positional tendons such as those in rat tail [39], the most commonly researched source of 

collagen. 

The crimp is easily resolved by light [40] or polarised light microscopy [41], and with periods 

of around 100 m, is the first major structural feature to respond to the application of 

macroscopic strain. The period of the sinusoid increases until around 4% strain where the 

fibrils become aligned completely parallel to the axis of the fibre. This corresponds to the toe 

region of the collagen fibre stress-strain response and is widely thought to function as a shock 

absorbing mechanism, designed to prevent damage to the ultrastructure of the fibrils during 

rapid applications of force. In fact, the crimp is recoverable at strains of up to 4%, the collagen 

fibres behaving in a spring-like fashion up until this strain in physiological conditions. 

The distinctive J-shape of native collagen fibre’s macroscopic stress-strain curves allude to the 

hierarchical nature of the protein fibre’s mechanics. Fratzl and co-workers divided the curve 

into three distinct sections [42], beginning with the so-called ‘toe’ region (mentioned above) 

at low-strain, where the initial fibre extension is used to open the microscopic crimp structure, 

and there is very little force uptake within the fibre. The following ‘heel’ region sees a gradual 

increase in stress uptake and marks the first stage of strain transfer to the fibrillar structure, 

where Misof et al determined an increase in the equatorial x-ray scattering intensity, 

interpreted as an increase in order of the molecules within the gap region of the fibrils [43]. 

This showed that with the crimp removed, the liquid-like telopeptide regions are the next 

structural feature to straighten – the first ultrastructural component to experience the effects 

of macroscopic strain. Once these are extended, the third section of the macroscopic stress-

strain curve, the ‘linear’ region, begins; however, work from a range of techniques has shown 

that strain at the fibrillar level of tendon is lower than that applied to the whole fibre [44, 45]. 

More recent investigations of collagen fibrils isolated from sea cucumber and mammalian 

tendon and studied using microelectromechanical systems (MEMS) tests – essentially a 

microscale stress-strain testing apparatus – showed the fibrils to be twice as strong as the wider 

collagen fibre, indicating that the non-collagenous matrix of the interfibrillar space contributes 

to reducing the stiffness at higher structural scales [46-48]. This has also been observed in 

bone, which primarily consists of calcified type I collagen. Here fibrillar strains were observed 

to be on average half the value of the tissue strain [49]. Indeed, multiscale observations of 
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bovine femur using wide-angle x-ray diffraction (WAXD) and small-angle x-ray scattering 

(SAXS) in situ tensile tests, found that the strain ratio decreased at each level down the 

structural hierarchy, between the macroscopic tissue strain to the fibrils (12:5), and the fibrils 

to the mineral (5:2) [50]. The conclusion being that the relatively stiff nanoscale elements, 

were protected from damage by successive levels of stiff elements being connected to the 

next hierarchical scale by a softer matrix, resulting in composites that sustain large deformations 

despite relatively un-deformable nanoscale structures. Similar strain dissipating mechanisms 

incorporating a lamellar arrangement of the fibres, have been observed in other collagen-rich 

tissues, such as the intervertebral disc [51] and the cornea [52], a common connection 

between otherwise distinctly different tissue types.   

Although there is some debate over the length of collagen fibrils within a fibre [53], mechanical 

data indicates that they are discontinuous entities that slide with respect to one another, and 

that interfibrillar shear stress provides the loading mechanism within the collagen fibre [54, 55]. 

Work by Screen and co-workers incorporating a mix of fluorescence microscopy and SAXS 

experiments, has demonstrated that sliding at various scales of the structural hierarchy 

(interfibre, interfibril and intra-fibrillar) is instrumental in providing the extensibility of tendinous 

tissues [56-59], and that the non-collagenous matrix bridging each successive layer of the 

hierarchy, facilitates and modulates relaxation mechanisms under strain. Pulling tests using 

atomic force microscopy (AFM) confirm this viscoelastic behaviour in the single fibril [60-62], 

and even at the scale of the type I tropocollagen monomer, Sasaki and Odajima found that 

macroscopic strain activated a combined stretching of the stiff nanoscale triple helix, together 

with a simultaneous sliding of adjacent monomers and a small increase in the size of the 

intrafibrillar gap regions [63, 64]. The role of GAGs, PGs and water in mediating these 

hierarchical fibre mechanics and controlling viscoelastic behaviour, is a current area of interest 

[65-67]. In this thesis I will discuss the relation between the components of the ground 

substance and explore the multiscale mechanics over a range of hydrations, not just at the fully 

hydrated and dehydrated extremes as is generally the case in most literature.   

Polarisation resolved Raman spectroscopy has been used to map the orientation of fibrils 

during opening of the microscopic crimp of rat tail tendon, and then to assess the response of 

the triple helix to macroscopic strain within the linear region of the stress-strain curve. The 

authors found that the molecular scale structure was unperturbed throughout the stretching 

of the hydrated fibre [68], suggesting that the strain was probably redistributed at higher levels 

of the structural hierarchy, likely through the various sliding mechanisms discussed above. The 
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same authors later studied the fibres under conditions of changing hydration [69], exploring 

the effects of passively straining the fibres by dehydration in a humidity controlled environment 

between 100 and 5% relative humidity (RH). They used a combination of Raman 

spectroscopy to assess chemical changes in the structure due to the gradual loss of water, and 

SAXS measurements using synchrotron radiation to assess changes in the length and 

distribution of the triple helix. They found that when free to change dimensions, the fibre, the 

fibril and the monomer all contracted axially with dehydration, each at increasingly smaller 

percentages down the structural hierarchy – dehydration through partial mineralisation of 

tendon is thought to drive an active contraction mechanism, placing stresses on the mineral 

content, generating the pre-strain required in tissues subject to compressive loads [70]. 

Interestingly when held at a fixed length, contraction was only observed at the macroscopic 

scale of the fibre, indicating again that some level of strain dissipation was happening at higher 

structural scales. However, this contraction resulted in incredible, passively induced stresses 

on the order of 100 MPa, which they compared to the forces generated in contractile muscle 

(only 0.3 MPa). They also noted marked changes in the Raman spectra that indicated 

conformational changes within the collagen backbone, although the extent to which these 

changes were associated with the reduction in water content or the change in strain, or 

simultaneous contributions from both, was not immediately clear. This question will be 

addressed in this thesis whilst tackling the active stretching of fibres rather than passive straining 

through dehydration. In both the zero-stress and iso-strain cases, all hierarchical structural 

elements shrank radially by approximately equal amounts relative to their size, showing that 

water affects the packing density and fibrillar spacing of the collagen fibre. This is in agreement 

with AFM work on mouse tail tendon [71] and a recent x-ray scattering study which analysed 

the shrinkage in intra- and interfibrillar spacing during dehydration of a collagen composite [72]. 

Here the authors speculated that drying disrupts the hydrogen bonding network in the space 

between collagen monomers, causing the increased stiffness in the fibres and reducing sliding 

capability at multiple hierarchical levels; in keeping with molecular models which propose 

water acts as a lubrication medium [73, 74]. The restructuring of the water network around 

dehydrating collagen has previously been observed using Raman spectroscopy [75], although 

no experimental work has assessed how the network of hydrogen bonding water relates to 

the protein structure under a macroscopic strain; something which I will consider in this 

present work. 
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Brillouin light scattering (BLS) is an inelastic scattering process in which thermally excited 

acoustic phonons are detected in the scattering medium [76]. The velocity of propagation of 

these high-frequency waves provides a measure of the elastic properties of the medium. The 

applicability of BLS to the study the mechanics of ECM proteins was demonstrated almost 40 

years ago, but appears never to have been pursued. The first study on biopolymers by Harley 

et al [77] measured a microscopic elastic modulus in both type I collagen fibres and in muscle 

proteins, which they related to the forces of hydrogen bonding along the protein backbone. 

Later studies by Randall and Vaughan reported the acoustic wave velocity and acoustic 

attenuation of rat tail collagen [78] and the elastic moduli of refractive tissues of the eye [79]. 

Cusack & Miller [80] determined the angle dependence of both lateral and transverse modes 

in wet and dry collagen fibres to achieve a complete mechanical description of the protein. As 

in the previous study, these values were much higher than those determined by mechanical 

testing of macroscopic specimens. The authors speculated that this was possibly a viscoelastic 

effect attributable to the different timescales of the two measurement techniques. I aim to 

develop this discussion further by extending the measurements to elastin and cartilage tissue 

in this thesis, where I will use BLS spectroscopy as the probe of the molecular scale mechanics 

of the fibres under different conditions of hydration. 

 

1.2.2.2. Elastin 

Elastic tissue is a major component of all mammalian tissues whose physiological role requires 

long-range elasticity. As noted above, elastic tissue is composed largely of elastin assembled 

on a skeleton of microfibrillar glycoproteins. Whether the microfibrils serve only to direct the 

assembly of the elastin structure or contribute to the mechanical properties of the elastic tissue 

is still not completely clear [81]. At the level of low magnification light microscopy, elastin 

appears to take a number of different structures. In large arteries, for example, it is described 

as “lamellar” [82, 83], whilst in the alveolar sac it forms a delicate meshwork [84, 85]. In 

cartilage [86-89] and intervertebral disc [90-93], where its presence has until recently been 

largely overlooked, it forms branching networks of single fibres approximately a micron in 

diameter. However, higher resolution imaging, reveals a fibrillary structure that is apparently 

common to ligaments and arteries with fibre diameters of around 100 nm, comparable to the 

type II collagen fibrils in cartilage [94, 95]. It is tempting to suggest therefore that this represents 

a basic unit of elastin structure. These are certainly the smallest componets that can be isolated 

from tissues by purely mechanical means. 
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In alkali-purified elastin these fibrils have a well-defined structure of hydrated pores accesible 

only to solutes with a molecular weight of less than 1 kD. Again this structure seems common 

to ligament and aorta derived elastin [96-98]. However, it is unclear whether these pore 

spaces exist in the tissue matrix. A question for this thesis, is whether water flow in this 

structure might contribute to the visoelastic proerties of elastin in the manner that has been 

suggested from measurements of the effects of solvent viscosity on the dynamics of whole 

tissue matrices [99-101]. 

A major question is how the tropoelastin molecules are assembeld into this structure. Early 

work demonstrating the entropy elasticity of elastin led to suggestions that this behaviour 

required a random molecular organisation, as in natural rubber. This argument is now 

recognised to be unduly simplistic [102]. The formation of tetravalent cross links during fibre 

formation has long been recognised [21], as has the imprtance of hydophobic inbteractions in 

determining molecular organisation [103]. Whatever the mechanism, it results in some level 

of ordering as evidenced from x-ray scattering experiments on single fibres [16, 104]. A SAXS 

experiment has demonstrated that this struture changes as mechanical loads are applied to the 

fibres [105], and a polarised Raman study found small changes in the bond angles within the 

protein backbone when exposed to macroscopic strain [106]. This thesis will expand on these 

microstructural measurements through experiments under controlled hydration conditions, to 

clarify how water might affect the composition of the ultrastructure under macroscopic strain. 

 

 

1.3. Thesis Outline 

The main aim of this thesis is to investigate the relationship between the molecular scale 

mechanochemistry and the functional scale macromechanics of collagen and elastin fibres, 

through analysis of their hierarchical structural behaviour under different hydration conditions. 

Chapter 2 contains the materials, methods and theory, where the isolation and/or purification 

of type-I collagen from rat tail tendon, type-II collagen from articular cartilage (equine 

metacarpophalangeal joint) and elastin from bovine nuchal ligament, is described. The 

experimental apparatus and protocols used for both macro and microscopic tensile testing in 

a controlled hydration environment, are outlined here. The reader is introduced to the theory 

of inelastic light scattering, with an outline of both polarisation resolved Raman and Brillouin 
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light scattering spectroscopies – the tools used to determine molecular scale structure and 

mechanics – together with their respective instrumentations and the techniques used for data 

analysis. 

The macroscale mechanics of both protein fibres are well established; however, hydration 

studies are usually confined to the extremes of water content, and intermediate hydrations 

have rarely been studied. I begin with an analysis of the protein fibres at the macroscopic scale 

of the whole fibre in chapter 3. Here the results of quasi-static stress-strain and stress relaxation 

tests are presented, with an analysis of the Young’s and relaxation moduli and the relaxation 

times of type-I collagen and bovine nuchal elastin fibres, each as a function of hydration, 

between 100 and 21% relative humidity. The viscoelastic nature of the fibres, poroelasticity 

and the role of the ground substance are all discussed. In chapter 4, I move several levels 

down the structural hierarchy to probe viscoelasticity at the molecular scale of the fibrous 

proteins, using Brillouin light scattering spectroscopy to achieve a mechanical characterisation 

of fully hydrated and air-dried fibres. As this is one of the first applications of this technique to 

study these fibres, I discuss some of the fundamentals of the Brillouin spectrum – the frequency 

shift and band shape – and how they change in the presence of water. I focus primarily on 

developing a physical explanation for the orders of magnitude difference between the elastic 

moduli obtained using the microscopic BLS approach, and those measured by stress-strain 

testing in the preceding chapter. A microfocussed approach is employed to determine the 

specific contribution of the intra- and extrafibrillar spaces, and I discuss the mechanical role of 

the non-collagenous matrix by comparing native and purified collagen fibres. I also address a 

longstanding debate over the mechanical differences between the different types of collagen, 

exploring the micromechanics of two fibrous-types: type-I and type-II. 

In chapter 5 I analyse the molecular scale structure of the fibres undergoing application of 

macroscopic strain in different hydration conditions. Polarisation resolved Raman spectra are 

presented assessing collagen fibres in two distinct locations within the crimp during the 

straightening of the collagen fibrils, and comparing spectra between individual elastin fibres. I 

identify strain dependent spectral features from the entire spectral range 135 to 3800 cm
-1 

and 

isolate hydration dependent bands. 

Suggestions for extensions to my experimental approaches and potential future works are 

made throughout the discussions within each chapter. However, key highlights of these are 

presented alongside the concluding remarks in chapter 6, where the hydration dependent 
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mechanical properties observed at the whole-fibre scale, are connected to the lower level 

structure and mechanics of the proteins. 

 

 

 

 

 

 

 



 

 

  

Materials, Methods & Theory 

2.1. Protein Fibre Preparation 

2.1.1. Collagen 

2.1.1.1. Type I 

Rat tail tendons (RTT) consist of almost pure type I collagen, with only ~15% of other matrix 

material present therein [107, 108]. Unless otherwise stated, RTT collagen was measured in 

its native form with no further purification. 

Tails were obtained from 7-8 week old Wistar rats euthanised by intra-peritoneal injection of 

100 mg/kg of body weight sodium pentobarbitone, for purposes other than these experiments 

(in accordance with EU regulation 1099/2009 and the Welfare of Animals (slaughter or killing) 

Regulations 1995), severed directly at the point of contact with the body, and stored frozen 

at -20°C until required. Whilst still frozen, 20 mm long segments were cut from the proximal 

end of the tail and left to thaw in a Petri dish filled with phosphate buffered saline (PBS) at room 

temperature. The skin was then gently peeled back, after making an incision along the length 

of the segment to reveal four sheathed tendon bundles about the tail vertebra. Being careful 

not to apply any pre-strain, fine forceps were used to gently draw each fibre out of the sheath, 

and then the fibres were transferred to a vial containing PBS with 0.01% sodium azide (NaN3), 

for storage at 2°C until required for measurement. 
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2.1.1.2. Type II 

Type II collagen fibres are too small (approx. 100 nm in diameter) to be gently extracted from 

their surrounding proteoglycan gel, so were studied set within their native hyaline cartilage. 

Square plates of intact articular cartilage were taken from the equine metacarpophalangeal joint 

(EMJ), cut using a scalpel parallel to the articular surface to encompass a cross-section from the 

superficial to the deep zone (approximately 0.5 mm thick). The excised tissue was divided into 

thin cuboids ~5x1 mm, washed in PBS and then transferred to a vial containing PBS with 

0.01% NaN3, for storage at 2°C until required for measurement. Some tissue was 

cryosectioned, after being soaked overnight in 2M sucrose solution to prevent ice crystal 

formation. Tissue plates were mounted in Bright Cryo-M-Bed medium (Bright Instruments, 

Huntingdon, UK), cooled down at -50°C, then placed in dry ice for around 20 minutes to 

ensure a secure adhesion prior to cryosectioning. 20 m sections were cut using a 

cryomicrotome (Cryostat 7500, Bright Instruments), both parallel to the articular surface and 

orthogonal to it, from the superficial to the deep zone. Sections were re-floated in PBS with 

0.01% NaN3 overnight to wash away the sucrose, prior to transferring to distilled water for a 

further wash and finally dried onto a glass slide for storage at 2°C. Sections were subsequently 

re-floated using pure water prior to measurement. 

 

2.1.1.3. Purification of Type I & II Collagen 

Pure collagens were obtained using a three-part enzymatic digestion process that removes 

around 97% of glycosaminoglycans and other non-collagenous material from the excised RTT 

fibres and cartilage blocks [109]. Tissues were immersed in the following solutions in a shaking 

incubator at 200 rpm set at 37°C: Firstly 1) 0.125 U/ml chondroitinase ABC in 0.05M Tris 

buffer and 0.06M sodium acetate (CH3COONa), at pH 8.0 for 24 hrs. Transferred to 2) 1 

U/ml streptomyces hyaluronidase in 0.05M Tris buffer and 0.15M sodium chloride (NaCl), at 

pH 6.0 for 24 hrs. Finally, 3) 1 mg/ml trypsin in 0.05M sodium phosphate (NaHPO4) and 

0.15M NaCl at pH 7.2 for 16 hrs. Purified fibres were then stored in a vial containing PBS with 

0.01% NaN3 at 2°C until needed for measurement. 

 

2.1.2. Elastin 

The nuchal ligament of large mammals contains the largest percentage of elastin of any tissue 

[110] and is generally found best developed in cattle [111], where the funiculus, the largest 
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part of the ligament, anatomically extends from the external occipital protuberance at the base 

of the skull, to the first of the thoracic vertebrae. Bovine nuchal ligaments were sourced from 

a local abattoir and stored frozen at -20°C until required. Ligaments were thawed and 

defatted, then digested in 0.1M sodium hydroxide (NaOH) solution at 95°C for 45 minutes 

following the Lansing procedure [112], to remove all other matrix components whilst 

maintaining the mechanical response of the tissue [113]. The remaining insoluble tissue was 

washed repeatedly in a bath of distilled water until a pH of 7.0 (monitored using a pH meter) 

was achieved. The purified elastin block was submerged in distilled water mixed with 0.01% 

NaN3 to prevent bacterial growth, and stored at 2°C until needed. Being careful not to apply 

too much pre-strain, tweezers were used to gently pull smaller elastin segments from the 

larger block; these were then transferred to a Petri dish filled with PBS. Small fibre bundles 

around 1 mm thick were gently teased from the excised tissue and cut to lengths of a few mm 

using a scalpel. These fibres were stored refrigerated in a vial containing PBS (pH 7.4) with 

0.01% NaN3 until required for measurement. 

 

 

2.2. Quasi-Static Mechanical Testing 

2.2.1. Uniaxial Tensile Testing Stage 

Quasi-static uniaxial stress-strain 

measurements of type-I collagen and 

elastin fibres were performed using a 

lab-built tensile testing device (fig. 2.1 – 

apparatus designed by Dr Ellen Green) 

consisting of a controlled humidity 

chamber with a Peltier heater set at 

30°C and monitored using a 

submerged thermocouple (RS 

Temperature/Voltage Converter – 

Type K). To ensure a humidity 

controlled environment, the solution 

bath was sealed by a removable lid, 

Figure 2.1: Schematic of the uniaxial tensile testing apparatus. 

(M): automated micrometer driven by a pulse generator and 

stepper motor; (E and F): extension and force transducers 

connected to a PC via a Pico logger (Pico Technology ADC-

200) and a signal amplifier; (S): sample; (B): humidity chamber 

Perspex solution bath; H: Peltier heating stage. 
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featuring thin tracks allowing for the movement of the sample anchors under changing strain, 

whilst the whole stage was further enclosed in Perspex casing. 

 

2.2.2. Controlling Fibre Hydration 

All mechanical measurements were conducted under controlled humidity (relative humidity, 

RH), using saturated salt solutions in distilled water at 30°C: sodium chloride (NaCl), sodium 

bromide (NaBr) and sodium iodide (NaI) – all Sigma-Aldrich products – giving rise to 85%, 

66% and 46% RH, respectively. Distilled water (100% RH) and paraffin oil (Fluka; 21% RH) 

were also employed. RH and air temperature were measured using a PCMini52 digital 

RH/temperature probe (Mitchell Instruments PCMINI52+4+XX+H+X+CB+F46), the 

RH single point calibrated to 49.4% RH with a precision of ± 5% RH and the temperature 

calibrated to a standard curve in the range 20-90°C, with an accuracy of ± 0.2°C. RH and air 

temperature were measured simultaneously, immediately before and after mechanical testing, 

to ensure the environment was maintained at the required conditions. 

 

2.2.3. Experimental Protocol 

For each measurement, a fibre sample was placed un-anchored inside the humidity chamber 

and allowed to air-dry for up to 30 minutes. During this time, the length of the suspended 

fibre was adjusted using the micrometer to ensure the uniaxial force acting on the fibre 

remained nominally at zero, whilst the fibre contracted during dehydration. Collagen fibres 

were then anchored to rubber-surfaced clamps to minimise slippage of the sample, whilst 

elastin fibres were fixed using super glue (Vibra-Tite). The solution bath was then filled with 

the desired humidity solution up to a level of approximately 5 mm below the sample, and the 

fibre allowed to equilibrate to the humidity in the chamber for up to 2 hours. During this time, 

the anchor separation was gradually increased to remove fibre slack whilst maintaining a 

nominal stress (~ 0.2 mN) as registered by the voltage response of the force transducer. 

Equilibration was assumed upon reaching a steady anchor separation, and this was used as the 

sample rest length prior to measurement. Each fibre bundle had a length between supports of 

approximately 10 mm at zero-stress. 

 

Identical straining conditions were required for a comparison of the two proteins’ mechanical 

responses with increasing dehydration. The breaking strain of 21% RH elastin provided the 
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upper limit for this range. Fibres were prepared in the humidity chamber as above and then 

extended at 0.25 mm/min, until they broke with an average breaking strain of 12 (± 2)% 

(n=10). To assess the effect of hydration on the mechanics of the fibres at different elongation, 

the fibres were measured both at low-strain (5%) and high-strain (10%; just below the 

breaking strain limit) in the experiment outlined below. This is determined to be within the 

linear response region of the stress-strain curves of type-I collagen, where the crimp has been 

removed (typically <4% strain [40]) and a measurement of the Young’s modulus is possible. 

 

Stress relaxation measurements were performed by recording the force response at constant 

strain following preconditioning with an instantaneous extension of the sample to 5% strain at 

20 mm/min, holding for 600s, then returning to 0% strain at 0.25 mm/min (see note below). 

This was followed by three consecutive stress-strain extension/relaxation cycles to 5% strain 

at 0.25 mm/min. Two stress relaxation curves were then recorded using the same protocol 

as the pre-conditioning cycle. The second and third cycles of both measurements were 

generally indistinguishable and the third one was used for analysis (see appendix figures A 14-

A 16). Measurements were finally repeated at 10% strain. Between successive extensions, the 

sample was held at 0% strain until no change in the force output was observed. Note that the 

dehydrated fibres exhibited a permanent elongation during the first extension cycle, so an initial 

stress-relaxation measurement (prior to the traditional slow-rate preconditioning), was 

performed to assess the relaxation behaviour occurring exclusively during this deformation 

process.  

 

2.2.4. Macromechanical Data Analysis 

Voltage outputs for the force 𝐹 and extension ∆𝐿 were converted to into values for stress 

𝜎 = 𝐹/𝐴 and strain 𝜀 = ∆𝐿/𝐿0 using a custom MATLAB (MathWorks Inc.) script. Here, 𝐴 is 

the fibre cross-sectional area (see below), and 𝐿0 is the anchor edge-to-anchor edge length 

of the suspended fibre measured at 0% strain prior to the first extension. 

The dehydrated fibres exhibited a permanent elongation during preconditioning, resulting in 

macroscopic bending due to compression upon returning to 0% strain. The stress-strain plots 

manifest this unbending as a curvature, prior to the normal uptake of stress in the latter part of 

the curve. For this reason, the latter linear portion (assessed by eye with the aid of a ruler on 

the screen) was thought to best approximate the modulus of the unbent, fully extended fibre. 

The Young’s modulus, 𝐸𝑌 = 𝜎/𝜀, was calculated from linear fit analysis of this region of the 
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stress-strain curve (fig. 2.2), using Origin 9.0 (OriginLab Corp.) software. The cross-sectional 

area of the specimen was calculated as 𝐴 = 𝑚 𝜌𝐿0⁄ , with 𝑚 the mass of the fibre measured 

after air-drying in an incubator at 37°C for 24 hrs, and 𝜌 the density of the dry fibre – being 

1350 kg m
–3

 and 1230 kg m
–3

 for collagen and elastin, respectively [80, 114]. 

 

 

Mechanical lag in the extension 

transducer at the point of unloading 

introduced a systematic error to the 

hysteresis loops (note the force 

reduces at the beginning of the 

unloading cycle in figure 2.3, but the 

extension does not change), hence 

analysis of the energy dissipated by 

internal friction and heat transfer [115, 

116] was not possible. 

 

The stress relaxation data were 

analysed by fitting to the Maxwell-

Weichert model of relaxation [5]: 

 

 
𝐸𝑟𝑒𝑙𝑎𝑥(𝑡) = 𝐸0 + ∑𝐸𝑛 exp(−𝑡

𝜏𝑛
⁄ )

𝑛

 
(1) 

 

Figure 2.2: Stress-strain plots at the hydration extremes, 21% RH (left) and 100% RH (right), showing the least 

squares fit applied to the linear region of the curve for collagen and elastin fibres extended to 5 and 10% strain.  

Figure 2.3: Hysteresis curve showing the extension and 

relaxation cycles (denoted by the arrows) of a collagen fibre 

at 100% RH. Shaded area corresponds to the energy loss. 

loss 
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where E0 is the time-independent elastic modulus and En, τn, are the characteristic modulus 

and relaxation time of the n
th

 exponential component over time t. Figure 2.4a shows the model 

schematically, where n numbers of Maxwell elements (a spring in series with a dashpot) are 

connected in parallel with an additional spring. The relaxation time is a function of the viscosity 

of the dashpot 𝜂𝑛 and the modulus 𝐸𝑛 of the spring component, 𝜏𝑛 = 𝜂𝑛 𝐸𝑛⁄ , and each 

element represents a contribution to the stress relaxation owing to the sample structure. Stress 

data were converted into a relaxation modulus – dividing the stress as a function of time by 

the strain at which the fibres were held -  and then plotted as a function of time. Using Origin 

9.0 (OriginLab Corp.) software, up to three exponential decays were then fitted to the data 

to describe the relaxation process of each fibre across the hydration range (fig. 2.4b & c). This 

was achieved by setting the y-axis to a logarithmic scale and judging – by eye (with the aid of 

Figure 2.4: (a) Schematic representation of the Maxwell-Weichert model used to interpret the viscoelastic 

response of collagen and elastin fibres under different hydration conditions. n number of Maxwell elements with 

moduli En and viscosities n provide a model with relaxation times n, which is used to fit the experimental data. 

Adapted from: [5]. (b) Plot showing the iterative fitting of single-exponentials to the relaxation curve and 

corresponding residuals. In this case a triple-exponential decay curve provides the best fit. Representative data 

from elastin at 85% RH. (c) Plot showing the result of the iterative fit, combining all three single-exponential 

components. 

(a) 

(b) 

(c) 
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a ruler on the screen) – the first approximately linear region below 600 seconds. This was 

done to all data sets for all hydrations, and a common time range for the linear region was 

established. A single exponential was then fitted to the data within the limits of this time range 

for each set, and then subtracted from the raw data. The resulting residual decay was plotted 

as a function of time, and the procedure repeated for up to three exponential decays, fixing 

the 𝐸0 parameter at the value established in the first fit. This method was considered to be 

more reliable than fitting a two or three-component exponential directly to the raw data due 

to co-dependency of some fitting components. Setting fixed time ranges for each exponential 

fit resolved this issue. 

 

For each sample at each RH, stress-strain and stress relaxation data were collected at least in 

triplicate. 

 

 

2.3. Light Scattering Spectroscopy 

The theory of light scattering was developed in the latter decades of the 19
th

 century, and 

refined with the advent of quantum mechanics in the early decades of the 20
th

. The great 

names of Rayleigh, Stokes, Mie, Einstein, Brillouin, Raman and Debye are all associated with 

its development. Electromagnetic radiation impinging on an object is scattered off in all 

directions and, depending on whether the energy of the scattered photon is the same as the 

energy of the incident photon or different, it is defined as elastic or inelastic scattering. In the 

inelastic case, energy exchange occurs between the incident photons and the molecules of a 

system, leading to very small but detectable changes in the frequency of the scattered light, 

from which information about the sample can be extracted. The inelastic light scattering event 

is very inefficient – only around one in every billion photons are scattered in this way – and 

early implementations of these analytical techniques, were limited largely to pure liquids and 

crystal structures, due to the inherently low scattering intensities and consequently long 

acquisition times required. This changed with the introduction of the first lasers in the 1960s, 

and with continued development in automated spectrometers and digital photon counting 

detector designs, the spectral acquisition times have decreased making the analysis of 

biomedical samples possible. The work conducted in this thesis involves the inelastic light 
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scattering techniques of (vibrational) Raman and Brillouin spectroscopy, which are described 

below.  

 

2.3.1. Raman Spectroscopy 

This thesis is concerned with condensed phase matter, whereby molecules translate, rotate 

and vibrate, and by interaction with incoming photons, give rise to transitions between 

quantised energy states. Vibrational spectroscopy techniques such as Raman spectroscopy 

detect transitions between vibrational energy levels of molecules. Their characteristic 

frequency ranges enable chemical analysis to be made in a specific, label-free manner, based 

on vibrational normal modes of the molecule. 

The Raman effect was first reported by Sir C. V. Raman in 1928 and earned him the 1930 

Nobel Prize in Physics. It is described as the effect by which an incident monochromatic 

Figure 2.5: Diagram showing the vibrational energy level transitions that define Rayleigh scattering, and Stokes 

and anti-Stokes Raman scattering during interaction of a molecule with a non-resonant photon. (Inset): a resonant 

photon is absorbed by a molecule promoting the molecule into an electronically excited state, producing 

fluorescence upon decay. 
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(visible) light either gains or loses energy to the vibrations of molecules in a medium, leading 

to a measurable shift in frequency of the scattered light relative to the incident light (Raman 

shift, in units of cm
–1

). Spontaneous Raman scattering is a two-photon event shown graphically 

in figure 2.5, where an incident photon with energy larger than that required for a vibrational 

transition (but smaller than that required for an electronic transition), promotes the molecule 

to a virtual state, from which the molecule returns either to the original state, emitting a photon 

with the same frequency as the incident photon (elastic or Rayleigh scattering), or to a higher 

or lower vibrational state, emitting a photon with lower (Stokes scattering) or higher frequency 

(anti-Stokes scattering) than the incident photon. 

 

The Raman effect is mediated by the process of molecular polarisation, whereby an incident 

photon outside of the resonance condition induces a dipole moment by setting in motion the 

oscillation of the electron cloud in the molecule [117, 118]. The induced dipole moment 𝜇𝑖𝑛𝑑 

is proportional to the polarisability, 𝛼, a molecular property that measures how easily the 

electron cloud can be distorted by an external electric field, and the strength of the electric 

field 𝐸𝑖𝑛𝑐 

 

   𝜇𝑖𝑛𝑑 = 𝛼𝐸𝑖𝑛𝑐 (2) 

 

The incident electric field is expressed classically as:  

 

 

 𝐸𝑖𝑛𝑐 = 𝐸0 sin(2𝜋𝜈𝑖𝑛𝑐𝑡) (3) 

 

where 𝐸0 is the amplitude and 𝜈𝑖𝑛𝑐 the frequency of oscillation of the incident electric field at 

a time 𝑡. The oscillating electric field of the radiation induces a fluctuating dipole, with 

displacement 𝑄 from the equilibrium position, which scatters radiation at a frequency 𝜈𝑣𝑖𝑏  

 

 𝑄 = 𝑄0 sin(2𝜋𝜈𝑣𝑖𝑏𝑡) (4) 
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The polarisability of a molecule is not constant, and the vibrational motion can cause 𝛼 to vary 

by small amounts, which can be expressed by a Taylor series with first-order approximation 

 

    𝛼 = 𝛼0 +
𝜕𝛼

𝜕𝑄
𝑄 (5) 

 

where 𝛼0 is the static polarisability and 𝜕𝛼 𝜕𝑄⁄  the fluctuating polarisability with respect to the 

displacement from equilibrium. Combining equations (3-5) into (2) and rearranging using the 

identity sin𝐴  sin𝐵 = 1/2 [cos(𝐴 − 𝐵) − cos(𝐴 + 𝐵)], the induced dipole moment can be 

rewritten as: 

 

   

𝜇𝑖𝑛𝑑 = 𝛼0𝐸0 sin(2𝜋𝜈𝑖𝑛𝑐𝑡) + 

+(
𝜕𝛼

𝜕𝑄
)
𝑄0𝐸0

2
[𝑐𝑜𝑠2𝜋(𝜈𝑖𝑛𝑐 − 𝜈𝑣𝑖𝑏)𝑡 − 𝑐𝑜𝑠2𝜋(𝜈𝑖𝑛𝑐 + 𝜈𝑣𝑖𝑏)𝑡] 

(6) 

 

The first term here represents the Rayleigh scattering contribution, whereby the induced 

dipole scatters light at the same frequency as that of the incident radiation. The second term 

describes the Raman scattering in both Stokes (𝜈𝑖𝑛𝑐 − 𝜈𝑣𝑖𝑏) and anti-Stokes (𝜈𝑖𝑛𝑐 + 𝜈𝑣𝑖𝑏) 

parts. Note that for Raman scattering to be observed, the condition 
𝜕𝛼

𝜕𝑄
≠ 0 must be satisfied, 

i.e. a change in polarisability, or polarisability anisotropy, during the vibrational mode must 

occur. This is the gross selection rule for vibrational Raman spectroscopy, whilst the specific 

selection rule establishes transitions between adjacent vibrational levels (Δ𝑣 = ± 1, where 𝑣 

is the vibrational quantum number). 

 

The polarisability introduced in equation (2) is a tensor, such that the induced dipole moment 

can better be described by 

 

𝝁𝒊𝒏𝒅 = 𝛼 ⋅ 𝑬𝒊𝒏𝒄 

(

𝜇𝑥

𝜇𝑦

𝜇𝑧

) = [

𝛼𝑥𝑥

𝛼𝑦𝑥

𝛼𝑧𝑥

𝛼𝑥𝑦

𝛼𝑦𝑦

𝛼𝑧𝑦

𝛼𝑥𝑧

𝛼𝑦𝑧

𝛼𝑧𝑧

](

𝐸𝑥

𝐸𝑦

𝐸𝑧

) 

(7) 
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where the terms 𝛼𝑖𝑗 represent the Cartesian direction component of the induced dipole 𝑖, 

and the electric field 𝑗. It can be seen that the orientation of the incident electric field, e.g. of a 

plane polarised radiation (laser), will dictate the magnitude of the induced dipole in an 

anisotropic molecule, depending on how it aligns with the electronic cloud. The intensity of 

Raman scattered photons is thus polarisation dependent, and contains information about the 

orientation of molecular bonds. 

The total scattering cross-section per molecule (units: m
2

 molecule
-1

) is defined by 

 

 𝜎 = ∫ 𝜎′𝑑Ω
4𝜋

0

 (8) 

 

where 𝑑Ω is an element of solid angle (unit: steradian) and 𝜎′ is the first differential scattering 

cross-section per molecule (units: m
2

 sr
-1

 molecule
-1

). Thus, when a beam with irradiance ℑ 

is incident on a system of 𝑁 molecules, the intensity 𝐼 of the scattered light is given by the 

general relation 

 

 𝐼 = 𝑁𝜎′ℑ (9) 

 

Irradiance is the amount of radiation energy which passes through a unit area perpendicular to 

the direction of propagation of the incident light; thus, the scattering cross-section measures 

the rate at which energy is removed from the incident beam by scattering over 4 steradians. 

 

Figure 2.6 shows the illumination-observation geometry of a typical back- or forward-

scattering Raman experiment. The scattering molecule is at the origin of a Cartesian system 

with an incident beam travelling parallel to the z-axis, and polarised along the x-axis (𝐸𝑥 (∥𝑖)). 

In this configuration, the scattered radiation emitted by the oscillating induced molecular dipole 

is also detected along the z-axis (-ve 𝒆𝑧 direction for backscattering; +ve 𝒆𝑧 for forward 

scattering) such that the polarisation of the scattered beam is parallel to that of the incident 

beam, polarised along the x-axis (𝜇𝑥 (∥𝑠)) and depolarised along the y-axis (𝜇𝑦 (⊥𝑠)). It 

follows that only two polarisation resolved measurements of the scattered radiation are 
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required to characterise the polarisability tensor: the 𝜇𝑥 and 𝜇𝑦 components of the induced 

electric dipole moment 𝝁𝒊𝒏𝒅 which in this case are given by: 

 

 𝜇𝑥 = (𝛼𝑥𝑥)𝐸𝑥 and 𝜇𝑦 = (𝛼𝑦𝑥)𝐸𝑥 (10a, b) 

 

Thus the polarised 𝐼|| and depolarised 𝐼⊥ intensities radiated by the oscillating electric dipole 

induced by an incident electric field polarised relative to the x-axis in this configuration are given 

by [119]: 

 

Figure 2.6: Diagram of the illumination-observation geometry in the forward scattering configuration (𝒏0
𝑖 = 𝒏0

𝑠 =

𝒆𝑧 – equivalent to backscatter 𝒏0
𝑖 = 𝒏0

𝑠 = −𝒆𝑧). The unit vectors 𝒏0
𝑖
 and 𝒏0

𝑠
 define the direction of propagation 

of the incident and scattered light, respectively to and from the scattering molecule at the origin O of the cartesian 

axis (x, y and z). The unit vectors 𝒆𝑥, 𝒆𝑦 and 𝒆𝑧 are directly associated with these axes and define relative 

positions with respect to the molecule. The component of the incident electric field 𝑬𝒊𝒏𝒄, plane polarised in the 

direction of the x-axis is represented by 𝐸𝑥  (∥𝑖), whilst those of the scattered light 𝝁𝒊𝒏𝒅 are given by 𝜇𝑥 (∥𝑠) and 

𝜇𝑦 (⊥𝑠). Polarisation of the incident beam is selected by the orientation of the polariser, and the component of 

the scattered light that reaches the detector is set by rotating the analyser.  
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𝐼|| = 𝜅′(𝜈𝑖𝑛𝑐 ± 𝜈𝑣𝑖𝑏)
4𝜇𝑥

2
 

𝐼⊥ = 𝜅′(𝜈𝑖𝑛𝑐 ± 𝜈𝑣𝑖𝑏)
4𝜇𝑦

2
 

(11) 

(12) 

 

where 𝜅′ = 𝜋2 2𝜀0𝑐0
3⁄  is a constant containing the permittivity of free space (𝜀0) and the speed 

of light in vacuum (𝑐0). 

 

In practice, there are 𝑁 randomly oriented molecules within the scattering volume, so 

scattering intensities are expressed using the isotropic averages 〈(𝛼𝑥𝑥)〉 and 〈(𝛼𝑦𝑥)〉, 

respectively, containing only the invariant (constant regardless of the orientation of the 

molecule) parts of the individual molecular polarisability tensors – 𝛼, the mean polarisability 

also called the isotropic component and 𝛽, the anisotropic component. The incident electric 

field may be defined in terms of the irradiance using the expression ℑ =
1

2
𝑐0𝜀0𝐸𝑥

2
. Substituting 

this into equations (11) and (12) and expressing the isotropic averages in terms of the invariants 

of the polarisability tensor, expressions for the polarised 𝐼|| and depolarised 𝐼⊥ scattering 

intensities are obtained: 

 

 𝐼|| = 𝜅𝑁(𝜈0 ± 𝜈)4 {
45𝛼2 + 4𝛽2

45
}ℑ (13) 

 

𝐼⊥ = 𝜅𝑁(𝜈0 ± 𝜈)4 {
𝛽2

15
}ℑ (14) 

 

where 𝜅 = 𝜋2 𝜀0
2𝑐0

4⁄ . In the case where no analyser is used in the scattered light path, the 

total scattering intensity 𝐼 = 𝐼|| + 𝐼⊥ is measured 

 

 𝐼 = 𝜅𝑁(𝜈0 ± 𝜈)4 {
45𝛼2 + 7𝛽2

45
}ℑ (15) 

 

Polarization-resolved experiments enable to selectively excite molecular vibrations along 

different bonds. This is achieved by selecting the polarization of the incident light and that of 
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the scattered light to be parallel or perpendicular to one another, hence producing the 

polarised 𝐼∥ or depolarised spectrum 𝐼⊥. The ratio between depolarised and polarised intensity 

of a vibrational band, the depolarisation ratio, contains information on the symmetry and 

orientation of a particular bond [120]. Molecules are classified into point groups based on their 

symmetry; normal modes of molecules are also classified depending on their symmetry, and 

their Raman activity depends on that [121]. In backscattering configuration, the depolarisation 

ratio 𝜌 is given by the relation 

 

 𝜌 =
𝐼⊥
𝐼∥

=
3𝛽2

45𝛼2 + 4𝛽2
 (16) 

 

This equation can be reduced to a range of values that describe the extent to which a 

vibrational band of a molecule is polarised. For totally symmetric vibrations, the Raman spectral 

intensity is entirely given by the isotropic component (as 𝛽 = 0), leading to a depolarisation 

ratio equal to zero, i.e. the vibration is in the same plane as the incident electric field. 

Conversely, non-symmetric vibrations can have the isotropic component equal to zero (𝛼 =

0) and so the scattering intensity depends solely on the anisotropic part, such that  𝜌 = 3 ⁄ 4. 

For all other vibrations, the depolarisation ratio is in the range 0 ≤ 𝜌 ≤ 3 ⁄ 4. 

Comparing equations (13-15) with equation (9) it is clear to see that the scattering cross-

section is intrinsically related to the polarisability (defined by the function in the braces) and the 

frequency of the scattered light such that 𝜎′ = 𝜅(𝜈0 ± 𝜈)4{… }. This means that the scattering 

process is more efficient at lower wavelengths as the scattering intensity is inversely 

proportional to the fourth power of the wavelength of the incident photon, 𝐼 ∝ 𝜆𝑖𝑛𝑐
−4

. Indeed, 

Raman scattering is most efficient at low wavelengths. 

 

Raman scattering is a very weak process, orders of magnitude weaker than the Rayleigh 

scattering with an occurrence of around 1:10
10

 photon incidences [122]. Owing to the 

Boltzmann distribution, the anti-Stokes part of the Raman spectrum is far less intense than the 

Stokes part, which is conventionally measured in experiment. A Raman spectrum is a plot of 

the scattered intensity vs. frequency shift from the incident wavelength (in units of 

wavenumbers, cm
–1

). The Raman spectra of six abundant biomolecules are displayed in figure 
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2.7. Each band represents a vibrational mode of a functional group in the molecule, such that 

collectively these describe the unique signature of a given material providing chemical and 

structural information in a label-free manner. The key peaks/bands of interest to this thesis and 

their associated bond vibration(s) are shown in figure 2.8 for hydrated type-I collagen from 

RTT.  

 

In this thesis, the main measurable is the peak or band area change. Increases or decreases in 

this correspond to the number of any given vibrational bond within a system (𝑁 in equations 

13-15), that aligns with the polarisation of the incident radiation and is promoted into the 

excited vibrational state. However, it should be noted that without a specific knowledge of the 

density of a sample within a given scattering volume, it is difficult to separate the area increases 

and decreases as due to the change in angular distribution of the bond, and/or simply their 

number within the volume.    

 

 

Figure 2.7: Raman spectra of six abundant biomolecules: (a) phospholipids, (b) glycogen, (c) ribonuclease A, (d) 

RNA, (e) elastin and (f) collagen. The range of unique peak patterns provide a fingerprint that identifies the specific 

material. Adapted from: [4] 
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O–H & N–H 

3200-3550 cm
-1

 

CH, CH
2
 & CH

3 
(

sym 
& 

ass
) 

2800-3100 cm
-1

 

C–C 

800-1000 cm
-1

 

Phenylalanine 

1000 & 1030 cm
-1

 

C–N 

1099 cm
-1

 

Amide III 
(C–N, N–H, CH

2
) 

1200-1300 cm
-1

 

CH
2
 

1450 cm
-1

 
Amide I 
(C=O) 

1600-1800 cm
-1

 

(a) 

(b) 

Figure 2.8: Raman spectra of a hydrated type-I collagen fibre from rat tail tendon with all peaks and bands of 

interest for this thesis labelled with their respective bond vibration(s). (a) Fingerprint region 500-1800 cm
-1

 

normalised to the CH2 peak at 1450 cm
-1

. (b) High-wavenumber region normalised to the CH2 peak at 2942 

cm
-1

 (sym – symmetric stretching vibration; ass – asymmetric stretching vibration;  – wagging deformation). 
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2.3.2. Raman Microscope 

All micro-Raman scattering measurements were performed using a commercially available 

Raman microscope (InVia, Renishaw, UK) with polarisation resolution capability. The system 

has a degree of flexibility in that three diffraction gratings (300, 600 and 1200 lines/mm), two 

near-infrared diode lasers (at 785nm and 830nm) and three air objectives are available (5X, 

20X and long-working distance 50X). Figure 2.9 shows the laser beam path and back-

scattered light from the sample, and highlights the various important optical components of 

the system. The laser beam enters the microscope and is sent through a high numerical 

aperture (NA) objective (L50X) that is used both for focusing the laser light onto a sample and 

for collecting the backscattered light (180° scattering geometry), which then passes through a 

holographic notch filter (to reject the intense Rayleigh component) and thence onto the 

diffraction grating which disperses the different wavelengths of the scattered light and directs 

them towards the CCD camera for detection. Polarized spectra are acquired by introducing 

a half-wave plate into the laser beam path before the sample and an analyser (polariser plus 

half-wave plate) after the sample (see §2.3.2.4 below). The instrument is controlled through 

Wire 4.0 software (Renishaw, UK), which is also used for data handling and manipulation. 

Sample positioning is achieved through a motorised xyz stage with precision of 100 nm. The 

spectrometer is calibrated to the 520 cm
-1

 peak of silicon prior to each series of measurements. 

 

Figure 2.9: Renishaw InVia Raman microscope. The insert shows the beam paths of the 785 nm laser (red line) 

to the sample in the enclosed microscope, and of the scattered light (yellow line) through the optical components 

of the spectrometer to the CCD [HWP: half-wave plate; NF: notch filter; P: analyser (half-wave plate and 

polariser); DG: diffraction grating]. Adapted from: [1] 
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2.3.2.1. Excitation Source Selection 

The choice of laser excitation wavelength and power is key to a Raman experiment. C.V. 

Raman’s original experiments made use of finely focussed, filtered sunlight to observe the weak 

scattering signal of several liquids and gases [123]. Nowadays lasers in the visible to near-

infrared (NIR) range are used, with wavelengths from 475 to 900 nm. Raman studies of 

biological materials generally require long excitation wavelengths, which reduce the achievable 

spatial resolution but have the double advantage of lowering the probability of fluorescence, 

largely absent above 600 nm [124] (specifically 280-350 nm for collagen and 300-370 nm for 

elastin [125]), and increasing the depth of penetration into the sample [126]. In these 

measurements, the 785 nm wavelength was selected, as it gives a scattering efficiency 

approximately 1.25 times greater than the 830 nm wavelength and provides Raman scattered 

photons with sufficient energy to be detected by the CCD in the high-wavenumber region 

(HWN – 2500 to 3800 cm
-1

). Laser power at the sample (L50X objective) was 48 mW. 

 

2.3.2.2. Diffraction Grating Choice and Detector 

The diffraction grating is a reflective plate bearing a holographically generated series of stepped 

or grooved mirror elements at set separations and depths, such that light reflected from the 

surface is dispersed through a range of wavelength-dependent angles [127]. Spatially localised 

light passing through a slit, is collimated and focussed onto the grating, where it is dispersed at 

different angles, to be recollimated and focussed into the detector, a Peltier-cooled deep-

depletion charged coupled device (CCD). In effect, this images the slit at each dispersed 

wavelength of the scattered light, onto the 1040 x 256 array of doped silicon wafers, the 26 

μm
2

 pixels arranged in rows and columns. Charge is produced by the photoelectric effect 

when a photon impinges on any pixel. This is stored in sequential capacitors at the end of each 

column (the spectral dispersion, or wavelength axis), such that at the end of an acquisition, the 

total charge is summed across the rows, amplified into a final voltage and digitised to be 

transferred to a computer as photon count at each wavelength, i.e. the spectrum; a process 

often termed the photoelectron ‘bucket brigade’. The CCD enables simultaneous photon 

counting of a large portion of the spectral range without scanning the spectrum by rotation of 

the diffraction grating, a distinct advantage in detection time, efficiency and reliability over the 

photomultiplier tube. This deep-depleted silicon arrangement is known to have a high 

quantum efficiency for photons in the NIR range. 
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There are three gratings available in the system: 300, 600 and 1200 l/mm. Choice is a trade-

off between the spectral resolution and the spectral range achievable, which respectively 

increase and decrease by a factor of two when the number of lines per millimetre (l/mm) is 

doubled. Consideration should also be given to the acquisition time, which increases with 

increasing the spectral resolution. The 600 l/mm grating was chosen for all Raman 

measurements, giving a spectral range of approximately 2000 cm
-1

 and a spectral resolution of 

around ~6 cm
-1

. Measurements were conducted over the fingerprint region (135 to 2390 

cm
-1

) and the high-wavenumber (HWN) region (2400 to 3960 cm
-1

). 

 

2.3.2.3. Objective Lens 

Two objectives were used in the 

micro-Raman experiments; a 50X, 0.5 

NA long working distance lens (Leica, 

N-Plan) and a 60X, 1.0 NA water-

dipping lens (Olympus, LUMPLFLN 

60XW). A 5X 0.12 NA and 20X 0.4 

NA objectives (Leica N-Plan) were 

also used for large field of view white 

light imaging. The laser spot size 

conferred by both high NA objectives 

is approximately 20 μm long and 3 μm 

wide (fig. 2.10). The streamline mode was advantageous as spatially averaged spectra were 

desired (enhancing the acquisition speed in 1D or 2D mapping).     

 

2.3.2.4. Polarisation Resolution 

The system is equipped with a half-wave plate fixed in the incident laser beam path to rotate 

the polarisation plane of the laser (this was approximately radially aligned to the collagen and 

elastin fibre axes), and an analyser in the scattered beam path to alternatively measure a 

polarised 𝐼∥ or depolarised spectrum 𝐼⊥; the latter achieved inserting a further half-wave plate 

ahead of the analyser (see fig. 2.9). Prior to the experiment, a calibration of the polarisation 

was performed using tetramethylsilane (TMS; Si(CH3)4 – Sigma-Aldrich, ≥99.5% pure). For 

this highly symmetric molecule, the Si–C symmetric stretching mode is a totally symmetric 

Figure 2.10: 785 nm laser line on a reflective silicon 

surface. 
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mode and hence gives rise to a strong 

peak (593 cm
-1

) in the polarised 

Raman spectrum (fig. 2.11) [128-130]. 

The depolarisation ratio for this band 

was measured as  = 0.035, whilst for 

the depolarised bands  = 0.70. 

 

2.3.2.5. Mechanical Testing Stage 

Figure 2.12 shows the custom-built 

uniaxial tensile testing device used in 

the micro-Raman measurements. It 

essentially consists of a controlled 

humidity chamber with separate 

reservoir and vapour compartments, clamped to a Peltier heater. To ensure a closed 

environment, the chamber is sealed by a removable lid, with only a tiny aperture for the laser 

beam to reach the sample. I designed the humidity chamber and modified the stage (originally 

designed by Dr Ellen Green) to include the mount for the chamber and Peltier heater. 

 

For the Raman measurements, the 

chamber temperature was set at 30°C 

and three RHs were generated; 42% 

(paraffin oil), 82% (NaCl saturated 

distilled water) and 100% (distilled 

water). Additionally, samples were 

measured submerged in distilled 

water. RH and air temperature were 

measured using the same PCMini52 

digital RH/temperature probe 

described in §2.2.2, and reservoir 

temperature was monitored using a 

submerged thermocouple (RS 

Temperature/Voltage Converter – 

Figure 2.11: Polarisation-resolved micro-Raman spectra of 

TMS. Depolarisation ratio was calculated from the height of 

the peak at 593 cm
-1 

(sym Si-C)
 
in the depolarised (I) and 

polarised spectra (I||). Spectra were normalised to the peak at 

198 cm
-1

. 

Figure 2.12: Schematic diagram of the uniaxial tensile testing 

apparatus used in the micro-Raman measurements. (M): 

manual micrometer; (O): L50X microscope objective; (L): 

removable lid of humidity chamber with small central aperture; 

(S): sample suspended between anchor points in the vapour 

chamber; (R): permeable reservoir containing the humidity 

generating solution; H: Peltier heating stage. The left anchor 

attached to the micrometer is free to move uniaxially, whilst 

the right remains fixed. The Perspex humidity chamber 

remains fixed, clamped in direct contact with the Peltier heater. 
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Type K). RHs and temperatures were measured immediately before and after any mechanical 

testing to ensure controlled experimental conditions. 

 

2.3.3. Spectral Acquisition 

Samples were removed from the buffer and washed in PBS (pH 7.4) then air-dried for up to 

30 minutes suspended inside the humidity chamber; additional slack avoided application of 

strain due to contraction upon drying. Fibres were then fixed to anchors using Araldite 2012 

(Huntsman) and allowed to cure for 1.5 hours to ensure a strong adhesion. Following this, the 

chamber humidity was set by inserting the required solution into the reservoir, and the fibre 

allowed to equilibrate to the local humidity for 2 hours. The rest length was set such that there 

was no visible slack left in the fibre, resulting in an approximate unstrained length of 6 mm for 

all samples. Prior to each measurement, a white light image of the fibres was acquired to select 

a region of interest (ROI) for spectral acquisition. Single-point spectra were collected as shown 

in figure 2.13 towards the centre of the suspended fibres: collagen – acquired from the centre 

of the ‘apex’ and ‘diagonal’ regions of at least two adjacent crimps per strain; elastin – at least 

three points were acquired radially across four fibres, and axially along a single fibre at each 

strain, to achieve a complete description of the fibres’ structure during stress-strain testing. 

Polarised and depolarised spectra were collected in succession, each being an average of 3 

accumulations at 2s acquisition time; this gave a good signal-to-noise ratio whist minimising 

thermal effects of the laser illumination on the sample. Spectra were acquired from a fixed 

location at each strain, only with minor adjustments of the focus. For collagen fibres, 

(a) (b) 

Figure 2.13: white-light images showing the regions where Raman spectra were collected. (a) Collagen fibre, 

where Raman spectra were acquired from a single spot at the centre of the ‘apex’ and ‘diagonal’ regions of the 

microscopic crimp structure. (b) Elastin fibre, where Raman spectra were acquired over multiple spots (shown 

by the white crosshair) in two lines: vertically – scanning over approximately four individual elastin fibres (each 

~5 m diameter) and horizontally – acquiring spectra from a single fibre. In both fibres, the ROI lies along the 

central axis at the middle of the suspended length. The macroscopic fibre axis is denoted by the arrow, and the 

oval represents the size of the laser line. 
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measurements were made from 0% strain in 5% increments until the sinusoidal crimp pattern 

was removed, whilst for elastin 10% increments were used, up to a maximum of 80% or until 

the fibre broke. A short relaxation period, judged by observing movement of the fibres in the 

white light image, was required after each ramp in strain prior to spectral acquisition. 

 

2.3.4. Spectral Analysis 

2.3.4.1. Data Pre-processing 

After cosmic ray removal (using the nearest neighbours routing in Wire 4.0 software), micro-

Raman spectra were transferred to a custom MATLAB (MathWorks) script where the x-axis 

(wavenumber) of each spectrum was converted into integer values using a piecewise cubic 

spline interpolation and cut to the desired wavenumber range (fingerprint: 135-1800 cm
-1

; 

HWN region: 2600-3800 cm
-1

). Depolarised spectral intensities (𝐼⊥) in the low-wavenumber 

region were reported as susceptibility spectra using the relation 𝜒′′(𝜈) = 𝐼⊥ (𝑛(𝜈) + 1)−1
, 

where 𝑛(𝜈) = [𝑒𝑥𝑝(ℎ𝑐𝜈)/𝑘𝑇]−1
 is the Bose-Einstein occupation factor [131]. This enables 

reduction of the spectral intensity, removing the intense tail of the Rayleigh peak at lower 

wavenumbers. A baseline offset was applied at 1800 cm
-1

 and 3800 cm
-1

, then each spectrum 

was normalised to the intensity (height) of the CH2 peak (1450 cm
-1

) and the CH stretching 

band (2935 cm
-1

) in the fingerprint and HWN region, respectively. 

 

2.3.4.2. Peak Area Analysis 

Peak areas were obtained using the integration tool in OPUS 5.5 (Bruker OpticGmbH).  Table 

2.1 lists the integration limits and linear baselines (see below) applied to the peaks of interest. 

This is shown in figure 2.14. It is usual to apply a baseline subtraction to Raman spectra to 

remove the background, which can be a result of sample autofluorescence, 

photoluminescence and stray light from scattering effects entering the spectrometer. Peaks of 

interest in the ranges 650-1800 cm
-1

 and 2600-3800 cm
-1

 were linearly baselined over limited 

ranges during peak area analysis (see table 2.1 and fig. 2.14). 

To analyse the low-wavenumber region (LWN – 135-650 cm
-1

), where a rising background 

makes a linear subtraction impossible, the inbuilt baseline subtraction tool in Wire 4.0 was 

used to fit and subtract a polynomial function to the wider spectra (135-1800cm
-1

). In 

‘Intelligent fitting’ mode, two parameters were set: the polynomial order and the noise 
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tolerance, respectively 12 and 1.9 for elastin and 11 and 1.5 for collagen. Each spectrum was 

visually inspected during this process and these values were selected as they successfully 

baselined all spectra with common zero points (collagen: 135, 363, 480, 655, 988, 1140, 

1515 and 1800 cm
-1

; elastin: 135, 353, 458 632, 798, 1138, 1515 and 1800 cm
-1

), without 

introducing any negative intensity values outside of the noise. Collagen and elastin have 

different parameter values due to the intrinsic differences in their respective protein spectra. 

 

 

Table 2.1: Peaks of interest and integration limits used to determine peak areas.   

Peak/Band Centre 

(cm
-1

) 

Integration Limits 

(cm
-1

) 

Baseline Range
a

 

(cm
-1

) 

O-H 3140-3700 3800 (H) 

2970 2960-3030 3030 (H) 

Amide I 1530-1740 1525-1752 (D) 

1450 1430-1510 

1140-1510 (D) 

1243 1216-1257 

1099 1070-1117 

988-1140 (D) 

1030 1016-1036 

935 926-956 

655-988 (D) 

920 902-926 

875 868-902 

813 798-828 

570 550-585 

135-1800 (P) 260 184-280 

170 135-190 

a 
Baseline is applied in three forms: a horizontal (H) baseline parallel to the wavenumber axis at the stipulated 

data point; a diagonal (D) baseline running through the two stipulated data points; and a polynomial (P) fit over 

the stipulated range. 
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2.3.4.3. Statistical Analysis 

Where peak areas were observed to increase or decrease as a function of strain, the 

differences were assessed with one-way analysis of variance (ANOVA) tests in MATLAB; with 

statistical significance set at 0.05. A multiple comparison test was subsequently carried out to 

assess which strains were significantly different to the zero-strain peak area. It was necessary 

to apply this only to collagen. In the water submerged fibre, peak areas from at least three 

point-spectra in a single crimp were grouped at each strain increment; for all other hydrations, 

peak areas from a single point-spectra in two successive crimps were grouped at each strain 

increment. Strain dependent peak area differences in the apex and diagonal regions were 

assessed independently. p-values are presented for peak area changes that were significantly 

different to the zero-strain peak area. 

A similar approach was applied where peak areas were observed to change as a function of 

hydration. For collagen, peak areas were taken from single point-spectra in two successive 

Figure 2.14: Raman spectra showing the peaks of interest and the baselining method used during analysis. (a) 

polynomial baseline applied to the 135-1800 cm
-1

 spectra to enable the analysis of the LWN region; inset shows 

the resulting subtraction over the range 135-650 cm
-1

 (b) four linear baselines applied to peaks in the fingerprint 

region (c) linear baselines applied to the HWN region. 

(a) (b) 

(c) 
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crimps at maximum strain and grouped at each hydration (at least three points from a single 

crimp at maximum strain for the water submerged fibre). For strain independent elastin, peak 

areas across all strains were grouped for a given hydration and passed into the one-way 

ANOVA (p<0.05). A multiple comparison test was subsequently carried out to assess which 

hydrations were significantly different to the water submerged peak area, and p-values are 

presented for the hydrations which met this criterion. 

 

 

2.4. Brillouin Spectroscopy 

Brillouin light scattering (BLS) is a phenomenon arising from the interaction of incident photons 

with thermally excited acoustic waves or ‘phonons’ in a medium. First proposed by Leon 

Brillouin in 1922 [76] and observed experimentally for the first time in 1930 by Gross [132], 

it differs from Raman scattering as it probes the long range, in-phase density fluctuations of a 

system, rather than the local out-of-phase bond vibrations (optical phonons) that are detected 

in Raman spectroscopy (fig. 2.15). Brillouin frequency shifts are much smaller than Raman shifts 

– generally 5-20 GHz in biological materials as opposed to 10-120 THz. A typical Brillouin 

Figure 2.15: Schematic diagram showing a simple model of acoustic and optical vibrations in a one-dimensional 

diatomic chain. Atoms have mass m1 and m2 and are alternated. Arrows indicate the displacements of the atoms 

from their equilibrium positions (dotted lines). Acoustic phonons revealed by BLS, are in-phase movements of 

atoms in the chain with a displacement along the direction of propagation (longitudinal acoustic phonons) or 

perpendicular to the propagation direction (transverse acoustic phonons). Optical phonons probed by IR 

absorption and Raman scattering, are out-of-phase movements of the atoms producing an oscillating electrical 

dipole moment (longitudinal or transverse modes). 
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spectrum as shown in figure 2.16, is characterised by a doublet, centred around the Rayleigh 

peak, with the Stokes and anti-Stokes Brillouin peaks equally spaced and symmetric either side.  

 

The origin of this spectrum is generally 

based on the hydrodynamic theory, 

reported by Berne & Pecora [2]. 

Here, the relevant equations that 

describe the mechanism of the 

scattering process by acoustic phonons 

and the origin of the Brillouin doublet 

are presented. 

The intensity of the scattered light 

incident on the detector is expressed 

by: 

 

 

 𝐼𝑖𝑓(𝒒, 𝜔𝑓 , 𝑅) = [
|𝐸𝑖|

2𝜋2𝑛4

𝑅2𝜆𝑖
4𝜀0

2 ]
1

2𝜋
∫ 〈𝛿𝜀𝑖𝑓(𝒒, 0)𝛿𝜀𝑖𝑓(𝒒, 𝑡)〉

+∞

−∞

𝑒𝑖(𝜔𝑓−𝜔𝑖)𝑡𝑑𝑡 (17) 

 

where 𝐸𝑖 is the amplitude of the incident electric field, 𝒒 is the scattering wavevector (see 

equation 20), 𝑛 is the refractive index of the scattering medium, 𝑅 is the distance between the 

detector and the scatterer, 𝜆𝑖 is the wavelength of the incident radiation, and 𝜀0 is the dielectric 

constant of the scattering medium. This shows that the scattering intensity is inversely 

proportional to the fourth power of the incident radiation wavelength, and to the square of 

the distance that the scattered light travels before detection. The integral denotes the 

contribution to the scattering intensity due to the time autocorrelation function of the dielectric 

constant fluctuations, expressed by 𝛿𝜀(𝒓, 𝑡) = (
𝜕𝜀

𝜕𝜌
)

𝑇0

𝛿𝜌(𝒓, 𝑡), where 𝜌 is the local density 

and 𝑇0 denotes the average temperature of the system. Taking the result of the integral, it can 

be shown that the scattering intensity due solely to the dielectric fluctuation, is described in 

terms of the dot product of the unit vectors of the incident (𝒏𝒊) and scattered light (𝒏𝒇) 

Figure 2.16: typical BLS spectrum featuring the Stokes and 

anti-Stokes Brillouin peaks symmetric about the intense central 

Rayleigh scattered line. A Brillouin spectrum is a plot of the 

scattering intensity as a function of the frequency shift from the 

incident wavelength. The top x-axis shows the spectral region 

in units of wavenumber (cm
–1

). 
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 𝐼𝑖𝑓(𝒒, 𝜈) = (𝒏𝒊 ⋅ 𝒏𝒇)
2
(
𝜕𝜀

𝜕𝜌
)

𝑇0

2

𝑆𝜌𝜌(𝒒, 𝜈) (18) 

 

where 𝑆𝜌𝜌(𝒒, 𝜈) is the intensity of the density correlation function which Einstein showed to 

be equal to 𝑉𝜌2𝑘𝐵𝑇𝜒𝑇. Here 𝑉 is the scattering volume, 𝜌 the mean number density, 𝑘𝐵 the 

Boltzmann constant, 𝑇 the temperature of the system, and 𝜒𝑇 the isothermal compressibility. 

There are a few points to note here, 1) there must be a change in dielectric constant due to 

a propagating density fluctuation (phonon) for BLS to occur, 2) the medium must have some 

compressible component for phonons to propagate; and 3) the scattering intensity is directly 

proportional to the scattering volume, the density of scatterers therein and the temperature 

of the medium. 

Further development of equation (18) gives a correction term to Einstein’s solution, such that 

the spectral density is defined as: 

 

 

𝑆𝜌𝜌(𝒒, 𝜔) =
1

𝜋
𝑉𝜌2𝑘𝑏𝑇𝜒𝑇 {(1 −

1

𝛾
) [

𝐷𝑇𝑞2

𝜔2 + [𝐷𝑇𝑞2]2
]

+
1

𝛾
(

Γ𝑞2

[𝜔 − 𝜔(𝑞)]2 + [Γ𝑞2]2
+

Γ𝑞2

[𝜔 + 𝜔(𝑞)]2 + [Γ𝑞2]2
)} 

(19) 

 

where Γ ≡
1

2
[(𝛾 − 1)]𝐷𝑇 + 𝐷𝑉 is the attenuation coefficient and   the specific heat ratio. 

This equation explicitly describes the change in frequency when an incident photon of 

frequency 𝜔 interacts with a phonon of frequency ±𝜔(𝑞), travelling at a speed 𝑐𝑠 in a 

medium, such that energy is gained or lost by the diffusion of momentum and heat; 

represented here by the longitudinal kinematic viscosity 𝐷𝑉 and the thermal diffusivity 𝐷𝑇, 

respectively. The symbol 𝑞 denotes the magnitude of the scattered wavevector, which is 

described below. Thus the triplet of the BLS spectra is given here in the two parts of equation 

(19) with the first part 1) describing the dominant Rayleigh scattered light corresponding to the 

central peak in figure 2.16; and the second 2) the ‘Stokes’ (𝜔 − 𝜔(𝑞)) and ‘anti-Stokes’ (𝜔 +

𝜔(𝑞)) parts of the Brillouin doublet, corresponding to the red or blue Doppler shift in 

frequency of the scattered light. The full solution to equation (19) includes a third part which 
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shifts the Brillouin peaks towards the Rayleigh line and renders their intensities slightly 

asymmetric (Mountain contribution), but this is a very small correction, thus equation (19) 

provides a good physical approximation. The symmetry of the ‘Stokes’ and ‘anti-Stokes’ parts 

of the BLS spectrum are consistent with the assumption of classically driven conservation of 

momentum. 

 

Brillouin spectroscopy thus provides information on thermal properties of matter, which are 

represented in equation (19). Important for the work of this thesis are the acoustic attenuation 

and the adiabatic sound velocity. This last property gives access to several aspects of a material’s 

viscoelastic properties; namely the elastic modulus, shear and bulk moduli and the Poisson’s 

ratios in the GHz region (hypersounds), giving insight into the micro-scale mechanics of the 

sample medium. It suits the purpose of this thesis, having outlined the origins of the Brillouin 

frequency shift, to begin discussing the scattering geometry, before introducing how the speed 

of sound is extracted from the Brillouin spectra. 

 

A generic scattering geometry is depicted in figure 2.17 for which the scattering wavevector is 

given as: 

Figure 2.17: Diagram of a generic scattering geometry showing the origin of the scattering wavevector. Light of 

polarisation 𝑝𝑖  and wavevector 𝑘𝑖 is scattered in all directions. Only scattered light of wavevector 𝑘𝑓 and 

polarisation 𝑝𝑓 arrives at the detector. The scattering vector 𝒒 = 𝑛(𝒌𝒊 − 𝒌𝒇) is defined by the geometry and 

the refractive index 𝑛 of the scattering medium. Adapted from: [2] 
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 𝒒 = 𝑛(𝒌𝒊 − 𝒌𝒇) (20) 

 

where 𝑘𝑖 = 2𝜋 𝜆𝑖⁄  and 𝑘𝑓 = 2𝜋 𝜆𝑓⁄  are the wave vectors of the incident and scattered light, 

respectively. This is an expression of the principle of conservation of momentum. In these 

acoustic scattering processes, the wavelength changes very little, so the approximation that is 

made is that:     

 

 |𝒌𝒊| ≅ |𝒌𝒇| (21) 

 

The vector triangle that represents the scattering process (fig. 2.17) is an isosceles triangle, 

such that the magnitude of 𝒒 may be found using the law of cosines  

 

 

𝑞2 = 𝑛2|𝒌𝒊 − 𝒌𝒇|
2

= 𝑛2[2𝑘𝑖
2 − 2(𝒌𝒊 ⋅ 𝒌𝒊)] = 2𝑛2𝑘𝑖

2(1 − 𝑐𝑜𝑠𝜑)

= 4𝑛2𝑘𝑖
2𝑠𝑖𝑛2 (

𝜑

2
) 

(22) 

 

giving: 

 

 𝑞 = 2𝑛𝑘𝑖𝑠𝑖𝑛 (
𝜑

2
) (23) 

 

There are two preferred scattering geometries employed in a BLS experiment: the one with 

scattering angle 𝜑 equal to 180°, the backscattering configuration that is typical of a microscopic 

approach; and 90°, where illumination and collection paths are orthogonal to one another. 

For the measurements of anisotropic materials such as the protein fibres, a preferred geometry 

involves 180° scattering geometry but with sample mounted on a reflective substrate at 45° 

to the incoming beam (a platelet-like configuration). This configuration (fig. 2.18a) enables two 
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‘channels’ to be detected, two phonon modes with wavevectors 𝑞 = 𝑞𝑏 = 2𝑛𝑘𝑖 and 𝑞 =

𝑞𝑠 = 2𝑘𝑖𝑠𝑖𝑛𝜑 = √2𝑘𝑖 respectively, the latter due to a scattering process with an exchanged 

wavevector [133, 134]. These are the bulk mode (𝑞𝑏) which travels along the same direction 

as the incident beam and is the only mode probed in backscattering with beam orthogonal to 

the sample; and the parallel-to-surface mode (𝑞𝑠) which allows for a directional analysis of the 

speed of sound by rotation of the sample in-plane (z-axis – see fig. 2.18b). These longitudinal 

modes are observed at distinct frequencies in the Brillouin spectra (fig. 2.19), according to the 

velocities [135, 136]: 

 

 𝑉𝐿 ≈ ±
𝜔𝑏

𝑞𝑏
≈ ±

𝜈𝑏𝜆𝑖

2𝑛
 and 𝑉𝐿 ≈ ±

𝜔𝑠

𝑞𝑠
≈ ±

𝜈𝑠𝜆𝑖

√2
 (24a, b) 

 

where 𝜈𝑏 and 𝜈𝑠 are the frequency shifts of the longitudinal bulk and parallel-to-surface 

phonons, respectively, and are determined by curve fitting of the BLS spectra (see §2.4.3 

below). It is worth highlighting that use of the platelet-like configuration enables – through the 

(a) (b) 
 

' 
' 

Figure 2.18: (a) Schematic diagram of the BLS scattering geometry using a specimen in contact with the surface 

of a reflective silicon substrate, the platelet-like configuration. The incident light (ki) passes through the lens, is 

refracted at the air-sample interface (k’i) and focused at the sample-substrate interface. The scattered light 

collected by the same lens (k’s) results from interaction with both bulk phonons (qb) and those travelling PS of the 

sample (qs). Angles between the directions of light and the normal to the surface (determined by the scattering 

angle) are indicated as  and '. (b) Schematic diagram of the sample and of the adopted coordinate system: z 

defines the extraordinary axis parallel to the direction of the fibres. Angles  and  are those between the direction 

of phonons qs and qb to the z-axis, respectively. ki, k’i, ks, k’s: wavenumbers of the incident and scattered light; qb, 

qs, wavevectors of the bulk and PS modes, respectively. 
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parallel-to-surface (PS) mode – measurement of the speed of sound without prior knowledge 

of the refractive index of the sample, as the wavevector 𝑞𝑠 does not depend on 𝑛 (equation 

24b). On the other hand, in this particular geometry, the BLS technique provides a measure 

of the refractive index from the ratio of the frequency shift of the phonon peaks, 𝜈𝑏 and 𝜈𝑠: 

 

 𝑛 =
𝜈𝑏

𝜈𝑠
𝑠𝑖𝑛(𝜑) (25) 

 

 

Collagen and elastin fibres are assumed to be as transversely isotropic materials with a 

hexagonal symmetry, such that the propagation of an elastic wave through the fibre is 

governed by a symmetric stiffness tensor with five independent elastic constants, c11, c12, c13, 

c33 and c44, which describe the proportionality of stress to strain in a defined direction [80]: 

  

 𝑐𝑖𝑗 =

[
 
 
 
 
 
𝑐11 𝑐12

𝑐11

𝑆𝑌𝑀

𝑐13

𝑐13
𝑐33

0
0
0

𝑐44

0
0
0
0

𝑐44

0
0
0
0
0

𝑐11 − 𝑐12

2 ]
 
 
 
 
 

  

 

Figure 2.19: typical BLS spectrum using the platelet-like configuration to activate the parallel-to-surface (PS) 

phonon modes. These peaks manifest at a lower frequency than those representing the bulk phonon modes (B) 

of the traditional Brillouin doublet, but are equally symmetric about the central Rayleigh scattered line (R). 
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through the generalised tensor form of Hooke’s law 

 

 𝛔𝒊 = c𝑖𝑗𝛆𝒋 (26) 

 

These elastic constants are associated with the longitudinal phonon propagation speed with 

respect to the angle-to-fibre axis 𝜃, through the expression:  

 

 

𝑉𝐿
2(𝜃) =

1

2𝜌
{𝑐11𝑠𝑖𝑛

2𝜃 + 𝑐33𝑐𝑜𝑠2𝜃 + 𝑐44

+ {[(𝑐11 − 𝑐44)𝑠𝑖𝑛
2𝜃 + (𝑐44 − 𝑐33)𝑐𝑜𝑠2𝜃]2

+ 4((𝑐13 + 𝑐44)𝑠𝑖𝑛
2𝜃𝑐𝑜𝑠2𝜃)}

1/2
} 

(27) 

 

where, 𝜌 is the density of the fibres. In addition to this longitudinal mode, there is also a 

transverse component to the acoustic wave, with a velocity given as: 

 

 𝑉𝑇
2(𝜃) =

1

𝜌
(
(𝑐11 − 𝑐12)

2
𝑠𝑖𝑛2𝜃 + 𝑐44𝑐𝑜𝑠2𝜃) (28) 

 

and accessed by the depolarised spectrum, VH (see §2.4.1 below). These expressions are 

further simplified by setting the angle-to-fibre axis such that 𝑉𝐿 is equal to √𝑐11 𝜌⁄  (𝜃 = 90°) 

and √𝑐33 𝜌⁄  (𝜃 = 0°). The approximation [80] 𝑐12~𝑐11 − 2𝑐44 allows 𝑉𝑇 to equate to 

√𝑐44 𝜌⁄  (𝜃 = 0°), leaving only c13 to be determined by fitting (see §2.4.3 below). Thus, having 

determined all the elastic constants from the Brillouin spectrum, the elastic properties of the 

fibres are defined as follows: 

 

 𝐸∥ = 𝑐33 −
2𝑐13

2

𝑐11 + 𝑐12
 (29) 
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 𝐸⊥ =
(𝑐11 − 𝑐12)[𝑐33(𝑐11 + 𝑐12) − 2𝑐13

2 ]

𝑐11𝑐33 − 𝑐13
2  (30) 

 

 𝐺 = 𝑐44  𝐾 =
−2𝑐13

2 + (𝑐11 + 𝑐12)𝑐33

𝑐11 + 𝑐12 − 4𝑐13 + 2𝑐33
 (31) 

 

 

 𝜈13 =
𝑐13

𝑐11 + 𝑐12
  𝜈12 =

𝑐33𝑐12 − 𝑐13
2

𝑐33𝑐11 − 𝑐13
2  (32) 

 

with 𝐸∥ and 𝐸⊥ the axial and radial elastic modulus, 𝐺 and 𝐾 the shear and bulk moduli, and 

𝜈13 and 𝜈12 the major and second Poisson’s ratios. 

 

2.4.1. Brillouin Instrumentation 

The proximity to the intense Rayleigh line makes resolving the weak Brillouin peaks a challenge. 

Fabry-Perot interferometers (FPI) were introduced as early as the 1930s [132], but it was not 

until the development of the tandem multipass Fabry-Perot (TMFP) by John Sandercock in the 

1970s and 80s [137, 138], that measurements with high contrast and large free spectral range 

(FSR) became possible. The interferometer used in this thesis is based on this design, and is 

based on filtering the scattered light by passing it thrice sequentially through two etalons 

scanning in tandem. The (3+3) multipass enhances the contrast above 10
12

 or 120 dB against 

the elastic background, whilst the double etalon supresses neighbouring interference orders, 

the so-called ghosts, making interpretation of the spectra over a wide frequency range clearer. 

 

All BLS measurements were performed using a custom built apparatus with a Sandercock-

type tandem multipass (3+3) Fabry-Perot interferometer, having high contrast and spectral 

resolution [139]. Figure 2.20 shows a schematic of the BLS system. A single-mode 532 nm 

solid state laser (Spectra Physics Excelsior) operated at 76 mW output power at the sample, 



Materials, Methods & Theory  47 

 

 

is split into a reference beam to the spectrometer and an incident beam which is focused onto 

the sample by a low-NA objective. A polariser selects a vertical polarisation (V) for the incident 

light just prior to a 20 cm achromatic lens (spot size of 30-40 μm) which focusses and collects 

light from the sample in backscattering. The sample is mounted vertically on a goniometer, 

fixed at a 45° angle to the incident beam, to enable in-plane rotation of the sample whilst 

maintaining a constant scattering angle (2𝜑 = 90°; see figure 2.18 above) and scattering 

volume. Scattered light is collected by the same objective used for focusing, passed back 

through an analyser either in (vertical-horizontal – VH) or out (vertical-unpolarised – VU) of 

the beam path, and thus through a pinhole into the spectrometer and then a single-photon 

photomultiplier detector (JRS Scientific Instruments TFP-1). The interferometer is operated 

through a control unit and by the computer software (GHOST 6) for data handling and 

manipulation [140].  

Polarisation-resolved Brillouin measurements determine which acoustic modes are detected. 

The polarised arrangement (VU – incident and scattered light both vertically polarised) detects 

only the longitudinal acoustic modes, whilst the depolarised arrangement (VH – scattered light 

horizontally polarised), detects the transverse modes. 

Figure 2.20: Schematic of the BLS apparatus with backscattering geometry used in the measurements; the 

incident light emitted by a solid-state laser is sent to the sample through an achromatic lens. The light scattered 

by bulk acoustic phonons and by those resulting from reflection of light at the substrate surface, which is in contact 

with the sample, is collected by the same lens, filtered by a tandem-multipass Fabry–Perot interferometer and 

detected by a photomultiplier. FP1 and FP2 indicate the two interferometers constituting the tandem scanning 

set-up. A polarizer selects the polarization of incident light, and an analyser is used to select the polarization of 

scattered light. 
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2.4.2. Spectral Acquisition 

Fibres and tissue sections were removed from the buffer, washed in pure water and placed 

directly (fibres were aligned linearly) onto reflective silicon slides for BLS measurement. A glass 

cover-slip was placed on top of the sample, and sealed in place by a parafilm gasket sealed by 

a heated soldering iron passed gently over the glass surface. Once sealed, the excess water 

immediately surrounding the sample was maintained for several days. Water evaporation was 

enabled for dehydration kinetic measurements by leaving one side of the hydration 

compartment unsealed. Care was taken to avoid stretching or reorienting the samples 

throughout preparation.  

 

2.4.2.1. Angle-Resolved Experiments 

The sample hydration chamber was mounted on the goniometer and focussed as described 

above to activate the two phonon channels qs and qb. The desired polarisation was selected 

(VU or VH) and BLS spectra were acquired rotating the sample between acquisitions to adjust 

the angular propagation direction of qs with respect to the fibre axis (generally −15° > 𝜃 >

120°; see figure 2.18 above). Measurements were made over the frequency range –27 to 27 

GHz at 0.2 GHz resolution, with a free spectral range of 30 GHz. Acquisition times varied 

due to differences in sample scattering cross-section, concentration and thickness, however, a 

good signal-to-noise ratio was generally achieved using a 10 minute acquisition time. Spectra 

were acquired in the VU polarisation at  = 0° every 10 minutes for 12 hours. All experiments 

were conducted at least in duplicate. 

 

2.4.2.2. Microfocussed Experiments 

To determine the specific contribution of the intra- and extrafibrillar spaces to the 

micromechanics of the fibres, micro-BLS spectra were collected with a scanning BLS 

microscope. The system is similar to the macro-BLS system described above (see [141, 142] 

for full details), but operates at 5 mW, with a long working distance (4.7mm) Zeiss dark-field 

objective (NA 0.75) in backscattering geometry (𝜑 = 0°; bulk phonon modes only – see figure 

2.18 above). The lateral resolution of the set-up is approximately 250 nm [142] and the 

spectral resolution is 0.1 GHz. The sample chamber was mounted horizontally and positioned 

using a manually operated piezoelectric XYZ translation stage (PI 611-3S Nanocube with PI 

E-664 controller). Geometry of the fibres and sections was recorded in (455 nm) LED light 
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microscope images, obtained using the same Zeiss dark-field objective and a CCD camera. 

Regions of interest were located and single point spectra acquired using GHOST software as 

above. 

 

2.4.3. Spectral Analysis 

If only a narrow frequency region around the Brillouin peaks is analysed, the spectrum of 

scattered light from viscoelastic media is most closely approximated by a damped harmonic 

oscillator (DHO) [139, 140, 143] 

 

 𝐼(𝜔) =
𝐼0
𝜋

𝜔𝑏
2Γ𝑏

(𝜔2 − 𝜔𝑏
2)2 + 𝜔2Γ𝑏

2 (33) 

 

where 𝜔𝑏 and Γ𝑏 correspond to the frequency position and linewidth of the Brillouin peaks. 

 

Data analysis was performed using the GHOST software, where the intensity profile of each 

Brillouin band was fitted to the DHO function using a least-squares fitting function based on 

the Levenberg-Marquardt algorithm, and a convolution of the instrumental function was 

applied to correct for the finite linewidth of the laser spectrum [140]. Baselines were applied 

in a systematic, reproducible manner. Figure 2.21 shows the results of a DHO fit applied to 

both the PS and transverse peaks of a representative Brillouin spectrum. Results from the fit of 

each respective peak (including the fitting error calculated by the software) were averaged 

between the Stokes and anti-Stokes bands and the acoustic wave velocity was calculated, 

substituting the mean frequency position into equations (24a) for the bulk and (24b) for the PS 

and transverse peaks, respectively. Angle-resolved velocities from the PS and transverse 

modes were plotted as a function of the angle-to-fibre axis,  (in radians) and equation (27) 

was subsequently fitted to the data with c11, c33 and c44 fixed at the values obtained using the 

reduced formula described above and the remaining elastic constant, c13, left freely varying. In 

the case of elastin, for which the transverse mode was not detected, c44 could not be derived 

by independent measurement. Thus, in the fit to equation (27), constraints to ensure positive 

sound velocities in all directions were [144]: c11>|c12| and c44 > 0, and the remaining 
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constants were determined [136, 

145]. Substitution of the elastic 

constants into equations (29-32) 

yielded the elastic moduli and 

Poisson’s ratios as defined above. 

 

The attenuation of the acoustic wave is 

a measure of viscoelastic damping and 

was calculated as the linewidth-to-

frequency ratio of the bulk peak 

𝑡𝑎𝑛(𝛿) =  Γ𝑏 ω𝑏⁄  over all angles to 

the fibre axis, . This is a measure of 

the damping of the acoustic wave and 

relates to the viscosity of the medium. 

 

 

2.4.4. Sample Morphology 

After the Brillouin measurements, samples were air-dried and metallised by sputter coating 

the surface with a 1.5 nm layer of chromium prior to scanning electron microscopy (SEM-

FEGLEO1525, Inlens detector), operating at an acceleration voltage of 5.0 kV. 

 

The scanning electron micrographs in figure 2.22 show that (a) elastin specimens from bovine 

nuchal ligaments are composed of a roughly parallel array of fibres approximately 4-5 m in 

diameter; (b) the bovine nuchal ligament is made of a roughly aligned assembly of the elastin 

fibres; (c) the high degree of alignment in the fibrillar (type-I collagen) substructure of an RTT 

fibre, with orientation predominantly along the diagonal from the upper left to the lower right 

corner of the image pane – fibril diameters are in the range of 100-300 nm; (d) a section of 

cartilage cut parallel to the articular surface from the deep zone, shows fibres of (type-II) 

collagen running perpendicular to the section plane. 

 

Figure 2.21: Anti-Stokes BLS spectrum of dry trypsin-digested 

collagen fibre measured at 𝜃 = 30°
 with VH polarisation. 

Labels T, PS and B denote peaks related to transverse, parallel-

to-surface and bulk modes, respectively. A leakage of the VV 

polarisation enables the PS and bulk peaks to still be observed. 

Results of fit analysis (red lines) using a damped harmonic 

oscillator (DHO) model for both T and PS modes are also 

shown. Error bars indicate the standard error (square root of 

number of counts). 
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2.4.5. Estimating Wet Fibre Density 

Using a macroscopic approach, aliquots of saturated sucrose solution were added cyclically to 

a bath of distilled water at room temperature, suspending a PBS soaked fibre of the same 

dimension as those used in experiment (excess PBS removed by gently dabbing with blue roll), 

after each addition of the solution. The fibre was considered buoyant upon reaching a solution 

density where it did not sink or float within 10 seconds of submersion in the bath (this short 

time ensured that bulk water in the fibre was not replaced by the sugar solution). The resulting 

suspension was then weighed in a glass pycnometer to determine the density of the fully 

hydrated fibres. To estimate the uncertainty, this process was repeated a second time with 

new fibre samples and fresh saturated sucrose solutions. 

 

(a) (b) 

(c) (d) 

Figure 2.22: Scanning electron micrographs showing (a) individual elastin fibres within the bovine nuchal ligament; 

(b) wider view of the bovine nuchal ligament; (c) type-I collagen fibrils from RTT; and (d) type-II collagen fibrils in 

EMJ cartilage. All samples are from the same animals used in the BLS experiments. 



 

 

  

Protein Fibre Macromechanics 

3.1. Introduction 

This chapter focusses on the macroscopic mechanical properties of the protein fibres and their 

relationship with hydration. It is well known that the removal of water from collagen and elastin 

produces stiffer, more brittle fibres [146, 147], however intermediate hydration states have 

rarely been studied and work is usually confined to the hydration extremes. Results presented 

here include the stress-strain and stress relaxation response of both protein fibres within a 

range of hydrations, 100 to 21% relative humidity (RH); accompanied by analysis of the 

Young’s modulus, which will later be compared with the longitudinal modulus from Brillouin 

light scattering in chapter 4. Stress relaxation data are presented, to study the effects of water 

on the fibres’ viscoelastic properties, namely the ability to stretch and reconfigure. The stress-

strain and stress relaxation responses of each fibre were measured first to 5% tensile strain 

and then to 10%, a low- and a high-strain regime to assess to what extent water mediated 

the elongation of the fibres. Results from the two strain regimes are presented adjacently for 

evaluation and comparisons are drawn between the two protein fibres. 
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3.2. Macroscopic Mechanical Properties 

3.2.1. Stress-Strain Plots 

3.2.1.1. Type-I Collagen Fibres 

Figure 3.1 shows the effect of dehydration on the stress-strain response of preconditioned 

type-I collagen fibres in the low (5%) and high (10%) tensile strain regimes. The fully hydrated 

fibres, at 100% RH, displayed the typical J-shaped response of collagen, with clearly defined 

linear, heel and toe regions. A progressive decrease was observed in the length of the toe 

region at each dehydration with a gradual increase in the rate of initial stress uptake, becoming 

immediate upon application of strain at 21% RH. This resulted in an extension of the heel 

region of the dehydrated fibres. Figure 3.3 shows the change in strain that was required to 

achieve a stress equivalent to that measured at 5% in the low-strain regime, after 

preconditioning of the same fibre to twice its initial extension (high-strain regime). Fully 

hydrated fibres required an additional 2% strain, but dehydration gradually reduced this 

difference such that below 85%RH the stress-strain response was essentially the same within 

the error in both strain regimes. 

 

3.2.1.2. Elastin Fibres 

Figure 3.2 shows the effect of dehydration on the stress-strain response of preconditioned 

bovine nuchal elastin in the low (5%) and high (10%) tensile strain regimes. The fully hydrated 

fibres, at 100% RH, responded linearly to increasing strain whilst, at lower hydrations, a more 

gradual uptake of stress was observed through a curved stress-strain profile. Similar to collagen 

above, figure 3.3 shows that at high hydration, doubling the initial preconditioned extension of 

the elastin fibres increased the strain required to achieve a stress equivalent to that measured 

at 5% in the low-strain regime, by approximately 1 and 3% in the 100 and 85% RH states, 

respectively. Further dehydration lead to the stress-strain response being the same in both 

high- and low-strain regimes. 

 



54    

 

 

 

Figure 3.1: stress-strain plots of preconditioned type-I collagen fibres from rat tail tendon as a function of 

hydration: (a-b) 100% RH; (c-d) 85% RH; (e-f) 66% RH; (g-h) 46% RH; and (i-j) 21% RH. Responses are 

recorded in the 5% (left) and 10% (right) tensile strain regimes. Lines show fits of Young’s modulus (EY). Mean 

R
2
 = 0.997. Three different fibres were tested at each hydration (unique labels and colours identify the same 

respective fibre in all figures). 
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Figure 3.2: stress-strain plots of preconditioned elastin fibres from bovine nuchal ligament as a function of 

hydration: (a-b) 100% RH; (c-d) 85% RH; (e-f) 66% RH; (g-h) 46% RH; and (i-j) 21% RH. Responses are 

recorded in the 5% (left) and 10% (right) tensile strain regimes. Lines show fits of Young’s modulus (EY). Mean 

R
2
 = 0.995. The insets show a magnification of the 85 and 100% RH data. Three different fibres were tested at 

each hydration (unique labels and colours identify the same respective fibre in all figures). 
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3.2.1.3. Young’s Modulus for Collagen and Elastin 

The Young’s modulus was calculated from linear fit analysis of the stress-strain curve (lines in 

figures 3.1 and 3.2). This best represented the actual modulus of the fibres, which below 

100% RH (collagen) and 85% RH (elastin) exhibited a permanent deformation where the 

fibres would become elongated beyond their initial resting length under the applied stress, 

resulting in bending due to compression upon returning to 0% strain. Unbending manifested 

in the curvature of the stress-strain plots (figs. 3.1 and 3.2), prior to the linear uptake of stress 

in the latter part of each curve. Figure 3.4a shows the Young’s modulus of type-I collagen 

fibres as a function of hydration. An initial increase in modulus (6-fold to 412 ± 136 MPa in 

the low strain regime and 3-fold to 790 ± 152 MPa in the high) was observed between the 

fully hydrated state at 100% RH and the first dehydration at 85% RH, after which the modulus 

remained unchanged within the error. This pattern was consistent in both the high- and the 

low-strain regimes, although the magnitudes of the former were larger, in keeping with the 

steeper stress-strain response at the higher strain. 

Figure 3.4b shows the Young’s modulus of elastin, which responded slightly differently to 

dehydration with a gradual increase in modulus. Initially this was by an order of magnitude 

between 100 and 85% RH, and then by a further order of magnitude between 85% RH and 

the subsequent dehydrations. Unlike in collagen, doubling the fibre extension in the high-strain 

Figure 3.3: (a) plot as a function of hydration (100 to 21% RH) of the change in strain that was required to 

achieve a stress equivalent to that measured at 5% in the low-strain regime, after secondary preconditioning of 

the same fibre to twice its low-strain extension. Error bars are ± 1 stdev (n=3). (b) stress-strain plot of 85% RH 

elastin, showing an example of how doubling the preconditioning strain of a fibre to 10%, increases the strain 

required to achieve a stress equivalent to that measured at 5% in its initial low-strain preconditioning state. The 

inset shows the case for 21% RH elastin where the stress-strain response is essentially identical in both high- and 

low-strain regimes.   

(a) (b) 
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regime had no effect on the modulus, suggesting that the linear region of the stress-strain 

response is conserved at higher strain.  

Generally, elastin had a lower Young’s modulus than collagen, but the difference between the 

two decreased markedly with dehydration of the tissue, where elastin was approximately 

three orders of magnitude softer than collagen in the fully hydrated state, but only five times 

less stiff in the ‘dry’ state at 21% RH. 

 

 

3.2.2. Stress Relaxation 

3.2.2.1. Type-I Collagen 

Figure 3.5-3.6 and 3.7-3.8 present the stress relaxation profiles of preconditioned  type-I 

collagen fibres ramped to 5 and 10% strain, respectively, at 20 mm/min and held for 600s. 

Plots are given as the relaxation modulus as a function of time and display the fitting results of 

single- and double-exponential components of the Maxwell-Weichert model for each fibre at 

a respective hydration. Fitting statistics (R
2

 and 2

) are displayed. Corresponding results of the 

exponential fitting (average values) are presented in tables 3.1 and 3.2 for the low- and high-

strain regimes, respectively. In all cases, except for 46 and 21% RH in the low-strain regime, 

a biexponential provided the best fit to the decays of the relaxation modulus. This well 

described the fast relaxation component (1) at the beginning of each decay, which showed 

little variation with hydration, and had an average of 15 ± 8 seconds in the low-strain regime 

and 21 ± 9 seconds in the high. The corresponding modulus (E1) of this first Maxwell 

Figure 3.4: plots showing Young’s moduli as a function of hydration in the range 100 to 21% RH for (a) type-I 

collagen from rat tail tendon and (b) elastin from bovine nuchal ligament in the 5 and 10% tensile strain regimes. 

The inset shows a magnification of the 80-100% RH section of the elastin data. Error bars are ± 1 stdev (n=3). 
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component similarly showed no discernible relation with the hydration, giving overall averages 

of 20 ± 17 MPa and 17 ± 9 MPa in the low- and high-strain regimes, respectively. The slow 

relaxation time component (2) was longer than 600 seconds, though both this and the 

characteristic modulus of the second Maxwell element (E2) were difficult to determine, as with 

the exception of the 100% RH fibres, none reached full relaxation equilibration within the 

600s holding time. The time-independent modulus (E0) displayed a dependence on the level 

of hydration, with a marked increase between 100 and 85% RH and subsequent maintenance 

of these values upon further dehydration, similar to the Young’s modulus of the same fibres. 

Figure 3.9 shows the collagen stress-relaxation profiles at each hydration as a percentage of 

peak stress (i.e. the stress at the beginning of the relaxation). The average percentage 

relaxation of the fibres in the low- and high-strain regimes is given as a function of hydration 

(100 to 21% RH) in figure 3.10. The fibres relaxed slightly more in the low-strain regime than 

in the high, but in both cases, the amount of relaxation decreased with dehydration. 

 

Table 3.1: Results
a
 of single [square brackets] and double exponential fits of the Maxwell-Weichert model, applied 

to stress-relaxation plots of type-I collagen fibres from rat tail tendon in the hydration range 21-100% RH, ramped 

to 5% tensile strain at 20 mm/min and held for 600s. 

Relative 

Humidity 

(% RH) 

E0 

(MPa) 

E1 

(MPa) 

E2 

(MPa) 

 1 

(s) 

2 

(s) 

100 

(N=2) 

11 (±1) 

[11 (±1)] 

7 (±2) 

[5 (±0.4)] 

0.5 (±0.2) 

15 (±13) 

[19 (±12)] 

290 (±0) 

85 

(N=2) 

211 (±111) 

[215 (±115)] 

38 (±33) 

[17 (±6)] 

13 (±7) 

15 (±8) 

[113 (±20)] 

348 (±138) 

66 

(N=3) 

139 (±63) 

[142 (±63)] 

21 (±13) 

[11 (±2)] 

11 (±3) 

12 (±5) 

[232 (±180)] 

520 (±318) 

46 

(N=2) 

[291 (±98)] [28 (±7)]  [66 (±27)]  

21 

(N=2) 

[322 (±55)] [36 (±13)]  [635 (±287)]  

a
 Values are given as a mean of at least two repeats (± 1 stdev.). E0 is the time-independent elastic modulus; E1, 

τ1, and E2, τ2, are the characteristic moduli and relaxation time of the fast and slow response, respectively. 
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Table 3.2: Results
a
 of single [square brackets] and double exponential fits of the Maxwell-Weichert model, applied 

to stress-relaxation plots of type-I collagen fibres from rat tail tendon in the hydration range 21-100% RH, ramped 

to 10% tensile strain at 20 mm/min and held for 600s. 

Relative 

Humidity 

(% RH) 

E0 

(MPa) 

E1 

(MPa) 

E2 

(MPa) 

 1 

(s) 

 2 

(s) 

100 

(N=2) 

121 (±25) 

[122 (±25)] 

14 (±1) 

[12 (±1)] 

5 (±3) 

26 (±5) 

[74 (±32)] 

291 (±59) 

85 

(N=2) 

348 (±122) 

[352 (±124)] 

21 (±14) 

[23 (±13)] 

23 (±16) 

20 (±13) 

[239 (±120)] 

446 (±25) 

66 

(N=3) 

173 (±102) 

[189 (±90)] 

11 (±2) 

[17 (±5)] 

30 (±23) 

21 (±14) 

[218 (±168)] 

1342 (±1788) 

46 

(N=2) 

357 

[450 (±126)] 

21 

[25 (±11)] 

14 

23 

[265 (±203)] 

407 

21 

(N=2) 

505 (±119) 

[507 (±120)] 

16 (±5) 

[18 (±7)] 

14 (±0.3) 

20 (±12) 

[186 (±112)] 

317 (±103) 

a
 Values are given as a mean of at least two repeats (± 1 stdev.). E0 is the time-independent elastic modulus; E1, 

τ1, and E2, τ2, are the characteristic moduli and relaxation time of the fast and slow response, respectively. 
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Figure 3.9: plots showing the percentage relaxation at different hydrations of preconditioned type-I collagen fibres 

from rat tail tendon, ramped to 5% (left) and 10% (right) tensile strain at 20 mm/min and held for 600s: (a-b) 

100% RH; (c-d) 85% RH; (e-f) 66% RH; (g-h) 46% RH; and (i-j) 21% RH. Each decay is normalised to the peak 

stress and zeroed at this point. Three different fibres were tested at each hydration (unique labels and colours 

identify the same respective fibre in all figures). 
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3.2.2.2. Elastin 

Figure 3.11-3.12 present the stress relaxation profiles of preconditioned elastin fibres at 100, 

85 and 66% RH, ramped to 5 and 10% strain, respectively, at 20 mm/min and held for 600s. 

Plots are given as the relaxation modulus as a function of time and display the fitting results of 

single-, double- and in the case of the 85% RH fibres, triple-exponential components of the 

Maxwell-Weichert model for each fibre at a respective hydration. Fitting statistics (R
2

 and 2

) 

are displayed. Corresponding results of the exponential fitting (average values) are presented 

in table 3.3. Elastin fibres below 85% RH in the low-strain regime, and 66% RH in the high, 

displayed no relaxation and maintained a constant stress for the full 600 second hold. For the 

decays at 100 and 66% RH a single-exponential was sufficient to fit the data (biexponential fits 

were essentially equivalent). The percentage relaxation in figure 3.13 shows that in the high-

strain regime, these fibres behaved very similarly, with small relaxations of between 5 and 

10%, and decay times with an overall average of 211 ± 80 seconds. The relaxation profiles 

of the 85% RH fibres were best fitted by a triple-exponential, that well described the large and 

rapid drop in stress at the beginning of the decay. These fibres had a percentage relaxation of 

around 80%, over half of which occurred in the first 14 seconds. The first and second Maxwell 

elements characterised this fast response of the fibre, with mean relaxation times of around 4 

and 30 seconds, respectively. As with collagen above, the hydration dependence of the time-

independent modulus was similar to that obtained for the Young’s modulus of the same elastin 

fibres, with an increase of one order of magnitude between the 100 and 85% RH states, and 

a two order of magnitude increase between 85 and 66% RH (compared to only one in the 

case of the Young’s). 

Figure 3.10: plot showing the percentage relaxation of type-I collagen fibres from rat tail tendon as a function of 

hydration in the range 100 to 21% RH, for the 5 and 10% tensile strain regimes. Error bars are ± 1 stdev (n=3). 
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Table 3.3: Results
a
 of single [square brackets] and double exponential fits of the Maxwell-Weichert model, applied 

to stress-relaxation plots of 66 and 100% RH elastin fibres from bovine nuchal ligament, and of double [square 

brackets] and triple exponential fits applied to plots of the 85% RH elastin fibres, ramped to 5 and 10% tensile 

strain at 20 mm/min and held for 600s. 

Relative 

Humidity 

(% RH) 

E0 

(MPa) 

E1 

(MPa) 

E2 

(MPa) 

E3 

(MPa) 

 1 

(s) 

 2 

(s) 

 3 

(s) 

100 

( = 5%) 

(N=3) 

1.14 (±0.48) 

[0.96 (±0.46)] 

0.19 (±0.22) 

[0.09 (±0.05)] 

0.09 (±0.09)  

31 (±36) 

[175 (±67)] 

341 (±83)  

100 

( = 10%) 

(N=3) 

0.81 (±0.44) 

[0.82 (±0.45)] 

0.06 (±0.04) 

[0.05 (±0.01)] 

0.05 (±0.01)  

44 (±50) 

[232 (±102)] 

489 (±162)  

85 

( = 5%) 

(N=3) 

2.5 (±0.1) 

[2.5 (±0.1)] 

46 (±13) 

[15 (±6)] 

3.3 (±0.4) 

[1.5 (±0.2)] 

1.5 

(±0.2) 

4 (±1) 

[11 (±3)] 

28 (±4) 

[197 (±45)] 

197 

(±45) 

85 

( = 10%) 

(N=3) 

2.3 (±0.5) 

[2.3 (±0.5)] 

228 (±221) 

[17 (±11)] 

3.4 (±1.4) 

[1.4 (±0.7)] 

1.4 

(±0.7) 

2.8 (±0.7) 

[11 (±4)] 

27 (±4) 

[304 (±50)] 

304 

(±50) 

66 

( = 10%) 

(N=2) 

134 (±15) 

[135 (±15)] 

2.83 (±0.33) 

[7 (±1)] 

4.86 (±0.96)  

92 (±15) 

[178 (±29)] 

400 (±0)  

a
 Values are given as a mean of at least three repeats (± 1 stdev.). E0 is the time-independent elastic modulus; 

E1, τ1, E2, τ2 and E3, τ3 are the characteristic moduli and relaxation times of the fast and two slower responses, 

respectively. 

 

Interestingly, the modulus of the first Maxwell element of the 85% RH fibres is significantly 

larger than the corresponding time-independent modulus. In all cases, the relaxation of the 

elastin fibres was independent of the extension, with similar results for the fitting parameters 

and percentage relaxations obtained in both the high- and low-strain regimes. As in the case 

of collagen above, none of the fibres reached full relaxation equilibration within the 600 second 

holding time, so the actual relaxation times of the long components are likely in excess of this. 
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3.3. Discussion 

Fully hydrated fibres reproduce behaviour described in the literature, with collagen showing a 

J-shaped stress-strain response [42] and a Young’s modulus in the linear region of the curve 

at 286 (± 99) MPa, towards the lower end of the literature range [40, 41, 63, 68, 148-150]. 

This variation can be attributed to the length of the sample, which is known to have a direct 

correlation with the elastic modulus [151], but is also plausibly attributed to the calculation of 

the cross-sectional area, which in this case is expressed in terms of the dry mass of each fibre. 

Other measures are used in some papers, but I feel this choice best reflects the intrinsic 

properties of the material. A more accurate approach would involve the use of a camera to 

Figure 3.13: plots showing the percentage relaxation at different hydrations of preconditioned elastin fibres from 

bovine nuchal ligament, ramped to 5% (left) and 10% (right) tensile strain at 20 mm/min and held for 600s: (a-

b) 100% RH; (c-d) 85% RH and (e) 66% RH (no relaxation was observed for these fibres in the 5% strain 

regime). Each decay is normalised to the peak stress and zeroed at this point. Three different fibres were tested 

at each hydration (unique labels and colours identify the same respective fibre in all figures). 
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record the precise dimensions of the fibre between the anchors as strain is applied, or indeed 

a microscopic multiphoton approach, allowing for the visual isolation and tracking of smaller-

scale fibre components. This would also enable in-situ observation of the change in cross-

sectional area which is likely to decrease as the fibres stretch leading to a larger stress and a 

higher estimate for the Young’s modulus. Elastin performs, as expected, as an almost pure 

elastomer with a completely linear response to applied strain, yielding a modulus in the mid-

range of the literature [147, 152, 153] at 0.64 (± 0.2) MPa. Young’s moduli change differently 

with dehydration in the two protein fibres, with a gradual increase by up to two orders of 

magnitude to 172 (± 28) MPa in elastin, as opposed to collagen which shows a sharp increase 

at the first stage of dehydration (85% RH) to 790 (± 152) MPa, but displays no significant 

change beyond this. Similarly to the fully hydrated case, this value is low compared to available 

literature values [154, 155]. As expected, elastin has a consistently lower Young’s modulus 

than collagen, but the difference is greatest between the fully hydrated fibres, where elastin is 

approximately three orders of magnitude softer than collagen. This decreases markedly with 

dehydration until elastin is only five times less stiff than collagen in the ‘dry’ state at 21% RH. 

This emphasises the major part played by water in imparting the remarkable elastic properties 

to elastin and further, demonstrates some critical level – to my knowledge, the first time this 

has been identified – at which these properties begin to change, between 100 and 85% RH 

in collagen and below 85% RH in elastin. 

When doubling the preconditioned extension of the elastin fibres at 100 and 85% RH, a higher 

strain was required to achieve the stress originally recorded at 5% strain in the initial 

preconditioned state. At lower hydrations, no such change was observed, and the stress-strain 

profiles of either extension regime were essentially identical. This demonstrated the ability of 

the fibres to elongate and reconfigure under strain in the presence of a critical amount of water 

and was particularly marked in the case of elastin at 85% RH, which required more additional 

strain than the 100% RH incidence. A similar outcome was observed for collagen, although 

here the additional strain decreased at 85% RH. A permanent extension was conferred on 

the collagen fibres below 100% RH and elastin below 85% RH during preconditioning, and 

subsequent return to the original zero-strain position imposed a compressive force on the 

extended tissue, promoting the development of a macroscopic bend in the fibre. The curve 

of the stress-strain plots evidence the opening of this bend as the fibre gradually straightens on 

application of strain. Hence elastin suffered an apparent loss of linearity in its stress-strain 

response and the toe region of the collagen fibre disappeared. In this latter case, it may be that 
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the microscopic crimp was irreversibly straightened – and the addition of a microscope 

mounted camera to the experimental apparatus, would allow this to be unequivocally 

determined. In summary, dehydration simultaneously increases the stiffness of both fibres and 

destroys their ability to recover fully from applied strain, changing their physical nature from 

viscoelastic to plastic materials.  

This is seen even more clearly in the stress relaxation experiments, where percentage-

relaxation was gradually reduced with dehydration in collagen and removed in entirety at low 

hydration in the elastin fibres. The time-independent relaxation modulus (E0) displayed a similar 

inverse relationship with water content, to that of the Young’s modulus of the same fibres. 

However, given the time to relax, the E0 values of the collagen fibres at all hydrations and 

those of elastin at 100 and 85% RH, were slightly lower than those obtained from fits of the 

stress-strain plots (strain rate of 0.25 mm/min), further demonstrating the viscoelastic nature 

of the fibres.  

Collagen shows a double decay as reported widely in the literature [5, 59] with a fast relaxation 

component at around 20 seconds (except in the low-strain regime of the 46 and 21% RH 

fibres, where the extension was not sufficient to activate the fast element) and a longer 

component in excess of 600 seconds. Unlike the time-independent modulus, these times 

were the same – within the error – at all hydrations, suggesting that water does not govern 

the relaxation time, only the magnitude of the response. These two relaxation regimes have 

previously been attributed to collagen fibrils (fast element) and the inter-fibrillar ground 

substance (slow element), a gel consisting predominantly of proteoglycans (PG) and 

surrounding water [5]. The ground substance has been associated with fibrillar sliding, 

determined to be the primary mechanism of collagen fibre extension [57, 58], and is 

considered to play a key role in mediating the viscoelastic response of the fibres under tensile 

strain in a growing number of works [66, 67]. Considering this in light of my results, where 

only the magnitude of relaxation is altered with changes in hydration, it is suggested that water 

actually mediates the mobility of the ground substance, acting as a lubricant to maximise both 

the motion and thus the extensibility of the collagen fibre at large. Further to this, the absence 

of the fast component in the low-strain regime at low hydration, implies that mobility of the 

ground substance is so hampered, that the fibrils and the interfibrillar material are essentially 

an unbroken continuum in these conditions. The glycosaminoglycan (GAG) component of 

PGs, are highly hydrophilic molecules and are thought to be involved in controlling fibre 

hydration, maximising the presence of water [156-158]; although the opposite effect has also 
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been observed, with their removal increasing the water content of the fibres and consequently 

the percentage relaxation [66, 159], in agreement with my results. Chemical control of the 

hydration alone (PG content unaffected) in the medial collateral ligament of New Zealand 

White rabbits [160] and the human patellar tendon [161], produced similar changes to the 

percentage relaxation measured in this thesis. Given the similarity between my purely water 

related results and those considering the PG matrix specifically, it would seem likely that the 

two are correlated, perhaps even interdependent, and future investigations should be 

designed to consider both components simultaneously.  

 

The elastin stress decay is markedly different from collagen, with just a single, long exponential 

in excess of the 600 second holding time used in the experiment at 100 and 66% RH. 

However, the stress decay at 85% RH deserves particular attention. Here the fibres have a 

large relaxation – up to 80% of the peak stress within the experimental holding time – over 

50% of which is achieved rapidly within the first 15 seconds, and is best described by a triple 

decay with two fast components, approx. 4 and 30 seconds, and a long decay in excess of 

600 seconds. Despite this large percentage change, all fibres recover their initial length at rest 

and maintain a relaxation modulus in line with their Young’s modulus, suggesting that this is 

not a result of mechanical creep but rather the product of the poroelastic nature of the elastin 

fibre; perhaps a damage limiting mechanism that allows them to transmit higher stresses when 

exposed to sudden deformations, and retain the ability to recover elastically at speed with 

comparatively low hysteresis. This reinforces the concept of a critical hydration for the elastin 

fibre (~85% RH) introduced above. These properties seem ideal for the role of elastin in the 

body, suggesting that a natural hydration is closer to 85% RH than 100%RH, which is plausible 

given the presence of salts in its native environment. Physiological salts do not act directly on 

the protein, i.e. they do not bind to the elastin molecules themselves; however, they are of a 

sufficiently low molecular weight (less than 1kDa [98]) to penetrate the ~3 nm wide 

intrafibrillar pores, where they may reduce the activity of the hydration water, effectively 

dehydrating the protein and leading to an increase in internal hydrogen bonding within the 

elastin [101, 162]. This may therefore be a more accurate description of the physical working 

conditions of elastin fibres in the body and further work should focus around this hydration 

range to determine the exact critical point. 
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To my knowledge, this is the first report of relaxation times for bovine nuchal elastin fibres, 

though recent work reported similar multi-component exponential decay times in purified 

porcine aorta, where the effects of glycation were studied [163]. There was an attempt here 

to allocate the various relaxation components to the ultrastructure of the fibres, with particular 

mention of hydrogen bond rearrangement being responsible for the fast component, and 

hydrophobic hydration driven reactions responsible for the slow. However, these molecular 

level effects may be overwhelmed by macroscopic factors such as the hierarchical organisation 

of the fibres. These factors may be investigated by a MEMS, AFM or indeed a Brillouin light 

scattering approach. Weinberg et al discussed fluid flow rates within a relaxing elastin fibre in 

the presence of different osmotic fluids after the removal of applied strain, and determined 

that water returned to the fibre in two distinct phases: intrafibrillar pore spaces recovered 

water at a very fast rate, whilst the interfibrillar spaces expanded only slowly, if at all [98]. The 

porous nature of the fibres thus offers a phenomenological explanation for the macroscopic 

stress relaxation observed in the current work. Using Weinberg’s attribution, the interfibrillar 

pore relaxation represents the slow Maxwell component beyond 600 seconds, and the 

intrafibrillar pore relaxation is associated with one of the two fast components. It should be 

acknowledged that the elastin blocks were not tested for purity after digestion, so mechanical 

contributions from non-elastin remnants (possibly microfibrils [164, 165]) cannot be 

completely discounted; however, the other fast component is likely a combination of 

molecular reorganisations within the elastin structure itself, being by far the highest density of 

material present other than water. Molecular motions occur at high frequency, so these likely 

account for the most rapid component of the relaxation (<4 seconds), thus the intrafibrillar 

component is assigned to the second Maxwellian element (~30 seconds). 

The reduction in bulk water at 85% RH may promote a change in the hydration forces 

between the intra and interfibrillar pore spaces, explaining the transition from a single decay at 

100% RH to the triple decay at 85% RH, although further work in determining the rate of 

flow of water back into the relaxing pore spaces should help confirm this. It would be equally 

useful to determine how much bulk water resides in the pore spaces at hydrations below this 

critical point, though it seems that below 66% RH, hydration forces are no longer active as 

the fibres no longer relax macroscopically, suggesting also that the elastin ultrastructure is now 

in a plastic state. The allocation of relaxation times together with the suggestion of critical water 

contents may help to inform future poroelastic models of the elastin fibres. 
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Fluid flow within porous fibres such as elastin and collagen is a growing topic of interest in the 

biomechanics field, and the mediating role of proteoglycans and other ECM components are 

now being explored [166, 167], with study no longer confined to the tissues which routinely 

experience compressive forces, bone and cartilage being a common examples. Certainly, 

water is critical to the normal function of the fibrous proteins. This chapter has identified critical 

hydrations for both collagen and elastin and has attempted to build a macroscopic view of 

some of the structural changes that occur during the dehydration of the fibres. But this picture 

is limited by the macroscopic techniques employed, with sensitivity down only to the fibrillar 

scale. Below this, and in the next chapters I will deal with the micromechanics and chemical 

composition of the molecular scale.  

 

 



 

 

  

Protein Fibre Micromechanics 

4.1. Introduction 

The previous chapter explored the mechanical changes induced by dehydration in collagen 

and elastin fibres on a macro-scale. In this chapter, I move down the structural hierarchy, to 

probe the viscoelasticity of each fibrous protein at the molecular scale using Brillouin light 

scattering (BLS) spectroscopy. In addition to type-I collagen from rat tail tendon and elastin 

from bovine nuchal ligament, cartilage from equine metacarpophalangeal joint (mainly type-II 

collagen) is also analysed to compare between different collagen types. The role of the ground 

substance in the micromechanics of rat tail tendon is also considered through the analysis of 

purified, trypsin-digested type-I collagen. The role of water in these fibres and tissues is 

explored at the hydration extremes (100 and 21% RH) and the longitudinal modulus obtained 

through BLS in the GHz range is compared to the Young’s modulus measured in chapter 3 to 

assess the dual-frequency response of these samples. General features of the BLS spectra are 

outlined, together with potential applications of this emerging technique within the biomedical 

field. 
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4.2. BLS Spectra of Dried Protein Fibres 

4.2.1. Type-I Collagen Fibres 

As already mentioned (§2.4), in the 

platelet-like configuration, two peaks 

are present either side of the central 

Rayleigh line due to phonon modes 

propagating parallel to the surface of 

the fibre (PS – the lower frequency 

peak) and bulk modes propagating 

quasi-radially to the fibre axis (B – the 

higher frequency peak). Figure 4.2a 

shows the evolution of the BLS 

spectrum of a dry native collagen fibre 

as a function of the angle of rotation, 𝜃 

(figure 2.18b), where the PS mode 

probes all orientations of the acoustic 

wave relative to the fibre axis, from parallel ( = 0°; phonon wavevector qs parallel to z – 

axial) to perpendicular ( = 90°; qs orthogonal to z – radial) as shown in figure 4.1. The PS 

Figure 4.2: (a) BLS spectra in VU polarisation of air-dried type-I collagen from RTT at various angles, , to the 

fibre axis (in degrees), normalised to the height of the bulk peaks. (b) Plot of the PS peak frequency and resultant 

longitudinal acoustic wave velocity as a function of the angle-to-fibre axis , in degrees and radians respectively. 

f(x) indicates the resulting fit of equation (27) for wave propagation in a hexagonally symmetric elastic medium 

(reduced 2
 = 1.9 x 10

-4
). A sin function (fixed at 90° period) is also fitted to the data to demonstrate the 

periodicity (R
2
 = 0.994). Error bars indicate the standard errors obtained from the Levenburg-Marquardt 

nonlinear least squares fit of the Brillouin spectra.     

(a) (b) 

Figure 4.1: Diagram showing the axial (longitudinal) and radial 

(transverse) directions probed by BLS with respect to the fibrils 

– aligned along the z-axis. Note that the radial direction points 

anywhere within the xy-plane as indicated by the dashed 

circle. 
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peak of dry collagen shows a clear redshift in frequency as the phonon wavevector probes 

from an axial to a radial orientation within the fibre. This is shown in figure 4.2b where 

mechanical anisotropy of the fibre is indicated by a good sinusoidal fit. The bulk peak 

meanwhile undergoes a far smaller redshift (approx. 2% compared to 13% for the PS peak) 

upon changing , as is expected for modes that probe a quasi-radial direction throughout the 

angular scan. In fact,  only changes from 62° to 90° for  varying from 0 to 90°. This is 

highlighted in figure 4.3 where the acoustic wave velocity obtained from the PS and bulk peaks 

are plotted based on equation 24b against the angles  and  (in degrees), respectively. It can 

be seen that the angle dependency of the acoustic wave velocity is the same within the error 

for both the PS and bulk longitudinal phonon modes. The elastic coefficients and corresponding 

viscoelastic properties of the air-dried native type-I collagen fibre were extracted by fitting the 

acoustic wave velocity plotted as a function of the angle-to-fibre axis,  (in radians) to equation 

27 in figure 4.2b. Table 4.1 lists the five independent elastic constants together with the loss 

tangent, tan(), taken as the ratio of the linewidth to frequency derived from fit analysis of the 

bulk peaks. The major (13) and the second (12) Poisson’s ratios are also reported, showing 

some degree of anisotropy. Using the relationship between the bulk and PS peaks (equation 

25), the refractive index of the native air-dried collagen was found to be 1.51 (± 0.02). 

Figure 4.4a presents the angularly resolved spectra of an air-dried purified type-I collagen fibre. 

The spectra show a similar periodic change in the PS peak frequency (indicated by the good 

sinusoidal fit), whilst the VH spectra present a transverse peak (phonon) with a small blueshift 

from 0° to 90° at around 4.1 GHz. This is seen in figure 4.4b, which also shows the results of 

Figure 4.3: PS and bulk peak acoustic wave velocities of air-dried type-I collagen from RTT as a function of the 

angles  and  (see Figure 2.18a). Error bars indicate the standard errors obtained from the Levenburg-

Marquardt nonlinear least squares fit of the Brillouin spectra. 
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the fit of the acoustic wave velocities obtained from longitudinal and transverse modes as a 

function of the angle  (in radians) to equations 27 and 28. The resulting components of the 

elasticity tensor are presented in table 4.1  (square brackets). Coefficients are similar to those 

obtained in the native collagen fibres; however, a noticeable difference occurs for the 

coefficient c13 that is reflected into reversed values for the fibre’s Brillouin moduli E|| and E 

(7.2 and 7.7 GPa). This can be seen in the overlaid spectra in figure 4.5 where the bulk peak 

frequency of the air-dried trypsin digested fibre is around 0.3 GHz lower than that of the native 

fibre in the radial direction (18.43 ± 0.05 GHz and 18.65 ± 0.21 GHz, respectively). The 

Poisson’s ratios also show some differences, with a slight increase in 13, but a sizeable 

decrease in 12 (see table 4.1). A reduction is also observed in the loss tangent. Refractive index 

was similar to that of the dry native fibre at 1.49 ± 0.02. 

For both native and purified fibres, the anisotropy of elasticity (c33/c11) was equal to 1.30 (± 

0.01), a small difference compared with the literature value [80] of 1.53, plausibly related to 

differences in sample preparation. 

Figure 4.4: (a) BLS spectra at various angles, , to the fibre axis (in degrees) of air-dried trypsin digested type-I 

collagen from RTT in VH polarisation, normalised to the height of the bulk peaks. Note the small transverse peak 

visible around 4.2 GHz. (b) Plot of the PS (longitudinal) and transverse peak frequencies for the air-dried tissue 

and resultant longitudinal acoustic wave velocity as a function of the angle-to-fibre axis , in degrees and radians 

respectively. Fitting functions are as in Figure 4.2 (red line: R
2
 = 0.992; sin function: R

2
 = 0.983), with the addition 

of the resulting fit of equation (28) for transverse wave propagation in a hexagonally symmetric elastic medium 

(blue line – R
2
 = 0.36). Error bars indicate the standard errors obtained from the Levenburg-Marquardt nonlinear 

least squares fit of the Brillouin spectra. 

(a) (b) 
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4.2.2. Elastin Fibres and Bovine Nuchal Ligament 

Figure 4.6a displays the BLS spectra of air-dried elastin fibres, with PS mode around 8.2 GHz 

and the bulk mode around 16.8 GHz; no transverse modes were detected for the elastin 

samples. Both peaks redshift upon rotation from  = 0° to 90° (fig. 4.6b), although to a lesser 

extent than the collagen bands (PS peak shows a maximum change of 5% compared to 13% 

for collagen). The estimated refractive index, 1.54 ± 0.02, is similar to that previously reported 

(1.534 [112]) as well as to that of the collagen fibres above. Fit results from figure 4.6b are 

presented in table 4.1 showing lower values for the elastic tensor coefficients and mechanical 

moduli of elastin fibres than those of collagen. In addition, the anisotropy of elasticity is c33/c11 

= 1.11 ± 0.02, smaller than that of collagen fibres, demonstrating a lower degree of 

preferential orientation of the elastin fibres. The loss tangent is, however, equivalent to that of 

native collagen. Results show an isotropic Poisson’s ratio of 0.4 for elastin. 

 

The bovine nuchal ligament is composed of a roughly aligned assembly of the elastin fibres 

analysed above (see SEM figure 2.22). The lower alignment is reflected into an absence of -

dependent peak frequencies (fig. 4.6c) and hence of mechanical anisotropy (fig. 4.6d). A 

second ligament sample was studied and showed very similar data, with only a 0.2% difference 

in the peak frequency average. The observed peaks are at 7.9 (PS mode) and 16.8 GHz (bulk 

mode), and the two elastic constants c33 and c11 were derived in the cases  = 0° and 90°, 

Figure 4.5: Comparison of native and trypsin digested type-I collagen fibres. Angle resolved macro-BLS spectra 

at  = 90° in VU polarisation (black line – native collagen from RTT; grey line – trypsin purified collagen from 

RTT), normalised to the height of the bulk peaks. A difference in peak position of 0.3 GHz is observed, with the 

purified RTT fibre at a slightly lower frequency than the native fibre. 
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respectively, using the density of dry-purified elastin (table 4.1); their values fall between the 

corresponding ones of the mechanically anisotropic elastin fibres. Tan() is also similar to that 

of the elastin fibres above. The calculated refractive index is 1.51 ± 0.02, comparable to that 

of both dry collagen and elastin fibres above. 

 

4.2.3. Articular Cartilage 

Air-dried cartilage displayed a similar absence of elasticity anisotropy to the bovine nuchal 

ligament with no -dependency of the peak frequencies in two sections cut parallel to the 

articular surface, where similar peak frequencies were observed. Figure 4.7a presents an 

Figure 4.6: Comparison between bovine nuchal ligament and its constituent elastin fibres. BLS spectra in VU 

polarisation of (a) single air-dried elastin fibre and (c) bovine nuchal ligament at various angles, , to the fibre axis 

(in degrees), normalised to the height of the bulk peaks.  Associated plots (b) and (d) of the PS peak frequency 

and resultant longitudinal acoustic wave velocity as a function of the angle-to-fibre axis , in degrees and radians 

respectively. Fitting functions in (b) are as in Figure 4.2 (f(x) reduced 𝜒2
 = 0.85; sin function R

2
 = 0.74). Line 

marks the data set average. Error bars indicate the standard errors obtained from the Levenburg-Marquardt 

nonlinear least squares fit of the Brillouin spectra. 

(a) (b) 

(c) (d) 
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example of these BLS spectra, and figure 4.7b highlights the angle independence of the PS 

mode phonons and the resulting longitudinal acoustic wave velocity, with only a 0.2% 

difference between the peak positions in both sections of tissue. This correlates well with the 

observation of a homogeneous structure without preferential fibre alignment in the cartilage 

zone examined (see SEM figure 2.22d). The calculated refractive index is 1.42 ± 0.02, smaller 

than that of the other samples studied. As in the ligament measurement above, elastic 

constants c33 and c11 were derived from the spectra at  = 0° and 90°, using the density of 

wet articular cartilage [168], 1100 kg m
-3

, and are displayed in table 4.1 together with tan() 

which is larger in cartilage than in collagen and elastin above.  

 

 

4.2.4. Micro-BLS of Dried Fibres 

Figure 4.8 shows the micro-BLS spectra of elastin fibres, collagen fibres and cartilage measured 

using a micro-focused BLS setup (grey line). The spectra of the same specimens acquired 

through angle-resolved BLS measurements ( = 90° radial; from §4.2.1-4.2.3 above) are also 

presented (black line). The frequencies of the bulk modes measured by the two techniques 

are similar within the limits of spectral resolution, though notice that the micro-BLS spectra  

Figure 4.7: (a) Angularly resolved BLS spectra in VU polarisation from one sample of cartilage cut parallel to the 

articular surface, normalised to the height of the bulk peaks. (b) Plot of the PS peak frequency and resultant 

longitudinal acoustic wave velocity as a function of the arbitrary PS propagation angle , in degrees and radians 

respectively. Series 1 reflects data from the spectra in (a) whilst a second sample presented similar peak 

frequencies, well within the error at only a 0.2% difference. Lines mark the data set average for the first (red) 

and second (orange) tissue samples. Error bars indicate the standard errors obtained from the Levenburg-

Marquardt nonlinear least squares fit of the Brillouin spectra. 

(a) (b) 
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Table 4.1: Elastic tensor coefficients, elastic moduli, Poisson’s ratios and tan() of air-dried fibres and tissues. 

Collagen values in [square brackets] are for the trypsin digested fibres. E|| is the axial Brillouin modulus; E, the 

transverse or radial Brillouin modulus; G, the shear modulus and K, the bulk modulus. 

Sample 

Elastic 

Coefficients 

(GPa) 

Elastic Moduli 

(GPa) 

Poisson’s Ratios tan() 

Collagen 

c33 

18.6 (±0.1) 

[18.7 (±0.1)] 

E|| 

10.2 (±0.3) 

[7.2 (±0.2)] 

13 

0.43 (±0.01) 

[0.52 (±0.01)] 

0.063 (±0.01) 

[0.042 (±0.01)] 

c11 

14.3 (±0.1) 

[14.4 (±0.2)] 

E 

8.3 (±0.3) 

[7.7 (±0.2)] 

12 

0.32 (±0.02) 

[0.06 (±0.05)] 

 

c44 

3.2 (±0.1) 

[3.4 (±0.1)] 

G 

3.2 (±0.1) 

[3.4 (±0.1)] 

   

c12 

8.0 (±0.1) 

[7.2 (±0.2)] 

K 

10.9 (±0.5) 

[10.8 (±0.3)] 

   

c13 

9.7 (±0.2) 

[11.2 (±0.3)] 

     

Elastin 

c33 11.5 (±0.2) E|| 6.1 (±0.4) 13 0.40 (±0.02) 0.062 (±0.01) 

c11 10.4 (±0.1) E 5.3 (±0.6) 12 0.40 (±0.06)  

c44 1.9 (±0.2) G 1.9 (±0.2)    

c12 6.6 (±0.2) K 8 (±1)    

c13 6.8 (±0.3)      

Ligament 

c33 10.8 (±0.1)     0.059 (±0.01) 

c11 10.8 (±0.1)      

Cartilage 

c33 13.4 (±0.2)     0.080 (±0.01) 

c11 13.4 (±0.2)      

 



Protein Fibre Micromechanics  83 

 

 

contain no PS peak, because the measurement is performed strictly in backscattering geometry 

which only permits observation of bulk longitudinal modes (see §2.4). Interestingly, they also 

lack a small peak observed for both native and purified collagen fibres (15.3 GHz) and cartilage 

(15.2 GHz), and which appears as a shoulder to the bulk peak in the case of elastin (fig. 4.8a). 

 

4.2.4.1. Type-I vs. Type-II Collagen   

Micromechanical differences between the collagen types were assessed by comparing the 

micro-BLS spectra of native air-dried type-I collagen from rat tail tendon and a sample of 

Figure 4.8: Comparison of macro-BLS and micro-BLS spectra of (a) bovine nuchal elastin fibres, (b) native RTT 

fibres (type-I collagen) and (c) EMJ cartilage cut parallel to the articular surface (type-II collagen fibres): angle-

resolved BLS experiment with  = 90° (black line) and micro-focussed BLS (grey line). Micro-BLS spectra were 

normalised to the intensity (height) of the bulk peak in the corresponding macro-BLS spectra and were less 

intense owing to the smaller scattering volume. 

(a) 

(b) 

(c) 
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articular cartilage (sectioned perpendicular to the articular surface, with fibres running parallel 

to the section plane) which is essentially type-II collagen. Figure 4.9 shows the two spectra, 

with the collagen fibre bulk peak at 19.2 GHz and that of cartilage at 19.5 GHz. A 0.3 GHz 

difference in peak position is resolvable by the system (spectral resolution 0.1 GHz) and may 

indicate a difference in micromechanics between type-I and type-II collagens. 

 

 

4.3. BLS Spectra of Wet Fibres 

Figure 4.10 shows the polarised BLS spectra of (a) air-dried and (b) hydrated trypsin-digested 

type-I collagen and elastin fibres, and EMJ cartilage cut parallel to the articular surface, 

measured at  = 0°. Dried collagen presents PS and bulk peaks at 9.95 ± 0.04 GHz and 

18.91 ± 0.04 GHz, respectively, elastin at 8.10 ± 0.20 GHz and 16.83 ± 0.18 GHz, and 

cartilage at 9.37 ± 0.16 GHz and 19.06 ± 0.16 GHz. Water saturated samples present a 

reduction in frequency of both longitudinal phonon modes indicative of a decreased stiffness, 

which is accompanied by a spectral broadening of the PS and bulk peaks representative of a 

distribution of microscopic domains sensing slightly different mechanical properties due to 

heterogeneity in hydration. This is reflected in an increase of acoustic damping of the material. 

Wet type-I collagen and cartilage have broad peaks at 10.18 ± 0.01 GHz and 10.37 ± 0.12 

GHz related to the bulk modes (a frequency reduction of ~47% compared to the dry tissue), 

and smaller peaks at 4.81 ± 0.11 GHz and 5.01 ± 0.22 GHz related to the PS modes of the 

Figure 4.9: Comparison between type-I and type-II collagen. Micro-BLS spectra of articular cartilage, cut 

perpendicular to the articular surface (fibres running parallel to the section plane) and native RTT collagen fibre, 

normalised to the height of the bulk peak. A difference in peak position of 0.3 GHz is observed, with the cartilage 

(type-II collagen) at slightly higher frequency than the collagen fibre (type-I). 
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wet material (frequency approximately 51 and 47% lower than that of the dry samples) mixed 

with the PS mode of water (blue line). Wet elastin presents a bulk peak at 12.25 ± 0.12 GHz 

(27% lower than the dry), however, there is no apparent PS-mode in the spectrum because 

of the large tail of the elastic peak at those frequencies; the peak at ca. 7.5 GHz is instead 

attributed to the bulk water. Hydration masks the mechanical anisotropy of the fibres. This is 

seen in figure 4.11 where the PS and bulk peaks are essentially unchanged throughout the 

angularly resolved experiment. Figure 4.11b shows this for the PS peak in the case of the wet 

purified type-I collagen fibres. No transverse modes were observed in any of the wet fibres. 

The PS and bulk peaks of dry elastin are 18 and 11% lower than those of dry collagen, 

respectively, whereas the bulk peak of cartilage shows no resolvable difference with the 

purified collagen fibre in contrast to the micro-BLS results above. Elastin is the softest of the 

three materials whilst type-I collagen and cartilage are similar. The bulk peak of wet elastin is 

17% higher than that of collagen, whilst that of cartilage is similar to the purified collagen fibre 

within the spectral resolution. However, any difference in peak frequency of the hydrated 

Figure 4.10: Macro-BLS spectral comparison between trypsin purified RTT collagen, bovine nuchal elastin and 

EMJ cartilage cut parallel to the articular surface, in (a) air-dried and (b) water saturated hydration states (VU 

polarisation;  = 0°). BLS spectra of water is overlaid for comparison. All spectra are normalised to the height of 

the bulk peaks. 

(a) 

(b) 
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tissues is likely the result of small variations in water content at the point of measurement, as 

the hydration state was not precisely controlled in these experiments. 

 

4.3.1. Dehydration Kinetics of Cartilage  

It is useful to understand the time evolution of the BLS spectra of a biological tissue with 

dehydration at room temperature. Figure 4.12a presents the BLS spectra of cartilage 

undergoing dehydration over a period of around 12 hours, detailing the first hour of the 

process at 10 min intervals (spectra 1-7), and subsequently every hour after that point (spectra 

8-19). There is an increase in intensity of the peaks over time, indicating an increase in fibre 

packing as the material dehydrates. It is important to note that the bulk peaks of the dried tissue 

Figure 4.11: Demonstration of water induced mechanical isotropy. VU polarised BLS spectra at various angles, 

, to the fibre axis (in degrees) of water saturated (a) trypsin digested type-I collagen from RTT, (c) EMJ cartilage 

sample cut parallel to the articular surface and (d) elastin fibre from bovine nuchal ligament. In each case, the BLS 

spectra of water is overlaid for comparison, and all spectra are normalised to the height of the bulk peaks. (b) 

Plot of the PS-peak frequencies of wet trypsin digested RTT fibre and resultant longitudinal acoustic wave velocity 

as a function of the angle-to-fibre axis,  in degrees and radians respectively (red line marks the data set average).  

Error bars indicate the standard errors obtained from the Levenburg-Marquardt nonlinear least squares fit of 

Brillouin spectra. 

(a) (b) 

(d) (c) 
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and the peaks at ca. 15.2 GHz, are not apparent until 15 minutes after drying begins. The 

frequency of the bulk peaks then increases over the course of the experiment, until they reach 

a plateau at 19.1 GHz (fig. 4.12b), which indicates the stiffening of the material as it dehydrates. 

This is accompanied by a band narrowing (fig. 4.12c) which is indicative of a decrease in 

mechanical heterogeneity of the material, or of a reduction in acoustic damping related to the 

Figure 4.12: Hydration kinetics of BLS spectra. (a) BLS spectra in VU polarisation ( = 0°) of air-drying cartilage 

cut parallel to the articular surface measured at different times after the start of dehydration (1), until approximately 

12 hrs after initiation (19). The arrow indicates the increase in intensity of the bulk peak in the range 16-25 GHz. 

(b) and (c) Plots of frequency and linewidth derived from DHO curve-fit analysis of the bulk peak as a function of 

time.   

(a) 

(b) 

(c) 
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progressive slowdown of relaxation processes. Note that for a short time, the PS and bulk 

modes of both wet and dry cartilage coexist together, prior to the growth of the broad PS 

mode of the dry tissue which eventually dominates both peaks of the wet. This shows that 

there are distinct material phases subject to the presence of water in which the phonons 

propagate, and each Brillouin peak is representative of one of these, or indeed may contain a 

convolution of modes (in the case of the broad bands). 

 

4.3.2. Longitudinal Elastic Modulus 

Due to the spectral changes induced by water as outlined above, the elastic moduli of the 

hydrated fibres cannot be extracted using the same method applied to the dry fibres, and are 

instead obtained from a single damped harmonic oscillator (DHO) fit of the bulk peak at  = 

0°, with some approximation. Figure 4.13 presents the graphs of Brillouin shift squared 𝜈𝑏
2
, 

which directly relates to the elastic modulus, for the bulk peaks of (a) collagen and (b) elastin 

fibres in both dry and hydrated state. The corresponding Young’s moduli at five different RHs 

(from chapter 3) are also plotted for comparison. The quasi-radial modulus 𝑀, was obtained 

from the squared Brillouin frequency using the formula: 𝑀 = 𝜌(𝜆𝑖𝜈𝑏 2𝑛⁄ )2
, where 𝜆𝑖 is the 

wavelength of the incident light,  is the mass density, and 𝑛 is the refractive index of the 

protein fibre. These values are shown in table 4.2. Note that for the dry fibres, densities are 

obtained from literature, and the refractive indices are as calculated above in §4.2.1 and 4.2.2). 

Corresponding density values for the hydrated fibres were measured using a glass pycnometer 

(see §2.4.5). To estimate the refractive index of the hydrated fibres, I used the relation 𝑛 =

𝑛𝑓 − (𝑛𝑓 − 𝑛𝑤)𝑊 [169], where 𝑊 is the percentage water content (measured to be 81 (± 

3)% and 77 (± 2)% water content by wet-weight for collagen and elastin, respectively), and 

𝑛𝑓 and 𝑛𝑤 are the refractive indices of the dry fibre (see table 4.2) and water (1.33), 

respectively. 

The quasi-radial moduli of the dry fibres appear overestimated compared to the results of the 

PS peak analysis, perhaps because they rely on accurate values of the refractive index. The 

platelet-like configuration is independent of this and hence it offers the preferred approach for 

this analysis. Even so, a decrease in relative humidity (RH) clearly causes an increase in the 

longitudinal modulus of both fibres (72% for collagen and 42% for elastin), to accompany the 

increased mechanical anisotropy. 
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Table 4.2: Quasi-radial elastic moduli, M, density, , and refractive index, n, for dry and wet collagen and elastin 

fibres. 

Sample  𝑴 (GPa) 𝝆 (kg m
-3

) n 

Collagen 

Dry 15.0 (± 0.4) 1350 [80] 1.51 (± 0.02) 

Wet 4.2 (± 0.2) 1057 (± 0.2) 1.37 (± 0.04) 

Elastin 

Dry 10.4 (± 0.3) 1230 [114] 1.54 (± 0.02) 

Wet 6.0 (± 0.2) 1078 (± 12) 1.38 (± 0.03) 

 

Figure 4.13 compares the hydration dependent changes in elastic modulus of collagen and 

elastin observed by both BLS and the quasi-static uniaxial tensile testing from the previous 

chapter. A decrease in RH (upon drying) causes an increase in stiffness of both fibres 

determined by the macroscopic technique, although the behaviour is different between the 

two proteins, with elastin showing a gradual increase of stiffness with dehydration, whilst 

collagen displays a sharp change from 100% to 85% RH. Moreover, the increase in modulus 

is much more pronounced for elastin than collagen fibres (two orders of magnitude vs. three-

fold), and dehydration markedly reduces the disparity in modulus between the proteins (elastin 

is three orders of magnitude softer than collagen in the fully hydrated state, but only five times 

less stiff in the ‘dry’ state upon desiccation in air). Using BLS, I observe an increase in stiffness 

at the scale of the molecules too, although here, the elastin increase is markedly smaller at 

only 2-times, whilst collagen is similar to its macroscopic counterpart, exhibiting a 3.5-fold rise.  

 

 

(a) (b) 

Figure 4.13: Plots of the Brillouin peak frequency shift and Young’s modulus versus relative humidity for (a) type-

I collagen fibres and (b) elastin fibres. Blue symbols denote the Brillouin shift squares and red symbols the Young’s 

moduli. Error bars for the Young’s moduli (± 1 std. dev.) reflect the sample variability in stress-strain response 

between different fibres. 
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4.4. Discussion 

Brillouin light scattering spectroscopy is an emerging technique for the micromechanical testing 

of biomaterials. It measures mechanical properties in the GHz frequency range, a domain, to-

date, only very sparingly explored for natural biopolymers and it both raises and provides the 

means to answer fundamental questions about molecular mechanisms of elasticity in tissue. As 

the principal fibrous load-bearing components of the ECM, collagen and elastin are the obvious 

materials to begin the study of tissue micromechanics using this technique. The intact tendon 

from rat tail has in fact been studied before using a hexagonally symmetric elastic solid model 

to extract elastic moduli from BLS measurements [77, 80, 170]. My values showed satisfactory 

agreement with these previous studies and for the first time, the elastic constants and moduli 

of elastin (fibres and ligament) and cartilage were reported using BLS spectroscopy. 

As this is one of the first in-depth discussions of the technique in this field, it is worth highlighting 

some general features in the analysis. Clearly, there is a strong dependence of the elastic 

moduli of viscoelastic materials such as the protein fibres on the frequency of the measurement 

– the higher the frequency, the bigger the moduli [171] – for example, air-dried collagen has 

a higher modulus than elastin, which is reflected in a 1.85 GHz increase in frequency shift of 

the collagen PS peak. However, this dependence becomes particularly evident when 

comparing between moduli obtained from corresponding elasticity measurements at lower 

frequencies. Dependent on the tissue hydration, I measure between a 2 to 5 order of 

magnitude increase in the elastic moduli obtained from BLS spectroscopy, compared to the 

Young’s moduli obtained from quasi-static stress-strain testing outlined in the previous chapter. 

The hypersonic frequencies of the BLS measurement probe the adiabatic stress-strain 

response of the system, which for most materials generally result in a higher modulus than the 

isothermal response of the quasi-static measurement. In the adiabatic case, the application of 

a compressive stress induces a thermal expansion, which counteracts the applied force 

resulting in a smaller compressive strain, whilst in the isothermal case, heat is conducted away 

from the compressed volume; there is intrinsically no increase in temperature and no thermal 

expansion to act against the compressive stress, thus the strain is larger and the modulus lower 

[172]. Although this can account for a difference between the resulting moduli obtained from 

the two techniques, it likely only contributes to a few percentage points, and the major 

contributor to the orders of magnitude difference in the elastic moduli is probably the 

substantial change in probing frequency. To explain this phenomenon in detail, the complex 
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pattern of dispersions should be investigated in the whole Hz-GHz frequency region and 

related to the molecular dynamics at the different time and space scales of this heterogeneous 

material.  

I obtained a full description of elasticity using BLS to analyse the air-dried fibres, however, the 

presence of water makes obtaining the same description of hydrated fibres a challenge. Peak 

broadening and the overlapping of phonon modes makes accurate fitting of the BLS data 

difficult, and as such I am restricted at present only to extraction of the bulk peak frequency 

shift and an estimate for the quasi-radial modulus. In fact, the Brillouin band shape is a function 

of the scattering volume, the phonon wavelength and its attenuation length; three separate 

length scales that probe structure over a spatial range between the hundreds of nanometres 

to the tens of microns [143]. An individual peak therefore contains information regarding 

multiple levels of hierarchical structure, potentially highlighted in the dehydration kinetics of the 

cartilage tissue in §4.3.1 above. Deconvolving the band shape through techniques such as 

multivariate analysis, is a current topic of discussion in the BioBrillouin field. 

Hydration has a pronounced effect on the Brillouin spectrum of the fibres: the peaks appear 

red-shifted and noticeably broadened upon increase of the water content. This has the effect 

of softening the fibres, hence reducing the velocity of the acoustic wave while broadening the 

distribution of local oscillators sensing slightly different humidity environments. Interestingly this 

peak broadening is also evident in the air-dried tissues analysed above; my measurements on 

intact cartilage showed a stronger attenuation of the acoustic waves, measured by tan(), 

relative to the other materials studied here. This can be attributed to a remnant of hydration 

owing to tightly bound or interstitial water not removed by air drying, which causes a bigger 

heterogeneity in the viscoelastic behaviour of articular cartilage.  

A decrease in water content causes an increase in stiffness at both the macroscopic fibre scale 

(Young’s modulus – measured by quasi-static stress-strain tests) and at the scale of the 

molecules (hypersonic longitudinal modulus – measured by BLS); though there is a discrepancy 

in the magnitude of the changes observed by the two techniques between the hydration 

extremes of the respective fibres. Collagen exhibits a similar three-fold increase in both its 

Young’s and longitudinal moduli, whilst elastin demonstrates a two-fold increase in the latter, 

but a pronounced two orders of magnitude increase in its Young’s modulus. The organisation 

of elastin molecules to form tissue-specific fibres is much less well characterised than that of 

collagen and the molecular basis of the molecule’s unique long-range elasticity is still 
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incompletely understood. I note that the angular dependence of the BLS data was weaker and 

their values lower than those in type-I collagen. Together with the isotropic Poisson’s ratio, 

this probably reflects the less regular organisation (hence lesser mechanical anisotropy) of 

elastin microfibrils within the fibres that were examined. 

An explanation for the varied magnitude changes in elastin between the two techniques can 

be found in the different combination of bulk (K) and shear (G) moduli measured by stress-

strain and BLS experiments, illustrated in figure 4.14. Hereafter I refer to the isotropic case, 

anisotropy just changing the scalar notation to a more involved tensor notation. 

 

The Young’s modulus (E) obtained from the stress-strain response is expressed by 𝐸 =

9𝐾𝐺 (3𝐾 + 𝐺)⁄ , whilst the longitudinal modulus (M) probed by Brillouin scattering is given 

by 𝑀 = 𝐾 + 4𝐺 3⁄ . Hence, E is more sensitive than M to those large variations of the shear 

modulus (G) that are typical for the transition from liquid-like to solid-like behaviour. In fact, 

liquids do not sustain shear stress or shear waves, which correspond to G = 0 and E = 0, 

while density fluctuations and longitudinal acoustic waves can propagate in liquids with velocity 

𝑐 = (𝑀 𝜌⁄ )1 2⁄ = (𝐾 𝜌⁄ )1 2⁄
, and the Young’s modulus is thus considerably lower than the 

Brillouin modulus for a hydrated material. Passing from liquid-like to solid-like behaviour, the 

Figure 4.14: Plots of the typical behaviour of the real part of elastic moduli vs. frequency in the presence of a 

structural relaxation process. Symbols denote M: longitudinal modulus, K: bulk modulus, E: Young’s modulus, 

and G: shear modulus. Brillouin scattering probes the longitudinal modulus in the GHz range, while quasi-static 

stress-strain measurements provide the value of the Young’s modulus in the long time (sub-Hz) regime. 
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divergence of viscosity  and of the corresponding structural relaxation time  is associated 

with values of G and E that change by orders of magnitude, from zero up to a finite value, 

while the value of M only increases by the term 4𝐺 3⁄ , hence the change in the Young’s 

modulus is considerably more than the increase in Brillouin modulus when undergoing state-

changes. Such liquid-to-solid transitions correspond to the development of arrested states of 

matter, i.e. to the blocking of motions on a molecular scale, like in glass-transition phenomena. 

In the present case of wet elastin, arrested states, usually induced either by physical 

(temperature or pressure) or chemical (polymerization) changes, seem to be triggered by the 

reduction of moisture content. At room temperature, the amorphous state of elastin is known 

to be heavily dependent on the level of hydration, whilst collagen always bears long range 

order in the form of the triple helix, unless denatured above 60°C [173]. In fact, the two-

orders-of-magnitude increase of the Young’s modulus for reduction from 100% to 21% RH 

cannot be simply explained in terms of ideal mixing of elastic constants of the components. 

Rather, it may be generated either by the divergence of a molecular contribution to viscosity 

[174] – i.e. to structural relaxation time, according to the Maxwell’s viscoelasticity law 𝜂 =

𝐺∞𝜏 – or by the development of an increasing number of cross-links [175] among elastin 

fibres, or indeed, both effects. This goes some way to explaining why I observe the remarkable 

increase in the Young’s modulus in elastin, but not in collagen, given that the collagen triple-

helix already exists in an ordered state when hydrated. It would be instructive to compare BLS 

spectra with the low-frequency Raman modes of both matrix protein to clarify the effects of 

water on the structure, and vibrational and relaxational dynamics of these materials [176-178]. 

It should be noted that the longitudinal Brillouin modulus should not be interpreted as a 

Young’s modulus. However, there appears to be some correlation between the elastic moduli 

determined by the two techniques; irrespective of the scale of change, I do observe an 

increase in stiffness due to dehydration at both the molecular and macroscopic fibre level. 

Whilst such a relationship between moduli has long been established for crystalline materials, 

a definitive expression has yet to be formulated for soft matter [179], although an empirical 

log-log linear relationship between the moduli within the crystalline lens (porcine and bovine) 

[180], fibroblast cells and synthetic hydrogels [181] has been suggested. In elastin, I also 

observe that an increase in longitudinal modulus corresponds to a larger increase in Young’s 

modulus of a material, though the absence of this variation in collagen suggests that this relative 

change may be dependent on the state of the matter in question, i.e. elastin experiences the 

large increase in Young’s modulus due to its shift from an hydrated amorphous polymer into 
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a more ordered solid state upon dehydration, whereas collagen always retains its order unless 

denatured. Regardless, one of the prime aims of this thesis was to establish a potential 

functional connection between the mechanics generated at two different scales of the 

structural hierarchy in the ECM. Although, much more work needs to be done to allocate the 

precise structural contribution, these results leave open the possibility that the arrested state 

of the molecular composition upon dehydration actually leads to the stiffening of the fibres at 

higher levels, i.e. that the mechanical state of the base unit of the fibres leads to the 

macroscopic mechanical state of the tissue. 

 

The angle-dependent macro-Brillouin data, acquired averaging over a large scattering volume 

(focus diameter approx. 40 m; focal depth approx. 40 m), correspond well with the bulk 

mode micro-BLS spectra of the elastin fibres and for the cartilage (figs. 4.8a and c), indicating 

that the elasticity of both materials is homogenous over these scales in the orientation probed. 

In contrast, the collagen spectra (fig. 4.8b) show a resolvable difference that can be related to 

the elastic anisotropy of the single fibril (thickness between 100-300 nm – see SEM figure 

2.22), rather than the composite properties of the larger fibre. Recall that the resolution of the 

microfocussed approach using the 532 nm excitation light and a 0.75 NA objective, yields a 

laser spot approximately 250 nm in diameter and a phonon wavelength of approximately 200 

nm.  

A further feature highlighted by the microfocussed BLS approach can be seen in the peak ca. 

15 GHz in the overlaid macro-BLS spectra in figure 4.8. The fact that this signal is found at 

similar frequency in all three samples suggests that it possibly arises from a small remnant of 

highly hydrated fibres within the tissue. This may be an indication of the presence of tightly 

bound (interstitial [182]) water which is not removed by dehydration at room conditions. The 

micro-BLS spectra, which were acquired after macro-BLS spectra on the same samples, show 

no evidence of this peak owing to the higher spatial resolution. This reflects the ability of micro-

focussed BLS to select the contribution from a single fibre, whereas the macro-BLS approach 

collects scattered light from larger, heterogenous areas of the sample composite. In short, 

micro-BLS two-dimensional mapping enables the distribution of elastic properties of 

heterogeneous materials to be obtained. 

The peak frequency observed for type-I collagen using the microfocussed approach – 

approximately 19 GHz – is higher than the average frequency of the fibrous type-I collagen 
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rich matrix of human epithelium biopsy (ca. 18 GHz – dry sectioned tissue) analysed by micro-

Brillouin mapping [141, 183]. This indicates that other non-collagenous constituents and the 

structural organisation of the ECM contribute to making this tissue softer than the single 

collagen fibrils examined here. This is also evident in the macro-BLS approach where the 

differential mechanical properties observed between elastin fibres and the bovine nuchal 

ligament (from which they were drawn out) may reflect the role of non-elastic constituents 

and cross-linking of the fibre bundles in determining an absence of elasticity anisotropy for the 

ligament. In intact tissues, elastin is assembled on a skeleton of microfibrillar glycoproteins, and 

there is debate as to whether these microfibrils contribute directly to the mechanical properties 

of the composite elastic fibres. 

 

There has been a long-standing debate about the extent to which biochemical and structural 

differences between collagen types give rise to different mechanical properties and 

physiological functions. Type-II collagen is found only in hyaline cartilages, where it forms 

arcades of fine (submicrometre) fibrils. The macro- and microfocussed BLS approaches 

adopted here appear to suggest that the intrinsic mechanical properties of the type-II fibril are 

similar to those of type-I, the only observable difference being a small 0.3 GHz frequency 

increase of the former in the microfocussed BLS approach (fig. 4.9). This is perhaps expected 

given the similarity in triple-helical structure, although a more complete picture may result from 

a mapping approach, wherein topological patterns of elasticity at a submicrometre level can 

be identified via fibril-to-fibril comparative analysis. Moreover, such an approach would 

supplement current efforts to understand how the differentially oriented type-II collagen fibrils 

within the distinct zones of articular cartilage, contribute to its stability under compressive and 

sometimes tensile loads [65]. Until now, this has largely been the reserve of finite element 

model analysis rather than direct experimental observation [184]. The advantage of BLS as an 

optical technique in this respect, is in the potential of combining with other imaging modalities 

such as two-photon fluorescence and single harmonic generation [89], to provide 

unprecedented detail into the structure and mechanics of this dynamic composite, at multiple 

scales in vitro. 

 

A preliminary experiment allowed me to assess the controversial role of the ground substance 

in connective tissue for the first time using the macro-BLS technique, observing changes in the 
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micromechanics of a trypsin purified collagen fibre, with around 97% of all non-collagenous 

material removed [109]. The value of tan() was 33% smaller, reflecting a reduction in water 

content of the digested fibre. Negatively charged GAGs are responsible for binding a large 

component of water in tendon [185] and my results suggest that the removal of the ground 

substance does indeed reduce the level of bound water in the purified tissue. Elastic anisotropy 

(c33/c11) seems unchanged in the digested fibre, however, changes in the tensor values c12 and 

c13 reduce and homogenise the calculated longitudinal and transverse Brillouin moduli (30% 

and 7% lower, respectively), indicating that the purified fibres are less stiff than the native tissue. 

This is perhaps counterintuitive, as removal of bound water, together with the soft PG matrix, 

leaves only the stiffer fibrillar structure, which should result in a higher modulus. It is possible 

however, that the complete exchange with air of all non-collagenous material in the 

interfibrillar space of the dried fibres may be responsible, as air has a low viscosity and hence 

a lower Brillouin modulus compared to the hydrated gel matrix. Regardless, this highlights the 

role that the ground substance plays in mediating the fibre mechanics, particularly its role in 

stabilising the fibrillar structure, which is evidenced by the vastly increased anisotropy in the 

Poisson’s ratio with the ground substance removed. Although there is much conflicting 

evidence of the functional role played by the material in the extrafibrillar space, the arguments 

generally fall under two categories; that of the ground substance mediating either fibril load 

transfer, or fibril sliding. For some time, it was believed that the PG matrix was responsible for 

bridging the discontinuous fibrils as load bearing connectors within fibres [186, 187], though 

more recent work demonstrated that removal of the GAG side-chains had no noticeable 

impact on the tensile properties of tendon [156, 188-190]. The mechanical role of PGs and 

GAGs thus remains to be fully determined, although their removal is known to have a 

deleterious impact on the relaxation and recovery mechanism of the fibres [66, 191], 

suggesting that the ground substance acts more as a supporting structure in which the fibrils 

move. A recent work by Szczesny et al [192] instead posits the role of interfibrillar stress 

mediation to a range of entangled microfibrils, yet to be classified. Interestingly, the authors 

noted that removal of the ground substance reduced the transverse bulk and shear properties 

of the fibres, which may be reflected in the markedly decreased minor Poisson’s ratio (12) in 

my BLS results. It is not immediately clear from this preliminary data, whether the reduction 

in the calculated elastic modulus indicates a load bearing role of the ground substance, given 

that the elastic anisotropy remains unchanged; however, the fact that BLS could identify 

differences between the native and purified fibres warrants a far more detailed investigation. 
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I suggest a microfocussed BLS mapping approach, which has the advantage of determining the 

specific contribution of the intra- and extrafibrillar spaces to the micromechanics of the fibres 

at a previously unattainable scale in vitro, where the functional role of the fibrils can be isolated 

from the ground substance and water under different strain conditions. This would be an 

improvement on a previous attempt using AFM, which could only assess the impact of 

removing GAGs in pre-strained, post-fixed and dried fibre sections, where the invasive tissue 

processing techniques have potentially altered the mechanics of the fibre ultrastructure [67]. 

 

Brillouin scattering spectroscopy is a unique tool by which the individual components of the 

elasticity tensor of a protein fibre can be characterised in unprecedented detail. Furthermore, 

the measurements can be made on a microscopic scale and thereby will provide novel insights 

into the micro-scale mechanics of biological structures, allowing for the first time, to understand 

the mechanical, and probably functional significance of the complexities in matrix architecture 

and biochemistry which has been revealed in recent years. 

Potential modifications of the technique might involve the coupling with optical microscopy for 

microfocussed Brillouin scattering and mapping approaches [141, 143, 183] and the 

combination with complementary techniques such as Raman scattering [193, 194], which in a 

simultaneous set-up would enable the interpretation of micromechanical properties in terms 

of molecular composition; particularly relevant for fundamental studies of structure and 

function. Current applications of the technique are mainly focussed on excised biological 

materials (as here), or in vitro analysis of cells [195, 196], but important developments, e.g. in 

the spectrometer through the use of virtually imaged phase array (VIPA) etalons [197], are 

making possible the translation of this technique from the benchtop to the bedside, with a 

range of applications already demonstrated [180, 198], including in vivo. The VIPA approach 

is an alternative spectrometer – conceptually similar to a tilted Fabry-Perot etalon, but with a 

fixed mirror separation – with the distinct advantage of a faster acquisition time (down to 

milliseconds) although developments to improve contrast (the main drawback of the 

technique) are currently being made. 

BLS promises to be a major tool in fundamental biophysical research on the extracellular matrix 

and thereby to produce new insights into the evolution of mechanical properties during matrix 

growth, and their loss in pathological degeneration. It is also important to remember that the 

measurements are non-invasive and might therefore be undertaken in vivo. Indeed, this has 
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already been achieved in the cornea [198] where clinical trials are underway, and if suitable 

fibre-optic devices become available [199-201], may provide a platform for the development 

of new, routine diagnostic tools for a wide range of connective tissue disorders. 

 

Ultrasound Elastography and atomic force microscopy (AFM) are alternative methods of 

micromechanical measurement, but the BLS technique offers better spatial resolution (on a 

subcellular scale) than the former and, unlike AFM, imposes no mechanical forces on the 

specimen, and is not restricted to the analysis only of surface features. BLS can be applied to a 

wide range of problems and materials in biomedical science. It can help in answering questions 

on physiology and pathology of biological tissues, as well as provide a physical tool for the 

fundamental understanding and interactions at the molecular level. 

 

 



 

 

  

Raman Spectral Analysis of Protein Fibre 

Structure 

5.1. Introduction 

In the previous chapter, I explored the molecular mechanics of collagen and elastin fibres at 

two extremes of hydration. In this chapter, I use polarised micro-Raman measurements to 

understand the structural origins of the mechanical response observed in stress-strain testing 

of collagen and elastin fibres between 42 and 100% RH, and in a water submerged state, to 

elucidate the role of hydration water. Results are presented for the entire spectral range – 135 

to 3800 cm
-1

 – including the analysis of the low-wavenumber region (<500 cm
-1

). Strain-

induced spectral changes are highlighted and the interaction of individual bonds with water are 

discussed. A schematic diagram of the chemical structure of the collagen triple helix is provided 

in figure 5.1 as a useful reference for the bond vibrations discussed in this chapter.  
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5.2. Polarisation-resolved Micro-Raman Spectra 

5.2.1. Type-I Collagen Fibres from Rat Tail Tendon 

Figure 5.2 presents visible light micrographs of a collagen fibre crimp under increasing uniaxial 

tensile strain applied through a mechanical testing stage mounted on a Raman microscope. At 

0% strain, collagen fibrils were aligned along this repeating sinusoidal structural motif such that 

at the ‘apex’ they were approximately parallel to the fibre axis, whilst in the ‘diagonal’ region 

Figure 5.1: schematic diagram showing the chemical composition of a typical repeating Gly-Pro-Hyp collagen 

triple helix within a single collagen fibril. The tropocollagen monomer consists of three -chains, classically 

hydrogen-bonded between C=O···HN (bold lines) although improper or ‘weak’ hydrogen bonds between 

C=O···HC (dashed cyan and red lines) and water bridges (not shown) are also possible. Note that the H-bonds 

from the third  -chain () terminate on the first -chain (). The arrows denote the orientation of the polarised 

(  ) and depolarised ()  scattered light with respect to the fibrillar axis, parallel to the triple helix. C – Carbon; 

N – Nitrogen; O – Oxygen; H – Hydrogen. Adapted from: [3] 
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they were oriented at around 45° to the fibre axis. Strain was applied axially to the fibre at 5% 

increments, and the gradual opening of the crimp in the direction of applied strain was clearly 

observed in each successive frame, such that by 35%, all fibrils were aligned parallel to the 

applied strain; the crimp was removed and the fibrillar structure was completely linear. The 

strain needed for removing the crimp varied between fibres, but was consistently in excess of 

20% at all hydrations. Throughout the application of strain, the fibrils in the apex region 

remained aligned approximately along the fibre axis. 

 

 

There is an active debate in the literature over the 2D-planar and 3D-helical arrangement of 

the crimp structure in tendon which recent work has posited to be dependent on the 

Figure 5.2: representative micrographs (x50 objective lens) of a collagen fibre crimp under increasing uniaxial 

tensile strain (0-35% in 5% steps). Collagen fibrils are aligned approximately parallel to the macroscopic fibre 

axis (denoted by the arrow) at the apex and 45° to the fibre axis in the diagonal region at 0% strain. Raman 

spectra were acquired in both regions at each stage of strain application. The oval at the centre of the boxes 

represents the laser line focus. 
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physiological role of the tissue in question; with a helical arrangement associated with energy 

storing tissues and the planar-type linked to positional tendons [39]. Rat tail tendon falls under 

the latter category and thus I adopt the nomenclature of ‘apex’ and ‘diagonal’ when discussing 

the regions of the fibrillar repeating pattern. A limitation to bear in mind is that, nano-resolution 

is required to access the 3D conformation of the collagen molecule, whereas Raman 

spectroscopy is a microfocussed approach which intrinsically averages over the conformations 

at the nanoscale giving only a 2D view of the molecular structure. 

 

The strain dependent changes in the Raman spectra of native type-I collagen fibres were 

observed under controlled hydration between 42-100% RH and in fibres submerged in 

distilled water. Figure 5.3-5.5 show the mean polarised Raman spectra from the apex and 

diagonal regions of the water submerged fibres, at incremental strains during removal of the 

crimp. Key peak changes are highlighted between the polarised (  – light scattered from 

vibrational modes approximately orthogonal to the fibre axis – radial) and depolarised ( – 

light scattered from modes approximately parallel to the fibre axis – axial) spectra determined 

by the orientation of the laser polarisation with respect to the fibre axis. Figures highlighting 

these same key peaks for the intermediate hydrations may be found in the Appendix (42% 

RH – figs. A 1-A 3; 82% RH – figs. A 4-A 6; 100% RH – figs. A 7-A 9). The fingerprint region 

(650-1750 cm
-1

) showed several clear changes under increasing strain particularly for the 

Amide I band between 1530-1740 cm
-1

 (peptide C=O stretching; figure 5.3a) and the peaks 

at 1243, 1099 and 1030 cm
-1

 (respectively: Amide III, C–N stretching and phenylalanine; figure 

5.3b). Further differences were evident at 935, 920, 875, 855 and 813 cm
-1

 (C–C stretching; 

figure 5.4a). The low-wavenumber region (135-650 cm
-1

) showed changes in the bands 

centred at ~170, ~260 and ~570 cm
-1

 (figure 5.4b), whilst changes in the high-wavenumber 

region (2600-3800 cm
-1

) were observed in the peak at 2970 cm
-1

 (CH3 asymmetric stretch), 

and in the broad band between 3100-3800 cm
-1

 (mainly O–H stretching; figure 5.5). The 

latter band reflected the water content of each fibre and was found to be highly location-

dependent in the water immersed samples. 
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(a) 

(b) 

Figure 5.3: Mean polarised Raman spectra showing the (a) Amide I and (b) Amide III spectral regions, of native 

collagen fibres from rat tail tendon submerged in distilled water at a range of uniaxial tensile strains. Spectral 

changes are tracked in the diagonal (left) and apex (right) sections of the macroscopic fibre crimp as it opens under 

the applied strain (crimp fully opened at 20% strain). Averaged spectra (n≥3) are baselined and normalised to 

the intensity of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation.  Key peaks are highlighted 

between the polarised (  ) and depolarised spectra (). 

  

  

  

  
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(a) 

(b) 

Figure 5.4: Mean polarised Raman spectra showing the (a) C-C backbone and (b) LWN spectral regions, of native 

collagen fibres from rat tail tendon submerged in distilled water at a range of uniaxial tensile strains. Spectral 

changes are tracked in the diagonal (left) and apex (right) sections of the macroscopic fibre crimp as it opens under 

the applied strain (crimp fully opened at 20% strain). Averaged spectra (n≥3) are baselined and normalised to 

the intensity of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. Key peaks are highlighted 

between the polarised (  ) and depolarised spectra (). LWN depolarised spectra are plotted as susceptibility 

form. 
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5.2.1.1. Amide I band 

The amide I band at 1530-1740 cm
-1

 is attributed to the C=O stretching vibration of the 

peptide bond along the protein backbone [202], and is essentially polarised. Figure 5.6 is a 

plot of the amide I band area calculated as the integral of the polarised peak in the range 1530-

1740 cm
-1

 as a function of strain at all four hydrations. An increase was observed for the 

diagonal region of the fibre crimp, although it was only statistically significant at and above 82% 

RH (p82=0.0006; p100=0.0178; pH2O=1.5x10
-8

, ANOVA test). Increases were only minor in 

the apex region, and only significant for the 82% RH and water submerged fibres 

(p82=0.0074; pH2O=1.29x10
-5

, ANOVA test). The magnitude of the band area change was 

larger for the fully hydrated and water submerged fibres. At the full opening of the crimp, the 

spectra in the diagonal and apex region became more similar to one another. The depolarised 

Figure 5.5: Mean polarised Raman spectra showing the HWN region, of native collagen fibres from rat tail tendon 

submerged in distilled water at a range of uniaxial tensile strains. Spectral changes are tracked in the diagonal (left) 

and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain (crimp fully opened 

at 20% strain). Averaged spectra (n≥3) are normalised to the intensity of the CH-band (2800-3040 cm
-1

). 

Shading denotes the standard deviation. Key peaks are highlighted between the polarised (  ) and depolarised 

spectra (). 

  

  
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spectra in the amide I region (figs. 5.3a, A.1a, A.4a & A.7a) show fringes due to a coupling 

effect between the polariser, the analyser and the 600 l/mm diffraction grating. 

 

 

5.2.1.2. C–N stretching bands 

Figure 5.7a and 5.7b show the percentage change in the intensity of the polarised and 

depolarised peaks at 1243 and 1099 cm
-1

, as a function of strain at all four hydrations. The 

former region is associated with the Amide III group in the protein backbone, a combination 

of the C–N stretching vibration, N–H bending and CH2 wagging, whilst the latter is associated 

with the C–N stretching vibration of the protein backbone alone [202]. Both bands are 

essentially polarised (figs. 5.3b, A.1b, A.4b & A.7b). Intensity changes in the peak at 1243 cm
-

1

 were observed in the diagonal region of the 100% RH and water-submerged fibres, although 

only the increase in the peak area of the polarised spectra of the latter was statistically significant 

(pH2O=3.60x10
-6

, ANOVA test), whilst a decrease approximately twice as large in the 

corresponding depolarised spectra was apparent in at both hydrations (p100=0.0009; 

pH2O=6.85x10
-6

, ANOVA test). No changes were observed in this region in the dehydrated 

fibres; however, the polarised spectra of the apex region exhibited decreases for the 42 and 

82% RH fibres (p42=0.0042; p82=0.0037, ANOVA test), with no significant changes at higher 

hydrations. The peak showed no strain dependence in the depolarised spectra of the apex 

region at any hydration. Intensity increases in the 1099 cm
-1

 peak were observed in the 

Figure 5.6: plots of the percentage change with increasing uniaxial tensile strain in the area of the Amide I band of 

the polarised (  ) spectra of collagen fibres from rat tail tendon at a range of hydrations. Spectral changes are 

tracked in the diagonal (left) and apex (right) sections of the macroscopic fibre crimp as it opens under the applied 

strain. Data points are presented as an average of at least two analysed spectra, normalised to the mean area of 

the CH2 band (1435-1500 cm
-1

) ± uncertainty from error propagation.  
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(a) 

(b) 

Figure 5.7: plots of the percentage change with increasing uniaxial tensile strain in the area of peaks associated 

with C-N bond stretching in the protein backbone; (a) 1243 cm
-1

 and (b) 1099 cm
-1

 of the polarised (  ) and 

depolarised () spectra of collagen fibres from rat tail tendon at a range of hydrations. Spectral changes are tracked 

in the diagonal (left) and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain. 

Data points are presented as an average of at least two analysed spectra, normalised to the mean area of the 

CH2 band (1435-1500 cm
-1

) ± uncertainty from error propagation. 
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polarised spectra from the diagonal region, though only the 100% RH and water submerged 

fibres were statistically significant (p100=0.0481; pH2O=2.29x10
-7

, ANOVA test); no 

corresponding decrease occurred in the depolarised band. No clear pattern of changes was 

established between the intensity of the 1099 cm
-1

 peak and strain in either the polarised or 

depolarised spectra of the apex region. The diagonal and apex spectra of both peaks were 

similar at the point of full crimp opening across the hydration range. 

 

5.2.1.3. Phenylalanine band 

The band centred at 1030 cm
-1

 is attributed to the side-chain of the amino acid phenylalanine 

(Phe) [202], and manifested in the polarised spectra as a sharp peak, whilst in the depolarised 

spectrum it presented only as a small shoulder (figs. 5.3b, A.1b, A.4b & A.7b). Figure 5.8 

shows the percentage change in the peak area for the polarised and depolarised spectra, as a 

Figure 5.8: plots of the percentage change with increasing uniaxial tensile strain in the area of the peak at 1030 

cm
-1

 associated with phenylalanine, in the polarised (  ) and depolarised () spectra of collagen fibres from rat 

tail tendon at a range of hydrations. Spectral changes are tracked in the diagonal (left) and apex (right) sections of 

the macroscopic fibre crimp as it opens under the applied strain. Data points are presented as an average of at 

least two analysed spectra, normalised to the mean area of the CH2 band (1435-1500 cm
-1

) ± uncertainty from 

error propagation. 
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function of strain at all four hydrations in the diagonal and apex regions of the fibre crimp. 

Significant changes were confined to the diagonal region, with corresponding increases and 

decreases in the polarised and depolarised spectra, respectively, of the 42% RH, 100% RH, 

and water submerged fibres (polarised: p42=0.0442; p100=0.0324; pH2O=3.33x10
-7

, 

depolarised: p42=0.0084; p100=0.0066; pH2O=0.002, ANOVA test). The magnitude of 

change was lower in the dehydrated fibre. In all polarisations and crimp regions, there was 

considerable uncertainty attached to the area of the 1030 cm
-1

 peak at 82% RH and a 

relationship between strain and intensity could not be determined. When the crimp was fully 

opened, the diagonal and apex spectra at all hydrations were similar to one another. 

 

5.2.1.4. C–C stretching band 

There was a consistent pattern of changes in the peaks at 813, 855, 874, 920 and 935 cm
-1

, 

which are all associated with stretching of the C–C bonds in the peptide main chain and the 

proline ring [202]. They presented as sharp peaks in both the polarised and depolarised 

spectra, but had a higher intensity in the former (figs. 5.4a, A.2, A.5 & A.8). Percentage changes 

in peak area with hydration and strain were similar for all five peaks, and figure 5.9 shows 

representative results for 935 cm
-1

 as a function of strain at all four hydrations. The most 

consistent changes were observed in the peaks of the depolarised spectra, with marked 

decreases in the diagonal region; these were of a greater magnitude in the fully hydrated fibres 

than the dehydrated (p42=0.0167; p82=8.273x10
-8

; p100=0.0024; pH2O=1.32x10
-7

, ANOVA 

test). Decreases at the apex occurred only at 82% RH (p82=0.0004, ANOVA test); with 

approximately the same magnitude as its diagonal counterpart. Changes in the polarised 

spectra from both regions were only minor in comparison to those exhibited in the 

depolarised spectra, but displayed a decrease in peak area of the 82% RH fibre in the diagonal 

region (p82=0.0026, ANOVA test) and both the 42 and 82% RH fibres in the apex region 

(p42=0.0165; p82=0.0029, ANOVA test). There was no change in the polarised spectra of 

the 100% RH fibres and an inconsistent pattern for the water submerged fibres, with an 

increase in peak area in the diagonal region (p100=2.89x10
-5

, ANOVA test) and no change at 

the apex. In all cases, the spectra in the respective regions became similar upon full opening 

of the crimp. 



110    

 

 

 

5.2.1.5. Low-Wavenumber Region 

The spectral region below 650 cm
-1

 (fig. 5.4b, A.2, A.5 & A.8) is affected by the tail of the laser 

line – the elastic peak at zero Raman shift – and so required a baseline subtraction to assess 

the peaks therein (see §2.3.4). The polarisation resolved micro-Raman spectrum of type-I 

collagen has, to my knowledge, never been previously observed in this low-wavenumber 

region, and so the peak attributions will be discussed later. Figure 5.10a, 5.10b and 5.11 

respectively show the percentage change in the area of the band centred at ~170 cm
-1

, the 

band between 184-280 cm
-1 

(maximum at ~260 cm
-1

) and the peak centred at ~570 cm
-1

 

as a function of strain at all four hydrations – the apparent changes in the peak centred around 

530 cm
-1

 were due to the changes in the neighbouring 570 cm
-1

 peak. The first of these bands 

(170 cm
-1

) was visible only in the polarised spectra with the exception of the water submerged 

fibres, where the depolarised spectra also showed a small band, although independent of 

Figure 5.9: plots of the percentage change with increasing uniaxial tensile strain in the area of the peak at 935 cm
-

1
, associated with C-C bond stretching in the protein backbone of the polarised (  ) and depolarised () spectra 

of collagen fibres from rat tail tendon at a range of hydrations. Spectral changes are tracked in the diagonal (left) 

and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain. Data points are 

presented as an average of at least two analysed spectra, normalised to the mean area of the CH2 band (1435-

1500 cm
-1

) ± uncertainty from error propagation. 
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strain. The area of the polarised peak increased markedly with strain in the diagonal region at 

all hydrations except 82% RH (p42=0.0126; p100=0.0099; pH2O=3.09x10
-10

, ANOVA test), 

and showed no significant change at the apex of the crimp except in the water submerged 

fibre (pH2O=6.55x10
-9

, ANOVA test) where an increase similar to the diagonal region was 

observed. The broad band centred around 260 cm
-1

 was observed at all fibre hydrations 

except in the water submerged state and was most prominent in the depolarised spectra; it 

contributed to the shoulder of the larger peak at 300 cm
-1

 of the polarised spectra, but strain 

dependent changes were only evident in the depolarised spectra. Here, similar increases in 

the band areas were observed at 42 and 82% RH; the former in the diagonal region only 

(p42=0.0113, ANOVA test), and the latter in both the diagonal and apex regions of the crimp 

(diagonal: p82=0.001, apex: p82=7.16x10
-6

 ANOVA test) (fig. 5.10b). No significant change 

was observed at 100% RH. The peak centred around 570 cm
-1

 was visible in both the 

polarised and depolarised spectra, although more strongly in the former. Significant intensity 

(a) 

(b) 

Figure 5.10: plots of the percentage change with increasing uniaxial tensile strain in the area of the LWN Raman 

spectral bands centred at (a) ~170 cm
-1

 and (b) ~260 cm
-1

 for collagen fibres from rat tail tendon in the polarised 

(  ) and depolarised () spectra respectively, at a range of hydrations. Spectral changes are tracked in the diagonal 

(left) and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain. Data points are 

presented as an average of at least two analysed spectra, normalised to the mean area of the CH2 band (1435-

1500 cm
-1

) ± uncertainty from error propagation. 
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increases were observed only in the peak of the polarised spectra in the diagonal region of the 

highly hydrated fibres (p100=0.0018; pH2O=1.63x10
-11

, ANOVA test), with the exception of 

the water submerged fibre, where a small increase was also observed in the polarised spectra 

of the apex region (pH2O=1.75x10
-5

, ANOVA test) (fig. 5.11). The magnitude of the peak 

changes was larger in the fully hydrated fibres than in the dehydrated ones. At all hydrations, 

when the crimp was fully opened, the spectra in the low-wavenumber region of the diagonal 

and apex became the same. 

 

 

5.2.1.6.  High-Wavenumber Region 

Figure 5.12 shows the percentage change in the area of the depolarised peak at 2970 cm
-1

, in 

the diagonal and apex region of the fibre crimp as a function of strain at all four hydrations. This 

Figure 5.11: plots of the percentage change with increasing uniaxial tensile strain in the area of the band centred 

at ~570 cm
-1

, attributed to amide VI in the protein backbone of the polarised (  ) and depolarised () spectra 

of collagen fibres from rat tail tendon at a range of hydrations. Spectral changes are tracked in the diagonal (left) 

and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain. Data points are 

presented as an average of at least two analysed spectra, normalised to the mean area of the CH2 band (1435-

1500 cm
-1

) ± uncertainty from error propagation. 
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peak is associated with the asymmetric stretching of the methyl group (CH3) [202] and was 

visible as a strain-independent shoulder of the CH stretching band in the polarised spectra, but 

presented a distinctive peak in the depolarised band that significantly increased upon the 

application of strain (figs. 5.5, A 3, A 6 & A 9) at 42% RH, 82% RH and in the water submerged 

state (p42=0.0028; p82=6.11x10
-6

; pH2O=9.37x10
-6

, ANOVA test). This change was similar, 

for each of these hydrations in the diagonal region, but there was no significant change at the 

apex. When fully opened, the spectra from the two regions of the crimp were similar.    

Strain dependent changes in the 3100-3800 cm
-1

 band, which is mainly associated with the 

O–H stretching of water [75], were observed only in the water submerged fibre (fig. 5.5), 

where an increase of 36 (± 4)% in the diagonal region and 21 (± 6)% in the apex region, 

marked the spectral change from the unstrained to the fully opened crimp. This band showed 

no strain dependence at the lower hydrations (figs. A 3, A 6 & A 9).  

 

5.2.2. Elastin Fibres from Bovine Nuchal Ligament  

The strain dependent changes in the Raman spectra of elastin from bovine nuchal ligament, 

were observed under the same controlled hydration conditions as the collagen fibres above. 

The highly hydrated fibres were capable of extending recoverably in excess of 80% their rest 

lengths (maximum possible strain for the uniaxial testing stage), whilst the brittle, air-dried fibres 

Figure 5.12: plots of the percentage change with increasing uniaxial tensile strain in the area of the band centred 

around 2970 cm
-1

 (ass CH3) of the depolarised () spectra of collagen fibres from rat tail tendon at a range of 

hydrations. Spectral changes are tracked in the diagonal (left) and apex (right) sections of the macroscopic fibre 

crimp as it opens under the applied strain. Data points are presented as an average of at least two analysed 

spectra, normalised to the mean area of the CH-band (2815-2940 cm
-1

) ± uncertainty from error propagation. 
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broke repeatedly at around 12% strain. Figure 5.13 presents micrographs of a representative 

elastin fibre bundle in the fully hydrated state, under increasing uniaxial tensile strain during the 

micro-Raman experiments. Strain was applied axially in 10% increments and, at all stages, the 

individual fibres remained aligned approximately parallel to one another along the axis of the 

bundle. The stretch is clearly visible in each successive frame, and is accompanied by a radial 

constriction of the fibre. Raman spectra were acquired as an average of points (n≥3) in two 

distinct groups, with a line scan running radially to the axis of the bundle over approximately 

four individual elastin fibres, and a separate scan along the axis of a single fibre. At each strain, 

irrespective of hydration, the mean spectra from these two groups were found to be identical 

to one another. Moreover, no spectral changes were observed as a result of the increased 

Figure 5.13:  micrographs showing a 100% RH elastin fibre bundle under increasing uniaxial tensile strain (0-80% 

in 20% steps). Individual fibres are aligned approximately parallel to one another running horizontally left to right, 

along the axis of the fibre bundle (denoted by the arrow). Raman spectra were acquired over multiple spots 

(shown by the white crosshair) in two lines: vertically – scanning over approx. four individual elastin fibres (each 

~5 m diameter) and horizontally – acquiring spectra from a single fibre, at each stage of strain application. ROI 

lies along the axis at the centre of the suspended fibre bundle. The oval represents the size of the laser line. 
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strain, as evidenced in figure 5.14 and 5.15, which show the mean polarised and depolarised 

Raman spectra from the horizontal scan of the water submerged fibres at incremental strains.  

(a) 

(b) 

Figure 5.14: Mean polarised (  ) and susceptibility corrected depolarised () Raman spectra comparing the (a) 

989-1750 cm
-1

 and (b) 135-989 cm
-1

 spectral regions of elastin fibres from bovine nuchal ligament submerged 

in distilled water, at a range of uniaxial tensile strains. Each spectrum is an average of at least two points, baselined 

and normalised to the intensity of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. LWN 

depolarised spectra are plotted as susceptibility form. 
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Figures showing the strain independence of the spectra for the remaining hydrations may be 

found in the appendix (42% RH – figs. A.10-A.11; 100% RH – figs. A.12-A.13).  As with the 

collagen fibres above, the broad band between 3100-3800 cm
-1

, reflecting the amount of 

water in at each focal point, was found to be highly location dependent in the water submerged 

samples. The mean spectra presented in figure 5.14 and 5.15 are averaged from the points 

with the most comparable water content. No such variation was present at the other 

hydrations. 

 

 

5.3. Hydration Dependence of the Polarised Micro-

Raman Spectra 

Figure 5.16 shows the amide I band from the polarised spectra of both collagen and elastin 

fibres between 42 and 100% RH and in their water submerged state. Due to their strain 

Figure 5.15: Mean polarised (  ) and susceptibility corrected depolarised () Raman spectra showing the HWN 

region of elastin fibres from bovine nuchal ligament submerged in distilled water at minimum and maximum 

uniaxial tensile strains. Each spectrum is an average of at least two points, baselined and normalised to the intensity 

of the CH-band (2800-3040 cm
-1

). Shading denotes the standard deviation. 
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independence, elastin spectra are presented in these figures as an average over all strains at a 

given hydration, whilst collagen is represented by spectra from the apex region at the full 

crimp-removal strain. In both cases, the fibrillar and individual fibre components are aligned 

parallel to the macroscopic fibre axis, so that direct structural comparisons can be made. Both 

protein fibres exhibited hydration dependence in the amide I band. The dehydration of 

collagen resulted in a gradual reduction in intensity of the amide I band below the water 

submerged state with a significant decrease of approximately 6 (± 2)% and 12 (± 3)% at 82 

and 42% RH, respectively (p=0.0007, ANOVA test). Conversely, elastin showed a significant 

increase in band area of up to 10 (± 2)% from the water submerged state to the ‘dry’ state 

at 42% RH (p=5.76x10
-5

, ANOVA test). Moreover, there were clear band shape changes 

associated with the removal of water in the amide I of elastin, whereas the band shape of 

collagen did not change. 

 

 

Hydration dependent changes were also observed in the low-wavenumber region of both 

protein fibres as shown in figure 5.17. In collagen, the band centred at approximately 170 cm
-

1

 and the peak at around 570 cm
-1

 in the polarised spectra, both decreased gradually in intensity 

with dehydration; the former (not present in the depolarised spectra) was significant at and 

below 82% RH (p=8.95x10
-8

, ANOVA test) reaching a low of 64 (± 3)% the water 

submerged band area in the ‘dry’ state at 42% RH, and the latter, also significant at and below 

82% RH (p=0.0001, ANOVA test) by 32 (± 3)% to the ‘dry’ state. No clear pattern of 

change was established in the depolarised peak at 570 cm
-1

. A broad band centred at around 

Figure 5.16: Mean polarised (  ) Raman spectra comparing the hydration dependence of the amide I band of 

collagen (n≥2) and elastin fibres (n≥15) between 42-100% RH and in the water submerged state. Spectra are 

baselined and normalised to the intensity of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. 
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260 cm
-1

 was observed in the depolarised spectra of both collagen and elastin at hydrations 

between 42 and 100% RH. The band was not present in the water submerged spectra of 

either fibre. Dehydration from 100% RH was associated with a significant (p=0.035, ANOVA 

test) increase in band area of 82 (± 30)% in the 42% RH collagen fibres, whilst elastin showed 

around a 34 (± 17)% increase to the same ‘dry’ state. This was the only hydration-dependent 

peak in the low-wavenumber region of the elastin spectra; however, this band was also 

present in the polarised spectra (unlike in collagen) and was the dominant feature of this 

spectral region. Although the intensity was variable point-to-point in the highly hydrated fibres, 

a significant (p=4.44x10
-10

, ANOVA test) gradual increase in band area by approximately 25 

and 50% was observed with dehydration to the 100 and 42% RH states, respectively. 

 

In the high-wavenumber region, the broad band associated with water (3100-3800 cm
-1

) 

exhibited similar changes during dehydration of both protein fibres. Figure 5.18 shows that a 

Figure 5.17: Mean polarised (  ) and susceptibility corrected depolarised () Raman spectra comparing the 

hydration dependence of the LWN region (135-630 cm
-1

) of collagen (n≥2) and elastin fibres (n≥15) between 

42-100% RH and in the water submerged state. Spectra are baselined and normalised to the intensity of the 

CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. Key peaks are highlighted between the polarised 

(  ) and depolarised spectra (). Depolarised spectra are plotted as susceptibility form. 
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marked reduction in the band area of between 70-80%, occurred in the polarised and 

depolarised spectra between the water submerged fibres and those suspended at 100% RH. 

Further dehydration led to smaller gradual reductions such that at 42% RH the band was 

between 85-90% its initial intensity. 

 

 

5.4. Discussion 

The micro-Raman spectra presented above are consistent with the literature on type-I 

collagen from rat tail tendon [75, 203] and elastin from bovine nuchal ligament [106], and all 

the major peaks are reliably reproduced here. However, this is to my knowledge the first 

report of the low-wavenumber region for these protein fibres, so peak attributions are 

discussed in light of changes with hydration and strain. 

Figure 5.18: Mean polarised (  ) and susceptibility corrected depolarised () Raman spectra comparing the 

hydration dependence of the HWN region (2600-3800 cm
-1

) of left: collagen (n≥2) and right: elastin fibres 

(n≥15) between 42-100% RH and in the water submerged state. Spectra are normalised to the intensity of the 

CH-band (2800-3040 cm
-1

). Shading denotes the standard deviation. 
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For type-I collagen, polarisation sensitivity of the Raman spectra has previously been reported 

in the amide I (C=O), amide III (mixture of C–N stretching, N–H bonding and CH2 wagging) 

and C–C stretching bands (800-1000 cm
-1

) [204, 205]. I also observe a strain dependence in 

these peaks, although my results suggest that the changes observed in the amide III band are 

associated mainly with the peak at 1243 cm
-1

 rather than at 1271 cm
-1

 as was previously 

suggested. In addition, I also observe previously unremarked changes with strain in the peak 

at 1099 cm
-1

, attributed to the C–N stretching, and in the phenylalanine peak at 1030 cm
-1

. 

The polarisation sensitivity of the 2970 cm
-1

 peak associated with the methyl C–H stretching, 

was also observed here for the first time. 

The notation used in this work of ‘polarised’ and ‘depolarised’ spectra, describes the plane of 

the electric field of the scattered light with respect to that of the incident laser; thus the 

polarised spectrum refers to scattered light in a plane parallel to the laser polarisation, and 

depolarised spectrum to scattered light in a plane orthogonal to the laser polarisation. The axis 

of the fibre suspended in the humidity chamber is orthogonal to the plane of polarisation of 

the laser. Therefore, an increase in the intensity of bands in the polarised spectra and or a 

decrease in the depolarised, would reflect a reorientation of the relevant mode’s coordinate 

radially to the fibre, and vice versa, a decrease in the polarised and increase in the depolarised 

spectra, correspond to a reorientation towards the fibre axis. At all hydrations upon application 

of strain, the white light images of the collagen fibre crimps show that the primary straightening 

of the fibrils occurs within the diagonal region, whilst the apex remains essentially unchanged. 

This is reflected in the amide I band of the polarised spectra, where an increase in band 

intensity with increasing strain is observed predominantly in the diagonal region, consistent 

with the C=O bond becoming increasingly radially aligned (orthogonal to the fibre axis) in this 

area. Any variations in the spectra from the apex region are small, as they reflect the essentially 

unchanged orientation of the fibrils relative to the axis during the tensile testing. The 

straightening of the fibrils is further indicated by the similarity between spectra from the 

diagonal and apex regions upon the full removal of the crimp, indicating a complete alignment 

of the fibrils along the fibre axis. This is consistent with a previous work that utilised the amide 

I band to map fibrillar orientation within a collagen crimp [68, 206]; made possible due to the 

preferential orientation of the carbonyl bond, which is uniquely aligned orthogonal to the 

backbone of the repeating Gly-X-Y unit of the collagen triple helix, and thus is perpendicular 

to the fibril axis. 
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The magnitude of the changes in the amide I band appears to be smaller in the lower RH 

fibres (42 and 82% RH). This is plausibly attributed to differences in the frequency of the 

sinusoidal crimp and consequently the crimp angle – the initial angle-to-fibre axis of the collagen 

fibrils within the diagonal region – which was not controlled between fibres and hydrations in 

these experiments, but now raises an important concern about how water affects the 

periodicity of the crimp in collagen. Given the smaller magnitude of the change in band area, 

the data suggests that the dehydrated fibre has a lower crimp frequency i.e. that the diagonal 

fibrillar component is initially aligned closer to the fibre axis than in the hydrated fibres. Collagen 

fibres are known to shrink when dehydrated, producing remarkable passive contractile forces 

in the process [69]. If held at a fixed length (as during the RH equilibration in this experiment), 

the build-up of uniaxial tensile forces could reduce the angle-to-fibre axis. Data on crimp 

frequency, angle and crimp-removal-strain, together with an assessment of the scale of 

macroscopic fibre shrinkage – all as a function of hydration – are lacking in the literature, and 

should be explored as an extension to my work here. However, given that the crimp opens 

fully at all hydrations, my results suggest that water does not play a functional role in the 

opening of the crimp, though it may be instrumental in determining the crimp angle and 

frequency and thus may be a functional part of fibre relaxation (see below).  

 

Due to its unique alignment orthogonal to the triple helical axis, the carbonyl bond is useful for 

determining fibrillar alignment within the microscopic crimp. The other polarisation sensitive 

peaks in the fingerprint region are more complex, as they either constitute a combination of 

vibrational modes, or have multiple incidences in different planes within the triple helical 

structure, making it difficult to isolate the specific contribution of any one particular bond. The 

C–N bond lies along the main chain of the peptide backbone, present in both glycine (Gly) 

and proline (Pro) residues of the Gly-X-Y repeating unit, though due to the pitch of the triple 

helix, this stretching vibration is oriented at various angles along the axis of the monomer. 

Comparing the intensity of the polarised and depolarised peaks at 1099 cm
-1

, the data suggest 

the C–N bond is more closely aligned perpendicular to the fibril axis, and indeed as the crimp 

opens, the polarised peak increases in intensity exclusively in the diagonal region at all 

hydrations. With no clear change at the apex, this bond appears to maintain a constant 

orientation with respect to the fibril, suggesting similarly to the carbonyl bond, that its 

conformation within the triple helix is unaltered by macroscopic strain.  
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The amide III band of the highly hydrated fibres (100% RH and water submerged) behaved 

similarly to the amide I band, with intensity changes confined to the diagonal region of the 

crimp, consistent with the vibrational mode being radially aligned within the fibril, in agreement 

with Janko et al [204]. However, the amide III response was markedly different in the 

dehydrated fibres (42 and 82% RH). Here no change was evident within the diagonal region, 

but the band in the polarised spectra decreased in intensity at the apex of the crimp, consistent 

with a reorientation of the vibrational mode towards the fibrillar axis. This is interesting given 

that the fibrils in the apex remain essentially parallel to the axis of the fibre, and therefore 

implies that the triple helix is undergoing some structural reconfiguration with increasing 

macroscopic strain. This may explain the absence of a peak intensity change in the diagonal 

region at these hydrations, i.e. if the reorientation of the bond within the collagen monomer 

occurs throughout the length of a fibril it could plausibly cancel out its relative rotation with 

respect to the fibril in the straightening section. Thus the data suggest that dehydration results 

in a strain induced reorientation of the amide III mode within the triple helix, which otherwise 

maintains a fixed angle with respect to the fibril in the presence of higher levels of water. 

The reduction in depolarised band intensity of the C–C bond vibration (800-1000 cm
-1

) in the 

diagonal region, is the most prominent spectral change caused by the application of 

macroscopic strain at all hydrations. However, smaller reductions were also observed in the 

polarised spectra of the dehydrated fibres in this region. These changes are opposite to one 

another, as the reduction in the depolarised intensity reflects a strong reorientation of the bond 

vibration away from the fibre axis, whilst the polarised decrease suggests a smaller 

reorientation towards the axis. Moreover, decreases similar to those observed in the diagonal 

region were seen at the apex of the dehydrated fibres. This likely reflects the multiple 

conformations of the C–C bond along the peptide main chain in the Gly residues and in the 

pyrrolidine rings of the Pro and hydroxyproline (Hyp) residues, indicating how challenging it is 

to attribute these changes to specific structural motifs. Given the magnitude of the change in 

the depolarised spectra of the diagonal region, it seems likely that the primary orientation of 

the C–C stretching vibrations is in a plane orthogonal to the fibrillar axis, and that the 

predominant spectral change results simply from the straightening of the fibrils in the crimp. 

However, as with the amide III band, the changes in the apex region of the dehydrated fibres 

possibly reflect subtle, strain induced structural changes within the triple helix, associated with 

the reduction in water content. 
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The triple helix is stabilised by maximising the number of hydrogen bonds (H-bonds) between 

the three -chains. Direct interchain H-bonding is achieved principally through the strong H-

bond between the carboxyl oxygen of the residue in the X-position in one chain (usually Pro), 

and the hydrogen of the Gly amide bond of the neighbouring peptide chain. A further two 

‘improper’ direct H-bonds are formed between: 1) the two hydrogens of a Gly residue in one 

chain and the carboxyl oxygen of a Gly residue in the neighbouring chain; and 2) the hydrogen 

in the Y-position of one chain and the carboxyl oxygen of the residue at the X-position (Pro) 

of the neighbouring chain. A mediating system of helical ‘water bridges’ also provides a system 

of H-bonding options, though the precise constitution of these bridges is highly chain 

dependent [207, 208] and can consist of multiple water molecules [3, 10, 209, 210]. 

The low-wavenumber spectrum of collagen contains a band centred at around 170 cm
-1

, 

which has previously been associated with the stretching mode of intermolecular H-bonding 

of water (O···H) [211]. The band is highly directional, being present only in the polarised 

spectra of the fibres in both the diagonal and apex regions of the microscopic crimp, 

experiencing an increase in the former as the crimp opens (no change at apex), suggesting it is 

aligned exclusively orthogonal to the fibrillar axis. This is consistent with the H-bonds that 

constitute the water bridges found both within the collagen triple helix (inter-chain bonds – 

introduced above) and in those separating individual tropocollagen monomers (inter-protein 

bonds). The band intensity decreases markedly with dehydration, suggesting that the number 

of water bridges reduces as the ambient humidity drops. Two-thirds of this reduction occurs 

between the water submerged and 100% RH states, and overall the peak reduces by around 

65% to the ‘dry’ state at 42% RH. However, the band is not totally extinguished, suggesting 

that even at low-RH, water bridges are still present, whilst bulk water has been almost entirely 

removed – indicated by a 90% reduction in the broad OH band in the high-wavenumber 

region, of which the largest drop also occurs when the fibre is removed from aqueous 

medium. An absence of hydration dependence in the hydrophobic side-chains (phenylalanine 

and the methyl group – see below), suggests that bound water inside the triple helix remains 

unchanged by desiccation to 42% RH; therefore, it seems likely that the changes observed 

here in the 170 cm
-1

 band are associated primarily with water bridges of the inter-protein 

phase. 

There are conflicting discussions in the literature regarding how individual collagen monomers 

associate laterally with one another. One work concludes that interaction is predominantly 

through direct bonding of side-chain molecules in the overlap region of the D-period, with a 



124    

 

 

smaller percentage of water bridges linking opposing triple helices [212]; but most works 

conclude that interaction is mediated by the water bridges alone [10, 182, 213]. My data 

suggests that the number of water-mediated H-bonds between the tropocollagen monomers 

decreases when the RH decreases. This condenses the space between adjacent triple helices 

[214] (increased packing – as demonstrated by the increased peak intensity in the BLS spectra 

of the dried fibres §4.3), and is likely the primary cause of the reduced fibril diameter reported 

in the literature [69, 71]. In fact, the reduced separation between triple helices, makes the 

shorter range, direct backbone-backbone H-bonds between charged groups in neighbouring 

peptide trimers, more likely [215]. Such bonds are plausibly stronger or more numerous than 

the water-mediated interactions [216-218] and would correspond well with the increased 

stiffness that I observe in the BLS data in chapter 4, and indeed the biphasic increase in 

hypersonic velocity observed in the dehydrating fibre by Cusack and Lees [170]. This also well 

explains the reduction in monomer sliding predicted by Gautieri et al [73], showing the 

potential for the transfer of strain to the triple helix in the dehydrated state. 

The broad band centred at around 260 cm
-1

 in the depolarised spectrum, lies in a spectral 

region associated with backbone torsions and the deformation of helical structures [219-222]; 

it is not present in the water submerged spectra, but grows gradually with dehydration. I 

postulate that the presence of bulk water increases the mobility of the H-bonded water bridges 

in the hydration water surrounding the triple helix, and in-turn, promotes a higher 

conformational freedom in the protein itself. Indeed, it has been suggested that the local 

conformation of the triple helix is more flexible in the presence of water [223].  The data 

suggest that torsional motions of the collagen backbone are thus unconstrained whilst the fibre 

is submerged in solute, and the vibration has no global directionality and hence no band at 260 

cm
-1

. Dehydration promotes an increase in torsional rigidity – as previously indicated in the 

literature [170, 217] – and the band increases as the plane of vibration becomes increasingly 

defined in the radial direction, throughout the fibrils. This likely explains the increase in the 170 

cm
-1

 band at the apex, uniquely exhibited by the water submerged fibres during straightening 

of the crimp. Given that the fibrils remain aligned essentially parallel to the fibre axis in this 

region, the increase suggests that some reorganisation is occurring within the water bridging 

network to accommodate the increased order within the fibre. This is perhaps evidence of an 

entropy driven elastic mechanism, which enables the recovery of the crimp only in the 

presence of bulk water, otherwise permanently removed after straining in dehydrated fibres 
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(as I observe in chapter 3). It is also worth considering that the contraction observed in the 

triple helix [69], may be a result of the reduced range of allowed motion within the backbone.  

The low-wavenumber peak at around 570 cm
-1

 is attributed to the amide VI group, which is 

a combination of NH and C=O out-of-plane bending [219]. Its prevalence in the polarised 

spectrum, together with the increases observed in the peak for the diagonal region during 

crimp opening (no changes at apex), are consistent with their alignment orthogonal to the axis 

of the triple helix, radial to the collagen fibril at all hydrations. The presence of a small intensity 

increase in the polarised spectra of the apex is consistent with the argument developed above, 

that the protein is more mobile in the hydrated state, and experiences an entropic 

reorientation with increased order within the fibre. Crucially, the relative intensity of the peak 

reduces with dehydration, suggesting that there is a reduction in the number of out-of-plane 

bending motions as the water content of the fibres decreases. This is plausibly interpreted as 

an increase in direct hydrogen bonding between the amine and carbonyl bonds, if not between 

the -chains within the tropocollagen, more likely in the lateral space between monomers as 

suggested above.  

Generally in the hydrated state, stress is considered to be dissipated by the opening of the 

microscopic crimp and by the sliding of individual fibrils – only 10% of macroscopic strain is 

transferred to the triple helix in native fibres [224]. Whilst fibrillar sliding has been determined 

to be a crucial component in fibre extensibility and recovery [55], the effects of dehydration 

have been speculated upon [72], but not been directly explored, and moreover its existence 

during the opening of the microscopic crimp, is yet to be established. In chapter 3, the 

reduction in percentage-relaxation of dehydrated fibres, demonstrated that removal of water 

decreased sliding between fibrils. If sliding indeed occurs during the opening of the hydrated 

crimp, it is plausible that the absence of this stress relief mechanism in the water depleted 

fibres, may lead to a transfer of macroscopic strain to the collagen monomer. Thus structural 

changes in the triple helix of dehydrated fibres – indicated by the spectral changes in the amide 

III and C–C bands of the apex region – are facilitated by a reduction in intra- and interfibrillar 

packing and an increase in direct H-bonding, whilst hydrated fibres remain unperturbed, in 

keeping with the literature [68]. This agrees well with the model proposed by Gautieri et al 

[73], but not with another experimental work [69], where no changes were detected in the 

pitch of the triple helix. In this latter case, fibres were passively stretched by fixing their length 

during dehydration, whilst in this current work they were actively strained after dehydration 

and this could explain the difference. Further work should be conducted to determine if fibrillar 
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sliding occurs during uncrimping in different hydration conditions, and whilst returning fibres to 

their rest length. An x-ray scattering study of the triple helix pitch (similar to that recently applied 

to human corneal collagen [52]), in fibres actively strained in different hydration conditions, 

should be performed to determine unambiguously, if it experiences macroscopically applied 

strain in the dehydrated state.  

 

The fibrillar gap region contains the C- and N-terminal telopeptides of the collagen triple-helix 

which are rich in phenylalanine (Phe). The exact conformation of this amino acid within 

collagen is unknown, but their organisation is posited to confer structural stability to the fibrils 

in the flexible gap region [225, 226], and to enable the formation of long triple helical chains 

[9]. The telopeptides contain a high degree of order [227], so it stands to reason that Phe is 

also highly aligned. This is reflected in the strength of the 1030 cm
-1

 peak in the polarised 

spectra. The spectral changes suggest an increasingly radial orientation of the amino acid within 

the diagonal region as the crimp opens, with no definitive changes at the apex. This is consistent 

with Phe as a hydrophobic aromatic side-chain, which would be expected to align orthogonally 

to the main chain of the peptide backbone. Given its hydrophobic nature, it is interesting that 

there are no clear variations in the peak with hydration. This perhaps suggests that the side-

chain projects radially into the triple helical structure, internalised in the core of the monomer 

and that there is still sufficient water present here in the ‘dry’ state at 42% RH, that the 

conformation remains unchanged. 

The literature is not clear on the orientation of the methyl group (CH3) in type I collagen. 

However, my data suggests that it does possess some distinct order, unlike the more prevalent 

methylene (CH2) group which shows no polarisation dependence. The intensity of the CH3 

peak of the depolarised spectra increases exclusively in the diagonal region, suggesting that the 

asymmetric stretch of the CH3 group vibrates in a fixed plane aligned along the fibrillar axis. 

The absence of changes at the apex suggest that, if strain is transferred to the triple helix (in 

the dehydrated fibres) as suggested above, then the orientation of this group remains 

unaffected. This correlates well with its proposed role of controlling the strength [228] of the 

primary interchain H-bond and shielding it from solvent interaction [229]. The absence of a 

hydration dependence suggests that the methyl group protects the bond even at low ambient 

RH, indicating that the internal (inter-chain) water content of the collagen monomer may not 

be altered at this level (much as the Phe amino acid suggests above). Alternately, several works 
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suggest that the methyl group is associated closely with the pyrrolidine rings, and that its 

conformation is preorganised and subsequently stabilised by stereoelectronic interactions 

alone [9, 230, 231]. 

At all hydrations, the crimp removal-strain was consistently above 20% which is markedly 

higher than the 4% strain widely established in the literature [40]. This is unlikely to be 

accounted for by the non-uniform opening of individual crimp periods, which are removed at 

a slower rate towards the centre of a fibre under strain [232] (where the Raman spectra were 

acquired). Zero-strain was determined by removing fibre slack after equilibration to a given 

RH. This determination could be improved by including a force transducer in the mechanical 

testing stage to more accurately determine the rest length of the fibres. Moreover, fibres were 

not preconditioned prior to acquiring the Raman spectra – as I wanted to observe the crimp 

opening at all hydrations and it does not reappear after preconditioning in the dehydrated 

conditions – so macroscopic defects such as kinking were not removed when the rest length 

was set. These could all contribute to an overestimate of the macroscopic fibre strain. The use 

of clamps in place of epoxy adhesive may also reduce the error in the strain estimation and 

enable observation of changes in Raman spectra beyond the opening of the microscopic crimp; 

having been limited here to comparatively low strains, equivalent to the toe and heel regions 

of the macroscopic stress-strain curve. Incidentally, this likely accounts for the lack of a plateau 

in the observed spectral changes near the maximum strain, as the fibres were only stretched 

until the crimp visibly disappeared. Larger macroscopic strains may help to further emphasise 

the transfer of stresses to the triple helix in the dehydrated state. 

 

Unlike collagen, the elastin fibres showed no spectral changes as a result of straining at either 

hydration extreme, with identical spectra across multiple fibres even at strains of 80%. The 

absence of strain-induced spectral changes has been observed before in an earlier polarisation 

resolved microspectroscopic Raman study by Green et al [106], which found no secondary 

structural changes resulting from macroscopically straining the fibre bundles. They did 

however, detect a hydration dependence within the amide I band, reflecting an increase in the 

percentage of -structures present in the dehydrated fibres, together with a concomitant 

decrease in the -helical content. The similarity with the amide I band shapes at the hydration 

extremes in this present work, suggests that such a trade-off between secondary structures is 

indeed an effect of dehydration. Furthermore, -structures are stiffer than -helices and other 
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secondary structures [143, 233, 234], so this corresponds well with the increased stiffness I 

observe at the molecular level of the dehydrated fibres. 

The broad band attributed to backbone torsions and helix deformations in collagen (centred 

around 260 cm
-1

), also appears in elastin, although it differs notably by being present in the 

depolarised spectrum, and as a very strong band in the polarised. Both increase in intensity 

with dehydration; however, the polarised band is present at all hydrations, whilst the 

depolarised band – similar to collagen – appears only after removing the fibre from solute. 

This difference implies that the two orthogonal modes may represent scattering from two 

distinct structural components within the elastin fibre. However, elastin structure is highly 

dynamic [17] and given uncertainty over the precise secondary structure of the elastin 

monomer, it is difficult to attribute them to specific structural moieties; though it is evident that 

the proposed increases in torsional rigidity (in support of the work by Lillie et al [101]) are 

commensurate with an increasing stiffness in the dehydrated fibres. 

It is worth noting that the increase in torsional rigidity between the water-submerged and 

100% RH states, does not necessarily preclude the elastic behaviour of the protein, as I have 

shown in chapter 3 that the elastin fibre is still very much extensible and can recover elastically 

at 100% RH. Rather it may reflect a loss of disorder upon deswelling of the fibre out of water 

[101], supporting the reduction in the percentage of unordered structures in dehydrated 

elastin found in the Raman study by Green et al [106]. 

The absence of spectral changes in the extended fibres suggest that macroscopic strain, to the 

extent studied here, does not affect the orientation of the elastin ultrastructure, and the lack of 

any obvious peak shifts indicates that the monomer itself is not perturbed by strain at any 

hydration. The implication is thus that stress is dissipated at a higher level of the fibre structure, 

or is simply a reflection of the highly dynamic nature of the elastin ultrastructure. It is interesting 

to note the absence of strain or hydration related changes in the water H-bonding band at 

170 cm
-1

 (shoulder to the larger 260 cm
-1

 band in the polarised spectra). This suggests that, 

should direct inter-chain H-bonding play a part in the extension of the fibres, the elastin 

structure is not further stabilised by additional water-bonding during stretching. Water does 

not compensate for the rupture in inter-chain bonds in its extended state and elastin is thus 

confirmed as a purely self-associating protein, i.e. it is insoluble and its conformation is chiefly 

driven by hydrophobic effects, as widely stated in the literature [11, 102, 103, 235]. It is 

curious therefore, that I do not observe alterations during fibre extension in the OH stretching 
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band. This band has been used in collagen to indicate entropic changes in the conformation of 

the surrounding water structure caused by the presence of the protein [75], and is liable to 

change under the application of strain, reflecting a change in the order of the protein structure. 

The absence of such a change for elastin is evidence against the entropic mechanism of 

elasticity, or else simply a reflection of macroscopic strain not reaching the monomer. 

 

I was limited in my analysis of the polarisation specific changes between samples, by a laser 

only approximately aligned perpendicular to the fibre axis. The polarisation setup in the Raman 

system used for this study does not allow for easy optimisation on an experiment-to-

experiment basis, and it is possible that small variations occur between experiments. This is 

particularly pertinent given the angular variation in the collagen fibre crimp. Discrepancies in 

the sample-to-sample orientation were minimised by careful arrangement of the fibre during 

anchoring, but ideally, a rotating polariser would be placed in the incident beam path to enable 

the alignment of the linearly polarised laser with the axis of the fibre. This would minimise 

ambiguity in the magnitude of percentage change observed between the peak intensities at 

different hydrations, and thus give a more reliable estimation of the orientation of the 

vibrational mode. I have identified the primary areas of the polarisation resolved protein 

spectra that are affected by strain, and isolated changes that appear to have a dependence on 

the fibre hydration. The immediate continuation of the work conducted in this experiment, 

involves a more rigorous analysis of these specific polarised bond angles in collagen, using the 

approach outlined in references [106, 120]; employing two orthogonal laser polarisations in 

the measurement of the sample. Although I found no polarisation dependent changes in 

elastin, a secondary test using the method outlined in these references may be warranted, as 

Green et al [106] found small strain induced bond orientation changes in the peptide backbone 

of the helical domains and in the aromatic side-chains (Phe and Tyr) from the cross-linking 

regions. I should determine if these are indeed present and if hydration affects the magnitude 

of the change. Future work might also include investigation of interactions with microfibrillar 

glycoproteins. 

 

 



 

 

  

Concluding Remarks & Future Work 

In this thesis the mechanical properties of collagen and elastin, the main fibrous proteins of the 

extracellular matrix were investigated, using a novel combination of macroscopic stretching 

techniques and microspectroscopic analyses to develop a multiscale understanding of the fibre 

mechanochemistry. I set out to investigate the possible mechanisms by which the structure 

regulates the functional biomechanics of fibres. At various stages throughout this thesis, I have 

suggested areas where further research would be of interest, and have identified ways in which 

my current results may be extended. These suggestions are consolidated in the sections 

below. 

 

6.1. Collagen 

I obtained polarisation resolved Raman spectra from collagen throughout the opening of the 

microscopic crimp. In highly hydrated conditions, when submerged in aqueous solution and 

when suspended at 100% RH, I found no indication of stress being transmitted to the 

tropocollagen monomer; the action of the macroscopically applied strain was simply to 

straighten the fibrils within the crimp, in agreement with previous works in the literature. 

However, below these hydrations, I observed spectral changes in the stationary fibrils of the 

apex region which indicated a subtle reorienting of the amide III and C–C modes of the protein 
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peptide chains, suggesting that the triple helix was being perturbed during the crimp opening. 

Novel observations in the low-wavenumber region provided a possible explanation for this. 

For the first time in collagen, I observed a highly directional band centred at around 170 cm
-1

 

associated with the stretching mode of intermolecular hydrogen bonding of water, aligned 

purely radially to the fibrillar axis. This was attributed specifically to the water bridges that reside 

in the lateral space between neighbouring tropocollagen monomers. Another band centred at 

around 260 cm
-1

 was attributed to backbone torsions of the collagen peptide, and a third peak 

at approximately 570 cm
-1

, was associated with the amide VI mode, a combination of out-of-

plane bending of NH and C=O bonds, which are nominally aligned orthogonal to the peptide 

backbone. The hydrophobic side-chain amino acid phenylalanine and the CH3 group, were 

found to maintain a fixed orientation in the core of the triple helix, suggesting that desiccation 

to 42% RH was not sufficient to remove the strongly bound interstitial water that stabilises the 

-chains of the trimer. However, completely removing bulk water by lowering the ambient 

humidity, led to a reduction in the number of water bridges between monomers. I propose 

that this increases the packing density of collagen, enabling the formation of stronger, direct 

(backbone-backbone) hydrogen bonds in the shrunken lateral spacing between adjacent 

monomers. I believe these stabilise the collagen structure, compensating for the reduced 

number of (long-range) water-mediated bonds between adjacent charged residues, reducing 

the conformational freedom of the protein. Direct hydrogen bonding occurs principally 

between the amine and carbonyl bonds of neighbouring triple helices, hence the observed 

reduction in bending mode activity for the NH and C=O bonds, which were confined 

increasingly to a radial orientation as dehydration progressed. This in-turn increases the 

torsional rigidity of the protein backbone, restricting its motion to the fibrillar axis alone. This 

probably produces the forces that, when unrestrained, contract the length of the tropocollagen 

monomer and alter the pitch of the triple helix, and is possibly responsible for setting the 

microscopic crimp frequency. Although, as I suggested in chapter 5, data on crimp frequency, 

angle and crimp-removal-strain, together with an assessment of the scale of macroscopic fibre 

shrinkage – all as a function of hydration – is lacking in the literature, and should be explored 

as an extension to my work here. 

The micromechanical impact of these structural changes was reflected in my Brillouin data 

which showed a stiffening of the collagen monomer upon dehydration. I further propose that 

the removal of the relatively mobile water bridges strips the microfibrils – the chains of single 

tropocollagen monomers – of their ability to slide with respect to one another when exposed 
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to external strain. This stress relief mechanism is analogous to fibrillar sliding within the ground 

substance at the next scale of the structural hierarchy; a mechanism which I also observed to 

be severely degraded by lowering the ambient RH in my macroscopic stress relaxation 

experiments; so much so, that I think the fibrils and the non-collagenous matrix essentially 

become a single continuum when dehydrated. It is therefore plausible that macroscopic strain 

was transferred to the triple helix in the dehydrated states, hence I observed the slight 

perturbation of the triple helix through subtle orientation changes to the amide III and C–C 

modes, whereas in highly hydrated conditions strain is dissipated by the sliding of successive 

hierarchical elements. 

Given that Raman spectra were only acquired during the opening of the microscopic crimp, 

my results suggested that fibrillar and monomer sliding likely occurred during the crimp 

straightening process, not only once the fibrils were fully linear. Hierarchical sliding as a function 

of hydration has, to my knowledge, never been investigated, and should be a topic of interest 

for further work, as it has implications in the elastic response of collagen. In fact, observation 

of reorienting water bridges in the otherwise stationary apex region of the water submerged 

fibres, hinted at a possible entropy driven elastic mechanism that might drive crimp recovery 

upon fibre relaxation in the presence of bulk water. Dehydration did not prevent the opening 

of the crimp, nor does it appear to preclude the sliding of fibrils – although it likely makes this 

a more energetically demanding process, contributing to the stiffness increase – but it certainly 

influences relaxation processes and the ability to recover from applied strain, as demonstrated 

by the permanent fibre elongation in my macroscopic stress-strain tests. A further assessment 

of the Raman spectrum of fibres undergoing cyclic extension around the critical hydration, may 

shed further light on this.  

I initially drew the analogy between the role of hydration and the part played by the 

components of the non-collagenous matrix in chapter 3, as it seemed that the hydration 

related changes observed in the stress relaxation results, i.e. the reduction in fibrillar sliding, 

were equivalent to the results obtained in the literature when reducing the glycosaminoglycan 

(GAG) and proteoglycan (PG) content of the fibres. This suggested a potential 

interdependency. Indeed, my Brillouin data confirmed that removal of the non-collagenous 

matrix resulted in a noticeable reduction in acoustic damping, confirming that GAGs and PGs 

are responsible for binding a large component of fibre water. Furthermore, my micro-Brillouin 

data showed that the ground substance was mechanically distinct from the fibrils, indicating 

that non-collagenous constituents of the ECM contribute to making the tissue softer than the 
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single collagen fibrils themselves. Crucially though, I noted a marked increase in anisotropy of 

the Poisson’s ratio, which I believe demonstrates that the primary role of water and the non-

collagenous matrix, is to stabilise the fibrillar structure during stretching. A future Brillouin 

mapping approach to fibres under strain would provide a better picture of the active role 

played by GAGs, PGs and water in this respect.  

 

For the first time, I identified a critical hydration range between 100 and 85% RH, where the 

transition from a viscoelastic to a plastic material state occurs in collagen. Through analysis of 

the entire polarisation resolved Raman spectral range, I have identified the primary structural 

elements that are affected by strain, and isolated changes that appear to have a dependence 

on the fibre hydration. Taken together, this work shows that water is a primary mediator of 

the mechanics between the various scales of the structural hierarchy in collagen. A combination 

of increasing molecular rigidity coupled with the decline in micro-fibrillar and fibril sliding, leads 

to the overall increase that I observe in the Young’s modulus of the dehydrating macroscopic 

fibre, bridging the spatial gap between the smallest structural scale of the protein and the 

functional mechanics of the extracellular matrix.  

 

 

6.2. Elastin 

As in collagen, I observed that dehydration increased the stiffness of elastin fibres, and 

simultaneously stripped them of their ability to stretch recoverably from applied strain, 

changing their physical nature from viscoelastic to plastic materials at a critical hydration. This 

was identified as below 85% RH for elastin, again to my knowledge, the first time that a native 

working range has been identified for this protein. In fact, observation of a remarkable 

macroscopic stress relaxation behaviour at this point, led me to propose that the natural 

hydration of elastin in the body is probably closer to 85% RH than 100% RH, plausible due 

to the presence of salts in the native environment. Under rapid extension at this hydration, 

the fibre bore comparatively high stress (an order of magnitude greater than at 100% RH), 

whilst maintaining the ability to relax elastically at speed – a possible indication of a damage 

limitation mechanism for fibres exposed to sudden deformation, and potentially ideal 

behaviour for the role of elastin in the body.  
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I determined that stress decay in elastin was principally governed by its porous nature, with 

two of the three relaxation components attributed to the expulsion of water from the intra- 

and interfibrillar pore spaces, in support of previous work regarding the poroelastic nature of 

the fibre. The third and fastest component was generally attributed to a convolution of 

molecular relaxations; although I highlighted that it was impossible to attribute these more 

specifically, simply through the use of a macroscopic technique, being several orders of 

magnitude removed from the spatial range of the tropoelastin monomer. A MEMS or an AFM 

approach coupled with a spectroscopic technique to analyse single elastin fibres, may make it 

possible to determine the molecular contribution to the stress relaxation. The sudden inability 

of elastin to relax below 66% RH, was attributed to a loss of free aqueous solution from the 

pore spaces, removing the hydration forces that I believe drive the re-expansion of the pores, 

simultaneously promoting the ultrastructure of the fibres into a plasticised state. 

In this respect, one of the few changes that I observed in the Raman spectra of the fibre was 

associated with a band in the low-wavenumber region at approximately 260 cm
-1

.
 

As in 

collagen, this was associated with protein backbone torsions and helical deformations, a 

similarly novel observation for Raman studies of the elastin fibre. This band markedly increased 

with dehydration in both the polarised and depolarised spectra, indicating an increase in rigidity 

of the elastin monomer and a restriction of molecular freedom, in agreement with the 

observation made in the macroscopic measurements, and commensurate with greater order 

and increasing stiffness at the molecular scale of the elastin fibre. I noted however, that due to 

uncertainty over the precise secondary structure of tropoelastin, it was difficult to attribute the 

changes in the Raman spectrum to any specific structural moiety; although a tentative 

connection might be drawn between the observed increase in the percentage of stiff -

structures, and decreases in the softer -helical content. The increased presence of stiffer, 

molecular scale structures upon dehydration was reflected in my Brillouin results, the first ever 

measurement of hypersonic wave velocities within the elastin protein. 

Both the macroscopic and microscopic elastic moduli were thus observed to increase in elastin 

as a result of dehydration, although unlike in collagen, their respective magnitude changes were 

quite different. Between the fully hydrated state at 100% RH and the ‘dry’ condition at 21% 

RH, I observed a two-fold increase in the Brillouin modulus, but a two-order of magnitude 

increase in the Young’s modulus. In comparison, collagen saw a three-fold increase in each 

modulus between the hydration extremes. I believe that this is a result of elastin undergoing a 

state-change from liquid-like to solid-like behaviour. This markedly reduces the relaxation time 
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associated with the molecules, which translates directly to increases in the shear modulus of 

the protein, to which the quasi-static elastic modulus is more sensitive than the longitudinal 

modulus, hence the far more considerable change. I did not observe this in collagen because 

long range order persists in the form of the triple helix at all hydrations and temperatures used 

in this work. However, elastin has an amorphous structure in its hydrated state to which order 

is introduced upon drying, resulting in an arrested state of matter, highlighted by the increased 

torsional rigidity I conclude from the changes in the low-wavenumber Raman spectra.  

No changes were detected in the Raman spectra as a result of stretching whole fibres, in 

agreement with previous works. This implied that macroscopic strain was not being 

transferred to the elastin ultrastructure, even though the fibre was visibly extending – in the 

case of the dehydrated fibres, irreversibly so. The absence of changes in the broad band 

associated with OH stretching of bulk water, provided evidence against the entropic 

mechanism of elasticity; however, the notion of this being a primary source of elastic recovery 

in elastin is so widespread in the literature, that this was likely a better indication of macroscopic 

strain not reaching the tropoelastin monomer. I suggested therefore, that this was either 

further evidence of elastin’s dynamic ultrastructure, or that stress was dissipated at a higher 

level of the fibre structure, perhaps through sliding of adjacent microfibrillar chains of 

tropoelastin monomers; although such a mechanism has, to date, not been experimentally 

observed, due in large part to the challenges of optically imaging below the diffraction limit 

(diameters are approximately 100 nm) in a native hydration environment. I would strongly 

encourage future investigations in this area, possibly through super-resolution microscopy.  

An absence of changes in the band at 170 cm
-1

, indicated that water mediated H-bonding does 

not play a part in fibre extension, and indeed, an absence of intensity changes in the same band 

at different hydrations, suggested that the H-bonding structure of the fibre remains 

unperturbed in the experimental conditions employed here. This further confirms that elastin 

is a hydrophobically driven, purely self-associating protein and likely explains why the micro-

BLS data revealed a mechanically contiguous fibre when probed in the radial orientation. 

 

It is more challenging than in collagen to conclude how the molecular scale structure of elastin 

determines the micromechanics of the fibres, as I observed very few changes under strain; an 

indication of either elastin’s dynamic molecular structure, or of higher levels of the fibre 

hierarchy actively facilitating the stretching of the fibres. However, as with collagen, I note again 
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that it is water that provides the common connection between the elastic moduli of the fibres 

at each scale of the structural hierarchy and which principally provides the drive for both the 

variation in hydration forces and the changes of state in the molecular assembly that influence 

these mechanics of the protein fibre. 
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(a) 

(b) 

Figure A 1: Mean polarised Raman spectra showing the (a) Amide I and (b) Amide III spectral regions, of 42% 

RH native collagen fibres from rat tail tendon at a range of uniaxial tensile strains. Spectral changes are tracked in 

the diagonal (left) and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain 

(crimp fully opened at 30% strain). Each spectrum is an average of two points, baselined and normalised to the 

intensity of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. Key peaks are highlighted 

between the polarised (  ) and depolarised spectra (). 
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(a) 

(b) 

Figure A 2: Mean polarised Raman spectra showing the (a) C-C backbone and (b) LWN spectral regions, of 42% 

RH native collagen fibres from rat tail tendon at a range of uniaxial tensile strains. Spectral changes are tracked in 

the diagonal (left) and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain 

(crimp fully opened at 30% strain. Each spectrum is an average of two points, baselined and normalised to the 

intensity of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. Key peaks are highlighted 

between the polarised (  ) and depolarised spectra (). LWN depolarised spectra are plotted as susceptibility 

form. 
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Figure A 3: Mean polarised Raman spectra showing the HWN region of 42% RH native collagen fibres from rat 

tail tendon at minimum and maximum uniaxial tensile strains. Spectral changes are tracked in the diagonal (left) 

and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain (crimp fully opened 

at 30% strain). Each spectrum is an average of two points and is normalised to the intensity of the CH-band 

(2800-3040 cm
-1

). Shading denotes the standard deviation. Key peaks are highlighted between the polarised (  

) and depolarised spectra (). 
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(a) 

(b) 

Figure A 4: Mean polarised Raman spectra showing the (a) Amide I and (b) Amide III spectral regions, of 82% 

RH native collagen fibres from rat tail tendon at a range of uniaxial tensile strains. Spectral changes are tracked in 

the diagonal (left) and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain 

(crimp fully opened at 35% strain). Each spectrum is an average of two points, baselined and normalised to the 

intensity of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. Key peaks are highlighted between 

the polarised (  ) and depolarised spectra (). 
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(a) 

(b) 

Figure A 5: Mean polarised Raman spectra showing the (a) C-C backbone and (b) LWN spectral regions, of 82% 

RH native collagen fibres from rat tail tendon at a range of uniaxial tensile strains. Spectral changes are tracked in 

the diagonal (left) and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain 

(crimp fully opened at 35% strain). Each spectrum is an average of two points, baselined and normalised to the 

intensity of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. Key peaks are highlighted 

between the polarised (  ) and depolarised spectra (). LWN depolarised spectra are plotted as susceptibility 

form. 
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Figure A 6: Mean polarised Raman spectra showing the HWN region of 82% RH native collagen fibres from rat 

tail tendon at minimum and maximum uniaxial tensile strains. Spectral changes are tracked in the diagonal (left) 

and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain (crimp fully opened 

at 35% strain). Each spectrum is an average of two points and is normalised to the intensity of the CH-band 

(2800-3040 cm
-1

). Shading denotes the standard deviation. Key peaks are highlighted between the polarised (  

) and depolarised spectra (). 
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(a) 

(b) 

Figure A 7: Mean polarised Raman spectra showing the (a) Amide I and (b) Amide III spectral regions, of 100% 

RH native collagen fibres from rat tail tendon at a range of uniaxial tensile strains. Spectral changes are tracked in 

the diagonal (left) and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain 

(crimp fully opened at 25% strain). Each spectrum is an average of two points, baselined and normalised to the 

intensity of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. Key peaks are highlighted between 

the polarised (  ) and depolarised spectra (). 
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(a) 

(b) 

Figure A 8: Mean polarised Raman spectra showing the (a) C-C backbone and (b) LWN region, of 100% RH 

native collagen fibres from rat tail tendon at a range of uniaxial tensile strains. Spectral changes are tracked in the 

diagonal (left) and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain (crimp 

fully opened at 25% strain). Each spectrum is an average of two points, baselined and normalised to the intensity 

of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. Key peaks are highlighted between the 

polarised (  ) and depolarised spectra (). LWN depolarised spectra are plotted as susceptibility form. 
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Figure A 9: Mean polarised Raman spectra showing the HWN region of 100% RH native collagen fibres from 

rat tail tendon at minimum and maximum uniaxial tensile strains. Spectral changes are tracked in the diagonal (left) 

and apex (right) sections of the macroscopic fibre crimp as it opens under the applied strain (crimp fully opened 

at 25% strain). Each spectrum is an average of two points and is normalised to the intensity of the CH-band 

(2800-3040 cm
-1

). Shading denotes the standard deviation. Key peaks are highlighted between the polarised (  

) and depolarised spectra (). 
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(a) 

(b) 

Figure A 10: Mean polarised (  ) and susceptibility corrected depolarised () Raman spectra comparing the (a) 

989-1750 cm
-1

 and (b) 135-989 cm
-1

 spectral regions of 42% RH elastin fibres from bovine nuchal ligament at a 

range of uniaxial tensile strains. Each spectrum is an average of five points, baselined and normalised to the 

intensity of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. LWN depolarised spectra are 

plotted as susceptibility form. 

S
u

s
c
e

p
ti
b

ili
ty

 (
a
.u

.)
 

In
te

n
s
it
y
 (

a
.u

.)
 



Appendix  155 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure A 11: Mean polarised (  ) and susceptibility corrected depolarised () Raman spectra showing the HWN 

region of 42% RH elastin fibres from bovine nuchal ligament at minimum and maximum uniaxial tensile strains. 

Each spectrum is an average of four points, baselined and normalised to the intensity of the CH-band (2800-

3040 cm
-1

). Shading denotes the standard deviation. 



156    

 

 

 

 

(a) 

Figure A 12: Mean polarised (  ) and susceptibility corrected depolarised () Raman spectra comparing the (a) 

989-1750 cm
-1

 and (b) 135-989 cm
-1

 spectral regions of 100% RH elastin fibres from bovine nuchal ligament at 

a range of uniaxial tensile strains. Each spectrum is an average of at least two points, baselined and normalised to 

the intensity of the CH2 peak (1451 cm
-1

). Shading denotes the standard deviation. LWN depolarised spectra are 

plotted as susceptibility form. 

S
u

s
c
e

p
ti
b

ili
ty

 (
a
.u

.)
 

In
te

n
s
it
y
 (

a
.u

.)
 (b) 



Appendix  157 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure A 13: Mean polarised (  ) and susceptibility corrected depolarised () Raman spectra showing the HWN 

region of 100% RH elastin fibres from bovine nuchal ligament at minimum and maximum uniaxial tensile strains. 

Each spectrum is an average of two points, baselined and normalised to the intensity of the CH-band (2800-

3040 cm
-1

). Shading denotes the standard deviation. 
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(a) (b) 

Figure A 14: stress-strain plots to qualify the similarity between the second and third extension cycles (to 10% 

strain) of a representative type-I collagen fibre at the hydration extremes (a) 21% RH and (b) 100% RH. The 

first three cycles are displayed. Inset shows the same fibres in the low-strain regime (to 5% strain).  

(a) (b) 

Figure A 15: stress-strain plots to qualify the similarity between the second and third extension cycles (to 10% 

strain) of a representative elastin fibre at the hydration extremes (a) 21% RH and (b) 100% RH. The first three 

cycles are displayed. Inset shows the same fibres in the low-strain regime (to 5% strain). 

(a) (b) 

Figure A 16: percentage relaxation plots to qualify the similarity between the second and third rapid extension 

cycles (to 5% strain) of a representative type-I collagen fibre at the hydration extremes (a) 21% RH and (b) 100% 

RH. The first three cycles are displayed. Inset shows the same fibres in the high-strain regime (to 10% strain). 

Everything will be alright in the end; the Chai Wallah is here. 

 



 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

 

 

“Your Majesty, I beg you. They're all waiting down there. What shall we say to them? What can we say to 

them?” came Chernov’s desperate plea. 

“Nothing.” She replied emphatically, turning towards the sea of sound flowing down the grandiose hallway. 

“Paul, your arm. I will speak to them.” 

“Oh thank you, your Majesty!” relief palpable in his voice, Chernov scurried ahead to announce the arrival of 

the Dowager Empress. The Prince of Haraldberg rose and took her hand in escort, “Forgive me Marie, but 

what will you say?”. 

“Say?”, she replied lightly, the music swelling in the ballroom broiling with guests, “Oh, I shall say, 'The play is 

over. Go home.' 

 

- Anastasia (1956) 

 

  



 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

  



 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 


