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ABSTRACT 

 

Metabolic Imaging and Applications in Protein and Lipid Homeostasis 

Yihui Shen 

 

Metabolic activity is an important functional parameter of a living cell. Microscopic techniques 

are demanded to resolve the heterogeneity of metabolic activity from cell to cell and among 

subcellular compartments. Towards this, work in the Min lab has been dedicated to developing a 

prevailing metabolic imaging platform that couples chemical imaging by stimulated Raman 

scattering (SRS) microscopy with small vibrational tags on precursor molecules. This thesis 

describes efforts along metabolic imaging by SRS microscopy, with focus on visualizing protein 

and lipid homeostasis. Chapter 1 describes the design principle of metabolic imaging, including 

selection of vibrational tags and setup of SRS microscopy, and an overview of successful 

demonstrations of metabolic imaging in protein and lipid metabolism. Chapter 2 describes 

adoption of such principle to visualize protein turnover with 13C-phenylalanine metabolic 

labeling under steady-state condition and various perturbations. The rest of this thesis (Chapters 

3-6) switches focus to fatty acid metabolism and cellular lipid homeostasis. As the minimal 

tagging in vibrational imaging preserves the physicochemical property of lipid molecules to the 

largest extent, it motivated me to revisit fatty acid metabolism from a biophysical perspective. 

Bearing the question in mind whether the non-equilibrium metabolic activity could drive phase 



	

separation in biological membranes, I thus look into the principle of membrane organization and 

its implication in biological membranes in Chapter 3. Then in Chapter 4, I describe the discovery 

and characterization of previously unknown phase separation in endoplasmic reticulum (ER) 

membrane caused by lipid synthesis. In this case, metabolic imaging by SRS enables 

identification of solid-like domains formed by saturated fatty acid (SFA) metabolites. This 

observation further raises the question whether phase separation bears any functional roles in the 

adverse effects of SFAs (or lipotoxicity). Towards this, Chapter 5 introduces the background of 

lipotoxicity including its definition and models. Then I review proposed mechanisms for 

lipotoxicity, which point to the central role of ER in mediating the stress transduction. In Chapter 

6, I present our findings that suggest the association of the observed solid-like domains with ER 

structural remodeling and local autophagic arrest. Together, these efforts demonstrate the 

valuable capability of SRS imaging to reveal metabolic heterogeneity and how this aids in the 

investigation of metabolic stress.
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Chapter 1 

Metabolic Imaging by stimulated Raman scattering microscopy
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1.1 Vibrational tags for small molecules 

Contrast mechanisms for imaging biomacromolecules are well established. For example, proteins 

can be visualized by staining with dye-labeled antibody or genetically encoded green fluorescent 

protein (GFP) tag. Nucleic acids can be visualized by hybridization or tagging with recognizable 

sequence. The limit in live cell has been pushed to imaging translation event at single molecule 

resolution, by tagging proteins with multimerized epitopes and mRNAs with repeating sequence 

that recruits dozens of fluorescent labels (1–4). Yet small molecules do not have comparable 

tolerance for giant tags. Hence the development of contrast mechanisms for small molecules 

focuses on minimizing the size of the tag. Towards this, the limit goes to a single atom, such as 

in techniques such as positron emission tomography (PET) (5), multi-isotope imaging mass 

spectroscopy (MIMS) (6), or a chemical bond in optical-based vibrational imaging (7). Among 

these, the optical-based vibrational imaging has become increasingly popular owing to its fine 

subcellular resolution and live-cell compatibility. The tailored development of vibrational tags 

not only enables subcellular tracking of small molecule, but also provides contrast for 

activity-based metabolic imaging. 

 

Currently most of the vibrational tags fall into two major categories: alkyne-based (or the like) 

and stable-isotope-based (7, 8). Development of bioorthogonal chemistry introduced alkyne as a 

chemical handle onto analogs of nucleosides, amino acids, fatty acids, glycans, and drugs (9). 

These analogs mimic their natural counterparts and can be incorporated into their metabolites 
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though at lower rates (e.g. ~1/1000 for methionine analog (10)). Alkyne turns out to be a good 

orthogonal tag for vibrational imaging too. Triple bond is rare in biological systems, and its 

vibration occurs in a cell-silent region (1800~2600 cm-1) free of cellular background. In addition, 

the stretching of C≡C bond is a strong vibrational mode (11), which makes it a sensitive reporter. 

Lastly, the narrow linewidth of triple bond stretching (FWHM ~ 14 cm-1) promises 

straightforward multiplexing imaging (12). On the other hand, stable isotopes offer minimal 

labeling for vibrational imaging. The heavier weight of an isotope (e.g. deuterium) slows down 

the vibration of the associated chemical bond (e.g. carbon-deuterium, C-D), thus creating 

red-shifted frequency (e.g. 2100cm-1 for C-D compared to 2900 cm-1 for C-H) (Figure 1.1). 

Isotope labeling to the largest extent preserves the biochemical identity of the small molecule, 

hence it bears essentially no toxicity and usually does not require functional characterization. 

Though Raman cross section of a single C-D bond is 1-2 orders of magnitude smaller than 

alkyne, more than one substitution can be introduced into one molecule. Stable isotopes have 

also found broad application elsewhere in spectroscopic techniques such as nuclear magnetic 

resonance (NMR), quantitative mass spectroscopy (13), and Raman spectroscopy(14). Thus the 

great availability of commercial source for isotope-labeled molecules could save the effort to 

synthesize new probes. 
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Figure 1.1 Isotope labeling for vibrational imaging. Isotope labeling of a fatty acid molecule produces 

carbon-deuterium (C-D) vibration in the cell silent region of Raman spectroscopy. Black curve shows Raman 

spectrum obtained from non-labeled HeLa cell. Blue curve shows Raman spectrum obtained from the labeled 

molecule. 

 

1.2 Quantitative metabolic imaging by stimulated Raman scattering microscopy 

Bond-selective stimulated Raman scattering (SRS) microscopy has proven to be the most suited 

technique for optical imaging of the incorporated vibrational tags. In SRS microscopy, one pump 

laser and one Stokes laser are used. ‘Bond-selective’ refers to the fine spectral resolution (~6cm-1) 

produced by narrow-band lasers (6ps). Bond-selective detection is achieved by tuning the pump 

laser wavelength so that the energy difference between the two lasers matches with the 

vibrational energy of the targeted chemical bond. In this case, SRS signal (S) can be produced in 

proportion to the chemical concentration ([c]), the Raman cross section of the chemical bond in 

the molecule (σmolecule), and laser powers (Ipump and IStokes), i.e. S ∝ [c] · σmolecule · Ipump · IStokes (15). 
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The nonlinear laser power dependence is analogous to other types of multi-photon microscopy, 

which usually adopt tight focus and point scanning and are intrinsically capable of optical 

sectioning. The instrumental setup is shown below (Figure 1.2). Apart from the narrow band 

lasers and the laser-scanning module, this setup also integrates a forward detection module 

(condenser/filter/photodiode) and a high-frequency modulation transfer scheme 

(modulator/lock-in amplifier), which are commonly adopted in pump-probe microscopy and will 

be explained below. 

 

The signal generation in SRS microscopy can be readily understood with the description of 

light-molecule interaction (Figure 1.2). In the focal volume where the light is intense enough for 

nonlinear interaction, energy exchange occurs between the molecule’s vibration and 

pump/Stokes photons. During each interaction, one molecule is promoted from ground state to 

vibrational state, while one photon is lost in the pump field and one photon is gained in the 

Stokes field (result of energy conservation). The loss of pump photon numbers and the gain in 

Stokes photon numbers (also light intensities) are referred to as stimulated Raman loss (SRL) 

and stimulated Raman gain (SRG). The frequency of such event depends on how many 

molecules are present in the focal volume ([c]), how likely each molecule is going to interact 

with photons (σmolecule), and how many photons are there in each beam (Ipump and IStokes), which 

can be summarized as S ∝ [c] · σmolecule · Ipump · IStokes. However, direct detection of SRL or SRG 
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(i.e. changes in intensity) over large laser intensity is not achievable (usually ΔI/I < 10-3), due to 

intensity fluctuation caused by laser, scanning, and sample heating. Thus SRS usually adopts 

high-frequency modulation transfer scheme. Basically, Stokes beam is on-off modulated, so that 

this modulation can be transferred to the pump beam with amplitude S, as a result of 

light-molecule interaction. Only the transmitted pump beam is then detected and its intensity 

modulation (amplitude S) is extracted by a lock-in amplifier, with final noise approaching the 

inherent photon noise of pump laser.  

 
Figure 1.2 Instrumental setup and signal generation for stimulated Raman scattering microscopy. Stokes 

beam with optimized delay and modulation is combined with pump beam. They are then sent into a laser scanning 

microscope and focused onto sample by an objective, and then collected by a collimating condenser. A filter blocks 

Stokes beam to allow detection of pump beam by a photodiode and demodulation by lock-in amplifier. The output 
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signal is then registered in the image pixel by pixel. The light-molecule interaction is shown on the right together 

with light intensity change before and after interaction (viewed from bottom to top). 

 

1.3 Applications in protein metabolism and lipid metabolism 

With the incorporation of vibrational tags through metabolic activity, and the quantitative 

chemical mapping of these tags by SRS microscopy, this imaging modality has found broad 

developments and applications in visualizing protein and lipid metabolism. As the last piece in 

central dogma, protein metabolism is tightly controlled. The turnover dynamics of proteins, both 

synthesis and degradation, can be imaged from the metabolic incorporation of labeled amino 

acids after pulse and/or chase. Such information would be valuable under scenarios such as local 

protein synthesis (16) and failure of protein quality control system (17). Lipids comprise another 

kind of indispensable biomolecules that function in energy storage, membrane architecture and 

signaling. They consist of a variety of molecules. For example, cholesterol is a major component 

in plasma membrane; triacylglycerides and cholesterol esters are the major lipids stored in lipid 

droplets; and the amphipathic phospholipids make up most of the cell membrane. To study lipid 

metabolism, namely lipid biosynthesis, Raman labels could be introduced into the precursors or 

building blocks. Enrichment of labels into the newly synthesized lipids could offer contrast for 

imaging. Here I have summarized applications of vibrational tags for imaging protein 

metabolism and lipid metabolism (Table 1), which will also be major focus of this thesis. 
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Table 1. Summary of recent applications of metabolic imaging 

Protein metabolism 
Vibrational tag Reported activity Detection Ref 
Hpg (alkyne bearing 

methionine analog) 

protein synthesis SRS microscopy (18, 19) 

d5-phenylalanine protein synthesis Raman 

microspectroscopy 

(20) 

deuterated amino acids  protein synthesis in delicate neuronal systems and 

animal, two-color pulse chase labeling 

SRS microscopy (21, 22) 

13C-phenylalanine protein turnover under steady state and in neuro- 

degenerative model 

SRS microscopy (23) 

Chapter 2 

deuterated amino acids  protein degradation measured by decay of C-H signal SRS microscopy (22) 

Lipid metabolism (readers can also refer to more specialized reviews (24, 25)) 
Vibrational tag Reported activity Detection Ref 
d6-cholesterol cholesterol scavenged by macrophage accumulates in 

LDs  

Raman 

microspectroscopy 

(26) 

d38-cholesterol heterogeneous partitioning of free cholesterol, 

cholesterol ester and triglyceride into LDs 

SRS (27) 

phenyldiyne 

cholesterol 

esterified cholesterol in LDs, free cholesterol in 

lysosome of disease model, uptake in C elegans 

SRS (28) 

d9-choline phospholipid synthesis, elevated in cancer cells, 

important in embryogenesis 

SRS (29) 

propargyl-choline phospholipid synthesis SRS (18) 

d8-arachidonic acid LD phagosome interaction in neutrophils Raman 

microspectroscopy 

(30) 

d31-palmitic acid 

d33-oleic acid 

fatty acid scavenging kinetics in macrophages Raman 

microspectroscopy 

(26, 31) 

d33-/d2- oleic acid LD synthesis CARS (32, 33) 

d31-palmtic acid LD and membrane synthesis SRS (34) 

multiple deuterated 

fatty acids 

neutral lipid profiling hyperspectral SRS (35) 

17-octadecynoic acid 

(alkyne-palmitic acid) 

LD accumulation in cells and C. elegans SRS (18, 19) 

LD: lipid droplet 
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Chapter 2 

Live-cell quantitative imaging of proteome degradation by stimulated Raman scattering 

 

The content of this chapter has been published in 

Y. Shen, F. Xu, L. Wei, F. Hu, W. Min, Live-cell quantitative imaging of proteome degradation 

by stimulated Raman scattering. Angew. Chem. Int. Ed. Engl. 53, 5596–9 (2014).
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2.1 Abstract 

Protein degradation is a regulatory process essential to cell viability, and its dysfunction is 

implicated in many diseases such as aging and neurodegeneration. Here we report stimulated 

Raman scattering microscopy coupled with metabolic labeling of 13C-phenylalanine to visualize 

protein degradation in living cells with subcellular resolution. We choose the ring breathing 

modes of endogenous 12C-phenylalanine and incorporated 13C-phenylalanine as protein markers 

for the original and nascent proteome, respectively, and quantified the decay of the former 

through ratio maps. We demonstrated time dependent imaging of proteomic degradation in 

mammalian cells under steady-state condition and various perturbations including oxidative 

stress, cell differentiation, and huntingtin protein aggregation. 

 

2.2 Introduction 

Proteins that are abnormal or no longer in function are actively removed by protein degradation. 

It is essential to cell viability as a regulatory control in response to physiological and 

pathological cues (1). Indeed, disruption of proteolysis machinery has been implicated in aging 

and neurodegenerative disorders, where cells are exposed to the danger of oxidatively damaged 

proteins or aggregation-prone proteins (2, 3). Extensive efforts have been made to quantify 

cellular protein degradation. Traditional autoradiography uses pulse-chase labeling of radioactive 

amino acids (e.g., 35S-methionine) with the treatment of protein synthesis inhibitor (4). Later, 

Stable Isotope Labeling by Amino Acids in Cell Culture (SILAC) was developed in tandem with 
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mass spectrometry, through quantifying the relative amount of ‘heavy’ and ‘light’ peptides (5–7). 

However, both of them measure proteome from a collective lysed cell culture and are unable to 

reveal cell-cell or subcellular variation. Even when coupled to secondary ion microscopy in 

multi-isotope imaging mass spectrometry (MIMS), its invasive detection does not allow live cell 

measurement (8, 9). Besides autoradiography and mass spectrometry, fluorescence reporter 

library has enabled proteome half life determination after a photo-bleach chase (10). But it 

requires creation of genomic fusion library, thus is not generally applicable to all cell types. 

 

Here we report a general strategy that visualizes the degradation of the overall proteome in living 

cells with subcellular resolution by coupling metabolic labeling of 13C-phenylalanine (13C-Phe) 

with stimulated Raman scattering (SRS) microscopy. Specifically, we choose the characteristic 

ring-breathing modes of endogenous 12C-Phe and metabolically incorporated 13C-Phe as the 

Raman spectroscopic markers for the old and new proteome, respectively. Proteomic degradation 

can then be imaged by SRS in living cells by ratio maps of 12C/(12C+13C), where total proteome 

is represented by the sum of 12C-Phe and 13C-Phe. We show the utility of our technique by 

measuring quasi steady-state proteome degradation in mammalian cell lines and mouse 

hippocampal neurons, as well as studying perturbation caused by oxidative stress, cell 

differentiation and protein aggregation process. Technically, this is the first time that 13C-labeled 

amino acid is used together with nonlinear vibrational microscopy. Our proteome imaging 

method is capable of revealing cell’s global metabolic activity with exquisite spatial resolution. 
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2.3 Results 

2.3.1 Choice of phenylalanine as marker for ratiometric protein turnover imaging 

The choice of phenylalanine as proteome marker is critical for labeling. First, since it is an 

essential amino acid that has to be supplied in culture medium, the metabolic incorporation of its 

13C isotopologue could distinguish the nascent proteome from the original. Second, its 

ring-breathing mode exhibits a strong, isolated sharp peak (FWHM~10 cm-1) at 1004 cm-1 

(Figure 2.1), enabling a resolvable shift upon 13C substitution. In contrast, Amide I band (around 

1655 cm-1) and CH3 stretching (around 2940cm-1) (Figure 2.1 B) as protein markers (11–14) are 

not only broadband but also suffer from severe interference from lipids (around 1650 cm-1 and 

2850 cm-1), nucleic acids (around 2950 cm-1), and water (around 3100 cm-1). Third, compared to 

the protein-bound phenylalanine concentration of 90 mM (15), the intracellular free 

phenylalanine pool (0.5 mM) (16) is essentially negligible. Moreover, since 13C-Phe is supplied 

in large excess, 12C-Phe from degraded proteins is seldom recycled. Microscopy wise, the 

advantage of SRS microscopy  lies in its superb sensitivity, well-preserved spectra, and linear 

concentration dependence, thus is well suited for quantitative live imaging (13, 17–19). On 

contrary, another nonlinear microscopy, coherent anti-Stokes Raman scattering, has drawbacks 

such as non-resonant background, spectral distortion, complex concentration dependence, and 

coherent image artifact (20). 
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Figure 2.1 13C-Phe labeling provides a resolvable peak beyond cellular background. (A) Spontaneous Raman 

spectra of 12C-Phe (black) and 13C-Phe (red) with vibrational frequency shift from 1004 cm-1 to 968 cm-1. Inset 

shows the structure of phenylalanine with 13C sites denoted by red dots. (B) A spontaneous Raman spectrum of a 

non-labeled fixed HeLa cell. Background from water and glass has been subtracted. The broad band from 2800 cm-1 

to 3050 cm-1, which is often assigned to protein CH3, contains overlapping signals from lipid, protein, nucleic acids, 

and water. Inset shows part of the fingerprint region from 850 cm-1 to 1800 cm-1. Amide I band, centered at 1655 

cm-1, is also a broad band with interference from unsaturated lipid and water. In contrast, phenylalanine is an 

isolated sharp peak at 1004 cm-1, sitting on a flat baseline from 950 cm-1 to 1050 cm-1. 

 

2.3.2 Metabolic labeling by 13C-phenylalanine 

We first tested the vibrational frequency shift of phenylalanine by 13C labeling. As vibration 

frequency is inversely proportional to the square root of reduced mass, and also taking H atoms 

into account, the Raman peak of uniformly-13C-labeled phenylalanine (i.e., 13C-Phe) should red 
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shift to 1004× 13/14 = 967.5 cm-1, which is close to the measured 968 cm-1 in buffer solution 

(Figure 2.1 A, red). This peak shift has also been observed in microbes fed with 13C-glucose 

(21). Some attention needs to be paid to the signal extraction as both 12C- and 13C- Phe Raman 

peaks sit on a flat baseline (950~1050 cm-1) (Figure 2.1 B). Since SRS preserves spontaneous 

Raman spectrum, we adopt a simple and robust subtraction strategy to determine the net 

phenylalanine signal: using the central valley at 986 cm-1 to represent the baseline background 

and then subtracting it from images at the two peaks (968 cm-1 and 1004 cm-1). Besides, we 

notice that there is a smaller peak from 13C-Phe overlapping with the 1004 cm-1 peak of 12C-Phe. 

After treating this as a linear contribution from 13C channel to 12C channel with a coefficient of 

0.14, we can obtain pure 13C and 12C signals as 𝐼 13C = 𝐼968 − 𝐼986 and 𝐼 12C = 𝐼1004 − 𝐼986 −

0.14 ∙ 𝐼(13C), I represents the intensity from spectrum or image. 

 

We then demonstrated our method in cultured HeLa cells. After cells were incubated with 0.8 

mM 13C-Phe substituted medium, time dependent spontaneous Raman spectra were measured 

(Figure 2.2) from fixed cells. The endogenous 12C peak shows an apparent decay while the 13C 

peak increases concurrently over time, proving the success of metabolic incorporation. The 

normalized ratios (12C/(12C+13C)) verses time were fitted with an exponential decay (τ = 43±4 

hrs) (Figure 2.2, inset).  
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Figure 2.2 Time dependent spontaneous Raman spectra of HeLa cells. The spectra clearly show decline of 1004 

cm-1 peak and rise of 968 cm-1 peak. The center at 986 cm-1 is used in background subtraction for SRS images. Inset: 

single exponential fitting of 12C/(12C+13C) ratio obtained from spectra. 

 

2.3.3 Ratiometric imaging of protein turnover by SRS imaging 

To obtain ratiometric maps, we set up SRS microscope similarly as previously described (11). 

Live cell SRS images were acquired at three Raman shifts (968 cm-1, 986 cm-1, 1004 cm-1). After 

background subtraction, gradual weakening of the resulting 12C channels clearly indicates the 

degradation of old proteome (Figure 2.3 A). As expected, the amount of total proteome almost 

remains unchanged in quasi steady state, as confirmed by the sum images of 12C and 13C 

channels. Ratio maps were calculated as normalized 12C/(12C+13C) to account for cell-cell 

variation and laser power fluctuation. One can readily infer how fast the degradation is from 

these ratio maps. To compare our results with those collective cell culture results, we fitted 

averaged ratios with single exponential decay (τ = 40±1 hrs) (Figure 2.3 B). This is close to 

what was determined earlier from the spectra and also matches the 35 hrs reported using mass 

spectrometry (22). We also examined the effect of oxidative stress on protein turnover. Reactive 
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oxygen species (ROS) production and cellular anti-oxidant defense are normally balanced as part 

of homeostasis. However, under severe oxidative stress, accumulation of ROS will harm the 

proteolysis machinery thus retarding protein degradation (2, 23). We determined the proteomic 

degradation of HeLa cells treated with 200 µM H2O2 by 24 hr 13C-Phe labeling. Cells treated 

with H2O2 exhibit a ~25% higher 12C ratio than control, indicating a slower protein degradation 

under oxidative stress (Figure 2.3 C). 

 

 
Figure 2.3 SRS imaging reveals protein degradation kinetics in HeLa cells. (A) Background subtracted 12C- and 

13C-Phe SRS images and their sum and ratio maps of HeLa cells show obvious decay in 12C channel and increase in 

13C channel over time. Ratio images decay from ~1.0 to ~0.2. Scale bar, 20μm. (B) Single exponential fitting of 12C 

ratio obtained from SRS images. Error bar, standard deviation of ratio. (C) Treatment of H2O2 results in a slower 

degradation in HeLa cells incubated with 13C-Phe for 24 hrs. Control: 0.45±0.07, n=12; H2O2 treated: 0.60±0.05, 

n=14. n is number of cells analyzed. 
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Figure 2.4 SRS imaging reveals protein degradation kinetics in HEK293T, PC12 and primary neurons. (A 

and B) Time dependent 12C/(12C+13C) SRS ratio maps (A) and single-exponential fitting of the averaged ratio (B) for 

HEK293T cells. (C and D) Time dependent 12C/(12C+13C) SRS ratio maps (C) and single-exponential fitting of the 

averaged ratio (D) for PC12 cells during differentiation induced by NGF-β. Error bars in (B) and (D), standard 

deviation. (E) SRS images of 12C and 13C channels and calculated 12C/(12C+13C) ratio images for mouse 

hippocampal neurons incubated with 13C-Phe for 0 hr and 24 hrs. (F) Comparison of 12C/(12C+13C) ratios at 24 hr 

incubation among HEK293T, PC12, and neurons, indicating that neurons have a slower protein degradation. Scale 

bars, 20 µm. 

 

Our technique could readily be applied to study protein degradation of other cell lines or primary 

cells under either steady state or differentiation conditions. For example, in live HEK293T cells 

(Figure 2.4 A), they were found to follow similar decay patterns but exhibited a faster kinetics 
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with τ = 33±3 hrs (Figure 2.4 B). This is reasonable due to their faster growth than HeLa cells. 

We went on to obtain SRS images during PC12 cell differentiation induced by NGF-β in the 

presence of 13C-Phe (Figure 2.4 C), which reveals protein degradation kinetics with τ = 48±10 

hrs (Figure 2.4 D). We further demonstrates in primary mouse hippocampal neuron culture 

(Figure 2.4 E) using same concentration of 13C-Phe. Protein degradation clearly takes place after 

24 hrs, but much more slowly (Figure 2.4 F), in consistence with the profound metabolic 

difference between neurons (post-mitotic) and HeLa or HEK293T cells (immortal). 

 

2.3.4 Heterogeneity of protein turnover in polyQ protein aggregation model 

Finally we studied the impact of protein aggregation on proteomic degradation with subcellular 

resolution. It is generally believed that polyQ expansion is one of the genetic reasons for neuron 

degenerative disorders such as Huntington’s disease (24). Overexpression of mutant huntingtin 

(Htt) could overwhelm the capacity of cellular proteolysis and form aggregates as inclusion 

bodies (IBs). However, the precise role of aggregate formation is still under debate. We 

expressed a fluorescent protein (mEos2) tagged N-terminal fragment of the mutant Htt protein, 

mEos2-Htt-Q94, in HEK293T cells as a protein aggregation model. 24 hrs after plasmid 

transfection, cells were switched to 13C-Phe medium and imaged 24 hrs and 48 hrs later (Figure 

2.5 A). mEos2 fluorescence readily revealed bright cluster regions as IBs. The corresponding 

regions in the ratio maps (Figure 2.5 B, arrow) show severely retarded degradation, confirming 

proteolysis inability inside IBs. Thus, the subcellular mapping capability of our technique is 
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indispensable to resolve this compartmentalized impairment of metabolic activity. We notice that 

SRS signal could be interfered by the two-photon absorption of mEos2. To exclude this 

possibility, we photo-bleached the mEos2 and restored SRS images (data not shown).  

 

Figure 2.5 Proteomic degradation of HEK293T cells during Htt-Q94 aggregation. (A) Experimental timeline. 

(B) HEK293T cells were imaged after 24-hr or 48-hr expression of Htt-Q94-mEos2. First column: mEos2 

fluorescence images indicate the formation of inclusion body. Second and third columns: SRS images at 12C and 13C 

channels. Last column: SRS ratio maps with subcellular resolution reveal retarded degradation inside inclusion 

bodies (arrow) as well as pronounced slowdown of cytoplasmic protein degradation within a few cells (boxed). 

Scale bar, 10 µm. 

 

Remarkable cell-to-cell variations were observed, shedding light on the functional role of IB 

formation. While the degradation rates for cytoplasmic proteins in most tested cells were very 

similar to those non-transfected cells (Figure 2.4 A), a few ones with hotter colors (Figure 2.5 B, 

boxed) exhibited pronouncedly slower degradation. Interestingly, there exist only diffusive 

Htt-Q94 (or small IBs) in their fluorescence images. In contrast, cells containing large IBs 
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display normal degradation rate for the cytoplasmic proteins. Hence, our observation lends 

support to the emerging hypothesis that the diffusive oligomers of aggregation-prone proteins 

might become toxic to cells by gradually interfering with proteasome machinery, while the 

formation of inclusion bodies may actually play a neuroprotective role by sequestering the 

diffusive toxic species (25, 26). 

 

2.4 Conclusion 

In summary, we have demonstrated the coupling of SRS microscopy with 13C-Phe labeling in 

quantitative imaging of protein degradation. Compared to existing approaches, our method is 

unique in several aspects. First, 13C stable isotope introduces minimal perturbation; meanwhile 

SRS offers non-invasive detection with subcellular resolution. On the contrary, neither 

autoradiography nor mass spectrometry can probe living cells. Second, the intrinsic contrast from 

12C-Phe offers an endogenous marker for the preexisting proteome. This is hardly achievable for 

bioorthogonal alkyne tagging (27–29), which can only visualize the newly incorporated tags. 

Likewise, the recently reported deuterium labeling approach only allows imaging of proteome 

synthesis but not degradation (11) (note that monitoring the decay of C-D signal after 

pulse-chase of deuterated amino acid would not work, since the C-D signal would gradually 

transfer from protein to other metabolites such as lipids (30)). Last, unlike analysis on individual 

proteins, our proteomic approach reveals the global proteolysis activity, a phenotype in many 
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diseases, thus our technique can be applied to drug screening where cell’s proteolysis status is a 

key functional observable. 

 

2.5 Methods 

Stimulated Raman Scattering Microscopy 

We use picoEmerald laser system (Applied Physics and Electronics) as light source for SRS 

microscopy. It produces Pump (tunable from 720 nm – 990 nm) and Stokes (1064 nm) beams 

simultaneously with 80 MHz repetition. For 968, 986 and 1004 cm-1, the wavelengths of pump 

laser are 964.5, 962.8 and 961.1 nm, respectively. Pulse durations for two beams are 6 ps and 5-6 

ps, respectively, (measured bandwidth for OPO laser is 0.2 nm), corresponding to 5 cm-1 in 

excitation spectral resolution. Stokes beam is modulated at 8 MHz by an internal electro-optic 

modulator. The spatially and temporally overlapped Pump and Stokes beams are introduced into 

an inverted multiphoton laser scanning microscopy (FV1200MPE, Olympus), and then focused 

onto the sample by a 60X water objective (UPlanAPO/IR, 1.2 N.A., Olympus). Transmitted 

Pump and Stokes beams are collected by a high N.A. condenser lens (oil immersion, 1.4 N.A., 

Olympus) and pass through a bandpass filter (890/220 CARS, Chroma Technology) to filter out 

Stokes beam. A large area (10×10 mm) Si photodiode (FDS1010, Thorlabs) is used to measure 

the remaining Pump beam intensity. We apply 64 V DC voltage on the photodiode to increase 

saturation threshold and reduce response time. The output current is terminated by a 50Ω 

terminator and pre-filtered by an 8-MHz band-pass filter (KR 2724, KR electronics) to reduce 
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laser and scanning noise. The signal is then demodulated by a lock-in amplifier (SR844, Stanford 

Research Systems) at the modulation frequency. The in-phase X output is fed back to the analog 

channel (FV10-ANALOG) of the microscope. Image acquisition speed is limited by 20 µs time 

constant set for the lock-in amplifier. Correspondingly, we use 100 µs pixel dwell time, which 

gives a speed of 25 s/frame for a 512-by-512-pixel field of view. Laser powers on sample are 

measured to be 130 mW for modulated Stokes beam and 120 mW for Pump beam. Laser powers 

are monitored through image acquisition by an internal power meter and power fluctuation are 

controlled within 2% by the laser system. 16-bit grey scale images are acquired by Fluoview 

software. 

 

Spontaneous Raman Spectroscopy 

Spontaneous Raman spectra were acquired using an upright confocal Raman spectrometer (InVia 

Raman microscope; Renishaw). A 532 nm YAG laser is used to illuminate the sample with a 

power of 27 mW on sample through a 50×, N.A. 0.75 objective (NPLAN EPI; Leica). Data 

acquisition was performed after 80-second integration by the WiRE software. Fixed HeLa cells 

are used and glass background from the coverslip is subtracted by measuring signal from 

non-cell region near the target cell. The spectra are normalizd according to Amide I band. 

 

Cell Culture and 13C-Phe Labeling 
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13C-Phe labeling in mammalian cell lines and mouse hippocampal neuron cells 13C-Phe 

supplemented DMEM for HeLa (ATCC), HEK293T (ATCC) cells were made using 

13C9,15N-L-phenylalanine (Sigma) (final concentration: 0.8 mM) and other regular amino acids, 

salts and vitamins, with 10% FBS and penicillin-streptomycin (Invitrogen). 13C-Phe 

supplemented DMEM for PC12 (ATCC) differentiation is similar except for low serum 

concentration (1% FBS) and a supplement of 50 ng/mL NGF-β (murine recombinant, Sigma). 

HeLa or HEK293T or PC12 cells were seeded onto a coverslip in regular medium and then 

subjected to medium change or induction to differentiation. For incubation time longer than 48 

hrs, the medium is refreshed once to prevent exhaustion of nutrition. For experiments with 

mouse hippocampal neuron culture, 13C-Phe supplemented Neurobasal Medium was used for 

labeling ~8 day old neurons. After an intended incubation period, the coverslips were taken out 

and used to make a chamber filled with PBS for SRS imaging. Cells for spontaneous Raman 

spectra measurement were fixed using cold 4% paraformaldehyde in PBS for 15 min, then 

washed twice with PBS. 

 

For studying huntingtin aggregation, HEK293T cells were transfected with 3µg Htt-Q94 

(Addgene, tagged with mEos2 or SNAP) plasmid using Transfection Reagent (FuGene, Promega) 

in regular DMEM. After 24 hr incubation, the medium is switched to 13C-Phe supplemented 

DMEM. The formation of inclusion body was confirmed by mEos2 fluorescence, which is taken 

with the same laser scan confocal microscope upon illumination by 488 nm laser (400µW). 
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Image processing and data analysis Images are assigned color by ImageJ. Ratio maps are 

calculated by Matlab2012. Single exponential fitting is performed in Origin8.0. Student t test and 

P value calculation is performed in Prism5.0. 
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Chapter 3 

Membrane phase behavior and implication in biological membrane
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3.1 Chapter overview: membrane lipid bilayer and phases 

Membrane encloses the boundary of life. They are composed of amphiphilic lipid molecules 

containing a hydrophilic head and a long hydrocarbon tail. These molecules self-assemble as a 

bilayer in aqueous environment, with the hydrophilic head facing outward, in order to avoid 

hydrophobic interaction between the hydrocarbons and water. Thus the biological membrane has 

long been perceived as a fluidic barrier and neutral two-dimensional solvent for membrane 

proteins, as in the textbook ‘fluid mosaic’ model (lipid bilayer inserted by membrane proteins) 

(1). Yet this perception is over-simplified from the current point of view, given the enormous 

diversity of lipids and their intricate influence on bilayer property. For example, the random 

mixing of lipids and proteins in the ‘fluid mosaic’ model cannot explain how proteins are 

selectively sorted to the plasma membrane after they are made, or why certain lipids and proteins 

cluster in the plasma membrane of eukaryotic cell (2). 

 

The above functions point to the capability of biological membrane (complex of protein and 

lipids) to segregate laterally. It was in fact found earlier that lateral segregation is an inherent 

property of lipids, and is dictated by the phase behavior of the bilayer. Since then, the study of 

membrane phase behavior has attracted scientists’ interest for decades, not only for its 

implication in the organization principle of biological membrane, but also as an intriguing 

physicochemical problem by its own. Studies of in vitro model membrane have revealed three 

major phases existing in lipid bilayer: solid ordered phase (So, also known as gel phase), liquid 
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disordered phase (Ld, also known as liquid crystalline phase), and liquid ordered phase (Lo) (3). 

They are defined by the spatial arrangement and motional freedom of the lipid molecules 

(Figure 3.1). The So phase is characterized by highly ordered intermolecular packing, and 

essentially frozen in-bilayer movement (diffusion coefficient D = 10-3 µm2/s). In comparison, the 

Ld phase assumes random conformation in the acyl chains, and molecules can freely diffuse 

inside (D = 1 µm2/s). The third phase, Lo phase, is a cholesterol-enriched phase. It possesses high 

order as in So phase, but retains fast diffusion like in Ld phase. 

 

 
Figure 3.1 Molecular structures of common lipid molecules in biological membrane and three major phases 

observed in model membranes. Structures are shown for an unsaturated phosphotidylcholine (PC), a saturated PC, 

and cholesterol. Cartoons are shown for Ld, Lo and So phases, together with description of their distinct properties. 
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Depending on the temperature as well as the chemical composition, a bilayer could assume 

uniform phase or co-existence of multiple phases. In the latter case, immiscible domains will 

form, which accounts for spontaneous lateral segregation in membrane. Below I will briefly 

introduce the concept of main phase transition and lateral phase separation in model membranes, 

as well as how this translates into understanding of biological membranes. For more elaborative 

description and discussion, the reader can refer to earlier instructive and inspiring reviews (3–

10). 

 

3.2 Main phase transition of lipid bilayer 

The main phase transition (11) describes the temperature-dependent So-to-Ld phase transition of 

lipid bilayer formed by single component, e.g. dipalmitoylphosphatidylcholine (DPPC). At low 

temperature, the DPPC bilayer adopts So phase, with all the acyl chains aligned and minimal 

lateral movement. The CH2 moieties are in the trans conformation as a low-energy state. Upon 

increasing the temperature, the acyl chains undergo trans-gauche isomerization and the bilayer 

becomes less ordered and more fluidic towards the Ld phase. Conformational change in one 

molecule causes it bumping into its adjacent molecules, and therefore triggers a cooperative 

molecular motion in a long distance. Such cooperativity is then reflected in the ‘melting curve’, 

where physical properties of the bilayer changes abruptly at a temperature called ‘main phase 

transition temperature’ (Tm). Tm is an intrinsic physicochemical property of the lipid molecule, 

and reflects the propensity of the molecule to assume ordered structure in a mixture. Therefore it 
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is one of the most important parameters to describe the compositional features of a lipid mixture. 

Some general trend could be inferred from the Tm’s of various bilayer-forming lipids (Table 2). 

Increasing the aliphatic chain length would elevate the Tm, while higher degree of unsaturation 

results in a lower Tm. The hydrophilic head group can also change Tm by as much as 20K (e.g. 

comparing DPPE and DPPC). 

 

Table 2 Names and transition temperatures of related lipid species 

Lipid species Name Acyl chain 
Transition temperature 

(Tm/°C) * 

PC POPC C16:0/C18:1 -2 

 DLPC C12:0/C12:0 -1 

 DMPC C14:0/C14:0 24 

 DPPC C16:0/C16:0 41 

 DSPC C18:0/C18:0 55 

 d62-DPPC C16:0/C16:0 37 

PA DMPA C14:0/C14:0 50 

 DPPA C16:0/C16:0 67 

PI DPPI C16:0/C16:0 41 

PS DPPS C16:0/C16:0 54 

PE DPPE C16:0/C16:0 62 

DG DPG C16:0/C16:0 66 

* Transition temperature data is adapted from references (12, 13). Melting point is used instead of 
transition temperature for DG. PC: phosphatidylcholine; PA: phosphatidic acid; PI: phosphatidylinositol; 
PS: phosphatidylserine; PE: phosphatidylethanolamine; DG: diacylglycerol. 

 

3.3 Cholesterol promotes Lo phase formation 

As one major component of biological membrane, cholesterol is the most important regulator of 

membrane phase behavior. Thermodynamic studies reveal that cholesterol eliminates the main 
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phase transition, making a smooth transition through Tm (12). This can be explained by the 

rigidity of cholesterol’s ring structure that limits the motion of the acyl chains and thus breaks up 

the long-range cooperativity in between them. Consequently, cholesterol exerts different effects 

when it is mixed with saturated lipids or unsaturated lipids. For saturated lipids that normally 

form So, cholesterol frees up individual molecule from interaction with its neighbors, and 

increases lateral movement approaching that in Ld phase. For unsaturated lipids that normally 

form Ld, cholesterol restricts the conformational flexibility in the acyl chains, and confines the 

volume taken up by each lipid. Hence cholesterol increases the packing order in unsaturated lipid 

bilayer like in the So phase. The overall effect of cholesterol is to eliminate the difference 

between Ld and So phase, and gives rise to a third phase, the Lo phase. 

 

3.4 Lateral phase separation in lipid bilayer 

Nano-scale lateral heterogeneity in bilayer was recognized when the ‘fluid mosaic’ model was 

presented (1). In the same year, lateral phase separation in phospholipid membrane was observed 

and proposed to facilitate membrane trafficking (14). The term ‘lateral’ refers to 

two-dimensional behavior, since in most processes concerning lipid phase behavior, the 

hydrophobic hydrocarbon-water interaction dominates over all the other interaction energies. 

 

Lateral phase separation can occur when different lipids are mixed. Micro- or nano- domains will 

form, driven by immiscibility between different phases. Phase separation of lipid mixtures can be 
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quantitatively described in terms of temperature or chemical composition. Analogous to the main 

phase transition of a single species, lipid mixture also transits from one-phase regime to phase 

coexistence when it is cooled through its miscibility transition temperature (Tc) (15). At Tc, the 

energy cost to exchange matter between different components is essentially zero. The system 

then displays critical behavior, where fluctuations in domain size and composition occur. This is 

believed to have important implication in the behavior of cell plasma membrane. More 

commonly, phase behavior of a mixture is described with respect to varying chemical 

composition. This is more relevant to biological membranes that are usually kept under 

physiological temperature. Observations in ternary mixtures composed by a low-Tm lipid, a high- 

Tm lipid, and cholesterol can be summarized into phase diagram (6, 9, 15). A simplified diagram 

is shown below (Figure 3.2). Any point in the triangle diagram represents a specific composition 

and it falls into a certain phase regime that is delineated by a line defining the phase boundary. 

The location of these lines is determined by the combination of lipid molecules in the mixture. 
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Figure 3.2 Lateral phase separation and sketch of phase diagram. Lipids with distinct property will segregate 

into domains. A simplified phase diagram is shown for a bio-mimicking ternary-component model membrane, based 

on experimental measurement from reference (16). Solid lines indicate phase boundaries. Area above 66% 

cholesterol exceeds its solubility in lipid bilayer thus not considered here. 

 

3.5 Biological membranes 

Knowledge gained from model membrane study provides valuable insight into the organization 

principle of biological membrane. Chemical compositions obtained from ‘lipidomics’ of 

sub-cellular compartments can be readily fitted into the phase diagram so that equilibrium 

property of the membrane can be inferred. For example, the endoplasmic reticulum (ER) has low 

cholesterol concentration and low lipid saturation, which predicts Ld-like properties (3, 17, 18). 

In comparison, the plasma membrane is enriched with cholesterol and saturated lipids, which 

predicts Ld-Lo phase coexistence. Experimentally the liquid phase separation is readily observed 

in giant vesicles budded from plasma membrane (GPMV) (5). 

 

However, biological membranes are fundamentally different from in vitro model systems. This 

has been realized after decades of efforts searching for ‘lipid raft’ in live cell. The lipid raft 

hypothesis was raised to account for lateral heterogeneity and assembly of a ‘signaling platform’ 

in plasma membrane (2, 19). Though lipid raft has found its physical ground as Lo phase, its 

existence in cell membrane remains a debate. Unlike GPMV (model for plasma membrane) 

where micro-scale phase separation can be readily observed by optical microscopy, the raft 

domain is believed to be much smaller (nanoscale size) and much more dynamic (5). The 
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puzzling behavior in live cell invokes researches into the unique properties of biological 

membrane (7, 8). 

 

Many factors have been proposed that distinguish biological membranes from in vitro model 

membranes (5, 7). One important factor is attributed to the crowding membrane proteins, whose 

transmembrane domain perturbs putative lipid domain boundary, while interaction with the 

cytoskeleton adds diffusion barriers to the membrane lipids. The other important factor relates to 

the non-equilibrium nature of biological membrane. The living cell is an intrinsically 

non-equilibrium system that constantly undergoes lipid turnover and membrane trafficking. This 

is especially relevant and important for endoplasmic reticulum (ER), the largest membrane 

system as well as the lipid metabolic center in cell. Thus in the next chapter, I will show new 

evidence obtained by metabolic imaging that proves the susceptibility of ER membrane phase to 

the modulation of lipid metabolic activity. 
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Chapter 4 

Metabolic activity induces membrane phase separation in endoplasmic reticulum
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4.1 Abstract 

Membrane phase behavior has been well characterized in model membranes in vitro under 

thermodynamic equilibrium state. However, the widely observed differences between biological 

membranes and their in vitro counterparts are placing more emphasis on non-equilibrium factors, 

including influx and efflux of lipid molecules. The endoplasmic reticulum (ER) is the largest 

cellular membrane system and also the most metabolically active organelle responsible for lipid 

synthesis. Yet how the non-equilibrium metabolic activity modulates ER membrane phase has 

not been investigated. Here, we studied the phase behavior of functional ER in the context of 

lipid metabolism. Utilizing advanced vibrational imaging technique, i.e. stimulated Raman 

scattering microscopy, we discovered that metabolism of palmitate, a prevalent saturated fatty 

acid (SFA), could drive solid-like domain separation from the presumably uniformly fluidic ER 

membrane, a previously unknown phenomenon. The potential of various fatty acids to induce 

solid phase can be predicted by the transition temperatures of their major metabolites. Interplay 

between saturated and unsaturated fatty acids is also observed. Hence, our study sheds light on 

cellular membrane biophysics by underscoring the non-equilibrium metabolic status of living 

cell. 

 

4.2 Introduction 

Lipid bilayers enclose the boundary of life, and their diverse chemical compositions together 

with physical phases underlie membrane organizations and biological functions (1). Studies of in 
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vitro model membranes have shown that depending on chemical composition, mixture of lipids 

in a bilayer could either blend into a uniform phase, or phase-separate into co-existing domains 

due to immiscibility. Three major phases have been observed in these studies: liquid disordered 

(Ld), liquid ordered (Lo), and solid ordered (So), each representing a distinct type of bilayer 

organization (1, 2). 

 

However, biological membranes are fundamentally different from in vitro model systems. As a 

manifestation, liquid phase separation gives rise to static microdomains that can be readily 

observed in model membrane, yet the existence of raft domains (Lo - like) in live cell has been a 

debate for decades due to much smaller domain size and faster dynamics (3). Many factors have 

been proposed to account for the unique aspects of biological membranes. One important factor 

is attributed to lipid-protein interaction, including the crowding effect of membrane protein as 

well as the intimate regulation by cytoskeleton (3, 4). Another less-considered but more 

fundamental factor concerns the thermodynamic state of the membrane. The living cell is an 

intrinsically non-equilibrium system that constantly undergoes lipid turnover and membrane 

trafficking. This is especially relevant and important for endoplasmic reticulum (ER), the largest 

membrane system as well as the lipid metabolic center in cell. Indeed, ER is subject to the influx 

of lipid molecules synthesized from fatty acids, the efflux due to vesicle budding and secretion, 

and the exchange of lipids with other organelles via extensive and dynamic physical contacts (1). 

All the above contribute to fast turnover of ER lipids (half life ~ 100h or one cell division) (5, 6). 
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With rich metabolic activity, ER membrane is easily perturbed from equilibrium by dynamic 

influx of nutrients. We hence hypothesize that the non-equilibrium factor, such as lipid synthesis 

in ER, is capable of driving ER membrane from its poised Ld phase to phase separation. Our 

hypothesis is motivated by recent studies and findings. Experimentally, fatty acids such as 

palmitate have been reported to promote saturated lipid synthesis and accumulation in ER, which 

subsequently impair ER structural integrity (7–9). But the ER phase behavior was not examined 

there. Theoretical study has also alluded to local phase separation when patches of membrane 

with different composition are delivered to a bilayer (10). This could be relevant to the condition 

of active lipid synthesis occurring in ER. 

 

Towards testing this hypothesis, our study creates a non-equilibrium condition with the presence 

of lipid synthesis in ER membrane of living cells. To examine the spatial heterogeneity of 

membrane and interrogate its biophysical status, we employed the emerging vibrational imaging 

technique, i.e. stimulated Raman scattering microscopy, and correlated it with lipidomics and 

fluorescence imaging. We found that ER membrane phase is susceptible to the modulation by 

metabolic activity. Remarkably, lipid synthesis derived from palmitate, a prevalent saturated 

fatty acid (SFA), even drives formation of solid-like domains, which are rarely reported in live 

cells that presumably require fluidic membrane (4, 11–14). Interestingly, the propensity of phase 

separation can be tuned by the molecular identity of the metabolic flux: the ability of various 

fatty acids to induce solid-like domains is correlated with the transition temperatures of their 
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major metabolites, and might be related with their cytotoxicity. Our study surveys the ER phase 

behavior in the thermodynamic space of external perturbation, and provides new insight into 

membrane phase behavior of living cells far away from equilibrium. 

 

4.3 Results 

4.3.1 Palmitate promotes membrane lipid synthesis 

ER hosts the majority of de novo lipid synthesis in the cell (1). In this way, ER is able to build 

new membrane components from external nutrients such as fatty acids, and supply the renewal 

of other membrane-bound organelles. In fact, it has been reported that palmitate, the most 

abundant fatty acid in circulation (15), promotes phospholipid synthesis and accumulation in ER 

(7–9). To understand how palmitate metabolism reshapes the cellular lipidome and what types of 

lipid metabolites are accumulating, we analyzed changes in cellular lipid composition over time 

by HPLC-MS (Figure 4.1). 

 

The time-dependent lipid heatmap (Figure 4.1 A) reveals significant fold increase in 

glycerolipids (DG, TG, and phospholipids) and ceramide (Cer) (p < 0.05). This confirms that 

exogenous fatty acid promotes de novo lipid synthesis. Interestingly, when quantified by the 

change in absolute amount, several particular lipids show up in the highest rank of increase or 

decrease (Figure 4.1 B). Besides TG, a common storage lipid, the major lipid accumulation is 

attributed to DG, PA, PI, and PC with two saturated fatty acyl chains (most likely 16:0 or 18:0). 
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Meanwhile, there is a slight decrease in CE and PC lipids with unsaturated acyl chains. In 

summary, palmitate caused time-dependent accumulation of fully saturated glycerolipids that 

elevated the overall lipid saturation in the cells.  

	

Figure 4.1 Palmitate promotes synthesis and accumulation of saturated lipids. (A) Alteration in major lipids 

after treatment by palmitate for 20min, 1h, 5h, and 8h. Fold change (p<0.05, student’s t-test) was calculated and 

shown in the heatmap. CE: cholesterol ester; MG: monoacylglyceride; DG: diacylglyceride; TG: triacylglyceride; 

PA: phosphatidic acid; PC: phosphatidylcholine; PE: phosphatidylethanolamine; PS: phosphatidylserine; PI: 

phosphatidylinositol; Cer: ceramide; SM: sphingomyeline. (B) Alteration in amount was calculated as the amount 

difference between palmitate treated and control. Diagram shows top ranks in increase or decrease. Data are 

presented as mean ± SEM. 

 

4.3.2 Vibrational imaging reveals dynamic structures derived from lipid synthesis 

To examine the spatial heterogeneity of these newly synthesized lipids, we then sought to 

visualize their distribution and organization as well as relation to ER in cells. Towards this, we 
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employed the emerging vibrational imaging technique for stable-isotope-labeled small molecules 

(16). Specifically, deuterium labeling of small molecules creates carbon-deuterium bond (C-D) 

whose vibration provides distinct chemical contrast for stimulated Raman scattering (SRS) 

microscopy (Figure 4.2 A). This platform is well-suited for studying lipid metabolism as well as 

membrane biophysics (16–19), since tagging small lipid molecules with relatively bulky 

fluorophores often significantly perturbs lipid metabolism (20) (will also be shown later in our 

study). Indeed, most common fluorescent tags such as NBD and BODIPY were termed 

‘ill-suited’ when used to study lipid biophysics (20, 21). 

 

We treated cells with deuterium-labeled palmitate (d-palmitate) for several hours before 

acquiring C-D SRS images. We found that palmitate-derived lipids possessing the C-D label 

formed isolated micron-sized patches (Figure 4.2 B). We then correlated the C-D SRS image 

with confocal fluorescence from a luminal ER marker transiently expressed in the same cell 

(ER-GFP). In this way, we confirmed that these new structures colocalized with ER (Figure 4.2 

B), consistent with ER accumulation of palmitate-derived lipids mentioned earlier (7). Similar 

distribution pattern was reproduced in many other cell types, including HepG2 liver cell and 

mouse fibroblast (Figure 4.2 C and D), suggesting a common underlying mechanism. 
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Figure 4.2 Vibrational imaging reveals new dynamic structures formed by palmitate metabolites. (A) 

Illustration of isotope-SRS imaging: Deuterium-labeled palmitate (d-palmitate) is metabolically incorporated into 

cellular lipids. The C-D bond vibration of the resulting metabolites is specifically detected by SRS microscopy. 

400µM fatty acid was used in this study if not specified. (B) ER-GFP expressing HeLa cell was treated by 400µM 

d-palmtiate for 4 hrs. Upper row shows 2-D projection of ER-GFP fluorescence, C-D SRS, and their overlay. 

Bottom row shows depth-color-coded image of ER-GFP and C-D SRS, and the magnified view of boxed regions. (C 

and D) C-D SRS images of HepG2 liver cell (C) and mouse fibroblast (D) treated with palmitate for 5 hrs. (E) C-D 

SRS images of HeLa cells treated with palmitate at varying dose (10 ~ 400µM) and time (1 ~20h). (F) HeLa cells 

were pulse-chase treated with 4hr palmitate and 2hr d-palmitate, fixed and washed by 0.5% Triton X-100. Two color 

images are shown for C-H and C-D channels. (G) The clearance of palmitate-derived compartments after removal of 

palmitate. HeLa cells were pulse-chase treated by 4hr palmitate and 1hr d-palmtiate to better delineate the 

compartments. Then palmitate was removed and C-D SRS image were taken at indicated time. Scale bars: 10µm.  
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Next we studied the dynamics including both the growth and turnover of these structures. We 

supplemented HeLa cells with palmitate concentration varying from 10µM to 400µM for 

duration from 1hr to 20hrs (Figure 4.2 E). This is in reference to the free fatty acid concentration 

in circulation (fluctuating in a wide range from sub- to several milli molar) (22) and that 

commonly applied in other studies (e.g. 400µM (8, 23–25)). We found that the new structures 

grew over time, faster at higher concentration (Figure 4.2 E). It appeared as isolated puncta in 

early stages and gradually developed into large lamellar structure. The development over time 

well correlates with the accumulation of palmitate metabolites revealed by lipidomics. Notably, 

these structures exist in a wide range of time and dose conditions we have used: at concentration 

down to 10µM, or after as short as 1h treatment (Figure 4.3 A). To resolve the growth dynamics 

in single cells, we performed a sequential treatment first by palmitate followed by d-palmitate. 

The later-applied label appeared on the rim, which suggests that the development of the structure 

is driven by accumulation of new palmitate metabolites at the periphery (Figure 4.2 F). These 

compartments disappeared gradually following removal of palmitate from the media, indicating 

that their development relies on the sustained influx of fatty acid (Figure 4.2 G). All the above 

dynamic features suggest that these palmitate-derived structures were driven by cellular 

metabolic activity. 

 

We furthur verified the above conclusion based on the following additional lines of evidence. 

Firstly, although palmitate is reported to be toxic at high dose (26), no observable cell death 
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occurred under the time and dose condition we used for imaging (Figure 4.3 B), which indicates 

that the cells are metabolically active. Secondly, quantification of intracellular free fatty acid 

(FFA) reveals a transient rise and then recovery to baseline level within 3hrs (Figure 4.3 C). 

Thus FFA alone is not sufficient to form such stable structures over a long time. Lastly, these 

structures were abolished by small-molecule inhibitor of acyl-CoA synthetase that catalyzes the 

first step in lipid synthesis (27) (Figure 4.3 D and E), and were also suppressed by siRNA of 

GPAT4, an enzyme involved in phospholipid synthesis (28) (Figure 4.3 F and G). 

 

	

Figure 4.3 Palmitate-derived structure is a result of lipid synthesis. (A) Percentage of cells with observable 

palmitate-derived non-LD structure. (B) Time- and dose- dependent decrease in cell number. (C) FFA concentration 

measured in HeLa cells after treatment by palmitate for 0, 1, 3, and 5 hrs. Data are presented as mean ± SEM. n=4. 

(D and E) HeLa cells were treated with d-palmitate for 5 hrs in the presence of 5µM Triacsin C (D) or vehicle 

(DMSO) (E). CH3 SRS shows total protein distribution as morphology of the cell. (F) HeLa cells transfected with 
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control siRNA or GPAT4 siRNA for 48hrs, and treated with d-palmitate for 6 hrs. Representative C-D SRS images 

are shown. (G) Mean C-D SRS intensity is quantified for each condition. p<0.001, n=4, total cell number >100. 

Scale bars: 10µm. 

 

4.3.3 Newly synthesized lipids form phase-separated membrane domains in ER 

Given the observed dynamic accumulation of palmitate metabolites in ER, we asked if ER 

membrane phase had been affected. To test this, we first examined if the new structures are 

organized as membrane, and then evaluated if they are phase-separated domains from the fluidic 

ER. 

 

We confirmed that they were not lipid droplets (LDs) where neutral lipid metabolites (TAG and 

CE) are stored. At early stage (1h incubation) when the structures are small, they can be readily 

distinguished from LDs via neutral lipid staining by Nile Red (Figure 4.4 A). Quantitative image 

analysis of the Nile-Red-positive and -negative structures reveals significant difference between 

LDs and the non-LD signal. LDs can be easily distinguished in the image as small intense puncta. 

Yet the non-LD structures exhibit wider distribution in size but weaker and more uniform 

intensity than LDs (Figure 4.4 B and C), suggesting a lamellar organization. Indeed, 

morphologically, reconstructed z-stack images revealed planar structures spanning several 

microns in x-y but with diffraction-limited z-profiles (Figure 4.4 D). This fits into the model 

where planar membrane bilayer lies parallel to the illumination plane (Figure 4.4 E). In cells 
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where individual compartments are no longer resolvable from each other, we could always find 

step-like features in the line profile of C-D SRS intensity (Figure 4.4F). We could then identify 

an equal spacing after calculating pairwise intensity difference (Figure 4.4 G) (14±5 uV in HeLa 

and 19±6 uV in COS-7). As an orders-of-magnitude estimation, this intensity spacing translates 

into 3.1×106 palmitoyl groups in focus, which approximates to the SRS signal size calculated 

from one deuterated lipid bilayer, suggesting the compositional unit to be lipid bilayer (see 4.5 

Supplementary Information). Thus in parallel with lipidomic analysis that the accumulating 

lipids (DG, PA, PI, and PC) are all membrane constituents (Figure 4.1), these pieces of evidence 

from imaging strongly support that palmitate-derived lipids are forming membrane. 

 

	
Figure 4.4 Image quantification and analysis reveals membrane features of palmitate-derived structure. (A) 

C-D SRS, Nile Red fluorescence and overlay images of HeLa cell treated with d-palmitate for 1 hr and stained by 

Nile Red. Arrows indicate LDs stained by Nile Red. (B) Representative images showing image segmentation based 
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on Nile Red positive (LD) or Nile Red negative (non-LD). (C) C-D SRS intensity quantification and area 

measurement from LD and non-LD signal based on segmentation in (B). (D) HeLa cell was treated with d-palmitate 

for 5hrs. Orthogonal views of two regions of interest (ROI) from depth-resolved reconstructed image are shown for 

individual structures. (E) Cartoon showing the focused light illumination on the single bilayer. (F) Line profiles of 

C-D SRS image with overlapping layers of palmitate metabolites. (G) Pairwise distribution function was calculated 

for these line profiles, which show oscillating patterns that indicate constant intensity spacing. Scale bars: 10µm in 

(A); 2µm in (B) and (D). 

  

In fact, forming domains instead of blending into existing ER membrane already implies 

different organization in palmitate-derived lipids from the native ER membrane. We then further 

examined the spatial relation of these membrane domains to ER membrane using two types of 

membrane markers, one lipid (BODIPY-C12) and one membrane protein (mCherry-sec61β). 

BODIPY-C12 is a common fluorescent analog of palmitate (Figure 4.5 A), and also serves as a 

general membrane marker. Thus we add trace BODIPY-C12 along with d-palmitate. Remarkably, 

different patterns were observed in the correlative SRS and fluorescence images (Figure 4.5 B). 

While C-D SRS exhibited many isolated domains, BODIPY-C12 highlighted reticular structure 

resembling the ER. Even negative correlation can be observed between BODIPY fluorescence 

and C-D SRS channel in flat regions of ER membrane such as large sheet and nuclear envelope 

(Figure 4.5 C, Figure 4.6 A-C). This observation, on one hand, could be reconciled by strong 

perturbation from the BODIPY tag. On the other hand, it supported the hypothesized lateral 

phase separation in ER membrane, since bulky fluorescent probes usually favor partitioning into 

disordered over ordered phase in vitro (20). 
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Figure 4.5 Fluorescent membrane markers reveal lateral separation of palmitate-derived membrane domains 

in ER. (A) Chemical structure of fluorescent analog, BODIPY-C12. (B) COS-7 cell was treated with d-palmitate and 

2µM BODIPY-C12 for 5 hrs. C-D SRS, BODIPY fluorescence, and their overlay are shown. (C) Magnified view is 

shown for a large sheet. Intensity profiles of the dashed line are shown for both SRS (red) and fluorescence (green) 

channels. (D) mCherry-Sec61β-expressing COS-7 cell was treated with d-palmitate for 4 hrs. C-D SRS, Sec61β 

fluorescence, and their overlay are shown. (E) Magnified view is shown for the boxed area in (D). Intensity profiles 

of both SRS (red) and fluorescence (green) channels are shown for the dashed line in (D). In (C) and (E), dark grey 

stripes indicate two layers of palmitate-derived membrane. Scale bars: 10µm in (B) and (D); 2µm in (C) and (E).  

 

This result of lateral phase separation can be further verified with an ER membrane protein 

marker, mCherry-Sec61β (Figure 4.5 D). Specifically, on large sheets, negative correlation can 

be clearly identified between C-D SRS and mCherry fluorescence channels (Figure 4.6 E). 

Special considerations must be taken when examining the lateral heterogeneity in ER membrane. 

Different from plasma membrane or vesicle, ER has unique architecture composed by tubular 

and lamellar cisternae. We noted that the planar structure of C-D SRS domains fits into the 

model of so-called ‘ER sheet’ (lamellar cisternae), where a lamellar space is enclosed by two 
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opposing membrane bilayers. Palmitate metabolites may constitute either or both of the bilayers 

(Figure 4.6 D). This is manifested in the line profiles of C-D SRS that negatively correlates with 

fluorescence channel (Figure 4.5 C and E, Figure 4.6 C). With one layer of palmitate-derived 

membrane, fluorescent markers still reside in the opposite bilayer of the cisternae; yet when both 

layers are occupied by palmitate metabolites, fluorescence is almost non-detectable. 

	

Figure 4.6 Fluorescent membrane markers reveal lateral separation of palmitate-derived 

membrane domains in ER (supplementary). (A) HeLa cell was treated with d-palmitate and 1µM 

BODIPY-C12 for 1 hrs. C-D SRS, BODIPY fluorescence, and their overlay are shown. (B) Magnified 

view is shown for the boxed area in (A). Intensity profiles of the dashed line are shown below for both 

SRS (red) and fluorescence (green) channels. (C) Similar to Figure 4.5 E. (D) Tubular and lamellar 

structures of ER cisternae (upper) and the proposed model for lateral phase separation in ER (bottom). 

Palmitate-derived membrane is shown in red while the rest of ER membrane is shown in green. Scale bars: 

10µm in (A); 2µm in (B) and (C).  

 

4.3.4 Emergence of solid-like domain in ER membrane 

Unlike plasma membrane (~ 50% cholesterol), ER membrane is characterized by low cholesterol 
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level (3-6% of lipids (29)). This predicts unique phase behavior in ER membrane, because 

cholesterol is known to eliminate solid-liquid transition and promote Lo phase formation in in 

vitro model membrane (30). Accordingly, ER membrane in its normal state is believed to adopt 

uniform Ld phase due to low lipid saturation (1, 14, 31), but meanwhile is potentiated for L-So 

phase separation if saturation level elevates sufficiently (Figure 4.7). Since lipid synthesis 

following palmitate supplementation introduces into ER new membrane components that are 

overall more saturated, we hypothesized that such influx was able to drive solid-like domain 

separation from the otherwise Ld-like ER. Solid phase is characterized by highly ordered acyl 

chain packing, as well as ultraslow lateral motion (Figure 4.7). Thus to test our hypothesis, we 

first evaluated the conformational order and then estimated the translational mobility of lipids 

within these domains. 

	
Figure 4.7 Sketch of phase diagram of bio-mimicking ternary-component model membrane. Solid lines 

indicate phase boundaries defined by composition of each component in the mixture at a given temperature such as 

37°C. Phase regions are colored to show the current understanding of biological membrane phase and do not 
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necessarily represent the exact composition. Area above 66% cholesterol exceeds its solubility in lipid bilayer thus 

not considered here. Based on experimental results from reference (2). 

 

In Raman spectroscopy, the acyl chain conformational order could be inferred from the Raman 

peak width of CD2 symmetric stretch vibration at 2101 cm-1: the more ordered, the narrower the 

peak (32). The Raman spectra measured from d-palmitate-treated cells (Figure 4.8 A, cell) 

resembled that from d62-DPPC in the ordered (presumably So) phase (Figure 4.8 A, d62-DPPC 

25°C), but displayed pronouncedly narrower peaks than d62-DPPC or d31-POPC in Ld phase 

(Figure 4.8 A, d62-DPPC 42°C and d31-POPC 25°C). To offer more spatial information, we 

performed ratiometric SRS imaging between 2101 and 2168 cm-1 to map the conformational 

order of intracellular palmitate metabolites. Consistently, with reasonable heterogeneity, the 

membrane domains display high 2101/2168 cm-1 ratio close to the ordered phase (Figure 4.8 B). 

Hence, in situ Raman microspectroscopy and SRS spectral imaging unraveled a marked increase 

in acyl chain conformational order on the palmitate derived membrane domains. 
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Figure 4.8 Palmitate-derived membrane domains exhibit solid-like properties as high conformational order 

and low translational mobility. (A) Normalized Raman spectra of d62-DPPC dispersion (at 25°C and 42°C) and 

d31-POPC dispersion (at 25°C) overlaid with Raman spectra of HeLa cells treated with d-palmitate for 5 hrs 

(acquired at 25°C and 37°C). Arrowheads mark peak (2101cm-1) and shoulder (2168cm-1) frequencies used for 

spectral imaging in (B). (B) C-D SRS images acquired at 2101cm-1 and 2168cm-1 and the calculated ratiometric 

images for HeLa cells treated with d-palmitate for 3hrs. Magnified images are shown on the right. (C) C-D SRS 

images of HeLa cell sequentially treated with d-palmitate (3 hrs), palmitate (1.5 hrs) and d-palmitate (0.5 hrs). 

Intensity profiles (blue) were measured across the yellow lines in ROIs and fitted with Gaussian function (gray 

dashed). The estimated maximum diffusion coefficient (Dmax) is shown below (mean ± SEM, n = 13). (D) Similar to 

the sequential treatment in (C), d-stearate (1 hr), stearate (1.5 hrs) and d-stearate (0.5 hr) was used instead on 

palmitate. The estimated maximum diffusion coefficient (Dmax) is shown below (mean ± SEM, n = 21). (E) Domain 

collision (arrows) captured in cells treated as in (C). (F) HeLa cell was treated with d-palmitate for 1 hr. CH2 and 
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C-D SRS images were taken before (left column) and after (right column) being washed by 0.5% Triton X-100 for 

10 min at 4°C. (G and H) Changes in low-Tm (G) and high-Tm (H) lipid concentration in total lipid extract or 

detergent-resistant lipid fraction (DRM) after palmitate treatment for 5 hrs. Major species DG, PA, PI, PC, PE, PS 

are included in quantification. Data are presented as mean ± SD. Scale bars: 10µm. 

 

We then sought to evaluate the translational mobility within the phase-separated domains. Since 

fluorescent probes failed to incorporate into these domains (Figure 4.5), we relied on 

pulse-chase SRS imaging to estimate the lateral diffusion coefficient (D). We sequentially 

treated the cells with d-palmitate, then regular palmitate, and finally d-palmitate again, and 

observed a bull-eye-like pattern in the C-D SRS channel (Figure 4.8 C). Similar bull-eye pattern 

was observed for a longer-chain SFA, stearic acid (Figure 4.8 D). By semi-quantitative 

estimation, if these domains were in the liquid phase, one would predict homogeneous C-D 

signal distribution within individual domains (2D free diffusion displacement d = 5~10 µm) due 

to fast lateral diffusion (D(Ld) ~ 1 µm2/s, D(Lo) ~10-1 µm2/s) (1, 33). Quantitatively, fitting of the 

line profiles to two-dimentional diffusion (the intensity (I) distribution along radius (r) after 

diffusion time t: 𝐼 𝑟, 𝑡 ∝ 𝑒!
!!

!!") yielded an estimated D about 10-4 µm2/s, which is close to that 

in So phase (D(So) ~ 10-3 µm2/s (1, 33)). Moreover, collision between separate domains was also 

captured (Figure 4.8 E). Interestingly, the collided domains neither completely fuse nor recover 

the circular morphology in nearly half an hour, again suggesting that they are in solid phase 

wherein intra-domain interaction overcomes line tension. To the best of our knowledge, this is 

the first time that large-scale solid-phase membrane is reported in living mammalian cells. 
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4.3.5 High-Tm palmitate metabolites provide driving force for phase separation 

To gain insight into the molecular driving force underlying solid-like domain, we evaluated the 

phase transition temperature (Tm) of accumulated lipids highlighted in lipidomics (Figure 4.1 B). 

We noted that those 32:0 and 34:0 lipids all bear significantly higher Tm (Tm = 41°C~67°C, 

Table 2) than physiological temperature, which could account for the driving force of L-So phase 

separation under the low cholesterol presented in ER (Figure 4.7). 

 

To further test if high-Tm lipids are indeed enriched in phase-separated membrane domains, we 

performed detergent wash by Triton X-100 following palmitate treatment. Resistance to nonionic 

detergent such as Triton X-100 at 4°C is a classical assay used to identify the existence of 

potentially ordered membrane domain (4). SRS imaging revealed that C-D domains but not the 

majority of endogenous CH2-bearing lipids showed resistance to detergent wash (Figure 4.8 F). 

We then did parallel lipidomic analysis on control or palmitate-treated cells before and after 

detergent wash. We divided the major lipid species (DG, PA, PI and PC) into high-Tm (Tm > 

37°C) and low-Tm (Tm < 37°C) categories and quantified each category in total lipid extract or 

detergent-resistant fraction (Figure 4.8 G and H). Firstly, the result shows that new lipid 

synthesis is dedicated to high-Tm lipids but not low-Tm lipids, thus increase in high-Tm lipids is 

well correlated with appearance of C-D SRS signal. Secondly, the increased portion of high-Tm 

lipids is mostly retained after detergent wash while low-Tm lipids are not. This further pinpointed 

the direct involvement of high-Tm lipids in the formation of detergent-resistant C-D SRS 
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domains. Similar detergent-resistant membrane pattern was also observed following treatment of 

regular palmitate, which rules out the possible isotope effect (Figure 4.9 A and B). 

	
Figure 4.9 Palmitate-derived solid-like membranes are characterized by Triton resistance and high-Tm 

components. (A and B) HeLa cells were treated with 400µM palmitate for 1 hr (A) or 5 hrs (B). Protein CH3 and 

lipid CH2 SRS signal were taken before and after extraction by 0.5% Triton X-100 for 10 min at 4°C. Significant 

amount of lipid showed detergent-resistance. (C) HeLa cells were sequentially treated with 400µM palmitate for 5 

hrs and then d-palmitate for 1 hr to delineate individual membrane domains. They were then fixed in 

paraformaldehyde at room temperature, and incubated in water bath at indicated temperature (25°C, 42°C, and 65°C) 

for 10 min. C-D SRS images were taken before and after the 10 min incubation. Arrows indicate membrane domains 

that disappeared (melted) after heating. Scale Bars: 10µm. 

 

As an independent validation, the Tm of membrane domains could also be estimated by in situ 

heating of fixed cells (Figure 4.9 C). After 10-min temperature-controlled incubation, domains 
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remained intact in C-D SRS image under 25°C, but partially deformed under 42°C and were 

mostly melted (deformed) under 65°C, which matches with the Tm’s of major palmitate 

metabolites (Tm = 41°C~67°C). Therefore, the lipidomic and imaging analysis together 

demonstrate the preferred localization of high-Tm lipids within solid-like membrane domains, 

supporting high-Tm metabolites were indeed the molecular driving force for such phase 

separation.  

 

4.3.6 ER membrane phase separation can be tuned by fatty acid unsaturation and chain 

length 

Based on the hypothesized connection between high-Tm lipids and membrane domain formation, 

ER phase separation should be dependent on the molecular identity of the fatty acid and can be 

predicted by the Tm of the its main lipid metabolites. Thus we similarly applied a common UFA, 

oleate, whose metabolites (e.g. DOPC) possess very low Tm due to the unsaturation in the acyl 

chain (Table 2). The colocalization of C-D SRS to Nile Red fluorescence reveals that oleate is 

incorporated almost exclusively into LDs, and did not form membrane domains (Figure 4.10 A). 

 

We went on to test a set of deuterated SFAs including lauric acid (C12:0), myristic acid (C14:0), 

palmitic acid (C16:0), stearic acid (C18:0). Their metabolites show elevating Tm’s due to 

increasing fatty acyl chain lengths (Table 2). In agreement with our hypothesis, they exhibited 

increasing capability to drive large-scale phase separation at the same concentration (Figure 4.10 

B): C12:0 does not form visible membrane domains but numerous LDs even after prolonged 
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treatment; C14:0 only forms domains with limited size (~1 micron); C18:0 forms large-scale 

membrane structures even faster than C16:0 does. 

 

	
Figure 4.10 The tendency to form solid-like membrane can be tuned by fatty acid identity and combination. 

(A) C-D SRS, Nile Red fluorescence and overlay images of HeLa cell treated with d-oleate for 1 hr and stained by 

Nile Red. (B) C-D SRS images of HeLa cells treated with C12:0 (15 hrs), C14:0 (7 hrs), C16:0 (5 hrs) and C18:0 (2 

hrs). (C) Normalized cell number after treatment of designated fatty acid and duration. Data are presented as mean ± 

SEM. n=4. *, p < 0.05; ***, p < 0.005; ***, p < 0.001. (D) C-D SRS images of HeLa cells treated with combination 

of d-palmitate and increasing concentrations of oleate. (E) Changes in low-Tm and high-Tm lipid concentration in 

cells co-treated by 400µM palmitate and 200µM oleate (P+O) compared to 400µM palmitate alone (P). Data are 

presented as the amount difference between ‘P+O’ and ‘P’ ([P+O]-[P]) in total lipid extract (total) and 

detergent-resistant fraction (DRM). Scale bars: 10µm. 

 

Notably, in the functional sense, we found similar dependence for fatty-acid-induced cell death 

(Figure 4.10 C). Cell death was observed only after prolonged incubation with the long-chain 
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SFA C16:0 and C18:0, but not with UFA or shorter-chain SFA. This dependence is also 

correlated with stress markers reported elsewhere that are mutually independent, including 

Akt/protein kinase B (Akt/PKB) signaling, activation of Jun N-terminal kinase (JNK) and the 

unfolded protein response (UPR) (25, 34, 35). Thus, the metabolic effect of a fatty acid might be 

predicted by simple physicochemical principle regarding the Tm of its metabolites. 

 

4.3.7 Interplay between fatty acids in modulating ER membrane phase separation 

Since the plasma consists of a complex and fluctuating mixture of SFA and UFA (15), this 

further raises an interesting question whether fatty acids could influence each other in the 

metabolic modulation of ER phase. Noticing the relatively low Tm of POPC, we hypothesized 

that oleate might prevent the system from being driven by palmitate to phase separation. 

 

Thus we added oleate together with d-palmitate to study its influence on the phase separation 

potential of the latter (Figure 4.10 D). Biochemical studies have found that oleate can channel 

palmitate into LDs (23), which is also manifested in C-D SRS images from our experiment. Yet 

more importantly, oleate also diminished the solid-like domains in a concentration-dependent 

manner. Note that in this context, oleate itself stays excluded from the remaining solid-phase 

membrane (Figure 4.11 A and B). Similar to oleate, docosahexaenoic acid (DHA, 22:6), a 

polyunsaturated fatty acid (PUFA), was also able to reduce the area of palmitate-derived solid 

membrane domains (Figure 4.11 C). 
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Figure 4.11 Unsaturated fatty acids are able to tune the formation of solid-like domains. (A and B) HeLa cells 

were treated with 400µM palmitate and 400µM oleate for 2 hrs, with isotope labeling on palmitate (A) or oleate (B), 

and then stained by Nile Red for LDs. (A) and (B) were adjusted to same contrast for visualizing non-LD 

compartment, thus LDs appear saturated in intensity in (B). (C) C-D SRS images of HeLa cells treated with 

combination of d-palmitate and increasing concentrations of DHA. Scale bars: 10µm.  

 

In parallel, we compared the lipid profile after co-treatment of oleate to that only treated by 

palmitate. Both total lipid extract and detergent-resistant fraction show significant alteration by 

oleate. The effect of oleate is clearly reflected in the level of low-Tm and high-Tm lipids (Figure 

4.10 E). In total lipid extract, oleate reduced more high-Tm lipids than low-Tm lipids. In 

detergent-resistant fraction, which is more specific to the solid-like membrane, oleate also 

significantly reduced high-Tm lipids but did not affect low-Tm lipids. Therefore, in 

supplementation to the current understanding that accumulation of neutral lipids is cytoprotective, 
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a previously unknown mechanism for UFA to rescue the cytotoxicity of SFA might lie in its 

ability to destruct the solid-like membrane. 

 

4.4 Discussion 

By taking advantage of live-cell SRS microscopy coupled with minimally perturbative isotope 

labeling, we discovered that the influx of high-Tm lipids caused by SFA metabolism could drive 

the formation of large-scale membrane domains in ER. Remarkably, the newly formed domains 

exhibited solid-like characteristics as detergent resistance, high conformational order, ultraslow 

lateral diffusion, strong intra-domain interaction and large-scale structural stability. Our 

observation thus reveals the susceptibility of ER membrane phase to the metabolic activity, and, 

to some extent, corroborates the theoretical prediction under non-equilibrium condition (10). 

Here we want to emphasize that the earlier work by Fan et al. focused on Lo - Ld phase 

separation to account for lipid raft on plasma membrane, and the non-equilibrium condition there 

largely refers to vesicle delivery. Although the biological manifestations are different here for 

ER with all the unique characteristics such as low cholesterol level and high de novo lipid 

synthesis activity, the conclusion drawn from our study converges to a similar physical principle. 

 

In retrospect, ER membrane phase separation has escaped previous observations possibly due to 

three reasons. Firstly, decades of membrane biophysical studies in live cells have been primarily 

focused on plasma membrane, largely driven by the controversial lipid raft hypothesis. It is 
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estimated that cholesterol make up 50% of plasma membrane lipid (1). As shown by the phase 

diagram, high cholesterol concentration tends to result in Lo and Ld phases instead of solid phase. 

The cholesterol-poor ER membrane would exhibit very different biophysics from the plasma 

membrane. Secondly, it has to be observed under non-equilibrium condition, where metabolic 

activity in the ER perturbs the membrane far enough from equilibrium. Lastly, the solid-phase 

membrane is difficult to capture by other experimental means. Common fluorescent lipid probes 

suffer from poor ER delivery and/or low partitioning into potentially ordered phase (20). For 

example, we showed that bulky-labeled BODIPY-C12 could not partition in solid domain 

(Figure 4.5). For the same reason, such phase separation could elude the examination of 

membrane fluidity using fluorescent FA analogs (24), which only report on the liquid phase in 

ER membrane. 

 

4.6 Estimation of d-palmitoyl (d31-labeled) number from C-D SRS intensity 

To estimate number of d31-palmitoyl group, we first obtained a calibration curve of d31-palmitic 

acid (Figure 4.12). 
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Figure 4.12 Calibration curve of d31-palmitic acid. C-D SRS intensity was measured for d31-palmitic acid solution 

in DMSO of varying concentration. Linear fitting of the concentration curve yielded a slope of 1.64uV/mM. 

 

The average intensity spacing calculated for HeLa cell is 15uV. This corresponds to number of 

d31-palmitoyl groups (Nd-palmitoyl) as calculated below: 

𝑁!!!"#$%&'(# =  
stepsize
slope

∙ focal volume ∙ 𝑁! 

=
15𝑢𝑉

1.64𝑢𝑉/𝑚𝑀 ∙ 𝜋 ∙ 300𝑛𝑚 ! ∙ 2𝜇𝑚 ∙ 6.02×10!" = 3.1×10! 

where NA is the Avogadro constant, and focal volume is approximated by a cylinder whose 

radius and height are 300nm and 2µm, respectively. 

 

The number of palmitoyl groups in a DPPC bilayer within focal area (Npalmitoyl, DPPC) can also be 

estimated. The area per DPPC molecule occupies is estimated to be 50Å2 (36). Thus 

𝑁!"#$%&'(#, !""# =  
focal area

area per molecule
∙ 2 layers·2 palmitoyl per molecule 

=
𝜋 ∙ 300𝑛𝑚 !

50Å!
∙ 2 ∙ 2 = 2.3×10! 
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Thus, Nd-palmitoyl calculated from image intensity is very close to Npalmitoyl, DPPC, which suggests 

that the structures in SRS C-D channel are composed of layered membrane. 

 

4.7 Materials and Methods 

Fatty acid solution 

Palmitic acid (16:0), stearic acid (18:0), oleic acid (18:1), palmitic acid-d31 (98% D), stearic 

acid-d35 (98%D) and oleic acid-d34 (98% D) were from Sigma. Lauric acid-d23 (98% D) (12:0) 

and myristic acid-d27 (98% D) (14:0) were from Cambridge Isotope Laboratory. Fatty acids were 

reacted with sodium hydroxide (Sigma) above melting point to form 20mM solution, and then 

coupled to fatty-acid-free bovine serum albumin (BSA) (Sigma) in about 2:1 molar ratio to make 

2mM stock solution in culture medium. They were then added to cell culture to achieve 

designated concentration. For extremely low concentration (10µM and 20µM), serum was 

reduced from 10% to 1% to minimize interference from serum fatty acid. Control cells were 

treated with only BSA of same concentration. 

 

Cell culture 

The following cell lines and their culture media were used in this study: HeLa (ATCC) and 

COS-7 (ATCC), Dulbecco's Modified Eagle Medium (DMEM, Invitrogen 11965-092); HepG2 

(ATCC), Eagle's Minimum Essential Medium (EMEM, ATCC 30-2003). All media were 

supplemented with 10% fetal bovine serum (Invitrogen, 16000-044) and 100 U/mL 
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penicillin-streptomycin (Invitrogen, 15140-122). Primary neonatal heart fibroblasts were isolated 

from Day 3 newborn mice using Pierce™ Primary Cardiomyocyte Isolation Kit (Thermo Fisher 

Scientific) with slight modification as following: after cell mixture was plated, fibroblasts 

attached to glass and other cells were removed. Triacsin C (Sigma), as an inhibitor of acyl-CoA 

synthetase, was made into 25mM stock solution in DMSO. Scrambled siRNA (4390843, 

ThermoFisher) or GPAT4 siRNA (s44067, ThermoFisher) was transfected by Lipofectamine 

RNAiMax (ThermoFisher) according to the manufacturer’s procedure. 

 

Cells that reached 80% confluence were dissociated and plated onto coverslips (No.1, 

FisherBrand) for most experiments and glass-bottom petri-dish (MATTEK, P35G-1.5-14-C) for 

experiments with single cell tracking. The coverslip was stuck to a microscope slide (1mm thick, 

VWR) using 0.1mm imaging spacer (SecureSeal) to make an imaging chamber filled with 

phosphate buffered saline. 

 

Stimulated Raman Scattering Microscopy 

The setup for SRS microscopy was similar to what was described earlier (37). Briefly, two 

spatially and temporally overlapped picosecond pulsed laser beams (Pump and Stokes) were 

produced by picoEmerald laser system (Applied Physics and Electronics) and directed into a 

laser-scanning microscope (FV1200MPE; Olympus) through a 60× objective (water immersion, 

N.A. = 1.2, UPlanAPO/IR; Olympus). The Stokes beam was modulated by electro-optic 
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modulator at 8MHz to enable detection of stimulated Raman loss in pump photon after light 

interaction with chemical bond vibration. Transmitted Pump and Stokes beams were collected by 

a high N.A. condenser (oil immersion, 1.4 N.A.; Olympus), filtered by a bandpass filter (890/220 

CARS; Chroma Technology) and projected onto a 10×10 mm2 Si photodiode (FDS1010; 

Thorlabs) biased at 64V to measure only the Pump beam intensity. The output current is 

terminated by a 50Ω terminator, pre-filtered at 8-MHz (±1MHz, KR 2724; KR electronics), and 

then demodulated by a lock-in amplifier (SR844; Stanford Research Systems). The in-phase X 

output was used to generate SRS image at the speed of 100ms/pixel. Laser powers on sample 

were measured to be up to 120mW (Stokes) and 100mW (Pump). The wavelength of Stokes 

laser was 1064 nm and wavelengths for Pump laser used in this study were: 810.5 nm (2940 cm-1, 

mainly protein CH3), 816.7 nm (2845 cm-1, mainly lipid CH2), 869.0 nm (2101 cm-1, C-D on 

resonance), 885.0 nm (off-resonance background). Images were acquired by Fluoview Software 

and were later assigned pseudo colors in ImageJ. 

 

Fluorescence imaging  

BODIPY® 500/510 C1, C12 (BODIPY-C12) (Molecular Probes) (diluted from 10mM stock 

solution in DMSO) was used as a fluorescent fatty acid tracer at 2µM in the culture medium. 

Neutral lipid was stained with 1mM Nile Red solution (diluted from 1mM stock in DMSO) 

(Molecular Probes) before cells were fixed by 4% PFA. ER is visualized in live COS-7 cells 

using CellLight® ER-GFP (Thermo Fisher Scientific) according to the manufacturer’s manual. 



	 73	

mCherry-Sec61β was a gift from Gia Voeltz (Addgene plasmid # 49155). Transient transfection 

was done in confluent HeLa cells with Lipofectamine® 3000 Reagent (Thermo Fisher Scientific) 

at 200ng DNA per well in a 24-well plate. 5 to 10 hours after transfection, cells were split and 

re-plated to adjust cell density and images were taken 48 hours after transfection. 

 

Confocal fluorescence imaging was performed on the same microscope used for SRS imaging 

(FV1200MPE; Olympus) and the same objective (60×, water immersion, N.A. = 1.2, 

UPlanAPO/IR; Olympus). For BODIPY-C12, Nile Red, and ER-GFP, the excitation wavelength 

and filter selection were 488nm and 505-605nm. For mCherry, the excitation wavelength and 

filter selection were 543nm and 560-660nm.As SRS and fluorescence measurements used 

different lasers and dichroic mirrors, image was slightly shifted from one to the other channel. In 

order to perform multi-channel co-localization, we used a standard grid to determine the offset 

between the field of views of SRS and fluorescence and corrected it in all the multi-channel 

images later. Images were acquired by Fluoview Software and pseudo-colored by ImageJ. 

 

Spontaneous Raman Spectroscopy 

Spontaneous Raman spectra were acquired using an upright confocal Raman spectrometer 

(Xplora; HORIBA Jobin Yvon), with temperature controlled by water bath (±1°C). Samples 

were illuminated by 532 nm (25 mW) laser through a 100× objective (air, N.A.=0.9, MPlan N; 

Olympus). Reference lipids including DPPC-d62 and POPC-d31 (deuteration on palmitoyl chain, 
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Avanti Polar Lipids) were first dissolved in 1:2 chloroform:methanol to make 50mM solution. 

The solvent was then evaporated in Argon gas flow, and lipids were reconstituted in PBS to 

50mM after repeated sonication until a dispersion of multilamellar vesicles was formed. Cell 

spectra were obtained from cells fixed with 4% PFA, lipid droplets were avoided judging by 

bright field view. Glass and solution background was subtracted by measuring non-cell signal 

near the targeted cell. For each condition, three different regions on the sample were randomly 

selected and their spectra were averaged. The acquisition time was 20s for reference lipids and 

400s for cells. 

 

CH2 CH3 unmixing algorithm 

In order to separate total lipid and protein signal from their overlapping spectrum, we adapted a 

previously reported spectral unmixing algorithm (38). Briefly, we acquired the SRS signals from 

two wavelengths bearing features of lipid and protein, respectively, and the amount of the two 

species can be determined by a linear combination of the signal at those two wavelengths (See 

below), with coefficients R1 and R2 pre-determined by pure substances. Here, signals at 2845 

cm-1 and 2940 cm-1 were measured to perform the spectral unmixing:  

lipid [CH2] = R1 • [2845] – R2 • [2940] 

protein [CH3] = [2940] – [2845] 

where R1 = 5; R2 = 0.4. 

Note that this spectral unmixing is rather an estimation of total lipid content than a precise 
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separation of chemical species. 

 

Image segmentation for LD and membrane signal 

Image segmentation in correlative Nile Red fluorescence and C-D SRS image sets (Figure 4.4 B 

and C) was performed in ImageJ. Cells with isolated C-D SRS domains were selected. LDs were 

first segmented using an intensity threshold in Nile Red fluorescence image. The LD pixels were 

then left out in C-D SRS image. Resulting C-D SRS image were segmented using intensity 

threshold and reasonable circularity range. 

 

Cell viability assay 

Cells were plated in 96-well plate, after designated treatment concentration and time, cell 

number is quantified using CellTiter-Glo® Luminescent Cell Viability Assay (Promega) 

following the manufacturer’s instruction. 

 

Free fatty acid quantification 

Cells were plated in 6-well plate, after treatment with palmitate, intracellular free fatty acid is 

quantified by fluorometry using Free Fatty Acid Quantification Kit (Sigma) following the 

manufacturer’s instruction. Protein concentrations were also quantified from each sample as 

normalization (see below). 
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Determination of protein concentration using BCA assay 

Protein concentration was determined in order to quantify lipid composition in cell. Cells 

cultured in 6-well plate were washed with ice-cold PBS for three times. They were then lysed in 

100µL RIPA buffer on ice for 2 min before being scraped to collection tube. Cell lysates were 

centrifuged at 1000g for 5min to remove cell debris. Protein concentration in the obtained 

supernatant was measured using Pierce protein BCA assay kit (Thermo Fisher) following the 

manufacturer’s instruction. 

 

Analysis of lipids using high performance liquid chromatography - mass spectrometry 

Lipid extracts were prepared using a modified Bligh and Dyer procedure as described previously 

(39, 40), spiked with appropriate internal standards, and analyzed using a 6490 Triple 

Quadrupole LC/MS system (Agilent Technologies, Santa Clara, CA). Glycerophospholipids and 

sphingolipids were separated with normal-phase HPLC as described before (40), with a few 

modifications. An Agilent Zorbax Rx-Sil column (inner diameter 2.1×100 mm) was used under 

the following conditions: mobile phase A (chloroform:methanol:1 M ammonium hydroxide, 

89.9:10:0.1, v/v) and mobile phase B (chloroform:methanol:water:ammonium hydroxide, 

55:39.9:5:0.1, v/v); 95% A for 2 min, linear gradient to 30% A over 18 min and held for 3 min, 

and linear gradient to 95% A over 2 min and held for 6 min. Sterols and glycerolipids were 

separated with reverse-phase HPLC using an isocratic mobile phase as before (40) except with 

an Agilent Zorbax Eclipse XDB-C18 column (4.6 × 100 mm). Quantification of lipid species 
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was accomplished using multiple reaction monitoring (MRM) transitions that were developed in 

earlier studies (40) in conjunction with referencing of appropriate internal standards: PA 

14:0/14:0, PC 14:0/14:0, PE 14:0/14:0, PI 12:0/13:0, PS 14:0/14:0, SM d18:1/12:0, 

D7-cholesterol, CE 17:0, MG 17:0, 4ME 16:0 diether DG, D5-TG 16:0/18:0/16:0 (Avanti Polar 

Lipids, Alabaster, AL).  
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Chapter 5 

Lipotoxicity and current understanding of its molecular mechanism 
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5.1 Lipotoxicity in metabolic disorder and in vitro model 

Elevated free fatty acid (FFA) in circulation is frequently associated with metabolic disorders 

such as diet-induced obesity and type 2 diabetes (T2D) (1–3). The concentration of plasma 

nonesterified fatty acid (NEFA) dynamically fluctuates in a wide range from 0.1 ~ 2mM in 

nondiabetic individuals, depending on fasting/feeding state and insulin level (4). In diabetic and 

obese individuals, this value is even higher (several millimolar) due to insulin resistance and 

retarded plasma NEFA removal (3). 

 

It was first discovered by Dr. Roger Unger that elevated FFA correlated with lipid accumulation 

and function impairment in the pancreas, which he later termed ‘lipotoxicity’ (5). Since then, the 

adverse effects of excess FFA have been widely observed, linking aberrant lipid metabolism to 

the pathogenesis of metabolic stress (5–11). Consequently, FFA treatment of cultured cells has 

become a popular in vitro model for lipotoxicity, which isolates lipid from a myriad of 

concomitant metabolic stressors encountered in vivo. For example in tissue-specific context, FFA 

has been reported to cause β cell apoptosis and impair insulin secretion in pancreatic islet (12–

16), to metabolically activate inflammation in adipose tissue (17–21), to diminish insulin 

sensitivity in skeletal muscle (22–24), and to contribute to non-alcoholic liver steatosis (25–30). 

Furthermore, the lipotoxic effect of FFA is not limited to cells and organs that are frequently 

challenged by metabolic stress, but has also been reported in a much wider spectrum of cell types, 

suggesting its general inducement of cell dysfunction and death (21, 31–36). 



	 83	

Among all the FAs, it is widely acknowledged that saturated fatty acids (SFAs) exhibit much 

more prominent lipotoxic effect than unsaturated fatty acids (UFAs) (12, 24, 29, 37–41). Indeed, 

most studies above use palmitate (C16:0), an SFA and also one of the most abundant plasma 

fatty acids (~30% FFAs) (42), at submillimolar concentration to study the action of excess FFAs 

both in vitro and in vivo. UFAs such as oleate (C18:1), however, do not elicit the lipotoxicity as 

palmitate, and often reverse the adverse effects of palmitate for reasons that are not fully 

understood yet (23, 29, 38, 43, 44). 

 

5.2 Proposed mechanisms of lipotoxicity 

Here I review several proposed molecular mechanisms for lipotoxicity, with an emphasis on the 

primary subcellular locations where stress response is initiated or executed (Figure 5.1). More 

comprehensive reviews can be found for specialized topics (8, 9, 26, 45–47). It should be 

recognized that fatty acid invokes an intricate metabolic network concerning organelles such as 

endoplasmic reticulum (ER) and mitochondria, thus the eventual cell death is an integrated 

outcome. As will be shown below, for example, disturbance in Ca2+ homeostasis impairs the 

functions of multiple organelles; on the other hand several pathways eventually converge on Jun 

N-terminal Kinase (JNK) pro-apoptotic pathway. 
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Figure 5.1 Fatty acid metabolism and mechanisms of lipotoxicity. The intracellular metabolism integrates many 

organelles (in black color). It can be imported into mitochondria for β oxidation, synthesized into lipid molecules in 

the endoplasmic reticulum (ER), and stored in lipid droplet (LD) as triacylglycerol (TAG). Mechanisms of 

lipotoxicity are categorized by the subcellular location where the adverse effects are exerted (in blue color). 

 

5.2.1 Endoplasmic reticulum 

The endoplasmic reticulum is the center for de novo lipid synthesis as well as a nutrient-sensing 

hub in cell. Thus it remains the most-studied mediators of lipotoxicity so far. The active lipid 

metabolic activity renders ER membrane composition subjective to alteration by incoming 

nutrients. For example, it was reported that SFA (e.g. palmitate) could elevate the saturation in 

ER membrane, which is correlated with dilation of ER and compromised ER integrity (31). Since 

ER is also responsible for the synthesis and folding of proteins, functional perturbation of ER is 

usually reflected in accumulation of unfolded proteins, i.e. ER stress. The unfolded protein 
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response (UPR) signaling will be activated to resolve such stress and ensure adequate protein 

quality control. UPR activation is also found correlated with alteration in membrane composition 

(18, 23, 29). 

 

The triggers for ER stress during lipotoxicity remain a debate. Canonically, ER stress is caused 

by accumulation of unfolded proteins. Yet assessment of a protein folding reporter argues that 

protein folding is not affected under lipotoxic scenario (48). Moreover, misfolded proteins are 

dispensable for UPR activation (49). In cells specialized for secretion, alteration in ER 

membrane (exit site) may affect ER-to-Golgi transport, the resulting protein overload might 

cause ER stress (48, 50). However, this is not supported by observation in different cell type (51). 

Besides protein and lipid synthesis, ER also maintains the largest cellular Ca2+ store to support 

the function of calcium-binding proteins in its lumen and to absorb excess Ca2+ from the cytosol. 

Maintenance of the store is energy consuming since Ca2+ is pumped into the ER against its 

chemical gradient (52). Given its critical role in ER function, ER calcium depletion is considered 

a classical UPR inducer. Interestingly, it is also widely observed in lipotoxic scenario and is 

proposed as potential mediator (30, 34, 53, 54). Earlier mechanistic insights point to the 

sensitivity of an ER calcium pump, SERCA, to its lipid environment, e.g. cholesterol content (55) 

and phospholipid head group (56), which demonstrated its capability to transduce membrane 

stress to a more global level. Besides the canonical ER stress inducers, accumulating evidence 

argues for a direct role of lipid stress in UPR activation (18, 49, 51, 57). 
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5.2.2 Mitochondria 

Fatty acid is ‘burned down’ in mitochondria for energy supply, a process called beta oxidation. 

Reactive oxygen species (ROS) and oxidative stress were shown to contribute to lipotoxicity 

(58). It is tempting to believe that uncontrolled beta oxidation occurs with lipid overloading, 

leading to ROS generation and release from mitochondria. However, surprisingly, experimental 

evidence has uncoupled fatty acid beta oxidation from oxidative stress during lipotoxicity. For 

example, inhibiting beta oxidation by blocking fatty acid transport into mitochondria did not 

change but instead augmented ROS production and palmitate-induced cell death (30, 59–61). 

Increasing beta oxidation might be beneficial through reducing lipid accumulation elsewhere. 

Hence ROS might be generated in other means. One possibility is calcium influx and overload, 

which leads to mitochondria membrane permeabilization (60, 62). This is related to ER calcium 

homeostasis, either directly through ER-mitochondria contacts (62), or indirectly through uptake 

of ER-released calcium (60). 

 

5.2.3 Autophagy 

Autophagy, or ‘self eating’, is the cell’s strategy for waste disposal and recycle. The complete 

cycle of autophagy starts from formation of autophagosome engulfing the cargo, and then fusion 

between autophagosome and lysosome to break up the cargo (63). Autophagic arrest has been 

documented in both in vitro lipotoxicity models or high-fat-diet models (16, 30, 43). Although 

some studies reported lysosomal membrane permeabilization and subsequent release of cathepsin 
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to be responsible for lipotoxicity (64, 65), most other reports demonstrated proper function of 

lysosome, and that suppression of autophagic turnover was in fact a result of failed 

autophagosome-lysosome fusion (30, 43). Yet it remains a debate whether autophagic arrest is an 

independent response to lipid or secondary to other stress response. For example, as measured by 

the accumulation of ubiquitin and p62, autophagic arrest is shown to be dependent on ER stress 

in one study (43), but in another study independent of several canonical stress signaling 

pathways including ER stress (30). Impaired autophagic turnover can also be caused by elevated 

cytosolic calcium, since it can be partially alleviated by chelating cytosolic calcium or 

overexpressing ER calcium pump (30, 33). 

 

5.3 Concluding Remarks 

Accumulating evidence points to the central role of ER in the initiation and execution of 

lipotoxicity. This is reasonable given that ER is most actively involved in lipid metabolism. Yet 

most of these aforementioned studies inevitably value the role of proteins over lipids, even in this 

case where lipids should rather be in the stage light. The underlying reasons might lie in the 

technical limitations in lipid research. Lipids are not biopolymers defined by the genetic codes, 

thus it is usually hard to manipulate and study the exact role of a specific lipid out of thousands 

of diverse species. Also, unlike proteins that can be GFP-tagged or immuno-labeled, there is not 

a good fluorescence imaging method to obtain spatial information for the lipid molecules, let 

alone reveal any possible local effects. Therefore, in the next chapter, with the aid of advanced 
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metabolic imaging by stimulated Raman scattering, we revisited the lipotoxic scenario from the 

perspective of lipids, and obtained novel insight into the immediate effect of excess lipid 

metabolism. 
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Metabolic imaging reveals endoplasmic reticulum structural remodeling and perturbation 

by saturated fatty acid
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6.1 Abstract 

Being the central organelle for lipid metabolism, the endoplasmic reticulum (ER) has received 

increasing attention for its role in sensing, initiation and execution of lipotoxicity caused by 

saturated fatty acids (SFAs). In most of the earlier studies, it is almost taken for granted that SFA 

increases the overall saturation of ER membrane, without careful evaluation of ER’s architecture. 

Even though some studies have noticed ER structural remodeling and realized its relation to the 

adverse effects of SFA (1–3), the alterations occurred to ER has not been described in detail, 

neither is known how it is related to fatty acid metabolism or increased saturation in ER 

membrane. Hence in this chapter, I will describe our attempts towards the above question. By 

fluorescence imaging, ER is found to undergo expansion in sheet-like structures yet substantial 

loss of tubules, which is correlated with reduction of ER luminal connection. More importantly, 

metabolic imaging by stimulated Raman scattering (SRS) reveals that expanded ER membrane is 

a result of SFA-derived lipid metabolites accumulating locally. We also provide previously 

unknown link between ER remodeling and autophagic arrest. 

 

6.2 Palmitate remodels ER structure  

SFA-induced ER structural alteration has been mainly described as ER expansion, which seems 

to be a natural result of membrane lipid synthesis promoted by SFA (1, 3). Yet paradox arises 

when attempting to attribute the adverse effects to ER expansion, since ER expansion is one of 

the rescuing mechanisms documented in pro-survival unfolded protein response (UPR) signaling 
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(4). Usually, the expanded volume and membrane area provides more space for protein folding 

thus alleviating the protein load in ER. The seemingly different mode by SFA motivated us to 

systematically examine how ER is remodeled. 

 

We first visualized ER by simultaneously expressing two fluorescent ER markers, luminal 

marker ER-GFP and membrane marker mCherry-Sec61β. We treated the cells with 400µM 

palmitate and acquired time-lapse images every 30min thereafter for 5 hrs (Figure 6.1). Within 

this time window ER stress has not been detectable according to others’ reports (2, 5). We 

observed that palmitate treatment gradually expanded ER membrane area according to mCherry 

fluorescence, which may correspond to ‘ER expansion’ mentioned earlier. However, 

unexpectedly, it is not always accompanied by simultaneous expansion in the ER lumen, 

according to GFP fluorescence. We noted that the peripheral ER network has two 

morphologically distinct domains known as sheet and tubules, which refers to flat and cylindrical 

part of ER, respectively. The time-lapse imaging also suggests distinct evolution of sheets and 

tubules, reflected in the growth of ER sheet and meanwhile loss of ER tubules (Figure 6.1 A). 

 

Next we further characterized how palmitate remodels luminal space. The degeneracy of the 

intricate network architecture motivated us to examine ER luminal connectivity by measuring 

fluorescence loss in photobleaching (FLIP) with the luminal marker, ER-GFP (Figure 6.1 B to 

G). The magnified images consistently show disappearance of tubules after palmitate treatment 
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(Figures 6.1 C and F). After 80-s photo bleaching, we quantified the residual fluorescence with 

respect to distance from the bleaching center, and compared between palmitate treatment and 

control. The normal ER appeared as an interconnected network, according to homogeneous 

photobleaching across the cytoplasm (Figure 6.1 D). However, compartmentalized bleaching of 

ER-GFP fluorescence was observed after palmitate treatment. Specifically, fluorescence is 

severely lost in proximal area surrounding the laser spot but remain nearly unchanged in area 

further away from the laser spot (Figure 6.1 G). 

 

Together, fluorescence imaging has revealed in detail how palmitate remodels ER. Namely, 

palmitate expands the sheet-like ER membrane but not ER lumen, which is correlated with loss 

of ER tubules and luminal connectivity. 
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Figure 6.1 Fluorescence ER markers reveals ER remodeling by palmitate. (A) Fluorescence time-lapse images 

of a COS-7 cell expressing ER-GFP and mCherry-Sec61β. Images were taken every 30min after treatment with 

400µM palmitate, and overlay between GFP (green) and mCherry (red) are shown. (B and E) Fluorescence loss in 

photobleaching (FLIP) in ER-GFP transfected COS-7 cells, control (B) and after 5-hr palmitate treatment (E). 

Repetitive photobleaching was performed in red-boxed areas for indicated time. Green dotted line in (E) delineates 

compartment of local photo-bleaching. (C and F) Magnified views showing ER tubular network in yellow boxed 

area of (B) and (E), respectively. (D and G) Normalized residual fluorescence after bleaching for 80s. Mean 

fluorescence intensity is calculated in a ring area that has indicated distance from bleaching center. Normalization is 

performed with the fluorescence intensity at 0s. Scale bars, 10µm in (A) (B) and (E), 2µm in (C) and (F). Pseudo 

colors used: GFP (green), mCherry (red). 
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6.3 Palmitate metabolites form membrane domains on ER 

We then asked if ER structural alteration is directly associated with de novo lipid synthesis from 

palmitate. To get the spatial information of lipid metabolites, we harnessed metabolic imaging by 

stimulated Raman scattering (SRS). Basically, we used deuterated palmitate (d-palmitate) in 

which hydrogen in palmitate is substituted with deuterium. The carbon-deuterium (C-D) bond 

therein will be carried over to its lipid metabolites. The unique vibrational frequency of C-D 

bond (around 2100 cm-1) in the cell-silent region distinguishes these nascent lipid molecules 

from a myriad of cellular lipids, allowing quantitative concentration mapping by chemically 

selective SRS microscopy. We then correlate the chemical map by SRS with fluorescent markers 

in cell, such as ER markers, to evaluate the effects of lipid metabolites on ER. 

 

We first imaged d-palmitate metabolites in HeLa cells expressing the luminal ER marker, 

ER-GFP (Figure 6.2 A and B). Earlier we have shown that palmitate promote synthesis of fully 

saturated lipids, which gradually accumulate and form domains in ER membrane (Chapter 4). 

Consistently, C-D SRS channel reveals scattering membrane domains enriched with the newly 

synthesized lipids. These membrane domains colocalizes well with ER-GFP in the early stage of 

palmitate metabolism when their sizes are relatively small (Figure 6.2 A). Even the spatial 

correlation between C-D SRS and GFP fluorescence is partially lost at later stage when the 

domains expand, ER-GFP can still be found on the rim of these domains (Figure 6.2 B). Similar 

spatial correlation exists in ER-GFP-expressing COS-7 cell exposed to d-palmitate  (Figure 6.3 
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A and B), as well as another long chain SFA, stearate (Figure 6.3 C). As demonstrated 

aforehand (Chapter 4), these domains form spontaneously as a result of accumulating saturated 

lipids, thus the correlative metabolic and fluorescence imaging suggests ER remodeling to be a 

direct result of lipid metabolism. 

 

 

Figure 6.2 Correlative metabolic imaging of d-palmitate and fluorescence imaging of ER markers. (A and B) 

HeLa cells expressing ER-GFP were treated with d-palmitate for 3 hrs (A) and 8 hrs (B). Magnified images were 
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shown for the boxed areas. Scale bars, 10µm in upper row, 5µm in bottom row. (C and D) HeLa cells co-expressing 

Rtn4a-GFP and mCherry-Sec61β were treated with d-palmitate for 3 hrs (C) and 6 hrs (D). Scale bars, 10µm. 

Magnified images were shown for two ROIs (boxed areas) in (C). Scale bars, 2µm. Arrows point to large ER sheets 

in (D). Pseudo colors used: GFP (green), mCherry (red), C-D SRS (cyan hot). 

 

We futhur evaluated the localization of ER membrane markers with respect to the d-palmitate- 

derived domains, including ER tubular marker Rtn4a, membrane protein Sec61β, and membrane 

protein SERCA2. Rtn4a localize to tubular ER to form high curvature (6). Thus in cells 

co-expressing Rtn4a-GFP and mCherry-Sec61β, both markers can be found on ER tubules 

(Figure 6.3 D), while ER sheet will be contrasted out as high mCherry fluorescence but low GFP 

fluorescence. Thus we applied this stratedgy to HeLa cells treated by d-palmitate. Interestingly, 

domains in C-D SRS channels colocalize well with the putative ER-sheet domains at both early 

stage (Figure 6.2 C) and late stage (Figure 6.2 D). More spatial correlation can be obtained in 

COS-7 cell expressing mCherry-Sec61β (Figure 6.2 E and F) and HeLa cells stained with 

anti-SERCA2. The consistency of spatial patterns among various ER proteins thus rules out the 

protein-specific interaction with palmitate metabolites, and supports that expansion of ER sheet 

is a direct result of palmitate-derived lipid metabolism. 
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Figure 6.3 More correlative metabolic and fluorescence images in supplementation to Figure 6.2. (A and B) 

COS-7 cells expressing ER-GFP were treated with d-palmitate for 5 hrs (A) and 8 hrs (B). Magnified images were 

shown for the boxed areas in (A). Scale bars, 10µm in main image, 2µm in inset. (C) COS-7 cells expressing 

ER-GFP were treated with d-stearate for 2.5 hrs. Scale bar, 10µm. (D) HeLa cells co-expressing Rtn4a-GFP and 

mCherry-Sec61β. (E and F) COS-7 cells expressing mCherry-Sec61β were treated with control (E) or d-palmitate 

for 4 hrs (F). Magnified images were shown for the boxed areas in (F). Scale bars, 10µm in main image, 2µm in 

inset.Scale bar, 10µm. (G and H) HeLa cells, control (G) or d-palmitate treated for 4 hrs (H), were stained with 

anti-SERCA2. Scale bars, 10µm. Pseudo colors used: GFP and anti-SERCA2 (green), mCherry (red), C-D SRS 

(cyan hot). 
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6.4 Ultra-structural study of ER remodeling by palmitate 

Based on the observations that palmitate-derived membrane domains expand ER sheet while 

gradually squeezing out luminal ER-GFP, we propose the following model to describe the local 

effect of lipid metabolism on ER architecture (Figure 6.4). The high rigidity in the saturated 

lipid domains drives the expansion of low-curvature sheet-like ER. Yet the expanded ER cannot 

support the luminal spacing, and is consequently deprived of luminal protein like ER-GFP. 

 

 

Figure 6.4 Proposed model for ER structural remodeling by saturated fatty acid. The SFA-derived domain 

(shown in blue) distends ER membrane yet fails to support ER luminal space.  

 

To validate this model, we studied the palmitate-induced structural changes by transmission 

electron microscopy (TEM). We reasoned that the high saturation in palmitate-derived 

membrane would provide weaker contrast in osmium (Os) based positive staining, since usually 

membrane fixation and staining relies on reaction between OsO4 and carbon-carbon double 

bonds in unsaturated fatty acyl group (7). Indeed, lost of membrane staining was evident in 

previous studies that employed TEM (1, 2, 8) as well as our own attempt using OsO4 stain (Data 

not shown). 
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To improve visualization of membrane, we then explored the more reactive staining with 

K4Fe(CN)6 and OsO4 (known as ‘reduced osmium’, later referred to as FeOs). The results were 

indeed improved (Figure 6.5). In control cells, ER appears as two parallel lines spaced by 

30-60nm, which is typical of ER luminal width (Figure 6.5 A). When cells were treated with 

400µM palmitate for 4 hrs, observable changes occurred on ER, characterized by narrower 

luminal spacing and uneven staining on the two parallel lines of membrane (Figure 6.5 B). Since 

FeOs method still relies on unsaturation for contrast, the uneven staining implies the highly 

saturated domains in ER. Meanwhile the narrowed spacing lends support to the proposed model. 

Note that they are part of ER since they are continuous with ER membrane (with normal 

symmetric staining and luminal width). The lumen becomes too narrow at some place that two 

parallel membranes are barely resolvable by TEM. 
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Figure 6.5 Improved TEM staining method reveals narrowed luminal spacing associated with putative 

palmitate-derived membrane. (A to D) Figures show TEM images acquired for control (A) or cells treated with 

400µM palmitate for 4 hrs (B). Cells were treated accordingly, fixed and stained by FeOs method. Arrows indicate 

weaker-stained side and putatively the palmitate-derived membrane. (C and D) Figures show TEM images acquired 

for control (C) or cells treated with 400µM palmitate for 4 hrs (D). Cells were treated accordingly, fixed and then 

stained by TA-FeOs method. Arrows indicate flat and putatively palmitate-derived membrane. Scale bars, 500nm. 

 

To better preserve membrane structure, especially the palmitate-derived membrane domains, we 

tried tannic acid together with reduced osmium (TA-FeOs) as commonly used in block face EM 

imaging. TA has been reported to preserve membranes rich in saturated phosphatidylcholine, 
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possibly through stabilizing the choline head group (9). Since lipidomics reveals 

phosphatidylcholine to be a major component of solid membrane (Chapter 4), TA might also 

work well in solid domains. Indeed, both membrane preservation and staining contrast were 

improved with TA addition, as evidenced by less membrane rupture and blurring (Figure 6.5 C 

and D). The uneven staining between opposing membranes was reduced, possibly as a result of 

TA. With this method, palmitate treatment consistently induced narrower ER lumen. 

Interestingly, these parts of ER exhibit fewer irregular ruffles in membrane on one side than the 

other side of the lumen (Figure 6.5 D). In comparison, such ruffles are common in control cells 

and account for the fluctuation of ER luminal width (Figure 6.5 C). Again, this supports our 

model in which a narrower lumen is bounded by a rigid membrane. 

 

In summary, by rational selection of staining protocol, we were able to identify the putative 

palmitate-derived membranes under TEM. These membranes are characterized by high 

saturation and/or low curvature, and more importantly, association with narrower ER lumen. 

Therefore the above TEM analysis is consistent with observations form optical imaging, and 

supports the proposed model with unparalleled resolution (Figure 6.4). 

 

6.5 Palmitate-derived membrane domains are in close proximity to mitochondria 

We then asked if the palmitate metabolites appeared at special locations on the ER. Recent 

findings suggest that lipid synthesis enzymes are enriched in mitochondria-associated membrane 
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(MAM) and that ER-mitochondria contact provides the membrane source for autophagosome (10, 

11). Therefore, in addition to the ER markers, we also included mitochondria as an imaging 

target. We applied a short-pulse treatment of d-palmitate to cells and imaged the newly formed 

domains together with mitochondria and ER, marked respectively by MitoTracker and ER-GFP 

(Figure 6.6 A to E). In this way, the domains are small enough to be separated from each other, 

which also makes it more reliable for colocalization analysis regarding sub-micron ER and 

mitochondria structure. Consistently, these domains localize to ER. We overlay the mitochondria 

(red) and ER (green) image to obtain the overlapped pixels (yellow), which to some extent 

represent ER-mitochondria contact (ER-mito) (10). In this way, we observed that some 

membrane domains localized in the close vicinity of ER-mito contact (Figure 6.6 B to E). In 

agreement with optical microscopic analysis, electron microscopy also implicated ER-mito 

proximity at places of putative palmitate-derived membrane (Figure 6.6 F to I). Altogether, our 

observation suggested the mitochondria-associated ER to be a possible site for palmitate 

metabolites accumulation.  



	 108	

 
Figure 6.6 ER-mitochondria contact might be a hot spot for generation of membrane domains. (A to E) 

ER-GFP expressing HeLa cells were treated with 400µM palmitate for 20min and stained by MitoTracker Deep Red. 

Individual channels and their overlay are shown in (A). Scale bar, 10µm. Pseudo colors used: GFP (green), 

MitoTracker (red), C-D SRS (cyan hot). Magnified images are shown in (B) to (E). Colocalized pixels between Mito 

(red) and ER (green) channels were picked up and shown as ‘ER-mito’ (yellow). Overlay images were shown for 

following combinations: [Mito, ER], [Mito, C-D], [ER, C-D], and [ER-mito, C-D]. Scale bars, 2µm. (F to I) TEM 

images acquired for cells treated with 400µM palmitate for 4 hrs and then stained by TA-FeOs method. Arrows 

indicate putative palmitate-derived membrane. ‘m’, mitochondria. Scale bars, 500nm. 

 

6.6 Local autophagic arrest is found on palmitate-derived membrane domain  

The appearance of membrane domains raised the question whether they locally exert functional 

perturbation beyond ER structural remodeling. Activation of selective autophagy is evident in 
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earlier studies of lipotoxic scenarios (12, 13). Based on the current observation and the proposed 

model (Figure 6.4), we speculated that although palmitate-derived membrane expands ER, these 

nascent ER domains might not bear proper function due to lack of luminal spacing, hence these 

domains would be destined for removal by selective autophagy. We then tested this by 

visualizing sequestosome 1 (p62), a receptor for selective autophagy (14). Once p62 recognizes 

targets, it will cluster and recruit autophagic machinery. In quiescent control cell, p62 distributes 

across the cytosol (inactive state) (Figure 6.7 A). Yet when sizable membrane domains emerged 

in the C-D SRS channel, p62 formed punctate or annular clusters (activated state) (Figure 6.7 B). 

We found that almost all cells turned to the activated state when the largest domain in the cell 

exceeded a certain size (area~30µm2, d~6µm) (Figure 6.7 C). Moreover, correlative imaging of 

p62 and solid membrane reveals that most p62 clusters localized at individual membrane 

domains (area>10µm2, d>2µm) (Figure 6.7 D). Similar results were obtained in HepG2 and 

mouse fibroblast, both showing p62 clustering on the expanded membrane of palmitate 

metabolites (Figure 6.8). p62 recognizes protein ubiquitination, a signal for degradation for its 

activation (14). Indeed, ubiquitin also accumulated near the membrane domains with p62 

clustered around (Figure 6.7 E). All together, we confirmed that palmitate activated selective 

autophagy, and revealed the autophagic target to be associated with palmitate-derived membrane 

domains, if not themselves. Note that such local action is not achievable by other coincident 

effects of SFAs and imply the causative role of the membrane domains. 
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Figure 6.7 Palmitate-derived membrane domains activate selective autophagy. (A) p62 immunofluorescence in 

control HeLa cell, referred to as ‘inactive’ state. The intensity has been adjusted to 10-fold brighter to visualize the 

weak basal p62 signal. (B) p62 immunofluorescence in HeLa cell after 5-hr d-palmitate treatment, referred to as 

‘activated’ state. (C) Cells are classified as p62-inactive or p62-activated according to p62 staining pattern shown in 

(A) and (B). The area of the largest membrane domain (from C-D SRS) in the cell are calculated and plotted. (D) 

p62 immunofluorescence, C-D SRS, and their overlay images in HeLa cell after 3-hr d-palmitate treatment. Pseudo 

colors used: p62 (red), C-D SRS (cyan hot). (E) GFP-Ub transfected HeLa cells were treated with d-palmitate for 4 

hrs and immunostained with p62. Pseudo colors used: C-D SRS (green), Ub (red), p62 (blue). Scale bars, 10µm. 
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Figure 6.8 p62 clustering on palmitate-derived membrane domains in HepG2 and mouse fibroblast. (A and B) 

p62 immunofluorescence in HepG2 cell for control (A) or treated with d-palmitate for 5h (B). (C and D) p62 

immunofluorescence in mouse fibroblasts for control (C) or treatment with d-palmitate for 2h (D). Pseudo colors 

used: p62 (red), C-D SRS (cyan hot). Scale Bars: 10µm. 

 

Persistent p62 clustering is also regarded as a sign of impaired autophagic turnover (15), which 

has been documented in in vitro studies of lipotoxicity using palmitate (16–18) as well as in 

diet-induced obese mice (12, 13). Given the intimate relation between ER homeostasis and 

autophagy, we thus tested the autophagic function in this context. We first imaged the 

autophagosome marker LC3, and found abnormally large plaques exceeding the usual submicron 

size of autophagosomes (Figure 6.9 A). These plaques are localized to p62 clusters, suggesting 

LC3 is recruited onsite by p62. We then examined autophagic turnover by a tandem 

RFP-GFP-LC3 sensor (15). Upon successful fusion with acidic lysosomes, the original ‘yellow’ 

LC3 would turn red due to quenching of GFP (but not RFP) fluorescence. Remarkably, large 
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LC3 plaques associated with the membrane domains (C-D SRS) were rarely found to fuse with 

acidic lysosomes (Figure 6.9 B). On the other hand, acidic lysosomes as stained by LysoTracker 

were not depleted in the meanwhile (Figure 6.10), suggesting that the autophagic arrest was a 

result of incompetent fusion between autophagosome and lysosome. Conversely, inhibited 

autophagic turnover could in turn aggravate the membrane stress itself, as evidenced by more 

solid-like membranes in cells treated with a lysosome inhibitor, chloroquine (CQ) (Figure 6.9 C 

and D). Together, such a vicious cycle induced by the membrane domains might directly 

contribute to SFA lipotoxicity by undermining rescuing efforts of autophagy along pro-survival 

stress signaling (19) (Figure 6.9 E). 

 

 
Figure 6.9 Palmitate-derived membrane domains correlate with local autophagic arrest. (A) EGFP-LC3 

transfected HeLa cells were treated with d-palmitate for 5hrs and immunostained with p62. Pseudo colors used: C-D 
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SRS (green), LC3 (red), p62 (blue). (B) C-D SRS image and merged fluorescence image of RFP-GFP-LC3 

transfected HeLa cells. Inset shows small LC3 clusters with successful fusion to lysosomes (red) in boxed area. 

Arrowheads mark large LC3 plaques with impaired fusion (yellow). C-D SRS is pseudo-colored cyan hot. (C and D) 

HeLa cells were treated by d-palmitate for 2.5hrs without or with chloroquine (CQ). Representative C-D SRS 

images are shown in (D). Quantification of normalized C-D SRS signal is shown in (D). Data are presented as mean 

± SEM. n = 4, p < 0.05 (student’s t-test). (E) Illustration of vicious cycle caused by domains of lipid metabolites. 

Scale bars, 10µm except the inset in (B), 2µm. 

 

 
Figure 6.10 Visualization of lysosomes in cells developing large LC3 plaques after palmitate treatment. HeLa 

cells expressing EGFP-LC3 were stained by Lysotracker Red after palmitate treatment. (A) control; (B and C), 

palmitate-treated for 5hrs (B) or 7 hrs (C). Pseudo colors used: C-D SRS (cyan hot), LC3 (green), LysoTracker (red). 

Scale bars, 10µm. 
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6.7 Conclusion and Discussion 

Here we have described ER structural remodeling in terms of its membrane, lumen, and its 

morphology. Taking advantage of metabolic imaging that couples SRS microscopy with 

minimally perturbative isotope labeling, we found that ER structural remodeling is a direct effect 

of membrane domains formed by accumulating palmitate metabolites. Functionally, the resulting 

ER membrane domains activate selective autophagy by locally clustering p62. Yet they are 

correlated with local autophagic arrest. Together with the solid-phase-like characteristic 

described in Chapter 4 and the locally disturbed ER homeostasis observed here, our study 

recalls attention to fundamental membrane biophysical mechanisms that could underlie 

lipid-mediated stress initiation and signaling. For example, detergent-resistant membrane was 

implicated in JNK activation in obese mice (Holzer et al., 2011); in another study, phosphatidic 

acid, which bears high-Tm, was found to mediate lipotoxic vascular calcification in scd-deficient 

mouse (Masuda et al., 2015). The detrimental effects of solid-like membrane might not be 

limited to these local effects. ER membrane proteins, e.g. IRE1α and SERCA2b, could be 

potential molecular linkers that connect solid-phase membrane to stress signaling in a more 

global context. The ER stress sensor IRE1α can be activated upon increase in membrane 

saturation even without its luminal domain that is essential in the canonical UPR (Volmer et al., 

2013). A recent study reveals that palmitate treatment activates IRE1α without inducing its 

clustering; instead, IRE1α distribution highly resembles fragmented ER (Kitai et al., 2013). Such 

noncanonical modes of action of IRE1α might be related to the appearance of solid membrane 
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domain following palmitate treatment. Similarly, the ER-resident Ca2+ pump SERCA2b, which 

mediates liver ER stress in obesity by depleting ER Ca2+ store (Fu et al., 2011), could also 

respond to membrane ordering through loss of function (Li et al., 2004). Hence, regarding ER 

membrane biophysics, the low cholesterol and low saturation level renders the organelle 

extremely sensitive to change in its membrane composition (Radhakrishnan et al., 2008), which 

might be an evolutionary strategy for nutrient sensing and stress signaling. 

 

Given the generality and dramatic influences of solid membrane, it deserves more cautious 

discussion on its relation to lipotoxicity and disease pathology (see summary in Figure 6.11). 

Many aspects of our observation in fact suggest that solid-like membrane is in broader sense than 

lipotoxicity. In particular, (1) solid-phase membrane forms under a wide range of concentration 

and time, yet only high dose and extended treatment can cause acute lipotoxic death. (2) 

Palmitate is widely reported to activate UPR signaling, yet palmitate-derived membrane domains 

(in about 1hr) proceeds the initiation of UPR signaling (3~6hrs (Borradaile et al., 2006; Cunha et 

al., 2008; Peng et al., 2011)). (3) ER stress progresses through prosurvival phase and then 

proapoptotic phase (Chen and Brandizzi, 2013). Our observation falls within the prosurvival 

phase of UPR signaling, where IRE1α-XBP1 signaling remains active (12hr (Kitai et al., 2013; 

Peng et al., 2011; Volmer et al., 2013)), which is also confirmed by data from our lab (not 

included here). (4) Solid-like membrane is not terminal but reversible involving active cellular 

clearance. Thus solid membrane is not an extreme status or artifact when cells are approaching 
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cell death or undergoing severe stress. To this extent our observation at cell level should be 

considered physiologically relevant. 

 

	

Figure 6.11 Relation of solid-like membrane to physiology. Cell stress progresses through multiple phases from 

normal to prosurvival ER stress, and to proapoptotic ER stress, and finally to lipotoxic cell death. The formation of 

solid-like membrane domain is dependent on both time and dose (blue solid lines), but is in general more acute than 

cell death and even ER stress. Most of our observations fall within prosurvival phase of ER stress. Only prolonged 

treatment with high-dose palmitate would lead to cell death. Moreover, domain formation is a reversible 

perturbation to ER membrane, which can be restored when palmitate is removed (blue dashed line). 

  

Finally we discuss the relevance to more complex organismal level. Unlike the cell models, it is 

hard to define physiological concentration of fatty acid as a single fixed value. Instead, it is a 

dynamically fluctuating parameter that can reach as high as several millimolar in circulation 
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(Karpe et al., 2011; McGarry, 1992), of which more than 30% is palmitate. Thus numerous 

studies have used high concentration (400 µM ~ 1mM) palmitate to model the cytotoxicity of 

FFA in cell and tissue cultures. Yet what really happens in complex organisms? Fu et al. 

provided a good illustration in their elaborative review (Fu et al., 2012). Briefly, in healthy state 

cells can restore homeostasis by adaptive response to nutrition oscillation. In diseased state, 

chronic stress builds up slowly in time, although non-monotonically, due to incapability to fully 

restore to baseline level. In this context, acute stress (such as high-dose palmitate) is used to 

model the buildup of chronic stress within a reasonable experimental timeframe. Although not 

reaching full consensus, such acute stress initiator is found to reproduce most of phenotypes in 

the chronic condition. This is manifested by the large body of studies that are based on such 

acute model and had achieved phenotypes similar to the chronic model. For example, SFA 

models impaired insulin secretion in β cell (Cunha et al., 2008; Eguchi et al., 2012; Hoppa et al., 

2009; Karaskov et al., 2006; Las et al., 2011), metabolic inflammation in adipose tissue (Holzer 

et al., 2011; Kratz et al., 2014; Robblee et al., 2016; Wen et al., 2011; Xu et al., 2013), 

diminished insulin sensitivity in skeletal muscle (Hommelberg et al., 2009; Peng et al., 2011; 

Weigert et al., 2004). Moreover, previous studies have observed similar phenotypes in parallel 

examination of acute and chronic models (Holzer et al., 2011; Miyagawa et al., 2016; Park et al., 

2014). Thus our current study is meaningful in following this notion, and paves the way for 

further investigation. 
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6.8 Materials and Methods 

Materials 

Palmitic acid (16:0), palmitic acid-d31 (98% D) and stearic acid-d35 (98%D) were from Sigma. 

Fatty acids were reacted with sodium hydroxide (Sigma) above melting point to form 20mM 

solution, and then coupled to fatty-acid-free bovine serum albumin (BSA) (Sigma) in about 2:1 

molar ratio to make 2mM stock solution in culture medium. They were then added to cell culture 

to achieve designated concentration. Chloroquine (Sigma), an inhibitor of lysosome acidification, 

was made into 2mM stock solution in PBS. 

 

Cell culture 

The following cell lines and their culture media were used in this study: HeLa (ATCC) and 

COS-7 (ATCC), Dulbecco's Modified Eagle Medium (DMEM, Invitrogen 11965-092); HepG2 

(ATCC), Eagle's Minimum Essential Medium (EMEM, ATCC 30-2003). All media were 

supplemented with 10% fetal bovine serum (Invitrogen, 16000-044) and 100 U/mL 

penicillin-streptomycin (Invitrogen, 15140-122). 

 

Cells that reached 80% confluence were dissociated and plated onto coverslips (No.1, 

FisherBrand) for most experiments and glass-bottom petri-dish (MATTEK, P35G-1.5-14-C) for 

single cell tracking. The coverslip was stuck to a microscope slide (1mm thick, VWR) using 

0.1mm imaging spacer (SecureSeal) to make an imaging chamber filled with phosphate buffered 
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saline. 

 

Fluorescence imaging  

ER is visualized in live HeLa and COS-7 cells using CellLight® ER-GFP (Thermo Fisher 

Scientific) according to the manufacturer’s manual. mCherry-Sec61β and Rtn4a-GFP was a gift 

from Gia Voeltz (Addgene plasmid # 49155 and 61807). GFP-Ub KO was a gift from Nico 

Dantuma (Addgene plasmid # 11934). pEGFP-LC3 (human) was a gift from Toren Finkel 

(Addgene plasmid # 24920). Premo™ Autophagy Tandem Sensor RFP-GFP-LC3B (Thermo 

Fisher Scientific) was used to measure autophagosome/lysosome fusion. For GFP-Ub KO and 

pEGFP-LC3, transient transfection was done in confluent HeLa cells with Lipofectamine® 3000 

Reagent (Thermo Fisher Scientific) at 200ng DNA per well in a 24-well plate. 5 to 10 hours after 

transfection, cells were split and re-plated to adjust cell density and images were taken 48 hours 

after transfection. Mitochondria and lysosomes were visualized by staining with 100nM 

MitoTrackerTM Deep Red FM and 100nM LysoTrackerTM Red (ThermoFisher) diluted from 

their 1mM DMSO stock, respectively  

 

For p62 and SERCA2 immunofluorescence, cells were fixed in 4% PFA at room temperature for 

10min, permeabilized for 30 min in PBS containing 0.1% Tween20, 0.3M glycine (Sigma), 10% 

goat serum (Invitrogen) and 1% BSA, and then incubated with primary antibody at 1:1000 

dilution in 2% BSA overnight at 4°C. They were then blocked in 10% goat serum, washed three 
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times with PBS, then incubated with secondary antibody at 1:1000 dilution in 10% goat serum 

overnight at 4°C, and finally blocked by 10% goat serum. Primary antibody used: mouse 

monoclonal antibody to p62 (Abcam 56416), Mouse monoclonal [2A7-A1] to SERCA2 ATPase 

(Abcam ab2861). Secondary antibody used: Alexa 647-goat anti-mouse IgG (ThermoFisher 

A-21236) 

 

Confocal fluorescence imaging was performed on the same microscope used for SRS imaging 

(FV1200MPE; Olympus) and the same objective (60×, water immersion, N.A. = 1.2, 

UPlanAPO/IR; Olympus). For GFP, the excitation wavelength and filter selection were 488nm 

and 505-605nm (without red channels) or 505-525nm (together with red channels). For mCherry, 

RFP and LysoTracker Red, the excitation wavelength and filter selection were 543nm and 

560-660nm. For MitoTracker Deep Red and Alexa647 (p62 and SERCA2 immunofluorescence), 

the excitation wavelength and filter selection were 635nm and 655-755nm. As SRS and 

fluorescence measurements used different lasers and dichroic mirrors, image was slightly shifted 

from one to the other channel. In order to perform multi-channel co-localization, we used a 

standard grid to determine the offset between the field of views of SRS and fluorescence and 

corrected it in all the multi-channel images later. Images were acquired by Fluoview Software 

and pseudo-colored by ImageJ. 

 

Transmission electron microscopy 
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Transmission electron microscopy (TEM) was performed at the NYU Langone Medical Center 

Microscopy Core. HeLa cell pellets were fixed in freshly made 2% paraformaldehyde and 2.5% 

glutaraldehyde (Electron Microscopy Science) in 0.1M sodium cacodylate buffer (Electron 

Microscopy Science) for 2hrs at room temperature. They were post-fixed with 1% osmium 

tetroxide for 1hr and then with 2% osmium tetroxide, 1.5% potassium ferrocyanide (reduced 

osmium, FeOs) for 1hr at 4°C. For TA-FeOs, the post-fixed pellets were further incubated twice 

with 1% tannic acid in phosphate buffer for 2hr at 4°C. The samples were then processed in a 

standard manner and were examined under a Philips CM-12 electron microscope and 

photographed with a Gatan (4 k × 2.7 k) digital camera (Gatan). 

 

6.9 References 

1.  N. M. Borradaile et al., Disruption of endoplasmic reticulum structure and integrity in 

lipotoxic cell death. J. Lipid Res. 47, 2726–37 (2006). 

2.  G. Peng et al., Oleate blocks palmitate-induced abnormal lipid distribution, endoplasmic 

reticulum expansion and stress, and insulin resistance in skeletal muscle. Endocrinology. 

152, 2206–18 (2011). 

3.  A. K. Leamy et al., Enhanced synthesis of saturated phospholipids is associated with ER 

stress and lipotoxicity in palmitate treated hepatic cells. J. Lipid Res. 55, 1478–1488 (2014). 

4.  S. Schuck, W. A. Prinz, K. S. Thorn, C. Voss, P. Walter, Membrane expansion alleviates 

endoplasmic reticulum stress independently of the unfolded protein response. J. Cell Biol. 

187, 525–536 (2009). 

5.  D. A. Cunha et al., Initiation and execution of lipotoxic ER stress in pancreatic beta-cells. J. 

Cell Sci. 121, 2308–18 (2008). 



	 122	

6.  Y. Shibata et al., Mechanisms determining the morphology of the peripheral ER. Cell. 143, 

774–788 (2010). 

7.  M. J. Dykstra, in Biological Electron Microscopy (Springer US, Boston, MA, 1992; 

http://link.springer.com/10.1007/978-1-4684-0010-6_2), pp. 5–78. 

8.  E. Diakogiannaki, H. J. Welters, N. G. Morgan, Differential regulation of the endoplasmic 

reticulum stress response in pancreatic beta-cells exposed to long-chain saturated and 

monounsaturated fatty acids. J. Endocrinol. 197, 553–63 (2008). 

9.  M. Kalina, D. C. Pease, Preservation of Ultrastructure By Tannic Acid in Saturated in Model 

and Type Systems. J. Cell Biol. 74, 726–741 (1977). 

10.  A. a. Rowland, G. K. Voeltz, Endoplasmic reticulum–mitochondria contacts: function of the 

junction. Nat. Rev. Mol. Cell Biol. 13, 607–625 (2012). 

11.  M. Hamasaki et al., Autophagosomes form at ER-mitochondria contact sites. Nature. 495, 

389–93 (2013). 

12.  H.-W. Park et al., Pharmacological correction of obesity-induced autophagy arrest using 

calcium channel blockers. Nat. Commun. 5, 4834 (2014). 

13.  K. Miyagawa et al., Lipid-Induced Endoplasmic Reticulum Stress Impairs Selective 

Autophagy at the Step of Autophagosome-Lysosome Fusion in Hepatocytes. Am. J. Pathol. 

186, 1–14 (2016). 

14.  A. Stolz, A. Ernst, I. Dikic, Cargo recognition and trafficking in selective autophagy. Nat. 

Cell Biol. 16, 495–501 (2014). 

15.  N. Mizushima, T. Yoshimori, B. Levine, Methods in Mammalian Autophagy Research. Cell. 

140, 313–326 (2010). 

16.  G. Las, S. B. Serada, J. D. Wikstrom, G. Twig, O. S. Shirihai, Fatty acids suppress 

autophagic turnover in β-cells. J. Biol. Chem. 286, 42534–42544 (2011). 

17.  J. Liu et al., Palmitate promotes autophagy and apoptosis through ROS-dependent JNK and 

p38 MAPK. Biochem. Biophys. Res. Commun. 463, 1–6 (2015). 



	 123	

18.  J. Janikiewicz et al., Inhibition of SCD1 impairs palmitate-derived autophagy at the step of 

autophagosome-lysosome fusion in pancreatic β-cells. J. Lipid Res. 56, 1901–1911 (2015). 

19.  M. Ogata et al., Autophagy is activated for cell survival after endoplasmic reticulum stress. 

Mol. Cell. Biol. 26, 9220–31 (2006). 

 

 

 

 


